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Editorial on the Research Topic
 The Cytoskeleton and Cellular Compartmentation: Cilia as Specialized Cellular Domains




INTRODUCTION

Cilia are fascinating microtubule-based compartments that project from the cell surface. Cilia can be functionally classified as motile (generating cell movement or fluid flow) or immotile (primary cilia, which transduce mechanical, optical, or chemical signals through a variety of pathways, such as Hedgehog, GPCR, Notch, Wnt, Hippo, mTOR, PDGFR, or TGFβ; Anvarian et al., 2019). Structurally, cilia are composed of a microtubule shaft (axoneme) that elongates from a membrane-anchored centriole (basal body) and are covered by a highly specialized ciliary membrane. Most human cell types form cilia, dysfunction of which leads to diseases such as cancer and ciliopathies, a diverse group of disorders affecting eyes, kidneys and brain, among other organs (Braun and Hildebrandt, 2017; Reiter and Leroux, 2017). This Research Topic spans multiple aspects of motile and primary cilia composition and function, ciliary mechanisms, and the physiopathological roles of cilia in different tissues. Here we describe some of the highlights.



CILIA BIOGENESIS

Pioneering electron microscopy in the 1960's showed that mesenchymal cells assemble their cilia intracellularly, whereas polarized epithelial cells do so at the cell surface (Sorokin, 1962, 1968). While intracellular ciliogenesis mechanisms are relatively well-studied, those of the alternative cell surface route have remained enigmatic until recently, when work from the Alonso lab revealed a key role in the process for the cytokinetic midbody remnant. This lab now reviews the state of the art regarding how the midbody licenses membranes for ciliogenesis, and how it may have played a role in cilia evolution (Labat-de-Hoz et al.).

The actin cytoskeleton is a prominent player, not only in ciliogenesis regulation, but also in the control of cilia function, maintenance, length and disassembly, as reviewed by Smith et al. Although much remains to be learned, growing data suggest that actin polymerization, F-actin branching and stress fiber formation inhibit ciliogenesis, while actin depolymerization or depletion promotes it. However, this is contradicted in multiciliated cells, where apical F-actin stabilization is required to expand membrane surface, allowing the inter-spaced docking of many basal bodies. This review also updates the growing number of actin-binding cilia regulators, like LUZP1.

LUZP1 is a centrosomal ciliogenic regulator involved in actin filament bundling. Given the roles of cilia and actin in cancer, Bozal-Basterra et al. examined LUZP1's involvement in tumorigenesis. They find that LUZP1 loss in fibroblasts promotes cell migration, invasion, and apoptosis. LUZP1 also affected centriole numbers, nuclear size, and actin dynamics beyond F-actin bundling. These data suggest possible roles for LUZP1 in tumor progression and metastasis, underscoring how the interface between actin dynamics and ciliogenesis is fertile ground for the discovery of new therapeutic targets for both cancer and ciliopathies, as discussed by Smith et al.

Primary cilia modulate Wnt signaling output. However, how Wnt regulates ciliogenesis is less clear, as conflicting reports have described both positive and negative effects. To clarify this, Bernatik et al. looked at how Wnt pathway activation or suppression affect ciliogenesis and cilia length in several common cell lines. They find that Wnt inhibition does not impair ciliogenesis, while Wnt activation may moderately reduce it.



CILIA STRUCTURE AND FUNCTION

Regarding motile cilia, Jacinto et al. show that Pkd2 reduction in the ciliated cells from the zebrafish left-right organizer leads to 25% shorter cilia and decreased flow speed. Therefore, the authors alert about the inability to discern the role of Pkd2 in calcium signaling from its role in fluid mechanics during left-right development (Jacinto et al.). However, cilia motility may depend on non-ciliary proteins; mice lacking tight junction component Jam3 display phenotypes suggestive of motile cilia dysfunction (pulmonary dysfunction, hydrocephalus, and sperm defects). To test this, Mateos-Quiros et al. examined Jam3 in mouse airways. They found Jam3 labels apical sorting endosomes and cell-cell contacts in a subset of multiciliated cells. Although Jam3 is not required for ciliogenesis or ciliary motility, it affects transepithelial resistance, and its levels are differentiation and inflammation-dependent.

New insights about how contact between sperm and zona-pellucida (ZP) glycoproteins on the surface of the mouse oocyte cause activation of sperm and egg fertilization are provided by the groups of Balbach et al. This study revealed that sperm engagement with ZP proteins leads to opening of the sperm-specific, pH-sensitive Ca2+ conducting channel, CatSper. This process is apparently driven by an elevation of intracellular pH, which eventually leads to increased swimming and acrosomal exocytosis.

Cilia assembly and maintenance rely on bidirectional movement along the axoneme via intraflagellar transport (IFT) machinery. In Wang et al., authors review IFT roles in cilia assembly/disassembly, including ciliary transport of structural and membrane proteins, ectocytosis modulation, and how tubulin post-translational modifications (PTMs) influence IFT. The authors end by focusing on the ciliary length dynamics of renal epithelia.

One of the most abundant axonemal PTMs is glutamylation. Yang et al. review how this PTM modulates ciliary structure and function. They discuss how balanced function of distinct members of the tubulin tyrosine ligase-like (TTLL) family and of cytosolic carboxypeptidases (CCPs) is regulated at cilia. In primary cilia, altered glutamylation may affect axoneme architecture by modulating proteins such as the severing enzyme Spastin. Motile cilia beating is also affected by glutamylation. This PTM also regulates IFT dynamics, with expected implications for ciliary signaling and disease.

The ciliary membrane is continuous with the plasma membrane but exhibits a unique lipid composition, which is essential for correct ciliary function. Phosphoinositide lipids play key roles in cilia and ciliopathies, but their ciliary distribution had not been mapped at high resolution. Conduit et al. use STED superresolution microscopy to finely map phosphoinositides within the ciliary transition zone. They find that PIP3 and PI(4,5)P2 form two distinct and adjacent rings at the proximal transition zone membrane, with the PIP3 ring being slightly more distal. Consistently, phosphoinositide regulators (INPP5E) and effectors (phospho-AKT) also localize to these rings.



CILIA IN SPECIALIZED CELL TYPES

Cilia in different cell types have evolved to cope with different environmental challenges and signals. How this cilia diversity is related to the etiology of ciliopathies has been under investigation. In the retina, photoreceptors rely on a highly specialized and modified primary cilium, the outer segment (OS), which possesses an elaborate membrane system enriched in light-transducing molecules such as rhodopsin. The OS is highly dynamic, requiring daily renewal of 10% of its components. The structure and function of ciliated photoreceptors are reviewed by Barnes et al., who explore recent advances on the molecular players and mechanisms underlying OS biogenesis and maintenance. This work is complemented by that of Sánchez-Bellver et al., who review how syndromic and non-syndromic retinal ciliopathies are caused by mutations in over 100 ciliary genes affecting different aspects of ciliary photoreceptor trafficking.

Ma and Zhou highlight the critical roles of endothelial primary cilia in generating and maintaining vascular barriers. They review how these cilia fulfill these functions by regulating ciliary molecules like IFT components and polycystin 1 (PC1), and via signaling pathways like Hedgehog, Notch, and Wnt. In the blood vessel lumen, these cilia sense extracellular signals like blood flow, pH, calcium, and nitric oxide, and are required for early stages of angiogenesis. The correlation between endothelial cilia malfunction and vascular diseases makes endothelial cilia attractive therapeutic targets.

Also, skin cells grow primary cilia that regulate skin functions like immunity and hair growth. A comprehensive review by Toriyama and Ishii summarizes this understudied area highlighting the cellular and molecular mechanisms of the interplay between skin cilia and immune responses. They also explore the pathophysiological relevance of these processes, as well as the therapeutic potential of targeting skin primary cilia for atopic dermatitis among other skin diseases.

Primary cilia are important in neurodevelopmental disorders such as intellectual disability, autism spectrum disorders, and epilepsy. Hasenpusch-Theil and Theil reviewed how primary cilia play critical roles in neurogenesis, neuron migration, and neuronal circuit formation during corticogenesis. They provide evidence that, during cortical morphogenesis, primary cilia are required to suppress Hh signaling mainly by regulating GLI3 repressor levels. In radial glial cells and neural stem cells, cilia have different, time-dependent roles, probably by regulating signaling pathways including Hh, mTORC1, and others.



CILIA AND DISEASE

Kobayashi et al. studied the role of cilia in pancreatic ductal adenocarcinoma (PDAC), showing that CEP164 depletion enhances clonogenicity of Panc1 cells. They suggest that lack of cilia promotes PDAC cell proliferation. CEP164 colocalizes with the GLI2 transcription factor at the mother centriole, controlling its activation and thereby inducing Cyclin D-CDK6 expression. The authors suggest CEP164 is a potential therapeutic target for PDAC.

Finally, Álvarez-Satta et al. delved into the molecular bases of Alström syndrome (ALMS), a ciliopathy associated with retinal dystrophy, obesity, diabetes, cardiomyopathy, and widespread fibrosis. ALMS is caused by mutations in the ALMS1 protein, knockdown of which in RPE1 cells leads to the formation of longer and misshapen cilia. These cells also displayed impaired responsiveness to TGF-β, which could help explain some of the pathology of Alström patients, like the cardiac defects and fibrosis.



CONCLUSIONS

The papers in this Research Topic present an integrated view of cilia function, ranging from ciliogenesis mechanisms, the sensory and motile functions of cilia in a variety of cell types, and their roles in both health and disease. The many insights gathered in this article series will help guide future advances in the field. In the next years, we expect important developments in our understanding of the detailed molecular structure of cilia in different cell types, leading to deeper mechanistic insight into structure-function relationships. This in turn will shed light into the myriad pathophysiological roles of cilia, with potential therapeutic implications.
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The vascular barrier between blood and tissues is a highly selective structure that is essential to maintain tissue homeostasis. Defects in the vascular barrier lead to a variety of cardiovascular diseases. The maintenance of vascular barriers is largely dependent on endothelial cells, but the precise mechanisms remain elusive. Recent studies reveal that primary cilia, microtubule-based structures that protrude from the surface of endothelial cells, play a critical role in the regulation of vascular barriers. Herein, we discuss recent advances on ciliary functions in the vascular barrier and suggest that ciliary signaling pathways might be targeted to modulate the vascular barrier.
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INTRODUCTION

Blood vessels are found throughout the body to deliver oxygen and nutrients to body tissues, and remove metabolic waste and carbon dioxide from tissues. In some organs in mammals, there are distinct boundaries between blood and tissues. These barriers separate blood from tissues and are composed of endothelial cells, pericytes, other vascular mural cells, and intercellular connections. In contrast to the common vascular barriers, there are extremely strict vascular barriers in some important organs, such as the blood-brain barrier (Chow and Gu, 2015; Yang Z. et al., 2019), the blood-retinal barrier (Diaz-Coranguez et al., 2017; Naylor et al., 2019), and the blood-testis barrier (Mruk and Cheng, 2015). Compared with the common vascular barriers, these barriers involve some special cells and intercellular connections. For example, 85% of the surface area of the brain capillary wall is surrounded by the astrocytic end-feet, and in the testicle, the supporting cells adjacent to the basement membrane of spermatogenic tubules are connected in a special structure (Gerber et al., 2016), which makes them less penetrating. The vascular barrier controls the exchange of molecules and ions between blood and tissues, prevents harmful substances from entering the tissue and causing damage, and maintains a stable internal tissue environment. In addition, in some tissues, the vascular barrier gives them immune privileges to avoid the occurrence of autoimmunity. However, once these vital organs have lesions, treatment is challenging as the vascular barrier prevents drugs from targeting the relevant tissues, making them ineffective (Pardridge, 2012).

The vascular barrier has been shown to be regulated by a number of signaling pathways, such as Mfsd2a, lipolysis stimulated lipoprotein receptor, angiopoietin-2, Wnt, and Norrin pathways (Liebner et al., 2008; Stenman et al., 2008; Yen et al., 2008; Daneman et al., 2009; Gao et al., 2010; Ye et al., 2010; Rangasamy et al., 2011; Ben-Zvi et al., 2014; Yu et al., 2017). In addition, the intestinal flora has been reported to affect the vascular barrier (Braniste et al., 2014; Al-Asmakh and Hedin, 2015). Some of the signaling mechanisms regulate initial angiogenesis, while others maintain the mature vascular barrier. Therefore, it is important to understand the molecular mechanisms that maintain vascular barriers and to develop new medicines to regulate the barriers. Recent evidence suggests that the primary cilia of endothelial cells play a critical role in regulating vascular barriers. In this review, we describe the functions of endothelial cilia in the development and maintenance of vascular barriers and discuss the potential of targeting cilium-related molecules to modulate the barriers.



VASCULAR ENDOTHELIAL CILIA

Vascular endothelial cells play an important role in vascular barrier function. Recent studies demonstrate that primary cilia are present on vascular endothelial cells with typical “9 + 0” axonemes (Figure 1). Primary cilia are microtubule-based organelles, which are ubiquitous in mammals (Satir and Christensen, 2008; Yang et al., 2014; Yang Y. et al., 2019; Yu et al., 2016, 2019; Ran et al., 2020). Cilia are mainly composed of the basal body, the axoneme, the ciliary matrix, and the ciliary membrane. Transport proteins, ion channels, and receptors are embedded in the membrane (Satir et al., 2010). The basal body is localized at the base of the cilium and is derived from the mother centriole of the centrosome. In addition, the basal body consists of various appendages, as well as the pericentriolar material. The formation and maintenance of cilia depend on intraflagellar transport (IFT) proteins, motor proteins, and structural components.


[image: image]

FIGURE 1. Structure and function of vascular endothelial cilia. Primary cilia are present on the surfaces of vascular endothelial cells and extend into the lumen. Cilia are used as mechanoreceptors and signaling centers to regulate vascular functions. The ciliary axenome is composed of nine pairs of doublet microtubules and surrounded by a ciliary membrane, where several transport proteins and ion channels are present. Fluid shear stress is known to open Ca2+ channels on cilia (dotted line), but recent studies show that Ca2+ originates in the cytoplasm instead of cilia. Via the actions of protein kinase C (PKC) and calmodulin (CaM), endothelial nitric oxide synthase (eNOS) is activated and leads to the upregulation of NO, which dilates blood vessels and prevents vascular rupture caused by excessive blood flow.


The primary cilia on the vascular endothelial cell extend into the lumen of the blood vessel and act as sensors and transmit extracellular signals into the cell (Pala et al., 2017). In addition, endothelial cilia regulate blood vessel function through blood flow sensing, cell migration, and calcium and nitric oxide (NO) signaling (Nauli et al., 2008; Jones et al., 2012). Ca2+ is an important second messenger that regulates many signaling pathways and regulates vasoconstriction and vasodilation through NO in vascular endothelial cells. A number of previous studies have shown that fluid shear stress triggers ciliary calcium signaling, and this process is mediated by polycystin 2 (PC2) (Jin et al., 2014). Recently, however, Delling et al. (2016) have proposed the opposite, suggesting that Ca2+ are produced in the cytoplasm and rapidly diffuse into the cilia and that the primary cilia may not be involved in the influx of Ca2+ (Figure 1). Thus, the source of Ca2+ in endothelial cells needs to be investigated further.

Different blood flow or velocity has different effects on endothelial cells, resulting in changes in blood vessel phenotypes and functions, a process called hemodynamic stimulation (Chistiakov et al., 2017). The primary cilia of endothelial cells appear in the early stages of angiogenesis, indicating that cilia are related to early angiogenesis. Interestingly, this functionality does not depend on hemodynamic stimulation (Eisa-Beygi et al., 2018). This is different from the role of cilia in regulating blood vessels by blood flow stimulation after angiogenesis. In addition, the cilia of vascular endothelial cells can detect the extracellular pH and regulate related pathways to maintain the acid-base homeostasis of endothelial cells (Atkinson et al., 2019). Damage to the primary cilia of endothelial cells causes several vascular diseases (Mohieldin et al., 2016; Luu et al., 2018). The recent evidence on the correlation between endothelial cilia and the vascular barrier suggests that endothelial cilia may be a potential therapeutic target for vascular barrier-related diseases.



CILIARY FUNCTIONS IN THE VASCULAR BARRIER


IFT Proteins

Intraflagellar transport is a two-way transport system located between axonemal microtubules and ciliary membrane. It is the main transport system of cilia, and also transports proteins during cilium-related signaling, such as Hedgehog (HH) and Wnt signaling (Goetz and Anderson, 2010). The model proposed by Haycraft et al. (2005) suggests that IFT is indirectly involved in HH signal transduction, and that the absence of IFT leads to the failure of GLI protein processing, thus affecting the downstream signal transduction of HH. However, the function of cilia in Wnt signaling is controversial. Other studies show normal Wnt signaling in mouse mutants that lack cilia due to Ift172 mutation (Eggenschwiler and Anderson, 2007). Normal Wnt signaling has also been shown in zebrafish mutants that lack all cilia, suggesting that cilia are not necessary for Wnt signaling (Huang and Schier, 2009). Therefore, whether cilia play a role in Wnt signaling requires further study. In addition, proteins in the cilia can be transported back to the cytoplasm through IFT to ensure the protein balance in the cilia (Lechtreck et al., 2013). IFT is essential for cilium assembly, maintenance, and perception. The loss of IFT leads to abnormal cilia. A zebrafish embryo model study demonstrates that cilia are present in the vascular endothelial cells of the zebrafish brain, and after IFT protein mutations, the probability of intracranial hemorrhage increases compared with the control group. However, no changes in blood vessel morphology and cell connections are observed. After re-expressing the relevant IFT protein, the bleeding phenotype improves significantly (Kallakuri et al., 2015).

In the mouse embryo model, Ift172 and Ift122 mutants show cranial neural tube defects and bleeding (Cortellino et al., 2009; Gorivodsky et al., 2009), but the molecular mechanism of the bleeding phenotype is still unclear. Another study has evaluated the permeability of endothelial cells from Ift88 mutant mice with polycystic kidney disease (PKD). Compared with wild-type cells, Ift88 mutant endothelial cells have reduced stress fibers and focal adhesion, and higher permeability to dextran, indicating that cilium defects cause damage to the vascular barrier. The expression of heat shock protein 27 in Ift88 mutant endothelial cells is inhibited by approximately 90%, and the phosphorylation level of its downstream target, focal adhesion kinase, is significantly reduced (Jones et al., 2012). These studies indicate that IFT proteins play a potential role in the vascular barrier.



Polycystin Proteins

In addition to IFT proteins, polycystin 1 (PC1), is another protein related to cilia that show a correlation with the vascular barrier. PC1 usually forms a channel-receptor complex with PC2. These transmembrane proteins regulate cell activity by detecting external stimuli and transmitting calcium-mediated signals (Qian et al., 1997). PC1 is expressed in endothelial cells and smooth muscle cells and is involved in cell-matrix connectivity. PKD1 (the gene encoding PC1) mutations cause autosomal dominant PKD, and vascular abnormalities are usually observed in these patients. Due to vascular leakage and hemorrhage, PKD1 knockout mice are embryonic lethal at embryonic day 15.5 (Kim et al., 2000). However, the mechanism is not clear and further studies are required. In zebrafish embryos, PKD2 (the gene encoding PC2) mutations demonstrate no bleeding phenotype (Kallakuri et al., 2015), suggesting that PC1, but not PC2, plays a major role in the maintenance of the vascular barrier.



HH Signaling

Hedgehog signaling is critical for vascular development, maturity and integrity (Chapouly et al., 2019), and is one of the signaling pathways closely related to the function of the primary cilia (Chow and Gu, 2015). HH signaling elements, including patched 1 (PTCH1), G protein-coupled receptor 161 (GPR161), smoothened (SMO), suppressor of fused protein (SUFU), GLI family zinc finger 2 (GLI2), and GLI3, are located on primary cilia (Figure 2) (Bangs and Anderson, 2017). HH is a lipoprotein morphogenetic factor that participates in the development of vertebrate tissues and the maintenance of stem cell homeostasis, both essential for central nervous system development (Briscoe and Therond, 2013). Sonic HH (SHH) signaling, one of the HH signaling pathways, plays an important role to maintain the blood-brain barrier in embryos and adults. Specifically, astrocytes that comprise the blood-brain barrier structure, secrete SHH, and promote the expression of GLI1 and Sox18 in endothelial cells to upregulate the expression of occludin and claudin-5 and reduce endothelial cell permeability (Alvarez et al., 2011). Using zinc-finger nuclease-mediated or morpholino oligo-mediated mutagenesis to destroy genes encoding ciliary proteins, such as IFT proteins, Talpid3, and Dzip1/Iguana, Bangs and Anderson show characteristics of SHH deficiency (Bangs and Anderson, 2017). Together, these results indicate that cilia play a critical role in HH signaling.


[image: image]

FIGURE 2. The endothelial cilium regulates various signaling pathways involved in the vascular barrier, such as HH and Notch pathways. The binding of SHH to PTCH1 leads to SMO activation and enrichment at the cilium. GPR161, the negative regulator of the HH pathway, then is internalized from the cilium. Subsequently, the GLI2/SUFU complex is transported to the ciliary tip by the IFT complex. After the complex is dissociated, GLI2 is activated and translocated to the nucleus. In addition, vascular endothelial growth factor (VEGF) induces the expression of delta like canonical Notch ligand 4 (DLL4), which then binds to Notch1 to activate downstream events.


The zebrafish model study shows that when the HH signaling is inhibited due to ciliary defects, the possibility of intracranial hemorrhage increases. Conversely, activation of this pathway reduces the risk of cerebral hemorrhage (Kallakuri et al., 2015), indicating that endothelial cilia may regulate vascular integrity through the HH signaling pathway. Furthermore, Talpid3 is an essential protein in ciliogenesis, and its mutation in zebrafish causes abnormal HH signaling. Embryos exhibit cerebral hemorrhage symptoms (Ben et al., 2011), which confirms the connection between cilia and vascular integrity. HH signaling is also related to retinal angiogenesis, because treatment with cyclopamine, an HH signal inhibitor, inhibits retinal angiogenesis. HH signaling is required for survival of retinal endothelial cells and pericytes (Surace et al., 2006).



Notch Signaling

The Notch pathway is the main signaling pathway that coordinates angiogenesis with angiogenin signaling and cell metabolism (Tetzlaff and Fischer, 2018). Notch signaling promotes the formation of functional blood vessels by regulating the differentiation of endothelial cells. Recent studies show that cilium-specific genes are required for the development of hematopoietic stem cells and progenitor cells in endothelial cells during zebrafish embryogenesis, which is primarily mediated by Notch signaling (Liu et al., 2019). Disassembly of cilia in Ift88 knockout mice could reduce Notch activity, resulting in thickening of corneal epithelial cells (Grisanti et al., 2016). Limited data about the function of Notch signaling in the formation and maintenance of the vascular barrier is available. Cilium-related proteins may regulate the vascular barrier function through various signaling pathways. A better understanding of the upstream effector molecules and downstream targets of these signaling pathways will help elucidate the molecular mechanisms regulating vascular barriers (Figure 2).



TARGETING CILIA TO MODULATE THE VASCULAR BARRIER

Due to the high selectivity of the vascular barrier, it is challenging to deliver drugs to certain tissues. It is therefore important to modulate the vascular barrier. Some solutions have been documented. For example, in the blood-brain barrier, the use of mannitol or focused ultrasound can temporarily open the junction between endothelial cells, so that molecules unable to pass through the barrier can temporarily enter the brain tissue. However, simultaneously, substances such as plasma proteins in blood vessels that may cause harm to brain tissue, are able to enter (Rodriguez et al., 2015). In vitro studies show that glucocorticoids improve the integrity of the blood-brain barrier in patients with multiple sclerosis, but this method alone can cause serious adverse reactions (Blecharz et al., 2010). Stimulants such as histamine, atrial natriuretic peptide, or thrombin increase the permeability of blood vessels (Konstantoulaki et al., 2003; Ashina et al., 2015).

Maintenance of the vascular barrier depends on the regulation of various signaling pathways. Cilia play an important role in some of these signaling pathways, especially in HH signaling, and indirectly regulates the formation and maintenance of the vascular barrier. A number of studies have shown that there is a certain relationship between cilia and the integrity of the vascular barrier. In addition, the target of certain drugs, such as cytochalasin D, is part of the signaling pathway regulated by cilia (Kim et al., 2010). Thus, targeting cilia (e.g., delivery of cilium-related genes with adenovirus vectors) is a potential strategy for treating diseases related to the vascular barrier (Kotterman and Schaffer, 2014), which requires a joint effort among clinicians and scientists.



CONCLUSION AND PERSPECTIVES

The vascular barrier plays a key role to maintain tissue homeostasis, while cilia are involved in the generation and maintenance of the vascular barrier. Although more evidence is available, several aspects have not been resolved. For example, it is not clear whether cilia play different roles in different tissues and how cilia regulate various parts of the vascular barrier through different signaling pathways. The molecules responsible for regulating the formation and maturation of the vascular barrier, the method used to assess the vascular barrier and how to target cilia to regulate the vascular barrier with treatments still need to be investigated. Further research will provide new strategies for the treatment of vascular diseases caused by ciliary defects.

Destruction of cilium-related proteins can damage the vascular barrier, which may be mediated by HH, Notch, Wnt, and other signaling pathways. It is possible that cilium defects cause damage to intercellular junctions and paracellular transport, such as tight junctions and adherens junctions, which are important in vascular barriers (Xie et al., 2017; Dong et al., 2020). Alternatively, cilium defects may cause blood vessels to inhibit the recruitment of vascular mural cells, such as pericytes and smooth muscle cells, leading to damage to the vascular barrier (Chen et al., 2017). Knowledge of the link between cilium defects and human diseases continues to expand, and vascular dysfunction is present in some ciliary diseases. Maintenance of the vascular barrier involves several connexins, transmembrane proteins, and related signaling pathways. Defects in one of these proteins may lead to the destruction of the vascular barrier, and the same protein may play a role in ciliary signaling. In addition, compensation mechanisms in some signaling pathways may be present, which makes it difficult to study the specific role of cilia in the regulation of vascular barriers. At present, the mechanisms of how cilia are involved in maintaining vascular barriers remain elusive. A better understanding of this question will be undoubtedly helpful to the treatment of vascular barrier-related diseases.
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Mammalian oocytes are enveloped by the zona pellucida (ZP), an extracellular matrix of glycoproteins. In sperm, stimulation with ZP proteins evokes a rapid Ca2+ influx via the sperm-specific, pH-sensitive Ca2+ channel CatSper. However, the physiological role and molecular mechanisms underlying ZP-dependent activation of CatSper are unknown. Here, we delineate the sequence of ZP-signaling events in mouse sperm. We show that ZP proteins evoke a rapid intracellular pHi increase that rests predominantly on Na+/H+ exchange by NHA1 and requires cAMP synthesis by the soluble adenylyl cyclase sAC as well as a sufficiently negative membrane potential set by the spem-specific K+ channel Slo3. The alkaline-activated CatSper channel translates the ZP-induced pHi increase into a Ca2+ response. Our findings reveal the molecular components underlying ZP action on mouse sperm, opening up new avenues for understanding the basic principles of sperm function and, thereby, mammalian fertilization.
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INTRODUCTION

The zona pellucida (ZP) serves as an important check-point during fertilization, allowing sperm from the same (homologous) species to penetrate the ZP and fuse with the oocyte, while preventing the penetration of sperm from a different (heterologous) species. Fertilization requires sperm capacitation, a maturation process occurring in the female genital tract (Chang, 1951; Austin, 1952; Braden et al., 1954; Avella et al., 2014; Fahrenkamp et al., 2020). After fertilization, the ZP becomes impenetrable also to homologous sperm, avoiding the fertilization of the oocyte by more than one sperm cell, called polyspermy (Avella et al., 2013; Gupta, 2015). Moreover, in vitro, binding of sperm to the ZP changes swimming behavior (Katz and Yanagimachi, 1981; Baltz et al., 1988; Drobnis et al., 1988; Sumigama et al., 2015), and stimulation of sperm with solubilized ZP proteins evokes acrosomal exocytosis (Florman and Storey, 1982; Bleil and Wassarman, 1983; Baltz et al., 1988; Cross et al., 1988; Florman et al., 1989; Arnoult et al., 1996a, b), which is also evoked upon binding of sperm to isolated, intact ZPs (Jin et al., 2011; Sumigama et al., 2015). The significance and role of the ZP-induced acrosome reaction for fertilization are, however, unclear and might vary between mammalian species (Jin et al., 2011; La Spina et al., 2016; Muro et al., 2016; Hirohashi and Yanagimachi, 2018). Furthermore, the signaling pathways underlying the action of ZP proteins on sperm are only ill-defined (Florman et al., 2008).

Swimming behavior and acrosomal exocytosis are controlled by changes in the intracellular Ca2+ concentration ([Ca2+]i) (Ho and Suarez, 2001; Eisenbach and Giojalas, 2006; Florman et al., 2008; Kaupp et al., 2008; Publicover et al., 2008). In mouse sperm, ZP proteins evoke a Ca2+influx (Arnoult et al., 1996a, 1999; Florman et al., 2008) via the sperm-specific Ca2+ channel CatSper (Xia and Ren, 2009). How ZP proteins activate CatSper is not known. In general, CatSper is activated upon depolarization of the membrane potential (Vm) and alkalization of the intracellular pH (pHi) (Kirichok et al., 2006; Lishko and Kirichok, 2010; Lishko et al., 2011; Strünker et al., 2011; Seifert et al., 2015). ZP proteins evoke a pHi increase, which might stimulate alkaline-evoked Ca2+ influx via CatSper (Arnoult et al., 1996b, 1999), The sperm-specific Na+/H+ exchanger sNHE (Slc9c1) (Wang et al., 2003) has been proposed to mediate the pHi increase (Chavez et al., 2014). Finally, ZP-evoked Ca2+ influx in mouse sperm requires a sufficiently negative membrane potential (Vm), set by the sperm-specific K+ channel Slo3 (Kcnu1, Table 1) (Chavez et al., 2014). However, the mechanism underlying the Vm-control of the ZP action has remained enigmatic.


TABLE 1. Official nomenclature for genes and proteins used in this study.
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Here, we study the action of solubilized ZP proteins on mouse sperm. We show that the ZP-induced pHi increase is required to evoke Ca2+ influx via CatSper. The pHi increase is abolished upon depolarization, which underlies the Vm-control of CatSper activation by ZP proteins. Moreover, we show that the ZP-induced pHi increase rests on Na+/H+ exchange by NHA1, but not by sNHE, and requires cAMP synthesis by the soluble adenylyl cyclase sAC. Altogether, our findings answer long-standing questions about the molecular mechanisms underlying ZP action on mouse sperm.



RESULTS


ZP-Induced Ca2+- and pHi-Signaling Events in Mouse Sperm

We studied the action of solubilized ZP proteins on mouse sperm. In mice, the ZP consists of three glycoproteins (mZP1-3). In line with previous studies (Avella et al., 2014), staining of isolated oocytes with antibodies against mZP1, mZP2, and mZP3 labeled the ZP surrounding the oocyte (Figure 1A). The specificity of the anti-ZP antibodies was confirmed by detection of heterologously expressed mZP1, mZP2, and mZP3 in both immunocytochemistry and Western blots (Supplementary Figure S1 and Figure 1C). On Western blots of solubilized ZPs isolated from mouse oocytes, the antibodies detected proteins with apparent molecular weights (Mw) of about 150, 100, and 83 kDa for mZP1, mZP2, and mZP3, respectively (Figure 1B), similar to what has been shown previously (Bleil and Wassarman, 1980; Wassarman, 1988; Thaler and Cardullo, 1996). Treatment with PNGase F decreased the Mw, demonstrating that glycosylation of ZP proteins was preserved during isolation (Figure 1B).


[image: image]

FIGURE 1. Changes in pHi and [Ca2+]i stimulated by solubilized zona pellucida (ZP) glycoproteins in mouse sperm. (A) Mouse oocytes labeled with antibodies directed against mZP1 (purple), mZP2 (cyan), and mZP3 (green); the DNA was labeled using DAPI (blue). (B) Western blot of solubilized ZP glycoproteins before (–) and after (+) PNGase-F treatment. The blots were probed with ZP isoform-specific antibodies. (C) Western blot of heterologously-expressed mouse ZP glycoproteins before (–) and after (+) PNG-F treatment, probed with mZP isoform-specific antibodies; NT: non-transfected cells. (D) Ca2+ responses in populations of sperm evoked by mixing with 1 ZP/μl, K8.6 buffer, or 2 μM ionomycin; shown are the averages (solid lines, n = 7) and the 95% confidence interval (dashed lines). Shown is the percent change in fluorescence (ΔF) with respect to the mean of the first three data points recorded immediately after mixing (F0). The control ΔF/F0 signal observed upon mixing with buffer (control) was subtracted from K8 6-, ZP-, or ionomycin-induced signals, setting the control-signal level to ΔF/F (%) = 0. (E) Relative amplitude of the Ca2+ responses evoked by mixing with 1 ZP/μl or K8.6 (mean ± SD of the average of the last three data points, n≥7) in non-capacitated (–) and capacitated (+) sperm, normalized to the ionomycin-evoked Ca2+ responses. (F) Relative amplitude of Ca2+ responses in wild-type and Catsper1-KO sperm (n = 4). (G) pHi responses evoked by mixing with 1 ZP/μl or 10 mM NH4Cl in mouse sperm populations; shown are averages (solid lines, n = 7) and the 95% confidence interval (dashed lines). Shown is the percent change in fluorescence ratio (ΔR) with respect to the mean of the first three data points recorded immediately after mixing (R0). The control ΔR/R0 signal observed upon mixing with buffer (control) was subtracted, setting the control-signal level to ΔR/R0 (%) = 0. (H) Amplitude of pHi responses (mean ± SD of the average of the last three data points, n≥ 7) evoked by mixing with 1 ZP/μl or 10 mM NH4Cl in wild-type and Catsper1-KO sperm (n = 4). (I) pHi responses in sperm bathed in 0 mM Na+ buffer (n = 4). (J) Amplitude of pHi responses at 138 or 0 mM extracellular Na+ (mean ± SD, n = 4). (K) Amplitude of pHi responses in the absence (–) or presence (+) of 100 μM EIPA (mean ± SD, n = 4). Statistical significance between two groups was determined using two-tailed, unpaired t-test with Welch’s correction; p-values are indicated.


We analyzed the action of ZP proteins on mouse sperm using a stopped-flow apparatus and fluorescent probes for Ca2+ and pHi. Mixing of capacitated sperm (incubated for 90 min in buffer containing 3 mg/ml BSA and 25 mM [image: image] at pH 7.4) with ZP proteins evoked a rapid Ca2+ increase that reached a plateau within 30–40 s (Figure 1D); the control signal evoked by mixing with buffer alone was subtracted, setting the control-signal level consistently to ΔF/F0 (%) = 0. Simultaneous alkalization and depolarization of sperm by mixing with buffer adjusted to pH 8.6 and containing a high K+ and a low Na+ concentration (dubbed K8.6 buffer) (Babcock and Pfeiffer, 1987) also evoked a rapid Ca2+ increase that reached a slightly higher [Ca2+]i (Figure 1D). As a reference for the maximal signal amplitude at saturation of the Ca2+ indicator, we recorded the Ca2+ response evoked by the Ca2+ ionophore ionomycin (Figure 1D). ZP proteins, K8.6 buffer, and ionomycin also evoked Ca2+ responses in non-capacitated sperm (Figure 1E and Supplementary Figures S2a,b). Yet, relative to the reference signal evoked by ionomycin, the amplitudes of ZP- and K8.6-evoked Ca2+ response were enhanced upon capacitation (Figure 1E and Supplementary Figure S2b). To verify that the Ca2+ responses are carried by CatSper, we measured Ca2+ responses in wild-type and CatSper1-deficient mice. Indeed, the Ca2+ responses were abolished in sperm from Catsper1 deficient-mice (Catsper1-KO, Figure 1F) (Xia and Ren, 2009).

Next, we studied ZP-induced pHi responses. Mixing of capacitated sperm with ZP proteins evoked a rapid pHi increase that reached a plateau after 20–30 s (Figure 1G). Mixing of sperm with the weak base NH4Cl as a positive control also evoked a rapid pHi increase that reached a slightly higher pHi (Figure 1G). The ZP- and NH4Cl-evoked pHi responses were similar in wild-type and Catsper1-KO sperm (Figure 1H).

Altogether, these results confirm that ZP action on sperm involves an increase of pHi (Arnoult et al., 1996b) and a Ca2+ influx via CatSper (Xia and Ren, 2009), and that capacitation enhances the Ca2+ response (Arnoult et al., 1999). Moreover, because the pHi increase is preserved in Catsper1-KO mice, we conclude that the pHi increase is not evoked by Ca2+ influx via CatSper. Instead, the ZP-induced pHi increase might underlie the ZP-activation of CatSper.



The ZP-Induced Alkalization Does Not Involve the Na+/H+ Exchanger sNHE

We aimed to unravel the molecular players underlying the ZP-evoked alkalization. Na+/H+ exchange via sNHE has been proposed to take part in the ZP-evoked alkalization (Chavez et al., 2014). In addition to sNHE, two members of the Na+/H+ antiporter (NHA) subfamily, NHA1 and NHA2 (encoded by the Slc9b1 and Slc9b2 genes, respectively), have been identified in mouse sperm (Liu et al., 2010; Chen et al., 2016). Thus, NHA1 and NHA2 are also candidates to mediate the ZP-induced alkalization by Na+/H+ exchange.

We first probed the role of Na+/H+ exchange in the ZP-induced alkalization using Na+ substitution and pharmacology. Indeed, the ZP-induced pHi response was abolished by substitution of extracellular Na+ by NMDG (N-methyl-D-glucamine) or addition of EIPA, a commonly used non-selective inhibitor of Na+/H+ exchangers (Shi et al., 2017). The NH4Cl-induced pHi response was, however, similar in the absence or presence of Na+ or EIPA (Figures 1I–K). These results confirm that the ZP-induced pHi response depends on Na+/H+ exchange.

We examined if ZP-induced Na+/H+ exchange is mediated by sNHE using Slc9c1 knockout-mice (Slc9c1-KO) (Wang et al., 2003). In Slc9c1-KO sperm, the ZP-induced pHi and Ca2+ responses were abolished, whereas the pHi and Ca2+ response evoked by NH4Cl and K8.6, respectively, was preserved (Figures 2A,B). However, sNHE interacts with the soluble adenylyl cyclase sAC, encoded by Adcy10 (Wang et al., 2007), which constitutes the principal source of cAMP in mammalian sperm (Esposito et al., 2004; Hess et al., 2005; Xie et al., 2006); Slc9c1-KO sperm lack functional sAC and, therefore, cAMP synthesis (Wang et al., 2007). We wondered whether the failure of ZP proteins to increase [Ca2+]i and pHi in Slc9c1-KO is due to the lack of sNHE, sAC, or both. To test this, we used optogenetics and the membrane-permeable cAMP analog db-cAMP to rescue intracellular cAMP levels. Transgenic expression of the photoactivated adenylyl cyclase bPAC in Slc9c1-KO sperm provides a tool to stimulate cAMP synthesis in a light-dependent manner (Jansen et al., 2015). Light-stimulated cAMP synthesis in Slc9c1-KO/bPAC sperm or incubation of Slc9c1-KO sperm in db-cAMP both restored the ZP-induced pHi and Ca2+ response (Figures 2C–F). Thus, the Na+/H+ exchange stimulated by ZP proteins does not require sNHE, but rather cAMP synthesis by sAC. Using sperm that express the FRET-based cAMP biosensor mlCNBD-FRET (Mukherjee et al., 2016), we investigated whether ZP proteins enhance sAC activity and, thereby, control intracellular cAMP synthesis. Mixing of mlCNBD-FRET sperm with ZP proteins did not increase cAMP levels, whereas activation of sAC by using 25 mM NaHCO3 as a control evoked a pronounced cAMP increase (Figure 2G), demonstrating that ZP proteins do not control cAMP levels in sperm. Altogether, we conclude that the ZP-induced Na+/H+ exchange is not mediated by sNHE, but requires cAMP.
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FIGURE 2. ZP-induced pHi and Ca2+ responses in sperm lacking sNHE. Intracellular pH (A) and Ca2+ (B) responses in Slc9c1-KO sperm mean ± 95% confidence interval (n = 4). (C) Representative pHi responses evoked by 1 ZP/μl in wild-type, Slc9c1-KO, and light-stimulated Slc9c1-KO/bPAC sperm. (D) Representative Ca2+ responses evoked by mixing with 1 ZP/μl in wild-type, Slc9c1-KO, and light-stimulated Slc9c1-KO/bPAC sperm. (E) Amplitudes of pHi and (F) relative amplitudes of Ca2+ responses in wild-type, Slc9c1-KO, and Slc9c1-KO sperm pre-incubated with 5 mM db-cAMP (mean ± SD, n = 4). (G) Changes in the cerulean/citrine FRET ratio in mlCNBD-FRET sperm evoked by mixing with 50 mM NaHCO3 or 1 ZP/μl. An increase of the FRET ratio indicates an increase of free intracellular cAMP; mean ± SD, n = 5. Statistical comparison between multiple groups was performed using one-way ANOVA with Dunnett’s correction; p-values are indicated.




The ZP-Induced Alkalization Involves the Na+/H+ Exchanger NHA1

NHA1, a member of the Na+/H+ antiporter subfamily encoded by the Slc9b1 gene, was identified in the flagellum of mouse sperm (Liu et al., 2010; Chen et al., 2016). Slc9b1-KO sperm suffer from impaired motility, resulting in male subfertility (Chen et al., 2016). To investigate the role of NHA1 in the ZP-induced alkalization, we generated Slc9b1-KO mice. Slc9b1-KO mice were born in Mendelian ratios from heterozygous matings, and the mice were viable without any gross phenotype. The recombinant Slc9b1 locus contains the lacZ gene, expressing beta-galactosidase under the control of the Slc9b1 promoter (Figure 3A). Gene targeting was verified by PCR (Figure 3B). Labeling of beta-galactosidase in wild-type and heterozygous Slc9b1+/lacZ testis sections and on Western blots of Slc9b1+/lacZ testis and sperm lysates demonstrated that the Slc9b1 gene is expressed in developing sperm (Figures 3C,D). Protein mass spectrometry identified NHA1 in wild-type sperm lysates (Supplementary Table S1). Furthermore, an anti-NHA1 antibody labeled the flagellum of wild-type, but not of Slc9b1-KO sperm (Figure 3E) and, as control, HEK293 cells heterologously expressing mouse NHA1 (Figure 3F). Altogether, these results confirm that NHA1 is expressed in wild-type, but not in Slc9b1-KO mouse sperm (Liu et al., 2010; Chen et al., 2016).


[image: image]

FIGURE 3. ZP-induced pHi and Ca2+ response in sperm lacking NHA1. (A) Targeting strategy to delete the Slc9b1 gene to generate Slc9b1-KO mice. (B) Genotyping PCR of wild-type (+/+), heterozygous (+ /lacZ), and homozygous (lacZ/lacZ) knockout mice. (C) X-gal staining of Slc9b1+/+ and Slc9b1+/lacZ testis section; scale bar: 50 μm. (D) Western blot of testis and sperm lysates from Slc9b1+/+ and Slc9b1+/lacZ mice, probed with anti-beta-galactosidase and anti-beta tubulin antibodies. (E) Immunostaining of wild-type and Slc9b1-KO sperm with an anti-NHA1 antibody; scale bar: 10 μm. (F) HEK293T cells heterologously-expressing NHA1, stained with an anti-NHA1 (green) and an anti-HA-tag antibody (red), co-localization shown in yellow, scale bar = 20 μm. (G) pHi responses evoked by mixing with 1 ZP/μl or 10 mM NH4Cl in Slc9b1-KO mouse sperm; average ± 95% confidence interval (n = 3). (H) Amplitude of pHi responses in wild-type or Slc9b1-KO mouse sperm; mean ± SD (n = 3). (I) Ca2+ responses evoked by mixing with 1 ZP/μl or K8.6 in Slc9b1-KO mouse sperm; average ± 95% confidence interval (n = 4). (J) Relative amplitude of Ca2+ responses evoked by mixing with 1 ZP/μl or K8.6 in wild-type or Slc9b1-KO mouse sperm; mean ± SD (n = 4). (K) Amplitude of pHi responses in Slc9b1-KO sperm in the absence and presence of 5 mM db-cAMP; mean ± SD (n = 3). Statistical significance between two groups was determined using two-tailed, unpaired t-test with Welch’s correction; p-values are indicated.


We investigated the action of ZP proteins on Slc9b1-KO sperm. The ZP-induced pHi and Ca2+ responses were strongly attenuated, whereas the pHi and Ca2+ responses evoked by NH4Cl or K8.6, respectively, were similar in wild-type and Slc9b1-KO (Figures 3G–J). These results suggest that the ZP-induced alkalization depends predominantly on Na+/H+ exchange via NHA1. However, genetic ablation of NHA1 reportedly affects sAC expression and, thereby, intracellular cAMP levels (Chen et al., 2016). Thus, the phenotype of Slc9b1-KO sperm might be caused by impaired or abolished cAMP synthesis, resembling the Slc9c1-KO phenotype (Wang et al., 2003). Yet, in contrast to Slc9c1-KO sperm, db-cAMP did not restore the ZP-induced pHi response in Slc9b1-KO sperm (Figure 3K). These results indicate that lack of NHA1, rather than impaired cAMP synthesis, underlies the attenuated ZP-induced pHi response in Slc9b1-KO sperm. We surmise that the residual Na+/H+ exchange in Slc9b1-KO mice is either mediated by NHA2, by another unknown Na+/H+ exchanger, or a combination of both.



Genetic Ablation of NHA1 Affects Sperm Motility

Considering that the ZP-induced alkalization is predominantly mediated by NHA1, we analyzed the phenotype of Slc9b1-KO mice in more detail. In line with previous results, the fertility of Slc9b1-KO males was severely impaired (Chen et al., 2016): only 2 out of 21 matings (Slc9b1-KO males with wild-type females) produced offspring (Supplementary Table S2). The testis and epididymis weight and average sperm count were similar in wild-type and Slc9b1-KO mice (Supplementary Table S2), yet Slc9b1-KO sperm largely failed to fertilize oocytes in vitro (Supplementary Table S2), which might be attributed to the severely impaired ZP-induced Ca2+ and pHi signaling. In previous studies, the number of sperm cells that were motile was significantly reduced in Slc9b1-KO mice (Chen et al., 2016). We observed a similar phenotype: only 55 ± 5% of Slc9b1-KO sperm showed progressive motility compared to 86 ± 5% of wild-type sperm. The decrease in motility has been attributed to a reduced sAC protein expression level (Chen et al., 2016). Thus, we investigated sAC function in wild-type versus Slc9b1-KO sperm. To this end, we studied the flagellar beat frequency (Hansen et al., 2018), which is controlled by sAC: activation of sAC by NaHCO3 rapidly increases intracellular cAMP levels and the flagellar beat frequency. In sperm that lack sAC, cAMP synthesis and the action of NaHCO3 is abolished, rendering the sperm immotile (Wennemuth et al., 2003; Esposito et al., 2004; Hess et al., 2005; Xie et al., 2006; Carlson et al., 2007). To investigate whether sAC dysfunction underlies the defect in sperm motility in Slc9b1-KO sperm, we compared the basal flagellar beat frequency, determined at about 60 μm distance from the center of the sperm head, between wild-type and Slc9b1-KO sperm. Under basal conditions, the beat frequency was similar (WT: 11 ± 3 and KO: 13 ± 3 Hz, n ≥ 13), and stimulation with 25 mM NaHCO3 increased the frequency to a similar extent (WT: 20 ± 6% and KO: 22 ± 9%, n ≥ 13). Thus, the lack of NHA1 does not impair the sAC-control of flagellar beat frequency, suggesting that cAMP synthesis is not impaired.

When analyzing the flagellar beat in detail, we noticed that the beat frequency along the flagellum was not uniform in Slc9b1-KO (Figures 4A,B and Supplementary Movies S1–S2). At ≤ 80 μm distance from the sperm head, the flagellar beat frequency was similar in Slc9b1-KO and wild-type sperm, whereas at > 80 μm, the frequency was considerably faster in Slc9b1-KO sperm (Figure 4B). Strikingly, Slc9b1-KO sperm displayed a stiff midpiece, which prevented to reliably determine the beat frequency at the first 20 μm of the flagellum. To describe this defect in quantitative terms, we compared the amplitudes of the curvature angle along the flagellum as a measure for the beat amplitude (Figure 4C) (Hansen et al., 2018). In the midpiece, the amplitude was lower in Slc9b1-KO sperm compared to wild-type sperm, reflecting the restricted movement (Figure 4C). Farther along the flagellum, the amplitude was similar between wild-type and Slc9b1-KO sperm (Figure 4C).
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FIGURE 4. Flagellar beating pattern and ultrastructure in sperm lacking NHA1. (A) Flagellar waveform of wild-type and Slc9b1-KO sperm before and after stimulation with 25 mM NaHCO3. Superimposed color-coded frames taken every 5 ms, illustrating one flagellar beat cycle; scale bar: 30 μm. (B) Mean flagellar beat frequency along the flagellum of wild-type and Slc9b1-KO sperm (n = 5). (C) Mean amplitude of the curvature angle along the flagellum of wild-type and Slc9b1-KO sperm (n = 5). (D) Left: Epifluorescence image of wild-type and Slc9b1-KO sperm labeled with an anti-CatSper1 antibody. Position of the midpiece (MP), the annulus, and the principal piece (PP) is indicated. Middle: 3D-STORM image of the principal piece of wild-type and Slc9b1-KO sperm in x-y projection and color-coded for z; scale bars are indicated. Position of Z cross-section is indicated by white square. Right: Z cross-section of principal piece showing the four CatSper-organized signaling domains along the flagellum of wild-type and Slc9b1-KO sperm.


A stiff midpiece has also been observed in sperm lacking calcineurin or the CatSper-channel subunit CatSper ζ (Miyata et al., 2015; Chung et al., 2017). The CatSper-channel complex forms Ca2+ signaling domains along the flagellum that are organized in four longitudinal columns (Chung et al., 2014). Loss of the channel complex disrupts this organization (Chung et al., 2014, 2017). To examine whether a defect in the Ca2+ signaling domains might underlie the stiff midpiece in Slc9b1-KO sperm, we used super-resolution microscopy (3D-STORM). In wild-type and Slc9b1-KO sperm, an anti-CatSper1 antibody labeled four distinct columns aligned longitudinally along the flagellum, as previously described for wild-type sperm using the same antibody (Chung et al., 2014), demonstrating that the Ca2+-signaling domains are preserved in Slc9b1-KO sperm (Figure 4D). Furthermore, the density distribution of CatSper1 labeling along the flagellum was not different between wild-type and Slc9b1-KO sperm (Supplementary Figure S3). Thus, the molecular mechanism underlying the motility defect of Slc9b1-KO sperm remains unclear, but we propose that a combination of defective ZP signaling and altered flagellar beat pattern in Slc9b1-KO sperm underlies the sub-fertility of male Slc9b1-KO mice.



ZP-Induced Signaling Requires a Sufficiently Negative Membrane Potential

Although it is unknown how ZP proteins activate Na+/H+ exchange via NHA1, the membrane potential seems to be an important factor (Zeng et al., 1995; Arnoult et al., 1999; De La Vega-Beltran et al., 2012; Chavez et al., 2014). Thus, we tested the role of the Vm in ZP signaling. In wild-type sperm, that were depolarized by incubation in high extracellular potassium ([K+]o = 138 mM), the ZP-induced pHi and Ca2+ responses were abolished, whereas the pHi and Ca2+ responses evoked by NH4Cl or K8.6, respectively, were preserved (Figures 5A–D). This suggests that the ZP-induced pHi increase requires a more negative Vm. Slo3 and its auxiliary subunit Lrrc52 form the principal K+ channel in mouse (Santi et al., 2010; Yang et al., 2011; Zeng et al., 2011, 2015) and human sperm (Brenker et al., 2014). We studied the action of ZP proteins on Kcnu1- and Lrrc52-KO sperm, which both feature a depolarized Vm (Santi et al., 2010; Yang et al., 2011; Zeng et al., 2011, 2015). In Kcnu1-KO and Lrrc52-KO sperm, the ZP-evoked pHi and Ca2+ responses were abolished, whereas the pHi and Ca2+ responses evoked by NH4Cl and K8.6, respectively, were preserved (Figures 5E,F,I–L). Remarkably, hyperpolarizing Kcnu1- and Lrrc52-KO sperm using the K+ ionophore valinomycin (Santi et al., 2010; Chavez et al., 2014) restored the ZP-induced pHi and Ca2+ responses (Figures 5G–I,L), supporting the notion that ZP signaling requires a sufficiently negative Vm. Altogether, these results corroborate that a negative Vm, set by Slo3, enables the ZP-induced pHi increase and, thereby, ZP-induced Ca2+ influx via CatSper. However, the mechanism underlying the Vm-control of NHA1 remains to be elucidated.
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FIGURE 5. ZP-evoked pHi and Ca2+ responses in mouse sperm lacking Slo3 or its auxiliary subunit Lrrc52. (A) pHi responses evoked by mixing with 1 ZP/μl or 10 mM NH4Cl in sperm bathed in 138 mM K+ buffer; average ± 95% confidence interval (n = 3). (B) Amplitude of pHi responses evoked by mixing with 1 ZP/μl or 10 mM NH4Cl in sperm bathed in 5 mM or 138 mM K+ buffer; mean ± SD (n = 3). (C) Ca2+ responses evoked by mixing with 1 ZP/μl or K8.6 in sperm bathed in 138 mM K+ buffer; average ± 95% confidence interval (n = 3). (D) Relative amplitude of Ca2+ responses evoked by mixing with 1 ZP/μl or K8.6 in sperm bathed in 5 or 138 mM K+ buffer; mean ± SD (n = 3). (E,F) pHi responses evoked by mixing with 1 ZP/μl or 10 mM NH4Cl in Kcnu1-KO (E) and Lrrc52-KO (F) sperm; average ± 95% confidence interval (n = 3). (G,H) pHi responses evoked by mixing with 1 ZP/μl or 10 mM NH4Cl in Kcnu1-KO (G) and Lrrc52-KO (H) sperm bathed in 2 μM valinomycin; average ± 95% confidence interval (n = 3). (I) Amplitude of pHi responses evoked by mixing with 1 ZP/μl or 10 mM NH4Cl in Kcnu1-KO and Lrrc52-KO sperm in the absence and presence of 2 μM valinomycin; mean ± SD (n = 3). (J,K) Ca2+ responses evoked by mixing with 1 ZP/μl and K8.6 in Kcnu1-KO (J) and Lrrc52-KO (K) sperm; average ± 95% confidence interval (n = 3). (L) Relative amplitude of Ca2+ evoked by mixing with 1 ZP/μl or K8.6 in Kcnu1-KO and Lrrc52-KO sperm in the absence and presence of 2 μM valinomycin; mean ± SD (n = 3). Statistical significance between two groups was determined using two-tailed, unpaired t-test with Welch’s correction; p-values are indicated.




DISCUSSION

The function of mammalian sperm is controlled by external cues that engage various signaling molecules. How these molecules are integrated into signaling pathways is not well-understood. Here, we show that the synthesis of cAMP and a sufficiently negative membrane potential prime mouse sperm to transduce binding of ZP proteins into rapid H+ and Ca2+ signaling events (Figure 6). This ZP-induced Ca2+ increase might be involved in the control of swimming behavior and acrosomal exocytosis.
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FIGURE 6. Model of the ZP-signaling pathway in mouse sperm. ZP glycoproteins bind to a yet unknown receptor (recognition), which initiates a signaling cascade. This cascade requires a hyperpolarized membrane potential (Vm), set by the Slo3/Lrrc52-channel complex, and cAMP synthesis by sAC (priming). Thereby, a pHi response, resting on Na+/H+ exchange by NHA1, and probably NHA2, is enabled that promotes Ca2+ influx through CatSper (signaling). Shaded objects indicate that the signaling mechanism and function of the molecules has not been established yet.


The CatSper channel is the principal pathway for Ca2+ entry into mammalian sperm (Quill et al., 2001; Ren et al., 2001; Kirichok et al., 2006; Lishko and Kirichok, 2010). We propose that the action of ZP proteins on CatSper is indirect, mediated by a pHi-signaling pathway (Figure 6): any experimental condition that abolishes the ZP-induced pHi increase abolishes the Ca2+ influx, and vice versa, conditions that restore the pHi response also restore the Ca2+ influx. This result is consistent with earlier reports, demonstrating a ZP-evoked increase of pHi and [Ca2+]i in mouse sperm (Bailey and Storey, 1994; Murase and Roldan, 1996). In patch-clamp experiments, ZP proteins did not enhance monovalent CatSper currents recorded from sperm isolated from the corpus of the ductus epididymis (Xia and Ren, 2009). Yet, sperm from this region of the epididymis are unable to undergo capacitation (Yanagimachi, 1994), which potentiates the Ca2+ response (see Figure 1D). Thus, the use of non-capacitated sperm might have hampered the detection of a direct ZP protein action on CatSper. Nevertheless, these results support our model that in mouse sperm, ZP proteins activate CatSper via intracellular alkalization (Figure 6). The ZP-induced pHi increase rests on Na+/H+ exchange that is predominantly mediated by NHA1 (Figure 6). The residual pHi response in Slc9b1-KO might be carried by NHA2; future work needs to address this question using Scl9b1/2 knockout mice. The pHi response is only observed at the negative Vm set by Slo3 (Santi et al., 2010; Zeng et al., 2011, 2015). It remains to be elucidated how the Vm dependence is integrated into the ZP-signaling pathway. In mouse sperm, K+ currents and, thus, Vm are strongly controlled by pHi (Navarro et al., 2007; Zeng et al., 2011, 2013). The control of the ZP-induced pHi response by Vm, the control of Vm by Ca2+ and pHi, and the interplay of CatSper and Slo3 during ZP signaling deserve further studies.

We identified cAMP as a key player in the ZP-signaling pathway in mouse sperm: basal cAMP synthesis by sAC is required for the pHi response and ensuing CatSper activation. sNHE, which might form a physical or functional complex with sAC, is however not responsible for the ZP-induced alkalization. It has been proposed that NHA1 and NHA2 control sAC expression and, thereby, cAMP synthesis and motility (Chen et al., 2016). We also find Slc9b1-KO males are infertile and feature a significantly reduced number of motile sperm. However, we show that sAC function is unaffected in NHA1-KO sperm as the control of the flagellar beat frequency by [image: image] remains unchanged. Thus, the pathomechanism underlying the reduced number of motile sperm in Slc9b1-KO males remains to be elucidated. Yet, the loss of NHA1 alters the flagellar beat pattern along the flagellum with the midpiece being stiff and the rest of the flagellum being more flexible. Although the ZP-induced alkalization via NHA1 activates CatSper, the exchanger is not required for the organization of CatSper in quadrilateral columns. Future studies are required to elucidate whether NHA1 is part of these columns to form nanodomains of pH and Ca2+ signaling. Whether the loss of NHA1 affects other downstream processes that control the flagellar beat pattern or if the axonemal structure/dynein function is altered is not known and warrants further studies.

Sperm must undergo the acrosome reaction to penetrate through the ZP. Across species, binding of sperm to the native ZP, to isolated ZPs, as well as to solubilized ZP proteins evokes the acrosome reaction in sperm (Florman and Storey, 1982; Bleil and Wassarman, 1983; Cherr et al., 1986; O’Rand and Fisher, 1987; Cross et al., 1988; Florman and First, 1988; Uto et al., 1988; Arnoult et al., 1996a; Schroer et al., 2000; Tollner et al., 2003; Gupta et al., 2012). This suggested that in vivo, sperm undergo the acrosome reaction primarily upon binding to the ZP (Hirohashi and Yanagimachi, 2018). Recent studies utilizied fluorescently-labeled sperm from transgenic mouse models to determine the acrosomal status and acrosome reaction in live mouse sperm upon fertilization in vitro and ex vivo within the oviduct. These experiments revealed that at least in mice, most sperm undergo the acrosomal exocytosis during their journey across the oviduct or within the cumulus cell-matrix rather than upon binding to the zona pellucida (Jin et al., 2011; Hino et al., 2016; La Spina et al., 2016; Muro et al., 2016). Moreover, acrosome-reacted mouse sperm seem to reach the surface of the oocyte more readily than acrosome-intact sperm (Hildebrand et al., 2010), and mouse sperm can bind to the ZP without undergoing the acrosome reaction (Baibakov et al., 2007). Thus, the significance of the acrosomal exocytosis and signaling events evoked by binding of sperm to the ZP for fertilization in mice or other mammalian species still remain to be elucidated.

In summary, our study provides new insights and at the same time, raises new questions about the action of ZP proteins on mammalian sperm. The identification of the ZP receptor(s) and binding site(s) on sperm is certainly essential to delineate the whole ZP-signaling pathway. However, this question has remained unanswered since the initial characterization of ZP-sperm interaction (Bleil and Wassarman, 1980). Our results present NHA1, sAC, and Slo3/Lrrc52 as new players in the sperm ZP- signaling pathway. This might be the basis for future approaches, unraveling the molecular mechanisms underlying infertility and the design of new contraceptives.



MATERIALS AND METHODS


Nomenclature

For most of the proteins, we have used the alias in the text. The official nomenclature is indicated in Table 1.



Generation of Slc9b1-KO Mice

Slc9b1-KO mice were generated by blastocyst injection of Slc9b1 mutant embryonic stem (ES) cells (EPD0187_1_D11, EUCOMM) into albino C57BL/6Tyr females (Transgenic Service, LIMES institute, University of Bonn) and backcrossed to C57Bl/6N. The offspring was genotyped by PCR using Slc9b1-specific primers (wild-type allele: 507 bp using #1: 5′-TAGGTTGAGTTCTACTACAATG-3′, #2: 5′-TAGAGTCCATAGTGCAATGAG-3′; floxed allele: 673 bp using #1/2; lacZ allele: 427 bp using #1 and #3: 5′-AGTCTTCCTGTCCAGG-3′). Mice used in this study were 2–5 months of age. Animal experiments were in accordance with the relevant guidelines and regulations and approved by the local authorities (LANUV) AZ 84-02.04.2012.A192 [intern BCI_10]. Fertility was tested using timed matings (wild-type females mated with Slc9b1-KO males overnight and separated after plug check the following morning). All females were plug positive, but only 2/21 Slc9b1-KO males produced offspring.



Transgenic and Knockout Mice

Catsper1-KO (Ren et al., 2001) and Slc9c1-KO mice (Wang et al., 2003) were provided by David Clapham (Janelia Research Campus, United States) and the Jackson laboratory, respectively. Kcnu1-KO and Lrrc52-KO mice were provided by Christopher Lingle (Yang et al., 2011; Zeng et al., 2015). Prm1-bPAC/Slc9c1-KO mice have been described before (Jansen et al., 2015).



Sperm Preparation

Mouse sperm were isolated as previously described (Raju et al., 2015). In brief, sperm were isolated by incision of the cauda epididymis followed by a swim-out in modified TYH medium (in mM: 135 NaCl, 4.8 KCl, 2 CaCl2, 1.2 KH2PO4, 1 MgSO4, 5.6 glucose, 0.5 sodium pyruvate, 10 lactic acid, 10 HEPES, pH 7.4 adjusted at 37°C with NaOH). After 15–30 min swim-out at 37°C, sperm were collected and counted. For capacitation, sperm were incubated for 90 min in TYH containing 3 mg/ml BSA and 25 mM NaHCO3 substituting 25 mM of the NaCl; the pH was adjusted to 7.4. Measurements under depolarized membrane potential were performed in TYH with 135 mM KCl and 5 mM NaCl at pH 7.4. For experiments in the absence of extracellular Na+, Na+ was substituted by N-methyl-D-glucamine (M2004, Sigma-Aldrich) and the pH was adjusted with HCl. Valinomycin and db-cAMP were added after swim-out and were present throughout the experiment. Prm1-bPAC/Slc9c1-KO sperm were isolated under dim red light. Light-activation of Prm1-bPAC/Slc9c1-KO sperm was performed in a custom-made rack equipped with blue LEDs during sperm capacitation. Experiments were performed with capacitated sperm unless otherwise indicated. The cAMP analogs (db-cAMP) were already added during the capacitation phase for 90 min.



Isolation of Mouse Zona pellucidae

For ZP isolation, wild-type female mice were super-ovulated by intraperitoneal injection of 10 I.U. hCG (human Chorionic Gonadotropin; ProSpec, Rehovot, Israel) 3 days before the experiment. 14 h before oocyte isolation, mice were injected with 10 I.U. PMSG (Pregnant Mare’s Serum Gonadotropin; ProSpec). Mice were killed by cervical dislocation and oviducts were dissected. Cumulus-enclosed oocytes were prepared from the oviducts in TYH buffer containing 300 μg/ml hyaluronidase (Sigma). After 15 min, cumulus-free oocytes were transferred into fresh buffer and washed twice. Zonae pellucidae and oocytes were separated by shear forces generated by expulsion from 50 nm pasteur pipettes. Zona pellucidae were counted, transferred into fresh buffer, diluted to a concentration of 1 ZP per ul, and solubilized by incubation at 75°C for 15 min (Thaler and Cardullo, 1996). Animal experiments were performed in accordance with the relevant guidelines and regulations and approved by the local authorities (LANUV) AZ84-02.05.40.13.127.



Heterologous Expression of ZP Glycoproteins

The cDNA sequence of mZP1, mZP2, and mZP3 was amplified via PCR. A hexa-histidine tag was inserted upstream of the conserved furin cleavage site, an AgeI restriction site was added to the 5′ end, and a Kpnl restriction site to the 3′ end by nested PCR. The PCR product was cloned into a pHLsec vector (kindly provided by Prof. Yvonne Jones, Wellcome Trust Center for Human Genetics, University of Oxford, United Kingdom) using AgeI and Kpnl. pHLsec-mZP1, pHLsec-mZP2 and pHLsec-mZP3 were transiently transfected in HEK293T cells (ATCC-CRL-3216) using polyethyleneimine (Life Technologies, Carlsbad, United States).



Western Blot Analysis

Total protein lysates were obtained by homogenizing the cells in lysis buffer (10 mM Tris/HCl, pH 7.6, 140 mM NaCl, 1 mM EDTA, 1% Triton X-100, mPIC protease inhibitor cocktail 1:500). Samples were incubated for 30 min on ice and centrifuged at 10,000 g for 5 min at 4°C. The protein concentration was determined by BCA assay. Prior to separation by SDS-PAGE, 50 isolated ZPs, cells, or tissue lysates were mixed with 4 × SDS loading buffer [200 mM Tris/HCl, pH 6.8, 8% SDS (w/v), 4% β-mercaptoethanol (vol/vol), 50% glycerol, 0.04% bromophenol blue] and heated for 5 min at 95°C. For Western blot analysis, proteins were transferred onto PVDF membranes (Merck Millipore, Billerica, United States), probed with antibodies, and analyzed using a chemiluminescence detection system. For deglycosylation, 50 ZPs were incubated for 1 h with PNGase-F (New England Biolabs) according to the manufacturer’s instructions.

Primary antibodies: anti-β-galactosidase (1:1000; Molecular Probes), anti-α-tubulin (1:5000; Sigma-Aldrich), antibodies against mouse ZP glycoproteins were isolated from the supernatant of hybridoma cell lines (mZP1: ATCC CRL-2464, mZP2: ATCC CRL-2463, mZP3: ATCC CRL-2463) and diluted 1:1000. Secondary antibody: goat-anti-rat, HRP conjugated (1:5000, Dianova), donkey-anti-rabbit, HRP conjugated (1:5000, Dianova).



Immunocytochemistry

Sperm smeared on positively charged microscope slides were dried at room temperature (RT). For antigen retrieval, sperm were incubated in citrate buffer (10 mM sodium citrate, 0.05% Tween-20, pH 6) in a steamer at 99°C for 20 min and washed in PBS for 15 min at RT. Immunocytochemical analysis of CatSper1 expression was performed without antigen retrieval. Transiently transfected HEK293T cells, oocytes, or sperm were incubated in 4% PFA for 15 min and washed in PBS. To block unspecific binding sites, samples were incubated for 1 h with blocking buffer [0.5% Triton X-100 and 5% ChemiBLOCKER (Merck Millipore) in 0.1M phosphate buffer, pH 7.4]. The primary antibody was diluted in blocking buffer and incubated overnight. The fluorescent secondary antibody was diluted in blocking buffer containing 0.5 mg/ml DAPI (Life Technologies) and incubated for 1 h. Images were taken on a confocal microscope (FV1000; Olympus). Primary antibodies: anti-NHA1 (1:100; Biorbyt), anti-CatSper1 (1:250; Santa Cruz, sc-21180) (Chung et al., 2014), anti-His (1:100, Millipore); primary antibodies against mouse ZP glycoproteins were isolated from the supernatant of hybridoma cell lines (mZP1: ATCC CRL-2464, mZP2: ATCC CRL-2463, mZP3: ATCC CRL-2463) and diluted 1:100; anti-HA antibody (Roche). Secondary antibodies: donkey anti-rat Alexa488 (1:500; Dianova), donkey anti-rat A647 (1:1000; Life technologies), donkey anti-mouse Cy5 (1:500; Dianova).



STORM Imaging and Analysis of Sperm Flagellar Proteins

STORM imaging experiments were performed in an imaging buffer (50 mM Tris, pH 8, 10 mM NaCl) with an oxygen scavenging system (0.5 mg/mL glucose oxidase, 40 μg/ml catalase, 10% glucose, and 10 mM 2-aminoethanethiol). 10.000–60.000 frames were acquired per data set using 647 nm excitation at 100 mW. A 405 nm laser was used to maintain an adequate number of localizations per frame. A cylindrical lens was introduced in the detection path for astigmatism 3D STORM acquisition. Perfect focus system from Nikon was used to minimize axial drift and a vibration isolation table was used to minimize lateral drift. STORM movies were analyzed as described previously using the Nikon software package based on a technology developed by Dr. Xiaowei Zhuang (Huang et al., 2008). Briefly, fluorescence peaks corresponding to individual molecules were identified in each frame and fit using least-squares or maximum-likelihood estimation with a two-dimensional Gaussian to determine the (x,y) position of each molecule. For 3D imaging, the ellipticity of the Gaussian fit was used to assign a z coordinate. Drift correction was applied using cross-correlation.

STORM images were rendered with each localization plotted as a Gaussian. Images were filtered to reject molecules with low photon number (below 500 photons). Molecules with aspect ratio higher than 1.5 for 2D and 2.5 for 3D datasets were rejected. Moreover, molecules that appear for > 10 consecutive frames were rejected. Non-specifically bound antibodies can give background in the STORM images, which appears as scattered localizations with low local densities. This background noise was removed by a local density filter. Low-density localizations were filtered out by removing a molecule if it was surrounded by fewer than 10 localizations in the 80 × 80 nm region.



Beta-Galactosidase Staining of Testis Sections

Testis of adult male mice were isolated, punctured twice with a cannula and incubated overnight at RT in 4% PFA. After a single washing step in PBS for 10 min, testis were transferred into a 10% sucrose solution for 1 h and subsequently incubated overnight in 30% sucrose. On the next day, testis were embedded in Tissue TEK (Sakura Finetek) and stored at −80°C. The testis was sectioned in 16 μm thick cross-sections using a 2800 Frigocut-E cryostat (Reichert-Jung, Nußloch) at a knive temperature of −22°C. Sectioned tissue was washed three times for 5 min at RT with LacZ wash solution (100 mM NaH2PO4, 1.25 mM MgCl2, 2 mM EGTA, 0.1% w/v Deoxycholate, 0.2% w/v Nonidet P40, pH 7.4). Sections were incubated overnight at 37°C in LacZ substrate solution (100 mM NaH2PO4, 1.25 mM MgCl2, 2 mM EGTA, 50 mM K3[Fe(CN)6], 50 mM K4[Fe(CN)6], 8% w/v X-Gal, pH 7.4) and washed twice with H2O before being mounted on coverslips using Aqua-Poly/Mount (Polyscience).



Measurement of Changes in Intracellular Ca2+ and pH in Mouse Sperm

Changes in [Ca2+]i and pHi in mouse sperm were recorded in a rapid-mixing device in the stopped-flow mode (SFM400; Bio-Logic, Claix, France) after loading with the fluorescent Ca2+ indicator Cal-520-AM (AAT Bioquest, Sunnyvale, United States) or the fluorescent pH indicator BCECF-AM (Thermo Fisher), respectively. Changes in [Ca2+]i were measured as previously described (Strünker et al., 2011) with minor modifications. In brief, sperm were loaded with Cal-520-AM (5 μM) in the presence of Pluronic F-127 (0.02% v/v) at 37°C for 45 min. After incubation, excess dye was removed by three centrifugation steps (700 g, 7 min, RT). The pellet was resuspended in buffer and equilibrated for 5 min at 37°C. The sperm suspension (5 × 106 sperm/ml) was rapidly mixed 1:1 (v/v, 100:100 μl) with the respective stimulant [ZP, K8.6, 2 μM ionomycin (Tocris)] at a flow rate of 0.5 ml/s. Fluorescence was excited by a SpectraX Light Engine (Lumencor, Beaverton, United States), whose intensity was modulated with a frequency of 10 kHz. The excitation light was passed through a BrightLine 475/28 nm filter (Semrock, Rochester, United States) onto the cuvette. Emission light was passed through a BrightLine 536/40 filter (Semrock) and recorded by photomultiplier modules (H10723-20; Hamamatsu Photonics). The signal was amplified and filtered through a lock-in amplifier (7230 DualPhase; Ametek, Paoli, United States). Data acquisition was performed with a data acquisition pad (PCI-6221; National Instruments, Austin, United States) and Bio-Kine software v. 4.49 (Bio-Logic). Ca2+ signal traces are depicted as the percent change in fluorescence (ΔF) with respect to the mean of the first three data points recorded immediately after mixing (F0). Mean ± 95% CI are shown to visualize the true range of the data. The control ΔF/F0 signal observed upon mixing with buffer (control) was subtracted from K8 6-, ZP-, or ionomycin-induced signals, setting the control-signal level to ΔF/F0 (%) = 0. The K8.6 solution (Babcock and Pfeiffer, 1987) contained (in mM: 4.8 NaCl, 138 KCl, 2 CaCl2, 1.2 KH2PO4, 1 MgSO4, 5.6 glucose, 0.5 sodium pyruvate, 10 lactic acid, 10 HEPES, pH 8.6, adjusted with KOH) to depolarize the Vm and simultaneously increase pHi to activate CatSper. Bar graphs show the maximal amplitude of the ZP- or K8.6-evoked Ca2+ response (average of last three data points), normalized to the respective ionomycin-evoked Ca2+ response (average of last three data points) (relative signal amplitude). To measure pH changes in the stopped-flow mode, sperm were loaded with BCECF-AM (10 μM) at 37°C for 15 min. The pellet was resuspended in TYH and equilibrated for 5 min at 37°C. The excitation light was passed through a BrightLine 452/45 nm filter (Semrock) onto the cuvette. Emission light was passed in parallel through a BrightLine 494/20 filter and a BrightLine 540/10 filter (Semrock). pH signals are depicted as the percent change in fluorescence ratio (ΔR) of 494 nm/540 nm with respect to the mean of the first three data points recorded immediately after mixing (R0) when a stable fluorescence signal was observed. The ΔR/R0 signal evoked by mixing with buffer (control) was subtracted from ZP- or NH4Cl-induced signals. Bar graphs show the maximal amplitude of the ZP- or NH4Cl-evoked pH response (average of last three data points).



In vitro Fertilization

Superovulation in females was induced as described above. HTF medium (EmbryoMax Human Tubal Fluid; Merck Millipore) was mixed 1:1 with mineral oil (Sigma-Aldrich) and equilibrated overnight at 37°C. Sperm were capacitated for 90 min in TYH medium supplemented as indicated above. On the day of preparation, 100 μl drops of HTF were covered with the medium/oil mixture and 105 sperm were added to each drop. Cumulus-enclosed oocytes were prepared from the oviducts of superovulated females and added to the drops. After 4 h at 37°C and 5% CO2, oocytes were transferred to fresh HTF. The number of 2-cell stages was evaluated after 24 h.



Sperm Motility Analysis

Freely beating sperm were observed in shallow perfusion chambers with 200 μm depth, which allowed to exchange the buffer during recordings. Sperm were tethered to the glass surface by lowering the BSA to 0.3 mg/ml. An inverted dark-field video microscope (IX71; Olympus) with a 10 x objective (UPlanFL, NA 0.4; Olympus) and an additional 1.6 x magnification lens (16x final amplification) was combined with a high-speed camera (Dimax; PCO). Dark-field videos were recorded with a frame rate of 200 Hz. The temperature was 37°C (Incubator; Life Imaging Services). The flagellar beat was analyzed using SpermQ (Hansen et al., 2018). SpermQ outputs the parameter curvature angle as a measure for flagellar bending. The curvature angle at a given point on the flagellum was determined by the angle between the tangential vector at the given point and the tangential vector at the point 10 μm proximal on the flagellum. The beat frequency at a given point on the flagellum was determined by the highest peak in the frequency spectrum obtained by Fast-Fourier-Transformation of the time-course of the parameter curvature angle at the given flagellar point. The amplitude of the curvature angle for a given point was determined as the absolute difference between the median of the five highest and the median of the five lowest curvature angle values in the entire time-course at the given point.



Measuring cAMP Dynamics in Sperm

Population measurements using a spectrofluorometer (Quantamaster 40, PTI) were performed as previously described (Mukherjee et al., 2016) in PMMA cuvettes at 1 × 105 cells/ml under constant stirring (Spinbar, Bel-art Products, Wayne, NJ, United States).



Identification of NHA1 by Mass Spectrometry

Sperm were isolated from wild-type C57Bl/6 mice and subjected to mass spectrometry as described previously (Raju et al., 2015).



Statistical Analysis

Statistical analyses for graphs shown in figures has been performed in GraphPad Prism. Statistical significance between two groups was determined using two-tailed, unpaired t-test with Welch’s correction, statistical significance between multiple groups was determined using one-way ANOVA with Dunnett’s correction. The respective details are indicated in the figure legends.
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FIGURE S1 | Validation of the specificity of anti-ZP antibodies using heterologously expressed protein. Immunostaining of HEK293T cells heterologously expressing mouse ZP glycoproteins with mZP isoform-specific (green) and His-tag antibodies (red), co-localization shown in yellow, (a) mZP1, (b) mZP2, (c) mZP3; scale bar = 10 μm.

FIGURE S2 | Ca2+ responses in non-capacitated and capacitated mouse sperm. (a) Ca2+ responses evoked by mixing with 2 μM ionomycin in non-capacitated and capacitated sperm; average ± 95% confidence interval (n ≥ 18) (b) Ca2+ responses evoked by mixing with 1 ZP/μl, K8.6 or 2 μM ionomycin in non-capacitated and capacitated sperm; individual data points and mean ± SD (n ≥ 18).

FIGURE S3 | Density distribution of CatSper domains along the flagella. (a) Normalized density profile of one CatSper domain along the arc length of wild-type (black) and Slc9b1-KO sperm flagella (red). (b) Fourier spectrum in dB of the data in (a), wild-type (black) and Slc9b1-KO sperm flagella (red).

TABLE S1 | NHA1 peptide sequences identified in total lysates from mouse sperm by mass spectrometry.

TABLE S2 | Fertility parameters of male wild-type and Slc9b1-KO mice.

MOVIE S1 | Flagellar motility of wild-type sperm before and after perfusion with 25 mM NaHCO3.

MOVIE S2 | Flagellar motility of Slc9b1-KO sperm before and after perfusion with 25 mM NaHCO3.
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Primary cilia are hair-like projections that protrude from most mammalian cells and mediate various extracellular signaling pathways. Pancreatic ductal adenocarcinoma (PDAC) cells are known to lose their primary cilia, but the relevance of this phenomenon remains unclear. In this study, we generated PDAC-originated Panc1 cells devoid of primary cilia by mutating a centriolar protein, centrosomal protein 164 (CEP164), which is required for ciliogenesis. CEP164 depletion enhanced the clonogenicity of Panc1 cells, along with chemically induced elimination of primary cilia, suggesting that a lack of these organelles promotes PDAC cells proliferation. In addition, the loss of CEP164 altered the cell cycle progression irrespective of absence of primary cilia. We found that CEP164 was co-localized with the GLI2 transcription factor at the mother centriole and controlled its activation, thus inducing Cyclin D-CDK6 expression. Furthermore, CEP164-mutated Panc1 cells were significantly tolerant to KRAS depletion-dependent growth inhibition. This study suggests that CEP164 deficiency is advantageous for PDAC cells proliferation due to not only lack of ciliation but also cilia-independent GLI2-Cyclin D/CDK6 activation, and that CEP164 is a potential therapeutic target for PDAC.
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INTRODUCTION

Most human cells express a hair-like projection on their surface, referred to as primary cilium (Ishikawa and Marshall, 2011). As this organelle houses multiple signaling molecules that receive extracellular stimuli and transduce them into the cell body, it is considered to be the cells’ sensor. Numerous oncogenic signaling pathways such as the Hedgehog (Hh) and Wnt pathways are also processed through primary cilium (Eguether and Hahne, 2018; Liu et al., 2018).

The primary cilium extends from the centrioles, a pair of cylinder-like structures in the centrosome which plays a pivotal role in mitotic spindle formation (Kobayashi and Dynlacht, 2011). The older mother centriole is equipped with distal and subdistal appendages (DA and SDA) that are absent from the younger daughter centriole, and serves as the base of the primary cilium during interphase. Typically, serum deprivation of cultured mammalian cells triggers primary cilium assembly; small vesicles initially attach onto the DA, then an enlarged vesicle (the ciliary vesicle) covers the top of the mother centriole, developing into the ciliary membrane and encapsulating the ciliary shaft (Wang and Dynlacht, 2018). Therefore, proteins comprising the DA play an essential role in the formation of ciliary vesicles and subsequently the primary cilium (Schmidt et al., 2012; Joo et al., 2013; Ye et al., 2014). To date, several studies have reported that the ablation of DA proteins including centrosomal protein 164 (CEP164) causes severe loss of primary cilia (designated as “de-ciliation”) in cultured mammalian cells (Graser et al., 2007; Schmidt et al., 2012; Tanos et al., 2013).

Primary cilia are absent or reduced in multiple cancers, including pancreatic ductal adenocarcinoma (PDAC) (Eguether and Hahne, 2018). PDAC accounts for >90% of pancreatic cancer and its 5-year survival rate is only approximately 5–7% (Adamska et al., 2017). In most PDAC cases, the proto-oncogene, Kirsten rat sarcoma viral oncogene homolog (KRAS), is mutated to its constitutively active form. A previous study has demonstrated that KRAS signaling contributes to the suppression of primary ciliogenesis in PDAC cells (Seeley et al., 2009). We recently proposed that in addition to KRAS, histone deacetylase 2 (HDAC2) inhibits ciliation by regulating the expression of Aurora A kinase (AurA), which promotes the disassembly of the cilia in PDAC cells (Kobayashi and Itoh, 2017; Kobayashi et al., 2017).

Since primary cilia are involved in various oncogenic signaling pathways and cell cycle progression, lack of these organelles can influence the onset and/or progression of PDAC. In support of this hypothesis, KRAS- or HDAC2-dependent loss of primary cilia hastens cell cycle progression in PDAC cells (Kobayashi et al., 2017). A recent study has demonstrated that experimental diminution of primary cilia in normal pancreatic ductal cells promotes their transformation into cancer cells through potentiating the mevalonate (MVA) pathway, which is associated with increased cholesterol biosynthesis (Deng et al., 2018). However, disruption of ciliogenesis has been shown to both positively and negatively influence tumor growth, depending on the cancer type (Han et al., 2009; Wong et al., 2009; Gradilone et al., 2013; Ho et al., 2013; Hassounah et al., 2017; Yang et al., 2017; Lee et al., 2019).

In the present study, we generated PDAC-originated Panc1 cells devoid of primary cilia by mutating the DA protein CEP164 to elucidate the effect of de-ciliation on the proliferation of PDAC cells. We focused on CEP164 among many ciliary genes because low expression of CEP164 is associated with poor prognosis of pancreatic cancer patients (Uhlen et al., 2017). CEP164-mutated (Cep164-1) Panc1 cells exhibited increased colony formation. Chemical exclusion of primary cilia using chloral hydrate (ClHy) exerted a similar effect, suggesting that de-ciliation enhances the clonogenicity of Panc1 cells. Besides, Cep164-1 cells showed cell cycle alteration in serum-fed culture condition in which primary cilia are rarely formed, most likely due to augmented expression of Cyclin D-Cyclin dependent kinase 6 (CDK6), whereas ClHy-treated Panc1 cells did not exhibit similar phenotypes. These results suggest that CEP164 depletion causes these anomalies independently of de-ciliation. Importantly, CEP164 co-localized with GLI family zinc finger 2 (GLI2), a transcription factor of the Hh pathway, at the mother centriole, and loss of CEP164 abolished GLI2 foci and induced GLI2 activation, leading to Cyclin D-CDK6 expression. Furthermore, Cep164-1 cells were more resistant to growth retardation provoked by KRAS depletion than wild-type (WT) cells. Collectively, we propose that CEP164 deficiency provokes de-ciliation and cilia-independent activation of GLI2-Cyclin D/CDK6 axis, thereby leading to PDAC proliferation.



RESULTS


Generation of CEP164-Mutated Panc1 Cells Devoid of Primary Cilia

To elucidate the biological effects of primary cilia loss in PDAC cells, we used Panc1 cells, originally isolated from primary tumors of PDAC (Lieber et al., 1975). Panc1 cells normally assemble primary cilia with low frequency, but their development is stimulated by serum starvation (Figures 1A,B; Nielsen et al., 2008). To obtain experimentally de-ciliated PDAC cells, we performed CRISPR/Cas9-mediated gene editing of CEP164 in Panc1 cells. Following this, sequencing analysis indicated three different alterations leading to premature nonsense codons in Cep164-1 cells (Supplementary Figure 1A). Nevertheless, immunofluorescence of CEP164 revealed faint CEP164 dots at centrioles (Supplementary Figure 1B), indicating that CEP164 was not completely knocked-out in this clone. The guide RNA (gRNA) against CEP164 targets a sequence in close proximity to the initial ATG codon (Supplementary Figure 1A). However, CEP164 lacking the N-terminal region could be translated from another ATG that resides downstream of a premature stop codon in Cep164-1 cells. Accordingly, we considered Cep164-1 as a CEP164 knock-down clone.
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FIGURE 1. CEP164-mutated Panc1 cells show augmented colony-forming properties. (A,B) The indicated Panc1 cells were cultured in serum-fed (FBS+) or serum-starved medium (FBS–) for 48 h and immunostained with anti-glutamylated tubulin (GT335, green) and anti-Arl13b (red) antibodies. (A) Arrows indicate primary cilia. DNA was stained with Hoechst (blue). Scale bar, 10 μm. (B) The percentage of ciliated cells was determined. The average of three to four independent experiments is shown; >200 cells were scored each time. (C–E) The indicated cells were subjected to clonogenic assay. (C) Colonies were visualized with Crystal Violet and imaged. (D) The number of colonies was determined. The average of nine independent experiments is shown. (E) The OD at 595 nm of dissolved colonies was determined. The average of nine independent experiments is shown. (F,G) The indicated cells were subjected to soft agar assay. (F) Colonies were visualized with Crystal Violet and imaged. (G) The number of colonies was determined. The average of five independent experiments is shown. (B,D,E,G) All data are shown as mean ± SEM. **p < 0.01; *p < 0.05 compared with WT (two-tailed Student’s t-test).


We then investigated whether our established Panc1 cells are able to assemble primary cilia. Immunofluorescence experiments with glutamylated tubulin (GT335) and ARL13B antibodies allowed visualization of primary cilia in Panc1 WT cells (Figures 1A,B). In contrast, Cep164-1 cells developed a few primary cilia, but the frequency was considerably lower than that of WT cells (Figures 1A,B). To investigate why Cep164-1 cells lose most of their primary cilia despite having measurable CEP164 at the centrosome, we performed immunostaining for tau tubulin kinase 2 (TTBK2), a kinase essential for ciliogenesis (Goetz et al., 2012). This revealed that TTBK2 was undetectable even at the basal body of primary cilia in Cep164-1 cells (Supplementary Figure 1C). Since TTBK2 is known to be recruited to the basal body through an interaction with the N-terminal region of CEP164, this result suggests that the N-terminal truncated CEP164 in Cep164-1 Panc1 cells is defective in tethering TTBK2 at the centriole, resulting in substantially reduced primary cilia.

To confirm that the observed de-ciliation in Cep164-1 cells was indeed due to depletion of CEP164, we subsequently performed rescue experiments. Primary cilia were significantly ameliorated by ectopic expression of CEP164 protein in Cep164-1 cells (Supplementary Figures 1B,D). These results indicate that the loss of function mutations in CEP164 lead to de-ciliation in Panc1 cells.



Cep164-1 Panc1 Cells Show Enhanced Colony-Forming Ability in vitro

We next conducted an anchorage-dependent colony formation assay (clonogenic assay), which evaluates the reproductive viability of cells. This revealed that Cep164-1 cells formed more colonies than WT (Figures 1C,D), which was corroborated by the optical density (OD) of dissolved colonies (Figure 1E). Importantly, ectopic expression of CEP164 was sufficient to reverse the excess colony formation of Cep164-1 cells (Supplementary Figures 2A,B). These results suggest that CEP164 depletion induces enhanced clonogenicity of Panc1 cells. Next, we immunostained these colony-forming cells to evaluate primary cilia formation and the proportion of cycling cells. Approximately 20% of WT cells expressed primary cilia (Supplementary Figure 2C), indicating that despite the serum-fed cultivation conditions, ciliation is induced by the confluent state of the cells within colonies. The ratio of ciliated cells was inversely correlated with that of Ki67-positive cells in each WT colony (Supplementary Figure 2D). Contrastingly, cells in Cep164-1 colonies assembled a limited number of primary cilia, and coincidentally displayed higher Ki67 expression than WT (Supplementary Figure 2C). These data suggest that lack of primary cilia allows cell cycle progression in colony-forming Panc1 cells.

We subsequently performed an anchorage-independent colony formation assay (soft agar assay). Consistent with the previous clonogenic assay, we observed an increased number of colonies in Cep164-1 cells (Figures 1F,G). Ectopic CEP164 expression significantly overcame this phenotype in Cep164-1 cells (Supplementary Figure 2E). Collectively, these results suggest that ablation of CEP164 endows Panc1 cells with enhanced colony-forming ability.



Chemical De-Ciliation Promotes Clonogenicity of Panc1 Cells

To further examine the impact of de-ciliation on the clonogenic viability of Panc1 cells, we next investigated the effect of ClHy which is known to preclude primary cilia from the cell surface (Ho et al., 2013). Panc1 cells treated with ClHy formed a significantly high number of colonies in the clonogenic assay, phenocopying CEP164 depletion (Figures 2A,B). The ClHy-treated colonies showed higher OD than the control when dissolved in the 1% SDS solution (Figure 2C). We confirmed that ClHy reduces primary cilia in colony-forming cells as expected (Figure 2D). These results strongly suggest that de-ciliation potentiates the clonogenic competency of Panc1 cells.


[image: image]

FIGURE 2. Chemical de-ciliation enhances clonogenicity of Panc1 cells. (A–C) Panc1 cells treated with the indicated concentration of chloral hydrate (ClHy) for 14 days were subjected to clonogenic assay. (A) Colonies were visualized with Crystal Violet and imaged. (B) The number of colonies was determined. The average of three to four independent experiments is shown. (C) The OD at 595 nm of dissolved colonies was determined. The average of three to four independent experiments is shown. (D) Colonies in the clonogenic assay were immunostained with an anti-Arl13b antibody. The percentages of cells with primary cilia in each colony was determined and their averages are shown. Number of colonies analyzed = 40 (DW), 45 (0.1 mM ClHy), 56 (0.2 mM ClHy). (B–D) All data are shown as mean ± SEM. **p < 0.01; *p < 0.05 compared with distilled water (DW) (two-tailed Student’s t-test).




CEP164 Depletion Alters Cell Cycle Progression in Panc1 Cells

We assessed the proliferative ability of Cep164-1 cells under normal culture condition. Although the percentages of nuclei positive for Ki67 were comparable between WT and Cep164-1 cells (Supplementary Figure 3A), FACS analysis revealed an increase in G2/M phase and a concurrent decrease in G0/G1 phase in Cep164-1 cells (Figure 3A), suggesting a high proliferative potential compared to WT cells. Given that Panc1 cells assemble less than 4% of primary cilia in serum-fed cultivation (Figure 1B), this cell cycle alteration is likely to occur independent of de-ciliation in Cep164-1 cells. No impact on cell cycle of ClHy-treated Panc1 cells, irrespective of ciliation decrease, was observed to support this hypothesis (Supplementary Figures 3B,C). To investigate possible explanations for Cep164-1 cell cycle change, we evaluated the expression of major CDKs and Cyclins using quantitative PCR. We detected significant elevations in cyclin dependent kinase 4 (CDK4), CDK6, Cyclin A2/CCNA2, Cyclin D1/CCND1, and Cyclin D2/CCND2 expression in Cep164-1 (Cep164-1 + EV) cells compared to that in WT (WT + EV) and rescue (Cep164-1 + Cep164) cells (Figure 3B). In particular, CDK6, Cyclin D1, and Cyclin D2 were substantially increased in Cep164-1 cells. We further detected augmented protein expression of Cyclin D1, Cyclin D3, and CDK6 in Cep164-1 cells by immunoblot analysis (Figure 3C). In contrast, ClHy-treatment did not enhance Cyclin D-CDK4/6 expression (Supplementary Figure 3D). These data suggest that CEP164 depletion hastens cell cycle progression through excess expression of D-type Cyclins-CDK6, probably independent of de-ciliation.
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FIGURE 3. CEP164 depletion accelerates the cell cycle by elevation of Cyclin D-CDK6. (A) The indicated Panc1 cells were cultured in serum-fed medium for 48 h and analyzed using FACS. The proportion of cells at each cell cycle stage was determined. The average of three independent experiments is shown. (B,C) The indicated Panc1 cells were cultured in serum-fed medium for 48 h. (B) Relative amounts of the indicated mRNA were determined using quantitative PCR. GAPDH was used as a control. The average of four to eight independent experiments is shown. (C) Cell extracts were immunoblotted with indicated antibodies. β-Actin was used as a loading control. The amount of indicated proteins was quantified using ImageJ, and the relative values and GLI2FL/GLI2R ratio are shown below the image. (A,B) All data are shown as mean ± SEM. *p < 0.05 compared with Cep164-1 + EV (A) (Chi-squared test), compared with WT + EV and Cep164-1 + Cep164 (B) (two-tailed Student’s t-test). Uncropped images of western blots are shown in Supplementary Figure 5.




Ablation of CEP164 Induces Activation of GLI2 Transcription Factor of the Hh Pathway

CCND1, CCND2, and CDK6 are target genes of Hh signaling (Katoh and Katoh, 2009; Raleigh et al., 2018). We also validated mRNA expression of known Hh-related genes, Patched 1/PTCH1 and snail family transcription repressor 1 (Snail/SNAI1), and found them to be up-regulated in Cep164-1 cells (Figure 3B). These data suggest that the Hh pathway is activated in Cep164-1 cells. As GLI2 is the principal regulator among GLI family of transcription factors which mediate the Hh signaling (Briscoe and Thérond, 2013), we investigated GLI2 expression and detected GLI2 dot at non-ciliated centriole in Panc1 cells using immunofluorescence analysis (Figure 4A). This GLI2 dot was significantly diminished in Cep164-1 cells (Figures 4A–C), suggesting that CEP164 is required for GLI2 to locate at centrioles without primary cilia. Importantly, GLI2 overlapped with CEP164 at the mother centriole (Figure 4D). Furthermore, immunoblot analysis using a previously validated GLI2 antibody that recognizes both full length and repressor form of GLI2 (GLI2FL and GLI2R, respectively) showed that the amount of GLI2R was reduced, thereby causing GLI2 activation (increase in GLI2FL/GLI2R) in Cep164-1 cells (Figure 3C; Nielsen et al., 2008). Altogether, these data suggest that CEP164 depletion abrogates GLI2 localization to the mother centriole and production of GLI2R, inducing GLI2 activation and Cyclin D-CDK6 expression.
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FIGURE 4. GLI2 dot disappears from the mother centriole in CEP164-mutated Panc1 cells. (A–C) The indicated cells were cultured in serum-fed medium for 48 h and immunostained with anti-glutamylated tubulin (green) and anti-GLI2 (red) antibodies. (A) DNA was stained with Hoechst (blue). Scale bar, 2.5 μm. (B) The percentage of cells with GLI2 dot at the non-ciliated centrosome was determined. The average of three independent experiments is shown; >100 cells were scored each time. (C) The quantified fluorescence intensity of GLI2 at centrosome is shown. n = 31 (WT + EV), 25 (Cep164-1 + EV), 35 (Cep164-1 + Cep164). (D) Panc1 cells were cultured in serum-fed medium for 48 h and immunostained with anti-CP110 (red), anti-CEP164 (blue), and anti-GLI2 (green) antibodies. Two representative images are shown. Scale bar, 2.5 μm. (B,C) All data are shown as mean ± SEM. **p < 0.01 compared with Cep164-1 + EV (B) (Chi-squared test), compared with Cep164-1 + EV (C) (two-tailed Student’s t-test).




Cep164-1 Cells Are Tolerant to Growth Retardation Provoked by KRAS Depletion

Constitutively active KRAS is a hallmark of PDAC which is expressed in Panc1 cells. Several studies have demonstrated that acute KRAS silencing hampers the proliferation of PDAC cell lines (Brummelkamp et al., 2002; Singh et al., 2009; Collisson et al., 2011). We previously reported that siRNA-mediated silencing of KRAS restores primary cilia and thereby disrupts Ki67 expression in Panc1 cells (Kobayashi et al., 2017). Based on these studies, we investigated whether KRAS depletion suppresses the growth of Cep164-1 cells which have limited ability of ciliogenesis, and conducted siRNA-mediated silencing of KRAS in Cep164-1 cells (Figure 5A). Knock-down of KRAS restored primary cilia formation and concurrently impeded the proliferation of Panc1 cells (Figures 5B–E). In contrast, KRAS ablation did not restore primary cilia in Cep164-1 cells and had lesser effect on their proliferation (Figures 5B–E). Ectopic CEP164 expression significantly reversed this phenotype in Cep164-1 cells (Supplementary Figure 4). These results suggest that the inhibitory effect of KRAS ablation on the proliferation of PDAC cells partly depends on CEP164 expression.
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FIGURE 5. Cep164-1 cells are moderately tolerant to growth delay provoked by KRAS depletion. (A–E) The indicated cells transiently transfected with siLucifearase (Luc) or siKras were cultured for 5 days. (A) Cell extracts were immunoblotted with an anti-KRAS antibody. β-Actin was used as a loading control. The amount of indicated proteins was quantified using ImageJ, and the relative values are shown below the image. (B) Cells were immunostained with an anti-Arl13b (green) antibody. DNA was stained with Hoechst (blue). White arrows indicate primary cilia. Scale bar, 10 μm. (C) The percentage of ciliated cells was determined. The average of three independent experiments is shown; >200 cells were scored each time. (D) Cells were subjected to Crystal Violet assay. Representative images are shown. Scale bar, 100 μm. (E) The OD at 595 nm of dissolved cells was determined. The average of five independent experiments is shown. (C,E) All data are shown as mean ± SEM. **p < 0.01; *p < 0.05 compared with siLuc (C) or WT (E) (two-tailed Student’s t-test). Uncropped images of western blots are shown in Supplementary Figure 5.




DISCUSSION

Primary cilia in Panc1 cells contain signaling proteins such as PTCH1 and smoothened (SMO) which suggests that they maintain their functional integrity (Nielsen et al., 2008). We targeted CEP164 to obtain de-ciliated Panc1 cells since this protein is known to be required for ciliogenesis in mammalian cells (Graser et al., 2007; Schmidt et al., 2012; Daly et al., 2016; Siller et al., 2017). Chemical elimination of primary cilia as well as CEP164 depletion significantly enhanced the clonogenicity of Panc1 cells, allowing us to conclude that over-proliferation, at least in part, occurs as a result of de-ciliation in PDAC cells. Based on our data and the results of a previous study (Deng et al., 2018), primary cilia appear to be suppressors of PDAC proliferation. This notion is supported by the fact that PDAC cells gradually lose primary cilia over time (Schimmack et al., 2016; Deng et al., 2018). Conversely, a clinical report showed that the presence of primary cilia correlates with poor prognosis of PDAC patients (Emoto et al., 2014), suggesting the possibility of a promotive role of primary cilia. Further studies will be needed to clarify the circumstances under which the primary cilia promote or suppress PDAC growth in vivo as well as in vitro.

Thus far, several reports have shown cell cycle variation in cells depleted of CEP164 (Sivasubramaniam et al., 2008; Chaki et al., 2012; Slaats et al., 2014; Liu et al., 2017); however, the distribution of each phase is inconsistent among cell types and the molecular mechanism remains unknown. Herein, we discovered a notable increase in Cyclin D-CDK6 as well as cell cycle alteration in CEP164-mutated Panc1 cells. These phenotypes are observed in serum-fed cultivation in which primary cilia are rarely assembled in Panc1 cells. In addition, ClHy-dependent reduction of primary cilia did not impact the cell cycle and Cyclin D-CDK6 expression. These results strongly indicate that CEP164 contributes to the cell cycle regulation independent of primary cilia. Given that Cyclin D1 and Cyclin D3 expression is much higher than that of Cyclin D2 in PDAC cells (Radulovich et al., 2010), these D-type Cyclins appear to play a predominant role in PDAC cell proliferation. In line with Cyclin D-CDK6 complex regulation of the G1-S transition of the cell cycle, the distribution of the G0/G1 phase is decreased in Cep164-1 cells. A previous study has demonstrated that CDK6 is a transcriptional target of GLI2 (Raleigh et al., 2018). Cyclin D1 and Cyclin D2 are also known to be target genes of the Hh pathway (Katoh and Katoh, 2009). Based on the available knowledges and our data, we focused on GLI2. While GLI2 is known to localize to the ciliary shaft and tip of primary cilia in PDAC cells (Nielsen et al., 2008), its localization in non-ciliated cells remains to be identified. We detected GLI2 foci almost overlapping with CEP164 at the DA of the mother centriole without primary cilia. Moreover, we found that CEP164 depletion induces reduction of GLI2 from the mother centriole and GLI2 activation. These findings suggest a mechanistic model in which CEP164 tethers and/or recruits GLI2 at the DA of the mother centriole to produce GLI2R. Protein kinase A (PKA) regulates phosphorylation and activation of GLI2 at the basal body of primary cilia in mouse embryo (Tuson et al., 2011). Besides, DAZ-interacting zinc finger protein 1 (DZIP1) has been reported to be located at the basal body, and is required for CEP164 localization and GLI2 activation in mouse embryo (Wang et al., 2013). Therefore, combined with these proteins, CEP164 might control GLI2 truncation irrespective of presence or absence of primary cilia in PDAC cells.

The present study suggests that decreased CEP164 expression is favorable for PDAC proliferation through a dual mechanism, namely de-ciliation and primary cilium-independent GLI2-Cyclin D/CDK6 activation. The fact that low CEP164 expression is a poor prognostic factor in pancreatic cancer patients supports this hypothesis (Uhlen et al., 2017). Our data suggest that PDAC cells that lack CEP164 are less sensitive to growth inhibition provoked by KRAS silencing. Although KRAS and its downstream effectors are promising therapeutic targets of PDAC, there are still no effective approaches (Waters and Der, 2018). Our findings offer the potential to improve PDAC treatment. Since CEP164 loss induces excess Cyclin D-CDK6 expression in PDAC cells, concurrent treatment of CDK6 inhibitors with KRAS-targeting therapy could be worth pursuing. Besides, considering the de-ciliation-dependent over-proliferation of CEP164-depleted PDAC cells, KRAS-targeted therapy might be effective in combination with an agent which ameliorates ciliogenesis. HDAC inhibitors are known to restore primary cilia in PDAC cells (Kobayashi et al., 2017), and combinatorial inhibition of KRAS-effectors and HDACs inhibits PDAC growth considerably more than singular treatment (Ischenko et al., 2015). It may also be possible to utilize ciliogenic compounds effective for several cancer cells in a similar manner (Khan et al., 2016). Further studies aimed at defining the relevance of ciliation or de-ciliation to the efficacy of various anticancer treatments may lead to better strategies to treat the intractable cancer, PDAC.

Further investigations are warranted to determine how de-ciliation induces PDAC cells proliferation. Loss of primary cilia has been shown to potentiate the MVA pathway thereby promoting the transformation of pancreatic ductal cells (Deng et al., 2018); however, we were unable to detect genes up-regulation of the pathway in the Cep164-1 and ClHy-treated cells (data not shown). Unidentified centrioles- and/or primary cilia-dependent signaling might be involved in this process. Alternatively, detached centrioles from plasma membrane could accelerate the cell cycle, especially during mitosis, which is a subject for future studies.



MATERIALS AND METHODS


Cell Culture

Panc1 (American Type Culture Collection), Cep164-1 Panc1 (this study), and Lenti-X 293T (gift from M. Hagiwara) cells were grown in Dulbecco’s Modified Eagle Medium (DMEM) (Nacalai Tesque) supplemented with 10% Fetal Bovine Serum (FBS) (Biosera) and 100 units/ml penicillin and 100 μg/ml streptomycin (P/S) (Nacalai Tesque). Panc1 cells were established from primary tumors of PDAC and are known to assemble primary cilia (Lieber et al., 1975; Nielsen et al., 2008).



Antibodies and Reagents

Antibodies used in this study include mouse anti-glutamylated tubulin (GT335) (1:1000, Adipogen, AG-20B-0020), rabbit anti-ARL13B (1:1000, Proteintech, 17711-1-AP), mouse anti-ARL13B (1:1000, NeuroMab, 75-287), mouse anti-CEP164 (1:500, Santa Cruz, sc-515403), rabbit anti-Ki67 (1:2000, Abcam, ab15580), rabbit anti-TTBK2 (1:500, Sigma-Aldrich, HPA018113), rabbit anti-CP110 (1:1000, gift from B. D. Dynlacht), rabbit anti-KRAS (1:2000, Proteintech, 12063-1-AP), rabbit anti-CDK4 (1:400, Santa Cruz, sc-260), mouse anti-CDK6 (1:400, Santa Cruz, sc-7961), mouse anti-Cyclin D1 (1:400, Santa Cruz, sc-8396), mouse anti-Cyclin D2 (1:400, Santa Cruz, sc-53637), mouse anti-Cyclin D3 (1:400, Santa Cruz, sc-6283), goat anti-GLI2 [1:100 (IF), 1:400 (WB), Santa Cruz, sc-271786], and mouse anti-β-Actin (1:1000, Santa Cruz, sc-47778). Reagents used in this study include Chloral Hydrate (Nacalai Tesque, 07922-62), Hoechst 33342 (Nacalai Tesque, 04915-82), and Propidium Iodide (PI) (Nacalai Tesque, 29037-76).



Plasmids

To generate gRNA targeting CEP164, annealed oligo was inserted into PX458 [pSpCas9(BB)-2A-GFP] (Addgene) (Ran et al., 2013). Oligo DNAs are listed in Supplementary Table 1.

To generate Flag-CEP164, human CEP164 fragment encoding residue 1-4383 was excised from pEGFP-N3-CEP164 (gift from S. Chiba) and sub-cloned into pLVX-3Flag-IRES-Puro (gift from B. D. Dynlacht).

Plasmid transfection into Panc1 and Lenti-X 293T cells was performed using Lipofectamine 2000 (Invitrogen) and PEI Max (Polysciences) according to the manufacturer’s instruction, respectively.



Generation of Cep164-1 Cells

PX458-CEP164 plasmid was transfected into Panc1 cells using Lipofectamine 2000. Transfected cells were cultured for 72 h and singly sorted into 96-well plates by GFP signal using FACSAria (BD biosciences). Genome DNA was extracted from survival cells using QuickExtract DNA Solution 1.0 (epicentre), and amplified PCR products using primers listed in Supplementary Table 1 were sub-cloned into pGEM-T Easy (Promega). Purified plasmid DNAs were sequenced using M13 primers.



Generation of Rescue Cells

Lentivirus supernatant was produced by co-transfection of pLVX-IRES-Puro [Empty Vector (EV)] or pLVX-3Flag-CEP164-IRES-Puro (CEP164) with Δ8.9, pcRev, and VSVG plasmids (gift from M. Hagiwara) into Lenti-X 293T cells using PEI Max. The virus supernatant was harvested 72 h post-transfection and concentrated using Lenti-X Concentrator (Clonetech). Panc1 cells were incubated with virus in the presence of 5 μg/ml polybrene (Nacalai Tesque) for 72 h. The infected Panc1 cells were subsequently cultured in medium with 5 μg/ml puromycin (Nacalai Tesque) for 8 days. Established cells (WT + EV, Cep164-1 + EV, and Cep164-1 + Cep164) were cultured in medium with 3 μg/ml puromycin.



Proliferation Assay

For crystal violet assay [growth assay on 2-dimensional (2D) plastic dish, Figure 5), 2 × 103 cells were seeded in 96-well plate and cultured for 24 h. Following siRNA transfection, cells were cultured for 5 days. Cells were washed with phosphate-buffered saline (PBS) twice and stained with 0.2% Crystal Violet (Nacalai Tesque) in 20% MeOH for 10 min. After washing with PBS four times, cells were observed and imaged using AxioObserver (Zeiss) with a 10× lens. Cells were subsequently dissolved with 1% SDS and OD was measured at 595 nm.

For clonogenic assay (colony formation on 2D plastic dish), 5 × 102 cells were seeded in 12-well plate and cultured for 14 days. Staining with Crystal Violet and following measurement of OD were performed as described in crystal violet assay. Number of colonies was determined using phase contrast microscope and photographed using LAS4000 (FujiFilm).

For soft agar colony formation assay, 1 × 103 cells were mixed with 0.7% Agar/medium on 1% Agar/medium in 6-well plate. A 1-ml medium was overlaid on the gel to avoid drying. After 14 days, colonies were stained with 0.02% Crystal Violet in 20% MeOH for 2 h. Number of colonies was determined using phase contrast microscope.



RNAi

Synthetic siRNA oligonucleotides were obtained from Dharmacon. The siRNA for luciferase (siLuc) was 5′-CGTACGCGGAATACTTCGA-3′, while that for Kras was 5′-GGAGGGCTTTCTTTGTGTA-3′ (Kobayashi et al., 2017). Three picomoles siRNA was transfected into Panc1 cells in 96-well plate using Lipofectamine RNAiMAX (Invitrogen) according to the manufacturer’s instruction.



Western Blotting

Cells were lysed with lysis buffer (50 mM Hepes pH 7.5, 150 mM NaCl, 5 mM EDTA, 0.5% NP-40, 10% Glycerol, 1 mM DTT, 0.5 mM PMSF, 2 μg/ml leupeptin, 5 mM NaF, 10 mM β-Glycerophosphate, and 1 mM Na3VO4) at 4°C for 30 min. A 20 μg (Figure 3C) or 6 μg (Figure 5A) lysate was loaded and analyzed using SDS-PAGE and immunoblotting. Pixel intensities of the images were quantified using ImageJ.



Immunofluorescence Microscopy

Immunofluorescence microscopy was conducted as previously described (Dateyama et al., 2019). Briefly, cells were fixed with cold methanol for 5 min or 4% PFA in PBS for 10 min, and permeabilized with 0.2% Triton X-100/PBS for 10 min. Slides were blocked with 5% BSA/PBS prior to incubation with primary antibodies. Primary and secondary antibodies were diluted to the desire concentrations using 5% BSA/PBS. Secondary antibodies used were AlexaFluor350-, AlexaFluor488-, or AlexaFluor594- conjugated donkey anti-mouse, anti-rabbit, or anti-goat IgG (Invitrogen). Cells were stained with Hoechst33342 to visualize DNA. Mounted slides with PermaFluor Mounting Medium (Thermo Fisher Scientific) were observed and imaged using AxioObserver with a 63× lens. The pixel intensities of GLI2 in proximity to centrosome were quantified using ImageJ as previously described (Kobayashi et al., 2014).



Flow Cytometry

Cells were fixed with cold ethanol for 30 min, stained with PI for 45 min, and analyzed using FACS Calibur (BD Biosciences). Data were analyzed using FlowJo software (FlowJo).



Quantitative PCR

Total RNA was isolated from cultured cells using Sepasol (Nacalai Tesque), and following reverse transcription reaction was performed using ReverTra Ace qPCR RT kit (TOYOBO). Quantitative PCR (qPCR) was performed using THUNDERBIRD SYBR qPCR mix (TOYOBO) and LightCycler96 (Roche). All reaction was conducted according to the manufacturer’s instruction. Primers are listed in Supplementary Table 2.



Statistical Analysis

The statistical significance of the difference was determined using two-tailed Student’s t-test (except for Figures 3A, 4B and Supplementary Figure 3C) or Chi-squared test (Figures 3A, 4B and Supplementary Figure 3C). Figure legends indicate the number of independent replicates conducted and the number of cells analyzed for each replicate. Differences were considered significant when p < 0.05. ∗∗p < 0.01; ∗p < 0.05.
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Primary cilia are microtubule-based organelles that extend from the apical surface of most mammalian cells, forming when the basal body (derived from the mother centriole) docks at the apical cell membrane. They act as universal cellular “antennae” in vertebrates that receive and integrate mechanical and chemical signals from the extracellular environment, serving diverse roles in chemo-, mechano- and photo-sensation that control developmental signaling, cell polarity and cell proliferation. Mutations in ciliary genes cause a major group of inherited developmental disorders called ciliopathies. There are very few preventative treatments or new therapeutic interventions that modify disease progression or the long-term outlook of patients with these conditions. Recent work has identified at least four distinct but interrelated cellular processes that regulate cilia formation and maintenance, comprising the cell cycle, cellular proteostasis, signaling pathways and structural influences of the actin cytoskeleton. The actin cytoskeleton is composed of microfilaments that are formed from filamentous (F) polymers of globular G-actin subunits. Actin filaments are organized into bundles and networks, and are attached to the cell membrane, by diverse cross-linking proteins. During cell migration, actin filament bundles form either radially at the leading edge or as axial stress fibers. Early studies demonstrated that loss-of-function mutations in ciliopathy genes increased stress fiber formation and impaired ciliogenesis whereas pharmacological inhibition of actin polymerization promoted ciliogenesis. These studies suggest that polymerization of the actin cytoskeleton, F-actin branching and the formation of stress fibers all inhibit primary cilium formation, whereas depolymerization or depletion of actin enhance ciliogenesis. Here, we review the mechanistic basis for these effects on ciliogenesis, which comprise several cellular processes acting in concert at different timescales. Actin polymerization is both a physical barrier to both cilia-targeted vesicle transport and to the membrane remodeling required for ciliogenesis. In contrast, actin may cause cilia loss by localizing disassembly factors at the ciliary base, and F-actin branching may itself activate the YAP/TAZ pathway to promote cilia disassembly. The fundamental role of actin polymerization in the control of ciliogenesis may present potential new targets for disease-modifying therapeutic approaches in treating ciliopathies.
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INTRODUCTION

Primary cilia are microtubule-based organelles that extend from the apical surface of the majority of mammalian cells (Figure 1). Cilia act as “cellular antennae” in vertebrates, receiving diverse inputs from the extracellular environment and transducing signals in response. These signal inputs vary but include mechanical stimuli, for example urine fluid shear stress in kidney epithelial cells (Schwartz et al., 1997); proteins, such as those of the Sonic Hedgehog (Shh) pathway (Huangfu et al., 2003); and low molecular weight chemicals such as dopamine (Atkinson et al., 2015). The specialized cilium of the photoreceptor, the retinal outer segment, is also capable of sensing and transducing signals in response to light (Molday and Moritz, 2015). Cilia responses contribute to the control of developmental signaling and cell proliferation, as well as the establishment of cell polarity (Ross et al., 2005).
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FIGURE 1. The primary cilium, actin dynamics and the actin cytoskeleton. Main panel: The primary cilium and the actin cytoskeleton. The primary cilium forms when the mother centriole docks at the apical membrane to form the basal body. Microtubules (gray cylinders) then nucleate at the basal body to initiate formation of the axoneme with a 9+0 microtubule arrangement. The sub-distal appendages mediate microtubule anchoring, and the pericentriolar material may act as a microtubule organizing center. Y-shaped links (dark brown) connect the microtubule doublets to the ciliary membrane at the ciliary transition zone, which acts as a gate to control the entry and exit of proteins and lipids. Intraflagellar transport (IFT) protein complexes (orange and yellow) transport cargo (indicated by arrows) along the axoneme by using microtubule based motor proteins. The ciliary pocket is an endocytic membrane domain around the base of the cilium implicated in actin dynamics, the transport of membrane associated proteins to cilia and in ciliary disassembly. The ciliary tip is a source of extracellular vesicles and is involved in early ciliary disassembly through decapitation. The actin cytoskeleton modulates ciliogenesis through effects on both vesicle trafficking (lower left; tan symbols and dashed arrow) and actin cytoskeleton remodeling mediated by acto-myosin contractions (lower right; green symbols and arrows). Actin-binding proteins are indicated by dark red symbols. Inset left: Microfilament assembly and treadmilling. Actin is present in cells as both a monomer (globular, G-actin) and a polymer (filamentous, F-actin). Actin binds and can hydrolyze ATP to ADP. There is preferential additional of ATP-bound monomers to the (+) end of the polymer and ATP is hydrolyzed upon filament assembly. The preferential dissociation of ADP-bound actin results in a “treadmilling” effect, whereby the F-actin filaments exhibit net growth at their (+) ends and net dissociation at their (−) ends. Both polymerization and depolymerization require actin binding proteins. Profilin can sequester G-actin from the pool of actin monomers but can also catalyze the exchange of ADP to ATP, converting monomers to the more polymerizable ATP-bound form. Actin polymerization requires nucleating factors, such as Spire or formins, or the actin-related protein complex (ARP2/3). Actin depolymerization remains incompletely understood but members of the yeast actin depolymerization factor (ADF)/cofilin family can enhance dissociation of monomers from the (−) end. Inset right: Actin cytoskeleton organization. Many actin binding proteins can alter the arrangement and structure of F-actin. ARP2/3 can elicit F-actin branching. Members of the yeast actin depolymerization factor (ADF)/cofilin family can both enhance dissociation of G-actin monomers from the (−) end and can sever filaments to produce additional (−) ends. Filamins and various other actin binding proteins can crosslink actin to form complex networks, can anchor F-actin to membranes and can bundle actin into stress fibers.


Mutations in ciliary genes cause a group of inherited Mendelian developmental disorders termed ciliopathies. Ciliopathies are individually rare but collectively common, affecting up to 1 in 725 people (Wheway et al., 2019). These heterogeneous conditions include kidney diseases, blinding disorders, obesity associated diseases, severe neurodevelopmental abnormalities and skeletal dysplasias [reviewed in Tobin and Beales (2009) and Waters and Beales (2011)]. Ciliopathies can result from defects in the organization or function of the main ciliary components such as the basal body or transition zone, or can be due to deficits in the trafficking of ciliary axoneme components or the transcriptional regulation of ciliogenesis (Reiter and Leroux, 2017).

Treatment options for ciliopathies have been limited to date and have focused on alleviating symptoms rather than treating the causes. Although antisense oligonucleotides, gene replacement therapies and gene editing represent possible future therapeutic avenues for ciliopathies, none are yet licensed (Kim and Kim, 2019). Currently, only one drug is licensed for the treatment of any ciliopathy, Tolvaptan, which has been shown to slow the decline of renal function for patients with autosomal dominant polycystic kidney disease (ADPKD) (Torres et al., 2012, 2017). Tolvaptan is a selective vasopressin V2 receptor antagonist, which ultimately decreases cAMP, reduces activation of protein kinase A and decreases the number of aquaporin channels in the collecting ducts of the kidney (Torres et al., 2012, 2017). This increases water excretion and helps to reduce cyst swelling, slowing decline in kidney function (Gattone et al., 2003; Wang et al., 2008; Meijer et al., 2011; Torres et al., 2012). Unfortunately, Tolvaptan is poorly tolerated due to its common side effects, including polyuria, increased thirst, pollakiuria and xerostomia (Gansevoort et al., 2016), as well as liver damage that resolves upon discontinuation of the drug treatment (Torres et al., 2012). Many other trials are ongoing, including agents to reduce obesity in Bardet-Biedl syndrome and Alström syndrome (NCT03746522) and neurotrophic (NCT00447993 and NCT0447980), anti-apoptotic drugs (Rossetti et al., 1990; Piano et al., 2013; Byrne et al., 2016) and antioxidants (Dias et al., 2018) to treat retinal diseases. Pharmacological agents (for example, the cyclin-dependent kinase inhibitors (R)-roscovitine or the derivative (S)-CR8) that shorten cilia have been tested in animal models of ADPKD with some success (Husson et al., 2016). In addition, many small molecule screens have highlighted several promising compounds and target signaling pathways for further testing (Khan et al., 2016; Booij et al., 2017; Kim et al., 2018).

Understanding of cilia and ciliogenesis will be key to formulating new treatments for ciliopathies. Cilia form cells in G1 or G0 when the mother centriole docks at the apical cell membrane to form the basal body. This event prompts the local clearance of the layer of cortical actin bound to the plasma membrane (Francis et al., 2011). Microtubules then nucleate at the basal body to initiate the formation of the axoneme. Ciliogenesis is therefore dependent on the cell cycle, is modified by inputs from signaling pathways, but is also heavily influenced by the actin cytoskeleton.

The actin cytoskeleton is composed of microfilaments that are formed from filamentous (F) polymers of globular G-actin subunits (Lodish et al., 2000; Figure 1, left inset). Actin filaments are organized into bundles and networks that are attached to the cell membrane by diverse cross-linking proteins. During cell migration, actin filament bundles form either radially at the leading edge or as axial stress fibers. Early studies demonstrated that loss-of-function mutations in ciliopathy genes increased stress fiber formation and impaired ciliogenesis (Dawe et al., 2007; Valente et al., 2010) whereas pharmacological inhibition of actin polymerization promoted ciliogenesis (Bershteyn et al., 2010; Kim et al., 2010; Sharma et al., 2011). These studies suggested that polymerization of the actin cytoskeleton, F-actin branching and the formation of stress fibers all negatively influence primary cilium formation, whereas depolymerization or depletion of actin enhances ciliogenesis (Avasthi and Marshall, 2012; Malicki and Johnson, 2017). Further support that perturbation of the actin cytoskeleton affects ciliogenesis came from a functional genomics screen to identify positive and negative regulators of ciliogenesis (Kim et al., 2010).

Here we review the current understanding of how the actin cytoskeleton influences ciliogenesis and cilia-dependent cellular functions, such as the maintenance of apico-basal polarity, and the mechanistic basis for these effects. We also discuss the potential for the use of this knowledge to highlight new targets for disease-modifying therapeutic approaches in treating ciliopathies. We do not discuss the roles of signaling pathways mediated by cilia that affect the actin cytoskeleton. Instead, we direct the reader to another recent review which covers this topic (Brücker et al., 2020).



THE ACTIN CYTOSKELETON

Actin was discovered in 1887, initially named “myosin ferment” (Halliburton, 1887), it was then isolated from muscle preparations in 1942 (Straub, 1942). It was not until the 1960s that actin was detected in non-muscle cells (Hatano and Oosawa, 1966; Miki-Noumura and Oosawa, 1969). Actin is an abundant, intracellular cytoskeletal protein that is ubiquitous in eukaryotic cells. There are different isoforms, each encoded by one of six genes in mammals [reviewed in Perrin and Ervasti (2010)]. Actin also undergoes various post translational modifications that are important to its functions [reviewed in Varland et al. (2019)]. It can be present as a free monomer, namely globular actin (G-actin), or polymerized into linear filamentous actin (F-actin) (Straub, 1943). F-actin is a major component of the cytoskeleton, a dynamic network that supports and maintains cellular shape and polarity, whilst also enabling cells to migrate. F-actin is present in cells in part as a microfilament network, which makes up the cortical actin layer that supports the cell membrane. The spontaneous formation of actin filaments in high salt conditions hindered efforts to crystallize actin for structural analysis. High resolution crystal structures of both G-actin and F-actin were finally reported in 1990 (Holmes et al., 1990; Kabsch et al., 1990). The 43kDa G-actin molecule is folded into two similarly sized domains, separated by a cleft that harbors a binding pocket for small molecules, for example ATP in vivo or inhibitors (Kabsch et al., 1990).

F-actin is a dynamic polymer with structural polarity due to the common orientation of its subunits. It consists of two twisted helices with an approximate diameter of 5–9 nm (Holmes et al., 1990). Conventional nomenclature for each filament end is derived from the appearance of microfilaments during transmission electron microscopy imaging of samples treated with myosin S1 fragments (the head and neck domains of non-muscle myosin II), subsequently fixed with tannic acid (Begg et al., 1978). Images show myosin-stained actin filaments as “feather-ended arrows.” The positive (+) end is the “feathered” barbed end of the “arrow,” for which myosin molecules are the “feathers” and actin the “arrow” shaft. Conversely, the minus (−) end is named the pointed end because it is not decorated with myosin in this context (Figure 1, left inset).

The majority of studies of actin polymerization and depolymerization have been carried out in vitro rather than in vivo. In vivo dynamic actin processes are estimated to occur at least 100 times faster than in vitro (Zigmond, 1993) and are likely controlled by the cumulative effects of many different proteins, meaning that the in vivo processes are hard to study. The complexity and speed of signals and responses also show how specific and rapid the modulation of the actin cytoskeleton can be to different stimuli.

Within cells, both polymerization and depolymerization require actin binding proteins (Supplementary Table 1 and Figure 1, right inset). Actin polymerization occurs when G-actin monomers nucleate to initiate the formation of the F-actin polymer. This requires nucleating factors, such as Spire or formins, or the actin-related protein complex (ARP2/3) which can also act to create branches within filaments (Goley and Welch, 2006; Dominguez, 2009). Many other proteins alter actin polymerization and depolymerization kinetics through a variety of other mechanisms. These include binding actin monomers and capping, crosslinking and stabilizing actin filaments (Figure 1, right inset). There are also many actin-binding proteins responsible for actin depolymerization, although this remains incompletely understood. Members of the yeast actin depolymerization factor (ADF)/cofilin family can both enhance dissociation of monomers from the (−) end (Carlier et al., 1997) and can sever filaments to create additional (−) ends (Maciver et al., 1998).

F-actin branching is important in the formation of cellular protrusions, including cilia, lamellipodia and microvilli, and is mediated through the action of the actin-related protein complex (ARP2/3) and Wiskott-Aldrich syndrome proteins (WASp) (Khaitlina, 2014). ARP2/3 creates branches at 70° to the plane of the original actin filaments which help to establish a supportive meshwork for membrane protrusions (Mullins et al., 1998). Branching is an important consideration in disassembly too, since ADF/cofilin preferentially disassembles branched networks rather than either parallel or antiparallel filament bundles (Gressin et al., 2015). Filament severing then occurs at the boundaries between bare and cofilin-bound filament segments, so that cofilin binding density regulates overall filament length (Suarez et al., 2011).

Actin binds and can hydrolyze ATP to ADP (Pollard et al., 2000). This ability, in part, creates the polarity of the actin filaments, along with the preferential additional of monomers to the (+) end of the polymer. Although ATP hydrolysis is not itself required for polymerization (Cooke, 1975), the critical concentration of actin required for polymerization to occur is lower when ATP is bound to G-actin monomers, than when ADP is bound. ATP is hydrolyzed upon filament assembly and makes filaments stiffer (Janmey et al., 1990), but this process lags behind monomer additions, creating a gradient of decreasing ATP-bound actin towards the (−) end of the filament (Carlier et al., 1984; Carlier, 1990). The preferential dissociation of ADP-bound actin results in a “treadmilling” effect, whereby the F-actin filaments exhibit net growth at their (+) ends and net dissociation at their (−) ends (Wegner, 1982). The effect of treadmilling is to create protrusive force in one direction which can be harnessed by motile cells through the formation of structures such as lamellipodia, which are transient actin filament-filled membrane protrusions (Atilgan et al., 2006). Microvilli are also cellular membrane projections formed by treadmilling (Lodish et al., 2000). These dynamic equilibria within actin regulation present another opportunity for modulation by actin binding proteins. Some proteins act by sequestering ATP-bound G-actin monomers to negatively affect filament growth, for example, thymosin beta 4 (Carlier et al., 1993). Others enhance the nucleotide exchange properties of actin to promote growth, for example profilin (Goldschmidt-Clermont et al., 1991).

F-actin also forms microfilament bundles which, together with non-muscle myosin-based motor proteins and actin cross-linking proteins, form stress fibers. Stress fibers are contractile bundles of 10–30 actin filaments, crosslinked by alpha-actinin, found in non-muscle cells with important roles in adhesion, migration, morphogenesis and mechanotransduction (Tojkander et al., 2012). Within stress fibers, myosin II protein can slide along individual actin filaments but non-muscle myosin II can also form bipolar filaments whereby the myosin II heads can also attach to different actin filaments, sliding one actin filament against another to create contractile force (Vicente-Manzanares et al., 2009). Stress fibers vary greatly in their morphology and attachment to focal adhesions, and the processes of their formation and modulation are incompletely understood. Cytokinetic rings, which form during the final step of cell division are another example of a contractile, non-muscle, acto-myosin structure in animal cells (Miller, 2011).

Overall, the highly dynamic and responsive turnover of actin microfilaments enables the rapid reorganization of the actin cytoskeleton in response to extracellular and intracellular cues, particularly for processes dependent on membrane remodeling such as endocytosis and cytokinesis (Fürthauer and González-Gaitán, 2009) and the long-range intracellular transport of vesicles (Schuh, 2011). The large number of proteins that actin is known to interact with (>150 actin binding proteins) provides extensive opportunity for localized fine-tuning of the actin cytoskeleton (Schoenenberger et al., 2011).



ACTIN INHIBITORS AND DETECTION REAGENTS

Pharmacological perturbation of actin dynamics has been used to study actin structures within cells. Chemicals that destabilize or stabilize actin filaments, or that prevent or enhance polymerization, have been used extensively. However, results need to be interpreted with caution, since these agents cause global and extreme alterations of the actin cytoskeleton rather than the small, localized changes that would be typical in vivo.

The chemicals most often used to destabilize actin experimentally are a group of fungal metabolites called cytochalasins. Cytochalasin D is most often used to perturb actin dynamics because of its favorable inhibition kinetics and better specificity in comparison to other cytochalasins (Cooper, 1987). Cytochalasin D resembles capping proteins which block the extension of actin filaments, since it binds the barbed (+) end of the filament (Cooper, 1987). Cytochalasin D also binds actin monomers and hydrolyses ATP to decrease the pool of ATP-bound actin available for polymerization (Goddette and Frieden, 1986). Treatment of the ciliated hTERT RPE-1 cell-line, at low density in growth-promoting medium, with 0.5 μM cytochalasin D significantly induced ciliogenesis within 8–12 h (Kim et al., 2010; Nagai and Mizuno, 2017). Cytochalasin D treatment at 200 nM was also shown to increase cilia length after only 1 h, in parallel with actin cytoskeleton remodeling that promoted the directional trafficking of ciliary vesicles towards the ciliary base (Kim et al., 2015). Additionally, the authors showed that cytochalasin D treatment resulted in inactivation of the Hippo pathway transcriptional co-activators YAP (yes-associated protein) and TAZ (transcriptional coactivator with PDZ-binding motif, also known as WWTR1) (Kim et al., 2015). These act as the two primary sensors of a cell’s structure, shape and polarity (Piccolo et al., 2014) and typically promote cell proliferation when active (Pan, 2010).

Latrunculin was originally isolated from various marine sponges and is also used experimentally to depolymerize actin (Spector et al., 1983). Latrunculin A is the more potent of the two most common isoforms (A and B) (Spector et al., 1989). Latrunculin binds actin monomers to prevent them from polymerizing (Coué et al., 1987; Morton et al., 2000). Treatment of hTERT RPE-1 cells with 1 μM latrunculin B significantly induced ciliogenesis within 24 h (Nagai and Mizuno, 2017). Jasplakinolide is another compound originally isolated from marine sponges that both promotes actin polymerization and stabilizes filaments (Holzinger, 2010). It is cell membrane permeable, making it ideal for the treatment of live cells (Matthews et al., 1997), and treatment of hTERT RPE-1 cells with 1 μM jasplakinolide significantly induced ciliogenesis within 12 h (Nagai and Mizuno, 2017). However, jasplakinolide treatment did not increase in ciliogenesis in cells plated at higher density (Nagai and Mizuno, 2017), contradicting the predicted effect of a chemical that promotes actin polymerization and should therefore suppress ciliogenesis. However, similar to the effect of the actin destabilizer cytochalasin D (Kim et al., 2015), jasplakinolide treatment also caused cell rounding, reduced cell adherence and proliferation, and inactivation of the transcriptional co-activator YAP (Nagai and Mizuno, 2017). This reiterates the point that pharmacological perturbation of the actin cytoskeleton can cause unexpected effects on ciliogenesis, likely due to the off-target effects of the inhibitor.

Phalloidin is a toxin originally obtained from the death cap mushroom (Lynen and Wieland, 1938) and is mainly used to label F-actin but it also acts to stabilize filaments (Wieland, 1977). Its effectiveness as a toxin, namely its strong specific binding to F-actin (Kd 0.27 μM), is exactly what has made it a useful research tool. As previously mentioned, electron microscopy of actin initially focused on the use of myosin to “decorate” actin filaments to reveal their polarity (Begg et al., 1978). Antibodies to actin were created as early as 1979 (Lazarides and Weber, 1974). However, the strong evolutionary conservation of actin makes it a notoriously weak immunogen and so other detection methods were sought. Phalloidin binds F-actin with much greater affinity than G-actin making it ideal to visualize actin structures. However, binding also stabilizes F-actin up to seven actin subunits from the binding site (Visegrády et al., 2005), preventing depolymerization. Stable actin aggregates can form as a result of phalloidin treatment of live cells (Wehland et al., 1977), so the stain must be used at very low concentrations to prevent artifacts. It also preferentially stains the ends of actin structures and might not stain all F-actin structures in vivo (Visegrády et al., 2005). Those caveats, plus its slow dissociation rate from F-actin and the need to microinject it into live cells, mean that phalloidin is instead most often used to stain fixed preparations where it remains the gold-standard actin stain (Figures 2A–C). Despite this, use of phalloidin, either as a directly labeled stain or as an agent applied to stabilize actin filaments, allowed the first visualizations of individual actin filaments (Yanagida et al., 1984; Honda et al., 1986). Observation of individual actin filaments and their dynamics without the interference of phalloidin was only possible with the use of alternative imaging techniques such as total internal reflection fluorescence microscopy (Fujiwara et al., 2002).
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FIGURE 2. Imaging the actin cytoskeleton and actin-binding proteins within cells. (A) Zeiss Airyscan microscopy images of COS-7 cells probed with an actin-binding artificial non-antibody binding protein (“Affimer”) biotinylated on the C-terminal cysteine and visualized with fluorescent streptavidin (green). Cells were co-stained with fluorescent phalloidin (left panel; red) or antibody against non-muscle myosin 2B/MYH10 (right panel; red). Scale bars 10 or 5 μm, as indicated. (B) Confocal microscopy (upper panel) and high content imaging (lower panel) of ciliated serum-starved mouse inner medullary collecting duct (mIMCD3) cells expressing LifeAct-GFP (upper panel; green) or probed with AlexaFluor 488-phalloidin conjugate (lower panel; green). Primary cilia are marked by ARL13B (red). Frame indicates magnified inset showing detail of actin stress fibers in the upper panel. Scale bars = 20 μm. (C) Confocal microscopy image of human female dermal fibroblasts heterozygous for the FLNA frameshift mutation c.1587delG, p.(K529Nfs*40) (Adams et al., 2012) probed with antibodies for the actin-binding proteins filamin A (green) and filamin B (red), and counterstained with phalloidin-AlexaFluor633 conjugate (blue). The FLNA gene is carried on the X chromosome and random X-inactivation in different cells results in either haploinsufficiency (yellow-colored cell; indicated by arrow) or complete loss of filamin A protein (magenta-colored cell; arrowhead). Scale bar = 10 μm.


Actin-green fluorescent protein (GFP) fusion proteins have been used as an alternative to phalloidin in early live-staining studies of the actin cytoskeleton. However, GFP-tagged actin monomers polymerize less efficiently than endogenous actin (Yamada et al., 2005) and have therefore been associated with altered actin structure and dynamics (Spracklen et al., 2014). Actin-binding domains fused to GFP have been used to stain live cells with more success. These have utilized actin binding domains obtained from moesin in Drosophila melanogaster (Edwards et al., 1997), utrophin in Xenopus laevis (Burkel et al., 2007) and Abp120 and LimE in Dictylostelium discoideum (Pang et al., 1998; Bretschneider et al., 2004). These detection reagents have large domains and require transfectable cells, but can also affect F-actin structures and cell mechanics. Most recently, the much smaller “LifeAct” actin-binding domain, derived from the initial 17 amino acids of the yeast actin binding protein 140 (Abp140) (Riedl et al., 2008), has also been used for the reported ubiquitous visualization of F-actin (Lemieux et al., 2014; Figure 2B). However, like other proteins that bind and detect actin, LifeAct has also been reported to alter actin filament arrangements and dynamics in a dose-dependent manner (Courtemanche et al., 2016; Flores et al., 2019) and strong germline in vivo expression in fruit flies has been shown to cause sterility due to cytoskeletal defects (Spracklen et al., 2014). F-tractin is another small actin binding protein fragment, derived from rat inositol triphosphate 3-kinase (Johnson and Schell, 2009), but is less studied than LifeAct and also perturbs the actin cytoskeleton in Xenopus (Belin et al., 2014).

For all of these detection moieties, the fluorescent fusion protein and even the linker sequence used can alter the subset of F-actin labeled by the marker (Lemieux et al., 2014). More recently, chemically synthesized silicon-rhodamine (SiR) based probes such as SiR-actin have been reported (Lukinavičius et al., 2014). SiR probes exist in a zwitterion state, of which the fluorescent “on” state is promoted by interaction with polar protein surfaces whereas the non-fluorescent “off” state is promoted by aggregation or binding to hydrophobic surfaces (Lukinavičius et al., 2013). These probes are cell permeable and therefore do not require transfection or over-expression, but there are practical limitations because SiR only emits fluorescence in far-red and SiR-actin is derived from jasplakinolide so is likely to perturb actin polymerization and F-actin stabilization (Melak et al., 2017). Chromobodies have also been used to visualize actin dynamics in live cells (Rocchetti et al., 2014) and even whole organisms (Panza et al., 2015). Chromobodies are nanobodies, the antigen binding domain of single heavy-chain antibodies found in Camelidae (Hamers-Casterman et al., 1993), fused to fluorescent proteins such as GFP (Rothbauer et al., 2006). Chromobodies exhibit highly dynamic binding which allows the visualization of transient changes in actin dynamics without impairing actin movement or polymerization (Rocchetti et al., 2014). The most recent development in actin visualization are actin-binding artificial non-antibody binding proteins known as “Affimers” (Lopata et al., 2018; Figure 2A), although these have been shown to bind less well to dynamic actin structures. eGFP-Affimers may be more suitable for specialist applications, for example super-resolution microscopy or occasions when methanol fixation is required. Alternatively, they could be used to stain a specific subset of the cellular actin with further screening to identify more specific Affimers.



CILIA AND THE ACTIN CYTOSKELETON

The close associations between cilia and the actin cytoskeleton are clear from the outset of ciliogenesis, with the requirement of the actin cytoskeleton for centrosome/basal body migration and the anchoring of the cilia to the actin cytoskeleton by focal adhesion complexes (Antoniades et al., 2014). How these two mechanical constraints could modulate cilia length throughout ciliogenesis and disassembly (Mirvis et al., 2018) remains unclear. Since cilia are microtubule-based organelles, the traditional view has been that they do not contain actin. However, the curvature of the ciliary membrane clearly requires a cytoskeleton to maintain organization and an early report described indirect labeling of actin within the modified cilium of the photoreceptor using the myosin S1 sub-fragment (Chaitin and Burnside, 1989). More recently, two different forms of tagged actin were shown to localize to cilia in a ciliated cell-line, consistent with a role for F-actin in organizing the ciliary membrane into discrete sub-compartments known as nano-domains (Lee et al., 2018). Other reports have also highlighted the involvement of F-actin in both ciliary decapping (Phua et al., 2017) and ectosome excision (Nager et al., 2017) suggesting that actin might play a functional role within cilia, although it is notable that these studies did not identify possible actin-severing molecules that could reduce the length of actin filaments and mediate excision events. Direct detection of actin in cilia, at molecular resolution, has only recently been possible by using cryo-electron tomography (cryo-ET) preparations of primary cilia (Kiesel et al., 2020). This study identified bundles of actin close to the ciliary membrane and a structure resembling F-actin that intertwined with microtubules within the ciliary axoneme (Kiesel et al., 2020). These localizations were supported by immunofluorescence microscopy imaging with phalloidin and are consistent with a functional role of F-actin in maintaining the organization of the ciliary axoneme (Kiesel et al., 2020). Cryo-ET studies of the organization and molecular architecture of the primary cilium remain in their infancy, and there will undoubtedly be many further insights and surprises as cryo-ET workflows become integrated with correlated light microscopy studies of individual ciliary proteins.

F-actin has also been detected as a pool at the base of the cilium within the ciliary pocket (Molla-Herman et al., 2010). The ciliary pocket consists of a membrane invagination that is maintained by stable and dynamic actin filaments, in which the more dynamic actin is found at the distal end of the ciliary pocket in order to facilitate directional ciliary vesicle trafficking of ciliary cargo (Molla-Herman et al., 2010). This distal region undergoes clathrin-mediated endocytosis in response to phosphorylated dynein light chain Tctex-type 1 (DYNLT1) translocating to the transition zone, prior to S phase entry (Li et al., 2011; Saito et al., 2017). Phosphorylated DYNLT1 stimulates F-actin polymerization in the ciliary pocket by binding to actin and recruiting other regulators of actin polymerization (Saito et al., 2017), which is proposed to be one of the earliest steps in ciliary disassembly (Li et al., 2011).



ACTIN AND REGULATION OF CILIOGENESIS INITIATION AND CILIA LENGTH

Due to the high volume of traffic into and out of the cilium during normal cell homeostasis, ciliary maintenance and stability is essential for its function. The constant renewal of ciliary membrane proteins and transduction of signal requires functional IFT and delivery of cargo from the cytoplasm to the cilium. Currently, the mechanism for the delivery of ciliary membrane proteins is not fully understood. It is thought that ciliary cargo is arranged into ciliary-specific vesicles at the trans Golgi network. These marked vesicles are thought to be trafficked along the actin cytoskeleton (Kim et al., 2010, 2015; Cao et al., 2012) rather than microtubules and would therefore move by association with myosin motors (DePina and Langford, 1999).

The timing of actin dynamics and the exact role in ciliogenesis still requires further research, as it is poorly understood. Currently these dynamics are only modeled with global actin changes, which do not reflect the likely local and nuanced changes during normal ciliogenesis. In general, actin depolymerization, through either siRNA knock-down of actin regulators or pharmacological inhibition of actin polymerization with cytochalasin D, promotes ciliogenesis in all cell culture conditions (confluency and presence/absence of serum). Early studies have shown that pharmacological inhibition of actin polymerization promoted ciliogenesis and, furthermore, actin remodeling can transcriptionally control key negative regulators of ciliary disassembly Aurora A and Plk1 (Kim et al., 2015). This transcriptional control is mediated though YAP/TAZ-regulated Hippo signaling, which is activated by the actin remodeling (see below).

A large “druggable library” siRNA screen, that was published in 2010, sought to identify modulators of ciliogenesis and cilia length (Kim et al., 2010). The two main regulators that were further investigated were gelsolin (GSN), a positive regulator, and actin-related protein 3 (ACTR3), a negative regulator. Both are involved in the regulation of actin filament stabilization: GSN severs actin filaments and ACTR3 inhibits branching. Knock-downs of these genes, in parallel with cytochalasin D treatment suggested an important role of branched F-actin in modulating ciliogenesis, with dynamic or destabilized actin promoting ciliogenesis and increased cilia length. Cytochalasin D has also independently been shown to rescue ciliogenesis following siRNA knock-down of the important ciliary genes CEP290, NPHP5, and IFT88 (Barbelanne et al., 2013). These studies suggested that destabilized F-actin increased vesicle trafficking, whereas stabilized F-actin would create a physical barrier to ciliary vesicle trafficking around the base of the cilium or centrosome during ciliogenesis (Kim et al., 2010).

A subsequent study identified LIMK2 and TESK1, two separate actin regulators exerting effects on cilia incidence (Kim et al., 2015). Both were linked to increased vesicle trafficking, which in-turn signaled changes in YAP/TAZ localization and Hippo signaling (Kim et al., 2015). However, both the screen and downstream work did not take into account the over-expression of Smo, a ciliary marker (Kim et al., 2010). When Smo is overexpressed it ectopically activates the Shh pathway, causing excessive GLI activation that is linked to cell cycle dysregulation (Valente et al., 2010; Kim et al., 2015), thus potentially confounding the assessment of the ciliary phenotypes in these studies. Nevertheless, these and previous studies indicate that actin cytoskeleton remodeling regulate both ciliogenesis initiation and cilia length.

To gain further mechanistic insight, further studies have assessed the possible role of non-muscle myosins in the remodeling of actin during ciliogenesis (Hong et al., 2015). A study by Rao et al. found that the myosin heavy chains Myh10 and Myh9 acted antagonistically to modulate ciliogenesis (Rao et al., 2014). Myh10-dependent actin dynamics were shown to regulate the correct localization of the pre-ciliary complex proteins Pcm1 and Cep290, thereby promoting the initiation of ciliogenesis. Interestingly, loss of cilia following Myh10 knock-down could be rescued by treatment with blebbistatin, an inhibitor with broad specificity for non-muscle myosin II that prevents acto-myosin contraction. These results suggest that ciliogenesis could be increased through the effects of acto-myosin contraction on actin cytoskeleton remodeling, leading to enhanced docking of the basal body at the apical cell surface during the early stages of ciliogenesis. This may be a separate, but not mutually exclusive, role to the proposed inhibitory effect of the actin cytoskeleton on ciliary vesicle transport. However, any role for ciliary vesicle transport would likely have a rapid and transient effect on the length of a pre-existing cilium, whereas acto-myosin contractility would affect basal body docking and overall cilia incidence over a longer time course of several hours. These differences in time-course for these potential mechanisms remain to be formally tested. Conversely, it is also unknown if actin remodeling can also promote cilia disassembly through facilitating transport away from the cilium.



ACTIN AT THE CILIARY TIP

In comparison to proximal regions of the cilium, the ciliary tip has a different composition of proteins, including clathrins and actin, probably because it is a source of extracellular vesicles (ECV). The best investigated ECVs are from the retina outer segment, which allow recycling of opsins through endocytosis of ECVs by the retinal pigment epithelial cells (Young and Bok, 1969). In other cell types, ECVs are poorly characterized, but purified ECVs have been shown to contain ciliary proteins and transmembrane signaling molecules (Hogan et al., 2009; Nager et al., 2017). Therefore, ECVs may be used as a type of ciliary paracrine signaling between cells, or as a way for the cilium to rapidly regulate the levels of signaling proteins during signaling responses (Garcia et al., 2018). Recent research has revealed that disassembly of cilia occurs after an initial de-capping step generating ciliary ECVs. This de-capping is controlled by intraciliary F-actin and PI(4,5)P2, to bud off the tip of the cilium (Phua et al., 2017). Budding has been suggested to be a mechanism to quickly dispose of ciliary membrane proteins at the ciliary tip (Nager et al., 2017). This de-capping step then signals, through an unknown mechanism, to initiate full ciliary disassembly (Phua et al., 2017) through Aurora A activation and the direct phosphorylation of histone deacetylase 6 (HDAC6) (Pugacheva et al., 2007). This in turn deacetylates the ciliary axoneme, promoting ciliary disassembly. The full resorption of the remaining cilium is also poorly defined, and it is unknown if the cilium is resorbed from the base or is disassembled from the tip down. Further investigation of the roles of the kinesin-13 family proteins, kinesin family member 24 (Kif24) and kinesin family member 2A (Kif2a), is required to elucidate this process. In particular, Kif2a localizes to the subdistal appendages of the mother centriole, which are unlikely to play a direct role in depolymerization of axonemal microtubules (Miyamoto et al., 2015).



ACTIN AND CILIARY STABILITY

In addition to negative modulation of ciliogenesis and cilia length, actin has also been implicated in maintaining ciliary stability. Human and mouse mutant models of KDM3A, a multifunctional protein shown to have roles as a transcription factor for free actin, have reduced cellular actin levels and an associated increase in cilia (Yeyati et al., 2017). As there are decreased levels of actin around the base of the cilium in Kdm3a mutants, it was proposed that the loss of this physical gate would allow for an increase in IFT at the cilium, disrupting the balance of transport proteins (Yeyati et al., 2017). This dysregulation is further compounded by actin instability causing an increase in cilia length, further disrupting the balance and regulation of IFT (Yeyati et al., 2017).



ROLE OF ACTIN IN MOTILE CILIA AND MULTICILIATED CELLS

Although there is compelling evidence for a functional role for actin destabilization in promoting ciliogenesis of primary cilia, in multiciliated cells there is support for the opposite effect (Pan et al., 2007). Multiciliated cells require basal bodies to both dock with the cell membrane and to establish polarity so that the cilia formed may beat in synchrony to establish fluid flow (Boisvieux-Ulrich et al., 1985; Mitchell et al., 2007). Ciliogenesis initiates with the formation of centrioles, which in multiciliated cells form de novo in an acentriolar fashion, i.e., they bud from an electron dense structure termed the deuterostome instead of duplicating from a mother centriole (Sorokin, 1968) and are trafficked to the apical cell surface to form basal bodies. This trafficking relies on association of the nascent centrioles with vesicles and the formation of an apical actin network (Boisvieux-Ulrich et al., 1990). The apical actin network both expands the membrane surface to allow for the docking of so many basal bodies, but also spaces them out across the surface of the cell membrane (Werner et al., 2011; Sedzinski et al., 2016). F-actin stabilization and an enriched actin web support the docking of basal bodies in mouse tracheal epithelial cells, thereby promoting ciliogenesis. This was induced by Forkhead box protein J1 (Foxj1), which promoted ras homolog family member A (RhoA) activity during ciliogenesis (Pan et al., 2007), a process that may be downstream of initial dynamic actin remodeling that allows centriole migration. WDR5 has been shown to be important in both establishing and maintaining the apical F-actin network in multi-ciliated cells and for the docking and anchoring of basal bodies at the apical cell membrane (Kulkarni et al., 2018). RhoA, Fmn1 (Sedzinski et al., 2017), phosphate loop ATPase Nubp1 (Ioannou et al., 2013), ezrin (Huang et al., 2003), Fak (Antoniades et al., 2014), FoxJ1 (Huang et al., 2003; Stubbs et al., 2008) and planar cell polarity proteins [including Disheveled (Park et al., 2008), Inturned and Fuzzy (Park et al., 2006)] have all been shown to be important in either establishing the apical actin network or for the trafficking of basal bodies to the apical cell membrane.



ACTIN BINDING PROTEINS, CILIOGENESIS AND CILIA MAINTENANCE

Following on from the seminal large “druggable library” siRNA screen by Kim et al., which identified a number of actin binding proteins as modulators of ciliogenesis and cilia length (Kim et al., 2010), more recent studies have identified additional actin binding proteins that have novel and unexpected roles in ciliogenesis and ciliary maintenance. Here we discuss several actin binding proteins that have been studied in the most detail.


Filamin A

Filamin A (FLNA, previously named FLN1 and ABP-280) is one of three proteins in the filamin family (Figure 2C). Filamins anchor the actin cytoskeleton to the cell membrane by crosslinking actin into networks in the cortical cytoplasm (Nakamura et al., 2011). They can also bundle actin into stress fibers (Hirata et al., 2007). FLNA is a ubiquitously expressed, 280 kDa phosphoprotein dimer that consists of three main domains, an N-terminal actin binding domain that itself contains two pairs of calponin homology (CH) domains, a rod domain, consisting of immunoglobulin-like repeats interrupted by two hinge regions and a C-terminal binding domain important for both self-dimerization and binding to other membrane receptors (Wade et al., 2020). Mutations in FLNA cause a variety of X-linked disorders (Wade et al., 2020). These include multiple malformation syndromes, congenital short bowel disorder, terminal osseous dysplasia, cardiac valvular dysplasia and periventricular heterotopia (Fox et al., 1998; Wade et al., 2020). Periventricular heterotopia (PH, OMIM #300049) describes the persistence of nodules of neurons lining the ventricular surface of the brain following their failure to migrate to the cerebral cortex (Fox et al., 1998). It results from hypomorphic or loss-of-function variants that cluster in the actin-binding domain, particularly within the CH domains (Parrini et al., 2006).

FLNA was first linked to centrosomal trafficking and initiation of ciliogenesis through the identification of a patient with both MKS and PH (Adams et al., 2012), who was found to have a mutation in TMEM67 (c.2754_2756delCTT, p.I918_F919del), deleting two residues in the C-terminal cytoplasmic region shown to directly interact with FLNA. FLNA localizes at the apical cell surface in polarized cells, but also at the basolateral membrane (Adams et al., 2012), which is also consistent with the cellular localization of TMEM67 (also known as meckelin) at both the basal body/transition zone and in non-ciliary vesicles (Dawe et al., 2007). In vitro and in vivo studies showed that reduced or absent FLNA caused defects in basal body positioning and ciliogenesis, and aberrant remodeling of the actin cytoskeleton. Investigations using fibroblasts from a female with a heterozygous pathogenic frameshift in FLNA showed than the basal body positioning was maintained in the mid portion of the cell rather than at an apical position (Adams et al., 2012). Similar effects were shown in a null mouse model and for centrosomal positioning when using siRNA knockdown on mIMCD3 cells (Adams et al., 2012). Ciliogenesis was also impaired, but not abolished, in all models. Interestingly, abrogation of the interaction between TMEM67 and FLNA resulted in the disruption of RhoA activation and signaling, with probable downstream effects on non-canonical Wnt signaling and ciliary function (Adams et al., 2012).

More recently, it has been suggested that transforming acidic coiled-coil protein 3 (TACC3) may compete with TMEM67 (meckelin) for FLNA binding (Qie et al., 2020). TACC3 is up-regulated in prostate cancer (Qie et al., 2020) and it promotes cell growth and differentiation in a number of other cancers (Lauffart et al., 2005; He et al., 2016; Jiang et al., 2016). Primary cilia are often reduced or entirely lost in cancerous cells (Schraml et al., 2009; Gradilone et al., 2013; Menzl et al., 2014), but knockdown of TACC3 resulted restoration of cilia in a human prostate cancer cell-line (Qie et al., 2020). It is therefore possible that over-expression of TACC3 competes with the TMEM67-FLNA interaction, thereby restricting centrosome migration to the apical cell surface (Qie et al., 2020).



RhoA

RhoA is the activator of ROCK, a key actin remodeling regulator that is responsible for the formation of stress fibers (Ridley and Hall, 1992). RhoA has been shown to contribute to the molecular pathology of ciliopathies: increased RhoA levels were observed in dermal fibroblasts from ciliopathy patients with TMEM216 mutations (Valente et al., 2010). Independently, RhoA has also been shown to mislocalize in patients with JBTS syndrome (specifically caused by TMEM237 mutations), and patient fibroblasts had increased actin stress fibers (Huang et al., 2011).

The cellular phenotypes observed in many ciliopathies are suggested to be due to defects of the actin cytoskeleton (Valente et al., 2010; Adams et al., 2012; Hernandez-Hernandez et al., 2013). A study into disease mechanisms of Bardet-Biedl syndrome observed that Bbs4- and Bbs6-deficient renal epithelial cells derived from mutant mice had decreased cilia incidence, associated with increased focal adhesions and abnormal actin stress fibers. These aberrant changes in the actin cytoskeleton were ascribed to highly up-regulated RhoA expression (Hernandez-Hernandez et al., 2013). Since RhoA-GTP is a direct activator of ROCK, increased ROCK activity would lead to increased stress fiber formation and F-actin stabilization. As a consequence, when Bbs4- and Bbs6-deficient cells were treated with Y27632, a non-specific inhibitor of the ROCK and ribosomal S6 kinase (RSK) families, cilia incidence was rescued. This observation supports the hypothesis that the actin cellular phenotype is a significant cause of the loss of cilia in the Bbs4 and Bbs6 mouse mutants, although it does not exclude the effect of other signaling pathways.



Synaptic Nuclear Envelope Protein 2

Synaptic nuclear envelope protein 2 (SYNE2) is a member of the nuclear envelope spectrin repeat (nesprin) family of proteins that comprises four members (Rajgor and Shanahan, 2013). Previously named nesprin-2, SYNE2 is a modular protein with N-terminal paired calponin homology (CH) domains, a C-terminal Klarsicht/ANC-1/Syne homology (KASH) transmembrane domain that acts as a nuclear envelope targeting motif (Zhen et al., 2002), and a central extended spectrin repeat rod domain thereby tethering the nucleus to the cytoskeleton. SYNE2 binds to cytoplasmic F-actin directly through its actin-binding CH domains, but also itself binds FH1/FH2 domain-containing protein 1 (FHOD1) and fascins (FSCN1, FSCN2, FSCN3) which also bind actin (Chang et al., 2015). Collectively, these contribute to the linker of nucleoskeleton and cytoskeleton (LINC) complex, which associates the nuclear membranes with the cytoskeleton, including actin, microtubule filaments, intermediate filaments, centrosomes and cytoplasmic organelles.

SYNE2 was first linked to centrosome trafficking and early ciliogenesis, when it was shown that a splice variant lacking the KASH domain interacts with two MKS proteins (MKS1 and TMEM67) that are required for centrosome migration and ciliogenesis (Dawe et al., 2009). Depletion of either SYNE1 or SYNE2 caused defective centrosome migration during early cell polarization, leading to defects in early ciliogenesis (Dawe et al., 2009). Following depletion or mutation of TMEM67, SYNE2 localized at actin stress fibers and RhoA signaling aberrantly increased, implicating SYNE2 in the control of the actin cytoskeleton during cell polarization and early ciliogenesis (Dawe et al., 2009). Subsequent work in a ciliated cell-line with a gene-edited SYNE2 knockout has supported a functional role for SYNE2 during ciliogenesis (Falk et al., 2018).

SYNE2 has also been shown to interact with pericentrin (PCNT) (Falk et al., 2018). PCNT is a component of pericentriolar material (present at the base of cilia) and is a large coiled coil protein which localizes to the centrosome via a PACT motif (Miyoshi et al., 2006). It also serves as a protein scaffold and contributes to mitotic spindle organization and ciliogenesis (Jurczyk et al., 2004; Zimmerman et al., 2004). SYNE2 and PCNT have been shown to co-localize at the connecting cilium of the photoreceptor cells of the retina (Mühlhans et al., 2011; Falk et al., 2018). Gene-edited SYNE2 cells, lacking the PCNT binding domain, also had shorter cilia compared to other mutant SYNE2 cells with the domain, suggesting that the interaction may be required for delivery of ciliary proteins to the ciliary base (Falk et al., 2018).



PCARE and Retinal Outer Segments

An example of the importance of the actin cytoskeleton in the role of cilia within specialized cell types has been highlighted in a recent paper on photoreceptors (Corral-Serrano et al., 2020). The connecting cilium between the inner and outer segments of photoreceptors is analogous to a typical ciliary transition zone, with the outer segment effectively acting as a modified primary cilium. Within every photoreceptor outer segment, around 10% of the light-sensing, opsin-containing discs are shed daily at the apical end (Young, 1967). New discs form at the base and move through the length of the outer segment until their shedding and destruction. The mechanism by which new discs are formed has been shown to involve expansion of the ciliary plasma membrane at the point at which the connecting cilium meets the base of the outer segment, but the proteins involved in driving the expansions have only recently been identified.

Photoreceptor cilium actin regulator (PCARE, previously named C2orf71; Figure 3) was first identified when it was shown to be mutated in a subset of retinitis pigmentosa patients (RP54) (Collin et al., 2010; Nishimura et al., 2010). Its expression is predominantly retinal and it contains a W2 domain thought to bind to actin filaments (Corral-Serrano et al., 2020). Through interaction studies, PCARE has been shown to interact with retinal disease proteins associated with the centrioles of the centrosome and basal body as well as actin proteins associated with de novo F-actin network assembly including ARP2/3, ENAH, gelsolin, profilin 1, profilin 2, MYL12A, MYL12B, LIMA1, filamin A and WASF3 (Corral-Serrano et al., 2020). PCARE in mice localizes to the basal body, the microtubules of the connecting cilium and extends into the newer outer segment discs (Figure 3) and Pcare–/– mice have disrupted OS disc stacking (Corral-Serrano et al., 2020). Overexpression of PCARE in hTERT RPE-1 cells resulted in WASF-3 translocating from F-actin to the cilium and induced expansion of the ciliary membrane to form a bulbous tip (Corral-Serrano et al., 2020). Culture of retinal organoids showed that such expansions formed the new outer segment discs. Inhibition of actin polymerization by cytochalasin D or lantrunculin B treatment also reduced the formation of the ciliary tip expansions, as did siRNA knockdown of ARP2 in mIMCD3 cells (Corral-Serrano et al., 2020). Similarly, RP-causing mutant PCARE had the same localization as wild-type protein but failed to cause the same expansion of the ciliary tip, interpreted as a failure to induce actin remodeling (Corral-Serrano et al., 2020). It therefore appears that PCARE is a retinal specialist protein that facilitates actin remodeling via recruitment of WASF3 to induce membrane expansion that produces new outer segment discs for photo-sensing.
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FIGURE 3. Ciliary membrane remodeling of the actin-binding protein PCARE in the primary cilium and photoreceptor connecting cilium. The proposed role of PCARE in the cilium (left panel) and in the specialized cilium of the photoreceptor outer segment and connecting cilium (right panel) are indicated. PCARE (red) has been shown to interact with actin-binding proteins (dark red symbols) associated with de novo F-actin network assembly including the ARP2/3 complex, gelsolin, profilin and WASF3 (orange). PCARE in mice localizes to the basal body, the microtubules of the connecting cilium and extends into the newer outer segment discs (Corral-Serrano et al., 2020). Overexpression of PCARE in hTERT RPE-1 cells resulted in WASF-3 translocating from F-actin to the cilium and induced expansion of the ciliary membrane to form a bulbous tip (left panel). PCARE is a retinal specialist protein that facilitates actin remodeling via recruitment of WASF3 to induce membrane remodeling and expansion that produces new outer segment discs for photo-sensation in the photoreceptor cell (Corral-Serrano et al., 2020).




Leucine Zipper Protein 1

Another important actin binding protein implicated in ciliogenesis is leucine zipper protein 1 (LUZP1) (Wang and Nakamura, 2019). In cycling cells, LUZP1 localizes to the pericentriolar matrix at the proximal end of each centriole, the actin cytoskeleton and the midbody (Bozal-Basterra et al., 2020). In cell cycle-arrested cells, LUZP1 localizes to the basal body and to the ciliary axoneme. LUZP1 has been shown to bind directly with actin but also through interactions with filamin A (Hein et al., 2015; Wang and Nakamura, 2019) and ARP2 (Hein et al., 2015). A functional role for LUZP1 in ciliogenesis has been suggested through studies of the molecular etiology of Townes-Brocks syndrome (TBS1 MIM #107480). In TBS1 cells, cilia are longer and occur at a higher incidence than in wildtype cells. TBS1 is caused by mutations in the spalt-like transcription factor 1 gene (SALL1) (Kohlhase et al., 1998). The encoded protein, SALL1, normally interacts with and removes negative regulators of ciliogenesis (CCP110 and CEP97) from the mother centriole, thereby promoting ciliogenesis. However, truncated mutant forms of SALL1 that cause TBS1 appear to interact with LUZP1 (Bozal-Basterra et al., 2018). This interaction causes LUZP1 degradation through the ubiquitin proteasome system, since inhibition of the proteasome in TBS1 cells lead to accumulation of LUZP1 (Bozal-Basterra et al., 2020). Loss of LUZP1 results in reduced actin polymerization, increased cilia incidence and length, and increased Shh signaling (Bozal-Basterra et al., 2020; Gonçalves et al., 2020). In contrast, over-expression of LUZP1 in TBS1 cells resulted in increased levels of F-actin and reduced ciliogenesis to normal levels, suggesting that LUZP1 is a potential therapeutic target for the treatment of TBS1 (Bozal-Basterra et al., 2020).




PROXIMITY LABELING STUDIES

Studies utilizing proximity labeling to identify ciliary proteins have reported varied results for detection of actin binding proteins (Mick et al., 2015; Kohli et al., 2017). One study revealed a surprising number of actin binding proteins within cilia (Kohli et al., 2017). Kohli et al. used enzyme-catalyzed proximity labeling with an engineered ascorbate peroxidase (APEX2) that was specifically targeted to the ciliary membrane (Kohli et al., 2017). Actin-binding proteins that were identified in close proximity to the ciliary membrane included activins, tropomyosins, coronin, ezrin, gelsolin, cortactin, utrophin, drebrin-like protein, and, most abundantly, alpha-activin and filamin A (Kohli et al., 2017). However, it was unclear if proximity labeling was also tagging actin-binding proteins during trafficking of the construct at the ciliary pocket which would argue against a specific role for these proteins within cilia. Paradoxically, levels of these actin binding proteins increased in the ciliary compartment after cells were treated with the actin-depolymerizing agent cytochalasin D (see above). An earlier study, utilizing APEX that was specifically targeted to the ciliary lumen using nephrocystin 3, failed to detect actin binding proteins within the cilium (Mick et al., 2015).

Actin depolymerization may therefore trigger the recruitment of actin-binding proteins to the cilium (Kohli et al., 2017), but it remains unclear how this leads to axonemal extension and cilium elongation, and whether actin-binding proteins have a direct role in this process. It is possible that actin de-polymerization causes the non-specific release of the pool of proteins normally bound to F-actin at the ciliary pocket and subsequent ectopic release into the ciliary compartment.



PHARMACOLOGICAL INHIBITION OF ACTIN REMODELING

Interest in modification of the actin cytoskeleton as a possible treatment for ciliopathies grew from the finding that positive regulators of actin polymerization exerted negative effects on ciliogenesis and vice versa (Kim et al., 2010). Kim et al. (2010) also found that cytochalasin D treatment, which prevents actin polymerization, significantly rescued the ciliogenesis defect in hypomorphic IFT88 mutant cells (Ift88orpk/orpk). Cytochalasin D is unsuitable for treatment of ciliopathies in whole organisms because of the effects of global inhibition of actin polymerization, that include failure of cytokinesis, aneuploidy, cell cycle arrest and apoptosis, as well as off-target effects of the inhibitor. However, other inhibitors that target actin modulators implicated in ciliogenesis have been suggested to be more suitable for pharmacological intervention and treatment (Kim et al., 2010).

Drugs that act on actin binding proteins and increase cilia incidence could also be valuable for diseases of spontaneous epithelial-mesenchymal transition and uncontrolled cell division such as cancer (Izdebska et al., 2018). Specific molecules targeting some actin binding proteins have been designed, specifically against ARP2/3 (Nolen et al., 2009), non-muscle myosin II (MYH9/10) (Saitoh et al., 1987; Straight et al., 2003) and neuronal WASP (Peterson et al., 2004). However, to date, undesirable effects of such general inhibition have precluded these compounds from clinical practice (Chánez-Paredes et al., 2019). Tissue-specific inhibition through the specific targeting of an actin binding protein such as a PCARE or a SYNE2 isoform expressed only in brain and kidney could be a more specific therapeutic strategy to modulate actin conditions in tissues that express ciliopathy phenotypes.



IDENTIFICATION OF THERAPEUTICS FOR CYSTIC KIDNEY DISEASE

Several drugs screens have been completed to identify compounds that could be used to modulate the actin cytoskeleton and increase ciliogenesis (Table 1). These screens have focused on the kidney since polycystic kidney disease is relatively common [4 in 10,000 in Europe (Willey et al., 2017)] and cystic kidney disease is a common feature of many ciliopathies (Habbig and Liebau, 2015). Practically, kidney disease presents later than many other symptoms of ciliopathies, such as retinitis pigmentosa or developmental brain anomalies and therefore there is a therapeutic window ex utero where a drug could be given. In addition, cell lines of kidney origin (e.g., mIMCD3) are used as a standard model in cilia research and can be easily assayed using high-throughput microscopy (Wheway et al., 2015). Patient cells can also be isolated through collection and culture of urinary renal epithelial cells (URECs) from urine or through collection of kidney cysts for more focused screening of hit compounds (Loghman-Adham et al., 2003; Ajzeberg et al., 2015). Future screens are likely to test compounds on kidney organoids due to advances in gene editing and directed differentiation of induced pluripotent stem cells (iPSCs). IPSCs can be engineered to carry specific mutations of interest using CRISPR-Cas9 editing and kidney organoids can be produced from iPSCs in less than a month of differentiation (Takasato and Little, 2017).


TABLE 1. Drug screens to identify compounds that modulate the actin cytoskeleton and increase ciliogenesis.

[image: Table 1]
Of the tens of drugs screens carried out, one screen of 1600 compounds identified 118 hits that restored cilia expression in the CFPAC-1 pancreatic cancer cell line (Khan et al., 2016). The authors stated that many of these compounds affected levels of cAMP, calcium or other ions and highlighted glucocorticoids as the main drug class identified. Notably, glucocorticoids can both stimulate and inhibit Smo accumulation in cilia during Sonic Hedgehog signaling (Wang et al., 2012). Other hits identified included neurotransmitter regulators and ion channel modulators, as well as compounds that were previously identified to increase cilia incidence, cilium length or ciliary beat frequency in multi-ciliated cells.

Several other small molecule screens have highlighted inhibition of ROCK, amongst many other pathways, as a potential therapeutic for cystic kidney disease. One study screened 273 kinase inhibitors in a forskolin-stimulated 3D cyst assay using an IMCD3 cell line expressing a short hairpin RNA targeting polycystin 1 transcripts and identified thiazovivin (a non-selective ROCK inhibitor) as a significant hit (Booij et al., 2017). Hits also included inhibitors of IGF-1R, HER2, CHK1/2, PLK1, CDKs and AURKA but the largest category was for inhibitors of mTOR (Booij et al., 2017). The identification of inhibitor hits for so many different pathways may reflect the importance of proliferation in cyst growth and highlights that the use of these inhibitors is unlikely to be a useful treatment, due to off-target effects with other kinases and the effects of global inhibition of these pathways on the organism as a whole.

One recent screen assessed the effects of 8,814 compounds, mostly with proven anti-neoplastic effects, on autosomal dominant polycystic kidney disease type 1 (ADPKD1) adult and fetal cell models (Asawa et al., 2020). This screen looked for compounds that reduced cell viability of polycystin 1 (PKD1) null lines but not of wildtype cells. The authors then rescreened a selection of compounds for their effects on a 3D cyst culture (unstimulated by cAMP). Although some compounds had no effect on cell viability in 2D, they had significant effects on cyst growth in the 3D model (Asawa et al., 2020). Compounds that affect cell viability or proliferation are unlikely to be effective treatments for all stages of renal cystic disease. However, a number of compounds had no effect on cell viability but nevertheless still reduced cyst size. These included several compounds known to affect microtubule dynamics, including a DNMT1 inhibitor, an M1 aminopeptidase inhibitor and a ROCK inhibitor (GSK 269962). These are promising compounds for future studies of clinical efficacy and potential repurposing.

In support of the potential repurposing of known ROCK inhibitors, one study demonstrated rescue of cord and tubule formation whilst reducing cyst formation in the cystogenic Pkd1 knock-out 3D kidney cell-line model (Cai et al., 2018). This study identified that Pkd1 knock-out caused an increase in RhoA-ROCK-MLC signaling, leading to downstream activation of the Hippo signaling pathway. Screening of a panel of 155 kinase inhibitors identified five hit compounds, of which all were ROCK inhibitors, including a selective ROCK2 inhibitor, which suggests that pharmacological targeting of ROCK2 rather than ROCK1 may have therapeutic benefit. Further investigation of the efficacy of these drugs using more physiologically relevant, slower developing models of cystic kidney disease, is warranted. It is also important to test the drugs using models that had already developed cysts rather than treating models prophylactically, before cysts had appeared, to see whether ROCK inhibitors can ameliorate existing disease.

Aside from screens, ROCK inhibitors have also been shown to restore cilia in a Rho GTPase activating protein (GAP) mutant mouse model (Arhgap35D34/D34) that had reduced cilia incidence and length (Stewart et al., 2016). This Rho-GAP mutant had increased RhoA activation as a result of reduced intrinsic hydrolytic activity due to inactivation of ARHGAP35. The mutant mouse model also displayed a glomerulocystic kidney phenotype, thus linking RhoA hyperactivity and failures in ciliogenesis to cystogenesis (Stewart et al., 2016). Further investigation identified a reduction in cilia within the proximal tubule during development, resulting from a failure in axoneme elongation rather than basal body migration or docking (Stewart et al., 2016). The authors concluded that local negative regulation of Rho-GAPs is required at the ciliary base to enable axoneme extension (Stewart et al., 2016). A more recent study reported that dysregulation of RhoA signaling at the centrosome, mediated by ARHGAP35, led to increased activation of ROCKs in mutant or null PKD1 cells (Streets et al., 2020). The authors found that treatment of PKD1 patient cells and an inducible, kidney specific Pkd–/– mouse model with the ROCK inhibitor hydroxyfasudil reduced cyst size over 7 days of treatment (Streets et al., 2020). Collectively, these findings call for the assessment of the effects of different ROCK inhibitors on cyst growth and development in human cell and animal models. Assessment of the relative contributions of F-actin stabilization and acto-myosin contraction to ciliogenesis and cilia maintenance over different time periods will be key to understanding how ROCK inhibitors modulate cilia. Parallel investigations should also assess the effect on ROCK inhibition on ciliary-mediated signaling functions.



CONCLUSION AND FUTURE DIRECTIONS

It is now recognized that the centrosome acts as both a microtubule and actin organizing center, and therefore that the actin cytoskeleton and ciliogenesis are intrinsically linked. It is also clear that the actin cytoskeleton exerts multiple effects on ciliogenesis, cilia maintenance, signaling and function, making it an important potential drug target. The large number of actin-binding proteins that are involved in actin dynamics, often in cell-specific processes, means that targeting can be potentially fine-tuned depending upon the cell type. Greater understanding of actin remodeling will come from improved actin detection and visualization of highly dynamic remodeling events, including the use of super-resolution microscopy and the use of proximity labeling studies to identify novel actin binding proteins.

In the next stages of this research, additional screens of candidate drugs or small molecules should be completed, using a number of different models of cystic kidney disease, with different genetic aberrations and backgrounds and with treatment at different disease stages. These studies will be required to discern whether inhibitors of ROCK or other targets that modulate the actin cytoskeleton may have potential clinical efficacy in the treatment of cystic kidney diseases. These screens will also help to determine the points at which disease can be ameliorated and which disease stage would be most amenable to the effects of each drug. RNA expression profiling of ADPKD and Pkd1–/– kidney cysts compared with healthy kidney tissue supports the targeting of the RhoA-YAP-cMyc axis (Cai et al., 2018), but wider profiling could be useful to identify other pathways to target at specific timepoints in cystogenesis or for particular genotypes. Additional profiling could also be useful to narrow the pathways already identified, which include regulation of calcium ions, cAMP, MAPK, JAK, SRC, STAT, Wnt, and mTOR (Lemos and Ehrlich, 2018). It will be interesting to determine if activation of the RhoA-YAP-cMyc signaling axis is also observed in cysts from other disease models with mutations in other genes. However, the renal sub-location where cysts develop is partially dependent on genotype (Gascue et al., 2011), and it is therefore likely that pathomechanisms will depend on the genetic etiology of the cystic kidney disease. Different disease types may therefore require different drug therapies, although the therapeutic targeting of a single actin modulator such as ROCK may provide a common strategy that is suitable for several disease classes. It is notable that several newly developed ROCK inhibitors are experimental drugs currently (October 2020) in phase II clinical trials for treatment of chronic graft-versus-host disease, idiopathic pulmonary fibrosis and psoriasis. It will be interesting to determine if these drugs could be re-purposing for treatment of cystic kidney disease.
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Primary cilia are solitary, microtubule-based protrusions surrounded by a ciliary membrane equipped with selected receptors that orchestrate important signaling pathways that control cell growth, differentiation, development and homeostasis. Depending on the cell type, primary cilium assembly takes place intracellularly or at the cell surface. The intracellular route has been the focus of research on primary cilium biogenesis, whereas the route that occurs at the cell surface, which we call the “alternative” route, has been much less thoroughly characterized. In this review, based on recent experimental evidence, we present a model of primary ciliogenesis by the alternative route in which the remnant of the midbody generated upon cytokinesis acquires compact membranes, that are involved in compartmentalization of biological membranes. The midbody remnant delivers part of those membranes to the centrosome in order to assemble the ciliary membrane, thereby licensing primary cilium formation. The midbody remnant's involvement in primary cilium formation, the regulation of its inheritance by the ESCRT machinery, and the assembly of the ciliary membrane from the membranes originally associated with the remnant are discussed in the context of the literature concerning the ciliary membrane, the emerging roles of the midbody remnant, the regulation of cytokinesis, and the role of membrane compartmentalization. We also present a model of cilium emergence during evolution, and summarize the directions for future research.
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THE PRIMARY CILIUM

The primary cilium is a non-motile microtubule-based membrane protrusion of the cell surface organized around a central scaffold or axoneme that is surrounded by the ciliary membrane. The primary cilium is present in most mammalian cells, typically attains a length of 3–10 μm, and is present as a single copy (Goetz and Anderson, 2010; Ishikawa and Marshall, 2011). Primary cilia have a basal body that contains structures such as transition fibers and basal feet that derive from the distal and subdistal appendages, respectively, present in the mother centriole, from which the basal body originates. Transition fibers are involved in docking the basal body to the plasma membrane, whereas basal feet anchor cytoplasmic microtubules (Vertii et al., 2016a,b). The axoneme consists of a nine-fold symmetrical arrangement of peripheral microtubule doublets derived from the basal body. The ciliary membrane, which is continuous with, but different from, the plasma membrane, harbors a large variety of receptors for cell signaling, including those for the soluble factors involved in cell growth, migration, development and differentiation, and G-protein-coupled receptors (Singla and Reiter, 2006; Gerdes et al., 2009; Ishikawa and Marshall, 2011). Consequently, ciliary dysfunction causes a great variety of disorders in humans (Novarino et al., 2011; Braun and Hildebrandt, 2017).



ROUTES OF PRIMARY CILIUM BIOGENESIS

Pioneer work established the existence of two sites for primary cilium assembly (Sorokin, 1962, 1968), whose use depends on the position of the centrosome in the cell: near the nucleus, or close to the cell apex [reviewed by Bernabé-Rubio and Alonso (2017)]. In the former case, the primary cilium assembles intracellularly and produces a cilium that is deeply rooted in the cytoplasm in a membrane invagination known as the ciliary pocket, whereas in the latter case, the cilium forms at the plasma membrane and protrudes from the cell surface (Rohatgi and Snell, 2010; Benmerah, 2013). Mesenchymal cells, like fibroblasts, and polarized epithelial cells, such as those in renal tubules, are examples of cells whose cilium is assembled intracellularly or at the cell surface, respectively.

The pathway to intracellular assembly of the cilium begins with the appearance of small vesicles, called primary ciliary vesicles, in the proximity of the older centriole (Sorokin, 1962). These vesicles are transported to the centriole through the sequential action of dynein and myosin MYO5A (Wu et al., 2018). Then, with the participation of the membrane shaping proteins EHD1 and EHD3 (Lu et al., 2015), they fuse to form a larger vesicle, called the ciliary vesicle, that encapsulates the distal end of the mother centriole (Yee and Reiter, 2015). Rab11-Rabin8-Rab8 signaling, Rab23 and Arl13b promote the growth of the ciliary vesicle and the trafficking of ciliary proteins to the growing cilium (Knodler et al., 2010; Westlake et al., 2011; Gotthardt et al., 2015; Gerondopoulos et al., 2019). The two inner microtubules from each of the nine triplets of the centriole gradually elongate and deform the ciliary vesicle, establishing an outer membrane or sheath and an inner membrane or shaft. The machinery for intraflagellar transport (IFT) (Taschner and Lorentzen, 2016) further elongates the incipient axoneme, the ciliary vesicle fuses with the plasma membrane, and the basal body docks with the plasma membrane through the transition fibers, which are derived from the distal centriolar appendages. Upon fusion, the shaft gives rise to the ciliary membrane and the sheath produces the ciliary pocket, and the nascent cilium is exposed to the extracellular space, where it elongates to attain its final length (Sorokin, 1962) (Figure 1A).
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FIGURE 1. Routes of primary ciliogenesis. (A) The intracellular route. Ciliogenesis begins with the formation of a large ciliary vesicle at the distal end of the appendages of the mother centriole by fusion of smaller vesicles. The axoneme starts forming intracellularly and, as it grows, deforms the ciliary vesicle and establishes an inner membrane (shaft) and an outer membrane (sheath). The incipient cilium is finally exocytosed and the cilium becomes exposed in the plasma membrane. The sheath gives rise to the ciliary pocket, and the shaft forms the ciliary membrane. (B) Model of the alternative route. (a) In polarized epithelial cells, the intercellular bridge containing ciliary proteins forms at the apical cell surface during cytokinesis. (b) When abscission occurs, the MBR is inherited by one of the daughter cells, acquires a RAMP and localizes at the periphery of the apical surface. (c) The MBR/RAMP moves over the apical surface toward the centrosome, which is docked at the center of the apical membrane. (d) When the MBR is proximal to the centrosome, the RAMP splits into two patches, one of which remains at the MBR and the other, known as the CAMP, occupies the centrosome zone. (e) The ciliary membrane stems from the CAMP. The entire process of primary cilium formation takes place in the plasma membrane. The events occurring at the apical surface in (a–e) are shown in more detail in the corresponding enlargements in (a'-e').


In polarized epithelial cells, such as those in the kidney or the monociliated cells of the lung, almost the entire length of the primary cilium is positioned so that it protrudes from the cell surface. A ciliary vesicle also forms in this type of cell, but, unlike in fibroblasts, the ciliary vesicle does not elongate to form an intracellular cilium (Wu et al., 2018), and the cilium assembles at the cell surface (Sorokin, 1962). Multiciliated cells, such as those present in the nose and brain ventricles, extend 30–300 motile cilia from their apical surface (Meunier and Azimzadeh, 2016; Spassky and Meunier, 2017). Before multiciliation, the number of centrioles is amplified, centrioles acquire a ciliary vesicle at their distal end, and dock en masse with the apical membrane, where the cilium is assembled. In this case, the ciliary vesicle appears to be involved in the docking of the centriole to the plasma membrane rather than in the assembly of the ciliary membrane (Park et al., 2008). Therefore, according to Sorokin (1962, 1968), the process of ciliogenesis starts intracellularly with the docking of vesicles to the mother centriole. However, the ciliary membrane is assembled at different locations, intracellularly or at the cell surface, and using distinct membrane precursors, the ciliary vesicle or the plasma membrane zone above the docked centrosome, respectively.

Before the work of Sorokin (1962, 1968), Sotelo and Trujillo-Cenoz (1958) observed that centrioles in the neural epithelia of chick embryos attach to the plasma membrane, which then bulges toward the lumen, forming a ciliary bud that is continuous with the plasma membrane. It is of note that no ciliary bud was detected unless the centriole was attached to the plasma membrane. The bud, which initially seems to lack microtubules but contains vesicular structures, appears first to undergo an inward movement toward the nucleus pulled by the basal body, and then an outward movement that exposes the cilium to the extracellular milieu. This mechanism, which was questioned by Sorokin (1968), has not been investigated further but could constitute a route of primary ciliogenesis in which, similar to what was proposed by Sorokin (1968), the ciliary membrane is assembled using the plasma membrane zone above the docked centrosome.

In a large proportion of renal epithelial IMCD3 cells, the centrioles contain ciliary vesicles during the early stages of ciliogenesis but, consistent with Sorokin's model, the cilium is assembled at the plasma membrane (Wu et al., 2018). Renal epithelial MDCK cells also assemble the cilium at the cell surface, but there is no quantitative information about the existence of ciliary vesicles in these cells (Bernabé-Rubio et al., 2016). Throughout this manuscript, we will refer to the route of primary cilium assembly described for fibroblasts as “intracellular,” and as “alternative” when the cilium forms at the cell surface regardless of the presence of ciliary vesicles. Despite its fundamental relevance, research on primary ciliogenesis has concerned itself almost exclusively with the intracellular pathway, whereas the source of membranes for building a primary cilium by the alternative route has remained largely unexplored.



THE ALTERNATIVE PATHWAY


The Midbody Remnant Concentrates Ciliary Machinery and Prepares the Centrosome for Primary Cilium Formation

In animal cells, cytokinesis, the process leading to the physical separation of the daughter cells, begins at anaphase with the assembly of an actomyosin-based contractile ring, known as the cleavage furrow, that progressively constricts the cytoplasm, and the formation of the central spindle, which is a complex structure containing interdigitate antiparallel microtubule bundles, molecular motors and microtubule-associated proteins (Glotzer, 2009). The ingression of the cleavage furrow to the limit results in the formation of the midbody (MB), which is the narrow bridge connecting the two nascent daughter cells before separation. The MB consists of two arms, which contain parallel microtubule bundles, vesicles and protein factors, that flank a 1.0–1.5-μm electron-dense central region, called the Flemming body (FB), which is characterized by densely packed, overlapping antiparallel microtubule bundles emerging from the constricted central spindle (Green et al., 2012). The MB is surrounded by a membrane that is continuous with the plasma membrane. Severing of the MB membrane causes the physical separation of the two daughter cells in a process named abscission (Mierzwa and Gerlich, 2014). Following abscission, the FB and the remainder of the arms form an MB remnant (MBR) that is either released into the extracellular space, in cases where the MB membrane is cleaved in the two arms, or is inherited by one of the daughter cells, when the cleavage occurs in only one of the arms (Chen et al., 2012; Peterman and Prekeris, 2019).

The MBR in polarized epithelial cells initially positions itself at the periphery of the apical surface, close to the cell junctions, since cleavage furrow ingression is more rapid from the basal than from the apical surface (Reinsch and Karsenti, 1994). It is of note that the IFT subunits IFT20 and IFT88, the small GTPase Rab8 and other ciliary machinery concentrate in the MBR of MDCK cells (Bernabé-Rubio et al., 2016), which are considered a paradigm of polarized epithelial cells (Rodriguez-Boulan et al., 2005). The presence of this machinery in the MBR is consistent with the identification of IFT proteins in the cleavage furrow of Chlamydomonas (Wood et al., 2012), the existence of cilia-independent functions of ciliary machinery (Vertii et al., 2015), such as the involvement of IFT88 in mitotic spindle orientation (Delaval et al., 2011), and with the results of proteomic analyses of MBs and primary cilia (Skop et al., 2004; Ishikawa et al., 2012; Kohli et al., 2017; Capalbo et al., 2019; Addi et al., 2020), which show a wide spectrum of shared components (Smith et al., 2011).

When MDCK cells proliferate, space becomes limited and cells are progressively constrained by their neighbors. Under these conditions, cells reduce their area of attachment to the substrate, grow in height, establish tight junctions, and form tight cell monolayers with well-differentiated apical and basolateral plasma membrane subdomains (Puliafito et al., 2012). When this succession of events occurs, the MBR transits from its original position at the cell periphery to the center of the apical membrane, which implies that its movement is coupled to the process of cell polarization. MBR movement requires the expression of Rab8 (Bernabé-Rubio et al., 2016). The possibility that Rab8 directly controls the cytoskeleton for MBR movement cannot be ruled out. However, since the best known function of Rab8 relates to membrane trafficking (Peränen, 2011), it is plausible that Rab8 transports materials that facilitate the movement of the MBR or, more probably, that the changes in cell height, formation of junctions, and MBR movement, are different facets of the same program of cell polarization controlled by Rab8.

When the MBR becomes proximal to the centrosome, which is already docked to the center of the apical membrane by the transition fibers, the centrosome starts assembling a primary cilium and the MBR is shed into the extracellular space (Bernabé-Rubio et al., 2016). This collection of sequential events, together with the observation that the physical removal of the MBR greatly impairs primary cilium formation, suggests that the MBR enables the centrosome for primary cilium assembly (Bernabé-Rubio et al., 2016). Therefore, the use of a product from the final stage of cytokinesis, as is the MBR, to license primary ciliogenesis reveals a new connection between cell division and ciliogenesis.



The MBR Feeds the Centrosome With Specialized Membranes to Build the Ciliary Membrane

Until recently, almost nothing was known about the source of material with which the ciliary membrane is assembled by the alternative route. Using the fluorescent membrane probe Laurdan, whose fluorescence-emission peak depends on the compactness of the lipid environment, it was established that the ciliary membrane of MDCK cells (Vieira et al., 2006) and the flagellum of Trypanosoma brucei (Tyler et al., 2009) are enriched in condensed membranes. Compact membranes, sometimes referred to as membrane rafts, have a highly-ordered lipid structure and are involved in the compartmentalization of biological membranes (Simons and Gerl, 2010; Simons and Sampaio, 2011). Lipid liquid-liquid immiscibility is on the basis of the formation of these specialized lipid environments (Dietrich et al., 2001; Bernardino de la Serna et al., 2004; Veatch and Keller, 2005). Using two different environment-sensitive membrane probes, it was observed that peripheral MBRs are surrounded by a patch of compact membranes, which was named the remnant-associated membrane patch (RAMP) (Bernabé-Rubio et al., 2021). The RAMP is acquired by the MBR soon after completion of cytokinesis, and transits together with the MBR from the periphery to the center of the apical surface (Bernabé-Rubio et al., 2021). Although the source of the material of the RAMP is not clear, it could be supplied by vesicles present in the MB before abscission (Fielding et al., 2005; Kouranti et al., 2006; Goss and Toomre, 2008; Schiel et al., 2012). It is of particular note that the RAMP has a degree of membrane condensation, lipid diffusion and molecular lateral mobility similar to that of the ciliary membrane, consistent with a precursor-product relationship between the two membranes (Bernabé-Rubio et al., 2021). A significant observation in living cells was that, once the MBR is in the proximity of the centrosome at the center of the apical surface, the RAMP appears to split into two patches, one of which maintains its association with the MBR, and the other, called the centrosome-associated membrane patch (CAMP), localizes to the plasma membrane zone above the centrosome. Subsequently, the MBR with the rest of the RAMP is shed into the extracellular milieu, and the centrosome starts assembling a primary cilium using the CAMP lipids to build the ciliary membrane (Bernabé-Rubio et al., 2021). Since MDCK cells shed the MBR into the extracellular space once the MBR has prepared the centrosome for primary cilium formation, release of the MBR by epithelial cells, such as those of the neural tube, is not an impediment to the use of the MBR-dependent route, providing that the MBR has fulfilled its function before it is shed.

The sequential precursor-product relationship between the RAMP, the CAMP and the ciliary membrane is supported by different lines of evidence, such as: (a) the physical and genetic removal of peripheral MBRs (Bernabé-Rubio et al., 2016, 2021; Casares-Arias et al., 2020); (b) lipid-tracking experiments (Bernabé-Rubio et al., 2021); and (c) direct monitoring of the process of the assembly of the ciliary membrane in live cells (Bernabé-Rubio et al., 2021). MAL, which is an integral membrane protein that has been involved in condensed membrane organization (Puertollano et al., 1999; Antón et al., 2008; Magal et al., 2009), is necessary for proper membrane condensation at the ciliary base (Reales et al., 2015), and could act jointly with other machinery to maintain the condensation of the RAMP/CAMP. In summary, we envision the alternative route as a sequential process by which the MBR acquires condensed membranes soon after the end of cytokinesis, moves along the apical surface to a central position, and feeds the centrosome with condensed membranes for ciliary membrane assembly (Figure 1B).



Regulation of MBR Inheritance

Our model of primary ciliogenesis implies that only cells with an MBR can become ciliated. Since only one MBR forms after cell division, it may seem at first glance that, at best, only 50% of cells can ciliate, raising the question as to how a population of cells, for instance in a tissue, can come to comprise a higher percentage of ciliated cells. To resolve this apparent paradox, a model of primary ciliogenesis at the cell-population level was developed, based on mathematical simulations that were supported by quantitative data and videomicroscopic analyses (Bernabé-Rubio et al., 2016). MBR conservation and the beginning of primary ciliogenesis appear to be controlled in a cell-confinement-dependent manner whose threshold marks the transition from a rapid to a slow regime of cell division. Since not all the cells in the population behave synchronously, the model is more complex than the one depicted (Figure 2A) but, essentially, proposes that, just before becoming competent for forming a primary cilium, the cell that has reached the threshold maintains the MBR and divides in such a way that one of the daughter cells receives a new MBR and the other maintains the old one. In this way, the number of MBR-bearing cells grows exponentially and, after a few cycles of cell division, most cells will have one MBR and, consequently, the potential to form a primary cilium. Therefore, MBR retention is important not only at the single-cell level, in order to provide membranes to the centrosome for primary cilium assembly, but also at the cell-population level, to guarantee a high percentage of MBR-bearing cells.


[image: Figure 2]
FIGURE 2. Regulation of MBR inheritance at the cell-population and single-cell levels. (A) Simplified model of MBR retention at the cell-population level. When the area of the cells falls below a threshold (discontinuous line), cells continue dividing and generating new midbody remnants that move to the cell center and enable ciliogenesis. Successive cycles of cell division increase the number of MBR-bearing cells exponentially. The remaining fraction of cells without an MBR could be kept to generate a small pool of non-ciliated cells or be extruded from the cell monolayer. (B) Role of CHPM4C in MBR retention. A membranous stalk physically connects the MBR membrane and the plasma membranes of most MBR-containing cells. The stalk is derived from the uncleaved arm of the bridge and contains ESCRT machinery, including the regulatory subunit CHMP4C. CHMP4C acts on the second cut of the bridge membrane to preserve the MBR membrane connected to the plasma membrane. The integrity of the connection is necessary at the single-cell level to enable the centrosome to form a primary cilium. The change from tensile to compressive forces might act on CHMP4C in some way to prevent the cleavage of the second MB arm, allowing the connected MBRs to be inherited. (C) Schematics of the proposed evolutionary process leading to cilium emergence. (a) The intercellular bridge acquired microtubule-like filaments during prokaryotic-to-eukaryotic cell evolution. A primitive remnant containing this type of filament originated after the daughter cells separate. (b) The membrane of the remnant progressively acquired receptors and specialized lipids and formed a sensory patch. (c) A primordial microtubule-like organizing center emerged near the patch to nucleate microtubule-like filaments that, with the emergence of molecular motors, served as tracks for vectorial transport to the patch. (d) Microtubules replaced the microtubule-like filaments. The MTOC and the bridge remnant co-evolved in a basal body and an MBR, respectively. (e) The basal body acted as template for the formation of the axoneme, and the patch became the ciliary membrane. Since it was no longer necessary for it to remain at the plasma membrane, the MBR was discarded after the cilium had been assembled. At the beginning of the evolutionary process, both daughter cells probably inherited part of the bridge as a remnant. The acquisition of ESCRT machinery later on during evolution enabled MBR inheritance regulation. The discontinuous line indicates the transition between microtubule-like filaments and microtubules. (D) The three microtubule-based organelles and the cell cycle. The centrosome functions as a basal body in the cilium when cells are in the G0 phase, and is repurposed as the major MTOC when the cilium is disassembled and the cell returns to the cell cycle. It distributes to the poles of the mitotic spindle during the M phase. Once mitosis ends, with the formation of two identical nuclei, the MB forms to divide the cytoplasm into two halves, and gives rise to the MBR when the process of abscission is completed. Cells enter the G1 phase with the centrosome and the MBR in readiness to become engaged in primary cilium assembly.


The final steps of the abscission process are carried out by the endosomal sorting complexes required for transport (ESCRT) III machinery (Carlton and Martin-Serrano, 2007; Morita et al., 2007; Schöneberg et al., 2017), which progressively accumulates into rings on both sides of the FB (Elia et al., 2011; Casares-Arias et al., 2020). Afterwards, but before membrane cleavage, the ESCRT-III assembles spiral polymers whose diameter decreases as they grow away from the FB, constricting the MB (Goliand et al., 2018). The first cleavage of the MB membrane, which is sufficient to separate the daughter cells, is regulated by the regulatory ESCRT III subunit charged multivesicular body protein (CHMP) 4C, through the abscission checkpoint mechanism. This mechanism retards abscission in the case of mitotic problems, and requires phosphorylation of CHMP4C by the kinase Aurora B (Capalbo et al., 2012; Carlton et al., 2012). Ultrastructural analyses by transmission and scanning electron microscopies indicate that the membrane of most MBRs of MDCK cells is connected to the adjacent plasma membrane by a membranous stalk (Bernabé-Rubio et al., 2016; Casares-Arias et al., 2020). Detailed analysis of the cytokinetic process revealed that only one of the two MB arms is cleaved for abscission in most cases, and that the stalk derives from the arm that remains uncleaved. The integrity of the stalk is regulated by CHMP4C (Casares-Arias et al., 2020) (Figure 2B). Ser/Thr residues that are phosphorylated when the abscission checkpoint mechanism is activated, and that are crucial for retarding the first cut of the MB membrane, are also critical for delaying the second cleavage (Casares-Arias et al., 2020). When cells proliferate and the availability of space becomes limited, compressive stress forces replace those of tensile stress (Trepat et al., 2009; Bazellières et al., 2015). Since MBR inheritance in MDCK cells is regulated by cell confinement, we propose that the change in stress forces is somehow transmitted to CHMP4C to prevent the cleavage of the second MB arm, thereby allowing the inheritance of connected MBRs (Figure 2B).

In the absence of CHMP4C, the connection is cleaved and, consequently, the MBR is shed into the extracellular space. This dramatically reduces the percentage of ciliated cells (Casares-Arias et al., 2020), supporting the results obtained by physical removal of the MBR (Bernabé-Rubio et al., 2016, 2021), and providing genetic evidence of the requirement for MBR in primary cilium formation. The membranous connection ensures physical continuity between the MBR and the plasma membrane, and allows the transit of condensed membranes, and probably of other ciliary components, from the MBR to the plasma membrane zone where the centrosome is docked.

The ESCRT-associated VPS4 protein and five ESCRT subunits were isolated from Chlamydomonas flagella (Diener et al., 2015). Although their function was not investigated, they might be associated with the budding of vesicles (ectosomes) from the flagella, the process of flagellum formation, and the transport of ubiquitinated ciliary proteins from the flagellum base to multivesicular endosomes for degradation during flagellar reabsorption. VPS4 was also found at the centrosome of NIH-3T3 fibroblasts (Ott et al., 2018). The expression of a dominant-negative form of VPS4 reduces primary cilium formation in these cells and also in zebrafish embryos. Under these conditions, ~30% of NIH-3T3 cells have a large vesicle at the distal end of their mother centriole, suggesting that the VPS4 impedes the progress of the process of ciliogenesis beyond this stage (Ott et al., 2018). The ESCRT-III components CHMP2A and CHMP4A are at the base and along the cilium, respectively, of RPE1 and IMCD3 cells (Jung et al., 2020). CHMP4B depletion reduces the number of ciliated cells, indicating that CHMP4B is necessary for proper primary cilium formation (Jung et al., 2020). Thus, it is clear that ESCRT and ESCRT-associated proteins may have multiple roles that could affect ciliogenesis. However, for the CHMP4C subunit, the only effect on ciliogenesis known so far is its role in regulating MBR inheritance (Casares-Arias et al., 2020).



Proteins and Lipids at the MBR and the Ciliary Membrane

The proteome of the MB contains ciliary machinery and a large number of signaling proteins (Skop et al., 2004; Capalbo et al., 2019; Addi et al., 2020). Rab8 and IFT components were found at the MBR (Bernabé-Rubio et al., 2016), but the protein content of the CAMP is not known. Therefore, it is plausible that some ciliary proteins are provided together with CAMP lipids, although most ciliary proteins are known to be delivered to the ciliary base by vesicular transport (Sung and Leroux, 2013), and enter the cilium through the ciliary gate, which is the region at the ciliary base separating the cilium from the cytoplasm (Garcia-Gonzalo and Reiter, 2017). The material supplied by the MBR appears to be enough to build a normal-sized cilium (Bernabé-Rubio et al., 2021). Once it is formed, the cilium can be elongated by using membranes delivered by vesicular transport, as occurs after disruption of the actin cytoskeleton (Kim et al., 2010). In these cases, the increased ciliary length seems to be due to an extra supply of membranes to the centrosome that is facilitated by the clearance of actin filaments from the centrosome zone (Kim et al., 2010). A similar increase in vesicular delivery to the centrosome is observed in MDCK cells in which the apical actin cytoskeleton was disrupted (Rangel et al., 2019).

Lipids from the CAMP are delivered by the MBR to the centrosome and are subsequently used to assemble the ciliary membrane (Bernabé-Rubio et al., 2021). The discovery that RAMPs are formed by specialized membranes is consistent with those of previous studies showing that cells specifically regulate the localization of lipids to the MB (Atilla-Gokcumen et al., 2014), that lipids characteristic of condensed membranes are required for cytokinesis (Abe et al., 2012; Makino et al., 2015), and that the MB has a different lipid composition from that of most cellular membranes (Arai et al., 2015). Phosphorylated derivatives of phosphatidylinositol (PI) modulate many cellular processes, such as membrane trafficking, cell signaling and cytoskeleton organization (Di Paolo and De Camilli, 2006; Cauvin and Echard, 2015) and are important for cytokinesis and normal function of the cilium (Kouranti et al., 2006; Logan and Mandato, 2006; Garcia-Gonzalo et al., 2015; Phua et al., 2017). PI(4,5)P2 interacts directly with several actin-binding proteins to activate the assembly of actin filaments and to inhibit their disassembly (Saarikangas et al., 2010). PI(4,5)P2 hydrolysis is catalyzed by PI5 phosphatases, such as OCRL and Inpp5e, which generate PI(4)P. Inpp5e, which localizes to the cilium, compartmentalizes PI(4)P to the ciliary membrane and PI(4,5)P2 to the ciliary base (Garcia-Gonzalo et al., 2015). This segregation prevents actin filament formation in the cilium and is necessary for normal transport of GPCRs to the cilium, for ciliary signaling and cilium stability (Garcia-Gonzalo et al., 2015; Phua et al., 2017). OCRL, which is transported to the intercellular bridge during cytokinesis, is responsible for PI(4,5)P2 hydrolysis, allowing actin filament clearance, which is a necessary step for normal cleavage of the MB membrane (Kouranti et al., 2006; Logan and Mandato, 2006). Although there is no direct information about the occurrence of PIs in the MBR, PI(4)P might be present there, since PI(4)P is generated just before MBR formation.




SPECULATIVE MODEL OF CILIUM EMERGENCE DURING EVOLUTION

It was suggested that the evolutionary origin of the cilium was a specialized membrane patch of the plasma membrane that recruited important sensory receptors. During evolution, the primitive patch progresses by acquiring microtubules to make it protrude for increased environmental exposure of sensory membranes, and also by the appearance of a primeval machinery derived from a coatomer-like progenitor for vectorial transport to the membrane patch (van Dam et al., 2013). Subsequently, the scaffold microtubules and the patch become the axoneme and the ciliary membrane patch, respectively, the primitive machinery evolve to become the IFT machinery, and cilia are also used for cell propulsion (Jékely and Arendt, 2006; Quarmby and Leroux, 2010; Bloodgood, 2012).

In eukaryotes, chromosome segregation is performed by the tubulin-based cytoskeleton, whereas cytokinesis involves the actin–myosin cytoskeleton. In contrast, most prokaryotic cytokinesis is based on the tubulin homolog FtsZ, whereas actin-like proteins, such as MrB, are used for chromosome segregation. This suggests that a profound switch in the mechanism of cell division has occurred during the transition from prokaryotes to eukaryotes (Löwe and Amos, 2009; Jékely, 2014). We speculate that after this switch, the primitive intercellular bridge with microtubule-like filaments generates a remnant that progressively acquires specialized lipids to assemble a membrane patch that serves to recruit sensory receptors, and develops some of the ciliary functions before the cilium emerges. Although the centrosome may have originated independently of the ancient bridge remnant, it is also plausible that the microtubule-like filaments of a primitive remnant give raise autogenously to a primordial microtubule-organizing center (MTOC) close to the patch, whose original mission might be to direct vectorial transport of additional receptors or new materials to the patch. The primitive intercellular bridge and MTOC could have co-evolved thereafter. On one hand, the bridge replaces microtubule-like filaments with microtubules, forms an FB, become an MB and, upon abscission, an MBR. On the other hand, the MTOC might become a basal body capable of acting as a template for the formation of a cilium and, afterwards, a centrosome, by duplication and acquisition of a periocentriolar matrix (Figure 2C). This proposed evolutionary pathway resembles the model of primary cilium biogenesis that we have presented for the alternative route of polarized epithelial cells (Figure 1B).



CONCLUSIONS AND FUTURE DIRECTIONS

The bipartite, functional links between the centrosome and cell division, and therefore between the centrosome and the MB/MBR, and between the centrosome and the cilium are well-established. More than 125 years after the discovery of the centrosome, the MB and the cilium, our model of primary ciliogenesis establishes a tripartite link between these microtubule-based organelles by revealing that the MBR feeds the centrosome with specialized membranes forming an immiscible lipid liquid-liquid patch to assemble the primary cilium.

One important question is whether, in addition to transferring the patch of condensed membranes, the MBRs delivers other materials to the cell that inherits it (Peterman et al., 2019). Other questions address the movement of the MBR to meet the centrosome. How is the MBR propelled to transit to the center of the apical surface? How does it communicate with the centrosome to know where to stop? It is plausible that the use of MBR material for ciliogenesis is not exclusive to the alternative route. It will be worthwhile investigating whether the MBR, either at the plasma membrane or internally, participates in the intracellular route by providing material to form the small vesicle precursors.

Our model of primary ciliogenesis by the alternative route is closely linked to cell division (Figure 2D). It proposes that a part of the MB, in the form of the MBR, is repurposed after cell division to deliver specialized membranes to the centrosome for the assembly of the ciliary membrane. The model is based entirely on experimental results and prompts new questions that need to be addressed. To make progress in this area, it is necessary to put aside dogmatic positions and evaluate the model with new experiments. The words of Sorokin (1962), concerning his model of the intracellular route, are equally relevant to our model of the alternative route: “there is some reason to remark that the reconstruction of a biological process from a series of stages can express a hypothesis, but that it does not establish its truth //…//. Some merit may therefore be found in the reconstructions offered if they are helpful in establishing the conceptual framework that so often precedes the design of subtle and telling experiments.”
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In this study, we aimed to evaluate the role of ALMS1 in the morphology of primary cilia and regulation of cellular signaling using a knockdown model of the hTERT-RPE1 cell line. ALMS1 depletion resulted in the formation of longer cilia, which often displayed altered morphology as evidenced by extensive twisting and bending of the axoneme. Transforming growth factor beta/bone morphogenetic protein (TGF-β/BMP) signaling, which is regulated by primary cilia, was similarly affected by ALMS1 depletion as judged by reduced levels of TGFβ-1-mediated activation of SMAD2/3. These results provide novel information on the role of ALMS1 in the function of primary cilia and processing of cellular signaling, which when aberrantly regulated may underlie Alström syndrome.
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INTRODUCTION

Alström syndrome (ALMS; MIM#203800) is a rare, autosomal recessive disorder included in the group of ciliopathies, which share a common etiology: defects in the structure and function of cilia (widely reviewed in Mitchison and Valente, 2017; Reiter and Leroux, 2017). The clinical spectrum displayed by ALMS patients includes: early-onset retinal dystrophy, obesity with type 2 diabetes mellitus (T2DM), hyperinsulinemia and insulin resistance, sensorineural hearing loss, dilated cardiomyopathy, renal, hepatic and pulmonary injury, and widespread fibrosis (reviewed in Marshall et al., 2011). As far as we know, ALMS represents a particular entity within ciliopathies since, it is a monogenic syndrome caused by mutations in the ALMS1 gene (HGNC:428). This gene encodes a protein of 4,169 amino acids localized to centrosomes and basal bodies of primary cilia (Collin et al., 2002; Hearn et al., 2002, 2005).

The ALMS1 protein plays a broad range of biological roles, including cilia maintenance and function, endosomal trafficking, control of cell cycle, cellular differentiation, and energy balance homeostasis (reviewed in Girard and Petrovsky, 2011; Álvarez-Satta et al., 2015; Hearn, 2019). While some studies showed that ALMS1 is required for primary cilium formation and centrosomal cohesion (Graser et al., 2007; Li et al., 2007; Knorz et al., 2010), others report no essential role in ciliogenesis (Collin et al., 2005, 2012; Hearn et al., 2005; Chen et al., 2017).

Despite great progress has been made to determine the ciliary and extraciliary roles from ALMS1, the molecular basis underlying ALMS is still largely unknown. Therefore, it seems possible that this protein is involved in other cellular pathways still unexplored. Interestingly, cardiac anomalies and multiorgan fibrosis, common phenotypes related to ALMS, are well-known to be associated with aberrant transforming growth factor beta/bone morphogenetic protein (TGF-β/BMP) signaling (reviewed in Heger et al., 2016; Walton et al., 2017). The TGF-β/BMP pathway acts as a central regulator of cell proliferation, differentiation, and survival programs, usually triggering anti-inflammatory and cytostatic responses (reviewed in Massagué, 2012; Zhang et al., 2017). This pathway operates in tightly spatiotemporal coordination with many other signaling cascades such as Wnt, Hippo, Notch, Hedgehog (Hh), mitogen-activated protein kinase (MAPK), or phosphoinositide 3-kinase (PI3K)-Akt, representing a central partner of extensive crosstalk that will eventually determine the specific effect in different cell types ans conditions (Luo, 2017).

The TGF-β/BMP pathway can activate two types of cascades when stimulated: canonical and non-canonical (Massagué, 2012). The canonical signaling is mediated by specific transcription factors called R-SMAD proteins (SMAD2/3 in TGF-β/activin/nodal signaling and SMAD1/5/8 in BMP signaling), whereas the non-canonical response comprises a plethora of non-R-SMAD pathways that complement SMAD action. They include cascades mediated by Rho GTPases or MAPKs such as the extracellular signal-regulated protein kinases 1 and 2 (ERK1/2), and also the PI3K-Akt-mTOR pathway, among others.

Remarkably, the primary cilium is known to be a key regulator of TGF-β/BMP signaling by clathrin-dependent endocytosis (CDE) at ciliary pocket, an invagination of the plasma membrane at the base of the cilium that represents a major site for exo- and endocytosis (reviewed in Pedersen et al., 2016; Christensen et al., 2017). Thus, TGF-β receptors and other components of the signaling machinery localize to the ciliary pocket of primary cilia (Clement et al., 2013; Vestergaard et al., 2016; Gencer et al., 2017). Besides, SMAD2/3 and ERK1/2 phosphorylation and subsequent activation occur at this ciliary domain (Clement et al., 2013), supporting the idea that primary cilia are important for balancing the output of TGF-β/BMP signaling.

Therefore, it is necessary to further explore the molecular basis of ALMS to decipher the pathophysiological mechanisms underlying ALMS phenotypes and also to better define the involvement of ALMS1 in the ciliary activity. In this study, we aimed to establish an ALMS1 knockdown model from cultured mammalian cells to analyze the effect of ALMS1 depletion on: (i) primary cilia, assessing ciliary length, and morphology, and (ii) TGF-β/BMP signaling, performing stimulation assays to find a possible molecular link between ALMS and the TGF-β/BMP pathway.



MATERIALS AND METHODS


Cell Culture and Transfection

hTERT RPE-1 (RPE-1) and HeLa cells [laboratory stock, derived from American Type Culture Collection (ATCC) clone CRL-4000] were cultured in Dulbecco's modified Eagle's medium (DMEM, Sigma-Aldrich) supplemented with 10% fetal bovine serum (FBS, PAA laboratories), 1% penicillin-streptomycin (Gibco), and 2 mM L-Glutamine (Lonza) at 37°C and 5% CO2 atmosphere in a humidified incubator. Cultures were passaged once or twice a week. For ALMS1 silencing, RPE-1 cells were transiently transfected using a commercial pool of four small interfering RNAs (siRNAs) [ON-TARGET plus Human ALMS1 (7840) SMARTpool (5 nmol) from Dharmacon]. A negative control siRNA (5′-UAAUGUAUUGGAACGCAUA-3′, Eurofins Genomics) was assayed in parallel for each experiment. We followed a reverse transfection protocol using Lipofectamine®RNAiMAX (Invitrogen) according to the manufacturer's instructions and maintaining a final concentration of 30 nM siRNA. For that, cells were plated on coverslips or cultured dishes from a 90 to 95% confluent flask to reach 30–50% confluency at 24 h after plating. Then, the culture medium was changed to a serum-free medium, and cells were incubated for additional 48 h before harvesting to promote primary cilia formation.



Quantitative RT–PCR

Total RNA was extracted from cells using Nucleospin®RNA (Macherey-Nagel) according to the manufacturer's protocol. A total of 790–850 ng of RNA was reverse transcribed into cDNA using SuperScript® IV Reverse Transcriptase (Invitrogen) with an incubation step at 50°C during 50 min as recommended for long transcripts such as ALMS1. Relative quantification was carried out in 20 μL reactions using 2 μL of diluted cDNA [1:50 for the reference gene beta-actin (ACTB) and 1:10 for ALMS1 gene] and 1 μL of commercial TaqMan® Gene Expression Assays (Hs01060665_g1 and Hs00367316_m1, respectively). All samples were run in triplicate on the StepOne™ Real-Time PCR System (Applied Biosystems) for 10 min at 95°C, 40 cycles of 15 s at 95°C and 1 min at 60°C. The relative amount of ALMS1 mRNA normalized to ACTB was calculated in each sample using the Pfaffl model (Pfaffl, 2001). Biological replicates were repeated three times per condition (control and siRNA-treated cells).



Immunofluorescence Microscopy Analysis

Cells grown on glass coverslips were washed twice in cold PBS and fixed in a cold 4% (w/v) paraformaldehyde (PFA) solution for 15 min, followed by two washes with PBS and a permeabilization step using PBS/0.2% (v/v) Triton-X100/1% (w/v) bovine serum albumin (BSA) buffer for 12 min. After one PBS wash, cells were subjected to double immunostaining starting with a block step in a PBS/2% (w/v) BSA solution for 30 min at room temperature (RT), then incubation with primary antibodies in blocking solution for 90 min at RT, three washes with PBS for 5 min each, incubation with secondary antibodies and DAPI (1 μg/mL) in blocking solution for 45 min at RT in the dark, and finally, three washes with PBS for 5 min each. Once finished, coverslips were mounted in Prolong® Diamond Antifade Mountant (Molecular Probes) according to manufacturer's instructions and imaged at 100× magnification using an Olympus BX-83 upright microscope with a DP71 color camera with DP controller software. Images were processed for publication using Adobe Photoshop (v. CS6) or Fiji/ImageJ software (v.1.51d). Measurement of cilia length was carried out on imaged cells in at least 50 cells per condition across three-independent experiments. The following primary antibodies and dilutions were used: rabbit anti-ALMS1 (Abcam, ab84892, 1:1,000) and mouse anti-acetylated tubulin (Sigma-Aldrich, T6793 clone 6-11b-1, 1:2,000) as a ciliary marker. Secondary antibodies were used at 1:600: Alexa Fluor® 488-conjugated goat anti-rabbit (Thermo Scientific, A-11008) and Alexa Fluor® 594-conjugated goat anti-mouse (Thermo Scientific, A-11005). Nuclei were stained with DAPI.



Ligand Stimulation Assays

For TGF-β/BMP stimulation assays, control, and siRNA-treated cells were washed once in commercial DPBS (Sigma-Aldrich) and incubated in fresh DMEM with 2 mM L-Glutamine for 30 min before stimulation. Then, TGFβ and BMP signaling were independently stimulated by adding specific ligands for 0, 10, 30, and 90 min: recombinant human TGFβ1 (rhTGF-β1; R&D Systems, 240-B) at 2 ng/mL (final concentration) and recombinant human/mouse/rat BMP-2 (rh/m/rBMP2; R&D Systems, 355-BM) at 50 ng/mL. After stimulation, cells were washed twice in ice-cold PBS, harvested using a scraper, and centrifuged in a Sigma® 1–14 K at 4°C, 7,400×g for 10 min. Then, pellets were incubated on ice for 10 min in 40–50 μL of ice-cold RIPA lysis buffer with 0.1% (v/v) protease inhibitor cocktail (Calbiochem) and 1 mM sodium orthovanadate as phosphatase inhibitor (Sigma-Aldrich). Lysates were centrifuged at 4°C, 14,500×g for 25 min, and the supernatant was collected and conserved at −20°C until used. Protein concentration was measured by Bradford assay (Bradford, 1976) with the Bio-Rad protein assay.

For the ALMS1 TGF-β/BMP stimulation assay, we starved HeLa cells for 24 h, and then added 2/4 ng/mL TGF-β or 50/100 ng/mL BMP. We extracted mRNA before stimulation and 24 h after stimulation.



SDS-PAGE, Western Blotting, and Quantification

Samples for SDS-PAGE were prepared by mixing 20 μg of each lysate with Laemmli sample buffer (Bio-Rad) and 5% (v/v) β-mercaptoethanol, then boiled at 95°C for 5 min and run on a 12% Mini-PROTEAN® TGX™ precast gel (Bio-Rad) for 40–50 min. Proteins were transferred onto a polyvinylidene fluoride (PVDF) membrane using the Trans-Blot® Turbo™ Transfer System (Bio-Rad) at 25 V for 30 min. Membranes were blocked in 5% (w/v) non-fat dry milk in TBST [TBS/0.1% (v/v) Tween-20] for 1.5 h at RT, then incubated overnight at 4°C with primary antibodies diluted in blocking solution, washed three times for 5 min each with blocking solution, incubated with horseradish peroxidase-conjugated secondary antibodies diluted in blocking solution for 45 min at RT and finally washed three times for 5 min each with TBS.

Blots were revealed using Clarity™ Western ECL Substrate (Bio-Rad) in a ChemiDoc™ XRS+ System and Image Lab™ software (v.3.0, Bio-Rad). Blots were probed for detection of phosphorylated SMAD2 (pSMAD2; approximately 60 kDa), phosphorylated SMAD1/5 (pSMAD1/5; 60 kDa),and phosphorylated ERK1/2 (pERK1/2; 42, 44 kDa). Immunoblots signals were quantified by densitometry analysis using Image Lab™: each intensity value was normalized to total protein staining as a loading control (following a standard protocol for Coomassie Brilliant Blue R-250 staining) and then fold-change ratios were calculated using the corresponding normalized intensity value of the control sample stimulated for 30 min as a reference in each blot. At least three biological replicates from separate experiments were used for protein level calculations. The following primary antibodies and dilutions were used: rabbit anti-phospho-SMAD2 (3101, 1:500), rabbit anti-phospho-Smad1/5 (9516, 1:500), and rabbit anti-phospho-p44/42 MAPK (ERK1/2) (9101, 1:500) from Cell Signaling Technology. Anti-rabbit IgG HRP-linked (Sigma-Aldrich, A0545) was used as secondary antibody with 1:15,000 dilution,).



Statistical Analysis

All data are presented as mean ± standard deviation (SD). Initially, a Shapiro test was carried out to confirm the normality of the data. To compare the calculated means for ciliary length between control and siRNA-treated cells, we used the Student's t-test for two independent samples, while for protein levels we used a two-way ANOVA with Sidak post-hoc correction. All tests were considered statistically significant if p ≤ 0.05. Statistical analyses were accomplished with the SPSS software (v.15.0, SPSS Inc.) or GraphPad Prism (version 7.00 for Windows, GraphPad Software).




RESULTS


ALMS1 Knockdown Affects Ciliary Length and Morphology in hTERT RPE-1 Cells

To initially verify ALMS1 localization to the base of primary cilia, RPE1 cells were depleted for a serum for 24 h to induce growth arrest followed by immunofluorescence microscopy analysis (IFM). As shown in Figure 1A, ALMS1 predominantly localizes to the ciliary base and often as two puncta, which correspond to the centrioles of the centrosome (Hearn et al., 2005). Our analysis indicated no localization of the protein to extra-ciliary sites, suggesting that ALMS1 is mostly confined to the ciliary base in growth-arrested RPE1 cells as previously reported (Hearn et al., 2005). Next, to investigate if ALMS1 plays a role in cilia formation, RPE-1 cells were transfected with a pool of commercially available siRNAs against ALMS1 gene and 72 h after transfection, which included 24 h of serum starvation, depletion efficiency was assessed by RT-qPCR and IFM analyses. A mean reduction of 67% (mean ± SD: 66.83 ± 3.72%; n = 3) in ALMS1 expression was achieved (Supplementary Figure 1A), and as judged by IFM the level of ALMS1 was greatly reduced at the cilia base, confirming knockdown at the protein level (Supplementary Figure 1B).


[image: Figure 1]
FIGURE 1. ALMS1 knockdown increases the number of aberrant cilia and ciliary length. (A) Representative immunofluorescence image of primary cilia in untransfected cells. Primary cilia (arrows) are stained in red, ALMS1 protein (asterisks) in green and cell nuclei in blue (DAPI). A zoomed cilium is also shown. (B) Percentage of ciliated cells in control (siMock) and silenced (siALMS1) cells (n = 3). (C) Representative immunofluorescence images of primary cilia in control and silenced cells showing different aberrant morphologies (n = 3). (D) Dot plot representing each of the measurements of ciliary length for control and silenced cells; n = 3 with at least 50 cilia measured per biological replicate. (E) Radar plot of the percentage of ciliary twisting and its bending angles between control and silenced cells (n = 3). Error bars represent mean ± SD (*p < 0.05, **p < 0.01).


While depletion of ALMS1 did not affect the ability of cells to form primary cilia (Figure 1B), we observed that siRNA-treated cells displayed significantly longer cilia compared to mock-treated cells (mean ± SD: 3.28 ± 0.18 μm in siRNA-treated cells vs. 2.83 ± 0.06 μm in controls; p = 0.041) (Figures 1C,D). Further, we noticed that ALMS1-depleted cells in many cases presented cilia with abnormal morphologies, including axonemal segmentation, ciliary bulging, and most prominently extensive ciliary bending and/or twisting, which occasionally presented as zigzag folding along the ciliary axis (Figure 1C). The number of cilia with twisted configuration was evaluated by measuring the angle of ciliary bending along the axoneme: 0–24°, 25–44°, 45–90°, and >90°. As indicated in the radar plot (Figure 1E), ALMS1-depleted cells presented significantly more cells with ciliary bending 45–90° (mean ± SD: 23.6 ± 1.2% in siRNA-treated cells vs. 11.2 ± 1.7% in controls; p = 0.002) and >90° (mean ± SD: 21.0 ± 3.1% in siRNA-treated cells vs. 6.7 ± 2.7% in controls; p = 0.003). A significantly lower number of cells subjected to ALSM1 knockdown displayed cilia with no or little bending (0–24°) (mean ± SD: 33.7 ± 1.3% in siRNA-treated cells vs. 59.1 ± 6.6% in controls; p = 0.008).



ALMS1 Depletion Leads to Downregulation of TGF-β Signaling

In TGFβ-1 stimulated cells, we observed a significant reduction in activation of SMAD2/3 at all time-points of stimulation in ALMS1-depleted cells (10 min: p < 0.0001, 30 min: p = 0.0149 and 90 min: p = 0.0028) and ERK1/2 at 30 min (p = 0.027) (Figures 2A–C). In contrast, BMP-2-mediated activation of SMAD1/5 and ERK1/2 was largely unaffected in ALMS1-depleted cells (Figures 2D–F).


[image: Figure 2]
FIGURE 2. Transient ALMS1 knockdown is associated with a decrease in SMAD2 phosphorylation following TGF-β1 stimulation and a decrease in ERK1/2 phosphorylation after BMP-2 treatment. (A) Representative immunoblot for p-SMAD2 and p-ERK1/2 proteins in control (siMock) and silenced (siALMS1) RPE-1 cells after TGF-β1 stimulation at 0, 10, 30, and 90 min (n = 4). (B) Bar plot of the pSMAD2 normalized protein levels after TGF-β1 stimulation (n = 4). (C) Bar plot of the normalized p-ERK1/2 protein levels after TGF-β1 stimulation (n = 4). (D) Representative immunoblot for p-SMAD1/5 and p-ERK1/2 proteins in control (siMock) and silenced (siALMS1) RPE-1 cells after BMP-2 stimulation at 0, 10, 30, and 90 min (n = 3). (E). Bar plot of the pSMAD1/5 normalized protein levels after BMP-2 stimulation (n = 3). (F) Bar plot of the normalized pERK1/2 protein levels after BMP-2 stimulation (n = 3). All protein quantification data are presented as Arbitrary Units (AU) (*p < 0.05, **p < 0.01, ****p < 0.0001).




ALMS1 mRNA Levels Increase After TGFβ-1 and BMP2 Stimulation

We extracted mRNA after ligand stimulation to asses the effect of the predicted SMAD-binding sites within ALMS1 promoter (Supplementary Table 1). Our qPCR results showed that ALMS1 levels increase after the stimulation of both TGFβ-1 (2 ng/Ml, p = 0.0073, n = 2) and BMP2 (100 ng/mL, p = 0.02, n = 2) (Figure 3).


[image: Figure 3]
FIGURE 3. ALMS1 expression is enhanced upon stimulation with TGF-B/BMP in HeLa cells. Treatments with TGFβ-1 (2 ng/Ml, p = 0.0073, n = 2) and BMP2 (100 ng/mL, p = 0.02, n = 2) showed statistical significance after a Kruskal-Wallis test with Dunn's correction in comparison with the unstimulated cells (n = 4). *p < 0.05, **p < 0.01.





DISCUSSION

The study of ALMS has generated much interest in the last years since it represents a monogenic model of obesity and metabolic syndrome. Nevertheless, the molecular basis of ALMS has not yet been elucidated. ALMS1 protein plays a wide range of biological roles, encompassing both ciliary and extraciliary functions, what has raised some controversy about ALMS should be considered a ciliopathy caused by cilia dysfunction or if, however, it is associated with a loss of ALMS1 functions unrelated to primary cilia (Chen et al., 2017; Hearn, 2019). Several hallmark features of ALMS such as cardiomyopathy, widespread fibrosis, and severe obesity with metabolic syndrome are known to be related to deregulation of TGF-β/BMP signaling (Zamani and Brown, 2011; Grgurevic et al., 2016; Heger et al., 2016; Walton et al., 2017); however, the possible connection between this pathway and the ALMS1 protein has not been extensively studied.

Here we report a role for ALMS1 gene in primary cilia assembly, affecting both ciliary length and morphology, in an RPE-1 model. Upon loss of ALMS1 expression, we observed that depleted cells assembled longer cilia with a higher proportion of aberrant morphologies. Interestingly, a similar trend can be inferred from measurements in fibroblasts from several ALMS patients, who assembled slightly longer cilia (Chen et al., 2017). The formation of longer cilia has also been associated with ciliary proteins such as BBS4 and MKS1-3 in cultured cells from Bbs4−/− model mice (Mokrzan et al., 2007) and Meckel patients (Tammachote et al., 2009). Thus, an abnormal ciliary length may affect both cargo transport and position along the cilium, which could disturb the normal activity of signaling cascades regulated by primary cilia (Mokrzan et al., 2007; Tammachote et al., 2009). In addition, longer cilia would have a direct impact on cell-cycle progression, tightly related to ciliary assembly and disassembly (reviewed in Ishikawa and Marshall, 2011). This is consistent with longer cell cycles reported in fibroblasts from ALMS patients (Zulato et al., 2011), which suggests a role for ALMS1 in the regulation of cell-cycle duration.

The functional link between ciliogenesis, actin dynamics, and endocytic recycling has been well defined in previous works on BBS4, BBS6, and other cilia-related proteins (Kim et al., 2010; Hernandez-Hernandez et al., 2013). Since the interaction of ALMS1 with α-actinin, a cytoskeletal actin binding-protein, and other components of the endosome recycling pathway has already been reported (Collin et al., 2012; Favaretto et al., 2014), it seems reasonable that ALMS1 might be a key regulator of the ciliary assembly via actin remodeling control. On the other hand, the aberrant morphologies reported here suggest that ALMS1 loss is accompanied by disruption of the normal axoneme architecture.

In addition to its role in ciliary assembly, our work provides the first evidence of the implication of ALMS1 in the TGF-β/BMP pathway. Our results suggest that ALMS1 depletion downregulates the TGF-β signaling, (probably) disturbing the signaling through canonical and non-canonical pathways. ALMS1 may therefore be a key regulator of TGF-β signaling, which could explain some of the most severe features developed by ALMS patients. Fibrosis, one of the major causes of morbidity and mortality in ALMS, is primarily driven by TGF-β ligands, especially activators of the SMAD2/3 axis, which is upregulated in many human fibrotic conditions (Walton et al., 2017). Our result is consistent with previous observations that SMAD2 depletion promotes fibrosis through the specific activation of SMAD3, well characterized as a key mediator of pro-fibrotic responses (Meng et al., 2010). In addition, some evidence from Zulato et al. (2011) support our results: (i) fibrosis in ALMS is a primarily defect due to ALMS1 mutations and (ii) ALMS fibroblasts show greater responsiveness to TGF-β stimulation, which produces an excessive deposition of extracellular matrix components. Therefore, we propose that ALMS1 silencing leads to the inhibition of SMAD2 phosphorilation, which may prevent the protector effect against fibrosis associated with this protein and also trigger the systemic fibrosis displayed by ALMS patients. On the other hand, downregulation of TGF-β signaling could also explain other hallmark features related to ALMS such as dilated cardiomyopathy. Thus, several patients with ALMS1 mutations show mitogenic cardiomyopathy, a rare form of dilated cardiomyopathy defined by an uncontrolled proliferation of cardiomyocytes (Louw et al., 2014; Shenje et al., 2014). Considering that both TGF-β/BMP signalings usually keep a balance between anti-proliferative and proliferative responses, ALMS1 could be a key regulator of this pathway. A persistent mitotic activity could be triggered if this balance is disturbed as a consequence of ALMS1 depletion. The essential role of ALMS1 in terminal cardiomyocyte cell cycle arrest for the maturation of the mammalian heart supports this possibility (Shenje et al., 2014). We thereby propose that alteration of TGF-β/BMP balance would be a new potential pathophysiological mechanism underlying ALMS.

Although ALMS1 seems to regulate both canonical and non-canonical cascades in response to TGF-β stimulation, the presence of binding sites for SMAD3/4 in ALMS1 promoter (Supplementary Table 1) may point out that ALMS1 specifically acts on R-SMADs. We confirmed that upon stimulation of TGF-B/BMP, ALMS1 expression is enhanced (Figure 3). In addition, the ALMS1 sequence harbors nuclear localization signals (Collin et al., 2002) that might anticipate a potential role in regulating the nuclear translocation of active SMAD complexes to activate TGF-β/BMP target genes. Another possibility is that ALMS1 could modulate the levels of available TGF-β/BMP receptors given its role in endocytosis and trafficking-related processes (Collin et al., 2012; Favaretto et al., 2014), which are essential mechanisms for modulating the activation of TGF-β/BMP signaling (reviewed in Balogh et al., 2013; Ehrlich, 2016; Pedersen et al., 2016).

In conclusion, we report a role for ALMS1 in ciliary assembly and also in the inhibition of TGF-β signaling in cultured human cells, which may represent novel pathophysiological mechanisms underlying ALMS that could explain some of the most severe phenotypes related to this syndrome, such as fibrosis or cardiomyopathy. Despite our results are based on an in vitro system of cultured cells, the finding of TGF-β alterations related to ALMS1 might open new therapeutic options that should be explored for ALMS patients.
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The primary cilium, a microtubule based organelle protruding from the cell surface and acting as an antenna in multiple signaling pathways, takes center stage in the formation of the cerebral cortex, the part of the brain that performs highly complex neural tasks and confers humans with their unique cognitive capabilities. These activities require dozens of different types of neurons that are interconnected in complex ways. Due to this complexity, corticogenesis has been regarded as one of the most complex developmental processes and cortical malformations underlie a number of neurodevelopmental disorders such as intellectual disability, autism spectrum disorders, and epilepsy. Cortical development involves several steps controlled by cell–cell signaling. In fact, recent findings have implicated cilia in diverse processes such as neurogenesis, neuronal migration, axon pathfinding, and circuit formation in the developing cortex. Here, we will review recent advances on the multiple roles of cilia during cortex formation and will discuss the implications for a better understanding of the disease mechanisms underlying neurodevelopmental disorders.

Keywords: primary cilium, cerebral cortex, ciliopathy, signaling, radial glial cells, corpus callosum


INTRODUCTION

The cerebral cortex contains dozens of different types of neurons (van den Ameele et al., 2014). This diversity is thought to underlie its ability to mediate our intellectual capabilities. Therefore, the mechanisms underlying cortical development are at the core of what makes us humans (van den Ameele et al., 2014) and identifying such mechanisms is of central interest in Developmental Neurobiology. Corticogenesis itself represents a multi-step process that initially involves the subdivision of the telencephalon into distinct dorsal and ventral domains giving rise to the neocortex and the basal ganglia, respectively. This patterning process is accompanied by an expansion of radial glial cells, neural stem cells, that eventually undergo neurogenesis to form cortical projection neurons. Newly born neurons leave the stem cell niche and migrate radially along the radial glial fibers to their final position in the cortical plate where they mature forming dendrites and axonal connections. These diverse steps are controlled by multiple signaling events. Signals from within and from outside the cortex control patterning, the formation of neurons, their migration and their integration into neuronal networks to eventually enable cortical functioning. Given this importance of cell signaling, elucidating the roles of primary cilia in cortical development has gained much attention in recent years.

Primary cilia are small protrusions from the cell surface and act as signaling hubs in neural development. Harboring the cell surface receptors for multiple signaling pathways, this tiny organelle receives the signals controlling corticogenesis and converts them into cellular responses, for example into changes in gene expression and/or alterations in the migratory behavior of cells and axons. Astonishingly, the cilium can even influence axon pathfinding decisions by the axonal growth cone which is separated from the cilium by large distances, in case of the corticospinal motor neurons by several centimeters (Guo et al., 2019). Moreover, defects in the function and/or structure of primary cilia underlie a group of syndromes commonly referred to as ciliopathies. There are at least 35 human syndromes in which primary cilia are affected with an increasing number of established and candidate ciliopathy-associated genes (Reiter and Leroux, 2017). Ciliopathies are characterized by pleiotropic clinical features and many ciliopathy patients display severe neurological symptoms, most commonly intellectual disability (ID) and ataxia that often coincide with brain malformations including agenesis of the corpus callosum, abnormal brain size (microcephaly/macrocephaly), hydrocephalus and hypothalamic hamartomas (Valente et al., 2014) but little is known about the underlying disease mechanisms. In turn, many candidate genes for autism spectrum disorder (ASD), schizophrenia, and ID affect primary cilia function (Lee and Gleeson, 2011; Louvi and Grove, 2011; Marley and von Zastrow, 2012; Guo et al., 2017) thereby linking cilia to other neurodevelopmental disorders not commonly regarded as classical ciliopathies. In this review, we briefly describe the structural features of primary cilia and illustrate how they control cell signaling in the cortex. We then discuss the involvement of primary cilia in neurogenesis, neuron migration and neuronal circuit formation during corticogenesis. With respect to cortical patterning, we would like to refer the interested reader to an excellent recent review (Park et al., 2019).



PRIMARY CILIA, CELL–CELL SIGNALING AND CORTICAL DEVELOPMENT

Primary cilia are microtubule based cell organelles that function as sensors for chemical and mechanical cues from the cellular environment. Nine outer microtubule doublets emanate from the basal body at the ciliary base to form the ciliary axoneme which protrudes from the cell surface (Figure 1) (Fisch and Dupuis-Williams, 2011). Primary cilia lack a central microtubule pair in a 9 + 0 arrangement. A transition zone acts as a filter to control the entry and exit of proteins in and out of the cilium, respectively (Garcia-Gonzalo et al., 2011; Reiter et al., 2012). Located at the base of the axoneme, the transition zone (TZ) seals the cilium from the cytoplasm. Thereby the cilium forms a separate cell compartment with a distinct protein and membrane composition. Within the cilium, proteins are transported using the intraflagellar transport (IFT) machinery (Mourao et al., 2016). The IFT-B complex moves cargo in the anterograde direction from the base of the cilium to the ciliary tip using Kinesin motor proteins while retrograde transport from the tip toward the ciliary base involves IFT-A complexes and dynein motors (Ishikawa and Marshall, 2017).


[image: image]

FIGURE 1. Structure of the cilium and Hedgehog signaling. (A) Structure of the primary cilium. Microtubuli are emanating from the basal body in a 9 + 0 arrangement thereby forming the axoneme. The cilium is separated from the cytoplasm and the plasma membrane by the transition zone which consists of the transition and Y shaped link fibers. (B,C) Primary cilia control Hedgehog (Hh) signaling. (B) In the absence of Hh proteins, Patched (Ptch1) inhibits the ciliary entry of Smoothened (Smo). Gpr161 activity leads to increased formation of cAMP, activation of Protein Kinase A (PKA) and phosphorylation of Gli3 full length (Gli3FL). Gli3FL becomes proteolytically cleaved at the ciliary base to form the Gli3 repressor (GLI3R) that represses the expression of Hh target genes. (C) Upon binding of Hh protein, Ptch1 can no longer inhibit ciliary entry of Smo. A complex of Kif7, Sufu and Gli3FL accumulates at the ciliary tip where an activation of GLI3FL occurs. The resulting Gli3 activator protein (Gli3A) activates the expression of Hedgehog target genes.



Primary Cilia, Hedgehog Signaling and Cortical Development

Primary cilia play pivotal roles in several signaling pathways including Notch/Delta, canonical and non-canonical Wnt, receptor tyrosine kinase and mTOR signaling that are critical for proper cortical development (Park et al., 2019). At the molecular level, ciliary roles are best understood for the Hedgehog (Hh) signal transduction pathway which shall be briefly outlined here. In the absence of signal, the Hh receptor Patched1 (Ptch1) is localized to the cilium and prevents the Hh signal transducer Smoothened (Smo) from accumulating in the cilium (Figure 1B) (Rohatgi et al., 2007). Moreover, the negative regulator Gpr161 activates Protein Kinase A (PKA) (Mukhopadhyay et al., 2013) that in turn phosphorylates the Gli3 transcription factor. As a consequence, Gli3 becomes proteolytically cleaved by the proteasome at the base of the cilium in a ciliary dependent manner to form the Gli3 repressor (Gli3R) (Haycraft et al., 2005) which represses the activity of Hh target genes. Upon binding of Hh proteins, Ptch1 is endocytosed and this removal promotes the enrichment and activation of Smo in the cilium (Figure 1C) (Corbit et al., 2005; Rohatgi et al., 2007; Kopinke et al., 2020). Moreover, Sufu, Kif7, and Gli2 and Gli3 accumulate at the tip of the cilium (Corbit et al., 2005; Haycraft et al., 2005; Liem et al., 2009; Wen et al., 2010) where another phosphorylation event converts the full length Gli proteins into transcriptional activators (GliA) (Han et al., 2019) which in turn activate the expression of Hh target genes. Hence, primary cilia have a dual role in generating the Gli repressor and activator forms and thereby control the GliR/GliA ratio which is crucial for controlling the development of many organ systems including most parts of the neural tube (Persson et al., 2002). Based on several observations, however, development of the cerebral cortex largely depends on the Gli3 repressor but not on the GliR/GliA balance. To date, no cortical malformations have been reported in Gli2 mutant mice while Gli3 null mutants present with severe morphological and molecular defects in the dorsal telencephalon (Johnson, 1967; Franz, 1994; Grove et al., 1998; Theil et al., 1999). In contrast to other parts of the developing nervous system, these abnormalities in the developing Gli3 mutant cortex are not rescued in Shh;Gli3 double mutants (Rallu et al., 2002; Rash and Grove, 2007) suggesting that in addition to its role in suppressing Shh signaling Gli3 has Shh independent roles in cortical development. Such roles likely include controlling the expression of Wnt/Bmp and Fgf signaling molecules from the cortical hem and the commissural plate, respectively (Grove et al., 1998; Theil et al., 1999). Consistent with this idea, the Gli3Δ699/Δ699 mouse mutant, which can only form the repressor but not the Gli3 activator, shows no obvious cortical defects (Böse et al., 2002). Taken together with the lack of a Gli2 mutant phenotype this finding suggests that Gli activator function is dispensable for normal cortical development. Moreover and as will be discussed later, re-introducing the Gli3 repressor form efficiently rescues patterning and stem cell defects of ciliary mouse mutants (Besse et al., 2011; Hasenpusch-Theil et al., 2020). Hence, it appears that under physiological conditions primary cilia mainly function in cortical development by controlling the levels of the Gli3 repressor rather than by regulating the balance between Gli3 repressor and activator. Gli activator functions may only become obvious when mutations in Hh signaling components result in Hh derepression and pathway hyperactivation (Kopinke et al., 2020).



PRIMARY CILIA IN CORTICAL STEM AND PROGENITOR CELLS

In several ciliopathies, patients present with abnormal cortical growth such as ventriculomegaly, macrocephaly, or microcephaly (Budny et al., 2006; Davis et al., 2007; Putoux et al., 2011; Bachmann-Gagescu et al., 2012; Jamsheer et al., 2012). These malformations and the role of cell-cell signaling in governing the cell lineage of cortical stem and progenitor cells (Seuntjens et al., 2009; Parthasarathy et al., 2014; Cardenas et al., 2018) strongly suggest that primary cilia are crucial for controlling cortical growth. The study of ciliary mouse mutants are supportive of this idea. During murine corticogenesis, there are two main types of progenitor cells: radial glial cells (RGCs) which are neural stem cells and basal progenitors (BPs) that work as transit amplifying cells to increase the neuronal output. RGCs can divide symmetrically to expand the stem cell pool or asymmetrically to produce neurons either directly or indirectly via BPs (Figure 2). The balance between these division modes needs to be tightly controlled to form a cortex of the appropriate size.
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FIGURE 2. Stem and progenitor cells in the developing mouse cerebral cortex. (A) Radial glial cells (RGCs) represent the major neural stem cell type, express the Pax6 transcription factor, project a cilium into the ventricular lumen and divide at the ventricular surface (Götz et al., 1998; Warren et al., 1999). Initially, RGCs divide symmetrically to produce two daughter radial progenitors that help to expand the progenitor pool. (B,C) As neurogenesis begins, asymmetric divisions of RGCs produce an RGC daughter cell and either a neuron or a basal progenitor (BP). BPs delaminate from the ventricular surface and are located more basally. They express the Tbr2 transcription factor and mainly undergo symmetric neurogenic divisions predominately producing neurons of the upper cortical layers (Englund et al., 2005). In this way, RGCs can produce neurons either directly or indirectly via the generation of BPs. Importantly, the balance between the symmetric and asymmetric division modes need to be tightly controlled to allow for the formation of appropriate numbers of neurons.


A number of electron microscopy studies and immunofluorescence analyses have identified the primary cilium in radial glial cells protruding from the apical membrane into the ventricular lumen. In this way, the cilium is strategically placed to detect cell fate determinants in the ventricular fluid important for controlling the balance between proliferative and differentiative divisions (Wilsch-Brauninger et al., 2012; Paridaen et al., 2013). In addition, the cilium may play an active role in determining the stem cell fate of RGC daughter cells (Paridaen et al., 2013). As in other proliferating cells, primary cilia are assembled during the G1 phase of the cell cycle and are disassembled before mitosis. However, this disassembly is not complete and a ciliary membrane remnant remains attached to the mother centriole. The cell that inherits the ciliary membrane is significantly more likely to retain stem cell character, re-assembles the cilium faster and is capable of responding to external signals quicker than its sister cell. It has therefore been proposed that asymmetric inheritance of the ciliary remnant influences cell fate determination of daughter cells (Paridaen et al., 2013) but it remains to be seen whether mutations in ciliary genes affect the inheritance of the ciliary remnant and thereby cell fate decisions.

Interestingly, nascent basal progenitor cells assemble their cilium after mitosis in the basolateral rather than in the apical plasma membrane even before they delaminate from the ventricular surface (Wilsch-Brauninger et al., 2012). A detailed electron microscopy study revealed that most of these basolateral cilia were embedded in a ciliary pocket with a small opening to the intercellular space whereas others fully protruded into the intercellular space. Given their location, the basolateral cilia cannot detect signals in the ventricular fluid unlike apical cilia but are exposed to signals present in the intercellular space and/or originating from the lateral plasma membrane of adjacent cells. This different exposure to signals may therefore contribute to the cell fate changes associated with the differentiation into basal progenitors (Wilsch-Brauninger et al., 2012). However, the consequences of inactivating basolateral cilia in basal progenitors and the identity of signals to which these cilia respond remain to be determined.

In contrast, ciliary functions in RGCs and the associated signaling pathways have extensively been investigated. Analyses of several ciliary mouse mutants revealed a variety of RGC phenotypes ranging from severe effects on proliferation to more subtle effects in the balance between direct and indirect neurogenesis.


Effects of Depleting Cilia on Cortex Development

Several groups addressed ciliary roles in cortical development in mice lacking primary cilia as a consequence of mutations in either Kif3a or Ift88 which encode components of the anterograde motor Kinesin II and the IFT-B complex, respectively. NestinCre;Kif3afl/fl conditional mutants in which Kif3a starts to be inactivated from embryonic day E10.5 in the dorsal telencephalon and in which cilia are lost by E13.5 showed an enlarged brain due to a shortening of the G1 phase of the radial glial cell cycle (Wilson et al., 2012). The increased cortical size may be primarily due to a reduced Gli3R formation. This idea is consistent with Gli3’s role in regulating G1 phase length by controlling the expression of the cell Cyclin dependent kinase 6 (Cdk6) (Hasenpusch-Theil et al., 2018). These findings suggest that primary cilia are essential as a negative regulator of RGC proliferation, a conclusion that was later confirmed by Kif3a knock-down experiments (Chen et al., 2019). In contrast, cilia abrogation was only complete by E14.5 in a different set of NestinCre;Kif3afl/fl mutants (Foerster et al., 2017). Interestingly, this delayed cilia inactivation did not lead to Gli3 processing defects but to an up-regulation of the mTORC1 pathway which in turn resulted in an augmented surface area of RGC apical endfeet and in an enlarged cortex. Taken together, these findings indicate that cilia have different, time-dependent roles in radial glial cells and may exert these functions by controlling different signaling pathways.



Interference With Cilia Mediated Signaling

In addition to these studies on the complete loss of cilia, several other investigations determined the effects of manipulating cilia mediated signaling thereby in general observing more subtle effects on RGC behavior. These mutations affected neurogenic rather than proliferative divisions and led to subsequent changes in the relative proportions of cortical layers. Gpr161 encodes an orphan G protein coupled receptor (GPCR) that acts as a negative regulator of Shh signaling by controlling cAMP levels and thereby Gli3 processing and repressor formation (Mukhopadhyay et al., 2013). Conditional inactivation of Gpr161 during early cortical neurogenesis but not at mid-neurogenesis resulted in an increase in the number of basal progenitors and outer radial glial cells, a neural stem cell type rarely present in mice but predominant in the developing human cortex (Shitamukai et al., 2011; Wang et al., 2011). Consistent with this change, the formation of Tbr1+ deep layer neurons was decreased while the numbers of Satb2+ upper layer neuron was increased (Shimada et al., 2019). These findings indicate a strong requirement for cilia mediated repression of Shh signaling to enable normal cortical morphogenesis. The opposite effect, namely a down-regulation of basal progenitor and neuron formation, was observed in mice mutant for Rpgrip1l (Postel et al., 2019), which is crucial for establishing the transition zone (Mahuzier et al., 2012; Reiter et al., 2012; Shi et al., 2017; Wiegering et al., 2018) and for controlling proteasome activity and Gli3 processing at the ciliary base (Gerhardt et al., 2015). Mice mutant for the Joubert Syndrome gene Inpp5e (Bielas et al., 2009; Jacoby et al., 2009) displayed another neurogenic phenotype and preferentially generated cortical projection neurons at the expense of basal progenitors in early corticogenesis (Hasenpusch-Theil et al., 2020). This transient defect reflected an increased ratio of direct vs. indirect neurogenesis and resulted in the increased formation of Ctip2 + layer V neurons. The structure of the RGC cilium was severely affected thereby impairing Gli3 proteolytic processing and Gli3 repressor formation. Re-introducing the Gli3 repressor restored basal progenitor levels, though two copies of the Gli3Δ699 allele were required for a full rescue suggesting that reduced levels of Gli3R rather than a reduction in the Gli3R/Gli3FL ratio are responsible for the prevalence of direct neurogenesis (Hasenpusch-Theil et al., 2020). Taken together, the analyses of these three mouse mutants revealed diverse roles of cilia in controlling neurogenic divisions in the developing cortex thereby influencing the subtype composition of cortical projection neurons in varied and subtle ways. The basis for this remarkable variety in phenotypes, however, remains unknown. Elucidating this diversity requires a detailed, comparative analysis of pathway activities and gene expression changes in these mutants.



Effects of Cilium Assembly and Disassembly on Cortical Neurogenesis

During the radial glial cell cycle, the primary cilium undergoes a cycle of assembly and disassembly and the timing of these events represents another critical factor for stem cell divisions. Constructing the primary cilium involves the formation of the distal appendages at the mother centriole and the docking of vesicles with cargo to build the cilium. On the other hand, cilia disassembly requires a multi-protein complex consisting of Aurora A, HDAC6, Nde1, and OFD1 (Pugacheva et al., 2007; Kim et al., 2011; Tang et al., 2013) that hereafter will be referred to as cilium disassembly complex. There is emerging evidence that interfering with these processes affects cortical stem cell behavior.

Cep83 encodes a centrosomal protein that is crucial for the assembly of distal appendages leading to cilia initiation (Joo et al., 2013; Tanos et al., 2013). Its conditional inactivation using an Emx1Cre driver line, that mediates Cre expression in the dorsal telencephalon from E9.5, impaired the anchoring of the centrosome to the apical membrane of RGCs and the formation of the primary cilium (Shao et al., 2020). Due to an increased stem cell pool, these defects resulted in an enlarged cortex which formed a prominent fold in the cingulate cortex. Furthermore, centrosome detachment disrupted microtubule organization and led to a stretching and stiffening of the apical membrane and a concomitant increase in the expression of the Hippo co-transcriptional regulator Yap. Conditional removal of Yap in a Cep83 mutant background rescues cortical size suggesting that Cep83 controls cortical growth via Hippo signaling. However, Yap has a prominent role in suppressing ciliogenesis (Rausch and Hansen, 2020). Moreover, several mouse mutants with overexpression of Shh signaling (Yabut et al., 2015; Wang et al., 2016; Shimada et al., 2019) and Gli3 conditional mutants (Amaniti et al., 2013) all phenocopy the enlarged cortex and the characteristic fold of the cingulate cortex in Cep83 mutants. Taken together, these findings raise the possibility that the loss of primary cilia plays a role in the Cep83 mutant cortical phenotype downstream of Yap activation. A careful time course analysis of Shh signaling and Gli3 processing could shed further light onto the involvement of cilia in the development of the Cep83 phenotype.

In addition to cilia formation, the control of cilia disassembly is also critical in determining cortical growth, for example mutations in Cenpj or centrosomal-P4.1-associated protein (CPAP) cause dwarfism, microcephaly and intellectual disability (Al-Dosari et al., 2010) through a depletion of the cortical stem cell pool (Gabriel et al., 2016; Lin et al., 2020). Cenpj is thought to control RGC proliferation in two ways. Cenpj is required for centriole duplication and Cenpj mutations lead to misorientation of the mitotic spindle and widespread apoptotic cell death of RGCs (McIntyre et al., 2012; Lin et al., 2020). In addition, Cenpj acts as a scaffold for the cilium disassembly complex (Gabriel et al., 2016). Consequently, conditional removal of Cenpj resulted in microcephaly, longer primary cilia and abnormal cilium appendages in RGCs (Ding et al., 2019). While these findings left the relative contribution of abnormal centrioles and cilia to the cortical phenotype open, Gabriel et al. recently reported a novel splice site mutation in CPAP which removed the C-terminal coding exons. This mutation leaves CPAP centrosomal functions intact but interferes with its ability to interact with the cilium disassembly complex (Gabriel et al., 2016). In cortical organoids derived from patient specific iPSCs, RGCs undergo premature neurogenesis and have longer cilia, defects that were rescued by overexpression of the truncated part of the protein suggesting that CPAP predominately acts by controlling cilia disassembly in neuronal differentiation (Gabriel et al., 2016). This idea is consistent with the finding that Nde1, a component of the ciliary disassembly complex, also controls cortical growth. Nde1 mutations can cause microcephaly and ciliary defects linking cilium disassembly with cell cycle progression (Kim et al., 2011). In addition, Nde1 has a function in orientating the mitotic spindle (Johnstone et al., 2019). Taken together, these examples provide emerging evidence that controlling the formation and dismantling of primary cilia might be crucial for regulating cortical stem cell behavior. However, they also illustrate that distinct roles of centrosomal or microtubule associated proteins in centrosome-associated process and in cilia assembly/disassembly and function can contribute to cortical growth control. In the future, dissecting these different contributions requires detailed protein interaction and genetic analyses.



PRIMARY CILIA AND NEURON MIGRATION

In addition to their function in RGCs, there is an emerging role of primary cilia in the migration of newly born neurons to their final position in the cortical plate. The cerebral cortex consists of two major classes of neurons, glutamatergic projection neurons and GABAergic interneurons which are generated in the cortex and ventral telencephalon, respectively (Figure 3A). These neurons acquire their final position in the mature cerebral cortex by two different migratory routes. Cortical projection neurons migrate radially from the cortical ventricular zone into the cortical plate whereas cortical interneurons use tangential migration to enter the developing cortex from the ventral telencephalon. Primary cilia are pivotal to interneuron migration since disrupting ciliary functions in cortical interneurons interfered with the migratory process and led to abnormal positioning of interneurons in the adult cortex (Baudoin et al., 2012; Higginbotham et al., 2012). In contrast, much less is known about the involvement of cilia in radial migration of cortical projection neurons but recent studies start to elucidate some emerging roles and the underlying signaling mechanisms.
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FIGURE 3. Radial and tangential migration of telencephalic neurons. (A) The cerebral cortex consists of two major classes of neurons, glutamatergic projection neurons and GABAergic interneurons which are generated in the cortex and ventral telencephalon, respectively. These neurons acquire their final position in the mature cerebral cortex by two different migratory routes. Cortical projection neurons migrate radially from the cortical ventricular zone into the cortical plate whereas cortical interneurons use tangential migration to enter the developing cortex from the ventral telencephalon. Within the cortex, these latter neurons initially continue on their tangential migration path along the marginal zone (MZ) or the intermediate zone (IZ) till they eventually change to radial migration to invade the cortical plate and to settle in their final position. (B) Radial migration of cortical projection neurons from the ventricular zone to their final position in the cortical plate. Newly born neurons migrate along the radial glial scaffold from the ventricular zone (VZ) into the subventricular zone (SVZ) where they detach from the glial process, assume a multipolar morphology and continue their migration in a RGC independent manner. Arriving at the intermediate zone (IZ), they transit to a bipolar morphology, re-attach to the glial scaffold, invade the cortical plate (CP) by glia-guided locomotion and bypass earlier formed neurons. In this way, cortical layers are formed in an inside-out manner with later born neurons acquiring positions in the upper cortical layers. Near the marginal zone (MZ), migrating neurons attach their leading process to the MZ and switch to glia-independent somal translocation. This step involves separate movements of nucleus and centrosome whereby the centrosome first moves into a swelling of the leading process followed by nucleokinesis.


Radial migration of cortical projection neurons from the ventricular zone to their final position in the cortical plate is a complex, multistep process (Figure 3B). This initially involves migration along the radial glial scaffold and RGC independent migration in the subventricular zone (SVZ) (Tabata and Nakajima, 2003), followed by glia-guided locomotion (Noctor et al., 2004) and finally glia-independent somal translocation (Nadarajah et al., 2001; Franco et al., 2011). Whereas the cellular basis of these migratory processes are well understood, we only start to gain insights into the involvement of primary cilia. A subset of Meckel Gruber Syndrome and Joubert Syndrome patients develop neuronal migration defects including neuronal heterotopias where neurons accumulate in ectopic positions outside the cortical layers (Poretti et al., 2011; Adams et al., 2012). Such heterotopias were also present in mice mutant for Gpr161 (Shimada et al., 2019) and in the Joubert genes Rfx3 and Inpp5e (Magnani et al., 2015; Hasenpusch-Theil et al., 2020). The formation of periventricular heterotopias can also be caused by mutations in the ADP-ribosylation factor guanine nucleotide-exchange factor-2 (ARFGEF2) and Filamin A genes (Fox et al., 1998; Sheen et al., 2004), with the latter controlling ciliogenesis in an Arfgef2 dependent manner (Adams et al., 2012; Zhang et al., 2013). Moreover, mice carrying mutations in the Eml1 gene encoding a microtubule-associated protein show subcortical heterotopias due to a mispositioning of radial glial cells and impaired primary cilia formation (Uzquiano et al., 2019). Finally, Guo et al. (2015) took a systematic approach and identified a panel of 17 ciliopathy genes knock-down of which resulted in a number of migration defects including a delayed multipolar to bipolar transition, an increase in leading process branching and/or a shortening of the leading process. Similarly, knock-down of Ift172 encoding a component of the IFT-B complex, also resulted in a delayed migration of cortical projection neurons (Pruski et al., 2019). Taken together, these findings clearly suggest that primary cilia are important to radial migration of cortical projection neurons but their exact role(s) remained elusive from these initial studies.

Recently, Park et al. (2018) went a step further and characterized a role for primary cilia in the transition from multipolar to bipolar morphology occurring at the arrival of radially migrating neurons in the intermediate zone. Focal malformations of cortical development (FMCDs) are a group of disorders that are highly associated with medically intractable epilepsy, intellectual disability, developmental delay, and autism-spectrum disorders and are characterized by neuronal migration defects leading to cortical dyslamination (Foldvary-Schaefer et al., 2004; Wegiel et al., 2010; Lim and Crino, 2013). A major cause of these malformations are somatic mutations in MTOR, an evolutionarily highly conserved serine/threonine kinase and a central regulator of the mTOR pathway, leading to an increase in mTOR signaling and a concomitant decrease in autophagy. In their recent publication, Park et al. (2018) used in utero electroporation of MTOR constructs carrying patient specific mutations to mimic the disease. This interference resulted in a delay of neuronal migration with a large proportion of neurons remaining in the intermediate zone where they failed to transit from multipolar to bipolar morphology. Interestingly, ciliogenesis was disrupted in electroporated neurons as well as in neurons in brain samples from FMCD patients raising questions how mTOR signaling controls cilia formation and in turn how cilia regulate the migration of projection neurons. Based on elegant and systematic analyses, the authors proposed a model in which up-regulation of mTOR signaling resulted in a decrease in autophagy and thereby in the accumulation of OFD1 protein, a negative regulator of cilia formation (Singla et al., 2010; Tang et al., 2013), at the centriolar satellites. These ciliary defects subsequently disturb a fine-tuned balance between canonical and non-canonical Wnt signaling which underlies the multipolar to bipolar transition of migrating neurons at the IZ (Boitard et al., 2015). These detailed analyses provide a convincing, first link between ciliary defects caused by increased mTOR signaling and defective cortical migration.

Park et al. (2018) also observed that many mTOR overexpressing neurons eventually leave the intermediate zone but do not reach their final position in the upper cortical layers. Hence, it is possible that defective cilia affect later steps in cortical neuron migration such as glial-guided locomotion and somal translocation. During this latter process, the centrosomes are coupled with the nucleus and this coupling allows nucleokinesis (Tanaka et al., 2004; Bellion et al., 2005; Tsai et al., 2007; Belvindrah et al., 2017). Given the close link between cilia and the centrosome, it is highly likely that primary cilia regulate this migratory mode. This idea has recently been studied in two papers investigating the migration of neuroblasts from the subventricular zone along the rostral migratory stream (RMS) into the olfactory bulbs. Matsumuto et al. (2019) first confirmed the presence of primary cilia on migrating neuroblasts in several vertebrate species. A combination of live imaging and detailed ultrastructural analyses further revealed a surprisingly dynamic localization and orientation of the primary cilium depending on the mitotic state and the migration step. Neuroblasts can still divide during their migration and suppress ciliogenesis during mitosis but cilia formation is promoted after cell cycle exit. Initially, the cilium is submerged in the cytosol with a posterior orientation when neuroblasts extend their leading process. However, it is extended from the cell surface and moves forward within the swelling but submerges again during nucleokinesis. This highly organized dynamics of cilium maturation and positioning is pivotal for neuroblast migration as interfering with Kif3a or Ift88 function impaired both ciliogenesis and neuroblast movement (Matsumoto et al., 2019). An investigation by Stoufflet et al. (2020) recently confirmed this dependence on primary cilia function and provided insights into the underlying mechanism (Stoufflet et al., 2020). These authors analyzed the distribution of cAMP in migratory neuroblasts and identified a cAMP rich region (hotspot) that was located at the centrosome and emanated from the primary cilium. Conditional inactivation of Kif3a or Rpgrip1l, or knock-down of ciliary Adenylate cyclase 3 (AC3) abolished hotspot formation and resulted in defective centrosome dynamics and altered nucleokinesis. Interfering with the centrosomal localization of PKA phenocopied these migratory defects strongly suggesting a direct link between the primary cilium and the centrosome through cAMP signaling. Interestingly, the authors found a similar cAMP hotspot in migrating cortical projection neurons. While this raises the interesting possibility that cAMP signaling is similarly involved in somal translocation of cortical projection neurons, it remains to be seen whether other signaling pathways and in particular Reelin signaling which is critical for correct cortical layering (Tissir and Goffinet, 2003) also control migratory behavior of cortical projection neurons via the cilium. Such future studies may provide important insights into the pathomechanisms of ciliopathies with a neurological component where migration defects may contribute to the severity of the illness.



PRIMARY CILIA AND AXON PATHFINDING IN THE CEREBRAL CORTEX

One of the best characterized roles of primary cilia in corticogenesis relates to their function in the development of the corpus callosum, the largest fiber tract in the brain connecting the two cerebral hemispheres. Malformations of the corpus callosum are a hallmark of ciliopathies (Tobin and Beales, 2009) and have been identified in Joubert (Poretti et al., 2011), Meckel Gruber (Salonen, 1984), Acrocallosal (Odent et al., 1998; Holub et al., 2005; Takanashi et al., 2009; Putoux et al., 2011), and Orofacialdigital Syndrome patients. They can manifest as partial agenesis, hypoplasia across the entire structure or complete agenesis (ACC).

The analyses of several ciliary mouse mutants revealed a requirement for cilia in multiple steps of callosal development (Figure 4A). In the previously mentioned Inpp5e mouse mutant, callosal axons cross to the contralateral hemisphere but the corpus callosum is thinner. This defect has been attributed to a decrease in Gli3 repressor formation resulting in an expansion of the piriform cortex at the expense of the neocortex and a concomitant reduction in callosal projection neurons (Hasenpusch-Theil et al., 2020). Hence, the authors suggested that the Inpp5e mutation affects the initial specification of callosal projection neurons through a patterning defect. Indeed, crossing Inpp5e mutants with Gli3Δ699 animals that can only form the Gli3 repressor restored Gli3 repressor levels and the size of both the neocortex and the corpus callosum (Hasenpusch-Theil et al., 2020). While Inpp5e mutants display a relatively mild callosal phenotype, other cilia mouse mutant show more severe malformations with callosal axons failing to cross the midline. In an in utero electroporation assay, knock-down of several ciliary genes including Bbs5, Bbs7, Bbs11, Bbs12, and Kif7 resulted in reduced midline crossing and Bbs5 and Bbs7 deficient axons aberrantly projected into the septum (Guo et al., 2015) but the underlying mechanisms were not further investigated. Detailed mechanistic insights into the role of primary cilia in midline crossing came from the analyses of Rfx3, Rpgrip1l, and Kif7 mutant mice (Benadiba et al., 2012; Laclef et al., 2015; Putoux et al., 2019). Rfx3 encodes a transcription factor controlling the expression of many genes involved in ciliary assembly and function (Thomas et al., 2010); RPGRIP1L is mutated in Joubert and Meckel Gruber Syndromes (Arts et al., 2007; Delous et al., 2007) and codes for a transition zone protein. KIF7 mutations were identified in Acrocallosal and Joubert Syndromes (Dafinger et al., 2011; Putoux et al., 2011) and Kif7 plays critical roles in regulating Sonic hedgehog signaling by organizing the ciliary tip compartment (He et al., 2014). All three mouse mutants are characterized by complete agenesis of the corpus callosum with callosal axons forming large Probst bundles, aberrant bundles of axons that run longitudinally along the rostrocaudal axis rather than crossing the midline (Benadiba et al., 2012; Laclef et al., 2015; Putoux et al., 2019). Moreover, the distribution of neuronal and glial guidepost cells which steer callosal axons toward the contralateral hemisphere was severely disturbed in these mutants (Figure 4B). While there were slight differences in the extent and type to which guideposts were affected, elegant transplantation experiments in Rfx3 and Rpgrip1l mutants revealed that the primary defect resides in the mislocalization of these guideposts rather than in a misspecification of callosal projection neurons (Benadiba et al., 2012; Laclef et al., 2015). In these experiments, mutant axons were capable of midline crossing in a control environment while conversely control axons failed to cross the midline in a mutant setting raising the question how cilia control the formation of an environment conducive to callosal axon migration toward the contralateral side. A first clue to the origin of the midline defects came from a comparison with Gli3 mouse mutants that not only displayed ACC but also a very similar disorganization of callosal guideposts (Amaniti et al., 2013; Magnani et al., 2014). This disorganization in Gli3 mutants resulted from defective patterning of the cortical/septal boundary, where callosal axons cross to the contralateral side. Similar defects at this boundary were subsequently identified in the three ciliary mutants (Benadiba et al., 2012; Laclef et al., 2015; Putoux et al., 2019). Moreover, the observation that Rfx3, Rpgrip1l, and Kif7 mutants showed a reduced formation of the Gli3 repressor further corroborated the involvement of Gli3 (Benadiba et al., 2012; Laclef et al., 2015; Putoux et al., 2019). Most strikingly, however, crossing Rfx3, Rpgrip1l, and Kif7 mutants with Gli3Δ699 repressor mice completely rescued the severe callosal malformation (Laclef et al., 2015; Putoux et al., 2019). Taken together, these findings indicate that primary cilia play a critical role in midline crossing of callosal axons by controlling the placement of guidepost cells at the cortical/septal boundary through Gli3 repressor formation at patterning stages.
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FIGURE 4. Control of control corpus callosum development by primary cilia. (A) Formation of the corpus callosum in control embryos. Initially, callosal neurons extend an axon either toward the corpus callosum to connect with neurons on the contralateral side. Reaching the boundary between cortex (ctx) and septum (sep) callosal axons cross from one cerebral hemisphere to the opposite (midline crossing). This crossing is controlled by the midline glial cell populations of the glial wedge (GW), indusium griseum (IGG) and midline zipper glia (MZ) in combination with neurons of the callosal sling (CS). These cells occupy strategic positions along the path of callosal axons and act as guideposts to channel these axons across the midline by expressing specific axon guidance molecules (Lindwall et al., 2007; Paul et al., 2007). Once in their target region, these axons heavily branch to innervate target neurons. (B) In Kif7–/–, Rfx3–/–, and Rpgrip1l–/– mutants, midline glia and callosal sling neurons are severely disorganized with glial fibers extending between the ventricular and pial surfaces block the path of callosal axons which form Probst bundles (Pb). (C) In Arl13bcKO and Inpp5ecKO mutants, callosal axons cross the midline but display reduced branching and innervation of target layers.


In addition to these findings demonstrating a cell non-autonomous role for cilia, a recent publication revealed that primary cilia can also act in neurons cell autonomously to control callosal formation (Guo et al., 2019). These authors used conditional inactivation of the Joubert genes Arl13b and Inpp5e in callosal projection neurons which is predicted not to affect midline organization. They found that mutant axons were poorly fasciculated, formed a wider CC tract and their growth cones displayed longer filopodia. Reaching the contralateral hemisphere, Arl13b-and Inpp5e-deficient axons displayed reduced axonal branching and innervation of target layers (Figure 4C). These findings were even more astonishing if one considers that the cilium extends from the neuronal cell body which is far apart from the axonal growth cone raising the question how cilia can affect axon guidance and synapse formation across such large distances. The authors addressed this question with a sophisticated approach using a combination of chemogenetics and optogenetics to express and activate signaling components specifically in the primary cilium of cultured neurons. They first showed that Arl13b deficiency disrupts the ciliary localization of its downstream effector Inpp5e leading to increased PIP3 levels and AKT activity in the cilium. Interestingly, increased AKT signaling spread into the growth cone and rapidly caused a retraction of lamellipodia and a concomitant extension of filopdia. Similar effects were observed after cilia specific activation of AKT or PI3K whereas activation of the Inpp5e phosphatase had opposite consequences on growth cone dynamics. Finally, inhibition of actin polymerization abolished the growth cone changes induced by ciliary PI3K/AKT activation. These findings suggests the existence of a self-perpetuating feedback network between AKT signaling and actin polymerization that rapidly spreads local signaling over long distances along the plasma membrane to reach distant cellular targets (Sawano et al., 2002; Kholodenko, 2006; Fivaz et al., 2008; Welf et al., 2012; Katsura et al., 2015; Guo et al., 2019).

Overall, these analyses of several mouse mutants provide a framework for understanding how defects in cilia controlled processes underlie agenesis of the murine corpus callosum but also emphasize the need to investigate mechanisms of corpus callosum formation in humans where the corpus callosum extends along the nearly complete rostrocaudal axis of the cortex. It also remains open whether other forebrain axon tract like the thalamocortical tract which relays sensory information from the thalamus to the cortex and which is defective in ciliary mouse mutants (Magnani et al., 2015) are also affected in ciliopathy patients.



PRIMARY CILIA AND NEURONAL CIRCUIT FORMATION

A number of ciliopathies are associated with severe neurological features including ASD, Intellectual Disability (ID) and epilepsy (Valente et al., 2014). A major cause of these disorders are thought to be abnormalities in synapse formation and function thereby suggesting that primary cilia may play a role in neuronal circuit formation. While such ciliary functions have only recently been started to be investigated, some important roles are emerging from these studies. Overexpression of a ciliary targeted 5HT6 receptor in cultured cortical neurons resulted in increased cilia length, reduced AC3 levels and disrupted dendrite growth and arborization (Guadiana et al., 2013). These effects were reversed by interfering with cilia formation and by overexpression of AC3 suggesting that dendritogenesis in cultured neurons requires cilia mediated AC3 signaling. Guo et al. (2019) extended these findings and revealed an in vivo role for ciliary signaling in axon and dendrite development. As mentioned previously, conditional inactivation of Arl13b or Inpp5e in callosal projection neurons resulted in a wider corpus callosum with poorly fasciculated callosal axons (Guo et al., 2019). Arriving at their target areas in the contralateral hemisphere, these axons also had significantly reduced terminal arbors which are crucial for establishing connections with target neurons (Gibson and Ma, 2011; Kalil and Dent, 2014). In addition, the axonal shafts of mutant neurons showed less branching, which allows projecting axons to connect with additional targets en route (Guo et al., 2019). These findings strongly suggest that Arl13b and Inpp5e deficiency leads to reduced innervations of their target areas. It is certainly tempting to speculate that these malformations result from defective spreading of signals from the cilium located at the neuronal soma toward the tip of the axon as described for filopodia and lamellipodia formation in cultured neurons but this still needs to be shown. Taken together these studies make it very likely that ciliopathy mutations that disrupting ciliogenesis and/or ciliary signaling may affect dendritogenesis and therefore the ability of neurons to form normal network connections and brain circuitry (Guadiana et al., 2013).

In models, single neurons are often depicted with their primary cilium protruding from the surface of the neuronal soma at a distance from dendrites and synapses. However, projection neurons and interneurons are very densely packed in the developing and adult cortex and as such cilia will be in close contact with other neurons, their dendrites and axons. This raises the interesting possibility that due to their position cilia represent excellent candidates as modifiers of neuronal circuitry. This certainly is an area much to learn about in the developing cerebral cortex but we are starting to gain insights into ciliary roles in other forebrain neurons in shaping neuronal connectivity. In addition to cortical interneurons, the medial ganglionic eminence generates striatal interneurons that regulate the activity of medium spiny neurons in the striatum and thereby striatal output (Gittis et al., 2010). It was recently shown that Arl13b conditional inactivation in interneurons caused alterations in interneuron morphology and electrophysiological properties with reductions in synaptic buttons density and synaptic size (Guo et al., 2017). Moreover, activation of G protein coupled receptor (GPCR) signaling or induction of the Somatostatin receptor 3 (SstR3) rescued these morphological and synaptic defects. Thus, these findings indicate a mechanism by which cilia can influence circuit formation and function in a synapse independent manner. Given that a variety of GPCRs and other neuropeptide and neurotrophin receptors with important neurological functions (Berbari et al., 2008; Domire et al., 2011; Green et al., 2012; Guadiana et al., 2016; Bowie and Goetz, 2020) accumulate in primary cilia, this organelle has the potential to act as a modifier of neuronal circuitry. Characterizing such roles in the cerebral cortex where cilia could not only play a role in cortical interneuron migration but also in establishing and shaping interneuron connections with glutamatergic projection neurons will be of great importance for understanding the pathomechanims of many neurodevelopmental disorders in which an imbalance between cortical excitation and inhibition has been identified as a common cause (Bourgeron, 2009; Marin, 2012).



OUTLOOK AND CONCLUDING REMARKS

In this review, we have summarized our current knowledge on the role of primary cilia during corticogenesis. This tiny organelle plays multiple and remarkably varied roles at various steps of cortical development. A major focus in the future will be to elucidate how a combination of defects in ciliary controlled signaling pathways contribute to this variability in phenotypes. Throughout this review, we have emphasized the importance of ciliary mediated processing of Gli3 for cortical patterning and stem cell development reflecting a strong requirement to suppress Hedgehog signaling in these early steps of corticogenesis. In contrast, Hedgehog signaling becomes increasingly more active at later stages to control the formation of olfactory bulb interneurons and of glial cells (Zhang et al., 2020) and establishing and maintaining the neurogenic niche in the SVZ (Petrova et al., 2013; Wang et al., 2014). It will be interesting to see whether cilia also control these processes in late corticogenesis. It is also important to note that while there are many commonalities between human and mouse cortex, human cortex formation differs in several aspects, most notably with respect to neural stem cell types and their proliferative behavior. As one example, outer radial glial cells are present in human cortex in much larger numbers than in mice and are thought to be responsible for the expansion of the human cortex during evolution. Their morphology, migration and proliferation is controlled by several signaling pathways linked to cilia including Shh and mTORC1 signaling (Andrews et al., 2020; Matsumoto et al., 2020) raising the possibility that cilia regulate the characteristics of these cells. Given such differences between human and mouse corticogenesis, it will be important to model ciliary functions in human corticogenesis in 2D cultures of neural stem cells or in human 3D cortical organoids. These analyses will also bring us a step closer toward elucidating the pathomechanisms underlying ciliopathies with neurological components and neurodevelopmental disorders that are not regarded as classical ciliopathies but for which a prominent role of primary cilia is emerging.
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Functional compartmentalization of cells is a universal strategy for segregating processes that require specific components, undergo regulation by modulating concentrations of those components, or that would be detrimental to other processes. Primary cilia are hair-like organelles that project from the apical plasma membranes of epithelial cells where they serve as exclusive compartments for sensing physical and chemical signals in the environment. As such, molecules involved in signal transduction are enriched within cilia and regulating their ciliary concentrations allows adaptation to the environmental stimuli. The highly efficient organization of primary cilia has been co-opted by major sensory neurons, olfactory cells and the photoreceptor neurons that underlie vision. The mechanisms underlying compartmentalization of cilia are an area of intense current research. Recent findings have revealed similarities and differences in molecular mechanisms of ciliary protein enrichment and its regulation among primary cilia and sensory cilia. Here we discuss the physiological demands on photoreceptors that have driven their evolution into neurons that rely on a highly specialized cilium for signaling changes in light intensity. We explore what is known and what is not known about how that specialization appears to have driven unique mechanisms for photoreceptor protein and membrane compartmentalization.
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INTRODUCTION

Vision in higher vertebrates evolved from ciliary epithelia. Light sensing in animals appears to have evolved from unicellular organisms like the alga Chlamydomonas where pigmented eyespots found in the eye organelles reside close to the flagella and support phototaxis by modulating flagellar beating (Gehring, 2004). There are two classes of photoreceptor cells in animals—ciliated and rhabdomeric. Ciliated photoreceptors, where light sensing is located within elaborate organelles having ciliary origins, are found mostly in deuterostomes. Rhabdomeric photoreceptors, where the light capturing organelles are microvilli, are mostly found in protostomes (Gehring, 2004; Lamb et al., 2007). Both ciliary and rhabdomeric photoreceptors originated from epithelial cells that possess cilia and microvilli (Lamb, 2013). The cilium disappeared in rhabdomeric photoreceptors, although the basal bodies were retained, leaving microvilli that are packed with rhabdomeric opsins. Vertebrate photoreceptors possess both ciliary and microvillar structures (Figure 1). The cilia contain rhodopsin and other components of the light transduction machinery localized to expanded ciliary membrane structures (lamellae and discs) in what is known as the outer segments (OS) while the microvilli evolved into support structures, known as calyceal processes, that extend along and in close juxtaposition with the OSs.


[image: Figure 1]
FIGURE 1. Evolution of ciliary photoreceptors. (A) Schematic of an ascidian tadpole cerebral ganglion photoreceptor. Reproduced from Eakin and Kuda (1971). (B) Transmission electron micrographs of cerebral ganglion photoreceptors of Amaroucium constellatum larva. In the upper panel the section is perpendicular to the membrane lamellae. The lower panel is an image from a section parallel to the lamellar membranes. Reproduced from Barnes (1971). (C) Transmission electron micrograph of rod photoreceptors from mouse retina showing the CC, apical membrane region of the IS and nascent and enclosed discs of the OS. Note dense packing of nascent discs (arrowheads) and close juxtaposition of neighboring rods. Scale bar 1 μm. Reproduced from Ding et al. (2015). (D) Schematic of an amphibian rod. OS, outer segment; IS, inner segment; S, synaptic spherule; Ax, axon; N, nucleus; M, myoid; E, ellipsoid; CP, calycal process; ND, nascent disc; CC, connecting cilium; DM, mature disc membrane; PM, plasma membrane. Cyan: apical membrane. NDs are open to the extracellular milieu and contiguous with the CC and PM. DMs are enclosed within and separate from the OS PM and each other. Modified from Maza et al. (2019).


Photoreceptors bear a single cilium adapted for the high-fidelity capture and sensation of photons. To meet this demanding function, they have evolved specialized ciliary membrane structures that support efficient photon capture. They support a constant flux of sodium and calcium ions across the ciliary plasma membrane, into the OS. Current flows through the connecting cilium (CC), into the cell body, known as the inner segment (IS), where an outward flux of potassium ions completes the circuit [reviewed in (Pugh and Lamb, 2000)]. The resulting membrane potential changes in a graded manner in response to changes in the light intensity falling on the photoreceptors—leading to graded modulation of the release of neurotransmitter at the synapse. In this way, the epithelial array of photoreceptors produces a receptor potential-encoded readout of the visual scene. A Na+, K+ antiporter burns ATP to maintain the ionic balance. Photoreceptors and the retina are, thus, amongst the most energetically demanding cells and tissues in the human body (Wong-Riley, 2010; Country, 2017). This metabolic activity leads to high levels of reactive oxygen species and rapid membrane and protein damage. To combat this damage photoreceptors turn over ~10% of their OSs each day (Young, 1967; Young and Droz, 1968; Young and Bok, 1969; Besharse et al., 1977). Therefore, photoreceptors possess one of the most dynamic cilia found in nature. In this review, we examine what is known about the mechanisms by which photoreceptors generate and maintain the OS light signaling compartment and highlight critical knowledge gaps that impede complete understanding of photoreceptor function in health and disease.



STRUCTURE AND FUNCTION OF CILIATED PHOTORECEPTORS

A major challenge for photoreceptor light detection is capture and transduction of photons into electrical signals. Unlike chemical signals, which may dwell in the vicinity of sensory cilia for relatively long periods of time, enhancing probability of capture by relevant receptor proteins, photons are elusive, passing through sensory structures at the speed of light. Thus, photoreceptors evolved elaborate membrane systems packed with opsin molecules, the G protein coupled light receptors, to increase the probability of photon capture (Figure 1). Ascidian larva, phylogenetically early chordates, possess photoreceptors where the ciliary membrane evolved into a comb like structure with tens of lamellar membranes (Figures 1A,B) (Barnes, 1971; Eakin and Kuda, 1971).

In higher vertebrates the number of lamellae is expanded to hundreds and tighter organization of the layers of opsin-containing membranes, typical of cone photoreceptors, is imposed (Anderson et al., 1978; Fetter and Corless, 1987). Following cones, rod photoreceptors evolved (Figure 1C), where the lamellae are replaced with thousands of internalized disc membranes that are discontiguous with each other and the OS plasma membrane (Nilsson, 1964; Nir and Pease, 1973; Tsukamoto, 1987; Nickell et al., 2007). Thus, whereas in cones opsins and other membrane proteins may diffuse between lamellae, in rods opsins are confined to the disc membrane into which they are packed for the lifetime of the disc. The lamellae and discs are oriented perpendicular to the path of photons entering the eye, such that photons run a gauntlet of opsin molecules that dramatically increases their probability of capture. The probability of photon capture in photoreceptor cilia is further enhanced by the structure of the photoreceptor ISs through what is known as the Stiles-Crawford effect of the first kind, the namesakes of which first quantified a differential sensitivity to light entering the eye at different angles (Stiles and Crawford, 1933). The photoreceptor ISs act as fiber optic-like waveguides, directing and concentrating light that enters the eye through the pupil into the OS. This waveguiding effect also reduces the capture of scattered photons, thus reducing “glare” and enhancing contrast (Enoch, 1980).

Photoreceptors have, therefore, evolved from ciliated epithelial cells to be super detectors of light with unparalleled efficiency. Indeed, owing to the high density of rhodopsin in each rod OS (Pugh and Lamb, 2000), the remarkable thermal stability of rhodopsin molecules that individually undergo spontaneous isomerization at the remarkably low rate of once in 1,000 years (Ashmore and Falk, 1977; Yau et al., 1979), the high quantum efficiency of rhodopsin [~0.65, (Dartnall, 1972)], and the high gain of phototransduction (Pugh and Lamb, 2000), humans can reliably detect dim flashes that lead to single photon captures in 5 out of 500 rods (Hecht et al., 1942).



CILIARY OUTER SEGMENT RENEWAL

Unlike primary cilia, where GPCRs and other membrane proteins are delivered and removed from the cilium by secretory and endocytic processes, rhodopsin and other intrinsic membrane proteins are on a one-way ride—once they are packed into disc membranes they never return to the cell body. Instead, in all vertebrate species examined, ~10% of the rod OS length is turned over daily (Young, 1967; Young and Droz, 1968; Young and Bok, 1969; Besharse et al., 1977) through shedding of hundreds of disc membranes at the distal tip of the OS (Figure 2) (Young, 1967; Besharse et al., 1977). Disc shedding is diurnally synchronized, occurring shortly after sunrise in diurnal species, or sunset in nocturnal species. Shed discs are ultimately phagocytosed by the retinal pigment epithelial (RPE) cells lying adjacent to the photoreceptor OSs at the back of the eye (Besharse et al., 1977). Shed discs are replaced by new disc membranes containing rhodopsin and other membrane proteins at the CC/transition zone (Burgoyne et al., 2015; Ding et al., 2015; Volland et al., 2015). Disc morphogenesis (see Figure 5) involves a lamellipodium-like, filamentous actin-mediated out pocketing of ciliary membrane (Spencer et al., 2019, 2020; Corral-Serrano et al., 2020) that is initiated by a ciliary ectosome release mechanism (Nager et al., 2017; Phua et al., 2017) whose vesicular scission is suppressed by the tetraspanin protein, peripherin 2 (Salinas et al., 2017).


[image: Figure 2]
FIGURE 2. Turnover of photoreceptor OSs. Stack of discs shed from a frog (Rana pipiens) rod OS, phagocytosed by a retinal pigment epithelial cell. ROS, rod OS; P, phagosome. Scale bar, 1 μm. Reproduced from Hollyfield et al. (1977).


In lower vertebrates, this daily turnover represents an especially daunting challenge. Amphibian ciliary rod OSs have a diameter of up to 8 μm and length up to 60 μm. The disc repeat frequency is ~30 nm. Approximately 200 discs, or >20,000 μm2 of membrane, turn over daily. This turnover includes 300 million rhodopsin molecules as well as ~35 million other molecules essential for light detection. Remarkably, 75% of this turnover occurs within 8 h after the onset of daylight (Besharse et al., 1977). At peak, components of disc membranes and phototransduction machinery are being fed to nascent discs at the base of the OS at the breakneck pace of ~0.6 μm2s−1. In terms of membrane delivery alone, this rate is equivalent to generating seven primary cilia per minute. Mammalian photoreceptors have a diameter sevenfold smaller than amphibian photoreceptors and are ~50% shorter, thus, the daily demand for membrane and protein delivery to the OS is 100-fold lower.

It is difficult to compare the photoreceptor rate of membrane turnover to the rate of primary ciliary membrane turnover. To our knowledge no direct experiment examining the turnover rate of primary cilium membrane has been published. Indeed, this sort of experiment would be difficult to achieve. Estimates can be made, however. Upon serum starvation, primary cilia of IMCD3 or hTERT-RPE1 cells occurs over the course of ~12 h, over which they extend to stable length of ~5 μm. Thus, the effective membrane delivery rate for photoreceptors is 50-fold (mammalian) to 5,000-fold (amphibian) higher than that required for assembly of a primary cilium in a mammalian epithelial cell.

To meet the extraordinary demand for new discs and OS proteins, rod photoreceptors have evolved elaborate periciliary membrane systems that support docking and fusion of rhodopsin transport vesicles (RTCs) (Figure 3). Amphibian photoreceptors possess a periciliary ridge complex consisting of numerous deep folds in the apical membrane surface radiating from the axoneme and basal bodies (Peters et al., 1983) (Figure 3A). The periciliary membrane complex is less elaborate in mammalian photoreceptors, consisting of a single periciliary membrane structure extending along the full length of the CC (Figure 3B). The structure resembles the periciliary pocket associated with primary cilia that develop through the internal, ciliary vesicle mechanism (Benmerah, 2013). Indeed, the photoreceptor cilium develops via this mechanism (Pearring et al., 2013). The pocket associated with mammalian photoreceptors, however, does not completely encircle the CC, presumably due to the placement at the periphery of the cylindrical IS (Figure 3B).


[image: Figure 3]
FIGURE 3. Photoreceptors periciliary membrane systems. (A) Scanning electron micrographs of apical surfaces of frog (Rana pipiens) rods whose OSs where broken off, exposing the ISs. Note remnants of the CC (CC) recessed in pits at the periphery of the apical membranes (arrows). Membrane infoldings radiating from the connecting cilia are periciliary ridge complexes (PRC). Inset (2C) is a transmission electron micrograph form a section cut perpendicular to the CC. Scale bars, 2A, 2 μm; 2B, 0.5 μm; 2C, 0.5 μm. Reproduced from Peters et al. (1983). (B) Transmission electron micrograph through of a mouse rod where the plane of section bisected the CC (CC) and the basal body (BB). A deep ciliary pocket/periciliary membrane extends along one side of the CC (CC) and the nascent disc membranes (arrowhead). The opposite side of the CC abuts the neighboring photoreceptor. IS, IS; Mt, mitochondrion. Scale bare, 1 μm. Reproduced from Ding et al. (2015).




STRUCTURE OF THE PHOTORECEPTOR CONNECTING CILIUM

The CC consists of basal bodies docked to the apical membrane, a 9+0 microtubule axoneme with and a closely juxtaposed ciliary membrane (Figure 4). Extending between 0.5 μm (amphibians) and 1.5 μm (mammals) from the apical surface, the distal CC gives way to the elaborate OS system of disc (rods) or lamellar (cones) membranes and, in the case of rods, a plasma membrane physically separate from discs. The axoneme extends beyond this point, to between 60 and 100% of the OS length in rods (Brown et al., 1963; Kaplan et al., 1987; Sale et al., 1988; Eckmiller, 1996; Luby-Phelps et al., 2008) and 100% of the cone OS length (Eckmiller, 1996). The photoreceptor axoneme can therefore reach >30 μm in length, although the distal half of the axoneme lose the B subfiber normally found in microtubules (Brown et al., 1963; Steinberg and Wood, 1975; Roof et al., 1991; Insinna et al., 2008).
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FIGURE 4. Structure of the photoreceptor CC. (A) Surface representations of cryo-EM tomographs subject to 9-fold sub tomograph averaging. Left, section through the ciliary axis, color bar codes distance from center. Middle, entire map. Right upper, distal cross section of the transition zone. Right lower, proximal transition zone cross section shows Y-link-like structures (cyan) projecting between the axoneme (magenta) and the ciliary membrane (yellow). (B) Diagram showing the resolution of concentric layers of the CC determined by STORM microscopy, overlaid on cryo-EM tomographic map of ciliary cross section. (C) STORM localization maps a CC co-labeled with IFT88 and BBS5. Left panel shows tubulin in bright field to delineate the CC length. Expanded images show close juxtaposition of IFT88 (cyan) and BBS5 (magenta). Right two panels show individual channels. Yellow arrows are suggested to show co-localization. Modified from Robichaux et al. (2019).


The CC is thought to correspond to the transition zone (TZ) of primary cilia, although there are some differences. The TZ of all cilia contain a set of evolutionarily conserved proteins, including the Meckel syndrome complex and the nephronophthisis syndrome complex (Williams et al., 2011; Jensen et al., 2015; Li et al., 2016). For a detailed review of TZ proteins and associated diseases, see (Gonçalves and Pelletier, 2017). These proteins are thought to assemble the prototypical Y complexes that bridge the axoneme and ciliary membrane and to form diffusion barriers that regulate protein access to the ciliary compartment (Reiter et al., 2012; Gonçalves and Pelletier, 2017). Mutations in genes encoding these proteins leads to severe syndromic ciliopathies (Reiter and Leroux, 2017). However, mutations in several TZ proteins belonging to the RPGR complex, SPATA7, RPGRIP1, and RPGR, produce photoreceptor specific phenotypes, suggesting they are essential for photoreceptors but not for other cilia and flagella (Roepman et al., 2000; Hong et al., 2001; Murga-Zamalloa et al., 2010). This functional difference led to the hypothesis that the photoreceptor TZ contains a specialization required for assembly of the OS (Dharmat et al., 2018). Two CC regions were proposed, a proximal CC which is homologous to the TZ of primary cilia and the distal CC, which is a photoreceptor-specific extension of the ciliary TZ.

Recent advances in super-resolution fluorescence microscopy and high-resolution cryo-TEM tomography have revealed detailed structure of the TZ and localized protein composition at nanometer resolution (Figure 4) (Gilliam et al., 2012; Yang et al., 2015, 2018; Shi et al., 2017; Robichaux et al., 2019; Sun et al., 2019). An elegant STORM-based study showed detailed localization of 12 distal appendage-associated molecules and 4 additional proteins surrounding the distal appendages (Yang et al., 2018) and super-resolution STED imaging mapped the distribution of TZ complex proteins in primary cilia (Yang et al., 2015). Studies of the CC demonstrated structural details of basal bodies and the axoneme, showing microtubule triplets and doublets, respectively, along with distal appendages (Gilliam et al., 2012; Robichaux et al., 2019). Nine-fold averaging of cryo-EM tomograms revealed Y link-like structures in the lumen of the CC (Figure 4A), a hallmark of the TZ, although the structures appeared to be formed from two independent structures rather than the single structure observed in standard TEM studies in primary cilia (Robichaux et al., 2019). Interestingly, the tomograms also revealed a structure resembling the terminal plate found in motile cilia (Figure 4A). Super-resolution microscopy of immunolabeled proteins revealed concentric layering of the CC (Figure 4B) (Robichaux et al., 2019). Overlapping localization of IFT88, IFT81, and BBS5 distribution across CC was also observed (Figure 4C), suggestive of IFT trains. Interestingly, CEP290, which is present at the base of the primary cilium, was present along the entire CC along with Y-links (Potter et al., 2020). These results have strengthened the notion that the entire length of the CC operates as the photoreceptor transition zone.

A feature common to all cilia is that, despite contiguous plasma and ciliary membranes, the ciliary compartment is physically distinct from the plasma membrane [reviewed in (Garcia et al., 2018)]. This separation is thought to be mediated, in part, by diffusion barriers. For membrane proteins, septin cytoskeletal components may operate as diffusion barriers, retaining ciliary membrane proteins and keeping plasma membrane proteins out. Knockdown of SEPT2 led to normally ciliary confined membrane proteins to exit the primary cilium (Hu et al., 2010). It is possible that two diffusion barriers for membrane proteins exist at the primary cilium base. Super-resolution single molecule tracking revealed that BBSome-mediated transport of agonist activated SSTR3 receptor out of primary cilia required crossing two diffusion barriers, one of which was more stringent (Ye et al., 2018). Super-resolution microscopy studies have shown that the transition zone may be a “waypoint” for proteins where entry or rejection decisions are made (Milenkovic et al., 2015; Shi et al., 2017), perhaps through a matrix/gel-like structure at the distal appendages (Yang et al., 2018). To date the membrane diffusion barrier at the CC has not been identified. Soluble proteins do not appear to be as restricted. Proteins up to ~70 kDa can pass through the ciliary transition zone of primary cilia and the photoreceptor CC without impediment (Calvert et al., 2010; Najafi et al., 2012; Breslow et al., 2013; Lin et al., 2013; Awata et al., 2014).



INTRAFLAGELLAR TRANSPORT IN PHOTORECEPTORS

Intraflagellar transport (IFT) is a motor driven process, first observed by Kozminski and Rosenbaum in Chlamydomonas sensory flagella (Kozminski et al., 1993; Rosenbaum and Witman, 2002), that is involved in assembly, maintenance, length control, and selective transport of cargo into and out of cilia and flagella (Sedmak and Wolfrum, 2011; Prevo et al., 2017). IFT is mediated by large complexes of proteins that form “IFT trains” which can move in either direction along the cilium. Two classes of IFT have been characterized; IFT-A moves in the retrograde direction, from cilium tip to base, utilizing dynein motors, whereas IFT-B moves in the anterograde direction via kinesin motors (Scholey, 2013; Lechtreck, 2015; Reilly and Benmerah, 2019; Webb et al., 2020). The IFT complex itself is a super-molecular structure that possesses both IFT-A and IFT-B components working together in ciliary protein import and export (Kobayashi et al., 2020). The transport direction and specific cargo depend on switching mechanisms that determine which class of motors engage the axoneme through mechanisms that are not entirely understood (Jordan et al., 2018). Importantly, recent results show that anterograde transport occurs on the B microtubules and retrograde on the A microtubules of the microtubule doublets (Stepanek and Pigino, 2016), thus avoiding traffic jams. IFT malfunction results in syndromic or non-syndromic diseases (Bujakowska et al., 2015), that impact many organ systems, including but not limited to retina, brain, kidney, reproductive organs, and cause obesity [reviewed in Reiter and Leroux (2017)].

In photoreceptors, IFT is involved in the development and maintenance of photoreceptor OSs (Pazour et al., 2002) and is proposed to be involved in the trafficking of opsins and membranes destined for the OS discs or lamellae (Pearring et al., 2013; Wheway et al., 2014; Imanishi, 2019). IFT52, 57, 88, and 20 have been identified along the OS axoneme and within the IS of Xenopus photoreceptors (Luby-Phelps et al., 2008) and IFT88 and 81 in the CC of mouse photoreceptors (Robichaux et al., 2019) (Figure 4). Mutations in IFT proteins have been shown to cause mislocalization of rhodopsin and accumulation of membrane vesicles in the IS. For example, IFT20 is implicated in trafficking of rhodopsin from the Golgi to the base of the OS (Follit et al., 2006) and mutation in IFT122 in zebrafish appeared to delay opsin transport to the OS, causing progressive photoreceptor degeneration (Boubakri et al., 2016). IFT proteins have also been found to be associated with basal bodies prior to elaboration of the OS in developing retinal photoreceptors, suggesting IFT proteins may be playing a role in early photoreceptor ciliogenesis (Sedmak and Wolfrum, 2011). While many of these studies show mislocalization of rhodopsin and conclude that the mutations impact its trafficking, it is not clear that they represent direct, causal relationships. In addition to uncoupling of cargo from IFT, mistrafficking could result from improper ciliogenesis or perturbation in the homeostasis of the CC. Moreover, to date there is no direct evidence that opsins transport via IFT within the CC.

The dynamics of IFT proteins and co-transport of IFT cargos within cilia and flagella have been exhaustively explored in various model systems including mammalian cells, Chlamydomonas flagella and sensory neurons of C. elegans. These studies have led to detailed, quantitative descriptions of the frequency, kinetics and size of IFT trains and their cargoes (Pigino et al., 2009; Taschner et al., 2014, 2018; Stepanek and Pigino, 2016; Vannuccini et al., 2016; Jordan et al., 2018; Yang et al., 2019; Kiesel et al., 2020). In Chlamydomonas, it is estimated that, on average, ~10–12 IFT trains are present per flagellum (Vannuccini et al., 2016; Wingfield et al., 2017). There appear to be two sizes of trains, short trains averaging ~250 nm and long trains of ~650 nm (Pigino et al., 2009; Vannuccini et al., 2016). The rate off IFT transport in Chlamydomonas flagella on average is ~2 μm s−1 anterograde and ~3 μm s−1 retrograde (Wingfield et al., 2017). IFT rates in primary cilia have been estimated to be ~0.6 μm s−1 anterograde and ~0.3 μm s−1 retrograde (Follit et al., 2006; Ye et al., 2013; Broekhuis et al., 2014; Lee et al., 2018a). Such quantification allows estimates of the cargo carrying capacity and rate of cargo delivery by IFT. No direct high-resolution studies of IFT dynamics within photoreceptor connecting cilia have been achieved, however, representing a substantial knowledge gap.

There are several studies suggesting non-IFT trafficking of cargo may play a larger role than previously appreciated. In Chlamydomonas flagella IFT mediated trafficking of tubulin is predominant when flagella are extending, but diffusion of tubulin within the flagellum predominates during steady-state axonemal turnover (Craft et al., 2015). Soluble EGFP or PAGFP and concatemers of up to three of these proteins diffuse into Xenopus photoreceptor OS, showing that soluble proteins as large as 80 kDa do not require active IFT transport (Calvert et al., 2010; Najafi et al., 2012). Similar results were found for soluble proteins in primary cilia (Breslow et al., 2013). Diffusion was also reported to be a major mode of transport for intrinsic membrane proteins in cilia (Ye et al., 2013; Milenkovic et al., 2015; Lee et al., 2018a).



THE BBSOME IN PHOTORECEPTORS

Bardet-Biedl syndrome (BBS) is a ciliopathy resulting from mutations in multiple genes that lead to retinal degeneration, polydactyly, morbid obesity and kidney disfunction among other disorders (Hernandez-Hernandez and Jenkins, 2015; Nachury, 2018; Wingfield et al., 2018). Eight of these genes encode proteins that form the BBSome, a complex involved in protein trafficking and ciliogenesis, including photoreceptor morphogenesis (Hsu et al., 2017). The BBSome shares common structural elements with COPI, COPII, and clathrin coats, indicating a role in membrane and membrane protein transport. The BBSome has been shown to be involved in entry of intrinsic membrane proteins into cilia. For example, the GPCRs SSTR3 and MCHR1 failed to localize to primary cilia of hippocampal neurons from BBS2−/− and BBS4−/− mice (Berbari et al., 2008).

Recent studies suggest the BBSome plays a major role in removal of membrane and soluble proteins from cilia. Primary cilia from central neurons in mice where BBS2, BBS4, or BBS7 are knocked out resulted in accumulation of the dopamine 1 receptor (DP1) in cilia and agonist-induced transport of DP1 out of the cilia was reduced (Domire et al., 2011; Zhang et al., 2013). Primary cilia in mouse embryonic fibroblasts (MEFs) from BBS7−/− and BBS3−/− mice accumulate Patch1 and Smo receptors in the absence of smoothened agonist, SAG (Zhang et al., 2011b, 2012). Smo accumulates in cilia of BBS1−/− RPE1 cells in the absence of SAG ligand while GPR161 was retained in cilia after ligand treatment (Nozaki et al., 2018). These results show that BBSome transport is required for removal of these receptors from primary cilia. BBSome-dependent removal of activated SSTR3 and Smo from primary cilium of IMCD3 cells requires the adapter proteins β-arrestin2, which binds to activated, phosphorylated GPCRs, and Tulp3 (tubby-like protein 3), which is a PI(4,5)P2 binding protein (Ye et al., 2018). In addition, ubiquitination of GPCRs has been shown to precede their β-arrestin2-BBSome mediated removal from cilia (Desai et al., 2020; Shinde et al., 2020).

In addition to intrinsic membrane proteins, BBSome may regulate the removal of peripheral membrane and soluble proteins from cilia. In WT Chlamydomonas, the peripheral membrane protein Phospholipase D (PLD) is excluded from flagella. In BBS1,4, and 7 mutant Chlamydomonas PLD slowly accumulates in flagella (Lechtreck et al., 2013; Liu and Lechtreck, 2018). The soluble protein Carbonic anhydrase 6 (CAH6) is excluded from one of the two Chlamydomonas flagella. However, BBS1 mutant Chlamydomonas loses this asymmetry and CAH6 was found to be present in both flagella, suggesting the BBSome removes CAH6 selectively from one flagellum (Yu et al., 2020). Overall, these studies provide strong evidence that the BBSome complex is involved in removal of proteins from cilium and that the BBSome is a highly selective regulator of ciliary protein complement.

Retinal degeneration is the most common phenotype in BBS; almost all patients develop retinitis pigmentosa. BBS has, therefore, been intensely studied in the context of retinal degeneration. Animal and cell models, spanning unicellular organisms to non-human primates, have been developed to decipher the role of BBSome proteins in photoreceptor biology (Wingfield et al., 2018; Peterson et al., 2019). Knockout of BBSome proteins in mice recapitulates progressive degeneration of photoreceptors observed in human patients. Onset of degeneration varied among studies with mutations or knockouts of different BBSome proteins (Nishimura et al., 2004; Abd-El-Barr et al., 2007; Davis et al., 2007; Swiderski et al., 2007; Simons et al., 2011). In parallel to studies in primary cilia, recent studies have emphasized the role of the BBSome in removal of non-ciliary proteins from the OS. Quantitative proteomic analysis of photoreceptor OS of WT and BBS17 mutant mice showed enrichment of 139 proteins in the OS of the mutant, including a 3-fold increase in Stx3 and Munc18-1/Stxbp, IS proteins involved in RTC fusion with periciliary membranes (Datta et al., 2015). Only eight proteins normally localized to the OS showed reduced OS localization. OS proteins, including Rhodopsin, peripherin2, PDE6α,β, and Rom-1, remained unchanged. Accumulation of Stx3 in the OS was later confirmed in BBS8−/−, BBS4−/−, and BBS1−/− mice as well (Hsu et al., 2017; Dilan et al., 2018). These results show that the BBSome, like in primary cilia and flagella, is a regulator of OS protein complement.

An important difference between photoreceptors and primary cilia or flagella, however, is the role of the BBSome in regulating the trafficking of GPCRs into and out of ciliary compartment. Rhodopsin content within the rod OS does not appear to be strongly regulated by the BBSome. While knockout of several BBSome proteins results in mislocalization of rhodopsin, it is important to note that this mislocalization is either incomplete, where the majority of rhodopsin properly localizes to the OS (Abd-El-Barr et al., 2007; Pretorius et al., 2010; Jiang et al., 2016), or is accompanied by major structural disruption, or complete absence of the OS (Nishimura et al., 2004; Abd-El-Barr et al., 2007; Simons et al., 2011). In the case where there is loss of the OS structure, it is impossible to ascertain if the mislocalization is due to rhodopsin transport deficits rather than from lack of the ciliary destination. In the case where there is slight mislocalization with the majority of rhodopsin properly localized to the OS, it is hard to make a case that the BBSome is playing a major role. There is good evidence that rhodopsin localizes to photoreceptor cilia via a mechanism distinct from that of other GPCR localization to primary cilia (Geneva et al., 2017). The c-terminal VxPx motif that is required for OS targeting of rhodopsin inhibits GPCR targeting to primary cilia (Geneva et al., 2017). This is not surprising since the VxPx motif is not recognized by the BBSome (Klink et al., 2017). Replacing the IC3 loop of rhodopsin with that of SSTR3 and removal of the c-terminal VxPx motif resulted in enhanced ciliary localization of the chimeric rhodopsin heterologously expressed in epithelial cells. A recent study has shown that the CTS within the IC3 loop of SSTR3 provides strong binding to a recombinant BBSome core complex, but that the IC3 loop of 5-HT-6 receptor, which is similar to that of rhodopsin, provided only weak interaction (Klink et al., 2017). This weak interaction, as well as the presence of an FR motif in rhodopsin helix 8, which also has weak affinity to the BBSome (Klink et al., 2017; Yang et al., 2020), may support the low presence of rhodopsin in primary cilia (Trivedi and Williams, 2010; Trivedi et al., 2012; Wang et al., 2012; Geneva et al., 2017; Chadha et al., 2019).

In conclusion, the role, if any, of BBSome in rhodopsin OS localization or removal is not clear. However, there is evidence that it plays a role in cone opsin transport to the COS (Abd-El-Barr et al., 2007; Bales et al., 2020).



INTRINSIC MEMBRANE PROTEIN COMPARTMENTALIZATION WITHIN THE CILIARY ROD OUTER SEGMENT

Compartmentalization of intrinsic membrane proteins within the photoreceptor OS is an extraordinarily demanding problem (Figure 5). It has been proposed that the OS serves as a default destination for membrane proteins; those that are localized elsewhere containing targeting information within their sequence and structure (Baker et al., 2008). Considering the sheer mass of proteins that must travel to the OS, this would seem to be an efficient and perhaps necessary mechanism. However, some membrane proteins contain specific ciliary localization sequences that are required for their transport to the OS (Mazelova et al., 2009; Salinas et al., 2013), suggesting the default pathway is not the only pathway.
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FIGURE 5. Intrinsic membrane protein compartmentalization within the OS. Schematic of a mammalian rod in the region of the CC. Intrinsic membrane proteins are thought to be delivered to the apical/periciliary membrane on rhodopsin transport carrier (RTC) vesicles, where they fuse (see text for details). Membrane proteins then enter the CC/transition zone, possibly mediated by the BBSome. Proteins destined for disc and plasma membrane transport to the lamellar membranes most likely by diffusion. Eventually the nascent disc membranes are enclosed by the plasma membrane through a mechanism that separates plasma membrane proteins, the CNG gated channel-Na+/Ca2+,K+ exchanger complex, from the disc proteins, rhodopsin and peripherin 2, which likely occurs during peripherin 2-Rom1-mediated disc rim expansion (see text). Note that this schematic is not meant to be an exhaustive representation of all OS membrane protein transport, or of disc morphogenesis.


There are two distinct secretory pathways involved in membrane protein trafficking, the conventional and unconventional pathways. The conventional pathway refers to proteins that are transported from the ER to the Golgi and bud off the Golgi into transport vesicles. Proteins going through the unconventional pathway exit the ER and bypass the Golgi. A convenient way to differentiate between these pathways is to examine sugars that are post translationally added to some proteins. Glycosylated proteins that take the conventional route acquire endoglycosidase H (Endo H) resistance as they pass through the medial trans-Golgi (Rabouille et al., 1995). The conventional pathway accounts for the majority of proteins traveling to OSs including Rhodopsin (Nathans, 1992; Nickell et al., 2007), Rom1, the CNGα1/CNGβ1 complex, PRCD, and GC1. Both PRCD and GC1 require rhodopsin for their stability and trafficking to the OS (Pearring et al., 2015; Spencer et al., 2016). A recent study confirmed trafficking of GC1 through the conventional pathway (Pearring et al., 2020).


Rhodopsin Transport and the Conventional Pathway to the Cilium Base

Rhodopsin's VxPx motif is considered to be its primary localization signal and is required for binding to the small GTPase Arf4 (Deretic et al., 2005; Mazelova et al., 2009). Interestingly, VxPx may not be essential for OS localization of rhodopsin. A transgenic study expressing human rhodopsin in Xenopus found that there is a secondary signal in rhodopsin within amino acids 322–336 that is responsible for its mislocalization when the VxPx motif is absent (Lodowski et al., 2013). When both the primary and secondary signals are removed, rhodopsin again localizes to the OS, providing supporting evidence for the default OS trafficking pathway.

Rhodopsin trafficking from the Golgi to the periciliary membrane has been thoroughly studied and reviewed (Deretic and Wang, 2012; Wang and Deretic, 2014; Deretic et al., 2019) and will be covered briefly here. The Arf family of small GTPases are involved in various cellular processes including membrane trafficking (Donaldson, 2005). When activated by the GEF GBF1, Arf4 can bind to the VxPx of rhodopsin (Wang et al., 2017). The Arf GAP ASAP1 then binds to rhodopsin-Arf4 and recruits Rab11a and FIP3 which aid in the GTP hydrolysis of Arf4 inactivating and dissociating Arf4 from the rhodopsin-ASAP1-Rab11a-FIP3 complex. Rabin8 is recruited to the developing vesicle and leads to the formation of the Rab11-Rabin8-Rab8 module. The Rab11-Rabin8-Rab8 module recruits the SNARE component VAMP7 into the budding secretory vesicles, called rhodopsin transport carriers (RTCs) (Deretic et al., 2004; Wang and Deretic, 2014), making them competent for fusion with the plasma membrane near the base of the cilium containing the partner SNARE components syntaxin 3 and SNAP25 (Kandachar et al., 2018).

The role of the Arf4 pathway in rhodopsin transport is controversial. While the Arf4-based rhodopsin trafficking pathway has been extensively characterized in vitro and in amphibians (Deretic et al., 1998, 2005; Moritz et al., 2001; Mazelova et al., 2009; Wang et al., 2012, 2017; Wang and Deretic, 2015), recent studies have called the requirement of Arf4 into question. Conditional knockout of Arf4 in mouse photoreceptors had no effect on rhodopsin localization (Pearring et al., 2017). Additionally, removing Rab8a and Rab11a from the mouse retina individually or concurrently had no effect on OS protein localization or the ability of the mutant mice to respond to light as measured by ERG (Ying et al., 2016). In light of these results, it has been proposed that, in the mouse where the membrane trafficking requirements are lower, another Arf may be able to partially compensate (Wang et al., 2017). Alternatively, it has been speculated that another Arf pathway, perhaps utilizing Arf5, that is independent of Rab8a and Rab11a is operating in mouse (Ying et al., 2016). Further studies into rhodopsin trafficking pathways in mouse models will be necessary to resolve these discrepancies.

Rhodopsin's transport in RTCs from the Golgi to the base of the cilium is thought to require IFT20 which moves along microtubules (Keady et al., 2011), likely via KIFC1 (Kinesin family member C1) which has been shown to interact with ASAP1, or possibly dynein motors (Krock et al., 2009). Indeed, in cultured primary ciliary cells knockdown of Kifc1 resulted in a lack of cilia formation and accumulation of ASAP1 and receptors Smo and SSTR3 at the Golgi (Lee et al., 2018b). IFT20 is somewhat different from other components of the canonical IFT-B anterograde complex as it is not solely localized to the base and length of the cilium, it is also found at the Golgi. IFT20 is likely an adaptor that binds rhodopsin and serves to transport the RTCs from the TGN to the base of the periciliary membrane (Keady et al., 2011). Cultured cells where Ift20 is knocked out fail to develop cilia (Follit et al., 2006; Takei et al., 2018), suggesting that IFT20's main role is likely in regulating ciliogenesis, maintenance of the cilium, and trafficking of ciliary components to the basal body.



Rhodopsin Transport Across the Cilium Base and Within the Connecting Cilium

Rhodopsin's mode of transport across the CC has yet to be determined. There are two main camps: The first is that RTCs themselves are transported through the CC via motor driven transport and fuse with nascent discs within the enclosed OS plasma membrane (Chuang et al., 2007; Gilliam et al., 2012). However, RTCs average 250–300 nm (Deretic and Papermaster, 1991; Deretic and Mazelova, 2009), making them far too large to pass through any part of the CC. Moreover, recent careful EM studies have clearly shown nascent discs to be open to the extracellular milieux (Burgoyne et al., 2015; Ding et al., 2015; Volland et al., 2015). Finally, immunogold labeling experiments have shown rhodopsin to be located in the ciliary membrane of mouse photoreceptors with little in the lumen of the cilium (Wolfrum and Schmitt, 2000; Burgoyne et al., 2015; Chadha et al., 2019).

The second camp posits that RTCs fuse with membranes at the periciliary ridge complex (Papermaster et al., 1986). It is then thought that rhodopsin is transported by IFT along the plasma membrane of the CC toward the site of disc formation (Krock and Perkins, 2008; Bhowmick et al., 2009). However, the sheer mass of rhodopsin that must be transported does not appear to support the IFT hypothesis. Ten percent of the OS of each rod is renewed daily (Besharse, 1986). Based on the total OS rhodopsin content of 3 × 109 molecules (amphibian) and 1 × 108 molecules (mammalian) (Pugh and Lamb, 2000), the rate of rhodopsin transport through the CC is on the order of 3500 molecules s−1 in the frog, and 100 molecules s−1 in mouse. Notably, it has been shown that disc morphogenesis and rhodopsin transport is not constant, but rather undergoes a burst of activity where 70% of new discs are formed within the first 8 h of daylight in frog (Besharse et al., 1977) and a smaller variation in delivery upon onset of darkness in mouse (Volland et al., 2015). Thus, within this time-period the rhodopsin delivery rate is closer to 7,300 molecules s−1 in amphibians and 100–200 molecules s−1 in mouse. This would require high frequency IFT transport within the CC, and significant recycling of IFT complexes, for which there is no evidence.

Aside from the above quantitative argument, evidence for active transport of rhodopsin has been variable. KIF3A conditionally knocked out in mouse photoreceptors resulted in the mislocalization of opsin, leading to the conclusion that KIF3A, and by extension IFT, is essential for rhodopsin transport within the CC (Marszalek et al., 2000; Jimeno et al., 2006). In contrast, in another rod specific KIF3A knockout mouse rhodopsin and many of the other phototransduction proteins appeared to transport normally to the OS for 2–4 weeks, after which rods degenerated (Avasthi et al., 2009). Similarly, retina specific tamoxifen inducible deletion of KIF3A and IFT88 in adult mice showed normal localization of rhodopsin for 2 weeks before degeneration of photoreceptors while the same deletion from embryonic stage resulted in lack of assembly of the CC (Jiang et al., 2015b). Therefore, in rods, IFT does not appear to be essential for rhodopsin transport within the CC and opsin mislocalization is likely an indirect effect of the failure to properly form and maintain a cilium. Importantly knockout of KIF17, the only other known anterograde IFT motor, in conjunction with knockout of KIF3A in rods does not prevent rhodopsin trafficking to the ROS, thus showing that there is no compensatory expression of motors (Jiang et al., 2015a).

Interestingly, there was major mislocalization of phototransduction components in cone specific KIF3A knockout mice (Avasthi et al., 2009), and KIF3B dominant negative mutant causes accumulation of large vesicles in cone IS and disruption of cone OS morphogenesis (Insinna et al., 2009). These results suggest that IFT is required for transport of opsin and other phototransduction proteins in cones, but not in rods.

The majority of evidence, thus, seems to point to an IFT-independent rhodopsin transport mechanism in rods. We propose that diffusion along the ciliary membrane is the primary mode of rhodopsin transport within the CC. In support of this idea our lab has shown that rhodopsin transport is exclusively by diffusion when heterologously expressed in the primary cilia of IMCD3 cells (Lee et al., 2018a). Indeed, SSTR3 and Smo receptors have also been shown to move mostly by diffusion in IMCD3 cilia (Ye et al., 2013; Lee et al., 2018a). With an average diffusion coefficient of 0.23 μm2s−1 along the ciliary membrane (Lee et al., 2018a), a rhodopsin molecule could traverse a 1 μm long CC in ~2 s, easily rapid enough to account for rhodopsin delivery to nascent discs. Together, these studies have thrown the notion that GPCRs transport exclusively by IFT within cilia into question.

It is well-documented that the density of rhodopsin is ~two-fold higher in the disc membranes than in the OS plasma membrane (Molday and Molday, 1987), which is contiguous with the CC membrane. This raises the question of what is the driving force behind concentrating rhodopsin in the discs if IFT is not involved? One enticing possibility is that rhodopsin is drawn to the nascent discs by a binding sink created during disc elaboration. Rhodopsins are thought to form dimers between adjacent nascent disc membranes (Fliesler et al., 1985; Hubbell et al., 2003; Murray et al., 2009), interacting at their extracellular faces, which may enhance close juxtaposition of extracellular membranes by “Velcroing” them together (Figure 6). The propensity for rhodopsins to form cis dimers (Ploier et al., 2016; Zhang et al., 2016b), within the same disc membrane, may further drive concentration by recruiting rhodopsins into higher order oligomers.
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FIGURE 6. The opsin Velcro model of rhodopsin enrichment in disc membranes. (A) Series of transmission EM images showing how nascent disc morphogenesis is thought to proceed. Note the close juxtaposition (~2–3 nm) of extracellular membrane leaflets between the previous and new lamellae as the membrane of the new lamella elongates. Reproduced from Steinberg et al. (1980). (B) Rhodopsin density in the disc membranes is twice that in the plasma membrane, indicating that it is not efficiently separated into disc membranes. One possible explanation for this asymmetry is that rhodopsin self-associates at is extracellular N-termini. This may result in a Velcro-like coupling of the nascent disc membranes and producing a self-binding sink driving disc enrichment. Affinity would not be expected to be high for this interaction since it only produces a twofold difference in disc vs. plasma membrane density. This interaction may also help drive disc morphogenesis. For simplicity, rhodopsin cis dimers (in the same membrane) are not depicted in this schematic.




Peripherin 2 and the Unconventional Pathway

Proteins transported via the unconventional secretory pathway exit the ER-Golgi prior to glycosylation modifications that take place in the medial to trans-Golgi apparatus (Tian et al., 2014). Peripherin 2, a tetraspanin protein that is localized to the rims of discs (Figure 5) and is required for proper OS formation, appears to be transported through the unconventional pathway. Ciliary targeting of peripherin 2 is dependent on COPII-mediated exit from the ER (Tian et al., 2014) and appears to require a signal in the C-terminus that includes Valine 332 (Tam et al., 2004; Salinas et al., 2013, 2017; Molday and Goldberg, 2017; Conley et al., 2019a). Peripherin 2 transport also appears to require interactions with SNARE machinery (Zulliger et al., 2015) and may be trafficked to the OS through a mechanism involving the late endosome (Otsu et al., 2019). However, peripherin 2 appears to take the conventional route ~30% of the time in mice, likely via hetero-oligomerization with rom-1 (Conley et al., 2019b). Until recently, peripherin 2 was the only OS-destined protein identified that is transported through the unconventional pathway. However, evidence suggests that R9AP traffics to the OS independently of rhodopsin, suggesting that it may transport via the unconventional secretory pathway (Pearring et al., 2014) and a recent study has shown that ABCA4 also traffics via the unconventional pathway (Pearring et al., 2020).




ROLES OF PHOSPHOINOSITIDES IN PROTEIN ENRICHMENT IN THE PHOTORECEPTOR CILIUM

Phosphoinositide phospholipids are known to be important for various cellular processes, creating specialized membrane compartments, recruiting proteins with phosphoinositide binding capacities, trafficking of membrane proteins, and serving as precursors for cellular second messengers. For a comprehensive review of phosphoinositides in the context of the retina, see (Wensel, 2020). Here we will focus on PI4P and PI(4,5)P2, the two most abundant phosphoinositides in photoreceptors (Finkelstein et al., 2020).

PI4P is enriched in the Golgi via dephosphorylation of PI(4,5)P2 and PI(3,4)P2 or phosphorylation of PtdIns (De Matteis et al., 2002; Liu and Bankaitis, 2010) and is thought to be important in trafficking through and vesicle budding from the Golgi and vesicular trafficking to the plasma membrane (Godi et al., 2004; Lenoir and Overduin, 2013). While PI4P is the predominant phosphoinositide present in the Golgi, there is also a small pool of PI(4,5)P2.

Ezrin and moesin interact with transmembrane proteins, PDZ-containing proteins, the cytoskeleton, and bind membranes via PI(4,5)P2 (Bretscher et al., 2002). These shared functions indicate they may be important in the trafficking of membrane proteins. In support of this notion, both ezrin and moesin were shown to be present on RTCs, particularly at the site of vesicle docking near the IS/OS junction (Deretic et al., 2004). Altering biosynthesis of acidic phospholipids ultimately resulting in the hydrolysis of PI(4,5)P2 led to a reduced association of ezrin and moesin with RTCs and interfered with RTC docking and fusion at the base of the CC (Deretic et al., 2004).

A mouse at Jackson Laboratories named tubby had a spontaneous mutation and an obesity phenotype (Coleman and Eicher, 1990). The tubby gene product is expressed in the brain and retina, and tubby mice have both retinal and cochlear degeneration (Ohlemiller et al., 1995) and reduced fertility (Ohlemiller et al., 1998). At least four other tubby-like proteins (TULPs) have since been identified that contain a conserved C-terminal tubby domain which can interact with PtdIns(3,4)P2, PtdIns(4,5)P2, and PtdIns(3,4,5)P3 (Santagata et al., 2001). Tubby proteins interact with the plasma membrane by binding PI(4,5)P2 and are released when PI(4,5)P2 is hydrolyzed (Santagata et al., 2001). It has been demonstrated that activation of Gαq causes tubby to leave the plasma membrane via a PLC-β mediated mechanism of PI(4,5)P2 hydrolysis (Santagata et al., 2001).

Tulp1 is exclusively found in photoreceptors, thus it is no surprise that tulp1 mice have retinal degeneration but lack the cochlear defects and the obesity phenotype seen in tubby mice (Ikeda et al., 2000). Mutations in TULP1 contribute to ~5% of total RP cases (Gu et al., 1998) and tulp1 mice accumulate vesicles in the interphotoreceptor matrix (Hagstrom et al., 1999) similar to those seen in the rds and pcd mouse. TULP1 interacts with F-actin (Xi et al., 2005) and dynamin (Xi et al., 2007) in photoreceptors, suggesting that it may play a role in vesicular trafficking to the periciliary plasma membrane. Similar functions have been identified for TULP3 in primary cilia where RNAi knockdown of TULP3 decreased trafficking of some GPCRs to cilia without affecting ciliogenesis. The interaction of TULP3 with IFT-A and phosphoinositides is required for trafficking of particular GPCRs to cilia (Badgandi et al., 2017), and it has been shown that Tub and TULP2 can also bind IFT (Mukhopadhyay et al., 2010). Knockdown of the inositol polyphosphate 5' phosphatase INPP5E which plays a role in the enrichment of PI4P in the ciliary membrane via dephosphorylation of PI(4,5)P2 leads to an accumulation of TULP3-dependent GPCR cargo in primary cilia (Badgandi et al., 2017).

INPP5E is also present in photoreceptors. Interestingly, INPP5E's localization in photoreceptors seems to be different from that documented for other ciliated cell types. Studies in primary cilia have shown INPP5E localization in the cilia, co-localizing with axonemal staining (Bielas et al., 2009; Jacoby et al., 2009). However, in photoreceptors INPP5E appears to be absent from the cilium, concentrated near the Golgi and proximal IS and does not appear to overlap with staining for centrin (Bielas et al., 2009; Hanke-Gogokhia et al., 2016). This is somewhat curious as INPP5E's localization in primary cilia is suggested to rely on the lipid binding chaperone PrBPδ which is also present in photoreceptors and is important for the OS localization of PDE6 and GRK1 (Zhang et al., 2007). It could be that another PI 5-phosphatase resides in the photoreceptor cilium in order to maintain low levels of PI(4,5)P2 and higher levels of PI(4)P. While PI(4)P is seen in both the IS and OS of photoreceptors, PI(4,5)P2 appears to be mostly excluded from the OS (Finkelstein et al., 2020), suggesting photoreceptors possess a mechanism for either enzymatically removing or excluding PI(4)P2 from the OS, similar to primary cilia. The PI 5-phosphatase ORCL (Oculocerebrorenal syndrome) is mutated in Lowe and Dent syndromes and was shown to localize to the OS of zebrafish photoreceptors (Luo et al., 2012). Perhaps photoreceptors have developed a system where ORCL and possibly other phosphatases work to remove PI(4,5)P2 from ciliary membrane and OS.



TARGETING OF OUTER SEGMENT PLASMA MEMBRANE PROTEINS

Unlike the bulk of the phototransduction machinery that are mostly localized to the discs, two key proteins, the CNG channel and the Na+/Ca2+, K+ exchanger, which are found in a complex (Molday and Molday, 1998), are localized to the OS plasma membrane (Figure 5), raising the question of whether they use OS transport mechanisms that are distinct from the disc membrane destined proteins. The CNG channel is a heterotetramer consisting of three α1 and one β1 subunits (Weitz et al., 2002; Zheng et al., 2002; Zhong et al., 2002). The β1 subunit contains a glutamic acid rich GARP domain that binds to the tetraspanin protein, peripherin 2 (Poetsch et al., 2001), which itself is localized to the disc rims, thus providing structural stabilization between discs and the plasma membranes and confining the position of the CNG channels along the OS plasma membrane. The OS localization of the CNGβ1 subunit appears to rely on its glutamic acid rich GARP domain (Nemet et al., 2014). CNG interaction with peripherin 2 occurs within the IS (Ritter et al., 2011) and CNGβ1 is not located in vesicles found in the subretinal space of mouse rods lacking peripherin 2 (Spencer et al., 2019), leading to the speculation that trafficking of the CNG channel complex relies on association with peripherin 2. CNG channels are mislocalized to the IS in mouse rods lacking the endocytic adapter proteins Numb and Numb-like, which may redirect CNGα1 to endosomes (Ramamurthy et al., 2014).

However, a recent study claims to cast doubt on the role of peripherin 2 for CNG channel trafficking to the OS (Pearring et al., 2020). This study showed that CNG channels are delivered via the conventional secretory pathway, whereas peripherin 2 is delivered exclusively through the unconventional pathway (Tian et al., 2014). They show that the GARP domain possesses separate OS targeting sequence and peripherin 2 interaction domains. However, it cannot be ruled out that the Numb-mediated direction of the CNG channel to the late endosome, where transport pathways of CNG channels and peripherin 2 are thought to cross (Ramamurthy et al., 2014; Otsu et al., 2019), was disrupted by generating probes that only possessed specific domains.

In addition to trafficking to the OS, rod photoreceptor proteins must undergo an additional sorting between the disc membranes and the plasma membrane. A major unanswered question is how this separation occurs. It has been speculated that disc-plasma membrane protein sorting of CNG channels and the Na+/Ca2+, K+ transporter occurs when discs are enclosed within the plasma membrane (Spencer et al., 2020), presumably by a peripherin 2-Rom1-dependent mechanism (Conley et al., 2019b). However, more work is needed to support this idea.

Finally, disc and plasma membranes have distinct phospholipid content that may contribute to protein sorting between these membrane domains (Fliesler and Anderson, 1983; Albert and Boesze-Battaglia, 2005). Disc membranes contain equal amounts of PE and PC at 42 and 45%, respectively and 14% PS. the plasma membrane contains 10% PE, 65% PC, and 24% PS. Fatty acyl side chains are also highly divergent, with a ratio of 22:6 DHA in the disc vs. plasma membranes. The plasma membrane is enriched in cholesterol at 30 mole% relative to newly made discs which contain 0.3 mol% (Albert and Boesze-Battaglia, 2005). How phospholipid content is sorted between disc and plasma membrane is not understood.



PERIPHERAL MEMBRANE PROTEIN COMPARTMENTALIZATION WITHIN THE ROD OUTER SEGMENT

Peripheral membrane proteins reversibly interact with membranes, establishing an equilibrium between soluble and membrane bound states and are constantly in flux between the two. Membrane affinity is set by a number of physical factors, including hydrophobic, electrostatic, protein-protein and other binding interactions, alone or in combination. The majority of phototransduction components, including transducin, PDE6, GRK1, recoverin, RGS9, and Gβ5L are peripheral membrane proteins that are mostly localized to the OS. Some of these proteins undergo light-dependent redistribution from the OS to the IS (Calvert et al., 2006). Owing to the relative impermanence of membrane association, compartmentalization requires mechanisms in addition to the secretory pathways already discussed.


Lipid Binding Chaperone Proteins Drive Outer Segment Localization of Some Peripheral Membrane Proteins

There are multiple lipid binding proteins present in photoreceptors, the most well-studied of which are PrBPδ (Norton et al., 2005) and Unc119a/b (Liu et al., 2007; Zhang et al., 2011a). PrBPδ is a prenyl binding protein with similar structural features to other lipid binding proteins, including Unc119 and RhoGDI (Zhang et al., 2007). IHC shows that PrBPδ is distributed throughout the photoreceptor. Labeling was significantly more intense in the IS extending to the synapse (Zhang et al., 2007). PrBPδ is thought to drive solubilization of prenylated proteins by depleting the soluble fraction, rather than extracting them from the membrane (Qureshi et al., 2018). It is required for the proper OS localization of PDE6 and for the stability of GRK1 (Zhang et al., 2007). The α and β subunits of PDE6 are farnesylated and geranylgeranylated, respectively (Anant et al., 1992) and GRK1 is farnesylated (Inglese et al., 1992).

Prenylation is required for PrBPδ binding to peripheral membrane proteins (Zhang et al., 2004). Prenyl moieties, however, possess different numbers of prenyl repeats, farnesyl with three and geranylgeranyl with four. This raises the question of whether PrBPδ prefers binding to one over the other. Studies that have addressed this question have conflicting results. A direct binding study using recombinant proteins showed that PrBPδ affinity for farnesylated GRK1 was ~30-fold higher than for geranylgeranylated GRK7 (Zhang et al., 2004). In contrast, mutation of the c-terminal leucine in the RPGR (retinitis pigmentosa GTPase Regulator) CAAX motif to methionine, which changes the c-terminal prenyl from a geranylgeranyl to a farnesyl, resulted in reduced ciliary localization, suggesting that PrBPδ has a lower affinity for the farnesyl moiety (Rao et al., 2016). A significant caveat to these studies, however, is that the extent of lipidation of these proteins was not clear. Moreover, carboxymethylation of prenylated proteins is another important modification (Inglese et al., 1992) that may influence the affinity of PrBPδ for prenylated proteins or the prenylated proteins for membranes and it is not clear what the methylation state was in these studies. Finally, variation in c-terminal sequences of the proteins may modulate affinity.

Unc119a is an acyl binding protein whose distribution in photoreceptors is primarily IS and synaptic with a small amount in the OS. It has been shown to bind both rod and cone Tα (Zhang et al., 2011a) and has been implicated in the light-dependent transport of Tα between OS and IS. Tα return to the OS upon transition from light to darkness is impaired in Unc119a knockout mice, but the transport from the OS to the IS upon transition from darkness to light is unaffected (Zhang et al., 2011a), suggesting that Unc119a is needed for transport to the OS but not for transport out. It is estimated that Unc119a is expressed in a molar ratio of 1:4 Unc119a:Transducin α (Sinha et al., 2013). Interestingly, Unc119a expression is reduced 2-fold in the GNAT1−/− (Tα−/−) mouse (Sinha et al., 2013), suggesting there is a feedback on Unc119a expression based on acylated protein load. Efficient binding of Unc119a to Tα required N-terminal acylation as well as a peptide sequence, GAGASAEEKH, adjacent to the lipidation site (Zhang et al., 2011a). Unc119a, however, is not solely an acyl binding protein. It interacts with a number of non-lipidated proteins, including the SH2 and SH3 domains of some Src tyrosine kinases (Cen et al., 2003), Arl2 (Kobayashi et al., 2003), Arl3 (Veltel et al., 2008), CaBP4 (Haeseleer, 2008), and the synaptic protein RIBEYE (Alpadi et al., 2008).

A recent study showed that Unc119 expression levels in photoreceptors are influenced by its phosphorylation/dephosphorylation by casein kinase 2 (CK2) and the calcium regulated calcineurin (Chaya et al., 2019). The phosphorylation state of Unc119 affects its interaction with cullin 3-kelch-like 18 (Cul3-Klhl18) ubiquitin E3 ligase, which ubiquitinylates unphosphorylated Unc119, leading to its degradation. Unc119 levels were found to decrease in dark-adapted photoreceptors and knockout of Klhl18 resulted in reduced photoreceptor sensitivity, as determined with scotopic ERG, suggesting that the translocation of transducin α into the OS was reduced. Immunohistochemistry showed the Tα but not Tβγ levels were higher in the ISs of Klhl18−/− mice. These results are suggested to potentially be of therapeutic relevance since FK506 and cyclosporine A, drugs that inhibit calcineurin, were protective of photoreceptor light damage.

AIPL1 is another putative lipid binding chaperone protein operating in rods (Sokolov et al., 2019). AIPL1 mutations are linked to LCA and affects both rods and cones (Sohocki et al., 2000). It has been shown to specifically bind farnesylated proteins in a yeast two hybrid study (Ramamurthy et al., 2003). AIPL1−/− mouse expresses PDE6 subunits but they don't assemble properly and are likely degraded (Kolandaivelu et al., 2009). Recent results suggest that AIPL1 cooperates with PDE6γ subunit to catalyze proper PDE folding (Yadav et al., 2019). Thus, although apparently not directly involved in peripheral membrane transport, AIPL1 is key for PDE6 function in the rod OS.

Compartmentalization of peripheral membrane proteins that associate with lipid binding chaperones requires cargo displacement factors that release them, allowing association with destination membranes (Wright et al., 2011; Hanke-Gogokhia et al., 2016). The cargo displacement factors are the small GTPase ADP ribosylation factor-like proteins Arl2 and Arl3. Both Arl2 and Arl3 can displace cargo from PrBPδ, but only Arl3 can displace cargo from Unc119a (Ismail et al., 2012). Arl2 and Arl3 release cargo when in the GTP bound state, GTP binding to Arl3 is catalyzed by the guanine nucleotide exchange factor (GEF) Arl13b (Gotthardt et al., 2015; Zhang et al., 2016a). Upon release, the GTPase accelerating protein (GAP) Rp2 accelerates hydrolysis of the Arl3 bound GTP to GDP (Veltel et al., 2008; Evans et al., 2010). The GEF and GAP for Arl2 have not been identified.

Arl3 is found throughout the cell body and possibly in the CC, but is absent from the OS (Grayson et al., 2002; Hanke-Gogokhia et al., 2016; Wright et al., 2016). Rp2 is found throughout the cell body, where it is enriched on the basal bodies, perinuclear region, synapse and the periciliary membrane of photoreceptors (Evans et al., 2010; Holopainen et al., 2010), where membrane association is thought to be mediated by myristoylation (Evans et al., 2010). Arl3 KO in both retina and rod showed that Arl3 is important for ciliogenesis and ciliary maintenance as well as efficient localization of lipidated proteins such as PDE6, GRK1, Tα, and Tβγ to the OS (Hanke-Gogokhia et al., 2016).

In addition to releasing cargo from PrBPδ, Arl2 binds to BART/Arl2BP and is thought to recruit it to the basal bodies and periciliary membranes where it appears to be important for ciliogenesis and cilium maintenance (Davidson et al., 2013; Moye et al., 2018). Arl2 also binds tubulin specific chaperone cofactor D and is, thus, thought to regulate heterodimerization of α-, and β-tubulin (Bhamidipati et al., 2000). Arl2 is thought to be important for MT formation by regulating the soluble pool of tubulin, and thus is important for ciliary stability and control of axoneme length (Wright et al., 2018).

Arl13b is localized to the OS with enrichment in the proximal region (Hanke-Gogokhia et al., 2017; Dilan et al., 2019) and membrane association is mediated by double N-terminal palmitoylation (Roy et al., 2017). Retina specific mutations or deletions of Arl13b, which cause Joubert syndrome (Cantagrel et al., 2008), have a more severe phenotype than those impacting Arl3 (Hanke-Gogokhia et al., 2016). Retina specific Arl13b−/− mice fail to form photoreceptor OSs and have improperly localized basal bodies (Dilan et al., 2019). Depletion of Arl13b in adult mouse rods causes accumulation of IFT88 at the proximal end of the cilia as well as mislocalization of Rhodopsin. Interestingly, PDE6, GRK1, and transducin localization are not affected, suggesting they transport to the ciliary photoreceptor OS in an Arl13b-independent way.



Electrostatic Interactions and Peripheral Membrane Protein Compartmentalization

The model whereby lipid-binding chaperone proteins mediate transport of peripheral membrane proteins to the ciliary compartment implicitly or explicitly assumes that association with the lipid binding chaperones is required to enter the ciliary compartment and that tight membrane binding underlies the retention in the target compartment. Recently we showed in Xenopus rods that PrBPδ and Unc119 are not required for OS enrichment of all prenylated or acylated proteins (Maza et al., 2019). Moreover, using fluorescence recovery after photoconversion (FRAP) we showed that strong affinity of peripheral membrane proteins to target membranes is not required for compartmental enrichment. These results show that the basic distribution of peripheral membrane proteins in photoreceptors may be governed by diffusion and local binding and that the known lipid binding chaperones are not required for entry into the cilium (Figure 7). Although other, yet to be identified chaperone proteins cannot be ruled out, mass spectrometry analysis of pulldowns with lipidated-GFP probes did not identify obvious candidates (Maza et al., 2019). Compartment specific variation in membrane surface charge, protein content, ions as well as the lipid moiety and surface charge of the protein itself, therefore, may lead to differential compartmentalization of PMPs in photoreceptors, and presumably in primary cilia in general.
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FIGURE 7. Role of electrostatic interactions in the compartmentalization of peripheral membrane proteins. (A) Montage of confocal images of living Xenopus rods expressing EGFP probes with indicated surface charge and lipidation motif. Note that none of the probes possess binding motifs for the lipid binding chaperone proteins, PrBPδ and Unc119. Significant OS localization of most probes shows that lipid binding chaperone proteins are not required for OS access and enrichment of peripheral membrane proteins. (B) Box-whisker plots of average fluorescence in the pre-synapse divided by average fluorescence in the OS shows that positively charged probes with prenyl lipids are depleted from the OS and enriched in the pre-synapse, while probes containing myristoylation and neutral or negative charge equally distributed between compartments. A probe consisting of EGFP fused to the myristoylation motif containing N-terminal 16 amino acids of Tα, which binds to Unc119, was not significantly more OS enriched than the Myr0 probe, which does not bind Unc119, suggesting that Unc119 association alone is not sufficient for OS enrichment. The probe containing the farnesylated C-terminus of GRK1, which does bind to PrBPδ, is more strongly OS localized, thus, PrBPδ tilted the equilibrium toward OS enrichment. However, presence of the Far0 probe in the OS shows that PrBPδ is not required for OS entry. Modified from Maza et al. (2019).


In (Maza et al., 2019) we also showed that a probe that consisted of EGFP and the c-terminal 18 amino acids of GRK1, which binds PrBPδ when farnesylated, are sufficient to drive effectively exclusive OS localization, despite the probe having relatively low membrane affinity. A probe with a neutral amino acid peptide linker bearing C-terminal farnesylation motif but that did not bind PrBPδ did not localize to the OS to nearly the same extent (Figure 7B, compare Far0 to GRK1ct18). This shows that the role of the lipid binding chaperone proteins is to tilt the equilibrium distribution of peripheral membrane proteins toward a specific compartment, rather than to deliver them to membranes where they bind with high affinity. There is a significant advantage to this mechanism. It allows peripheral membrane proteins within the OS, like GRK1, to equilibrate along the length of the OS, leading to equal numbers on each disc and, thus, uniform light responses throughout the OS. Indeed, amplitudes of dim light flashes are approximately uniform along the length of amphibian rod OSs (Baylor et al., 1979). Moreover, the localization to the OS is achieved without the non-specific blockade of the CC that would result from a soluble protein diffusion barrier.



Lipid Switch Proteins

The distribution of some lipidated proteins in photoreceptors appears to rely on interactions that sequester lipid moieties into hydrophobic folds within the proteins themselves. Tβγ is a constitutive dimer with Tγ bearing a farnesyl moiety (Fukada et al., 1990; Lai et al., 1990). Farnesylation of Tγ is required for OS localization of the Tβγ dimer (Brooks et al., 2018). While PrBPδ has been implicated in proper Tβγ transport to the OS (Zhang et al., 2007), there is no published evidence for its involvement in light-dependent transport. Light-dependent transport of Tβγ appears to be disrupted by knockout of phosducin (Sokolov et al., 2004), a phosphoprotein in rods that undergoes light-dependent dephosphorylation and associates with Tβγ (Lee et al., 1987). Phosducin is phosphorylated by casein kinase 2 (CK2) in darkness (Humrich et al., 2003) and is dephosphorylated by protein phosphatase 2A in light (Brown et al., 2002). Phosducin appears to modulate the solubility of Tβγ through an interaction dependent sequestration of the Tγ farnesyl moiety between the β propeller blades 6 and 7 of Tβ (Gaudet et al., 1996; Loew et al., 1998), rather than direct binding to the lipid. Thus, phosducin operates a lipid switch on Tβγ. Despite the clear evidence that phosducin is involved in light dependent transport of Tβγ, there is no evidence that this transport impacts photoresponse kinetics or photoreceptor sensitivity (Sokolov et al., 2004; Krispel et al., 2007).

The calcium binding protein, recoverin, modulates GRK1 activity in a calcium and, thus, light dependent manner (Kawamura, 1993; Kawamura et al., 1993; Calvert et al., 1995; Chen et al., 1995; Klenchin et al., 1995). Knockout of recoverin in mouse rods shows that regulation of GRK1 leads to a moderate feedback control of light dependent PDE6 activity (Makino et al., 2004). Recoverin is N-terminally acylated (myristoylated) (Dizhoor et al., 1992). The acyl moiety is folded into a hydrophobic cleft on recoverin when calcium free (Tanaka et al., 1995), and extends into the bulk aqueous phase when Ca2+-bound (Ames et al., 1995b), through a mechanism known as the calcium-myristoyl switch (Zozulya and Stryer, 1992). The myristoyl moiety induces cooperativity in calcium regulation of GRK1 (Ames et al., 1995a; Calvert et al., 1995). Recoverin undergoes a modest light-dependent redistribution in mouse rods (Strissel et al., 2005), however Unc119a does not bind to recoverin (Zhang et al., 2011a), suggesting that the light-dependent redistribution is likely the result of changes in calcium concentrations and diffusion of recoverin in the calcium free state. Thus, the distribution of some peripheral membrane proteins relies on self-sequestration of lipid moieties as a result of specific binding interactions, and diffusion.




SOLUBLE PROTEIN COMPARTMENTALIZATION IN PHOTORECEPTORS

The most abundant soluble protein in rod photoreceptors, arrestin-1 (Arr1), is nearly equimolar to rhodopsin (Strissel et al., 2006; Song et al., 2011). The distribution of Arr1 in rods changes in response to light (Broekhuyse et al., 1985; Whelan and McGinnis, 1988; Peterson et al., 2003, 2005; Nair et al., 2005; Strissel et al., 2006). In dark-adapted photoreceptors, more than 90% of Arr1 is found in the IS. When exposed to bright light, 80% of Arr1 is found in the OS, where it binds to light-activated, phosphorylated rhodopsin, preventing further activation of the phototransduction cascade. The prevailing thought is that light-activated, phosphorylated rhodopsin serves as a binding sink to draw Arr1 into the OS. The role of phosphorylation of light activated rhodopsin, however, was brought into question when it was observed by the Chen group that Arr1 translocation in response to light was partially maintained in GRK1 knockout mice and mice where rhodopsin phosphorylation sites were mutated, which led to the speculation that Arr1 transport to the OS upon light exposure was mediated by an active, motor-driven mechanism (Mendez et al., 2003; Zhang et al., 2003). However, the sheer mass of Arr1 molecules moving to the OS in response to light, ~2 billion molecules in amphibian and ~75 million in mammalian rods, with a halftime of ~9–18 min (Peterson et al., 2003; Strissel et al., 2006), makes motor-driven transport to the OS unlikely (Calvert et al., 2006). The experiments by the Chen group were carried out under conditions that likely activated the entire pool of rhodopsin in the rods and, although the affinity of arrestin for light-activated unphosphorylated rhodopsin is ~35% of that for light-activated phosphorylated rhodopsin, it is ~8-fold higher than for dark-adapted rhodopsin (Nair et al., 2005). The study by Nair et al., that examined Arr1 localization to the OS at more moderate light intensities, showed that Arr1 transport to the OS, although present, was reduced in the GRK1−/− and rhodopsin phosphorylation mutant mice (Nair et al., 2005). Moreover, Nair et al. showed that light dependent Arr1 transport was resistant to ATP depletion, suggesting that it is energy independent (Nair et al., 2005). Finally, employing our diffusion/active-transport/binding model (Maza et al., 2019), and considering the measured diffusivities of soluble proteins in the various rod compartments (Calvert et al., 2006, 2010; Najafi et al., 2012), we have predicted that the distribution of Arr1 in rods where the OS binding sinks had affinities corresponding to non-phosphorylated light-activated rhodopsin were nearly indistinguishable from that of rods with OS binding sinks with affinities corresponding to phosphorylated light-activated rhodopsin.

The notion that light-dependent Arr1 transport to the OS is independent of energy remains controversial, however. A more recent study in Xenopus and mouse showed that Arr1 transport to the OS in light-adapted rods was absent upon ATP depletion with potassium cyanide (KCN), and was restored with KCN washout and ATP supplementation (Orisme et al., 2010). The study further suggested that light-stimulated Arr1 transport is triggered by an ATP-dependent, PLC activated mechanism, perhaps mediated by D2 dopamine receptors. It is proposed that this pathway releases Arr1 from the IS by an unspecified mechanism and allows it to diffuse to the OS, where it is then retained by binding to light-activated rhodopsin. Together, these studies strongly support the diffusion to binding sink model for Arr1 transport to the OS of light-adapted rods, where the initial transport may require some form of release from the IS compartment. Interestingly, Strissel et al. observed that light stimulated Arr1 transport occurs at a threshold that activated ~3% of rhodopsins (Strissel et al., 2006). At light levels near this threshold the amount of Arr1 that transported to the OS was ten-fold higher than the number of rhodopsins activated by light, which is referred to as super-stoichiometric Arr1 transport, through an unidentified mechanism that requires phototransduction. It would be interesting to explore if the PLC-dependent mechanism might underlie this super-stoichiometric movement.

Several theories have been posited to explain the disproportionately IS biased distribution of Arr1 in dark-adapted rods, including a diffusion barrier at the base of the CC and tethering to IS structures by multiple binding partners, including NSF, enolase-1, and tubulin (Nair et al., 2004; Huang et al., 2010; Smith et al., 2011). However, studies of the dynamics of the soluble proteins EGFP and PAGFP have shown that there is no significant barrier impeding diffusion of soluble proteins up to ~80 kDa through the CC (Calvert et al., 2010; Najafi et al., 2012), and none of the Arr1 IS binding partners have sufficient concentration and localization to account for Arr1's distribution in the dark. This analysis led us to explore other mechanisms. We reasoned that the distribution of soluble proteins within cells will be governed by the available aqueous cytoplasmic spaces and interactions with binding partners (Peet et al., 2004). At first glance this appears to be a simple idea, however, the cytoplasm is crowded, and the available aqueous spaces are distributed among a heterogeneous patchwork of cytoplasmic structures. Highly organized organelles, like the lamellae of the ER and Golgi membranes, are interspersed with more open spaces. The meshwork of cytoskeletal components introduces sieves of variable mesh size. Together these structural features of the cytoplasm lead to partitioning of solutes into different cytoplasmic domains of cultured cells based on size (Luby-Phelps et al., 1986; Minton, 1992, 1997; Zimmerman and Minton, 1993; Janson et al., 1996; Zhou et al., 2008). In theory, partitioning of soluble molecules based on accessible cytoplasmic spaces may be a means of regulating cellular activities. However, quantifying that potential impact is difficult for most cells due to the spatial resolution limitations of light microscopes.

Amphibian photoreceptors provided a model cell where the impact of soluble protein partitioning by heterogeneous cytoplasmic spaces could be quantified (Figure 8) (Najafi et al., 2012). The large size of amphibian rods and the unique structure of photoreceptor OSs, with highly uniform spacing and close juxtaposition of the discs (~12 nm inter-disc spacing), allows quantification of the distributions of soluble molecules between the OS and the much less structurally constrained IS/cell body (Figure 8A). The ratio of molecules in the OS to that in the IS falls steeply, from ~0.85–~0.15, as the size of molecules increase from 600 Da to ~81 kDa (Figure 8B). Analysis of the size dependent distribution of molecules in the Xenopus rods agrees well with a model whereby the accessible volume within the OS declines much more steeply than the accessible volume in the IS due to steric interactions limiting the approach of the molecules to membranes and other surfaces (Figure 8C).
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FIGURE 8. Steric volume exclusion and the compartmentalization of soluble proteins in photoreceptors. (A) The distribution of soluble molecules in Xenopus rods depends on the size of the molecule. Note that the conformation of the EGFP dimers and tetramer shown are only one of many possible. (B) The relationship of the ratio of the OS fluorescence to the maximum IS fluorescence scaled inversely and linearly with the estimated average hydrated radius of the molecules. This phenomenon can be explained by the asymmetrical reduction in the available aqueous volume of the differently shaped compartments caused by steric volume exclusion (i.e., loss of volume available to the center of mass of the molecule). (C) For example, two interconnected boxes have the same geometric volume (Vg), but vastly different shapes. Introducing a spherical molecule reduces the geometry of both compartments, and thus the volumes accessible (Vac) to their centers of mass of the molecule. This reduction is larger for the rectangular compartment. (D) As the hydrated radius (rh) of the molecules increase, the reduction in Vac falls more steeply for the rectangular compartment. (E) Since soluble molecules will equilibrate to equalize their concentrations (c) everywhere, the shape asymmetry will cause partitioning of the soluble molecules into the cubical compartment, where the total mass (m) will be higher. (A,B) modified from Najafi et al. (2012).


The steric volume exclusion effect operates in all cell compartments. Differences in the geometry of the compartments and the size of soluble proteins underlie the differential partitioning effect. To illustrate this, consider two interconnected cuboid compartments with identical geometrical volumes (Figure 8C). The volume accessible to the center of mass of a spherical protein is lower in the rectangular compartment than in the cubical. Moreover, the relationship between the accessible volume and the size of molecules falls more steeply in the rectangular compartment (Figure 8D). This difference in accessible volume means that the effective concentration of a given number of molecules in these two compartments will be higher in the rectangular compartment. This difference in effective concentration drives partitioning of the molecules into the cube shaped compartment. Thus, although the effective concentration of the soluble molecules will be the same in both compartments, the number of molecules will be lower in the rectangular compartment. In many signaling scenarios, it is the number of molecules that is most important. For instance, in photoreceptors the number of soluble Arr1 molecules in the inter-discal spaces dictate how quickly a light activated rhodopsin molecule is quenched.

The distribution by accessible volumes model predicts that Arr1 will be fivefold enriched in the IS relative to the OS (Najafi et al., 2012), somewhat less than the ~ 13-fold enrichment observed in dark-adapted rods. However, in vitro studies have shown that Arr1 can form dimers and tetramers (Granzin et al., 1998; Hirsch et al., 1999; Schubert et al., 1999; Shilton et al., 2002; Imamoto et al., 2003; Hanson et al., 2007, 2008; Kim et al., 2011), and the millimolar concentration of Arr1 in rods predicts the majority of Arr1 is in the dimer (~96 kDa) or tetramer (~192 kDa) forms. If the physiological form of Arr1 in dark-adapted rods is indeed dimer or tetramer, the dark-adapted partitioning of Arr1 can be explained simply by partitioning into the IS resulting from the heterogeneity of OS and IS structures and the steric volume exclusion effect. The distribution by steric volume exclusion-dependent partitioning between the OS and the rest of the cell is appealing for a number of reasons. First, it explains why Arr1 is found uniformly filling the entire non-OS compartments of dark-adapted rods, from the myoid region to the presynaptic spherule. Second, it overcomes the problem that the proposed non-rhodopsin Arr1 binding partners are not expressed to levels even nearly approaching that of Arr1. Third, although it has been proposed that Arr1 binds to microtubules (Nair et al., 2005; Orisme et al., 2010) and the BBSome protein BBS5 (Orisme et al., 2010), the sheer mass of Arr1 binding would appear to substantially inhibit other vital microtubule and BBS5 functions, including delivery of tubulin and other cargoes by IFT. Finally, distribution by steric volume exclusion offers the possibility of straightforward regulation of Arr1 distribution either through regulation of self-association or regulating the disc spacing in the OSs, which appear to elongate in response to light in the intact eye (Zhang et al., 2017).



CONCLUDING REMARKS

Photoreceptor OSs are modified primary cilia with highly elaborated membrane systems that serve to efficiently capture photons and transduce them into electrical signals. To support this role, proteins involved in phototransduction and maintenance of the OS structure must be transported to the OS, an especially daunting problem for photoreceptors because of the sheer mass of protein and membranes that are required for daily renewal of 10% of the OS. Over the last decade and a half, significant advances in our understanding of the molecular players involved in photoreceptor OS genesis and protein transport have been made due to a refreshed examination of this problem using focused mouse genetic models, advanced proteomics and the development of sophisticated approaches to high resolution imaging of the CC/photoreceptor transition zone, including cryo-EM tomography and super-resolution fluorescence microscopy. Recent advances in live cell imaging in photoreceptors, primary cilia and flagella, however, have begun to challenge previous notions of the mechanisms underlying ciliary protein transport, ciliary construction and maintenance in health and disease. We are just at the beginning—further development of high spatial and temporal resolution approaches to quantifying the dynamics of protein and membrane transport in living photoreceptors and other cilia represents a critical area for advancing the field.
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The skin is the biggest organ and provides a physical and immunological barrier against pathogen infection. The distribution of primary cilia in the skin of mice has been reported, but which cells in human skin have them has not, and we still know very little about how they change in response to immune reactions or disease. This review introduces several studies that describe mechanisms of cilia regulation by immune reaction and the physiological relevance of cilia regulating proliferation and differentiation of stroma cells, including skin-resident Langerhans cells. We discuss the possibility of primary cilia pathology in allergic atopic dermatitis and the potential for therapies targeting primary cilia signaling.

Keywords: primary cilia, immunity, epidermis, atopic dermatitis, keratinocyte, Langerhans cell


INTRODUCTION

Kowalevsky (1867) first reported the presence of non-motile cilia (primary cilia) in a variety of vertebrate cells. For a long time, many scientists thought that non-motile cilia were a non-functional vestigial organ. However, almost 150 years after the first finding of non-motile cilia, they are now recognized as a sensory organelle involving hearing, sight, and other sensory input. A primary cilium is a unique organelle protruding from the cell surface. Various receptors, including G protein–coupled receptor (GPCR) and tyrosine kinase type receptor, and ion channels localized in primary cilia enable cells to sense the extracellular environment and transduce signals inside the cell that control cell function (Phua et al., 2015; Schou et al., 2015; Christensen et al., 2017). It is widely accepted that almost all cell types can have primary cilia, including skin cells.

The skin is the heaviest organ in the human body and, including the subcutaneous tissue, accounts for 16% of body weight (Shimizu, 2018). The skin defines the body and maintains homeostasis by preventing water loss, regulating body temperature, and sensing mechanical stimuli. It also functions as an immune organ that prevents foreign materials from invading from outside (Shimizu, 2018; Figure 1A). The skin has a three-layer structure: epidermis, dermis, and hypodermis—each with its own anatomy and function (Wong et al., 2016; Shimizu, 2018). The epidermis is 0.2 mm thick, and about 90% of epidermal cells are keratinocytes (KCs). The most important role of KCs is forming a skin barrier. Both the physical barrier formed by KCs and the immune barrier composed of immune cells prevent invasion of pathogens (Eyerich et al., 2018; Kabashima et al., 2019; Figure 1A).
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FIGURE 1. Normal skin and disruption of primary cilia in skin disease. In normal skin, the barrier formed by keratinocytes (KCs) blocks infection. Langerhans cells (LCs) in the epidermis contribute to skin homeostasis by working as antigen-presenting cells.


Coordinated differentiation and proliferation of KCs—namely, keratinization—are required for barrier formation and are strictly regulated depending on the extracellular environment, such as cell density (Eckert et al., 2002; Simpson et al., 2011; Roshan et al., 2016). Most keratinocyte stem cells (KSCs) in the epidermal basal layer continue to proliferate randomly, and some produce transitory amplifying cells (TAs) by asymmetric division (Mackenzie, 1970; Clayton et al., 2007). The TAs, with a much higher proliferative capacity than KSCs, maintain the stem cell pool (Hsu et al., 2014). Daughter cells produced by immature KCs asymmetric division of both KSCs and TAs differentiate by stimuli that are not yet known and then mature with migration from the basal layer (Lechler and Fuchs, 2005; Mascré et al., 2012). Terminally differentiated KCs die and form a cornified layer consisting of keratin and a cornified envelope (Candi et al., 2005). The cornified envelope is formed from the plasma membrane of mature KCs and consists of involucrin and loricrin. Both keratin and the cornified envelope work as a physical barrier against water loss, damage by UV radiation, and pathogen infection. Barrier disruption increases the risk of ichthyosis and atopic dermatitis (AD) (Herrmann et al., 2003; Palmer et al., 2006; Klar et al., 2009; Rerknimitr et al., 2017; Yamamoto et al., 2020).

Moisturization is widely accepted to reduce the risk of AD because barrier dysfunction causes dryness, which activates peripheral neurons to induce severe itching and scratching, which exacerbates the disease. We know that the pathology of AD is complicated and the full picture of its pathophysiology is not clear, so symptomatic treatment is often used, typically topical steroids and immunosuppressants in parallel with moisturizer (Eichenfield et al., 2014a; Katoh et al., 2019).

Destruction of the skin barrier allows pathogens to invade in the body, where they induce an immune response (De Benedetto et al., 2012). When Langerhans cells (LCs), a type of dendritic cell (DC), in the epidermis take up pathogens, they become fully functional and move to the lymph nodes, where they present the antigens to T cells (Nestle et al., 2009; Pasparakis et al., 2014; Deckers et al., 2018). Thus, LCs play an important role in bridging innate immunity and acquired immunity. LCs are present at a rate of about 2–5% in normal epidermis but increase in AD: 13–16% of KCs isolated from AD patients in vitro, and nearly 30% in vivo, were positively stained with a proliferation marker, ki67 (Czernielewski and Demarchez, 1987; Chorro et al., 2009; Toriyama et al., 2020). The elimination of LCs suppressed the immune response induced by protein antigens (Nakajima et al., 2012). Thus, good control of the count, proliferation, and maturation of LCs may help to regulate immune responses and thus treat AD.

It is very difficult to understand the pathophysiology of human inflammatory diseases because mechanisms of inflammatory responses are so complicated, and the immune response between model rodents and humans are usually different (Beura et al., 2016). Recently, we showed that the primary cilium, which acts as a signaling hub, regulates the proliferation, differentiation, and maturation of human KCs and LCs (Toriyama et al., 2020). This review discusses the function of primary cilia, especially inflammatory regulation, in human skin in the context of the literature, and the possible therapeutic potential of targeting signaling pathways transduced in primary cilia.



PRIMARY CILIA DISTRIBUTION AND FUNCTIONS IN THE SKIN

The primary cilium is a unique organelle that plays an important role in transducing extracellular signals into the cytosol. Since skin is the outermost organ covering the body, it must be able to sense the extracellular environment, suggesting a role of primary cilia in it. Primary cilia have been identified in several skin-resident cells: human/mouse KC and basal cell carcinoma (BCC) (Elofsson et al., 1984; Strugnell et al., 1996; Wong et al., 2009; Ezratty et al., 2011; Toriyama et al., 2020), human/mouse fibroblast (Strugnell et al., 1996; Toriyama et al., 2020), human melanocyte (Elofsson et al., 1981; Choi et al., 2016), and LC (Toriyama et al., 2020).

Functions of primary cilia in KCs have been reported. In mouse embryonic epidermis, inhibition of primary cilia formation by shRNA targeting ift74 and ift88 caused hyperproliferation of KCs, whereas inhibition by kif3A knockdown inhibited cell growth while inhibiting primary cilia formation (Ezratty et al., 2011). Overexpression of polo-like-kinase4 increased centrosome number, primary cilia disruption, and keratin5-positive proliferating KC, with decreasing KC differentiation markers, including involucrin, filaggrin, and loricrin (Coelho et al., 2015). In contrast, both primary cilia counts and ki67-positive KCs in AD patients were significantly increased relative to healthy epidermis, and there was a relation between primary cilia increase and loricrin decrease, but not filaggrin or IgE level (Toriyama et al., 2020). These findings suggest that primary cilia both promote KC proliferation and inhibit maturation in allergic conditions and raise the question of what signaling is transduced in primary cilia to regulate KC proliferation or maturation in inflammatory conditions. Ezratty et al. (2011) strongly suggested that downregulation of ift74, or chloral hydrate treatment to diminish primary cilia, inhibited the notch signaling pathway, which is transduced in primary cilia, and decreased the expression of a KC maturation marker, K10. Another report suggested that proliferation of KC was promoted by PDGF-AA, the receptor for which, PDGFRα, is specifically localized in primary cilia (Toriyama et al., 2020). Thus, understanding KC biology is complicated by the lack of knowledge of molecular mechanisms by which proliferation and differentiation signals via primary cilia are regulated spatiotemporally. Recently, presenilin and arf4 have been identified as KC differentiation regulators (Ezratty et al., 2016). These are localized in the basal body and are thought to regulate K10 expression, but they might not control cilia formation directly (Ezratty et al., 2016). So, understanding how they regulate notch signaling will provide insight into KC differentiation and maturation. Future analysis of tissue microenvironments, including concentrations of extracellular molecules, tissue dependency, and age dependency, and investigation of pathophysiological conditions will explain primary cilia regulation and signaling.

What is the skin phenotype when primary cilia are inactivated? PCP effector gene, fuzzy, knockout or specific knockout of ift88 in adult KCs by K14 promoter induced ventral alopecia, basaloid hyperplasia, epidermal ingrowth, disorganized hair follicles, and excess sebaceous gland lobules, with accumulating ΔNp63 transcription factor (Croyle et al., 2011; Dai et al., 2011). Coincident with primary cilia disruption in the epidermis, ift88 or kif3a conditional knockout in the ventral dermis of prx1-cre mice caused severe hypotrichosis with downregulation of sonic hedgehog (shh) signaling (Lehman et al., 2009). Molecular mechanisms by which primary cilia regulate hair growth have been reported: laminin-511-β1 integrin signaling promoted primary cilia formation in dermal papillae, which is required for shh and PDGFRα signaling to develop hair (Gao et al., 2008). These results suggest that primary cilia in epidermal KCs, dermal papillae, and fibroblasts are indispensable for hair growth and that primary cilia are important for skin homeostasis.

Some functions of primary cilia in melanocytes have been reported. The use of “smoothened agonist” to activate shh signaling inhibited melanogenesis, whereas the use of specific cytoplasmic dynein inhibitor, ciliobrevin A1, to inhibit primary cilia formation promoted melanogenesis (Choi et al., 2016). In melanoma, primary cilia were deconstructed, while EZH2, a unit of PRC2 methyltransferase, induced primary cilia loss by silencing genes involved in primary cilia formation, which drove metastatic melanoma (Zingg et al., 2018). Since the loss of primary cilia in melanoma induced the activation of the Wnt/β-catenin pathway (Zingg et al., 2018), regulation of this pathway via primary cilia formation may contribute to the treatment of cancer and pigmentation disorder.



IMMUNOCOMPETENT CELLS IN EPIDERMIS AND THEIR FUNCTIONS

Many types of cells are involved in inflammatory responses in skin diseases. In this section, we summarize and discuss the functions of LCs and KCs. Langerhans (1868) first found and described LCs. From their morphology, LCs were first interpreted as a kind of neuronal cell, not as immune cells. For almost 100 years, their function was unknown. However, Stingl et al. (1977) and Klareskog et al. (1977) identified that LCs express MHC class II molecules and macrophage antigens, and Schuler and Steinman (1985) found that they have a role as APCs. LCs are the sole APCs in the epidermis. When they incorporate microbial antigens, they rapidly mature, and as functionally activated APCs, they migrate to the lymph nodes, interact with T cells via MHC class II molecules, and display the antigen to the T cells. Thus, LCs act as a bridge between innate immunity and acquired immunity (Nestle et al., 2009; Pasparakis et al., 2014; Deckers et al., 2018; Figure 2). Interestingly, activated LCs extend their dendrites through tight junctions formed by KCs (Kubo et al., 2009). This fact strongly suggests that activated LCs actively take antigens and probably present them continuously to T cells to maintain skin homeostasis.
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FIGURE 2. LC function in epidermis. When LCs incorporate antigens, (1) they are rapidly functionally activated, and then (2) they migrate to the lymph node. (3) In the lymph node, LCs interact with T cells to present antigens.


Recently, to elucidate the role of LCs in antigen presentation and in disease, researchers generated genetically modified mice in which LCs can be specifically removed (Bennett et al., 2005; Kaplan et al., 2005; Kissenpfennig and Malissen, 2006; Honda et al., 2010). In a series of elegant experiments, Honda et al. (2010) indicated that LCs are not essential to the development of contact hypersensitivity caused by small molecules like dinitrofluorobenzene, because LC-depleted mice swabbed with hapten (MW <1,000) did not have the decreased immune reactivity found in contact dermatitis. In contrast, LC-depleted mice swabbed with protein antigens of MW >5,000 had inhibited skin inflammation (Nakajima et al., 2012). These analyses strongly suggest that LCs are involved in the development of AD caused by protein antigens but not in contact hypersensitivity induced by small molecules. Thus, LCs especially recognize protein antigens and play an important role in maintaining skin homeostasis.

Not only do KCs form a physical barrier, but they also produce cytokines in response to immune stimulation and thus confer skin immunity. The secretion of cytokines by KCs, their effects, and their secretion mechanism have been studied for decades (see reviews Hänel et al., 2013; Noske, 2018). KCs express toll-like receptor, which recognize molecules derived from microbes. Ligand–receptor combination changes their cytokine expression profiles. Differences in cytokine profiles greatly contribute to the development of specific skin diseases such as psoriasis and AD (Hänel et al., 2013; Noske, 2018; Zhang, 2019). Since these cytokines are thought to induce maturation of immune cells, which lead to further cytokine production, it is important to prevent the vicious cycle of cytokine networks in the treatment of disease.

Some recent reports have shown that KCs interact with T cells (Banerjee et al., 2004; Peters et al., 2013; Albanesi et al., 2018; Orlik et al., 2020) and LCs (Tang et al., 1993; Mohammed et al., 2016; Sumpter et al., 2019) to regulate their immune responses (Figure 3). Since T cells and LCs play an important role in cytokine secretion and disease development, understanding their regulation mechanisms by KCs may provide novel insight into disease mechanisms. Orlik et al. (2020) reported that IFNγ-stimulated KCs could interact with naïve T cells through CD2 and CD54 to promote differentiation into proinflammatory Th1 and Th17 cells. Although this ability is low compared with monocytes or DCs (Orlik et al., 2020), this finding raises an important possibility that T cell differentiation by KCs is pathophysiologically important because KCs are much more abundant than APCs, including LCs, in the epidermis. In addition, interaction of CD4 or CD8 T cells with IL-1α/TNFα-stimulated KCs increased the secretion of CCL2, CCL20, and CXCL10 chemokines and increased Th17-like T cells (Peters et al., 2013). These reports suggest that the interaction between T cells and KCs may cause a Th17-dominant bias, leading to disruption of skin homeostasis (Figure 3). For the interaction between KC and LC, E-cadherin and integrins are required (Tang et al., 1993; Mohammed et al., 2016; Figure 3). Downregulation of αvβ6 integrins in KCs decreased epidermal LCs but increased lymph node LCs (Mohammed et al., 2016). This result suggests the function of KCs as the “anchor” of LCs, which might be important in regulating immune reactivity (Tang et al., 1993). Future investigation of how KCs regulate immune reactivity is required.
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FIGURE 3. KC interaction with T cells (TCs) and LCs. KCs interact with TCs via CD2 and CD54, which promote TC differentiation. Differentiated TCs promote cytotoxic responses. In contrast, KC–LC interactions via E-cadherin and integrins decrease LC migration activity the to lymph node.




PRIMARY CILIA FUNCTION IN IMMUNITY

For a long time, it had been considered that immune cells have an immunological synapse (IS), instead of primary cilia (Cassioli and Baldari, 2019). IS is a ring structure containing adhesion molecules, T cell antigen receptor (TCR), Major Histocompatibility Complex (MHC), which mediate cell–cell interaction between APCs and lymphocytes (Cassioli and Baldari, 2019). IS promotes lymphocyte activation by sustaining signaling required for T cell activation (Finetti et al., 2011). The function of intraflagellar transport (IFT) protein IFT20 has been reported in immune synapse formation in T cells (Finetti et al., 2009; Finetti et al., 2011). Although IFTs are required for the assembly and maintenance of primary cilia, primary cilia in immune cells have been undetected until 2015. Prosser and Morrison (2015) reported that with regard to immortalized Jurkat T cell, and NALM-6 B cells had them at a low rate of 1% or less in the presence of serum. Recently, we found primary cilia-like structures in human primary LCs, which are APCs present in the epidermis (Toriyama et al., 2020). In contrast, we did not find such structures in epidermal or dermal CD4 + or CD8 + T cells. This finding raises the possibility that the tissue microenvironment or the extracellular environment controls primary cilia formation.

So, what is the physiological role of primary cilia in immune cells? It is difficult to say because research to answer this question is scarce; however, we can say that primary cilia would have a role in promoting immune signaling. Interestingly, recent studies have reported that various immune signals promoted by cytokines regulate primary cilia formation in non-immune cells. Treatment with IL-1β or TNFα significantly increased the length of primary cilia in chondrocytes and fibroblasts (Wann and Knight, 2012; Wann et al., 2013; Mc Fie et al., 2020; Figure 4). Primary cilia were elongated 1 h after IL-1β treatment, suggesting that their length might change during acute inflammation (Wann et al., 2013). A mutation in tumor necrosis factor alpha receptor 3–interacting protein 1, also known as MIPT3, inhibited primary cilia formation (Berbari et al., 2011). MIPT3 inhibits IL-13–mediated phosphorylation of Stat6 (Ling and Goeddel, 2000; Niu et al., 2003). These findings strongly suggest that cytokine signals regulate primary cilia formation. In addition, promotion of iNOS and COX2 expression caused by IL-1β was decreased in chondrocytes with an ift88 hypomorphic mutation, the Oak Ridge Polycystic Kidney (ORPK) mutation (Wann et al., 2014). In these cells, nuclear localization of p65, a transcription factor induced by NFκB signal activation, was decreased (Mc Fie et al., 2020). These findings suggest that IL-1β and TNFα elongate primary cilia, and NFκB signals activated by these cytokines are transduced in primary cilia (Figure 4). It should be noted, however, that there is no description of how the combination of Th1 and Th2 cytokines regulates primary cilia formation in inflammatory diseases. To answer this, further investigation using patient samples and cells will be required.
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FIGURE 4. Hypothetical cilia regulation by immune signals. Cytokines including IL-1 and TNFα elongate primary cilia length. NFκB localized in primary cilia is activated and promotes immune responses.


In ORPK mice with polycystic kidney disease (PKD), the number of infiltrating macrophages was increased, but the number of residential macrophages was decreased in renal lesions (Zimmerman et al., 2018). In human PKD patients, the number of T cells in lesions was also increased (Zimmerman et al., 2019). Further investigation using ORPK mice showed that bile duct epithelial cells increased the expression of C-C motif chemokine 2 (CCL2) (Zimmerman et al., 2018). Knockout of CCR2, a receptor for CCL2, in ORPK mice reduced numbers of infiltrating macrophages and PKD symptoms relative to those in ORPK single-dysfunction mice. Since primary cilia have not been found in macrophages, the regulation of macrophages by primary cilia is unknown; however, the importance of primary cilia signals transduced in epithelial cells that interact with immune cells and stroma cells to the regulation of macrophage infiltration is suggested (Zimmerman et al., 2018). Future studies need to elucidate the physiological role of primary cilia in immune cells during immune responses and the mechanism of primary cilia control by immune signals. Profiles of ciliary receptors/ion channels have not been identified in immune cells, so it is not clear what signals are transduced in the primary cilia in immune cells. As the signaling molecules in the primary cilia become clarified, the physiological role of primary cilia in immune cells will be elucidated.

Chargaff and West (1946) first described extracellular vesicles (EVs) in serum. EVs are cell-released vesicles, or ectosomes, surrounded by a lipid bilayer and contain various molecules: signaling proteins and enzymes, DNA, mRNA, and miRNA (Valadi et al., 2007). They are known to mediate intercellular signals and to control various cell activities, including immune response, early development of the embryo, and cancer progression (Latifkar et al., 2019; Margolis and Sadovsky, 2019). The physiological role of EVs released by immune cells has been studied in recent years; EVs released by APCs carry surface MHC class I and class II molecules and therefore directly activate CD4 + and CD8 + T cells. EVs derived from DCs, macrophages, and fibroblasts carry cytokines, including IL-1β and TNFα, which seem to have a role in mediating inflammatory and autoimmune diseases (see review Robbins and Morelli, 2014). The release of EVs is regulated by various mechanisms, but interestingly, primary cilia also play an important role in their production (Wood and Rosenbaum, 2015; Nager et al., 2017; Phua et al., 2017). What is the physiological role of ectosomes released from the primary ciliary tip? Ectosome release seems to be involved in the shortening of primary cilia associated with cell cycle progression (Phua et al., 2017), modulation of signal transduction by GPCR ectocytosis (Nager et al., 2017), and outer segment structure formation in photoreceptor cells (Salinas et al., 2017; Figure 5). Is there another function? To investigate the ectosome role, Zuo et al. (2019) identified the molecules in it by mass spectrometry. They found that Madin–Darby canine kidney (MDCK) cell–derived EVs contained MAPK regulating molecules, including Erk and phosphorylated (active) Erk (Zuo et al., 2019). The quantities of EVs are changed by primary cilia formation (Zuo et al., 2019), and a mutation in an exocyst protein, including RAB5, was found in Joubert syndrome, which features PKD due to ciliopathy (Dixon-Salazar et al., 2012). Ectosome formation and release into the extracellular space may contribute to tissue homeostasis, or to the development of disease, by regulating the MAPK pathway regulated by primary cilia and EV formation (Figure 5). Given the significant increase in primary cilia in AD (Toriyama et al., 2020), it is possible that the amount of ectosome derived from primary cilia may be altered in AD epidermis. Analysis using patient samples may reveal the physiological role of ectosomes derived from primary cilia.
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FIGURE 5. Potential of EVs released from primary cilia tip. EVs contain signal molecules including G protein–coupled receptor (GPCR) and Erk. Release of EVs regulates primary cilia length, outer segment formation in photoreceptor cells, and signal transduction.




RELATIONSHIP BETWEEN THE DEVELOPMENT OF SKIN DISEASES AND PRIMARY CILIA

Failure of skin immunity can lead to skin diseases. The skin immune response is excessive in AD, which affects up to 20% of children and up to 3% of adults (Nutten, 2015). Although the number of AD patients is increasing each year, only symptomatic treatment is currently used. As exacerbation and remission often repeat, details of the mechanism of AD onset and aggravation are required to develop therapeutic drugs (Eichenfield et al., 2014a,b; Katoh et al., 2020). Recently, one paper reported that particulate matters with aerodynamic diameter of 2.5 μm (PM2.5) inhibited ciliogenesis by increasing c-Jun expression in human KCs (Bae et al., 2019). PMs are known to cause AD, psoriasis, epithelium injury, eye injury, endothelial dysfunction, asthma, and chronic bronchitis with increasing inflammation (Gehring et al., 2010; Wang et al., 2012; Ahn, 2014; Hwang et al., 2016). Furthermore, the JNK pathway is known to be a critical element in inflammatory skin disease, as JNK is involved in multiple mechanisms that lead to gap junction and barrier protein defect (Hammouda et al., 2020). In this finding, Bae et al. did not investigate the direct relationship among inflammation caused by PM2.5, AD development, and primary ciliogenesis; however, they provided important insights that primary cilia signaling was necessary for the c-Jun pathway to regulate KC differentiation (Figure 6).


[image: image]

FIGURE 6. Relation between primary cilia defects and skin disease. Dysfunction of primary cilia caused by ciliary gene defects or immunostimulants changes KC and LC phenotypes. Cilia dysfunction causes JNK signal and hyperproliferation in KC and LC, respectively. These, in turn, cause maturation defect in both KC and LC. Maturation defect then causes skin barrier defect and cytokine production in KC and LC, respectively. Cilia regulation may have potential as a drug target.


Interestingly, primary cilia-related genes, kinesin family member 3A (KIF3A), are related to AD development by modulating epidermal barrier functions (Stevens et al., 2020; Figure 6). Epidermal barrier formation is regulated by KC differentiation, and failure of the skin’s barrier function elevates the risk of developing AD (Sakai et al., 2015; Katoh et al., 2020). Since cornification is induced by mature KCs, filaggrin and loricrin are known as KC maturation markers. The expression of filaggrin and loricrin is decreased in 20–30% of AD patients, which causes disruption to barrier formation or cornification (Palmer et al., 2006; Kim et al., 2008; O’Regan et al., 2008). Single nucleotide polymorphisms (SNPs) in the KIF3A gene have been associated with AD, which decreased KIF3A in primary KCs from individuals (Stevens et al., 2020). Stevens et al. (2020) clearly demonstrated that KIF3A deficiency in mice caused skin barrier dysfunction. Even though they did not investigate primary cilia in donor skin, this finding suggests that primary cilia in KCs regulate differentiation and maturation balance, which is required for adequate skin barrier formation (Figure 6). Interestingly, the KIF3A gene was also identified as an asthma-related gene in childhood (Kovacic et al., 2011). Furthermore, ciliopathy patients frequently develop AD with other clinical features (Aldahmesh et al., 2014). In AD epidermis, when compared to healthy epidermis, the number of ciliated KCs and LCs were significantly increased and were immature (Toriyama et al., 2020). This finding raised the important possibility that primary cilia disruption was associated with allergic diseases, and it is required to investigate the pathophysiological function of other cilia-related genes in inflammatory diseases (Figure 6).



THERAPEUTIC POTENTIAL OF TARGETING PRIMARY CILIA

Previous studies have suggested that abnormalities in primary cilia may be involved in the development of allergic diseases including AD (Aldahmesh et al., 2014; Bae et al., 2019; Stevens et al., 2020; Toriyama et al., 2020). Therefore, is it possible to treat allergic diseases by regulating primary cilia? Ciliobrevin A and chloral hydrate have been reported as agents that shorten primary cilia formation, while lithium chloride and folic acid have been reported as agents that extend them (Praetorius and Spring, 2003; Firestone et al., 2012; Thompson et al., 2016; Toriyama et al., 2017). Inhibitors of the folate metabolism pathway are widely used as anticancer agents and immunosuppressive agents to treat rheumatoid arthritis and severe asthma (Dyer et al., 1991; Singh et al., 2016; Koźmiński et al., 2020). Recent findings suggest that cytokines regulate primary ciliogenesis (Berbari et al., 2011; Wann and Knight, 2012; Wann et al., 2013; Mc Fie et al., 2020). Currently, the development of monoclonal antibody drugs targeting cytokines and cytokine receptors is progressing, and their numbers, both in use and in clinical trials, are increasing every year (Deleanu and Nedelea, 2019; Kamata and Tada, 2020). They may contribute to the suppression of inflammation by suppressing primary cilia formation.

However, even if primary cilia are directly involved in the control of inflammation, the control of primary cilia formation itself could be problematic on account of strong side effects because the primary cilia contain many signaling molecules, including receptors and channels, which would affect various cellular responses. Targeting specific molecules localized in primary cilia may contribute to the development of therapeutic agents.

Currently, the signal via the primary cilia that controls immune regulation is not well understood, but suppression of EP4, TRPV4, or PDGFRα, which are localized in primary cilia, may offer one therapeutic target (Kabashima et al., 2003; Schneider et al., 2005; Jin et al., 2014; Wang et al., 2019; Toriyama et al., 2020). As EP4 antagonist impaired contact hypersensitivity of skin with decreasing LC activation, it is one of the promising therapeutic candidates. Adjusting the number of LCs would be important in treatment because LCs are involved in cytokine/chemokine production and in exacerbation of disease (Yoshiki et al., 2014). However, proliferation and maturation mechanism of LCs are not fully understood, so it is necessary to understand the mechanisms of proliferation of LCs in the steady state, in the inflammatory state, and in disease (Merad et al., 2002; Seré et al., 2012; Collin and Milne, 2016). It is important to note that imatinib, a specific inhibitor of PDGFRα that is used for the treatment of leukemia, causes edema and keratosis pilaris as side effects (Leong and Aw, 2016). It is necessary to elucidate how this happens.

Taken together, identifying new signaling molecules in primary cilia will require the development of novel therapies and drugs to regulate immune responses. This will need a comprehensive search for primary cilia-localized receptors in various cell, tissue, and disease models.



CONCLUDING REMARKS

Research to uncover the relationship between primary cilia regulation and immunoregulation has progressed in recent years and has brought new insights in the fields of immunology, physiology, cell biology, and pathology. What types of immune cells have primary cilia? What diseases are involved in primary cilia regulation? What are the characteristic features of ciliated cells? What signals are transduced in primary cilia? What is the physiological function of primary cilia in vitro? Answering these questions will contribute to new knowledge in biology and to drug discovery.
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Primary cilia act as crucial regulators of embryo development and tissue homeostasis. They are instrumental for modulation of several signaling pathways, including Hedgehog, WNT, and TGF-β. However, gaps exist in our understanding of how cilia formation and function is regulated. Recent work has implicated WNT/β-catenin signaling pathway in the regulation of ciliogenesis, yet the results are conflicting. One model suggests that WNT/β-catenin signaling negatively regulates cilia formation, possibly via effects on cell cycle. In contrast, second model proposes a positive role of WNT/β-catenin signaling on cilia formation, mediated by the re-arrangement of centriolar satellites in response to phosphorylation of the key component of WNT/β-catenin pathway, β-catenin. To clarify these discrepancies, we investigated possible regulation of primary cilia by the WNT/β-catenin pathway in cell lines (RPE-1, NIH3T3, and HEK293) commonly used to study ciliogenesis. We used WNT3a to activate or LGK974 to block the pathway, and examined initiation of ciliogenesis, cilium length, and percentage of ciliated cells. We show that the treatment by WNT3a has no- or lesser inhibitory effect on cilia formation. Importantly, the inhibition of secretion of endogenous WNT ligands using LGK974 blocks WNT signaling but does not affect ciliogenesis. Finally, using knock-out cells for key WNT pathway components, namely DVL1/2/3, LRP5/6, or AXIN1/2 we show that neither activation nor deactivation of the WNT/β-catenin pathway affects the process of ciliogenesis. These results suggest that WNT/β-catenin-mediated signaling is not generally required for efficient cilia formation. In fact, activation of the WNT/β-catenin pathway in some systems seems to moderately suppress ciliogenesis.

Keywords: primary cilia, Wnt/β-catenin, ciliogenesis, cell signaling, Wnt3a, RPE-1, HEK293, NIH3T3


INTRODUCTION

Primary cilia are tubulin-based rod-shaped organelles on the surface of most mammalian cells. They play a fundamental role in embryo development and tissue homeostasis. Importantly, defects in primary cilia structure and function lead to variety of developmental disorders collectively called ciliopathies (Hildebrandt et al., 2011; Mitchison and Valente, 2017; Reiter and Leroux, 2017). Moreover, primary cilia defects have been related to cancer (Han et al., 2009; Wong et al., 2009; Jenks et al., 2018).

Cilium formation is organized by the mother centriole (MC)-derived basal body, the older centriole of the pair that makes up the centrosome. While centrosome is best known as microtubule organizing center coordinating mitosis, primary cilium formation is tightly connected with G1/G0 phase (Ford et al., 2018; Mirvis et al., 2018). The growth of primary cilium itself is preceded by the accumulation of vesicles at MC distal appendages (Sorokin, 1962; Westlake et al., 2011; Schmidt et al., 2012; Lu et al., 2015; Wu et al., 2018) and by the removal of CEP97/CP110 capping complex specifically from MC distal end (Spektor et al., 2007). Major role in the cilia initiation is linked to the Tau tubulin kinase 2 (TTBK2) activity (Goetz et al., 2012). Once recruited to MC by distal appendage protein CEP164 (Čajánek and Nigg, 2014; Oda et al., 2014), TTBK2 seems to control both the process of vesicle docking and the CP110/CEP97 removal (Goetz et al., 2012; Lo et al., 2019). In turn, this allows the extension of tubulin-based axoneme sheathed by ciliary membrane from MC-derived basal body. The formed cilium is physically separated from the rest of a cell by ciliary transition zone, a selective barrier ensuring only specific proteins to enter the cilium (Garcia-Gonzalo and Reiter, 2017; Gonçalves and Pelletier, 2017; Nachury, 2018). Such compartmentation and hence specific protein composition of primary cilium is the basis for its instrumental role in the Hedgehog signaling pathway in vertebrates (Bangs and Anderson, 2017; Nachury and Mick, 2019). In addition, several links between primary cilia and other signaling pathways such as WNT or TGF-β have recently emerged (Anvarian et al., 2019).

WNT signaling pathways are developmentally important signaling routes regulating cell differentiation, migration, and proliferation and their activity controls shaping of the embryo (Nusse and Clevers, 2017). WNT signaling pathways can be distinguished based on whether they use β-catenin as an effector protein. The pathway relying on stabilization of β-catenin is termed the WNT/β-catenin pathway and regulates stemness, cell differentiation and proliferation, while the β-catenin-independent or non-canonical WNT pathways regulate cytoskeleton, cell polarity, and cell movements (Humphries and Mlodzik, 2018; Steinhart and Angers, 2018). These two branches of WNT pathways are activated by a distinct set of extracellularly secreted WNT ligand proteins (Angers and Moon, 2009). WNTs are posttranslationally palmitoylated by O-Acyl-transferase Porcupine, and only after the lipid modification are the WNT proteins fully active (Willert et al., 2003; Zhai et al., 2004). Following their secretion, WNTs bind to seven-pass transmembrane receptors from Frizzled family that form heterodimeric complexes with various coreceptors. WNT/β-catenin pathway uses LRP5/6 coreceptors (Pinson et al., 2000; Tamai et al., 2000; Wehrli et al., 2000). Signal received by the receptor-coreceptor pair on the cell membrane is then relayed to Dishevelled (DVL) proteins that, following phosphorylation by CK1-δ/ε and other kinases (Bernatik et al., 2011; González-Sancho et al., 2013; Hanáková et al., 2019), are used both by the non-canonical and the WNT/β-catenin pathways (Sokol, 1996; Wallingford et al., 2000). β-catenin destruction complex, composed of proteins Adenomatous polyposis coli (APC), AXIN and two kinases; GSK3-β and CK1-α, is then inactivated by DVL sequestration of AXIN proteins (Tamai et al., 2004). Then β-catenin phosphorylation by GSK3-β and CK1-α on its N-terminal degron is terminated and the non-phosphorylated Active β-catenin (ABC) accumulates, translocates to the nucleus where it binds transcription factors of TCF-LEF family to trigger transcription of target genes (Behrens et al., 1996; Molenaar et al., 1996). Not surprisingly, many developmental disorders and cancers are directly caused by WNT pathways deregulation (Zhan et al., 2017; Humphries and Mlodzik, 2018).

Whilst the connections between primary cilia and hedgehog signaling are well documented (Huangfu et al., 2003; Corbit et al., 2005; Rohatgi et al., 2007), the relationship between cilia and WNT signaling is still rather controversial. The exception here seems to be the WNT/PCP pathway [one of the non-canonical WNT pathways (Butler and Wallingford, 2017)], which was described to affect cilia formation and functions via effects on cytoskeleton and basal body positioning (Wallingford and Mitchell, 2011; May-Simera and Kelley, 2012; Carvajal-Gonzalez et al., 2016; Bryja et al., 2017). As for the WNT/β-catenin pathway, there are reports showing that primary cilia loss or disruption leads to upregulation of the pathway activity (Corbit et al., 2008; McDermott et al., 2010; Wiens et al., 2010; Lancaster et al., 2011; Liu et al., 2014; Zingg et al., 2018; Patnaik et al., 2019), but also studies that deny any involvement of primary cilia in WNT/β-catenin signaling (Huang and Schier, 2009; Ocbina et al., 2009). Some of these discrepancies can perhaps be explained by context-specific activity of involved ciliary components (Lancaster et al., 2011; Patnaik et al., 2019) or effects directly on WNT/β-catenin pathway independently of the role in cilia formation (Balmer et al., 2015; Kim et al., 2016), or the requirement for intact basal bodies rather than cilia (Vertii et al., 2015; Vora et al., 2020).

To make the matters even more puzzling, two opposing models have recently emerged regarding possible function of WNT/β-catenin pathway in cilia formation. Activation of the WNT/β-catenin pathway in neural progenitors of the developing cerebral cortex was reported to hamper cilia formation in mice (Nakagawa et al., 2017), arguing for a negative role of the excesive WNT/β-catenin signaling in ciliogenesis. In contrast, a recent report described a direct involvement of WNT/β-catenin signaling pathway in promotion of primary cilia formation through β-catenin driven stabilization of centriolar satellites in RPE-1 cell line (Kyun et al., 2020). We approached this conundrum using cell lines that commonly serve as ciliogenesis model systems (RPE-1, NIH3T3, and HEK293). Using either pharmacological or genetic means to manipulate the WNT/β-catenin pathway, we found no evidence of facilitated ciliogenesis in response to the activation of WNT/β-catenin signaling.



MATERIALS AND METHODS


Cell Culture

RPE-1 cells were grown in DMEM/F12 (Thermo Fisher Scientific, 11320033) supplemented by 10% FBS (Biosera, cat. No. FB-1101/500), 1% Penicillin/Streptomycin (Biosera, cat. No. XC-A4122/100) and 1% L-glutamine (Biosera, cat. No. XC-T1715/100), HEK293 T-Rex (referred to as HEK293, cat.no. R71007, Invitrogen) and NIH3T3 cells were grown in DMEM Glutamax® (Thermo Fisher Scientific, 10569069) supplemented by 10% FBS and 1% Penicillin/Streptomycin. Where indicated, RPE-1 cells were starved by serum free medium, NIH3T3 cells were starved by 0.1% FBS containing medium, and HEK293 cells were starved by serum free medium for 24 h. Cells were seeded at 50,000/well (RPE-1 and NIH3T3) or 120000/well (HEK293) of 24 well plate. Treatments by small molecules were done for indicated times: LGK974 (0.4 μM) (Sellcheck, cat. No. S7143) for 72 h (LGK974 was re-added to the starvation medium as indicated in Figure 2A), Cytochalasin D (500nM) (Merck Cat. No. C8273) for 16 h, PF670462 (1 μM) (Merck, SML0795) for 24 h. WNT3a (90 ng/ml) (R&D systems, Cat.no. 5036-WN) for 2 h or 24 h.



Western Blot and Quantification

Western blot was performed as previously described (Bernatik et al., 2020). Antibodies used: LRP6 (Cell signaling, Cat.no. #2560), Phospho-LRP5/6 (Ser1493/Ser1490; Cell signaling, Cat.no. #2568), AXIN1 (Cell signaling, Cat.no. #3323) DVL2 (Cell signaling, Cat.no. #3216), Active-β-catenin (Merck, Cat. no. 05-665-25UG), and α-tubulin (Proteintech, Cat.no. 66031-1-Ig). Quantifications were performed using Fiji distribution of ImageJ. Intensity of pLRP5/6 and ABC band was measured and normalized to mean value from all conditions of given experiment. Intensity of LRP6 and DVL2 was calculated as the ratio of the upper to lower band intensity (the bands are indicated by arrows in the corresponding Figures) and normalized to mean value from all conditions of given experiment. Quantification was performed on n = 3. Statistical analyses by students t-test or one-way ANOVA were performed using Graphpad Prism, P < 0.05 (∗), P < 0.01 (∗∗), P < 0.001 (∗∗∗), and P < 0.0001 (****).



Immunocytochemistry

RPE-1, NIH3T3 and HEK293 cells were seeded on glass coverslips, treated as indicated, washed by PBS and fixed for 10 min in −20oC methanol, washed 3× by PBS, blocked (2% BSA in PBS with 0.01% NaN3), 3× washed by PBS, incubated with primary antibodies for 1 h, 3× washed by PBS, incubated with secondary antibodies (Goat anti-Rabbit IgG Alexa Fluor 488 Secondary Antibody, Cat.no. A11008; Goat anti-Mouse IgG Alexa Fluor 568 Secondary Antibody, Cat.no. A11031, all from Thermo Fisher Scientific) for 2 h in dark, washed 3× by PBS, incubated 5 min with DAPI, 2× washed by PBS and mounted to glycergel (DAKO #C0563). Microscopy analysis was done using Zeiss AxioImager.Z2 with Hamamatsu ORCA Flash 4.0 camera, 63× Apo oil immersion objective, and ZEN Blue 2.6 acquisition SW (Zeiss). Image stacks acquired using Zeiss AxioImager.Z2 were projected as maximal intensity images by using ImageJ distribution FIJI (Schindelin et al., 2012). Where appropriate, contrast and/or brightness of images were adjusted by using Photoshop CS5 (Adobe) or FIJI. To assess effects on ciliogenesis or cilia length, at least 4–5 fields of vision (approximately 200–400 cells per experiment) were analyzed per experimental condition, on at least n = 3. Cilia present on HEK293 cells were counted manually. Cilia present on RPE-1 or NIH3T3 were counted in ACDC software semiautomatic mode, all cilia present were verified and adjusted manually as recommended (Lauring et al., 2019). For the experiments in Supplementary Figures 1D–G (analysis of CP110 and TTBK2 presence on the MC), 3–4 fields of vision (200–400 cells) were analyzed per experimental run, n = 3. Statistical analyses by one-way ANOVA were performed using Graphpad Prism, P < 0.05 (∗), P < 0.01 (∗∗), P < 0.001 (∗∗∗), and P < 0.0001 (****). Results are presented as mean plus SEM. Primary antibodies used: Arl13b (Proteintech, Cat.no. 17711-1-AP), γ-tubulin (Merck, T6557), CP110 (Proteintech, 12780-1-AP), and TTBK2 (Merck, Cat.no. HPA018113).



Dual Luciferase (TopFLASH) Assay, Transfection of HEK293

Transfection and dual luciferase assay of HEK293 WT and KO cells was carried out as previously described (Paclíková et al., 2017). In brief, in 0.1 μg of the pRLtkLuc plasmid and 0.1 μg of the Super8X TopFlash plasmid per well of 24 well plate were cotransfected, on the next day cells were treated by 90ng/ml WNT3a and signal was measured after 24 h treatment.



CRISPR/Cas9 Generation of LRP5/6 Double Knock-Out and AXIN1/2 Double Knock-Out HEK293 Cells

Used guide RNAs were following: LRP5 gRNA gagcgggccgacaagactag, LRP6 gRNA ttgccttagatccttcaagt, AXIN1 gRNA cgaacttctgaggctccacg, and AXIN2 gRNA tccttattgggcgatcaaga. gRNAs were cloned into pSpCas9 (BB)-2A-GFP (PX458) (Addgene plasmid, 41815) or pU6-(BbsI)_CBh-Cas9-T2A-mCherry (Addgene plasmid, 64324) plasmids. Following transfection by Lipofectamine 2000 (Thermo Fisher Scientific) the transfected cells were FACS sorted [FACSAria Fusion (BD Biosciences)] and clonally expanded. Genotyping of LRP5 KO and AXIN2 KO mutants was done following genomic DNA isolation (DirectPCR Lysis Reagent; 301-C, Viagen Biotech) by PCR using DreamTaq DNA Polymerase (Thermo Fisher Scientific). Used primers: LRP5 forward: gttcggtctgacgcagtaca, LRP5 reversed: aggatggcctcaatgactgt, AXIN2 forward: cagtgccaggggaagaag, and AXIN2 reversed: gtcttggtggcaggcttc. PCR products were cut by BfaI (R0568S, NEB) in case of LRP5 KO and Hpy188III (R0622S, NEB) for AXIN2 KO screening, respectively. Successful disruption of individual ORFs was confirmed by sequencing, Supplementary Figures 2A,D, 3A–E.




RESULTS


Treatment by Recombinant WNT3a Induces WNT/β-Catenin Pathway Activation but Not Ciliogenesis

First, we tested if primary ciliogenesis can be modulated by activation of WNT/β-catenin pathway in RPE-1 by recombinant WNT3a. Experiment outline is schematized (Figure 1A). We initially treated the cells for 2 h. While we observed the expected accumulation of active β-catenin (ABC), phosphorylation and shift of LRP5/6 coreceptors (LRP6, pLRP5/6, S1490/S1493), and phosphorylation and upshift of DVL2 (Figures 1B–E and Supplementary Figure 1A), WNT3a did not alter the length or number of Arl13b positive cilia (Figures 1F–H). Next, we examined effects of prolonged treatment of RPE-1 cells by WNT3a. Importantly, we were able to detect that WNT/β-catenin pathway is still active after 24 h, as visible from the mobility shift of LRP6 (Figure 1I and Supplementary Figure 1B) or the elevated levels of ABC, pLRP5/6 or DVL2 phosphorylation (Figures 1I–L), but the treatment did not show any notable effects on cilia length or numbers (Figures 1M–O). In agreement with these data, WNT3a treatment failed to alter either TTBK2 recruitment to MC (Supplementary Figures 1D,E) or MC-specific loss of CP110 (Supplementary Figures 1F,G). To corroborate these findings, we also tested the influence of WNT3a in NIH3T3 cell line. Similarly, to RPE-1, WNT3a treatment for 24 h was able to activate the WNT/β-catenin pathway in NIH3T3 cells (Figures 1P–S and Supplementary Figure 1C), but the length of cilia was not affected (Figures 1T,U). Intriguingly, we detected a decrease in the percentage of ciliated cells following the WNT3a treatment (Figure 1V).
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FIGURE 1. WNT3a does not promote ciliogenesis or cilia length. (A) Experimental scheme of WNT3a treatment experiment. Cells were seeded and grown for 24 h, then starved for additional 48 h. A 2 h treatment (RPE-1) by WNT3a is indicated in blue, 24 h treatment is indicated in orange (RPE-1 and NIH3T3). (B) Western blot analysis of 2 h WNT3a treatment of RPE-1. The treatment leads to LRP6 shift and increased LRP5/6 phosphorylation, DVL2 phosphorylation and upshift, and accumulation of ABC. The quantitation of pLRP5/6 intensity is shown in (C) n = 3, DVL2 band intensities (upper to lower band intensity ratio, the bands are indicated by arrows) is shown in (D) n = 3, the quantification of relative ABC levels is presented in (E) n = 3. (F) Representative images of RPE-1 cells treated by WNT3a or vehicle (control) for 2 h and stained for Arl13b (green) and γ-tubulin (red). Scale bar = 2 μm. DAPI (blue) was used to counter stain nuclei. The corresponding quantification of the cilia length (G) and the percentage of cells with Arl13+ cilium (H). Each dot indicates either length of a single primary cilium (G) or percentage of ciliated cells in a single image (H). (I) Western blot analysis of 24 h WNT3a treatment of RPE-1. The treatment leads to LRP6 shift, increased LRP5/6 phosphorylation, DVL2 phosphorylation and upshift, and accumulation of ABC. The quantification of pLRP5/6 intensity is shown in (J) n = 3, DVL2 bands (indicated by arrows) intensity ratio is shown in (K) n = 3, quantification of relative ABC levels is presented in (L) n = 3. (M) Representative images of RPE-1 cells treated by WNT3a or vehicle (control) for 24 h and stained for Arl13b (green) and γ-tubulin (red). Scale bar = 2 μm. DAPI (blue) was used to counter stain nuclei. The corresponding quantification of the cilia length and the percentage of cells with Arl13+ cilium is shown in (N,O), respectively. Each dot indicates either length of a single primary cilium (N) or percentage of ciliated cells in a single image (O) n = 4. (P) Western blot analysis of NIH3T3 cells treated by WNT3a for 24 h shows LRP6 shift and LRP5/6 phosphorylation, DVL2 phosphorylation and upshift, and accumulation of ABC. The quantification of pLRP5/6 intensity is shown in (Q) n = 3, DVL2 band intensities (upper to lower band intensity ratio, the bands are indicated by arrows) is shown in (R) n = 3, quantification of relative ABC intensity (S) n = 3. (T) Representative images of NIH3T3 cells treated by WNT3a for 24 h, stained for Arl13b (green), and γ-tubulin (red). Scale bar = 2 μm. DAPI (blue) was used to counter stain nuclei. The corresponding quantification of the cilia length (U) and the percentage of cells with Arl13+ cilium (V). Each dot indicates either length of a single primary cilium (U) or percentage of ciliated cells in one image frame (V) n = 3.




Inhibition of WNT Secretion Halts WNT Signaling but Not Ciliogenesis

Having found WNT3a-activated WNT/β-catenin signaling is not sufficient to promote cilia formation, we tested a possibility that steady state WNT signaling is required for effective ciliogenesis. WNT/β-catenin pathway is intensively studied as a driver of oncogenic growth, thus there are currently available various small molecules that inhibit WNT ligand secretion. To this end, we used a Porcupine inhibitor LGK974 to block the secretion of endogenous WNT ligands and in turn block the steady state WNT signaling (Jiang et al., 2013). As a positive control in these experiments we used cytochalasin D (CytoD), an actin polymerization inhibitor known to facilitate ciliogenesis and promote cilia elongation (Kim et al., 2015). Experiment outline is schematized (Figure 2A). While we observed no visible change in pLRP5/6 levels following the LGK974 treatment (Figures 2B,C), perhaps because the basal levels of pLRP5/6 were at our detection limit, we detected downshift of DVL2 (Figures 2B,D) confirming the endogenous WNT signaling was successfully ablated. Importantly, however, the LGK974 treatment did not alter primary ciliogenesis, in contrast to CytoD that facilitated CP110 removal from MC (Supplementary Figures 1F,G), cilia elongation (Figures 2E,F), and formation (Figures 2E,G). In addition, we inhibited WNT signaling at the level of CK1-δ/ε using small molecule PF670462 (Badura et al., 2007; Janovska et al., 2018), and found no effect on ciliogenesis (Supplementary Figures 1H–J). Next, we applied the approach outlined in Figure 2A also to NIH3T3 cells, with very similar results - LGK974 caused no visible change in pLRP5/6 levels but inhibited WNT signaling on the level of DVL2 (Figures 2H–J), but LGK974 treatment failed to show any effect on cilia length, in contrast to CytoD treatment (Figures 2K,L). We noted the CytoD treatment in NIH3T3 did not increase the cilia numbers (Figure 2M), possibly due to high basal ciliation rate of NIH3T3 compared to RPE-1. In sum, these data imply that signaling mediated by endogenous WNT ligands is not required for primary ciliogenesis.
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FIGURE 2. Inhibition of WNT secretion has no effect on ciliogenesis or cilia length. (A) Experimental scheme illustrating the time points of LGK974 (Purple) or CytoD (Green) treatments. (B) Western blot analysis of RPE-1 treated by LGK974 or CytoD. WNT3a was used as positive control to activate WNT/β-catenin pathway. pLRP5/6 intensity is quantified in (C) n = 3, DVL2 shift (upper to lower band intensity ratio) is quantified in (D) n = 3. (E) Representative images of RPE-1 cells following the indicated treatment, stained for Arl13b (green) and γ-tubulin (red). Scale bar = 2 μm. DAPI (blue) was used to counter stain nuclei. Quantification of the cilia length (F) and the percentage of cells with Arl13+ cilium (G). Each dot indicates either length of a single primary cilium (F) or percentage of ciliated cells in one image frame (G) n ≥ 3. (H) Western blot analysis NIH3T3 treated by LGK974 or CytoD. pLRP5/6 intensity is quantified in (I) n = 3, (J) Quantification of DVL2 band intensities (upper to lower band intensity ratio) n = 3. (K) Representative images of NIH3T3 cells following treatment with LGK974 or CytoD, stained for Arl13b (green) and γ-tubulin (red). Scale bar = 2 μm. DAPI (blue) was used to counter stain nuclei. Quantification of the cilia length (L) and the percentage of cells with Arl13+ cilium (M). Each dot indicates either length of a single primary cilium (L) or percentage of ciliated cells in one image frame (M) n = 3.




Genetic Ablation of WNT/β-Catenin Pathway Does Not Alter Primary Ciliogenesis

To corroborate our findings, we established a panel of HEK293 cells devoid of critical components of WNT signaling pathways. To specifically block the course of WNT/β-catenin pathway we used LRP5/6 double knock out HEK293 cells, to block the course of any WNT signaling pathway we used DVL1/2/3 triple knock out HEK293 cells (Paclíková et al., 2017) and to overactivate WNT/β-catenin pathway we used AXIN1/2 double knock out HEK293 cells.

First, we have verified successful disruption of LRP5 gene by sequencing (Supplementary Figures 2A, 3A), and lack of LRP6 and pLRP5/6 signals in LRP5/6 null cells by western blot (Figure 3A and Supplementary Figure 2B). Furthermore, we confirmed these cells cannot activate WNT/β-catenin signaling (Supplementary Figure 2C). Similarly, we confirmed disruption of AXIN1 and AXIN2 genes in AXIN1/2 dKO by sequencing (Supplementary Figures 2D, 3B–E), and lack of AXIN1 by western blot (Supplementary Figure 2E). In addition, we observed that loss of AXIN1/2 function leads to excessive ABC accumulation (Figure 3A) and in turn to overactivation of WNT/β-catenin signaling in AXIN1/2dKO cells (Supplementary Figure 2F), as expected.
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FIGURE 3. Ablation of WNT β-catenin pathway does not alter primary ciliogenesis. (A) Western blot analysis of individual HEK293 KO cell lines using the indicated antibodies. Note that LRP5/6 dKO cells lack LRP6 and phospho LRP5/6 (pSer1493/pSer1490), DVL1/2/3 tKO cell do not have detectable levels of DVL2. AXIN1/2 dKO cells shown elevated level of ABC. (B–D) HEK293 Cells were starved for 48 h, stained for Arl13b (green), γ-tubulin (red), and DAPI (blue), and analyzed by IF microscopy. Representative images are shown in (B). Scale bar = 2 μm. Quantification of cilia length and percentage of ciliated cells is shown in (C,D), respectively Each dot indicates either length of a single primary cilium (C) or percentage of ciliated cells in one image (D). n = 4.


Having characterized our model system, we examined cilia formation in those cells. Consistently with previous work, HEK293 cells form cilia less frequently than RPE-1 or NIH3T3 cells (Lancaster et al., 2011; Bernatik et al., 2020). We were able to detect about 5% of cells with Arl13b+ primary cilium in WT HEK293. The percentage of ciliated cells, but not the cilia length, was reduced in DVL1/2/3 tKO cells (Figures 3B–D). This observation is in agreement with the role of DVL and WNT/PCP pathway in the regulation of basal body positioning and ciliogenesis (Park et al., 2008; Shnitsar et al., 2015; Sampilo et al., 2018). Systemic activation of WNT/β-catenin pathway by AXIN1/2 removal produced a somewhat mixed result. Using AXIN1/2 dKO clone 3D2 we initially observed a non-significant negative trend on the cilia formation. However, this was not confirmed using an independent clone 3H2 (Figure 3D). Importantly, the ablation of WNT/β-catenin pathway in LRP5/6 dKO cells had no effect on either the percentage of ciliated cells or cilia length (Figures 3B–D), in agreement with our earlier observations based on pharmacological inhibition of endogenous WNT signaling in RPE-1 or NIH3T3. In sum, from these data we conclude that WNT/β-catenin signaling is not required for effective ciliogenesis.




DISCUSSION

Regulation of ciliogenesis is a complex process involving multiple factors directly or indirectly influencing cilia initiation and elongation. The regulators of cilium formation encompass a wide range of molecules such as components of centrioles, regulators of vesicular trafficking, intraflagellar transport proteins, membrane proteins, and components of cytoskeleton (Seeley and Nachury, 2010; Ishikawa and Marshall, 2017; Wang and Dynlacht, 2018; Conkar and Firat-Karalar, 2020).

WNT3a is considered a prototypical “canonical” WNT ligand that activates WNT/β-catenin pathway (Willert et al., 2003). Moreover, WNT3a and hence the WNT/β-catenin pathway are well known for their mitogenic potential in many experimental systems (Niehrs and Acebron, 2012). In addition, WNT/β-catenin pathway has been shown to act mainly during G2/M phase of the cell cycle (Davidson et al., 2009), while primary cilia form during G0/G1 and during the G2/M they disassemble (Rieder et al., 1979; Ford et al., 2018). Furthermore, mitogenic signals typically promote cilium disassembly (Rieder et al., 1979; Tucker et al., 1979; Pugacheva et al., 2007). From this perspective, the recently reported positive role of WNT3a and WNT/β-catenin signaling on primary cilia formation (Kyun et al., 2020) is counterintuitive and puzzling.

Principally, there are several important methodological differences between our work and the previous results (Kyun et al., 2020) which may account for the different outcomes. (1) In our experiments we activated the WNT/β-catenin pathway by recombinant WNT3a, in contrast to WNT3a conditioned medium often used in the previous study (Kyun et al., 2020). Thus, some of the reported effects of WNT3a conditioned medium may be a result of secondary effects. (2) We applied up to 24 h stimulation by WNT3a to activate or 72 h LGK974 to block the pathway, respectively. We cannot formally exclude that the longer WNT3a treatments used by Kyun et al., could account for the observed differences. However, we argue this seems unlikely, given that full activation of the WNT/β-catenin pathway or cilium formation typically happens within several hours following the proper stimuli (Bryja et al., 2007; Naik and Piwnica-Worms, 2007; Pitaval et al., 2010; Lu et al., 2015; Wu et al., 2018; Pejskova et al., 2020). In fact, prolonged WNT/β-catenin pathway stimulation increases a chance for indirect secondary effects. Indeed, WNT signaling has been shown to regulate expression of a number of ligands from FGF (Kratochwil et al., 2002; Barrow et al., 2003; Shimokawa et al., 2003; Chamorro et al., 2005; Hendrix et al., 2006) or BMP (Baker et al., 1999; Kim et al., 2002; Shu et al., 2005) families that might in turn affect ciliogenesis (Neugebauer et al., 2009; Komatsu et al., 2011; Cibois et al., 2015; Bosakova et al., 2018). 3. Finally, we visualized cilia by staining for Arl13b, a small GTPase from Arf/Arl-family highly enriched in the ciliary membrane (Caspary et al., 2007; Cantagrel et al., 2008; Hori et al., 2008; Duldulao et al., 2009; Cevik et al., 2010; Li et al., 2010). In the report by Kyun et al., acetylated α-tubulin antibody staining was used to assess the cilia length, thickness, and numbers. From this perspective, it is plausible some of the reported changes in cilia length or thickness in fact reflect changes in the acetylation of ciliary tubulin rather than changes in cilium size. That being said, there is an evidence that individual cilia differ significantly in the levels of tubulin post-translation modifications and the levels of tubulin modifications may dramatically change in response to the appropriate stimuli (Piperno et al., 1987; Berbari et al., 2013; He et al., 2018).

Our data show that while WNT3a consistently activates the WNT/β-catenin pathway, it has no or minor negative effects on ciliogenesis. Elevated β-catenin levels following APC ablation have been related to reduced ciliogenesis and cell cycle defects in the developing cortex in mice (Nakagawa et al., 2017). Indeed, we detected modest decrease in the percentage of ciliated NIH3T3 cells following WNT3a induced β-catenin accumulation. We speculate we did not observe comparable negative effect on cilia following the WNT/β-catenin pathway activation after AXIN1/2 loss due to abnormal cell cycle regulation in HEK293, which hampers detection of relatively subtle deviations in their cell cycle progression (Löber et al., 2002; Stepanenko and Dmitrenko, 2015). These data are in contrast to Kyun et al., where accumulation of β-catenin by WNT3a conditioned medium treatment or by expression of S45A non-degradable oncogenic mutant variant of β-catenin (Liu et al., 2002) facilitates ciliogenesis.

In sum, we found no evidence that endogenous WNT/β-catenin signaling, while ablated either pharmacologically in RPE-1 or NIH3T3 by LGK974, or genetically by removal of LRP5/6 in HEK293, is required for primary cilia to form. Our findings presented in this article challenge some of the published evidence and argue against positive role of WNT3a or WNT/β-catenin pathway in ciliogenesis or cilia length regulation.
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Cilia, which either generate coordinated motion or sense environmental cues and transmit corresponding signals to the cell body, are highly conserved hair-like structures that protrude from the cell surface among diverse species. Disruption of ciliary functions leads to numerous human disorders, collectively referred to as ciliopathies. Cilia are mechanically supported by axonemes, which are composed of microtubule doublets. It has been recognized for several decades that tubulins in axonemes undergo glutamylation, a post-translational polymodification, that conjugates glutamic acid chains onto the C-terminal tail of tubulins. However, the physiological roles of axonemal glutamylation were not uncovered until recently. This review will focus on how cells modulate glutamylation on ciliary axonemes and how axonemal glutamylation regulates cilia architecture and functions, as well as its physiological importance in human health. We will also discuss the conventional and emerging new strategies used to manipulate glutamylation in cilia.
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CILIA AND CILIOPATHIES


The Architecture of Cilia

The cilium is a hair-like organelle ubiquitously found on the surface of eukaryotic cells, each of which has a core formed by a microtubule-based axoneme and a basal body (transformed from the mother centriole) that anchors the cilium (Figure 1). Functionally, there are two different types of cilia: motile cilia (or termed as flagella in some eukaryotic cells) or non-motile cilia (or primary cilia) (Figure 2). In general, the shaft of the cilium is supported by a ring of nine outer microtubule doublets, with an extra central pair of doublets in the motile cilium (termed 9 + 2 arrangement), but not in the primary cilium (termed 9 + 0 arrangement) (Figure 2). Other than the central pair of microtubule doublets, motile cilia also possess unique structures such as dynein arms, radial spokes, and nexin-dynein regulatory complex (N-DRC), which attach to outer doublets and act together to produce ATP-driven beating or waving motion of motile cilia. With this kinetic capability, motile cilia can propel the movement of the ciliated cells/organisms, or generate fluid flow on the surface of the ciliated cells. In contrast to the force-generating motile cilium, the primary cilium is recognized as a sensory organelle, which acts like a cell’s antenna to recognize, integrate, and transform extracellular cues into internal signal transduction cascades that allows the cell to perceive and respond properly to its microenvironment (Goetz and Anderson, 2010; Patel and Honoré, 2010; Louvi and Grove, 2011).
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FIGURE 1. Structure of the primary cilium. The core primary cilium is a solitary organelle which can be segregated into upper and lower half. The upper half is comprised of axonemes which are typically formed by nine peripheral microtubule doublets arranged radially, enclosed within ciliary membrane. The axoneme comprises doublets built by A-tubule (gray) and glutamylated B-tubule (green) at the proximal part of cilia. The doublets transit to non-glutamylated A-tubule singlet at the middle and distal parts of cilia. The ciliary base further forms two sub-regions namely, transition zone and transition fibers, respectively. The transition zone lies between axoneme and transition fiber. The transition fibers emerge from the basal body in a spoked fashion, serving as a link between basal body and ciliary membrane. The Y-shaped linkers reside in transition zone and connect axoneme to the ciliary necklace. Dynein moves IFT-A complex and its cargo toward the cell body whereas, kinesin2 moves IFT-B complex and its cargo toward the ciliary tip, along the axoneme.
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FIGURE 2. Potential tubulin PTMs along the axoneme. Upper left: Schematic drawings of cross-section of the axoneme in primary cilia or motile cilia. Lower left: the doublets of the axoneme are hollow tubes composed of 13 (A-tubule) or 10 (B-tubule) protofilaments. Lower right: the wall of each protofilament is assembled from the globular domain of α-tubulin–β-tubulin dimers, with unstructured carboxy-terminal segment facing outer surface of the axoneme. PTMs with known molecular location on the globular part of tubulins include acetylation, phosphorylation, polyamination, ubiquitination, arginylation, and methylation. Globular PTMs usually occur at fixed molecular locations. Some PTMs preferentially choose certain tubulin subtypes, such as K40 acetylation specifically occurs on α-tubulins at the luminal surface of microtubules, while the Q15 polyamination appears to present on β-tubulins. Detyrosination/tyrosination and D2/D3-tubulin modifications are limited to the very end of the carboxy-terminal tail of a-tubulins. For tyrosination, a modified nitrotyrosine (NO2Tyr) could be incorporated into the extreme carboxyl terminus of α-tubulin via the same tubulin tyrosination enzyme (Eiserich et al., 1999). (Poly)glycylation and (poly)glutamylation are found along the glutamate-rich carboxy-terminal tails of both α- and β-tubulins. Several other PTMs, including palmitoylation, glycosylation and SUMOylation, have been identified on tubulins, but with little knowledge regarding to molecular location and physiological importance. Ac: Acetylation. Am: Polyamination. Ag: Agination. Me: methylation. P: Phosphorylation. Ub: Polyubiquitination. E: Glutamate. G: Glycine.


In general, the structures of both motile cilia and primary cilia are highly conserved during evolution. Evidence from electron microscopy and super-resolution microscopy shows that each cilium can be divided into distinct and conserved domains: a microtubule-based axoneme as the ciliary shaft, a basal body supporting the protrusion of the axoneme, and microdomains on the proximal end of the axoneme including pinwheel-like transition fibers that connect the distal end of the basal body to the ciliary membrane, the transition zone with Y-shaped linkers connecting the axoneme to a specialized membrane domain known as the ciliary necklace (Figure 1; Reiter et al., 2012; Gonçalves and Pelletier, 2017).



Ciliopathies

Primary cilium acts as a central hub for a wide spectrum of signaling pathways required for embryonic development and tissue homeostasis, such as hedgehog (Hh), canonical and non-canonical Wingless (WNT), transforming growth factor-β (TGF-β), platelet-derived growth factor receptor (PDGFR), and various G protein-coupled receptor (GPCR) signalings (Goetz and Anderson, 2010; Nishimura et al., 2019). With rapid advancements in next-generation sequencing and its application in human genetics, at least 187 causal loci have been cloned in 35 rare human disorders, such as polycystic kidney disease (PKD), Bardet-Biedl syndrome, Joubert syndrome, and Meckel-Gruber syndrome, which are now collectively termed as cilia-related diseases, or ciliopathies (Badano et al., 2006; Adams et al., 2008; Reiter and Leroux, 2017). Of note, since all ciliopathies are rare genetic diseases, a significant share of causal loci have not been cloned yet due to their extremely low incidence. Consistent with the fact that cilia are ubiquitously present in the human body, ciliopathies usually occur as syndromic disorders that share common manifestations (such as brain anomalies, retinal degeneration, kidney and liver dysfunction, skeletal abnormalities, obesity/diabetes, infertility, and situs inversus) (Hildebrandt et al., 2011). Despite the importance of cilia in both cell biology and human health, many central questions in the context of cilia, especially primary cilia; including how cilia in different cell types are modified to execute sensory functions, how cilia signalings convert into specific cellular behaviors, and most importantly, the molecular function of most identified ciliopathy proteins, remain poorly understood.



Intraflagellar Transport Builds and Maintains All Cilia

Inside the cilium, the axoneme is closely covered by the ciliary membrane and thus possesses limited cytosolic space. Extensive electron microscopy studies of cilia across various organisms in the last few decades conclude that there is no presence of the ribosome inside cilia. Thus, all ciliogenic proteins required for cilia biogenesis, maintenance, and function need to be synthesized in the cytoplasm and then sorted into the cilium via intracellular trafficking routes. All cilia and eukaryotic flagella are built and maintained by phylogenetically conserved intraflagellar transport (IFT) machinery (Rosenbaum and Witman, 2002). IFT consists of bidirectional movement along the axoneme (Figure 1; Satir and Christensen, 2007; Pedersen and Rosenbaum, 2008; Hao et al., 2009; Pedersen and Christensen, 2012; Lechtreck, 2015; Prevo et al., 2017). Anterograde movement of particles away from the ciliary base is mediated by kinesin-2 motor proteins, whereas retrograde movement away from the ciliary tip is powered by cytoplasmic dynein motor proteins. The particles transported by IFT are composed of at least 20 protein subunits, that form two distinct complexes known as the IFT-A complex and IFT-B complex (Hao et al., 2009; Pedersen and Christensen, 2012; Broekhuis et al., 2013; Lechtreck, 2015; Prevo et al., 2017). In general, kinesin-2 and cytoplasmic dynein bind to the IFT-B complex and IFT-A complex, respectively. Depletion or mutation of most of the IFT components affects cilia biogenesis and ciliary signalings in almost all ciliated organisms, revealing that the role of IFT machinery is fundamentally conserved (Hao et al., 2009; Pedersen and Christensen, 2012; Broekhuis et al., 2013; Lechtreck, 2015; Prevo et al., 2017).



Tubulin Post-translational Modifications of the Ciliary Axoneme

The axoneme serves as the skeleton of the primary cilium, giving support to its structure and, most importantly, providing a track for IFT-dependent movement (Figure 1; Singla and Reiter, 2006). Like other larger structures formed by microtubules, such as the mitotic spindle, the cilium consists of microtubules assembled from heterodimers of α- and β-tubulin into long, and polarized hollow polymers, including the ciliary tip (a plus-end) with exposed β-tubulin and the proximal end of the basal body (a minus-end) with exposed α-tubulin. The doublets of the axoneme are formed by a full-circle A-tubule (with 13 protofilaments) attached by an incomplete B-tubule (with 10 protofilaments) (Figure 2; Ichikawa et al., 2017; Ma et al., 2019). To adapt to a large diversity of functions as well as to generate spatiatomporal specialized identities, the microtubules could be comprised of different tubulin isotypes or undergo many highly conserved post-translational modifications (PTMs), including acetylation, detyrosination, Δ2/Δ3 modification, glutamylation, glycylation, and phosphorylation, as well as poorly studied ones including palmitoylation, glycosylation, arginylation, methylation, and SUMOylation, which are collectively referred to as the “tubulin code” (Gaertig and Wloga, 2008; Wloga and Gaertig, 2010; Janke and Bulinski, 2011; Konno et al., 2012; Janke, 2014). For tubulin PTMs with known modifications sites, many of them occur in the C-terminal region of tubulins that protrudes from the outer surface of microtubules (Figure 2; L’Hernault and Rosenbaum, 1985; LeDizet and Piperno, 1987; Janke and Bulinski, 2011; Soppina et al., 2012; Gadadhar et al., 2017a). Evidence from various organisms and mammalian cell types indicates that tubulin PTMs usually are present on long-lived and stabilized subsets of microtubule polymers. However, the debate about whether PTMs contribute to microtubule stability or, in contrast, whether only older polymers gain access to PTM enzymes has so far been inconclusive. The molecular localization and unstructured property of the C-terminal region of tubulins naturally provides a flexible interface that potentially influences the association between microtubules and microtubule-binding proteins such as, microtubule-associated proteins (MAPs), kinesin, and dynein motors that transport IFT machinery. As MAPs regulate the properties of microtubules and IFT builds and maintains all cilia, it is widely believed that axonemal PTMs are important for regulation of cilia structure and functions (Gaertig and Wloga, 2008; Janke and Bulinski, 2011). In this review, we specifically focus on the emerging role of microtubule glutamylation, one of the most abundant PTMs in ciliary axonemes, which results in the covalent conjugation of one (through the γ-carboxyl group) or more (through the subsequent α-carboxyl groups) glutamate residues onto the C-terminal tail of axonemal tubulins (Gaertig and Wloga, 2008). We describe how cells modulate glutamylation on ciliary axonemes and how axonemal glutamylation regulates cilia architecture and functions.



MODULATION OF GLUTAMYLATION ON CILIARY AXONEMES


Tubulin Glutamylation-Catalyzing Enzymes

The enzymes required for tubulin glutamylation belong to the tubulin tyrosine ligase-like (TTLL) family, of which the members share a conserved tubulin tyrosine ligase (TTL) core and a cationic microtubule-binding domain (c-MTBD) (Figure 3; Van Dijk et al., 2007; Garnham et al., 2015). TTLLs adopt a tripartite strategy for substrate recognition: TTLLs attach to the ionic C-terminal tail of tubulin via their TTL core, bind to microtubules with the c-MTBD, and eventually position themselves for subsequent modifications (Garnham et al., 2015). There are 13 TTLL family members in mammals. Nine of these are characterized as glutamylases, including TTLL1, 2, 4, 5, 6, 7, 9, 11, and 13, whereas the rest act as glycylases or tyrosinases (Table 1; Van Dijk et al., 2007). According to the architectural differences in their core domains and affinities for substrate binding, TTLLs exhibit enzymatic preferences for either α- or β-tubulin and specificities with respect to the type of glutamylation reactions, such as chain initiation or elongation (Table 1; Natarajan et al., 2017; Mahalingan et al., 2020). A recent work revealed that the corresponding residues Q180 and H362 of TTLL6 determine the reaction specificity for elongation instead of initiation. The substitution with Arg at the position Q180 allows the formation of hydrogen bond with acceptor glutamate, which thereby favors the γ-linked glutamylation. H362, on the other hand, stabilizes the intermediate with van der Waals for the initiation reaction. The substitution with Ile does not only disrupt this interaction but also neutralize the carboxylate of the acceptor glutamate as what other elongases do (Mahalingan et al., 2020). The flexibility of the catalytic core in mammalian TTLL7 allows microtubule docking for execution of both chain initiation and elongation reactions on β-tubulin, whereas others function only as initiates or elongases (Table 1; Van Dijk et al., 2007; Mukai et al., 2009; Garnham et al., 2015; Natarajan et al., 2017; Mahalingan et al., 2020). Some TTLLs function autonomously, whereas others may require the assistance of associated activators for their functions, such as TTLL1, 2, and 9 (Figure 3 and Table 1; Janke et al., 2005; Van Dijk et al., 2007).
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FIGURE 3. The conserved structures of the TTLL glutamylases and the CCP deglutamylases in mice. The illustrations represent the murine TTLL proteins that function as glutamylases (upper) and the murine CCP proteins that function as deglutamylases (lower). The enzymatic core TTL domains (orange), ATP-binding sites (green), and the nucleotide-binding regions (red) are highly conserved, whereas the c-MTBD regions (blue) are conserved in the autonomous TTLL proteins (TTLL4, 5, 6, 7, 11, and 13) for their interactions with microtubules. Note that TTLL1, 2, and 9 lack the c-MTBD region and function as the catalytic subunits in protein complexes. The CCP proteins belong to the M14 metallocarboxypeptidase family and have highly conserved zinc binding sites (blue) and a nucleophile active site (red). These illustrations are based on sequences obtained from UniProt (www.uniprot.org): TTLL1, Q91V51; TTLL2, A4Q9E4; TTLL4, Q80UG8; TTLL5, Q8CHB8; TTLL6, A4Q9E8; TTLL7, A4Q9F0; TTLL9, A2APC3; TTLL11, A4Q9F4; TTLL13, A4Q9F6; CCP1, Q641K1; CCP2, Q8CDK2; CCP3, Q8CDP0; CCP4, Q09M05; CCP5, Q09M02; CCP6, and Q09LZ8.



TABLE 1. Members of the TTLL family that act as glutamylases.
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In addition to their different enzymatic preferences, TTLL glutamylases also exhibit distinct subcellular distributions. Although there is no antibody that is specific for a particular TTLL subtype, fluorescent protein–labeling or tag-labeling experiments have demonstrated that TTLL1, 9, and 11 are mainly localized to the basal body, whereas TTLL4, 5, 6, and 7 are localized to the basal body, and at the cilia shaft (Table 1; Van Dijk et al., 2007; He et al., 2018). Therefore, it is likely that axonemal glutamylation is regulated by these cilium-preferring TTLL proteins. Indeed, hypoglutamylation of axonemal microtubules induced by the depletion of TTLL4, 5, or 6 in primary cilia or motile cilia has suggested their key roles in regulating ciliary glutamylation. TTLL1, 9, and 11 in the basal body are also involved in axonemal glutamylation because of the critical relationship between basal body and cilia (Table 2; Wloga et al., 2008; Ikegami et al., 2010; Suryavanshi et al., 2010; Vogel et al., 2010; O’Hagan et al., 2011, 2017; Lee et al., 2012, 2013; Grau et al., 2013; Kubo et al., 2014; He et al., 2018; Kimura et al., 2018; Ki et al., 2020). Moreover, the localization of TTLL7 in cilia of transfected MDCK cells also implies that it has a role in ciliary glutamylation, although more studies are required to confirm this (Van Dijk et al., 2007).


TABLE 2. In vivo impacts of glutamylation alternation on cilia/flagellar.
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How cells glutamylate axonemes via TTLLs are carried out by two mechanisms: the recruitment of TTLL family members to the cilia and the activation of its enzyme activity. The axonemal glutamylation of sensory cilia in Caenorhabditis elegans is up-regulated in response to various environmental stimuli including heat, cold, high osmolarity, and starvation (Kimura et al., 2018). This is achieved by p38 MAPK–mediated TTLL4 activation, perhaps owing to the phosphorylation on Thr446 of TTLL4 (Kimura et al., 2018). The glutamylation of axonemal microtubules in primary cilia also relies on the spatial restriction of the corresponding TTLLs through their interacting proteins. During ciliogenesis in human retinal pigment epithelium (RPE) cells, ARL13B (ADP-ribosylation factor-like protein 13B) and RAB11/FIP5 (RAB11 family interacting protein1)-positive vesicles coordinately promote the transport of TTLL5- and TTLL6-containing vesicles to the ciliary base, which results in an increase in general polyglutamylation with long side chains in the cilia (He et al., 2018). In another population of ciliated cells, human umbilical vein endothelial cells, the centrosome protein CEP41 is able to regulate the level of glutamylation of the axonemal microtubules by controlling the ciliary entry of TTLL6. This CEP41/TTLL6-mediated glutamylation further promotes deciliation and the up-regulation of pro-angiogenesis factors in response to shear stress (Lee et al., 2012; Ki et al., 2020). The protist homolog of TTLL9 in Chlamydomonas, tpg1, forms a complex with a flagella-associated protein, FAP234, which mainly functions to stabilize and deliver TTLL9 into the flagella matrix via IFT trains (Kubo et al., 2014). Moreover, the centriole, cilia, and spindle-associated protein (CSAP) can form complexes with TTLL5 and other autonomously active TTLLs, including TTLL4, 6, 7, 11, and 13. CSAP and the binding TTLL5 reciprocally regulate one another, which not only promotes their localization to axonemal microtubules but also enhances tubulin glutamylation (Bompard et al., 2018). Whether these TTLL-interacting proteins confer the distinct distributions of each TTLL members in different model organisms merit comprehensive scrutiny.



Tubulin Deglutamylation-Catalyzing Enzymes

As for the reverse modification, the tubulin deglutamylation function of cytosolic carboxypeptidases (CCPs) such as CCP1, 2, 3, 4, 5, and 6, has been explored in last two decades. CCPs belong to the M14 metallocarboxypeptidase family and have a conserved structure with a β-sheet–rich prodomain followed by the catalytic carboxypeptidase (CP) domain, which contains zinc-binding sites and an active nucleophile site (Figure 3; Kalinina et al., 2007; Berezniuk et al., 2012; Otero et al., 2012). The conserved Arg residue in the catalytic pocket and the neighboring basic residues confine the substrate preferences to acidic amino acids (Tort et al., 2014). A long polyglutamate side chain or nearby acidic residues in tubulin may increase the localized acidity and thus enhance the catalysis activity of the CCPs (Wu et al., 2015).

In addition, CCPs have enzymatic preference for the removal of branched glutamic acids or long polyglutamate side chains (Tort et al., 2014; Wu et al., 2015, 2017). Several previous studies suggest that CCP5 possesses a catalytic preference for the γ-carboxyl-linked glutamate, while others, CCP1, 4, and 6, show specificity for glutamates linked linearly on a side chain (Table 3; Rogowski et al., 2010; Wu et al., 2015, 2017). However, under the optimized condition, a biochemical assay demonstrated that CCP5 is able to cleave glutamates at both branched points and in linear side chains without the need for other CCP members (Table 3; Berezniuk et al., 2013).


TABLE 3. Members of the CCP family that act as deglutamylases.
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The Non-tubulin Substrates of Tubulin Modifying Enzymes

Apart from tubulins, both TTLLs and CCPs are able to modify substrates other than tubulins. TTLL1 as well as TTLL4 polyglutamate and stabilize the zinc finger transcription factor, Kruppel-like factor 4 (Klf4), by preventing its ubiquitination for further degradation, which therefore maintains the pluripotency of mouse embryonic stem cells (Ye et al., 2018). In pancreatic ductal adenocarcinoma cells, TTLL4 is also capable of chromatin remodeling for cell growth enhancement by glutamylating the transcription co-regulator, PELP1 (Proline, glutamic acid- and leucine-rich protein 1), and affecting its interaction with histone H3. As consequence, TTLL4 is considered as a candidate for pancreatic cancer treatment (Kashiwaya et al., 2010). For the cases of a histone chaperone, nucleosome assembly protein 1 (NAP1), TTLL4-dependent glutamylation enables its binding onto the plasma membrane of red blood cells (RBCs), which in turn affect the cell morphology. Though the details remain to be clarified, this suggests the role of TTLL4 in the organization of cytoskeletons in RBCs (Ijaz et al., 2017). In vitro assay for the enzyme activity of recombinant TTLL4 suggests its capability of glutamylating the recombinant murine NAP2 as well (Van Dijk et al., 2007). TTLL4 and TTLL6 act counter to CCP6 for polyglutamylation of Mitotic arrest deficient 2 (Mad2) in megakaryocytes (MKs). The polyglutamylated Mad2 is then able to promote the maturation of MKs and to regulate the subsequent production of platelets (Ye et al., 2014). Retinitis pigmentosa GTPase regulator (RPGR), a protein substrate of TTLL5, contains a basic domain that can specifically recruit TTLL5 to the cilia base and a Glu-Gly repetitive region that is architecturally similar to the C-terminal tail of α-tubulin. The glutamylation state of RPGR is relevant to the localization of cone opsins and the photoreceptor degeneration in mice (Sun et al., 2016).

Cytosolic carboxypeptidases have been taken as enzymes which hydrolyze the peptide bonds at the C-terminal of their substrates. In addition to tubulins, several proteins with C-terminal acidic tails have been predicted and verified as the substrate of CCP1, including telokin, Myosin light chain kinase (MLCK), ribosomal proteins (40S ribosomal protein S9), transcription factors (TRAF-type zinc finger domain-containing protein), and chromosomal proteins (high mobility group protein B1, B2, and B3). By modifying these proteins, CCP1 is capable of regulating various cell behaviors (Tanco et al., 2015). Moreover, CCP1 and CCP6 can modify Klf4 and counteract against TTLL1 and TTLL4 to stop HEK293T cells from reprogramming (Ye et al., 2018). A study in HEK293T cells suggested that CCP6 can also deglutamylate Telokin and MLCK as what CCP1 and CCP4 act (Rogowski et al., 2010).



THE REGULATION OF CILIA ARCHITECTURE AND FUNCTION BY AXONEMAL GLUTAMYLATION

Based on the different lengths of the glutamic acid chains added to microtubules, glutamylation is able to fine-tune the regulation of diverse microtubule-based cell behaviors resulting from interactions with microtubule-dependent motors or -associated proteins (Verhey and Gaertig, 2007). Accumulating evidence highlight that loss of and excess glutamylation modification of the axoneme can both impact cilia architecture and/or function across ciliated species (Table 2). Here, we focus our discussion on how TTLL- and CCP-dependent glutamylation changes the stability and function of cilia and their involvement in signaling pathways and other physiological processes.


The Role of Glutamylation in Primary Cilia Architecture

During zebrafish embryogenesis, both TTLL6-dependent glutamylation and CCP1/5-dependent deglutamylation are reported to be critical for ciliogenesis in olfactory placodes (Pathak et al., 2011; Lyons et al., 2013). In the CEM (Cephalic male) cilia of C. elegans, the cooperation between TTLL-11 and CCPP-1 remodels the axonemal doublets into a special formation of 18 singlets and then maintains them in this conformation (O’Hagan et al., 2017). Meanwhile, in the amphid neurons, TTLL4/5/11-dependent glutamylation of the axoneme counteracts with CCPP-1-mediated deglutamylation (Power et al., 2020). Hyperglutamylation of the axonemal tubulins due to TTLL4 overexpression or CCPP-1 deficiency may induce the spastin-dependent MT severing of the B tubules, which eventually leads to progressive defects in the ciliary structures and progressive degeneration as consequence (O’Hagan et al., 2011; O’Hagan and Barr, 2012). However, in vitro studies in HeLa cells have contrarily showed that the long side chains that result from TTLL6-dependent tubulin polyglutamylation regulate spastin-dependent microtubule-severing instead of the short ones generated by monoglutamylases such as TTLL4 or TTLL7 (Lacroix et al., 2010). These discrepancies might be explained by an in vitro study which found that glutamylation regulates spastin activity in a biphasic manner: There is a linear increase in the binding affinity of spastin to glutamylated microtubules and a non-linear decline in its severing activity. As a function of the polyglutamylation level and the side chain length, this may change the property of spastin from a severing enzyme to a stabilizer of microtubules, thus maintaining the architectural complexity of microtubule arrays (Valenstein et al., 2016).



The Role of Glutamylation in Architecture and Motility of Motile Cilia

The proper level of glutamylation appears to be important for the structure and stability of axonemal microtubules in motile cilia as well. In Chlamydomonas flagella, polyglutamylation is mainly enriched on the microtubule cross-bridging N-DRC. The electrostatic interactions between negatively charged glutamic acids on B-tubule and the positive charges on DRC interlink the 9 + 2 conformation of Chlamydomonas axonemes (Kubo and Oda, 2017). The absence of TTLL5 in mice leads to the loss of doublet 4 and thus, disrupts axoneme 9 + 2 structure in sperm (Lee et al., 2013).


The Effects of Hypoglutamylation on Cilia

In sea urchin spermatozoa, injecting antibodies such as GT335 and B3 that can mask glutamylation, leads to defects in their beating amplitude but does not affect the flagellar beating frequency. In addition, microinjection of GT335 and B3 antibodies into human sperm or ciliated epithelial cells also impairs ciliary motility (Gagnon et al., 1996; Million et al., 1999; Ikegami and Setou, 2010). Deficiency in TTLL1 also leads to severe defects in the sperm flagella and the mid-pieces, which thereby disrupt the motility, and causes male infertility (Vogel et al., 2010). Despite the severe malformation in the sperm flagella in TTLL1 knockout mice, the architecture of the airway motile cilia are left intact. The loss of tubulin glutamylation causes the loss of the curvature and disrupts asymmetrical ciliary beating in trachea cilia, which can result in primary ciliary dyskinesia–like respiratory phenotypes, such as mucous accumulation or sneezing, in the individual (Ikegami et al., 2010). Genetic depletion of TTLL6 also suggests its unique role in regulating ciliary beating frequency in the ependymal cilia in mouse brains (Grau et al., 2013). In zebrafish, knockdown of TTLL3 and TTLL6 completely impairs the ciliary motility (Pathak et al., 2011). Deficiency of TTLL9 does not only cause reduction of glutamylation in doublet 5 but also shortening in the distal end of doublet 7. These disable the sperm from pro-hook bending and, therefore, halt the flagella beating of the mouse sperm (Konno et al., 2016). Tpg1, the TTLL9 homolog in Chlamydomonas, forms a complex with a flagella-associated protein FAP234 (Tpg2), which mainly functions in stabilizing tpg1 in the cytosol and in the subsequent IFT into the flagellar matrix. Defects in Tpg1 or Tpg2 lead to axonemal hypoglutamylation and thereby loss of the electrostatic interaction, which greatly decrease the flagellar motility without affecting the axoneme structure and dynein assembly (Kubo et al., 2010, 2012, 2014; Kubo and Oda, 2017).



The Effects of Hyperglutamylation on Cilia

In addition to the adverse impact of axonemal hypoglutamylation on ciliary motility, hyperglutamylation of the axonemes also affect ciliary motility. Hyperglutamylation on the B-tubule resulting from the overexpression of the TTLL6 homologs in Tetrahymena thermophila may hinders the microtubule sliding driven by inner dynein arms and thereby ciliary motility (Janke et al., 2005; Suryavanshi et al., 2010). CCP5 acts downstream of Fleer/IFT70 for tubulin deglutamylation, which halts ciliogenesis in zebrafish; Moreover, hyperglutamylation of axonemal microtubules in pronephric cilia induced by CCP5 deficiency also leads to motility defects and ciliopathy phenotypes (Pathak et al., 2014).

In summary, the proper level of glutamylation appears to be critical for generating proper motion in motile cilia or flagella across ciliated model organisms, which may be determined by whether erroneous axonemal architecture is present.



The Roles of Glutamylation in IFT Dynamics

An in vitro study using chemically modified yeast tubulin with C-terminal glutamate side chains of various lengths showed a positive increase in both the progressivity and velocity of kinesin-2, the major motor in anterograde IFT (Sirajuddin et al., 2014). Mutation of CCPP-1 in C. elegans leads to abnormal accumulation of an anterograde motor, KLP-6 kinesin-3, and its cargo protein, polycystin-2, and to an increase in the rate of another anterograde motor OSM-3/KIF17 along the axoneme (O’Hagan et al., 2011). An In vivo study in C. elegans revealed that TTLL4 levels are affected by environmental stimuli and that the induced tubulin glutamylation also positively regulates kinesin-2–dependent IFT (Kimura et al., 2018). In addition, depletion of axonemal glutamylation preferentially hampers the anterograde IFT dynamics, with limited disruption of IFT dynamics in the opposite direction (Hong et al., 2018).

Two mechanisms might explain why axonemal glutamylation preferentially regulates anterograde IFT dynamics. (1) Evidence from correlative fluorescence and three-dimensional electron microscopy clearly demonstrates that anterograde IFT-B trains transport along the B-tubules, whereas retrograde IFT-A trains use the A-tubules as their railways (Stepanek and Pigino, 2016). Glutamylation appears to be more abundant on the B-tubules in various ciliated model organisms (Gagnon et al., 1996; Lechtreck and Geimer, 2000). Moreover, structural defects on B-tubules in cells with mutated CCPs and TTLLs have been frequently observed (Pathak et al., 2007, 2011; O’Hagan et al., 2012). Intuitively, defects on B-tubules caused by hypo/hyperglutamylation may disturb the railways of the IFT-B trains and therefore hamper anterograde IFT. Interestingly, evidence from cryo-electron tomography and subtomogram averaging reveals the appearance of the anterograde IFT trains along the A-tubule singlets in primary cilia of Madin-Darby Canine Kidney (MDCK) epithelial cells. This suggests different mechanisms of transport between the motile cilia and the primary cilia (Kiesel et al., 2020). Glutamylation statuses and the consequent effects on the A-tubule singlets in primary cilia still remain to be clarified. (2) In vitro studies demonstrated that glutamic acid chains enhance the processivity and velocity of kinesin-2 (Sirajuddin et al., 2014), and thus, hypoglutamylation of axonemes may slow down the kinesin-2–mediated anterograde IFT.



The Roles of Glutamylation in Ciliary Signaling

As the proper cilia localization of many, if not all, signaling receptors/molecules depends on IFT transport, defects in IFT dynamics caused by hypo/hyperglutamylation would conceivably be expected to disturb ciliary signaling. Indeed, axonemal hypoglutamylation attenuates the translocation of GLi3 and tethering of Polycystic Kidney Disease 1/2 (PKD1/2) and affects ciliary Sonic Hedgehog (Shh) signaling and polycystin signaling, respectively (He et al., 2018). Consistently, axonemal deglutamylation using CCP5 deglutamylase artificially recruited onto axonemes also slows down the entry of Smoothened and Gli3 into the cilia, thereby blocking the corresponding Shh signaling (Hong et al., 2018). Since ciliary Shh signaling is required for the development and maintenance of various ciliated tissues (Bangs and Anderson, 2017), defects in Shh signaling induced by axonemal hyper/hypoglutamylation may cause systematically ciliopathy-relative phenotypes.



Functional Crosstalk Between Tubulin Glutamylation and Glycylation

For various “tubulin code” that add along the axoneme via PTM modification, glutamylation and glycylation are special because, they may compete for the same glutamate on the C-terminus of tubulins (Pathak et al., 2011; Bosch Grau et al., 2017). Theoretically, in a biological compartment that possesses abundant modifying enzymes for two modifications that may compete for same sites, any changes leading to alteration of one modification will inevitably affect the occurrence of the other. Glycylation was first thought to be a modification enriched in motile cilia or flagella and plays a role in stabilizing the axoneme (Rogowski et al., 2009; Grau et al., 2013). In humans, the fact that TTLL10, the enzyme responsible for polyglycylation, is inactive indicates that polyglycylation per se is likely dispensable for ciliated cells (Rogowski et al., 2009). By using a specific monoclonal antibody that faithfully detects monoglycylation modification, axoneme monoglycylation could be detected in mouse neuronal cilia (Davenport et al., 2007), but not in many other types of primary cilia (Bré et al., 1996). This leads to the assumption that glycylation overall may be not essential for the structure and/or function of primary cilia. Interestingly, recent evidence demonstrated that primary cilia, at least in some cell types, may depend on monoglycylation to maintain proper structure and function (Rocha et al., 2014; Bosch Grau et al., 2017; Gadadhar et al., 2017b). TTLL3 is an enzyme that catalyzes tubulin monoglycylation in the axoneme (Wloga et al., 2009). TTLL3 deficiency in either Tetrahymena or zebrafish results in shortened axonemes, which is thought to act either directly or indirectly by altered tubulin glutamylation (Wloga et al., 2009). In Ttll3 knockout mice, reduced tubulin monoglycylation leads to an increased level of tubulin glutamylation in photoreceptor cells, and contributes to shortened connecting cilia and retinal degeneration (Bosch Grau et al., 2017). Coincidently, pcd mice which carry a Ccp1-inactivating mutation also show progressive degeneration of photoreceptors (Bosch Grau et al., 2017). To this end, it is worth investigating the exact contribution of hypoglycylation or hyperglutamylation of connecting cilia to retinal degeneration. What adds another level of complexity is that axoneme glycylation and glutamylation also show overlapping roles in maintenance of cilia structure and motility in zebrafish (Pathak et al., 2011). Taken together, while analyzing phenotypes caused by alterations of either axoneme glycylation (specifically monoglycylation for human cells) or glutamylation, it needs to be kept in mind that hyperglycosylated axoneme is very likely accompanied by less axoneme glutamylation or vice versa, especially in motile cilia or flagella. Future identification of ciliary effectors/mechanisms recognizing (poly)glutamylation and (poly)glycylation modifications will guarantee a thorough understanding of the underlying crosstalk between these two modifications on the C-terminal tail of axonemal tubulins.



DYSREGULATION OF AXONEME GLUTAMYLATION AND HUMAN CILIOPATHIES


Hypoglutamylation and Joubert Syndrome

Although studies in mice suggest that hypoglutamylation is correlated with several classical ciliopathy phenotypes associated with dysfunction of motile cilia, such as respiratory disorders (Ikegami et al., 2010), dysfunctional ependymal cilia in the brain ventricles (Grau et al., 2013), and infertility (Campbell et al., 2002; Ikegami et al., 2007; Lee et al., 2013; Konno et al., 2016), its physiological importance in human health has historically been overlooked. Extensive research on cilia biology, in the last 20 years – especially the rapid cloning and characterization of causative genes underlying ciliopathies – have begun to uncover the critical role of axoneme glutamylation in the pathogenesis of human diseases.

Joubert syndrome is a genetically heterogeneous group of disorders characterized by a malformed brain stem (molar tooth sign), and is accompanied by other non-central nervous system-related ciliopathy phenotypes including retinal degeneration, polydactyly, and renal/liver abnormalities (Saraiva and Baraitser, 1992; Cantagrel et al., 2008). The first evidence linking dysregulation of axoneme glutamylation to human ciliopathies was the discovery that causative mutations in the centrosomal protein CEP41, which is mutated in Joubert syndrome, does not affect cilia biogenesis but disrupts the proper ciliary entry of the glutamylase TTLL6, which leads to dramatically reduced polyglutamylation along the axoneme in primary cultured fibroblasts isolated from Joubert syndrome patients (Lee et al., 2012). Depletion of CEP41 in zebrafish and mice causes similar defects in axoneme glutamylation and ciliopathy-related phenotypes (Lee et al., 2012). Shortly after the characterization of CEP41 as a Joubert syndrome protein, homozygous mutations in TTLL5 were reported to cause retinal dystrophy in a subset of patient families with inherited retinal degenerations (Sergouniotis et al., 2014).

To date, 37 Joubert syndrome genes have been cloned, although the functions of most encoded proteins remain elusive. The perspective that dysregulated axoneme glutamylation might be a central etiology in JBTS was further strengthened by the finding that the Joubert syndrome protein ARL13B associates with FIP5, a known effector of another ciliary GTPase RAB11, to promote the ciliary import of tubulin glutamylases TTLL5 and TTLL6 in human epithelial cells (He et al., 2018). A defective ARL13B-FIP5 pathway leads to axoneme hypoglutamylation, which does not affect ciliogenesis but does promote the disassembly of cilia and, importantly, impairs polycystin and shh signaling by disrupting the proper trafficking of various signaling molecules in the cilia (He et al., 2018). Amazingly, restoring axoneme glutamylation by depleting the cilia-enriched deglutamylase CCP5 can effectively rescue ciliary defects in ARL13B-deficient cells (He et al., 2018).

An intriguing discovery is the very recent finding that a TOG array regulator of axonemal microtubules 1 (TOGARAM1)-Armadillo repeat containing 9 (ARMC9) module may regulate both axoneme acetylation and polyglutamylation in human and zebrafish (Latour et al., 2020). TOGARAM1 and ARMC9 were separately identified as causal loci of Joubert syndrome (Van DeWeghe et al., 2017; Latour et al., 2020; Morbidoni et al., 2020). It is not known why and how the TOGARAM1-ARMC9 module regulates both acetylation and glutamylation of the axoneme. It is also not yet conclusive whether defective acetylation or defective glutamylation of the axoneme contributes to the ciliopathy phenotypes associated with TOGARAM1 and ARMC9 patients. However, as defective axoneme acetylation is not observed in CEP41- or ARL13B-deficient cells (Lee et al., 2012; He et al., 2018), we reason that defective axoneme glutamylation is probably the major driver for the development of ciliopathy phenotypes observed in Joubert syndrome patients.



The Effect of Axoneme Hyperglutamylation on Human Health

Tubulin polyglutamylation is enriched during neuronal differentiation and is therefore, considered as a potential key physiological regulator of neuronal cells. Microtubule hyperglutamylation of neuronal axons is also associated with neural degeneration in humans and in Ccp1–/– mice (Rogowski et al., 2010; Shashi et al., 2018). In pcd mice (carrying a Ccp1-inactivating mutation), the Purkinje cell degeneration phenotype directly links tubulin hyperglutamylation to neurodegeneration (Mullen et al., 1976; Greer and Shepherd, 1982; Fernandez-gonzalez et al., 2002; Rogowski et al., 2010; Shashi et al., 2018). Although no mutations of known ciliopathy proteins have been reported to cause hyperglutamylation of the axoneme in human so far, given that polyglutamylation is also highly enriched in the axoneme, it is thus, a natural question to ask whether axoneme hyperglutamylation has any adverse impact on human cilia and, consequently, can be detrimental to human health. As we discussed in section “The Effects of Hyperglutamylation on Cilia,” tubulin hyperglutamylation adversely affects cilia in some ciliated species, especially that tubulin hyperglutamylation is implicated in regulating microtubule severing or the motility of flagella or motile cilia (Roll-Mecak and Vale, 2008; Lacroix et al., 2010; Grau et al., 2013; Valenstein et al., 2016). Hyperglutamylation in Ccp1–/– (Mullen et al., 1976; Bosch Grau et al., 2017) or Ccp5–/– mice (Wu et al., 2017; Giordano et al., 2019) also share phenotypes including infertility and abnormal sperm biogenesis. However, hyperglutamylation appears to be benign to primary cilia in mammalian cells. In cultured human or mouse cells, axoneme hyperglutamylation induced by depleting the cilia-enriched deglutamylase CCP5 produces significantly longer cilia and enhances ciliary signaling by promoting the import of signaling molecules but does not result in detectable ciliary anomalies in primary cilia (He et al., 2018). Consistently, for the three deglutamylases (CCP2, 3, 5) that are reported to be ciliary deglutamylases, Ccp2–/– and Ccp3–/– (Tort et al., 2014), and Ccp5–/– (Xia et al., 2016; Wu et al., 2017) mice are viable and generally healthy without classical phenotypes associated with dysfunctional primary cilia.

Except for aforementioned sperm-related phenotypes, hyperglutamylation has been correlated with retinal degenerations in humans (Sergouniotis et al., 2014; Kastner et al., 2015; Astuti et al., 2016; Branham et al., 2016) and in mouse models (Marchena et al., 2011; Bosch Grau et al., 2017). Intriguingly, it remains unknown whether hyperglutamylation-associated retinal degeneration is caused by alteration of polyglutamylation levels along the axoneme or it is a tubulin-associated defect. Evidence suggests that TTLL and CCP enzymes involved in glutamylation modification can also target many non-tubulin substrates (for detailed discussion, please see section “The Non-tubulin Substrates of Tubulin Modifying Enzymes”). Interestingly, in mice, the RPGRORF15 (the photoreceptor-specific ORF15 variant of retinitis pigmentosa GTPase regulator) implicated in retinal dystrophy actually localizes to connecting cilia of photoreceptors and is glutamylated by TTLL5 in vivo (Rao et al., 2016). Other studies show that TTLL5 deficiency also disrupts the glutamylation of RPGR and leads to retinal pathology, without detectable changes in the level of tubulin glutamylation and axonemal structure of connecting cilia (Lee et al., 2013; Sergouniotis et al., 2014; Sun et al., 2016). Thus, it should be cautious when drawing conclusions that link tubulin glutamylation to the in vivo phenotypes observed in conditions with altered TTLL or CCP enzyme activities.

Collectively, this evidence suggests that the impact of axonemal hyperglutamylation appears to be benign, at least, in the context of primary cilia. This is important because hyperglutamylation induced by CCP5 depletion, can effectively restore axonemal glutamylation, the ciliary dosage of polycystins, and Shh signaling in human wild-type or Autosomal dominant polycystic kidney disease (ADPKD) cells (He et al., 2018), which highlights the perspective that augmenting ciliary signaling by increasing axoneme glutamylation may represent an intriguing therapeutic strategy for certain ciliopathies.



NEW METHODS ENABLING THE SPATIOTEMPORAL MANIPULATION OF AXONEMAL GLUTAMYLATION

Typically, three strategies are used to study tubulin glutamylation: (1) genetic perturbation of genes that encode glutamylation-modifying enzymes, (2) manipulation of the glutamylation levels of purified microtubules by recombinant enzymes in vitro, and (3) introduction of specific antibodies to mask the glutamylated motifs of microtubules. Although all of the above experiments imply that glutamylation is important for the structural integrity and functions of cilia (Gaertig and Wloga, 2008; Konno et al., 2012; Grau et al., 2013; Pathak et al., 2014; Chawla et al., 2016), these conventional methods have several limitations.

First, tubulin glutamylation is not restricted only to ciliary axonemes in cells. Glutamylated tubulins are also enriched at centrosomes, mitotic spindles, and intercellular bridges (Wloga et al., 2010; Janke and Bulinski, 2011), perhaps owing to the distribution of TTLLs and CCPs among multiple subcellular compartments (Tables 1, 3; Van Dijk et al., 2007; He et al., 2018). Therefore, global perturbation of modifying enzymes by conventional gene manipulation does not affect glutamylation only in primary cilia. The effects of hypo/hyperglutamylation in genetically modified cells are in fact, the combined outcome resulting from, at a minimum, the perturbed microtubule pools at each of the sites where the modifying enzyme is located. The introduction of antibodies against glutamylated tubulin into cells would suffer from the same limitation, as it globally masks all glutamylated tubulin pools in cells.

Second, the interplay among microtubules, motor proteins, and other MAPs is highly dynamic. For example, tubulin glutamylation occurs on the surface of microtubules and regulates IFT dynamics while the IFT cargo, such as modifying enzymes, microtubule precursors, and other MAPs, also dynamically regulate the PTM of microtubules, as well as their structure and functions (O’Hagan et al., 2017). Thus, long-term gene manipulation does not allow for a time window to dissect these dynamic processes and also presents challenges with respect to uncovering causal relationships.

Third, in vitro modification of purified microtubules by recombinant enzymes enables the study of acute effects of PTMs on the physical properties of microtubules and their interactions with motor proteins and MAPs. However, it is difficult to fully reconstitute the physiological environment and to include all relevant cellular molecules in in vitro systems.

Last, but not least, as discussed above (section “The Non-tubulin Substrates of Tubulin Modifying Enzymes”), tubulins are not the only substrate for glutamylation modification. Many nucleocytoplasmic shuttling proteins such as the nucleosome-assembly proteins NAP1 and NAP2 are also identified as potential substrates of TTLL4-mediated glutamylation (Regnard, 2000; Ijaz et al., 2017). The phenotypes triggered by global perturbation of TTLLs and CCPs are combinational outcomes of both tubulin and non-tubulin substrate events. Therefore, owing to the above reasons, these conventional methods are not feasible to study the specifical role of axonemal glutamylation.

Explicitly studying the impact of glutamylation modification on cilia architecture and functions, an emerging new approach that spatiotemporally recruits PTM-modifying enzymes to specific pools of microtubules on the basis of inducible protein dimerization (IPD) may address this long-standing issue (Hong et al., 2018). The IPD system usually involves three components, a chemical cross-linker and a pair of binding partners (Banaszynski et al., 2005). One well-established IPD system uses a natural chemical cross-linker, rapamycin, to induce the dimerization between two soluble proteins, FKBP (FK506 binding protein) and FRB (FKBP-rapamycin binding domain) (Banaszynski et al., 2005). Typically, FRB is anchored to the region of interest by tagging it with a specific targeting motif, whereas FKBP is fused to a protein of interest that is non-functional when freely dissociated within the cytosol but is activated upon recruitment to the FRB-labeled sites (Figure 4). The addition of rapamycin brings the FKBP fusion protein to the FRB-residual site where the FKBP-tagged protein of interest can access its substrates or downstream signaling molecules to locally manipulate the corresponding molecular activities. Thus far, the IPD system has been extensively used to manipulate the activity of small GTPases, lipid homeostasis, cellular mechanotransduction, and so on (Varnai et al., 2006; Zoncu et al., 2007; Bohdanowicz and Fairn, 2011; DeRose et al., 2012; Fan et al., 2017; Wang Y. et al., 2019).


[image: image]

FIGURE 4. A new approach enables spatiotemporal manipulation of tubulin PTMs in living cells. Typically, FRB (R) can be anchored to the region of interest with the help of a specific targeting motif, whereas FKBP (K) is fused to the protein of interest, which is functional only upon recruitment to the FRB-labeled sites and stays non-functional otherwise. This characteristic feature was used to manipulate glutamylation on ciliary axonemes in a rapamycin-mediated IPD manner. FRB was tagged with an axonemal binding protein (ABP), MAP4m (a truncated mutant of microtubule-associated protein 4), and the resultant fusion protein was anchored on the ciliary axonemes. The second fusion protein was constructed by fusion of the catalytic domain of CCP5 deglutamylase (CCP5CD) with FKBP, this soluble protein can freely diffuse in the cytosol without noticeable deglutamylation activity due to its low microtubule affinity. As the cytosolic proteins can freely access the primary ciliary lumen, the addition of rapamycin traps CCP5CD-FKBP fusion protein on the FRB-tagged axonemes. Once stationed at FRB-tagged sites, CCP5CD depletes glutamylated tubulin on ciliary axonemes locally and efficiently without affecting other glutamylated microtubules in the cells.


Taking advantage of the above characteristics, Hong et al. (2018) recently used rapamycin-mediated IPD to spatiotemporally manipulate tubulin glutamylation on ciliary axonemes. In this system, FRB was tagged with an axoneme binding protein, MAP4m (a truncated mutant of MAP 4), and the resulting fusion protein was consistently localized to the ciliary axoneme. On the other side, the catalytic domain of CCP5 deglutamylase (CCP5CD) was fused with FKBP, and this soluble fusion protein freely diffused in the cytosol without noticeable deglutamylation activity, perhaps owing to its low affinity for microtubules. As the cytosolic proteins can freely access the lumen of primary cilia (Lin et al., 2013), the addition of rapamycin rapidly trapped the CCP5CD-FKBP fusion protein on axonemes where CCP5CD locally and efficiently depleted glutamylated tubulin on ciliary axonemes with no or rare adverse effects on other glutamylated microtubule pools in cells. The direct effects of deglutamylation can, therefore be validated by the comparison of ciliary structures and functions before and after acute axonemal deglutamylation. The results demonstrate that depletion of glutamylation on ciliary axonemes reduces the rate of ciliogenesis but does not perturb ciliary maintenance. In addition, axonemal deglutamylation attenuates anterograde IFT and suppresses ciliary Shh signaling. An advantage of this approach is that it enables the spatiotemporal manipulation of tubulin glutamylation in living cells and thus, can uncover specific roles of glutamylation in certain subcellular areas. Different microtubule-binding proteins and enzymes responsible for distinct tubulin PTMs can be engineered and applied in this system to precisely modify distinct tubulin PTMs in specific subcellular regions.

One drawback of chemically based IPD is poor reversibility. The protein complex triggered by chemical dimerizers can not be easily split and, therefore, the manipulated system generally can not be halted (DeRose et al., 2013). Moreover, it is not easy to provide spatial precision of manipulation by chemically based IPD due to free diffusion of dimerizers. To improve these limitations, optogenetic systems that use light as an external cue to control the behavior of microtubules have been developed. These systems are achieved by blue light–triggered dimerization of different partners including iLID/SSPB (Adikes et al., 2018), Cry2/CIBN (Prosseda et al., 2020), and LOV2/Zdk1 (VanHaren et al., 2018; vanHaren et al., 2020). The crosslink between the microtubule plus end and F-actin that is triggered by the light temporally perturbs the microtubule dynamics in living cells (Adikes et al., 2018). Microtubule gliding activity can also be controlled by light-inducible recruitment of motor proteins to the microtubule surface (Tas et al., 2018). In the studies from VanHaren et al. (2018) and vanHaren et al. (2020), they designed a light-inactivated π-EB1 that can attenuate microtubule growth under blue light illumination (VanHaren et al., 2018; vanHaren et al., 2020).

Along with studying microtubule dynamics, optogenetic systems have recently been used to study cilia and flagella. The cAMP level in primary cilia or flagella can be regulated by light-activated phosphodiesterase (LAPD), which therefore allows scientists to temporally manipulate sperm motility or to study the spatial aspect of cAMP signaling in primary cilia (Raju et al., 2019; Hansen et al., 2020). In addition, with the Cry2/CIBN-based optogenetic method, scientists can spatiotemporally manipulate the level of phosphoinositide in primary cilia, which regulates eye pressure (Prosseda et al., 2020). These optogenetic tools should also have applications with respect to spatiotemporally and reversibly manipulate tubulin PTMs under the control of light illumination. However, the proper modifying enzyme that can rapidly and efficiently perturb tubulin PTMs is highly desirable for minimizing the phototoxicity from long-term light illumination.



CONCLUSION AND PERSPECTIVE

Evolution has shown that glutamylation is functionally vital for the cells that have retained cilia or flagella. Indeed, in vivo deficiency of enzymes or regulatory proteins required for axonemal glutamylation causes erroneous pattern and level of tubulin glutamylation in cilia, which is accompanied by the impairment of cilia architecture and/or functions ranging from cilia formation, IFT dynamics, motility, to signaling. However, owing to the non-specific enzymatic activities and poor spatiotemporal accuracy of PTM perturbation with the current methods, caution is needed with respect to the interpretation of the roles of PTMs in cellular functions. Increasing structural and biochemical evidence has shown the detailed mechanisms by which tubulin PTM–modifying enzymes interact with microtubules and execute their enzymatic reactions (Mukai et al., 2009; Otero et al., 2012; Tort et al., 2014; Garnham et al., 2015, 2017; Wu et al., 2015; Miyake et al., 2016; Park et al., 2016; Natarajan et al., 2017; Skultetyova et al., 2017; Adamopoulos et al., 2019; Eshun-Wilson et al., 2019; Li et al., 2019, 2020; Liao et al., 2019; Liu et al., 2019; Wang N. et al., 2019; Zhou et al., 2019; Janke and Magiera, 2020; Mahalingan et al., 2020; Ustinova et al., 2020). These studies provide important fundamental information for engineering tubulin PTM–modifying enzymes with better substrate specificities and vigorous enzyme activity. This information, together with emerging approaches that enable spatiotemporal recruitment of engineered enzymes onto specific microtubule populations, pharmacological discovery of small molecules that can specifically regulate glutamylase/deglutamylase enzymatic activities, and identification of specific effectors/adaptors that recognize tubulin PTMs, should help to uncover the specific roles of axonemal PTMs in ciliated cells and elucidate the physiological importance in human health. In addition to insights into how tubulin PTMs regulate cellular architecture and activities, such approaches/compounds that can manipulate tubulin PTMs may offer a fundamental step toward facilitating the development of therapeutic strategies for tubulin PTM–related diseases.

Additionally, the reagents and sensitive methods allowing for monitoring the properties and behavior of microtubule population are highly desirable for the progress of this field. For instance, the detection of tubulin PTMs in cells is mainly based on the immunostaining with specific antibodies which is challenging to apply in live-cell experiments. Development of biosensors which can label certain microtubule populations that carry specific PTMs with limited adverse effects can be utilized to monitor the real-time behaviors of microtubules with corresponding PTMs in living cells under different physiological and pathological conditions. Very recently, Kesarwani et al. (2020) established a genetically encoded biosensor that specifically recognizes tyrosinated microtubules in vitro and in vivo, thus offering a feasible tool to visualize and quantify the level of tyrosinated microtubules in a real-time manner. Development of these reagents and tools will broaden our understanding of how tubulin PTMs regulate cells in space and time.
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Ciliopathies are a group of heterogeneous inherited disorders associated with dysfunction of the cilium, a ubiquitous microtubule-based organelle involved in a broad range of cellular functions. Most ciliopathies are syndromic, since several organs whose cells produce a cilium, such as the retina, cochlea or kidney, are affected by mutations in ciliary-related genes. In the retina, photoreceptor cells present a highly specialized neurosensory cilium, the outer segment, stacked with membranous disks where photoreception and phototransduction occurs. The daily renewal of the more distal disks is a unique characteristic of photoreceptor outer segments, resulting in an elevated protein demand. All components necessary for outer segment formation, maintenance and function have to be transported from the photoreceptor inner segment, where synthesis occurs, to the cilium. Therefore, efficient transport of selected proteins is critical for photoreceptor ciliogenesis and function, and any alteration in either cargo delivery to the cilium or intraciliary trafficking compromises photoreceptor survival and leads to retinal degeneration. To date, mutations in more than 100 ciliary genes have been associated with retinal dystrophies, accounting for almost 25% of these inherited rare diseases. Interestingly, not all mutations in ciliary genes that cause retinal degeneration are also involved in pleiotropic pathologies in other ciliated organs. Depending on the mutation, the same gene can cause syndromic or non-syndromic retinopathies, thus emphasizing the highly refined specialization of the photoreceptor neurosensory cilia, and raising the possibility of photoreceptor-specific molecular mechanisms underlying common ciliary functions such as ciliary transport. In this review, we will focus on ciliary transport in photoreceptor cells and discuss the molecular complexity underpinning retinal ciliopathies, with a special emphasis on ciliary genes that, when mutated, cause either syndromic or non-syndromic retinal ciliopathies.
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INTRODUCTION

The retina is a highly organized neurosensory tissue that covers the eye’s inner surface and is responsible for visual perception (den Hollander et al., 2010). In vertebrates, it consists of six major neural cell types that are arranged in laminar microcircuits necessary for the correct integration and processing of light signals. Photoreceptor cells, which occupy the outermost retinal layer, are light-sensitive neurons that capture photons and transduce light stimuli into an electrical signal, thereby triggering the phototransduction cascade. Phototransduction finishes when the electric signal is transmitted to the visual centers in the brain by the optic nerve, formed by the axons of ganglion cells (Wässle, 2004; Swaroop et al., 2010; Khanna, 2015). Two types of photoreceptor cells exist, rods and cones, the latter being outnumbered by approximately 20-fold in most mammalian species (Masland, 2001; Swaroop et al., 2010). Rods are responsible for dim light vision due to their high sensitivity to light, which enable them to capture even a single photon. In contrast, cones are less sensitive and are responsible for daytime vision and visual acuity. Cones also confer color perception because of the existence of several cone subtypes that selectively respond to photons in different wavelengths of the visible spectrum (Roorda and Williams, 1999; Deeb, 2006; Hoon et al., 2014).

Vertebrate photoreceptors are highly polarized and specialized neurons whose unique morphology includes a distinct compartment where photoreception and phototransduction occur: the outer segment. The outer segment is a specialized sensory cilium optimized for photon capture and efficient phototransduction. It contains membranous disks ordered in stacks filled with photoreceptive pigments (opsins), and is distinct between rods and cones in both structure and protein composition. However, the outer segment is devoid of protein synthesis and metabolism machinery, hence, these cellular functions occur in the inner segment and the components are transported to the distal outer segment by a microtubule ciliary gate, named connecting cilium (Khanna, 2015; Bujakowska et al., 2017). The tips of the outer segment are physically in contact with the retinal pigment epithelium, which constitutes the outermost blood-retina barrier and is involved in nourishment through the choroidal blood vessels, maintenance of photoreceptors, and mediation of the visual cycle (Strauss, 2005). Alterations, by either genetic or external factors in such a morphologically and functionally organized structure, can lead to photoreceptor dysfunction, eventually resulting in retinal degeneration and blindness (Wright et al., 2010).



THE SPECIALIZED PRIMARY CILIUM OF PHOTORECEPTOR CELLS

Cilia are microtubule-based organelles that project from the apical plasma membrane and play crucial roles in the development and function of adult organs in vertebrates. They are conventionally classified as motile or non-motile cilia. Motile cilia beat rhythmically to produce a driving force that either propel cells or move extracellular fluids across membrane surfaces (Ishikawa and Marshall, 2017; Viswanadha et al., 2017). Non-motile cilia, or primary cilia, act as cellular antennae that concentrate specific signaling receptors necessary for triggering signal transduction in response to external cues, such as morphogens, mechanical stimulation and light (Fliegauf et al., 2007; Goetz and Anderson, 2010). Photoreceptors possess highly specialized primary cilia that develop exceptional characteristics to carry out photoreception and phototransduction. Mutations in ciliary genes can compromise photoreceptor cilia structure, biogenesis and/or function, leading to retinal ciliopathies, which cover approximately one fourth of inherited retinal dystrophies (Chen et al., 2019; Wheway et al., 2019).


Structure and Composition

Motile and primary cilia share a common structural composition and architecture, comprising three main distinct sub-compartments: the basal body, transition zone, and axoneme (Figure 1). Overall, their main difference resides in the axonemal microtubule organization. On one hand, motile cilia usually present 9 + 2 axonemes, with nine peripheral doublet microtubules and two central single microtubules. Furthermore, they possess additional associated components powering the ciliary movement, such as dynein arms, nexin links, and radial spokes (Viswanadha et al., 2017). In contrast, non-motile cilia axonemes typically lack the central pair of microtubules, the dynein arms, nexin links and radial spokes, being described as 9 + 0 axonemes (Figure 1). However, this classification is a simplification, as non-motile 9 + 2 and motile 9 + 0 cilia are also present in human cells (Fliegauf et al., 2007).
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FIGURE 1. Structure of motile, non-motile, and photoreceptor cilia. The left diagram depicts a prototypic cilium with its main compartments: the axoneme (Ax), transition zone (TZ) with its Y-links, periciliary membrane (PCM) and the basal body (BB). The right diagram depicts a rod photoreceptor, which in addition, displays photoreceptor-specific cellular structures: the outer segment (OS), comprising the membranous disks (D) and the axoneme; the connecting cilium (CC), analogous to the transition zone in primary cilia; and the inner segment (IS), which contains the basal body and most cellular organelles. Cross-sections through the ciliary compartments of both motile and non-motile cilia are shown: the basal body triplet microtubules with their transition fibers, shared by motile cilia, non-motile cilia and photoreceptor primary cilia; the transition zone of motile and non-motile cilia and the analogous connecting cilium in photoreceptors; the axonemal microtubule doublets, decorated with dynein arms, radial spokes and nexin links in motile cilia; and finally, the axonemal microtubule singlets characteristic of photoreceptor primary cilia. (Figure created with BioRender.com).


The primary cilium originates from the basal body, which is derived from the mother centriole and functions as the primary microtubule organizing center (MTOC), projecting also microtubules into the inner segment and cell body (Muresan et al., 1993; Petry and Vale, 2015). The basal body is composed of nine triplet microtubules, subdistal appendages and nine distal appendages, also known as transition fibers, which anchor the basal body to the periciliary membrane (Figure 1). The periciliary membrane corresponds to the border between the ciliary membrane and the cytoplasmatic membrane. The periciliary region surrounds the basal body and is a hot spot for endocytosis of ciliary membrane proteins. Together with transition fibers, the periciliary region serves as a docking station for proteins destined to the cilium (Reiter and Leroux, 2017; Seo and Datta, 2017). Furthermore, the basal body of primary cilia nucleates the ciliary rootlet. In photoreceptors, both the basal body and the ciliary rootlet anchor their exceptionally large cilium to the inner segment, providing long-term stability and structural integrity to this microtubule-based structure (Figure 1) (Yang et al., 2005; May-Simera et al., 2017). Ciliary rootlets are composed of rootletin fibers, encoded by the CROCC gene, which polymerize into thick filaments that are attached to the basal body by CEP250, mutations of which have been associated with Usher syndrome (USH) and retinitis pigmentosa (RP) (Yang et al., 2002, 2006; Khateb et al., 2014; De Castro-Miró et al., 2016).

The photoreceptor connecting cilium, equivalent to the transition zone in primary cilia, is localized to the junction between the basal body and the axoneme, linking the inner and outer segments of photoreceptor cells (Figure 1). It acts as a diffusion barrier, preventing abnormal mixing of ciliary and cytosolic components, and probably as a ciliary gate, regulating protein influx and efflux from the cilium. The connecting cilium possesses a different microtubule organization, and changes from triplets at the basal body to microtubule doublets (de Robertis, 1956; Cohen, 1965; Bachmann-Gagescu and Neuhauss, 2019), the latter being cross-linked to the surrounding plasma membrane by Y-link structures (Gilula and Satir, 1972). Interactome analysis in primary cilia have allowed to identify several protein complexes specific of the transition zone, which have been later described in photoreceptor connecting cilium. For instance, the Y-linker residing protein CEP290 (Rachel et al., 2015) associates into the NPHP module (RPGRIP1, RPGRIP1L, NPHP1, and NPHP4) and the MKS module (CC2D2A, B9D1, B9D2, MKS1, AHI1, TCTNs, and TMEMs). Mutations altering NPHP and MKS protein complexes cause syndromic ciliopathies (see section “Retinal ciliopathies and defects in ciliary transport”). The inversin compartment (INVS, NEK8, NPHP3, ANKS3, and ANKS6) localizes immediately distal from the transition zone and interacts through INVS with the MKS and NPHP complexes, establishing a link between the three of them (Braun and Hildebrandt, 2017; Garcia-Gonzalo and Reiter, 2017). Interestingly, mutations in components of the distinct protein modules NPHP, MKS or inversin result in dissimilar clinical phenotypes, which discloses the separated identities of each complex and the importance of their different roles in ciliary function.

The axoneme is the cytoskeleton backbone of the cilia. In photoreceptors, axonemal microtubules extend from the connecting cilium microtubule doublets to the outer segment, and become singlets near the tip in opposition to prototypic primary cilium axoneme, characterized by a doublet microtubule structure (Figure 1) (Cohen, 1965). Even though the axoneme is very stable, the distal (plus) ends of microtubules are constantly turned over and require a continuous delivery of tubulin to maintain axonemal length (Rosenbaum and Witman, 2002). The axoneme serves as railways for intraflagellar transport (IFT), which is responsible for the active bidirectional transport of many outer segment components along photoreceptor cilia, thus playing an essential role in cilium biogenesis, maintenance and function (Li et al., 2016).

Photoreceptor outer segments are packed with proteins involved in the phototransduction cascade, such as opsins (which belong to the family of G-protein coupled receptors, GPCRs), cGMP phosphodiesterases and cGMP-gated channels, but also with proteins that guarantee the maintenance of the particular architecture of the membranous disks, including PRHP2 and ROM-1 (Wensel et al., 2016). RP1, a photoreceptor-specific protein, associates with axonemal microtubules and is required for proper stacking of membranous disks. Mutations in RP1 cause autosomal dominant RP (Liu et al., 2002, 2003, 2004). Surrounding the axoneme, there is the ciliary membrane, which is continuous with the plasma membrane. Protein and lipid content of the photoreceptor ciliary membrane are different from those of the surrounding plasma membrane in order to confer the ideal characteristics for an efficient signaling (Garcia et al., 2018).

Finally, the cilium is a highly organized structure comprising distinct functional modules required for its proper function. Mutations in ciliary genes can result in protein disfunction and mislocalization. Thus, considering the extremely complex cilium of photoreceptor cells, mutations in these genes can potentially compromise photoreceptor cilium structure, biogenesis, function and maintenance, leading to retinal ciliopathies (Figure 2).
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FIGURE 2. Proteins associated with retinal ciliopathies and their reported localization at the photoreceptor structures. Ciliary proteins can localize to unique ciliary subcompartments (names in black), several ciliary subcompartments (highlighted in purple) or other cellular compartments in addition to the cilium (in blue). The localization of ARSG, KCNJ13, and TUBB4B has not been determined yet (in gray). (Figure created with BioRender.com).




Ciliogenesis

In undifferentiated progenitor photoreceptor cells, the first step of outer segment formation is ciliogenesis, followed by disk morphogenesis. In contrast to other organelles, cilia biogenesis and cell division are mutually exclusive in vertebrates. This is due to the intimate connection between cilia and centrosomes, which need to be released from the plasma membrane to operate during cell division, entailing ciliary resorption. Therefore, in replicative cells, ciliogenesis is highly coordinated with the cell cycle and requires a finely tuned regulation (Quarmby and Parker, 2005; Ishikawa and Marshall, 2011). However, many cells, including photoreceptors, do not undergo this cilium assembly disassembly cycle but grow instead a cilium after escaping cell cycle and entering into quiescence or differentiation (Toulis and Marfany, 2020).

It is well established that in primary cilia, ciliogenesis starts with the maturation of a mother centriole into a basal body due to the recruitment of the five distal appendage proteins. Therefore, even though the basal body consists of the mother and daughter centrioles, only the mother centriole, displaying distal and subdistal appendages, is further remodeled to enable cilium formation (Pearring et al., 2013). Rab8-carrying vesicles, derived from the Golgi and the recycling endosome, attach to the distal appendages of the mother centriole. SNAP29, a SNARE regulator of membrane fusion, promotes vesicular assembly that induces the conversion of small ciliary vesicles into a larger vesicle on the distal end of the mother centriole (Lu et al., 2015). The basal body migrates toward the apical end of the inner segment, where it docks to the cell membrane via the ciliary vesicle (Sánchez and Dynlacht, 2016). Then, microtubule doublets emanate from the basal body and form the proximal axoneme where the transition zone complexes tether, resulting in the assembly of the connecting cilium. The growth of the axoneme causes the invagination of the ciliary vesicle and its fusion with the plasma membrane, terminating in the emergence of the cilium, enclosed by the ciliary membrane, to the extracellular space (May-Simera et al., 2017). Tubulin subunits are actively transported via anterograde IFT into the ciliary compartment, leading to further extension of the axoneme by its distal end. Thus, complete extension of the axoneme relies on the IFT machinery to traffic ciliary components to the cilium tip forth and back, as well as the availability of soluble tubulin and axonemal precursors.



Disk Morphogenesis and Renewal

The photoreceptor outer segment displays ordered stacks of tightly packed membranous disks. So far, two hypotheses have been postulated to explain outer segment disk morphogenesis in rod photoreceptors. The first proposed model is the evagination model. It postulates that disks are generated from outgrowths of the ciliary membrane at the outer segment base, which then extend away from the axoneme and appear as open disks, exposed to the extracellular milieu. Next, the basal membrane of an older evagination and the apical membrane of the adjacent younger evagination fuse at the disk hairpin-like rims, at the opposite side of the axoneme, resulting in the formation of a new enclosed disk (Steinberg et al., 1980). The alternative model, the vesicular targeting model, proposes that disk morphogenesis is caused by the repeated fusion of endocytic vesicles at the outer segment base and the following flattening of the primitive disk sacs to generate the mature disks. Vesicles may be derived either from the plasma membrane of the outer segment or from transport vesicles shipped from the inner segment through the connecting cilium (Chuang et al., 2007). Recent publications have provided strong evidence supporting the evagination model for the formation of vertebrate photoreceptors (Farjo et al., 2006; Burgoyne et al., 2015; Goldberg et al., 2016).

Efforts have been made to identify key molecules involved in disk morphogenesis, and defects in this process lead to non-syndromic retinal degeneration. In vertebrate photoreceptors, filamentous actin (F-actin) is mostly present in the inner segment as a submembrane network whereas outer segment seems to be deficient in an actin cytoskeleton except for the basal part of the outer segment (Chaitin et al., 1984; Lewis et al., 1995). There, F-actin and actin-associated proteins appear to be required for initiation of the evagination of the ciliary membrane but not for the continued growth of new evaginations (Williams et al., 1988; Hale et al., 1996; Corral-Serrano et al., 2020). Peripherin-2 (PRPH2/RDS) is a transmembrane glycoprotein and a key element for outer segment morphogenesis. PRPH2/RDS strongly interacts with ROM-1, which is also found in disk rims (Bascom et al., 1992; Moritz and Molday, 1996). PRPH2/RDS homomeric complexes are required for membrane geometry of disk rims, whereas PRPH2/ROM-1 complexes are involved in the proper stabilization and structuration of the outer segment. ROM-1 is not essential for outer segment morphogenesis but it is needed for photoreceptor viability (Stuck et al., 2017). Prominin-1 (PROM1) is a transmembrane protein that probably participates in disk morphogenesis regulation, maintaining the open structure of photoreceptor disks (Han et al., 2012). Finally, rhodopsin is the most abundant protein in rod outer segments, comprising almost 50% of the outer segment membrane mass. Consequently, in addition to being the photon receptor and activating the G protein cascade of phototransduction, rhodopsin is considered to have a structural role, serving as an indispensable element for the architecture of the rod outer segment membrane (Wensel et al., 2016).

The process of membranous disk morphogenesis remains after outer segment development and maturation due to the fact that it is continuously regenerated to minimize the accumulation of damaged molecular components due to photooxidative stress. Thus, outer segment length is maintained by the balance between basal disk formation and distal disk shedding. This ongoing renewal is a unique characteristic of photoreceptors and, 8–10% of the more distal disks are phagocytosed by the retinal pigment epithelium, and renewed on a daily basis (Young, 1967).

Clearly, outer segment renewal requires a high rate of delivery of freshly synthesized proteins to nascent disks, hence the critical role of ciliary transport not only for photoreceptor development but also for photoreceptor survival.



CILIARY TRANSPORT IN PHOTORECEPTORS

Several studies have been conducted to unravel protein sorting and transport to the primary cilium. On the other hand, the photoreceptor outer segment has shown to be a prolific model for the investigation of protein targeting to cilia due to its highly elevated rate of continuous renewal. Consequently, photoreceptor outer segment is the region with the highest demand for protein, yet all protein synthesis occurs in the inner segment. Thus, all components required for outer segment formation, maintenance and function must be transported from the IS to the outer segment through the connecting cilium. This transport demands stringently regulated mechanisms to enable efficient trafficking of selected proteins for the establishment and maintenance of photoreceptor identity. Any alteration in either cargo delivery to the cilium or ciliary transport compromises photoreceptor function and survival leading to retinal degeneration.

In photoreceptors, delivery of proteins to the outer segment can be conducted by different mechanisms. Ciliary trafficking powered by the IFT machinery is instrumental for opsin delivery to the outer segment, but chaperone-assisted transport and diffusion also play a relevant role in protein transport and delivery to the photoreceptor outer segment.


Transport of Membrane Proteins With Cilia-Targeting Motifs: The Paradigm of Rhodopsin

Rhodopsin transport to the cilium has been extensively studied as it is the main cilia-targeted cargo protein in rods, with approximately 1000 rhodopsin molecules being trafficked through the connecting cilium per second (Besharse, 1986). Most of what is currently known of the transport and targeting of proteins to the photoreceptor outer segment stems from rhodopsin studies.

Similar to other membrane proteins, rhodopsin is transported by a conventional secretory pathway regulated by small GTPases, which function as molecular switches. Rhodopsin is synthesized at the rough endoplasmic reticulum and transported to the Golgi apparatus, where it is glycosylated. Then, rhodopsin exits the Golgi complex and reaches the trans-Golgi network (TGN), where it is specifically targeted and trafficked to the cilium (Deretic, 1998). In contrast to membrane transport between the endoplasmic reticulum and the Golgi mediated by the COPI and COPII coat proteins, rhodopsin transport from the TGN to the cilia is mediated by a different system (Lee et al., 2004).

Rhodopsin possesses a highly conserved VxPx motif in its C-terminus that is sufficient for its targeting to the OS (Chuang and Sung, 1998; Tam et al., 2000). This motif is also present in other ciliary proteins, such as polycystins 1 and 2, and the nucleotide-gated olfactory channel CNGB1b subunit (Geng et al., 2006; Jenkins et al., 2006; Ward et al., 2011). Rhodopsin contains an additional ciliary targeting signal in the cytoplasmic helix H8, the FR motif, which is also found in several other GPCRs (Corbit et al., 2005; May-Simera et al., 2017).

At the TGN and after maturation, rhodopsin is incorporated into rhodopsin transport carriers (RTCs) and a ciliary targeting module is formed. First, a member of the Arf family of G-proteins that regulate membrane transport, Arf4-GTP, binds the VxPx motif, and the Arf GTPase activating protein (GAP) ASAP1 recognizes the FR motif. Next, FIP3 and Rab11-GTP are recruited to the complex by ASAP1, forming the ciliary targeting module. FIP3 is a dual Arf/Rab11 effector that may function as a coordinator of Arf4 and Rab11 activities while Rab11 is a small GTPase. ASAP1 induces membrane deformation through its BAR domain and, at the same time, mediates GTP hydrolysis of Arf4, resulting in the release of Arf4-GDP from the complex (Figure 3A) (Mazelova et al., 2009a; Deretic and Wang, 2012).
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FIGURE 3. Transport of ciliary proteins in photoreceptor cells. (A) Rhodopsin is transported from the trans-Golgi network (TGN) to the rod outer segment by a conventional secretory pathway regulated by small GTPases. Many ciliary protein complexes are involved in this process, performing different roles in trafficking that enable rhodopsin docking and transport through the connecting cilium to the ciliary membrane. Note the location of the USH protein complex formed by USH1G, USH2D, USH2A, and USH2C subunits. (B) The proposed model for the cycle of the IFT complexes in photoreceptors is based on flagella and primary cilium as well as cryo-EM structural models (Liang et al., 2014; Roberts, 2018; Toropova et al., 2019). IFT-B trains (responsible for anterograde trafficking) are assembled at the base of the cilium and move along the outer segment axoneme to the tip, where they are disassembled. Then, IFT-A trains are assembled at the tip and enable retrograde trafficking until they reach the base of the cilium, where they are disassembled to begin another trafficking cycle. Numbers in each panel indicate the sequence of transport steps. In all images, only selected proteins are represented, for the sake of clarity. (C) Transport and delivery of lipidated proteins from the endoplasmic reticulum (ER) to the outer segment is assisted by trafficking chaperones (PDE6D and UNC119b) and regulated by small GTPases (e.g., ARL3). (Figure created with BioRender.com).


Once Arf4 exits the ciliary targeting module, the rhodopsin C-terminal cytoplasmic tail is free to bind the dynein light chain Tctex-1. Then, cytoplasmic dynein carries RTCs from the Golgi to the base of the cilium along the microtubules, which nucleate from the basal body, toward their minus ends (Tai et al., 1999).

Along the vesicle’s route toward the basal body, ASAP1 recruits the small GTPase Rab8-GDP and its guanine nucleotide exchange factor (GEF), Rabin8, to the complex (Figure 3A). Rabin8 then promotes nucleotide exchange on Rab8-GDP, thus becoming Rab8-GTP (Deretic and Wang, 2012; Pearring et al., 2013). Interestingly, in addition to Rabin8, photoreceptors present a supplementary Rab8 GEF, Retinitis Pigmentosa GTPase Regulator (RPGR), located at the connecting cilium. RPGR facilitates Rab8 GDP/GTP exchange at a slightly slower rate than that of Rabin8, and mutations that disrupt its GEF activity cause X-linked RP. The existence of two Rab8 GEFs implies that the OS may need additional levels of Rab8 control to maintain its elevated level of vesicular ciliary traffic, as activated Rab8 plays a critical role in docking and fusion of the RTCs at the periciliary membrane (Murga-Zamalloa et al., 2010). Activated Rab8 binds to the exocyst complex subunit SEC15, which then interacts with SEC10. SEC10 is associated with the rest of the exocyst complex. This results in bringing RTCs to the base of the cilium. The exocyst complex is placed there by the small GTPase Cdc42, and tethers to the periciliary membrane (Lobo et al., 2017; Malicki and Johnson, 2017). Vesicle fusion with the periciliary membrane is mediated by SNARE protein complexes, specifically Syntaxin 3 and SNAP25, by bridging the opposing membranes and bringing them into proximity (Mazelova et al., 2009b).

Other connecting cilium proteins have been observed to modulate Rab8 ciliary localization, such as CC2D2A and RPGRIP1 (Bachmann-Gagescu et al., 2011; Raghupathy et al., 2017). Most probably, CC2D2A provides a specific docking point for ciliary-targeting vesicles at the base of the cilium by organizing the vesicle fusion machinery at the periciliary membrane. First, Rab8, which is coating the RTCs, binds to MICAL3, which in turn associates with the centrosomal protein NINL. NINL also interacts with the cytoplasmic dynein complex, linking the carrier vesicles and the motor that is responsible for the movement along the microtubules. Then, NINL binds CC2D2A at the base of the connecting cilium, conferring the specificity of the docking station. Concurrently, CC2D2A localization to the connecting cilium is needed for proper positioning of SNAP25 to the periciliary membrane. Finally, MICAL3 redox activity induces the remodeling of the complex and results in vesicle fusion and cargo release into the periciliary membrane (Grigoriev et al., 2011; Bachmann-Gagescu et al., 2015b; Ojeda Naharros et al., 2017).

Furthermore, it has been proposed that IFT20 may indirectly bind Rab8 or interact with Rabin8, thus participating in the transport and delivery of ciliary membrane proteins, including rhodopsin, from the Golgi apparatus to the ciliary base. There, IFT20 and the protein cargo would engage with the rest of the IFT complex in order to transport the targeted proteins through the connecting cilium and into the photoreceptor outer segment via ciliary trafficking, which will be further explained below in section “IFT- and BBSome-Mediated Trafficking” (Sedmak and Wolfrum, 2010; Crouse et al., 2014; Wang and Deretic, 2014).

Rhodopsin molecules are further transported through the connecting cilium, within the ciliary membrane, to the site of disk morphogenesis. This transport may probably be conducted by the motor proteins kinesin-II, a microtubule-dependent anterograde IFT subunit, and myosin VIIa, an actin-dependent motor molecule (Figure 3A) (Liu et al., 1999; Wolfrum and Schmitt, 2000; Williams, 2002; Chadha et al., 2019). Recently, USH syndrome protein network at the periciliary region has been linked to anterograde IFT by direct interaction between USH1G (SANS) and the IFT-B complex subunits, further elucidating the role of USH protein complex in ciliary transport. The periciliary transmembrane proteins USH2A and USH2C (the latter also known as GPR98, VLGR1, or ADGRV1) bind to USH2D by their intracellular domains, and USH2D, in turn, interacts with USH1G in the cytoplasm of the inner segment (Figure 3A) (Maerker et al., 2008). USH1G had been previously associated with rhodopsin cargo vesicles by its interaction with cytoplasmic dynein (Papal et al., 2013) and a recent study showed that the USH protein complex would transfer cargos from the cytoplasmic dynein transport module to the ciliary transport machinery propelled by myosin VIIa and/or kinesin-II motors (Sorusch et al., 2019).

Additionally, an alternative or complementary molecular model was described for ciliary transport of membrane cargos, such as rhodopsin, through the connecting cilium. In this model, ciliary transport is mediated by a non-vesicular ternary import complex comprised by transportin1 (TNPO1), Rab8-GDP and the ciliary membrane cargo, localized to the periciliary membrane. First, Rab8-GDP binds the ciliary targeting signal of the targeted protein and this further recruits TNPO1 to the complex. Next, the ternary import complex translocates across the membrane diffusion barrier that represents the connecting cilium, this process being facilitated by TNPO1. After translocation, cilium-localized GEFs exchange GDP for GTP on Rab8, resulting in the disassembly of the ternary complex and the release of the cargo to the ciliary membrane (Madugula and Lu, 2016).

Therefore, it is plausible to think that the interplay and cooperation between discrete and dynamic protein complexes, which accomplish slightly distinct roles in ciliary transport, may culminate in the docking and transport of selected proteins along photoreceptor cilia.



Transport of Membrane Proteins Lacking Cilia-Targeting Motifs

It was hypothesized the VxPx motif was a general ciliary targeting signal for membrane proteins in photoreceptors. Nevertheless, it has only been described for the photoreceptor-specific retinol dehydrogenase (prRDH), apart from the opsins (Luo et al., 2004). Thus, alternative motifs and transport pathways seem to be responsible for ciliary protein cargo delivery at the outer segment.

Unlike the nucleotide-gated olfactory channel CNGB1b subunit, the visual CNGB1a subunit lacks a VxPx motif and its transport to the outer segment is directed by Ankyrin-G, a membrane adaptor that directly binds the C-terminus of CNGB1a (Jenkins et al., 2006; Kizhatil et al., 2009).

Several outer segment proteins without ciliary targeting sequences are co-transported in a complex with rhodopsin. This is the case of the progressive rod-cone degeneration protein (PRCD), whose function is unknown, and guanylate cyclase-1 (GC-1), a critical component of the phototransduction machinery (Pearring et al., 2015; Spencer et al., 2016). In bovine retinal extracts, co-immunoprecipitation assays detected IFT-cargo complexes containing rhodopsin, GC1 and the chaperone proteins MRJ and HSC70. Both chaperones interact with IFT88, loading the protein cargo into the IFT-B trains for transport through the connecting cilium, as well as delivery to the nascent disks of photoreceptors (Bhowmick et al., 2009).

The abundant outer segment protein PRPH2 is mainly transported via an unconventional secretory pathway that bypasses the Golgi apparatus and, although its C-terminus is important for ciliary targeting, no targeting motif has been characterized so far, and no proteins capable of recognizing PRPH2 C-terminus have been described (Tian et al., 2014).



IFT- and BBSome-Mediated Trafficking

First described in Chlamydomonas flagella (Kozminski et al., 1993), intraflagellar transport (IFT) is a conserved transport mechanism in a diversity of motile and non-motile cilia in eukaryotic organisms, including photoreceptor cells. This process is defined as the bidirectional motor-dependent cargo transport along the axonemal microtubules from the base to the tip of the cilia, known as anterograde IFT, and back to the base, called retrograde IFT. It is critical for cilia development, maintenance and length-control, as it guarantees the assembly and the molecular turnover of ciliary components (Sedmak and Wolfrum, 2010; Khanna, 2015).


Composition of IFT Trains

Intraflagellar transport particles are organized into two large multimeric protein complexes: IFT-A, which is responsible for retrograde transport and is powered by kinesin-2 motors, and IFT-B, which is responsible for anterograde transport and is carried by dynein-2 (Cole, 2003). IFT trains are formed by more than 20 central components, arranged in subcomplexes, and the BBSome. Therefore, cargo molecules that are transported via IFT comprise the IFT machinery itself, axonemal building blocks – including tubulin and signaling molecules – and the BBSome (Prevo et al., 2017).

IFT-B complex is divided into the core (IFT-B1) subcomplex, comprising ten subunits (IFT22, 25, 27, 46, 52, 56, 70, 74, 81, and 88) and the peripheral (IFT-B2) subcomplex, composed of six subunits (IFT20, 38, 54, 57, 80, and 172). IFT52, IFT88, IFT38, and IFT57 interactions connect both subcomplexes (Taschner et al., 2016; Nakayama and Katoh, 2018). IFT-B motors are members of the kinesin-2 family and are found in heterotrimeric and homodimeric forms. The heterotrimeric kinesin-2 is composed by two motor subunits, KIF3A and either KIF3B or KIF3C, and an accessory non-motor subunit, KAP3. KIF3B and KIF3C bind KIF3A but not each other and, unlike in other tissues, they have partially redundant functions in photoreceptor cilia (Malicki and Besharse, 2012). The homodimeric kinesin-2 consists of KIF17 and it seems to be involved in distal microtubule singlet assembly in vertebrate photoreceptors as it accumulates at the distal tip of the outer segment (Bader et al., 2012).

IFT-A complex consists of the core subcomplex (IFT122, 140, and 144) that interacts with the IFT43–IFT121 dimer via IFT122. IFT139 and TULP3 are positioned on opposite sides of the IFT-A complex, IT139 interacting with the IFT43–IFT121 dimer and TULP3 interacting with the core subcomplex (Nakayama and Katoh, 2018). IFT-A is powered by dynein-2, which comprises three types of light chain shared with other dyneins (DYNLRB, DYNLL, and DYNLT) and five specific components: the motor-domain-containing heavy chain (DYNC2H1), a light chain (TCTEX1D2), a light intermediate chain (DYNC2LI1) and two intermediate chains (WDR34 and WDR60) (Toropova et al., 2019).



The BBSome

The BBSome is a stable complex that includes eight proteins (BBS1, 2, 4, 5, 7, 8, 9, and 18), encoded by causative genes of Bardet–Bield Syndrome (BBS), and the small GTPase ARL6/BBS3, which connects the complex with the ciliary membrane by its interaction with BBS1 (Jin et al., 2010; Prevo et al., 2017).

Bardet–Bield Syndrome proteins are essential for both rod and cone photoreceptor structure, function and survival (Dilan et al., 2018). The BBSome functions as an adaptor between cargo and the IFT complex, being specially required for retrograde protein ciliary trafficking and generally dispensable for protein transport into the photoreceptor outer segment (Datta et al., 2015; Liu and Lechtreck, 2018).

Furthermore, it acts as a ciliary gatekeeper in photoreceptors by preventing accumulation of non-ciliary protein in the outer segment, ensuring the compartmentalized protein distribution in photoreceptors (Hsu et al., 2017). The BBSome is negatively regulated by LZTFL1, which binds the complex to the cytoplasm and prevents its entry into the cilium, thereby regulating ciliary transport (Seo et al., 2011).

On the other hand, GPCRs and other unwanted ciliary proteins are tagged with ubiquitin chains, which are then recognized by the BBSome and removed from cilia, as has been recently reported in mammalian photoreceptors and Chlamydomonas reinhardtii (Shinde et al., 2020). Additionally, the BBSome has also been suggested to have a role in photoreceptor synaptogenesis and axonal targeting in neurons (Hsu et al., 2020).



The IFT Cycle

In broad terms, the IFT cycle can be split into four phases: first, cargo is assembled onto IFT trains near the basal body of photoreceptor cilia; next, anterograde transport to the tip of the cilia takes place; then, the IFT-B particle is disassembled, cargo is exchanged and the IFT-A train is assembled; finally, retrograde transport, back to the basal body occurs (Pearring et al., 2013).

The photoreceptor periciliary region, near the basal body, is rich in IFT proteins where they may cooperate with elements of the BBSome, to sort and deliver the ciliary membrane proteins. There, the IFT-B complex assembles and active kinesin-2 motor drives the anterograde train through the transition zone and along axonemal acetylated microtubules to the ciliary tip (Nachury et al., 2010; Sedmak and Wolfrum, 2010). The IFT-B subunit IFT74 is required for the assembling of IFT-A and IFT-B into IFT trains (Brown et al., 2015). As shown in Chlamydomonas flagella, dephosphorylation of the KIF3B subunit results in the incorporation of active kinesin-2 motor into anterograde IFT particles whereas KIF3B phosphorylation disrupts the interaction between kinesin-2 and IFT particles, leading to IFT train dissociation and cargo release (Figure 3B) (Liang et al., 2014).

Inhibited dynein-2 is transported to the ciliary tip as a passive cargo of IFT-B. According to cryo-EM structural studies, disassembly of the anterograde IFT train at the ciliary tip results in the destruction of the binding site for inhibited dynein-2, which uncovers an activating binding site for the IFT-A motor and enables its reconfiguration for retrograde transport. Then, IFT subunits are reassembled into retrograde trains, which carry the IFT-B complex with inactive kinesin-2 as a passive cargo, and move toward the base of the cilium, where they are disassembled to start another cycle of transport (Figure 3B) (Roberts, 2018; Toropova et al., 2019). Recent studies in BBSome-defective cells have shown that the BBSome is required for retrograde trafficking and/or ciliary exit of GPCRs, whereas defects in this complex do not impair anterograde transport (Nakayama and Katoh, 2018; Nozaki et al., 2018).

In the conventional IFT pathway, the IFT cargo is transported all along the axoneme and delivered at the ciliary tip. In photoreceptors, however, the cargo is delivered and incorporated into the growing disks, which means that the IFT machinery is only required for cargo transport from the basal body to the base of the outer segment (Figure 3A). Then, IFT trains move beyond the outer segment base to permit the switch from kinesin to dynein motors at the axoneme tip. The ensuing return of the IFT complex to the basal body via retrograde transport enable the recycling of the IFT components (Pearring et al., 2013).



Delivery of Lipidated Proteins to the Outer Segment

Lipid modifications enable the association of many outer segment signaling proteins with disk membranes. Transport and delivery of lipidated cargo proteins to the photoreceptor outer segment is assisted by lipid-binding proteins that function as trafficking chaperones, and enable the diffusion of lipidated proteins through the photoreceptor cytoplasm by protecting the lipid fraction within a hydrophobic pocket (Pearring et al., 2013). In photoreceptors, two trafficking chaperones, PDE6D and UNC119b, have been identified. PDE6D (also known as PrBP/δ, originally thought to be the δ-subunit of the cGMP phosphodiesterase PDE) interacts with prenylated proteins such as PDE6, and farnesylated proteins like GRK1 (Zhang et al., 2007). UNC119b is an acyl-binding protein that interacts with the α-subunit of transducin, Gαt (Zhang et al., 2011).

After synthesis, lipidated proteins remain transiently associated with the endoplasmic reticulum where they are post-translationally modified. There, the trafficking chaperones UNC119b and PDE6D bind their respective cargoes and exit the endoplasmic reticulum in a soluble, diffusible complex toward the cilium (Constantine et al., 2012; Hanke-Gogokhia et al., 2016). Next, ARL3-GTP, which has been previously activated by its GEF, ARL13B, in the outer segment, is recruited to the complex (Gotthardt et al., 2015). Consequently, lipidated cargo leaves the complex and associates with the ciliary membrane (Fansa et al., 2016; Hanke-Gogokhia et al., 2016). In fact, binding of both small GTPases ARL3 and ARL2 can release cargo from PDE6D, whereas only ARL3 can bind and release protein cargo from UNC119b (Ismail et al., 2011, 2012). RP2, which is localized to the basal body, interacts with the complex comprised by the trafficking chaperone and ARL3-GTP, and functions as a GAP, inducing ARL3 GTPase activity. GTP hydrolysis results in complex dissociation and the trafficking chaperones and ARL3-GDP exit the cilium to begin another transport cycle (Figure 3C) (Wright et al., 2011; Gotthardt et al., 2015).



Light-Dependent Translocation of Signaling Proteins Into the Outer Segment

As mentioned, different mechanisms are used to transport proteins to the photoreceptor outer segment. Signaling proteins that depend on the light-dark cycle are translocated to the outer segment by mediated-diffusion. The base of the outer segment might not act as a selective barrier for soluble proteins according to studies with transgenic animals expressing GFP, in which soluble proteins quickly equilibrated between the outer segment and the inner segment by free diffusion through the connecting cilium (Calvert et al., 2010). Interestingly, further research revealed that this passive diffusion of soluble proteins is conditioned by steric volume exclusion. This phenomenon postulates that the three-dimensional conformation of a given molecule and the architecture of the aqueous space differently reduces the aqueous volume available to the protein and, consequently, regulates its entrance to distinct cellular compartments (Najafi and Calvert, 2012; Najafi et al., 2012).

Due to the cytoplasmic thickness between disks, which is equivalent to the size of average proteins, the phenomenon of steric volume exclusion is remarkable in photoreceptor outer segment. This effect is particularly relevant for the light-dependent translocation of signaling proteins such as recoverin, transducin, and arrestin (Najafi and Calvert, 2012; Pearring et al., 2013). However, diffusion alone cannot justify the directionality of phototransduction protein translocation as it would result in equilibration of these soluble proteins throughout the whole cytoplasm of photoreceptors, which is not the case. Consequently, their translocation is the product of the combination of diffusion and a mechanism of light-dependent retention in particular subcellular compartments, which differs from the conventional ciliary trafficking pathway involving the IFT complex (Pearring et al., 2013).

Recoverin is a Ca2+-binding protein with dual functions: in the outer segment it regulates the activity of rhodopsin kinase (RK), whereas in the synaptic terminals it modulates photoreceptor synaptic output (Klenchin et al., 1995; Sampath et al., 2005; Chen et al., 2012). In dark-adapted rods, recoverin is distributed along all subcellular compartments (Figure 4A). Sustained illumination induces its translocation from the outer segment to synaptic terminals, while other compartments remain almost unaltered (Strissel et al., 2005). The proposed mechanism that explains recoverin light-dependent redistribution is that, upon illumination, Ca2+ levels decrease in the outer segment and recoverin changes its conformation from the Ca2+-bound form – which possesses high membrane affinity – to its soluble Ca2+-free configuration. This would result in its dissociation from disk membranes, its diffusion through the connecting cilium and its re-association with membranes in cellular subcompartments where Ca2+ concentration is higher (Figure 4A) (Pearring et al., 2013).
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FIGURE 4. Light-dependent translocation of signaling proteins. (A) In dark-adapted rods (top panel), recoverin is bound to Ca2+ and distributed along all subcellular compartments; in the outer segment, recoverin sequesters rhodopsin kinase. After light exposure (bottom panel), Ca2+ levels decrease in the outer segment and recoverin modifies its conformation to a Ca2+-free soluble form. This results in recoverin dissociation from disk membranes and its diffusion from the outer segment through the connecting cilium to other cellular compartments with higher Ca2+ concentrations, where it binds the cytoplasmic membrane. (B) In dark conditions (top panel), transducin subunits Gαt-GDP and Gβtγt are transported by the trafficking chaperones UNC119a and PDE6D, respectively, to the outer segment. There, the heterotrimer transducin binds to disk membranes. In light conditions (bottom panel), photoexcited rhodopsin induces GPD/GTP exchange in the Gαt subunit, resulting in heterotrimer dissociation and diffusion to the inner segment. Gαt translocation is assisted by phosducin. Once in the inner segment, GTP is hydrolyzed, causing Gαt-GdP and Gβtγt re-association and binding to the cytoplasmic membrane. (C) In dark conditions (top panel), arrestin is mostly found at the inner segment and the small fraction contained within the outer segment is sequestered by BBS5. Upon light exposure (bottom panel), activated arrestin can follow two independent pathways to interact with activated rhodopsin (pathways “a” and “b”). One pathway involves photoexcited rhodopsin interacting and activating phospholipase (PLC), which in turn activates protein kinase C (PKC). Activated PKC then phosphorylates BBS5, resulting in the release of arrestin, which can now diffuse freely and interact with activated rhodopsin (“1a” to “5a” steps). Alternatively, arrestin diffuses from the inner segment into the outer segment and binds to photoexcited rhodopsin (“1b” to “3b” steps). Numbers in each panel indicate the sequence of transport steps. In all images, only selected proteins are represented, for the sake of clarity. (Figure created with BioRender.com).


Transducin is a G protein that mediates visual signaling between photoexcited rhodopsin (R∗) and the photoreceptor phosphodiesterase (PDE6), which is the central effector enzyme in the phototransduction cascade, and helps rods to yield considerably amplified photoresponses (Arshavsky and Wensel, 2013). In the dark, transducin translocation to the outer segment is assisted by the trafficking chaperones UNC119a and PDE6D. There, heterotrimeric transducin binds to disk membranes with high affinity thanks to lipid modifications (Figure 4B) (Constantine et al., 2012). Light exposure causes rhodopsin photoexcitation that binds to transducin and induces its activation by means of the separation of the GTP-bound Gαt subunit from the non-dissociable Gβtγt subunit. This reduces the membrane affinity of transducin subunits and leads to the dissociation of both Gαt and Gβtγt from disk membranes. Then, transducin translocation from rod outer segment to other cellular subcompartments is facilitated by dephosphorylated phosducin (Sokolov et al., 2004). Once in the inner segment and synaptic terminals, Gαt is converted into the GDP-bound state, associates with Gβtγt and the heterotrimer binds to the cytoplasmic membrane (Figure 4B) (Constantine et al., 2012).

Arrestin follows the opposite movement to that of transducin and it contributes to photoresponse deactivation by interacting with R∗ and thereby ceasing transducin activation (Broekhuyse et al., 1985). In dark-adapted outer segments, arrestin is mainly found at the inner segment and only a small fraction is contained within the outer segment (Figure 4C). Light-induced translocation to the outer segment is proposed to be triggered by an intracellular signal downstream from the phototransduction cascade, which releases arrestin from its low affinity binding sites in the IS and results in its subsequent equilibration between the photoreceptor IS and outer segment by diffusion (Pearring et al., 2013). Activation of phospholipase C (PLC) and protein kinase C (PKC) downstream of rhodopsin appears to start arrestin translocation (Orisme et al., 2010). Furthermore, arrestin was found to directly interact with BBS5, retaining outer segment arrestin along the axoneme and preventing its function. Upon light exposure, PKC phosphorylates BBS5, which then releases arrestin and enables its free diffusion to bind activated rhodopsin (Figure 4C) (Smith et al., 2013).



RETINAL CILIOPATHIES AND DEFECTS IN CILIARY TRANSPORT

Defects in ciliary genes can cause dysfunction of the cilium resulting in ciliopathies, a broad group of genetically and phenotypically heterogeneous inherited disorders. Retinal disease is a frequent phenotype due to the highly specialized neurosensory cilium that photoreceptors possess (Table 1). Retinopathies can be developed as a consequence of incorrect ciliogenesis or defective ciliary transport of signaling or structural proteins, and the existence of many causative genes for retinal ciliopathies highlights the diversity of protein functions necessary for normal photoreceptor functioning.


TABLE 1. Inherited ciliopathies with retinal involvementa,b,c.
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To date, mutations in more than 100 ciliary genes have been associated with retinal dystrophies (Supplementary Table 1 and Figure 2), accounting for almost 25% of retinal disease (Chen et al., 2019). At least, half of the ciliary genes related to retinal disease are involved in ciliary transport, probably due to the high protein demand of photoreceptor outer segments, which requires efficient import and export of proteins. Depending on the function of the gene product, the mutation type, the site of mutation within the gene, and even genetic modifiers, retinal ciliopathies can present different phenotypic manifestations that are classified into two groups: non-syndromic retinal ciliopathies – in which only retinal degeneration is described because functional defects are exclusively confined to photoreceptor cilia – and syndromic retinal ciliopathies – which are accompanied with phenotypes in other tissues due to a broader range of ciliary disruption. In this section, we are going to focus exclusively on genes that are related to ciliary transport.


Non-syndromic Retinal Ciliopathies

Some mutations in ciliary genes appear to exclusively disrupt photoreceptor function and compromise its survival, thus causing non-syndromic retinal ciliopathies. Depending on the photoreceptor type that is primarily affected, non-syndromic retinal ciliopathies present different clinical manifestations.


Retinitis Pigmentosa

Retinitis pigmentosa (RP, MIM 268000) is the most common inherited retinal dystrophy with a worldwide prevalence of 1:4,000 in its non-syndromic form (Verbakel et al., 2018). It is characterized by the primary degeneration of rod photoreceptors and the secondary loss of cone photoreceptors. Consequently, patients initially develop night blindness and difficulty with dark adaptation, which further progress to peripheral and dim light visual defects in dim light and a gradual reduction of central vision when cones start being affected (Verbakel et al., 2018).

Retinitis pigmentosa can follow all patterns of Mendelian inheritance and its severity correlates with its type of inheritance, autosomal dominant RP presenting the best long-term prognosis whereas X-linked RP has the most severe degenerating process (Hamel, 2006; Verbakel et al., 2018).

It has been estimated that ciliary genes represent near 40% of RP genetic causes. Mutations in many of these genes can also result in syndromic ciliopathies with RP as one of the characteristic clinical features, as it is the case in Usher and Bardet–Biedl syndromes (Estrada-Cuzcano et al., 2012b). For instance, mutations in USH2A are one of the most frequent causes of autosomal recessive RP but can also result in Usher syndrome (Lenassi et al., 2015). Other important ciliary genes in RP are RP1, associated with autosomal dominant RP, and RPGR and RP2, both causative genes of X-linked RP (Sullivan et al., 1999; Megaw et al., 2015).

RPGR is mutated in 70–90% of X-linked RP patients, accounting for 10–20% of all RP cases (Megaw et al., 2015). Mutations in RPGR have also been associated with cone-rod dystrophy (CORD) and X-linked atrophic macular degeneration (Ayyagari et al., 2002; Shu et al., 2007). Rpgr mutant mice have been generated as a model of X-linked RP and they recapitulate the progressive degeneration of photoreceptor. This phenotype is due to defects in ciliary transport. RPGR-defective mouse retinas exhibit mislocalization of cone opsins and reduced rhodopsin levels in rods, evidencing the role of the connecting cilium protein RPGR in the maintenance of the polarized protein distribution by regulating directional protein transport and/or cargo sorting (Hong et al., 2000; Brunner et al., 2010; Thompson et al., 2012). Interestingly, an early onset cone-rod degeneration was observed in the mutant individuals of the BALB/c line, which suggests the existence of genetic modifiers. This mutant strain is a model for cone-rod degeneration due to RPGR mutations (Brunner et al., 2010).

Rp2 knockout mice also mimic X-linked RP. Their photoreceptors have a constantly high concentration of hyperactive ARL3-GTP as RP2 is not present to induce ARL3 GTPase activity and, consequently, its inactivation. The hyperactive ARL3-GTP promotes PDE6D closed conformation, preventing the trafficking chaperone to interact with its cargo and, thereby, hampering ciliary import of lipidated proteins such as GRK1 and PDE6 (Baehr, 2014; Zhang et al., 2015). Additionally, it has been recently proposed that in cones, RP2 may modulate the availability of proteins that are implicated in shedding of cone outer segments by controlling their ciliary import (Li et al., 2019).



Cone-Rod Dystrophy (CORD, MIM 120970)

Cone-rod dystrophy (MIM 120970) is a progressive cone degenerating disorder (prevalence of 1:30,000–1:40,000, Estrada-Cuzcano et al., 2012b). It is characterized by the primary loss of cone photoreceptors, closely followed by or simultaneous with rod degeneration (Hamel, 2007). Clinical symptoms become noticeable during primary school years and comprise photo aversion, diminished visual acuity, color vision defects and reduced sensitivity of the central visual field. As rod photoreceptors become also affected, patients may also display night blindness and loss of peripheral vision (Estrada-Cuzcano et al., 2012b). CORD can follow all types of Mendelian inheritance and appear as an isolated disorder or forming part of a syndromic case (Roosing et al., 2014b). So far, mutations in 14 ciliary genes have been identified in CORD patients, the most relevant ones being C8orf37, RPGR, and RPGRIP1, and many of them are involved in ciliary transport (Gill et al., 2019). In this context, it is remarkable that one Rpgr mutation has been reported to cause different retinal dystrophies (either RP or CORD) depending on the mouse genetic background, thus implying the existence of specific genetic modifiers with an impact on ciliary transport in different photoreceptor cell types (Brunner et al., 2010).



Leber Congenital Amaurosis

Leber congenital amaurosis (LCA, MIM 204000) is the most severe retinal dystrophy, since patients suffering from profound vision impairment before their first year of age (prevalence 1:30,000 and 1:81,000) and it generally follows an autosomal recessive Mendelian pattern of inheritance (Koenekoop, 2004; den Hollander et al., 2008).

Based on genetics and ocular phenotypes, LCA is classified in thirteen different types. Mutations in ciliary genes represent around 25% of disease-causing genes. In fact, mutations in CEP290, a key element of the ciliary diffusion barrier at the transition zone, are the most common causes of LCA in some populations (Chung and Traboulsi, 2009; Estrada-Cuzcano et al., 2012b). LCA5 is also an important LCA causative gene and it encodes the connecting cilium protein lebercilin, which participates in IFT transport. Leberlicin has been reported to interact with IFT complexes and when mutated, ciliary trafficking is perturbed (den Hollander et al., 2007; Boldt et al., 2011).

In Lca5 mutant mice, photoreceptors display partial mislocalization of opsins and reduction of light-induced translocation of arrestin to the outer segments. Defective ciliary trafficking due to the inability of lebercilin to interact with the IFT machinery results in early onset photoreceptor degeneration in Lca5 mutant mice, mimicking the LCA phenotype (Boldt et al., 2011). In a recent study, lca5–/– zebrafish photoreceptors presented an abnormal distribution of Ift88, which is in agreement with lebercilin interacting with the IFT machinery (Qu et al., 2019).

Mutations in RPGRIP1 can cause RP, CORD, and LCA in humans. In mouse photoreceptors, RPGRIP1 localizes predominantly to the connecting cilium and it is required for rod outer segment development and ciliary targeting of RPGR, NPHP4, and SDCCAG8, all of them associated with retinal ciliopathies (Won et al., 2009; Patil et al., 2012). Rpgrip1 mutant mice show deficient rod outer segment morphogenesis whereas cone outer segments initially form but degenerate rapidly, which suggests that the role of RPGRIP1 in outer segment development is different between cones and rods (Won et al., 2009). rpgrip1 null zebrafish exhibit similar phenotypes to those observed in juvenile RP patients and LCA. rpgrip–/– photoreceptors display mislocalization of opsins and, interestingly, also of Rab8, a key player in rhodopsin-carrying vesicle transport. Thus, at least in zebrafish, Rpgrip1 is also necessary for Rab8 localization to the cilium and, consequently, rhodopsin transport (Raghupathy et al., 2017).

Mutations in IFT38, a component of the IFT-B complex, are also associated with LCA in humans. Ift38 knockout mice are embryonically lethal due to loss of primary cilia, which resulted in disruption oft Sonic hedgehog signaling during embryonic development (Pasek et al., 2012). In zebrafish, ift38 mutants exhibit normal development of photoreceptor cells, followed by progressive photoreceptor degeneration caused by alterations in ciliogenesis, a phenotype that resembles the LCA phenotype in humans much more than the embryonic lethality in mutant mice (Lee et al., 2014).



Macular Dystrophy

Mutations in two ciliary genes (RPGR and RP1L1), both localized in the connecting cilium, have been described in patients with macular dystrophies.

RP1L1 is a structural component of the ciliary axoneme required for proper organization and structure of the photoreceptor outer segments (Yamashita et al., 2009). Defects in RP1L1 cause occult macular dystrophy (OCMD, MIM 613587), an autosomal dominant macular dystrophy. OCMD is characterized by a gradual decrease in visual acuity due to the progressive loss of macular function even though ophthalmoscopic appearance is normal (Akahori et al., 2010; Fujinami et al., 2016).

Regarding RPGR, 3% of mutations in this ciliary gene have been associated with X-linked atrophic macular degeneration (MIM 300834) (Ayyagari et al., 2002; Shu et al., 2007). Patients with X-linked atrophic macular degeneration show progressive central vision loss with minimal peripheral visual impairment even in advancing age (Ayyagari et al., 2002).



Syndromic Retinal Ciliopathies

Retinal degeneration is a frequent phenotype of an extensive variety of syndromic ciliopathies in which multiple cell types and tissues are affected due to ciliary dysfunction. Many ciliopathies have overlapping phenotypes and there is no clear genotype–phenotype correlation in most of them, as mutations in the same gene can cause different syndromes. Therefore, it exists an underlying complexity between a ciliary gene and associated ciliopathies.


Alström Syndrome

Alström syndrome (AS, MIM 203800) is a rare, autosomal recessive disorder (prevalence 1:1,000,000–9:1,000,000) caused by mutations in ALMS1, a broadly expressed gene whose gene product is a component of the centrosome and has been proposed to be involved in ciliary transport and cell cycle regulation (Collin et al., 2002; Hearn et al., 2002, 2005; Marshall et al., 2015; Hearn, 2019). AS patients present progressive vision loss due to CORD, sensorineural hearing loss, childhood obesity and diabetes mellitus type 2 (Marshall et al., 2005, 2007). Even though there is one causative gene, the ocular phenotype is quite variable and different ocular cell types may be affected, which suggests that cilia are crucial for multiple aspects of visual function (May-Simera et al., 2017).

ALMS1 seems to have multiple functions, which would explain the phenotypic complexity of AS. Alms1 mutant mice mimicked AS patients’ phenotypes. In ALMS1-deficient photoreceptors, rhodopsin partly mislocalizes and vesicles accumulate in the inner segment, which indicates that ALMS1 participates in the shift from vesicular transport to intraciliary trafficking at the base of the connecting cilium (Collin et al., 2005; Hearn, 2019).



Bardet–Biedl Syndrome

Bardet–Biedl syndrome (BBS, MIM 209900) is an autosomal recessive cilia-related disorder characterized by CORD, renal abnormalities, obesity, polydactyly, hypogonadism, intellectual disability, and behavioral dysfunction (Beales et al., 1999). It has a prevalence of approximately 1:100,000 in Europe and North America, but it is more frequent in particular isolated communities (Forsythe et al., 2018). BBS is caused by mutations in more than 20 identified genes that lead to defects in the assembly, composition or localization of the BBSome, thus resulting in the loss or anomalous accumulation of ciliary proteins due to deficient ciliary trafficking (Nachury et al., 2007; Forsythe et al., 2018; Liu and Lechtreck, 2018).

Most BBS model organisms that present retinal phenotypes show aberrant localization of rhodopsin to the inner segment, outer segment disorganization and progressive photoreceptor degeneration. Animal models deficient for any BBS protein share a similar retinal degeneration phenotype. As shown in a Lztfl1 mutant mouse model, this photoreceptor degeneration is probably due to the mislocalization and accumulation of non-outer segment proteins in the outer segment, pointing to the loss of compartmentalization, rather than defects in protein import to the outer segment. Therefore, these results further support that the BBSome is a ciliary gatekeeper or participates in retrograde protein trafficking (Datta et al., 2015).



Joubert Syndrome

Joubert syndrome (JBTS, MIM 213300), a recessive developmental disorder with a high clinical and genetic variability, is caused by mutations in more than 30 genes (prevalence 1:50,000–1:100,000). It is characterized by congenital defects of the central nervous system, ataxia, intellectual disability, hypotonia, neonatal breathing difficulties and abnormal eye movements. Less frequently, patients may present in addition retinal degeneration and renal anomalies (Dilan et al., 2019; Bachmann-Gagescu et al., 2020). The molecular function of JBTS proteins is diverse, some proteins localizing to the ciliary axoneme, others to the transition zone or the basal body, but all of them are involved in ciliogenesis or ciliary function (Hua et al., 2017). Most mutations causing JBTS affect genes that belong to the MKS module of the transition zone, including TMEM67, CC2D2A, and AHI1 (Bachmann-Gagescu et al., 2015a; Vilboux et al., 2017).

Ahi1 null mice show cilium-specific vesicular defects probably caused by a reduction of Rab8a levels in photoreceptor cells, indicating that Ahi1 is important for its stabilization. Ahi1–/– mice present retinal degeneration that is consistent with the ocular phenotype of JBTS patients (Westfall et al., 2010). Animal models of TMEM67 and CC2D2A will be explained in the following section as the manifested phenotypes are more in association with MKS.



Meckel–Gruber Syndrome

Meckel–Gruber syndrome (MKS, MIM 249000), the human ciliopathy presenting the most severe clinical manifestations, is an autosomal recessive developmental condition that frequently leads to embryonic or perinatal lethality due to dysfunction of primary cilia during early embryogenesis. It shows an extensive clinical heterogeneity and some of the main symptoms include malformations of the central nervous system, cystic renal disease, hepatic abnormalities, congenital heart defects, polydactyly and ocular alterations (MacRae et al., 1972; Braun and Hildebrandt, 2017). Currently, 13 different causative genes have been identified and most of the proteins that are associated with MKS are found at the transition zone (Garcia-Gonzalo et al., 2011; Sang et al., 2011; Szymanska et al., 2015). Mutations in TMEM67 are responsible for 16% of all MKS cases, being the most common cause of this ciliopathy, followed by MKS1 mutations, which account for 7% of MKS cases (Hartill et al., 2017). Both MKS1 and TMEM67, which are reciprocal interactors, have been found to be required for ciliogenesis and work together with the BBSome to assist ciliary trafficking of particular transmembrane receptors (Dawe et al., 2007; Goetz et al., 2017). Tmem67 mouse mutants display abnormal photoreceptor outer segments that lack rhodopsin due to alterations in the movement of ciliary proteins through the connecting cilium. TMEM67-deficient photoreceptor cells degenerate early and rapidly and mutant mice develop features similar to the retinal phenotype in MKS patients (Collin et al., 2012).

Mutations in CC2D2A can cause non-syndromic RP and CORD or syndromic ciliopathies such as JBTS, MKS and COACH. Cc2d2a–/– mice mimic Meckel syndrome phenotype, being embryonically lethal and exhibiting multiorgan defects due to defective ciliogenesis (Veleri et al., 2014). In cc2d2a–/– zebrafish, photoreceptors suffer from cilium-specific vesicle fusion defects due to the loss of SNAP25, Syntaxin3 and Exoc4, resulting in the accumulation of vesicles carrying opsin. In contrast to Cc2d2a knockout mice, cc2d2a–/– fish do not present defects in ciliogenesis (Ojeda Naharros et al., 2017).



Orofaciodigital Syndrome

Orofaciodigital syndrome (OFDS, 311200) comprises a group of conditions characterized by malformations of the face, oral cavity and digits. Some patients also show structural defects of the central nervous system and intellectual disability (Adams et al., 2007). OFDS type 1 (OFD1, MIM 311200) is an X-linked dominant ciliopathy caused by mutations in OFD1 gene, involved in ciliogenesis and cilia length regulation, and it is distinguished from other OFDS subtypes by adult-onset cystic kidney disease in addition to its inheritance pattern (Ferrante et al., 2001; Singla et al., 2010). Interestingly, a deep intronic mutation in OFD1 has been identified as causative of non-syndromic RP (Webb et al., 2012).



Senior–Løken Syndrome

Senior–Løken syndrome (SLS, MIM 266900), or renal–retinal dysplasia, refers to the syndromic association of juvenile NPHP (MIM 256100), an autosomal recessive cystic kidney disease with early onset retinal involvement (Braun and Hildebrandt, 2017). Usually, all patients develop ocular alterations by the age of 10 years, among them RP, which is the most frequent extra-renal phenotype of NPHP-related ciliopathies (Adams et al., 2007). As in MKS and JBTS, most SLS proteins are found at the ciliary transition zone (Ronquillo et al., 2012). Mutations in NPHP5 are the most common cause of SLS (Otto et al., 2005). NPHP5 is a centrosomal and transition zone protein which forms a distinct complex with CEP290, also reported to be mutated in SLS patients (Sayer et al., 2006; Barbelanne et al., 2013). Together, they regulate BBsome integrity and trafficking of the complex and its cargo (Barbelanne et al., 2015).

In Nphp5–/– mice, photoreceptors do not fully develop the connecting cilium and are unable to form outer segments, thus resulting in complete photoreceptor degeneration at 1 month of age (Ronquillo et al., 2016). Absence of NPHP5 results in mislocalization of BBS2 and BBS5, consequently compromising the integrity of the BBSome in hTert-RPE1 cells. Since the BBSome is dysfunctional, the IFT-dependent elongation of the axoneme is also perturbed, hence the late ciliogenesis alterations (Barbelanne et al., 2015; Ronquillo et al., 2016).

The retinal phenotype in Nphp5 mutants resembles LCA and is compatible with SLS. However, other clinical manifestations characteristic of SLS, such as kidney disease, are absent in Nphp5–/– mice, thus not fully recapitulating this human disorder. This phenomenon has also been observed in other knockout mouse models of NPHP1, NPHP4, and NPHP6, where the only conserved disease phenotype was retinal degeneration (Ronquillo et al., 2016).



Short-Rib Thoracic Dysplasia

Short-rib thoracic dysplasia (SRTD, MIM 208500), with or without polydactyly, comprises a group of autosomal recessive skeletal ciliopathies characterized by short ribs, shortened tubular bones and constricted thoracic cage, which leads to respiratory insufficiency that usually causes death in new-borns. Other non-skeletal phenotypes are cleft lip/palate, retinal degeneration and abnormalities of major organs including the brain, heart, liver, kidneys, pancreas, intestines, and genitalia. It encompasses Jeune syndrome or asphyxiating thoracic dystrophy, short rib-polydactyly syndrome, Mainzer-Saldino syndrome and Ellis-van Creveld syndrome (Huber and Cormier-Daire, 2012). Many SRTD patients present mutations in genes encoding elements of the IFT machinery. Approximately, 17 causative genes have been identified and, interestingly, mutations in some of them have also been associated with non-syndromic RP, as it is the case with IFT172 and IFT140, components of the IFT-B and IFT-A complexes, respectively (Bujakowska et al., 2015, 2017; Xu et al., 2015; Bifari et al., 2016).

Several animal models have been generated to study the pathological mechanisms due to defects in IFT proteins. In zebrafish, mutations in ift172 result in mislocalization of opsins and retinal degeneration. Photoreceptors are unable to form outer segments suggesting that ift172 plays a crucial role in the initiation of outer segment formation (Sukumaran and Perkins, 2009). In rod-specific Ift172 knockout mice, loss of IFT172 causes rapid degeneration of the retina, with abnormal localization of outer segment proteins such as rhodopsin, IFT139 and RP1, overall indicating alterations in ciliary trafficking that seriously compromise photoreceptor survival (Gupta et al., 2018).



Usher Syndrome

Usher syndrome (USH, MIM 276900) is a group of autosomal recessive disorders characterized by congenital, bilateral deafness and progressive RP. It is divided into three groups of decreasing severity and later progression of the symptoms and onset time: USH1, USH2, and USH3 (Reiners et al., 2006).

USH is the most common cause of combined hereditary deafness and blindness and it is caused by genes encoding proteins belonging to different functional families. Consequently, USH proteins have miscellaneous molecular functions, including actin-based transport, cellular adhesion, and signal transduction (May-Simera et al., 2017). Some USH proteins relevant in the retina are Myosin VII, which is the most studied USH protein in this tissue, and the periciliary membrane USH2 complex, consisting of USH2A, USH2C, and USH2D proteins (Mathur and Yang, 2015). Although USH mouse models faithfully recapitulate hearing disease, they do not mimic the retinal phenotype observed in USH patients, probably due to species-specific differences of the USH complex. In fact, only mice with mutations in Ush1c, Ush2a, or Ush2d have shown retinal degeneration (El-Amraoui and Petit, 2014).



MOLECULAR AND GENETIC COMPLEXITY UNDERLYING RETINAL CILIOPATHIES

The molecular cause of ciliopathies is remarkably complex and, although cilia are rather ubiquitously found in mammalian cells, not all mutations in ciliary genes that cause retinal degeneration are also associated with pleiotropic pathologies in other ciliated organs and vice versa (Supplementary Table 1).


Transcriptional Regulation in Non-syndromic Retinal Ciliopathies

The adult human retina presents a great transcript diversity and part of this heterogenity can be explained by the “switch-like” splicing pattern that photoreceptors display, resulting in higher inclusion levels of exons that are not found in transcripts outside the retina (Farkas et al., 2013; Murphy et al., 2016). Interestingly, many genes associated with retinal ciliopathies have retina-specific isoforms, among them transcripts encoding photoreceptor ciliary proteins (Mellough et al., 2019). Whether these retina-specific isoforms are also involved in ciliary transport or in other cellular or ciliary pathways remains to be investigated.

A very good example is TTC8/BBS8, which is mutated in BBS and presents a photoreceptor-specific isoform that includes a cassette exon, named exon 2a. When this exon is mutated, patients present non-syndromic RP. Other cell types do not express this isoform, and therefore, remain unaffected (Riazuddin et al., 2010; Murphy et al., 2015).

Mutations in ARL6/BBS3 result in BBS syndrome. However, it presents a retina-specific splice variant, named BBS3L, originated by the inclusion of an extra 13 bp exon near the 3′ end, which shifts the open reading frame, producing a different C-terminus of the protein. The BBS3L transcript is specifically needed for correct retinal function and organization and, consequently, patients with mutations exclusively affecting this isoform would be expected to develop non-syndromic RP (Pretorius et al., 2010).

RPGR also has a retina-specific transcript, which includes a large 3′ terminal exon (ORF15) that is mutated in 60% of X-linked RP patients, which highlights the functional relevance of RPGR in the retina (Vervoort et al., 2000; Megaw et al., 2015).

Secondary ciliary dysfunction can also arise as a consequence of genetic variants in spliceosomal proteins, but the effect of splicing on ciliogenesis and ciliary function genes is out of the scope of this review.



Post-translational Regulation in Retinal Ciliopathies and Ciliogenesis

Ciliary defects can also be caused by mutations in genes not directly involved in ciliary function, structure or biogenesis but in its regulation. More than 100 proteins involved in sensory cilia have been found to be controlled by ubiquitin and small ubiquitin-like modifier (SUMO) post-translational modifications, pointing that genes belonging to the ubiquitin-proteasome system (UPS) might contribute to ciliary structure and function in photoreceptors (Toulis and Marfany, 2020). Recently, Atxn3 loss of function in zebrafish and mouse models has been reported to cause retinal ciliogenesis dysregulation and photoreceptor dysfunction (Toulis et al., 2020).

So far, mutations in two UPS genes, both encoding E3 ubiquitin ligases, have been unequivocally determined as causative genes for inherited retinal ciliopathies in humans: TOPORS, causative of non-syndromic autosomal dominant RP, and TRIM32/BBS11, causative of syndromic autosomal recessive BBS (Chiang et al., 2006; Chakarova et al., 2011). These proteins localize to the basal body. While TRIM32 regulates the stability of NPHP7 (Ramachandran et al., 2014), the retinal substrate of TOPORS is yet to be determined although physical association with dynactin subunits suggests that it might regulate ciliary transport (Chakarova et al., 2011).

Interestingly, together with RP1, TOPORS is one of the only two ciliary genes associated with autosomal dominant RP (Sullivan et al., 1999; Chakarova et al., 2007). Mutations in TOPORS cause premature protein truncation and, therefore, haploinsufficiency has been proposed as the pathogenic cause. As ciliary proteins work in multiprotein complexes, haploinsufficiency due to the disruption of one allele might be partially compensated by a different member of the complex. Therefore, for most proteins of the complex, phenotypes would be recessive and require mutations of the two alleles. Conversely, mutations in different genes of the same complex (e.g., BBSome and NPHP-JBTS-MKS complexes) may cause overlapping or highly similar phenotypes (Estrada-Cuzcano et al., 2012b). However, these two ciliary proteins seem to be particularly critical in photoreceptors as defects in only one allele highly compromise retinal function while other ciliated organs remain unaffected.



Ciliopathy Severity by Different Type or Combination of Genetic Mutations

In some cases disease severity can be explained by the primary disease-causing mutation or the position of a mutation within the gene, resulting in null, hypomorph or dominant-negative alleles that alter functional modules in different ways and even in different cell types. According to this, it would be expected that loss-of-function variants had a higher impact on the retina – as a highly sensitive tissue – than in other ciliated tissues, explaining why mutations in ciliary genes can cause non-syndromic retinal ciliopathies. On the other hand, gain-of-function variants or dominant-negative alleles would greatly disrupt ciliary function and result in cilia dysfunction in most ciliated tissues. However, these expectations are not fulfilled in many cases, and therefore, establishing genotype-phenotype correlations in retinal ciliopathies is often difficult. Nevertheless, ciliopathy genes are good candidates to cause inherited retinopathies and, currently, multigene panels for molecular diagnosis of inherited retinal dystrophies include ciliopathy genes in the mutational screening.

Furthermore, animal models have demonstrated that combinations of ciliopathy alleles are not necessarily associated with more severe phenotypes, revealing that ciliary proteins establish intricate relationships. For example, mouse Dync2h1 mutants had milder phenotypes when harboring heterozygous loss of Ift172. Dync2h1 is involved in retrograde IFT while Ift172 participates in anterograde IFT, thus suggesting that the equilibrium was partially restored due to the neutralization or compensation of two opposite dysfunctions. However, knockdown of Ift122, which is part of the IFT-A complex, was also able to rescue the Dync2h1 phenotype, reinforcing the idea of complexity in the interactions of ciliary proteins (Ocbina et al., 2011). Another study also found that heterozygous disruption of Mkks, a BBS chaperonin protein, in Cep290rd16/rd16 mice ameliorated the sensory cilia defects, and vice versa (Rachel et al., 2012).

Indeed, the same mutation in the same gene can result in a heterogeneity of disorders, from different syndromic ciliopathies to isolated forms of retinal ciliopathies, implying there are more players involved in the phenotype. Cases in which cis-acting regulators of expression or trans-acting epistatic modifier alleles may be the origin of phenotypic variation are reported for BBS1 and IFT172. The BBS1 p.M390R variant was found in homozygosis in RP and BBS patients as well as in unaffected parents of BBS patients and in a control proband. The study proposed that different promoter or enhancer polymorphisms could lead to distinct levels of transcriptional expression of the mutated alleles, thus resulting in less or more severe phenotypes (Estrada-Cuzcano et al., 2012a). Additionally, epistatic effects of other alleles were also proposed to modulate the phenotypes associated with IFT172 mutations, as the functional analysis could only partially explain milder phenotypes (Bujakowska et al., 2015).



CONCLUDING REMARKS

In spite of sharing common molecular mechanisms with primary cilia, the photoreceptor neurosensory cilium undergoes a highly refined specialization. Ciliary protein trafficking is essential for ciliogenesis and photoreceptor function, as reflected by the existence of non-syndromic and syndromic retinal ciliopathies associated with mutations in proteins involved in ciliary transport. Indeed, the cilium is a key structure in photoreceptor function and survival and, consequently, all ciliary genes and their regulators are potentially plausible candidates for non-syndromic and syndromic retinal dystrophies. It is possible that non-syndromic mutations in syndrome-associated genes have not been reported yet, and vice versa. Further elucidation of common and photoreceptor-specific ciliary protein networks and functional interactions are needed to understand the pleiotropy of phenotypes that arise from mutations in ciliary genes, which alter ciliary structure and/or function. Deciding whether therapy should target rearing ciliary structures, reinstating ciliary trafficking, or both will be key to devise efficient treatments for retinal ciliopathies.
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The left-right (LR) field recognizes the importance of the mechanism involving the calcium permeable channel Polycystin-2. However, whether the early LR symmetry breaking mechanism is exclusively via Polycystin-2 has not been tested. For that purpose, we need to be able to isolate the effects of decreasing the levels of Pkd2 protein from any eventual effects on flow dynamics. Here we demonstrate that curly-up (cup) homozygous mutants have abnormal flow dynamics. In addition, we performed one cell stage Pkd2 knockdowns and LR organizer specific Pkd2 knockdowns and observed that both techniques resulted in shorter cilia length and abnormal flow dynamics. We conclude that Pkd2 reduction leads to LR defects that cannot be assigned exclusively to its putative role in mediating mechanosensation because indirectly, by modifying cell shape or decreasing cilia length, Pkd2 deficit affects LR flow dynamics.
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INTRODUCTION

Vertebrates establish left-right (LR) organization of the internal organs during development. This happens by the action of rotating cilia—5 μm hair-like structures on the surface of cells—in the left-right organizer (LRO) known as the node in mammalians and Kupffer’s vesicle (KV) in fish (Essner et al., 2005). These motile cilia generate a directional fluid flow from right to left, which leads to asymmetric intracellular calcium (Ca2+) oscillations (icos) (Yuan et al., 2015) in the first layers of cells surrounding the KV. Such icos were observed mainly on the left side of the KV midplane and were shown to be dependent on the presence of Pkd2 (Polycystin 2). Therefore, predominant left icos precede a left-biased asymmetric expression of genes (such as nodal, lefty2, and pitx2) in the lateral plate mesoderm. Subsequently, these genes will lead to asymmetric localization of internal organs.

The cation channel Pkd2 together with the mechanosensor Pkd1 (Polycystin 1) form a complex which, in the kidney, has the ability to sense the urine flow and induce an intracellular Ca2+ signal (Nauli et al., 2003). Pkd2 and its new partner Pkd1-like-1 have also been proposed as the mechanosensor-channel complex responsible for sensing the flow in the LROs of mice, medaka, and zebrafish and conveying the information into the adjacent tissues (Field et al., 2011; Kamura et al., 2011; Roxo-Rosa and Lopes, 2019). Despite working as a complex, it has been shown that decreasing Pkd2 alone is sufficient for a strong LR randomization both in mice and in zebrafish (Pennekamp et al., 2002; Bisgrove et al., 2005; Schottenfeld et al., 2007; Yoshiba et al., 2012).

However, how the flow is “perceived” by the LRO cells, remains controversial and has not been fully demonstrated. One explanation is provided by the “two-cilia hypothesis,” based on the fact that there are two types of cilia in the mouse node cells: one immotile, the sensory type, capable of detecting changes in the flow, and another motile rotating cilia generating the fluid flow movement (McGrath et al., 2003). An important finding was that Pkd2 absence in perinodal mouse cilia inhibits the usual asymmetric expression of cerberus-like2 (cerl2) on the right side, important for further LR asymmetry (Yoshiba et al., 2012). Motile and immotile cilia have also been found in the zebrafish KV (Sampaio et al., 2014). Perhaps more important, an unbalance on the ratio between motile and immotile cilia types leads to flow defects and to laterality problems with various degrees of severity (Tavares et al., 2017): situs inversus, a mirror image of the normal situs (situs solitus) or various abnormal combinations of thoracic and abdominal situs—heterotaxy—which is more severe and can even result in early death in humans (Fliegauf et al., 2007).

One of the advantages of using zebrafish to answer this question is the ability to manipulate cilia in early development and see the impact of each manipulation in LRO architecture, cilia motility, flow pattern, and organ situs in the exact same embryo. We previously characterized flow speed inside the KV by following native particles present in this organ (Sampaio et al., 2014). We reported that there is a main spot of faster flow in WT zebrafish in the anterior dorsal region of the LRO (Sampaio et al., 2014; Tavares et al., 2017) and that when this stereotyped flow pattern is perturbed the expression of the first asymmetric gene, dand5, becomes affected (Sampaio et al., 2014). As in mouse (Marques et al., 2004; Oki et al., 2009; Nakamura et al., 2012) and Xenopus (Schweickert et al., 2010), dand5 starts to be symmetrically expressed and by a flow dependent process its expression decreases on the left side. This early dand5 asymmetry is fundamental for generating the left sided nodal cascade of gene expression (Gourronc et al., 2007; Hojo et al., 2007; Lopes et al., 2010; Sampaio et al., 2014). Recently, Vick et al. (2018) showed in Xenopus that Pkd2 is upstream of Foxj1a and thereby affects cilia motility and LRO flow. In zebrafish, the role of Pkd2 has not been tested using adequate cilia or detailed flow quantification methods. In this study, we used both Pkd2 mutants and antisense technology to manipulate Pkd2 in the whole embryo or specifically in the LRO and investigated whether reducing Pkd2 levels affected LRO cilia length and motility thereby impacting on flow magnitude and pattern.



RESULTS


LRO Fluid Flow Is Altered in Cup–/– Mutants

First, we started by characterizing flow pattern using the zebrafish pkd2 mutants, the curly up (cup) homozygous mutants (Schottenfeld et al., 2007). We previously demonstrated that cup–/– embryos still have Pkd2 protein (Roxo-Rosa et al., 2015). Through immunostaining, we found Pkd2 protein present near the basal body and along the pronephric cilia from visually identified curly up tail cup–/– mutants at 36 hpf (Roxo-Rosa et al., 2015). Since this mutant can only produce a truncated version of Pkd2 protein, which is not detected by our immunostainings, it is fair to assume that the functional protein detected must be maternally deposited as reported by Schottenfeld et al. (2007). So, we assume that embryos at KV stage still have Pkd2, even if in reduced levels. Knowing this, we set out to investigate the LRO flow speed and pattern of this “reduced Pkd2” condition.

In order to evaluate the flow speed, we recorded the native particles inside the KV of multiple embryos at eight somite stage (ss) using high speed videomicroscopy as previously described (Sampaio et al., 2014). We then generated fluid flow heatmaps at 8 ss from the progeny of cup heterozygous crosses in a blind assay. After, we let these embryos develop until they presented either a straight tail that identified them as cup± or cup+/+ (n = 8) or a curly tail that identified them as cup–/– (n = 9). In this way, we found that flow speed from cup–/– mutants was significantly increased. The flow quantification showed that cup homozygous mutants had faster flow (Wilcoxon test; p-value < 0.05) while still maintaining a similar spectrum of cilia beat frequencies (Figures 1A,B). The increased flow speed was unexpected and new as it had previously been noted that pkd2 morphants had no problems in cilia (Bisgrove et al., 2005).


[image: image]

FIGURE 1. cup–/– mutants have fluid flow defects in the LRO. (A,B) Fluid flow heatmap and quantification of cup siblings with straight tail (n = 8) and cup–/– mutants with curly tail (n = 9), respectively. Asterisks represent statistical significance (Wilcoxon Test, p-value < 0.05). Cilia beat frequency (CBF) of cup siblings and cup–/– mutants, respectively; cup siblings show an average CBF of 34.8 Hz and cup–/– mutants an average of 34.4 Hz (paired t-test, p-value < 0.05). (C,D) Representative image of cell shapes from one KV from cup siblings and one KV from cup–/– mutants, respectively. (E) Quantification of differences in length to width ratio and (F) differences in cellular length and width in cup siblings (n = 6) and cup mutants (n = 5); asterisks represent statistical significance (paired t-test, p-value < 0.05). (G) Number of cells present in cup mutants and sibling in the middle plane. (H) 3D cilia length measurements in live embryos injected with 50 pg of arl13b-mCherry mRNA (arl13b; n = 16) and injected with pkd2 MisMO (n = 6), pkd2 MO (n = 6), cup mutants (n = 8), and cup siblings (n = 13) with arl13b-mCherry mRNA; asterisks represent statistical significance (paired t-test, p-value < 0.05) (I) Motile/Immotile cilia ratio in the same cup mutants and cup siblings as in panel (H). Scale bars 10 μm. L, left; R, right; A, anterior; P, posterior.


In search for a reason for the difference in fluid flow between siblings and cup homozygous mutants, we repeated the experiment in a cup mutant line raised in a foxj1a:GFP background to allow for visualization of KV cell shape and overall architecture (Figures 1C,D). The confocal images allowed detailed analysis of the midplane KV cells in two dimensions. Midplane was used because previous modeling studies by our lab (Sampaio et al., 2014) showed this plane displays a maximum lumen area and intercepts the flow vortex, being ideal for 2D studies. Results showed that while cup–/– mutants still retained the anterior normal cell shape, with length to width ratio (LWR) > 1, the more posterior cells were significantly less wide compared to their siblings, showing a LWR proximate to 1, which indicates square cells (Figure 1E, p-value < 0.05). When analyzed in more detail, we found out that posterior KV cells in cup–/– mutants had different length and width compared to those from their siblings (Figure 1F, p-value < 0.05). However, we did not find a difference in the average number of cells between mutants and their siblings (Figure 1G).

Next, we investigated cilia length and motility. To tackle this, we injected a minimal amount of arl13b-mCherry mRNA (50 pg) into 1-cell stage cup embryos and performed live imaging at 8 ss to measure cilia length in 3D and quantify cilia motility according to motile or immotile. After, embryos were dis-embedded and allowed to grow until they could be identified by the curly up tail phenotype. We saw a significant decrease of cilia length in cup mutants (mean of 5.99 μm) compared with cup siblings (8.02 μm, Figure 1H, p-value < 0.05). Since it is known that overexpression of arl13b leads to an increase on cilia length (Pintado et al., 2017), we also evaluated the impact of overexpressing arl13b mRNA in pkd2 MO and pkd2 MisMO injected embryos. Indeed, despite pkd2 MO embryos were injected with arl13b-mCherry they still showed a significant reduction of cilia length while pkd2 MisMO did not (Figure 1H, p-value < 0.05). Subsequently, continuing the search for an explanation for the increased flow speed in cup mutants we evaluated cilia motility and found that there was no significant difference in the motile to immotile ratio between cup siblings and mutants (Figure 1I).

In sum, differences in cell morphology found in cup mutants might affect the spacing between posterior KV cilia. However, more experiments should be done to further understand this phenomenon.



LRO Targeted Pkd2 Knockdown Presents Slower Flow and Normal Fluid Flow Pattern

Since we wanted a better approach for Pkd2 removal, we next proceeded by knocking down pkd2 by means of using an antisense morpholino oligonucleotide (MO), a method that better reduces Pkd2 levels in cilia (Roxo-Rosa et al., 2015) similarly to the PKD2 cilia deprived mouse model (Walker et al., 2019). However, we were already aware that blocking Pkd2 with this morpholino resulted in severely enlarged KVs, with architectural issues (Roxo-Rosa et al., 2015). Also, since it has already been reported that Pkd2 is present in many tissues, including notochord (Mangos et al., 2010), which in turn has been shown to play an important role in KV architecture (Compagnon et al., 2014), we decided to inject the pkd2 MO in a later developmental stage and specifically target the precursors of the KV—the dorsal forerunner cells (DFCs) (Essner et al., 2005). By co-injecting the pkd2 MO with the lineage tracer rhodamine-dextran, we could later select the embryos that only showed fluorescence in the yolk cell and the KV (Figure 2A). Below we shall refer to these embryos as pkd2 MODFCs.
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FIGURE 2. pkd2 knockdown in the DFCs rescues KV fluid flow pattern. (A) Immunostaining for cortical actin and rhodamine showing the result of a successful injection of pkd2 MO into DFCs, anterior (A’) and posterior (A”) panels in the different channels allow for better contrast/brightness balance; (B) Immunostaining for Pkd2 in WT and pkd2MODFCs embryos; (C) Representative images of KV architecture from one WT embryo and one pkd2 MODFCs injected embryo. (D) Quantification of the differences in length to width ratio in the KV of WT (n = 6) and pkd2 MODFCs (n = 9). (E) Cilia distribution in the antero-posterior axis of the KV of WT embryos (n = 22) and embryos injected with pkd2 MisMO (n = 6), pkd2 MO (n = 48) and pkd2 MODFCs (n = 15). (F) Quantification of the differences in cellular length, width, and height, in the same WT and pkd2 MODFCs injected embryos from panel (D). (G–I) Fluid flow heatmap and quantification of WT (n = 8), pkd2 MODFCs (n = 6) and pkd2 MO 1-cell stage embryos (n = 7), respectively. Asterisks represent statistical significance (Wilcoxon Test, p-value < 0.05). (J) 3D cilia length measurement in WT (n = 23), pkd2 MisMO (n = 8), pkd2 MO 1-cell stage (n = 25), rescue (n = 19), and pkd2 MODFCs (n = 10). (K) Motile/Immotile cilia ratio in live embryos injected with arl13b-mCherry mRNA (n = 8) and injected with pkd2 MisMO (n = 10), pkd2 MO (n = 6) and pkd2 MO rescued with Xenopus pkd2 mRNA (n = 5). Asterisks represent statistical significance (p < 0.05) with paired t-test. Scale bars 10 μm. L, left; R, right; A, anterior; P, posterior.


Our first concern was to evaluate how strong was the Pkd2 knockdown with this DFCs approach. Unfortunately, even increasing the concentration of morpholino injected into DFCs, we were never able to completely remove Pkd2 from KV cilia (Figure 2B). Our second concern was to check if KV architecture was still compromised as in cup–/– mutants. At first glance, pkd2 MODFCs had a morphologically normal KV when compared with WT (Figure 2C). This was confirmed by measuring the Length-Width ratio of KV cells, which was similar in WT and pkd2 MODFCs (Figure 2D). This indicates that cells in the anterior part of the KV are preferentially taller making them more tightly packed together (LWR > 1), while cells in the posterior part are flatter (LWR < 1). This creates an asymmetry of cilia distribution across the anterior-posterior axis of the KV (60–40%), originating the anterior dorsal cluster—an important cilia cluster that creates the anterior flow hotspot (Wang et al., 2011, 2012). So, the asymmetry of cilia distribution is only lost in pkd2 MO due to the significant architecture alterations the KV suffers from lack of Pkd2 (Figure 2E). The recovery of the architecture with the DFCs-targeted injection of pkd2 MO shows a typical 60–40% distribution as seen in WT embryos (Figure 2E). Looking more carefully into KV architecture, we found a significant decrease in cell height between WT and embryos injected with 4 ng of pkd2 MODFCs (Figure 2F; p-value < 0.05).

We then checked flow quantification and found that embryos injected with pkd2 MODFCs had significant differences between anterior/posterior and left/right KV regions (Figure 2H), as in WT embryos (Figure 2G). These characteristics generated a heterogeneous flow map with a pattern similar to what is found in WT controls. However, total flow speed was slower compared to WT controls (Figure 2G WT 10 μms–1 vs. Figure 2H pkd2 MODFCs 5 μms–1, p-value < 0.05), indicating that something else other than architecture, which was mostly unchanged, was impacting on flow speed. We also evaluated flow pattern in pkd2 MO injected at 1 cell stage embryos and, as expected due to KV architectural problems already described by our lab, flow pattern was highly homogeneous (Figure 2I) and also very slow (Figure 2I, pkd2 MO 4 μms–1, p-value < 0.05). It also had a significantly slower cilia beat frequency (32 Hz compared with WT 34 Hz, p-value < 0.05). Next, we tested for cilia length upon pkd2 manipulation. Our results clearly showed that cilia length was shorter compared to the controls, either for injections of pkd2 MO at 1-cell stage or for pkd2 MODFCs (Figure 2J, p-value < 0.05). A partial rescue was obtained by injecting 1,000 pg of pkd2 mRNA (Figure 2J, p-value < 0.05). Cilia length, this time measured in fixed samples without arl13b OE was evaluated by anti-acetylated alpha-tubulin staining explaining the general lower values in Figure 2J compared to Figure 1H. We next evaluated cilia motility and found a significant reduction of cilia motility in pkd2 morphants (Figure 2K, p-value < 0.05), which was also rescued by the injection of pkd2 mRNA.

In sum, pkd2 MO impacted extensively on KV architecture, reduced cilia length and motility, which resulted in a slow and homogenous flow. DFCs-targeted injection of pkd2 MO was less disruptive for KV architecture, but still impacted on cilia length. The resulting flow was heterogeneous but significantly slowed.



Impairment of Pkd2 and Fluid Flow Similarly Affect dand5 Expression Pattern and Organ Situs

In this new comparative experiment, we used two readouts: (a) dand5 expression, a nodal inhibitor known to be the first asymmetric expressed gene during the LR axis establishment and (b) internal organ situs. In WT zebrafish embryos, dand5 is mainly expressed on the right side from eight somite stage onward (Lopes et al., 2010; Figure 3A). Our results showed that both manipulations of Pkd2 (whole-embryo and DFCs-injected) lead to dand5 becoming predominantly symmetric (Figures 3B,C). Similarly, when flow is abrogated by rendering all cilia immotile (dnah7 MO) (as in Sampaio et al., 2014), dand5 also became predominantly symmetric (Figure 3D). This shows that, in terms of expression pattern, dand5 becomes highly symmetric both when there is “no flow” (67%) and when there is “reduced Pkd2 level” (64%). This fact suggests that a Pkd2-mediated sensing of flow is very important to define dand5 expression pattern, which in WT may be accomplished by higher degradation rates of dand5 mRNA on the left side, where flow is more strongly detected (Oki et al., 2009; Schweickert et al., 2010; Nakamura et al., 2012; Sampaio et al., 2014). As for mRNA expression quantification of dand5, qRT-PCRs were performed for each condition. For all treatments there were no differences between WT, pkd2 MODFCs, pkd2 mismatch MO and dnah7 MO (Figure 3E). This suggests that both impaired flow and manipulation of Pkd2 do not have an impact on dand5 transcription.
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FIGURE 3. Comparative readouts for lack of fluid flow and knockdown of Pkd2 in the DFCs (A–D) dand5 expression pattern quantification by in situ hybridization of WT embryos, pkd2 MO, pkd2 MODFCs, and dnah7 MO. (E) dand5 expression level in fold change quantified by qRT-PCR; asterisks represent statistical significance (paired t-test, p-value < 0.05). (F–J) Organ situs quantification by scoring heart and liver laterality in the same larvae in WT, pkd2 MODFCs, pkd2 MO 1-cell stage, pkd2 Mismatch MO and dnah7 MO.


Lastly, we analyzed organ situs. Controls showed most cases (97.5%) with left heart and left liver, which means situs solitus in zebrafish (Figure 3F). All treatments showed a strong and significant reduction of situs solitus when compared to the control situation (Figure 3F) and to the pkd2 mismatch MODFCs (Figure 3I) (Fisher test with Bonferroni correction, p-value < 0,0125). Both pkd2 manipulations lead to different amounts of Pkd2 protein being present in the LRO and adjacent tissues, which impacts in LRO architecture and flow pattern/strength defects. However, for LR axis establishment, there seems to be no difference between having “no flow” (Figure 3J) or having defective LRO architecture together with defective flow pattern due to reduced levels of Pkd2 (Figures 3G,H). In sum, dand5 fails to become asymmetric and organ situs becomes randomized between normal (situs solitus), a total inversion of situs (situs inversus) or mismatched combinations of heart and liver position (heterotaxia).




DISCUSSION

In the field of LR axis determination there is increasing evidence for exciting biophysical interactions between extracellular fluid dynamics and cellular sensory mechanisms (Supatto and Vermot, 2011; Yoshiba et al., 2012; Sampaio et al., 2014; Smith et al., 2014). With this study we can further confirm that Pkd2 channel plays a major role in the LR axis. Here we use a previously tested antisense morpholino for Pkd2 (Schottenfeld et al., 2007), that effectively reduces Pkd2 levels by antibody staining and leaves only a ring of expression around the base of the cilia (Roxo-Rosa et al., 2015), as described by Walker et al. (2019) for a cilia deprived Pkd2 mouse model. We showed that reducing Pkd2 levels by knockdown experiments decreased cilia length and consequently diminished LRO flow speed, triggering early and late LR defects, as shown by dand5 symmetric expression pattern and randomized organ situs, respectively.

Cilia length was known to greatly affect flow production as the flow produced by an individual cilium scales with the cube of cilia length (Sampaio et al., 2014; Smith et al., 2014). Additionally, we showed here that reduced Pkd2 levels compromised dand5 mRNA degradation, while its transcription was not quantitatively affected (Figure 3). Furthermore, the differences on dand5 mRNA patterns between knocking down dnah7 or pkd2 were not statistically significant (Figure 3). However, if we could separate the effect of Pkd2 on flow dynamics from its postulated role in mechanosensation we would predict a different scenario, with near 100% of dand5 symmetric expression.

As in the Xenopus model (Vick et al., 2018) this current study reveals that it is not possible to reduce Pkd2 levels without affecting LRO fluid flow. However, in zebrafish Pkd2 morphants the reasons are different as the number of cilia is not affected (Roxo-Rosa et al., 2015) nor foxj1a expression is changed (unpublished data). The reason for the decreased cilia length is not yet understood. However, it is important to disclose this phenotype as it affects the generation of flow. So, comparative studies between animal models within the LR field need to be aware that; 1) Pkd2 in the zebrafish embryo is maternally deposited (Schottenfeld et al., 2007); 2) that even when effectively knocked down, pkd2 affects other variables, such as cilia length and flow dynamics as well as LRO architecture and fluid volume (Roxo-Rosa et al., 2015), factors that are all crucial in LR early establishment at the LRO level.

We hope this study raises attention to what extent we can use the zebrafish model to study Pkd2 mechanisms, as we do not know the order of events, for example if cell shape changes result from abnormal mechanosensation, or if it is the other way around. In addition, from a slight different angle, we do not know if shorter cilia are a response to cell shape changes or their potential cause.

Regarding the contradictory increase in flow speed scored in cup homozygous mutants, we discarded a potential increase in motile cilia or in CBF and confirmed that these mutants also display reduced cilia length. Therefore our data points to cell morphology as the only measured parameter that could cause the referred flow increase. Nevertheless, we cannot assess causality without at least generating appropriate numerical simulations. As to the upstream cause of these differences between mutants and knockdowns we also cannot exclude that the mutation in cup–/– mutants, forms a truncated protein that is not degraded and may have undetermined functions and consequences.

Our study intends to alert for some Pkd2 zebrafish facts at the same time it exposes missing causal links. Pkd2 is a central protein in LR development that needs to be studied using conditional mutants with full loss of function in the tissues and in the cilia from those tissues being studied, as reported for the mouse model in some instances (Yoshiba et al., 2012; Walker et al., 2019).


Experimental Procedures


Fish Stocks and Genetics

The following zebrafish lines were maintained and used as described elsewhere (Westerfield, 2000): wild-type (AB), Tg(foxj1a:GFP) (Caron et al., 2012) and cup[± ;Tg(foxj1a:GFP)]tc321. Embryos were raised at 28 or 32°C, depending on the experiment, in E3 embryo media and staged accordingly (Kimmel et al., 1995). Procedures with zebrafish were approved by the Portuguese DGAV (Direcção Geral de Alimentação e Veterinária).



Injections of Morpholino Oligonuclotides

dnah7 morpholino (Sampaio et al., 2014) was diluted in sterile water and injected at one cell stage at a dose of 3 ng per embryo for dnah7. Pkd2 morpholino injection was diluted in sterile water and injected at one cell stage at a dose of 2.5 ng per embryo. To generate chimeric pkd2 knockdown in DFCs, pkd2 morpholino (Schottenfeld et al., 2007) was diluted in 10,000 MWt rhodamine-dextran solution (1:4; Sigma-Aldrich) and injected at a dose of 4.2 ng per embryo into the yolk of 512–1,000-cell-stage embryos as previously described (Amack and Yost, 2004). Morpholino injection efficiency was thoroughly controlled as follows: specific pkd2 MO targeting to DFCs was determined by the rhodamine lineage tracer in KV and yolk cells of the selected embryos (Amack and Yost, 2004; Figure 2A); embryos injected with dnah7 morpholino oligonucleotide were carefully screened by high speed-videomicroscopy for confirming cilia immotility throughout the entire KV. A mismatch pkd2 morpholino was injected in the same conditions (4.2 ng per embryo) as control. 1,000 pg of Xenopus pkd2 mRNA was injected at 1 cell stage alone and in combination with pkd2 MO for rescue experiments. To assess cilia motility and length live, 50 pg of arl13b-mCherry mRNA was injected into 1 cell stage embryos.



Live Imaging for Flow Recording

Mounted embryos between 13–14 hpf were set under the 100x/1.30 NA oil immersion objective lens on a Nikon Eclipse Ti-U inverted microscope at room temperature (26°C). All images were taken with the dorsal roof of the KV facing the objective lens. Bright field images were recorded with a FASTCAM MC2camera (Photron Europe, Limited) controlled with PFV (Photron FASTCAM Viewer) software. Native KV particles were filmed at 60 fps for 30 s while cilia were recorded at 500 fps for 2 s. KV flow and CBF measurements were analyzed using Fiji software as described previously (Sampaio et al., 2014). We have successfully analyzed eight WT embryos, nine cup–/– embryos, and eight cup±/cup+/+ siblings, four dnah7 MO injected embryos, seven pkd2 MO 1-cell stage injected embryos and six pkd2 MODFCs injected embryos.



Immunofluorescence and in in situ Hybridization

Whole-mount immunostaining and in situ hybridization were performed as described previously (Lopes et al., 2010). Antibodies used for immunostaining were anti-acetylated alpha-tubulin (1:400; Sigma), Alexa Fluor 488 (Invitrogen; 1:500) and Alexa fluor 488 phalloidin (Invitrogen/molecular probes 1:100). Pkd2 immunostaining was performed as described in Roxo-Rosa et al., 2015. Individual dand5 in situ hybridizations were performed at 8–10 somite stage in 37 WT embryos, 13 pkd2 MO 1-cell stage, 14 pkd2 MODFCs and nine dnah7 MO. foxa3 in situ hybridizations at 53 hpf were performed as described elsewhere (Thisse and Thisse, 2008). Gene expression and situs scoring were performed double blind by two investigators and the results were analyzed by Fisher’s exact test with Bonferroni correction for multiple comparisons and by Binomial exact test for comparisons in the same genetic background.



Cell Shape and Length-Width Ratio Measurements

Cup[±;Tg(foxj1a:GFP)]tc321 embryos were mounted live in 2% (w/v) agarose and covered with E3 medium for confocal epifluorescence microscopy live imaging at room temperature. To assess cell shape, whole KVs were scanned with z sections of 0.5 μm, with an acquisition rate of less than 1 fps. After acquisition, embryos were retrieved from the agarose and let develop for heart scoring and tail phenotype. We imaged 12 cup–/– embryos and 19 cup sibling embryos. Embryos injected with pkd2 MODFCs were immunostained at 14 hpf for actin cytoskeleton and mounted in PBS 1X for confocal epifluorescence microscopy in the same conditions. We imaged 15 pkd2 MODFCs injected embryos and 15 siblings from the same fish lines. Selected stacks were subsequently analyzed in Amira for 3D cell shape in KV midplane (five to six embryos for each condition). Results were statistically analyzed by using the paired t-test and statistical significance was set at p-value < 0.05.



Cilia Length and Motility

Live embryos were injected at 1 cell stage with 50 pg of arl13b-mCherry and then later mounted in 1% (w/v) low-melting agarose at 8 ss, covered in E3 medium. Live imaging was performed in a Zeiss LSM 710 confocal microscope with an Olympus 40× water immersion lens (NA 0.8) at room temperature. 3D length of motile and immotile cilia was quantified based on the radial fluorescence intensity profile of each cilium, through semiautomated detection in IMARIS software program (Bitplane, United Kingdom). A total number of 16 arl13b-mCherry embryos (291 cilia), six arl13-mCherry + pkd2 MisMO embryos (92 cilia), six arl13b-mCherry + pkd2 MO (94 cilia), eight arl13b-mCherry cup mutants (117 cilia), and 13 arl13b-mCherry cup siblings (257 cilia) were measured at 8 ss.

To assess motility, KVs were scanned with z sections of 0.5 μm, with an acquisition rate of 9.6 slices per minute (6.25 s per slice), which provided a pixel dwell time of 22.4 μs. A total number of eight arl13b-mCherry, six arl13b-mCherry + pkd2 MO, six arl13b-mCherry + Xenopus pkd2 mRNA + pkd2 MO (rescue), and 10 arl13b-mCherry + pkd2 MisMO were measured at 8 ss.

Fixed embryos were immunostained with anti-acetylated α-tubulin and imaged in the same confocal. 3D cilia length was measured using the “Simple Neurite Tracer” plugin in Fiji (Longair et al., 2011). A total of 22 WT embryos (1,127 cilia), eight pkd2 MisMO (497 cilia), 25 pkd2 MO (1,592 cilia), 19 pkd2 MO, and Xenopus pkd2 mRNA (rescue; 996 cilia) and 10 pkd2 MODFCs (379 cilia) were measured at 8–10 ss.



Heart and Gut Laterality

At 30 hpf we evaluated heart jogging using a stereoscopic zoom microscope (SMZ745, Nikon Corporation) to observe the embryos from the ventral side. These embryos were then allowed to develop in separated petri dishes and at 53 hpf, embryos were fixed and processed for foxa3 in situ hybridizations to assess gut laterality. We could then pair the heart situs with gut situs for each treatment and attribute an embryo situs. We scored organ situs in 159 WT, 31 dnah7 MO embryos, 140 pkd2 MO 1-cell stage embryos, 56 pkd2 MODFCs embryos and 31 pkd2 mismatch control-MO injected embryos.



Quantitative PCR

Four groups of ten embryos were used; one group for untreated (control) and the others were injected as explained above and let develop until 8–10 somite stage. After thorough scoring of rhodamin expression only in KV and yolk cell and complete cilia immotility, total RNA was extracted using the Qiagen RNeasy Mini Kit (ref number 74104) and reverse transcribed using both oligo(dT)18 and random hexamer primers with the RevertAid First Strand cDNA Synthesis Kit (ref number K1622) following the manufacturers’ instructions. This was repeated three times for three different biological replicates. Expression was quantified by PCR using Roche SYBR Green I Master (reference number 04887352001) and run in a Roche LightCycler® 96 Real-Time PCR System. Results were analyzed and depicted as fold-change of transcript levels in injected embryos relative to transcript levels in control embryos. The p-value represents significance in the pairwise comparison of transcript levels between injected and control embryos as determined using the paired t-test. Statistical significance was set at p-value < 0.05. dand5 levels were normalized in relation to eukaryotic elongation factor 1 alpha 1 like 1 (eef1al1) and ribosomal protein L13a (rpl13a) expression. Primer sequences used were as follows: dand5 forward 5′-CCGCAATCCTGACCCATAGCAA-3′ and reverse 5′-CTCCTCCGTTATGCGCTGTGTA-3′; eef1al1 forward 5′-CCTTCAAGTACGCCTGGGTGTT-3′ and reverse 5′-CACAGCACAGTCAGCCTGAGAA-3′; rpl13a forward 5′-T GACAAGAGAAAGCGCATGGTT-3′ and reverse 5′-GCCTG GTACTTCCAGCCAACTT-3′.
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LUZP1 is a centrosomal and actin cytoskeleton-localizing protein that regulates both ciliogenesis and actin filament bundling. As the cytoskeleton and cilia are implicated in metastasis and tumor suppression, we examined roles for LUZP1 in the context of cancer. Here we show that LUZP1 exhibits frequent genomic aberrations in cancer, with a predominance of gene deletions. Furthermore, we demonstrate that CRISPR/Cas9-mediated loss of Luzp1 in mouse fibroblasts promotes cell migration and invasion features, reduces cell viability, and increases cell apoptosis, centriole numbers, and nuclear size while altering the actin cytoskeleton. Loss of Luzp1 also induced changes to ACTR3 (Actin Related Protein 3, also known as ARP3) and phospho-cofilin ratios, suggesting regulatory roles in actin polymerization, beyond its role in filament bundling. Our results point to an unprecedented role for LUZP1 in the regulation of cancer features through the control of actin cytoskeleton.
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INTRODUCTION

The Leucine Zipper Protein 1, LUZP1, was originally identified as a nuclear protein mainly expressed in the brain (Sun et al., 1996; Lee et al., 2001). Recent publications demonstrate that LUZP1 is a centrosome, actin and midbody-localizing protein implicated in ciliogenesis regulation and actin cytoskeleton stability (Wang and Nakamura, 2019a; Bozal-Basterra et al., 2020; Goncalves et al., 2020). In addition to three leucine zipper motifs located at the N-terminus, LUZP1 contains a large number of putative serine/threonine phosphorylation sites (Sun et al., 1996). Mutations in mouse Luzp1 resulted in cardiovascular defects and cranial Neural Tube Defects (NTD) accompanied by elevated apoptosis of mesenchymal cells, demonstrating its crucial role in embryonic heart and brain development (Hsu et al., 2008). In humans, specific mutations in LUZP1 have not yet been reported. However, complete deletion of LUZP1, as well as other loci, gives rise to 1p36 deletion syndrome that affects approximately 1 in 5,000 newborns (Zaveri et al., 2014). The symptoms include developmental delay, intellectual disability, seizures, vision problems, hearing loss, short stature, distinctive facial features, brain defects, orofacial clefting, congenital heart defects, cardiomyopathy, and renal anomalies. Although the exact contribution of LUZP1 in the pathogenesis of the 1p36 syndrome is unknown, it has been proposed to contribute to the development of the cardiovascular malformations (Zaveri et al., 2014; Jordan et al., 2015). In addition, a recent study reported that increased LUZP1 expression in the uterus was associated with higher fibroid risk in humans (Edwards et al., 2019). Furthermore, Poel and colleagues claimed that LUZP1 downregulation might mediate chemotherapy sensitivity mechanisms in colorectal cancer cells, potentially through cell cycle arrest (Poel et al., 2019). In addition, loss of expression of a LUZP1-interacting tumor suppressor protein named EPLIN (also known as LIM Domain And Actin Binding 1, LIMA1) has been associated with cancer by affecting cancer cell adhesion and migration, and increasing metastatic potential (Jiang et al., 2008; Sanders et al., 2010; Zhang et al., 2011; Liu et al., 2012; Collins et al., 2018). Despite this evidence, focused research on LUZP1 is necessary to elucidate the role that it might have in cellular features underlying cancer development.

LUZP1 has been identified as a new actin-associated protein, through interactions with ACTR2 (Actin Related Protein 2, also known as ARP2) (Hein et al., 2015) and filamin A (FLNA), with a likely role in bundling of actin filaments (Wang and Nakamura, 2019a,b; Bozal-Basterra et al., 2020; Goncalves et al., 2020). LUZP1 shows homology to FILIP1 (Filamin A Interacting Protein 1), a protein interactor of filamin and actin (Nagano et al., 2004; Gad et al., 2012), and FILIP1L (FILIP1 Like), a suppressor of tumor cell migration (Kwon et al., 2014). Actin cross-linking factors play a role in coordination of migration and proliferation.

Actin is one of the most abundant proteins in cells and plays crucial roles in cytokinesis during cell division, protrusion of the leading edge of motile cells and maintaining the physical integrity of the cell (Pollard and Cooper, 2009). The organization of filamentous actin (F-actin) network and the formation of cell–matrix adhesions in response to extracellular stimuli are controlled by small GTPases of the Rho family (Etienne-Manneville and Hall, 2002). In their activated GTP-bound state, Rho GTPases can regulate multiple downstream effector pathways. Both Rac1 (Rac Family Small GTPase 1) and RhoA (Ras Homolog Family Member A) GTPases have been reported to activate a pathway that results in the inhibition of cofilin through serine 3 phosphorylation. Rac1 is mostly linked to lamellipodia extension and the formation of nascent adhesions, whereas RhoA stimulates stress fibers formation and maturation of cell–matrix adhesions (Rottner et al., 1999). The activation of the WAVE (WASP (Wiskott-Aldrich syndrome protein)-family verprolin homology protein) and ARP2/3 (Actin Related Protein 2/3 Complex Subunit 2/3) complexes downstream of Rac1 initiates actin polymerization (Eden et al., 2002).

In this work, we demonstrate that heterozygous loss of LUZP1 is frequent in different cancer types. Luzp1-depleted cells exhibit defects in migration/invasion and cell viability, with larger nuclei and multiple centrioles. These differences may contribute to increased apoptosis observed in Luzp1-knockout cells. Our findings uncover a functional relationship between Luzp1 and characteristic features of tumors via regulation of the actin cytoskeleton. These results are particularly relevant, as they may shed light on the molecular mechanisms of cancer.



MATERIALS AND METHODS


Cell Culture

Mouse Shh-LIGHT2 cells (kind gift of A. McGee, Imperial College) (Taipale et al., 2000), Luzp1–/– cells, + LUZP1 (Bozal-Basterra et al., 2020) and human HEK 293FT (Invitrogen), were cultured at 37°C and 5% CO2 in Dulbecco’s modified Eagle medium (DMEM) supplemented with 10% fetal bovine serum (FBS, Gibco) and 1% penicillin/streptomycin (Gibco).



CRISPR-Cas9 Genome Editing

HEK 293FT cell LUZP1 locus was targeted by CRISPR-Cas9 to generate 293LUZP1KO cells. Two high-scoring sgRNAs were selected1 to target near the initiation codon (sg2: 5′-CTTAAATCGCAGGTGGCGGT_TGG-3′; sg3: 5′-CTTCAA TCTTCAGTACCCGC_TGG-3′). These sequences were cloned into px459 2.0 (Addgene #62988; kind gift of F. Zhang, MIT), for expressing both sgRNAs and Cas9 with puromycin selection. Transfections were performed in HEK 293FT cells with Lipofectamine 3000 (Thermo). Twenty-four hours after transfection, transient puromycin selection (0.5 μg/ml) was applied for 48 h to enrich for transfected cells. Cells were plated at clonal density, and well-isolated clones were picked and propagated individually. Loss-of-function mutations were confirmed by PCR-sequencing (Bozal-Basterra et al., 2020).



Western Blot Analysis

Cells were lysed in cold RIPA buffer (Cell Signaling Technology) supplemented with 1x protease inhibitor cocktail (Roche), and also in some cases with PhosphoStop 1x (Roche). Lysates were kept on ice for 30 min vortexing every 5 min and then cleared by centrifugation (25,000 × g, 20 min, 4°C). Supernatants were collected and protein content was quantified by BCA protein quantification assay (Pierce). After SDS-PAGE and transfer to nitrocellulose membranes, blocking in 5% milk, or in 5% BSA (Bovine Serum Albumin, Fraction V, Sigma) in PBT (1x PBS, 0.1% Tween-20) was performed. In general, primary antibodies were incubated overnight at 4°C and secondary antibodies for 1 h at room temperature (RT). Antibodies used: anti-vinculin (Sigma, 1:1,000), anti-cofilin and anti-phospho-cofilin (Cell Signaling Technology, 1:1,000), anti-Rac1 and anti-pRac1 (Cell Signaling Technology, 1:1,000), [anti-Actr3 (Machesky et al., 1997), 1:1,000], anti-GAPDH (Glyceraldehyde-3-Phosphate Dehydrogenase; Proteintech, 1:1,000) and anti-actin (Sigma, 1:1,000). Secondary antibodies were anti-mouse or anti-rabbit HRP-conjugates (Jackson Immunoresearch). Proteins were detected using Clarity ECL (BioRad) or Super Signal West Femto (Pierce). Quantification of bands was performed using ImageJ software and normalized against GAPDH or actin levels. At least three independent blots were quantified per experiment.



Immunostaining

Shh-LIGHT2 cells and HEK 293FT cells were seeded on 11 mm coverslips (15,000–25,000 cells per well; 24-well plate). After washing once with cold 1x PBS, cells were fixed with methanol 100% for 10 min at −20°C or with 4% PFA supplemented with 0.1% Triton X-100 in PBS for 15 min at RT. Then, coverslips were washed 3 times with 1x PBS. Blocking was performed for 1 h at 37°C in blocking buffer (2% fetal calf serum, 1% BSA in 1x PBS). Primary antibodies were incubated overnight at 4°C and cells were washed with 1x PBS 3 times. We used antibodies anti-gamma-tubulin (Proteintech, 1:160), rabbit anti-Cleaved Caspase-3 (Cell Signaling Technology 9661S, 1:200) and anti-vinculin (Sigma hVIN-1, 1:200).

Donkey anti-mouse or anti-rabbit secondary antibodies (Jackson Immunoresearch) conjugated to Alexa 488 or Alexa 568 (1:200) and Alexa 568-conjugated phalloidin (Invitrogen 1:500), were incubated for 1 h at 37°C, followed by nuclear staining with DAPI (10 min, 300 ng/ml in PBS; Sigma). Fluorescence imaging was performed using an upright fluorescent microscope (Axioimager D1, Zeiss).



Cell Cycle Analysis by Quantitative Image-Based Cytometry

Cells were seeded in 96-well plates to be approximately 80% confluent the day of the EdU (5-ethynyl-2 deoxyuridine) labeling. Cell cultures were incubated 30 min with 10 μM EdU (Sigma, #900584) at 37°C in their own culture medium. Cells were washed and then fixed 15 min in 4% (w/v) formaldehyde solution in phosphate buffered saline (PBS). Following 3x PBS washes, fixed cells were permeabilized with 0.2% Triton X-100 in PBS for 30 min at room temperature. After washing with PBS, cells were directly incubated 30 min at room temperature (RT) in click reaction buffer. For 1 ml of click reaction buffer, following amounts of the different components are mixed in 680 μl milliQ water: 100 μl 1M Tris-HCl pH = 8; 20 μl 100 mM CuSO4; 0.5 μl Alexa FluorTM 647 Azide 1 μg/μl (AA648; Invitrogen) and 200 μl 0.5 M Ascorbic Acid. Finally, cells were washed 3x with PBS and incubated in 0.5 μg/ml DAPI-containing PBS for at least 30 minutes or until imaging.

For quantitative image-based cytometry images (QIBC), EdU labeled cells were obtained in an automated manner with the ScanR acquisition software controlling a motorized Olympus IX-83 wide-field microscope. Images from 3 technical replicates in 8 independent experiments were then processed using the ScanR image analysis software and analyzed with TIBCO Spotfire software.



Fluorescence-Activated Cell Sorting

To evaluate apoptosis, Shh-LIGHT2 cells were washed with 1x PBS and then stained with Annexin V (BD Biosciences) and DRAQ7 (Biostatus Ltd.). Data from 4 biological replicates were collected on a Fluorescence-activated Cell Sorting (FACS) Canto (BD Biosciences).



Cell Viability Assay

5 × 103 cells were plated in triplicate in 12-well plates. Twenty-four hours later, the cells were considered day 0 (t0) and were fixed in formalin 10% for 15 min. The same procedure was performed after 3 and 6 days. Cell viability was measured by staining with crystal violet (0.1% in 20% methanol) for 45 min at RT. After washing 3 times with water, all samples were air dried. The precipitate was solubilized in 10% acetic acid for 20 min at RT, and the absorbance was measured at 595 nm. For each timepoint, 4 biological replicates were measured.



Wound-Healing Assay

Shh-LIGHT2 control, Luzp1–/– mutant cells and + LUZP1 cells were grown in 24-well plates and a scratch wound was performed using a 20 μl pipette tip. Subsequently, medium was changed to remove detached cells. Pictures were taken at three different positions per sample in three technical replicates and at least eight biological replicates were analyzed of each. The scratch width was measured using ImageJ Fiji.



Filopodia Quantification

Filopodia were quantified by staining cells with Alexa 594-conjugated wheat germ agglutinin (WGA) and using FiloQuant, a plugin for the ImageJ software (Figure 2F and Supplementary Figure S1A; Jacquemet et al., 2017). The average number of filopodia of individual cells in 7 biological replicates was pooled together to perform statistical analysis.



Three-Dimensional Spheroid Invasion Assay

Both WT and Luzp1–/– Shh-LIGHT2 cells were suspended in DMEM medium plus 5% Methyl cellulose (Sigma) at 14,0000 cells/ml. Cell spheroids were subsequently formed by serial pipetting of 25 μl into the lid of a 10 cm dish (700 cells/spheroid) and incubated in an inverted position. After 48 h, cell spheroids were embedded into a volume of 300 μl of 2.3 mg/ml bovine collagen type I matrix (Advanced) and transferred to individual wells of a 24-well plate. Four hours later, each well was filled with complete media. Collective cell invasion was monitored using a Nikon Eclipse TS100 Live Imaging microscope. Images were taken just after adding complete medium to the collagen-embedded cells (t = 0 h) and 18 h later (t = 18 h). The area of each individual spheroid was measured in 3 technical replicates and in at least 3 biological replicates using ImageJ analysis program. The fold change in invasive area was determined by dividing the final area (at 18 h) by the initial area (at 0 h) in each cell type.



Transwell Assay

For transwell assay (24-well format), 2 × 104 WT, Luzp1–/– and + LUZP1 Shh-LIGHT2 cells were seeded in the upper chamber in serum-free medium (0.5 ml; inserts 6.5 mm, 8 μm pore size; Corning Costar). The lower chamber was loaded with 1 ml medium supplemented with 10% FBS. After 6 h of incubation at 37°C with 5% CO2, the migrated cells in the membrane were stained by DAPI. Images were obtained in an automated manner with the ScanR acquisition software controlling a motorized Olympus IX-83 wide-field microscope. Images from 6 independent experiments were then processed using the ScanR image analysis software.



Bioinformatics Analysis

Patient copy number and mRNA expression information was obtained from cBioPortal (Cerami et al., 2012; Gao et al., 2013), Cancertool (Cortazar et al., 2018), and TCGA Copy Number Portal2.



Statistical Analysis

Statistical analysis was performed using GraphPad 6.0 software. Data were analyzed by Shapiro-Wilk normality test and Levene’s test of variance. We used two tailed unpaired Student’s t-test or Mann Whitney-U tests for comparing two groups, One-way ANOVA or Kruskall-Wallis and the corresponding post hoc tests for more than two groups and two-way ANOVA to compare more than one variable in more than two groups. P-values were represented by asterisks as follows: ∗P < 0.05; ∗∗P < 0.01; ∗∗∗P < 0.001; ****P < 0.0001. Differences were considered significant when P < 0.05.



RESULTS


Copy Number Alterations and Aberrant LUZP1 Gene Expression Are Common Events in Cancer

The process of cellular transformation from normal to malignant cellular behavior derives from the acquisition of genomic aberrations and the development of cancer hallmarks, such as activation of invasive and migratory phenotypes and resistance to apoptosis (Hanahan and Weinberg, 2011). We first aimed to characterize the genomic alterations of LUZP1 reported in various cancer types using a publicly available webtool (cBioPortal) (Cerami et al., 2012; Gao et al., 2013). Interestingly, we found genomic aberrations in LUZP1 at high frequency in cancer specimens, reaching an alteration frequency of almost 80% in cholangiocarcinoma and greater than 40% in 13 out of the 54 cancer types that we analyzed (Figure 1A). Importantly, shallow deletions (most possibly heterozygous deletions according to cBioPortal) were the most prevalent copy number alterations event in a large fraction of cancers (Figure 1A, aquamarine). We next evaluated whether copy number aberrations would influence LUZP1 gene expression across several cancer types based on the TGCA Pancancer Atlas database (cBioPortal). As predicted, shallow and deep deletions (most probably homozygous deletions, according to cBioPortal) were associated to lower LUZP1 mRNA expression compared to diploid, gain or amplification events in cholangiocarcinoma (Figure 1B), breast cancer (Figure 1C) and prostate cancer (Figure 1D), indicating that genomic events are, at least in part, responsible for reduced LUZP1 expression associated to cancer. In line with the genomic analysis and the gene dosage-mRNA expression association, using Cancertool (Cortazar et al., 2018) we found the mRNA levels of LUZP1 to be significantly reduced in prostate cancer (Figures 1F,G), and non-significantly in breast cancer (Figure 1E). From our analysis, LUZP1 emerges as a potential cancer-relevant gene, exhibiting genomic and transcriptional perturbation pattern suggestive of a tumor suppressive function.
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FIGURE 1. Copy number alterations and aberrant LUZP1 gene expression in cancer. (A) Copy number alterations (CNA) (mutations-green; amplifications-red; gain-light pink; deep deletions-blue; shallow deletions-aquamarine; multiple alterations-gray) in different TCGA tumor types (n = 10,967). (B–D) LUZP1 mRNA expression (RNAseq) sorted by CNA in (B) Cholangiocarcinoma (n = 195), (C) Breast (n = 1,918), and (D) Prostate Cancer samples (n = 324). When n > 3, data were analyzed by One-way ANOVA or Kruskall-Wallis and the corresponding post hoc test. (E) Violin plots depicting the expression of LUZP1 between non-tumoral (N) and breast cancer specimens (BCa) in the Lu dataset (Lu et al., 2008). (F,G) Violin plots depicting the expression of LUZP1 between non-tumoral (N) and prostate cancer specimens (PCa) in Lapointe et al. (2004) (F) and Taylor et al. (2010) (G) datasets. The Y-axis represents the Log2-normalized gene expression (fluorescence intensity values for microarray data or sequencing read values obtained after gene quantification with RSEM and normalization using Upper Quartile in case of RNAseq). Student T-test was performed in order to compare the mean gene expression between two groups. ∗∗P < 0.01; ∗∗∗P < 0.001; ****P < 0.0001.



[image: image]

FIGURE 2. Luzp1–/– cells exhibit cell migration and invasion defects. (A) Representative bright-field micrographs of the wound healing assays performed on Shh-LIGHT2 WT, Luzp1–/– and Luzp1–/– cells rescued with Luzp1-YFP (+ LUZP1). The horizontal yellow lines represent the wound boundary; “a” and “b” are the distances between wound boundaries just after wound was made (0 h) and 6 h later (6 h), respectively. Scale bar, 200 μm. (B) Quantification of wound healing in (A) calculated by subtracting distance “b” to distance “a” and dividing the result by 6 h (n > 8). Data were analyzed by One-way ANOVA and Bonferroni post hoc test. (C) Representative images of migrating cells of a transwell assay are shown. Cells were detected by DAPI (white). Scale bar, 100 μm. (D) Graph representing the number of migrating cells. (E) Micrographs of WT and Luzp1–/– cells during wound healing assay. Focal adhesions were detected by anti-vinculin antibody (green), F-actin by phalloidin (magenta) and nuclei by DAPI (blue). Yellow arrowheads point at lamellipodia. Black and white images show the single green and magenta channels. Scale bar, 10 μm. (F) Upper panel: example of filopodia detection by Filoquant plugin for ImageJ (in magenta) from an original picture of a Luzp1–/– cell (in black and white). Scale bar, 5 μm. Lower panel: graphical representation of filopodia number of WT (n = 7; blue dots) and Luzp1–/– cells (n = 7; orange dots). Imaging was performed using widefield fluorescence microscopy (Zeiss Axioimager D1, 63x objective). P-value was calculated using Mann Whitney test. (G) Invasive growth of WT or Luzp1–/– cells was analyzed in 3D collagen matrix. Images were taken at t = 0 h and t = 18 h. Representative images are shown. Scale bar, 25 μm. (H) Representation of the fold change in invasion resulting of dividing the area covered by the cells at t = 18 h by the area covered by the cells at t = 0 h. Data were analyzed by ANOVA and Bonferroni post hoc test or Student’s t-test. The graphs in (B,D,F) represent the Mean and SEM. Data were analyzed by ANOVA and Bonferroni post hoc test or Student’s t-test. ∗P < 0.05; ∗∗P < 0.01.




Luzp1 Deletion Increases Cell Migration and Invasion

Based on the genetic alterations of LUZP1 in cancer specimens as mentioned above, we analyzed intrinsic cellular features altered in cancer, such as cell migration and invasion in vitro, to see how they might be affected with loss of Luzp1. Using CRISPR/Cas9 gene editing directed to exon 1 of murine Luzp1, we previously generated Shh-LIGHT2 mouse embryonic fibroblasts (Taipale et al., 2000) null for Luzp1 (Luzp1–/– cells), and additionally rescued the same cells by expression of human LUZP1-YFP fusion (+ LUZP1 cells) (Bozal-Basterra et al., 2020). Interestingly, Luzp1–/– cells elicited a remarkable increase in migratory capacity compared to WT cells, as shown by wound healing assays (Figures 2A,B). This phenotype was suppressed in + LUZP1 rescue cells. We further confirmed the heightened migratory capacity of Luzp1–/– cells by Boyden chamber or transwell assay (Figures 2C,D).

To migrate, a cell must coordinate a number of different inputs into appropriate cellular responses. Vinculin and phalloidin staining was performed in migrating cells to examine focal adhesions and visualize cell shape, respectively. We observed that Luzp1–/– cells form more lamellipodia than WT at the leading edge of migrating cells (Figure 2E). Filopodia and filopodia-like protrusions are prominent features of migrating cells in vitro (Petrie and Yamada, 2012; Jacquemet et al., 2013; Paul et al., 2015). In concordance with increased migration, Luzp1–/– cells displayed more filopodia than WT cells (Figure 2F and Supplementary Figure S1A). To further characterize the regulation of invasive properties by LUZP1, we generated spheroids to measure the invasive growth into 3D collagen matrix. The results show that the Luzp1–/– cells showed higher invasive capacity than WT cells (Figures 2G,H). Taken together, these data revealed that Luzp1 loss leads to an increase in cell migration and invasion.



Luzp1 Loss Reduces Cell Viability, Alters Cell Cycle and Increases Apoptosis

An increase in cell migration and invasion could be influenced by a differential rate of cell proliferation in Luzp1–/– cells. To check this, we analyzed cell viability in WT, Luzp1–/– and + LUZP1 cells using crystal violet assay. Surprisingly, Luzp1–/– cells exhibited a significant reduction in cell numbers at day 3 and 6 after seeding compared to WT cells (Figure 3A). + LUZP1 cells partially rescued the cell viability impairment (Figure 3A, green line). In addition, EdU labeling and QIBC analysis revealed significant changes in cell cycle (Figure 3B), showing fewer Luzp1–/– cells in G0/G1 phases and more Luzp1–/– cells in S phase compared to WT. To determine the level of apoptosis occurring within each population, we performed FACS analysis of cells co-stained for Annexin V and DRAQ7. We detected more apoptotic cells among the Luzp1–/– cell population (Figure 3C and Supplementary Figure S1B). In agreement with these results, we performed immunofluorescence staining for cleaved caspase-3 (CC3), a marker of mid-stage apoptosis. More apoptotic cells were detected among the Luzp1–/– cell population compared to WT cells (Figures 3D,E). Our results showed a global reduction in cell viability rate. The overall increase in proliferation in Luzp1–/– cells by EdU labeling might be counterbalanced by an increase in apoptosis in Luzp1–/– cells compared to WT. Whether or not these phenotypes are independently linked to LUZP1 function, or one is a consequence of the other, remains to be determined.
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FIGURE 3. Luzp1–/– cells exhibit lower viability and higher apoptosis than WT. (A) Graphical representation of fold change in cell numbers of WT (n = 5; blue line), Luzp1–/– (n = 5; orange line) and + LUZP1 cells (n = 5; green line). P-values were calculated using Two-way ANOVA and Sidak’s multiple comparisons test. (B) Graphical representation of the percentage of WT (blue dots) and Luzp1–/– cells (orange dots) in G0/G1, S or G2/M phases analyzed by EdU labeling and QIBC. P-values were calculated using Two-way ANOVA. (C) Graphical representation of the results of FACS analysis in Supplementary Figure S1B using Annexin V and DRAQ7 staining to determine the percentage of apoptotic cells in WT and Luzp1–/– cells in (n = 4). P-value was calculated using Mann Whitney-U test. (D) Representative micrographs showing WT and Luzp1–/– cells stained with the marker of mid-stage apoptosis cleaved caspase-3 (CC3) (green), phalloidin (magenta), and DAPI (blue). Black and white images show the single green and blue channels. Images were detected using Zeiss fluorescence microscope (Axio Imager D1), × 40 objective. Scale bar: 25 μm. (E) Graphical representation of quantification of CC3-positive cells in (D) showing the percentage of apoptotic cells in WT and Luzp1–/– cells (n = 20 micrographs, objective 20x). P-value was calculated using Mann Whitney-U test. The graphs in (A–C,E) represent the Mean and SEM. ∗P < 0.05; ∗∗∗P < 0.001; ****P < 0.0001.




Luzp1 Depletion Affects Nuclear Size and Centriole Number

The regulation of cell division, migration and invasion is influenced by the size and number of intracellular structures (Ogden et al., 2013; Bell and Lammerding, 2016). We noted a striking alteration in nuclear size, which was significantly increased in Luzp1–/– cells and suppressed in + LUZP1 rescue cells (Figures 4A,B). As LUZP1 localizes to centrosomes and plays a role in ciliogenesis, (Bozal-Basterra et al., 2020; Goncalves et al., 2020), we examined centrosomes from Luzp1–/– cells throughout the cell cycle and noticed an additional phenotype: Luzp1 depletion resulted in the heightened incidence of cells with more than four centrioles (Figure 4C). This phenotype was suppressed in + LUZP1 rescue cells. The presence of multiple centrioles was further verified in 293LUZP1–KO cells (Figure 4D). Taken together, these results point to a regulatory role for LUZP1 in centrosome duplication, cytokinesis, or both, resulting in larger nuclei and multiple centrioles.
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FIGURE 4. Luzp1–/– cells exhibit bigger nuclei and multiple centrioles. (A) Micrographs showing centrioles in wild-type Shh-LIGHT2 cells (WT), Shh-LIGHT2 cells lacking Luzp1 (Luzp1–/–) and Luzp1–/– cells rescued with Luzp1-YFP (+ LUZP1) analyzed during cycling conditions. Centrioles were visualized using gamma-tubulin antibody (gTub, magenta) and nuclei were counterstained using DAPI (blue). Scale bar, 5 μm. Cells containing 2 centrioles are marked with yellow arrowheads and those containing multiple centrioles with white asterisks. (B) Graphical representation of nuclear area of Shh-LIGHT2 WT (n = 178 micrographs; blue dots), Luzp1–/– (n = 185 micrographs; orange dots) and + LUZP1 cells (n = 90 micrographs; green dots). P-values were calculated using Kruskall-Wallis and Dunn’s multiple comparisons tests. (C) Graphical representation of the percentage of cells that exhibit more than 4 centrioles in (A). WT, n = 37 micrographs, blue dots; Luzp1–/–, n = 38 micrographs, orange dots; + LUZP1, n = 35 micrographs, green dots. P-values were calculated using Kruskall-Wallis and Dunn’s multiple comparisons tests. (D) Graphical representation of the percentage of cells that exhibit more than 4 centrioles in wild-type HEK 293FT (293WT) and HEK 293FT cells lacking Luzp1 (293LUZP1KO). 293WT, n = 9 micrographs, blue dots; 293LUZP1KO, n = 12 micrographs, orange dots. P-values were calculated using Mann Whitney-U test. The graphs in (B–D) represent the Mean and SEM. ∗P < 0.05; ∗∗∗P < 0.001; ****P < 0.0001.




Potential Role for LUZP1 in Regulation of Actin Polymerization

Based on the association of LUZP1 to F-actin and the reduction of actin filaments that we had previously observed in Luzp1–/– cells (Bozal-Basterra et al., 2020), as well as the reported interaction of LUZP1 with Arp2 (Hein et al., 2015; Goncalves et al., 2020), we wondered whether other regulators of actin polymerization might be altered. Using western blot, we observed a decrease in total ACTR3 levels (Figure 5A,B), that was accompanied by an increase in phosphorylated cofilin in Luzp1–/– cells (Figures 5C,D). Activation of Rac1 GTPase activity leads to changes in actin polymerization mediated by cofilin and the ARP2/3 complex, but in terms of Rac1 activation by phosphorylation (pRAC1:RAC1 ratio), we did not find significant differences between Luzp1–/– and WT cells (Figures 5E,F). Taken together, these data point to multiple roles for Luzp1 in actin cytoskeleton dynamics.
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FIGURE 5. Changes in levels of proteins related to actin polymerization in Luzp1–/– cells. (A,C,E) Representative western blot of total lysates of Shh-LIGHT2 WT and Luzp1–/– cells. Note a reduction in ACTR3 (A) and an increase in phosphorylated Cofilin (p-Cofilin):Cofilin ratio (C) in Luzp1–/– cells. No significant changes were observed in phosphorylated Rac1 (pRac1) (E). Specific antibodies against ACTR3, Cofilin, phospho-Cofilin, pRac1, Rac1 actin and GAPDH were used. Molecular weight markers (kDa) are shown to the right. (B,D,F) Graphical representation of the fold change of ACTR3/GAPDH ratios obtained in (A), the p-Cofilin/Cofilin ratios obtained in (C) and the pRac1/Rac1 ratios obtained in (E). Data from at least three independent experiments pooled together are shown. P-values were calculated using two-tailed unpaired Student’s t-test. ns: no significant. The graphs in (B,D,F) represent the Mean and SEM. ∗P < 0.05.




DISCUSSION

Our results support that Luzp1 depletion promotes cell migration and invasion, potentially through regulation of the actin cytoskeleton. Importantly, these features are not ascribed to elevated cell viability, since the lack of Luzp1 leads to a reduction in cell numbers and additionally, an increase in cell apoptosis. Our results coincide with the reported anti-proliferative effect of Luzp1 downregulation in colorectal cancer cells (Poel et al., 2019) and the reported increase in proliferation due to Luzp1 upregulation in uterine fibroids (Edwards et al., 2019). Considering the interaction between LUZP1 and LIMA1/EPLIN, our results mirror those showing increased metastatic potential upon loss or downregulation of the tumor suppressor EPLIN (Jiang et al., 2008; Sanders et al., 2010; Zhang et al., 2011; Liu et al., 2012; Collins et al., 2018; Goncalves et al., 2020). In fact, we cannot rule out the possibility that LUZP1 and EPLIN (and/or other LUZP1 interactors) might have a cooperative role in the context of cancer. These findings, combined with the fact that LUZP1 is frequently deleted in many human cancer types, support the hypothesis that LUZP1 has tumor suppressor potential in certain cancers.


LUZP1 Affects Cell Migration and Invasion

Although actin stress fibers contribute to cell shape and adhesion, their exact role in cell migration/invasion has been debated. Stress fibers are absent from several highly motile cells, such as leukocytes (Valerius et al., 1981) and amoeba of Dictyostelium discoideum (Rubino et al., 1984). These observations, together with the relative lack of stress fibers in cells grown in three-dimensional matrices have led to the suggestion that they are not essential for cell migration (Burridge et al., 1988). Indeed, it is possible that, under certain conditions, stress fibers might inhibit motility (Badley et al., 1980; Herman et al., 1981; Cramer et al., 1997; Kemp and Brieher, 2018). These studies match our observations that Luzp1–/– cells, which contain less stress fibers than WT cells (Bozal-Basterra et al., 2020), are more motile than WT.

Many cellular proteins are involved in the tight regulation of actin assembly, which directly influences cell migration and invasion. Actin-related proteins act synergistically to maintain a pool of unpolymerized actin monomers, nucleate, elongate and cap actin filaments, promote dissociation of Pi from ADP-Pi-subunits, sever actin filaments, and crosslink filaments into higher order structures. The Rho GTPases have been studied in association with their roles in the regulation of cell division, migration and invasion, mainly via actin filament organization (Aspenstrom et al., 2004). For instance, RhoD (Ras Homolog Family Member D) binds FILIP1, which binds FLNA and has a crucial function in cell migration in the brain (Nagano et al., 2004; Gad et al., 2012). Interestingly, the domain of FILIP1 that binds RhoD (nucleotides 431–778) has more than 40% homology with the equivalent region of LUZP1. Furthermore, a third related protein, FILIP1L, also inhibits tumor cell migration and invasion in colorectal cancer models (Park et al., 2016). Whether the roles of LUZP1, FILIP1, and FILIP1L are distinct or redundant remains undefined. Future mechanistic studies on how LUZP1 and related proteins regulate actin dynamics will be necessary to understand their roles in these diverse actin-driven cellular processes.



LUZP1 Has a Role in Cell Division

During mitosis the actin cytoskeleton must rearrange and localize to the contractile ring during cytokinesis (Heng and Koh, 2010). This recruitment of F-actin and actin regulatory proteins to the cell cortex during mitosis is essential for the interaction between astral microtubules and cortical actin, which is believed to be important in regulating mitotic spindle orientation (Rankin and Wordeman, 2010). The role of actin and its regulatory proteins in these processes ranges from regulating centrosome separation to proper spindle assembly and orientation and to elongate kinetochore microtubules (Firat-Karalar and Welch, 2011). We observed that Luzp1–/– cells exhibited multiple centrioles, bigger nuclei, decreased cell viability and increased apoptosis. The increased apoptosis seen in our study matches the elevated apoptosis reported in the neuroepithelium of the NTD Luzp1 KO mouse hindbrain, which displays NTD (Hsu et al., 2008). Whether some or all of these phenotypes are due to the reduced actin cytoskeleton seen in Luzp1–/– cells, or due to actin-independent roles for LUZP1, remains to be determined.

Moreover, it was previously found that LUZP1 localizes not only to centrioles and actin cytoskeleton, but also to the midbody in dividing cells (Bozal-Basterra et al., 2020; Goncalves et al., 2020). The midbody is formed at the intercellular bridge in the last phase of cytokinesis and contains crucial proteins for the abscission between the dividing cells (D’Avino and Capalbo, 2016). While one explanation for the multiple centrioles in Luzp1–/– cells could be failed cytokinesis, we did not observe an increase in cells with multiple nuclei, and QIBC analysis did not reveal increased polyploidy in cells, even though nuclei were increased in size. The timing of abscission can influence karyoplasmic ratios, which are thought to be linked to metastatic properties (Rizzotto and Schirmer, 2017). Understanding the role of LUZP1 in the midbody, namely in timing and dynamics of contractile ring formation and contraction, as well as abscission, would be of major interest.



LUZP1 May Affect Both Polymerization and Bundling of Actin Filaments

Actin exists as monomers (G-actin) and filamentous polymers (F-actin) and the maintenance of the balance between G-actin vs. F-actin is important for physiological functions including cell locomotion, cytokinesis, maintenance of cell shape and muscle contraction (Stricker et al., 2010). Two important actors control the polymerization and depolymerization of the actin filaments in cells: the ARP2/3 complex and cofilin. They work synergistically in such a way that the newly polymerized filaments from cofilin-generated barbed ends are ATP-rich filaments that promote the nucleation and branching activity of the ARP2/3 complex (DesMarais et al., 2004). Biochemical studies have shown that LUZP1 is an actin cross-linking protein (Wang and Nakamura, 2019a). As it has been proposed for EPLIN (a LUZP1 interactor) (Song et al., 2002; Maul et al., 2003), one hypothesis is that LUZP1 and EPLIN could regulate actin polymerization by influencing both assembly (nucleation, especially of ARP2/3 branched structures) and disassembly (stability) of F-actin, but this awaits detailed biochemical studies. We observed a reduction in ACTR3 in Luzp1–/– cells compared to WT cells, suggesting that nucleation of branched actin might be diminished. In contrast, we observed an increase in phosphorylated (or inactive) cofilin levels, suggesting that Rho GTPase signaling might be activated upon loss of Luzp1. While normally this leads to increased stress fibers (Ridley and Hall, 1992), if the actin filaments are unable to become bundled due to absence of Luzp1, then phalloidin-positive stress fibers will be reduced, as we observed in Luzp1–/– cells. As suggested by others (Liu et al., 2007), the elevated cofilin phosphorylation levels in Luzp1–/– cells may reflect a compensatory response to weakened stress fibers.



LUZP1 Exhibits Frequent Genomic Aberrations in Cancer

In this work, we demonstrate that heterozygous loss of LUZP1 is frequent in different cancer types. As observed in Luzp1–/– cells, a switch from proliferation to migration/invasion is a common event in the context of cancer (Mehlen and Puisieux, 2006). However, the increase in apoptosis was puzzling. One possibility is that the cytoskeletal alterations and the multiple centrioles could lead to genomic instability. This phenomenon would be deleterious in benign cells, but tolerated in cancer cells. The heterozygous loss of LUZP1 observed in tumor samples could be the consequence of the balance between the advantage of decreasing LUZP1 levels enough to promote invasion and the counterselection of complete loss to avoid genomic instability or cell division defects leading to apoptosis. Another perspective would be that complete LUZP1 loss might be counterselected in cancer due to the antiproliferative and proapoptotic effects, and this explains the frequency of heterozygous losses.

In summary, our study demonstrates that LUZP1 controls proliferative and invasive features in cancer, thus providing a feasible explanation for its frequent copy number aberrations in various cancer types.
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Supplementary Figure 1 | LUZP1 knockout cells display more filopodia and more apoptosis than control. (A) Micrographs of representative individual WT and Luzp1–/– cells used for Figure 2F. Filopodia were detected by WGA (magenta), F-actin by phalloidin (green) and nuclei by DAPI (blue). Yellow arrowheads point at regions containing filopodia. Black and white images show the single green and magenta channels. Scale bar, 2.5 μm. (B) Representative profiles of FACS analysis of apoptosis in WT and Luzp1–/– cells analyzed in Figure 3C. Q2 and Q4 point at early and late apoptosis cells (blue and purple dots, respectively).


FOOTNOTES

1http://crispr.mit.edu/

2http://portals.broadinstitute.org/tcga/home


REFERENCES

Aspenstrom, P., Fransson, A., and Saras, J. (2004). Rho GTPases have diverse effects on the organization of the actin filament system. Biochem. J. 377(Pt 2), 327–337. doi: 10.1042/BJ20031041

Badley, R. A., Couchman, J. R., and Rees, D. A. (1980). Comparison of the cell cytoskeleton in migratory and stationary chick fibroblasts. J. Muscle Res. Cell Motil. 1, 5–14.

Bell, E. S., and Lammerding, J. (2016). Causes and consequences of nuclear envelope alterations in tumor progression. Eur. J. Cell Biol. 95, 449–464. doi: 10.1016/j.ejcb.2016.06.007

Bozal-Basterra, L., Gonzalez-Santamarta, M., Muratore, V., Bermejo-Arteagabeitia, A., Da Fonseca, C., Barroso-Gomila, O., et al. (2020). LUZP1, a novel regulator of primary cilia and the actin cytoskeleton, is a contributing factor in Townes-Brocks Syndrome. eLife 9:e55957. doi: 10.7554/eLife.55957

Burridge, K., Fath, K., Kelly, T., Nuckolls, G., and Turner, C. (1988). Focal adhesions: transmembrane junctions between the extracellular matrix and the cytoskeleton. Annu. Rev. Cell Biol. 4, 487–525. doi: 10.1146/annurev.cb.04.110188.002415

Cerami, E., Gao, J., Dogrusoz, U., Gross, B. E., Sumer, S. O., Aksoy, B. A., et al. (2012). The cBio cancer genomics portal: an open platform for exploring multidimensional cancer genomics data. Cancer Discov. 2, 401–404. doi: 10.1158/2159-8290.CD-12-0095

Collins, R. J., Morgan, L. D., Owen, S., Ruge, F., Jiang, W. G., and Sanders, A. J. (2018). Mechanistic insights of epithelial protein lost in neoplasm in prostate cancer metastasis. Int. J. Cancer 143, 2537–2550. doi: 10.1002/ijc.31786

Cortazar, A. R., Torrano, V., Martin-Martin, N., Caro-Maldonado, A., Camacho, L., Hermanova, I., et al. (2018). CANCERTOOL: a visualization and representation interface to exploit cancer datasets. Cancer Res. 78, 6320–6328. doi: 10.1158/0008-5472.CAN-18-1669

Cramer, L. P., Siebert, M., and Mitchison, T. J. (1997). Identification of novel graded polarity actin filament bundles in locomoting heart fibroblasts: implications for the generation of motile force. J. Cell Biol. 136, 1287–1305.

D’Avino, P. P., and Capalbo, L. (2016). Regulation of midbody formation and function by mitotic kinases. Semin. Cell Dev. Biol. 53, 57–63.

DesMarais, V., Macaluso, F., Condeelis, J., and Bailly, M. (2004). Synergistic interaction between the Arp2/3 complex and cofilin drives stimulated lamellipod extension. J. Cell Sci. 117(Pt 16), 3499–3510. doi: 10.1242/jcs.01211

Eden, S., Rohatgi, R., Podtelejnikov, A. V., Mann, M., and Kirschner, M. W. (2002). Mechanism of regulation of WAVE1-induced actin nucleation by Rac1 and Nck. Nature 418, 790–793. doi: 10.1038/nature00859

Edwards, T. L., Giri, A., Hellwege, J. N., Hartmann, K. E., Stewart, E. A., Jeff, J. M., et al. (2019). A trans-ethnic genome-wide association study of uterine fibroids. Front. Genet. 10:511. doi: 10.3389/fgene.2019.00511

Etienne-Manneville, S., and Hall, A. (2002). Rho GTPases in cell biology. Nature 420, 629–635. doi: 10.1038/nature01148

Firat-Karalar, E. N., and Welch, M. D. (2011). New mechanisms and functions of actin nucleation. Curr. Opin. Cell Biol. 23, 4–13. doi: 10.1016/j.ceb.2010.10.007

Gad, A. K., Nehru, V., Ruusala, A., and Aspenstrom, P. (2012). RhoD regulates cytoskeletal dynamics via the actin nucleation-promoting factor WASp homologue associated with actin Golgi membranes and microtubules. Mol. Biol. Cell 23, 4807–4819. doi: 10.1091/mbc.E12-07-0555

Gao, J., Aksoy, B. A., Dogrusoz, U., Dresdner, G., Gross, B., Sumer, S. O., et al. (2013). Integrative analysis of complex cancer genomics and clinical profiles using the cBioPortal. Sci. Signal. 6:l1. doi: 10.1126/scisignal.2004088

Goncalves, J., Sharma, A., Coyaud, E., Laurent, E. M. N., Raught, B., and Pelletier, L. (2020). LUZP1 and the tumor suppressor EPLIN modulate actin stability to restrict primary cilia formation. J. Cell Biol. 219:e201908132. doi: 10.1083/jcb.201908132

Hanahan, D., and Weinberg, R. A. (2011). Hallmarks of cancer: the next generation. Cell 144, 646–674. doi: 10.1016/j.cell.2011.02.013

Hein, M. Y., Hubner, N. C., Poser, I., Cox, J., Nagaraj, N., Toyoda, Y., et al. (2015). A human interactome in three quantitative dimensions organized by stoichiometries and abundances. Cell 163, 712–723.

Heng, Y. W., and Koh, C. G. (2010). Actin cytoskeleton dynamics and the cell division cycle. Int. J. Biochem. Cell Biol. 42, 1622–1633. doi: 10.1016/j.biocel.2010.04.007

Herman, I. M., Crisona, N. J., and Pollard, T. D. (1981). Relation between cell activity and the distribution of cytoplasmic actin and myosin. J. Cell Biol. 90, 84–91.

Hsu, C. Y., Chang, N. C., Lee, M. W., Lee, K. H., Sun, D. S., Lai, C., et al. (2008). LUZP deficiency affects neural tube closure during brain development. Biochem. Biophys. Res. Commun. 376, 466–471. doi: 10.1016/j.bbrc.2008.08.170

Jacquemet, G., Green, D. M., Bridgewater, R. E., von Kriegsheim, A., Humphries, M. J., Norman, J. C., et al. (2013). RCP-driven alpha5beta1 recycling suppresses Rac and promotes RhoA activity via the RacGAP1-IQGAP1 complex. J. Cell Biol. 202, 917–935. doi: 10.1083/jcb.201302041

Jacquemet, G., Paatero, I., Carisey, A. F., Padzik, A., Orange, J. S., Hamidi, H., et al. (2017). FiloQuant reveals increased filopodia density during breast cancer progression. J. Cell Biol. 216, 3387–3403. doi: 10.1083/jcb.201704045

Jiang, W. G., Martin, T. A., Lewis-Russell, J. M., Douglas-Jones, A., Ye, L., and Mansel, R. E. (2008). Eplin-alpha expression in human breast cancer, the impact on cellular migration and clinical outcome. Mol. Cancer 7:71. doi: 10.1186/1476-4598-7-71

Jordan, V. K., Zaveri, H. P., and Scott, D. A. (2015). 1p36 deletion syndrome: an update. Appl. Clin. Genet. 8, 189–200. doi: 10.2147/TACG.S65698

Kemp, J. P. Jr., and Brieher, W. M. (2018). The actin filament bundling protein alpha-actinin-4 actually suppresses actin stress fibers by permitting actin turnover. J. Biol. Chem. 293, 14520–14533. doi: 10.1074/jbc.RA118.004345

Kwon, M., Lee, S. J., Wang, Y., Rybak, Y., Luna, A., Reddy, S., et al. (2014). Filamin A interacting protein 1-like inhibits WNT signaling and MMP expression to suppress cancer cell invasion and metastasis. Int. J. Cancer 135, 48–60. doi: 10.1002/ijc.28662

Lapointe, J., Li, C., Higgins, J. P., van de Rijn, M., Bair, E., Montgomery, K., et al. (2004). Gene expression profiling identifies clinically relevant subtypes of prostate cancer. Proc. Natl. Acad. Sci. U.S.A. 101, 811–816. doi: 10.1073/pnas.0304146101

Lee, M. W., Chang, A. C., Sun, D. S., Hsu, C. Y., and Chang, N. C. (2001). Restricted expression of LUZP in neural lineage cells: a study in embryonic stem cells. J. Biomed. Sci. 8, 504–511. doi: 10.1159/000046172

Liu, X. S., Luo, H. J., Yang, H., Wang, L., Kong, H., Jin, Y. E., et al. (2007). Palladin regulates cell and extracellular matrix interaction through maintaining normal actin cytoskeleton architecture and stabilizing beta1-integrin. J. Cell. Biochem. 100, 1288–1300. doi: 10.1002/jcb.21126

Liu, Y., Sanders, A. J., Zhang, L., and Jiang, W. G. (2012). EPLIN-alpha expression in human oesophageal cancer and its impact on cellular aggressiveness and clinical outcome. Anticancer Res. 32, 1283–1289.

Lu, X., Lu, X., Wang, Z. C., Iglehart, J. D., Zhang, X., and Richardson, A. L. (2008). Predicting features of breast cancer with gene expression patterns. Breast Cancer Res. Treat. 108, 191–201. doi: 10.1007/s10549-007-9596-6

Machesky, L. M., Reeves, E., Wientjes, F., Mattheyse, F. J., Grogan, A., Totty, N. F., et al. (1997). Mammalian actin-related protein 2/3 complex localizes to regions of lamellipodial protrusion and is composed of evolutionarily conserved proteins. Biochem. J. 328(Pt 1), 105–112.

Maul, R. S., Song, Y., Amann, K. J., Gerbin, S. C., Pollard, T. D., and Chang, D. D. (2003). EPLIN regulates actin dynamics by cross-linking and stabilizing filaments. J. Cell Biol. 160, 399–407. doi: 10.1083/jcb.200212057

Mehlen, P., and Puisieux, A. (2006). Metastasis: a question of life or death. Nat. Rev. Cancer 6, 449–458. doi: 10.1038/nrc1886

Nagano, T., Morikubo, S., and Sato, M. (2004). Filamin A and FILIP (Filamin A-Interacting Protein) regulate cell polarity and motility in neocortical subventricular and intermediate zones during radial migration. J. Neurosci. 24, 9648–9657. doi: 10.1523/JNEUROSCI.2363-04.2004

Ogden, A., Rida, P. C., and Aneja, R. (2013). Heading off with the herd: how cancer cells might maneuver supernumerary centrosomes for directional migration. Cancer Metastasis Rev. 32, 269–287. doi: 10.1007/s10555-012-9413-5

Park, Y. L., Park, S. Y., Lee, S. H., Kim, R. B., Kim, J. K., Rew, S. Y., et al. (2016). Filamin A interacting protein 1-like expression inhibits progression in colorectal cancer. Oncotarget 7, 72229–72241. doi: 10.18632/oncotarget.12664

Paul, N. R., Allen, J. L., Chapman, A., Morlan-Mairal, M., Zindy, E., Jacquemet, G., et al. (2015). alpha5beta1 integrin recycling promotes Arp2/3-independent cancer cell invasion via the formin FHOD3. J. Cell Biol. 210, 1013–1031. doi: 10.1083/jcb.201502040

Petrie, R. J., and Yamada, K. M. (2012). At the leading edge of three-dimensional cell migration. J. Cell Sci. 125(Pt 24), 5917–5926. doi: 10.1242/jcs.093732

Poel, D., Boyd, L. N. C., Beekhof, R., Schelfhorst, T., Pham, T. V., Piersma, S. R., et al. (2019). Proteomic analysis of miR-195 and miR-497 replacement reveals potential candidates that increase sensitivity to oxaliplatin in MSI/P53wt colorectal cancer cells. Cells 8:1111. doi: 10.3390/cells8091111

Pollard, T. D., and Cooper, J. A. (2009). Actin, a central player in cell shape and movement. Science 326, 1208–1212. doi: 10.1126/science.1175862

Rankin, K. E., and Wordeman, L. (2010). Long astral microtubules uncouple mitotic spindles from the cytokinetic furrow. J. Cell Biol. 190, 35–43. doi: 10.1083/jcb.201004017

Ridley, A. J., and Hall, A. (1992). The small GTP-binding protein rho regulates the assembly of focal adhesions and actin stress fibers in response to growth factors. Cell 70, 389–399. doi: 10.1016/0092-8674(92)90163-7

Rizzotto, A., and Schirmer, E. C. (2017). Breaking the scale: how disrupting the karyoplasmic ratio gives cancer cells an advantage for metastatic invasion. Biochem. Soc. Trans. 45, 1333–1344. doi: 10.1042/BST20170153

Rottner, K., Hall, A., and Small, J. V. (1999). Interplay between Rac and Rho in the control of substrate contact dynamics. Curr. Biol. 9, 640–648.

Rubino, S., Fighetti, M., Unger, E., and Cappuccinelli, P. (1984). Location of actin, myosin, and microtubular structures during directed locomotion of Dictyostelium amebae. J. Cell Biol. 98, 382–390.

Sanders, A. J., Ye, L., Mason, M. D., and Jiang, W. G. (2010). The impact of EPLINalpha (Epithelial protein lost in neoplasm) on endothelial cells, angiogenesis and tumorigenesis. Angiogenesis 13, 317–326. doi: 10.1007/s10456-010-9188-7

Song, Y., Maul, R. S., Gerbin, C. S., and Chang, D. D. (2002). Inhibition of anchorage-independent growth of transformed NIH3T3 cells by epithelial protein lost in neoplasm (EPLIN) requires localization of EPLIN to actin cytoskeleton. Mol. Biol. Cell 13, 1408–1416. doi: 10.1091/mbc.01-08-0414

Stricker, J., Falzone, T., and Gardel, M. L. (2010). Mechanics of the F-actin cytoskeleton. J. Biomech. 43, 9–14. doi: 10.1016/j.jbiomech.2009.09.003

Sun, D. S., Chang, A. C., Jenkins, N. A., Gilbert, D. J., Copeland, N. G., and Chang, N. C. (1996). Identification, molecular characterization, and chromosomal localization of the cDNA encoding a novel leucine zipper motif-containing protein. Genomics 36, 54–62. doi: 10.1006/geno.1996.0425

Taipale, J., Chen, J. K., Cooper, M. K., Wang, B., Mann, R. K., Milenkovic, L., et al. (2000). Effects of oncogenic mutations in Smoothened and Patched can be reversed by cyclopamine. Nature 406, 1005–1009. doi: 10.1038/35023008

Taylor, B. S., Schultz, N., Hieronymus, H., Gopalan, A., Xiao, Y., Carver, B. S., et al. (2010). Integrative genomic profiling of human prostate cancer. Cancer Cell 18, 11–22. doi: 10.1016/j.ccr.2010.05.026

Valerius, N. H., Stendahl, O., Hartwig, J. H., and Stossel, T. P. (1981). Distribution of actin-binding protein and myosin in polymorphonuclear leukocytes during locomotion and phagocytosis. Cell 24, 195–202.

Wang, J., and Nakamura, F. (2019a). Identification of Filamin A mechanobinding partner II: fimbacin is a novel actin cross-linking and Filamin A binding protein. Biochemistry 58, 4737–4743. doi: 10.1021/acs.biochem.9b00101

Wang, L., and Nakamura, F. (2019b). Identification of Filamin A Mechanobinding Partner I: smoothelin Specifically Interacts with the Filamin A Mechanosensitive Domain 21. Biochemistry 58, 4726–4736. doi: 10.1021/acs.biochem.9b00100

Zaveri, H. P., Beck, T. F., Hernandez-Garcia, A., Shelly, K. E., Montgomery, T., van Haeringen, A., et al. (2014). Identification of critical regions and candidate genes for cardiovascular malformations and cardiomyopathy associated with deletion of critical regions and candidate genes for cardiovascular malformations and cardiomyopathy associated with deletions of chromosome 1p36. PLoS One 9:e85600. doi: 10.1371/journal.pone.0085600

Zhang, S., Wang, X., Osunkoya, A. O., Iqbal, S., Wang, Y., Chen, Z., et al. (2011). EPLIN downregulation promotes epithelial-mesenchymal transition in prostate cancer cells and correlates with clinical lymph node metastasis. Oncogene 30, 4941–4952. doi: 10.1038/onc.2011.199

Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2021 Bozal-Basterra, Gonzalez-Santamarta, Muratore, Martín-Martín, Ercilla, Rodríguez, Carracedo, Sutherland and Barrio. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.











	 
	ORIGINAL RESEARCH
published: 30 April 2021
doi: 10.3389/fcell.2021.634649





[image: image]

Superresolution Microscopy Reveals Distinct Phosphoinositide Subdomains Within the Cilia Transition Zone

Sarah E. Conduit1†, Elizabeth M. Davies1, Alex J. Fulcher2, Viola Oorschot3† and Christina A. Mitchell1*

1Cancer Program, Monash Biomedicine Discovery Institute, Department of Biochemistry and Molecular Biology, Monash University, Clayton, VIC, Australia

2Monash Micro Imaging, Monash University, Clayton, VIC, Australia

3Monash Ramaciotti Centre for Structural Cryo-Electron Microscopy, Monash University, Clayton, VIC, Australia

Edited by:
Francesc R. Garcia-Gonzalo, Autonomous University of Madrid, Spain

Reviewed by:
Michel Leroux, Simon Fraser University, Canada
René-Marc Mège, Centre National de la Recherche Scientifique (CNRS), France
Oliver Blacque, University College Dublin, Ireland

*Correspondence: Christina A. Mitchell, christina.mitchell@monash.edu

†Present address: Sarah E. Conduit, UCL Cancer Institute, University College London, London, United Kingdom; Viola Oorschot, Electron Microscopy Core Facility (EMCF), European Molecular Biology Laboratory (EMBL), Heidelberg, Germany

Specialty section: This article was submitted to Cell Adhesion and Migration, a section of the journal Frontiers in Cell and Developmental Biology

Received: 28 November 2020
Accepted: 06 April 2021
Published: 30 April 2021

Citation: Conduit SE, Davies EM, Fulcher AJ, Oorschot V and Mitchell CA (2021) Superresolution Microscopy Reveals Distinct Phosphoinositide Subdomains Within the Cilia Transition Zone. Front. Cell Dev. Biol. 9:634649. doi: 10.3389/fcell.2021.634649

Primary cilia are evolutionary conserved microtubule-based organelles that protrude from the surface of most mammalian cells. Phosphoinositides (PI) are membrane-associated signaling lipids that regulate numerous cellular events via the recruitment of lipid-binding effectors. The temporal and spatial membrane distribution of phosphoinositides is regulated by phosphoinositide kinases and phosphatases. Recently phosphoinositide signaling and turnover has been observed at primary cilia. However, the precise localization of the phosphoinositides to specific ciliary subdomains remains undefined. Here we use superresolution microscopy (2D stimulated emission depletion microscopy) to map phosphoinositide distribution at the cilia transition zone. PI(3,4,5)P3 and PI(4,5)P2 localized to distinct subregions of the transition zone in a ring-shape at the inner transition zone membrane. Interestingly, the PI(3,4,5)P3 subdomain was more distal within the transition zone relative to PtdIns(4,5)P2. The phosphoinositide effector kinase pAKT(S473) localized in close proximity to these phosphoinositides. The inositol polyphosphate 5-phosphatase, INPP5E, degrades transition zone phosphoinositides, however, studies of fixed cells have reported recombinant INPP5E localizes to the ciliary axoneme, distant from its substrates. Notably, here using live cell imaging and optimized fixation/permeabilization protocols INPP5E was found concentrated at the cilia base, in a distribution characteristic of the transition zone in a ring-shaped domain of similar dimensions to the phosphoinositides. Collectively, this superresolution map places the phosphoinositides in situ with the transition zone proteins and reveals that INPP5E also likely localizes to a subdomain of the transition zone membrane, where it is optimally situated to control local phosphoinositide metabolism.
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INTRODUCTION

The small hair-like sensory organelle the primary cilium is a critical regulator of cell biology (Bangs and Anderson, 2017). In vivo most cell types exhibit a single primary cilium that projects from the surface and detects external cues. The essential role these organelles play in development and homeostasis is highlighted by the ciliopathy syndromes, caused by mutations in key ciliary genes, which result in severe phenotypes including embryonic lethality, exencephaly, blindness, polycystic kidneys and mental retardation, among others (Wheway and Mitchison, 2019). The ability of the primary cilium to concentrate signaling molecules and sample the environment makes it an ideal hub for signal transduction. Indeed Hedgehog, Wnt, planar cell polarity, receptor tyrosine kinases and G protein-coupled receptors transduce signals via the cilium (Huangfu et al., 2003; Schneider et al., 2005; Simons et al., 2005; Corbit et al., 2008).

Primary cilia are microtubule-based structures anchored by a modified mother centriole, known as the basal body. The axoneme is made up of 9 microtubule doublets (in a 9 + 0 arrangement) which extend from the basal body. The ciliary membrane covers the axoneme and is continuous with the plasma membrane but enriched with a distinctive protein and lipid complement. The transition zone is the region at the base of the axoneme distal to the basal body which acts a gate governing the entry and exit of molecules to the cilium (Gonçalves and Pelletier, 2017). This zone consists of three multi-protein complexes MKS, NPHP and CEP290 that form part of the ciliary diffusion barrier (Chih et al., 2011; Garcia-Gonzalo et al., 2011; Sang et al., 2011), however, the molecular mechanisms of barrier function remain incompletely understood. These complexes consist of transmembrane, membrane-associated and cytosolic proteins which are dependent upon each other for localization to the transition zone.

Phosphoinositides (PIs) are low abundance membrane lipids that play diverse signaling roles and have been recently identified in the ciliary membrane and transition zone (Chavez et al., 2015; Garcia-Gonzalo et al., 2015; Park et al., 2015; Conduit et al., 2017; Dyson et al., 2017) (reviewed in Conduit and Vanhaesebroeck (2020)). PIs consist of a fatty acid backbone anchored in the membrane with a cytosol facing inositol head group that can be decorated by phosphorylation of the 3-, 4- and 5-positions, producing six phosphorylated species with distinct signaling functions. PI(4)P, PI(4,5)P2, PI(3,4,5)P3 and PI(3,4)P2 localize to the primary cilium with PI(4,5)P2, PI(3,4,5)P3 and PI(3,4)P2 identified at the transition zone (Chavez et al., 2015; Garcia-Gonzalo et al., 2015; Park et al., 2015; Conduit et al., 2017; Dyson et al., 2017). Notably many transition zone proteins contain putative PI binding C2 and B9 domains but whether these proteins actually bind PIs in vivo at cilia has not been confirmed (Dowdle et al., 2011; Garcia-Gonzalo and Reiter, 2012; Remans et al., 2014). Established PI-binding effectors, such as the pleckstrin homology (PH) domain-containing activated form of the serine threonine kinase AKT also localize between the basal body and the axoneme, possibly at the transition zone (Zhu et al., 2009; Schneider et al., 2010; Higginbotham et al., 2013; Suizu et al., 2016; Conduit et al., 2017). Accumulation of PI(4,5)P2 and PI(3,4,5)P3 at the transition zone is associated with disruption of the transition zone protein complexes and compromised diffusion barrier function (Dyson et al., 2017). This suggests the PIs are critical organizers of transition zone architecture, however, the precise interactions and structural arrangement of the PIs within the transition zone protein network have not been reported to date.

The transition zone PIs are regulated by the inositol polyphosphate 5-phosphatase INPP5E (Conduit et al., 2017; Dyson et al., 2017) which dephosphorylates PI(4,5)P2 and PI(3,4,5)P3 to produce PI(4)P and PI(3,4)P2 respectively (Kisseleva et al., 2000; Kong et al., 2000). INPP5E mutations cause two ciliopathy syndromes, Joubert syndrome and MORM (Bielas et al., 2009; Jacoby et al., 2009). In mice, Inpp5e deletion is embryonic lethal with classical cilia dysfunction phenotypes and repression of cilia-dependent Hedgehog signaling (Jacoby et al., 2009; Chavez et al., 2015; Garcia-Gonzalo et al., 2015; Dyson et al., 2017). Inpp5e-null cells show elevated transition zone PI(4,5)P2 and PI(3,4,5)P3 signals and defective transition zone function (Dyson et al., 2017). Multiple studies have reported INPP5E localizes to the ciliary axoneme, a distribution that is disrupted by the MORM syndrome mutation (Jacoby et al., 2009; Garcia-Gonzalo et al., 2011; Humbert et al., 2012; Roberson et al., 2015; Slaats et al., 2016; Conduit et al., 2017; Dyson et al., 2017; Goetz et al., 2017; Qiu et al., 2021). INPP5E localization to the axoneme is dependent on a functional transition zone and a network of the cilia associated proteins ARL13B, PDE6D and CEP164 (Garcia-Gonzalo et al., 2011; Humbert et al., 2012; Roberson et al., 2015; Slaats et al., 2016; Goetz et al., 2017; Qiu et al., 2021). However, this raises the question of how a 5-phosphatase in the cilia axoneme can access and tightly control its substrates at the transition zone. Perhaps INPP5E transiently passes through the transition zone en route to the axoneme and in the process hydrolyses the PIs, however, such transient localization is not easily detected in fixed cells. Consistent with this contention, in a small subset of fixed cells, low level transition zone INPP5E has been observed (Dyson et al., 2017), and in photoreceptors that have a highly modified cilium, INPP5E localizes to the connecting cilium which corresponds to the transition zone (Sharif et al., 2021). Alternatively, it is possible that standard immunofluorescence (IF) techniques used to date do not accurately preserve and represent the correct INPP5E localization.

The transition zone is ∼250–300 nm in diameter, which is similar to the resolution limit of confocal microscopy, meaning all components appear to co-localize as a single punctum at this site using confocal microscopy (Yang et al., 2015). Therefore, higher resolution imaging techniques are required to elucidate the molecular organization of protein and PI components within the transition zone, a critical step to understand how the transition zone diffusion barrier operates. Immunoelectron microscopy has provided some insights into cilia ultra-structure (Deane et al., 2001; Craige et al., 2010), but cannot be used to directly visualize PIs. Expression of PI binding biosensors enables detection via electron microscopy but is also limited by potential lipids sequestration artifacts, interferes with function and does not always accurately reflect PI localization (Hammond and Balla, 2015). Superresolution 2D stimulated emission depletion (STED) microscopy provides 50 nm resolution and has been used to begin to map the transition zone protein architecture (Yang et al., 2015). Superresolution imaging of the transition zone has revealed that many of the protein components exhibit a hollow ring-shaped domain, surrounding other components occupying a solid domain in the center with a similar width to the microtubule axoneme. These proteins also localize to distinct domains in the proximal-distal axis of the transition zone (Yang et al., 2015).

Superresolution STED microscopy provides the ideal methodology to map the localization of PIs, their regulatory enzymes and effectors in the context of the transition zone protein network, overcoming the resolution limit of light microscopy and technical limitations of electron microscopy. Here, we mapped the transition zone localization of the PIs PI(4,5)P2 and PI(3,4,5)P3, the PI effector pAKT(S473), and the PI regulator INPP5E using STED microscopy and placed these transition zone components within the context of the recently described transition zone protein network.



RESULTS


Phosphoinositides Localize to the Cilia Transition Zone

We have shown PI(4,5)P2 and PI(3,4,5)P3 localize to the cilia transition zone (Conduit et al., 2017; Dyson et al., 2017), however, their precise localization within the complex architecture created by the transition zone protein components is unknown. This is in part due to the resolution of confocal microscopy, which has been used for all studies of ciliary PIs to date (Chavez et al., 2015; Garcia-Gonzalo et al., 2015; Park et al., 2015; Conduit et al., 2017; Dyson et al., 2017) (reviewed in Conduit and Vanhaesebroeck (2020)) and is limited to ∼250 nm, approximately the same size as the diameter of the transition zone (Yang et al., 2015). 2D STED microscopy is a superresolution imaging technique that reaches 50 nm resolution for cells (Hell and Wichmann, 1994; Klar et al., 2000; Donnert et al., 2007), making it ideal to resolve the transition zone architecture. Indeed, STED imaging was recently used to map the localization of several transition zone proteins (Yang et al., 2015). To obtain the highest resolution in the plane parallel to the axoneme and maintain resolution in the perpendicular plane, imaging was undertaken using a light path perpendicular to the axoneme using the well characterized ciliated human retinal pigment epithelial cell line, hTERT-retinal pigment epithelial 1 (RPE1), as reported previously (Yang et al., 2015). The majority of hTERT-RPE1 cilia form parallel to the imaging plane making this approach possible.

The PI distribution observed via STED microscopy was first compared to confocal resolution in the same cell. A single PI(4,5)P2 punctum was observed at the transition zone by confocal microscopy. In contrast, STED imaging enabled the detection of two distinct intensity peaks, characteristic of a cross section through a ring-shape structure (Figure 1A). The distribution of PI(3,4,5)P3, which is generated from PI(4,5)P2 by phosphoinositide 3-kinases (PI3Ks), was evaluated using STED imaging and also exhibited two distinct signals at the transition zone (Figure 1B), suggesting these related PIs may co-localize to the same transition zone subdomain.
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FIGURE 1. PI(4,5)P2 and PI(3,4,5)P3 localize to the transition zone in ciliated hTERT-RPE1 cells. (A,B) Ciliated hTERT-RPE1 cells were immunostained with (A) PI(4,5)P2 or (B) PI(3,4,5)P3 (green) and ARL13B (grayscale) antibodies and imaged by confocal and STED microscopy. Right panels show merged image at lower magnification. Arrows indicate transition zone PI(4,5)P2 signals, bar indicates 1 μm. (C,D) Ciliated hTERT-RPE1 cells were immunostained with (C) PI(4,5)P2 (green) or (D) PI(3,4,5)P3 (green) and TCTN1 (red) or ARL13B (grayscale) antibodies using the Hammond et al. (2009) Golgi protocol, the methanol permeabilization protocol, the Yang et al. (2015) or Garcia-Gonzalo et al. (2011) protocol and imaged by confocal microscopy, bar indicates 1 μm.


Several studies have reported PI(4,5)P2, PI(4)P and PI(3,4,5)P3 localization to cilia but with different distributions, possibly due to differences in detection, fixation and/or staining techniques (Chavez et al., 2015; Garcia-Gonzalo et al., 2015; Conduit et al., 2017; Dyson et al., 2017; Phua et al., 2017; Conduit and Vanhaesebroeck, 2020). For example, Chavez et al. (2015) reported that PI(4,5)P2 localizes to the ciliary axoneme, concentrated at the ciliary tip. PI(4,5)P2 was also observed at the proximal end of the axoneme by Garcia-Gonzalo et al. (2015) and Phua et al. (2017). In contrast, we have consistently observed PI(4,5)P2 concentrated at the transition zone at the base of the cilium in multiple cell types (Conduit et al., 2017; Dyson et al., 2017). The PI fatty acid back bone localizes to the membrane whilst the inositol ring, which is reversibly phosphorylated, faces the cytosol and as such these lipids can be extracted from the membrane by detergent or during fixation. To optimize superresolution imaging, we performed a comprehensive comparison of the PI distribution obtained using multiple different staining techniques based on previous reports of ciliary PI and transition zone component detection, using validated PI antibodies (Hammond et al., 2006, 2009; Yip et al., 2008). We have reported that the transition zone PI(4,5)P2 antibody signal is ablated by Neomycin which blocks the lipid and the transition zone PI(3,4,5)P3 antibody signal is reduced by pan-PI3K inhibition (Dyson et al., 2017). PI(4,5)P2 was examined using the validated “Golgi” staining protocol developed by Hammond et al. (2009), and revealed PI(4,5)P2 localized to the ciliary transition zone, co-localizing with the transition zone marker TCTN1 (Figure 1C). A consistent transition zone PI(4,5)P2 distribution at the cilia base was also observed using a standard IF protocol with methanol permeabilization and protocols reported by Yang et al. (2015) and Garcia-Gonzalo et al. (2011) for detection of transition zone components (Figure 1C). We then assessed the ciliary localization of PI(3,4,5)P3 using these staining techniques. PI(3,4,5)P3 exhibited a similar distribution at the transition zone (co-localizing with TCTN1) via all staining protocols utilized (Figure 1D). Finally, PI(4)P has been reported to localize to the axoneme (Chavez et al., 2015; Garcia-Gonzalo et al., 2015). We tested the Hammond et al. (2009) “Golgi” staining protocol as it is the most well-established method for intracellular PI detection by indirect IF. PI(4)P signals were detected in a distribution resembling the Golgi (Supplementary Figure 1A) as expected (Hammond et al., 2009), however, we failed to detect any cilia associated PI(4)P signals using this method for unknown reasons.

Chavez et al. (2015) observed both PI(4,5)P2 and PI(4)P in the cilia axoneme in neural stem cells, contrasting with our findings here and as we reported previously (Conduit et al., 2017; Dyson et al., 2017). Therefore, we used the protocol reported by Chavez et al. (2015), which includes paraformaldehyde (PFA) fixation and 0.3% Triton X-100 permeabilization, to assess cilia PIs in MEFs. In contrast to the Chavez et al. (2015) report, here under these conditions PI(4,5)P2 was detected at the transition zone, whereas PI(4)P and PI(3,4,5)P3 were not detected using this method (Supplementary Figure 1B). The transition zone PI(4,5)P2 signal was also observed using these staining conditions in hTERT-RPE1 cells (Supplementary Figure 1C). The reasons for the distinct PI(4,5)P2 localization and inability to detect ciliary PI(4)P under the same staining conditions as reported previously are unclear, but may relate to the use of different antibodies or subtle changes in the duration or conditions of fixation and/or permeabilization.



PI(4,5)P2 and PI(3,4,5)P3 Localize to Distinct Subdomains of the Transition Zone

We next mapped the localization of PI(4,5)P2 at the transition zone in hTERT-RPE1 cells relative to transition zone proteins TCTN1, MKS3, RPGRIP1L and AHI1, components of the MKS and NPHP complexes (Gong et al., 2018), and distal appendage protein CEP164 to mark the proximal boundary of the transition zone (Yang et al., 2015). STED resolution imaging was performed for the PI and transition zone protein components and overlayed on a confocal resolution image of the ARL13B stained axoneme (Figure 2A). PI(4,5)P2 exhibited a wider lateral distribution than MKS3, RPGRIP1L or AHI1, a similar width compared to TCTN1 and a significantly narrower domain than CEP164 (Figures 2A,B,D). RPGRIP1L localized toward the center of the transition zone (Yang et al., 2015). Note, we also observed MKS3 staining proximal to the transition zone which may correspond to the basal body given MKS3 was previously shown to localize to olfactory sensory neuron dendritic knobs, which contain the olfactory cilia basal bodies (Pluznick et al., 2011). TCTN1 contains a signal peptide but no extracellular domains and functions cell autonomously suggesting it is closely associated with the transition zone membrane (Garcia-Gonzalo et al., 2011). PI(4,5)P2 localization relative to the transition zone proteins (Figures 2A,B) is consistent with a localization within the inner leaflet of the transition zone membrane. In the axial plane, parallel to the axis of the axoneme, PI(4,5)P2 was more proximal to the cilia base than MKS3, RPGRIP1L and AHI1 and closest (less than 50 nm, the limit of STED resolution) to TCTN1 (Figures 2A,C,D). Interestingly, both PI(4,5)P2 and TCTN1 were < 50 nm from CEP164 in the axial plane, which represents the most proximal level of the transition zone (Figures 2A,C,D). In some cells where the cilium was located at an angle to the light path, PI(4,5)P2 exhibited a hollow ring-shape at the transition zone (Figure 2E).
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FIGURE 2. PI(4,5)P2 localizes to a specific subdomain of the transition zone. (A) Ciliated hTERT-RPE1 cells were immunostained with PI(4,5)P2 (green), ARL13B (grayscale) and CEP164, TCTN1, MKS3, RPGRIP1L or AHI1 (red) antibodies and imaged by STED microscopy (confocal resolution image of the ARL13B stained axoneme is shown). Right panels show merged image at lower magnification. Arrows indicate transition zone PI(4,5)P2 signals, arrow heads indicate transition zone protein localization, bar indicates 1 μm. (B) Graph shows the lateral diameter between the highest intensity points of the PI(4,5)P2 or cilia protein marker puncta perpendicular to the plane of the axoneme. Bars represent mean ± SEM, n = 3 independent experiments, ≥30 cilia imaged per experiment and all cilia with two distinct PI(4,5)P2 or cilia marker protein puncta measured, statistical significance was determined using one-way ANOVA (p < 0.0001) followed by Tukey’s post hoc test ***p < 0.001, ****p < 0.0001. (C) Graph shows the axial distance between the highest intensity point of the PI(4,5)P2 signal and each cilia marker protein signal parallel to the plane of the axoneme. Bars represent mean ± SEM, n = 3 independent experiments, ≥ 30 cilia imaged per experiment and all cilia with distinct PI(4,5)P2 or cilia marker protein puncta measured, statistical significance was determined using one-way ANOVA (p < 0.0001) followed by Tukey’s post hoc test, ****p < 0.0001. (D) Representative image showing the method used for lateral diameter and axial distance measurements, bar indicates 1 μm. (E) Ciliated hTERT-RPE1 cells were immunostained with PI(4,5)P2 (green), MKS3 (red) and ARL13B (grayscale) antibodies and imaged by STED microscopy (confocal resolution image of the ARL13B stained axoneme is shown). Right panel shows merged image at lower magnification. Arrow indicates ring shaped transition zone PI(4,5)P2 morphology, bar indicates 1 μm.


The lateral width of the PI(3,4,5)P3 signal was similar to TCTN1, but significantly greater than MKS3, RPGRIP1L and AHI1 (Figures 3A,B,D), suggesting PI(3,4,5)P3 also localizes to the inner leaflet of the transition zone membrane. In the axial plane PI(3,4,5)P3 was more proximal than RPGRIP1L, MKS3 or AHI1 and less than 50 nm distal to TCTN1 (Figures 3A,C,D). Ring-shaped PI(3,4,5)P3 was also observed in cells with cilia at an angle to the plane of imaging (Figure 3E). Therefore PI(4,5)P2 and PI(3,4,5)P3 occupy a ring-shaped domain in close proximity to each other on the inner leaflet of the transition zone membrane.
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FIGURE 3. PI(3,4,5)P3 localizes to a specific subdomain of the transition zone. (A) Ciliated hTERT-RPE1 cells were immunostained with PI(3,4,5)P3 (green), ARL13B (grayscale) and TCTN1, MKS3, RPGRIP1L or AHI1 (red) antibodies and imaged by STED microscopy (confocal resolution image of the ARL13B stained axoneme is shown). Right panels show merged image at lower magnification. Arrows indicate transition zone PI(3,4,5)P3 signal, arrow heads indicate transition zone protein localization, bar indicates 1 μm. (B) Graph shows the lateral diameter between the highest intensity points of the PI(3,4,5)P3 or transition zone protein puncta perpendicular to the plane of the axoneme. Bars represent mean ± SEM, n = 3 independent experiments, 30 cilia imaged per experiment and all cilia with two distinct PI(3,4,5)P3 or transition zone protein puncta measured, statistical significance was determined using one-way ANOVA (p < 0.0001) followed by Tukey’s post hoc test, ****p < 0.0001. (C) Graph shows the axial distance between the highest intensity point of the PI(3,4,5)P3 signal and each transition zone protein signal parallel to the plane of the axoneme. Bars represent mean ± SEM, n = 3 independent experiments, 30 cilia imaged per experiment and all cilia with distinct PI(3,4,5)P3 or transition zone protein puncta measured, statistical significance was determined using one-way ANOVA (p < 0.0001) followed by Tukey’s post hoc test, **p < 0.01, ***p < 0.001, ****p < 0.0001. (D) Representative image showing the method used for the lateral diameter and axial distance measurements, bar indicates 1 μm. (E) Ciliated hTERT-RPE1 cells were immunostained with PI(3,4,5)P3 (green) and ARL13B (grayscale) antibodies and imaged by STED microscopy (confocal resolution image of the ARL13B stained axoneme is shown). Arrow indicates ring shaped transition zone PI(3,4,5)P2 morphology, bar indicates 1 μm.


Direct comparison of the transition zone distribution of PI(4,5)P2 and PI(3,4,5)P3 was performed in hTERT-RPE1 cells. Consistent with the maps of the individual PIs with TCTN1, the highest intensity point of the PI(4,5)P2 signal did not co-localize with PI(3,4,5)P3 (Figure 4A). PI(3,4,5)P3 was ∼50 nm more distal than PI(4,5)P2 (Figures 4A–C), consistent with an interpretation that each PI occupies a distinct subdomain of the transition zone membrane in the axial plane.


[image: image]

FIGURE 4. PI(4,5)P2 and PI(3,4,5)P3 localize to distinct subdomains within the transition zone. (A) Ciliated hTERT-RPE1 cells were immunostained with PI(4,5)P2 (red), PI(3,4,5)P3 (green) and ARL13B (grayscale) antibodies and imaged by STED microscopy (confocal resolution image of the ARL13B stained axoneme is shown). Arrow indicates PI(4,5)P2 transition zone signal and arrow head indicates PI(3,4,5)P3 transition zone signal, bar indicates 1 μm. (B) Graph shows the axial distance between the highest intensity point of the PI(4,5)P2 and PI(3,4,5)P3 signals parallel to the plane of the axoneme. Bars represent mean ± SEM, n = 3 independent experiments, 30 cilia imaged per experiment and all cilia with distinct PI(4,5)P2 and PI(3,4,5)P3 puncta measured. (C) Example image showing method for the axial distance measurements, bar indicates 1 μm.


We have previously reported the levels (intensity) of transition zone PI(4,5)P2 and PI(3,4,5)P3 signals are changed upon INPP5E deletion or activation of Hedgehog signaling in response to the synthetic Smoothened agonist (SAG), as detected by confocal microscopy (Conduit et al., 2017; Dyson et al., 2017). We asked whether these stimuli also alter the domain organization of these transition zone phosphoinositides as assessed using superresolution microscopy. As STED microscopy rapidly bleaches fluorophores due to the nature of the superresolution mechanism and is not widely used for quantitative assessment of fluorescence intensity, this imaging modality was used here specifically to examine localization and not the fluorescence intensity of the PI signal. MKS3 was used as a marker to place the PIs in context. In both Inpp5e+ ⁣/ + and Inpp5e–/– MEFs, MKS3 exhibited two distinct puncta at the transition zone with a lateral diameter slightly less than 300 nm (Figures 5A,B). PI(4,5)P2 staining showed a positive domain with a lateral diameter wider than and >100 nm proximal to MKS3 (Figures 5A,C,D). This distribution was unchanged between Inpp5e+ ⁣/ + and Inpp5e–/– MEFs and following SAG stimulation (Figures 5A,C,D). In MEFs PI(3,4,5)P3 exhibited two puncta with a lateral diameter of approximately 300 nm and an axial distance slightly less than 100 nm proximal to MKS3 (Figures 5E,F,G). PI(3,4,5)P3 transition zone domain localization was not altered by deletion of Inpp5e or activation of Hedgehog signaling with SAG (Figures 5E,F,G). Interestingly the PI(4,5)P2, PI(3,4,5)P3 and MKS3 transition zone subdomains observed in MEFs are similar to but slightly condensed compared to the distributions defined in hTERT-RPE1 cells (see Figures 2, 3, 5), consistent with the known cell type-specific differences in cilia morphology (Yang et al., 2015).
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FIGURE 5. Transition zone phosphoinositide subdomain localization is not altered by stimulation or loss of a regulatory 5-phosphatase, INPP5E. (A–G) Ciliated Inpp5e+ ⁣/ + and Inpp5e–/– MEFs cells were treated + /- 100 nM SAG and immunostained with (A) PI(4,5)P2 or (E) PI(3,4,5)P3 (green), MKS3 (red) and ARL13B (grayscale) antibodies and imaged by STED microscopy (confocal resolution image of the ARL13B stained axoneme is shown). Right panels show merged image at lower magnification. Arrows indicate transition zone PI signals, arrow heads indicate MSK3 localization, bar indicates 1 μm. Graph shows the lateral diameter between the highest intensity points of the (B) MKS3, (C) PI(4,5)P2 or (F) PI(3,4,5)P3 puncta perpendicular to the plane of the axoneme. Bars represent mean ± SEM, n = 3 independent experiments, 30 cilia imaged per experiment and all cilia with two distinct PI or transition zone protein puncta measured. Graph shows the axial distance between the highest intensity point of the (D) PI(4,5)P2 or (G) PI(3,4,5)P3 signal and the MKS3 signal parallel to the plane of the axoneme. Bars represent mean ± SEM, n = 3 (n = 2 for SAG treated Inpp5e–/– cells) independent experiments, 30 cilia imaged per experiment and all cilia with distinct PI or MKS3 puncta measured.




Activated AKT Localizes to the Transition Zone in Close Proximity to the PIs

The serine/threonine kinase AKT is a key PI(3,4,5)P3 effector which is recruited to membranes via its PI(3,4,5)P3 and PI(3,4)P2 binding PH domain. This interaction brings AKT into close proximity to its activating kinases PDK1 and mTORC2 which phosphorylate AKT at T308 and S473 respectively (Frech et al., 1997; Stephens et al., 1998; Sarbassov et al., 2005; Heras-Martínez et al., 2019). Phosphorylated AKT (both pAKT(S473) and pAKT(T308)) has been identified at the cilia base and is associated with destabilization of the cilium (Zhu et al., 2009; Schneider et al., 2010; Higginbotham et al., 2013; Suizu et al., 2016; Conduit et al., 2017). However, the pAKT sub-ciliary localization is uncharacterized. We assessed whether the ciliary base pAKT(S473) corresponded to the transition zone and compared it to the map developed here in hTERT-RPE1 cells using superresolution microscopy. pAKT(S473) was observed as two distinct puncta at the transition zone consistent with a ring-shape domain with a lateral diameter of ∼270 nm, significantly narrower than the TCTN1 and CEP164 domains (Figures 6A,B,D,E). The pAKT(S473) ring was located within the PI(3,4,5)P3 and PI(4,5)P2 rings, which have a lateral diameter of ∼300 nm, consistent with a model in which cytosolic AKT binds membrane-associated PIs at the transition zone. In the axial plane, the peak intensity of the pAKT(S473) puncta was in very close proximity (∼20 nm, beyond the limit of STED resolution) to the peak intensity of the TCTN1 and CEP164 signals (Figures 6A,C,D), indicating localization to the most proximal region of the transition zone, similar to PI(4,5)P2. No change in pAKT(S473) localization was observed following IGF-1 stimulation (2 min-2 h) of hTERT-RPE1 cells (Supplementary Figure 2, representative image of 5 min stimulation shown).
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FIGURE 6. pAKT(S473) localizes in close proximity to the PIs at the transition zone. (A) Ciliated hTERT-RPE1 cells were immunostained with pAKT(S473) (green), CEP164 or TCTN1 (red) and ARL13B (grayscale) antibodies and imaged by STED microscopy (confocal resolution image of the ARL13B stained axoneme is shown). Right panels show merged image at lower magnification. Arrows indicate transition zone pAKT(S473) signal, arrow heads indicate CEP164 or TCTN1, bar indicates 1 μm. (B) Graph shows the lateral diameter between the highest intensity points of the pAKT(S473), CEP164 or TCTN1 puncta perpendicular to the plane of the axoneme. Bars represent mean ± SEM, n = 3 independent experiments, ≥30 cilia imaged per experiment and all cilia with two distinct pAKT(S473), CEP164 or TCTN1 puncta measured, statistical significance was determined using one-way ANOVA (p < 0.0001) followed by Tukey’s post hoc test, ***p < 0.001, ****p < 0.0001. (C) Graph shows the axial distance between the highest intensity point of the pAKT(S473) signal and CEP164 or TCTN1 parallel to the plane of the axoneme. Bars represent mean ± SEM, n = 3 independent experiments, ≥ 30 cilia imaged per experiment and all cilia with distinct pAKT(S473), CEP164 or TCTN1 puncta measured, statistical significance was determined using Student’s t-test (p = 0.7284). (D) Representative image showing the method used for the lateral diameter and axial distance measurements, bar indicates 1 μm. (E) Ciliated hTERT-RPE1 cells were immunostained with pAKT(S473) (green), TCTN1 (red) and ARL13B (grayscale) antibodies and imaged by STED microscopy (confocal resolution image of the ARL13B stained axoneme is shown). Arrow indicates ring shaped transition zone pAKT(S473) morphology, bar indicates 1 μm.




INPP5E Is Concentrated at the Cilia Transition Zone

INPP5E is a significant regulator of transition zone PIs, however, all reports to date have shown endogenous and recombinant INPP5E localize to the ciliary axoneme away from its substrates (Bielas et al., 2009; Jacoby et al., 2009; Humbert et al., 2012; Plotnikova et al., 2015; Conduit et al., 2017; Dyson et al., 2017; Qiu et al., 2021). We previously showed that in a minority of cells INPP5E also partially co-localized with TCTN1 at the transition zone (Dyson et al., 2017). Here we investigated green fluorescent protein (GFP)-INPP5E localization in hTERT-RPE1 cells by live cell imaging to remove any possible fixation, permeabilization and/or staining artifacts that could affect the INPP5E distribution. Cells also co-expressed mApple-SSTR3 as an axoneme membrane marker. GFP-INPP5E was observed in the axoneme but was notably concentrated at the cilia base in a distribution characteristic of the transition zone (Figure 7A), suggesting that in live cells the 5-phosphatase may predominantly localize to the transition zone in the vicinity of its PI substrates. The cilia base concentration of INPP5E was confirmed in a second cell line via live cell imaging of ciliated NIH3T3 cells expressing GFP-INPP5E and mApple-SSTR3 (Figure 7B). GFP exhibited a diffuse cytosolic pattern in NIH3T3 cells (Figure 7B). The difference in INPP5E localization observed here in live cells compared to the axoneme-specific distribution reported previously in fixed cells, including hTERT-RPE1 cells, suggests fixation and staining protocols may affect the apparent localization. We directly compared GFP-INPP5E localization in live hTERT-RPE1 cells with cells fixed using a standard 4% PFA method followed by 0.1% Triton X-100 permeabilization. In the majority of live cells GFP-INPP5E was concentrated at the cilia base with lower levels in the axoneme, whereas 4% PFA fixation induced an almost exclusive axoneme distribution (Figures 7C,D), similar to that reported previously (Bielas et al., 2009; Jacoby et al., 2009; Humbert et al., 2012; Plotnikova et al., 2015; Conduit et al., 2017; Dyson et al., 2017; Qiu et al., 2021). In the small proportion of PFA (4%) fixed cells exhibiting cilia-base INPP5E signals, INPP5E co-localized with TCTN1 at the transition zone (Supplementary Figure 3A). Two additional fixation methods, a 1:2 dilution of 8% PFA into the culture media or 100% −20°C methanol, were also used to determine whether the transition zone INPP5E distribution observed in live cells could be recapitulated in fixed cells. A 1:2 dilution of 8% PFA into the culture media partially retained the cilia base GFP-INPP5E signal (Figures 7C,D). Interestingly, fixation using 100% −20°C methanol retained the GFP-INPP5E concentration at the cilia base, similar to live cells. We conclude INPP5E is concentrated at the cilia base, consistent with the transition zone as we observed co-localization with TCTN1 in a small subset of PFA fixed cells. As 100% −20°C methanol fixation most closely replicated the live cell INPP5E distribution, we used this approach for subsequent fixed cell INPP5E localization studies.
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FIGURE 7. INPP5E localizes to the transition zone. (A) hTERT-RPE1 or (B) NIH3T3 cells were transfected with mApple-SSTR3 and GFP or GFP-INPP5E, serum starved and imaged live by confocal microscopy. Arrow indicates transition zone INPP5E localization, bar indicates 2 μm. (C) hTERT-RPE1 cells were transfected with GFP-INPP5E ± mApple-SSTR3, serum starved and imaged live or immunostained with GFP (green) and ARL13B (red) antibodies using 4% PFA, 8% PFA added directly to the culture media in a 1:2 ratio or –20°C methanol fixation and imaged by confocal microscopy. Arrow indicates transition zone INPP5E localization, bar indicates 2 μm. (D) Graphs show the percentage of cells exhibiting exclusive axoneme, exclusive transition zone or axoneme and transition zone INPP5E localization. Bars represent mean ± SEM, n = 3 independent experiments, 30 cilia imaged per experiment, statistical significance was determined by one-way ANOVA (p = 0.0002) followed by Tukey’s post hoc test **p < 0.01, ***p < 0.001.


Upon serum stimulation, INPP5E exits the cilia axoneme in a process that contributes to cilia disassembly (Phua et al., 2017). We examined whether the transition zone INPP5E localization in live cells was also regulated by cilia disassembly stimuli. hTERT-RPE1 cells expressing GFP-INPP5E were imaged live with or without 5 h 10% FBS stimulation. Serum stimulation did not alter GFP-INPP5E localization. In both starved and stimulated cells, low level axoneme INPP5E was observed with significant 5-phosphatase concentration at the transition zone (Supplementary Figure 3B). GFP-INPP5E localization was also assessed at various timepoints during the 5 h serum stimulation time course and no changes in its localization were observed (not shown). Therefore, in live cells INPP5E constitutively concentrates at the transition zone in close proximity to its PI substrates and its distribution is unchanged by stimulation that at over a longer time course causes cilia disassembly.

To examine the transition zone INPP5E localization in more detail, GFP-INPP5E was assessed by STED microscopy in methanol fixed hTERT-RPE1 cells. Some GFP-INPP5E was observed in the axoneme, co-localizing with ARL13B (Figure 8A). However, the major GFP-INPP5E signal was concentrated at the cilia base with two distinct signal intensity peaks (Figure 8A), similar to PI(4,5)P2, PI(3,4,5)P3 and some transition zone proteins described above (see Figures 2, 3). In cells where the cilia were at an angle to the plane of imaging, a ring-shaped GFP-INPP5E signal was observed (Figure 8A). The lateral diameter between the highest intensity point of each INPP5E punctum in cilia with two distinct intensity peaks was ∼300 nm (Figures 8B,C), comparable to the lateral diameter of the transition zone membrane component PIs (Figures 2, 3). As INPP5E is membrane associated via its CAAX motif and we have shown co-localization between INPP5E and TCTN1 (see Supplementary Figure 3A)(Dyson et al., 2017), we propose INPP5E is associated with the inner leaflet of the cilia transition zone membrane in proximity to its PIs substrates.
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FIGURE 8. INPP5E exhibits a ring-shaped localization at the transition zone. (A) hTERT-RPE1 cells were transfected with GFP-INPP5E, serum starved and immunostained with GFP (green) and ARL13B (grayscale) antibodies and imaged by STED microscopy (confocal resolution image of the ARL13B stained axoneme is shown). Arrows indicate transition zone INPP5E localization, bar indicates 1 μm. (B) Graph shows the lateral diameter between the highest intensity points of the INPP5E transition zone protein puncta perpendicular to the plane of the axoneme. Bars represent mean ± SEM, n = 3 independent experiments, 30 cilia imaged per experiment and all cilia with two distinct INPP5E puncta measured. (C) Example image showing method for the lateral diameter and axial distance measurements, bar indicates 1 μm.




DISCUSSION

In this study we report the molecular organization of the PIs PI(4,5)P2 and PI(3,4,5)P3 and their effector pAKT(S473) at the cilia transition zone in the landscape of transition zone proteins and distal appendages (Figure 9). Transition zone barrier function is essential for cilia assembly and signaling (Chih et al., 2011; Garcia-Gonzalo et al., 2011; Sang et al., 2011; Gonçalves and Pelletier, 2017). Mutations in transition zone components disrupt barrier function and are a major cause of ciliopathy syndromes (Gonçalves and Pelletier, 2017). In addition, deletion of the Joubert syndrome gene Inpp5e disrupts transition zone PI turnover associated with mislocalization of transition zone proteins and loss of barrier retention function (Dyson et al., 2017). Interestingly, we provide evidence that INPP5E is enriched at the transition zone, close to its PI substrates. These findings add to the growing body of evidence that Joubert syndrome is caused by mutations in transition zone proteins (Chih et al., 2011; Garcia-Gonzalo et al., 2011; Huang et al., 2011; Sang et al., 2011; Damerla et al., 2015; Lambacher et al., 2016; Gonçalves and Pelletier, 2017).
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FIGURE 9. Model of transition zone phosphoinositide localization. Model depicting the superresolution localization of PI(4,5)P2, PI(3,4,5)P3 and pAKT(S473) in the context of the transition zone protein and distal appendage components.


PI(4,5)P2 and PI(3,4,5)P3 have been detected at cilia in multiple studies, however, various disparate localizations for the PIs within the cilia subdomains including at the transition zone, axoneme and cilia base have been reported (Chavez et al., 2015; Garcia-Gonzalo et al., 2015; Jensen et al., 2015; Park et al., 2015; Conduit et al., 2017; Dyson et al., 2017; Prosseda et al., 2017; Conduit and Vanhaesebroeck, 2020). PI binding biosensors have been widely used for PI detection but are limited as they may sequester lipid in some contexts and may not always accurately reflect PI localization when expressed at high levels (Hammond and Balla, 2015; Tsuji et al., 2019). PI specific antibodies are increasingly used for PI detection but may be sensitive to membrane permeabilization and fixation conditions (Hammond et al., 2009). In an attempt to resolve the reported disparate PI distributions we compared the PI(4,5)P2 and PI(3,4,5)P3 localization obtained using multiple fixation, permeabilization and staining methods with validated PI antibodies, revealing PI(4,5)P2 and PI(3,4,5)P3 exhibit ring like domains at the inner leaflet of the most proximal region of the transition zone membrane.

The PI rings occupy very similar domains to TCTN1 in the lateral and axial planes, although PI(3,4,5)P3 is more distal to PI(4,5)P2. The PIs are wider and more proximal than MKS3, AHI1 and RPGRIP1L. CEP164 marks the distal appendages and demarks the proximal boundary of the transition zone (Yang et al., 2015). PI(4,5)P2 was the proximal most component we examined and localized very close to CEP164 (<50 nm, the limit of STED resolution) in the axial plane but exhibited a significantly narrower lateral diameter (Figure 9). MKS3 is a transmembrane protein, while AHI1 and RPGRIP1l contain putative PI binding domains (Garcia-Gonzalo and Reiter, 2012; Remans et al., 2014), suggesting these proteins are membrane associated. Surprisingly these transition zone components exhibit a lateral width ∼100 nm less than the membrane associated PI ring. However, consistent with a previous study (Yang et al., 2015), we observed two distinct layers of transition zone components in the axial plane (Figure 9). TCTN1, PI(4,5)P2 and PI(3,4,5)P3 are located in the most proximal region of the transition zone, very close to the distal appendages, whereas MKS3, AHI1 and RPGRIP1L form the distal group. This suggests the ciliary membrane may narrow at the level of the distal group enabling components at both axial levels to contact the membrane (Figure 9).

It is difficult to precisely predict where the PI decorated transition zone membrane sits in relation to the CEP164 stained distal appendages. Previous studies have not shed light on this interesting question as immunoelectron microscopy experiments showing CEP164 localizes to the distal appendages were performed in non-ciliated U2OS cells (Graser et al., 2007). Subsequent assessments by superresolution microscopy overlayed an averaged representative fluorescent CEP164 stained distal appendage image with an electron micrograph of a different cell and did not co-stain the same cell with CEP164 antibodies and a fluorescent membrane marker (Yang et al., 2015, 2018). The localization of PI(4,5)P2 relative to CEP164 observed here (similar axial plane but narrower lateral diameter) appears to indicate that the PI(4,5)P2 positive membrane is within the ring created by the distal appendages consistent with the proximal end of the transition zone rather than at the distal tips of the distal appendages (Figure 9).

PI(4,5)P2 and PI(3,4,5)P3 localize to distinct subdomains of the transition zone membrane, with PI(4,5)P2 more proximal to TCTN1 and PI(3,4,5)P3 more distal (Figure 9). The reason for this spatial separation is unknown but may be important for the recruitment of distinct effectors to different regions of the transition zone. The PI 5-phosphatase INPP5E which contains a C-terminal membrane targeting CAAX motif also showed a lateral diameter of ∼300 nm, similar to the PIs, suggesting it also localizes to the inner leaflet of the transition zone membrane in close proximity to its substrates. The PI(3,4,5)P3 effector pAKT(S473) localized to the proximal plane of the transition zone with the PIs but exhibited a slightly smaller lateral diameter than the PIs (Figure 9). Surprisingly, the pAKT(S473) domain was closer to PI(4,5)P2 than its binding partner PI(3,4,5)P3 in the axial plane. Active AKT has been identified in the cytosol away from PI(3,4,5)P3 containing membranes (Kunkel et al., 2005), suggesting that perhaps following transient PI(3,4,5)P3 binding and phosphorylation, pAKT(S473) accumulates at a distinct site at the transition zone near PI(4,5)P2 to exert its function, however, this prediction will need to be further investigated.

Stimulation of cells with growth factors or deletion of Inpp5e has previously been shown to alter the levels of cilia PIs and their regulators (Conduit et al., 2017; Dyson et al., 2017; Phua et al., 2017). Here we observed that the same stimuli did not alter PI(4,5)P2, PI(3,4,5)P3 or pAKT(S473) transition zone localization, indicating that although these components turn over and the levels are dynamic, their domain organization is constant. We hypothesize INPP5E is critical for regulating the levels of the PIs at the transition zone but factors other than the 5-phosphatase are responsible for restricting PIs to their specific subdomains. Lipid diffusion barriers have long been thought to exist at the transition zone and contribute to the asymmetric lipid composition of the cilia and plasma membranes (Hu and Nelson, 2011; Trimble and Grinstein, 2015; Garcia et al., 2018). Although the nature and mechanism of action of potential lipid diffusion barrier(s) remains elusive, it is possible they contribute to control of the PI domain localizations within the transition zone. It is also possible that the lipid domains are established by the localized production of these species by yet to be identified transition zone localized PI-kinases. Alternatively, PI binding scaffold proteins that generate local PI-enriched membrane domains have recently been identified at other sites in the cell and may play a role in establishing the transition zone PI domains. It is interesting to speculate that IFITM3 may serve this role for PI(3,4,5)P3 as it has recently been shown to form PI(3,4,5)P3 rich membrane regions in B cells and localize to epithelial cell motile cilia (Bailey et al., 2014; Lee et al., 2020).

The use of STED microscopy has greatly improved the resolution limit of imaging cilia compared to confocal microscopy allowing the mapping of PIs and effectors in the context of the transition zone proteins. However, this technique is still limited by optical resolution and indirect IF microscopy experimental constraints. The requirement for primary and secondary antibodies for protein or PI detection adds ∼16 nm to the epitope (Yang et al., 2015). This level of uncertainty is unlikely to have a major effect here as STED microscopy is limited to an optical resolution of ∼50 nm (Yang et al., 2015). Most of the dimensions measured here are greater than 50 nm, however, the PIs and pAKT(S473) were located in very close proximity to TCTN1 and CEP164 in the axial plane. Therefore, we do not draw conclusions from measurements of <50 nm other than to indicate that two components are in very close proximity.

The transition zone molecular map we have built here provides an ideal basis to formulate testable hypotheses for how the PIs regulate transition zone function. Many of the transition zone proteins including RPGRIP1L and AHI1 contain putative PI binding C2 and B9 domains (Garcia-Gonzalo and Reiter, 2012; Remans et al., 2014). This raises the possibility that PI binding tethers the proteins at the transition zone. However, the transition zone PI map (Figure 9) reveals these PI binding domain proteins occupy a distinct axial plane compared to the PI(4,5)P2 and PI(3,4,5)P3, making this unlikely. Furthermore, the RPGRIP1L C2 domains exhibit a negative charge which means PI binding is improbable (Remans et al., 2014). PI(3,4,5)P3 and PI(4,5)P2 are in closest proximity to TCTN1, but an interaction between TCTN1 and the PIs also seems unlikely given this transition zone protein contains a signal peptide and it has been suggested to associate with the outer leaflet of the transition zone membrane (Garcia-Gonzalo et al., 2011), whereas the PIs may decorate the inner leaflet. Collectively, these data suggest that if the PIs tether transition zone components, they must bind to alternative transition zone complex members not investigated here. Alternatively, it is possible that the PIs may act via an indirect mechanism to regulate barrier function mediated by PI effector proteins such as AKT which localizes to the proximal transition zone subdomain close to the PIs.

In summary, here we have constructed a superresolution map of PI(3,4,5)P3 and PI(4,5)P2 at the transition zone in the context of the transition zone proteins and distal appendages, a key PI regulator INPP5E and the PI effector protein pAKT(S473). We identify that the PIs and their regulator/effector localize to a proximal transition zone subdomain with TCTN1, close to the distal appendages, but each component exhibits a distinct distribution within this compartment. This map will provide an ideal guide to base future studies into the long-standing question of how the transition zone functions as a molecular gate with important implications for our understanding of the molecular basis of ciliopathy syndromes.



MATERIALS AND METHODS


Antibodies and Reagents

Antibodies used were: ARL13B (IF: 1:200, N2956/66) and GFP (IF: 1:500, ab290) from Abcam (Cambridge, MA, United States). PI(3,4,5)P3 (IF: 1:100, Z-P345B), PI(4,5)P2 (IF:1:500, Z-P045) and PI(4)P (IF:1:500, Z-P004) from Echelon (Santa Clara, CA, United States). CEP164 (IF: 1:500, NBP1-81445) was from Novus Biologicals (Centennial, CO, United States). AHI1 (IF:1:100, 22045-1-AP), MKS3 (IF: 1:200, 13975-1-AP) and TCTN1 (IF: 1:100, 15004-1-AP) from Proteintech (Rosemont, IL, United States). RPGRIP1L (IF 1:100, HPA039405) was from Sigma-Aldrich (St. Louis, MO, United States). pAKT(S473) (IF:1:500, 4051) was from Cell Signaling Technology (Danvers, MA, United States). V5 (IF 1:1000, R960-25) was from Life Technologies (Carlsbad, CA, United States). Alexa-Fluor-488/594/647-conjugated mouse and rabbit secondary antibodies (IF 1:600) were from Life Technologies. Star 580-conjugated rabbit secondary antibodies were from Abberior (Göttingen, Germany). pEGFP-C2 (GFP vector) was from Clonetech, pEGFP-C2-INPP5E (GFP-INPP5E) was described previously (Kong et al., 2000). pLenti6.2/V5-DEST-INPP5E (V5-INPP5E) was described previously (Plotnikova et al., 2015). mApple-SSTR3-N-17 was a gift from Michael Davidson (Addgene plasmid # 54949)1. All other reagents were from Sigma-Aldrich unless specified.



Inpp5e Knockout Mice

Procedures using mice were approved by the Monash Animal Research platform animal ethics committee, Monash University. All mouse strains used were on the C57BL/6 background. Inpp5e–/– (Inpp5etm1.1Cmit) embryos were generated and described previously by crossing Inpp5e+ ⁣/− mice (Dyson et al., 2017).



Cell Culture and Live Cell Imaging

hTERT-RPE1 cells were purchased from ATCC and cultured in DMEM-F12 with 10% fetal calf serum and 0.01 mg/ml hygromycin B. Primary cilia were induced by 48 h serum starvation. NIH3T3 cells were purchased from Sigma-Aldrich. NIH3T3 cells were cultured in DMEM with 10% neonatal calf serum (Life Technologies), 0.1% (w/v) streptomycin, 100 units/ml penicillin and 2 mM L-glutamine (Sigma-Aldrich, 59202C). Cilia assembly was induced by 48 h serum starvation. For growth factor stimulation, ciliated cells were stimulated with 10 nM IGF-1 for 0, 2, 5, 15, 60 or 120 min or 10% FBS for 0–5 h followed by fixation and staining or live cell imaging. hTERT-RPE1 and NIH3T3 cells were transfected using Lipofectamine 2000 (Life Technologies) according to manufactures specifications.

For live cell imaging, cells were seeded into Flurodishes (Ibidi, Planegg, Germany) transfected and serum starved. The media was replaced with phenol red free DMEM:F12 or DMEM containing 1 μM Hoechst Dye (Sigma-Aldrich 33342) at least 10 min prior to imaging. Live cell imaging was performed at 37°C. See microscopy section for details of imaging techniques.

MEFs were harvested from E12.5 embryos. Pregnant female mice were humanely sacrificed and the embryos harvested, decapitated and eviscerated. The tissue was washed in sterile PBS and minced with a scalpel blade. Cells were disassociated by incubation in 0.25% Trypsin, 0.02% EDTA at 37°C, 5% CO2 for 5 min. The cell suspension was plated in DMEM containing 10% FBS with 0.1% (w/v) streptomycin, 100 units/ml penicillin and 2 mM L-glutamine (Sigma-Aldrich, 59202C) and incubated at 37°C, 5% CO2. Primary cilia assembly was induced by 48 h serum starvation.



Immunofluorescence

Phosphoinositide staining was performed using the Golgi protocol described by Hammond et al. (2009), or the staining protocols described by Chavez et al. (2015), Yang et al. (2015), or Garcia-Gonzalo et al. (2011) as indicated in the figures and figure legends. Alternatively, for PI and pAKT(S473) IF cells were fixed with 4% PFA for 20 min, washed in PBS, permeabilized with 100% methanol at −20°C for 5 min, washed in PBS and blocked with PBS containing 1 % (w/v) BSA for 30 min. Primary antibodies were diluted in block and incubated for 1 h at room temperature, following three washes, secondary antibodies were diluted in block and incubated for 45 min at room temperature. Cells were then washed three times and mounted with Fluromount G (Electron Microscopy Sciences, Hatfield, PA, United States).

IF to detect INPP5E at the cilium was performed by fixing cells with either 4% PFA for 20 min or 8% PFA diluted 1:2 directly into the culture media for 20 min or an optimized methanol-based fixation technique. Cells were then washed and permeabilized with 0.1% (v/v) triton X-100 in PBS for 90 s followed by washing Samples were blocked with 1% (w/v) BSA for 30 min. Primary antibodies were diluted in block and incubated for 1 h at room temperature. Following three washes, secondary antibodies were diluted in block and incubated for 45 min. Finally, cells were washed three times with PBS and mounted using Fluormount G.

Optimized methanol-based staining for INPP5E detection was performed using 100% methanol to fix cells for 10 min at −20°C. Cells were then washed three times with room temperature PBS and blocked with 1% (w/v) BSA in PBS for 30 min at room temperature. Primary antibodies (diluted in 1% (w/v) BSA, antibody dilutions described above) were applied to cells for 1 h at room temperature followed by three PBS washes. Secondary antibodies (antibody dilutions described above) were diluted in 1% (w/v) BSA and incubated with the cells for 45 min at room temperature. Cells were then washed three times with PBS and mounted onto glass slides using Fluormount G.



Microscopy

Microscopy was performed at Monash Micro Imaging, Monash University (Australia). Confocal microscopy was performed using a Leica TCS SP8 microscope with a 63x HC PL APO CS2 (11506350) 1.4 NA oil objective lens, HyD detector and Leica LAS X acquisition software. Confocal and STED imaging were performed using an Expert line STED (Abberior Instruments GmbH, Göttingen, Germany) microscope, based on an Olympus IX83 body with a ×100 oil/1.4NA (UPlanSApo,0.17 mm WD) objective lens and 3 Channel detector unit (APD’s), pulsed lasers for 485, 561, 640 nm excitation, with 1W STED lasers at 595 and 775 nm and Imspector acquisition software. Images were obtained using 20 nm sized pixels.

Image J software (National Institutes of Health, Rockville, MD, United States) was used for image processing and was limited to alterations of brightness, subjected to the entire image.



Image Analysis

Image analysis was performed using Image J software. For lateral diameter and axial distance measurements, the parallel axis was defined using the ARL13B stained axoneme signal and the perpendicular axis defined as 90° to the parallel axis (Figures 3E, 4E). Lateral diameter measurements were performed for PI(3,4,5)P3, PI(4,5)P2, pAKT(S473), INPP5E, transition zone proteins and CEP164 from all images exhibiting two distinct signal intensity peaks. The lateral diameter was the distance in the perpendicular plane between the highest intensity point of each signal intensity peak. The axial distance was measured in all images with distinct PI(3,4,5)P3 or PI(4,5)P2, pAKT(S473) and transition zone protein or CEP164 signals. The axial distance was the distance in the parallel plane between the highest intensity points of the PI and the transition zone protein signals.



Statistical Analysis

Statistical analysis was performed using GraphPad Prism 7 (San Diego, CA, United States). All graphs represent mean ± SEM. Differences were considered statistically significant when p < 0.05. p-values were calculated using either two tailed unpaired Student’s t tests with or without Welch’s correction for unequal variance as appropriate (difference in sample variance assessed by the F test), or one-way ANOVAs followed by Tukey’s post hoc test (difference in sample variance assessed by the Brown-Forsythe test) as indicated in the figure legend. The number of independent experiments is listed in the figure legends.
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Primary cilia are small, antenna-like organelles that detect and transduce chemical and mechanical cues in the extracellular environment, regulating cell behavior and, in turn, tissue development and homeostasis. Primary cilia are assembled via intraflagellar transport (IFT), which traffics protein cargo bidirectionally along a microtubular axoneme. Ranging from 1 to 10 μm long, these organelles typically reach a characteristic length dependent on cell type, likely for optimum fulfillment of their specific roles. The importance of an optimal cilia length is underscored by the findings that perturbation of cilia length can be observed in a number of cilia-related diseases. Thus, elucidating mechanisms of cilia length regulation is important for understanding the pathobiology of ciliary diseases. Since cilia assembly/disassembly regulate cilia length, we review the roles of IFT in processes that affect cilia assembly/disassembly, including ciliary transport of structural and membrane proteins, ectocytosis, and tubulin posttranslational modification. Additionally, since the environment of a cell influences cilia length, we also review the various stimuli encountered by renal epithelia in healthy and diseased states that alter cilia length and IFT.
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INTRODUCTION

Cilia or flagella are evolutionarily conserved organelles that protrude from a wide range of eukaryotic cells, from single-celled protists, like Chlamydomonas reinhardtii, to almost every vertebrate cell. Cilia are classified by function and structure into two general categories: motile and non-motile. Motile cilia not only generate motion but also contain receptors that provide sensory function (Jain et al., 2012). Motile cilia propel C. reinhardtii, as well as sperm, and sweep fluid and particles along the mammalian brain ventricles and respiratory and reproductive tracts. Non-motile cilia, also termed primary cilia, have chemo- and mechanosensory roles and are present on the sensory neurons of Caenorhabditis elegans and on most vertebrate cells. Primary cilia transduce light and mechanical and chemical cues (Poole et al., 1985; R Ferreira et al., 2019), mediate signaling pathways (Huangfu et al., 2003; Corbit et al., 2008; Wheway et al., 2018), and regulate cell cycle (Pan et al., 2013), cell differentiation (Ezratty et al., 2011; Forcioli-Conti et al., 2015), cell–cell communication (Viau et al., 2018), and autophagy (Pampliega et al., 2013; Orhon et al., 2016). The multiplicity and importance of these functions render primary cilia vital for organismal development and homeostasis (Badano et al., 2006).

A cilium is comprised of a microtubule-based axoneme that extends from a modified centriole, the basal body, and is ensheathed by a ciliary membrane (Figure 1). In most motile cilia, nine doublet peripheral microtubules are arranged in a circle around two single central microtubules, while in motile cilia of the embryonic node as well as in non-motile cilia, only nine doublet peripheral microtubules comprise the axoneme, forming “9 + 2” and “9 + 0” conformations, respectively (Satir, 2005). Distal to the basal body is the ciliary gate, consisting of transition fibers that join the basal body to the base of the ciliary membrane, and the transition zone, comprised of modules and has Y-links that tether the most proximal part of the axoneme to the ciliary membrane. The transition fibers and transition zone regulate ciliary entry and exit of proteins, allowing for compartmentalization and formation of a unique environment, such that the cilioplasm and ciliary membrane are composed of proteins, second messengers, and phospholipids, distinct from that of the cytosol and plasma membrane (Deane et al., 2001; Stephan et al., 2007; Garcia-Gonzalo et al., 2011; Williams et al., 2011; Garcia-Gonzalo and Reiter, 2017; Gonçalves and Pelletier, 2017).
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FIGURE 1. The primary cilium and roles of IFT in cilium assembly/disassembly. Consisting of a 9 + 0 arrangement of a microtubular axoneme ensheathed by a specialized ciliary membrane, the primary cilium assembles initially within the cytoplasm at the modified centriole (1), which becomes the basal body that forms the base of the primary cilium at the plasma membrane. Extension and maintenance of the cilium, along with the entry and exit of structural and functional components and the BBSome, are mediated by IFT (2–4). Roles for IFT in ectocytosis (5) and cilia disassembly (6) have also been implicated (see text for details). The positive (+) and negative (–) ends of axonemal and cytoplasmic microtubules are indicated. The polycystins, PC1 and PC2, are localized at the ciliary membrane and are mutated in ADPKD.


Primary cilia are dynamic structures that assemble and disassemble in coordination with the cell cycle. Cilia form when cells become quiescent, in G1 and G0, and begin disassembly before cells re-enter the cell cycle (Nigg and Stearns, 2011; Paridaen et al., 2013; Malicki and Johnson, 2017). The assembly and maintenance of cilia require intraflagellar transport (IFT), which was first observed in C. reinhardtii (Kozminski et al., 1993) and mediates the bidirectional transport of structural and signaling molecules along the microtubular axoneme. IFT is mediated by multiprotein complexes that can be dissociated biochemically into IFT complexes B (IFT-B) and A (IFT-A), consisting of 10 and 6 subunits, respectively. These IFT complexes form linear arrays or “trains” that are transported from the base to the tip of the cilium in anterograde IFT, powered by the kinesin-2 motor (Cole et al., 1998), then returned to the ciliary base in retrograde IFT, driven by cytoplasmic dynein-2 (Pazour et al., 1998, 1999; Porter et al., 1999; Signor et al., 1999). Another multiprotein complex, the BBSome, acts like an adaptor connecting IFT complexes to signaling molecules and is required for the ciliary export of activated signaling receptors (Nachury, 2018; Ye et al., 2018).

Primary cilia typically obtain a characteristic length for a cell type (Table 1), likely to achieve optimal function. In humans, mutation of ciliary genes results in disease syndromes, termed ciliopathies, which can manifest craniofacial defects, skeletal dysplasia, brain and cognitive defects, retinal degeneration, obesity, and fibrocystic disease of the liver, pancreas, and kidney (Badano et al., 2006; Hildebrandt et al., 2011). These mutations can cause signaling defects as well as cilia length differences (Bredrup et al., 2011; Halbritter et al., 2013; Alazami et al., 2014; Zhang et al., 2016; Duran et al., 2017; Shaheen et al., 2020). Additionally, in complex diseases and conditions not caused by a primary cilia genetic lesion, such as in obesity and type 2 diabetes and kidney injury, cilia lengths have also been reported to be shortened or lengthened on affected cells (Verghese et al., 2008; Han et al., 2014; Ritter et al., 2018; Yu et al., 2019). Thus, understanding cilia length regulation is critical to understanding the pathobiology of cilia-related disease.


TABLE 1. Mammalian cilia lengths.
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Cilia length is determined by the balance of cilia assembly and disassembly (Marshall and Rosenbaum, 2001; Marshall et al., 2005). In C. reinhardtii, live imaging has revealed that frequency of IFT train ciliary entry, IFT train size and speed, and cargo loading vary with cilia length, which has led to various models of cilia length control (Marshall et al., 2005; Wren et al., 2013; Chien et al., 2017; Fai et al., 2019; Wemmer et al., 2020). However, primary cilia length regulation in mammalian cells has been much less studied. Here, we review the primary cilia phenotypes of IFT-B and IFT-A mammalian mutants to glean mechanisms by which IFT proteins influence cilia assembly/disassembly. This includes roles of IFT in ciliary trafficking of tubulin and membrane-associated proteins and in influencing ectocytosis. Since posttranslational modification of axonemal tubulin can promote cilia assembly or disassembly, we also review the effects of glutamylation and O-GlcNAcylation on IFT. In addition to these intrinsic ciliary factors, primary cilia lengths are modulated by changes in the extracellular environment. In the kidney, cilia lengths change in healthy and diseased states, including in polycystic kidney disease and during kidney injury and repair. Thus, we also review the effects of chemical and mechanical signals in the renal environment on cilia length and IFT.



IFT IN CILIARY IMPORT OF STRUCTURAL AND MEMBRANE PROTEINS AFFECTING CILIOGENESIS

To initiate ciliogenesis, the mother centriole matures into the basal body and migrates and docks at the plasma membrane. During migration of the mother centriole, preciliary vesicles derived from the Golgi and recycling endosome attach to the subdistal appendages of the maturing mother centriole and fuse into a larger ciliary vesicle (Sorokin, 1962). Centriolar coiled coil protein 110 (CP110) localizes to the distal end of the mother centriole and regulates the start of cilium extension (Chen et al., 2002; Yadav et al., 2016). Rab8a is recruited to the mother centriole and activated by Rab11 and Rabin8 to enable ciliary membrane assembly (Westlake et al., 2011). This, together with the recruitment of IFT and transition zone proteins to the cilia base, allows for cilium extension (Deane et al., 2001; Rosenbaum and Witman, 2002; Wang and Dynlacht, 2018).


Ciliary Import of Tubulin

To extend the axoneme, α- and β-tubulin are imported into primary cilia and are added to the distal plus ends of microtubules at the cilia tip (Witman, 1975; Johnson and Rosenbaum, 1992). Live imaging of green fluorescent protein (GFP)-tagged tubulin in C. reinhardtii demonstrates that both diffusion and IFT allow for tubulin ciliary import (Craft et al., 2015; Craft Van De Weghe et al., 2020). In cells with growing cilia, anterograde transport of tubulin was increased, and in flagella length mutants, tubulin transport was dysregulated (elevated and reduced in long flagella2-1 and short flagella2 mutants, respectively, relative to steady-state wild-type cilia), suggesting a possible link between IFT-mediated transport of tubulin and regulation of cilia length (Craft et al., 2015; Wemmer et al., 2020).

In most IFT-B mutants, cilia are shortened or even lost (Table 2), indicating that the IFT-B complex is essential for ciliogenesis. The IFT-B complex consists of a 10-subunit core subcomplex and a 6-subunit peripheral subcomplex (IFT38, IFT57, IFT80, IFT20, IFT172, IFT54) (Katoh et al., 2016; Taschner et al., 2016). The core can be separated further into Core 1 (IFT25, IFT27, IFT74, IFT81, IFT22) and Core 2 (IFT56, IFT46, IFT52, IFT88, IFT70) subcomplexes (Nakayama and Katoh, 2020). Except for IFT74, all IFT-B components have been knocked out or mutated in mammalian cells with primary cilia (Table 2). Generally, loss of most Core 2 or peripheral subunits, with exception of IFT56, results in severely shortened or absent primary cilia. In contrast, deletion of Core 1 subunits has much milder effects, with many mutants lacking overt cilia length defects, although ciliary localization of signaling molecules and membrane-associated proteins is aberrant. Mammalian IFT70A and IFT70B constitute the orthologs of C. reinhardtii IFT70. Loss of both IFT70A and IFT70B in retinal pigment epithelial (RPE) cells causes the absence of cilia, while re-expression of either IFT70A or IFT70B restores ciliogenesis, revealing redundancy between IFT70A and IFT70B (Takei et al., 2018). In certain cases, cilia phenotypes are more severe in C. reinhardtii than in mammalian cells. For instance, IFT56-deficient C. reinhardtii have shortened cilia (Ishikawa et al., 2014), but Ift56-null mice do not (Xin et al., 2017). This may reflect greater functional redundancy among mammalian IFT proteins. Furthermore, deletion versus deficiency of an IFT protein can result in different ciliary phenotypes. Depletion of IFT80 in C3H10T1/2 mesenchymal cells causes a lack of cilia (Yang and Wang, 2012), while hypomorphic mutation of Ift80 in mice results in normal cilia morphology (Rix et al., 2011), suggesting a threshold of IFT deficiency which can be tolerated.


TABLE 2. Mammalian IFT-B ciliary phenotypes.

[image: Table 2]
Given that axonemal elongation requires anterograde transport of tubulin (Craft et al., 2015), the ciliogenesis defects of IFT-B mutants could result from the lack of IFT-based transport of tubulin. In C. reinhardtii, the N-termini of IFT74 and IFT81 dimerize and bind α- and β-tubulin as cargo of anterograde IFT (Bhogaraju et al., 2013; Kubo et al., 2016). Additionally, IFT proteins are designed to form protein–protein interactions, and the loss of an IFT-B subunit can cause destabilization of the IFT-B complex. The molecular architecture of the IFT-B complex appears conserved between C. reinhardtii and mammalian cells (Katoh et al., 2016). IFT88, together with IFT52, connects the IFT-B core and peripheral complexes (Taschner et al., 2016). In fibroblasts of a ciliopathy patient with short rib polydactyly, mutation of IFT52 greatly reduced IFT52 protein levels, leading to a destabilized anterograde IFT complex, demonstrated by reduced cellular levels of IFT88, IFT74, IFT81, and ADP ribosylation factor like GTPase 13B (ARL13B), a ciliary membrane protein, as well as reduced IFT88 in cilia (Zhang et al., 2016). This anterograde IFT defect caused the presence of less ciliated cells and irregular distribution of ciliary lengths in patient cells.

Beyond the role of IFT-B subunits to form the IFT-B complex, IFT-B proteins also connect the IFT-B and IFT-A complexes, as well as anterograde and retrograde IFT. In C. reinhardtii, IFT74 was shown to associate IFT-B and IFT-A particles at the flagellar base and to be essential for flagellar import of IFT-A. Loss of the IFT74 residues required to bind IFT-A caused stunted cilia, thus revealing a role for the interdependence between IFT-B and IFT-A in ciliogenesis (Brown et al., 2015). Additionally, in mammalian retinal pigment epithelial (RPE) cells, expression of a truncated form of IFT88 on a CRISPR/Cas9-mediated IFT88 knockout background produced a ciliary phenotype similar to IFT-A knockout cells (Kobayashi et al., 2021). In C. reinhardtii and in mice, Ift54-null mutants lack cilia (Berbari et al., 2011; Zhu et al., 2017b), and a recent study showed that in C. reinhardtii and mammalian cells, IFT54 interacts with both the kinesin-2 and dynein motors (Zhu et al., 2020). Deletion of the IFT54 residues required to bind kinesin-2 reduced anterograde IFT, causing IFT motors and proteins to accumulate in the proximal region of cilia, while deletion of the residues that bind dynein impaired retrograde IFT, causing accumulation of IFT proteins at the distal tip (Zhu et al., 2020). Thus, IFT-B and IFT-A as well as anterograde and retrograde transport are interconnected, and these interconnections are integral to ciliogenesis.



Ciliary Import of Membrane-Associated Proteins

The IFT-A complex consists of three core subunits (IFT122/IFT140/IFT144) and three peripheral subunits (IFT42/IFT121/IFT139) (Nakayama and Katoh, 2020). In mammals, the IFT139 homolog consists of two paralogs, THM1/TTC21B and THM2/TTC21A (Tran et al., 2008; Wang et al., 2020). With the exception of THM2, loss of any IFT-A core or peripheral subunit can result in shortened cilia with bulbous distal tips (Table 3). The severity of cilia phenotypes varies with cell type and/or in vitro or in vivo contexts. Additionally, as observed with IFT56, the occurrence of a more severe phenotype – loss of cilia – in ift140-null C. reinhardtii mutants (Picariello et al., 2019) compared to shortened cilia in mammalian cells (Liem et al., 2012; Hirano et al., 2017) supports that there may be greater redundancy among IFT proteins in mammalian cells or that other compensatory mechanisms exist.


TABLE 3. Mammalian IFT-A ciliary phenotypes.
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Live imaging of short hairpin RNA (shRNA)-mediated Thm1 knockdown inner medullary collecting duct (IMCD) cells expressing IFT88-eYFP demonstrates that a mammalian IFT-A subunit is required for retrograde IFT (Tran et al., 2008). Consistent with a general role for IFT-A in retrograde IFT, bulbous distal tips with sequestered IFT-B, IFT-A, BBS, and signaling proteins in mutants of both the IFT-A core and peripheral complexes indicate defective retrograde IFT (Table 3). Since retrograde IFT is required to bring back IFT proteins to the base for their recycling and re-entry into cilia, this could be a contributing mechanism by which IFT-A loss or deficiency decreases cilia assembly and, in turn, cilia length.

A comprehensive study examining ciliogenesis in Ift121/Wdr35 knockout RPE cells showed that cilia assembly was reduced and delayed due to disruption of the ciliary import and export of the various cargoes of IFT-A (Fu et al., 2016). Rab8 localization near centrioles was reduced, suggesting that early formation of cilium membrane assembly is disrupted. Additionally, the localization of centriolar satellite proteins was misregulated. Centriolar satellites regulate protein composition of cilia and are essential for efficient ciliogenesis (Odabasi et al., 2019). Ciliary entry of ciliary membrane proteins, ARL13B and inositol polyphosphate-5-phosphatase E (INNP5E), was also impeded. This could contribute to impaired ciliogenesis, since ARL13B is essential for ciliary membrane extension, which is coupled to axoneme elongation (Lu et al., 2015). Ciliary ARL13B is also lost in Ift144 knockout and Ift43 knockdown cells and reduced in Thm1-null mouse embryonic fibroblasts (MEFs) (Liem et al., 2012; Fu et al., 2016; Wang et al., 2020). Furthermore, ARL13B was shown to bind to IFT43, IFT122, and IFT139/THM1, suggesting that ARL13B is a cargo passenger of IFT-A (Fu et al., 2016).

Fu et al. (2016) proposed a unifying mechanism for the IFT-A mutant defects in ciliary entry of membrane proteins and in retrograde IFT: that IFT-A mutation causes a defect in trafficking cargo to the minus ends of both axonemal and cytoplasmic microtubules. In Ift122 knockout RPE cells, IFT-A localization around the basal body was lost, suggesting that IFT122 transports IFT-A proteins to the cilium base (Takahara et al., 2018). Similarly, in C. reinhardtii, loss of IFT43 resulted in reduced IFT proteins in the peri-basal body region, and both IFT43 and IFT140 were demonstrated to transport ciliary proteins from the cytosol to the peri-basal body region (Zhu et al., 2017a). These data support a defect in transporting cargo to the minus ends of microtubules with loss of IFT-A.

Depletion of IFT-A also causes ciliary localization defects of the transmembrane Hedgehog transducer, Smoothened (SMO). Loss of IFT-A core components, IFT144 and IFT122, results in absence of SMO in cilia (Liem et al., 2012; Hirano et al., 2017; Takahara et al., 2018), while loss of peripheral subunit IFT121 results in reduced SMO in cilia (Fu et al., 2016). In contrast, loss of THM1 causes increased ciliary SMO and its accumulation at the distal tip (Wang et al., 2020). While ciliary localization defects of SMO do not overtly affect cilia length, these differential phenotypes may reflect differences in cargoes or protein interactions of core versus peripheral subcomplexes or of individual IFT proteins. Like IFT121, THM1 is part of the peripheral subcomplex, and except for the opposing SMO ciliary localization defect, Thm1-null MEF show ciliary protein localization defects as well as reduced and delayed ciliogenesis (Wang et al., 2020), similar to Ift121-depleted RPE cells (Fu et al., 2016). However, while contrasting from other IFT-A mutants, the increased ciliary SMO in Thm1-null MEF could be due to a similar mechanism that causes increased ciliary SMO in Ift25- and Ift27-null IFT-B Core 1 mutants. IFT25 and IFT27 form a heterodimer and connect IFT to the BBSome, which exports signaling molecules out of primary cilia (Keady et al., 2012; Eguether et al., 2014; Liew et al., 2014).

In mammalian cells, the IFT-A core also binds to the tubby-related protein 3 (TULP3), which acts like an adaptor to import a subset of G protein-coupled receptors (GPCRs) into primary cilia. These GPCRs include melanin-concentrating hormone receptor (MCHR1), somatostatin receptor subtype 3 (SSTR3), GPR161, neuropeptide Y receptor 2 (NPY2R), and free fatty acid receptor 4 (FFAR4) (Mukhopadhyay et al., 2010, 2013; Badgandi et al., 2017; Hilgendorf et al., 2019). Consistent with the requirement of the IFT-A core for ciliary entry of TULP3, TULP3 was absent from cilia of an Ift122-null mutant mouse (Qin et al., 2011). Tulp3 knockdown RPE cells, a Tulp3 kidney-specific knockout mouse and a Tulp3 hypomorphic mutant mouse showed a lack of ciliary ARL13B but normal cilia length (Mukhopadhyay et al., 2010; Hwang et al., 2019; Legue and Liem, 2019). However, Tulp3 knockout RPE cells showed absent ciliary ARL13B as well as shortened cilia lengths (Han et al., 2019). Thus, cell specificity, extent of Tulp3 depletion, and in vitro versus in vivo contexts, which would expose cilia to various extracellular factors, likely contribute to affecting cilia length. Unlike the loss of IFT-A core and peripheral subunits, Tulp3 knockdown did not cause accumulation of ciliary IFT-B proteins (Mukhopadhyay et al., 2010), indicating Tulp3 is not required for retrograde IFT.

Since loss of many IFT-B proteins results in absence of primary cilia, the role of IFT-B in ciliary entry of membrane-associated proteins is comparatively less explored. IFT25 and IFT27, which are components of IFT-B Core 1, are dispensible for cilia formation but are required for ciliary removal of the BBsome and associated cargo (Keady et al., 2012; Eguether et al., 2014; Liew et al., 2014). Conversely, since ciliary entry of SSTR3 or SMO is not impeded in Ift25- or Ift27-null mutants, this may indicate that ciliary import of these receptors may not require IFT-B (Eguether et al., 2018; Ye et al., 2018). However, the role of other IFT-B proteins in SSTR3 and SMO ciliary import has not been investigated. Knockdown of Ift57 and Ift172 in IMCD cells severely reduced ciliogenesis, but in cells retaining primary cilia, D1-type dopaminergic receptors in the ciliary membrane was reduced, suggesting that IFT-B is required for ciliary import of certain membrane-associated signaling receptors (Leaf and Von Zastrow, 2015). This requirement for IFT-B in ciliary membrane import of D1-type dopaminergic receptors also involves Rab23 and Kif17. Supporting a role for IFT172 in associating with the membrane, C. reinhardtii IFT172 was shown to interact with and remodel membrane, and in mammalian (RPE) cells, IFT172 localized to the ciliary membrane (Wang et al., 2018).




IFT IN MODULATING ECTOCYTOSIS

Primary cilia can release small vesicles or ectosomes, containing components from the ciliary membrane in a process termed ectocytosis (Long and Huang, 2019). This secretion function of cilia was first discovered in C. reinhardtii and now has been observed in multiple species, including in C. elegans, Trypanosoma brucei, and in mammalian cells (Wood et al., 2013; Wang et al., 2014; Long et al., 2016; Szempruch et al., 2016; Nager et al., 2017; Phua et al., 2017). Shedding of ciliary ectosomes or extracellular vesicles regulates ciliary compartmentalization and homeostasis, signaling, and organismal and intercellular communication.

There is some variation in the release of ciliary vesicles and their contents across organisms. In C. reinhardtii, ectosomes are released from the ciliary tip in a process that requires the endosomal sorting complex required for transport (ESCRT) pathway. C. reinhardtii ectosomes contain ciliary membrane proteins, enzymes, ubiquitinated proteins, and ESCRT proteins (Long et al., 2016). In C. elegans, sensory neurons release extracellular vesicles from the cilia base in a process that is ESCRT independent but requires IFT-B and IFT-A (Wang et al., 2014). These extracellular vesicles contain LOV-1 and PKD-2, the C. elegans polycystin orthologs, and regulate communication and mating-related behavior. In mammalian cells, ectocytosis occurs from the ciliary tip upon stimulation with growth factors, which changes the phospholipid content of the ciliary membrane via INNP5E (Phua et al., 2017). Mammalian ectosomes contain ciliary membrane proteins, GPCRs (Nager et al., 2017), as well as IFT-B proteins, which are not present in ciliary vesicles of C. reinhardtii and C. elegans (Phua et al., 2017). Ectocytosis is linked to cilia resorption and disassembly in C. reinhardtii and mammalian cells (Long et al., 2016; Phua et al., 2017), and the containment of IFT-B proteins in mammalian ectosomes may be a mechanism by which primary cilia dispose of IFT-B proteins and become primed for disassembly (Phua et al., 2017).

Studies with BBS and IFT mutants shed additional light on the regulation of ectocytosis. In IMCD cells null for regulators or subunits of the BBSome, such as IFT27, ARL6, or BBS2, failure of BBSome-mediated ciliary removal of activated GPCRs caused accumulation of active GPCRs at the ciliary tip, which was followed by ectocytosis (Nager et al., 2017). In Thm1-null MEF, which sequester proteins at the ciliary tip, serum stimulation following starvation caused an increased presence of IFT-B foci that were separate from and distal to the cilia tip (Wang et al., 2020). Such observations likely reflect ectocytosis. In RPE cells depleted of mitogen-activated protein kinase-like kinase, ICK, which binds to IFT-B and localizes at ciliary tips, cilia were lengthened with an accumulation of IFT and signaling proteins at the distal tip, indicative of impaired retrograde IFT. Furthermore, these accumulated proteins were released in extracellular vesicles at the distal tip, indicative of ectocytosis (Nakamura et al., 2020). Collectively, these studies suggest that defective retrograde IFT promotes ectocytosis.

Ectocytosis precedes cilium resorption and disassembly (Phua et al., 2017). Consistent with this pattern, Thm1-null MEF, which exhibit a phenomenon consistent with increased ectocytosis also show enhanced serum-induced cilia loss (Wang et al., 2020). Cilia disassembly can occur via cilia resorption, which shortens cilia length gradually; complete cilia shedding, which severs the entire cilium; and a combination of both. Complete cilia shedding was found to be the predominant mechanism of cilia disassembly in wild-type mammalian cells (Mirvis et al., 2019). Future investigation into the role of IFT in regulating cilia disassembly could deepen our understanding of why one mechanism prevails over another.



TUBULIN POSTTRANSLATIONAL MODIFICATION AND IFT

Posttranslational modification (PTM) of the axonemal microtubules affects their stability, promoting either cilia assembly or disassembly. Acetylation, glutamylation, and glycylation stabilize the axoneme, favoring cilia assembly (Pugacheva et al., 2007; Shida et al., 2010; Gadadhar et al., 2017; He et al., 2018). In contrast, ubiquitination destabilizes the axoneme, leading to cilia disassembly (Huang et al., 2009; Wang et al., 2019).

Studies also suggest that PTMs regulate IFT. In shortening flagella of Chlamydomonas, IFT139 was identified to be ubiquitinated and to interact with ubiquitylated α-tubulin, suggesting that the IFT-A complex may traffic ubiquitylated axonemal proteins out of flagella, thus contributing to cilia disassembly (Wang et al., 2019). In C. elegans, a ccpp-1 deglutamylase mutant altered stability of the axonemal β-tubules and increased velocity of the kinesin 3 KSP-6 and kinesin 2 SOM-3/KIF17 accessory motors (O’hagan et al., 2011). Also in C. elegans, starvation activated tubulin glutamate ligase 4 (TTLL4), which increased glutamylation, as well as the speed of the kinesin II canonical motor and, hence, of anterograde IFT (Kimura et al., 2018).

Recently, N-acetylglucosamine (GlcNAc), a nutrient sensor and product of the hexosamine biosynthetic pathway that can be linked enzymatically to serine/threonine residues of a multitude of intracellular proteins (Hart et al., 2011), has been shown to regulate cilia length (Tian and Qin, 2019; Yu et al., 2019, 2020). Both tubulin and histone deacetylase 6 (HDAC6, which regulates cilia disassembly) (Pugacheva et al., 2007), are O-GlcNAcylated (Tian and Qin, 2019). In one study, pharmacological and genetic inhibition of O-GlcNAc transferase (OGT), which transfers the GlcNAc moiety onto protein substrates, increased cilia length in RPE and IMCD cells (Tian and Qin, 2019). In another study, tissues (retinal photoreceptors, trachea) of Ogt knockout mice and RPE cells treated with an OGT inhibitor displayed shortened primary cilia with an accumulation of IFT proteins in bulbous distal tips, suggesting impaired retrograde IFT (Yu et al., 2020). While more investigations are required to reconcile these opposing results, these studies indicate that O-GlcNAcylation is another PTM affecting cilia length and IFT.

Together, these studies hint at a role for IFT in mediating the cilium assembly/disassembly associated with a particular PTM. Live imaging of IFT in mammalian cells following a PTM event is required to establish that PTMs affect IFT and to explore how PTMs regulate the IFT machinery.



MODULATION OF RENAL EPITHELIAL CILIA LENGTH AND RENAL FUNCTION

In a context-dependent manner, primary cilia demonstrate multiple roles. These organelles sense and transduce light, chemical, and mechanical cues and are hubs for multiple signaling pathways, including Hedgehog, Wnt, Notch, transforming growth factor beta (TGFβ), platelet-derived growth factor receptor (PDGFR), and G protein coupled receptor (GPCR) (Huangfu et al., 2003; Schneider et al., 2005; Eggenschwiler and Anderson, 2007; Corbit et al., 2008; Ezratty et al., 2011; Clement et al., 2013; Anvarian et al., 2019). Activation or downregulation of these signaling pathways regulates cell behavioral response, including proliferation, differentiation, and tissue organization. Mutation of ciliary genes reveals importance of primary cilia in multiple organ systems. The presence or absence as well as severity of phenotypes or clinical manifestations reflect the cell-specific and developmental and homeostatic roles of primary cilia.

Among the first revelations that primary cilia are essential to mammalian health was the discovery that mutation of IFT causes renal cysts (Yoder et al., 1995, 2002; Pazour et al., 2000). In renal tubules, cilia extend from the apical surface of most epithelial cells, suggesting that the role of renal tubular epithelial cilia is to sense the environment of the renal tubular lumen and transmit this information into the epithelium and possibly to “downstream” tubule segments (via ectosomes). Analyses of human kidneys reveal that cilia lengths change with nephron segment, as well as with development, being shortest in renal vesicles (0.59 μm) and lengthening as fetal nephrons mature (3.04 μm) (Saraga-Babic et al., 2012). Additionally, mutation of genes required for ciliogenesis usually causes shortened or absent cilia, and less commonly lengthened cilia, and often results in fibrocystic renal disease (Davis et al., 2011; Srivastava et al., 2017). In mice, the mutation and/or deletion of IFT genes models this phenomenon (Yoder et al., 1995, 2002; Pazour et al., 2000; Jonassen et al., 2008, 2012; Patel et al., 2008; Tran et al., 2014). Together, these findings indicate that the presence and architecture of primary cilia regulate kidney development, morphology, and function.

In autosomal dominant polycystic kidney disease (ADPKD), the majority of mutations occur in PKD1 and PKD2, which encode polycystin 1 and polycystin 2, which form a complex and function at the primary cilium (Freedman et al., 2013; Cai et al., 2014; Walker et al., 2019). In renal tissue of ADPKD patients as well as of orthologous mouse models, cilia lengths are increased (Hopp et al., 2012; Liu et al., 2018; Shao et al., 2020). Similarly, in the jck non-orthologous mouse model of ADPKD, renal primary cilia are also lengthened (Smith et al., 2006). Interestingly, deletion of Kif3a, Ift20, and Ift88 in Pkd1 and Pkd2 conditional knockout mice ablated or shortened primary cilia and markedly attenuated the ADPKD cystic phenotype (Ma et al., 2013; Viau et al., 2018; Shao et al., 2020). Similarly, pharmacological shortening of primary cilia (via a CDK5 inhibitor) in jck mice ameliorated the cystic disease (Husson et al., 2016). Conversely, genetic and pharmacological inhibition of cilia disassembly in Pkd1 conditional knockout mice increased renal cilia lengths and worsened ADPKD severity (Nikonova et al., 2014). These data suggest that cilia length may be an important modifier of ADPKD severity.

Renal epithelial cilia lengths also change during acute and chronic kidney injury and repair. A variety of methods have been employed to induce renal injury in both in vitro and in vivo model systems (Table 4). Acute injury, or the exposure to hypoxia to model chronic injury, appears to cause deciliation followed by elongation of cilia and eventual return to normal cilia length. Such alterations in cilia length are proposed to alter cilium sensing function and to form part of an epithelial repair mechanism whereby cilia regulate changes in signaling pathways appropriate for normal repair of injured renal tubules (Verghese et al., 2019). This dynamic modulation of renal cilia lengths during renal injury and repair suggests that cilia lengths are tuned to maintain normal renal tubular structure and function (Verghese et al., 2008, 2009; Han et al., 2017; Park, 2018).


TABLE 4. Modulators of renal cilia length.
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Cellular signaling pathways and signals from the local environment modulate cilium length. As renal primary cilia protrude into the tubular lumen, cilia are exposed to filtrate flow. In response to fluid flow, primary cilia of cultured renal epithelial cells deflect, and intracellular calcium (Ca2+) increases (Praetorius and Spring, 2001, 2003). In cells that are stimulated resulting in lengthened cilia, the increase in intracellular Ca2+ induced by fluid flow is elevated, indicating that increased cilia length increases sensitivity to fluid flow (Upadhyay et al., 2014; R Ferreira et al., 2019). Conversely, in cells mutant for Pkd1 or Pkd2, the increased intracellular Ca2+ response to fluid flow is abrogated (Nauli et al., 2003). In ADPKD cells, intracellular Ca2+ is decreased, and intracellular cyclic AMP (cAMP) is increased (Yamaguchi et al., 2004). Treatments to decrease intracellular Ca2+ and to elevate intracellular cAMP of cultured IMCD cells increased primary cilium lengths (Besschetnova et al., 2010). Using live microscopy, the increase in cilia length coincided with increased velocity of anterograde IFT. Additionally, fluid shear-mediated deflection reduced cilia length, decreased intracellular cAMP, and reduced the intracellular Ca2+ response to fluid flow, indicating the presence of a negative feedback loop. In Pkd1- or Pkd2-deficient cells, the Ca2+ response to fluid flow was abolished, and so was the negative feedback loop. In the absence of fluid flow, cultured Pkd1 MEF and renal epithelia also displayed reduced cilia disassembly via disruption of a centrosomal integrity pathway mediated by p53 (Gerakopoulos et al., 2020). In contrast, Streets et al. reported shortened primary cilia in Pkd1-mutant renal epithelial cells via increased actin polymerization mediated by RhoA (Streets et al., 2020). These varied results may reflect that the altered cilia lengths are captured at a particular time point during dynamic modulation of cilia length by these individual pathways. Together, these studies demonstrate that regulation of cilia length and cilia-mediated function is tightly connected. Furthermore, the disruption of this connection in ADPKD suggests that this connection may be critical to staving off disease.

Extrinsic factors that regulate kidney homeostasis have also been shown to alter cilia length. Dopamine activates the intrarenal dopaminergic pathway to reduce salt and water reabsorption by the kidney, and dysregulation of intrarenal dopaminergic signaling increases risk for essential hypertension (Harris and Zhang, 2012). Treatment of LLC-PK1 porcine kidney epithelial cells with dopamine and fenoldopam to activate ciliary-localized dopamine receptor type-5 increased cilia length (Upadhyay et al., 2014). Fenoldopam caused a greater increase in cilia length than dopamine, and increased cilia length correlated with the sensitivity of the cells to fluid shear stress as measured by the increase in intracellular Ca2+, substantiating the interconnection between cilia length modulation and ciliary signaling. Aldosterone, a mineralocorticoid steroid hormone that is produced by the adrenal cortex, conserves sodium in the kidney. In a mineralocorticoid knockout mouse, cilia of multiple tubule types were shortened. Explaining this result, treatment of cultured cortical collecting duct cells with aldosterone increased primary cilia length, and this increase correlated with intensity of the transepithelial Na+ transport and was demonstrated to occur via reduced degradation of IFT88 (Komarynets et al., 2020). Thus, modulation of cilia length is inherent to kidney homeostasis and physiology.



DISCUSSION

Primary cilia lengths differ with cell type, developmental stage, disease state, and in response to injury or repair. Multiple intrinsic (IFT and ciliary proteins) and extrinsic factors contribute to modulating cilia length, and these factors are likely intertwined to control cilia length and function. More analyses in mammalian cells are required to determine the extent to which mechanisms discovered in C. reinhardtii and other ciliated organisms are similar or diverge in mammalian cells. The redundancy of IFT proteins in mammalian cells suggests a means of additional species- or cell-specific roles for these proteins in regulating cilia length and function. High-resolution live microscopy of IFT and associated cargo in mammalian cells will be instrumental in obtaining new mechanistic insights.

Signaling events can affect cilia length, which in turn influences sensitivity to external factors, such as fluid flow in the kidney. Expanding our knowledge of the signaling pathways that influence cilia lengths and those that are affected by cilia length would contribute to a regulatory network of cilia length control. Since studies suggest that cell type and in vitro versus in vivo contexts can produce differential results, expansion of cell types and development of in vitro models that more closely mimic the in vivo setting, such as 3D models and cultures that implement multiple cell types, may help to reconcile these differences.

Given that rescue of the increased cilia length in ADPKD mouse models correlates with attenuation of the disease, could cilia length in certain cases be a therapeutic target? In a developmental study, the rescue of cilia length and structure of Dync2h1-null embryos via deletion of one allele of Ift172 mitigated the Hh signaling defects and early embryonic lethality, suggesting that Ift mutations cause their phenotypes primarily by affecting cilia architecture rather than by directly regulating signaling (Ocbina et al., 2011). Since Ift genes have differential roles, determining how to rescue cilia architecture for each Ift gene deletion would require expanding digenic analyses to multiple Ift genes. Additionally, cancer studies show that drugs can have differential effects on cilia lengths of different cell types within a tissue, emphasizing cell-specific control of ciliogenesis (Kiseleva et al., 2019).

However, in ciliopathy patient cells, cilia length is not always altered, or inconsistencies exist in whether a gene mutation causes cilia to be lengthened or shortened. This could suggest that clinical manifestations are due to signaling defects and that cilia length alterations per se may not be the primary cause of perturbed signaling. Rather, IFT proteins may regulate both cilia architecture and signaling pathways. Technologies to target a signaling pathway of a specific cell (Shillingford et al., 2012) or cilia (Pala et al., 2019a, b) of a particular cell type may further help provide the molecular tools to treat cilia-related disease.
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Tight-junction (TJ) proteins are essential for establishing the barrier function between neighbor epithelial cells, but also for recognition of pathogens or cell migration. Establishing the expression pattern and localization of different TJ proteins will help to understand the development and physiology of the airway. Here we identify that the junctional adhesion molecule 3 (Jam3) expression is restricted to multiciliated cells (MCCs) in the airway epithelium. In vitro, Jam3 expression varies along airway basal stem cell (BSC) differentiation and upon DAPT treatment or IL6 exposure. However, Jam3 is not required for BSC differentiation to specific cell types. In addition, we found that MCC lacking Jam3 display normal cilia morphology and cilia beating frequency with a delay in BB assembly/positioning in MCCs during differentiation. Remarkably, Jam3 in MCC is mostly localized to subapical organelles, which are negative for the apical recycling endosome marker Rab11 and positive for EEA1. Our data show that Jam3 expression is connected to mature MCC in the airway epithelium and suggest a Jam3 role unrelated to its known barrier function.
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INTRODUCTION

Junctional adhesion molecule 3 (Jam3), together with Jam1 and Jam2, is known as a tight-junction (TJ) component that belongs to the junctional adhesion molecule family of proteins (Hartmann et al., 2020). In vertebrate cell cultures, Jam3 has been involved in epithelial barrier function; however, Jam3 knockout mice display additional phenotypes related with cell migration of immune cells and cilia and/or polarity in spermatids, airway epithelium, and brain ventricles (Kummer and Ebnet, 2018; Hartmann et al., 2020). Importantly, 40% of the lethality observed in Jam3-KO mice is due to pulmonary dysfunction, but how this phenotype is related to its cellular and subcellular localization related is completely unknown.

Since its discovery in 2004 (Cunningham et al., 2000), various in vitro studies have suggested that Jam3 has important functions in the assembly of TJs in endothelial and epithelial cells, but also in transendothelial and transepithelial migration of immune cells (Bazzoni, 2003; Ebnet, 2017; Hartmann et al., 2020). Indeed, Jam3 has been proposed to promote neutrophil migration in vivo and in vitro in endothelial cells (Chavakis et al., 2004; Woodfin et al., 2011). This Jam3-dependent neutrophil migration phenotype was also described in vitro with epithelial cells, where Jam3 is a component of desmosomes (Zen et al., 2004). A later study on Jam3 KO mice reported a pulmonary dysfunction where histological analysis revealed large infiltrates of neutrophils in the lungs in all moribund Jam3 KO mice (Imhof et al., 2007). Moreover, the blockade of Jam3 improved lung histology and reduced neutrophil contents in lungs of septic mice (Hirano et al., 2018). All this work supports a function of Jam3 in the lungs related to inflammatory response. On the other hand, under certain pathological conditions like cystic fibrosis (CF) or infection, TJs can be altered due to the inflammatory response (Coyne et al., 2002). The increased secretion of proinflammatory factors like tumor necrosis factor alpha (TNF-alpha) and interferon gamma (IFN-gamma)-increased secretion affects TJ structure and protein expression (Coyne et al., 2002). Interleukin 13 (IL-13), which drives asthma symptoms or IL-4 and IL-13 enhanced by IFN-gamma, induces changes in the TJ protein composition so that paracellular permeability becomes increased (Ahdieh et al., 2001; Schmidt et al., 2019).

As mentioned above, the initial studies in vivo using Jam3 KO mice showed that the deletion of Jam3 is to a large extent lethal, but the remaining male mice were infertile mice (Gliki et al., 2004). A closer look at the phenotype revealed that those Jam3 knockout mice had deficiencies in spermatid differentiation, when they change from round spermatids into spermatozoa, due to defect in the assembly of the polarity complex (Gliki et al., 2004). This could be considered as the first connection between Jam3 and cilium, taking into account that frequently mutations that generate motile cilia defects, like those found in primary ciliary dyskinesia (PCD), also have an effect on sperm tail formation. This is more evident if we look at the sperm tail and motile cilium basic structure. Both cellular components shared the same ultrastructural 9 + 2 microtubular arrangement (Sironen et al., 2020). More recently, Wyss et al. (2012) reported that Jam3 KO mice developed hydrocephalus, a phenotype that could also be related to cilia malfunctioning. In the brain, ependymal cell lining of cerebral ventricles covered their apical surface by cilia that beat in a coordinated fashion to facilitate circulation of the cerebrospinal fluid (CSF) (Tissir et al., 2010; Boutin et al., 2014; Carvajal-Gonzalez et al., 2016a). In the airway but also in other tissues, planar cell polarity signaling within cell–cell junctions properly orients cilia in multiciliated cells (MCCs) along the tissue (Carvajal-Gonzalez et al., 2016a). This function/connection between centriole positioning and PCP is a conserved function from flies to humans (Vladar et al., 2012, 2016; Carvajal-Gonzalez et al., 2016a,b; Garrido-Jimenez et al., 2019). In the literature, no connection has been described so far between Jam3 and PCP.

Here, we decided to characterize the molecular and cellular function in the airway epithelium of Jam3 and found that the expression of the junctional adhesion molecule, Jam3, is restricted to MCCs in the airway. In those cells, Jam3 localized mostly to apical sorting endosomes but did not contribute to cilia number, size, or morphology. However, Jam3 depletion affects basal body alignment and positioning at the apical side of MCC. On the other hand, prior to cell differentiation, Jam3 expression is upregulated in basal stem cells (BSCs) most likely to favor TJ formation. Overall, our findings place Jam 3 expression closely linked to MCC in the airway epithelium.



RESULTS


Jam3 Expression in vivo Is Limited to Multiciliated Cells in the Mouse Airway Epithelium in vivo

The airway epithelium is formed mainly by three cell types, BSCs, secretory cells (SCs), and MCCs (Cardoso, 2001; Rawlins and Hogan, 2006). BSCs are responsible for tissue regeneration, and they are able to completely regenerate the epithelium (Rock et al., 2009; Yang et al., 2018). SCs, either club or goblet cells, produce mucus, essential to trapping pathogens and particles (Rawlins et al., 2009). Besides, MCCs play their role by constantly swapping the mucus toward the mouth, so that the airway tract remains cleared (Bustamante-Marin and Ostrowski, 2017). The Jam3 expression pattern in the airway is completely unknown, even though mice lacking the Jam3 gene die due to respiratory tract infections (Imhof et al., 2007). We started by performing an immunohistochemical analysis of Jam3 in the mouse airway. In mouse lung sections, we first observed that Jam3 localization is not homogeneous in the epithelium, but instead is restricted to some cells (Figures 1A,A’). A closer look at those cells revealed that Jam3 expression was presented in MCCs and not in secretory or basal neighbor cells (Figure 1A’). Likewise, a co-staining with Jam3 and acetylated tubulin, which accumulates in the cilium axoneme, in a whole-mount trachea showed that Jam3 was indeed co-localizing with MCCs labeled with acetylated tubulin (Figures 1B–B”’). We also noticed that in our whole-mount confocal images, Jam3 expression levels were heterogeneous among MCCs, where we can find a mix of cells with low or high Jam3 levels (Figures 1C–C”). Overall, we found that Jam3 expression in the airway epithelium is restricted to MCCs.
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FIGURE 1. Junctional adhesion molecule 3 (Jam3) is expressed in multiciliated cells in the mouse airway epithelium. (A) Immunohistochemistry of Jam3 in the mouse airway epithelium. Black arrows point to multiciliated cells, while black arrowheads point toward non-ciliated cells. (A’) A higher magnification image for a Jam3 immunohistochemistry in the mouse airway epithelium. (B’) A magnification of an immunohistochemistry image of Jam3 in the mouse airway epithelium. (B) Immunofluorescence in mouse whole-mount trachea for Jam3 in red (gray in panel B’), acetylated tubulin in green (gray in panel B’), and DAPI in blue (gray in panel B”). (C) Confocal image with higher magnification for Jam3 localization in whole-mount tracheas, Jam3 in red (gray in panel C’), and acetylated tubulin in green (gray in panel C”). (D,E) Jam3 immunofluorescence in MTECs differentiated for 14 days in vitro, nuclei in blue (gray in panels D’,E’), and Jam3 in green (gray in panels D’,E”) using two different antibodies. Scale bar represents 10 μm in panel (C), represents 10 μm, and represents 20 μm in panels (D,E). White arrowhead point a MCC with low Jam3 expression levels.




Jam3 Expression in vitro Is Also Restricted to MCCs

To further characterize the localization and function of Jam3 in MCCs, we tested the localization pattern of Jam3 in vitro. We used differentiated mouse tracheal epithelial cell cultures (MTECs), which at least contain all three major cellular components, basal cells, SCs, and MCCs. Using two different antibodies (AF1213 and AB_2533486), we found a restricted endogenous expression of Jam3 in some cells (Figures 1D–D”,E–E”). To be completely sure that we were detecting Jam3, we cloned the cDNA of Jam3 from MTECs in frame with GFP to confirm that the Jam3 antibody was indeed detecting Jam3 in our immunofluorescence and also in Western blots (Supplementary Figure 1). A dog cell line [Madin-Darby Canine Kidney (MDCK) cells] and a human cell line (HEK293) were transfected with our Jam3-GFP construct (Supplementary Figure 1). We found that the Jam3 antibody AF1213 was capable of labeling only those MDCK cells expressing mouse Jam3-GFP and not neighbor cells (Supplementary Figure 1). In Western blot, the Jam3 antibody AF1213 and GFP antibody detected the expression of Jam3 only in those cells transfected with our Jam3-GFP (Supplementary Figure 1). This set of experiments confirmed that we were detecting mouse Jam3 with the antibody AF1213 and that a different antibody (AB_2533486) provided the same staining pattern.

Next, we performed two different double immunofluorescences with MCC markers, Jam3 and Foxj1 (a transcription factor required for MCC differentiation) and Jam3 and acetylated tubulin (Figures 2A–A”,B–B”). Upon imaging and quantification, we found that above 75% of cells that were positive for Foxj1 or acetylated tubulin were also clearly positive for Jam3 (Figure 2C). We determined that Jam3 expression in the airway epithelium is restricted to MCCs in vivo and in vitro; however, there are some cells in vitro which are negative for Jam3 that we were not able to detect in vivo.
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FIGURE 2. Junctional adhesion molecule 3 (Jam3) expression is restricted to a subset of multiciliated cells. (A,B) Representative images for Jam3 and Foxj1 (A) or acetylated tubulin (B) to evaluate the co-labeling of MCCs. Foxj1 in green (gray in panel A’), and Jam3 in red (gray in panel A”) Acetylated tubulin in green (gray in panel B’), and Jam3 in red (gray in panel B”) (C) Quantification of the number of cells that express Jam3 and acetylated tubulin or Jam3 and Foxj1. (D) Set of confocal images at different days of differentiation (from ALI 3 to ALI7) for Jam3 in red (gray in panel D”), acetylated tubulin in green (gray in panel D’), and nuclei in blue. (E) Quantification of acetylated tubulin-positive cells with high levels of Jam3, low levels of Jam3, or negative for Jam3 from ALI4 to ALI7. No acetylated tubulin or Jam3-positive cells were detected in ALI3. (F) Relative gene expression levels for deuterosomal cells and mature ciliated cell markers in Jam3-positive or negative cells (all of them are Foxj1-positive cells). Scale bar in panels (A,B) represents 20 and 10 μm in panel (D). Red arrow pointed Foxj1 positive cells which are Jam3 negative. Red starts marked Ac-tubulin positive cells which are Jam3 negative.


To test whether this Jam3 expression was related to a differentiation status of MCCs, we co-stained MTECs with Jam3 and acetylated tubulin along the differentiation process when MCCs start to appear in this culture system (from ALI3 to ALI7) (Figures 2D–D”). We found that acetylated tubulin started to accumulate and assemble cilia from ALI4 and that it is not detected in ALI3 (Figure 2D’). In those conditions we found that Jam3 also accumulates in some cells (only around 30 cells in a 6.5-mm filter with thousands of cells) from ALI4 and that the number of cells co-labeled with both proteins, Jam3 and acetylated tubulin, increased along the differentiation process (Figure 2D and quantified in Figure 2E). In our immunofluorescence images, we could find acetylated tubulin-positive cells with high levels of Jam3, which were the majority of the cells in all conditions from ALI4 to ALI 7 (Figure 2E). Yet, we could also find acetylated tubulin cells with lower levels of Jam3 and very few cells with acetylated tubulin cells and without Jam3 staining (Figure 2E).

To further characterize the connection between Jam3 expression and MCC differentiation status, we evaluated the expression of genes that distinguish between deuterosomal cells or mature MCCs (Bukowy-Bieryłło, 2021) using published single-cell expression data sets (Plasschaert et al., 2018). Our analyses revealed that those MCCs that do not express Jam3 had higher expression levels of deuterosomal cell markers, while no difference between Jam3-positive or -negative cells are found for mature MCC markers or Foxj1 (Figure 2F).

Based on these results, we concluded that most of MCCs at steady state are Jam3-positive cells and that Jam3 expression in MCCs is linked to mature MCCs.



Jam3 Subcellular Localization in MCC Is Abundant in Apical Sorting Endosomes

As observed in Figure 1B’, Jam3 localization in MCCs is at the apical portion of the cell and not detected in the distal part of the cilia axonemes or along the basolateral side of these epithelial cells. This subcellular distribution was confirmed by immunofluorescence and confocal imaging of Jam3 in MTECs (Figures 3A–A”,B–B”). By looking at the different confocal plane images, we were able to detect low levels of Jam3 at the cell–cell contacts (white arrows in Figure 3A and Supplementary Figure 2), but we also detected Jam3 expression above those junctions and in very apically located endosomes at the TJ plane stained with ZO1 (Figure 3B). Looking back in our whole-mount staining confocal images, we could also find Jam3 located in endosomes in the most apical planes (Figures 3C–C’,D).
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FIGURE 3. Junctional adhesion molecule 3 (Jam3) localizes at cell–cell contacts and in apical sorting endosomes. (A) Confocal Z-planes from apical to more basal ones (Z3 to Z5) of Jam3 in MCCs. White arrows point to Jam3 localization at cell contacts, and white arrowheads denoted Jam3 localization in apically located endosomes. Jam3 in red (gray in panel A’), and nucleus in blue (gray in panel A”). (B) Serial confocal Z-planes (Z3 to Z5) of Jam3 co-localization with ZO1 in MCCs. Jam3 in green (gray in panel B’), and ZO1 in red (gray in panel B”). (C) Immunofluorescence in mouse whole-mount trachea for Jam3 in red (gray in panel C’) and nuclei in blue. (D) A zoom for a region of interest from panel (A) showing Jam3 localization in a group of cells. (E) A single confocal plane image for Jam3 in red (gray in panel E”) and EEA1 in green (gray in panel E”’) co-localization analyses (white in panel E’). White arrows point to Jam3 and EEA1 co-localization in endosomes, and white arrowheads denoted Jam3 endosomes which are EEA negative. Note that not all EEA1-positive endosomes are positive for Jam3. The step size between Z planes is 1 μm. Scale bar in panels (A,B,D) represents 10 μm. The dotted white box represents the ROI depicted in panel (D).


To describe the endosomal nature of those organelles where Jam3 localizes in MCCs, we performed co-staining of Jam3 with an apical sorting endosome marker, EEA1, and an apical recycling endosomal marker, Rab11. We found that many of the Jam3-containing endosomes were also apical-sorting endosomes co-labeled with EEA1 (Mander’s coefficients, M1 = 0.28 and M2 = 0.34; displaced images: M1 (five-pixel shift) = 0.12 and M2 (five-pixel shift) = 0.13; M1 vs. M1 (five-pixel shift) p = 0.03 and M2 vs. M2 (five-pixel shift) p = 0.01; see section “Materials and Methods”) (Figures 3E–E”” and Supplementary Figure 2) and co-localization with Rab11 was almost not found (Supplementary Figure 2). Recently, liquid-like organelles have been related to cilia development (Lee et al., 2020); we tested whether Jam3 appeared in those organelles where Daap1 or Dnai1 was concentrated and found no co-staining in MCCs (Supplementary Figure 2). To further locate Jam3 at the membrane, we did a co-staining of Jam3 with Vangl1, a planar cell polarity-related protein localized in adherent junctions. By looking at different images at the most apical planes of MTECs, we found that junctional Jam3 is located more apically than Vangl1 (Supplementary Figure 3), although this Jam3 localization at the membrane is not always easy to observe.

Overall, Jam3 localized in MCCs mostly at apical-sorting endosomes at the level of the TJs and in some cells is detected at the cell–cell contacts above Vangl1 junctions.



Cilia Morphology and Function Are Not Altered in the Absence of Jam3

Mouse tracheal epithelial cell cultures have been extensively used to study the biology of the airway, including cell differentiation, cilia functioning, or protein secretion, among many other features. To assess Jam3 function in the airway epithelium, we developed a combination of shRNAs capable of decreasing the expression of Jam3 in MTECs to study the function of Jam3 in MCCs. Briefly, during cell expansion and prior to MTEC differentiation, we infected and selected MTECs with Jam3 shRNAs to produce the desired Jam3 knockdown (Jam3-KD). For Jam3-KD, we used a combination of two shRNAs to bolster the knockdown efficiency, as single shRNA provided less knockdown capability. As a control, we infected MTECs with a shRNA against luciferase (Luc-KD). Jam3 downregulation was confirmed at the RNA level by quantitative PCR in MTECs differentiated in the air liquid interface for 14 days (ALI 14) (Figure 4A) and at the protein level by immunofluorescence (Supplementary Figure 4). Notice that in those Jam3-KD conditions, we could not detect Jam3-positive cells that were easily found in control Luc-KD conditions (Supplementary Figure 4). We assessed the expression of Jam1 and Jam2 in Jam3-KD conditions compared to Luc-KD and found that Jam3 downregulation does not affect the expression of the other two junctional adhesion molecules (Figures 4B,C).
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FIGURE 4. Downregulation of Jam3 does not alter cilia structure and function. (A–C) Mean mRNA expression levels of Jam3 (A), Jam1 (B), and Jam2 (C) assessed in differentiated MTECs infected with control viruses (Luc KD) or Jam3-shRNAs (Jam3 KD), n = 3. (D,E) Scanning electron micrographs of Jam3-KD and control (Luc KD) MTECs differentiated for 14 days. (F,G) Lateral and top views of confocal images for acetylated tubulin (in green), ZO-1 (in red), and nucleus (in blue) in Jam3-KD (G,G’) and Luc KD (F,F’) MTECs. (H) Cilia beating frequency quantification as number of beats per second in cells treated with Luc KD and Jam3 KD MTECs. (I,J) Basal body staining in control (I) and Jam3 KD cells (J). (K,L) Black and white image obtained to calculate the Mm ratio in a control cell (K) and a Jam3 KD cell (L). (M) Mm ratio quantification for individual cells. n > 60 in Control and Jam3 KD conditions. (N,O) Centriolin staining in control (Luc KD) and Jam3-KD cells in ALI 5. (P) Quantification of MCCs in different stages of differentiation in control and Jam3 KD cells. Type II/III are those cells with Centriolin staining in aggregates (pink arrowheads) while Type IV/V are those cells with Centriolin staining dispersed at the apical membrane (white arrowheads). Scale bar in panels (F,G) represent 20 μm. p-values in all conditions were obtained using t-test.


Once our Jam3-KD was settled and based on the cellular and subcellular localization of Jam3 in MCCs, we first decided to look at cilia morphology using scanning electron microscopy (SEM). As shown in Figure 4D,E, no morphological ciliary defects were detected in SEM micrographs in Jam3-KD cells when compared to Luc-KD cells (Figures 4D,E). We also found a similar ciliary size and cilia number at the apical membrane of MTECs (Figures 4D,E). Next, we performed an immunofluorescence against acetylated tubulin and found no differences between control and Jam3-KD conditions (Figures 4F,F’,G,G’). These experiments supported that cilia structure, morphology, or number was not affected by Jam3 depletion, but is cilia functioning affected?

To assess a role in cilia function, we developed a new assay including a graphic user interface (GUI) to measure cilia beating. In short, we added magnetic beads at the apical chamber of differentiated MTECs. After a few minutes, these beads dropped on top of cells and remained attached to their apical membrane (by a mechanism that we ignore). Due to its color and size, those magnetic particles can be easily visualized and recorded with a high-speed camera (Supplementary Figure 5 and Supplementary Movie 1). We tested this new method exposing MTECs to well-known blockers of cilia beating. As shown in Supplementary Figure 4, cold PBS with calcium and magnesium could slow down cilia beating from 15 to 2 bps. Cilia beating could also be completely blocked with nickel chloride (Supplementary Figure 5). Once the system was set, we assessed cilia beating in control and Jam3-KD conditions and found the same beating capacity when compared to control conditions (Figure 4H).

Next, we analyzed the basal body distribution pattern in MCCs. To this end, we performed basal body staining in WT and Jam3 KD MCCs. Then, we used a similar approach as in Herawati et al. (2016) which discriminated between non-aligned and aligned basal bodies along MCC differentiation. A custom-made GUI quantified the alignment of basal bodies in individual MCCs using eccentricity and the major/minor axis ratio (Mm ratio) of these bodies (see materials and methods section for more detailed information). In both measures, we would find longer values in the case of elongated (and more aligned) ROIs. We found that in WT cells, BBs were distributed in well-aligned long rows in above 40% of the cells; however, in Jam3 KD cells very few cells contained well-aligned long rows of BBs (Figures 4I–M). Instead, most of Jam3 KD cells contained short arrays of BBs. Noticeably, when we looked at microtubules or actin staining, we did not find major differences between WT and Jam3 KD cells (Supplementary Figure 5), so this BB distribution pattern defect in Jam3 KD does not depend on the cytoskeleton. However, the analyses of BB distribution together with the differential expression of deuterosomal cell markers suggested that Jam3 could be affecting BB migration or attachment to the apical membrane. To test this hypothesis, we perform Centriolin staining along the early stages of monolayer differentiation (from ALI 4 to ALI 6) in WT and Jam3 KD cells. It has been reported that the Centriolin staining pattern is a good marker to categorize MCCs during differentiation. MCCs can be found in stage I with a pair of centrioles, stage II/III with many centrioles aggregated and migrating, and stage IV/V with many centrioles homogeneously distributed at the apical membrane (Usami et al., 2021). We found that Jam3 KD cells had a significant delay in MCC maturation since only 10% of MCCs are in stage IV/V in ALI 5 compared to 70% in control cells (Figures 4N–P). This difference is less dramatic in ALI 4 and ALI 6 (Figure 4P).

In summary, we found that Jam3 downregulation did not seem to affect cilia morphology or function but it mildly affected BB organization and assembly in MCCs.



Jam3 Expression Downregulation in the Airway Epithelium Does Not Dramatically Affect Epithelium Integrity

As presented in the introduction, the role of junctional adhesion molecules, Jam1, Jam2, and Jam3, in epithelial cells is mostly related to epithelial barrier function. Based on this knowledge, we decided to explore the function of Jam3 in the mouse airway epithelium monolayer, even though its expression is restricted to MCCs mostly in endosomes.

To measure epithelial integrity, we first tested how leaky the epithelium was in Jam3-KD vs. Luc-KD conditions. We performed a differential extracellular biotinylation assay (see Materials and Methods for experimental details) in MTECs and found that in both Jam3-KD and Luc-KD, the pool of biotinylated proteins at the plasma membrane revealed by Streptavidin-555 was restricted to the apical membrane (Figures 5A,B). This experiment demonstrates that even in the absence of Jam3 the airway epithelia formed a continuous monolayer that could not be trespassed by a small molecule like biotin.
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FIGURE 5. Downregulation of Jam3 expression does not affect epithelial integrity but delays airway epithelial monolayer TEER during expansion. (A) Confocal images corresponding to orthogonal views in MTECs control (A) and Jam3 KD cells (B). Streptavidin Alexa 555 (in red) was only observed at the apical membrane. Phalloidin (in green) was used to label the cortical actin in both the apical and basolateral surfaces and Dapi (in blue) for nucleus. (C,D) Confocal images to evaluate ZO-1 recruitment to the junction in Luc KD (C) and Jam3 KD (D) cells. (E,F) Cell size (E) and cell–cell contact number (F) evaluation in confocal images of ZO-1 in Luc KD and Jam3 KD cells. (G) Transepithelial resistance (TEER) measure was used to test tight-junction permeability during the differentiation process of MTECs in Jam3-KD compared to Luc-KD cells. Scale bar in panels (A–D) represents 20 μm. p-values in all conditions were obtained using t-test.


To further characterize the epithelial monolayer, we performed a ZO1 staining, to check for cell size, cellular packing, and ZO-1 recruitment to the junctions in the absence of Jam3. We did not find a dramatic change in cell size, cell shape, or ZO-1 staining in Jam3-KD cells when compared to Luc-KD cells (Figures 5C–F). Based on our data, we concluded that the epithelial integrity was not affected in absence of Jam3.

Finally, we tested the TJ permeability to ions in the monolayer by measuring the transepithelial resistance (TEER) prior polarization and along the differentiation process of MTECs in Jam3-KD compared to control Luc-KD cells. We observed that Jam3-KD and Luc-KD displayed similar TEER values during the differentiation process in the air liquid interface, from ALI0 to ALI14 (Figure 5G), although Jam3-KD cells showed a slightly higher TEER when compared to control cells. Additionally, we found that in Jam3-KD cells the airway epithelial monolayer without differentiation, still during expansion, had a delay in reaching the maximum TEER. Measurements of TEER in day 2 and day 4 during expansion were significantly lower in Jam3-KD cells when compared to Luc-KD cells (Figure 5G). However, staining of adhesion molecules like E-cadherin or ZO1 did not show major differences in pre-ALI cultures in control vs. Jam3-KD cells (Supplementary Figure 6).

Altogether, we concluded that Jam3 epithelial integrity in differentiated airway epithelial cells is not dramatically compromised.



Jam3 Expression Is Downregulated Along Differentiation in MTECs but Does Not Affect BSC Differentiation

So far, we have found that Jam3 is required for proper junction formation before cell differentiation, but how is that possible if Jam3 is not expressed in BSC in vivo? We decided to measure Jam3 expression during the differentiation process by quantitative PCR. Control markers for different cell types were used to assess the differentiation process (Figures 6A–C). In ALI0, we detected high expression levels for Krt5 but no detectable levels of Scgb1a1 or Foxj1. As Krt5 started to decrease its expression, Foxj1 and Scgb1a1 expression progressively appeared from ALI4 to ALI14 (Figures 6A–C). Unexpectedly, Jam3 expression was high in ALI0 and dramatically decreased in ALI4 (Figure 6D). Jam1 displayed a similar expression profile when compared to Jam3 (Figure 6E), and the opposite was observed for Jam2, with higher levels at day 14 of differentiation (Figure 6F).
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FIGURE 6. Junctional adhesion molecule 3 (Jam 3) expression varies along the differentiation process but does not affect cell differentiation. (A–C) Quantification of mRNA expression of Krt5 (basal marker, in panel A), FoxJ1 (multiciliated cells marker in panel B), and Scgb1a1 (secretory cells marker in panel C) expression in ALI 0, ALI 4, ALI 7, and ALI14. (D–F) Quantification of mRNA expression of Jam1 (E), Jam2 (F), and Jam3 (D) expression in ALI 0, ALI 4, ALI 7, and ALI14. Mean relative to control cells and standard deviation as error bars were plotted for each lineage marker, n = 4. (G) Jam3 immunofluorescence in BSCs during expansion in vitro, nucleus in blue (gray in panel G’) and Jam3 in red (gray in panel G”). (H–J) mRNA expression levels of Krt5 (J), FoxJ1 (H), and Scgb1a1 (I) in Luc KD (C) and Jam3 KD (D) MTECs. Mean relative to control cells and standard deviation as error bars were plotted for each lineage marker, n = 4. (K,L) Confocal images for Foxj1 (green in panels K,L and gray in panels K’,L’) immunofluorescence in Luc KD (K) or Jam3 KD (L) cells in ALI14. (M) Relative quantification of Foxj1-positive cells along the differentiation process in Luc KD and Jam3 KD cells from ALI 4 to ALI 17. (N–S) Mean mRNA expression levels of Jam3 (O), Jam1 (P), Jam2 (N), Krt5 (D), Foxj1 (E), and Scgb1a1 (F) assessed in differentiated MTECs infected with control viruses (Luc KD), Jam2-shRNAs (Jam2 KD), and double knockdown (Jam2 and Jam3), n = 4. Scale bar in panels (G,K,L) represents 20 μm. p-values in all conditions were obtained using the t-test. *p < 0.05.


We decided to confirm this Jam3 expression pattern by immunofluorescence and found that prior to cell differentiation, Jam3 expression is clearly detectable in BSCs. As shown in Figure 6G–G”, Jam3 was homogeneously expressed in all cells in the monolayer. Moreover, Jam3 localization was mostly at the plasma membrane at the cell–cell contacts. This result was in complete agreement with our qPCR data and TEER measurements, where Jam3 expression was high in ALI0 (Figure 6D).

Since Jam3 expression suffered this severe change in expression during differentiation and it is restricted to MCCs, could Jam3 affect BSC differentiation to MCCs? To test this hypothesis, we differentiated MTECs in Jam3-KD and Luc-KD and checked the expression of different cell-type markers. We found that downregulation of Jam3 did not affect Foxj1, Scgb1a1, or Krt5 expression when compared to Luc-KD conditions (Figures 6H–J). In addition, immunofluorescence analyses revealed that the number of Foxj1-positive cells along the differentiation process had no significant differences in MCC number from ALI7 to ALI17 in control vs. Jam3-KD conditions (Figure 6K,K’,L,L’,M). Finally, since Jam2 expression severely changed along the differentiation process and could compensate our Jam3 depletion, we knocked down Jam2 alone and Jam2 in combination with Jam3 (double Jam2-KD/Jam3-KD) (Figure 6N–P). As already found in Jam3, Jam2 KD or Jam2-KD/Jam3-KD did not affect the expression of Jam1 (Figure 6P). Similar to our Jam3 data during differentiation, single Jam2-KD or double Jam2-KD/Jam3-KD did not affect BSC differentiation as no changes were found in the expression of Krt5, Foxj1, or Scgb1a1 (Figures 6Q–S).

Therefore, neither Jam3 nor Jam2 is related to the initial differentiation of BCs to MCCs even though their expression varies along the differentiation process.



Jam3 Expression Is Enhanced in the Presence of IL6, but Jam3 Localization Remains in Endosomes and Not at the Plasma Membrane

We have found that Jam3 is restricted to MCCs in vivo and in vitro and that Jam3 expression does not modulate the amount of MCCs. However, we wonder if Jam3 expression and localization could be modulated by or in MCCs. We first treated MTECs with DAPT, a well-established method to inhibit Notch signaling (Pardo-Saganta et al., 2015). Notch inhibition treatment provoked a shift during the differentiation process in MTECs, promoting MCC and BSC differentiations and abolishing SCs. Upon DAPT treatment of MTECs for 14 days, we confirmed an increase in BSC and MCC markers, Krt5 and Foxj1, respectively (Figures 7A,B), while expression of the SC maker Scgb1a1 was not detected (Figure 7C). Under those experimental conditions, we observed an increase in Jam3 and Jam1 expression and a decrease in Jam2 expression (Figures 7D–F). These data support that Jam3 expression is linked to MCCs and that Jam2 expression could be more related to SC.
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FIGURE 7. Junctional adhesion molecule 3 (Jam 3) expression is enhanced in MTECs treated with IL6 during differentiation. (A–F) mRNA expression levels of Krt5 for basal cells (A), Foxj1 for MCCs (B), and Scgb1a1 for club cells (C), Jam1 (D), Jam3 (E), and Jam2 (F) in MTECs treated with DMSO or DAPT for 14 days. (G–L) mRNA expression levels of Krt5 for basal cells (G), Foxj1 for MCCs (H), and Scgb1a1 for club cells (H), Jam1 (I), Jam3 (K), and Jam2 (L) in MTECs treated with PBS or IL6 for 14 days. Mean expression values relative to DMSO-treated cells and standard deviation as error bars were plotted for each lineage marker, n = 4. (M–N) Jam3 localization in MTECs treated for 14 days with PBS (M) or IL6 (N). The cell membrane was labeled using actin in green (gray in panels M’,N’) and Jam3 in red (gray in panels M”,N”). (O–Q) Jam3 localization in MTECs treated for 1 h with PBS (O) or two concentrations of histamine (P,Q). Scale bar in panels (M–Q) represents 20 μm. p-values in all conditions were obtained using the t-test.


As mentioned in the introduction, TJ component expression can be also modulated by the inflammatory response. Interleukin-6 (IL6) together with IFNγ is a proinflammatory cytokine related to neutrophil trafficking during the inflammatory response, and Jam3 has been related to neutrophil migration (McLoughlin et al., 2003). In addition, IL6-driven signaling via STAT3 limits the inflammatory recruitment of neutrophils and Jam3 knockout mice showed an abnormal accumulation of neutrophils in the lungs (Imhof et al., 2007; Fielding et al., 2008). Lastly, IL6 can modulate the amount of MCCs in the mouse and human airway epithelium (Tadokoro et al., 2014). Based on this literature, we decided to test whether the expression and localization of Jam3 could be modulated by IL6 by looking at its expression levels upon IL6 treatment. As expected, IL6 increased the amount of MCCs in MTECs in ALI14, which correlates with an increased expression of Foxj1 (Figures 7G–I). Under those experimental conditions, we also found that Jam3 expression was upregulated (Figures 7J–L). However, we did not find a different subcellular pattern of localization for Jam3 in MCCs when compared to control treated cells (Figures 7M–M”,N–N”). We concluded that Jam3 expression, but not its subcellular localization, can be regulated by IL 6 because more MCCs developed in the airway epithelium.

Finally, it has been shown that Jam3 accumulated in endosomes can be mobilized from endosomal compartments toward the plasma membrane in endothelial cells upon short exposure to histamine or VEGF (Orlova et al., 2006; Kostelnik et al., 2019). Therefore, we decided to test whether endosomal Jam3 in MCCs could be mobilized by histamine. We found that the localization pattern in MCCs did not change after a 1-h exposure to either 50 μM histamine or 100 μM histamine or PBS (as a control) (Figures 7O–Q). Hence, unlike in endothelial cells, histamine cannot mobilize the pool of Jam3 accumulated in endosomes toward the plasma membrane.



DISCUSSION

There have been initial studies on regional/spatial TJ protein expression along the respiratory tract. For example, claudin expression varies along the epithelium, and the proximal section expresses Cldn- 1, 3, 4, 5, 7, 10, and 18-1 and the distal section Cldn- 3, 4, 7, 8, 15, and 18-1 (Günzel and Yu, 2013). How all those localization patterns contribute to the physiology of the respiratory tract requires detailed analyses for each of those proteins. Jam3 knockout mice die mostly due to respiratory dysfunction, and yet the localization and cellular function in the airway epithelium remained unknown. Here we established Jam3 as a protein that expressed only MCCs in the mouse airway epithelium with no effect on BSC differentiation, epithelial integrity, or major cilia defects. We described that Jam3 protein acts early during BSC monolayer establishment to allow proper TJ formation but later on Jam3 function is restricted to mature MCCs where Jam3 is mainly located at the apical membrane and apical-sorting endosomes.

Junctional adhesion molecule 3 is known as a basolateral protein in epithelial cells, yet in this study we located Jam3 in an apical-related localization in apical-sorting endosomes. Previously, Jam3 was also located in other subcellular places like in germ/sertoli cell contacts where Jam3 is in the junctional plaques (Gliki et al., 2004; Cartier-Michaud et al., 2017). In these junctional plaques, Jam3 is involved in acrosome and cell polarity of the germ cells (Gliki et al., 2004; Pellegrini et al., 2011; Cartier-Michaud et al., 2017). Our unexpected apical localization in MCCs in the airway was also previously reported in the kidney proximal tubule, where the absence of a specific clathrin adaptor, AP1B, resulted in the apical localization in those epithelial cells (Schreiner et al., 2010). In PT epithelial cells, the role of Jam3 in this apical membrane remains unknown. It is also true that it is not the sole TJ protein “misplaced” at the apical membrane in an epithelial cell. We have previously identified that CAR was also localized to the apical membrane in an AP1B-dependent mechanism. But again, why some cells have CAR at their apical membrane is unknown (Diaz et al., 2009; Carvajal-Gonzalez et al., 2012; Gravotta et al., 2012). In this study, we found that an important pool of Jam3 was located intracellularly in apical sorting endosomes and not much at the basolateral membrane or TJs. One possibility is that Jam3 located in endosomes regulates the transport of certain cargo proteins that need to be delivered to the apical plasma membrane or even the cilia. Another possible function might be that Jam3 regulates the association of different proteins to apical-sorting endosomes like GTPases like RhoD or RhoB that can regulate the cytoskeleton (Fernandez-Borja et al., 2005; Nehru et al., 2013). This last scenario seems unlikely since we do not detect actin or tubulin defects in Jam3 KD cells at steady state. Further work will be required to answer how and why Jam3 reached this apical sorting endosome, but also how Jam3 affects BBs assembly/distribution operating from endosomes.

Our data using Jam3-KD cells did not show a massive cilium-related phenotype. We did not find a major cilia morphology, number, or beating defects. However, we found a more subtle defect in basal body distribution pattern in the absence of Jam3, which also correlates with a delay in BB assembly/positioning in MCCs. A proper basal body distribution at the apical membrane of this MCCs is responsible for making cilia to beat in the same direction (Carvajal-Gonzalez et al., 2016a; Adler and Wallingford, 2017; Roman et al., 2019). In addition, we did not find a planar polarized distribution of Jam3 or co-localization with a PCP core component like Vangl1. In summary, at this point we believe that Jam3 in mature MCCs might be required for proper basal bodies distribution in individual cells without an effect in the planar coordination along the epithelium.



MATERIALS AND METHODS


Mouse Tracheal Epithelial Cell (MTECs) Primary Cell Preparation

Mouse tracheal epithelial cell cultures were obtained from adults wild-type C57BL/6J mice. All animal studies have been performed in accordance with the National and European legislation (Spanish Royal Decree RD53/2013 and EU Directive 86/609/CEE as modified by 2003/65/CE, respectively) and in accordance with the Institute of Laboratory Animal Resources (ILAR) for the protection of animals used for research. Experimental protocols were approved by the Bioethics Committee for Animal Experimentation of the University of Extremadura (Registry July 7, 2017). Tracheas were dissected from the larynx to the bronchial main and collected in cold 1× Ham-F12 (Gibco, Grand Island, NY, United States) with penicillin and streptomycin 1% (P/S, Gibco). Then, connective, fatty, and vascular tissues were removed in cold Ham-F12 P/S. After that, clean tracheas were cut longitudinally and incubated in Ham-F12 P/S containing 1.5 mg/ml pronase (Roche Molecular Biochemicals, Penzberg, Germany) for 16 h at 4°C. Fetal serum bovine (FBS) (Gibco) was added to a final concentration of 10%. Supernatant was transferred to a new tube, and Ham-F12 with 10% FBS was added to the tracheas. Contents of the tubes were mixed and centrifuged at 500 × g for 5 min. Pellets containing cells were resuspended in 5 ml of Ham-F12 P/S with 0.5 mg/ml pancreatic DNAse I (Sigma, St. Louis, MO, United States), incubated for 10 min, and centrifuged at 500 × g for 5 min. Finally, cells were resuspended in PneumaCult-Ex Plus complete medium (StemCell, Vancouver, BC, Canada) and preselected in Primaria tissue culture plates (Corning, Tewksbury, MA, United States) for 4 h in 5% CO2 at 37°C to remove fibroblasts. Cells were seeded in 60-mm plates previously treated with 50 μg/ml type I rat tail collagen (Gibco) in 0.02 N acetic acid.



Cell Culture, Differentiation, and Treatments

Mouse tracheal epithelial cell cultures were expanded in PneumaCult-Ex Plus medium at 37°C in 5% CO2 until 70–80% confluence. Then, cells were incubated with 0.02% EDTA in PBS for 20 min and Accutase (Gibco) for 10 min at room temperature and counted. For differentiation, 9 × 104 cells/cm2 were seeded in polyester porous membranes (Transwell 0.4-μm pores, Corning). The upper and lower chambers were filled with PneumaCult-Ex Plus medium, which was changed every 2 days. Once confluence was reached (4–6 days), the medium was removed from the upper chamber and changed in the lower chamber to ALI medium (Air-Liquid Interface Medium, StemCell). The ALI medium was replaced every 2 days until the end of the differentiation for 14 days (ALI 14).

For treatment, DAPT (Tocris, Bristol, United Kingdom) 50 μM in DMSO was added to the medium during differentiation of MTEC cultures starting in ALI 0. Dimethyl sulfoxide (DMSO) was used as control.

For histamine (#10745842, Acros Organics, Fair Lawn, NJ, United States) treatment, histamine was dissolved in PBS and added to the media at two different final concentrations (50 and 100 μM) to MTECs in ALI14 for 1 h at 37°C. PBS was used as control.

For recombinant IL6 mouse (#PMC0064, Gibco) treatment, MTECs were seeded in 6.5-mm Transwells and IL6 treatment with 10 ng/ml went from ALI1 to ALI14 (media was replaced every 2 days). PBS was used as control.

Madin-Darby Canine Kidney cells were expanded in Dulbecco’s modified Eagle’s medium (DMEM) (Gibco) at 37°C in 5% CO2 until 70%–80% confluence. Then, MDCK were incubated in PBS for 15 min and Trypsin-EDTA (0.25%) phenol red (Gibco) for 2 min at room temperature and counted. Twenty-five thousand cells were seeded in a 12-well plate with DMEM. The next day, cells were transfected with Jam3-PIG (puromycin-IRES-GFP) construction using Lipofectamine 2000 Transfection Reagent (Invitrogen) with Opti-MEM (Gibco) according to the manufacturer’s instructions. After 4 h, the medium was removed and changed to DMEM. After 2 days, cells were selected with puromycin 3 μg/ml throughout the experiment. When cells reached 70–80% confluence, they were seeded in 60 mm and finally were plated for experiments.



Lentivirus Production and Infection

Short hairpin RNAs (shRNAs) against Jam3 and Jam2 were cloned in the pLKO.1 vector (see Supplementary Table 1 for sequences), which drives the expression of shRNAs from the U6 human promoter and contains a puromycin-IRES-mCherry selection cassette. Purified DNAs were transfected with the packaging vectors psPAX2 and PMD2.G into HEK-293T cells by using polyethylenimine (PEI) (Sigma). Viruses were collected 48 and 72 h post-transfection and concentrated with Amicon Ultra-15 (Merck) by centrifugation at 3500 × g for 30 min at 4°C up to an approximate concentration of 2 × 105 infectious virus particles/ml. We added a volume of 50 μl of concentrated virus in 2 ml of medium in the presence of 8 μg/ml polybrene (Sigma). Infected MTECs were selected with puromycin 3 μM during 48 h. Finally, cells were expanded and plated for experiments.

For Jam3 overexpression, RNA was obtained from MTECs ALI 14 and retrotranscribed using SuperScriptTM III One-Step RT-PCR System with PlatinumTM Taq (Invitrogen, Carlsbad, CA, United States). Jam3 was amplified by PCR using the following oligonucleotides: 5′CCACAACCATGGCGCTGAGCCGG-3′, 5′CCATGGTTGTGGTCCAGATAACAAAGGACG-3′. Mouse Jam3 was cloned into a pLKO.1-containing puromycin-IRES-GFP vector using the BstXI (New England Biolabs, Ipswich, MA, United States) enzyme. Jam3 was cloned in frame with the GFP of this expression cassette. Chemically competent bacteria (One Shot Stbl3 competent Escherichia coli) (Invitrogen) were transformed and plasmid DNA was mini-prepped from two colonies, and the presence of insert was assessed by digestion with BstXI and by DNA sequencing.



RNA Extraction, cDNA Synthesis, and qPCR

RNA was isolated from MTECs using Illustra RNAspin Mini Kit (GE Healthcare, Chicago, IL, United States). After elution, 200–400 ng RNA was reverse transcribed with cDNA reverse transcription Kit (Applied Biosystems, Foster City, CA, United States) according to the manufacturer’s instructions. Gene expression was analyzed by qPCR using PowerUp SYBR Green PCR Master Mix (Applied Biosystems) in QuantStudio 3 (Thermo Fisher) with specific primers (Supplementary Table 1). PCR reaction was set at 50°C for 2 min, 95°C for 10 min, and 50 cycles of 95°C for 15 s and 60°C for 1 min. Melt curve analysis was used to confirm the specificity of the reaction.



Western Blot (WB) Analysis

HEK-293T cells transfected with a mCherry Control (sh Luciferase) and Jam3-GFP were lysed in ice-cold lysis buffer containing 50 mM Tris–HCl (pH 7.5), 1 mM EGTA, 1 mM EDTA, 1 mM sodium orthovanadate, 5 mM sodium pyrophosphate, 10 mM sodium fluoride, 0.27 M sucrose, 0.1 mM phenylmethylsulfonyl fluoride, 0.1% (v/v) 2-mercaptoethanol, 1% (v/v) Triton X-100, and complete protease inhibitor cocktail (Roche). The protein concentration was determined by Bio-Rad protein assay, and 20 μg protein was analyzed by SDS-PAGE electrophoresis and blotted onto nitrocellulose membranes (Bio-Rad Laboratories). The membranes were blocked with 5% dry milk Tris-buffered saline containing 0.05% Tween-20 during 1 h and were incubated with primary antibodies diluted in blocking solution overnight at 4°C. Antibodies used were anti-GFP (Roche, Basel, Switzerland, #11814460001, 1:500), anti-Jam3 (R&D Systems, Minneapolis, MN, United States, #AF1213, 1:500), and anti-vinculin (Sigma #V4505, 1:2000). The membranes were washed five times with TBS-Tween and incubated with horseradish peroxidase (HRP)-conjugated secondary antibodies (anti-goat-HRP, Cell Signaling (1:1000); anti-mouse-HRP, Cell Signaling #7076 (1:1000)) diluted in blocking solution for 1 h at room temperature. Finally, membranes were washed with TBS-Tween and proteins were detected using a chemiluminescence detection system (SuperSignal West Dura, Thermo Scientific) and iBright CL1000.



Immunofluorescence

Whole-mount tracheas, MTECs in air liquid interface, or MTECs before reaching confluency were fixed in 4% PFA (PolyScience, Warrington, PA, United States) for 10 min at room temperature, permeabilized in PBS-Triton 0.1% for 15 min, and blocked in PBS-Triton with 2% bovine serum albumin (BSA) (Roche) for 1 h. Samples were incubated with primary antibodies anti-Jam3 (R&D Systems, #AF1213, 1:150), anti-Jam3 (Thermo Fisher, AB_2533486, 1:100), E-cadherin (BD Biosciences, #610182, 1:100), anti-ZO1 (1:100), Vangl1 (Sigma, HPA025235, 1:100), anti-FoxJ1 (Invitrogen, #14-9965-82, 1:200), AcTub (1;100), anti-Rab11a (Cell Signaling, Danvers, MA, United States, #2413S, 1:50) or anti-EEA1 (Cell Signaling, #3288S, 1:100), anti-Dnai1 (Thermo Fisher, PA554526, 1:100), anti-Daap1 (Sigma-Millipore, Burlington, MA, United States, HPA049468, 1:100), anti-centriolin (Santa Cruz, Santa Cruz, CA, United States, SE-365521, 1:100), and anti-alpha tubulin (Thermo Fisher, 32-2500, 1:100), diluted in PBS-Triton-2% BSA in a wet chamber overnight at 4°C. After that, samples were washed five times in PBS-Triton and incubated with fluorescent secondary antibodies [Alexa-Fluor-594 anti-Goat (Invitrogen, #A11058, 1:500), Alexa-Fluor 594 anti-Rat (Invitrogen, #A21209, 1:500), Alexa-Fluor 594 Phalloidin (Invitrogen, #A12381, 1:500), Alexa-Fluor 488 anti-Rabbit (Invitrogen, #A21206, 1:500), Alexa-Fluor 488 anti-Goat (Invitrogen, #A32814, 1:500), or Alexa-Fluor 488 anti-Mouse (Invitrogen, #A11001, 1:500)] diluted in PBS-Triton-2% BSA for 1 h at room temperature. DAPI 0.5 μg/ml (Thermo Scientific, #62248, 1:2,000) was used to label nuclei. Finally, samples were washed five times in PBS-Triton again and mounted in Vectashield (Vector Labs, Burlingame, CA, United States). Images were obtained using an Olympus FV 1000 confocal microscope and were processed using ImageJ (Fiji) and Adobe Photoshop CC 2019.

For cell size and packing analyses, images from MTECs ALI14 stained with ZO-1 were obtained by measuring the cell area in pixels and counting the number of sides of the cells to know the number of cell–cell junctions respectively using ImageJ (Fiji) and GraphPad Prism 8.

For co-localization analyses, ImageJ was used to obtain an overlap image and the JACoP plugin to calculate Mander’s coefficients, M1 (for red channel) and M2 (for green channel), as in Dunn et al. (2011). Briefly, Mander’s coefficients quantify the amount of overlap between two different markers in comparison to the total signal of each of them (M1 and M2), this value being not dependent on the intensity of the signal. Then, biological co-occupancy between the markers was easily quantified (e.g., M1 value of 0.3 represents 30% of the marker in the red channel which is also occupied by the marker in the green channel). As a control of random co-localization, we performed a displacement of five pixels in the X-axis of the green channel, in order to show the decrease of the overlap.

For the MCC maturation stage, we directly counted cells with aggregates and cells with dispersed distribution of Centriolin at the apical membrane.



Immunohistochemistry (Ihc)

Mouse lungs were fixed with PFA 4% in phosphate-buffered solution (PBS) (0.1 M, pH 7.4) overnight at 4°C. Samples were rinsed in PBS and then cryoprotected with PBS-sucrose (10%) overnight at 4°C, soaked in embedding medium, frozen onto sectioning blocks, and stored at −80°C. Cryostat sections of 20-μm sections were cut in a longitudinal plan. Sections were thaw-mounted on Superfrost® Plus slides (Menzel-Gläser, Germany) and stored at −20°C. Samples were washed in PBS-Triton X-100 (Sigma, #T8787) (PBS-T) for 15 min. Then, 3% hydrogen peroxide diluted in PBS was added for 45 min. Samples were washed two times in PBS-gelatin (2 g/l) (PanReac, 142060)-Triton X-100 0.25% (PBS-G-T) for 10 min and incubated in PBS-G-T-lysine 1 M (Merck, #62-8365-54) (PBS-G-T-L) for 1 h at RT. Sections were incubated with Jam3 primary antibody (1:150) diluted in PBS-G-T-L in a wet chamber overnight at RT. After that, samples were washed twice in PBS-T for 10 min and once in PBS-G-T for 10 min and then incubated with anti-goat biotinylated IgG secondary antibody (Sigma, #B7014, 1: 200) diluted in PBS-G-T-L in a wet chamber for 2 h at RT. Samples were rinsed twice in PBS-T for 10 min and once in PBS-G-T for 10 min and incubated with streptavidin-HRP (Cell Signaling, #3999S, 1: 100) diluted in PBS-G-T for 2 h at room temperature. Sections were washed twice in PBS-T for 10 min and revealed by using 0.03% 3,3-diaminobenzidine tetrahydrochloride (DAB, Sigma, #868272-85-9) diluted in PBS with 0.025% hydrogen peroxide, creating a brown precipitate where Jam3 was expressed. After reaching appropriate color intensity, the reaction was stopped immersing the slides in PBS-T. Finally, samples were stained with eosin for 10 s and dehydrated in increasing ethanol solutions, washed in Xylol, and mounted in Eukitt. Images were obtained using a Nikon Eclipse 80i microscope and processed using Adobe Photoshop CC 2019.



SEM

Mouse tracheal epithelial cell cultures differentiated until ALI 14 were fixed in 2.5% glutaraldehyde for 90 min at 4°C, washed in cacodylate 0.2 M, and stained with 1% osmium tetroxide (Sigma) in cacodylate 0.2 M for 2 h at 4°C. Samples were dried by liquid carbon dioxide critical point, gold sputter coated, and visualized in a Quanta 3D FEG (ESEM-FIB; FEI Company, Hillsboro, OR, United States).



Cilia Beating Assay

Cilia beating frequency was measured in MTECs ALI14. The upper chamber of Transwells was washed with Ca/Mg-PBS and incubated with 5 μl of Dynabeads Streptavidin C1 (Invitrogen) in 300 μl of Ca/Mg-PBS for 10 min at 37°C. After that, the volume of the upper chamber was removed and Transwells were incubated for 2 h at 37°C. Before the recording of the films, 100 μl of Ca/Mg-PBS at 37°C was added in the upper chamber of Transwells. Cilia beating films were obtained using a Motic AE20 microscope, and a standard iPhone 8 was used to record 120-fps movies of around 20 s. A MATLAB app designed ad hoc was used to remove the movie background and recognize beating beads as ROIs in the movie. Their trajectories were extracted for all the frames and analyzed in both x- and y-axis. Finally, a fast Fourier transform function was applied to calculate the beating frequency in both axes. The GUI is available on our web page1.



Basal Body Distribution Pattern Analyses

Basal body staining was used to detect basal bodies in MCCs of MTECs ALI14. Confocal microscopy images were used to distinguish ROIs (Basal Bodies) in a MATLAB custom-made application; interactive drawing allowed MCC selection, and then the average eccentricity and major/minor ratio were extracted for individual cells. Eccentricity was calculated as the distance between the focal points of the minimal ellipse containing the ROI divided by the size of the major axis of this ellipse. In the case of the major/minor axis ratio (Mm ratio), the size of the major axis of the previous ellipse was divided by the size of the minor axis of the same ellipse. Both measures quantify the elongation of the ROI, obtaining longer values in the case of aligned basal bodies.



Biotinylation Assay

To evaluate the monolayer integrity of MTECs ALI14, Transwells were put on ice and their upper chamber was washed twice in cold Ca/Mg-PBS and incubated with 0.5 mg/ml sulfo-NHS-LC-Biotin (Thermo Scientific) twice for 20 min at 4°C. Then, MTECs were fixed in 4% PFA for 30 min, washed three times in PBS, and stained with Alexa-Fluor 555 streptavidin (Invitrogen, #S21381, 1:500), DAPI at 0.5 μg/ml, and Alexa-Fluor 488 phalloidin (Invitrogen, #A12379, 1:500). Samples were washed three times in PBS and mounted in Vectashield. Finally, images were obtained using an Olympus FV 1000 confocal microscope and were processed using ImageJ and Adobe Photoshop CC 2019.



TEER Measurements

Tight-junction permeability along the differentiation process of MTECs was tested by measuring TEER every 2 days until ALI14. First of all, the upper chamber of Transwells was washed once in PBS. Then, DMEM at 37°C was added in the upper and lower chambers of Transwells and TEER was measured with Evom3, positioning the electrode in the upper chamber. TEER was measured in kilohms (kΩ). For each time point, a fold change relative to control cells was calculated. Finally, graphs were obtained using Microsoft Excel and GraphPad Prism 8.



Single-Cell Data Analyses

Single-cell RNA-seq from mouse airways was retrieved from GSE102580, specifically gene expression data for cells determined as multiciliated (Plasschaert et al., 2018). Genes for deuterosomal cells and mature ciliated cells were obtained from bibliography (Bukowy-Bieryłło, 2021), and their single-cell expression (as well as FoxJ1) was obtained in both Jam3-positive (with at least one Jam3 read) and Jam3-negative cells. All these calculations were made in MATLAB.



Statistical Analyses

Data were analyzed using two-tailed t-tests to compare control conditions with different experimental groups (GraphPad Prism). qPCR experiments were performed with at least four biological replicates, and each qPCR reaction was made with two to three technical replicates. Relative expression was calculated using EIF1a as a housekeeping gene.
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In vivo
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RBP) ko (Notch signaling
downregulation)
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Mineralocorticoid receptor
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Cilia length

Deciliation
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Cell type

IMCD, MEK, BME
IMCD, MEK, BME

IMCD, MEK, BME

MDCK

LLC-PK1

MDCK
mCCD

Collecting duct; cyst-lining renal
epithelia

Cyst lining renal epithelia
Bowman'’s capsule parietal
epithelium, proximal tubule,
collecting duct

Cystic renal epithelia of
developing kidney

Fetal ovine renal epithelia

Distal nephron

Mechanism or cellular effect

Increased anterograde IFT speed
Activated PKA; increased anterograde
IFT speed

| cAMP; decreased cAMP and cilia
length response abolished by Pkd7 and
Pkd2 kd or mutation

Increased cilia length increases
intracellular Ca2+ response to fluid
shear stress

Increased HIF1-alpha

Reduced degradation of IFT88

Deciliation

Increased Akap12, a scaffolding protein
that interacts with PKA, cyclins, and
protein kinase C

Increased cilia length increased
intracellular Ca2+ response to fluid
shear stress

Inability to respond to aldosterone
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Cell type

Renal epithelia
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Neuron

Neural tube
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Osteoblast

Chondrocyte

Endothelia

Collecting ducts, 6 wks

Tubules distal to the proximal tubule, P7

5-12 months

Hypothalamic arcuate nucleus, 21-30 weeks

Hypothalamus

E12.5,E15.5
E18.5 P1

P7

P14

P28, P60

Hippocampal dentate gyrus, P14

Hippocampus, P15

Cerebellum, 3-5 months

E9.5

In vivo
In vitro
In vivo

In vitro

In vivo

In vitro

In vitro

1 month

MLO-Y4 cells
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Primary osteoblasts, PO
MC3T3-E1

E16.5
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Ift22/Rabl5 ko
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1ft56MP/MP (null) or ko
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It52 (deficiency)

Ift88 ko

Ift70AIft70B dko
Peripheral

Ift38/Cluap1 ko
Ift57 deficiency
Ift80 ko

1ft809/9t hypomorph

Ift20 strong kd/ko; mild kd

Ift1 72wim wim o

Ift54/Trap3ip1GT/GT

Cilia structure

No cilia length defects

No cilia length defects

Increased cilia length

Reduced ciliated cells and reduced
number of cilia longer than 3 mm

No cilia length defects

No cilia length defects but reduced
numbers of microtubule doublets and
disrupted circular arrangement of
microtubules

Loss of nodal cilia

Shortened cilia but wider range of cilia
lengths

No cilia

No cilia

No cilia
No cilia length defects

No cilia

No cilia length defects

No cilia/less ciliated cells; no
abnormalities

No cilia or severely shortened

No cilia

Cell type

MEF

MEF, primary dermal
fibroblasts

Patient chondrocytes
Patient fibroblasts

RPE

Neural tube, RPE

Mouse node
Patient fibroblasts

Mesenchymal cells,
renal epithelial cells,
bone cells

RPE

MEF, node
Patient fibroblasts

C3H10T1/2
mesenchymal cells
MEF, renal epithelial
cells

RPE, NIH/3T3

Mouse node,
embryonic
neuroepithelium
MEF, neural tube

Cilia localization of proteins

Less GLI2 at ciliary tip, increased ciliary
PTCH1 and SMO

Increased ciliary SMO; diminished GLI2
at ciliary distal tip; decreased BBS and
Arle

None reported

No abnormalities in IFT or Hh protein
ciliary localization but increased mRNA
expression of Gli2

Reduced GLI2 and GLI3 at ciliary tip;
no KIF17 at ciliary tip

Reduced IFT88

Altered ciliary distribution pattern of
Ift57

None reported but decreased Gli1 and
Ptch1 mRNA expression in response to
Hh agonist

In mild /20 kd, reduced ciliary
polycystin 2
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1ft43 deficiency

Thm1/Ttc21b30/an (null) or kd

IFT139/Ttc21b ko

Thm2/Ttc21a-null
Adaptor

Tulp3 kd; cko and K407I (deficiency)

Tulp3 ko

Cilia structure

Extremely short cilia

Slightly shortened
cilia with bulbous
distal tip

No obvious length
defects

Short with bulbous
distal tip

No cilia

Short with bulbous
distal tip

Shortened cilia with
bulbous distal tip

Shortened cilia with
bulbous distal tip

Shortened cilia

Shortened with
bulbous distal tip

Normal cilia length
with bulbous distal
tip

Normal

No length defects

Shortened

Cell type

Neural tube, MEF

RPE

Neural tube, MEF

Mouse node, MEF

RPE

Limb buds

Patient fibroblasts; RPE

RPE

Patient fibroblasts

Limb bud, MEF,
3T3-LT1, renal epithelial

RPE

MEF

RPE; renal epithelia

RPE

Cilia localization of proteins

No Arl13B, ACIII, or SMO entry; IFT-B
accumulation

Loss of IFT-A around basal body, no
entry of SMO or ARL13B; IFT-B, BBS4
accumulation

Decreased ACIII; slightly increased GLI2
at ciliary distal tip

Increased IFT-B, Gli2, Gli3 at distal tip;
no TULP3

Loss of IFT-A and GPR161 around
basal body, normal IFT-B around basal
body; no SMO entry

Increased BBS4 and BBS5, Gli2, IFT-B,
IFT-A, Kif3A; no ARL13B, INNP5E,
SSTR3, MCHRH1, serotonin receptor;
reduced SMO

Increased IFT88, BBS4; no ARL13B

IFT-B, IFT-A, BBS, SMO accumulation
at distal tip; decreased Arl13B,
INNPSE, IFT-A

IFT-B, IFT-A, SMO, GPR161
accumulation at distal tip

Normal

Decreased SSTR3 and MCHR1;
severely reduced ARL13B, reduced
polycystin 2

No ARL13B or INNP5E

SSTR3, somatostatin receptor 3; Mchr1, melanin-concentrating receptor 1; ACII, adenylate cyclase type .
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Species Change of Cilia-related Phenotypes Note References
Glutamylation
Human Hyperglutamylation ~ N/A N/A N/A
Hypoglutamylation ~ Joubert syndrome (JBTS15) CEP41 mutation reduces ciliary entry of TTLL6 Lee etal., 2012
Joubert syndrome (JBTS30) ARMC9 and TOGARAM1 coordinate axoneme Latour et al., 2020
polyglycylation and polyglutamylation
Retinal degeneration TTLL5 homozygous mutation Sergouniotis et al., 2014
Mouse Hyperglutamylation ~ No primary cilia-associated phenotypes Ccp2 KO mice Tort et al., 2014
No primary cilia-associated phenotypes Ccp3 KO mice Tort et al., 2014
No primary cilia-associated phenotypes Ccp5 KO mice Xia et al., 2016; Wu et al., 2017
Infertile, no mature sperm Ccpb KO mice Wu et al., 2017; Giordano et al., 2019
Shortening of connecting cilia; retinal degeneration TtlI3 KO mice lack glycylation in photoreceptors, Bosch Grau et al., 2017
which results in and hyperglutamylation
Shortening of connecting cilia; retinal degeneration, abnormal sperm  Ccp7mutant mice ullen et al., 1976; Bosch Grau et al., 2017
Hypoglutamylation  Primary ciliary dyskinesia (PCD)-like phenotypes and infertility in males  Ttll7 deficiency kegami et al., 2010; Vogel et al., 2010
Reduce ependymal cilia beating frequency Ttll6 deficiency Grau et al., 2013
Aberrant sperm flagellar beating; shortened axoneme TtlI9 deficiency onno et al., 2016
Infertile, defective sperm structure and motility Ttlli5 KO mice Lee et al., 2013
Loss of tubulin glutamylation, infertile, abnormal sperm flagella ROSA22 mice that lack PGs1, a non-catalytic Campbell et al., 2002; Ikegami et al., 2007;
subunit that associates with TTLL1 Lee et al., 2013
Zebrafish Hyperglutamylation  Axis curvature, hydrocephalus, pronephric cysts, and disrupts cilia Ccp1 or Ccp5 depletion Lyons et al., 2013; Pathak et al., 2014
motility
Shortening and loss of axonemes TtlI3 depletion Wiloga et al., 2009
Hypoglutamylation ild structure and motility defects Ttll6 depletion Pathak et al., 2011
C. elegans Hyperglutamylation — Defective doublet structure; dysregulated ciliary kinesin motility; ccpp-1 deficiency O’'Hagan et al., 2011, 2017
defective extracellular vesicles release
Hypoglutamylation ~ Dysregulated kinesin motility; stabilized sealing between A- and LL-11 deficiency O’'Hagan et al., 2017
B-tubules; defective extracellular vesicles release.
Reduced IFT along the axoneme upon starvation LL-4 deficiency Kimura et al., 2018
Tetrahymena Hyperglutamylation ~ Shorter axoneme with normal structure; Paclitaxel resistance Disruption of glycylase TTLL3 reduces glycylation Wiloga et al., 2009
thermophila but increases glutamylation
Paralyzed cilia and disrupted dynein-regulated motility LL6 overexpression Janke et al., 2005; Suryavanshi et al., 2010
Destabilized axonemal microtubules LL6 overexpression Wiloga et al., 2010
Hypoglutamylation  Shorter cilia lack the central pair BDDDE449 mutation of B-tubulin prevents Thazhath et al., 2002
glutamylation and glycylation.
Slow maturation of basal bodies; Defective cilia functions LL1 and TTLL9 deficiencies Wiloga et al., 2008
Defective cilia motility caused by compromised sliding doublet LL6 deficiency Suryavanshi et al., 2010
microtubules by inner dynein arms
Basal bodies destabilize against ciliary beating force LL1; TTLLO double knockout cells Bayless et al., 2016
Chlamydomonas  Hyperglutamylation ~ N/A N/A N/A
Hypoglutamylation  Reduced flagellar motility but normal axonemal structure bg1 (TTLLY) deficiency Kubo et al., 2012, 2010
Stable flagellar bg1 (TTLLY) deficiency Linetal, 2015
Stabilizes axonemal microtubules, decelerating axonemal bg1 (TTLLY) deficiency Kubo et al., 2015

disassembly.
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Enzyme and PTM Substrate Preference Subcellular/Ciliary Distribution References
Homologs
CCP1/Nan1 Deglutamylation A2 Detyrosinated a-tubulin PolyE side Cilia Cell body (excluded from the Kalinina et al., 2007; Rogowski et al.,
CCPP-1 modification A3 chain Branching point E Non-Tubulin nucleus) Dendrites §AIso found in the 2010; O’'Hagan et al., 2011; Berezniuk
(Caenorhabditis modification Protein(s): MLCK-1, Telokin, KIf4, 40S nucleus of Hela cells et al., 2012; De La Vega Otazo et al.,
elegans) RPS9, TRAD1, HMGB1/2/3 2013; Tort et al., 2014; Tanco et al.,
2015; Bompard et al., 2018; Ye et al.,
2018
CCP2 Deglutamylation A2 Detyrosinated a-tubulin Poly E side Centrioles Basal bodies Cell body Kalinina et al., 2007; De La Vega Otazo
modification §No chain (excluded from the nucleus) et al., 2013; Tort et al., 2014
detyrosination or
deglycylation
CCP3 Deglutamylation A2 Detyrosinated a-tubulin Poly E side Cell body (excluded from the nucleus) Kalinina et al., 2007; Tort et al., 2014
modification chain
Deaspartylation §No
detyrosination or
deglycylation
CCP4 Deglutamylation A2 Detyrosinated a-tubulin PolyE side Cell body (excluded from the nucleus) Kalinina et al., 2007; Rogowski et al.,
modification chain Non-Tubulin Protein(s): MLCK-1, 2010
Telokin
CCP5/Agbl5 Deglutamylation Branching point E Poly E side chain Cilia Cell body Nucleus Mitotic spindle  Kalinina et al., 2007; Kimura et al.,
*CCPP-6 (short) microtubules Midbodies §Cell 2010; Rogowski et al., 2010;
(Caenorhabditis cycle—dependent distribution: in the Ghosh-Roy et al., 2012; Berezniuk
elegans) nucleus during interphase; in mitotic et al., 2013; De La Vega Otazo et al.,
spindle microtubules, midbodies during  2013; Wu et al., 2017; He et al., 2018
mitosis
CCP6 Deglutamylation A2 Detyrosinated a-tubulin Poly E side Cell body (excluded from the nucleus) Kalinina et al., 2007; Rogowski et al.,

modification

chain (long) Non-Tubulin Protein(s):
MLCK-1, Telokin, KIf4, Mad2

Basal bodies Golgi apparatus
Centrioles §Cell cycle-dependent
distribution: in the Golgi apparatus,
centrioles during interphase; in
centrioles during mitosis

2010; De La Vega Otazo et al., 2013;
Ye et al.,, 2014, 2018

*There is no CCP5 in C. elegans, which do not possess motile cilia. CCPP-6 is functionally similar to CCP5 and is therefore taken to be the ortholog of CCP5.
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Substrate Preference

a-Tubulin Non-Tubulin
Protein(s): Kif4

Unknown

B-Tubulin Non-Tubulin

Protein(s): PELP1, Mad2,
NAPs (NAP1 an NAP2)

a-Tubulin Non-Tubulin
Protein(s): RGPR

B-Tubulin a-Tubulin (under

the overexpression
condition in HelLa cell)
Non-Tubulin Protein(s):
Mad2

Tubulin

®

a-Tubulin

a-Tubulin

a-Tubulin

Reaction
Specificity

Initiation

Unknown

Initiation

Initiation

Elongation
§LMTTLLEB:
specific to
initiation

Initiation and
Elongation

Elongation

Elongation

Elongation

Autonomy

One subunit of a
complex

One subunit of a
complex

Autonomous

Autonomous

Autonomous

Autonomous

One subunit of a
complex

Autonomous

Autonomous

Subcellular/Ciliary Distribution

Basal Bodies Contractile Vacuole Pores Oral
Deep Fibers Cell Body (excluded from the
nucleus)

Unknown

Basal Bodies Cilia Cell Body Nucleus
Mitochondria Mitotic Spindles Mid-Bodies

Basal Bodies Cilia

Basal bodies Cilia B-tubules of the outer doublets
Cell Body (excluded from the nucleus) §Also
found in the nucleus of low ploidy
megakaryocytes §Also found in tau missorting
dendrites §LMTTLL6B: Also found as an
additional intense dot at the posterior end of L.
major

Basal Bodies Cilia

Basal Bodies Cilia Cell Body (excluded from the
nucleus)

Basal Bodies Cell Body Axon Dendrites Cilia
§Exists as puncta in the sensory neurons

Unknown
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Ciliopathy OMIM Mendelian Ciliopathy class Retinal disease Other associated References
inheritance phenotypes
Cone-rod dystrophy 120970 AD, AR, XLR Retinal Progressive cone > rod None Roosing et al.,
(CORD) degeneration 2014a
Leber congenital 204000 AD, AR Retinal Congenital blindness None Chung and
amaurosis (LCA) (cone > rod Traboulsi, 2009
degeneration)
Occult macular 613587 AD Retinal Macular dystrophy None Akahori et al.,
dystrophy (OCMD) 2010
Retinitis pigmentosa 268000 AD, AR, XLR Retinal Progressive rod > cone None Verbakel et al.,
(RP) degeneration 2018
X-linked atrophic 300834 XLR Retinal Macular dystrophy None Ayyagari et al.,
macular degeneration 2002
Alstrém syndrome (AS) 203800 AR Obesity CORD Deafness, dilated Marshall et al.,
cardiomyopathy, obesity, 2015
diabetes mellitus type 2
Bardet-Bield syndrome 209900 AR Obesity CORD Obesity, polycystic kidney Beales et al.,
(BBS) disease, polydactyly, 1999
intellectual disability,
hypogonadism, behavioral
dysfunction
Ciliary dyskinesia 244400 AD, AR, XLR Respiratory RP Sinusitis, bronchitis, Moore et al.,
(CILD) bronchiectasis, situs inversus 2006
Cone-rod dystrophy 617236 AR Sensorineural CORD Deafness Namburi et al.,
and hearing loss 2016
(CRDHL)
Cranioectodermal 218330 AR Skeletal RP Sagittal craniosynostosis and Konstantinidou
dysplasia (CED) skeletal, ectodermal and facial et al., 2009
defects, nephronophthisis
Joubert syndrome 213300 AR, AD, XLR Neurodevelopmental LCA, RP Congenital defects of the Bachmann-
(JBTS) central nervous system, ataxia, Gagescu et al.,
intellectual disability, hypotonia, 2020
polycystic kidney disease
Meckel-Gruber 249000 AR Neurodevelopmental Microphtalmia, Malformations of the central Braun and
syndrome (MKS) coloboma nervous system, polydactyly, Hildebrandt,
polycystic kidney disease, 2017
hepatic abnormalities,
congenital heart defects
Mental retardation, 610156 AR Obesity Non-progressive retinal Intellectual disability, obesity, Hampshire et al.,
truncal obesity, retinal dystrophy micropenis 2006
dystrophy, and
micropenis (VORM)
Microcephaly and 251270 AR Neurodevelopmental Chorioretinopathy, Delayed psychomotor Martin et al.,
chorioretinopathy CORD development, microcephaly 2014
(MCCRP)
Microcornea-rod-cone 193220 AD Retinal RP Bilateral microcornea, Caietal., 2019
dystrophy-cataract- cataracts, posterior
posterior staphyloma staphyloma, and angle closure
syndrome (MRCS) glaucoma
Orofacialdigital 311200 AD, AR, XLR, XLD Skeletal Retinopathy Malformations of the face, oral Bruel et al., 2017
syndrome (OFDS) cavity, and digits, structural
defects of the central nervous
system and intellectual
disability
Senior-Leken 266900 AR Renal LCA Nephronophthisis Bachmann-
syndrome (SLS) Gagescu and
Neuhauss, 2019
Short rib thoracic 208500 AR Skeletal LCA, RP Constricted thoracic cage, Bachmann-
dysplasia (SRTD) short ribs, shortened tubular Gagescu and
bones, cleft lip/palate, Neuhauss, 2019
abnormalities of major organs
Usher syndrome (USH) 276900 AR Sensorineural RP Deafness Reiners et al.,
2006

aFrom RetNet and OMIM databases.

PAD, autosomal dominant; AR, autosomal recessive; XLD, X-linked dominant; XLR, X-linked recessive.
®Non-syndromic ciliopathies are in blue, and syndromic ciliopathies are in orange.
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Cell line/origin  Mutational Cell culture Stimulation Drug library Methodology Output (assay Validation Hit categories Specific Hits References
model markers)
CFPAC-1 wild-type 2D none Pharmakon 10 uM with % ciliated cells assays of hit 118 hits: 49 cilia incidence: PMID:26862738
1600 2 x 4 day (acetylated compounds in four  glucocorticoids, clofibrate,
exposure alpha-tubulin) other cancer fibrates or other gefitinib,
cell-lines nuclear receptor sirolimus; cilia
modulator; 14 length: imexon,
neurotransmitter clofibrate,
modulators; other xylazine
include ion channel
modulators,
tyrosine kinase
inhibitors
mIMCD3 Pkd1—/-2 3D forskolin L1200 0.1and 1 pM cyst size dose response inhibitors targeting torin 1 and torin ~ PMID:28644734
treatment SelleckChem forskolin for (F-actin and assays of hit mTOR, Aurora A 2
(273 kinase 72h nuclei) compounds kinase, CDK,
inhibitors) IGF-1R, and dual
mTOR/PI3K
inhibitors
MEK Pkd17/~, 2D screen, 3D none NIH various cell proliferation  re-testing fresh hit 155 hits from 2D 3D models: PMID:32144367
Pkd1+/~ and validation Pharmaceutical ~ concentrations (fluorescence compounds, dose screen: HMG-CoA epothilone A,
wild-type Collection over 48 h, assay), ATP response and 3D reductase, HSP9O, GSK-269962A,
(NPC) and followed by levels cyst assays in tubulin 5-azacytidine,
other comparison (luminescence murine cell; assays depolymerization tosedostat;
collections between assay) in human ADPKD and other inhibitors;  human ADPKD
(8814 different cells and normal 109 hits validated in  cells:
compounds) genotypes kidney cells 3D models; 21 hits gemcitabine,
validated in human niclosamide,
ADPKD cells cerivastatin
mIMCD3 Pkd1-/b 3D none Cayman 6 day % cord/tubule treatment of 5 hits: ROCK Y-27632; PMID:29891559
Chemicals treatment, vs. cysts conditional AhCre; inhibitors HA-1077,
#10505 (155 various (F-actin) Pkd10%/fox mouse H-89,
kinase concentrations model with (S)-H-1152, (S)-
inhibitors) 1-33 uM Y-27632°¢ Glycyl-H-1152

CFPAC-1, ductal pancreatic adenocarcinoma cell-line; mIMCD3, murine inner medullary collecting duct kidney epithelial cell-line; MEK, murine embryonic kidney cells derived from collecting duct and post-natal
proximal tubule cells. 2Engineered using lentiviral transfection. ®Engineered using CRISPR-Cas9 gene editing. °No other specific validation of hit compounds; further experiments focused on the RhoA-YAP-cMyc

signaling pathway.
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