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RNA machines


THE OMNIPOTENT RNA MACHINES
RNA has been escaping the limelight for decades while it was used to decipher the genetic code (Gardner et al., 1962; Nirenberg et al., 1965; Nirenberg, 2004), establish the rules of complementary nucleotide pairing (Magasanik et al., 1950), develop sequencing techniques (Jou et al., 1972), showcase foundational biomolecule interactions (Fox et al., 2018; Tauber et al., 2020) and assist in protein production (Spirin et al., 1988). The central dogma of molecular biology, an information flow typical to all living things, has been conceived to be centred around RNA (Boivin and Vendrely, 1947). Yet even now, we often employ a term “encoded in the DNA”, whereas the actual code is written in the RNA and its decoding is also performed by the ancient RNA molecular machinery of the cells. Notably, newer molecule types, classes and functions consistently emerge and re-emerge in the RNA world. The expanding diversity of RNA modifications and the new varieties of “nonocoding” but information-rich RNA remain as a vast and constantly replenisheable reservoir of biologically active molecules (Mercer et al., 2009; Roundtree et al., 2017). RNA now has been intertwined in more and more intricate cellular and viral processes and activities, tying it into the majority–perhaps, all–of the biological pathways.
REFINEMENT OF SPLICING BY AND FOR RNA
A fundamentally distinctive feature of the RNA is its versatility. Consequently, we find the involvement of RNA function across all stages of gene expression. In eukaryotic and some prokaryotic cells, RNA-determined splicing is one of the cornerstone processes of gene expression. Splicing is driven by introns which likely originate from ancient retroelements (RNA retroviruses derivatives) but now are tightly controlled in the cells (Xiong and Eickbush, 1990; Flavell, 1995; Boeke and Stoye, 1997; Koonin, 2006; Hoskins and Moore, 2012; Zimmerly and Semper, 2015). Regulation of intron activity during splicing, such as in alternative splicing, creates an extra layer of diversity which is evolutionarily malleable and is thought to be extremely important in cell differentiation of complex organisms such as vertebrates, and in complex organs such as the brain (Santoni et al., 1989; Hoskins and Moore, 2012; Braunschweig et al., 2013; Irimia et al., 2014; Weatheritt et al., 2016; Ha et al., 2021). Interrupted genes themselves and splicing have been discovered relatively early in eukaryotic viruses, and then in the genomes of eukaryotic and some prokaryotic cells (Berget et al., 1977; Chow et al., 1977; Darnell, 1978; Keller and Noon, 1984; Apirion and Miczak, 1993; Belfort et al., 1995; Herbert and Rich, 1999; Benler and Koonin, 2022; Vosseberg et al., 2022). The constituents and structures of the major (type I) eukaryotic splicing machinery are well-established, and include the small nuclear ribonucleoproteins (snRNPs) U1, U2, U4, U5 and U6, and a number of auxiliary protein factors (Wahl et al., 2009; Will and Lührmann, 2011; Zhao and Pyle, 2017; Kastner et al., 2019; van der Feltz and Hoskins, 2019). The action of snRNA-organised spliceosomal complexes on the introns of nuclear transcripts involves first complex E, where U1 binds to the GU sequence at the 5′splice site donor, U2 Auxiliary Factor 1 binds to the AG sequence at the 3′splice site acceptor, U2 Auxiliary Factor 2 binds polypyrimidine tract between the branch point and 3′splice site, and Splicing Factor 1 binds to the branch point. A series of rearrangements then occurs towards Complex A with U2 binding the branch point, Complex B with U4, U5 and U6 joining and releasing U1, and Complex C with U4 release, lariat formation catalysis by U2 and U6 and then exon ligation (Rogers and Wall, 1980; Maniatis, 1991; Stamm et al., 2005; Wahl et al., 2009; Wang et al., 2015; Kastner et al., 2019). Manuel et al. summarise the impact of alternative splicing on the proteome diversity in a comprehensive review also describing splicing contribution to the generation of noncoding and circular RNAs. They address the important challenges in the prevalence of functional alternative splicing, the artefact-prone difficulties it creates in genome annotations, and the linking between observed RNA splice-types and peptide datasets, including advances and limitations of the current technologies.
Splicing picture was not complete until the alternative “minor” (type II) splicing apparatus has been identified (Tarn and Steitz, 1996; Sharp and Burge, 1997). Initially considered as indeed a “minor” variation that rarely occurs with efficiency and operates with a near-complete own set of snRNPs (U11, U12, U4atac, and U6atac, while U5 remains the same), AU-AC or GU-AG acceptor and donor definitions and the branch sequence, U12-type splicing has been found much more prolific (Park et al., 2016; Moyer et al., 2020; Fast, 2021). While not universally encountered, type II spliceosone and its introns are remarkably conserved (human genome harbours about 700 U12-type introns, but it can be much more (Larue et al., 2021)) and were recently highlighted interacting with the type I splicing machinery in diverse ways. In an insightful review, Akinyi and Frilander enlist cooperation between the U2 and U12 types using the example of SNRNP48 and RNPC3 genes (encoding U11 and U12 proteins) where feedback-stabilised U11 and U12 interactions lead to the recognition of 3′splice site 1 and synthesis of a non-productive, nuclear-retained transcript–as opposed to the use of 3′splice site 2 that results in cytoplasmic export and translation. They further showcase examples of direct competition between U2 and U12 types (for HNRNPLL, ZNF207, C1orf112, NCBP2, PRMT1, dZRSR2/Urp, CTNNBL1, CUL4A, SPAG16, Prospero, SRSF10, MAPK8/9, TMEM87a/b, CENATAC and other genes), or cryptic activation of U2 splicing in a deficit of U12 machinery (for SNRPE, RCD8/EDC4, SLC9A8, MAPK12, LKB1 and other genes), and discuss implications in the context of spliceosomal diseases including Peutz-Jager Syndrome, spondyloepiphyseal dysplasia tarda and Cerebral palsy.
Remarkably, splicing has always been linked to RNA polymerase II transcriptional dynamics (Barrass et al., 2015; Naftelberg et al., 2015; Herzel et al., 2017; Milligan et al., 2017; Ragan et al., 2019). In a similarity to the multitude of transcriptional regulators, splicing is modulated by an array of non-constitutive protein factors (Lin and Fu, 2007; Sapra et al., 2009; Änkö et al., 2012; Vuong et al., 2016). Previously, many of such regulators have been implicated in the production of unusual RNA types such as micro and circular RNA (Melamed et al., 2013; Conn et al., 2015; Salzman, 2016; Eger et al., 2018; Pillman et al., 2018; Ratnadiwakara et al., 2018), cases of alternative processing and splicing of micro-exons (Ustianenko et al., 2017; Torres-Méndez et al., 2019; Head et al., 2021), and are known contributors to the physiologically significant development, differentiation and pathogenesis processes (Irimia et al., 2014; Mochizuki et al., 2021). In an original phylogenetic research article, Huang et al. feature the conservation and diversity of SYF2, an important splicing factor that interacts with cyclin D-type binding-protein 1, a cell cycle regulator at the G1/S transition. SYF2 has been characterised as essential or stimulatory in a variety of proliferative situations, including cancer (Guo et al., 2014; Yan et al., 2015; Zhang et al., 2015). Huang et al. demonstrate conservation of the phylogenetic and splicing patterns of SYF2 in animals, while its mRNA abundance patterns were substantially different across the different tissues of mammals. They demonstrate SYF2 is associated with the occurrence of cancer in breast, lung, spleen and reproductive organs, making SYF2 and its RNA interactors valuable therapeutic targets.
RNA REGULATORS CONDUCTING WITHOUT A CODE
To act, RNA not necessarily needs to be decoded. Micro RNA and various noncoding RNA functions have been prominent in the transition space from transcriptional to post-transcriptional control and translation (Mehler and Mattick, 2007; Mercer et al., 2009; Änkö and Neugebauer, 2010; Schonrock et al., 2012; Salmanidis et al., 2014; Statello et al., 2021). With the advent of various high-throughput sequencing technologies, we began to substantially broaden the horizons of our understanding towards the “rare” RNA transcript type diversity (Kapranov et al., 2007; Ma et al., 2013; Gil and Ulitsky, 2020). Noncoding RNA of various types have emerged as functionally active in determining cell differentiation and development (Fatica and Bozzoni, 2014). Ni et al. dive into the classification of Terminus-Associated Non-coding RNAs (TANRs; as well as mRNA 5′-end associated noncoding RNAs) in an insightful review of these emerging RNA types. They highlight Terminus-Associated Short Non-coding RNAs (TASRs) and their antisense (aTASRs) varieties, Transcription Termination Site Associated RNAs (TTSa-RNAs), Transcription Boundary-Associated RNAs (TBARs), Terminus-Associated Long RNAs (TALRs) and 3′UTR-associated RNAs (uaRNAs), and explore evidence for their biogenesis, including the same and independent promoter models. Ni et al. further enlist organisation and discovery technology of several prominent TANRs and summarise the demonstrated TANR functions, including transcriptional interference, promoter and terminator juxtapositioning, transcription termination assistance, micro RNA sponging and sequence-directed RNA cleavage and modification. They note that functionally-relevant TANRs can originate also from long noncoding RNA genes, with MALAT1 prominently exemplified by its translation-activating MALAT1-associated small cytoplasmic RNA (MascRNA) (Wilusz et al., 2012).
While individual micro RNAs may appear as less multifaceted regulators and interactors compared to the longer non-coding RNAs, a developing view is that micro RNAs function in networks, collectively targeting the entire pathways of the cells (Gao, 2008; Ryan et al., 2010; Bracken et al., 2016; Dragomir et al., 2018). Such networks offer a high degree of versatility, sophistication and accuracy of control. An interesting expansion of this idea is presented in a review of Budrass et al. where they thoroughly describe a new micro RNA regulation network and intersect it with the protein control network of a matching complexity, as found for the chaperones Heat Shock Protein 40s (Hsp40s; often referred to as J-proteins by their encoding DNAJ genes) (Laufen et al., 1999; Han and Christen, 2003). J-proteins are extremely conserved (from bacteria to human) and function as a “tailoring kit” for situationally activating Hsp70 proteins that have far less client discrimination. J-proteins are devise (over 40 in humans) and possess specific client binding, localisation and additional enzymatic activities (Cyr et al., 1994; Jiang et al., 2019). Budrass et al. review micro RNA target site predictions in J-protein mRNAs, demonstrate their conservation across mammals as well as vertebrates, and intriguingly showcase co-targeting of certain J-protein mRNAs (including DNAJ A1, A2, B1, B4, B5, B6b, B9, C13, C21, and C23) by micro RNAs of identical and different families, at one or multiple sites, opening new area of complex combinatorial regulatory opportunities.
TRANSLATION OF RNA AND DAMAGE CONTROL
Decoding of the messenger(m)RNA into the proteins is the most crucial function performed by the RNA (Topisirovic and Sonenberg, 2011; Hershey et al., 2012; Shirokikh, 2022). Translational control is involved in nutrient, stress condition and damage sensing (Holcik and Sonenberg, 2005; Bramham et al., 2016; Ross et al., 2018; 2019; Janapala et al., 2019; Xie et al., 2019). Translation employs the most complete repertoire of RNA activities, including direct basepairing interactions, complex structure formation, functionally modified nucleotides, energised intermediates such as the aminoacyl-tRNA, precise macromolecular interactions as happens in the ribosomal subunit binding and elongation cycle dynamics, and ribozyme catalysis in the ribosomal peptidyl transferase centre. Translation initiation is the most responsive protein biosynthesis regulator in eukaryotes (Kozak, 1992; Pisarev et al., 2005; Sonenberg and Hinnebusch, 2009; Archer et al., 2016; Shirokikh and Preiss, 2018), and within it the accuracy of start codon recognition is especially important, whereby a small mistake can lead to misfolded proteins and adverse cell effects including malignancy (Fekete et al., 2005; Lomakin et al., 2006; Cheung et al., 2007; Asano, 2014; Thakur et al., 2020; Gleason et al., 2022). Accurate start codon recognition involves protein initiator tRNA “carriers”—of which a GTPase eukaryotic translation initiation factor 5B (eIF5B) is the most conserved, having its bacterial and archaeal counterparts (Ross et al., 2018; Shirokikh and Preiss, 2018). In an immersive mini-review, Chukka et al. discuss eIF5B at the crossroads the ribosomal, transfer and messenger RNA interactions. They highlight canonical and most conserved eIF5B functions in initiator tRNA stabilisation on the ribosomal small subunit and subunit joining. Chukka et al. also provide an outlook into the less obvious eIF5B activities in checkpointing eukaryotic small subunit maturation, conveying initiation with the alternative initiator tRNA carrier eIF2A active in certain stresses and interacting with viral (e.g., hepatitis C virus and classical swine fever virus) and cellular (e.g., X-linked inhibitor of apoptosis) internal ribosome entry sites (IRESes). eIF5B action in upstream Open Reading Frame (uORF)-regulated genes is reviewed and its overall cell survival-promoting and thus, malignancy-maintaining role is brought into the focus as an attractive drug target.
Another interesting activity of RNA tightly linked to translation is that of a cellular protection and damage sensing. Oxygenation and oxidative environments present a substantial challenge to the nucleic acids-based life, and especially so to the RNA which can become oxidised in a diverse ways. It has been known that oxidised RNA induces translational errors and may be neurodegenerative or carcinogenic (Tanaka et al., 2007; Fimognari, 2015; Guo et al., 2020). Seixas et al. thoroughly present types of oxidative RNA damage in a mini review covering the most ubiquitous oxidating agents, RNA injuries including 8-oxo-7,8-dihydroguanosine, 8-oxo-7,8-dihydroadenosine, 5-hydroxycytosine and 5-hydroxyuridine, and their effects on mRNA, tRNA, ribosomal and micro RNA function. Seixas et al. emphasise the known passive (scavenging) and active (repair) RNA injury protection systems in prokaryotes noting open questions in comprehensive identification of these components across all life.
MULTIFUNCTIONAL RNA IN VIRUSES AND SYNTHETIC BIOLOGY
RNA is often multifunctional in viruses where there can be certain restrictions on genome size, and in synthetic biology designs where vector and delivery limitations apply to the RNA length, together with the considerations of economy and cost (Afonin et al., 2014; Rossetto and Pari, 2014; Dao et al., 2015; Richert-Pöggeler et al., 2021). From its discovery, Human Immunodeficiency Virus 1 (HIV-1) has been intriguing the researchers with the multitude of functions of its highly-structured RNA modules, containing proteins in all three open reading frames and often with an overlap (splicing-, scanning-, frameshifting- and shunting-controlled), which can be synthesised from the 5′cap or IRES (Ohlmann et al., 2014; Guerrero et al., 2015; Reitz and Gallo, 2015; De Breyne and Ohlmann, 2019). In the DNA-integrated form the HIV-1 provirus can produce partially-spliced and fully-spliced transcripts, among the latter the tat mRNA, encoding the essential Tat transcriptional regulator of the virus. All viral transcripts share the initial 289 nt and thus the 59 nt of the highly structured trans-activation response (TAR) RNA element. TAR controls host translation via activation and suppression of Protein Kinase RNA-activated (PKR), and further activates viral transcription upon Tat binding (Guerrero et al., 2015). Inspired by their recent discovery that tat can have an IRES element active in latent infection (Khoury et al., 2020), Khoury et al. in an original research article embarked on a tour de force to explore cellular proteins possibly interacting with tat and modulating it. Discovering 243 significantly interacting proteins by tat-3×MS2-stem-loop-directed pull-down and mass spectrometry in latent and productive T-cells, they used knockdown of several top hits to identify Signal Recognition Particle 14 (SRP14) and High-mobility group box 3 (HMGB3) proteins affecting HIV infection the most. Using RNA modification protection, Khoury et al. located the SRP14 and HMGB3 binding sites nearby the tat start codon. Most intriguingly, SRP14 and HMGB3 negatively regulated latent and productive infection, while stimulating and repressing Tat synthesis, respectively. Khoury et al. propose SRP14 and HMGB3 alter the efficiency of the tat IRES, opening new depths in the lentiviral host interactions and additional pathways to manipulate HIV reactivation.
Interestingly, HIV-1 RNA may contain other RNA regulators, riboswitches (Ooms et al., 2004; Boeras et al., 2017). Riboswitches are compact structural modules of RNA conditionally obstructing (or promoting) a certain process (Garst et al., 2011; Breaker, 2012). Riboswitches can be sensitive to an interaction with another macromolecule or a small compound, or physical conditions such as temperature, pH, salinity, etc., (Mironov et al., 2002; Nahvi et al., 2002; Serganov and Nudler, 2013). Riboswitches can be placed ahead of an “amplifying” stage of a synthetic construct expression, such as transcription or translation, and thus are among the most interesting synthetic biology tools (Breaker, 2018; Kavita and Breaker, 2022). In a brief research report, Korniakova et al. present a new fluoride-sensitive vector design incorporating a fluoride riboswitch (Ren et al., 2012) in the reporter 5′UTR, downstream of the testable promoter region. The plasmid allows to decouple cloning of powerful and potentially cell-damaging promoters from their functional testing, while maintaining same arrangement of the vector for the ease of cloning and comparisons.
PERSPECTIVES FOR RNA AS A MOLECULAR MACHINE OF DESIGN
It may not be an overstatement to name the RNA an ultimate molecular machine of life. RNA often performs in relatively straightforward ways built on direct molecular recognition through tertiary structure and basepairing, as happens during micro RNA target binding, and in distinct enzymatic reactions, as occurs during the intron lariat formation and excision. In the other cases, RNA performs as the structural and enzymatic core of conveying molecular machines such as the ribosome, where it uses chemical energy to process, transform and realise biological information. It is quite remarkable that the RNA can “work” with all types of biological macromolecules, be an enzyme and a substrate, carry and decode the genetic information, signal, receive and operate with chemical potentials, making it a “complete”, self-sufficient molecule. This self-sufficiency contains a value for novel synthetic biology designs, that is, being recognised in RNA vaccines and gene replacement therapeutics of more sophisticated construction, such as self-amplifying RNA (Rodríguez-Gascón et al., 2014; Brito et al., 2015; Pardi et al., 2018; Dolgin, 2021). It also contains a substantial combinatorial challenge of finding an optimal function in a sea of interactions and activities. We can hope to keep learning from extant (and extinct) life to identify new elements of RNA control, and employ approaches based on artificial intelligence to devise new RNA modules and their applications (Lv et al., 2021; Mohanty and Mohanty, 2021). Thankfully and as exemplified in this Research Topic, we cannot stop to continuously discover new, sometimes unexpected, nuances of the RNA-based processes.
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3′ untranslated regions (3′ UTRs) of protein-coding genes are well known for their important roles in determining the fate of mRNAs in diverse processes, including trafficking, stabilization, translation, and RNA–protein interactions. However, non-coding RNAs (ncRNAs) scattered around 3′ termini of the protein-coding genes, here referred to as terminus-associated non-coding RNAs (TANRs), have not attracted wide attention in RNA research. Indeed, whether TANRs are transcriptional noise, degraded mRNA products, alternative 3′ UTRs, or functional molecules has remained unclear for a long time. As a new category of ncRNAs, TANRs are widespread, abundant, and conserved in diverse eukaryotes. The biogenesis of TANRs mainly follows the same promoter model, the RNA-dependent RNA polymerase activity-dependent model, or the independent promoter model. Functional studies of TANRs suggested that they are significantly involved in the versatile regulation of gene expression. For instance, at the transcriptional level, they can lead to transcriptional interference, induce the formation of gene loops, and participate in transcriptional termination. Furthermore, at the posttranscriptional level, they can act as microRNA sponges, and guide cleavage or modification of target RNAs. Here, we review current knowledge of the potential role of TANRs in the modulation of gene expression. In this review, we comprehensively summarize the current state of knowledge about TANRs, and discuss TANR nomenclature, relation to ncRNAs, cross-talk biogenesis pathways and potential functions. We further outline directions of future studies of TANRs, to promote investigations of this emerging and enigmatic category of RNA.
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INTRODUCTION

The encyclopedia of DNA elements (ENCODE) project aims to reveal functional elements of the human genome, thereby providing new insights into gene and genome functions (Ding et al., 2014; Moraes and Goes, 2016). For instance, RNA sequencing revealed that eukaryotic genomes are pervasively transcribed, using different regions to generate abundant and versatile non-coding RNAs (ncRNAs) (Kapranov et al., 2007; Forrest and Carninci, 2009; Jacquier, 2009; Clark et al., 2011; Jensen et al., 2013; Lu and Lin, 2019). Well-characterized ncRNAs, such as long non-coding RNAs (lncRNAs), small nucleolar RNAs (snoRNAs), and microRNAs (miRNAs), have been found to be variably produced. LncRNAs mainly derive from intergenic regions, introns, and antisense strands (Ayupe et al., 2015; Liu et al., 2015). SnoRNAs mainly arise from introns and intergenic regions. The possible origins of miRNAs resemble those of snoRNAs. Consistently, similar percentages of intronic snoRNAs and intronic miRNAs have been reported in different eukaryotes (Mattick, 2003; Brown et al., 2008; Scott and Ono, 2011). Additionally, many new ncRNAs located at the 3′ and 5′ termini of genes have also been detected (Kapranov et al., 2007; Jacquier, 2009; Djebali et al., 2012; Ma et al., 2017; Laudadio et al., 2018). Owing to the absence of specific patterns in most 3′ end-associated ncRNAs and the limitations of the RNA sequencing technologies, these ncRNAs have usually been ignored for the past decade.

Investigation of the full landscape of 3′ untranslated regions (3′ UTRs) across species and cell types has contributed substantially to our understanding of their biogenesis and functions. Studies on the functions of 3′ UTRs focused primarily on their role in the regulation of gene expression, including mRNA trafficking, translational control, metabolism, and mRNA-protein structures (Wickens et al., 1997; Andreassi and Riccio, 2009; Denti et al., 2013; Jia et al., 2013; Pánek et al., 2016; Mayr, 2017). However, ncRNAs found around 3′ termini are usually not identified as biologically important. Indeed, the presence of terminus-associated small RNAs (TASRs) in both human and mouse genomes was firstly reported in 2007. These RNAs are usually scattered at both strands of protein-coding genes and do not exhibit unique lengths, specific base compositions, or typical secondary structures (Kapranov et al., 2007). Other small RNAs have also been detected at the 3′ ends of genes in both human and chicken genomes (Taft et al., 2009; Wei et al., 2011). Interestingly, these 3′ end-associated small RNAs are significantly different from the characteristic transcription initiation RNAs (tiRNAs) (Taft et al., 2009). In addition, transient transcriptome sequencing (TT-seq) has detected short-lived RNAs downstream of the polyadenylation [poly(A)] sites in human K562 cells. However, these RNAs are difficult to detect as they are usually cleaved from these sites, resulting in unprotected 5′ ends (Schwalb et al., 2016). Thus, these terminus-associated non-coding RNAs (TANRs) did not attract attention due to the lacking of unique length ranges and typical secondary structures.

From a technical perspective, transcriptome sequencing and microarrays show limitations for the discovery of TANRs. Indeed, transcriptome sequencing requires the construction of cDNA libraries and TANRs are often discarded during the rRNA removal step of this process or mixed with annotated transcript fragments afterward. In fact, as mixed fragments, they can partially or completely overlap with the annotated transcripts. Overlapping RNAs can be mapped as part of the annotated transcripts, alternative UTR regions, or even discarded. Furthermore, if some TANRs do not overlap with annotated transcripts, these would be filtered out as erroneous transcripts during bioinformatic analyses. In similarity, transcriptome microarrays are based on available information on annotated transcripts, usually excluding TANRs. Hence, TANRs have been mostly ignored in gene expression studies, given their lack of specific patterns, the uncertainty of their transcriptional origin, and other methodological difficulties (Jacquier, 2009; Yu et al., 2018).

Although TANRs usually are not identified as high-value targets, increasing evidence implied that they are important molecules for several cellular activities. For instance, the detection of diverse TANRs in eukaryotes suggested that they are widespread, abundant, and conserved. Moreover, studies of their biogenesis and functions pointed at TANRs as versatile molecules regulating gene expression. Since the biogenesis and functions of many TANRs are still unclear, and an increasing number of TANRs have been reported, elucidating their biological functions and mechanisms of action has become a new frontier in the field of RNA research.



DISCOVERY OF TANRs

Applications and breakthroughs of next-generation sequencing (NGS) and gene array in transcriptomics have revealed eukaryotic genomes can generate a multitude of diverse RNA species (Willingham et al., 2006; Kapranov et al., 2007; Jacquier, 2009). Owing to the presence of bidirectional promoters, one more lncRNA and many small ncRNAs have been found around the corresponding mRNA transcription start sites (TSSs) (Seila et al., 2008; Neil et al., 2009; Xu et al., 2009) (Figure 1). These RNAs can be generally termed as promoter-associated RNAs (PARs), including promoter-associated non-coding RNAs (pancRNAs) (Yamamoto et al., 2016; Uesaka et al., 2017), promoter upstream transcripts (PROMPTs) (Preker et al., 2011), upstream antisense RNAs (UaRNAs) (Flynn et al., 2011), stable unannotated transcripts (SUTs), cryptic unstable transcripts (CUTs) (Neil et al., 2009; Xu et al., 2009), promoter-associated long RNAs (PALRs) (Kapranov et al., 2007), tiRNAs (Taft et al., 2009), and other PARs (Jiang et al., 2007). When the attention was shifted to the 3′ terminus, diverse ncRNAs were also discovered. These were divided into different subclasses: TASRs (Kapranov et al., 2007), antisense TASRs (aTASRs) (Kapranov et al., 2010), terminus-associated small nucleolar RNAs (TASNRs) (Leng et al., 2014), transcription termination site associated RNAs (TTSa-RNAs) (Valen et al., 2011; Laudadio et al., 2018), transcription boundary-associated RNAs (TBARs) (Yu et al., 2018), terminus-associated long RNAs (TALRs) (Yue et al., 2010), and 3′ UTR-associated RNAs (uaRNAs) (Mercer et al., 2011) (Figure 2). For a clearer distinction, we highlight that the abbreviation “UaRNAs” stands for “upstream antisense RNAs,” while “uaRNAs” indicates “3′ UTR-associated RNAs.” The different methods used for TANR identification together with the main characteristics of TANRs are summarized in Table 1.
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FIGURE 1. Pervasive transcription across eukaryotic genomes can generate a multitude of diverse RNA species. Genomic regions are indicated with two thin lines marked with direction (5′ to 3′). Exons are presented as blue boxes, and transcription start sites (TTSs) are indicated with red angled arrows. Certain regions of the genome were highlighted and indicated with dotted frame lines. The zoomed in regions enlist many ncRNAs are observed around the protein-coding genes. These ncRNAs include small RNAs, lncRNAs, miRNAs, and snoRNAs.
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FIGURE 2. Classification of mRNA 5′ and 3′ end associated ncRNAs. Different types of ncRNAs are indicated with detailed names. PALRs, promoter-associated long RNAs; PROMPTs, promoter upstream transcripts; UaRNAs, upstream antisense RNAs; pancRNAs, promoter-associated non-coding RNAs; PASRs, promoter-associated small RNAs; TiRNAs, transcription-initiation RNAs. The zoomed in regions enlist numerous ncRNAs located at the 3′ termini of mRNA. Cleavage site (AAUAA) and poly(A) signal site (GU- or U-rich element) were indicated with vertical arrow lines and letters. TASRs, terminus-associated small RNAs; aTASRs, antisense TASRs; TASNRs, terminus-associated small nucleolar RNAs; TTSa-RNAs, transcription termination site associated RNAs; TALRs, terminus-associated long RNAs; uaRNAs, 3′ untranslated region (UTR)-associated RNAs; antisense CUTs, antisense cryptic unstable transcripts; antisense SUTs, antisense stable unannotated transcripts.



TABLE 1. List of TANRs described in this article.
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Terminus-associated small RNAs were firstly reported to cluster at the 3′ termini of mRNAs (Kapranov et al., 2007). In mammals, there are about 200 TASR copies per cell (total numbers for all protein-coding genes), constituting approximately 3% of the small RNA library (Kapranov et al., 2007; Djebali et al., 2012). In Arabidopsis thaliana, TASR peaks were identified on 287 protein-coding genes, demonstrating that TASRs mainly accumulated in leaves and young seedlings (Ma et al., 2017). Altogether, the relevance of TASRs in both mammals and plants has been underestimated and the study of these small RNAs did not receive priority in recent years for their lack of specific patterns. Considering their specific location within 3′ UTRs and the presence of poly(A) tails at their 3′ ends, TASRs have been regarded as degraded mRNA products or alternative 3′ UTRs in many studies.

Interestingly, a novel type of TASRs containing polyU tails at their 5′ end have been identified and renamed aTASRs, because they are antisense to 3′ UTRs (Kapranov et al., 2010). There are about 600 aTASR copies per cell, corresponding to 702 RefSeq-annotated protein-coding genes. Meanwhile, 1258 transcripts with non-genomically encoded 5′ poly(U) stretches closely associated with the 3′ termini of known RNAs can also be found in the UCSC Genome Browser database (Kapranov et al., 2010). Since aTASRs display a stretch of U residues at their 5′ ends but no poly(A) at their 3′ ends, they would be discarded in a conventional transcriptome analysis or library construction. Thus, direct RNA sequencing without prior conversion of RNA to cDNA would facilitate the discovery of novel ncRNAs (Furlan et al., 2020).

Argonaute (AGO) proteins are highly specialized binding small RNAs and can regulate gene expression at both transcriptional and posttranscriptional level by interacting with other proteins (Meister, 2013). By sequencing AGO1/2 immunoprecipitated libraries, several TTSa-RNAs were identified in Homo sapiens, particularly clustered close to the 3′ termination sites of mRNAs (Valen et al., 2011). Such TTSa-RNAs were found to be originated from 2822 protein-coding genes on average. Additionally, TTSa-RNAs are rich in G residues at their 5′ end and have a peculiar oligo(A) tail at their 3′ end (Laudadio et al., 2018). Compared to TASRs and aTASRs, TTSa-RNAs display shorter lengths (22 to 24 nt) and a specific cellular localization (enriched in nucleus). Beyond linear TASRs, aTASRs, and TTSa-RNAs, hairpin TASNRs (for some given genes) have been found in the yeast species related to Schizosaccharomyces pombe Lindner (Leng et al., 2014). In addition to small RNAs, lncRNAs, such as TALRs (for a given gene), uaRNAs (3′ UTR-associated RNAs) (about 1000 copies per cell on average in human), antisense CUTs, and SUTs (about 1000 copies per cell on average), have also been reported (Neil et al., 2009; Xu et al., 2009; Yue et al., 2010; Mercer et al., 2011). Given the evolutionary pressure toward the conservation of 3′ UTR regions, TANRs are usually conserved among different species.

Regarding the genomic location of these ncRNAs, TASRs, aTASRs, TTSa-RNAs, and uaRNAs are located within 3′ UTRs. In particular, TANRs and aTASRs start from poly(A) signal sites, while TTSa-RNAs end at the cleavage sites. Furthermore, TALRs and a small subset of antisense CUTs/SUTs usually overlap with 3′ UTRs. On the other hand, TASNRs are located downstream of 3′ UTRs. As indicated by their name, aTASRs and antisense CUTs/SUTs are located on the antisense strand, while other ncRNAs are located on the sense strand (Figure 2). According to their length (more or less than 200 nt), TALRs, uaRNAs, and antisense CUTs/SUTs are classified as lncRNAs, whereas others are considered small RNAs. Overall, TANRs vary considerably in their genomic location, strand, and length (Table 1).



BIOGENESIS OF TANRs

Studies of the biogenesis of ncRNAs are required to elucidate their functions and potential roles in the regulation of gene expression (Kim et al., 2009; Li et al., 2010). MiRNAs are currently the best-described small regulatory ncRNAs that follow a specific biogenesis pathway, requiring DROSHA/DGCR8, DICER1, and AGO proteins (Daugaard and Hansen, 2017; Saeed et al., 2020). As TANRs are a novel class of ncRNAs, most but not all proteins associated to their biogenesis are unknown. According to their maturation process, the biogenesis of TANRs can generally occur by one of three models: the same promoter model, the RdRP activity-dependent model, and the independent promoter model.


The Same Promoter Model

In the same promoter model of TANR biogenesis, firstly, the transcription of TANR precursors is coupled to that of the upstream mRNAs using the same promoter. Then, maturation of TANRs occurs by posttranscriptional cleavage. Considering that the maturation processes of TASRs, TASNRs, TTSa-RNAs, TALRs, and uaRNAs share many characteristics, we summarize them altogether.

Terminus-associated small RNAs are located within the 3′ UTR of genes where no histone modifications marking active promoters or enrichment for RNA polymerase II (RNAPII) occupancy are found (Mercer et al., 2011). Hence, it is reasonable to infer that for their maturation TASRs undergo posttranscriptional cleavage. Studies on the biogenesis of TALRs and TTSa-RNAs also suggested that their maturation mainly depends on posttranscriptional cleavage from the corresponding mRNAs (Yue et al., 2010; Laudadio et al., 2018). However, this maturation process significantly differs from that of miRNAs. Firstly, evidence of the formation of secondary structures and of the corresponding passenger strands, characteristic of miRNA maturation, has not been found for these ncRNAs (Valen et al., 2011). Furthermore, genome-wide studies of TTSa-RNAs also determined that the regions flanking TTSa-RNAs do not tend to form hairpin structures more than randomly picked genomic regions (Laudadio et al., 2018). Secondly, altered expression of DICER and AGO2, required for miRNA biogenesis, had no effects on TTSa-RNA biogenesis (Valen et al., 2011; Laudadio et al., 2018). Importantly, defined sites within the polyA tail and approximately 75% of mRNA 3′ ends carry at least one TTSa-RNA read, suggesting that mRNA 3′ end processing is involved in their biogenesis (Valen et al., 2011). However, TTSa-RNAs are not by-products of mRNA degradation, since they display upstream poly(A) signals and are specifically loaded on AGO proteins. Moreover, TTSa-RNAs tend to carry a G residue in the first position at the 5′ end and an oligo(A) tail (four or more As) at the 3′ end, supporting the hypothesis that TTSa-RNAs undergo posttranscriptional cleavage from the corresponding mRNAs (Laudadio et al., 2018).

Notably, detailed studies on the biogenesis of TASNRs and uaRNAs strongly indicated the same promoter model as the typical one for the biogenesis of most TANRs. In particular, two TASNR precursors (rpl26-snR49 and rpl29-snR93) highly overlapped with upstream mRNAs; no promoters were detected between mature TASNRs and their precursors; and promoter deletion analysis confirmed that the precursor of TASNR snR49 and the corresponding upstream mRNA used the same promoter for the regulation of their transcription. Thus, TASNRs undergo processing from precursors during maturation (Leng et al., 2014). As for uaRNAs, no active promoters or enrichment for RNAPII occupancy have been found within the 3′ UTR; however, exon-intron junctions have been detected (Mercer et al., 2011). Moreover, a detailed study on the biogenesis of the uaRNA FLJ11812 in human cells confirmed that the maturation of this ncRNA depends on posttranscriptional cleavage, and that the TIA1 protein is responsible for this process (Ge et al., 2014).

Although TASNRs and uaRNAs exploit the same promoters of their respective upstream protein-coding genes for transcription, their precursors originate differently. Indeed, uaRNAs may derive from their corresponding mRNAs through maturation by cleavage similarly to TTSa-RNAs. Conversely, TASNR precursors are different transcripts from their corresponding mRNAs, although highly overlapping. As for TASRs and TALRs, it is still unknown whether they are cleaved from their corresponding mRNAs.



The RdRP Activity-Dependent Model

The RNA-dependent RNA polymerase (RdRP) plays a key role in RNA silencing in fungi, plants, and worms by generating double-stranded RNAs (dsRNAs) from RNA templates (Duempelmann et al., 2020). In the RdRP activity-dependent model of TANR biogenesis, RdRP can de novo synthesize antisense TANRs at the 3′ termini of mRNAs by using the sense mRNAs as templates. For instance, it has been reported that the human telomerase reverse transcriptase (TERT) RdRP can perform de novo synthesis of short interfering RNAs (siRNAs) that are complementary to template RNAs (Maida et al., 2016). Thus, de novo RNA synthesis by RdRP suggests the existence of a novel RNA copying mechanism. Recent studies strongly indicated that the biogenesis of aTASRs depends on RdRP. Indeed, aTASRs contain non-genomically encoded poly(U) stretches at their 5′ ends that are complementary to the 3′ poly(A) tails of mRNAs (Kapranov et al., 2010). These double-stranded and complementary RNAs have been detected in both human cells and plants (Kapranov et al., 2010; Ma et al., 2017). In A. thaliana, aTASR fragments were preferentially incorporated into AGO4 and aTASR accumulation was significantly decreased in rdr2 (RNA-dependent RNA polymerase 2), nrpd1a (RNA polymerase IVa), and nrpd1b (RNA polymerase IVb) mutants. Thus, RdRPs and RNA polymerase IV are responsible for the biogenesis of some aTASRs, even though the detailed mechanisms remain unknown (Ma et al., 2017). However, the endogenous biochemical pathway that mediates copying of aTASRs in human cells still requires further investigation (Kapranov et al., 2010).



The Independent Promoter Model

In the independent promoter model, TANRs on the antisense strand have their own promoters. As independent transcripts, their biogenesis is usually regulated by their upstream promoter regions. Although TANRs include only a small number of antisense CUTs/SUTs, several studies indicated that independent promoters are primarily responsible for their biogenesis in Saccharomyces cerevisiae. This conclusion derived from the fact that the transcriptional initiation sites of antisense CUTs or SUTs are located in nucleosome-free regions (NFRs), corresponding to promoter regions. Thus, independent transcription is the main biogenesis mechanism of antisense CUTs or SUTs (Neil et al., 2009; Xu et al., 2009).



FUNCTIONS OF TANRs

The existence of different pathways of TANR biogenesis suggests that they are important for some cellular activities. NcRNAs typically function by forming various ribonucleoproteins (RNPs) together with several proteins. Well-known functional RNP particles include snoRNA ribonucleoproteins (snoRNPs) and miRNA-AGO ribonucleoproteins (miRNPs). These RNPs contain the respective RNAs and a small set of associated proteins (Bachellerie et al., 2002; Bartel, 2004). Within miRNPs, miRNAs usually cause degradation and translational repression of target mRNAs through the formation of miRNA-mRNA duplexes. However, miRNA–mRNA interactions are dynamically regulated by different physiological or pathological conditions (Ni and Leng, 2015). As a group of widely studied functional proteins, AGO proteins associate with a diverse variety of ncRNAs, thereby providing functional and regulatory support for ncRNA-mediated modulation of gene expression (Joshua-Tor and Hannon, 2011; Daugaard and Hansen, 2017). It was reported that TANRs enriched in different subcellular compartments (cytoplasm and nucleus) can interact with different AGO proteins in eukaryotes. Hence, TANRs may regulate gene expression at both transcriptional and posttranscriptional levels (Figure 3).
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FIGURE 3. Functions of TANRs. TANRs function at the transcriptional level: 1. Transcriptional Interference: TNAR together with its associated functional protein regulates the transcription of its sense protein-coding gene via binding to the sense promoter region; 2. Gene Looping: TNAR together with its associated functional protein regulates the transcription of its upstream gene by juxtaposing the promoter and terminator together; 3. Transcriptional Termination: TNAR together with its associated functional protein regulates the transcription termination of its upstream gene by binding to the protein-coding gene 3′ UTR. TANRs function at the posttranscriptional level: 4. MiRNA Sponge: TNAR together with its associated functional protein regulates mRNA translation by sponging miRNA from its target mRNA; 5. Target Cleavage: TNAR together with its associated functional protein can direct cleavage of target mRNA at specific site. 6. RNA Modification: TNAR together with its associated functional protein can guide RNA modification at specific site.



Transcriptional Regulation by TANRs

Members of eukaryotic AGO protein family are key players of gene expression (Meister, 2013). Interestingly, a previous study showed that synthetic small RNAs fully complementary to a TALR located beyond the 3′ terminus of progesterone receptor (PR) mRNA could modulate PR transcription (Younger and Corey, 2011). This provides new insights into the function of TANRs with high nuclear localization. Firstly, the TALR is loaded onto AGO2 upon addition of exogenous miRNA mimics. Then, the complex formed of miRNA mimics, TALR, and AGO2 is recruited to the promoter region of an upstream gene. Finally, a gene loop juxtaposing the promoter and terminator is formed, resulting in altered regulation of transcription (Figure 3) (Yue et al., 2010). Notably, the formation of gene loops is thought to mediate long-distance transcriptional regulation in different eukaryotes (Bratkowski et al., 2018). However, functional studies of AGO1 and AGO2-associated TTSa-RNAs strongly argued against their specific recruitment on chromatin given their nucleoplasm/chromatin abundance, although Gene Ontology (GO) analysis suggested that genes giving rise to TTSa-RNAs are significantly enriched in the regulation of cell cycle progression and DNA integrity checkpoints (Laudadio et al., 2018). On the other hand, evidence of transcriptional stalling via RNAPII backtracking triggering nucleolytic degradation of the nascent RNA indicates that TTSa-RNAs may be implied in the termination of mRNA transcription (Valen et al., 2011). For instance, a recent study in A. thaliana indicated that promoter-proximal RNAPII stalling can regulate plant gene transcription (Thomas et al., 2020). Thus, it is reasonable to infer that mammalian TTSa-RNAs might participate in the regulation of gene transcription through the modulation of transcriptional termination (Figure 3).

In plants, AGO1 represses target RNAs in the cytoplasm, while AGO4 usually directs de novo DNA methylation in the nucleus (Baulcombe, 2004; Vaucheret, 2008; Carbonell, 2017). Site-specific DNA methylation signals were observed on several genomic loci corresponding to the peaks of many TASRs associated with AGO4 in A. thaliana (Ma et al., 2017). Furthermore, some aTASRs are preferentially incorporated into AGO4. Thus, a subset of the TASRs and aTASRs reported in A. thaliana may be involved in site-specific DNA methylation (Ma et al., 2017). However, it is not clear if TANR-mediated gene looping is required to guide DNA methylation.

In S. cerevisiae, antisense CUTs/SUTs usually couple the transcriptional regulation of neighboring genes. As overlapping and divergent transcripts, they may act as local regulatory signals for transcriptional interference (Figure 3) (Neil et al., 2009; Xu et al., 2009). In addition, transcriptional interference mediated by cis-acting antisense CUTs/SUTs involves several chromatin modifiers (such as Set2p, Set1p, Rcoi1p, and Eaf3p) (Nevers et al., 2018). In a recent related report, the transcription of approximately 20% of S. cerevisiae genes was found to be repressed by antisense ncRNAs via a chromatin-based transcription interference mechanism. Hence, using near-base-pair-resolution techniques in antisense CUTs/SUTs-inducible strains would reveal the relationship between antisense transcription and repression of sense gene expression, nucleosome occupancy, and transcription-associated histone modifications (Gill et al., 2020).



Posttranscriptional Regulation by TANRs

Previous reports suggested that 3′ UTRs can function in trans to regulate cell proliferation and differentiation in the absence of corresponding protein-coding transcripts (Rastinejad and Blau, 1993; Amack et al., 1999; Jenny et al., 2006). For example, expression of oskar 3′ UTR in Drosophila could rescue the egg-less defect of oskar null-mutants in the absence of the Oskar protein. Indeed, the oskar 3′ UTR functions as a scaffold for trafficking and accumulation of Staufen during oogenesis (Jenny et al., 2006). Moreover, in A. thaliana, the overexpressed ncRNA IPS1 can act as a competing endogenous RNA (ceRNA) that positively regulates the expression of PHO2 by sequestering miR-399 from its target site (Franco-Zorrilla et al., 2007). Also, in human embryonic stem cells (hESCs) and human umbilical vein endothelial cells (HUVECs), the uaRNA FLJ11812 derived from the 3′ UTR of TGFB2 can be targeted by miR-4459. Conversely, uaRNA FLJ11812 can upregulate the levels of the proteins CDC20B and ATG13, whose coding genes can also be targeted by miR-4459. Thus, this uaRNA acts as a ceRNA by sponging miR-4459 from its target mRNAs (Lu et al., 2015). Therefore, uaRNAs can act as decoys to sponge miRNAs from their target mRNAs (Figure 3). Alternatively, they may act as scaffolds to form regulatory RNA-protein complexes that are functional even in the absence of their corresponding proteins (Mercer et al., 2011).

Structural and functional analyses of ncRNAs in fission yeast suggested that some TANRs act as guide snoRNAs. By forming specific snoRNPs, these snoRNAs can direct methylation or pseudouridylation of target RNAs. Notably, most of such site-specific modifications can affect cell growth in vivo. For example, TANR snR49 was predicted to mediate pseudouridylation of 18S rRNA at the U121 and U305 sites. Upon deletion of TANR snR49, the corresponding modifications on rRNA disappeared with consequent delay of cell growth. Furthermore, posttranscriptional modifications of target RNAs by TASNRs are conserved in yeasts (Leng et al., 2014). Thus, TASNRs can act as guide RNAs for targeted RNA modifications (Figure 3).

Since the production of human aTASRs is positively correlated with that of their associated mRNAs, functional studies of aTASRs were based on the corresponding transcripts. These transcripts corresponded to functionally annotated proteins and were further analyzed. Functional enrichment analysis suggested that they are related to translation. Indeed, the GO categories of “structural constituent of ribosome,” “translation,” and “RNA binding” were all significantly overrepresented. Due to the bias of enrichment analysis toward highly synthesized transcripts, all human genes were used as background for a second estimation of enrichment. Nevertheless, similar results were obtained, with the GO biological function category “translation” scoring as the top hit (Kapranov et al., 2010). In A. thaliana, aTASRs associated with cytoplasmic AGO1 are proposed to mediate target RNA cleavage (Figure 3) (Ma et al., 2017). Perhaps, synthetic aTASR mimics would help to reveal their mechanism of translational regulation.



PERSPECTIVES AND DISCUSSION

Terminus-associated non-coding RNAs were identified years ago, however, their definition is somewhat confused for researchers. Regarding the nomenclature, the abbreviation “UaRNAs” has been used to indicate “upstream antisense RNAs” and sometimes “3′ UTR-associated RNAs.” In terms of timing, upstream antisense RNAs (UaRNAs) were reported before 3′ UTR-associated RNAs (uaRNAs) (Chiu et al., 2006). uaRNAs were then defined according to their specific genomic location within mRNA 3′ UTRs (Mercer et al., 2011). However, UaRNAs were also later discovered and studied (Flynn et al., 2011). Therefore, the abbreviation “uaRNAs” has been given different meanings in separate studies, possibly causing confusion (Chiu et al., 2006; Flynn et al., 2011; Mercer et al., 2011; Lu et al., 2015; Ogami et al., 2017; Yu et al., 2018). To some degree, TTSa-RNAs and TASNRs broadly belong to the same class of TASRs. Indeed, when TASRs were first and systemically described, no identifiable patterns, such as genomic locations, lengths, and subcellular localizations, were unraveled (Kapranov et al., 2007). In contrast, TTSa-RNAs enriched in small RNA libraries of AGO1/2 immunoprecipitates are located before the cleavage sites of mRNAs with restricted lengths (approximately 23 nt) and exhibit nuclear localization (Valen et al., 2011; Laudadio et al., 2018). Moreover, unlike other TANRs, TASNRs are a well-known group of snoRNAs (Leng et al., 2014). Regarding CUTs and SUTs, although no clear partition between CUTs and SUTs exists, some ncRNAs defined as CUTs have been redefined as SUTs (Jacquier, 2009; Neil et al., 2009; Xu et al., 2009). Recently, a uniform annotation system for transcript boundaries has been proposed. This annotation is based on their genomic positions and sequence lengths, and provides suggestions for additional classifications of TANRs, for instance according to their biogenesis pathways, modes of action, and biological outputs (Yu et al., 2018). However, as more and diverse TANRs are found in other eukaryotes, a new, more elaborate nomenclature for TANR classification should be proposed, including detailed information on their genomic location, originating strand, biogenesis pathway, and functions.

The discovery of novel transcripts around annotated transcripts also challenges the concept of gene (Gerstein et al., 2007; Gingeras, 2007). Indeed, not only mRNAs but also lncRNAs can generate functional TANRs. A well-known example is MALAT1-associated small cytoplasmic RNA (mascRNA), generated from the nascent lncRNA metastasis associated lung adenocarcinoma transcript 1 (MALAT1). MascRNA is located at the 3′ end of mature MALAT1, and its maturation is dependent on RNase P (Wilusz et al., 2008). Functional studies of mascRNA found that this ncRNA is involved in cardiovascular innate immunity (Gast et al., 2016). Surprisingly, mascRNA could function as a translational enhancer when placed downstream of cGFP in vivo (Wilusz et al., 2012). Studies of the function and biogenesis of mascRNA suggested that TANRs originating from lncRNAs also play an important role in regulating gene expression. Furthermore, several studies have found that ends of both some mRNAs and certain lncRNAs contained conserved secondary structures that might generate TANRs (Kertesz et al., 2010; Nguyen et al., 2016; Yu et al., 2017). Hence, the possible presence of TANRs should not be ignored in either protein-coding or non-protein-coding loci.

Although TANRs can derive from different pathways, their biogenesis might involve the cross-talk of several regulatory mechanisms. For instance, transcription and posttranscriptional processing are important steps of the maturation of TANRs. Furthermore, the carboxy-terminal domain (CTD) of RNAPII is important for coupling mRNA transcription and processing (McCracken et al., 1997; Proudfoot et al., 2002; Ahn et al., 2004; Bentley, 2005). Indeed, by interacting with splicing and 3′ cleavage factors, RNAPII couples transcription, splicing, and cleavage of mRNA precursors (Ahn et al., 2004). Meanwhile, terminal sites are associated with pausing of RNA polymerase (Schwalb et al., 2016). Thus, whether TANRs maturate during a coupled process of transcription and posttranscriptional cleavage or they are derived from RNAPII backtracking remains unknown. Thus, new methods for detecting nascent RNAs or the use of mutants in mRNA 3′ end maturation pathways may shed some light on TANR biogenesis (Wissink et al., 2019; Furlan et al., 2020).

Given the heterogeneity of TANRs, unraveling their functions has become one of the most basic and pressing issues. 3′ UTRs usually harbor critical elements for gene expression, such as miRNA response elements (MREs). Therefore, TANRs that contain MREs may act as miRNA sponges, thus protecting the corresponding mRNAs from translational repression or degradation. For instance, uaRNA FLJ11812 functions as a ceRNA by sponging miR-4459 from its target mRNAs, thereby providing a novel direction for functional studies (Ge et al., 2014; Lu et al., 2015). Furthermore, the formation of gene loops juxtaposing the promoter and terminator has been reported in several organisms, and gene looping is thought to mediate long-distance transcriptional regulation (Bratkowski et al., 2018). However, it is unclear whether TANR-mediated gene looping is required for guiding DNA methylation, mRNA processing, or other processes. Nevertheless, the occurrence of miRNA sponging and gene looping provides novel directions for functional studies of sense TANRs. As for antisense ncRNAs, the discovery of chromatin-based transcription interference also suggested a new mechanism of TANR function (Gill et al., 2020).

Once a TANR is discovered, it is challenging to know how to study its function. Basic information, such as the abundance of related mRNAs, the secondary structure, and the subcellular localization of TANRs, aids in understanding their possible functions. For detailed functional studies, induced upregulation and downregulation of TANRs represent an appropriate strategy for primary functional studies. To achieve upregulation, overexpression or synthesis of certain TANRs represents available methods. However, for most TANRs overlapping with certain 3′ UTRs that harbor important regulatory elements, some technical issues need to be overcome to eliminate the potential impact of induced downregulation on the upstream transcripts. Currently, siRNA screens and the application of CRISPR (clustered regularly interspaced short palindromic repeats)-Cas9 to delete certain DNA regions provide useful tools for functional annotation of TANRs in a native context (Zhao et al., 2017).

In summary, the discovery of TANRs in different eukaryotes suggested that they are abundant and conserved. Moreover, studies of the biogenesis and functions of TANRs indicated that they can play important roles in different cellular activities. However, since TANRs represent a novel group of ncRNAs, their biogenesis and functions still require further research. As more information about different TANRs is being reported, their involvement in the regulation of gene expression is due to be unfolded in full and presents one more intriguing observation of the versatility of RNA function.
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HIV-1 Tat protein is essential for virus production. RNA-binding proteins that facilitate Tat production may be absent or downregulated in resting CD4+ T-cells, the main reservoir of latent HIV in people with HIV (PWH) on antiretroviral therapy (ART). In this study, we examined the role of Tat RNA-binding proteins on the expression of Tat and control of latent and productive infection. Affinity purification coupled with mass spectrometry analysis was used to detect binding partners of MS2-tagged tat mRNA in a T cell-line model of HIV latency. The effect of knockdown and overexpression of the proteins of interest on Tat transactivation and translation was assessed by luciferase-based reporter assays and infections with a dual color HIV reporter virus. Out of the 243 interactions identified, knockdown of SRP14 (Signal Recognition Particle 14) negatively affected tat mRNA processing and translation as well as Tat-mediated transactivation, which led to an increase in latent infection. On the other hand, knockdown of HMGB3 (High Mobility Group Box 3) resulted in an increase in Tat transactivation and translation as well as an increase in productive infection. Footprinting experiments revealed that SRP14 and HMGB3 proteins bind to TIM-TAM, a conserved RNA sequence-structure in tat mRNA that functions as a Tat IRES modulator of tat mRNA. Overexpression of SRP14 in resting CD4+ T-cells from patients on ART was sufficient to reverse HIV-1 latency and induce virus production. The role of SRP14 and HMGB3 proteins in controlling HIV Tat expression during latency will be further assessed as potential drug targets.
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INTRODUCTION

The persistence of a reservoir of resting CD4+ T-cells harboring silent provirus is the major impediment toward attaining a cure for HIV-1 (Deeks et al., 2016). Despite two decades of intensive investigation, the mechanisms contributing toward establishment and maintenance of latent infection in vivo remain incompletely understood (Khoury et al., 2018a). To date, blocks to the initiation of transcription have been the most widely studied and targeted for reversal of latent infection in clinical trials (Ait-Ammar et al., 2020). In these trials, reactivation of virus in the form of cell-associated HIV-1 RNA is detected but decay of the reservoir is almost never induced (Zerbato et al., 2019). Successful production of HIV-1 protein would be required to prime the immune response after reactivation of virus, and results of these trials suggest that additional blocks are present in the latently infected cell that prevent complete processing of RNA or translation to occur. The production of multiply spliced (MS) mRNA is required for successful production of HIV-1 virions, and these transcripts are not always detected after treatment with latency-reversing agents (Pasternak and Berkhout, 2018). We recently found that production of MS RNA is a better indication of virus reactivation ex vivo (Zerbato et al., 2021). In addition, a recent study showed that latent infection in blood CD4+ T cells from HIV-1 infected individuals on suppressive therapy was due to blocks in the post-initiation stages of transcription, including elongation, RNA-capping and splicing (Yukl et al., 2018).

The HIV-1 regulatory protein, Tat, is essential for successful transcription of the HIV-1 genome and virus production in natural infection (Ott et al., 2011). Whilst transcription initiation is a Tat-independent process, Tat is required for efficient elongation of transcription as the association of the negative factors DSIF (DRB Sensitivity-Inducing Factor) and NELF (Negative ELongation Factor) with the RNA polymerase II causes promoter-proximal pausing (Ping and Rana, 2001). Tat liberates its co-factor, the positive transcription elongation factor-b (P-TEFb), from its sequestration in the inactive 7SK snRNP complex (Krueger et al., 2010; Muniz et al., 2010), to associate with and phosphorylate DSIF and the carboxy-terminus of the stalled RNA polymerase II resulting in release of the transcriptional complex (Ping and Rana, 2001). Notably, Tat is also involved in the other post-transcriptional processes of RNA polyadenylation and splicing (Chiu et al., 2001, 2002; Schapira et al., 2003; Jablonski et al., 2010) where additional blocks to HIV-1 transcription in latent infection have been suggested. There are multiple pieces of evidence supporting the importance of Tat in diverting the integrated provirus away from latent infection. Fluctuations in the levels of Tat protein are a strong indicator of whether a cell will enter latency (Weinberger et al., 2005; Razooky et al., 2015). Nuclear retention of the multiply spliced RNAs that encode Tat or the presence of low levels of Tat protein contribute to maintaining the cells in a latent state (Lassen et al., 2006). Exogenous Tat delivered into latently infected cells inhibited proviral entry into latency, whilst established latency can be reversed by Tat (Donahue et al., 2012). Over time on suppressive therapy, mutations detrimental to Tat function accumulate, contributing to the persistence of latent provirus (Yukl et al., 2009).

We recently characterized the presence of an RNA regulatory element underlying Tat-encoding sequence, which we termed TIM-TAM (Tat IRES modulator of tat mRNA) (Khoury et al., 2020). We showed that TIM-TAM is involved in regulating latent infection, as viruses carrying a silent mutation disrupting the secondary structure of TIM-TAM resulted in a restriction in establishment of latency in primary CD4+ T-cells. Furthermore, reactivation of latent HIV-1 from the CCL19 primary cell model (Saleh et al., 2011; Spina et al., 2013) infected with virus carrying mutated TIM-TAM was affected after treatment with PMA/PHA (Phorbol Myristate Acetate/PHytohAemagglutinin). The TIM-TAM was also shown to exhibit the properties of an internal ribosome entry site (IRES), RNA structures that facilitate translation initiation in a cap-independent manner.

Proteins required for processing and translation of tat mRNAs may be differentially expressed in cells carrying latent provirus and in cells undergoing productive infection. The recent study by Moron-Lopez et al. (2020) showed that human splice factors were differentially expressed between unstimulated and activated cells from ART-suppressed individuals. Activation of the splice acceptor 3 (SA3) site in the HIV-1 genome is required for production of tat mRNA, the use of which is tightly regulated by splicing silencers and enhancers (Saliou et al., 2009). In addition to translation initiation factors, auxiliary proteins unique to a particular IRES element may affect IRES function positively or negatively (Lozano and Martínez-Salas, 2015). Several proteins, including HNRNPA1, DDX3, hRIP and HuR (Monette et al., 2009; Rivas-Aravena et al., 2009; Liu et al., 2011) have been reported to impact the function of the HIV-1 5′UTR IRES element.

In this study, we used affinity purification coupled mass spectrometry analysis to identify cellular RNA-binding proteins that interact with tat mRNA during productive and latent infection. Using a principal component analysis-based scoring system, a short-list of thirteen proteins were chosen for follow-up investigation. Knockdown (KD) and overexpression assays were used to investigate the roles of these proteins in latent and productive infection of HIV-1 with a dual-fluorescent reporter virus. The effect of KD of these proteins on the various stages of Tat expression—Tat mRNA splicing, Tat translation and Tat transactivation—were explored using luminescence-based reporter systems. The affinity purification approach and downstream validation assay systems allowed identification of Tat-RNA binding proteins that are differentially expressed in resting and activated CD4+ T-cells isolated from people living with HIV on ART and are potential druggable targets for modulation of HIV-1 latency.



MATERIALS AND METHODS


RNP Purification by MS2 Selection Affinity

HIV 5′UTRtat1-Tat (NL4-3, nt 455–743; 5777-6044; 8369–8414) and Tat (nt 5,830–6,044; 8369–8414) fragments were amplified and cloned into NheI and EcoRI restriction sites of pcDNA3.1(-)::MS2 plasmid, upstream of 3× MS2 stem-loops (BamHI-KpnI). RNAs were generated by run-off transcription with T7 MEGAscript kit (Promega) using KpnI linearized plasmids. DNA templates were digested with RQ1 RNase-Free DNase (Promega) and RNA were recovered by lithium chloride precipitation then dissolved in MilliQ water. J-Lat cells [clone 6.3, from NIH AIDS Reagent Program, (Jordan et al., 2003)] were expanded in RPMI supplemented with 10% FBS to 108 cells per sample, left untreated or stimulated with TNF-α (20 ng/mL) for 24 h. Activation of virus expression was validated by flow cytometry (GFP+ expression) and p24CA-ELISA as previously described (Khoury et al., 2020). Cells were then collected and lyzed with ice-cold lysis buffer (50 mM Tris-HCl pH 8, 1 mM EDTA, 150 mM NaCl, 0.1% IgePal) supplemented with protease inhibitors (Roche) for 30 min at 4°C. Protein cell extracts were dialyzed before use against buffer D 1× [Hepes KOH pH 7.9 20 mM, KCl 100 mM, glycerol 20%, EDTA 0.2 mM, DTT 0.5 mM) + MgCl2 3 mM + protease inhibitor tablet (Roche)] for 2 h at 4°C, followed by centrifugation for 10 min at 1,700 × g at 4°C. Five hundred pmol of MS2-tagged RNAs into 100 μl buffer D 1× were denatured by 10 min heating at 65°C, followed by slow cooling at room temperature with addition of 7.75 μl of 62.5 mM MgCl2 to a final concentration of 4.5 mM MgCl2. After 10 min incubation at room temperature, RNAs were incubated with a fivefold molar excess of purified MBP-MS2 fusion protein at 4°C for 20 min. The RNA-MS2:MS2-MBP complexes formed were incubated with amylose beads (200 μl, GE Healthcare) equilibrated in buffer D for 2 h at 4°C. After three washes with 500 μl of buffer D, 1 mg of protein extract supplemented with 5 μM of yeast tRNAs (Sigma-Aldrich) was added. After 20 min of incubation at 4°C with constant agitation, three successive washes were performed in Buffer D and RNP complexes eluted twice by incubation for 20 min at room temperature with 200 μl of Buffer D containing 10 mM maltose. Half of the eluted RNP complexes were processed in solution for mass spectrometry analyses. For western-blot analysis, 10% of the eluted material was used. Experiments were repeated three independent times using different batches of RNA and protein lysate.



Mass Spectrometry Analysis

TCEP (10 mM, Thermo Fisher Scientific) was added to the eluted sample to reduce the cysteine bonds in proteins, and heated for 20 min at 60°C followed by alkylation of cysteines using 25 mM Iodoacetamide (Sigma-Aldrich) for 20 min at RT in the dark. Samples were subjected to proteolytic cleavage by addition of 1 μg of trypsin protease from porcine pancreas per 100 μg of protein and incubated overnight at 37°C under agitation. Reactions were stopped by addition of formic acid and the resultant peptides were concentrated using C18-packed tips (BondElut, Agilent/Varian). The peptides were subject to online trapping using a PepMap100 trap column at 15 μL/min followed by separation on PepMap 100 C18 nanocolumn (50 cm × 75μm) using a 30-min gradient of Buffer B (80% ACN 0.1% Formic acid) over Buffer A (0.1% Formic acid). The online separated peptides were analyzed using a Q-Exactive plus mass spectrometer (Thermo Fisher Scientific, Bremen, Germany). The survey scans were acquired at 70,000 resolution from 375 to 1,800 m/z, the ion accumulation target was set to 3e6 with maximum injection time of 120 ms. A total of 12 most intense ions (with charge more than 2) were sequentially isolated and fragmented by higher-energy collisional dissociation (HCD) set to 27%, at a resolution of 17,500, target of 1e5 ions and maximum injection time of 120 ms. To identify protein groups, data acquired was converted into mgf and searched against Swissprot human database (version 2016_12) using ProteinPilot software (v4.0, SCIEX) with the following search parameters: Iodoacetamide alkylation, trypsin enzyme digestion, instrument-specific settings for TripleTOF 5600 + (MS tolerance 0.05 Da, MS/MS tolerance 0.1 Da, charge state + 2– + 5), biological modification probabilistic features on, thorough ID algorithm, and detected protein threshold 0.05. Mass Spectrometry Interaction Statistics (MiST) (Jäger et al., 2011) analysis was conducted to sort proteins based on specificity, reproducibility and abundance over the three replicates. The mass spectrometry proteomics data have been deposited to the ProteomeXchange Consortium via the PRIDE (Perez-Riverol et al., 2019) partner repository with the dataset identifier PXD025782.



Generation of Knockdown RFP+ Jurkat Cell Lines

Three or four Sherwood UltramiR shRNA viral particles (106–107 TU/mL) against each of the 15 protein targets of interest were obtained from TransOmic Technologies. The pZIP (SFFV) shRNA-mir lentivectors constitutively express the short hairpin RNA (shRNA-mir), puromycin selection marker and red fluorescent protein (RFP) driven by the Spleen Focus Forming Virus (SFFV) promoter. Jurkat cells (2.1×105) were transduced with 100 μL of pooled pseudoviruses for each protein target separately at a MOI of 2.5. Spinoculation was conducted at 1,200 × g for 2 h at 23°C in a flat-bottom 96-well plate. Cells were incubated at 37°C for 72 h then sorted on RFP+ expression on an Astrios cell sorter (Beckman Coulter). Bulk populations were then kept in culture under 0.7 μg/mL puromycin selection. Single clones expressing high levels of RFP+ cells were selected from the bulk population on the BD FACSAria III. Bulk and single clones were maintained under constant puromycin selection then surviving clones were expanded. Cells were collected for RT-qPCR analysis as well as immunoblotting.



Cloning of Tat Expression Reporter Constructs

For the Tat/GH1 constructs, HIV-1 sequences were derived from pNL4-3 (M. Martin, NIH, Bethesda, MD, United States), GH1 sequences were amplified from pØhGH (Nichols Institute Diagnostics), LucF from pGL4.13[luc2/SV40] (Promega), and LucR from pGL4.73[hRluc/SV40] (Promega). These segments were assembled by SOE-PCR and cloned into the pcDNA3.1- (Invitrogen) backbone via use of the Xho1 and XbaI sites. The NT5C3 splicing constructs were cloned into the pcDNA3.1- backbone through cleavage of NhoI and NheI where the NT5C3 cellular sequences were amplified from HeLa cell genomic DNA and the other components derived as for the Tat/GH1 constructs.



DNA Transfection of KD RFP + Cells and Luciferase Analysis

Bulk populations or single clones of the KD RFP+ Jurkat cell lines (6×104 cells) were plated into a round-bottom 96-well plate. Media was completely removed and cells were transfected with 1.6 μg reporter constructs using DMRIE-C reagent (1:2.5, Invitrogen) in 62.5 μL Opti-MEM (Gibco). For transactivation assays, 200 ng of Tat WT and 1 μg of Tat hGH reporter construct with 300 ng of both LTR-lucFirefly and lucRenilla. For translation assays, 300 ng of Tat-Cap or IRES LucF reporter constructs were used with 300 ng of lucRenilla for normalization. For splicing assays, 300 ng of Tat+ or Tat- reporter constructs with 300 ng of LTR-lucFirefly. Three hours post-transfection, DNA:DMRIE-C mix was removed and media replenished. Twenty-four hours post-transfection, cells were collected and luciferase activity was measured following lysis in 40 μL of 1X passive lysis buffer using a FLUOstar plate reader with the dual-luciferase reporter assay (Promega).



Virus Production and Transduction

R7GEmTB dual color reporter virus was produced by replacing mCherry into R7GEmC [obtained from NIH AIDS Reagent Program, (Calvanese et al., 2013)] with mtagBFP2 fluorescent protein. SRP14 and PTB cDNA were cloned into pInducer10 lentivector (Meerbrey et al., 2011) by replacing tRFP-shRNA cassette with protein ORF-T2A-mtagBFP2. Viral stocks were generated by transfecting the proviral constructs into HEK 293T cells with Lipofectamine 2000 (Invitrogen) in serum free media (Opti-MEM, Gibco). Supernatants were collected after 72 h, clarified by centrifugation and 0.45 μm filtration to clear cell debris. Particles were concentrated using microcon centrifugal filter device (30K, Merck Millipore) or pelleted by overlaying supernatant on a cushion of 20% (w/v) sucrose in TNE buffer (10 mM Tris-HCl pH 8, 1 mM EDTA, 150 mM NaCl) in Ultra Clear Thinwall tubes and centrifugation at 24,200 rpm for 2 h at 4°C (Beckman SW28/SW41Ti rotor). Viral particle pellets were resuspended into Opti-MEM and stored at –80°C. Virus titres were quantified by measuring p24CA levels by capture ELISA as previously described (Khoury et al., 2020) and titration into TZM-bl cells (Sarzotti-Kelsoe et al., 2014). KD RFP+ Jurkat cells and CD4+ T-cells (106 cells) were infected with 40 and 100 ng R7GEmTB virus (+Env 92HT593.1), respectively. Cells were spinoculated at 1,200 × g for 2 h at 23°C in a 96 well flat-bottom plate and incubated at 37°C for 3 days. Cells were collected, washed and resuspended in 100 μL of 1X PBS then loaded onto cover slips that had been pre-coated with poly-L-Lysine 0.01% (Sigma-Aldrich). Cells were incubated for 1 h on the coverslip then rinsed with PBS 1X and fixed with 2% PFA. Cells were treated with glycine 0.2 M for 10 min at room temperature then rinsed with PBS 1X and H2O. Coverslips were inverted on a microscope slide containing ProLong Gold Antifade Mountant (Thermo Fisher Scientific). Images were acquired on LSM710 confocal microscope using Zeiss Zen software. J-Lat 10.6, 8.4 and A2 (obtained from the NIH AIDS reagent program) were infected via spinoculation at 1,500 × g for 2 h at 23°C followed by 1 h incubation at 37°C before replenishing the culture with fresh media without or with 5 μg/mL doxycycline. Two days post-infection, cells were washed and stained with Near-IR Live/Dead fixable dead cell staining (Invitrogen). Finally, cells were washed, fixed with 1% formaldehyde and acquired using a Fortessa flow cytometry instrument (BD Bioscience). Analysis was performed using FlowJo Software, version 10.4.2.



Ethics

The studies involving the use of blood samples from HIV negative donors were reviewed and approved by the Human Research and Ethics Committees from the University of Melbourne (15-09VIC-03 and 17-08VIC-01). All HIV-1 seronegative donors were recruited by the Red Cross Blood Bank (Melbourne, Australia) and provided written informed consent for the use of their blood products for the research. The use of blood samples from people living with HIV was approved by the Alfred Hospital (HREC214/15) for the study entitled Large volume peripheral blood mononuclear cells (PBMCs) collection by leukapheresis to define HIV persistence in HIV-infected adults. All participants provided informed consent and the protocol was approved by the local Institutional Review Board.



Participant Details

PBMCs from people living with HIV on ART with a viral load < 20 copies/mL for ≥3 years were collected by leukapheresis (Alfred Hospital, Melbourne, Australia; Supplementary Table 1) and stored in liquid nitrogen. Resting CD4+ T-cells (purity > 95%) were isolated from PBMCs by negative selection using CD4+ T-cell isolation kit (Miltenyi Biotec) supplemented with anti-CD69 (clone L78, BD) and anti-HLA-DR (clone 2-O6). CD4+ T-cells were activated with anti-CD3/CD28 (coated α-CD3 clone OKT3, BD, 1 μg/mL and soluble α-CD28 clone L293, BD, 0.5 μg/mL) for 48 h at 37°C.



Western-Blot

Resting and activated CD4+ T-cells isolated from patients under ART (30×106 cells) were lysed for 30 min on ice using ice-cold IGEPAL cell lysis buffer (Tris-HCl pH 8.8 50 mM, NaCl 150 mM, IGEPAL 1%, EDTA 1 mM) supplemented with protease inhibitor cocktail (CompleteTM, Mini, EDTA-free Protease Inhibitor Cocktail, Roche). Cell lysate was cleared and quantified using the Bio-Rad Protein Assay Reagent (Bio-Rad). Equal amounts of each sample (20 μg) were loaded on 15% SDS-PAGE, transferred to nitrocellulose membrane. Blots were probed with anti-SRP14 (B-3, sc-377012, Santa Cruz) at 1:10, anti-HMGB3 (clone 546519, R&D) 1:1,000, anti-PTB (clone 7, #325000, Invitrogen) at 1:500 and anti-GAPDH (14C10, Cell Signaling) at 1:1,000. Antibodies were detected using either goat anti-rabbit (Invitrogen, #656120) or goat anti-mouse IgG (H + L) HRP (Invitrogen, #626520) at 1/5,000 and developed with SuperSignal West Pico Chemiluminescent Substrate (Thermo Fisher Scientifc). Images were visualized using an MF-ChemiBis 3.2 imaging system (DNR).



Quantitative Real-Time PCR Analysis

RNA from resting and activated CD4+ T-cells isolated from patients under ART (15×106 cells) and bulk and individual clone of interest for the KD RFP + Jurkat cells as well as untransduced Jurkats were extracted using TRIzol following the manufacturer’s protocol. RNA (500 ng) was DNase-treated with RQ1 DNase (Promega) and reverse transcribed using 4 U OmniScript (Qiagen) with dNTP (0.5 mM), random hexamers (2 μM), oligo(dT)15 (1 μM), and RNasin (10 U) in 30 μL reactions for 1 h at 37°C. Real-time PCR was performed on CFX Connect real-time PCR detection system (Bio-Rad) using Fast SYBR Green Master Mix (Applied Biosystems), forward/reverse primers (Supplementary Table 2) at 500 nM final concentration, 2 μL of undiluted cDNA in reactions with a final volume of 20 μL. Each sample was assayed in duplicate and normalized on GAPDH content and untransduced Jurkat cells for KD RFP + Jurkats or 18S content and activated CD4+ T-cells for primary CD4+ T-cells. Cycling conditions used were 95°C for 10 min for activation of the DNA polymerase followed by 45 cycles of denaturation at 95°C for 3 s and annealing/extension at 60°C for 20 s. Melt curve analysis was performed each time with a starting temperature of 60°C, increasing to 95°C with 0.5°C increments every 0.05 s. Data were analyzed on CFX Manager 3.0 software employing 2−ΔΔCt to determine fold changes.



T-Cell Electroporation

Electroporation of resting CD4+ T-cells was performed using an Amaxa human T-cell Nucleofector kit (Lonza). Purified resting CD4+ T-cells (5.3×106) were re-suspended in 100 μl nucleofector solution (4.5:1 ratio of human T-cell nucleofector solution:supplement) and transfected with 1.2 μg DNA per 106 cell using Amaxa nucleofector program U-014 for high viability. Cells were then transferred into a 12-well plate containing pre-equilibrated media, followed by half-media change 6 h post-nucleofection. Cells were maintained for 48 h at 37°C in media supplemented with 1% FBS and 1 U/mL IL-2, with or without 5 μg/mL doxycycline. After 2 days, cells were collected and stained for CD25 (PE-Cy7, clone 2A3, BD) and HLA-DR (V605, clone L243 BioLegend) activation markers in comparison to PHA stimulated (10 μg/mL) cells. Culture supernatant was also harvested and viral RNA was isolated using QIAamp Viral RNA Mini Kit (Qiagen) following the manufacturer’s protocol. vRNA was DNase treated (2 U/μg RNA, Promega) and reversed transcribed using Omniscript as described above. HIV RNA levels were assessed using droplet digital PCR (ddPCR) using pol primers/probe (Supplementary Table 2). Thermal cycling was conducted as follows: 95°C for 10 min, 40 cycles of 94°C for 30 s and 60°C for 60 s, followed by 98°C for 10 min (ramp rate 2°C/s for each step) on a C1000 Touch Thermal cycler (Bio-Rad). The droplets were subsequently read on a QX200 droplet reader (Bio-Rad) and the data were analyzed with Quanta-Soft 1.7.4 software. The limit of detection of our assay was of 58 copies/mL.



Recombinant Proteins

Production and purification of MBP-MS2 protein was done as previously described (Deckert et al., 2006). cDNA encoding SRP14, HMGB3 and PTB were cloned into NheI and HindIII restriction sites of pET28a + bacterial vector (Novagen) allowing the expression of N-terminally 6×-His tagged proteins. All recombinant proteins were expressed in E. coli BL21 (DE3) Codon + bacteria grown in LB/Kanamycin and induced by addition of 0.1 mM IPTG overnight at 37°C (for PTB and SRP14) or 30°C (for HMGB3). Cells were sonicated in lysis buffer containing 20 mM potassium phosphate pH 7.4 (pH to 6 for HMGB3), 1M KCl, 1 mM DTT, 20 mM imidazole and protease inhibitor cocktail (Roche), then treated with 1.5 mg/mL lysozyme (from chicken egg white, Sigma-Aldrich) for 20 min on ice. Soluble proteins were purified by polyethyleneimine (0.4% final) followed by ammonium sulfate precipitation (30% for SRP14 and PTB; 40% then 60% precipitation for HMGB3). Proteins were purified by affinity purification using Ni-NTA affinity resin (Qiagen) coupled to an Äkta pure FPLC (GE Healthcare). The bound proteins were eluted with a linear imidazole gradient (20 mM to 500 mM). Proteins were buffer exchanged into buffer D (20 mM HEPES–KOH pH 7.9, 100 mM KCl, 0.2 mM EDTA, 3 mM MgCl2, 0.5 mM DTT, 20% glycerol) using PD-10 desalting columns (GE Healthcare) followed by concentration using 3, 10, and 30 k cutoff amicon columns (Merck) for SRP14, HMGB3 and PTB, respectively. Proteins concentration was determined using UV spectroscopy at 280 nm. Purity was confirmed by 12.5% SDS-PAGE and western-blot analysis using protein specific antibodies and anti-His HRP conjugated antibody (clone J099B12, BioLegend) at 1:500.



Footprinting Assays

Footprinting analysis was performed by SHAPE as previously described (Mortimer and Weeks, 2007). Briefly, tat2 RNA was generated by run-off transcription using Sp6 MEGAscript kit (Promega) and pSP65::tat2 construct linearized with ClaI. In vitro transcribed tat2 RNA (1 pmol) was probed in 3× folding buffer (333 mM HEPES–KOH pH 8, 333 mM NaCl, 33.3 mM MgCl2) in the presence or absence of SRP14, HMGB3 or PTB recombinant protein at 5, 10 and 20 protein/RNA molar ratio (0.41–1.6 μM). RNP complexes were formed by incubation for 20 min at room temperature then probed with 1-methyl-7-nitroisatoic anhydride (1M7, 65 mM in DMSO) or DMSO for 4 min at 37°C, then recovered by ethanol precipitation. Primer extension was conducted as described previously with 0.4 μM fluorescently labeled odp3102 primer (6-FAM or HEX, Sigma-Aldrich, Supplementary Table 2). The dideoxy sequencing reactions were generated using unmodified RNA, labeled primers (PET or NED, Applied Biosystems) and 0.5 mM ddGTP. cDNAs were recovered by ethanol precipitation and separated by capillary electrophoresis with LIZ500 size standard (ABI 3130, AGRF). Data was processed using the QuShape software (Karabiber et al., 2013). Protections induced by SRP14, HMGB3 or PTB binding were indicated by a reduction in the normalized SHAPE reactivities.



RESULTS


Detection of 243 Putative Tat-RNA and Cellular Protein Interactions

To explore MS RNA binding partners during latency, we initiated a proteomic approach based on affinity chromatography purification of RNA-protein complexes (Maenner et al., 2010; Bar et al., 2011) formed upon incubation of in vitro transcribed tat RNA with protein lysate, followed by protein identification by mass spectrometry. An overview of the processes is shown in Figure 1A. Protein lysates were prepared from the HIV-1 latently infected T cell line, J-Lat6.3 where the cells were either left untreated (latent infection) or activated with TNF-α (productive infection). The RNA of interest, 5′UTRtat1-Tat and Tat with three binding sites for the MS2 coat protein fused at their 3′-ends were used as baits. In parallel, a control RNA that only contained the three MS2 binding sites was used. RNA retention to amylose beads was mediated by the MS2-MBP fusion protein containing the MS2 coat protein RNA binding domain and the E. coli maltose binding protein (MBP). RNP complexes were eluted by maltose and the protein composition of the purified RNPs were analyzed by mass spectrometry. The proteins identified by MS were quantitatively scored using the mass spectrometry interaction statistics (MiST) platform devised by Jäger et al. (2011).
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FIGURE 1. Enrichment in mRNA processing and translation factors assembling on tat mRNA. (A) Representation of the affinity purification strategy used for isolation of cellular RNA binding proteins that interact with tat mRNA. Whole cell lysates were prepared from the latently infected T-cells, J-Lat clone 6.3 where untreated cells were used as the latent sample and TNF-α activated cells were used as the productively infected sample. Cellular proteins that interact with tat mRNA were pulled down through MBP-MS2 affinity purification using two RNA baits that contained Tat exon 2 with or without the 5′UTR from tat1 mRNA and fused to three MS2 sequences. Eluted RNA-protein complexes were analyzed by mass spectrometry. MiST analysis was used to determine the most biologically relevant interactions after combining data from three replicates. (B) The filtering steps applied to refine the mass spectrometry data. Prey binding to the control bait, MS2 RNA were excluded, followed by removal of duplicate prey captured by baits A (5′UTRtat-Tat) and B (Tat RNA). Prey were then defined as derived from uniquely –TNFa or +TNFa lysates or from both. Lastly, MiST analysis was applied to score interactions and a confidence threshold of 0.7 was used to refine the list of candidates for relevant Tat mRNA: cellular protein interactions. (C) Breakdown of the 243 proteins selected by MiST analysis by bait and lysate. (D) Annotation of the 243 proteins based on GO biological process.


Several filtering steps described in Figure 1B were applied to refine the protein preys obtained by MBP-MS2 pull-down for generation of a list of 1,700 unique proteins where duplicates between the different conditions were accounted for. These 1,700 proteins were quantitatively scored based on their abundance, reproducibility and specificity and 243 putative Tat RNA:protein interactions were identified using a confidence threshold of 0.7 for biological relevance (Figure 1B).

As expected, when assigned to their respective bait (Figure 1C, bar graph) or protein lysate (Figure 1C, Venn Diagram), we observed a larger number of proteins interacting with the longer RNA bait (191 proteins interacting with the 5′UTRtat1-Tat-MS2 vs. 82 with Tat-MS2). Moreover, a higher number of interactions were detected with the lysates prepared from activated T-cells (147 proteins for +TFNα vs. 111 proteins for −TNFα). Analysis of the 243 proteins by broad gene ontology terms (Spliceosome database, Cvitkovic and Jurica, 2013) showed that the top two overrepresented annotated biological processes were mRNA processing and translation (Figure 1D). Analysis of the GO molecular function also showed a predominance of RNA-binding proteins (Supplementary Figure 1).



Knockdown of Tat RNA Binding Proteins Affect Latent and Productive Infection of HIV-1

From the 243 proteins identified through MS2 chromatography affinity purification, thirteen proteins were selected to follow through with validation studies (Figure 2A and Supplementary Table 3). The main criteria for selection were the MiST score, the role of the protein in cellular pathways and the novelty of the protein in the context of regulation of HIV-1 latent infection. Two additional proteins, PTB1 and HSP90A were selected as controls as both proteins have previously been shown to be involved in regulation of HIV-1 latency (Lassen et al., 2006; Anderson et al., 2014).
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FIGURE 2. SRP14 and HMGB3 knockdown impact HIV latent and productive infection. (A) Short-list of 13 proteins chosen for follow-up validation and two control proteins, PTB and HSP90A that are known regulators of HIV-1 replication. (B) Genome of the single round DuoFluo virus [R7/E-/GFP-EF1α-mTagBFP2 (R7GEmTB)] used in this study. The fluorescence profiles that correspond to latent or productive infection are shown in the grid. (C) Bulk populations of RFP+ shRNA knockdown (KD) Jurkats were infected with the single round DuoFluo virus pseudotyped with the dual-tropic 92HT593.1 envelope, and collected 48 h later for flow cytometry analysis. Percentage of productive or latently infected cells after knockdown of the specific protein is shown, with productive infection in green and latent infection in blue. Data shown are means of three independent experiments ± SEM. (D) Scatter plots highlighting the shift in GFP+ or BFP+ populations after infection of RFP+ SRP14 (top) or HMGB3 (bottom) KD Jurkats with DuoFluo virus. Black population represent infected, untransduced Jurkat cells, while green/blue populations represent infected SRP14/HMGB3 KD RFP+ Jurkats. Values represent the percentage of GFP+ or BFP+ cells in KD RFP+ Jurkat cells.


For further refinement of the list of candidates for in-depth investigation, we assessed the effect of knockdown of the proteins on HIV-1 latent and productive infection. Jurkat T-cells were transduced with shRNA expressing lentivectors targeting each of the fifteen protein targets for knockdown (KD). MCM5 KD induced high cell death hence MCM5 was excluded from further investigation. Successfully transduced cells were sorted into a bulk population by RFP+ expression (Supplementary Figure 2A) where the degree of knockdown was heterogeneous between individual cells. Success of the knockdown of the gene targets in the bulk Jurkat cell populations were confirmed by western blot and densitometry analysis (Supplementary Figure 2B). To assess the outcome of protein knockdown on HIV-1 infection, we used a single-round dual-fluorescent reporter virus (DuoFluo, R7GEmTB) based on the R7GEmC backbone described in Calvanese et al. (2013). In our DuoFluo virus, HIV-1 5′-LTR controls eGFP expression indicative of productive infection and mTagBFP2, controlled by the EF1α promotor, is the marker of latent infection (Figure 2B). The fluorescent phenotype of cells and corresponding profile of HIV-1 infection are shown in the grid (Figure 2B). We confirmed the ability of the eGFP/mTagBFP2 expressing dual-fluorescent reporter virus to identify the presence of latently (blue, BFP+) and productively (green, GFP+ or cyan, GFP+ BFP+) infected Jurkat and primary CD4+ T-cells by fluorescence microscopy after infection with R7GEmTB (Supplementary Figure 3).

All bulk populations of the KD RFP+ Jurkat cells were infected with the DuoFluo virus and collected for flow cytometry analysis after 72 h. Levels of eGFP and mTagBFP2 expression were assessed by gating on the RFP+ population and compared against DuoFluo infected untransduced RFP- parental Jurkat cells. An increase in productive infection was detected after knockdown of FLNA, HMGB3, PTBP1, HSP90AA1, and KIF2C (Figure 2C, green bars). On the other hand, a dramatic increase in latent infection was seen after knockdown of TOP2A, SRP14, HNRNPH1, DDX1, and HNRNPL (Figure 2C, blue bars). The increase in latent infection after knockdown of TOP2A and HNRNPH1 was coupled with a decrease in productive infection.

PTB, known to facilitate the export of multiply spliced (MS) mRNAs to the cytoplasm (Lassen et al., 2006), appears to play a role in controlling latent and productive infection, as increases in both forms of infection were observed after knockdown of the protein (productive: 70.9%, latent: 7.61%). However, the effect on latent infection was smaller than expected. Interestingly, two genes, SRP14 and HMGB3 have not been previously reported to play a role in the regulation of HIV-1 replication and their knockdown here had very marked effects on latent and productive infection, respectively. Knockdown of SRP14 had no effect on productive infection but increased dramatically the percentage of cells entering into latency (17.0% vs. Jurkat 1.71%, Figure 2D). In contrast, knockdown of HMGB3 had no effect on latent infection, but increased the percentage of productively infected cells (88.8% vs. Jurkat 65.2%, Figure 2D). These data suggest that SRP14 is a negative regulator of latent infection, whilst HMGB3 is a negative regulator of productive infection.



Knockdown of SRP14 and HMGB3 Strongly Modulates Splicing at SA3

As a strong block to multiply splicing of HIV-1 mRNA was recently characterized in CD4+ T-cells isolated from patients under ART (Yukl et al., 2018), we examined the role of knockdown of the RNA binding proteins on tat mRNA splicing using an HIV-1 splicing reporter, which harbors SD1 5′ss and SA3, SA4a,b,c and SA5 3′ss (Ropers et al., 2004). In this splicing reporter construct, Tat-exon1,2 (nt 1-839/5590-6044 NL4-3) was placed in the context of a human gene to recapitulate HIV integration in latently infected cells. The context of HIV-1 integration in the latent cell line, ACH2 cells (Clouse et al., 1989, Folks et al., 1989) was used as the basis of the design hence NT5C3 exon 5 and intron 5 were incorporated upstream of the HIV-1 5′-LTR (Figure 3A). Renilla luciferase (LucR) was introduced at the 3′ end of Tat exon 2, thus an increase in LucR would indicate splicing at SA3, SA4a,b,c or SA5. Co-transfection of the splicing reporter with an LTR-LucF reporter cassette allows Firefly luciferase to be used as a specific readout of splicing at SA3 and Tat production. The effect of cellular proteins on use of SA3 in the Tat+ splicing reporter were compared to a matched Tat- splicing reporter lacking both the HIV introns and Tat exon 2 (Figure 3A). An increase in LucR expression in the Tat- context shows the promotion of splicing between the cellular splice site, SDc site at the 3′ end of NT5C3 exon 5 and the SAc upstream of the 5′-LTR.
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FIGURE 3. SRP14 and HMGB3 knockdown influence tat mRNA splicing. (A) Schematic representation of the NT5C3-Tat splicing reporter construct (Tat+), the corresponding Tat- control and the transactivation reporter cassette (LTR-LucF). The splicing patterns that lead to SA3 activation and Tat expression are indicated. RFP+ shRNA KD Jurkats were co-transfected with either the Tat+ or Tat– splicing reporter vectors and LTR-LucF, and 24 h later harvested for luciferase readout. (B) The fold changes in Tat splicing (Luciferase Firefly/Renilla ratio for Tat+ vs. Tat– cells) over untransduced Jurkat cells were determined. Data represent mean of three independent experiments ± SEM. D, donor; A, acceptor splice site.


Bulk populations of the KD RFP + Jurkat cells were co-transfected with the Tat+ or Tat- splicing reporter and the LTR-LucF cassette and harvested for luciferase analysis 24 h later. The LucF/LucR ratio was calculated for both the Tat+ and Tat- contexts in response to the knockdown of each protein target. Fold changes in Tat splicing over transfected RFP- untransduced Jurkat cells were reported in Figure 3B. Knockdown of SRP14 decreased splicing at SA3 by sixfold compared to untransduced Jurkats, whereas knockdown of HMGB3 and PTB increased the use of SA3 by 8.9- and 8.8-fold, respectively (Figure 3B). None of the other ten proteins of interest affected splicing at SA3. The effect of SRP14 and HMGB3 KD on use of SA3 is consistent with the effects of these proteins on latent and productive infection, suggesting an important role of these proteins in Tat mRNA processing and regulation of HIV-1 infection.



Knockdown of SRP14 and HMGB3 Impacts Tat Expression and Function

Major blocks of HIV transcription and translation have been reported during latency (Khoury et al., 2018a). Due to the central role of Tat protein in promoting HIV transcription and post-transcriptional events, this warranted a deeper investigation of the role of SRP14, HMGB3 and PTB on Tat expression. One caveat of using bulk populations of the KD RFP+ Jurkat cells is the large clonal variation. To circumvent this obstacle, single clones were sorted following 12 days of puromycin selection and assessed through expression of RFP by flow cytometry (Supplementary Figure 2C). To examine KD efficiency in the various clones, changes in mRNA levels compared to untreated Jurkat T-cells was determined by RT-qPCR. Importantly, we observed across all single clones tested a significant reduction in the levels of SRP14, HMGB3 and PTB mRNA compared to untransduced Jurkats (FC vs. Jurkat ≥50%, Supplementary Figure 2D).

Next, bulk and single SRP14 (B5, C10, and G4), HMGB3 (C2, D4, E7, and G9) or PTB (C10, C11, D5, and D8) shRNA KD clones were transfected with Tat expression constructs to assess the effect on Tat transactivation and translation. We previously characterized a highly conserved element underlying the Tat open reading frame, named TIM-TAM (for Tat IRES modulator of tat mRNA) and characterized its role in controlling Tat translation through cap- and IRES-dependent mechanisms (Khoury et al., 2020). Moreover, we developed a model system to assess Tat cap and IRES translation (Nguyen et al., 2019). In our IRES-dependent Tat translation expression cassette, the Tat encoding exons have been incorporated into the human growth hormone gene (GH1), where readthrough transcription and alternative splicing would allow low level expression of GH1-Tat protein through an IRES-dependent mechanism (Figure 4A). In the control construct, Tat was placed under the control of a cytomegalovirus (CMV) promoter allowing Tat expression in a cap-dependent manner. In both contexts, Tat was cloned in phase with LucF hence lucF expression is a marker of Tat translation. Bulk population and single clones of the KD RFP+ Jurkat cells were transfected with cap or IRES Tat-LucF expression constructs and harvested for luciferase analysis 24 h later. Fold changes in luciferase activity were then calculated in comparison to RFP- untransduced Jurkats. In the SRP14 KD RFP + Jurkats, Tat translation was reduced from the cap-dependent context in the bulk population and 2 of 3 single clones and from the IRES-dependent context in the bulk population and all three single clones (Figure 4A). In contrast, HMGB3 knockdown induced an increase in Tat translation from the cap-dependent context for the bulk population and 2 of 4 single clones, and in the bulk population and 3 of 4 single clones for the IRES-dependent context (Figure 4A). Lastly, knockdown of PTB resulted in a decrease in Tat translation in 2 of 4 single clones transfected with Tat-lucF construct, as well as all 4 single clones and the bulk population transfected with Tat IRES construct (Figure 4A).
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FIGURE 4. SRP14 and HMGB3 knockdown control Tat -cap and -IRES dependent translation. Diagrams depicting Tat reporter constructs used to study Tat cap- (left) or IRES- (right) dependent translation (A) and transactivation (B). Luciferase Firefly expression, which is produced in fusion with Tat (in A) or under the control of the 5′-LTR (in B), is used as a readout for Tat translation and transactivation, respectively. Bulk populations or single clones selected for knockdown of SRP14, HMGB3 or PTBP1 were transfected with Tat cap or IRES expression constructs to assess the effect on Tat translation (A) or transactivation (B). Cells were harvested for luciferase analysis 24 h later. Firefly luciferase activity (LucF) was normalized on Renilla luciferase activity (LucR) and shown as a fold change over untransduced Jurkats. Data shows mean of two independent experiments with single clones and bulk populations. CMV, cytomegalovirus promoter; GH1, human growth hormone gene.


We next investigated the effect of SRP14 and HMGB3 KD on Tat transactivation by using a modified expression cassette system, where Tat is translated through an IRES- or cap-dependent pathway and the luminescence readout is induced by Tat transactivation of an HIV-1 LTR-LucF reporter cassette. The effect on Tat transactivation after knockdown of SRP14 was variable across the single clones for both cap- and IRES-Tat translation, however, there was a clear increase in Tat transactivation for 3 out of 4 Tat-cap transfected single clones and 4 out of 4 Tat-IRES transfected single clones after knockdown of HMGB3 compared to untransduced Jurkats (Figure 4B). Knockdown of PTBP1 resulted in an increase in Tat transactivation for all single clones transfected with Tat-Cap and Tat-IRES (Figure 4B). These data demonstrate a role of SRp14 and HMGB3 in controlling HIV-1 latent and productive infection in Tat-dependent manner.



SRP14 and HMGB3 Binds in the Vicinity of Tat Start Codon

Whilst SRP14 and HMGB3 were detected in the RNP complexes (Supplementary Figure 4), further investigation was required to assess direct interaction of these proteins with tat mRNA. To delineate SRP14, HMGB3, and PTB binding sites on multiply spliced RNA, we performed footprinting assays coupled to SHAPE (selective 2′ hydroxyl acylation analyzed by primer extension) analysis. We have recently determined tat1 and tat2 mRNA folding using enzymatic and chemical probing and identified a highly conserved sequence-structure within MS RNA, TIM-TAM (Khoury et al., 2020). TIM-TAM forms the apical part of an irregular stem-loop structure SLS3A3 that harbors the Tat start codon. TIM-TAM controls the timing and level of Tat translation during the early and late phases of infection, while promoting latent infection and virus reactivation. Footprinting assays were performed on RNP complexes formed by tat2 transcript (Figure 5A) and recombinant proteins at three different [RNA]/[protein] ratios 5, 10, and 20. Normalized shape reactivities and probing data were used to determine the binding sites of SRP14, HMGB3, and PTB. At the lowest [RNA]/[protein] ratio, protections were mainly detected on SLS3A3 including TIM-TAM and its bordering sequences. Strong protections were also observed in the 5′ untranslated region, more specifically on the TAR, PBS, and DIS elements (Figure 5B). Upon increasing SRP14, HMGB3, and PTB concentration, protections of TIM-TAM were reinforced and new ones were detected on the Tat start codon and in the vicinity of SA3. Altogether, these data are consistent with direct binding of SRP14, HMGB3 as well as PTB to MS RNA highlighting a potential role of these RNA binding proteins in controlling Tat expression during latent infection.
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FIGURE 5. Interaction of SRP14, HMGB3 and PTB with tat mRNA. (A) Schematic representation of HIV-1 proviral genome, tat pre-mRNA and multiple splice events leading to tat1 and tat2 mRNAs production during the early phases of HIV-1 infection. D represent donor splice sites, A represent acceptor splice sites, 5′UTR/3′UTR indicate 5′/3′ untranslated regions. The hybridisation site used for primer extension with O-548 (also known as Odp3102) is indicated by black arrow. (B) Probing of SRP14, HMGB3, and PTB binding sites on tat2 mRNA. Tat2 transcript (1 pmol) was modified with 1M7 (65 mM) in the absence or presence of increasing concentration (0.41—0.83—1.6 μM) of recombinant proteins. Conditions of modification are given in Materials and Methods. Protections generated by SRP14, HMBG3 and PTB recombinant proteins are indicated on the secondary structure model of tat2 mRNA by blue, green and red lines, respectively. Pale, medium, and dark colors indicate the intensity of protections (low, medium and strong protections). Numbering of nucleotides and positions of the cis regulatory elements are given in reference to HIV-1 BRU (K02013). The start codon of Tat protein is circled.




SRP14 Reactivates HIV-1 Latently Infected Cells and Virus Production

To assess the role of SRP14 in controlling latent infection, we tested the effect of its overexpression on virus reactivation in a T-cell line model of latent infection, using the J-Lat 10.6, 8.4 and A2 clones. J-Lats are Jurkat derived cells containing one stably integrated, but transcriptionally silenced full-length HIV-1 genome with GFP in place of the nef gene (Jordan et al., 2003). J-Lat cells were transduced with pInducer-SRP14-T2A-mtagBFP2 lentiviral vectors and cultured in the absence or presence of doxycycline (+Dox) for 2 days. Representative scatter plot highlighting mtagBFP2 expression following treatment of transduced cells with 5 μg/mL doxycycline is shown in Figure 6A. SRP14 expression was validated by western-blot analysis (data not shown). The different J-Lat clones exhibit variable levels of basal GFP expression. Upon doxycycline treatment, we observed an increase in GFP expression in all T-cell lines. Indeed, a significant increase in mean fluorescence intensity (MFI) was detected for BFP+GFP+ cells vs. GFP+ cells alone (Figure 6B).
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FIGURE 6. SRP14 expression reactivates latently infected T-cell lines. (A) J-Lat cells were transduced with SRP14-T2A-mtagBFP2 lentivector and cultured with (+Dox) or without (–Dox) doxycycline at 5 μg/mL. Cells were analyzed for mtagBFP2 expression by flow cytometry 72 h post-infection. (B) Histogram depicting EGFP+ expression in latently infected T-cells following transduction with SRP14-T2-mtagBFP2. Virus reactivation in J-Lat 10.6, 8.4 and A2 clones is shown by an increase in mean fluorescence intensity (MFI) of BFP(+)EGFP(+) cells in comparison to EGFP(–) and EGFP(+) cells.


To determine whether differences in RNA binding protein levels in resting and activated CD4+ T-cells might be involved in the observed effect on HIV expression, we measured SRP14, HMGB3 and PTB protein and RNA levels in resting and α-CD3/CD28 stimulated CD4+ T-cells from patients living with HIV on ART. Western-blot analysis indicated low expression levels of SRP14 and HMGB3 in resting cells, and upon stimulation a 2.5- and 18.8-fold increase in SRP14 and HMGB3 protein level was detected, respectively (Figure 7A). Similar results were observed with RT-qPCR analysis of HMGB3 mRNA levels between resting and activated CD4+ T-cells as we detected a 28.5-fold increase in HMGB3 mRNA expression following CD4+ T-cell activation (Figure 7B). However, no changes in SRP14 mRNA levels were seen in response to T-cell activation. Interestingly, while a 4.4-fold increase in PTB mRNA expression was observed, no significant change in PTB protein expression was detected following stimulation of CD4+ T-cells.
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FIGURE 7. SRP14 and PTB expression induce HIV expression in primary CD4+ T-cells from patients on ART. (A) SRP14, HMGB3 and PTB protein expression in resting CD4+ T-cells isolated from patient under antiretroviral therapy (LK, leukophoresis) increase in response to T-cell stimulation by α-CD3/CD28 (1 μg/mL; 0.5 μg/mL). Expression of SRP14, HMGB3, and PTB was measured by western-blot in resting and activated CD4+ T-cells 72 h post-stimulation. GAPDH was used as a loading control and Jurkat protein lysate as a positive control for antibody detection of the various proteins. (B) SRP14, HMGB3, and PTB RNA levels were assessed by RT-qPCR and shown as fold change in activated (aCD4+) vs. resting CD4+ (rCD4+) after normalization on 18S RNA. (C) Effect of SRP14, HMGB3 and PTB overexpression following doxycycline (+Dox) treatment on HIV-1 RNA levels in the culture supernatant 48 h post-stimulation. (D) Plots depicting the expression of middle (CD25) and late (HLA-DR) activation markers on SRP14 transfected cells and PHA stimulated cells.


PTB was identified as an HIV RNA binding protein that induces virus reactivation and release of replication competent virus in resting CD4+ T-cells from patient on ART (Lassen et al., 2006). To examine whether SRP14 might also act as a positive factor for HIV-1 gene expression, resting CD4+ T-cells isolated from people living with HIV on ART were electroporated with SRP14 or PTB Dox-inducible expression constructs alone or in combination using an Amaxa nucleofector. After 48 h, virion release into the culture supernatant was assessed using an RT-ddPCR assay. One out of the four patient CD4+ T-cells electroporated with SRP14 and SRP14+ PTB presented an upregulation of virus production upon doxycycline treatment (Figure 7C). Virus production following SRP14 overexpression was not coupled with an increase in cell activation as only 0.9% and 1.3% of SRP14 transfected cells expressed middle (CD25) and late (HLA-DR) activation markers, respectively (Figure 7D).



DISCUSSION

We have characterized tat RNA:cellular protein interactions differentially expressed between productive and latent infection. Out of the 243 proteins identified by mass spectrometry, multiple cellular factors were investigated for their putative roles in the control of Tat expression and viral replication. A consistent effect on Tat expression and HIV-1 replication was exerted by both SRP14 and HMGB3, where SRP14 acts as a positive regulator of Tat expression and negative regulator of latent infection while HMGB3 acts as a negative regulator of Tat expression and negative regulator of productive infection (Figure 8). However, the exact mechanisms exerted by SRP14 and HMGB3 on the pathways of Tat expression have not been determined. It should be noted that knockdown of SRP14 and HMGB3 affected to a larger degree Tat expression in the IRES context. This suggests that SRP14 and HMGB3 proteins are acting through the Tat IRES pathway, by directly interacting with TIM-TAM or by acting as scaffolds for other RNA-binding proteins.


[image: image]

FIGURE 8. Model depicting SRP14 and HMGB3 roles in post-transcriptional regulation of HIV-1 gene expression in latently infected cells. Multiple factors have been implicated in the establishment and maintenance of latency including (a) transcriptional and splicing repression by sequestration of essential transcription factors (TF) and/or splicing factors; (b) defect in multiply spliced (MS) RNA export due to insufficient levels of Rev and/or RNA binding factors such as PTB (for polypyrimidine tract binding protein); and (c) aberrant localization of MS RNA in the nucleus imposes a block on translation. Due to its central role in transcriptional transactivation and production of full-length viral mRNAs, small stochastic changes in Tat expression, the absence or impairment of Tat function would favor latent infection. By targeting tat mRNA, SRP14 activates Tat translation and hence stimulates HIV replication, while HMGB3 protein inhibits Tat translation and consequently impedes HIV expression in resting CD4+ T cells.


In a recent study, Yukl’s group identified HIV multiple splicing as a common block in three primary cell models of latent infection and in peripheral CD4+ T-cells isolated from HIV infected ART suppressed individuals (Moron-Lopez et al., 2020), confirming previous findings from the same group that showed a series of blocks to HIV proximal elongation, distal transcription/polyadenylation and splicing preventing HIV expression in CD4+ T-cells from blood of HIV infected patients on ART (Yukl et al., 2018). Prior studies have shown that MS RNA encoding Tat protein inhibits the establishment of HIV latency (Donahue et al., 2012). When present, Tat activates virus replication at a higher rate than any of the known LRAs (Razooky et al., 2015; Khoury et al., 2018b) by potently inducing HIV transcription and splicing (Khoury et al., 2018b). Moreover, by controlling its own production at the splicing (Jablonski et al., 2010) and translational levels (Charnay et al., 2009, Khoury et al., 2020), Tat acts as a switch for productive and latent HIV infection (Khoury et al., 2020).

siRNA knockdown of TOP2A in Sup T1 cells (Balakrishna et al., 2013), MAP4 in TZM-bl, HEK 293T and HeLa P4.2 cells (Brass et al., 2008; König et al., 2008; Gallo and Hope, 2012), HNRNPH1 in 293T cells (König et al., 2008), DDX1 in HeLa cells (Edgcomb et al., 2012) and HNRNPU in HeLa P4/R5 cells (Zhou et al., 2008) inhibit HIV-1 replication, corroborating our findings following shRNA KD of these proteins in Jurkat cells. Furthermore, an enrichment in mRNA processing proteins was observed in two previous HIV pull-down assays that used HIV-1 5′ leader sequence and unspliced RNA (Vallejos et al., 2011; Knoener et al., 2017). Although the pull-down methods and cell types used in both these studies were distinct, common proteins with our tat RNA pull-down assay were identified such as HNRNPL, HNRNPU, SRP14, and TERA that were isolated from HeLa cells arrested at G2/M with the HIV-1 5′UTRgag (Vallejos et al., 2011), as well as PPIA, GSTP1, STIP1, PHB, NUDC, FLNB, FUBP1, DEK, MAP4, CLIC1, and CD47 (Supplementary Table 4) identified from Jurkat cells infected with NL4-3 and unspliced HIV-1 RNA-cellular protein complexes (Knoener et al., 2017).

It should be noted that the large isoform of PTB, PTBP1, can overcome the nuclear retention of MS RNA in latently infected cells when overexpressed (Lassen et al., 2006). However, the levels detected in resting CD4+ T-cells from patients on ART were no different to activated CD4+ T-cells. Hence the specific isoform involved in Tat expression may be distinct to the isoform responsible for reversing aberrant accumulation of MS RNA. Further studies are required to determine the contribution of PTB to latency.

SRP14 (Signal Recognition Particle 14) is part of the signal recognition particle RNP complex, which functions by arresting the ribosome during translation so that secretory proteins can be correctly targeted to the endoplasmic reticulum (Weichenrieder et al., 2000; Lakkaraju et al., 2008). SRP14 together with SRP9 inhibits both cap- and IRES-dependent initiation. By binding to 40S ribosomal subunits, SRP9/14 prevents 48S complex formation hence interfering with the recruitment of mRNA to 40S subunits (Ivanova et al., 2015). HMGB3 (High Mobility Group Box 3) is thought to be a DNA-binding protein that can remodel chromatin structures and can also act as a nucleic acid sensor—these are putative functions inferred from its shared homology with other proteins in the HMG-Box family (Nemeth et al., 2003). An analysis of the entire mRNA bound proteome in HEK 293 cells, however, identified HMGB3 as a potential RNA-binding protein (Baltz et al., 2012) although to date, no specific RNA binding associated function has been reported for HMGB3. In the present study, SRP14 and HMGB3 appear to have a positive and inhibitory role on Tat IRES translation, respectively. To our knowledge, these findings are the first to link SRP14 and HMGB3 to HIV expression. The exact mechanisms of which require investigation.

Our findings highlight SRP14 and HMGB3 as potential targets of pharmaceutical intervention. This still does not present an ideal situation as, akin to LRAs used in the past, targeting of these cellular proteins do not confer specificity against latent HIV-1. These proteins, however, are unlikely to have an involvement in gene expression pathways as extensive as that of the epigenetic modifiers and proteins involved in the NFκB and NFAT pathways, and hence may only impact upon the expression of a limited array of cellular genes.

There are several limitations in this study that should be acknowledged. Given the large number of cells required to complete the pull-down assay, we chose J-Lat cells to use for the screening of Tat RNA binding proteins during latency given their transformed nature and homogeneity of the cell population. While latently infected T-cell lines are useful for screening, a common limitation of using T-cell lines is that the intrinsic cellular factors and environment in T-cell lines are very different to that of primary T-lymphocytes hence the cellular factors that influence HIV latency may differ between T-cell lines and primary CD4+ T-cells. Another caveat is the pull-down assay was performed on a mixed population of productively infected cells, as 100% reactivation of J-Lat cells is never achieved even after treatment with strong mitogens, including TNF-α. Virus expression from HIV latently infected T-cells could be sorted into two sub-populations; inducible (GFP+) and non-inducible proviruses (GFP−), following treatment with TNF-α. The reporter systems used in this study assess different stages of the Tat expression pathway. However, these assays do not allow evaluation of these stages independently of the others. Further validation studies are required to determine the exact mechanisms exerted by SRP14 and HMGB3 on the pathways of Tat expression. Finally, in this study we did not address whether SRP14 expression is sufficient to circumvent MS RNA retention in the nucleus of resting CD4+ T-cells, and whether it can induce production of replication competent virus. Further experiments are also required to test the effect of HMGB3 and SRP14 on tat mRNA export and/or stability.

Reactivation of HIV-1 can result from fluctuations in the levels of Tat protein (Weinberger et al., 2005; Khoury et al., 2020) as well as cellular factors involved in reinforcement of silent infection (Burnett et al., 2009). Hence, targeting Tat expression may serve as the basis for development of a more biologically relevant “shock and kill” strategy, a process that could lead to the discovery of an effective and durable functional cure for HIV-1.
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Supplementary Figure 1 | GO Biological Process analysis of the full set of proteins detected by mass spectrometry. List of proteins that were uniquely detected in the pull-down assay using untreated J-Lat 6.3 (A) or TNF-α activated (B) lysates were analyzed through Enrichr and overrepresented GO terms are depicted in the bar graphs. Examples of proteins belonging to the top classes are listed.

Supplementary Figure 2 | Protein and mRNA profiles of KD RFP+ Jurkat cells. (A) Representative histograms of RFP+ shRNA transduced Jurkats (bulk cells) where SRP14, HMGB3 or PTB were targeted for knockdown. (B) Representative western blots showing knockdown in protein levels of the three genes of interest, SRP14, HMGB3, PTB in their respective bulk shRNA-generated cell lines. Numbers below the blots show relative amounts of proteins in comparison to untransduced Jurkats. (C) Expression of RFP in bulk or single clone Jurkat cells targeted for knockdown of SRP14, HMGB3 or PTB. (D) Fold change in SRP14, HMGB3 and PTB mRNA levels in their respective bulk shRNA-generated cell lines or single clones compared to untreated Jurkat cells as determined by RT-qPCR.

Supplementary Figure 3 | R7GEmTB reporter virus label latently infected cells. Jurkat and CD4+ T-cells were infected with R7GEmTB dual color reporter virus and subjected to confocal microscopy to assess the infection phenotype. GFP+ and GFP+ BFP+ cells, representative of productive infection are shown in green and cyan, while BFP+ cells representative of latent infection are shown in blue.

Supplementary Figure 4 | Western-blot analysis of RNP complexes. Analysis of the protein content of the RNP complexes formed on tat mRNA by western-blot using antibodies directed against SRP14 and HMGB3. MBP-MS2 was used as a loading control (ponceau stain). JL− and JL+ represent total lysates prepared from J-Lat 6.3 left untreated or treated with TNF-α, respectively.

Supplementary Table 1 | Participant demographics.

Supplementary Table 2 | Primers and probes used in this study. The number, sequence, and usage of each primer are given. Restriction sites are underlined, start and stop codons are in boldfaces.

Supplementary Table 3 | List of protein hits selected for follow-up analysis. Summary of the gene ID, uniprot, gene symbol, protein name, function, mass (in kDa), and protein length (in amino acid, aa) are indicated.

Supplementary Table 4 | List of proteins identified by affinity purification coupled to mass spectrometry in the RNP complexes formed with 5′UTRtat1-Tat-MS2 and Tat-MS2 RNAs. The number of peptides identified for each bait (5′UTRtat-Tat-MS2 and Tat-MS2) and prey (protein) as well as their fold-enrichment in resting and activated cells are indicated.
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Molecular chaperone networks fulfill complex roles in protein homeostasis and are essential for maintaining cell health. Hsp40s (commonly referred to as J-proteins) have critical roles in development and are associated with a variety of human diseases, yet little is known regarding the J-proteins with respect to the post-transcriptional mechanisms that regulate their expression. With relatively small alterations in their abundance and stoichiometry altering their activity, post-transcriptional regulation potentially has significant impact on the functions of J-proteins. MicroRNAs (miRNAs) are a large group of non-coding RNAs that form a complex regulatory network impacting gene expression. Here we review and investigate the current knowledge and potential intersection of miRNA regulatory networks with the J-Protein chaperone network. Analysis of datasets from the current version of TargetScan revealed a great number of predicted microRNAs targeting J-proteins compared to the limited reports of interactions to date. There are likely unstudied regulatory interactions that influence chaperone biology contained within our analysis. We go on to present some criteria for prioritizing candidate interactions including potential cooperative targeting of J-Proteins by multiple miRNAs. In summary, we offer a view on the scope of regulation of J-Proteins through miRNAs with the aim of guiding future investigations by identifying key regulatory nodes within these two complex cellular networks.

Keywords: J-proteins, Hsp40, microRNAs, chaperone, target prediction


INTRODUCTION

MicroRNA (miRNA) networks of gene regulation and molecular chaperone networks both consist of complex webs of interactions with broad implications in shaping the proteome. In both networks, the activity of individual molecules impacts many target or client molecules, resulting in broad regulation of protein homeostasis (proteostasis) (Hipp et al., 2014). Here, we discuss the intersection of these two major cellular networks. Specifically, we review the current reported miRNA regulatory interactions on the HSP40 family of chaperones, commonly referred to as J-proteins. Furthermore, we will consider the potential expanded network of interactions predicted by bioinformatic analysis. For this study, we will focus on J-proteins which represent the largest and most diverse group of molecular chaperones (Kampinga and Craig, 2010).



MOLECULAR CHAPERONES

The cellular proteostasis network coordinates protein synthesis, degradation, and stress responses to ensure the correct folding, concentration, and localization of proteins to effectively carry out their cellular functions (Hipp et al., 2014). Molecular chaperones are an integral component of all proteostasis processes. They are a large group of ~300 proteins (Brehme et al., 2014) that operate to recognize and deal with protein misfolding issues arising throughout the proteome. A multitude of functions is attributed to individual chaperone members with respect to facilitating protein folding, protein disaggregation, sequestration of aggregates, and directing misfolded proteins toward cellular degradation pathways (Kim et al., 2013; Kaushik and Cuervo, 2018; Nillegoda et al., 2018). Individual chaperones can often be grouped into distinct protein families e.g., J-proteins, Hsp60, Hsp70, Hsp90, sHsp. The most well-studied mechanistic aspect of chaperone activities is their ability to reversibly bind, and release unfolded and misfolded substrates (often termed clients) to promote their proper folding and prevent aggregation. Members of the major Heat shock protein 70 (Hsp70) and Heat shock protein 90 (Hsp90) families interact with hundreds of client proteins (Kerner et al., 2005; Taipale et al., 2012). In contrast, some chaperones members of the J-protein family show evidence of more discrete client binding profiles (Fotin et al., 2004; Gong et al., 2009; Kakkar et al., 2016a,b; Craig and Marszalek, 2017). However, chaperone interactions are not limited to client binding. Chaperones are known to work cooperatively with other chaperones and components of the proteostasis network, functioning as larger protein complexes (Taipale et al., 2014; Rizzolo et al., 2017; Freilich et al., 2018; Karunanayake and Page, 2021). For example, HSP70s have ATPase activities that allow for cycling between client binding and release—J-protein and Bag chaperone families strongly stimulate this cycling by promoting ATP hydrolysis and release, respectively (Freilich et al., 2018). Another factor contributing to the complex nature of chaperone activities is the different subcellular localization and expression levels of individual chaperones that directly influence client binding and stoichiometry of formed chaperone complexes (Craig and Marszalek, 2017).


The J-Protein Family of Chaperones. Potential for Regulation to Shape Cellular Proteostasis

The modular nature of chaperone complexes is proposed to contribute to the fine-tuning of chaperone recruitment and processing of specific clients in the cell. One large family of chaperones that facilitate modularity is the J-protein family. There are over 40 identified J-protein family members in humans (Kampinga and Craig, 2010), which are listed in Table 1. All members share a characteristic J-domain that facilitates modes of Hsp70 binding and ATP hydrolysis (Karzai and McMacken, 1996; Jiang et al., 2007; Kityk et al., 2018; Faust et al., 2020) and thus, are commonly referred to as J-proteins. However, beyond this shared domain, there is incredible diversity between J-protein members with respect to their structural and functional domains: individual J-proteins possess unique combinations of different client binding domains, localization signals, and enzymatic activities (Kampinga and Craig, 2010). J-proteins are roughly classified into three groups by structure. The A-class J-proteins share an overall domain structure similar to the E.coli J-proteins whereas the B-class J-proteins have only partially retained these domains. The remaining J-proteins are simply categorized as C-class (Kampinga and Craig, 2010).


Table 1. J-proteins and their validated miRNA targeting.
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Multiple J-proteins can compete for interactions with the same Hsp70. Therefore, varying the expression levels of individual J-proteins could, in turn, fine-tune the proteostasis of specific client subsets in a cell. Furthermore, there is evidence that changes in the balance of chaperone concentrations can have significant effects on chaperone complex formation and function (Kanelakis et al., 1999; Kundrat and Regan, 2010; Cabrera et al., 2019). For example, increasing the cellular concentrations of the mitochondrial J-protein, DNAJA3, interferes with the ability of the mitochondrial Hsp70 to bind substrates resulting in protein aggregation and mitochondria fragmentation (Lee B. et al., 2015). More broadly, J-proteins may be used to modulate chaperone network function to deal with the specific proteomes of different tissues (Uhlén et al., 2015). Indeed, individual J-proteins do show variations in tissue-specific expression (Hageman and Kampinga, 2009) and mutations in J-proteins are associated with highly tissue-specific diseases (Koutras and Braun, 2014; Sarparanta et al., 2020) such as early-childhood-onset recessive dilated cardiomyopathy and ataxia (Davey et al., 2006; Sparkes et al., 2007) and recessive distal hereditary motor neuropathy (Blumen et al., 2012).

Little is currently known regarding the mechanisms of how cells discretely modulate the expression of J-proteins in a tissue-specific manner or in response to stimuli or stress. Classically studied mechanisms of chaperone regulation are transcription factor activation (e.g., Heat Shock Factor 1) of a broad subset of chaperone gene targets during stress conditions such as heat shock (Zou et al., 1998; Anckar and Sistonen, 2011; Zheng et al., 2016) or ER-stress (Lee et al., 2003; Acosta-Alvear et al., 2007). Nonetheless, while some J-proteins exhibit stress-induced expression, most of the members of the family are constitutively expressed to cell or tissue specific levels (Zhao et al., 2008; Kakkar et al., 2012). In contrast to the stress response-activated transcription factors, even less is known about the post-transcriptional regulation of chaperone protein expression by other cellular factors such as microRNAs.

Considering the increasing understanding of J-proteins in protein folding-related diseases, such as the reported reduction of several J-proteins in Parkinson's Disease (Hasegawa et al., 2018), a more thorough understanding of the regulation of these proteins is warranted.




MICRORNA-MEDIATED SILENCING OF MRNA TRANSCRIPTS

Since the initial discovery of short non-coding RNAs regulating mRNA translation (Lee et al., 1993; Wightman et al., 1993; Reinhart et al., 2000), it has become apparent that microRNAs (miRNAs) function in the regulation of a large portion of the cellular transcriptome. It is estimated that each miRNA family targets on average more than 400 human mRNAs, and over half of human mRNAs have canonical conserved target sequences in their 3' untranslated regions (UTRs) (Friedman et al., 2009).

Endogenous miRNAs arise from long primary transcripts. A series of cellular processing events, depending on the transcript origin of the miRNA, produce the final mature miRNA in the Ago protein-containing silencing complexes (Bartel, 2018). The mature ~22 nucleotides (nt) miRNA, guide the Ago protein-containing complexes to their target mRNAs via base pairing. In canonical targeting of mRNAs, this involves contiguous base pairing of the 5' seed region of the miRNA (nts 2-7) (Bartel, 2018). Base pairing with additional 3' nucleotides in the miRNA can occur but has been reported to have minimal effects on silencing efficacy (Grimson et al., 2007; Wee et al., 2012; Salomon et al., 2015). While several mechanisms have been reported regarding the silencing of mRNAs by miRNAs, the repression mechanism dependent on the TNRC6 adaptor protein family is the dominant mechanism in humans, as recently reviewed and discussed (Jonas and Izaurralde, 2015; Bartel, 2018). In this mechanism, TNRC6 family proteins bind several miRNA-ago complexes and therefore enhance the silencing of several miRNAs to one mRNA.



CURRENT STATE OF REPORTED MIRNA REGULATORS OF J-PROTEINS

While there have been numerous reports in the literature describing correlations of J-Protein expression with miRNA expression, there are relatively few examples where the target sequence in the 3' UTR of the J-Protein mRNAs has been experimentally validated (see Table 1). Reports only describing anti-correlations in J-Protein expression with miRNA expression were omitted as indirect regulator interaction networks cannot be ruled out without further investigation. Some of these excluded reports include examples with compelling data where miRNA-dependent regulation is through the 3' UTR of a target mRNA, such as the down regulation of DNAJC6 upon miR-146b-5p expression (Kirchmeyer et al., 2018). Cases where the target sequence for a miRNA was not verified were also excluded (Mitra et al., 2012; Yang et al., 2014; Mycko et al., 2015). Increasing complexity of regulation of long non-coding RNAs (lncRNA) (Goodall and Wickramasinghe, 2021) and their interactions with miRNA regulatory networks (López-Urrutia et al., 2019) could interfere in the miRNA-mRNA interactions in these cases. We will now briefly summarize verified microRNA targeting of J-proteins.

DNAJB1 is mostly known for the chimeric transcript it forms with PRKACA, which codes for the catalytic domain of protein kinase A in fibrolamellar hepatocellular carcinoma (Honeyman et al., 2014). It furthermore has been argued to be involved in p53-mediated apoptosis through degradation of PDCD5 (Cui et al., 2014). An investigation on a model for Spinocerebellar Ataxia Type 3 (SCA3) revealed a functional role for DNAJB1 in the clearance of mutant polyglutamine (polyQ) protein ataxin-3 aggregates. miR-370 and miR-543, which were both upregulated in SCA3 were shown to specifically target DNAJB1 mRNA. This study highlights possible disease implications miRNAs could have through their interactions with chaperones (Evert et al., 2018).

DNAJC3 is an ER-localized J-protein and co-chaperone to HSPA5. A loss-of-function mutation leads to diabetes mellitus and multisystemic neurodegeneration (Synofzik et al., 2015) and in mice, DNAJC3 knockout mice had a phenotype of partial loss of pancreatic beta-cells (Ladiges et al., 2005). In mouse models of beta cell stress and obesity, miRNA-200 family was found to have a role in promoting the apoptosis of pancreatic beta cells (Belgardt et al., 2015). Transcriptome analysis of miRNA-200 targets in mice revealed DNAJC3 which was then validated as a direct target.

DNAJB9 has recently been shown to inhibit p53-induced apoptosis (Lee H. J. et al., 2015). In models of chemotherapy resistance in acute myeloid leukemia, Wang et al. (2020) identified a regulatory network that involves the direct downregulation of DNAJB9 by miR-32. While miR-32 inhibited DNAJB9, it was in turn modulated by the lncRNA, small nucleolar RNA host gene 5 (SNHG5), creating an axis of control between DNAJB9-miR-32-SNHG5, possibly causing chemotherapy resistance. An analogous regulatory network has also been reported for DNAJB12, an ER-related J-protein (Ma et al., 2020), where the direct targeting of anti-apoptotic DNAJB12 by miR-152-3p is negatively modulated by the lncRNA HCG18 in gastric cancer models. Both studies highlight the complexity of gene regulation through the miRNA network, including the involvement of factors such as lncRNAs.

Additional evidence of miRNA targeting of J-Proteins can be taken where miRNA-Argonaute protein complexes have been identified to associate with the 3' UTRs. As an example, immunoprecipitation experiments revealed DNAJB11 as a component of miR-29-Ago complexes (Beitzinger et al., 2007). While this is strongly suggestive of a regulatory interaction, the authors indicate that not all the interactions identified lead to biological downregulation upon validation.



MICRORNA TARGET PREDICTION OF J-PROTEINS

While this list of validated regulatory interactions of miRNAs with J-proteins is quite limited, the correlative data in the literature suggests there are significantly more interactions awaiting validation.

To obtain a more global perspective on the potential miRNA network of interactions on the J-Proteins we performed an in silico analysis of miRNA target predictions. To this end, we utilized the most recent version of Targetscan (version 7.2) which identifies predicted canonical mRNA target sequences with 7–8 nt stretches of complementarity to the miRNA seed sequence (Agarwal et al., 2015).

Within the context of miRNA target prediction, both evolutionary conservation aspects of the miRNAs themselves and particular putative miRNA target sequences within a mRNA exist. With respect to our analysis, there are miRNAs and miRNA families that are broadly conserved among vertebrates and miRNAs conserved among mammals (Bartel, 2018). While there may be more recently evolved miRNAs, it has been proposed that many of these have too few targets under selective pressure to enable target predictions with any confidence (Friedman et al., 2009). A major caveat of any predicted miRNA target analyses is that not all mRNAs with 7–8 nt complimentary sites to the miRNA seed sequence exhibit regulation by that miRNA (Baek et al., 2008; Selbach et al., 2008).

An initial analysis for putative miRNA targets of the J-protein family with cumulative context scores of ≤−0.1 (Agarwal et al., 2015) as a first-pass threshold, results in 1,337 potential miRNA target sequences for 212 different miRNAs or miRNA families. This minimal criterion yields an unwieldy number of potential sites for experimental validation and most likely consists of a high proportion of false identifications. As mRNAs with evolutionary conserved potential miRNA target sequences in their 3' UTRs exhibit a higher probability of responding to the activity of a miRNA (Baek et al., 2008), strategies to identify more likely miRNA target sequences include choosing sites that exhibit conservation (Bartel, 2009; Friedman et al., 2009). As a result, we applied the criteria for evolutionarily conserved mRNA target sequences for both broadly conserved miRNAs among vertebrates and miRNAs conserved among mammals. This additional parameter reduces the likelihood of false positive identifications in the dataset, while including many possible cross-species interactions. Thus, although our additional analysis criteria decreases our false negative rate of prediction it will also miss some potentially biologically relevant chaperone-miRNA interactions that are not conserved among species. It should be noted that this new criteria also leads to the exclusion of target predictions for some highly probable targets. One example being the targeting of DNAJB5 by miR-21 (Lampis et al., 2018), where miR-21 expression was demonstrated to lead to 3' UTR dependent regulation of DNAJB5. This miR-21:DNAJB5 interaction was excluded from our presentation as a valid target as the predicted target sequence was not experimentally verified. With a selection criterion for conserved putative mRNA target sites for conserved miRNAs, Targetscan identifies 164 and 72 predicted targets respectively for either broadly conserved miRNAs or miRNAs conserved among mammals. This level of analysis reveals significant variations between the members of the J-protein family. As seen in Figure 1, nine mRNAs have no predicted canonical miRNA target sequences, such as DNAJA3, DNAJB8, and DNAJC4. On the opposite side of the spectrum, several J-Protein mRNAs contain a high number of predicted conserved miRNA targets. The mRNAs for DNAJA2, DNAJB1, DNAJB4, and DNAJB5 each have >15 predicted conserved miRNA target sequences within their 3' UTRs. Among these, only two of the predicted target sequences for DNAJB1 have been experimentally verified (Evert et al., 2018).


[image: Figure 1]
FIGURE 1. Predicted targeting by conserved miRNA Families. Predicted conserved J-Protein target sites of miRNAs from TargetScan (Agarwal et al., 2015) with a context score of <−0.1. The number of predicted conserved miRNA targets for each of the J-proteins are indicated. The proportion of predicted targets by miRNAs and miRNA families broadly conserved throughout vertebrates or only within mammals are also indicated.


The specific predicted conserved target interactions for all the J-Protein members by broadly conserved miRNAs or those conserved among mammals are shown in Figures 2, 3 respectively. With the reported known interactions listed in Table 1 highlighted in these figures, it is apparent how few of these predicted 234 interactions have been investigated. This therefore emphasizes an area of research in chaperone biology that is primed for further investigation.


[image: Figure 2]
FIGURE 2. Predicted miRNA targets for miRNAs broadly conserved in vertebrates. Interaction Circos plot (Krzywinski et al., 2009) for TargetScan depicting targeting of J-Proteins by miRNA families that are broadly conserved throughout vertebrates. For each J-Protein, miRNAs with a context score of <−0.1 were extracted from TargerScan (Agarwal et al., 2015). Unconserved target sequences for miRNAs that were not conserved were excluded from the analysis. A colorized line indicates miRNA targeting that has been experimentally verified and the width of the bridging lines is proportional to the number of predicted target sequences.



[image: Figure 3]
FIGURE 3. Predicted miRNA targets for miRNAs conserved within mammals. Interaction Circos plot (Krzywinski et al., 2009) for TargetScan depicting miRNA targeting of the J-Protein by miRNA families that are conserved throughout mammals. For each J-Protein, miRNAs with a context score of <−0.1 were extracted from TargerScan (Agarwal et al., 2015). Unconserved target sequences for miRNAs that were not conserved were excluded from the analysis. A colorized line indicates miRNA targeting that has been experimentally verified and the width of the bridging lines is proportional to the number of predicted target sequences.



Predicting Strong miRNA Candidates of J-Protein Regulation

Despite the large number of predicted potential interactions, many predicted conserved miRNA target sequences are known to not significantly regulate expression levels of their targets in cells (Baek et al., 2008). Proteomic analysis of the same miRNAs in different cellular backgrounds reveals cell-specific differences (Ludwig et al., 2016; Piragasam et al., 2020) and changes in protein abundances that may counter interactions shown by miRNA target predictions (Piragasam et al., 2020). These proteomic analyses are holistic in that they reveal both direct and indirect impacts on protein abundance through miRNAs. Results that counter predictions can thus not be used to rule out potential interactions. Nonetheless, these types of analyses may provide some insight and guidance for predicting interactions that might lead to stronger regulation of a given target which can then be prioritized for investigation. In the next few paragraphs, we examine two potential miRNA mechanisms that may enhance their effects on target transcripts and highlight potential examples in our J-protein-miRNA dataset.



Multiple miRNA Target Sites

The degree of regulation of mRNAs by miRNAs depends on the identities and abundance of the particular miRNAs in the cell, the number of target mRNA sites in a cell, as well as the specific binding efficacy for a given miRNA target site. For each given miRNA:mRNA interaction, the regulation is typically modest with repression being <50% (Baek et al., 2008; Selbach et al., 2008). However, enhanced repression is often observed when multiple miRNA target sites are within the same 3' UTR as these effects are typically additive. The predictions presented in Figures 2, 3 reveal several individual miRNAs that are predicted to have multiple mRNA target sequences within a given 3' UTR. These include the three predicted target sites for miR-23-3p within the 3' UTR of DNAJC6 and an additional 12 miRNA:mRNA interactions with two predicted miRNA target sites. Of the 12 predictions with two predicted target sites in an mRNA for the same miRNA, the targeting of DNAJB1 by miR-370 (Evert et al., 2018) and DNAJC3 by the miRNA-200 family (Belgardt et al., 2015) have been validated.



Cooperative miRNA Targeting

Complex patterns of miRNA expression exist in different cell and tissue types (Landgraf et al., 2007; Chaulk et al., 2016). The intersection of both miRNA and mRNA expression patterns can yield increasingly complex combinatorial regulatory networks of regulation. This regulation becomes even more complex when considering that multiple miRNAs can simultaneously target the same 3' UTR of an mRNA and lead to differential outcomes for the same transcript depending on a cell's given miRNA signature pattern.

The potential for multiple different miRNAs targeting the same J-Protein is summarized in Figures 2, 3. Here it should be noted that the co-targeting of DNAJB1 by miR-543 and miR-370 has been documented (Evert et al., 2018). There is another level of complexity regarding co-targeting that is not revealed in the presentation of the figures, that is, their spatial proximity. In some cases, miRNAs are reported to act cooperatively on the same mRNA, specifically those with target sequences within 8–40 nt of each other (Grimson et al., 2007; Sætrom et al., 2007). This is a result of the TNRC6 proteins being able to associate with multiple Ago protein complexes simultaneously (Briskin et al., 2020).

To query the potential for cooperative interactions between the predicted miRNA target sequences in the 3' UTRs of the J-protein mRNAs, target sequences within 8–40 nts of each other were identified. Figure 4 depicts the miRNA target sequences that meet this criterion for the miRNA families broadly conserved among vertebrates. Intriguingly, the analysis reveals a potential for another level of complexity with regard to miRNA regulation. While the analysis identified multiple examples of potential miRNA target sequences within 8–40 nts, such as the predicted miR-217 and miR-205-5p target sequences in the 3' UTR of the DNAJA1 mRNA, there are also potential combinations of mutual exclusivity. For example, as shown in Figure 4, the DNAJB4 mRNA has predicted miRNA target sequences for the miR-148-152 family within 40 nts of the predicted target sequences for miR-802 and miR-23-3p. As the predicted target sequences for miR-802 and miR-23-3p partially overlap, then if both sequences exhibit bonafide mRNA targeting in cells, they would have to be mutually exclusive in their targeting by these miRNAs. This leads to the prediction that miR-148-152 could act cooperatively with either miR-802 and miR-23-3p but that these two miRNAs could not bind to the same DNAJB4 mRNA to regulate its expression. While this form of potential regulation leads to numerous instances of a Boolean logic type of regulation behavior, it is currently unclear whether this behavior would be recapitulated in cells and would be highly dependent on miRNA complex concentrations.


[image: Figure 4]
FIGURE 4. Target Site Proximity. For each J-Protein, target sites were identified on TargetScan (Agarwal et al., 2015) with a context score of <−0.1 and then manually scanned for the occurrence of miRNA seed sequences <40 nucleotides apart. The locations of identified close proximity target sites are visualized on the ribbon corresponding to the nucleotide length of the 3' UTR for each given J-Protein. Only miRNA families that are broadly conserved through vertebrates were included in the analysis.





CONCLUSION

Perhaps as a result of the enormous inherent complexities of both the chaperone networks and miRNA regulatory networks, there has been relatively little reported work validating their intersection of regulation. Our analysis offers starting points for the exploration of miRNA and J-protein interactions. With the reported linkages and interest in both miRNAs and J-proteins in human diseases such as neurodegeneration and cancer, there are ample possibilities that we have outlined for future investigations into the interplay of these systems.
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Many eukaryotic species contain two separate molecular machineries for removing non-coding intron sequences from pre-mRNA molecules. The majority of introns (more than 99.5% in humans) are recognized and excised by the major spliceosome, which utilizes relatively poorly conserved sequence elements at the 5′ and 3′ ends of the intron that are used for intron recognition and in subsequent catalysis. In contrast, the minor spliceosome targets a rare group of introns (approximately 0.5% in humans) with highly conserved sequences at the 5′ and 3′ ends of the intron. Minor introns coexist in the same genes with major introns and while the two intron types are spliced by separate spliceosomes, the two splicing machineries can interact with one another to shape mRNA processing events in genes containing minor introns. Here, we review known cooperative and competitive interactions between the two spliceosomes and discuss the mechanistic basis of the spliceosome crosstalk, its regulatory significance, and impact on spliceosome diseases.
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INTRODUCTION

The removal on non-coding intervening sequences (introns) and ligation of coding sequences (exons) in pre-cursor messenger RNA (pre-mRNA), is carried out by a dynamic and complex machinery known as the spliceosome. The majority of metazoan organisms contain two parallel but analogous spliceosomes: the major or U2-dependent spliceosome which excises approximately 99.5% of introns, depending on the organism, and the minor or U12-dependent spliceosome which excises about 0.5% of introns. The respective intron types are similarly referred to as either major or U2-type introns, and minor or U12-type introns (Turunen et al., 2013a). The number of U12-type introns varies between species: for instance, in humans approximately 700 genes contain U12-type introns, while only 19 are found in Drosophila. More recently, an investigation of the genome of slime mold Physarum polycephalum revealed an exceptional case of >20,000 minor introns in a single genome (Larue et al., 2021). The typical architecture of minor intron containing genes (MIGs) includes a single U12-type intron per gene, flanked by multiple U2-type introns. However, a small subset of MIGs contain two or even three U12-type introns (Burge et al., 1998; Levine and Durbin, 2001; Moyer et al., 2020). The origin of the two parallel machineries and the disproportionate distribution of the two intron types in present day genomes has been the subject of ongoing debate (Burge et al., 1998; Lynch and Richardson, 2002; Roy and Gilbert, 2006; Lin et al., 2010; Baumgartner et al., 2019). Nonetheless, it is safe to conclude that both machineries are ancient, related to one another, and originate from group II self-splicing introns (Burge et al., 1998; Shi, 2017). Interestingly, U12-type introns have reportedly been lost in multiple phylogenetic lineages, suggesting that they can be dispensable (Bartschat and Samuelsson, 2010). On the other hand, recognition sequences and locations of U12-type introns in individual genes are highly conserved in organismal lineages that have retained them (Moyer et al., 2020). These properties suggest that U12-type introns may serve an indispensable regulatory function in present-day organisms. Intriguingly, some introns harbor either tandem or overlapping splice sites that enable intron recognition by both major and minor spliceosomes, which in some cases, has been shown to have regulatory significance (Scamborova et al., 2004; Janice et al., 2013; Hafez and Hausner, 2015).

A key distinguishing feature between U12-type and U2-type introns is the conservation of intron recognition sequences i.e., the 5′ splice site (5′ss), 3′ splice site (3′ss) and the branch point sequence (BPS). Additionally, U2-type introns distinctively contain a polypyrimidine tract (PPT) upstream of the 3′ss. Splice site sequences are relatively weakly conserved in U2-type introns, which leads to more flexible splice site choices that fuel alternative splicing processes. In contrast, splice site sequences within U12-type introns are significantly more conserved (Figure 1A), which translates to less flexibility in splice site choice and consequently, reduced levels of alternative splicing in minor introns. Despite these differences, the overall splicing chemistry and spliceosome assembly is similar between the two intron types and has been covered in depth in several reviews (Patel and Steitz, 2003; Singh and Cooper, 2012; Turunen et al., 2013a; Matera and Wang, 2014; Jutzi et al., 2018; Wilkinson et al., 2020). Briefly, the 5′ss and BPS are initially recognized either by separate U1 and U2 snRNPs (major spliceosome) or a U11/U12 di-snRNP complex (minor spliceosome). Additionally, the PPT and 3′ss in U2-type introns are recognized by the U2AF1/U2AF2 protein heterodimer, whereas the U12-type intron 3′ss is recognized by the ZRSR2 protein. Following this initial recognition, the entry of U4/U6.U5 tri-snRNP (major spliceosome) or U4atac/U6atac.U5 tri-snRNP (minor spliceosome) leads to the formation of catalytic structures and intron excision.
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FIGURE 1. (A) Consensus splice site sequences of minor and major introns. Minor or U12-type introns can additionally be grouped into AT-AC and GT-AG subtypes based on the first and last di-nucleotides. (B) Schematic of exon definition interactions taking place in a typical minor intron containing gene flanked by U2-type introns. Selected snRNA and protein components are indicated. Exons are depicted as solid boxes and introns as lines. Regulatory elements within exons are depicted as blue bars. Figure in panel (B) was modified from Turunen et al. (2013a). Created by BioRender.com.


Efforts aimed at understanding the functional significance of U12-type introns have suggested that the splicing of minor introns is slower or less efficient than that of major introns and could be used as a rate-limiting step to control or fine-tune mRNA levels of MIGs (Patel et al., 2002; Younis et al., 2013; Niemelä et al., 2014). Accordingly, several studies have reported elevated levels of retained U12-type introns under physiological conditions and in human diseases caused by mutations in minor spliceosome components. The retention of a single U12-type intron can disrupt the reading frame which would likely lead to downregulation at the protein level, either through nuclear retention and degradation of mRNAs containing unspliced U12-type introns (Niemelä et al., 2014; Ogami et al., 2018; Palazzo and Lee, 2018) or nonsense-mediated decay (NMD) due to introduction of premature termination codons (PTC) (Kurosaki et al., 2019). Consequently, studies examining the regulatory significance of U12-type introns or minor spliceosome diseases have mostly focused on intron retention, which is typically the predominant outcome of regulated or defective U12-type intron splicing. In this review, we instead focus on the mechanisms that involve interplay between adjacent minor and major spliceosomes during nuclear mRNA processing. We review mechanisms of minor and major spliceosome interactions, their potential regulatory significance under physiological conditions and their impact on minor spliceosome diseases.



COOPERATION AND COMPETITION IN RECOGNITION OF ADJACENT SPLICE SITES AS A MEANS OF REGULATION

Interaction between the minor and major spliceosomes during pre-mRNA processing can lead to two opposing outcomes: cooperation or competition. Cooperative interactions can facilitate mutual activation of adjacent spliceosomes during splicing through exon and intron definition mechanisms. Alternatively, the two spliceosomes can compete with one another for access to introns that harbor splice site recognition sequences for both machineries. Under normal physiological conditions, competitive interactions can be identified by the alternate use of either U12-type or U2-type splice sites, which result in different mRNA isoforms. In contrast, cooperative interactions between the two spliceosomes are more challenging to identify, as they typically do not lead to changes in alternative splice site usage under physiological conditions, except in the few cases where such interactions have been exploited for regulatory purposes. Additionally, diseases affecting minor spliceosome functions lead to a variety of alternative splicing choices in both interaction types.


Cooperation Between the Minor and Major Spliceosomes

At the mechanistic level, mutual interactions between the major and minor spliceosomes on the same pre-mRNA are predominantly mediated by exon definition interactions, in which the initial recognition of introns takes place by pairing splice sites across exons instead of introns (Robberson et al., 1990; Berget, 1995). Subsequently, the juxtaposition of exon-definition complexes enables the cross-intron pairing of splice sites through protein-protein interactions. Exon definition mechanisms are particularly useful in describing intron recognition mechanisms in vertebrates, which have the characteristic pre-mRNA architecture of relatively short exons separated by long introns. In contrast, the recognition of short introns occurs through intron-definition mechanisms whereby initial splice site pairing takes place across introns (Berget, 1995).

Both exon and intron definition mechanisms rely on protein-protein interactions to connect spliceosomal complexes assembled on the 5′ss or PPT/3′ss, to enable cross-exon and cross-intron communication. Proteins containing arginine and serine rich domains (RS domains) are the main facilitators of these interactions (Figure 1B). These include the SR protein family of splicing regulators and several integral spliceosome components present in both the major and minor spliceosomes (Long and Caceres, 2009). The latter group includes the U1-70K protein that is part of the U1 snRNP in the major spliceosome (Theissen et al., 1986; Spritz et al., 1987; Cho et al., 2011), its paralog U11-35K in the minor spliceosome which is also a component of the U11 snRNP (Will et al., 2004; Niemelä et al., 2015), the U2AF1/2 heterodimer involved in initial recognition of the PPT and 3′ss of U2-type introns, and the ZRSR2 protein that functions in recognition of the U12-type 3′ss (Tronchère et al., 1997; Shen et al., 2010). Additionally, recent work examining exon-bridging disruptions between major and minor spliceosomes provided evidence for a role of the U11-59K protein in exon-definition interactions (Olthof et al., 2021). Further regulation of both exon and intron definition mechanisms is provided by embedded exonic and intronic sequence elements, that are bound by RNA binding proteins (RBPs) including SR-proteins and heterogenous ribonucleoproteins (hnRNPs). Both SR and hnRNP proteins predominantly facilitate and regulate recognition of major introns (Berget, 1995; Reed, 1996; De Conti et al., 2013), but have also been shown to similarly interact with the minor spliceosome (Hastings and Krainer, 2001; Shen and Green, 2007; Turunen et al., 2013b). Consistently, exon-definition interactions between the major and minor spliceosomes have been demonstrated both in vitro, between U1 snRNP and the minor spliceosome (Wu and Krainer, 1996), and in vivo, between U11/U12 di-snRNP and the upstream U2AF1/2 bound to the major spliceosome PPT and 3′ss (Figure 2; Niemelä et al., 2015; Verbeeren et al., 2010, 2017; Olthof et al., 2021).
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FIGURE 2. Cooperation between minor and major spliceosomes. Feedback regulation in the minor RNPC3(65K) gene is mediated by protein-protein interactions between the U11/U12 di-snRNP bound to the USSE and upstream U2AF1/2 to enhance recognition of an upstream 3′ss. Cp factors denote cleavage and polyadenylation factors. This leads to formation of either productive mRNA translated in the cytoplasm, or unproductive mRNA that is retained in the nucleus. Modified from Verbeeren et al. (2017). Created by BioRender.com.


Currently, the only known cooperative interactions between the spliceosomes with demonstrated regulatory function have been reported for the SNRNP48 and RNPC3 genes. These encode the U11-48K and U11/U12-65K proteins, respectively, that are components of the U11/U12 di-snRNP. Both genes contain a conserved sequence element in non-coding regions which include a tandem repeat of the U12-type 5′ss consensus sequence. The tandem 5′ss sequences are recognized by the U11 snRNP, but are not used as splicing donors by the minor spliceosome. Instead, the binding of the U11/U12 di-snRNP activates an upstream U2-type 3′ss (Figure 2). Thus, the element has been aptly named a U11 snRNP-binding splicing enhancer, or USSE (Verbeeren et al., 2010). Interestingly, not only is the whole sequence stretch between the upstream 3′ss and the USSE element highly conserved, but the distance between the two sites also appears to be under evolutionary pressure to maintain optimal exon definition interactions between the two spliceosomes (Niemelä et al., 2015). These regulatory circuits function as autoregulatory or cross regulatory feedback mechanisms for both genes, promoting the formation of unproductive mRNA isoforms that are either degraded by NMD machinery (SNRNP48) due to inclusion of a PTC, or are retained in the nucleus due to an export-incompetent mRNA isoform (RNPC3) (Figure 2; Verbeeren et al., 2010, 2017; Niemelä et al., 2015). Notably, in RNPC3 the same autoregulatory mechanism is also dynamically regulated during neuronal differentiation (Verbeeren et al., 2017), and is thus reminiscent of the post-transcriptional regulatory programs involving microexons and other RBPs (Ustianenko et al., 2017; Müller-mcnicoll et al., 2019).


Impact of Splicing Diseases on Spliceosome Cooperation

Further evidence for cooperative interactions between the two spliceosomes has emerged from global transcriptome analyses of diseases which partially compromise the function of the minor spliceosome. A typical outcome in these diseases is intron retention resulting from splicing defects. However, several studies have also demonstrated that the splicing defects are not limited to U12-type introns but can also spread to the flanking U2-type introns (Argente et al., 2014; Madan et al., 2015; Cologne et al., 2019; de Wolf et al., 2021; Olthof et al., 2021) in a subset of mRNAs. The most plausible explanation for these observations is that splicing of the affected U2-type introns is dependent on stabilizing exon-definition interactions with the neighboring U12-type introns (Figure 1B). Currently, evidence supporting this outcome is still somewhat limited and systematic surveys or more detailed mechanistic studies are needed to confirm these possibilities. Furthermore, there is currently no evidence of the regulatory significance of such interactions and it is possible that these interactions rather serve to reinforce constitutive splicing patterns.



Competition Between Minor and Major Spliceosomes

Competition between the two spliceosomes represents a special subclass of alternative splicing where an individual intron can be spliced by either the minor or the major spliceosome. In these instances, competing splice sites are typically in close proximity to one another on the pre-mRNA and the resulting mRNA isoforms are also often annotated in public databases. Depending on the positioning of the splice sites, such introns have been referred to as twintrons or nested introns, which both refer to instances where either minor or major intron is located within the other intron type (Levine and Durbin, 2001; Scamborova et al., 2004; Chang et al., 2007; Hafez and Hausner, 2015). Nested U2-type and U12-type introns can either have separate 5′ss and 3′ss sequences or they can share one splice site, but not both. Another possibility is that the two introns are interlocked and have a partially overlapping configuration (Figure 3). The exact frequency and functional significance of these juxtaposed U2-type and U12-type splice sites in the genomic context has not been systematically characterized. Furthermore, it is likely that at least a subset of such events may have been annotated as standard alternative U2-type splice sites utilized by the major spliceosome (Levine and Durbin, 2001; Chang et al., 2007), particularly with the GT-AG subclass of U12-type introns, that can be misannotated as major introns. A small subset of these competition events involving adjacent U2-type and U12-type splice sites appear to have regulatory significance as suggested by Janice et al. (2013), who identified 18 twintron arrangements in the human genome that were evolutionarily conserved in vertebrates. An alternative hypothesis is that the nested introns may represent evolutionary intermediates in the process of minor to major intron conversion that has been suggested as an explanation for the low numbers of minor introns in present-day genomes (Burge et al., 1998; Mount et al., 2007; Lin et al., 2010; Janice et al., 2013; Moyer et al., 2020).
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FIGURE 3. Competition between minor and major spliceosomes. Examples of known genes utilizing adjacent U12-and U2-type introns in regulating gene expression. The U2-type splicing is indicated with black lines and U12-type splicing with orange lines. Alternative exon sequences are indicated with light gray shading. With SRSF10 an alternative poly-A site (pA) downstream of exon 3 is indicated. In the same panel, the rare U12-type splice site usage downstream of the exon 3 is indicated by dotted orange line.


The first known and best characterized case of nested U12-type and U2-type introns has been described for the prospero (pro) gene in Drosophila (Otake et al., 2002; Scamborova et al., 2004). In this case the U2-type intron is located inside of an AT-AC subtype U12-type intron, resulting in either shorter (pro-S; minor spliceosome) or longer (pro-L; major spliceosome) mRNA isoforms. The resulting pro protein isoforms differ in the homeodomain region, which may affect DNA binding specificity (Figure 3). The balance between the two isoforms is developmentally regulated via a purine-rich enhancer element that binds the Drosophila hnRNPA1 homologs, Hrp36/Hrp38 (Scamborova et al., 2004; Borah et al., 2009).

A recent study on the SRSF10 gene, a member of SR family splicing regulators, illustrates the use of competing nested U12-type and U2-type introns in regulating not only the levels of the SRSF10 protein, but also other members of the same family (Meinke et al., 2020). The SRSF10 regulatory module resembles that of the prospero circuit as it contains a U2-type intron embedded within a U12-type intron with AT-AC termini (Figure 3). Splicing through the minor pathway leads to skipping of exon 3 and formation of the full-length SRSF10 mRNA. In contrast, use of the major pathway leads to inclusion of exon 3 and formation of a truncated mRNA that utilizes a polyadenylation signal in exon 3. Competitive recognition by either the major or minor spliceosome, thus determines inclusion or exclusion of exon 3, which also harbors an exonic splicing enhancer (ESE) that is specific for the SRSFR10 protein and is involved in SRSF10 autoregulation. Levels of the functional SRSF10 isoform spliced by the minor spliceosome correlate not only with the activity of the minor spliceosome, but also with overall levels of other SR proteins, in a tissue-specific and developmental manner. This further suggests that regulation of the SR-protein family as a group, may be linked to the activity of the minor spliceosome (Meinke et al., 2020).

Other known cases of nested introns with an external U12-type intron and internal U2-type intron have been described for the HNRNPLL, ZNF207, and C1orf112 genes (Janice et al., 2013) but a clear regulatory role (if any) for these splicing events has not yet been determined. Similarly, instances of the reverse arrangement of nested introns in which the U2-type intron is located externally and the U12-type intron internally, have been reported in NCBP2, PRMT1, dZRSR2/Urp, CTNNBL1, CUL4A, and SPAG16 genes (Lin et al., 2010; Janice et al., 2013). Of these, NCBP2, a subunit of the nuclear cap binding complex, represents a well-characterized regulatory switch where use of the major splicing pathway results in a truncated protein that lacks a large part of the RNA Recognition Motif (RRM) (Pabis et al., 2010). The truncated NCBP2 form does not support heterodimer formation with the other subunit (NCBP1) or cap binding, but instead has independent roles in transcription and RNA processing (Pabis et al., 2010).

Examples of more complex arrangements in which U12-type and U2-type introns are found in an interlocked and partially overlapping arrangement, have been described for the c-Jun N-terminal Kinase (JNK) family genes (MAPK8-9) and for TMEM87a and TMEM87b genes. Here, competition between minor and major pathways leads to mutually exclusive incorporation of alternatively spliced exons into the mRNA. In the MAPK8/9 genes, U12-type and U2-type splice sites have an interlocked configuration where mutual competition of two U2-type 3′ss and two U12-type 5′ss leads to inclusion of either the alternative exon 6a or exon 6b (exons 7a and 7b in later genome assemblies, respectively) (Chang et al., 2007). In this case competition involves use of either the U2-type 3′ss upstream of exon 6b or the U12-type 5′ss downstream of exon 6a (Figure 3). The different JNK isoforms exhibit tissue-specific expression, such that the exon 6a isoform is predominantly expressed in neurons owing to the activity of neuronal splicing regulators, such as Nova (Relógio et al., 2005), whereas the isoform containing exon 6b is expressed ubiquitously (Chang et al., 2007). A recent study by Olthof et al. (2019) identified comparable examples in other MIGs, including the TMEM87a and TMEM87b genes. Similar to the MAPK circuit, both TMEM87a and TMEM87b contain an upstream U2-type intron with a 3′ss embedded in the downstream U12-type intron (Figure 3). Competition between the U2-type 3′ss upstream of exon 11a and the U12-type 5′ss downstream of exon 11 results in inclusion of either alternatively spliced exon 11 or exon 11a. Akin to the MAPK family genes, the different isoforms of TMEM87a and TMEM87b exhibit tissue-specific expression (Olthof et al., 2019), indicating that additional yet-to-be characterized regulatory factors play a role in splicing pattern selection in different tissues. Furthermore, the configuration of mutually exclusive alternative exons suggests that for both MAPK8/9 and TMEM 87a/b genes, the regulation is linked to exon definition interactions between the minor and major spliceosomes across exons 6a/6b and 11/11a, respectively.

Typically, competing U12-type and U2-type introns harbor distinct splice sites for either splicing pathway. However, in rare cases, one of the splice sites, usually the 3′ss, can be shared between the two splicesosomes. One such case has been described in the transcriptomic analysis of patients suffering from Microcephalic Osteodysplastic Primordial Dwarfism type I/Taybi-Linder Syndrome (MOPD 1/TALS) by Cologne et al. (2019). The study described an alternative splicing switch in patient cells from U12- to U2-type 5′ss usage within intron 5 of the CCDC84 gene (later renamed CENATAC; de Wolf et al., 2021), while the 3′ss was shared between the two intron types (Figure 3). Splicing by the major spliceosome is expected to increase levels of the CENATAC protein since use of the minor pathway leads to incorporation of a PTC, and possibly a decay of the target mRNA by the NMD pathway. Interestingly, the CENATAC protein has recently been identified as a novel component of the minor spliceosome and particularly necessary for splicing of the AT-AN subtype of U12-type introns (de Wolf et al., 2021). Both the U12-type and U2-type 5′ss sequences are phylogenetically highly conserved, suggesting that the competing 5′ss elements are part of an autoregulatory feedback mechanism regulating the cellular levels of the CENATAC protein. A similar case has been observed for the MAPK12 gene in a cell line carrying a U12 snRNA mutation linked to cerebellar ataxia. In that case minor spliceosome dysfunction induces an exon skipping event where the U2-type 5′ss of the upstream intron is used together with the 3′ss of the downstream U12-type intron (Norppa and Frilander, 2021; Figure 4).
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FIGURE 4. Schematics showing examples of cryptic splice site activation in defective minor intron splicing. The U2-type splicing is indicated with black lines and U12-type splicing with orange lines. Constitutive splicing is indicated with solid lines and cryptic splicing with dotted lines. Alternative exon sequences are indicated with light gray shading. With LKB1 the additional cryptic splice sites are indicated by dotted vertical lines.


In both the MAPK12 and CENATAC cases with a shared 3′ss, there is another, albeit undetectable functional change upstream of the 3′ss. In the major pathway this region constitutes a pyrimidine-rich PPT recognized by the U2AF2 protein present in the U2AF1/2 heterodimer. In contrast, the minor spliceosome does not use the PPT or the U2AF1/2 heterodimer for intron recognition, but rather relies on BPS recognition by the U12 snRNA. A plausible explanation for the intron 3′ end compatibility between the two spliceosomes is that the minor intron BPS is also pyrimidine-rich and can, in a suitable context, also serve as a PPT for major introns, as suggested earlier (Burge et al., 1998).

A unique case of competition has been described for the non-productive use of components of both splicing pathways to regulate the ratio between unspliced genomic RNA and subgenomic spliced mRNA species in the Rous Sarcoma Virus (RSV). The genomic RNA of this retrovirus contains an inhibitory splicing element designated the Negative Regulator of Splicing (NRS), the function of which is to suppress all splicing of the viral RNA to ensure production of unprocessed genomic RNA, that is subsequently packaged into virions (Gontarek et al., 1993). Interestingly, the NRS contains overlapping binding sites for both U1 and U11 snRNPs (Gontarek et al., 1993; Hibbert et al., 1999). Investigations into the NRS function revealed that the binding of U1 snRNP is essential for splicing inhibition through non-productive interactions between U1 snRNP and with the factors bound to the downstream 3′ss (Cook and McNally, 1999; Hibbert et al., 1999). In this process the U11 snRNP is a competitive antagonist for U1 binding, thereby fine-tuning the NRS activity (McNally et al., 2004, 2006).


Impact of Splicing Diseases on Spliceosome Competition

Human diseases that compromise functions of either spliceosome can have two differential outcomes in competitive contexts between the two spliceosomes. First, in cases of competitive intron recognition that leads to a balanced expression of spliceosome-specific mRNA isoforms, such as those described above, the most likely outcome is a shift in the balance between the isoforms. This effect may vary depending on the specific mutation/spliceosomal defect, and may be combined with other outcomes, such as alterations in exon definition mechanisms or increased levels of intron retention.

An alternative possibility is the activation of cryptic splice sites near introns that do not display any obvious competition between the two spliceosomes. “Cryptic” in this context refers to splice sites that are not used under physiological conditions and are predictably also not annotated or documented in public databases. Thus, cryptic splice sites can be thought of as pseudo splices sites that are weaker in strength compared to authentic sites, and as such, are not efficiently recognized by the spliceosome in a context specific manner. Such splice sites tend to be activated as a consequence of mutations in either authentic splice sites or alternatively, in spliceosome components or regulators. Both lead to defects in splice site recognition either at the level of single introns, or more broadly (Kapustin et al., 2011). While cryptic splice sites may often lead to context-specific alternative splicing, mutations can also inadvertently generate new splice site sequences that closely match consensus splice site sequences and thus result in disease-specific alternative splicing of transcripts (Buratti et al., 2007). In essence, under physiological conditions the level of competition between cryptic splice sites and authentic sites is low, and the use of cryptic sites only becomes visible in disease contexts (Kapustin et al., 2011; Jaganathan et al., 2019). In more benign settings, cryptic splice sites are thought to give rise to tissue-specific alternative splicing, creating splice isoforms with diverse functions in different tissues (Jaganathan et al., 2019).

The consequences of competitive intron recognition by either minor and major spliceosome on cryptic splicing have thus far been studied in cases where the splicing of U12-type introns has been compromised (Turunen et al., 2008; Cologne et al., 2019; de Wolf et al., 2021; Norppa and Frilander, 2021; Olthof et al., 2021). In such cases, the outcome is typically increased minor intron retention combined with the activation of nearby cryptic U2-type splice sites. In more rare cases, splicing of the U12-type intron in question appears to be unperturbed and the splicing defect is observed only due to activation of U2-type cryptic splice sites such as those described for the SNRNPE, RCD8/EDC4 and SLC9A8 genes (Figure 4; Turunen et al., 2008; de Wolf et al., 2021; Norppa and Frilander, 2021).

Analysis of simple U12-type splice site mutations have been reported in a small number of detailed studies including the LKB1 gene (also known as STK11) implicated in the Peutz-Jager Syndrome (Hastings et al., 2005) and the WDFY1 gene (Chang et al., 2007). The LKB1 case is particularly illuminating as the A > G mutation of the first nucleotide of the intron only changes the U12-type 5′ss subtype, with the U12-type 5′ss still matching the consensus sequence (Figure 4). Nevertheless, this leads to a complex pattern of cryptic splice site activation by both minor and major spliceosomes, suggesting that even small changes in splice site strength can tip the balance in the competition between authentic and cryptic splice sites (Figure 4).

Other genes in which splice site mutations have been shown to lead to activation of a U2-type cryptic splice sites include SEDL, which has been linked to spondyloepiphyseal dysplasia tarda (SEDT) (Shaw et al., 2003) and AP4M1 that has been linked to Cerebral palsy (Verkerk et al., 2009) both of which exhibit activation of cryptic splice sites as a consequence of the mutation. More recently, an analysis of single nucleotide polymorphisms (SNPs) in U12-type introns and MIGs revealed that such variants have a much wider connection to disease than previously thought (Olthof et al., 2020). In contrast to these splice site point mutations, mutations in components of the minor spliceosomal machinery are characterized by high levels of intron retention and additionally, cryptic splice activation in a larger number of mRNAs as evidenced by several transcriptomic studies (Madan et al., 2015; Merico et al., 2015; Cologne et al., 2019; de Wolf et al., 2021). The studies described above provide evidence for complex cryptic splicing events that not only disturb the splicing of immediate surroundings of the affected U12-type introns, but also extend further and influence the splicing of more distal U2-type introns, possibly as a consequence of disrupting the exon definition networks.



DISCUSSION

Until very recently, the outlook on the regulatory significance of the minor spliceosome functioning in parallel with the major spliceosome has been static. The main focus in the field has been on the inefficient splicing of U12-type introns under physiological conditions and the increased intron retention events observed in minor spliceosome diseases. However, rapidly accumulating transcriptomic data from an increasing number of minor spliceosome diseases is now challenging this narrow view by providing robust evidence of widespread crosstalk mechanisms between the minor and major spliceosomes, which were previously only reported in single-gene investigations. The fact that the locations of U12-type introns are known and highly conserved, presents a unique opportunity or lens through which the parallel functioning of both spliceosomes, particularly in exon and intron definition contexts, can be examined. Importantly, under physiological conditions, crosstalk between the two spliceosomes appears mostly to function as a mechanism for reinforcing constitutive splicing patterns through exon definition interactions, and to a lesser extent, as a mechanism for regulating balanced expression of mRNA isoforms that are dependent on either spliceosome. The less studied role of this crosstalk in regulating gene expression is particularly intriguing, as the few genes described here that utilize adjacent U12-and U2-type splice sites to regulate their expression, highlight an overlooked yet significant regulatory mechanism for some MIGs. Consequently, examining such crosstalk mechanisms has the potential to contribute to current understanding of the evolutionary significance of both spliceosomes functioning in parallel. Interestingly, for genes currently known to harbor these adjacent splice sites both cooperative and competitive outcomes have been observed, with the latter being more common. Competition between splice sites is a common occurrence for U2-type introns, due to the more degenerate splice sites in these introns and has been discussed extensively within the context of alternative splicing (Chen and Manley, 2009; Wang et al., 2015; Dvinge, 2018; Ule and Blencowe, 2019). In contrast, competition between U12- and U2-type splices sites is relatively understudied and much remains to be understood regarding such competitive events, including the effects of enhancers and silencers. It would thus be interesting to determine if weaker U12-and U2-type splice sites are a common feature of nested introns and whether specific U12-type subtypes are preferred for these competitive events.

In disease contexts the primary splicing defect can lead to additional defects in both competitive and collaborative interactions between the two spliceosomes. The occurrence of additional mRNA isoforms as a consequence of the loss of crosstalk between the two spliceosomes also influences the interpretation of transcriptomic data derived from minor spliceosome disease patient cells. A typical transcriptome-level workflow aims to identify the affected minor introns and MIGs, and optionally, use the intron retention levels to estimate the downregulation of MIGs for downstream analyses. Thus, the presence of novel transcripts arising from cryptic splice site usage and the loss of exon definition interactions can either exacerbate the effect on expression levels or lead to formation of mutant proteins, which may contribute to the pathology of the given disease. Additionally, the MAPK8/9 (Chang et al., 2007) and TMEM87a/b (Olthof et al., 2019) examples, as well as the MOPD1/TALS analyses (Cologne et al., 2019) have demonstrated that differential U12- or U2-type splice site usage is not static, and can change in a tissue-specific manner, necessitating extended analyses of multiple cells and tissue types. Such analyses may provide insight into the specificity that is observed in minor spliceosome diseases, in which developmental processes and neuronal tissues are particularly affected (Jutzi et al., 2018; Olthof et al., 2020).

At a more technical level, the activation and detection of cryptic splice sites poses an additional challenge for data analysis. Most software used in alternative splicing analyses rely on existing annotations when detecting alternative splicing events (Jiang and Chen, 2021). As cryptic splice sites are not normally annotated in public databases, they tend to be ignored by most alternative splicing analysis tools. This can be mitigated by using software that allows for the identification of de novo events, such as KisSplice used in the Cologne et al. (2019) study or MAJIQ which examines local splicing variation complexity (Vaquero-Garcia et al., 2016). In our recent work on Mosaic Variegated Aneuploidy (MVA) caused by mutations in CENATAC (de Wolf et al., 2021), we documented complex patterns of cryptic splice site activation as a consequence of minor intron splicing defects using Whippet (Sterne-Weiler et al., 2018), which is particularly suited for deciphering complex alternative splicing events. It is, however likely that in future, analyses of complex splicing events in transcripts may be resolved by the use of long-read sequencing methods that are less sensitive to annotation biases.

In summary, recent transcriptome-wide investigations have uncovered a substantial number of crosstalk interactions between the major and minor spliceosomes. An outstanding question related to these splicing events concerns the identification of true regulatory events from cases representing opportunistic cryptic splice site activations. An additional unanswered question is whether either spliceosome can be regulated individually in a manner that would influence the crosstalk. There is some evidence of specific splicing factors such as hnRNP H/F and SRSF10 being linked to regulation of the minor spliceosome (McNally et al., 2006; Turunen et al., 2013b; Meinke et al., 2020), but their generality remains to be confirmed. The currently known instances of cooperative and competitive interactions between the two spliceosomes highlighted in this review emphasize their functional and regulatory potential and set the stage for future investigations of their significance.
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Translational control (TC) is one the crucial steps that dictate gene expression and alter the outcome of physiological process like programmed cell death, metabolism, and proliferation in a eukaryotic cell. TC occurs mainly at the translation initiation stage. The initiation factor eIF5B tightly regulates global translation initiation and facilitates the expression of a subset of proteins involved in proliferation, inhibition of apoptosis, and immunosuppression under stress conditions. eIF5B enhances the expression of these survival proteins to allow cancer cells to metastasize and resist chemotherapy. Using eIF5B as a biomarker or drug target could help with diagnosis and improved prognosis, respectively. To achieve these goals, it is crucial to understand the role of eIF5B in translational regulation. This review recapitulates eIF5B’s regulatory roles in the translation initiation of viral mRNA as well as the cellular mRNAs in cancer and stressed eukaryotic cells.
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INTRODUCTION

Cap-dependent or canonical translation initiation is an intricate process and highly regulated in eukaryotes. It involves multiple initiation factors ranging from small proteins to complex multidomain proteins. The process begins when 5′ cap is recognized by eukaryotic initiation factor 4F (eIF4F) complex and mRNA is recruited onto the 43S preinitiation complex (43S-PIC) (Supplementary Figure 1). Subsequently, this leads to the formation of 48S preinitiation complex (48S-PIC), which scans the 5′ untranslated region (UTR) of the mRNA and recognizes the start codon (AUG). In the final step, eukaryotic initiation factor 5B (eIF5B) promotes the association of small (40S) and large (60S) ribosomal subunits to form elongation competent 80S initiation complex (80S IC) (Supplementary Figure 1).

eIF5B, also known as IF-M2A/hIF2, is a “Arrokoth” shaped GTPase discovered in 1975. It is universally conserved among all eukaryotes and encoded by the EIF5B gene (Pestova et al., 2000; Roll-Mecak et al., 2000). eIF5B mediates the association of the 40S and 60S ribosomal subunits during eukaryotic translation initiation (Merrick et al., 1975; Lee et al., 2002; Shin et al., 2002). Although eIF5B is highly conserved, its depletion does not have a substantial effect on cell viability under normal conditions (Lee et al., 2014; Ho et al., 2018; Ross et al., 2019, 2020). Conversely, reduced levels of eIF5B under stress conditions significantly affects cell viability (Lee et al., 2014; Ho et al., 2018).

eIF5B consists of a highly conserved functional C-terminal region (human 587–1220, yeast 397–1,002) and a less conserved N-terminal region (human 1–586, yeast 1–396) (Choi et al., 1998; Lee et al., 1999). Deleting the N-terminal region does not affect cell viability and many in vitro studies have shown that N-terminally truncated eIF5B is active (human 587–1,220, yeast 397–1,002) (Pestova et al., 2000; Lee et al., 2002; Shin et al., 2002; Fringer et al., 2007; Pisareva and Pisarev, 2014). On the other hand, the functional C-terminal consists of four domains: G domain (human 629–850, yeast 401–625), domain II (human 856–948, yeast 630–745), domain III (human 951–1,082, 755–855), and domain IV (human 1,076–1,220, yeast 859–1,002) (Pestova et al., 2001; Nag et al., 2016; Huang and Fernandez, 2020). Additionally, domains III and IV are connected by a helix h12 whose deletion in yeast yields non-functional eIF5B similar to the defects observed in ΔeIF5B and Δdomain IV cells (Fringer et al., 2007; Shin et al., 2011).

Studies on eIF5B demonstrated a newer function that parallels the role of eIF2, a Met-tRNAiMet delivering eukaryotic initiation factor, during stress conditions (Thakor and Holcik, 2012; Holcik, 2015; Sharma et al., 2016). The mechanism is activated when α-subunit of eIF2 is phosphorylated and sequestered by eIF2B. Under these conditions, eIF5B promotes translation of specific proteins by delivering Met-tRNAiMet to the eukaryotic ribosomes, due to its homology to IF-2 which delivers met-tRNAfMet to the bacterial ribosomes (Ross et al., 2019). Additionally, recent studies have unveiled a mechanistic role of eIF5B during the canonical and non-canonical eukaryotic translation initiation (Ross et al., 2019). We and others have also clearly implicated eIF5B in oncogenesis (Wang et al., 2016; Ross et al., 2019; Suresh et al., 2020). Accordingly, this review provides insights into the coordination of eIF5B with other eukaryotic initiation factors to carry out diverse functions during translation initiation in yeast and human cells. This review covers the established roles of eIF5B in 40S ribosome maturation, formation of 48S PIC, stabilization of Met-tRNAiMet, 60S ribosomal recruitment and 80S complex formation. We also highlight the emerging roles of eIF5B during Met-tRNAiMet delivery by coordinating with eIF2A, uORF-mediated translation initiation, and IRES-mediated translation initiation. We further discuss how eIF5B acts as a nexus between non-canonical translation and the survival of cancer cells.


Role of eIF5B in Pre-40S Ribosome Subunit Maturation

During ribosome biogenesis, the large and small subunits undergo a translation-like cycle where eIF5B mediates the association of the pre-40S and 60S ribosomal subunits, which acts as a quality control step (Lebaron et al., 2012). The resulting complex is not a true 80S initiation-complex (80S IC) as it lacks initiator tRNA and mRNA. As a result, the 60S ribosomal subunit is displaced by the termination factor Rli-1 during 40S subunit maturation (Strunk et al., 2012; Woolford and Baserga, 2013). The 80S-like complex ensures the proper functioning of pre-ribosomes before translation (Strunk et al., 2012). A study on the YKK392 yeast strain devoid of eIF5B has shown a negative effect on the ribosomal subunit association, resulting in the accumulation of pre-40S subunits (Strunk et al., 2012). In general, this accumulation is not detrimental, but delays the formation of the 80S-like ribosomal complex and slows down cell growth (Strunk et al., 2012). Deleting the eIF5B coding gene FUN12 in yeast also results in the accumulation of pre-18S rRNA, and decreased levels of 27S pre-rRNA and 40S ribosomes (Lebaron et al., 2012; Strunk et al., 2012). Thus, eIF5B is essential for catalyzing the ribosome maturation process in yeast.



eIF5B Interacts With eIF5 to Stimulate the Formation of 48S Initiation Complex

Human eIF5B and eIF5 synergistically mediate the efficient formation of the 48S initiation complex (48S IC) (Pisareva and Pisarev, 2014). The interaction between domain IV of eIF5B and the C-terminus of eIF5 could be crucial for efficient 48S IC formation (Lin et al., 2018). Affinity studies inferred a higher affinity of eIF5B for eIF5 compared with eIF1A (Lin et al., 2018). It has been hypothesized that human eIF5 and eIF5B together stimulate 43S preinitiation complex (PIC) rearrangement to increase the yield of functional 48S IC (Pisareva and Pisarev, 2014). Additionally, eIF5B deletion results in the destabilization of 48S IC, which was suggested to be induced by eIF5 (Pisareva and Pisarev, 2014). This phenomenon was observed in both optimal and non-optimal AUG context, suggesting the role of eIF5B in 48S IC stabilization (Pisareva and Pisarev, 2014). eIF5 has additional roles as a GTPase-activating protein (GAP) and a GDP-dissociation inhibitor (GDI) (Paulin et al., 2001). While eIF5 induces eIF2-GTP hydrolysis, eIF5B promotes the release of eIF2 from 48S IC (Unbehaun et al., 2004; Pisarev et al., 2006). Furthermore, eIF5B assists in establishing 48S IC on a bona fide AUG and prevents leaky scanning along with eIF5 (Pisareva and Pisarev, 2014; Lin et al., 2018). Since codon scanning and selection during translation initiation are essential for generating functional proteins, these studies collectively provide compelling evidence that eIF5B coordinates with eIF5 to aid the establishment of an efficient 48S IC on a bona fide start codon.



Met-tRNAiMet Stabilization by eIF5B

After eIF2-GTP delivers Met-tRNAi to the P-site of the 40S ribosomal subunit, GAP eIF5 induces eIF2-GTP hydrolysis (Paulin et al., 2001; Majumdar and Maitra, 2005). eIF2B disrupts the eIF5/eIF2-GDP interaction and facilitates eIF2-GDP release (Jennings and Pavitt, 2010; Jennings et al., 2016). In the absence of eIF2, domains III and IV of eIF5B extend into the inter-subunit space and stabilize Met-tRNAiMet (Huang and Fernandez, 2020). Conformational changes in domains III and IV facilitate interactions between basic amino acids in domain IV and 73ACCA76-Met of Met-tRNAiMet (Fernandez et al., 2013). This creates a kink in the Met-tRNAiMet stem structure that is not seen in elongation tRNA, which helps Met-tRNAiMet simultaneously interact with both mRNA and eIF5B (Wang et al., 2020). Additionally, methionine of tRNAi positions itself in the hydrophobic pocket formed by eIF5B and the uL16 loop of the 60S subunit, and single-molecule experiments suggested that the hydrophobic pocket acts as a residue selectivity filter (Wang et al., 2020). Ultimately, the eIF5B-initiator tRNA complex places the tRNAi aminoacyl end out of the peptidyl transfer center, awaiting GTP hydrolysis. Thus, these eIF5B interactions are vital for stabilization and correct positioning Met-tRNAiMet in the initiation complex after eIF2 is displaced from the ribosome, suggesting the absence of eIF5B could delay the transition into elongation.



Interaction of eIF5B With eIF1A for Ribosome Recruitment

eIF1A is one of the earliest discovered interacting partners of eIF5B. Similar to eIF5B, eIF1A is considered to be a universal translational factor (Sorensen et al., 2001). The interaction between these two initiation factors is thought to be important for eIF5B recruitment and mediating the joining of the large and small ribosomal subunits (Fringer et al., 2007). In contrast, another study proposed that eIF5 recruits eIF5B and eIF1A disrupts their interaction after eIF2-GTP hydrolysis (Lin et al., 2018). In the absence of the ribosome, interactions between eIF5B and eIF1A are disrupted due to intramolecular interactions within each initiation factor (Nag et al., 2016). Interactions between eIF1A and eIF5B are only established after codon recognition when C-terminal tail (CTT) of eIF1A is displaced from the P-site to interact with the adjacent eIF5B (Yu et al., 2009). Domains III and IV of eIF5B interact with the oligonucleotide/oligosaccharide-binding (OB) domain and CTT of eIF1A (Nag et al., 2016). These interactions are critical for the recruitment of the 60S subunit and formation of the 80S complex (Olsen et al., 2003; Acker et al., 2006). Thus, these studies suggest that interactions between the two universally conserved eIF5B and eIF1A initiation factors are necessary to mediate the association of the 40 and 60S subunits by eIF5B, which forms a viable 80S IC.



Ribosomal Subunit Association Is Expedited by eIF5B

One primary role of eIF5B is to promote the ribosomal association of the 40S and 60S subunits (Figure 1A; Lee et al., 2002; Shin et al., 2002). The long retention time (30–60 s) of eIF5B on ribosomes indirectly prevents their collision on mRNA before 80S IC transitions into the elongation step (Wang et al., 2019). Apart from ribosomal subunit joining, in vivo studies have shown the stabilization of the halfmer polysome (43S PIC + 80S on an mRNA) by eIF5B (Lee et al., 2002). To participate in ribosomal subunit association, eIF5B must be in an active form, which has been proposed to be achieved through a domain release mechanism (Nag et al., 2016). The process begins when the inherently rigid domains III and IV of eIF5B-GDP become flexible upon GTP binding (Kuhle and Ficner, 2014).


[image: image]

FIGURE 1. Two pathways showing eIF2-dependent (normal) and eIF5B-dependent translation (stress). (A) Under normal conditions, eIF2 delivers Met-tRNAiMet to the ribosome and, upon release of eIF2, eIF5B stabilizes Met-tRNAiMet. Once 48S PIC forms, eIF5B assists in large and small ribosomal subunit joining. (B) Under stress conditions, eIF2 is phosphorylated and sequestered by eIF2B. However, eIF5B parallels the role of eIF2 and delivers Met-tRNAiMet to the P-site of the 40S ribosome in addition to its usual function during translation.


Each domain of eIF5B has a specific function during ribosome association: (1) the G-domain interacts with the 60S subunit and is involved in GTP hydrolysis, (2) domain II is anchored to the 40S subunit, (3) domain III also anchors to the 40S subunit, and promotes GTP hydrolysis when Met-tRNAiMet is delivered, and (4) domain IV interacts with t-RNA, eIF1A, and eIF5 (Fernandez et al., 2013; Nag et al., 2016; Lin et al., 2018; Huang and Fernandez, 2020). GTP hydrolysis is not required for ribosomal subunit association, but is required for the release of eIF5B and 80S IC transition into the elongation step (Shin et al., 2002; Huang and Fernandez, 2020). If domain III does not recognize a proper Met-tRNAiMet delivery or ribosomal association, eIF5B could be trapped in the P/A site, which hampers the recruitment of a new aminoacyl-tRNA, delays the transition to elongation, and obstructs new ribosome recruitment. Although ribosome recruitment occurs even in the absence of eIF5B, 80S IC formation is inefficient and the transition time into the elongation step is longer, resulting in a slow growth phenotype (Fringer et al., 2007; Jiang et al., 2016). Overall, once eIF5B induces the 60S and 40S subunit association, eIF5B-GDP is released, making the 80S initiation complex elongation competent (Fringer et al., 2007).



eIF5B Interaction With eIF2A in Non-canonical Translation Initiation

When availability of ternary complex (eIF2-GTP-Met-tRNAiMet) is low under stress conditions, initiation factor eIF2A has been shown to deliver the Met-tRNAiMet to the 40S ribosome by coordinating with eIF5B (Kim et al., 2018). eIF5B alone plays a major role in Met-tRNAiMet delivery during translation initiation on certain virus mRNAs (Pestova et al., 2008; Yamamoto et al., 2014). In vitro studies involving pull down assays suggest that domain IV of eIF5B modestly interacts with the M domain of eIF2A (462–502 aa), but all eIF5B domains are required for a high affinity interaction (Kim et al., 2018). A predicted model suggested that eIF5B domain IV might also be responsible for interacting and delivering Met-tRNAiMet (Kim et al., 2018). Unlike eIF2, eIF2A does not depend on GTP to deliver Met-tRNAiMet, but may rely on GTP hydrolysis by eIF5B for its release from the ribosome (Adams et al., 1975; Zoll et al., 2002; Kim et al., 2018). Studies in S. cerevisiae and Caenorhabditis elegans showed slow growth phenotype when eIF5B/iffb-1 was knocked down, and the growth deteriorated even more when both eIF5B and eIF2A were knocked down (Zoll et al., 2002; Kim et al., 2018). However, under conditions like hypoxia, the initiation process could be solely eIF5B dependent as depletion of eIF2A has no effect on protein synthesis (Ho et al., 2018). These studies clearly imply that eIF2A augments eIF5B function during Met-tRNAiMet delivery, and domain IV of eIF5B that helps stabilize Met-tRNAiMet during normal conditions could be indispensable for Met-tRNAiMet delivery under stress conditions.



Role of eIF5B in IRES-Mediated Translation

Internal ribosome entry site (IRES) is a secondary structure present on the mRNA of both viral and cellular origins (Pestova et al., 2008; Thakor and Holcik, 2012; Sharma et al., 2016). These IRES elements can recruit ribosomes directly without a requirement for the 5′-m7G cap during certain stress conditions (Holcik et al., 2000; Thakor and Holcik, 2012; Sharma et al., 2016). Several viral mRNAs contain IRES elements, including but not limited to hepatitis C virus (HCV), classical swine fever virus (CSFV), poliovirus (PV), and coxsackie B virus (CBV) (Pestova et al., 2008; Shatsky et al., 2008; Terenin et al., 2008; Yamamoto et al., 2014). CSFV and HCV IRES in particular depend on eIF5B for translation in the absence of eIF2 (Figure 1B; Pestova et al., 2008; Shatsky et al., 2008; Yamamoto et al., 2014). X-linked inhibitor of apoptosis (XIAP, a caspase inhibitor in eukaryotes) mRNA also contains IRES and its translation is eIF5B dependent upon eIF2 sequestration (Yoon et al., 2006; Thakor and Holcik, 2012; Thakor et al., 2017). In general, XIAP is an important anti-apoptotic protein that plays a substantial role in preventing programmed cell death (Perrelet et al., 2000; LaCasse et al., 2008). Nevertheless, IRES elements of viruses such as cricket paralysis virus (CrPV) do not depend on eIF5B for translation (Deniz et al., 2009; Kerr et al., 2016). Thus, although there is strong evidence that eIF5B is involved in IRES mediated translation of several viral and anti-apoptotic mRNA, not all IRES-containing mRNAs require eIF5B for translation initiation.



Regulation of uORF Mediated Translation by eIF5B

Upstream open reading frame (uORF) elements are present in the 5′ untranslated regions (UTR) of mRNA across different species (Chew et al., 2016). These elements inhibit mRNA translation under normal conditions and promote their translation during stress conditions that induce eIF2 phosphorylation (Figures 2A,B; Dever et al., 1992; Barbosa et al., 2013; Pakos-Zebrucka et al., 2016; Ross et al., 2018; Chen and Tarn, 2019). For example, activating transcriptional factor 4 (ATF4) has two uORF regions that keep protein levels low until phosphorylation of α-subunit of eIF2 (Figure 2; Holcik, 2015; Sharma et al., 2016). During ATF4 mRNA translation under normal conditions, eIF5B prevents leaky mRNA scanning and ribosomes are recruited onto uORFs, which represses the translation of ATF4 ORF (Ross et al., 2018). In contrast, under stress or eIF5B depleted conditions, ribosomal recruitment occurs on the main ORF AUG sequence, causing de-repression of ATF4 mRNA translation (Figure 2C; Ross et al., 2018). This in turn leads to the upregulation of other proteins like C/EBP homologous protein (CHOP) and growth arrest and DNA damage-inducible protein (GADD34) (Pakos-Zebrucka et al., 2016). This was further corroborated by our recent study on human embryonic kidney 293T (HEK-293T) cells, where depleting eIF5B induced ER stress upregulating mRNA and protein levels of CHOP and GADD34 (Bressler et al., 2021). eIF5B requires cooperativity with initiation factors eIF5 and eIF1A to repress ATF4 expression, and the mechanism of repression is predominantly dependent on uORF2 (Ross et al., 2018). Apart from ATF4, general control non-depressible 4 (GCN4), a transcription factor containing 4 uORFs, is repressed both in starved and non-starved yeast cells in the absence of eIF5B (Shin et al., 2002; Murakami et al., 2018). Similarly, knocking down eIF5B decreased the levels of programmed death-ligand 1 (PD-L1) in heme starved non-small cell lung cancer (NSLC) and lewis lung carcinoma (LLC) cells (Suresh et al., 2020). In contrast, eIF5B negatively regulates p21 and p27 in serum starved THP1 cells, which have been linked to cell cycle progression, and anti-apoptosis (Lee et al., 2014). Numerous uORF dependent proteins have been identified whose expression is regulated by eIF5B, and many of these proteins have implications in cancer resistance and cell cycle. Thus, regulating eIF5B could impact such pathways necessary for cancer survival.
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FIGURE 2. Summary of uORF-mediated ATF4 translation. (A) Under non-aberrant normal conditions, ribosomes are recruited on uORF regions, repressing ATF4 expression in the presence of eIF5B. (B) Under aberrant stress conditions, ribosomes scan past uORF2, resulting in the synthesis of ATF4 in the presence of eIF5B. (C) eIF5B depletion in normal cells also promotes ATF4 synthesis.




eIF5B Promotes Cancer Cell Survival

Previous studies suggest eIF5B mediates the IRES containing subset of mRNA translation to resist apoptosis in cancer cells (Ross et al., 2019). Translation of IRES-containing mRNAs, which encode anti-apoptotic proteins such as XIAP, Bcl-xL, and Cellular Inhibitor of Apoptosis Protein 1 (cIAP1) as well as Nuclear factor erythroid 2-related factor 2 (Nrf2), are regulated by eIF5B in glioblastoma multiforme (GBM) cells (Ross et al., 2019, 2020). There is also growing evidence of high eIF5B expression levels in various malignancies like GBM, lung adenocarcinoma (LUAD) and hepatocellular carcinoma (HCC), signifying the importance of eIF5B as the stress-related tumorigenic eIF (Wang et al., 2016; Ross et al., 2019; Suresh et al., 2020). In fact, high eIF5B levels were associated with poor prognosis for HCC patients, while low eIF5B levels resulted in smaller tumor sizes, lower vascular invasions, and better survival rates (Wang et al., 2016). Studies on GBM cells show eIF5B depletion leads to reduced cell growth due to inhibition of the NF-κB pathway and sensitization to temozolomide (TMZ)-mediated apoptosis (Ross et al., 2019, 2020). Further, eIF5B aids the survival of GBM cells under hypoxic conditions by acting as one of the essential translational factors for the synthesis of hypoxia-response proteins and regulates carbon metabolism (Ho et al., 2018). In HCC, eIF5B indirectly promotes metastasis and proliferation by upregulating ArfGAP with SH3 Domain, Ankyrin Repeat and PH Domain 1 (ASAP1) expression both in vivo and in cellulo (Wang et al., 2016). Depletion of eIF5B in maraba virus infected and uninfected U2OS cells resulted in reduced Bcl-xL expression at both the transcriptional and translational levels (Hassanzadeh et al., 2019). This suggests eIF5B plays a role in regulating apoptosis during oncolytic virus treatment (Hassanzadeh et al., 2019). Depletion of eIF5B reduced tumor mass and propagation in lewis lung carcinoma (LLC) and non-small cell lung cancer (NSLC) cell lines, respectively, demonstrating the dependence of cancer cells on eIF5B for growth and proliferation (Suresh et al., 2020). In line with these findings, high levels of eIF5B under heme depletion induce translation of integrated stress response (ISR) dependent PD-L1, which inhibits T-cell activity. This clearly indicates that eIF5B promotes the survival of LLC and NSLC malignancies (Suresh et al., 2020). Additionally, under serum deprivation in the THP1 cell line, an acute increase in eIF5B levels is observed (Lee et al., 2014). When eIF5B is depleted, global translation is reserved and early G0 phase prohibition occurs, indicating the regulatory role of eIF5B in the cell cycle (Lee et al., 2014). eIF5B also regulates developmental pathways, in particular the mammalian target of rapamycin (mTOR) and mitogen-activated protein kinase (MAPK) pathways, which are activated by epidermal growth factor receptor (EGFR) (Jiang et al., 2016). Thus, these studies highlight that supressing the activity of eIF5B disrupts many pathways, alluding to its importance in oncogenesis.

Considering its pivotal role in cancer cells, eIF5B is emerging as a therapeutic target for cancer treatment. Numerous small molecules and proteins have been identified that could inhibit the activity of eIF5B. For example, a small molecule denoted LWW31 was suggested to inhibit eIF5B activity and lower the viability of cancer cells (Wu et al., 2016). Similarly, ribavirin triphosphate, a guanosine triphosphate analog, has been hypothesized to inhibit the activity of eIF5B (Galmozzi et al., 2012). Additionally, proteins like Puf6p and HIV-1 matrix have been identified, which have shown to repress the function of eIF5B in yeast and human, respectively (Wilson et al., 1999; Deng et al., 2008). These promising works highlight that further research is required to screen and identify clinically relevant small molecules and peptides for targeting eIF5B in “hard-to-treat” and “high-fatality” cancers such as GBM.



CONCLUDING REMARKS

The research works summarized in this review clearly illustrate that eIF5B is a crucial factor for canonical translation initiation. Its role in uORF- and IRES-mediated translation initiation has also been unequivocally established. To this end, the ability of eIF5B to interact with eIF5, eIF2A, and eIF1A as well as to bind and deliver initiator tRNA is critical for mRNA translation. eIF5B is overexpressed in several malignancies and its aberrant expression has been linked to glioblastoma, lung carcinoma, and hepatocellular carcinoma. Due to egregious levels of eIF5B and its conspicuous role in non-canonical translation, eIF5B is an important initiation factor for oncogenesis. It would be ideal to target eIF5B with the goal to regulate non-canonical translation using new small molecules. To achieve this goal, multi-omics (transcriptome, metabolome, as well as translatome and proteome) studies in cancer models are required to establish eIF5B as a biomarker for certain types of cancer. Additionally, fundamental biomedical and pre-clinical studies are necessary to establish eIF5B as a therapeutic target for cancer treatments. Finally, drug discovery research that includes the integration of computer-aided drug design (CADD) with machine learning and is complimented by traditional wet bench experiments must be done. Cancers with upregulated eIF5B have been challenging to treat, and this could change if druggability of eIF5B is further explored as it is a viable therapeutic target.
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Bacteria have to cope with oxidative stress caused by distinct Reactive Oxygen Species (ROS), derived not only from normal aerobic metabolism but also from oxidants present in their environments. The major ROS include superoxide O2−, hydrogen peroxide H2O2 and radical hydroxide HO•. To protect cells under oxidative stress, bacteria induce the expression of several genes, namely the SoxRS, OxyR and PerR regulons. Cells are able to tolerate a certain number of free radicals, but high levels of ROS result in the oxidation of several biomolecules. Strikingly, RNA is particularly susceptible to this common chemical damage. Oxidation of RNA causes the formation of strand breaks, elimination of bases or insertion of mutagenic lesions in the nucleobases. The most common modification is 8-hydroxyguanosine (8-oxo-G), an oxidized form of guanosine. The structure and function of virtually all RNA species (mRNA, rRNA, tRNA, sRNA) can be affected by RNA oxidation, leading to translational defects with harmful consequences for cell survival. However, bacteria have evolved RNA quality control pathways to eliminate oxidized RNA, involving RNA-binding proteins like the members of the MutT/Nudix family and the ribonuclease PNPase. Here we summarize the current knowledge on the bacterial stress response to RNA oxidation, namely we present the different ROS responsible for this chemical damage and describe the main strategies employed by bacteria to fight oxidative stress and control RNA damage.
Keywords: nucleotide modification, oxidative stress, 8-oxo-G, RNA oxidation, ROS, quality control of damaged RNA
INTRODUCTION
Oxidative Stress and Reactive Oxygen Species
Oxygen is an abundant component of the earth’s atmosphere and a crucial player in many forms of life. However, oxygen comes with a risk that is the production of highly reactive oxygen species (ROS), which chemically modify by oxidation a variety of macromolecules (RNA, DNA, proteins, and lipids) (Markkanen 2017). Consequently, the structure and therefore the function of these macromolecules can be affected, usually resulting in cell toxicity. In bacteria and other organisms, ROS can be either generated intracellularly, as result of aerobic metabolism or exogenously from the outside environment, as consequence of local exposure to increased levels of oxidative agents (Dubbs and Mongkolsuk 2012; Fasnacht and Polacek 2021). Cells possess mechanisms to counteract oxidation and can tolerate low levels of ROS. Indeed, at low levels, ROS can act as signaling molecules controlling different cellular processes, such as quorum sensing, biofilm formation or bacterial self-destruction (Zhao and Drlica 2014; Dryden et al., 2017). However, when there is an imbalance between the amount of ROS and the ability to eliminate them, cells suffer oxidative stress (Berghoff and Klug 2012). Three naturally occurring ROS species, superoxide anion (O2−), hydrogen peroxide (H2O2), and hydroxyl radical (HO•), display different reactivities and are the ones with major relevance in aerobic environments and oxidative stress (Figure 1A).
[image: Figure 1]FIGURE 1 | Main oxidative lesions found in RNA. (A) Redox state of molecular oxygen. From left to right: molecular oxygen (O2), superoxide anion (O2−), hydrogen peroxide (H2O2), hydroxyl radical (HO•) and water (H2O). The reduction potentials are shown regarding the standard concentration of O2 to be 1M at pH 7 (adapted from Imlay 2009). (B) Reaction of a guanosine with a hydroxyl radical, yielding 8-oxo-7,8-dihydroguanosine (8-oxo-G). (C) Three modified RNA nucleobases: oxidized adenosine 8-oxo-7,8-dihydroadenosine (8-oxo-A), oxidized cytosine 5-hydroxycytosine (5-HO-C) and oxidized uridine 5-hydroxyuridine (5-HO-U). Oxidation sites are marked as dashed circles. R represents the ribose group.
Superoxide Anion O2−
O2− is a non-diffusible free radical formed when O2 removes one electron from a donor. It can be produced both intracellularly and exogenously (Kehrer 2000; Imlay 2009). Inside bacterial cells, the major source of O2− is the autoxidation of enzymes like dehydrogenases, glutathione reductase and cytochromes P450 (Farr and Kogoma 1991; Gort and Imlay 1998). In eukaryotic cells, the most important source of ROS is the mitochondria via the electron transport chain system (Malla and Kwakye 2021). In phagocytes, O2− is largely produced by NADPH oxidase and is used for destruction of pathogens (Shatwell and Segal 1996; Kong and Lin 2010). Exogenously O2− can come from quinone-like compounds such as plumbagin and menadione or herbicidal paraquat (Farr et al., 1985; Suntres 2002; Criddle et al., 2006). Superoxide anion O2− has a half-life in the range of microseconds and it oxidizes several targets like ascorbate and thiols (Kehrer 2000). Additionally, it can be dismutated to H2O2 and O2 through the action of superoxide dismutase (SOD) (Fridovich 1989) and act as a reducing agent of transition metals like Fe3+ (Farr and Kogoma 1991).
Hydrogen Peroxide H2O2
Hydrogen peroxide is the simplest member of the class of peroxides. The main sources of internal H2O2 are the autoxidation of flavoenzymes and the dismutation of O2− and contrary to superoxide anion, hydrogen peroxide can easily cross the cellular membrane (Imlay 2009). There are specific environments with residual amounts of oxygen that can be hubs of H2O2 accumulation, such as the anoxic interfaces in soil, hydrothermal vents (Tapley et al., 1999; Ogino et al., 2018) and the intestine epithelium (Espey 2013). One possible theory to explain the presence of H2O2 in the intestine is its production by lactic acid bacteria (LAB) (Imlay 2009). There is evidence that LAB metabolism can use oxygen and release H2O2 to their environment (Seki et al., 2004). Released H2O2 can also cause growth arrest of other bacterial species (Pericone et al., 2000; Tong et al., 2007; Bao et al., 2017). H2O2 is more stable when compared to O2− with a half-life in the range of minutes (Kehrer 2000), and its decomposition is mediated by peroxidases like catalase (Winterbourn 2013). The most relevant reaction in which H2O2 is involved is undoubtedly the Fenton reaction (Fenton 1894). In this reaction, H2O2 interacts with metal cofactors such as iron (Fe2+) producing the highly reactive hydroxyl radicals HO• (Shcherbik and Pestov 2019).
Hydroxyl Radicals HO•
HO• is one of the most dangerous ROS due to a half-life in the range of nanoseconds and its extreme reactivity given the high electron potential of +2.33 V (Figure 1A). It can attack most of the organic molecules in the vicinity of its formation, reacting either with proteins, lipids, or nucleic acids, especially with thiamine and guanosine (Farr and Kogoma 1991). HO• can arise from absorption of a photon by tryptophan residues and from photochemical reactions in natural waters (Vaughan and Blough 1998). However, the most relevant source of HO• in biological systems is the Fenton reaction since iron is such an important micronutrient (Liochev et al., 1999). Note that the ROS levels of the different species are interconnected. As mentioned above, O2− reduces Fe3+ and its dismutation consequently produces H2O2; hence when the intracellular concentration of O2− increases, the concentration of H2O2 and subsequently HO• also increases. Contrarily to O2−, which can be eliminated by SOD, HO• cannot be eliminated by an enzymatic reaction (Reiter et al., 1995).
Reactive Oxygen Species and Cell Damage
An increase in ROS species is perilous to the cell as they cause an extensive damage to several targets, which include all biomolecules like proteins, lipids, and nucleic acids (DNA and RNA). As result of oxidation, the structure and function of these macromolecules are affected, with potentially toxic consequences that can ultimately result in cell death. Most protein oxidative modifications occur in the side chains of amino acids like oxidation of thiols and the formation of carbonyl groups affecting protein structure, conformation, and function (Dalle-Donne et al., 2006; Morzel et al., 2006; Zhang et al., 2013). Cysteine and methionine are the most susceptible amino acids to oxidation because they contain reactive sulfur atoms (Shacter 2000). In humans, most oxidized proteins are eliminated but some can accumulate and contribute to the damage associated with several diseases (Stadtman 2001). When ROS attack lipids, the products of this oxidation are lipid peroxides that mostly affect polyunsaturated fatty acids, which are critical components of cellular membranes (Niki 2009; Yin et al., 2011). Consequently, the accumulation of lipid peroxides results in changes in membrane permeability and fluidity (Dobretsov et al., 1977) and can affect ion channels, inactivate membrane transport proteins, disrupt homeostasis, and affect signaling pathways (Welsch 1987; Blair 2008; Su et al., 2019).
Nucleic acids are very susceptible to chemical damage given the reactivity of the nitrogen and oxygen atoms of the nucleobases (Simms and Zaher 2016). Among the four DNA nucleobases, guanine is the most prone to oxidation given its lower reduction potential (Steenken and Jovanovic 1997) and its oxidation can interfere with DNA metabolism like transcription and replication (Lee and Kang 2019). Contrarily to other macromolecules, damaged DNA cannot be replaced so it needs to be repaired to remain viable (Lee and Kang 2019). The main repair mechanism to correct non-bulky DNA lesions caused by oxidative stress is the base excision repair (Ignatov et al., 2017). Unlike DNA, no repair mechanisms have yet been identified for oxidized RNA, which imposes a challenge to the cell in order to keep homeostasis. This is even more important as RNA is more susceptible to oxidation than DNA (see below).
RNA OXIDATION
RNA accounts for 80–90% of the total nucleic acids (Hangauer et al., 2013; Li et al., 2020), and it affects the post-transcriptional regulation of gene expression (dos Santos et al., 2018; Quendera et al., 2020). ROS can attack RNA in different ways, whether it is through formation of abasic site, strand breaks or modifications of base and sugar moieties (Liu et al., 2012; Küpfer and Leumann 2014; Tanaka and Chock 2021). When compared to DNA, RNA molecules are more prone to oxidation for several reasons: 1) Being mostly single-stranded, the nucleobases of the RNA molecules are more exposed to ROS (Hofer et al., 2005); 2) RNA is less associated with proteins compared to DNA, making it more vulnerable (Cobley et al., 2018); 3) In physiological conditions the concentration of ribonucleotides is much higher than deoxyribonucleotides; therefore, the modifications are more likely to be incorporated into RNA than in DNA (Yan and Zaher 2019) and 4) RNA lacks repair mechanisms in contrast to what happens with DNA (Küpfer and Leumann 2014).
RNA molecules can be oxidized by HO• derived from the Fenton reaction by detaching the hydrogen from the C-H bonds, resulting in several oxidation adducts, namely: 8-oxo-7,8- dihydroguanosine (8-oxo-G), 8-oxo-7,8-dihydroadenosine (8-oxo-A), 5-hydroxyuridine (5-HO-U) and 5-hydrocytosine (5-HO-C) (Simms and Zaher 2016; Yan and Zaher 2019) (Figures 1B,C). Although all four nucleobases are affected by ROS, the most common oxidation lesion found in cells is the 8-oxo-G given that guanosine is the base with the lowest reduction potential (Radak and Boldogh 2010; Shcherbik and Pestov 2019; Estevez et al., 2021). Under physiological conditions, the frequency of 8-oxo-G is approximately of 1 per 100.000 of unmodified guanosines (Shen et al., 2000). This modification has a high propensity to cause mutations in the open reading frame leading to changes in gene expression and the development of aberrant proteins (Ishii and Sekiguchi 2019; Yan and Zaher 2019). Furthermore, 8-oxo-G can dramatically reduce the rate of peptide-bond formation, strongly impairing protein synthesis (Thomas et al., 2019).
When compared to DNA, the study of RNA damage by oxidation has been neglected, and this is mainly due to the assumption that RNAs tend to have a short half-life due to a rapid turnover before causing deleterious effects (Malla and Kwakye 2021; Tanaka and Chock 2021). This neglection resulted in an underestimation of the toxic effect of RNA oxidation on cells (Li et al., 2020). Next, we will provide examples on how RNA oxidation affects different RNA species within a cell (Figure 2).
[image: Figure 2]FIGURE 2 | Oxidation of different RNA species. Virtually all RNA species are vulnerable to RNA oxidation. The scheme depicts major consequences of oxidation damage of rRNA, mRNA, tRNA and sRNA/miRNA molecules. In the middle of the scheme are represented defects common to oxidation of all RNA molecules. Molecule templates were retrieved from BioRender database.
Ribosomal RNA
Ribosomal RNA composes the vast majority of total RNA molecules within a cell and is responsible for the structural and functional core of the ribosome (Cech 2000; Andrade et al., 2018; Dos Santos et al., 2020). Despite rRNAs being highly structured molecules, it is well established that rRNAs are a target for oxidation, not only in bacteria but also in higher organisms, and this has been associated with diseases (Ahmad et al., 2017; Willi et al., 2018). As we could expect, oxidation-induced modifications in the rRNA will affect important functional sites of the ribosome. In Escherichia coli it was shown that both the 16S rRNA (component of the small ribosomal subunit) and the 23S rRNA (component of the large ribosomal subunit) are subject to oxidation by H2O2 in vivo, although the 23S rRNA seems more prone to nucleobase oxidation (Willi et al., 2018). Specifically, it was shown that modification of three inner residues of the 23S rRNA (A2451, C2063, U2585) located in the catalytic center of the ribosome affects multiple steps of translation, such as peptide bond formation or tRNA binding to the ribosome. Oxidation of rRNA at specific positions within the ribosome can lead to defects in ribosome assembly (Simms and Zaher 2016). In addition, it was recently shown that the absence of methylations in the 23S rRNA at specific positions could make it more susceptible to oxidative stress, suggesting that oxidative damage to RNA can be regulated by the presence of post-transcriptional nucleoside modifications like methylation (Estevez et al., 2021).
Transfer RNA
Transfer RNAs are structured molecules with great abundance and stability in the cell. These molecules decode the different codons on mRNA and allow the correct amino acid to be added to the nascent polypeptide. Certain post-transcriptional modifications normally found in tRNAs like the 5-methylaminomethyl-2-thiouridine (mnm5s2U) were also found to reduce oxidation in tRNAs (Estevez et al., 2021). Oxidation of the tRNA nucleobases is likely to induce a profound effect on the overall structure of the molecule, thus affecting protein synthesis. An in vitro study where liquid chromatography tandem mass spectrometry was applied to E. coli tRNA showed that upon oxidation induced by UV radiation, several tRNA nucleosides were modified with the 8-oxo-G adduct (Sun et al., 2018). Specifically, oxidative damage was mostly found to affect the anticodon and variable loop regions sequences of tRNA (Sun et al., 2020), which correlates with translational errors in the decoding process and aminoacylation (Yan and Zaher 2019). Zhong et al. (2015) showed that under oxidative stress caused by H2O2, the vast majority of tRNAs in E. coli were decreased in vivo. This was shown to occur due to nonspecific extended tRNA degradation, in contrast to eukaryotic cells where tRNAs are cut in halves (Thompson et al., 2008). However, another report using a different E. coli strain revealed the reduction of only tRNAGly upon oxidation also with H2O2, with the global pool of tRNA remaining unchanged (Leiva et al., 2020). Therefore, the extent of tRNAs affected by oxidation is still debatable. The reduction of tRNA levels significantly slows down the translation elongation speed (Zhu and Dai 2019). This could be beneficial for bacteria as oxidative stress increases the probability of protein misfolding, which can be toxic to the cell. Concomitantly, overexpression of tRNAs was found to protect cells against oxidative stress, presumably by decreasing ribosome jamming found upon oxidation treatment, which causes the premature dissociation of RNA from ribosomes (Zhong et al., 2015).
Messenger RNA
Messenger RNA is responsible for carrying the information encoded in DNA to synthesize proteins. The 8-oxo-G modification can affect the translation process in E. coli by interfering with the A site of mRNA codons leading to the incorporation of a different amino acid (Simms et al., 2014). Recent studies expanded the mechanism by which 8-oxo-G affects the decoding process. This adduct was found to induce a syn conformation of the mRNA molecule, causing it to pair preferentially with a tRNA carrying adenosine instead of cytidine, therefore, disrupting the translation rate (Thomas et al., 2019; Zhu and Dai 2019). From these studies it was also possible to conclude that the mRNA alterations caused by 8-oxo-G seem to affect mRNA-tRNA interactions in the ribosome decoding center. From the three main steps of the translation process, it is the elongation step that seems to be most affected by oxidative stress, with increasing levels of stalled ribosomes found on the mRNA molecule upon oxidation treatment, as observed in E. coli and cyanobacteria (Nishiyama et al., 2006; Zhong et al., 2015).
Small Non-coding RNA
Small non-coding RNAs play an important role in the regulation of gene expression (Kavita et al., 2018; Quendera et al., 2020). In the literature there is no current evidence of direct oxidation of sRNAs in prokaryotes, although it seems likely that they are also targets for ROS, as it is the case of microRNAs (miRNAs) in eukaryotes. Namely, the microRNA miR-184 is highly oxidized and enriched in 8-oxo-G nucleotides upon H2O2 treatment (Wang et al., 2015). This oxidative modification influences the function of miR-184, which caused a substantial downregulation of Bcl-xL and Bcl-w mRNAs, promoting apoptosis to a higher extent. Recently, it was also reported that the miRNA miR-1 is preferentially oxidized in cardiac hypertrophy cases (Seok et al., 2020). Therefore, it is reasonable to think that like in miRNAs, bacterial sRNAs can also be oxidized under specific conditions. Further research is necessary to clarify whether this assumption proves to be true.
However, several studies demonstrated the importance of bacterial and even archaeal sRNAs in response to oxidative stress, namely by regulating the expression of important enzymes that protect the cell from ROS attacks. For instance, several sRNAs are known to regulate catalase expression in different bacteria. In Deinococcus radiodurans, the sRNA OsiA binds directly to the catalase katA mRNA and stabilizes the transcript (Chen et al., 2019). In this bacterium it was also shown that in conditions of oxidative stress, another sRNA called OsiR is highly expressed and base-pairs with the mRNA of KatE2, resulting in increased transcript levels and increased translation of KatE2, a second catalase of this bacterium (Gao et al., 2020). In Pseudomonas stutzeri A1501, the NfiS sRNA was also found to bind to the mRNA of the catalase coding gene katB (Zhang et al., 2019). Other sRNAs can regulate the expression of superoxide dismutase, as it the case of Staphylococcus aureus RscA which represses the translation of sodA mRNA and promotes the oxidative stress response via SodM (Lalaouna et al., 2019). Nevertheless, the role of sRNA is not restricted to regulation of ROS scavenging enzymes. sRNAs have been shown to act on multiple targets (Andrade et al., 2013) and may contribute for bacterial resistance to oxidative stress, namely through regulation of the expression of alternative transcription factors (Fröhlich and Gottesman 2018).
QUALITY CONTROL PATHWAYS TO ELIMINATE OXIDATED RNA
Oxidized nucleobases incorporated into either DNA or RNA are potentially mutagenic and constitute a major challenge for cell survival. In bacteria, oxidized DNA bases (which block replication or originate mutations) can be removed by base excision repair enzymes (namely MutM, endonucleases IV and VIII) (for more information see Imlay 2013). When the oxidative damage is too profuse, SOS response is triggered, allowing RecA protein to repair DNA oxidation-induced lesions. RecA itself can also be oxidized, but this can be reversed by Msr proteins to maintain a level of reduced functional RecA necessary to carry out both efficient recombination and SOS system repair (Henry et al., 2021). In a striking contrast, no similar mechanisms of repair have yet been reported for oxidized RNA. Such pathways may exist but simply have not been recognized yet. In favor of this view, a mechanism of repair for alkylated RNA by oxidative demethylases has already been reported, proving that damages in RNA bases are repairable (Aas et al., 2003). However, two RNA-binding proteins, MutT and PNPase, have been identified to participate in surveillance mechanisms that recognize and degrade oxidized RNA.
MutT/Nudix Family Members
Incorporation of oxidized ribonucleotides during RNA synthesis can lead to mutations (Li et al., 2014). E. coli RNA polymerase is ten-times less efficient in using 8-oxo-GTP than GTP (Taddei et al., 1997) and the human RNA polymerase II presents the same discriminatory activity (Hayakawa et al., 1999). MutT protein (a member of the Nudix family) was found to hydrolyze both 8-oxo-dGTP and 8-oxo-GTP, preventing their integration into DNA and RNA, respectively (Maki and Sekiguchi 1992; Taddei et al., 1997). In Mycobacterium tuberculosis, MutT1 and ADP-ribose pyrophosphatase (ADPRase) were shown to degrade 8-oxo-dGTP and 8-oxo-GTP/GDP (Patil et al., 2013). Such enzymatic activity is well conserved and human cells have four proteins responsible for degradation of oxidized nucleotides that are MutT homologues, namely MTH1, MTH2, MTH3 and NUDT5 (reviewed in Rudd et al., 2016).
Polynucleotide Phosphorylase
Bacterial PNPase is widely conserved and a major 3′-5′ exoribonuclease involved in RNA degradation (dos Santos et al., 2018). In E. coli, PNPase was found to have high affinity for 8-oxo-G containing RNA when compared to undamaged RNA (Hayakawa et al., 2001). In agreement with this result, PNPase-deficient E. coli cells are more sensitive to hydrogen peroxide and other oxidants than the wild-type, and the levels of 8-oxo-G were found to strongly accumulate in the PNPase mutant strain, as result of deficient elimination of these defective RNA molecules. Complementation of the mutant corrects both the growth defect and reduces the levels of 8-oxo-G, suggesting a direct role of PNPase in controlling the oxidative damage (Wu et al., 2009). The importance of PNPase to fight oxidative stress has been extended to other bacterial species, such as D. radiodurans (Chen et al., 2007) and Yersinia pestis (Henry et al., 2012), where PNPase was required to protect cells under oxidative stress. Moreover, human PNPase (hPNPase) is located mainly in the mitochondria where oxidative damage is elevated, which presupposes a role for hPNPase in controlling the level of oxidized RNA (Chen et al., 2006). PNPase-knocked down HeLa cells under H2O2 treatment presented reduced growth and higher 8-oxo-G content than the control (Wu and Li 2008). Overall, PNPase is a major enzyme acting in the quality control of RNA and can discriminate among oxidized and non-oxidized forms of RNA, showing higher affinity to binding and degradation of oxidation modified RNAs in different organisms.
Another example of a protein that binds oxidized RNA is the mammalian Y box-binding protein 1 (YB-1), which specifically binds with high affinity to 8-oxo-G-containing RNA oligonucleotides (Hayakawa et al., 2002). The YB-1 domain responsible for RNA-binding is the cold shock domain and it has more than 40% homology to the major cold shock protein in E. coli, CspA (Matsumoto and Wolffe 1998). It is a multifunctional protein that can bind to both RNA and DNA and is important for transcriptional and translational regulation. When full length YB-1 was introduced and overexpressed in E. coli, bacteria became more resistant to paraquat oxidative stress (Hayakawa et al., 2002). However, when the RNA-binding domain was removed, cells were more susceptible to the oxidant. YB-1 could work as an RNA chaperone and be involved in the sequestration of oxidized RNA, preventing the translation of 8-oxo-G-containing mRNAs (Li et al., 2006). On the other hand, YB-1 could bind to oxidized ribonucleotides and recruit other factors for subsequent degradation. It is possible that both PNPase and YB-1 could have a cooperative function that protects cells against oxidized RNA, however the detailed mechanisms are still elusive (Ishii and Sekiguchi 2019).
SCAVENGER ENZYMES AGAINST FREE RADICALS IN BACTERIA
Bacteria (and other organisms) are only able to tolerate a certain amount of non-harmful levels of ROS. To mitigate this threat, bacteria have evolved several mechanisms to fight oxidative stress and avoid the imbalance of ROS levels that lead to cell toxicity. From these, the presence of scavenging enzymes that consume ROS (superoxide dismutases, catalases and peroxidases) are critical in self-defense mechanisms against oxidative stress in bacteria.
Superoxide Dismutase for Degradation of Superoxide
Superoxide dismutase is a family of enzymes widespread among bacteria, which act as a metalloenzyme that converts superoxide anion to hydrogen peroxide and molecular oxygen (Steinman 1988). E. coli has two cytoplasmic enzymes (Fe-SOD and Mn-SOD) and a periplasmic enzyme (Cu-Zn-SOD) (Imlay 2013). High titers of cytoplasmic SODs maintain steady-state superoxide levels at a sub-nanomolar concentration (Imlay and Fridovich 1991) in order to avoid toxicity by O2−. Being structurally and kinetically similar, the role of Mn-SOD and Fe-SOD is to ensure that SOD activity is present under a wide range of metal bioavailability. The two isozymes are coordinately regulated in response to iron levels: when iron is abundant, Fur (Ferric uptake regulator) inhibits Mn-SOD transcription while Fe-SOD is synthesized and activated by iron; when iron levels are reduced, Fur is deactivated and there is transcription of both Mn-SOD and the sRNA RyhB, which will repress Fe-SOD mRNA (Tardat and Touati 1991; Massé and Gottesman 2002). In anaerobic conditions, only Fe-SOD synthesis persists to prepare E. coli for subsequent aeration and consequent superoxide formation. Fe-SOD enzyme is favored by evolution in anaerobic habitats due to the biological availability of iron. Regarding periplasmic SODs, they protect bacteria from superoxide that leaks from respiratory chain components to the outer part of the cytoplasmic membrane. These SODs are under the control of the RNA polymerase sigma factor RpoS (also called σ38, Sigma S or KatF), and are strongly induced when aerobic cells enter stationary phase (Imlay 2009).
Catalases and Peroxidases for Degradation of Hydrogen Peroxide
Catalases are common in most bacteria, with exceptions found in Gram-positive bacteria like streptococci, enterococci and leuconostocs (Mishra and Imlay 2012). E. coli has three main enzymes that can degrade hydrogen peroxide: alkyl hydroperoxide reductase (Ahp), catalase G (KatG) and catalase E (KatE) (Seaver and Imlay, 2001). Ahp is a two-component (AhpC-AhpF) thiol-based peroxidase that transfers electrons from NADH to H2O2, reducing it to water. KatG belongs to the catalase-peroxidase family and is only weakly expressed in exponential cells. However, the transcriptional regulator OxyR strongly induces both ahpCF and katG when cells are stressed by exogenous H2O2 (see below). KatE is strongly expressed in stationary phase cells only, since it is induced by the RpoS system (Schellhorn and Hassan, 1988). These functionally redundant enzymes are used at different conditions: peroxidases are the primary scavenger at low H2O2 concentrations, whereas catalases are used at higher levels of H2O2 or when cells are starved (Imlay, 2013). Additionally, in the E. coli periplasm, cytochrome c peroxidase (Ccp) receives electrons from the respiratory chain and transfers them directly to H2O2 (Partridge et al., 2007). Ccp instead of eliminating H2O2 allows the cell to use it as a terminal oxidant to support respiration (Khademian and Imlay, 2017). This function is beneficial only when molecular oxygen is unavailable.
PERCEIVING REDOX SIGNALS FROM REACTIVE OXYGEN SPECIES
To protect cells under oxidative stress, bacteria induce the expression of several genes, namely the SoxRS, OxyR and PerR systems. The activation of these multigene transcriptional pathways is critical to the bacterial response to oxidative stress and will be next presented.
SoxRS System
Bacteria have evolved transcriptional regulators capable of perceiving redox signals from ROS, and consequently regulate enzymatic antioxidant systems (Lushchak and Storey 2021). The SoxRS regulon is a response mechanism to O2− and to redox-cycling compounds, but not to H2O2 (Gu and Imlay 2011). This system is controlled by two proteins, which activate consecutively two stages of transcription (González-Flecha and Demple 2000). SoxR is a homodimer, each with an iron-sulfur cluster [2Fe-2S] center (Hidalgo et al., 1997) and whose activity depends on its oxidation state. Only the oxidized form ([2Fe-2S]2+) is active and able to induce transcription of soxS (Gaudu and Weiss 1996). SoxS is a second transcriptional activator that induces the transcription of more than 100 genes with functions in antioxidant defense, damage repair and maintenance of central metabolisms that allow the cell to survive under oxidative stress (Nunoshiba et al., 1992; Wu and Weiss 1992). Some of the genes regulated by SoxS are sodA, nfo, zwf, fumC, acnA, fur and ntrA (González-Flecha and Demple 2000; Touati 2000; Pomposiello et al., 2003; Blanchard et al., 2007). After oxidative stress, SoxR is again reduced and inactivated through reducing systems encoded by rseC and rsxABCDGE operon. Therefore, these systems maintain SoxR in its reduced state, preventing activation of the SoxRS regulon (Koo et al., 2003). Also, when oxidative stress decreases, SoxS is rapidly degraded by proteolysis (Griffith et al., 2004). The transcription factor SoxR is widely distributed in Actinobacteria and Proteobacteria. However, while in enteric bacteria SoxR activates the expression of SoxS which in turn controls the expression of a diverse class of genes involved in the stress response, in nonenteric bacteria (like Pseudomonas aeruginosa or Streptomyces coelicolor) SoxS is absent, and SoxR directly activates a small sets of genes in response to redox-cycling agents (Chiang and Schellhorn 2012; Kobayashi et al., 2014; Mettert and Kiley 2015).
OxyR System
The OxyR system is primarily responsible for recognizing and maintaining hydrogen peroxide levels in the cell (Åslund et al., 1999). OxyR is a LysR-type transcriptional regulator, widespread in most Gram-negative bacteria but it has also been reported in some Gram-positive bacteria, such as S. aureus and S. coelicolor (Morikawa et al., 2006; Oh et al., 2007). The transcriptional activity of OxyR activity depends on its redox state, as it can either act as activator if in its oxidized form or as repressor when in reducing conditions (Christman et al., 1989; Heo et al., 2010). OxyR acts as a tetramer and specifically binds to the 5’ promoter regions of target genes at a conserved sequence motif (Toledano et al., 1994). In E. coli, the OxyR regulon spans more than 20 different genes, involved in several molecular mechanisms of adaptive response to redox stress, such as H2O2 detoxification (katE and ahpCF), heme biosynthesis (hemH), reductant supply (grxA, gorA, trxC), repression of iron import (fur, encoding Fur regulator of ferric ion uptake) and others (Zheng et al., 1999; Zheng et al., 2001a; Zheng et al., 2001b). Additionally, OxyR upregulates the expression of OxyS, a small regulatory RNA that directs peroxide stress response (González-Flecha and Demple 1999; Fröhlich and Gottesman 2018). Although OxyS does not directly affect the combat against excessive H2O2, this sRNA seems to play a role in protection from H2O2-induced mutagenesis (Altuvia et al., 1997). Additionally, depletion of OxyS has shown to result in considerably higher levels of H2O2 in E. coli (González-Flecha and Demple 1999).
Regulation by OxyR in E. coli begins by sensing the levels of H2O2 at a specific cysteine residue in the protein (C199). Under regular conditions, OxyR is present in its reduced form (Zheng et al., 1998). Increased levels of H2O2 result in the rapid oxidation of OxyR: the peroxide molecule reacts with the thiol group of C199, leading to interaction with the C208-SH to form an intramolecular disulphide bond, inducing conformational changes which alter the DNA binding properties of OxyR, allowing effective interaction with RNA polymerase (Lee et al., 2004). This molecular mechanism is then reversed through feedback regulation, since oxidized OxyR induces the expression of the grxA and gor genes, encoding glutaredoxin 1 and glutathione reductase, which act to reduce OxyR (Zheng et al., 1998). Although the OxyR system has been mostly studied in E. coli, different bacteria have evolved in the direction to adapt their particular OxyR regulon to better suit their environmental niches: they may display differences in the molecular mechanism of H2O2 regulation, the number of OxyR homologs or the type of genes present in their regulon (further reviewed in Sen and Imlay 2021).
PerR System
Despite OxyR importance, the most prevalent system for preventing peroxide oxidative stress in Gram-positive bacteria is the PerR system. PerR belongs to the ferric uptake regulator (Fur) superfamily of metalloregulatory transcription factors, firstly identified in Bacillus subtilis where it is found to be the key regulator of the H2O2 response (Bsat et al., 1998). PerR has also been identified in some Gram-negative bacteria (van Vliet et al., 1999; Li et al., 2004), found primarily in association with OxyR (Wu et al., 2006). PerR is a transcriptional factor that acts as a dimer and in response to metal ions inside the cell through metal-catalyzed oxidation (Mongkolsuk and Helmann 2002). Each subunit contains a structural site that binds irreversibly to zinc (Zn2+) and a regulatory metal binding site (Jacquamet et al., 2009). In B. subtilis, PerR binds either to manganese (Mn2+) or to ferrous iron (Fe2+), which is preferred in most conditions (Sen and Imlay 2021). The metal-bound conformation of PerR binds to DNA and this binding occurs at a specific Per box (Fuangthong and Helmann 2003) located in the promoter region or downstream from it, acting then as a repressor (Dubbs and Mongkolsuk 2012).
Regulation by PerR is based on the oxidation of ferrous iron (Fe2+) into ferric iron (Fe3+) at the regulatory site. Under non-stress conditions, binding of the regulatory metal stabilizes the conformation of the PerR dimer to better interact with DNA, which leads to the repression of the PerR regulon (Jacquamet et al., 2009). When intracellular H2O2 level increase, excess peroxide causes the oxidation of the iron ions in the regulatory sites of PerR through the Fenton reaction (Lee and Helmann 2006). PerR then undergoes conformational changes that render it unable to interact with DNA (Imlay 2015), leading to the derepression of PerR regulated genes. Most of these genes are involved in peroxide stress metabolism and protection (kat, ahpCF operon, mrgA), but some participate in metal homeostasis (hemAXCDBL operon) and surfactant production (srfA) (Chen et al., 1995; Bsat et al., 1996, 1998; Hayashi et al., 2005). Similarly to OxyR, different bacteria may have evolved to use PerR in different ways to better adapt to their environmental niche but PerR homologs tend to normally regulate similar groups of genes.
CONCLUSION
Aerobic organisms have developed over time the ability to maintain the levels of intracellular ROS within specific limits, to prevent ROS insults that can damage distinct classes of biomolecules. However, when self-defense mechanisms fail to protect the cell, ROS levels increase and as result of this imbalance, the cell faces oxidative stress. Due to its chemistry, RNA is highly susceptible to oxidation, which leads to the modification of nucleobases (namely, the formation of 8-oxo-G) causing RNA injury with potential mutagenic consequences. Since RNA is at the center of cellular regulatory pathways, the chemical damage of RNA triggered by ROS has a wide impact in gene expression. The importance of this impact is even stressed as RNA is highly expressed, comprising most nucleic acids within a cell, with the existence of many different classes of RNAs (mRNA, rRNA, tRNA and sRNA). Virtually, all these different RNA species are vulnerable to oxidation-induced damage, affecting translation at various levels. Not only the rate of protein synthesis is slowed but also the formation of aberrant proteins is potentiated, what may affect cell fitness and even cause cell death. The consequences of RNA damage by oxidation are widespread through all domains of life. Interestingly, in humans, the oxidation of RNA is implicated in several diseases, like cancer (Guo et al., 2020), diabetes (Cejvanovic et al., 2018), and neurodegenerative disorders (Fimognari 2015). Bacteria developed quality control mechanisms to specifically degrade oxidized RNA, in order to guarantee RNA fidelity. These surveillance mechanisms also rely on RNA-binding proteins that show higher affinity to bind oxidized RNA rather than non-damaged RNA. However, the number of proteins which were identified to participate in these mechanisms is rather small, with the best-known examples relying on PNPase and MutT. Nevertheless, it seems likely that other RNA-binding proteins participate in the surveillance of oxidized RNAs. Overall, the study of the bacterial response to oxidative stress and oxidation of RNA is an area that will certainly attract more attention in the years to come.
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Bioreporter systems based on detectable enzyme activity, such as that of beta-galactosidase or luciferase, are key in novel bacterial promoter discovery and study. While these systems permit quantification of gene expression, their use is limited by the toxicity of the expressed reporter enzymes in a given host. Indeed, the most potent promoters may be overlooked if their activity causes a lethal overproduction of the reporter genes when screening for transcriptional activity of potential promoter sequences with the luxCDABE cassette. To overcome this limitation, a variation of the mini-CTX-lux plasmid has been designed which allows reduction of promoter activity via the addition of an adjacent fluoride riboswitch. The riboswitch adds a layer of regulation between the promoter and the reporter gene, allowing cloning of stronger promoters by weakening expression, while giving the potential to induce with fluoride to provide a good signal for weaker promoters, thus circumventing limitations associated with reporter toxicity. We noticed the riboswitch potential portability issues between species, suggesting caution when using riboswitches non-native to the species where it is being used. This study introduces a new molecular biology tool which will allow for the identification of previously unverifiable or uncharacterized potent promoters and also provides a cloning vector for translational fusion with luciferase in a plasmid compatible with many species such as from the genera Burkholderia and Pseudomonas.
Keywords: plasmid, promoter, regulatory region, luciferase, translational fusion, fluoride riboswitch, Burkholderia, Pseudomonas
INTRODUCTION
Reporter genes encoding for proteins which are easily detectable through sensitive and simple means (colorimetry, fluorescence, luminescence) are key elements to numerous gene expression studies and critical to decipher regulatory elements, including the discovery of new promoters and their characterization in terms of strength and dynamics. Common reporter proteins include β-galactosidase, Green Fluorescent Protein (GFP) and luciferase; detected either by spectrophotometry, fluorimetry or luminometry, respectively. As a rule of thumb, when gene regulatory elements are cloned upstream of a reporter gene, a high reporter protein signal indicates a strong promoter, while a low signal is attributed to a weak promoter. Strategies have been developed to allow for weak promoter detection and characterization via reporter gene assays (Guo et al., 2019), however to our knowledge, no strategy for the detection and study of circumstantially lethal potent promoters, have been suggested. Classical gene reporter assays may have biases against the most potent promoters. The toxicity caused by overexpression of reporter proteins could inhibit the growth of potential clones causing an important gap in new promoter discovery.
Many DNA cloning experiments are not successful and are deemed to be technical mysteries. This failure may appear initially as a cloning gap in full genome screens or as an absence of transformed colonies for a given construct in a species of interest other than the shuttle species. A possible reason for these failures may be that an overexpression of the detectable protein in the designed construct has caused a lethal metabolic burden for the cell and thus an absence of viable construct-validated clones. Previously, it has been shown through genome sequencing of clone-based assemblies that many occurring cloning gaps were not technical failures but rather a consequence of the sequences coding for toxic products (Kimelman et al., 2012). As cloning and transformation experiments often involve propagating the construct across different species, constructs must be compatible with the cloning hosts being manipulated in order for an experiment to be successful. While toxicity level thresholds of different reporter genes, their substrates, or byproducts vary depending on the host organism, overexpression of any protein can potentially be toxic (Bolognesi and Lehner, 2018). In fact, toxicity has been previously reported for luciferase substrate N-decyl aldehyde in Saccharomyces cerevisae and Caenorhabditis elegans (Hollis et al., 2001); for constitutive expression of Gaussia princeps luciferase (Gluc) in Escherichia coli (Liu et al., 2014); for β-galactosidase expression in E. coli under osmotic stress (Malakar et al., 2014); and for GFP in S. cerevisae (Kintaka et al., 2016). One study concluded that for a number of proteins, the overexpression burden limit in S. cerevisae is achieved for normally non-harmful proteins once it constitutes up to 15% of the total cellular proteins (Eguchi et al., 2018).
The goal of the cloning strategy described in this paper was to decouple the cloning and transformation process from the evaluation of promoter activity in a host organism. To the best of our knowledge, no such strategy has previously been described. To this end we believe riboswitches, ligand-specific RNA cis-acting gene regulatory elements, may be important tools for dampening the strength of potent constitutive or potent uncharacterized inducible promoters. By sandwiching an appropriate riboswitch between the potent promoter and the reporter gene, expression levels may be controlled and adjusted down to viable levels during promoter screening or characterization assays (Figures 1A,B). Many expression vectors are designed for protein induction via inducible promoters to avoid toxicity of the protein to be purified during cloning and growth, however to our knowledge no vector exists for controlled promoter read-out via inducible 5’ UnTranslated Regions (UTRs). Different approaches may be used to reduce expression levels, such as copy number or forced chromosomal integration, this was reviewed in (Camps, 2010) and (Marschall et al., 2016). Others (Xu et al., 2013) have evaluated copy number of plasmids to optimize fatty acid production in E. coli and found, expectedly, that high copy number plasmids incurred higher expression which was deleterious to growth in certain conditions. In principle, copy number could be controlled either by mutating the ori or, at least in the case of ColE1 plasmids, mutating and changing the ratios of RNAII and/or RNAI, which control plasmid replication (Standley et al., 2019). However, in addition to limiting us to ColE1 plasmids, this has been done such that copy number can be achieved with different mutants, but we are not aware of a system that allows control of copy number in a manner similar to induction systems.
[image: Figure 1]FIGURE 1 | Riboswitch-mediated reporter expression under the control of a potent promoter. Schematic diagram of a potent promoter dampening strategy with one (A) or two (B) riboswitches. (C) Key features of pVK-f-lux, a parts-swappable mini-CTX-lux derived backbone for convenient cloning of promoters and RNA regulatory parts. MCS1 contains CsiI-XmaJI-SacI restriction sites and MCS2 contains NcoI-SdaI-ScaI restriction sites. A type IIS restriction site is located at the beginning of luxC allowing digestion into the second codon for scar-free translational fusion. GA overlaps for double digestions with SacI and NcoI or ScaI and AarI have been designed for allowing interchangeability of parts as described (Supplementary Material: Quick User Manual for pVK-f-lux). These double digestions are buffer compatible and yield fragments visible on an agarose gel (approximately 300 and 400 bp in length, see Supplementary Figure S3 for more details). (D) Plasmid map of pVK-f-lux and pVK-f2-lux.
When choosing the right promoter-dampening riboswitch for an experiment it is important to consider its compatibility with the shuttle and final host species. Criteria to consider include regulation range dynamics of the riboswitch (including fold induction and regulation mechanism), and whether or not the trigger ligand is endogenous to the species and what systems exist, if any, to control ligand concentrations inside the cell. For this study, we identified the fluoride riboswitch (F RS) as a potential candidate for mitigating the potency of two promoters to be used in a reporter gene system: the constitutive S7 ribosomal protein gene promoter (PS7) from Paraburkholderia xenovorans strain LB400 and the P1 integron promoter originally from R388, a trimethoprim-resistance broad-host-range plasmid (Zolg and Hanggi, 1981; DeShazer and Woods, 1996; Massey et al., 2011). These promoters were meant to be cloned upstream of the lux cassette in a strategically redesigned version of mini-CTX-lux (Becher and Schweizer, 2000), a high copy plasmid in E. coli or a single copy chromosomal integration plasmid for Burkholderia thailandensis and Pseudomonas aeruginosa. The fluoride riboswitch has the advantage of controlling gene expression according to concentrations of fluoride, a non-cellular metabolite. This conserved RNA structure is widespread across bacteria and archaea and is known to upregulate, in the presence of fluoride ions, the expression of proteins which manage its exportation, such as the CrcB proteins and the CLC proteins, fluoride-specific channels which act as fluoride/proton antiporters (Weinberg et al., 2010; Baker et al., 2012; Stockbridge et al., 2012). The atomic resolution structure of this riboswitch, was shown to have a four base pairs pseudoknot and two small pseudoknots of a single base pair, with the ligand, fluoride ions, coordinated to 3 Mg2+ ions, themselves coordinated by water and the ribose-phosphate backbone (Ren et al., 2012). This widespread riboswitch regulates numerous genes and uses different expression platforms, sometimes with obvious Rho-independent transcription terminators and sometimes presumably through translation regulation (Weinberg et al., 2010; Baker et al., 2012). Typically, F RS have a KD ∼ 50 μM, according to in vitro assays performed with instances of this riboswitch from four different species, but the concentration added in media that will trigger the riboswitch is much higher (mM range) due to active export of fluoride ions (Baker et al., 2012). Additionally, the fluoride riboswitch from a thermophilic archaeon has been previously used as an alternative strategy to inducible promoters for regulating gene expression in hyperthermophiles (Speed et al., 2018).
Our redesigned plasmid, which we named pVK-f-lux, features optimal cloning features for allowing to easily swap promoters and 5′UTRs as needed in order to find the right combination for a particular experiment. Additionally, it is optimized to allow for scar-free translational fusion cloning, a feature not often present in reporter vectors, but essential for studying many cis-regulatory RNA elements. Our plasmid is designed for Gibson assembly (GA) cloning but may also be used with a restriction enzyme digestion and ligation approach.
METHODS
DNA Amplification and Reporter Plasmid Construct Assembly
Oligonucleotides from Integrated DNA Technologies (25 nmoles DNA oligonucleotides and 500 ng of gBlocks® Gene Fragments) were used. DNA parts for GA cloning were amplified using the Q5® High-Fidelity DNA Polymerase (New England Biolabs) using a touchdown-gradient PCR protocol as previously described (Korbie and Mattick, 2008) and appropriate primers and template as specified in Supplementary Table S1. Touchdown annealing cycles (−1.2°C/cycle for 10 cycles) were performed from 71°C down to 60.2°C and were followed by 20 cycles of constant annealing temperatures (with five tubes in a gradient from 55°C to 72°C). Reactions with the most specificity were chosen for further cloning steps. Backbone vectors, as per specific cloning attempts (Supplementary Table S1 and Supplementary Table S2) were linearized using restriction enzymes (Thermo Fisher Scientific) as described. GA cloning was carried out using diluted PCR products, unpurified restriction digestion products and the NEBuilder® HiFi DNA Assembly Master Mix kit (New England Biolabs) according to the manufacturer protocol.
Bacterial Strains and Construction of Reporter Strains
All strains and clones used in this study are enumerated in Supplementary Table S3. All strains were grown at 37°C on a rotary agitator in liquid Luria Broth (Alpha Biosciences) or on Petri dishes of Luria agar (Alpha Biosciences). GA-cloned plasmid constructs were transformed into either E. coli strain DH5α or strain SM10λpir as follows. Either 2 µL of the GA reaction or 25 ng of the plasmid of interest was added to 100 µL of thawed chemically competent cells on ice and incubated for 20 min. A thermal shock was performed for 40 s at 42°C followed by a 3-min incubation on ice. 300 µL of Luria broth was added to the mix and cells were incubated at 37°C for 1 h with agitation at 250 rpm. 150 µL of cells were spread on a prewarmed selection plate and incubated overnight at 37°C.
The constructs were integrated into the chromosome of B. thailandensis E264 by bi-parental conjugation with E. coli SM10λpir as follows. Pellets from 1.5 ml of overnight cultures diluted to 0.5 OD600 for both E. coli SM10λpir donor strains and for B. thailandensis E264 WT strain were obtained by centrifugation at 7,000 g. Each pellet was resuspended in 25 µL of LB and pooled into a single drop on an antibiotic-free Luria agar dish for overnight incubation at 37°C. The resulting growth was resuspended in 1 ml of liquid Luria Broth using a sterile Q-tip and 100 µL was plated on Luria agar selection plates for B. thailandensis E264.
Liquid and solid selection media were supplemented with 15 μg/ml tetracycline for E. coli strains; and with 25 μg/ml tetracycline, 50 μg/ml gentamycine and 15 μg/ml polymyxin for B. thailandensis E264. When required, FH4KO2 was added to Luria agar selection plates or to liquid media in concentrations ranging from 0 to 31 mM. Transformed reporter strains were verified for luminescence signal using a microplate reader (Cytation 3; BioTek Instruments, Inc.). Plasmids were extracted from transformed E. coli strains using the Presto™ Mini Plasmid Kit (Geneaid) and sequences were confirmed by Sanger sequencing carried out at Genome Quebec (Montreal, Canada).
Testing Gibson Assembly-Based Cloning in the Plasmid
The designed overhangs of the 5′UTR DNA sequence which excludes the promoter region, were tested for compatibility for GA with a ScaI and AaRI digested backbone, by carrying out GAs with inserts containing the NcoI-SdaI-ScaI left overlap sequence of 17 nts and the AarI/luxC right overlap sequence of 21–24 nts (more details in the cloning flow chart in Supplementary Material).
Lux Reporter Assay
To assess time-course riboswitch regulation dynamics in bacteria, E. coli DH5α, E. coli SM10 and B. thailandensis strains transformed with constructs of interest containing the P1 promoter and a 5′UTR translational fusion with the bacterial operon luxCDABE were first cultured overnight in LB supplemented with the same antibiotic composition as during transformation. Next, cells were pelleted by centrifugation at 15,000 x g for 3 min and washed twice with M9 Minimal Media (M9-MM). Cells were then suspended in fresh M9-MM. M9-MM was prepared by combining 200 ml of sterile M9 salts (64 g/L Na2HPO4-7H2O, 15 g/L KH2PO4, 2.5 g/L NaCl, 5.0 g/L NH4Cl with 2 ml of sterile 1 M MgSO4 or MgCl2, 20 ml of 20% glucose and 100 µL of sterile 1 M CaCl2 in a total volume of 1,000 ml of sterile deionised water. Assays were carried out in 96-well microplates from Greiner Bio-One (Microplate, 96 well, PS F-bottom [chimney well], white, med. binding Ref: 655095). Each well contained a total culture volume of 200 μL of antibiotic supplemented 0.5X M9-MM. Cultures were adjusted to an initial optical density at 600 nm (OD600) of approximately 0.06. To seal the plate, an optical film was used before reading. Luminescence and OD600 readings were recorded at 20 min intervals with a multi-mode microplate reader (Cytation 3; BioTek Instruments, Inc.) for assay total run times between 30 and 60 h.
Luciferase Reporter Data Analysis
Average blank values for each time-point were subtracted from each corresponding well sample reading. All readings were cropped to start as soon as the OD600 reading hit 0.1 for an individual well. For each assay the number of time points used was adjusted to be the same for all samples unless otherwise stated. For determining the plateau OD600 value, the average value of the last 58 OD600 readings of a time-course luciferase assay was calculated.
Fold Induction of Total Luciferase Activity
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where:
[image: image]
Where ligand is fluoride ions (F-);
(lum/OD)-ligand(n) is the luminescence reading for a culture containing a P1+ F RS-lux construct of interest in absence of supplementary fluoride for the time point n normalized to its OD at 600 nm.
(lum/OD)+ligand(n) is the luminescence reading for a culture containing a P1+ F RS-lux construct of interest in presence of supplementary fluoride for the time point n normalized to its OD at 600 nm.
For the calculation of error on fold induction, standard deviation of both triplicates were combined with the following formula. [image: image]
Where FI is fold induction; σFI is standard deviation of fold induction; σF0 is standard deviation of triplicate at 0 mM F−; av. F0 is average of triplicate at 0 mM F−; and similarly for Fx (representing the triplicates of each fluoride concentration tested).
Peak lum/ OD600
The maximum peak luminescence value, in Relative Luminescence Units (RLU), was determined for a time-course reporter assay. This value was divided by the corresponding time-point OD600.
Average Lum/OD600
The average RLU value for all time points of each technical triplicate (i.e., for each clone, a single pre-culture divided in three wells for cultures with measurements over ∼ 2 days, or as described in figures and text) was divided by the average OD600 value for all time points of each triplicate, respectively. Additional replicate experiments were performed to ensure reproducibility, but were not included in statistics. In cases where reproducibility could not be assessed, it is mentioned in the text.
For the double fluoride riboswitch construct, because the luminescence was close to background, for each assay a restricted window of time was used to calculate FI. This window was selected when the average luminescence of triplicates over 1 hour (i.e., for nine data points) was greater than standard deviation for at least 2 hours in a row (in other words, when luminescence was above background). Such luminescence levels were observed only at concentrations of 31 and 62 mM fluoride and, to use the same time window for both concentrations, we limited ourselves from 22h00–29h20 for E. coli DH5α and from 7h00–12h00 for B. thailandensis.
RESULTS AND DISCUSSION
The pVK-F-Lux Plasmid Allows for Rapid Mixing and Matching Promoters and 5′UTRs
To study cis-regulatory RNA elements, we wanted to devise a luciferase reporter with a potent promoter to provide a strong signal. After multiple cloning attempts, sequencing of the only two clones with inserts of the correct size revealed mutations which would explain the lack of luminescence in these clones (Supplementary Figure S1). In that context, the most likely reason for these failed cloning experiments appeared to be a selective pressure against strong expression of this reporter. To us, this highlighted challenges related to the study of strong promoters and how many strong promoters might have been overlooked in past screening attempts. We thus used a fluoride riboswitch as a way to dampen expression independently of the promoter cloned upstream to design a new reporter tool with unique features.
For our design we chose to include three different single cutter restriction enzyme sites as GA overlap flanking sequences for the promoter region, both for the 5′ end, designated as the Multiple Cloning Site 1 (MCS1), and for the 3′end, designated as the Multiple Cloning Site 2 (MCS2) (Figures 1C,D). Two versions of the plasmid were constructed, containing either the P. syringae fluoride riboswitch (P. syr F RS), termed pVK-f-lux, or the B. thailandensis E264 fluoride riboswitch (B. thai F RS) (Supplementary Figure S2), termed pVK-f2-lux (Figure 1D). For the 3′ end of the 5′ UTR part, AarI, a type IIS restriction site was incorporated. If the inner restriction sites are used to cut the backbone to insert a promoter sequence, then the remainder of the MCS1 and MCS2 sequences on the linearized backbone are sufficient as GA overhangs (GA overlap 1 and GA overlap 2 in Figure 1C) and can be added to the insert of interest. Similarly, by digesting the backbone for a 5′ UTR part insert using the innermost (in relation to the insert position) MCS2 site, and the AarI site, the backbone remainder of the MCS2 site may be used for the 5′ GA overhang (GA overlap 3 in Figure 1C) and the beginning 15–20 nucleotides of luxC may be used as the 3′ end GA overhang (GA overlap 4 in Figure 1C). Short inserts (18 and 21 bp) could not be cloned, because a small insert size is already known to be detrimental for Gibson assembly (Roth et al., 2014).
The AarI RE site is positioned to cut the backbone directly after the 2nd nucleotide of the 2nd codon of luxC, which allows achieving a scar-free translational fusion (i.e., with no MCS sequence between a regulatory element under study and the start codon) with a choice of the desired start codon. This could be useful given that some known examples of non-AUG start codons are important for translational regulation (Hecht et al., 2017). If scar-free translational fusion is not a priority it is recommended to re-incorporate the AarI site and all depleted restriction sites into the constructs to allow for the flexibility of further cloning by using new plasmid constructs as backbones for new experiments rather than needing to start over from the original backbone, as required for many plasmid assembly methods. If at any point the innermost restriction enzyme recognition site of an MCS, in relation to the insert, is not ideal for a particular cloning strategy, when using a newly assembled backbone, there are still two other restriction sites which may be used at each MCS, thus avoiding, in most cases, the necessity to domesticate any inserts (Supplementary Figure S3). Additional information for using this plasmid is available (Supplementary Material: Quick User Manual for pVK-f-lux).
The Fluoride Riboswitch Dampens Reporter Gene Expression and Facilitates Potent Promoter Cloning
Having chosen the fluoride riboswitch as the candidate regulatory RNA for independent promoter dampening triggered by a non-cellular metabolite, we first needed to evaluate its usefulness to repress elevated expression levels with the option of re-activating expression. For this, we measured luminescence for a fluoride riboswitch reporter construct (pVK-f2-lux) in its original host organism (B. thailandensis E264) (Figure 2). Depending on the conditions and time, fluoride supplementation causes a ∼ 20X induction of luminescence (RLU/OD600) (Figure 2A). The addition of fluoride, or general ion content of media, had no apparent impact on osmotic pressure, since equivalent amounts of chloride (NaCl) made no difference (Supplementary Figure S4). In B. thailandensis E264, for OFF conformations (absence of fluoride), the repression capacity at the maximum peak expression of a 54 h time-course luciferase expression curve of the B. thai F RS was 28X greater than that of the P. syr F RS, and 117X greater than that of the B. thailandensis E264 metX UTR used as a control (B. thai metX 5′UTR; Figure 2C).
[image: Figure 2]FIGURE 2 | Time-course luminescence induction curves of B. thailandensis E264 clones containing the B. thailandensis fluoride riboswitch and repression effect. A 54 h time-course lux expression assay comparing lux/OD (A) and growth curves (B) of B. thailandensis E264 containing the P1-B. thai F RS-lux (pVK-f2-lux) constructs (See Supplementary Table S3: B. thailandensis E264/P1 + B. thai F) for either an ON-induced state of the fluoride riboswitch in the presence of 31 mM F−, or an OFF-repressed state fluoride riboswitch in the absence of F−. Cultures were grown and measured on the same 96-well microplate assay run and maximum peak levels of luciferase expression are indicated above curves in Relative Luminescence units (RLU) for un-normalised-to-OD signal strength comparison. The data points represent the means and standard deviations of triplicate values. (C) In vivo repression capability of three OFF-repressed riboswitch-containing constructs in B. thailandensis E264: B. thailandensis fluoride riboswitch construct (pVK-f2-lux—B. thai F RS), the P. syringae fluoride riboswitch (pVK-f-lux—P. syr F RS), and the B. thailandensis metX 5′UTR (B. thai metX 5′UTR). OFF-repression was achieved with 0 mM F- for fluoride riboswitch constructs and with 0.05 mM methionine for the metX 5′UTR construct which is suspected to have a regulatory element (Leyn et al., 2014; and unpublished data). RLU per OD600 and growth curves are shown as well (bottom left and right respectively). The data points represent the means of triplicate values.
Cloning attempts of PS7 were unsuccessful with the presence of one fluoride riboswitch, while cloning attempts of the P1 integron promoter were only successful in presence of a riboswitch—either the fluoride riboswitch sequence from B. thailandensis E264, the fluoride riboswitch sequence from P. syringae, three different 5′UTRs involved in methionine metabolism from B. thailandensis E264 or the yybP-ykoY riboswitch from P. aeruginosa PA14. This suggests that a 5′UTR dampening tool is imperative to repress promoter potency and reduce its toxicity. Cloning the AGGAGC RBS by itself downstream of the P1 promoter was unsuccessful using many GA design strategies (Supplementary Table S1). However, cloning this RBS was successful when integrated within one of the above-mentioned 5′UTR or when in tandem with a weak promoter such as that of the metK promoter from B. thailandensis E264. Moreover, we have successfully cloned the PS7 promoter using a construct comprising two fluoride riboswitches, one from Nitrosomonas europea ATCC 19718 and a second from B. thailandensis E264, both Betaproteobacteria.
Not all riboswitches enabled successful cloning of the strong P1 promoter, and only a combination of two riboswitches enabled cloning of the PS7 promoter, suggesting that the tested riboswitches alone did not sufficiently repress lux expression in their OFF conformations. As a reference, one study reported that mRNA coding for the S7 protein was among the top 3% in terms of total RNA quantity, highlighting how strong this promoter is, while metK mRNA was in the top 10% (Gorochowski et al., 2019). A full list of successful and unsuccessful cloning experiments enumerated in Table 1 highlights the relation between expression levels and successful cloning of the promoter.
TABLE 1 | Cloning success of the promoters upstream of the lux operon depends on the choice of 5′UTR.
[image: Table 1]The fluoride riboswitch may be a useful tool for screening for a wide range of promoters and not only those which are potent. For example, a library of unknown sequences containing possible promoters may be cloned into pVK-f-lux with an up-regulating fluoride riboswitch in the target host such that the same library of clones can be screened for reporter gene activity in the presence or absence of fluoride. In this way, a screen in the absence of fluoride (with maximum repression), would yield those clones containing the most potent promoters. In parallel, another screen with added fluoride to re-activate riboswitch-mediated repression would allow to detect weaker promoters. Ideally, fluoride threshold tolerance of the target species during transformation and reporter assays as well as the timing of the expression pattern should be determined prior to screening.
To test the possibility of using the fluoride riboswitch as a screening tool to mediate promoter potency during transformation of strong promoters (such as PS7 or P1 integron promoters), the viability of E. coli DH5α and E. coli SM10λpir transformant cells was assessed in the presence of 10 and 15 mM fluoride on selection plates. E. coli DH5α showed reduced viability at both concentrations as illustrated by the reduced number of visible colonies (Supplementary Figure S5). Colonies which grew on fluoride supplemented plates were also visibly smaller for all tested constructs. Sequenced plasmid extractions of overnight inoculations of the PS7 promoter + B. thai F RS-lux in liquid media with corresponding fluoride concentrations revealed non-functional mutants for all cases even those for which lux expression should have been repressed in fluoride supplemented media. We suspect that the cloning failure of PS7 in this experiment was due to insufficient repression of lux expression rather than fluoride concentration levels in the transformation media as sequencing results were similar to previous Gibson assembly attempts in absence of fluoride and using different GA designs for the same construct (Supplementary Material). Overall 33% of sequenced clones of the PS7 promoter + B. thai F RS-lux attempts from Supplementary Figure S5 contained a 56 nt addition and a point mutation of C285T, in reference to the PS7 sequence, 37% had a gap, and 30% had an unrelated sequence included as the insert (Supplementary Table S4). The effect of fluoride on growth in liquid expression media was also tested and B. thailandensis E264 clones with chromosomally integrated P1+riboswitch-lux constructs for the B. thailandensis or the P. syringae fluoride riboswitches. All were shown to grow equally well in 31.25 and 62.5 mM fluoride supplemented liquid media (as seen in Figure 2), demonstrating their tolerance to fluoride presence. The PS7 N. europea + B. thailandensis fluoride riboswitches construction was tested using different fluoride concentrations in E. coli DH5α and in B. thailandensis E264. In E. coli DH5α we saw an increase in luciferase expression at 62 mM of fluoride with a fold change of 25 compared to the condition without fluoride (Figure 3). This data suggests that with a double fluoride riboswitch construct we are able to clone the strong PS7 promoter and analyze its action in relation to luciferase expression. However, in spite of an apparently strong induction, this double-riboswitch construct is limited by a strong repression. Indeed, the ∼ 30 fold induction from Figure 3 hides a very low expression even when driven by PS7 (Supplementary Figure S6).
[image: Figure 3]FIGURE 3 | A double fluoride riboswitch construct with PS7 is strongly repressed and inducible. Total luciferase activity in cultures was calculated over an incubation period of a few hours, ∼ 7 h for E. coli DH5α and 5 h for B. thailandensis, these time points were selected because they were above background, as expression remained low even when induced (Supplementary Figure S6). Both were transformed with the B. thailandensis E264 fluoride riboswitch construct which has an additional fluoride riboswitch from Nitrosomonas europea upstream (pVK-2f2-lux). The plasmid is replicative in E. coli strains and integrative in B. thailandensis E264. Both pre-culture media (LB) and expression media (0.5X M9-MM) were supplemented with appropriate antibiotics depending on the species (see Methods). Fluoride induction concentrations are as indicated. Concentrations were chosen according to the maximum induction effect. The values for each sample represent the means and standard deviations of triplicates on the same microplate.
Luciferase expression was tested in E. coli DH5α, E. coli SM10λpir and B. thailandensis E264, each transformed with a construct containing the fluoride riboswitch originating either from B. thailandensis or from P. syringae (Figures 4A–C). While riboswitch modulation varied between conditions, for B. thailandensis it was coherent with the expected induction mechanism of F RS (Figures 4A,B,D–G), B. thailandensis E264 demonstrated an up-regulation, with a 5.1 fold change, up to 25 fold (Figure 2A) with the addition of fluoride, and even ∼ 65 fold in media with MgCl2 vs MgSO4 (Figure 4E) which we noticed fortuitously. In contrast, E. coli DH5α and E. coli SM10λpir yielded a very small up-regulation (if any) and we even observed a down-regulation in some assays (Figure 4C and Supplementary Figure S7A). In other words, we did not obtain reliable results with regards to fluoride-mediated induction for the shuttle vector E. coli, for which the riboswitches are not native. Nonetheless, repression apparently still occurred since our ability to clone constructs in E. coli closely paralleled the strength of promoters, most likely because of viability issues of constructs that strongly expressed luciferase (Table 1). It should also be noted that expression, and FI, varied considerably depending on media used (0.5X M9 with or without sulfur supplementation, i.e., MgCl2 or MgSO4) (Figures 4E–G). Moreover, fluoride ions being toxic, a pleiotropic effect is expected, such as reduced growth, especially for E. coli in presence of 62 mM fluoride, but also with regards to expression. Indeed, a slight fluoride-dependent repression was observed in B. thailandensis transformed with the B. thai metZ 5′UTR plasmid, even if this UTR harbors no F RS (Supplementary Figure S8). Other riboswitches were tested as well (Table 1), but either did not dampen expression enough to allow cloning or did not provide as good of a modulation (less than two fold). Regulation sensitivity thresholds were also tested for the P1 + B. thai F RS (pVK-f2-lux, Supplementary Table S2) constructs transformed into B. thailandensis E264 and visible regulation effect was achieved at 3.9 mM for B. thailandensis E264/P1 + B. thai F (Supplementary Figure S7). Characterization of presented constructs across different strains is important for understanding the limitations of a fluoride riboswitch-mediated lux reporter system. To this end, plasmid replication levels and luciferase expression levels were determined in E. coli SM10λpir and E. coli DH5α. E. coli SM10λpir expresses far more luciferase than E. coli DH5α at similar fitness levels based on the plateau OD600 value, however counterintuitively E. coli DH5α produces 1.4X more of pVK-f2-lux than the former (Supplementary Table S5).
[image: Figure 4]FIGURE 4 | The fluoride riboswitch modulation is affected by media and host strain. (A) Fold induction (FI) of total luciferase activity in cultures was calculated over an incubation period of ∼ 40 h (B. thailandensis transformed with the B. thailandensis E264 fluoride riboswitch construct—pVK-f2-lux) and ∼55 h (B. thailandensis E264, transformed with P. syringae fluoride riboswitch construct—pVK-f-lux). Both plasmids are replicative in E. coli strains and integrative in B. thailandensis E264. Both pre-culture media (LB) and expression media (0.5X M9-MM) were supplemented with appropriate antibiotics depending on the species (see Methods). (B) The same results are represented with the direct luminescence (sum) data. (C) Fluoride induction concentrations were 16 mM for E. coli DH5α and E. coli SM10λpir transformants and 31 mM for B. thailandensis E264. Concentrations were chosen according to the maximum induction effect. The FI values for each sample represent the means and standard deviations of triplicates on the same microplate. (D) Fold induction (FI) of B. thailandensis E264 transformed with the B. thailandensis E264 fluoride riboswitch for 31 mM and 62 mM of fluoride. (E–G) Different culturing conditions (MgCl2 vs MgSO4) were also evaluated. A much stronger induction by fluoride can be noticed with MgCl2.
When running a time-course expression assays, the duration should be optimized to ensure that an expression peak is attained for the given strain and media conditions. Even if addition of 8 mM or 16 mM fluoride induced luciferase expression in most relevant assays, some discrepancies were observed between some clones, both with regards to exact expression quantitation and growth curves. Additionally, peaks were reached at different times in different fluoride concentrations highlighting the importance of a sufficiently long assay run (Supplementary Figure S9). Oscillating expression (with ups and downs) may also be observed when using the fluoride riboswitch in reporter assays as fluoride concentrations inside bacteria will vary according to the activity of the fluoride export pumps (Supplementary Figure S9).
Characterization is not only important for understanding how different conditions affect riboswitch dynamics but also how they may affect the lux cassette enzymes, as the system is composed of five different enzymes (luxCDABE). We did test the system’s sensitivity to unrelated inducers/repressors. Effect of chloride (up to 15.6 mM) was tested on E. coli clones carrying pVK-f2-lux, however no regulatory effect was observed (Supplementary Figure S4). Methionine addition (up to 125 mM) to B. thailandensis E264 clones carrying pVK-f2-lux also did not have a regulatory effect.
CONCLUSION
In this study we designed a plasmid which allows for straightforward swapping of promoters and 5′ UTR translationally fused sequences directly from PCR amplified inserts using Gibson assembly-based homologous cloning. We also included the fluoride riboswitch as a tool for modulating reporter gene expression under the control of strong constitutive promoters, such as the P1 integron promoter, in order to circumvent possible reporter overexpression toxicity in both shuttle and final host species, even if it still has limitations, as exemplified by the cloning of the particularly strong PS7 promoter which required the combined repression of two riboswitches. We also illustrate that riboswitches used as cloning tools need to be characterized across shuttle species as well as the target species to ensure optimal use. Indeed, we discovered that in its native species the B. thailandensis fluoride riboswitch upregulates expression when supplemented with fluoride, yet this gene induction does not translate well to E. coli. This is not the first time such a phenomenon has been observed, there are several accounts of riboswitches discovered in metagenomes, or in bacteria difficult to transform, that do not modulate gene expression in model organisms like E. coli (personal communication, Ronald Breaker). Several reasons may explain this phenomenon: the difference in riboswitch expression platform folding kinetics due to difference in RNA polymerase activity across species or the wide gap in the GC% of their respective genomes (67 vs 50% for B. thailandensis and E. coli, respectively). Nevertheless, the repression (even if not necessarily relieved by fluoride) permitted cloning both in E. coli and B. thailandendis. This work may also serve as an example of riboswitch use to improve current cloning tools. Other riboswitches whose ligands are independent of the host organism’s metabolism and have less pleiotropic effects than fluoride, such as the theophylline synthetic riboswitch (Topp et al., 2010), may provide alternatives to apply the same approach, potentially circumventing some of the project-specific limitations that can be encountered the same way different resistance markers can be more or less appropriate for a given cloning experiment.
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The gene SYF2—an RNA splicing factor—can interact with Cyclin D-type binding protein 1 (GICP) in many biological processes, including splicing regulation, cell cycle regulation, and DNA damage repair. In our previous study we performed genome-wide identification and functional analysis of SYF2 in plant species. The phylogenetic relationships and expression profiles of SYF2 have not been systematically studied in animals, however. To this end, the gene structure, genes, and protein conserved motifs of 102 SYF2 homologous genes from 91 different animal species were systematically analyzed, along with conserved splicing sites in 45 representative vertebrate species. A differential comparative analysis of expression patterns in humans and mice was made. Molecular bioinformatics analysis of SYF2 showed the gene was conserved and functional in different animal species. In addition, expression pattern analysis found that SYF2 was highly expressed in hematopoietic stem cells, T cells, and lymphoid progenitor cells; in ovary, lung, and spleen; and in other cells and organs. This suggests that changes in SYF2 expression may be associated with disease development in these cells, tissues, or organs. In conclusion, our study analyzes the SYF2 disease resistance genes of different animal species through bioinformatics, reveals the relationship between the SYF2 genotype and the occurrence of certain diseases, and provides a theoretical basis for follow-up study of the relationship between the SYF2 gene and animal diseases.
Keywords: alternative splicing, SYF2, expression profile, gene family, proteogenomics
INTRODUCTION
In eukaryotic cells, gene expression can be roughly subdivided into three steps: transcription, splicing, and translation, and is performed by RNA polymerases, spliceosomes, and ribosomes. In 1977, scientists first discovered that adenovirus mRNA and its corresponding DNA transcription template did not form a continuous hybrid double strand, but was instead an extended circular single strand DNA at different locations. This suggests that genetic information is transferred from DNA to mRNA, not only by transcription, but also by RNA splicing (Berget et al., 1977). The pre-mRNA introns and exons produced during transcription are arranged alternately. Only after intron excision and exon splicing is complete can mature mRNA be generated and enter the translation process with coherent information (Chen et al., 2012). This is known as the splicing process. RNA splicing is an important process for regulating cell differentiation, proliferation, and survival, and is equally important in gene regulation. Splicing factors participate in the splicing process of RNA precursors, and their presence causes the final protein products to show different functional and structural characteristics, thereby increasing genetic diversity. In recent years, sequencing technology and transcriptome analyses have revealed that alternative splicing is ubiquitous in various species (Chen et al., 2021; Song et al., 2021), and can lead to profound changes in gene expression patterns during development (Chen M.-X. et al., 2020). The molecular mechanism of RNA splicing consists of a two-step transesterification reaction (Toro et al., 2007; Wan et al., 2016). This deceptively simple chemical reaction is difficult to perform in cells on its own, and it requires a spliceosome to complete it. During RNA splicing, a large and highly dynamic molecular machine in the cell nucleus is pieced together from many different components. It is a ribosomal protein complex that recognizes the splicing site of the RNA precursor, and catalyzes the splicing reaction. Its size is 60 S, and it is mainly dynamically composed of a variety of non-SNRNPs, assembled small nuclear ribonucleoproteins, and RNA (Madhani & Guthrie, 1994; Will & Lührmann, 1997). It is formed at various stages of splicing with the addition of snRNA. In addition, spliceosomes are classified into major and minor spliceosomes due to differences in the proportion of intron excisions they monitor. Approximately 99.5% of intron excision reactions, which are the primary spliceosomes during splicing, are monitored. The major spliceosomes can monitor approximately 99.5% of the intron resection response, while secondary spliceosomes are less efficient in monitoring intron excision reactions, accounting for only 0.5% (Lorkovic et al., 2005; Chen & Moore, 2015). When splicing occurs, there are two steps to the assembly of the spliceosome. First, the identification of the 3′ and 5′ splice sites is completed in a base-complementary manner, and the U2 snRNP is guided to bind to the branch site to form a splice precursor. The resulting product then combines with U4, U5, and U6 snRNP trimers to form a spliceosome (Will & Luhrmann, 2011). The average human body contains approximately 100,000 spliceosomes per cell. Spliceosomes can also be classified into two types, type I and type II. The first spliceosome contains five major snRNP subcomplexes: U1, U2, and U4 to U6. Five snRNPs, U5, U11, U12, U4atac, and U6atac, constitute the type II spliceosome (Chen & Moore, 2015).
SYF2, also called p29, or CBPIN, or NTC31, encodes a nuclear protein. SYF2 interacts with Cyclin D-type binding-protein 1 (GICP), is involved in cell cycle regulation and pre-mRNA splicing, and plays an important role in cancer progression.
As a cell cycle regulator, SYF2 induces the transition of the G1-to-S phase to promote cell proliferation by interacting with cyclin-D-type binding protein 1 (Witzel et al., 2010). Cyclin D1 induces the cell cycle transition of G1-to-S phase by interacting with cyclin-dependent kinase 4/6 (CDK4/6), thereby promoting cell proliferation (Tao et al., 2020).
SYF2 participates in the progress of diverse tumor entities, such as breast cancer (Shi et al., 2017), gastric cancer (GC) (Liu et al., 2019; Tao et al., 2020), human epithelial ovarian cancer (EOC) (Yan et al., 2015), hepatocellular carcinoma (Zhang et al., 2015), esophageal squamous cell carcinoma (ESCC) (Zhu et al., 2014), and glioma (Guo et al., 2014), in a cell cycle-dependent pathway. There is a positive correlation between SYF2 expression and proliferation of cancer, with SYF2 a potential novel tumor marker and an oncogene. SYF2 might potentially be the molecular target for the treatment of cancer, i.e., knocking down SYF2 would lead to cell cycle G1/S phase arrest, and hence to inhibition of cancer cell proliferation.
SYF2 may promote the replication checkpoint and S-phase arrest (slowdown) through both splicing-dependent and independent mechanisms. SYF2 regulates DNA replication and cell cycle progression through AS regulation of ECT2-Ex5 (Tanaka et al., 2020). ECT2 is a protooncogene with an important role in the cytokinesis phase of the cell cycle. The ECT2-Ex5+ isoform promotes S-phase accumulation. The p29 gene is involved in intervertebral disc (IVD) degeneration (Cherif et al., 2022). SYF2 interacts with PRP17, which is involved in the splicing and cell cycle (Ben-Yehuda et al., 2000). SYF2 was hypomethylated in all superovulated oocytes (Huo et al., 2020).
SYF2 is involved in many biological processes, such as splicing regulation, cell cycle regulation, and DNA damage repair. Our previous study performed genome-wide identification and functional analysis of SYF2 in plant species (Tian et al., 2019). However, the phylogenetic relationships and expression profiles of SYF2 in animals have not been systematically studied. In this study, we used a variety of bioinformatics methods to systematically analyze the gene structures, gene and protein motifs, and splicing conservation of the animal SYF2 gene family. The differential expression patterns of SYF2 in different diseases, different organs and tissues, different cells, different developmental stages, and different sampling time points in humans and mice are also discussed. This suggests that SYF2 may be involved in the development of disease, and may be a molecular target for the treatment of cancer. This study aims to reveal the relationship between SYF2 genotypes and biological disease processes from the perspective of bioinformatics, and to provide some basic theories for subsequent research into SYF2 as a novel tumor marker.
RESULTS
Phylogenetic tree construction of animal SYF2 genes
In order to gain a deeper understanding of the function of SYF2, the possible SYF2 genes in different animal species were determined according to the amino acid sequence of human SYF2 (Homo sapiens, ENST00000236273_8). Ultimately, we found by alignment a total of 102 homologous sequences from 91 animal species, including 23 primates, 6 rats and mice, 18 other rodents, 12 carnivores, 11 fish, 8 ungulates, 7 birds and reptiles, 6 other placentals, 4 marsupials and monotremes, 2 lagomorphs, 1 other vertebrate and 4 other species (outgroup) (Supplementary Table S1). For construction of the phylogenetic tree of the SYF2 gene, using the 102 amino acid sequence similarity of 91 animal species, see Figure 1, left. The phylogenetic tree has five main branches: primates, vertebrates, mammals, rodents and lagomorphs, and other species. These five main branches are then subdivided into twelve smaller branches. Among them, rodents and lagomorphs include rats, mice, lagomorphs, and other rodents. Other mammals include other placentals, marsupials, monotremes, carnivores, and ungulates. Other vertebrates include birds, reptiles, and fish.
[image: Figure 1]FIGURE 1 | The phylogenetic relationship analysis of animal SYF2 genes. The phylogenetic relationship is listed in the left panel. The gene structure is listed in the middle panel, and conserved motifs of cDNA sequences are listed in the right panel. The sequence of each conserved motif is listed below the phylogenetic tree.
Conserved motif analysis of SYF2
To further study the conserved nature of SYF2s in animals, the gene structure, cDNA, and conserved peptide motif of SYF2s were analyzed. The genetic structure of SYF2 of each animal species is shown in Figure 1 and Supplementary Table S2, which shows the number of introns and exons per sequence, and the presence of untranslated regions other than CDS. In general, the gene structure of this family is diverse, with each gene containing from 1 to 9 exons. We found different exon-intron organization in different subgroups within the same general class (Figure 1). For instance, among all SYF2 members, there are two degus, whose sequences exist in a subgroup, where ENSODET00000019681_1 has seven exons and ENSODET00000024411_1 has only one long exon (Figure 1). Similarly, two harrisii exist in the same subgroup, and a similar situation exists: ENSSHAT00000008324_1 has 6 exons, while ENSSHAT00000018567_1 has only one long exon (Figure 1). Overall, the exon-intron distribution pattern of the SYF2 gene varied across all animal species involved in this study and also within the same genus. It is indicated that the changes of gene structure are of great significance to the development and evolution of their gene families. Furthermore, the conserved motifs of each SYF2 were compared and analyzed using MEME software, and it was found that 76 of the 102 sequences shared the same 10 motifs and had similar organizational structures. The remaining 26 sequences had some changes in the number or structure of conserved motifs. In addition, some sequences had less conserved motifs, thus indicating their functional diversity. The sequence of C. angolensis palliatus (ENSCANT00000050872_1), O. degus (ENSODET00000019681_1), M. murinus (ENSMICT00000066654_1), J. jaculus (ENSJJAT00000015884_1), H. glaber-female (ENSHGLT00000005969_1), C. aperea (ENSCAPT00000011961_1), C. lupus familiaris (ENSCAFT00000020474_3), S. harrisii (ENSSHAT00000008324_1), M. gallopavo (ENSMGAT00000002209_1), A. platyrhynchos (ENSAPLT00000017153_1), A. carolinensis (ENSACAT00000013689_2), C. intestinalis (ENSCINT00000006136_3), and C. elegans (K04G7_11) had nine motifs; F. damarensis (ENSFDAT00000011719_1), T. belangeri (ENSTBET00000017359_1), P. troglodyte (ENSPTRT00000106945_1), C. jacchus (ENSCJAT00000079719_1), A. melanoleuca (ENSAMET00000011121_1), G. aculeatus (ENSGACT00000009719_1), C. savignyi (ENSCSAVT00000011457_1), and D. melanogaster (FBtr0088247) had eight motifs; E. europaeus (ENSEEUT00000015079_1), P. coquereli (ENSPCOT00000039630_1), and A. carolinensis (ENSACAT00000027437_1) had seven motifs; I. tridecemlineatus (ENSSTOT00000020076_2) and C. hoffmanni (ENSCHOT00000005287_1) had six motifs, suggesting that the SYF2 gene sequence is diverse in different species. Furthermore, there was no correlation between conserved motifs and gene structure after comparative analysis. For instance, S. harrisii (ENSSHAT00000018567_1) had only one long exon, but contained all 10 motifs, while C. hoffmanni (ENSCHOT00000005287_1) had six exons and five introns. These sequences had only six motifs.
In addition, peptide level analysis was performed. A total of 102 sequences in different species were annotated with the SYF2 domain (Figure 2), and MEME analysis was used to predict unknown protein motifs. Among the 102 animals belonging to different species, the animals with 8 conserved motifs accounted for the majority. Motifs shown in bright red (NERNAKFNKKAERFYGKYTAEIKQNLERGTA), pale green (DYAAAQLRQYHRLTKQIKPDMETYERL) blue (HGEEFFPTSNSLLHGTHVPSTEEIDRMV), green (EKRDKYSRRRPYNDDADIDYI), purple (KKECAARGEDYEKVKLLEISAEDAERWERKKKRKNPDLGFS), ginger (RNEARKLNHQEVVEEDKRLKLPANWEAKKARLEWELQEEEK), and dark blue (AEELAAQKREQRLRKFRELHL) occur in nearly every one of them, accounting for 70% of all motifs analyzed in this paper. Furthermore, the rose red motifs (MAAXAASEVPVDSAEEGSLTA) were concentrated in primate sequences, and only sparsely distributed in sequences of other animal species. The yellow motif (MAAXTEVVVPADGAE) only existed in rat, mouse, fish, and other rodent sequences, but was not detected in other animal sequences. In summary, through the analysis of conserved motifs at the RNA/cDNA and protein levels, it can be found that there is little difference in codon usage among SYF2 orthologs, and the number and position of motifs are obviously similar. This indicates that SYF2 is highly conserved among different proteins and cDNAs in different animal species.
[image: Figure 2]FIGURE 2 | The phylogenetic relationship analysis of animal SYF2 proteins. The phylogenetic relationship is listed in the left panel, the peptide structure is listed in the middle panel, and conserved motifs of peptide sequences are listed in the right panel. The sequence of each conserved motif is listed below the phylogenetic tree.
Construction of the SYF2 protein interaction network
We further explored how SYF2 plays a role in biological regulatory processes. Next, we employed the tool STRING to construct a protein interaction network of SYF2 in different species (Figure 3). We used protein intercrops to interact with SYF2 in organisms, including two animal species (Homo sapiens, Mus musculus), yeast, and two plant species (Arabidopsis and Oryza sativa).
[image: Figure 3]FIGURE 3 | Protein interaction network diagrams of representative animal and plant species. Known interactions, either determined by experiments (pink line), or from curated databases (blue line), are presented in protein–protein interaction networks. SYF2s of Homo sapiens, Mus musculus, Saccharomyces cerevisiae, Arabidopsis thaliana, and Oryza sativa were used as query proteins for analysis by the STRING database. Highly scored interactors are presented in the form of a network diagram. Empty notes are proteins with unknown 3D structures, while filled notes are proteins with known or predicted 3D structures in the current database.
Human XAB2 protein is a protein interactor of SYF2. It consists of 15 repeated tetrapeptides, and was identified by interaction with xeroderma pigmentosa histone A (XPA) (Nakatsu et al., 2000; Kuraoka et al., 2008). It is a novel component involved in transcriptional coupling repair and transcription, and plays a role in mitotic cell cycle regulation (Hou et al., 2016). Furthermore, there is also a clear interaction between CDC40 and SYF2. The CDC40 (PRP17) gene in S. cerevisiae, whose mutation results in sensitivity to temperature changes, was originally identified in CDC40-1 (Orna & Martin, 2002). It plays a variety of roles in cell cycle progression. Its mutation causes the cell cycle to stall (Kaplan & Kupiec, 2007). In addition, Cdc40p, Slu7p, Prp22p, Prp18p, Prp16p, and Prp8p acted as pre-mRNA splicing factors during the second splicing reaction stage (Vijayraghavan et al., 1989; Schwer & Gross, 1998).
In the mouse protein interaction map, we also found proteins with high interaction with SYF2. Prpf19 is a functionally diverse protein (Yin et al., 2012), is highly conserved, and participates in splicing as a splicing factor (He et al., 2021).
Analysis of transcript isoforms and conserved splice sites
To further understand the splicing patterns and conserved splicing sites of the SYF2 gene, we extracted some available animal SYF2 gene transcription subtypes from the Ensembl database and then selected 45 representative animals for alternative splicing analysis (Figure 4). A total of 106 splice isomers were obtained from 45 SYF2 genes, with an average of 2–3 transcripts per gene. Among them, the human and Oryctolagus cuniculus SYF2 genes annotated 4 subtypes, the largest number of annotated subtypes in these animals. When comparing the conserved motifs of the transcription subtype with the genome structure (Figure 4, right), it was found that the original transcripts of most genes contained the most motifs, while the remaining replacement transcripts usually contained fewer motifs. Tthe variable splicing event was then analyzed. First, in Mandrillus leucophaeus, Macaca fascicularis, Macaca nemestrina, Cercocebus atys, Colobus angolensis palliatus, Carlito syrichta, Callithrix jacchus, Saimiri boliviensis boliviensis, Pan paniscus, Aotus nancymaae, Gorilla gorilla, Cebus capucinus imitator, Panthera pardus, Felis catus, Panthera Tigris altaica, etc., there was a large amount of exon skipping. Second, an in-depth study found that the number of alternative splicing events of the first exon and the last exon (AFE and ALE), accounted for the bulk of the total alternative splicing events in SYF2, which indirectly led to the generation of many truncated transcript subtypes, such as in Mus caroli, Mus pahari, Rhinopithecus roxellana, Macaca fascicularis, Cercocebus atys, Rhinopithecus bieti, Microcebus murinus, Gorilla gorilla gorilla, Oryctolagus cuniculus, and so on. Moreover, alternative transcription initiation and alternative polyadenylation of several transcripts have been found, such as in Capra hircus, Microcebus Murinus, and Danio rerio.
[image: Figure 4]FIGURE 4 | Summary of splice isoforms of the animal SYF2 gene. Transcript isoforms from 45 animal SYF2 genes are summarized (left and middle panel). Conserved protein motifs and sequences of potential protein products from splicing isoforms are illustrated (right panel and bottom of the figure, respectively), with additional annotation to define exon–exon boundaries (blue lines between boxes).
Analysis of the SYF2 expression profile in animals
To further investigate the association between the animal SYF2 gene and certain cell, tissue, and organ diseases, we analyzed the expression patterns of the SYF2 gene in different animal species. Mice have genome sequences that are highly similar to humans, with gene homology as high as 78.5%. In addition, mice are close to humans in terms of biological evolution, their tissue and organ structure and cell functions are similar to those of humans, while their placenta formation and early embryonic development are also similar to humans. Therefore, we performed a comparative analysis of SYF2 gene expression patterns in humans and mice. Through the BAR HeatMapper Plus tool, we reconstructed the expression profile to include three aspects: human disease (Figure 5), human and mouse tissues and organs (Figures 6 and 7), and human and mouse cell types and development stages (Supplementary Figures S1–S3).
[image: Figure 5]FIGURE 5 | Heatmap of Homo sapiens’ SYF2 gene expression in different diseases. Disease database is from the International Cancer Genome project: Pan-Cancer Analysis of Whole Genomes (PCAWG). GTEx means Genotype-Tissue Expression (GTEx) Project. No. 1–21 represent 21 data source projects, which are Pan-Cancer Analysis of Whole Genomes – (brain, lung, liver, kidney, uterine cervix, esophagus, breast, blood, uterus, urinary bladder, thyroid gland, stomach, skin, prostate gland, mouth mucosa, large intestine) (1–16), 3 Glioma subtypes (17), Pan-Cancer Analysis of Whole Genomes – (skeletal muscle tissue, pancreas, ovary) (18–20), Proteomics – Tissue – Breast Cancer – Tyanova (21), respectively. Baseline expression levels are in TPM (transcripts per million). The raw data were reorganized and presented as heatmaps using online BAR HeatMapper Plus software (http://bar.utoronto.ca/ntools/cgi-bin/ntools_heatmapper_plus.cgi).
[image: Figure 6]FIGURE 6 | The human SYF2 gene is specifically expressed in different organs. Nos. 1–10 represent 10 data source projects, which are 68 FANTOM5 project – adult (1), GTEx (2), 32 Uhlen’s Lab (3), 68 FANTOM5 project – fetal (4), 19 NIH Epigenomics Roadmap (5), Illumina Body Map (6), ENCODE (M. Snyder lab) (7), Mammalian Kaessmann (8), Human Proteome Map – adult (9), Human Proteome Map – fetus (10), respectively. Baseline expression levels are in TPM (transcripts per million). The raw data were reorganized and presented as heatmaps using online BAR HeatMapper Plus software (http://bar.utoronto.ca/ntools/cgi-bin/ntools_heatmapper_plus.cgi).
[image: Figure 7]FIGURE 7 | Mouse SYF2 is specifically expressed in different organs. Nos. 1–38 represent 38 data source projects, which are 49 FANTOM5 project – adult (1), 9 in 3 strains – (DBA/2J, CD1) (2–3), 9 (4), 9 in 3 strains - C57BL/6 (5), 49 FANTOM5 project – juvenile (6), 14 – embryonic day 10.5 (7), Mammalian Kaessmann (8), 6 (9), 49 FANTOM5 project – (neonate, embryonic day 15) (10–11), Vertebrates (12), 49 FANTOM5 project – (embryonic day 18, 17, 16, 14, 12) (13–17), 4 (18), 14 – (embryonic day 9.5, 8.5) (19–20), 4 Bonthuis et al. – (CastEiJ, (CastEiJ X C57BL/6J) F1), (C57BL/6J X CastEiJ) F1) (21–23), Developing gut (24), 3 Soumillon et al. (25), 3 (26), Gregg et al. – (CAST/EiJ, C57BL/6J, (CAST/EiJ X C57BL/6J) F1, (C57BL/6J X CAST/EiJ)F1) (27–30), 4 Bonthuis et al. – C57BL/6J (31), 49 FANTOM5 project – embryonic day 13 (32), 2 (33), 49 FANTOM5 project – (pregnant adult day 17, 10, embryonic day 11) (34–36), 4 Bonthuis et al. – Idaho derived wild mouse (37), Skeletal muscle – Deshmukh et al. – myotube, C2C12 (38), respectively. Baseline expression levels are in TPM (transcripts per million). The raw data were reorganized and presented as heatmaps using online BAR HeatMapper Plus software (http://bar.utoronto.ca/ntools/cgi-bin/ntools_heatmapper_plus.cgi).
First, accumulation of SYF2 was found in breast tumor lumen, triple-negative breast cancer, and HER2-positive breast cancer (Figure 5). Second, based on multiple datasets, SYF2s were highly expressed in spleen and lung tissue in both humans and mice (Figures 6 and 7). However, there are also differences in the locations and levels of SYF2 expression between humans and mice. Human SYF2 accumulates specifically in the reproductive organs, bladder, thyroid, and colon (Figure 6), while mouse SYF2 is abundant in tissues such as the cerebellum and thymus (Figure 7). Third, analysis of cell-type expression profiles showed that in humans, SYF2 is high in common lymphoid progenitors and hematopoietic stem cells. By contrast, mouse SYF2 accumulates in both native thymus-derived CD4-positive αβ T cells and induced T regulatory cells (Supplementary Figures S1 and S3). Moreover, SYF2 was expressed at high levels in mice of different strains, and at different sampling times, and different developmental and somite stages (Supplementary Figure S2). The developmental map showed a high abundance of human SYF2 in both the fetal and juvenile stages (Supplementary Figure S1). Across the developmental stages in mice, the accumulation of SYF2 was higher in two stages—the embryonic stage and a few days after parturition (Supplementary Figure S2). In summary, the expression patterns of SYF2 in humans and mice are not consistent, indicating that different species have different expression patterns due to the existence of different transcription and translation patterns. However, the study of SYF2 in different species will help to reveal more possible regulatory roles of SYF2, which is conducive to the further analysis of SYF2 function. Comparative analysis of expression patterns in humans and mice can help provide a theoretical basis for research into, and the treatment of some diseases. The comparison of human and mouse SYF2 gene expression patterns across tissues, cell types, and developmental stages is summarized in Table 1.
TABLE 1 | Comparison of human and mouse SYF2 gene expression patterns in tissues, cell types and developmental stages.
[image: Table 1]DISCUSSION
Phylogenetic and splicing pattern analysis indicates SYF2 conserved among animals
Numerous existing reports suggest that 15–35% of human disease is caused by mis-splicing or mis-assembly of spliceosome complex proteins (Shi, 2017). However, underlying evidence for how mis-splicing causes disease is lacking. Therefore, understanding the underlying mechanisms of splicing regulation will not only contribute to the decoding of the eukaryotic splicing machinery, but may also provide new targets for clinical drug discovery. We performed phylogenetic and splicing pattern analyses of SYF2 in this work to reveal its structural conservation and potential regulatory mechanisms across different animal species.
Phylogenetic topology shows that SYF2 proteins can be divided into 12 groups: primates, rats and mice, lagomorphs, other rodents, carnivores, ungulates, other placentas, marsupials and monotremes, birds and reptiles, fish, other vertebrates, and other species. In this, all vertebrate species are aggregated into one large group, showing distant relationships with other species, such as Ciona intestinalis, Ciona savignyi, Caenorhabditis elegans, and Drosophila melanogaster (Figure 1). Furthermore, animal SYF2 were subjected to conserved splicing pattern analysis (Figure 4). Similar to SYF2 previously reported in plants (Tian et al., 2019), truncated transcripts exist for the animal SYF2 gene, resulting in the creation of a conserved protein form with N-terminal truncation (Figure 4). Splice site analysis revealed that AFE and ALE were the most prominent AS events in the numerous animal species involved. In terms of the number of transcript isoforms, the SYF2 gene in different animal species generally has more than one transcript isoform, but it is worth noting that each transcript isoform has a similar structure, suggesting that they have similar functions in the regulation of gene expression. Moreover, most protein isoforms corresponding to each transcriptional isoform were considered functional. Therefore, the relevant biological functions of SYF2 protein isoforms in animal species need further study.
Differential expression patterns of animal SYF2s reveal functional diversity
SYF2 induces a transition from the G1 to S phase to promote cell proliferation, and does so by interacting with the cyclin-D-type binding protein 1 (Witzel et al., 2010). Embryonic and juvenile stages are important periods of cell growth and development in the developmental cycle of animals. Human and mouse expression profiling data indicate significant enrichment of SYF2 both in human fetal and juvenile stages, and in mouse embryonic and postpartum periods. Previous studies have also shown that disruption of SYF2 in mice leads to embryonic lethality (Chen et al., 2012). In Arabidopsis, high enrichment of SYF2 was clearly detected in the shoot apex during flowering transformation, but decreased enrichment and repressed expression of SYF2 were found in more mature pollen (Tian et al., 2019). This suggests that SYF2 can participate in embryonic developmental regulation by mediating cell cycle regulation.
The regulation of the cell cycle by SYF2 is also associated with the occurrence of many cancers. In the detection of disease expression profiles, SYF2 was significantly expressed in breast tumor lumen, triple-negative breast cancer, and HER2-positive breast cancer (Figure 5). In addition, in the organ-tissue-related expression profiles, SYF2 was enriched in the human ovary, testis, spleen, lung, bladder, thyroid, and colon (Figure 6), as well as in the mouse cerebellum, thymus, spleen and lung (Figure 7). Among these, many organ diseases caused by abnormal expression of SYF2 have been confirmed. For example, overexpression of SYF2 affects the cell cycle or cell proliferation leading to the occurrence and progress of breast cancer (Shi et al., 2017), non-small cell lung cancer (Liu et al., 2015; Chen et al., 2019), and ovarian cancer (Yan et al., 2015).
Interestingly, the comparative analysis of human and mouse expression data revealed that SYF2 expression patterns were different in different cells, tissues, organs, and developmental stages of humans and mice. These results indicate that the regulatory patterns of transcription and translation vary by species, although this is not absolute. Some similarities have been detected in expression in certain organs and tissues. For instance, high expression of SYF2 was detected in organs such as the lung and spleen of both humans and mice (Figures 6 and 7). These results provide new entry points for the treatment of certain organ diseases.
In this article, we compared and analyzed the expression patterns of humans and mice, and summarized the experimental data in each project by means of bioinformatics. We offered preliminarily speculation on the possible function of SYF2, which is expected to provide a direction and a theoretical basis for research into clinically relevant diseases. Analysis of results may be affected by different experimental and sampling conditions between projects. However, modern SWATH-MS proteomics technology (Chen M. X. et al., 2020; Shen et al., 2021) could be used to study the potential function of SYF2 further, and to verify the existing analysis results. It would be helpful to explore expression of the potential function of SYF2, and in so doing create more possibilities for the treatment of diseases caused by its abnormal expression.
Comparison of SYF2 in animals, yeast, and plants
The SYF2 in animals, yeast, and plants (Arabidopsis, Oryza sativa) was compared. First, by analyzing the interaction network, it was found that there were only 1–2 common interacting proteins among the three species, which indicates that SYF2 has specific regulatory networks in animals, plants, and yeast (Figure 3). Second, transcriptional isoforms of SYF2 averaged 2–3 in animal species (Figure 4), with only one copy in most yeast and plants (Tian et al., 2019). This suggests that SYF2 may play a more important role in animal species. The functional roles of SYF2 in these three species are conserved to some extent.
CONCLUSION
Throughout the study, we screened 102 SYF2 genes in 91 animal species and analyzed their phylogeny, gene structure, gene and protein motifs, conservation of splicing patterns, and expression patterns. Analysis of related structures, motifs, and splicing patterns showed that SYF2 is highly conserved in many animal species. In addition, the analysis of expression patterns showed that SYF2 is associated with the occurrence of cancer in breast, lung, spleen, and reproductive organs, as well as other diseases. These results are intended to help reveal the possible relationship between the SYF2 genotype and the occurrence of certain diseases, which can provide information about subsequent SYF2 expression in studies where animals provide the basis.
MATERIALS AND METHODS
Identification and screening of SYF2 protein sequences in animals
In the Ensembl database (http://asia.ensembl.org/), protein BLAST was performed based on the Homo sapiens SYF2 protein sequence (ENST00000236273_8) as a template. All available gene sequences were found in animal genomes, and further screening was performed through HMMER 3.2.1 (Johnson et al., 2010).
Construction of the SYF2 gene phylogenetic tree in animals
A phylogenetic tree was constructed using the protein sequences of 102 SYF2 genes obtained from the Ensembl database. Where a gene had more than one transcript, the longest coding sequence was selected. Selected sequences were subjected to comparative analysis by Muscle V3.8 (Edgar, 2004), after which a root phylogenetic tree was constructed using maximum likelihood implemented in PhyML V3.03730 (Gascuel, 2010). Finally, FigTree V1.4.3.3831 was used to edit and present the phylogenetic tree (Morariu et al., 2008). The reliability of the phylogenetic tree was tested by bootstrapping repeated sampling. Nucleotide sites were randomly selected from the original sequence to form a new set of gene sequences, and the same method was used to construct another phylogenetic tree. The topology of this phylogenetic tree was repeatedly compared with the structure of the original tree. Internal branches of the original phylogenetic tree with the same sequence separation as the bootstrap value were assigned a value of 1, while other internal branches were assigned a value of 0. We calculated the percentage of eigenvalue 1 obtained for each internal branch of the original phylogenetic tree to verify the reliability of the phylogenetic tree (Katsura et al., 2017; Fan et al., 2021).
Analysis of gene structures, protein domains and MEME motifs
All necessary SYF2-related gene and protein sequence information, as well as intron and exon structure information, was downloaded from Ensembl. Subsequently, the Gene Structure Display Server 2.0 (http://gsds.gao-lab.org/) was used to reconstruct gene structure (Hu et al., 2014). The HMMER website (https://www.ebi.ac.uk/Tools/hmmer/) was used to predict the protein structure domain (Potter et al., 2018). The cDNA and amino acid sequences of all the screened genes were entered into the MEME (https://meme-suite.org/meme/tools/meme), and the 10 most conserved motifs corresponding to the sequences were systematically predicted and analyzed.
Construction of protein interaction networks
The interacting proteins of Homo sapiens (ENST00000236273_8), Mus musculus (ENSMUST00000030622_2) and Saccharomyces cerevisiae (YGR129W) were analyzed through the STRING online database (https://string-db.org/), and the proteins with high interaction rankings were presented through the protein–protein interaction network. Finally, predicted functional partners (confidence cutoff of 0.900) of SYF2 proteins were presented in the form of an interaction network drawn by Cytoscape 3.8 software.
Analysis and identification of conserved splicing profiles and splice sites
Useful splice isomer sequences for the SYF2 gene were collected from Ensembl. The cDNA sequence information corresponding to the gene was entered into the MEME to obtain the corresponding motif information for each transcript.
Analysis of SYF2 expression by online microarray datasets
The required SYF2 expression data were downloaded through the Expression Atlas (https://www.ebi.ac.uk/gxa/home). The online BAR HeatMapper Plus software (http://bar.utoronto.ca/ntools/cgi-bin/ntools_heatmapper_plus.cgi) (Chen M. X. et al., 2020) was then used to rearrange the obtained original data as required, before finally presenting it in the form of a heatmap.
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Alternative splicing (AS) constitutes a mechanism by which protein-coding genes and long non-coding RNA (lncRNA) genes produce more than a single mature transcript. From plants to humans, AS is a powerful process that increases transcriptome complexity. Importantly, splice variants produced from AS can potentially encode for distinct protein isoforms which can lose or gain specific domains and, hence, differ in their functional properties. Advances in proteomics have shown that the proteome is indeed diverse due to the presence of numerous protein isoforms. For the past decades, with the help of advanced high-throughput technologies, numerous alternatively spliced transcripts have been identified. However, the low detection rate of protein isoforms in proteomic studies raised debatable questions on whether AS contributes to proteomic diversity and on how many AS events are really functional. We propose here to assess and discuss the impact of AS on proteomic complexity in the light of the technological progress, updated genome annotation, and current scientific knowledge.
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INTRODUCTION
Alternative splicing (AS) is a key process by which genes produce more than a single mRNA, hence contributing to the transcriptome complexity. In this process, specific exons of a gene can be included or excluded in the final RNA. Protein-coding genes and lncRNA genes can generate multiple splice variants from one gene through AS (Mercer et al., 2011; Khan, Wellinger, and Laurent 2021). From plants to humans, AS is a powerful mechanism that increases transcriptome plasticity and can control the expression level of certain genes (Castle et al., 2008; Gueroussov et al., 2015; Muhammad et al., 2022). Indeed, RNA splice variants arising from AS can exhibit different mRNA stabilities and structures. In humans, it is estimated that 95% of genes undergo AS, which underscores its importance (Castle et al., 2008; Pan et al., 2008; Nilsen and Graveley 2010). Three transcripts are produced in average from each protein-coding gene (Khan, Wellinger, and Laurent 2021). Importantly, splice variants produced from protein-coding genes can potentially encode for distinct protein isoforms. For a given gene, the most expressed transcript is usually defined as coding for the canonical protein. This canonical status is determined based on the transcript expression across different tissues of an organism, the conservation of its exon combination with other species, and/or the existence of a functional role for the protein (Osmanli et al., 2022). Compared to their canonical proteins, isoform proteins can lose or gain certain domains and, therefore, can differ in their functional properties by the alteration of localization signals, sequences for post-translational modifications, or interaction with other proteins (Kriventseva et al., 2003; Stamm et al., 2005; Leoni et al., 2011; Light and Elofsson 2013). Advances in proteomics have shown that the proteome is indeed diverse due to the presence of numerous protein isoforms. For the past decades, with the help of advanced high-throughput technologies such as RNA sequencing (RNA-seq), a full catalog of alternatively spliced transcripts has been established, but the functional significance of most AS events remains still largely unknown. Hence, the identification of numerous alternatively spliced transcripts raises important and debatable questions: how many AS events are real and not mere artefacts of splicing machinery? How many AS products are functional? Does AS really expand proteomic diversity? We propose here to re-evaluate and discuss the impact of AS on proteomic diversity in the light of the technological progress, updated genome annotation, and current scientific knowledge.
ALTERNATIVE SPLICING AND PROTEOMIC DIVERSITY: TWO DIFFERENT VISIONS
Whether AS is a major source of proteome complexity has always been a contentious issue in the field. For example, on this debatable question, Benjamin J. Blencowe and Michael L. Tress et al. have mutually expressed their contrasting opinions few years ago (Tress et al., 2017a; Blencowe 2017; Tress et al., 2017b).
Michael L. Tress and colleagues claimed that AS might not be the key to proteome complexity. They argued that most genes only expressed one main transcript across multiple cell lines (Gonzalez-Porta et al., 2013), and hence, one single main protein isoform can be detected by high-resolution mass spectroscopy (Abascal et al., 2015; Ezkurdia et al., 2015). The abundance of alternatively spliced variants identified from more than 100 different tissues at various developmental stages was, therefore, in contrast with the low number of multiple protein isoforms per gene. They found that only 2% of genes had multiple isoform proteins (246 genes with splice event-specific peptide evidence over 12,716 human genes for which at least two peptides have been detected) (Abascal et al., 2015). As few genes provided reliable evidence for more than one isoform, the authors stated that alternative variants were not abundant at the protein level (Tress, Abascal, and Valencia 2017a). One possible reason could be the misidentification of a good peptide spectrum with multiple assigned peaks. However, the discrepancies between transcriptomics and proteomics experiments are difficult to explain solely on a technical issue. They described that alternatively spliced exons were not under selective pressure and are evolving neutrally (Tress, Abascal, and Valencia 2017a). This observation suggested in their opinion that AS events were not evolutionary innovations and that most alternatively spliced variants were not functionally important if translated.
In response to Tress et al. (2017a) and Tress et al. (2017b), Benjamin J Blencowe agreed that AS events were mostly specific to species and, hence, are under relaxed selection pressure (Blencowe 2017). However, he pointed out that even though alternatively spliced transcripts were expressed at lower levels than their corresponding main protein isoforms, it did not mean that these splice variants were not translated or did not have a relevant function in a given cell or tissue type. Blencowe argued that protein abundance was predominantly related to transcript abundance (Liu, Beyer, and Aebersold 2016) and that many splice variants identified by transcriptomics have been detected in polysome fractions and were likely translated (Weatheritt, Sterne-Weiler, and Blencowe 2016). Finally, Blencowe stated that the low detection rate of protein isoforms by LC-MS/MS cannot be interpreted since their identification is limited by the coverage and sensitivity of the technology. Indeed, the peptide number largely exceeds the number of sequencing cycles provided using a mass spectrometer, thereby limiting the detection of splice variants compared to a constitutively expressed sequence (Blencowe 2017).
DIFFERENT PERSPECTIVES: RIGHT AND WRONG AT THE SAME TIME?
These two visions highlight the AS potential role in proteomic diversity on two different ends of the spectrum. The limitations to the available technology and the scientific knowledge at the time the studies were conducted have potentially skewed the interpretation to opposite ends. In this section, we discuss critical points that should be considered to assess the impact of AS on proteomic diversity.
Alternative splicing: Real or artefact of splicing machinery?
The widespread presence of alternatively spliced transcripts has raised the question of whether they are artefacts of splicing machinery or have a biological purpose (Graveley 2001). With the high complexity of eukaryotic genes and the level of splice-site conservation, numerous AS events are expected to happen along the processing of pre-mRNAs, regardless of their functional relevance (Modrek and Lee 2002). However, having a reduced fidelity of the spliceosome to promote proteome diversification could be problematic for a cell since basic molecular mechanisms cannot afford to jeopardize levels of essential proteins (Hsu and Hertel 2009). Consequently, high degrees of specificity and fidelity are required for pre-mRNA splicing to ensure the correct expression of critical functional mRNAs. Indeed, even though the frequency of aberrant spliced transcripts varies widely among loci, tissues, and species, the minimum splicing error rate in vertebrates is around 0.1% aberrant transcripts per intron (Skandalis 2016). The spliceosome is extremely accurate in selecting splice junctions with error frequencies as low as one per 105 splicing events (Fox-Walsh and Hertel 2009). This estimation was only performed on specific transcripts (i.e., UBA52, RPL23, HPRT, POLB, and TRPV1), so the extent to which the spliceosome is error-prone remains to be globally assessed. Although the spliceosome is prone to errors, mis-spliced mRNAs can be degraded from cells through nonsense-mediated RNA decay (NMD) or other RNA quality control steps (Saudemont et al., 2017; Garcia-Moreno and Romao 2020). Therefore, the spliceosome is unlikely responsible for generating artefactual splice variants.
An evolutionary perspective of alternative splicing
The importance and functionality of AS events are often associated on whether these events are conserved during evolution. Generally, 95% of human multiexon genes undergo AS (Pan et al., 2008), but this ratio is 60.7% in the fruit fly (Drosophila melanogaster) (Graveley et al., 2011), 25% in the nematode (Caenorhabditis elegans) (Ramani et al., 2011), and only 2.9% in the green alga (Volvox carteri) (Kianianmomeni et al., 2014). Organisms with more complexity tend to have a higher ratio of AS events. There is a strong positive correlation between the number of unique cell types—referred as organism complexity—and the number of AS events (Chen et al., 2014). The study of the evolutionary landscape of AS over ∼350 million years of evolution in vertebrates showed significant differences in AS complexity among vertebrate species, with primates harboring the highest complexity (Barbosa-Morais et al., 2012; Merkin et al., 2012). These studies demonstrated that the variation in gene expression was conserved at the tissue-specific level, while AS was conserved at the species-specific level, suggesting that AS diverged faster than gene expression. Moreover, AS event types varied in their frequency among different organisms. In animals, exon skipping is the most common AS event, which represents around 50% of all AS events (Pan et al., 2008), while in plants, intron retention is the most abundant AS event type (Reddy et al., 2013). Most AS events have variable tissue specificities and appear to be evolving neutrally (Wang et al., 2008). However, a subset of AS events is conserved between species and displays tissue specificity. For example, around 20% of alternative exons are conserved between humans and mice (Modrek and Lee 2002; Abascal et al., 2015). These conserved events are significantly enriched in genes that function in common biological processes and pathways. Alternative exons in these splicing “networks” allow the tissue-specific rewiring of protein–protein interaction networks (Buljan et al., 2012; Ellis et al., 2012; Irimia et al., 2014; Tapial et al., 2017). Investigating these networks in different tissues and organs has revealed that these conserved isoforms play a prominent role in the regulation of neuronal development (Boutz et al., 2007; Jiao et al., 2008; Laurent et al., 2015; Fiszbein et al., 2016), immunity (Zikherman and Weiss 2008), and muscle differentiation (Nakka et al., 2018). However, this evolutionary conservation does not mean that alternative exons, which are not evolutionarily conserved, are not significant and do not participate in proteomic diversity. These isoforms could be expressed in a lineage-specific manner, or they might have just recently evolved. For instance, the exonization of intronic sequences such as repetitive elements is now widely documented in many genomes. In primate and human genomes, Alu elements are the most abundant transposable elements that can generate new exons (i.e., Alu exons) and lead to novel spliced transcripts (Krull, Brosius, and Schmitz 2005). Ribosome profiling and proteomics data from human tissues and cell lines showed that some Alu-derived exons can be translated and present in human proteins (Lin et al., 2016), suggesting that some Alu exons can contribute to proteomic diversity. However, in primates and humans, the high number and complexity of AS events might not reflect the functional expansion of the transcriptome but could be explained by the nearly neutral theory (Ohta 1992). Weak selection results in an excess of neutral or slightly deleterious mutations, including those affecting AS regulation. A reduction of intron splicing accuracy, mutations introducing cryptic splicing signals, and transposable element insertion events can generate novel AS events that produce non-functional spliced transcripts (Pickrell et al., 2010). Since these mutations are not removed by purging selection, they can persist and some of them can selectively give novel functional entities, for example, AS events that become functional.
Correlation between transcription and translation
One common argument supporting AS contribution to proteomic complexity is that protein abundance is predominantly related to transcript abundance (Liu, Beyer, and Aebersold 2016). Therefore, even low levels of alternatively spliced transcripts have a chance to be translated into functional proteins. However, there are many regulatory mechanisms that can balance the level of protein expression: the translation rate, the degradation rate, the protein synthesis rate, and transport (Vogel and Marcotte 2012; McManus, Cheng, and Vogel 2015). Different subsets of genes exhibit different types of regulation. At a steady state, mRNA levels correlate with protein levels even during dynamic processes such as proliferation or differentiation (Hsieh et al., 2012; Vogel and Marcotte 2012; Kristensen, Gsponer, and Foster 2013; Li et al., 2014). However, the mRNA levels of some genes are proxies for the corresponding protein levels because of post-transcriptional and translational mechanisms (Liu and Aebersold 2016; Liu, Beyer, and Aebersold 2016). For short-term adaptation such as stress response, the regulation of the transcript level of specific genes is unadapted to the cellular response and post-transcriptional mechanisms (e.g., increase of translation or increase of protein degradation) are thereby more efficient. For instance, changes in the translation rate could positively or negatively affect the mRNA–protein ratio (Lackner et al., 2012; Cheng et al., 2016) and, hence, foster a significant contribution of alternatively spliced transcripts to proteomic diversity.
Another argument supporting AS contribution to proteomic complexity is that many splice variants identified by transcriptomics have been detected in polysome fractions and, hence, are likely to be translated (Weatheritt, Sterne-Weiler, and Blencowe 2016). However, there may be significant levels of alternatively spliced transcripts that do not pass co-translational quality control mechanisms and are degraded. Aberrant polypeptides and mRNAs can be detected and eliminated by mRNA quality control systems while engaging the ribosome (Inada 2017). Because the ribosome has a central role in quality control processes, alternatively spliced transcripts associated with the ribosome are not necessarily translated into proteins.
WHAT IS NEW ON PROTEOMIC DIVERSITY?
Re-evaluating the impact of AS on proteomic diversity necessitates examining the newest developments in this field of investigation, more specifically the technological progress, the update of genome annotation, and the latest advances in scientific knowledge.
Technological and technical advances
As highlighted by Blencowe, LC-MS/MS has some limitations in identifying all potential protein isoforms in a complex sample. The number of peptides exceeds the number of sequencing cycles provided using a mass spectrometer, and hence, the detection of alternative splice isoforms present in low quantities is limited and could potentially explain why so few alternative isoforms can be detected in proteomics experiments (Blencowe 2017). To address this issue, the integration of RNA-seq with a data-independent acquisition method acquiring all theoretical spectra has been implemented to reduce peptide mapping uncertainty, improve quantitative accuracy, and detect novel peptides (Liu et al., 2017; Jeong, Kim, and Paik 2018; Agosto et al., 2019). This proteogenomic approach yielded high reproducibility between technical and biological replicates and enabled the quantification of a large fraction of the proteome with quantitative accuracy (Poulos et al., 2020). Another limitation to the detection of alternative splice isoforms is also attributed to enzymes used to digest protein samples. The standard protease used in shotgun proteomics is the trypsin that digests at K or R residues, hereby producing short peptides (around six amino acids) and limiting the proteome coverage and detection of isoform proteins (Wang et al., 2018). Other proteases (e.g., chymotrypsin, LysC, LysN, AspN, GluC, and ArgC) have been used to cover complementary fractions of the proteome and improve the detection of specific peptides (Giansanti et al., 2016). A combination of several enzymes could be the best approach to reach comprehensive peptide identification.
Another challenge is to improve the identification of potentially functional transcripts. The development of long-read sequencing technologies has transformed the field since we can now obtain the entire RNA sequence in a single read (Marx 2023). The full-length transcript recovery and quantification helped advance transcript-level analyses of AS processes, distinguish novel isoform changes, and improve the ability to identify functional isoforms (Uapinyoying et al., 2020; De Paoli-Iseppi, Gleeson, and Clark 2021; Hu et al., 2021; Troskie et al., 2021; Wright et al., 2022). For instance, alternative isoforms and tumor-specific isoforms arising from aberrant splicing during liver tumorigenesis were recently identified by single-molecule real-time long-read RNA sequencing (Chen et al., 2019). Another study combined long-read sequencing with polysome profiling and ribosome foot printing data to predict isoform-specific translational status in the rat hippocampus (Wang X et al., 2019). Indeed, single-molecule sequencing also provides the opportunity to improve ribosome profiling quantification by adapting existing methods for translation studies. For example, quantification of the translation of individual transcript isoforms using ribosome-protected mRNA fragments revealed evolutionary conserved impacts of differential splicing on the proteome (Reixachs-Sole et al., 2020). Finally, the single-cell revolution could also help address more accurately the impact of AS on proteomic diversity. Single-cell differential splicing analyses revealed novel differentially expressed splicing junctions (Liu et al., 2021). Single-cell proteomics is now taking the center stage. Novel quantitative single-cell proteomics approaches are capable of consistently quantifying thousands of proteins per cell across thousands of individual cells using limited instrument time and display ultra-high sensitivity to detect changes in a single-cell proteome (Schoof et al., 2021; Brunner et al., 2022). The technology could be applied for detecting specific protein isoforms in a particular cell type and, hence, could give unprecedented insights into the isoform proteome in health and disease. Interestingly, there are now integrated strategies that can profile single-cell proteome and transcriptome in a single reaction, highlighting the promising potential of highly multiplexed single-cell analyses (Genshaft et al., 2016; Specht et al., 2021).
Finally, an additional challenge is that most proteomic data were focused on the identification of proteins derived from alternatively spliced transcripts in steady-state conditions (Blakeley et al., 2010; Ezkurdia et al., 2012; Alfaro et al., 2017). However, most RNA splicing changes have been associated with changes in physiological conditions (e.g., stress response and hypoxia) or between normal and disease states (Ly et al., 2014). Some studies have also addressed the issue of whether targeted perturbations in RNA splicing patterns manifest as changes in the proteomic composition. For example, by depleting a spliceosome component (i.e., PRPF8) and using quantitative proteomics, it was established that significant changes in RNA relative abundance showed consistent changes in protein production (Liu et al., 2017). Using a similar approach, it would be interesting to determine more broadly how changes in AS for a subset of transcripts reflect in differential protein expression and assess the contribution of AS to proteomic complexity.
Genome annotation
Historically, mRNAs were defined as monocistronic and expected to encode a single protein. In addition, open reading frames (ORFs) shorter than 100 codons were automatically discarded from genome annotations as proteins of this length were deemed too short to be functional (Cheng et al., 2011). However, the annotation rules have considerably limited the exploration of the proteome. Based on the potential polycistronic nature of genes, a deeper ORF annotation from an exhaustive transcriptome has predicted all possible alternative ORFs (altORFs), which are defined as potential protein-coding ORFs located either in UTRs of transcripts, in alternative reading frames within the coding sequence of mRNAs, or in non-coding RNAs (Samandi et al., 2017; Brunet et al., 2018; Brunet et al., 2019). Numerous altORFs were identified to be both in-frame and out-of-frame of annotated ORFs. Many annotated altORFs are conserved in eukaryotes, suggesting that alternative proteins encoded from these alternative start codons might have a function across species. The community used ribosome profiling to capture all translation events across the genome and confirmed the translation of many altORFs (Bazzini et al., 2014; Ji et al., 2015; Samandi et al., 2017; Weaver et al., 2019). Combined with large-scale proteomics, these studies have led to the identification and functional relevance of alternative proteins translated from many altORFs located within mature transcripts (Saghatelian and Couso 2015; Na et al., 2018; Rothnagel and Menschaert 2018; Orr et al., 2020). Many functional studies showed that alternative proteins play central functions in the maintenance of cellular homeostasis (Delcourt et al., 2018; Cardon et al., 2020; Vergara et al., 2020; Brunet et al., 2021a; Cao et al., 2021; Ichihara, Nakayama, and Matsumoto 2022). In humans, mutations creating or deleting altORFs have been associated with physiopathological conditions such as amyotrophic lateral sclerosis (ALS) (Brunet et al., 2021b), craniofrontonasal syndrome (Tavares et al., 2019), and thrombocythemia (Wiestner et al., 1998). Interestingly, mutations found in cancers that are silent for reference proteins can impact the expression of alternative proteins resulting from the mutated mRNA, suggesting that alternative proteins could be new biomarkers of pathologies (Child, Miller, and Geballe 1999; Liu et al., 1999; Barbosa, Peixeiro, and Romao 2013; Sendoel et al., 2017; Schulz et al., 2018).
A major problem is that alternative proteins expressed from these altORFs are usually not represented in the conventional protein databases (Brunet, Leblanc, and Roucou 2020; Cardon, Fournier, and Salzet 2021). Therefore, these alternative proteins represent a “ghost proteome” that was not considered until recently. Data-driven tools such as the sORF repository (Olexiouk, Van Criekinge, and Menschaert 2018) or the OpenProt database (Brunet et al., 2021a) have now been developed to offer a broader view of proteomes. The existence of thousands of altORFs hidden within known coding sequence of mRNAs raises the question of whether AS could also contribute to proteomic diversity through these small alternative proteins. To address this question, we performed a computational analysis using Ensembl human genome annotation (GRCh38 v95) and the OpenProt database (version 1.6) to determine the impact of AS on this hidden proteome. We identified a total of 206,808 transcripts including 29,048 transcripts defined as canonical as they encode reference proteins (Figure 1A). These transcripts might contain altORFs coding for alternative proteins. We also identified 154,364 transcripts (74.6%) that we categorized as non-canonical since they derive from AS but are not referenced to encode for reference proteins (Figure 1A). However, these transcripts may encode isoforms of reference proteins and/or contain an altORF. Finally, we identified 23,396 transcripts (11.3%) with no ORF according to the OpenProt database (Figure 1A). We next analyzed the non-canonical coding transcriptome landscape. Among these 154,364 transcripts, we identified 62,590 transcripts (40.5%) that contain both an ORF coding for an isoform of a reference protein and an altORF (Figure 1B). We found 80,074 transcripts (51.9%) only containing altORFs and 11,700 transcripts (7.6%) only containing an ORF coding for an isoform of a reference protein (Figure 1B). Our analysis highlights that AS generates numerous transcripts that do not encode for an isoform of a reference protein, supporting the claim by Tress and colleagues that AS might not be the key to proteomic complexity (Tress, Abascal, and Valencia 2017a). However, these transcripts contain altORFs that can potentially code for alternative proteins. These altORFs might also be commonly present in the related canonical transcripts as they could be located in the exons that are not directly affected by AS. We analyzed the distribution of these altORFs and identified 71,144 altORFs that were uniquely present in the canonical transcriptome (29,048 transcripts), while 262,628 altORFs were uniquely present in the non-canonical transcriptome (154, 364 transcripts) (Figure 1C). It represents an average of 2.4 unique altORFs per canonical transcript and 1.7 unique altORFs per non-canonical coding transcript. Using the OpenProt database that encompasses 87 ribosome profiling and 114 mass spectrometry studies from several species, tissues, and cell lines (Brunet et al., 2019), we looked for mass spectrometry evidence for all these altORFs. We found that 5,676 unique altORFs (7.98%) in canonical transcripts had evidence in mass spectrometry, while 20,634 unique altORFs (7.85%) in non-canonical transcripts produced alternative proteins detected by mass spectrometry (Figure 1C). This result clearly indicates that AS can indeed contribute to the human proteomic diversity through the translation of altORFs within mature RNAs.
[image: Figure 1]FIGURE 1 | Composition of the human transcriptome. (A) Pie chart showing the number of different transcripts from the human reference genome (GRCh38 v95). Three types of transcripts are represented: canonical transcripts encoding a reference protein (blue), non-canonical transcripts generated through alternative splicing that contain an ORF (orange), and transcripts that do not have an annotated ORF (gray). (B) Pie chart showing the proportion of different sub-types of non-canonical transcripts containing an ORF. Three sub-types of transcripts are represented: non-canonical transcripts with both an alternative ORF (altORF) and an isoform ORF (blue), non-canonical transcripts with only an isoform ORF (orange), and non-canonical transcripts with only an altORF (gray). (C) Double pie chart representing the distribution of altORFs uniquely present in the canonical transcriptome (green) or the non-canonical transcriptome (yellow). Using the OpenProt database (Brunet et al., 2019), the evidence obtained by mass spectrometry (MS) of altORF-related proteins is represented in orange in the ring, while the absence of evidence is represented in blue.
Contribution of long non-coding RNAs and circular RNAs
Long non-coding RNAs (lncRNAs) represent an important part of the transcriptome (Liu et al., 2005; Derrien et al., 2012). LncRNAs are transcripts of 200 nucleotides or more that should not harbor protein-encoding ORFs (Dinger et al., 2008; Khalil et al., 2009; Derrien et al., 2012). Genome-wide translation profiling has recently revealed that small ORFs identified in lncRNA genes can code for micropeptides, polypeptides with a length of less than 100 amino acids essential for cellular growth (Chen et al., 2020). Other small peptides produced from lncRNAs have also been reported in functional studies (Odermatt et al., 1997; MacLennan and Kranias 2003; Slavoff et al., 2013; Ruiz-Orera et al., 2014; Pang, Mao, and Liu 2018; Wang J et al., 2019; Hartford Corrine and Lal, 2020; Nita et al., 2021; Mise et al., 2022). Eukaryotic lncRNA genes are usually composed of multiple exons with an average of 2.49 exons per human lncRNA gene (Khan, Wellinger, and Laurent 2021). LncRNA transcripts are efficiently spliced with a very similar distribution of AS-type events to that of protein-coding transcripts (Khan, Wellinger, and Laurent 2021). Hence, lncRNAs also generate multiple splice variants whose functional relevance can be associated with RNA-based differential functions (Khan, Wellinger, and Laurent 2021). Although the majority of alternatively spliced lncRNAs are likely non-functional, some of them can produce micropeptides. Indeed, specific splice variants of lncRNAs have the unique capability to produce functional micropeptides that are not encoded by the lncRNA of reference, that is, HOXB-AS3 lncRNA (Huang et al., 2017), LINC00948 lncRNA (Anderson et al., 2015), and LINC00665 lncRNA (Guo et al., 2020). Therefore, the proteomic diversity also depends on AS of lncRNAs. With a total of 354,855 lncRNA genes identified in 17 different species, the exact contribution of lncRNA splice variants to the proteomic complexity remains to be precisely determined and will be a major challenge in the field.
Circular RNAs (circRNAs) are produced from the back-splicing of linear RNAs where upstream splice-acceptor sites are covalently linked to downstream splice-donor sites to form an RNA loop structure (Kristensen et al., 2019). CircRNAs can be conserved during evolution and exhibit a tissue- or cell-specific expression (Kristensen et al., 2019; Santer, Bär, and Thum 2019). CircRNAs are functionally important as they act as microRNA decoys or scaffolds that sequester specific proteins (Chen et al., 2020). Due to their circular shape, circRNAs were not predicted to be translated, but there is growing evidence that circRNAs containing small ORFs can produce micropeptides that have a functional relevance (Legnini et al., 2017; Pamudurti et al., 2017; Liang et al., 2019; Lei et al., 2020; Sinha et al., 2022). It has been hypothesized that AS, particularly exon skipping, drives the formation of circRNAs. However, in silico analyses of AS and circRNA production in the human heart revealed that only 10% of circRNAs are produced from alternatively spliced exons, while 90% of circRNAs come from constitutive exons (Aufiero et al., 2018). Therefore, it is possible that AS can also impact the proteomic composition via circRNAs containing small ORFs, even though this contribution probably remains limited since circRNAs are described to largely be non-functional products of splicing errors (Xu and Zhang 2021). Future studies on circRNA translation will help uncover the circRNA-driven hidden proteome and enlighten on the functional importance of these novel proteins.
PERSPECTIVES
Although MS combined with long-read sequencing and ribosome profiling data has significantly improved the identification of new isoform proteins, many MS fragment spectra still remain unidentified and could potentially result from alternative proteins, micropeptides translated from lncRNAs, circRNAs, or other RNAs (Makarewich and Olson 2017). Moreover, identifying isoform proteins or small proteins using “bottom–up” MS is challenging. An alternative form of a protein must have a tryptic peptide with more than eight amino acids in the region that differs from the canonical protein to be identified correctly. In addition, this peptide must be suitable for ionization and fragmentation. For small proteins with less than 100 amino acids, the chance to have unique detected peptides is strongly reduced compared to large proteins. Size selection, enrichment of small-size proteins, and careful selection of proteases may improve detection of low abundant proteins and micropeptides. Furthermore, matching MS spectra with custom databases will also help successfully identify novel isoform proteins or small-size micropeptides. “Top–down” proteomics, which characterizes intact proteins in complex mixtures without prior digestion, could be a good alternative approach. However, this method requires long ion accumulation, activation, and detection times and has not been achieved on a large scale due to lack of methods integrated with tandem MS. Despite significant advances, identifying new isoform proteins in the proteome complexity remains a challenge, and further improvements (e.g., methodology, filtering criteria, and database) will be required to substantially improve this situation in the future.
Determining which alternatively spliced transcripts produce proteins with important biological functions (i.e., isoform proteins, alternative proteins, and micropeptides) is the key to confirm the real impact of AS on proteomic complexity. To date, relatively few isoform and alternative proteins have been studied at the functional level, and the biological significance of AS-derived proteome remains obscure. For some AS events, functional consequences can be easily inferred based on changes in the protein sequence. Some alternatively spliced transcripts can encode protein isoforms, which lose or gain specific domains. Interestingly, 50% of AS events in the human transcriptome preserve the ORF and 65% of these frame-preserving splice variants are detected in polysome fractions and, hence, are likely translated (Weatheritt, Sterne-Weiler, and Blencowe 2016). This observation indicates that alternatively spliced transcripts with no frame preservation are potentially eliminated by quality control processes such as NMD. Indeed, some AS events can lead to the inclusion of highly conserved “poison” exons, which contain a premature truncation codon (Leclair et al., 2020). Although these exons do not contribute to the protein-coding capacity, their AS coupled to NMD plays an autoregulatory role in gene expression and protein abundance. Hence, the functional consequences of AS are not always obvious, and many studies failed to detect any differences in the activity of isoform proteins. However, the absence of functional relevance does not mean that there are no functional differences. Therefore, determining the biological function of a single AS event or an AS-derived product will be a major challenge of the proteomic era in the upcoming years.
AS also has a strong clinical relevance since dysregulations of AS have been associated with many chronic diseases including cancer (Ouyang et al., 2021; Zhang et al., 2021). It is, therefore, critical to advance the functional characterization of the AS-derived proteome, but the identification of AS events without regard to their contribution to proteomic diversity is also essential. Indeed, it is key to further study any potential AS alterations in diseases or pathological conditions as they could be valuable prognostic and diagnostic biomarkers. Such investigations could also provide tools for the development of therapeutics. Two splicing-based therapeutic agents are currently tested in clinical trials: small-molecule splicing modulators and antisense oligonucleotides (ASOs). Small-molecule drugs modulate the splicing activity by directly targeting the spliceosome and splicing factors. Surprisingly, these compounds do not induce global splicing inhibition but rather selective changes in AS for genes related to cell proliferation and apoptosis (Folco, Coil, and Reed 2011; Vigevani et al., 2017). However, potential problems of off-target effects require that AS mechanisms are fully understood before further clinical use. In contrast, ASOs are emerging as more secure therapeutic agents to modulate splicing. ASOs can specifically neutralize splice sites, inhibit the recruitment of specific RNA-binding proteins or inhibit the expression of specific splice variants (Rinaldi and Wood 2018). For instance, clinical applicability of ASO-based strategies has been successful in the treatment of patients with spinal muscular atrophy (Hua et al., 2008). ASOs could be used to specifically target specific disease-related splice variants, but advancing knowledge on the functional roles of isoform proteins is, hence, critical for efficient clinical interventions. Regardless of its contribution to proteomic diversity, targeting AS is now recognized an important area for clinical intervention.
CONCLUSION
On the contentious question “Does alternative splicing really expand proteomic diversity?,” we can hereby affirm that AS indeed participates to proteomic complexity in many ways, that is, isoform proteins, alternative proteins, and micropeptides. In the light of this re-evaluation, the AS-related ghost proteome fills a gap and enlarges our vision of the current proteome. Importantly, the remaining limitations on the original question should be taken in consideration in future research endeavors. To continue assessing AS contribution to proteomic complexity, deeper ORF annotation and improvement of technologies and methodologies will be key to functional proteomic discoveries. With a repertoire of alternatively spliced transcripts now significantly expanded, more extensive functional studies on AS and its related proteome are necessary to unravel their unexpected implications in a variety of biological processes.
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