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Editorial on the Research Topic
 Coupling and Uncoupling: Dynamic Control of Membrane Contacts



All living cells are dynamic assemblies in nature that continuously self-organize numerous molecules into various separate-yet-connected functional and homeostatic units. Many such membrane-bound units in eukaryotic cells, namely membranous organelles with characteristic morphologies, dynamics, and functions, together with the plasma membrane (PM) are physically interconnected at membrane contact sites (MCSs) without membrane fusion. MCSs are commonly regarded as interorganellar, though they can also be intraorganellar. To date, all membrane-bound organelles have been observed to make contacts with at least one other membrane type. The distribution and abundance of these interorganellar MCSs vary among cell types. Structurally, some MCSs could appear stable and constitutive [e.g., the endoplasmic reticulum (ER)-PM contacts in muscle cells and yeasts, etc]. However, membrane tethering as well as molecular assemblies at MCSs are often highly dynamic. For example, transient contacts between the ER and mitochondria (Mito) or endosomes (Endo) form during their respective fission. In mammalian cells, machineries for store-operated Ca2+ entry are rapidly assembled at ER-PM contacts upon reduction of Ca2+ levels in the ER lumen.

Close membrane apposition can be established in both an inter- and intraorganellar fashion through a variety of tethering machineries. Interorganellar tethering complexes facilitate direct transport of small molecules, such as lipids and ions at MCSs, which helps to maintain cellular homeostasis and guide associated signaling pathways and/or cellular events. Intraorganellar tethers on the other hand can support the architecture of organelles and hence their functions: They act either at the cytoplasmic interface to build stacked membranes [e.g., stacked ER cisternae albeit more prominently seen with the overexpression of ER resident proteins (Snapp et al., 2003) and Golgi stacks (Lee et al., 2014) etc.], or as intraluminal spacers to modulate lumen diameter [e.g., ER luminal spacer Climp63 (Zhao and Hu)], or in a complex manner to structure the interior of double-membrane-bound organelles, such as mitochondria (van der Laan et al., 2012). In all cases, spatial confinement at these membrane junctures could locally alter molecular dynamics and potentially involve microdomain formation for specialized activities.

With the discovery of major tethering complexes for various MCSs, one of the next major goals is to understand how cells spatiotemporally control assembly and disassembly of MCSs and coordinate the functions of various MCSs during different states of the cells. Many tethers have been pinpointed to couple membranes through protein-protein or protein-lipid interaction, however little is known quantitatively about the threshold of such interactions that suffices bona fide contact site formation. This is an important issue, as cross-membrane interactions essentially determine the membrane tethering strength and therefore could impact the abundance and dynamics of MCSs. Conceivably, modulation of such interactions at MCSs is likely the common mechanism for dynamic control of MCS formation in the cell. Thus, one should be cautious in interpreting findings that involve tethering proteins expressed at non-physiological levels for functional indication, as higher levels of tethers often induce the formation of ectopic and/or more stable MCSs, and vice versa, which may alter their functions. Intrinsic membrane remodeling capacity and cytoskeleton dynamics (Koppers et al.) could also affect the strength of membrane tethering at MCSs, possibly through imposing shear forces or cross-linking effects. Besides, organelle morphology, particularly the ER reticulation, appears crucial for MCS formation: For instance, membrane contacts are more frequently engaged with the tubular ER. Alteration in membrane curvature or geometry during organellar remodeling may locally promote the coupling or uncoupling between membranes.

Limited spacing at MCSs could obstruct space-demanding processes that involve large-sized protein assemblies (Zhang, 2020) or vesicles (Ng et al., 2018). It is conceivable that such physical roles would depend on the amount and plasticity of MCSs, and hence the disassembly and removal of MCS become an important step to finetune this barrier effect. While as for biochemical activities at MCSs, it is becoming clear that tethering of opposing membranes stimulates non-vesicular lipid transport mediated by lipid-transfer proteins (LTPs) (Ercan et al., 2021). How the assembly and disassembly of MCSs affect the global state of lipid transport, however, remains elusive. In fact, many LTPs have affinities for both membranes at MCSs through the binding of lipids or resident proteins, so they are often considered as part of the tethering machinery. However, most LTPs seem to have minor roles in sustaining MCSs under normal physiological conditions. One can envisage that non-vesicular lipid transfer could also occur via simple diffusion of LTPs following the lipid gradient between membranes. Indeed, some forms of non-vesicular lipid transport likely do not rely on MCSs (Dittman and Menon, 2017; Quon et al., 2018). Nevertheless, commonality of microniches created by juxtaposed membranes in lipid-related functions, including lipid transport, synthesis, and metabolism (discussed by Hewlett et al.; Nakatsu and Kawasaki; Xu and Huang), infers that MCSs should possess conserved advantages for these roles.

In this collection of articles, we see the latest summaries and perspectives on MCSs of various kinds covering their formation, dynamics, and functions, including ER-PM (Hewlett et al.; Li et al.), ER-Mito (Aoyama-Ishiwatari and Hirabayashi), ER-Endo (Shirane), ER-Golgi (Feng et al.), Mito-lipid droplet (LD) (Cui and Liu), and secretory vesicle-PM contacts (Ruan et al.), etc. In addition, Tashiro et al. developed an improved version of the split-GFP system in yeast and mammalian cells (which relies on lower expression of the split-GFP components), enabling quantitative analysis of various MCSs at near-native states in living cells. Cui and Liu further discuss potential molecular distinctions between dynamic and stable Mito-LD contacts from a structural point of view. Moreover, two articles particularly highlight anomalies of MCSs in various diseases, e.g., altered abundance of ER-Mito contacts being seen in different cell lineages associated with cardiovascular diseases (Liu et al.) and impaired endosomal homeostasis resulting from ER-Endo contact dysfunction perhaps underlying some forms of neurodegenerative disorders (Shirane). Finally, Wong et al. draw an interesting connection between host cell organelles and viral RNA-containing double-membrane vesicles (DMVs) for positive strand RNA viral replication, using severe acute respiratory syndrome coronavirus 2 as a major example. They review how these viruses hijack host lipid metabolic machineries and redirect lipids via assorted MCSs to generate DMVs for proliferation.


UNFATHOMED QUESTIONS AND CHALLENGES

Membrane-contact-related research has gained tremendous interest in recent years. While exciting advances have been made, many fundamental questions remain elusive. These include:

• How is the rate of non-vesicular lipid transport regulated in living cells? So far, lipid transfer has been primarily studied using reconstitution assays, but the rate of lipid transport observed in vitro is often slow. It is also intriguing to see how much of non-vesicular lipid transport is mediated at MCSs vs. by simple diffusion of LTPs in vivo. Further attempts will have to be made to establish methods for detecting and quantifying such lipid transfer in living cells.

• How does redundancy of multiple protein tethers contribute to their functional crosstalk at the same MCSs? The abundance and structural arrangement of individual tethers likely matter, especially when they differ in distances that they can stretch at MCSs. This question is pertinent to a common issue that many studies use depletion or over-expression of tethers to argue their functions. With potential interference among tethers (i.e., depletion or overexpression of tether A affecting tether B functions), we may need to re-evaluate some of the existing results.

• How does molecular interaction physically determine the extent of membrane tethering at MCSs? Addressing this question will provide mechanistic insights into the dynamic control of MCS remodeling.

• A general one–how do cells balance different MCSs in their quantity, distribution, dynamics, and functions, in harmony with their cellular states?
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Membranes of the endoplasmic reticulum (ER) are shaped into cisternal sheets and cylindrical tubules. How ER sheets are generated and maintained is not clear. ER membrane protein Climp63 is enriched in sheets and routinely used as a marker of this structure. The luminal domain (LD) of Climp63 is predicted to be highly helical, and it may form bridges between parallel membranes, regulating the abundance and width of ER sheets. Here, we purified the LD and full-length (FL) Climp63 to analyze their homotypic interactions. The N-terminal tagged LD formed low-order oligomers in solution, but was extremely aggregation-prone when the GST tag was removed. Purified FL Climp63 formed detectable but moderate interactions with both the FL protein and the LD. When Climp63 was reconstituted into proteoliposomes with its LD facing out, the homotypic interactions were retained and could be competed by soluble LD, though vesicle clustering was not observed. These results demonstrate a direct self-association of Climp63, supporting its role as an ER luminal spacer.

Keywords: endoplasmic reticulum, sheet biogenesis, membrane tethering, homotypic interactions, reconstitution, Climp63


INTRODUCTION

The endoplasmic reticulum (ER) is composed by two interconnected morphological domains: tubules and sheets (Baumann and Walz, 2001; Shibata et al., 2006). Though the morphogenesis of the tubular ER network has been studied extensively (Shibata et al., 2009; Hu et al., 2011; Lin et al., 2012), little is known about how sheets are formed. ER sheets are cisternal structures bounded by two flattened parallel membranes, with a width of ∼30 nm in yeast and ∼50 nm in mammalian cells. Most sheets are decorated by translating ribosomes (Savitz and Meyer, 1990; Puhka et al., 2007), termed the rough ER, which links ER sheets to protein synthesis, a key function of the ER.

Investigation of professional secretory cells, such as pancreatic cells and plasma cells that contain massive ER sheets, sheds light on key regulators of sheet formation (Shibata et al., 2010). Three ER membrane proteins, cytoskeleton-linking membrane protein 63 (Climp63), p180, and kinectin, have been identified as sheet-enriched proteins that determine ER sheet formation. Climp63 is proposed to serve as a luminal ER spacer by forming luminal bridges. p180 and kinectin, both of which potentially contain extensive cytosolic coiled coil domains, are thought to flatten ER membranes using these coiled coils. In addition, the presence of polysomes on ER membranes likely promotes sheet formation (Shibata et al., 2010). Finally, the shaping of ER sheets may be facilitated by tubule-forming proteins, which also localize to the edge of sheets and stabilize the high curvature there (Shibata et al., 2010). Among sheet-forming proteins, Climp63, which is also referred to as cytoskeleton associated protein 4 (CKAP4), is the most commonly used sheet marker in the ER. It rarely localizes to ER tubules (Gao et al., 2019; Schroeder et al., 2019) and is not observed in the nuclear envelope (Shibata et al., 2010). Climp63 is a 63 kDa type II transmembrane protein with a relatively short N-terminus (NT, 85 aa) and a long C-terminal luminal domain (LD, 472 aa; Figure 1A). Climp63 interacts with microtubules, as indicated by its name, through a region in the NT. The cytoskeleton linkage can be reversed by phosphorylation in the proximal region (Vedrenne et al., 2005) and potentially regulates translocon mobility (Nikonov et al., 2007) and ER positioning (Cui-Wang et al., 2012; Farías et al., 2019). Palmitoylation was also detected in the NT (Planey et al., 2009), but the physiological role is not entirely clear. Interestingly, Climp63 is also implicated in several signaling events (Nisha Gupta et al., 2006; Sandoz and van der Goot, 2015; Chavda et al., 2017), with some mechanisms requiring plasma membrane localization.


[image: image]

FIGURE 1. Purification of Climp63. (A) Schematic diagram of M. musculus Climp63. The amino acids are numbered. TM, transmembrane; CC, coiled coil. (B) GST-Climp63 LD was purified through gel filtration analysis. (C) After gel filtration, the fractions were analyzed by SDS-PAGE and Coomassie blue staining. (D) GST-Climp63 LD and FL Climp63 were purified and the samples were analyzed by SDS-PAGE and Coomassie blue staining.


Importantly, the LD of Climp63 is expected to convey the most critical function, i.e., sheet morphogenesis. Depletion or deletion of Climp63 in cultured cells causes an ∼50% decrease in the luminal width of the ER (Shibata et al., 2010), and reintroduction of Climp63 with engineered LDs of different lengths results in ER sheets of corresponding width (Shen et al., 2019). The Climp63 LD is predicted to be mostly coiled coils (CCs), and homotypic zippering of these helices is naturally thought to be the basis for bridging the apposing lumen-forming membranes. However, purified LD was only analyzed in a denatured condition (Klopfenstein et al., 2001), and direct evidence of the existence of homotypic interactions is not available.

Here, we purified full-length (FL) Climp63 and the LD of Climp63 for biochemical analysis. We confirmed the helical nature of the LD and the self-association of Climp63 in both soluble and reconstituted forms, though the interactions were weaker than expected.



RESULTS


Purification of the Climp63 LD

To test the direct homotypic interaction of Climp63, we expressed GST-tagged mouse Climp63 LD (residues 104–575, Supplementary Figure S1) in Escherichia coli. When affinity-purified GST-Climp63 LD (theoretical molecular weight: 80.3 kDa) was subject to size exclusion chromatography, the protein was eluted as a relatively broad range (∼8–12 ml, Figures 1B,C), the peak of which correlates to a calibrated molecular weight of ∼1000 kDa. On the same column, a monomeric protein of 80 kDa would elute at ∼14 ml. These results suggest that the LD likely forms oligomers and/or adopts an extended configuration that shortens its retention time in the column compared to other globular proteins.

To avoid an influence by the GST tag, which is known to form weak dimers in solution (Sacchetta et al., 1993), on the oligomeric state of the LD, we attempted to remove the tag using protease 3C. As expected, the GST was efficiently separated from the LD by overnight cleavage on glutathione beads (Supplementary Figure S2A). The released LD severely precipitated, whereas uncleaved protein was stable in solution when eluted from the beads. These results indicate that isolated LD is aggregation-prone, likely due to a sticky surface that can be protected by the GST.



Tests of Self-Association Using Purified Climp63

Next, we tested the oligomeric state of the GST-Climp63 LD using analytical ultra-centrifugation (AUC). When 12.5 μM protein was loaded, the GST-Climp63 LD was mostly dimer (∼44%), but we also observed monomer (7.5%), trimer (∼28%) and tetramer (∼13%) species (Figure 2A). Because GST forms dimers (Supplementary Figure S3A), but not trimers (Sacchetta et al., 1993), these results suggest that Climp63 LD undergoes moderate self-association in addition to that by the GST. Furthermore, the oligomerization state was not affected in the presence of 2 mM Ca2+ (Figure 2A), which mimics the conditions with the ER lumen. The results also suggest that the high average molecular weight predicted by gel filtration analysis when similar protein concentrations were used is caused at least partly by an irregular shape of the protein, such as a rod, as proposed previously (Klopfenstein et al., 2001).
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FIGURE 2. Interactions between purified Climp63. (A) The size of GST-Climp63 LD (theoretical molecular weight: 80.3 kDa) was determined at 12.5 μM by analytical ultracentrifugation (AUC) with or without 2 mM CaCl2. The estimated molecular masses are given above the peaks (in kilodaltons, kDa). (B) The interaction between purified FL Climp63-HA and FL Climp63-Flag was determined by co-immunoprecipitation. 5 μg of purified Climp63-HA (0.16 μM) was immunoprecipitated by anti-HA-agarose and then incubated with 10 μg of Flag-tagged protein, including FL Climp63-Flag (0.32 μM), GST-Climp63 LD-Flag (0.25 μM), or GST-Flag (0.8 μM), at 4°C for 1.5 h. The samples were analyzed by immunoblotting using the indicated antibodies. 0.15% of the input and 12.5% of the precipitate was loaded. The relative levels of co-precipitated Flag-proteins were quantified using the Gel-Pro analyzer software and normalized to the levels of input. Data are representative of three biological repeats.


To further confirm the LD-mediated homotypic interactions, we performed pull-down assays using purified proteins. Because the GST-tag cannot be removed and its presence may cause background association, we expressed and purified GST-tagged FL mouse Climp63 (Figure 1D). Unlike the LD, the N-terminal GST could be cleaved efficiently without compromising the stability of the protein (Supplementary Figure S2B). We then engineered and purified FL Climp63 with either a C-terminal HA tag or Flag tag, the GST-Climp63 LD with a C-terminal Flag tag, and GST-Flag. FL Climp63-HA was attached to anti-HA antibody-conjugated agarose, incubated with individual Flag-tagged proteins, and the precipitates analyzed by SDS-PAGE and immunoblotting using anti-HA and anti-Flag antibodies. Both FL Climp63-Flag and GST-Climp63 LD-Flag were detected in the precipitates, but very little GST-Flag co-precipitated with FL Climp63-HA (Figure 2B). Notably, ∼0.5–1 μM total protein was used in these assays, and FL Climp63-HA was only able to pull down ∼1.0% of the FL Climp63-Flag or ∼2.6% of the LD that was supplied. When FL Climp63-HA was omitted in the assay, FL Climp63-Flag had a marginal attachment to the anti-HA agarose (Figure 2B). These results confirm a detectable, but relatively weak, homotypic interaction with Climp63.

The LD of Climp63 is predicted to be entirely α-helical with three potential CC regions (Supplementary Figure S1). To test whether deletion of the CC domains affects homotypic interactions, we preformed pull-down assays using deletion mutants in the context of FL Climp63 with an N-terminal Strep tag (Supplementary Figure S3B). As expected, Strep-FL Climp63 was able to co-sediment with FL Climp63-HA. Decreased binding was observed when CC2, the longest CC, was deleted, and the lack of both CC1 and CC2 caused a further reduction in self-association (Supplementary Figure S3C). These results suggest that redundant binding sites exist in the LD, and Climp63 self-association is sensitive to CC deletions.



Reconstitution of FL Climp63

We also tested whether Climp63 alters homotypic interactions in a membrane-bound setting. To achieve this goal, we performed directional reconstitution of the purified FL Climp63. Climp63 was solubilized by Fos-Choline-12 and subsequently exchanged into Triton X-100. In the reconstitution mixture, when the chosen detergent, including Triton X-100, is sufficient to be incorporated into pre-formed liposomes, but not enough to solubilize them, removal of the detergent could possibly cause directional insertion of membrane proteins into lipid bilayers (Rigaud and Levy, 2003). Using this method, we reconstituted FL Climp63 into proteoliposomes with bio-bead-aided detergent removal. Flotation analysis of the reconstituted sample indicated that Climp63 was successfully incorporated into membrane vesicles (Figure 3A). Climp63 contains one cysteine residue in the NT (C79, Figure 3B); accessibility of C79 by maleimide-linked Alexa Fluor 488 was used to probe the topology of reconstituted Climp63. Purified FL Climp63 was labeled efficiently. When Climp63-containing proteoliposomes were intact, no labeling was detected. Fluorescent labeling was resumed when the same sample was solubilized by 1% Triton X-100 (Figure 3C). We also mutated C79 to Ala and reintroduced a Cys at S124 in the LD domain. As expected, the reconstituted double mutant was readily labeled when the proteoliposomes were intact (Supplementary Figure S4A). Taken together, these results indicate that Climp63 was reconstituted into membranes with the LD/CT facing out.
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FIGURE 3. Reconstitution of Climp63. (A) FL Climp63 was reconstituted into proteoliposomes followed by flotation analysis. Fractions were analyzed by SDS-PAGE and Coomassie blue staining. (B) The top panel shows a single cysteine in M. musculus Climp63. Purified and reconstituted FL Climp63 were labeled by a 10-fold molar excess of Alexa Fluor 488 C5 maleimide dye, with or without 1% Triton X-100, overnight at 4°C. The reactions were stopped by 2 mM BME. Samples were separated by SDA-PAGE and analyzed by fluorescent imaging (top) and Coomassie blue staining (bottom). The orientation of the reconstitution is indicated on the right.




Tests of Self-Association Using Reconstituted Climp63

Finally, Climp63-mediated interactions were measured in a proteoliposome-based pull-down assay. Vesicles containing either FL Climp63-HA or FL Climp63-Flag were isolated by collecting the top fraction in the flotation assay (Supplementary Figure S4B). Cryo-EM showed that proteoliposomes remained intact upon flotation, but no obvious tethering between vesicles was observed (Supplementary Figure S4C). These vesicles were then mixed and incubated with HA-agarose to pull-down FL Climp63-HA-containing vesicles (Figure 4A). A very low concentration of detergent (0.01% Triton X-100) was maintained, not to break vesicles, but to ensure binding fidelity in the assay. Consistently, HA-positive vesicles were able to co-sediment some Flag-positive vesicles (Figure 4B). In addition, when GST-Climp63 LD-Flag was incubated with FL Climp63-HA-containing vesicles, the LD was also detected in the HA-positive precipitates (Figure 4B). However, when the LD was present in 6-fold molar excess (Figure 4C), the interactions between HA-positive vesicles and Flag-positive vesicles were reduced (Figure 4D). Collectively, these results confirm that membrane-bound Climp63 is able to self-associate through its LD domain.
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FIGURE 4. Interactions between reconstituted Climp63. (A) Schematic diagram of the pull-down process shown in (B). (B) FL Climp63-HA and FL Climp63-Flag were individually reconstituted into proteoliposomes and subjected to flotation. The top fractions (50 μl of 250 μl) were used for the pull-down assays. FL Climp63-HA-containing vesicles (∼0.75 μg protein, 0.03 μM) were mixed with the indicated Flag-containing samples, including FL Climp63-Flag-containing vesicles (∼1.5 μg protein, 0.06 μM), GST-Climp63 LD-Flag (1.5 μg, 0.05 μM), and GST-Flag (1.5 μg, 0.15 μM), and precipitated by anti-HA agarose. The samples were analyzed by immunoblotting using the indicated antibodies. 0.25% of the input and 30% of the precipitate was loaded. The relative levels of co-precipitated Flag-proteins were quantified using the Gel-Pro analyzer software and normalized to the levels of input. Data are representative of three biological repeats. (C) Schematic diagram of the pull-down process shown in (D). (D) FL Climp63-HA and FL Climp63-Flag were individually reconstituted into proteoliposomes. FL Climp63-HA-containing vesicles (∼0.1 μM) were mixed with FL Climp63-Flag-containing vesicles (∼0.15 μM). GST-Climp63 LD (0.9 μM) was added for competition and GST (3 μM) was used as a control. The samples were analyzed by immunoblotting using the indicated antibodies. 0.175% of the input and 20% of the precipitate was loaded. The relative levels of co-precipitated Flag-proteins were quantified using the Gel-Pro analyzer software and normalized to the levels of input. The asterisk (∗) indicates a non-specific band. Data are representative of three biological repeats.





DISCUSSION

Our results provide definitive evidence that Climp63 may act as an ER luminal spacer by forming homotypic interactions through the ER LD. The self-association can reach at least tetramers in solution. We confirmed the interactions using the LD alone, between the LD and FL Climp63, and between differentially tagged FL Climp63 in the presence or absence of detergents. The assembly is likely specific, because purified proteins used in the binding assays did not form uncontrollable aggregations and the assembly can be competed by the soluble LD and down-regulated by CC deletion.

Surprisingly, the measured affinity of the interaction was weaker than expected given that the LD is predicted to form extensive CCs. Marginal amounts of the LD or FL Climp63 were pulled down by HA-agarose-precipitated FL Climp63. Even when the protein concentration was 10-fold higher, the degree of oligomer formation by GST-Climp63 LD was maintained at low levels. These findings suggest that, although Climp63-mediated luminal bridges exist, they are less likely to be rigid and stable. Our results predict a self-association affinity of Climp63 that is weaker than micromolar. In contrast, a similar luminal bridge formed by KASH protein in the outer nuclear membranes and SUN protein in the inner nuclear membranes was reported to be ∼45 nM (Wang et al., 2012). When tethering factors, such as Climp63, are densely placed in apposed 2D faces, weak interactions may be combined to a reasonable level. Similar cases include Golgi stacking factors, the GRASP proteins. They are purified as monomers, but the crystal structures have revealed multiple assembly interfaces that are of physiological relevance in cells (Feng et al., 2013). Alternatively, the flexible bridges allow dynamic regulation of the ER luminal space.

We noticed that isolated LD exhibited severe aggregation when the GST tag was removed. These findings suggest possible strong cis interactions, i.e., self-association of Climp63 in the same side of the membrane, which might undermine trans interactions that were tested here and indeed needed as a luminal spacer. The width of ER sheets in mammalian cells is ∼50 nm in average. However, the previously purified Climp63 LD (in partial denatured conditions) was seen as 90-nm rods by EM, which less likely represents a functional spacer (Klopfenstein et al., 2001). If the LD forms one single straight helix, it would be estimated as 70 nm in length. Certain winding of the helical domain is therefore expected for a fit in 50 nm space.

Our findings imply that the Climp63 LD is most likely sticky and can bind to many other proteins in the ER lumen. The LD has been reported to bind to dicer (Pepin et al., 2012), integrin (Osugi et al., 2019), VE-cadherin (Lyu et al., 2019), and DKK1 (Kimura et al., 2016). Interestingly, Climp63 was recently shown to engage calumenin, a soluble ER chaperone (Shen et al., 2019), highlighting potential docking sites for luminal chaperones. Similarly, Climp63 was found to regulate the nanodomain distribution of ER-resident proteins (Gao et al., 2019). These observations suggest that Climp63 has functions beyond a ER luminal spacer, possibly linking to its ER sheet enrichment.



MATERIALS AND METHODS


Protein Expression and Purification

Full-length Climp63 (Mus musculus), CC-deleted mutants, and Climp63 LD (residues 104–575) were cloned into the pGEX6P-1 vector with an N-terminal GST tag. All constructs were transformed into bacterial strain BL21 (DE3) and cultures grown in Luria-Bertani media at 37°C to an OD600 of 0.8. Protein expression was induced by the addition of 0.35 mM IPTG for 24 h at 16°C. Cells were harvested, resuspended in lysis buffer (500 mM NaCl, 25 mM HEPES [pH 7.4], 10% glycerol), and lysed by ultrasonication. The lysate was centrifuged at 40,000 rpm for 1 h. For FL Climp63, the pellet was resuspended in lysis buffer containing 1% Fos-choline-12 and the insoluble components cleared by centrifugation. The recombinant protein was isolated by glutathione Sepharose (GE Healthcare), washed with lysis buffer containing 0.1% Triton X-100, and eluted by cleavage of the GST tag, where 180 μg protease 3C was incubated with the resuspended beads overnight at 4°C. For the GST-Climp63 LD, the supernatant was incubated with glutathione Sepharose after centrifugation. Sepharose was washed with lysis buffer (500 mM NaCl, 25 mM HEPES [pH 7.4]) and then eluted with buffer containing 10 mM glutathione. The protein was further purified by gel filtration chromatography (Superdex-200 Increase 10/300 GL; GE Healthcare) in 25 mM HEPES (pH7.4) and 500 mM NaCl with a flowrate of 0.5 mL/min at 4°C.



AUC

Purified 1 mg/mL GST-Climp63 LD (12.5 μM) and GST (40 μM) were used for AUC in a buffer containing 25 mM HEPES (pH7.4) and 500 mM NaCl. Sedimentation velocity experiments were performed at 4°C in Optima AUC (Beckman Coulter). All absorbance data at 280 nm were collected at 42,000 rpm in a rotor (An-50 Ti; Beckman Coulter) and analyzed by the program SEDFIT in terms of a continuous c(s) distribution.



Reconstitution of FL Climp63

POPC (1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine), DOPS (1,2-dioleoyl-sn-glycero- 3-phospho-L-serine) and Rhod-PE [1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhodamine B sulfonyl)] were purchased from Avanti Polar Lipids. Lipid mixes (POPC:DOPS:Rhod-PE, 83.5:15:1.5 molar ratio) were dried to a film, hydrated with buffer (500 mM NaCl, 25 mM HEPES [pH 7.4], 10% glycerol), and extruded through polycarbonate filters with a pore size of 100 nm. FL Climp63 in 0.1% Triton X-100 was mixed with preformed liposomes (protein:liposome, 1:1000 molar ratio) at an effective detergent to lipid ratio of ∼1. Protein and lipid were allowed to mix for 2 h at 4°C. The detergent was removed by adding Bio-Beads SM-2 adsorbent beads (Bio-Rad). The flotation of proteoliposomes was performed on a sucrose gradient to determine the reconstitution efficiency. Proteoliposomes (30 μl) were mixed with 100 μl of 1.9 M sucrose and overlaid with 100 μl of 1.25 M sucrose and 20 μl of lysis buffer. After centrifugation at 174,000 g for 75 min at 4°C in a rotor (TLS- 55; Beckman Coulter), the gradient was fractionated into five fractions and analyzed by SDS-PAGE and Coomassie blue staining.



Protein Labeling

Purified FL Climp63 and proteoliposomes were labeled with 10-fold molar excess of Alexa Fluor 488 C5 maleimide dye (Life Technologies) in the absence or presence of 1% Triton X-100 overnight at 4°C. The samples were separated by SDA-PAGE and analyzed by fluorescent imaging and Coomassie blue.



Immunoprecipitation

For immunoprecipitation of purified protein, 5 μg of FL Climp63-HA was immunoprecipitated by anti-HA-agarose at 4°C for 2 h. The agarose was washed twice with lysis buffer containing 0.1% digitonin and then incubated with 10 μg of Flag-tagged proteins in lysis buffer containing 1% digitonin at 4°C for 1.5 h. The agarose was washed four times with lysis buffer containing 0.1% digitonin. For immunoprecipitation of proteoliposomes, FL Climp63-HA and FL Climp63-Flag were reconstituted into liposomes and subjected to flotation. The top fractions were mixed in lysis buffer containing 0.0125% Triton X-100 at 4°C for 2 h. The mixture was then precipitated by anti-HA agarose at 4°C for 1.5 h. The agarose was washed four times with lysis buffer. Precipitated proteins were eluted with 2 × SDS-PAGE sample buffer and detected by Western blot. Band densities were quantified using Gel-Pro Analyzer version 4.0 (Media Cybernetics).



Cryo-Electron Microscopy

Full-length Climp63 was reconstituted into liposomes and subjected to flotation. The top fraction was applied to a glow discharged carbon grid. Each sample was plunge-frozen in liquid ethane using an automated system and visualized on a Tecnai 20 electron microscope operating at a voltage of 200 kV.
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The mitochondrion, the ATP-producing center, is both physically and functionally associated with almost all other organelles in the cell. Mitochondrial-associated membranes (MAMs) are involved in a variety of biological processes, such as lipid exchange, protein transport, mitochondrial fission, mitophagy, and inflammation. Several inflammation-related diseases in the cardiovascular system involve several intracellular events including mitochondrial dysfunction as well as disruption of MAMs. Therefore, an in-depth exploration of the function of MAMs will be of great significance for us to understand the initiation, progression, and clinical complications of cardiovascular disease (CVD). In this review, we summarize the recent advances in our knowledge of MAM regulation and function in CVD-related cells. We discuss the potential roles of MAMs in activating inflammation to influence the development of CVD.
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INTRODUCTION

Inflammation is a universal phenomenon observed in CVDs, such as atherosclerosis (the primary underlying cause), AMI, cardiac I/R injury, stroke, and HF (Golia et al., 2014; Esposito et al., 2017; Zhou et al., 2018). Many experimental and clinical studies suggest that treatment with anti-inflammatory drugs is capable of reducing the risk of CVDs (Golia et al., 2014; Maffia and Cirino, 2017; Ridker et al., 2017). Generally, inflammation is classified into classic inflammation (which is caused by infection and tissue injury) and para-inflammation (which is caused by tissue stress or malfunction); the latter is more responsible for chronic inflammatory disease, including T2D and CVDs (Medzhitov, 2008). The inflammasome, a critical factor in pro-inflammation, participates in a variety of inflammatory diseases and also serves as a possible therapeutic target for infectious and inflammatory diseases (Rathinam and Fitzgerald, 2016). In activated macrophages, NLRP3 is situated downstream of a series of signaling events including generation and releasing of mtROS (Tschopp and Schroder, 2010), cytosolic mtDNA release (Nakahira et al., 2011), lysosomal damage (Hornung and Latz, 2010), and cytosolic K+ efflux (Petrilli et al., 2007; Shimada et al., 2012). Recent research has suggested that MAMs are crucial platforms for inflammasome formation. Impaired Ca2+ flux between mitochondria and the ER causes mitochondrial damage that, in turn, induces the activation of the NLRP3 inflammasome (Missiroli et al., 2018). In addition, the NLRP3 inflammasome is recruited to MAMs and activated by MAM-related effectors (Zhang et al., 2017). Given the importance of MAMs in the pathogenesis of CVDs, we hereby summarize the progress in understanding the specific roles of MAMs in inflammasome activation and the association between MAMs and the high-risk factors of CVDs. We also highlight some new research ideas in inflammasome-induced CVDs.



MAMs, INFLAMMASOMES, AND CVDs

About 2.5 billion years ago, a bacterium that used oxygen to convert organic molecules into energy turned into a mitochondrion after it was engulfed by an archaebacterium (McInerney et al., 2015). Eventually, it evolved into a double-membrane organelle inside eukaryotic cells, and provided energy for the cell while also participating in other cellular biological functions (Mills et al., 2017). This is a hypothesis of the origination of mitochondria which have been identified as the stable structures in cells and actively participate in cellular metabolism.

The organelles, including mitochondria and the ER in eukaryotic cells, are isolated from each other by their membranes, which allow individual organelles to have independent microenvironments to facilitate the appropriate biochemical reactions. Organelles are also tightly connected and work in a coordinated manner. When cells perform biological functions, some of the organelles need to be close to each other (Porter and Palade, 1957). In Bernhard and Rouiller (1956) first discovered Membrane Contact Sites (MCSs) with ultrastructural studies (Gatta and Levine, 2017). In 1969, John Ruby and his colleagues found a possible interaction between the outer mitochondrial membrane and the ER membrane (van Vliet et al., 2014). Shore and Tata used the same approach in rat liver homogenates with low-speed (640 g) to extract the rough and smooth ER fractions and found the major proportion of mitochondria was in this fractions at the end of the 1970s (Shore and Tata, 1977a, b). It was not until the last decade that the functions of MCSs have been gradually revealed (Gatta and Levine, 2017). MCSs are formed by interconnecting membrane protein complexes and lipids, which keep the two organelles in close contact without fusion (Annunziata et al., 2018). As one type of MCS, the MAM is the membrane contact between mitochondria and the ER, and it plays a role in exchange of materials and transport of ions between these organelles (Rizzuto et al., 1993). In recent years, MAMs have been found to be involved in intracellular phospholipid transport (Vance, 1990; Friedman et al., 2018), mitophagy (Missiroli et al., 2016; Wu et al., 2016), energy metabolism (Csordas and Hajnoczky, 2009), mitochondrial morphology (Liu et al., 2009), apoptosis (Theurey and Rieusset, 2017), and inflammasome formation (Zhou et al., 2011). These biological functions seem to be independent of each other, but they are inseparably linked. The MAM maintains the physiological function of normal cells within tissues, and the imbalance of MAMs is implicated in various diseases (Simmen and Tagaya, 2017; Wong et al., 2019). The disturbance of MAMs will lead to abnormal intracellular Ca2+ levels, impaired lipid transport, and the destruction of mitochondria. Consequently, the dysfunction of MAMs is associated with various diseases, such as cancers (Peretti et al., 2019), neurodegeneration (Krols et al., 2016), diabetes (Rutter and Pinton, 2014), infection (Jacobs and Coyne, 2013), and CVDs (Eisner et al., 2013).

In macrophages, the inflammasome transduces signals sensed by specific cytosolic proteins of the NLRP family into proteolytic activation of caspase-1 and -11, which can stimulate cells to yield and secrete cytokines including IL-1β, -18, and -1α (He et al., 2016; Yabal et al., 2019). During this process, there will be an increased level of mtROS and mtDNA released from mitochondria into the cytoplasm (Shimada et al., 2012). The increase of mtROS will recruit NLRP3 and cardiolipin to the outer membrane of mitochondria, as well as promoting K+ efflux from mitochondria. Subsequently, ASC (apoptosis-related speck-like protein) accumulates at MAMs where the NLRP3-ASC complex is formed, stimulating caspase-1 activation (Zhou et al., 2011; Elliott et al., 2018; Namgaladze et al., 2019). These events lead to activation of macrophages. Due to changes in mitochondrial morphology and function, acetylation of tubulin occurs, which in turn increases the abundance of MAMs (Yabal et al., 2019; Figure 1). However, there are still many unexplored steps in this complex pathway. The molecular mechanisms that initiate the functional and morphological changes in mitochondria in activated macrophages have not yet been elucidated. These are, therefore, future research directions in this field.
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FIGURE 1. Overview of the formation and autophagic clearance of inflammasomes. MAMs form in macrophages when they are stimulated by LPS and exposed to NLRP3 agonists (such as ATP, Alum, and Nigericin). Under these conditions, mitochondria usually become unstable, and then ASC and NLRP3 will be recruited at the MAM, which forms a positive-feedback loop. In Crohn’s Disease, serving as a compensatory mechanism, IRGM promotes selective autophagy to suppress the formation of NLRP3 inflammasomes to limit inflammation.




ATHEROSCLEROSIS

Cardiovascular diseases, including CAD, cardiomyopathy, and HF, are associated with a high incidence of mortality (Mathers and Loncar, 2006; North and Sinclair, 2012). Atherosclerosis is a chronic disease that leads to progressive stenosis of arteries due to an imbalance in lipid metabolism (Guo et al., 2015). Immunocytes and cholesterol crystals accumulate on the arterial wall, leading to the development of an atherosclerotic plaque, which limits the flow of blood, and therefore of nutrients and oxygen, to various organs (Weber and Noels, 2011). Atherosclerosis can lead to further complications including life-threatening CVDs such as myocardial infarction and stroke (Sing et al., 2003; Guo et al., 2015). Atherosclerosis is more likely to occur in the colon germ-free animals, which suggests that atherosclerosis is closely related to inflammation caused by endogenous substances (Wright et al., 2000). Prevention and treatment of early atherosclerosis will deliver a breakthrough in the treatment of CVDs. NLRP3 is involved in the sterile inflammatory response in a variety of disease conditions (Liu et al., 2018). There are tiny cholesterol crystals in early atherosclerotic lesions. These crystals cause inflammation through activated caspase-1 which is cleaved by NLRP3 inflammasomes. The latter will lead to the secretion of cytokines like the IL family, which in turn will induce the formation and development of atherosclerotic plaques (Duewell et al., 2010). As the first signal for inflammasome activation, the abnormal accumulation of free fatty acids and LDL in human blood caused by imbalanced lipid metabolism can promote the production of pro-IL-1β through Toll-like receptors (Masters et al., 2011; Figure 2). Mice without LDL receptors are prone to develop atherosclerotic plaques. Compared to wild-type mice, atherosclerotic lesions were significantly reduced in NLRP3- or ASC- knockout mice after feeding them a high-cholesterol diet (Duewell et al., 2010). Similarly, the atherosclerotic lesions will shrink after depletion of IL-1β in ApoE-deficient mice (Kirii et al., 2003; Bhaskar et al., 2011). PACS-2 (phosphofurin acidic cluster sorting protein 2) regulates the distance between ER and mitochondria. Reduced expression of PACS-2 induces uncoupling of mitochondria from the ER and BAP31-dependent mitochondrial fission (Simmen et al., 2005). Upon stimulation with atherogenic lipids, PACS-2-associated MAM contacts increase in human VSMCs (Moulis et al., 2019). In VSMCs lacking PACS-2, MAM formation is impaired, leading to reduced mitophagosome formation and increased apoptosis induced by oxidized lipoprotein (Moulis et al., 2019). HHcy has been identified as a high-risk factor for CVDs from a mass of clinical studies. In T-cells, Hcy increases the association of mitochondria with the ER. However, Nocodazole enlarges the distance between ER and mitochondria, leading to the inhibition of IFN-γ secretion and proliferation of T-cells. This effect shows that the balance of MAMs is essential for T-cell activation (Feng et al., 2016). Hcy accelerates atherosclerosis by increasing the release of chemokines/cytokines in monocytes and T-cells and results in the dysfunction of regulatory T-cells (Zeng et al., 2003; Feng et al., 2009; Ma et al., 2013; Figure 2). In macrophages from patients with CAD, the Ca2+ flux through MAMs maintains mitochondrial hyperactivity when GSK3b is inactivated, leading to the production of the collagenase cathepsin K that is related to CAD (Zeisbrich et al., 2018). According to existing research mentioned above (Moulis et al., 2019), the abundance of MAMs significantly increases in VSMCs and a subset of immune cells in atherosclerosis. At the same time, the increased MAMs in these immune cells will promote the release of inflammatory factors and further aggravate the development of atherosclerosis.
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FIGURE 2. The role of inflammasomes and MAMs in atherosclerosis. (A) In macrophages, cholesterol crystals, free fatty acids, and LDL increase the progression of atherosclerosis by activating caspase-1 and NLRP3 inflammasome formation, followed by release of secreted factors. (B) In T-cells, HHcy increases ER-mitochondria coupling, which attenuates IFN-γ secretion and suppresses Treg cells to accelerate atherosclerosis.




CARDIOMYOPATHY

Cardiomyopathy is defined as a myocardial disorder in which the heart muscle is functionally and structurally abnormal (McKenna et al., 2017). There are several different types of cardiomyopathies, and they can either be acquired, such as diabetic cardiomyopathy, or inherited, such as familial DCM (McKenna et al., 2017; Schaufelberger, 2019). Diabetic cardiomyopathy, one of the complications caused by diabetes, is closely related to the increased incidence of HF and arrhythmia in diabetic individuals (Boudina and Abel, 2007). Downregulation of the NLRP3 inflammasome restores cardiac function in diabetic cardiomyopathy models (Li et al., 2014; Yang et al., 2018; Figure 3). Metformin, the most widely used drug for treating T2D (Forslund et al., 2017), can inhibit NLRP3 by activating AMPK (AMP-activated protein kinase), thus increasing autophagy activity to promote the clearance of inflammasomes via inhibiting the mTOR pathway and alleviating the symptoms in diabetic cardiomyopathy (Yang et al., 2019a; Figure 3). Rosuvastatin can effectively delay the progress of diabetic cardiomyopathy through inhibition of NLRP3 inflammasomes (Figure 3; Luo et al., 2014). Familial DCM, a syndrome caused by genetic mutation, is characterized by an enlarged heart and impaired contractile function (Hershberger and Siegfried, 2011; Caragnano et al., 2019). DCM hearts are marked by the accumulation of lipoperoxidation products and the activation of both inflammasome and redox-responsive pathways (Caragnano et al., 2019). In mice, absence of the protein FUNDC1 (FUN14 domain containing 1) impaires the structure of MAMs, leads to the fusion of mitochondria and causes mitochondrial dysfunction, which results in DCM. In wild-type mice, MAM-localized FUNDC1 maintains the Ca2+ balance between mitochondria and the cytosol by influencing the function of IP3R2 (inositol 1,4,5-trisphosphate type 2 receptor). The absence of FUNDC1 at MAMs leads to the fusion of mitochondria and causes mitochondrial dysfunction, which results in DCM (Wu et al., 2017). FUNDC1 can also mediate diabetes-induced MAM formation and mitochondrial Ca2+ increase, resulting in impairment of cardiac structure and function (Munoz and Zorzano, 2017; Figure 3). Diabetes induces MAM formation through the downregulation of AMPK, and eventually causes diabetic cardiomyopathy (Wu et al., 2019). The inflammasome is essential to the development of diabetic cardiomyopathy and DCM (Li et al., 2014; Yang et al., 2018; Caragnano et al., 2019). The loss of NLRP3 will reduce heart damage in cardiomyopathy. The stability of MAMs is important for the structure and function of the heart. For example, an imbalance of MAMs will increase the concentration of Ca2+ in mitochondria, thereby destroying the mitochondria. The abundance of MAMs may affect the internal microenvironment of cardiomyocytes, including the ion levels and mitochondria-related events, in cardiomyopathy.
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FIGURE 3. Three factors influence diabetic cardiomyopathy. Metformin ameliorates diabetic cardiomyopathy via activation of AMPK, which inhibits mTOR and promotes autophagy. Rosuvastatin improves diabetic cardiomyopathy by repressing NLRP3-inflammasomes. FUNDC1 down-regulates Ca2+ flux and subsequently improves diabetic cardiomyopathy.




HEART FAILURE

The prevalence of HF is closely related to aging and approximately doubles with each decade. Due to the increase of the aging population, the threat of HF to humans will gradually increase in the coming decades (Sano et al., 2018). HF is related to chronic sterile inflammation induced by the activation of the inflammasome, which produces inflammatory cytokines that accelerate the process of myocardial apoptosis and ultimately lead to cardiac hypertrophy (Butts et al., 2018). Mice with Tet2 (Ten-eleven translocation 2)- deficient hematopoietic cells show more maladaptive cardiac remodeling and dysfunction in two HF models (transverse aortic constriction and the permanent ligation of the left anterior descending artery). IL-1β blockade or administration of an NLRP3 inflammasome inhibitor provided effective protection in these models (Sano et al., 2018). CaMKIIδ (Ca2+/calmodulin-regulated kinase δ) will be activated in cardiomyocytes, followed by NLRP3 inflammasome activation (Figure 4). These responses promote macrophage recruitment, fibrosis, and HF induced by myocardial dysfunction (Suetomi et al., 2018). The SR, the ER in muscle cells, is associated with mitochondria, and this association is essential to the normal physiological functions of muscle cells (Dorn and Maack, 2013; Lopez-Crisosto et al., 2017). In noradrenaline-treated cardiomyocytes, cardiac metabolism is disordered due to the increased distance between the SR and mitochondria and the imbalanced Ca2+ homeostasis (Gutierrez et al., 2014). Overexpression of BNIP3 (BCL2/adenovirus E1B interacting protein 3) induces the oligomerization of VDAC1 (voltage-dependent anion-selective channel protein 1), which increases Ca2+ flux through MAMs into the mitochondria from SR. Based on this, BNIP3 induces mitochondrial dysfunction and apoptosis of cardiomyocytes, and eventually contributes to HF (Chaanine et al., 2013; Figure 4). In mice with leaky RYR2 (ryanodine receptor type 2) channels caused by genetic mutation, there is a detrimental increase in mitochondrial Ca2+ levels from the SR through MAMs. This Ca2+ leak also causes alterations of mitochondrial function and morphology (Santulli et al., 2015). Another report showed that Ca2+ released from the SR tunneled to mitochondria via RyRs, as IP3 receptors presented on mitochondrial and SR, leading to mitochondrial ATP production (Seidlmayer et al., 2016; Figure 4). MAMs are essential channels for Ca2+ to flow into the mitochondria from the SR. In cardiomyocytes, the excessive loading of Ca2+ into the mitochondria is a key contributor to mitochondrial imbalance, which in turn causes myocardial hypertrophy, and ultimately leads to HF.
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FIGURE 4. The role of inflammasomes and MAMs in heart failure (HF). Under high blood pressure, cardiomyocytes (CMs) activate CaMKIIδ, trigger inflammatory gene expression and activate NLRP3 inflammasomes. This leads to macrophage recruitment, fibrosis, and myocardial dysfunction, which finally induces heart failure. Noradrenaline, BNIP3 and RYR2 channels influence SR-to-mitochondria Ca2+ transfer and also alter cardiac metabolism. These factors all contribute to HF.




AUTOPHAGY AND INFLAMMASOME CLEARANCE

Mitochondrial homeostasis is essential for heart health. Damaged mitochondria have reduced ATP production and yield dangerous amounts of ROS. Accumulated ROS may damage respiratory complex proteins, membrane lipids, and mtDNA, leading to catastrophic oxidative damage to the feed-forward cycle, and ultimately to cell death (Whelan et al., 2010; Morales et al., 2020). Damaged mitochondria, ubiquitinated in a Parkin-dependent manner, will be specifically recognized by p62, which induces autophagy (Zhong et al., 2016). The inflammasome components, ASC, NLRP3, and pro-caspase-1, accumulate at the MAMs (Zhou et al., 2011). In Crohn’s Disease, the expression of IRGM (immunity-related GTPase M) is up-regulated to promote the accumulation of p62 and LC-3 around the NLRP3 inflammasome, which is then selectively removed by autophagy (Mehto et al., 2019a, b). Through this process, macrophages clear the MAM-associated inflammasomes, which is a cellular “self-defense” response to inflammatory stresses (Moulis et al., 2019; Figure 1). It is generally believed that a controlled inflammatory response is beneficial (for example, to protect against infection), but it can be harmful if dysregulated (for example, causing septic shock). Regardless of the cause, inflammation is presumably an adaptive response to restore homeostasis (Medzhitov, 2008). The NF-κB pathway is an inflammatory signaling pathway. In macrophages, activation of the NF-κB signaling pathway inhibits the inflammatory activity through p62-induced elimination of damaged mitochondria (Zhong et al., 2016).



CARDIOVASCULAR DRUGS AND MAM-RELATED CVDs

Several drugs are already in use to treat MAM-related CVDs. Nocodazole attenuates IFN-γ secretion and proliferation of T-cells (Feng et al., 2016) and reduces the inflammatory response by uncoupling MAMs. Consequently, it decreases the development of atherosclerotic plaques. Both Metformin (Yang et al., 2019a) and Rosuvastatin (Luo et al., 2014) can improve diabetic cardiomyopathy by inhibiting the formation of inflammasomes in diabetic patients. Noradrenaline, as an inducer of cardiac hypertrophy, alters Ca2+ handling and cardiac metabolism through MAMs (Gutierrez et al., 2014). Perhaps we could administer a norepinephrine inhibitor, such as Reboxetine, to improve the symptoms of HF patients. Recently, several clinical trials have reported that novel pharmacological therapies are associated with better outcomes in CVD patients. Canakinumab, an IL-1 antagonist, reduces the recurrence of ischemic events in patients with CVDs, and also reduces the hospitalization rate for HF (Abbate et al., 2020). Anakinra, a recombinant IL-1 receptor antagonist, has similar effects as canakinumab for CVD patients (Abbate et al., 2020). The influence of these therapies on the structure of MAMs in inflammation-induced CVDs should be further explored.

As described above, inflammation is a major factor in the occurrence and development of CVDs (Hansson and Hermansson, 2011), and cells need to repair themselves after exposure to inflammation. The formation and elimination of inflammasomes are completed at MAMs, which also participate in various biochemical functions such as Ca2+ communication and lipid transport. In summary, by studying the structure and function of MAMs, we may further understand the process of inflammasome formation and elimination. Interventions to inhibit the early inflammatory events would be beneficial to the treatment of CVD, and this will be a promising research direction in the CVD field in the future.



MAMs AND CVD RISK FACTORS

It has been shown that the abundance of inflammasomes increases in patients with a high risk of CVDs. The risk factors include obesity, smoking, diabetes, hypertension, and hypercholesterolemia. In the following sections, we will analyze the relationship between MAMs and these risk factors one by one.



OBESITY

The balance between the immune system and metabolism is disturbed in obese individuals, which increases the risk of CVD (Hotamisligil, 2006). Overnutrition leads to dysfunction of membrane-bound organelles, such as ER and mitochondria (Lowell and Shulman, 2005; Hotamisligil, 2010). In obesity, mitochondrial ROS is increased and mitochondria are significantly overloaded with Ca2+. When the expression of IP3R1, the inositol triphosphate receptor, and PACS-2, the tethering protein of MAMs, is inhibited in obese mice, intracellular homeostasis is substantially improved, and obesity-induced metabolic imbalances are relieved (Arruda et al., 2014; Figure 5). The accumulation of MAMs is an early event in the process of obesity, and it is an adaptation process in the cell. However, long-term maintenance of MAMs will cause a series of mitochondrial dysfunctions, such as mitochondrial Ca2+ overload, reduced mitochondrial oxidative capacity, and increased mtROS.
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FIGURE 5. MAMs and the development of obesity. In obesity, liver cells have excessive MAMs, high mtROS, and Ca2+-overloaded mitochondria. These are all significantly relieved when IR3R1 and PACS2 are expressed at a lower level.


In the pericentral zone of the liver, melatonin can convert macrosteatosis to microsteatosis. Melatonin increases the distance from ER to mitochondria, or decreases the abundance of MAMs, resulting in the improving of the structure and the metabolic functions of hepatic tissue (Stacchiotti et al., 2016). In summary, restoring the normal homeostasis of MAMs may reduce the degree of obesity and decrease the incidence of CVDs.



DIABETES

The risk of CVDs in diabetes increases 2–4 fold (Faria and Persaud, 2017). Controlling blood glucose and enhancing insulin resistance will significantly decrease the risk of CVDs in diabetic individuals (Gilca et al., 2017). Serving as a crucial intracellular regulator in the function of insulin secretion by pancreatic beta cells, Ca2+ is kept at low intracellular levels in normal conditions. In a high-glucose environment, beta cells will close ATP-sensitive K+ channels and inhibit plasma membrane depolarization to facilitate the precise increase in cytoplasmic Ca2+ levels, leading to the secretion of insulin (Rutter et al., 2017). However, dysfunctional MAMs will lead to abnormal Ca2+ transport and imbalanced Ca2+ levels in the cell, resulting in the pathogenesis of T2D, which is caused by decreased insulin sensitivity (Wang and Wei, 2017). Palmitate increases chemokine production from the islets, which promotes immune cell infiltration into the islets and increases the levels of immunocyte in the islets of patients, thus inducing insulin resistance (Rieusset et al., 2012; Tubbs et al., 2014; Khodabandehloo et al., 2016). In HuH7 hepatocellular carcinoma cells, increased MAM formation prevents the alteration of insulin signal transduction induced by palmitate (Tubbs et al., 2014). The integrity of MAMs is necessary for insulin signal transduction. Deletion of the gene encoding CypD, a mitochondrial protein in MAMs, reduced the abundance of MAMs and impaired their integrity. Interestingly, mice lacking CypD had insulin resistance and elevated hepatic neoglucogenesis in insulin tests. Treating CypD knockout mice with Metformin significantly improved the integrity of MAMs and the insulin sensitivity (Tubbs et al., 2014; Stacchiotti et al., 2018; Figure 6). Therefore, maintaining the stability of MAMs is a necessary condition for stabilizing intracellular Ca2+ and increasing insulin sensitivity. This is an essential direction for treating diabetes and reducing the incidence of CVDs.
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FIGURE 6. The integrity of MAMs in diabetes. Absence of CypD decreases the quantity of MAMs and damages their integrity, while Metformin reverses this effect and leads to recovery of insulin sensitivity.




SMOKING

Smoking is one of the critical risk factors in the occurrence and development of CVDs (Desgraz et al., 2017). Long-term smoking also inhibits the proliferation and repair responses of airway epithelial cells (Wang et al., 2001). Nicotine, as a standard component of cigarette smoke, induces bronchial epithelial cell senescence and apoptosis via ROS-mediated impairment of autophagy (Bodas et al., 2016). The Ca2+ reservoir in the ER is decreased in chronic obstructive pulmonary disease patients, and the Ca2+ influx is suppressed in epithelial cells from smokers (Petit et al., 2019; Figure 7). The following mechanism, based on a study of mice and cultured cells, may explain this phenomenon. Bik (Bcl-2 interacting killer) reduces the proliferation of epithelial cells by causing the release of Ca2+ stored in the ER. Bik dissociates the Bak/Bcl-2 complex, leading to the enrichment of Bak around the ER. Bak interacts with the kinase domain of DAPK1, increasing the abundance of MAMs and thus the flow of Ca2+ from the ER to mitochondria, which causes the apoptosis of proliferating epithelial cells to reduce cigarette smoke-induced mucous cell hyperplasia (Mebratu et al., 2017; Figure 7). Inhalation of cigarette smoke results in immune system imbalances which induce exaggerated and prolonged inflammation in the lung (Racanelli et al., 2018) and contribute to the development of CVDs. Some data suggest that folic acid and Vitamin B12 may combat oxidative stress caused by smoking via supplying essential nutrients, removing free radicals and inhibiting inflammation (Bhattacharjee et al., 2016). However, further exploration is required to determine whether these vitamins can regulate the proliferation and apoptosis of endothelial cells by affecting enrichment of MAMs in endothelial cells. Inhalation of cigarette smoke decreases the flow of Ca2+ and increases the production of ROS, which inhibits the proliferation and self-recovery ability of endothelial cells, and then causes apoptosis. The same effect will occur when MAMs are enriched in endothelial cells. Therefore, exploring the functional changes of MAM structure during inhalation of cigarette smoke will be important in devising methods to lessen the inflammatory damage and reduce complications such as CVDs.
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FIGURE 7. The mechanism by which MAMs repress cigarette smoke-induced proliferation of endothelial cells. Bak is enriched at the ER following Bik-dependent dissociation of the Bak/Bcl-2 complex. Bak interacts with DPAK1 on the ER to increase the abundance of MAMs and Ca2+ flow from the ER to mitochondria, which suppresses the proliferation of endothelial cells induced by cigarette smoke.




HYPERTENSION

In pathology, hypertension is divided into two categories: primary hypertension and secondary hypertension. Primary hypertension, the main form of hypertension, is mainly due to structural and functional changes in small and large arteries, which cause high blood pressure (Laurent and Boutouyrie, 2015). Secondary hypertension, which affects about 5–10% of the hypertensive population, refers to hypertension caused by another disease or medical condition (Rimoldi et al., 2014). It includes renal vascular hypertension, primary aldosteronism, and diabetes-related hypertension (Laurent and Boutouyrie, 2015). Vascular constriction, diminished vasodilation reserve and stenosis, eutrophic remodeling, and changes in expandability are characteristics of small resistance arteries in patients with essential hypertension (Folkow, 1982, 1995; Mulvany and Aalkjaer, 1990; Schiffrin, 1992; Heagerty and Izzard, 1995; Mulvany et al., 1996; Rizzoni and Agabiti-Rosei, 2012). Proliferation, mild inflammation, fibrosis, and chronic vasoconstriction of VSMCs are implicated in the remodeling of hypertensive arterioles (Intengan and Schiffrin, 2001; Schiffrin and Touyz, 2004). These factors also affect the formation and development of atherosclerotic plaques. VSMCs control vascular homeostasis, including dilation, contraction, and remodeling (Moulis et al., 2019).

Recent studies also suggested a link between MAMs, autophagy and hypertension. PACS-2 maintains the migration of the autophagy-initiating ATG14 complex into the early autophagosome assembly region of the ER in the MAM structure (Hailey et al., 2010; Hamasaki et al., 2013). Depletion of PACS-2 induces BAP31-dependent mitochondrial fission and the dissociation of MAMs (Simmen et al., 2005). During stress, MAM structures will accumulate in VSMCs, and at the same time, PACS-2 will gather at MAMs. Depletion of PACS-2 will diminish mitochondrial autophagy in VSMCs and decrease the abundance of MAMs, thus inducing apoptosis (Moulis et al., 2019; Nahapetyan et al., 2019) and eventually leading to the development of hypertension (Figure 8). NgBR, localized in the ER, affects proliferation and migration by interacting with its ligand Nogo-B in VSMCs (Miao et al., 2006). NgBR is also required for angiogenesis (Zhao et al., 2010) and development (Rana et al., 2016). Its expression is low in the thickened pulmonary arteries of a hypoxic pulmonary hypertension rat model. Downregulation of NgBR expression reduces the abundance of MAMs in VSMCs, and meanwhile, promotes pAkt-IP3R3 signal transduction on the surface of MAMs, enhancing the proliferation ability of VSMCs (Yang et al., 2019b; Figure 8). Accumulating evidence indicates that MAMs may affect the functional structure of the vascular wall by regulating the proliferation, migration, and apoptosis of VSMCs, which may cause clinical symptoms such as pulmonary hypertension. Reducing the accumulation of MAMs may have therapeutic value for ameliorating the structural damage of blood vessels, and may provide new strategies for preventing arterial hypertension (Yang et al., 2019c).
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FIGURE 8. The role of MAMs in hypertension. 1. Under extracellular stresses, PACS-2-associated MAM contacts are formed in VSMCs, which mediate mitophagy (autophagic degradation of mitochondria). 2. Depletion of PACS-2 decreases both mitophagy activity and the abundance of MAMs. This induces apoptosis and stimulates the formation of atherosclerotic plaques. 3. NgBR affects cell proliferation and migration by interacting with its ligand Nogo-B. Low expression of NgBR reduces the enrichment of MAMs and promotes pAkt-IP3R3 signaling, which enhances the proliferation of VSMCs and causes clinical symptoms.




HYPERCHOLESTEREMIA

The lipoprotein transport system is vital to human health (Genest, 2003). Lipoproteins are classified according to size and density. HDL is relatively heavy as compared to LDL. However, chylomicrons, chylomicron residues, and VLDL are larger and lighter. Among lipoproteins, LDL particles are the main carriers of cholesterol to peripheral tissues, and loss-of-function analysis indicates that the LDL receptor is the main factor leading to hyperlipidemia (Geovanini and Libby, 2018). According to the lipid hypothesis, LDL is the key to reducing atherosclerotic plaque formation and limiting complications (Ridker, 2016). In hypercholesteremia, cholesterol-carrying LDL particles remain in the arterial wall (Williams and Tabas, 1995; Skalen et al., 2002; Hansson, 2005). This localization causes local inflammation within blood vessel walls, differentiation of monocytes into macrophages, accumulation of intracellular cholesterol, and production of inflammatory mediators (Libby et al., 2011). Consequently, immune cells are continuously recruited to secrete immune factors, leading to chronic inflammation (Stemme et al., 1995; Frostegard et al., 1999; Hansson and Hermansson, 2011). Oxidative stress stimulates vascular tissue to produce oxLDL, which is a critical trigger for atherosclerosis progression (Suciu et al., 2018). With the accumulation of oxLDL in the subendothelial region, the endothelium will become dysfunctional and undergo permeability changes (Palinski et al., 1989; Liao, 2013). At this stage, the role of MAMs in endothelial cells during the formation of atherosclerotic plaques remains unclear. However, during chronic inflammation of the vascular wall caused by hypercholesteremia, MAMs in macrophages are involved in transducing signals. Increasing evidence shows that the formation of NLRP3 inflammasomes is a key step in the process of atherosclerotic plaque formation caused by oxLDL (Lundberg and Yan, 2011; Figure 9). When inflammatory responses are triggered in macrophages, mitochondria lose their membrane potential, mtROS is upregulated, and the downstream pathways are activated to release inflammatory factors. Following the formation of inflammasomes at MAMs, NLRP3 accumulates at mitochondria, probably by sensing the increased calcium level (Triantafilou et al., 2013; Namgaladze et al., 2019). In patients with hypercholesteremia, new breakthroughs will be reached by studying the structure of MAMs in macrophages in the atherosclerotic plaque, and by understanding how MAMs regulate the development of chronic inflammation of blood vessels. We must also pay attention to the changes of MAM structures in vascular endothelial cells in atherosclerotic plaques, which may lead to new research directions.
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FIGURE 9. MAMs in the development of atherosclerosis. MAMs are involved in signal transduction of macrophages during hypercholesteremia-induced chronic inflammation of the vascular wall.




CONCLUSION

Recently, the structure and function of MAMs have been intensively investigated. MAMs are involved in many aspects of cellular activities and are essential structures to maintain cell homeostasis and mutual communications between organelles. In certain circumstances, inflammation develops when the structure and function of MAMs are disturbed in some specialized types of cells, thus aggravating the progression of CVDs. Smoking, obesity, hyperglycemia, hypertension, hyperlipidemia, and other high-risk factors of CVDs will cause alterations of MAMs in different tissues, affecting the patient’s prognosis. However, the growing body of recent experimental evidence mainly focuses on macrophages. Studies on vascular smooth muscle and endothelial cells are scarce, especially in the process of atherosclerosis. In the future, we need to explore the role of structural and functional changes in MAMs, and specific therapeutic strategies in smooth muscle and endothelial cells. MAMS are important places for mitochondrial fission, autophagy, intracellular energy metabolism, and material exchange; therefore, it is possible that controlling the structural changes of MAMs may be a key to treating patients with CVDs.
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Inter-organelle contact sites have attracted a lot of attention as functionally specialized regions that mediate the exchange of metabolites, including lipids and ions, between distinct organelles. However, studies on inter-organelle contact sites are at an early stage and it remains enigmatic what directly mediates the organelle-organelle interactions and how the number and degree of the contacts are regulated. As a first step to answer these questions, we previously developed split-GFP probes that could visualize and quantify multiple inter-organelle contact sites in the yeast and human cultured cells. However, the split-GFP probes possessed a disadvantage of inducing artificial connections between two different organelle membranes, especially when overexpressed. In the present study, we developed a way to express the split-GFP probes whose expressions remained at low levels, with minimal variations between different yeast cells. Besides, we constructed a HeLa cell line in which the expression of the split-GFP probes could be induced by the addition of doxycycline to minimize the artificial effects. The improved split-GFP systems may be faithful tools to quantify organelle contact sites and screen new factors involved in organelle-organelle tethering in yeast and mammalian cells.
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INTRODUCTION

Organelles are critical membrane-bound structures that developed in eukaryotic cells to allow them to efficiently perform multiple chemical reactions within single cells by isolating and concentrating specific enzymes and metabolites. In order to maintain the characteristic organelle functions, the spatial independence of individual organelles must be strictly maintained so that their contents do not mix via the non-specific fusion of different organelle membranes. However, recent studies have shown that distinct organelles directly interact with each other and form functionally specialized regions called the “organellar-contact sites” (Eisenberg-Bord et al., 2016; Murley and Nunnari, 2016; Cohen et al., 2018; Wu et al., 2018; Scorrano et al., 2019; Tamura et al., 2019; Prinz et al., 2020). For example, it has been revealed that the ERMES (ER-Mitochondria Encounter Structure) complex acts as a molecular tether between the mitochondrial outer membrane and the endoplasmic reticulum (ER) membrane and mediates phospholipid transport between these organelles in yeast (Kornmann et al., 2009; Kojima et al., 2016; Kawano et al., 2018; Kornmann, 2020). In addition to the ER-mitochondria contacts, multiple organelle-contact sites as well as tethering factors have been identified in yeast. Although extensive studies have identified a number of factors that tether distinct organelle membranes, it is still unknown how the contact sites are regulated in terms of number and size. Besides, since we usually visualize organelle contact sites by using fluorescent protein fused to known organelle tethering factors in living cells, it is difficult to observe the contact sites in the absence of such organelle tethering factors. Therefore, we previously developed split-GFP probes that could visualize inter-organelle-contact sites as research tools to tackle these problems (Kakimoto et al., 2018). Our studies using the split-GFP probes in yeast suggest that one organelle forms contact sites with various organelles at the same time. We also showed that the split-GFP system was effective in visualizing the contact site between the mitochondria and the ER in HeLa cells. Similar studies using split-GFP were also performed by other research groups and demonstrated its usability for visualization and quantification of inter-organelle contacts (Cieri et al., 2018; Shai et al., 2018; Yang et al., 2018). In fact, a genome-wide screen using the fluorescent signals of split-Venus as an index of the mitochondria-peroxisome interactions successfully identified Fzo1 and Pex34 as the tethering factors between these organelles (Shai et al., 2018). However, since split-GFP hardly dissociates once it gets associated, it has a disadvantage of inducing artificial inter-organellar contacts, especially when overexpressed. Indeed, a previous study reported that the split-GFP probes expressed on peroxisome and the ER could act as an artificial tether and increase their organelle contacts (Bishop et al., 2019).

In this study, we tested different ways to express split-GFP probes to overcome the drawbacks of the original split-GFP systems. Specifically, we found that expressing split-GFP probes from the genome remarkably decreased the variation in the expression levels among cells and maintained a low expression level in yeast. We also constructed a HeLa cell line that was capable of a doxycycline-inducible expression of the split-GFP protein. By adjusting the doxycycline concentration and induction time, we succeeded in determining the appropriate conditions for observing the ER-mitochondria-contact sites in HeLa cells. Our improved split-GFP methods may be powerful tools for discovering novel organelle tethering factors and regulators.



MATERIALS AND METHODS


Plasmids

Plasmids and DNA oligos used in this study have been listed in Tables 1, 2, respectively. To integrate the genes that express the organelle-targeted split-GFP fragments into the genomic DNA of yeast, we tandemly cloned the GPD promoter, the gene encoding the split-GFP protein, the CYC1 terminator, and the hygromycin or clonNAT-resistant marker gene (hphMX or natNT2) into the pBlueScript SK(-) cloning vector (Agilent Technologies). We first amplified the DNA fragments encoding the GPD promoter, Tom71, Ifa38, Dpp1, the first 60 N-terminal residues of Pex3 and GFP1-10, and the CYC1 terminator, using the plasmids pSFL22, 16, 100, 26, and 28 (Kakimoto et al., 2018), respectively, as templates and a pair of primers YU1390 and YU499. We also amplified the DNA fragments encoding hphMX and natNT2 by PCR using pBS-hphMX and pBS-natNT2 (Kojima et al., 2019), respectively, as templates and the primer pairs YU501/YU503 and YU500/YU502, respectively. We further amplified the complete gene cassettes that encoded the promoter, the split-GFP fusion gene, the terminator, and the drug-resistance gene by an overlap extension PCR using the two DNA fragments previously mentioned as templates and the primer pairs YU1390/YU503 and YU1390/YU502, and inserted the products into the EcoRI/BamHI site of pBlueScript SK(-) using the In-Fusion® HD Cloning Kit, resulting in pYC135, pYC136, pYC137, pYC141, pYC143, and pYC144, respectively.


TABLE 1. Plasmids used in this study.

[image: Table 1]
TABLE 2. Oligo DNAs used in this study.

[image: Table 2]To express split-GFP fusion proteins on the ER membrane and the mitochondrial outer membrane (MOM) in HeLa cells, we prepared two plasmids, pMM186 and 189, that expressed ERj1N-V5-GFP1-10 and Tom70N-FLAG-GFP11, respectively. To construct pMM186 and 189, we first amplified the GFP1-10 and GFP11 genes from pSFL9 and pSFL11 (Kakimoto et al., 2018) using the primers YU944/945 and YU946/947, digested the product using NotI/XbaI, and ligated them into the NotI/XbaI sites of pMM77 and 76 (Kakimoto et al., 2018), resulting in pMM86 and pMM83, respectively. Next, we amplified the ERj1N-V5-GFP1-10 and Tom70N-FLAG-GFP11 genes from pMM86 and pMM83 by PCR using primer pairs YU1365/1481 and YU1414/1367, respectively. The DNA fragment encoding ERj1N-V5-GFP1-10 was cloned into an EcoRI/BamHI-cut pTETone vector (Takara Bio USA, Inc.) using the In-Fusion® HD Cloning Kit, resulting in pMM186. The DNA fragment encoding Tom70N-FLAG-GFP11 was digested with NheI/BamHI and ligated into the NheI/BamHI-cut pIRESNeo3 vector (Takara Bio USA, Inc.), resulting in pMM189.

To express mCherry-Vps39, we first prepared yeast expression vectors with the ADH1 promoter and the CYC1 terminator in CEN-plasmids, pRS316, resulting in pYU60. Then, we cloned the mCherry gene amplified by PCR using a pair of primer YU311/312 to the NotI/SpeI site of pYU60, resulting in pYU99. Finally, we cloned the VPS39 gene amplified by PCR using a pair of primer YU2825/2827 to the BamHI/SalI site of pYU99, resulting in pFL92.

To express Su9-tagBFP protein in HeLa cells, we constructed pMM243 as follows. First, we amplified the tagBFP gene by PCR using pJW1513 (Williams et al., 2014) as the template and a pair of primers YU1724/1725, digested with NotI/XbaI, and then ligated to NotI-XbaI-digested pMM76 (Kakimoto et al., 2018), resulting in pMM220. We amplified the DNA fragment encoding the Su9 presequence by PCR using a pair of primers YU1773/1774, digested with BamHI/NotI and ligated to the BamHI/NotI site of pMM220 to replace the gene encoding N-terminal 70 amino acids of Tom70 and 3xFLAG tag to the gene encoding Su9. pJW1513 was a gift from Jonathan Weissman (Addgene plasmid # 623831; RRID:Addgene_62383).

To express mCherry-Cb5C comprising of mCherry and C-terminal 104–134 residues of cytochrome b5 in HeLa cells, we constructed pMM350 as follows. First, we purchased pMM78, pcDNA3.1-N-eGFP vector in which the tandem genes encoding V5 tag and residues 104–134 of cytochrome b5, were cloned at the BamHI/NotI site from eurofin genomics. We then amplified the gene encoding mCherry by PCR using pMM27 (Kakimoto et al., 2018) as template and a pair of primers YU2500/2501, digested with NheI/BamHI and ligated to the NheI/BamHI-digested pMM78 to replace eGFP to mCherry.



Yeast Strains and Growth Media

A haploid SEY6210 strain (MATα leu2-3,112 ura3-52 his3-Δ200 trp1-Δ901 suc2-Δ9 lys2-801; GAL) was used in this study. To chromosomally express the split-GFP proteins in yeast, we transformed the wild-type yeast cells with DNA fragments amplified from pYC135, pYC136, pYC137, pYC141, pYC143, or pYC144 by PCR using the primer pairs YU1506/1507 or YU1510/1511. The genes for GFP1-10 and GFP11 were integrated into the LEU2 and URA3 loci, respectively. The transformants were selected on the yeast extract-peptone-dextrose (YPD) medium containing 200 μg/ml hygromycin B or 200 μg/ml clonNAT. The integration of the DNA cassettes into the correct sites was confirmed by PCR using the genomic DNA as template and the primer pairs YU1512/1513 for the LEU2 locus and YU1514/1515 for the URA3 locus. For the expression of the split-GFP probes from plasmids, yeast cells were cultivated on SCD-Trp-Ura (0.67% yeast nitrogen base without amino acids, 0.5% casamino acids, 2% glucose, 20 μg/ml each of adenine, L-histidine, and L-methionine, and 30 μg/ml each of L-leucine and L-lysine). For the expression of the split-GFP probes from chromosomes, yeast cells were cultivated in the SCD complete medium (0.67% yeast nitrogen base without amino acids, 0.5% casamino acids, 2% glucose, 20 μg/ml each of adenine, L-histidine, L-methionine, L-tryptophan, and uracil, and 30 μg/ml each of L-leucine and L-lysine). For starvation conditions, SD-N or S-NC medium, which omits ammonium sulfate or both ammonium sulfate and glucose from the SCD complete medium were used. To introduce mScarlet or mCherry-tag at C-terminus of Mmm1, Nvj1 and Sei1, we amplified DNA fragments by PCR using pYU36 or pYU101 as the template and primer pairs YU2055/2056, YU1403/1404, YU2931/2932, respectively, and then introduced them into yeast cells expressing the split-GFP proteins. Similarly, to introduce the mdm12Δ, mdm34Δ, sei1Δ, ldb16Δ, and mdm1Δ mutations, we amplified the DNA cassettes harboring the kanMX4 flanked by 50 bp of homologous sequences to the up- and down-stream of the MDM12, MDM34, SEI1, LDB16, and MDM1 genes, respectively by PCR using pYU21 as the template DNA and primer pairs YU3018/3019, YU3020/3021, YU2933/2934, YU2938/2939, YU1499/1500, respectively, and introduced them into yeast cells expressing the split-GFP proteins.



Cell Culture and Transfection

HeLa cells were maintained at 37°C in the Dulbecco’s Modified Eagle Medium (DMEM) with 10% FBS and antibiotics (100 U/ml penicillin and 100 μg/ml streptomycin). DNA transfection was performed using Lipofectamine 2000 (Invitrogen) according to the manufacturer’s instructions. Briefly, 24 h before transfection, HeLa cells were seeded in 35-mm glass-bottom dishes (Iwaki) with a seeding density of 1.5 × 105 cells in 2 ml DMEM with 10% FBS and incubated at 37°C under 5% CO2. Then, the HeLa cells were co-transfected with two plasmids for the expression of the GFP1-10 and the GFP11 fusion proteins (1.25 μg each/35-mm dish) and further incubated for 24 h for the microscopic analysis.

HeLa cells capable of stably expressing Tom70N-FLAG-GFP11 or expressing ERj1N-V5-GFP1-10 by induction were constructed as follows. First, the HeLa cells were transfected with pMM189 (pIRESNeo3/Tom70N-FLAG-GFP11) and selected with 500 μg/ml of G418. The resulting HeLa cells were further transfected with pMM186 (pTETone/ERj1N-V5-GFP1-10) and selected with 300 μg/ml of hygromycin.



Western Blotting

Whole cells extracts were prepared from logarithmically growing yeast cells as reported previously (Kushnirov, 2000). Proteins were separate by SDS-PAGE and were transferred to PVDF membranes (Immobilon-FL Millipore). After blocking with 1% skim milk in TBS-T buffer (10 mM Tris–HCl pH 7.5, 150 mM NaCl, and 0.05% Tween 20), the membranes were incubated with primary antibodies against V5, GFP, Tim23, Tom40, or Tom70 for 2 h at room temperature or for overnight at 4°C. After washing with TBS-T buffer three times and specific proteins were detected by Cy5-conjugated secondary antibodies, goat anti-rabbit or mouse IgG (H+L) (Thermo Fisher Scientific) and analyzed with Typhoon imager (GE Healthcare).



FACS Analysis

For FACS analysis using yeast cells, we used Cell Sorter SH800 (Sony). Briefly, logarithmically growing yeast cells were first evaluated by scattered light channels to obtain yeast cells of roughly similar cell size. After removal of dead cells showing high fluorescence of propidium iodide, cells were separated with FITC channel (488-nm laser, 525/50-nm band-pass filter). For each analysis, total 100,000 cells were analyzed at 2,000 cells per second.



Fluorescence Microscopy

We used an Olympus IX83 microscope with a CSU-X1 confocal unit (Yokogawa), 100×, 1.4 NA and 20×, 0.75 NA objectives (UplanSApo, Olympus), and an EM-CCD camera (Evolve 512; Photometrics) and an cMOS camera (Zyla-4, ANDOR) manipulated by Metamorph software (Molecular Devices). GFP or RFP/mCherry/Mitotracker were excited by 488-nm or 561-nm lasers (OBIS, Coherent), and the emissions were made to pass through a 520/35-nm or 617/73-nm band-pass filter, respectively. The confocal fluorescent sections were collected every 0.2 or 0.4 μm of the yeast cells or HeLa cells, respectively. We used the ImageJ software to generate maximum projection images from the obtained confocal images. For the MitoTracker staining, HeLa cells were incubated with 100 ng/ml of the MitoTracker Red CMXRos (Thermo Fisher Scientific) in an Opti-MEM for 30 min at 37°C in 5% CO2. Cells were washed twice using DMEM with 10% FBS and subjected to a microscopic observation.

For immunofluorescence microscopy, 48 h before microscopic observation, HeLa cells were seeded in 35 mm glass-bottom dish (Iwaki, D141410) with a seeding density of 8 × 104 in 0.2 ml DMEM supplemented with 10% FBS and incubated. Then, the medium was exchanged to DMEM supplemented with 10% FBS and doxycycline for the expressions of GFP1-10 fusion protein and further incubated for 4, 6, or 8 h before the fixation. The HeLa cells were fixed with pre-warmed 4% PFA in phosphate buffer for 12 min at room temperature and washed three times with PBS. The cells were permeabilized with 0.5% Triton X100 in PBS for 12 min and washed three times with PBS. After blocking with 3% BSA containing PBS for 1 h, the cells were incubated with 1 μg/ml anti-Tom20 antibodies (SantaCruz, sc-11415) in blocking buffer for 15 h at 4°C. Cells were washed three times with PBS and incubated with 2 μg/ml Goat Anti-Rabbit IgG H&L (Alexa Fluor® 594), (abcam, ab150080) in blocking buffer for 1 h at RT. The HeLa cells were washed with PBS three times and observed under Olympus IX83 microscope with a CSU-X1 confocal unit (Yokogawa), a 100×, 1.4 NA, objective (UplanSApo, Olympus) and an cMOS camera (ZYLA-4, ANDOR).

To observe organelle-contact sites in yeast, yeast cells expressing the split-GFP probes from plasmid DNAs or the genomic DNA, were cultivated in SCD-Trp-Ura or SCD complete medium, respectively, to logarithmic phase. The yeast cells were collected by centrifugation (2,000 g for 5 s) at room temperature and immediately observed under the fluorescence microscope.

For live-cell imaging, HeLa cells expressing split GFP were stimulated by 300 ng/ml doxycycline 8 h before imaging. Mitochondria were stained with 25 nM MitoTracker Red CMXRos 30 min before imaging. The images of HeLa cells cultured at 37°C in 5% CO2 were captured at a rate of one frame per 4s by BZ-X800 (Keyence, Japan), a 100×, 1.45 NA, objective (Nikon, Japan). GFP and Mitotracker were excited by 495-nm and 565-nm light and the emission was passed through 525/50-nm or 605/70-nm band-pass filter, respectively. Obtained images were analyzed with ImageJ or BZ-X800 Analyzer (Keyence, Japan) software.



RESULTS


The Overexpressed Split-GFP Probes Induce Artificial Organelle Interactions

It has been shown that the ER-mitochondria-contact sites in yeast cells can be observed as small discrete foci under a fluorescent microscope when a subunit of the ERMES complex is expressed as a fusion protein with a fluorescent protein like GFP (Kornmann et al., 2009). For example, when we expressed Mmm1, which is an ER-resident subunit of the ERMES complex, as a GFP-fusion protein, we could observe the “ERMES dots” that represented the ER-mitochondria-contact sites (Figure 1A). We previously assessed the usability of the split-GFP proteins as a fluorescent probe that visualized the organelle-contact sites by using the ERMES dots as references. The split-GFP proteins expressed on the ER and the mitochondrial outer membrane (MOM) mostly showed dot-like signals like the ERMES dots (Figure 1B, a), indicating that the split-GFP proteins worked as a fluorescent probe for the ER-mitochondria-contact sites (Figure 1C). However, we also noticed that the reconstituted split-GFP proteins resulted in some large foci or elongated tubular signals, which were never observed for the ERMES dots, albeit only a minor portion of the total (∼10% of the total signals) (Figure 1B, b). These observations indicate that the split-GFP probes have a disadvantage of inducing artificial organelle-organelle interactions, which in turn affects the organelle morphologies and functions (Figure 1D). Additionally, the GFP signals varied widely among different cells, probably due to the fluctuation of the expression levels of the split-GFP probes, which also makes it difficult to precisely quantify the organelle-organelle interactions.


[image: image]

FIGURE 1. The existing split-GFP systems for visualizing the ER-mitochondria contact sites in yeast and HeLa cells. (A) Yeast cells expressing Mmm1-GFP or (B) the split-GFP probes on the ER and MOM (Tom70N-GFP1-10 and Ifa38-V5-GFP11) and Su9-RFP were imaged by a confocal fluorescence microscope. Maximum projection images were shown. Scale bars represent 5 μm. “a” indicates GFP signals that resemble ERMES dots. “b” shows abnormal GFP signals that are much larger than ERMES dots. (C) Schematic diagrams of the ideal situation that the split-GFP probes work at the ER-mitochondria contact sites and (D) the artificial condition that overexpressed split-GFP probes induce undesired ER-mitochondria interactions. (E) HeLa cells transiently expressing Tom20N-FLAG-GFP1–10 and ERj1N-V5-GFP11 were stained with MitoTracker and imaged by a confocal fluorescence microscope. A single focal plane (left) and maximum projection image (right) were shown. (F) HeLa cells transiently expressing Tom70N-FLAG-GFP11, ERj1N-V5-GFP11, mCherry-Cb5C (ER marker), and Su9-BFP (Mitochondria marker), and were imaged by a confocal fluorescence microscope. A single focal plane was shown.


We previously confirmed that the split-GFP proteins could also visualize the ER-mitochondria-contact sites in human cultured cells. Similar to the ERMES dots, the split-GFP proteins expressed on the ER and the MOM in HeLa cells resulted in punctate signals on the mitochondria (Figure 1E; Kakimoto et al., 2018). This observation indicates that the organelle-targeted split-GFP proteins work as a probe that allows for the visualization of the organelle-contact sites not only in yeasts but also in human cultured cells. However, the overexpressed split-GFP proteins drastically altered the tubular shape of the mitochondria and the ER. We transiently expressed mCherry-Cb5C and Su9-BFP, which were ER and mitochondria marker proteins, respectively, and the split-GFP probes on the ER and MOM at the same time to monitor the organelle morphologies together with their contact sites. We noticed that the overexpressed split-GFP probes deformed both the ER and mitochondria from tubular to vesicular structures, which were hardly seen in normal cells. Besides, we noticed that the vesiculated ball-like mitochondria were completely enclosed by the highly curved ER membranes (Figure 1F). This clearly indicates that the split-GFP proteins affect the structure and function of organelles by inducing organelle-organelle interactions.



PCR Template Plasmids for the Expression of Split-GFP Probes From the Chromosomal DNA

A possible way to overcome the disadvantage of the existing method and for a more precise quantification of the interactions between different organelles using the split-GFP probes in yeast is to modulate the expression levels of the split-GFP probes as well as to lessen their variation among yeast cells. For these purposes, we decided to express the split-GFP probes from the chromosome instead of expression from a plasmid. First, we constructed various gene cassettes that tandemly combined the gene that expressed the split-GFP probe and the drug-resistant gene hphMX or natMX into the pBlueScript vector (Figures 2A,B). Then, we amplified the gene cassettes from the plasmids by PCR using appropriate primer pairs, as shown in Figure 2 and Table 1. Finally, the purified DNA cassette was transformed into yeast cells by a regular lithium acetate method (Gietz and Schiestl, 2007). In this study, we integrated the GFP1-10 and GFP11 fusion genes into the URA3 and LEU2 genes, respectively, which are commonly used as auxotrophic marker genes in yeast (Figure 2).


[image: image]

FIGURE 2. PCR template modules for split-GFP gene integration. (A) PCR template modules for GFP1-10 and (B) GFP11-fusion genes were shown. Pro. And Ter. indicate the GPD promoter and CYC1 terminator, respectively. FL means full length.




Chromosomal Gene Integration Enables Low-Level Expression of the Split-GFP Probes in Yeast

We next tested whether integration of the split-GFP genes into the chromosome resulted in lower expression levels of the split-GFP probes and/or smaller variations in their levels among yeast cells. To this end, we selected the following six organelle pairs: mitochondria-ER (Figure 3A), mitochondria-vacuole (Figure 3B), ER-lipid droplets (LDs) (Figure 3C), peroxisome-vacuole, (Figure 3D) peroxisome-ER (Figure 3E), and peroxisome-LDs (Figure 3F). We then compared the reconstituted GFP signals observed at the organelle-contact sites when the split-GFP probes were chromosomally expressed with those obtained when they were expressed from plasmids. As we reported previously, split-GFP probes expressed from plasmids resulted in clear GFP signals between all the organelle pairs tested, although the signal intensities varied widely among different cells, probably due to different expression levels (Kakimoto et al., 2018). Although these results suggest the existence of organelle-contact sites between these organelle pairs, the strong GFP signals probably indicate the artificially induced tethering between these organelles (Figure 1D).
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FIGURE 3. Comparison between chromosomal and plasmid expressions of the split-GFP probes. Yeast cells expressing the split-GFP probes shown in Figure 2 on (A) the MOM and the ER, (B) the MOM and vacuole, (C) the ER and LDs, (D) peroxisome and vacuole, (E) peroxisome and the ER, (F) peroxisome and LD were imaged by a fluorescence confocal microscope. Maximum projection images were shown. Scale bars represent 5 μm. p and g indicate the plasmid- and genome-based expressions of the split-GFP proteins, respectively. (G) Box and whisker plots showing the distribution of the fluorescence intensity of GFP signals normalized by the cell area. Over 100 cells were counted for each pair; ****p < 0.0001. (H) Logarithmically growing yeast cells expressing the split-GFP probes were subjected to FACS using GFP signal as an index. n, g, and p represent no expression, genome-, and plasmid-based expression of the split-GFP probes, respectively.


We found that in contrast to the plasmid-expressed split-GFP probes, the chromosomally expressed split-GFP probes exhibited uniform and small punctate GFP signals which were similar to the ERMES dots, indicative of the authenticity of the organelle-contact sites. Quantification of the total GFP intensities normalized to the cell area clearly showed low variations in the GFP signals (Figure 3G). We further confirmed these results by fluorescence-activated cell sorting (FACS). As shown in Figure 3H, we could separate populations of yeast cells with or without the plasmid- or genome-based expression of split-GFP probes. Yeast cells expressing the split-GFP probes from the plasmids showed higher fluorescent signals (Figure 3H, p) than those expressing them from the genomic DNA (Figure 3H, g) and those without the expression (Figure 3H, n). Similar to the result of microscopy-based analyses, the plasmid-based expressions caused large variabilities in the GFP signals and resulted in two peaks that showed different GFP signals in some cases. On the other hand, the population of yeast cells expressing the split-GFP probes from the genomic DNA was detected as a single sharp peak, indicating the low variations in the GFP signals. With the plasmid-based method, it has been impossible to judge whether no or very weak GFP signals are simply due to the low expression levels of the split-GFP proteins or abnormal organelle contacts because the variations in the expression levels of the split-GFP proteins in each cell are large. The genome-based split-GFP system, however, made it possible to count all yeast cells for quantification because we can detect similar levels of GFP signals with less variability in almost all yeast cells, making quantification of organelle-organelle contacts much easier.

We next tested if the expression levels of the split-GFP probes were indeed reduced in the present system as compared with those in the previous one. We performed immunoblotting using whole cell extracts prepared from yeast cells expressing the split-GFP probes such as Tom71-, Ifa38-, or Pex3N-GFP1-10 together with Ifa38-, Dpp1-, or Erg6-V5-GFP11 from the plasmids or genomic DNA. The results clearly showed that all the split proteins were expressed at lower levels when expressed from the genomic DNA (Figure 4, g) as compared those in the previous one (Figure 4, p). The overall expression levels were decreased to 30–50%. These results suggest that the genome-based split-GFP system in yeast is advantageous in terms of minimizing artificial organelle-contact sites, consequently improving the quantification of organelle-organelle interactions.
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FIGURE 4. The steady state levels of the split-GFP probes. Immunoblotting of total cell lysates prepared from yeast cells expressing the indicated split-GFP probes from the genomic DNA (g) or plasmid DNAs (p). Monoclonal anti-GFP and anti-V5 antibodies were used to detect the split-GFP proteins. Tom70, Tom40, and Tim23 were used as loading controls.




Validation of the Chromosomally Expressed Split-GFP Probes in Yeast Cells

We previously confirmed that the plasmid-based split-GFP system could visualize the ER-mitochondria contact sites using the ERMES complex labeled with RFP as a reference (Kakimoto et al., 2018). We thus examined if the genome-based system also properly worked as organelle contact site markers. For this purpose, we visualized the ER-mitochondria, nucleus-vacuole, mitochondria-vacuole, and ER-LDs contact sites by expressing red-fluorescent protein fused to known organelle tethering factors such as Mmm1, Nvj1, Vps39, and Sei1 (Pan et al., 2000; Kornmann et al., 2009; Elbaz-Alon et al., 2014; Hönscher et al., 2014; Grippa et al., 2015). Consistent with our previous study, the GFP signals arising from assembled Tom71-GFP1-10 and Ifa38-V5-GFP11 (MOM-ER), Ifa38-GFP1-10 and Dpp1-V5-GFP11 (ER-vacuole), Tom71-GFP1-10 and Dpp1-V5-GFP11 (MOM-vacuole), or Ifa38-GFP1-10 and Erg6-V5-GFP11 (ER-LDs) were well co-localized with Mmm1-mScarlet, Nvj1-mCherry, mCherry-Vps39, or Sei1-mCherry signals, which represent the ER-mitochondria, nuclear-vacuole, mitochondria-vacuole, or ER-LDs contact sites, respectively (Figure 5). Although Nvj1-mCherry exclusively stained the nuclear-vacuole contact sites (NVJ), the split-GFP signals arising from the ER-vacuole pair showed not only the NVJ signals but also granular GFP signals, which did not correspond to the NVJ regions. This is consistent with our previous observation and suggests the presence of contact sites between the peripheral ER and vacuole (Kakimoto et al., 2018).


[image: image]

FIGURE 5. Co-localizations of reconstituted split-GFP probes with ERMES, NVJ, vCLAMP, and ER-LD contact sites. Yeast cells expressing the split-GFP probes on mitochondria and the ER (Mito-ER), the MOM and vacuole (Mito-Vacuole), the ER and vacuole (ER-Vacuole), or the ER and LDs (ER-LDs) were imaged by a fluorescence confocal microscope. To visualize ERMES, NVJ and ER-LD contact sites, Mmm1-mScarlet, Nvj1-mCherry, and Sei1-mCherry were chromosomally expressed, respectively. mCherry-Vps39 was expressed under the ADH1 promoter from a CEN-URA3 plasmid to visualize vCLAMP regions. For MOM-ER, ER-vacuole, and ER-LD pairs, maximum projection images were shown. For the mitochondria-vacuole pair, a single focal plane was shown. Scale bars, 5 μm.




Observations of Organelle Contact Sites in the Absence of the Known Organelle Tethering Factors

We next examined if the genome-based split-GFP system worked as quantitative indicators of dynamic changes in organelle contact sites. Firstly, we visualized the ER-mitochondria contact sites with Tom71-GFP1-10 and Ifa38-V5-GFP11 in the absence of Mdm34 and Mdm12, which are core subunits of the ERMES complex. To quantify the GFP signals that would reflect the ER-mitochondria contacts, we took advantage of FACS analysis. Intriguingly, we could detect mdm34Δ or mdm12Δ cells as a single peak that showed smaller GFP signals distinct from the one of wild-type cells (Figure 6B), suggesting that the formation of ER-mitochondrial contacts was impaired in the absence of Mdm34 or Mdm12. On the other hand, we noticed that the small populations of mdm34Δ and mdm12Δ cells exhibited stronger GFP signals than wild-type cells (Figure 6B). This suggests that the formation of ER-mitochondria contacts is restored or enhanced in a fraction of mdm34Δ and mdm12Δ cells. Consistently, our microscopic analyses revealed that ∼10 or 20% of mdm34Δ or mdm12Δ cells showed large strong GFP signals whereas ∼40% of them exhibited no or small granular GFP signals (Figures 6A,C). These results suggest that although the ERMES complex is critical for the contact formation, alternative factors could compensate when the ERMES complex is inactive. The diminished GFP signals could be due to the decreases in the steady state levels of the split-GFP proteins (Figure 6D). However, we noticed that the decreased split-GFP protein levels did not necessarily diminish GFP signals. For example, when we observed the mitochondria-vacuole contact sites by expressing Tom71-GFP1-10 and Dpp1-V5-GFP11 from the genomic DNA in yeast cells lacking Vps39 or Ypt7, which are the vCLAMP components (Elbaz-Alon et al., 2014; Hönscher et al., 2014; González Montoro et al., 2018), we did not see decreases in the GFP signals and rather observed the slightly increased signals although the Dpp1-V5-GFP11 levels were decreased (Figures 6E,F,H). Our microscopic analyses showed that the number of GFP dots was increased in the absence of Vps39 or Ypt7 (Figure 6G). These results suggest that Vps39 and Ypt7 are not essential for the formation of mitochondria-vacuole contact sites.
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FIGURE 6. Effects of the lack of known organelle-tethering factors on the organelle-organelle interactions. Logarithmically growing yeast cells expressing the split-GFP probes on (A) the ER and MOM (ER-Mito), (E) the MOM and vacuole (Mito-Vac), (I) the ER and vacuole (ER-Vac), or (L) the ER and LDs (ER-LD) were imaged by a fluorescence confocal microscope. To visualize mitochondria and the ER, we expressed Su9-RFP and BipN-mCherry-HDEL, respectively from plasmid DNAs. (I) For starvation experiments, yeast cells cultured in the SCD medium were further incubated in the SD-N or S-NC medium for 9 h, and then imaged. (B,F,J,M) Yeast cells were analyzed by FACS. (C,N) GFP signal patterns or (G) the number of GFP dots per cell were quantified. (D,H,K,O) Immunoblotting of whole cells extracts prepared from the indicated cells were performed. We detected the split-GFP proteins using anti-V5 and anti-GFP antibodies. Tim23 was used as a loading control. We performed three independent experiments for each condition. Error bars represent standard errors of three independent experiments. We counted total 223, 336, and 208 cells of wild-type, mdm34Δ, and mdm12Δ cells, respectively (C), and total 217, 285, 259, or 389 cells of wild-type, sei1Δ, ldb16Δ, and mdm1Δ cells, respectively (N). ****p < 0.0001. All images were maximum projections. Scale bars, 5 μm.


Previous studies reported that NVJ regions expanded when yeast cells were subjected to starvation (Kvam and Goldfarb, 2006; Toulmay and Prinz, 2012; Hariri et al., 2018). Interestingly, despite the drastic decreases in the amounts of split-GFP proteins, Ifa38-GFP1-10 and Dpp1-V5-GFP11 under the nitrogen and carbon starvation conditions (Figure 6K), we observed clear increases in the GFP signals showing the ER-vacuole contact sites including NVJs (Figures 6I,J). These results indicate that the split-GFP system has the extra capacity to sense an increase in inter-organelle contacts even when the amount of split-GFP proteins is reduced.

To further validate the potency of this split-GFP system in quantifying organelle-organelle interactions, we visualized ER-LD contact sites by expressing Ifa38-GFP1-10 and Dpp1-V5-GFP11 in various mutant cells lacking Sei1, Ldb16, or Mdm1, which were reported to tether these two organelles (Wolinski et al., 2011; Grippa et al., 2015; Henne et al., 2015; Hariri et al., 2019). Strikingly, our FACS analyses showed that sei1Δ and ldb16Δ cells were sorted as distinct peaks that showed smaller GFP signals as compared with the one wild-type cells (Figure 6M). Consistent with the FACS results, we observed that the approximately 80% of sei1Δ and ldb16Δ cells showed the small and/or dim GFP signals while 90% of wild-type cells showed clear granular GFP signals that correspond to Sei1-mCherry (Figures 5, 6L,N). On the other hand, mdm1Δ cells exhibited weaker GFP signals than that of wild-type cells (Figure 6M), although the GFP signal patterns looked quite similar to that of wild-type (Figure 6N), suggesting that Mdm1 plays a minor role in the ER-LD contact formation. We confirmed that the steady state levels of the split-GFP proteins were comparable among yeast cells tested here (Figure 6O). These observations consistently support the previous finding that the seipin complex Sei1/Ldb16 stabilizes ER-LD contact sites (Grippa et al., 2015). In summary, we conclude that the genome-base split-GFP system is useful tool to assess dynamic changes in the degree of organelle-organelle contacts.



The Inducible Split-GFP System in HeLa Cells

Previously, we transiently expressed the split-GFP probes on the ER and MOM to detect the ER-mitochondria-contact sites in HeLa cells (Kakimoto et al., 2018). However, in this transient method, it was difficult to control the expression levels of the split-GFP proteins (Figures 1E,F). We thus aimed to develop a more reliable split-GFP system in which the expression of the split-GFP probes could be controlled in HeLa cells. To achieve this, we utilized the Tet-One inducible expression system (Takara Bio USA, Inc.). In this system, we are able to induce the expression of a gene of interest, which is located downstream of the tetracycline-response element (TRE), by activating a transcription activator named rtTA with doxycycline (Gossen et al., 1995). First, we constructed a stable HeLa cell line expressing the MOM-targeted split-GFP protein Tom70N-FLAG-GFP11, comprising the first 70 N-terminal residues of Tomm70 followed by a 3xFLAG tag and GFP11 (Figure 7A). Subsequently, we cloned the gene encoding another split-GFP protein, ERj1N-V5-GFP1-10, which comprises the first 200 N-terminal residues of ERj1 followed by a V5 tag and GFP1-10, into the multi-cloning site downstream of the TRE of a pTet-One vector, which also expresses rtTA (Figure 7A). We then transfected the plasmid with a hygromycin marker into HeLa cells. To check the inducible expression of ERj1N-V5-GFP1-10, we prepared whole cell lysates from the resulting HeLa cells, which were cultured in the presence or absence of different concentrations of doxycycline for different periods of time. Immunoblotting using the whole cell extracts showed that Tom70N-FLAG-GFP11 was stably expressed, while the expression of ERj1N-V5-GFP1-10 was induced by adding doxycycline. In particular, its expression was initially observed 6 h after the addition of doxycycline, and it was found that increased drug concentration or prolonged incubation time led to higher expression levels (Figure 7B). As the expression of the split-GFP protein was induced, we observed an increase in GFP signals (Figure 7C). These results indicated that we were able to control the expression levels of the split-GFP probes, which enabled us to minimize the undesired secondary effects caused by the excess reconstitution of the probes (Figure 1F). We further aimed to optimize the appropriate conditions required to observe small, dot-like GFP signals for the ER-mitochondria contact sites in HeLa cells. To this end, we tested various conditions with different concentrations of doxycycline and incubation time periods. Whereas the prolonged cultivation with doxycycline resulted in clear GFP signals (Figure 7C), relatively short-time induction (6 h) with 200 ng/ml doxycycline was the best condition to obtain dot-like GFP signals (Figure 7D). At the optimal condition, ∼70% of HeLa cells contained dot-like GFP signals (Figure 7D), while ∼30% of the cells showed ring-like GFP signals, which surrounded a part of mitochondria (Figure 7E, Intermediate pattern). The prolonged incubation led to an increase in the ratio of the HeLa cells showing the intermediate pattern as well as GFP signals that enclosed entire mitochondria (Figure 7F, Enclosure pattern). The previous transient expression system was comparable to the condition of the present inducible system with long cultivation (48 h) (Figure 7G). These results suggest that the present system offers a more accurate view of the ER-mitochondria contact sites as compared with the previous transient system.
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FIGURE 7. Characterization of the HeLa cell line that enables inducible expression of the split-GFP probes in the presence of doxycycline. (A) Schematics of the split-GFP probes used in the HeLa cell line. (B) Western blotting of whole cell extracts prepared from the HeLa cells cultivated with different concentration (0, 30, 100, and 300 ng/ml) of doxycycline for the indicated time. Scale bars represent 100 μm. (C) The HeLa cells were imaged by fluorescence confocal microscopy 0, 12, 24, and 48 h after the addition of doxycycline. Mitochondria were stained with mitotracker. Scale bars, 10 μm. (D,E) Representative images of the HeLa cells after 6 h-induction of ERj1N-V5-GFP11 with 200 ng/ml doxycycline, or (F) transiently expressing the same probes were fixed and then imaged by a confocal fluorescence microscope. Mitochondria were stained by anti-Tom20 antibodies. Maximum projection images were shown. Scale bars represent 10 μm. (G) We performed 3 independent experiments and counted more than 60 cells showing GFP signals in total. Error bars represent standard errors (n = 3).




Live Cell Imaging of HeLa Cells Expressing the Inducible Split-GFP Probes

Previous studies reported that ER tubules wrap around and constrict mitochondria to determine the sites of mitochondrial division (Friedman et al., 2011; Lewis et al., 2016). We therefore examined if mitochondrial fission occurs where granular GFP signals arising from the split-GFP proteins were present to confirm that the split-GFP probes really mark the ER-mitochondria contact sites in HeLa cells. To this end, we performed live-cell imaging of the HeLa cell after inducing the expression of ERj1N-V5-GFP1-10 and acquired time-lapse images every 4 s. The reconstituted time-lapse movies showed that mitochondrial fission occurred at or next to the sites that the GFP signal existed (Supplementary Movies 1,2 and Figure 8). These results suggest that the complete GFP molecules are reconstituted near authentic ER-mitochondria contact sites.
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FIGURE 8. Live-cell imaging of HeLa cells expressing the split-GFP probes on the ER and MOM. The HeLa cells were cultivated in the presence of 300 ng/ml doxycycline for 8 h and imaged by fluorescence microscopy. Mitochondria were stained with mitotracker. Three mitochondrial division events observed in Supplementary Movies 1,2, were shown. Scale bars, 2 μm.




DISCUSSION

Previous studies have shown that split-fluorescent proteins are effective in visualizing inter-organelle-contact sites (Cieri et al., 2018; Kakimoto et al., 2018; Shai et al., 2018; Yang et al., 2018). However, a drawback of this method is the irreversible association of the split-fluorescent proteins, which induces artificial contact sites between different organelles and leads to an abnormality in the structure and function of the organelles (Figure 1F; Bishop et al., 2019). In this study, we found that the incorporation of the split-GFP genes into the yeast genome resulted in a decrease in the expression levels of the split-GFP proteins (Figure 4). Noteworthy, this decrease in expression levels successfully diminished the formation of unnecessary inter-organellar contacts (Figure 3). In addition, the variation in its expression levels among cells also decreased dramatically, which is advantageous in improving the quantitative evaluation of the organelle-contact sites. In fact, with the genome-based split-GFP system, we were able to detect changes in the organelle contacts, which had been difficult to judge by using the previous method. Specifically, we could observe clear differences in the GFP signal intensities and patterns when known organelle-tethering factors were absent (Figure 6).

Previously, a high-throughput microscopy system that makes use of the Yeast Knock-out deletion collection expressing the split-Venus probe successfully identified the tethering factors between the mitochondria and peroxisomes (Shai et al., 2018). However, such a large-scale microscope system is not commonly available and cannot be easily set up. With our improved split-GFP system, genetic screening experiments to search for factors involved in organelle-organelle contacts may be performed more easily. As mentioned above, our new split-GFP system resulted in lower GFP signals with small variation (Figure 3G), so that yeast cells expressing the split-GFP probes could be detected as a single sharp peak by flow cytometry using GFP fluorescence as an index (Figure 3H). It should be noted that almost all wild-type yeast cells showed the similar GFP signals when the split-GFP probes were expressed from the genomic DNA. This feature is advantageous for high-content screening by FACS as compared with the previous plasmid-based system in which yeast cells were detected as two wider peaks (Figure 3H). Therefore, this allows us to use fluorescence-activated cell sorting (FACS) to easily separate the subpopulation of cells in which the GFP signals are either diminished or enhanced after introducing random mutations or the yeast genome library cloned in a high copy number vector for the gene overexpression. This simple FACS study may help to perform comprehensive searches for the factors involved in inter-organelle-contact sites.

Genetic studies using mammalian cells may be performed by using the siRNA libraries and the CRISPR-Cas9 sgRNA libraries (Shalem et al., 2014). By using the HeLa cell line constructed in this study, it is possible to easily adjust the timing of the split-GFP expression. Expressing the split-GFP probes after introducing a siRNA or a CRISPR-Cas9 sgRNA library allows for a screening protocol wherein the secondary effects of split-GFP association are minimized. The application of this new split-GFP system to the study of various inter-organelle contact sites may lead to the discovery of novel factors involved in inter-organelle interactions in the future.



DATA AVAILABILITY STATEMENT

The raw data supporting the conclusions of this article will be made available by the authors, without undue reservation.



AUTHOR CONTRIBUTIONS

ST and YT designed the research and wrote the manuscript. ST performed experiments using HeLa cells. MS, YK, SF, and YT performed yeast experiments. All authors contributed to the article and approved the submitted version.



FUNDING

This work was supported by JSPS KAKENHI (Grant Numbers 17H06414 and 19H03174), AMED-Prime (JP20gm5910026), and the Naito Foundation to YT. ST was and YK is a Research Fellow of the JSPS.



ACKNOWLEDGMENTS

We thank the members of the Tamura Laboratory and Prof. Toshiya Endo (Kyoto Sangyo University) for discussions and critical comments on the manuscript.



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fcell.2020.571388/full#supplementary-material


FOOTNOTES

1
http://n2t.net/addgene:62383


REFERENCES

Bishop, A., Kamoshita, M., Passmore, J. B., Hacker, C., Schrader, T. A., Waterham, H. R., et al. (2019). Fluorescent tools to analyze peroxisome–endoplasmic reticulum interactions in mammalian cells. Contact 2:251525641984864. doi: 10.1177/2515256419848641

Cieri, D., Vicario, M., Giacomello, M., Vallese, F., Filadi, R., Wagner, T., et al. (2018). SPLICS: a split green fluorescent protein-based contact site sensor for narrow and wide heterotypic organelle juxtaposition. Cell Death Differ. 25, 1131–1145. doi: 10.1038/s41418-017-0033-z

Cohen, S., Valm, A. M., and Lippincott-Schwartz, J. (2018). Interacting organelles. Curr. Opin. Cell Biol. 53, 84–91. doi: 10.1016/j.ceb.2018.06.003

Eisenberg-Bord, M., Shai, N., Schuldiner, M., and Bohnert, M. (2016). A tether is a tether is a tether: tethering at membrane contact sites. Dev. Cell 39, 395–409. doi: 10.1016/j.devcel.2016.10.022

Elbaz-Alon, Y., Rosenfeld-Gur, E., Shinder, V., Futerman, A. H., Geiger, T., and Schuldiner, M. (2014). A dynamic interface between vacuoles and mitochondria in yeast. Dev. Cell 30, 95–102. doi: 10.1016/j.devcel.2014.06.007

Friedman, J. R., Lackner, L. L., West, M., DiBenedetto, J. R., Nunnari, J., and Voeltz, G. K. (2011). ER tubules mark sites of mitochondrial division. Science 334, 358–362. doi: 10.1126/science.1207385

Gietz, R. D., and Schiestl, R. H. (2007). High-efficiency yeast transformation using the LiAc/SS carrier DNA/PEG method. Nat. Protoc. 2, 31–34. doi: 10.1038/nprot.2007.13

González Montoro, A., Auffarth, K., Hönscher, C., Bohnert, M., Becker, T., Warscheid, B., et al. (2018). Vps39 interacts with Tom40 to establish one of two functionally distinct vacuole-mitochondria contact sites. Dev. Cell 45, 621–636.e7. doi: 10.1016/j.devcel.2018.05.011

Gossen, M., Freundlieb, S., Bender, G., Müller, G., Hillen, W., and Bujard, H. (1995). Transcriptional activation by tetracyclines in mammalian cells. Science 268, 1766–1769. doi: 10.1126/science.7792603

Grippa, A., Buxó, L., Mora, G., Funaya, C., Idrissi, F.-Z., Mancuso, F., et al. (2015). The seipin complex Fld1/Ldb16 stabilizes ER-lipid droplet contact sites. J. Cell Biol. 211, 829–844. doi: 10.1083/jcb.201502070

Hariri, H., Rogers, S., Ugrankar, R., Liu, Y. L., Feathers, J. R., and Henne, W. M. (2018). Lipid droplet biogenesis is spatially coordinated at ER–vacuole contacts under nutritional stress. EMBO Rep. 19, 57–72. doi: 10.15252/embr.201744815

Hariri, H., Speer, N., Bowerman, J., Rogers, S., Fu, G., Reetz, E., et al. (2019). Mdm1 maintains endoplasmic reticulum homeostasis by spatially regulating lipid droplet biogenesis. J. Cell Biol. 218, 1319–1334. doi: 10.1083/jcb.201808119

Henne, W. M., Zhu, L., Balogi, Z., Stefan, C., Pleiss, J. A., and Emr, S. D. (2015). Mdm1/Snx13 is a novel ER–endolysosomal interorganelle tethering protein. J. Cell Biol. 210, 541–551. doi: 10.1083/jcb.201503088

Hönscher, C., Mari, M., Auffarth, K., Bohnert, M., Griffith, J., Geerts, W., et al. (2014). Cellular metabolism regulates contact sites between vacuoles and mitochondria. Dev. Cell 30, 86–94. doi: 10.1016/j.devcel.2014.06.006

Kakimoto, Y., Tashiro, S., Kojima, R., Morozumi, Y., Endo, T., and Tamura, Y. (2018). Visualizing multiple inter-organelle contact sites using the organelle-targeted split-GFP system. Sci. Rep. 8:6175. doi: 10.1038/s41598-018-24466-0

Kawano, S., Tamura, Y., Kojima, R., Bala, S., Asai, E., Michel, A. H., et al. (2018). Structure–function insights into direct lipid transfer between membranes by Mmm1–Mdm12 of ERMES. J. Cell Biol. 217, 959–974. doi: 10.1083/jcb.201704119

Kojima, R., Endo, T., and Tamura, Y. (2016). A phospholipid transfer function of ER-mitochondria encounter structure revealed in vitro. Sci. Rep. 6:30777. doi: 10.1038/srep30777

Kojima, R., Kakimoto, Y., Furuta, S., Itoh, K., Sesaki, H., Endo, T., et al. (2019). Maintenance of cardiolipin and crista structure requires cooperative functions of mitochondrial dynamics and phospholipid transport. Cell Rep. 26, 518–528.e6. doi: 10.1016/j.celrep.2018.12.070

Kornmann, B. (2020). The endoplasmic reticulum-mitochondria encounter structure: coordinating lipid metabolism across membranes. Biol. Chem. 401, 811–820. doi: 10.1515/hsz-2020-0102

Kornmann, B., Currie, E., Collins, S. R., Schuldiner, M., Nunnari, J., Weissman, J. S., et al. (2009). An ER-mitochondria tethering complex revealed by a synthetic biology screen. Science 325, 477–481. doi: 10.1126/science.1175088

Kushnirov, V. V. (2000). Rapid and reliable protein extraction from yeast. Yeast 16, 857–860.

Kvam, E., and Goldfarb, D. S. (2006). Nucleus-vacuole junctions in yeast: anatomy of a membrane contact site. Biochem. Soc. Trans. 34, 340–342. doi: 10.1042/BST0340340

Lewis, S. C., Uchiyama, L. F., and Nunnari, J. (2016). ER-mitochondria contacts couple mtDNA synthesis with mitochondrial division in human cells. Science 353:aaf5549. doi: 10.1126/science.aaf5549

Murley, A., and Nunnari, J. (2016). The emerging network of mitochondria-organelle contacts. Mol. Cell 61, 648–653. doi: 10.1016/j.molcel.2016.01.031

Pan, X., Roberts, P., Chen, Y., Kvam, E., Shulga, N., Huang, K., et al. (2000). Nucleus-vacuole junctions in Saccharomyces cerevisiae are formed through the direct interaction of Vac8p with Nvj1p. Mol. Biol. Cell 11, 2445–2457. doi: 10.1091/mbc.11.7.2445

Prinz, W. A., Toulmay, A., and Balla, T. (2020). The functional universe of membrane contact sites. Nat. Rev. Mol. Cell Biol. 21, 7–24. doi: 10.1038/s41580-019-0180-9

Scorrano, L., De Matteis, M. A., Emr, S., Giordano, F., Hajnóczky, G., Kornmann, B., et al. (2019). Coming together to define membrane contact sites. Nat. Commun. 10:1287. doi: 10.1038/s41467-019-09253-3

Shai, N., Yifrach, E., van Roermund, C. W. T., Cohen, N., Bibi, C., IJlst, L., et al. (2018). Systematic mapping of contact sites reveals tethers and a function for the peroxisome-mitochondria contact. Nat. Commun. 9:1761. doi: 10.1038/s41467-018-03957-8

Shalem, O., Sanjana, N. E., Hartenian, E., Shi, X., Scott, D. A., Mikkelsen, T. S., et al. (2014). Genome-scale {CRISPR-Cas9} knockout screening in human cells. Science 343, 84–87. doi: 10.1126/science.1247005

Tamura, Y., Kawano, S., and Endo, T. (2019). Organelle contact zones as sites for lipid transfer. J. Biochem. 165, 115–123. doi: 10.1093/jb/mvy088

Toulmay, A., and Prinz, W. A. (2012). A conserved membrane-binding domain targets proteins to organelle contact sites. J. Cell. Sci. 125, 49–58. doi: 10.1242/jcs.085118

Williams, C. C., Jan, C. H., and Weissman, J. S. (2014). Targeting and plasticity of mitochondrial proteins revealed by proximity-specific ribosome profiling. Science 346, 748–751. doi: 10.1126/science.1257522

Wolinski, H., Kolb, D., Hermann, S., Koning, R. I., and Kohlwein, S. D. (2011). A role for seipin in lipid droplet dynamics and inheritance in yeast. J. Cell Sci. 124, 3894–3904. doi: 10.1242/jcs.091454

Wu, H., Carvalho, P., and Voeltz, G. K. (2018). Here, there, and everywhere: the importance of ER membrane contact sites. Science 361:eaan5835. doi: 10.1126/science.aan5835

Yang, Z., Zhao, X., Xu, J., Shang, W., and Tong, C. (2018). A novel fluorescent reporter detects plastic remodeling of mitochondria-ER contact sites. J. Cell Sci. 131:jcs208686. doi: 10.1242/jcs.208686


Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2020 Tashiro, Kakimoto, Shinmyo, Fujimoto and Tamura. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.










	 
	REVIEW
published: 15 December 2020
doi: 10.3389/fcell.2020.618322





[image: image]

Two Types of Contact Between Lipid Droplets and Mitochondria

Liujuan Cui1 and Pingsheng Liu1,2*

1National Laboratory of Biomacromolecules, CAS Center for Excellence in Biomacromolecules, Institute of Biophysics, Chinese Academy of Sciences, Beijing, China

2University of Chinese Academy of Sciences, Beijing, China

Edited by:
Dan Zhang, Temasek Life Sciences Laboratory, Singapore

Reviewed by:
Mark Christian, Nottingham Trent University, United Kingdom
Wanzhu Jin, Chinese Academy of Sciences (CAS), China

*Correspondence: Pingsheng Liu, pliu@ibp.ac.cn

Specialty section: This article was submitted to Membrane Traffic, a section of the journal Frontiers in Cell and Developmental Biology

Received: 16 October 2020
Accepted: 25 November 2020
Published: 15 December 2020

Citation: Cui L and Liu P (2020) Two Types of Contact Between Lipid Droplets and Mitochondria. Front. Cell Dev. Biol. 8:618322. doi: 10.3389/fcell.2020.618322

Lipid droplets (LDs) and mitochondria are essential organelles involved in cellular lipid metabolism and energy homeostasis. Accumulated studies have revealed that the physical contact between these two organelles is important for their functions. Current understanding of the contact between cellular organelles is highly dynamic, fitting a “kiss-and-run” model. The same pattern of contact between LDs and mitochondria has been reported and several proteins are found to mediate this contact, such as perilipin1 (PLIN1) and PLIN5. Another format of the contact has also been found and termed anchoring. LD-anchored mitochondria (LDAM) are identified in oxidative tissues including brown adipose tissue (BAT), skeletal muscle, and heart muscle, and this anchoring between these two organelles is conserved from mouse to monkey. Moreover, this anchoring is generated during the brown/beige adipocyte differentiation. In this review, we will summarize previous studies on the interaction between LDs and mitochondria, categorize the types of the contacts into dynamic and stable/anchored, present their similarities and differences, discuss their potential distinct molecular mechanism, and finally propose a working hypothesis that may explain why and how cells use two patterns of contact between LDs and mitochondria.
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INTRODUCTION

The lipid droplet (LD) is a specialized cellular organelle with a neutral lipid core covered by a monolayer phospholipid membrane and associated proteins (Murphy, 2001; Tauchi-Sato et al., 2002; Fujimoto et al., 2008; Thiam et al., 2013). Starting with the discovery by Antony van Leeuwenhoek in 1674, LD biology has taken a sweeping 300 year-long developmental path to the modern era. Our understanding has accelerated in the last two decades, importantly marked by the discovery of marker proteins, development of methods for purification, and the application of omics studies (Ding et al., 2013; Roberts and Olzmann, 2020).

The LD is an ancient organelle with a new face and a recent recognition of its importance has attracted great attention in the fields of biology and life science. The newly discovered fact that LDs exist in some bacteria extends our view of the origin of membrane-bound organelles. The finding that LDs contain not only triacylglycerol (TAG), but also cholesterol ester, retinal ester, and monoalk(en)yl diacylglycerol in animal cells (Bartz et al., 2007a) suggests many potential roles for this organelle. In addition, the broad distribution of LDs from bacteria to humans implies its significance in all organisms (Murphy, 2012; Olzmann and Carvalho, 2019; Zhang and Liu, 2019).

The unique property of LDs in their sequestration of neutral lipids led to a perception of them merely as “a drop of oil,” negatively impacting scientific interest and slowing down its research. However, the description of their proteome and lipidome and their linkage to metabolic syndromes impacting human health provoked a renaissance in research interest and activity (Brasaemle et al., 2004; Liu et al., 2004; Bartz et al., 2007a). The LD differs from other membrane-bound organelles by containing (1) a hydrophobic core compared with an aqueous phase lumen for other membranous organelles, (2) a monolayer phospholipid membrane in contrast with the bilayer or double bilayer membrane for others, (3) a distinct protein complements termed LD resident proteins. With these differences, the LD is a unique cellular organelle. The functions of the LD are lipid storage, lipid transportation, lipid synthesis, and lipid hydrolysis, a suite of functions far beyond their image as a static oil reservoir. According to recent proteomic and other experimental lines of evidence, LD functions are also thought to include membrane trafficking, protein storage and degradation, signal transduction, detoxification, and nucleic acid handling. The multifunctional property of the LD endows the organelle with an irreplaceable position in almost all cellular activities.

The LD is integrated with other organelles in maintaining lipid homeostasis (Walther and Farese, 2012; Schuldiner and Bohnert, 2017), which is responsible for the ectopic storage of lipids that has been linked to many metabolic disorders (Greenberg et al., 2011; Shulman, 2014; Xu et al., 2018). LDs possess the ability for directed movement on the cytoskeleton, likely supporting the movement of neutral lipids within the cell and between organelles. Biochemical studies previously revealed the interaction between LD and early endosome (Liu et al., 2007), mitochondria (Pu et al., 2011), endoplasmic reticulum (ER) (Martin et al., 2005; Ozeki et al., 2005), and peroxisomes (Binns et al., 2006). More interactions between LDs and other organelles have been developed in the past decade (Olzmann and Carvalho, 2019). Therefore, LD-governed cellular lipid homeostasis is driven by lipid metabolism on the LD as well as the interaction between LD and other organelles. For example, TAG sequestered in the LD is converted to fatty acids (FAs) via lipolysis and lipophagy (Zechner et al., 2017; Ogasawara et al., 2020). The FAs in turn, are transported from LD to mitochondria, where they are oxidized as an energy source to produce ATP or heat, and provide building blocks for synthesis of biological molecules. Thus, the LD and mitochondrion form a functional organelle pair, managing cellular energy homeostasis.

Mitochondria are the site of β-oxidation, converting hydrophobic substrates into usable cellular energy and reducing potential. The fuel for this reaction is stored in the hydrophobic interior of LDs, necessitating a mechanism for the transfer of FAs between these two organelles. Free transfer of FA (or coenzyme A ligated FA) is restricted by the hydrophobic character of the molecules. In fact, the accumulation of FA or acyl-CoA under certain stress conditions leads to cellular toxicity (lipotoxicity). To facilitate the transfer, cells developed a specific interaction between these two organelles. An understanding of this interaction was initiated by the visualization of the physical contact between LDs and mitochondria. The best images depicting this interaction were electron micrographs taken by George Palade, in which the physical contact was clearly shown between LDs and mitochondria in guinea pig pancreas (Figure 1Aa). Since then, the development of high resolution light microscopy techniques and the availability of dyes and marker proteins for both LDs and mitochondria have greatly facilitated the visualization of the association of the two organelles.
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FIGURE 1. Contact between LDs and mitochondria by morphological studies. (A) Morphological study of contact between lipid droplets (LDs) and mitochondria. (a) Physical contact between LDs and mitochondria in guinea pig pancreas imaged with transmission electron microscopy (TEM) by George E. Palade (Cite from http://www.microscopy.info/Gallery/Details/58). (b) Physical contact between LDs and mitochondria in mouse BAT using TEM. Arrows point to the physical contact between LDs and mitochondria. (c,d) LDs and mitochondria in differentiated brown adipocytes (day 8) were stained with LipidTOX Green for LDs and MitoTracker Red for mitochondria, respectively. The image was analyzed using three-dimensional structured illumination microscopy (3D-SIM), and Imaris analysis was applied to detect surface-surface colocalization. Bar = 5 μm. (B) Morphologic analysis of isolated BAT LDs from mice housed at 23°C. (a) TEM of isolated BAT LDs, Bar = 1 μm. (b) LipidTOX Green staining for LDs and MitoTracker Red staining for mitochondria in isolated BAT LDs. Bar = 5 μm. Arrows indicate LD-anchored mitochondrion (LDAM) in isolated BAT LDs (cite from Cui et al., 2019).


Despite early, clear visual evidence of the contact, it has been a long journey toward a biochemical understanding of the interaction. Investigations were hampered by underdeveloped techniques for biochemical isolation and a lack of molecular tools. The discovery of LD marker proteins perilipin (PLIN1) and adipocyte differentiation-related protein (ADRP/PLIN2) in the early 1990s (Greenberg et al., 1991; Jiang and Serrero, 1992; Brasaemle et al., 1997) permitted the development of purification techniques and an evaluation of the purity of isolated organelle (Wu et al., 2000; Ding et al., 2013). These techniques coupled with the blossoming of proteomics opened a window into the functions, interactions, and underlying molecular machinery governing LD dynamics. These advances permitted the discovery that other organelles, like ER and mitochondria, co-isolate with LDs. Morphological studies provided further evidence for inter-organelle contact while proteomic results identified likely protein candidates regulating the contact. Interestingly, it has been observed that some organelles which are co-purified with LDs when isolated with low speed centrifugation can be separated from the LDs in higher centrifugal force, while other remain firmly associated (Yu et al., 2015; Benador et al., 2018; Cui et al., 2019; Freyre et al., 2019). This distinction probably reflects underlying functional relationships. For example, LDs isolated from heart muscle (Li et al., 2016), skeletal muscle (Zhang et al., 2011), and brown adipocytes (Yu et al., 2015; Cui et al., 2019) always contain many mitochondrial proteins that were once considered contamination. On the other side of the co-isolation, some LD-associated proteins have also been identified on mitochondria, such as PLIN5 and PLIN3 (Bosma et al., 2012; Ramos et al., 2014). However, these proteins cannot be removed by ultracentrifugation. With morphological and biochemical evidence, these proteins reflect a stable contact between LDs and mitochondria in these highly oxidative cells.

This review summarizes the evidence supporting the contact between LDs and mitochondria using morphological, biochemical, and biophysical data and focuses on interactions which cannot be separated by ultracentrifugation. This review brings forward a new point of view, proposing a distinction between stable and dynamic contact which can describe and explain some recent experimental findings. We propose that the stable interaction between LDs and mitochondria is maintained by rivet-like protein structures that prevent the separation between them during ultracentrifugation.



IDENTIFICATION OF MEMBRANE TRAFFICKING PROTEINS ON LIPID DROPLETS

The potential trafficking capability of LDs was revealed through the visualization of LDs moving along microtubules, mediated by the protein Klar (Welte et al., 1998) and other motor proteins (Xie et al., 2019). Proteomic studies of isolated LDs identified Rab and SNARE proteins (Fujimoto et al., 2004; Liu et al., 2004). The targeting of trafficking proteins to LDs has been studied through fluorescent fusion proteins and immunogold-labeled electron microscopy, providing further evidence that LDs are involved in membrane trafficking (Martin et al., 2005; Liu et al., 2007). In functional studies LD-associated Rabs have been demonstrated to regulate interactions between LDs and ER (Rab 18) (Martin et al., 2005; Ozeki et al., 2005), LDs and mitochondria (Rabs and SNARE) (Jägerström et al., 2009; Pu et al., 2011), LDs and early endosomes (Rabs) (Liu et al., 2007), and to drive LD fusion (Rab8) (Wu et al., 2014). The movement of LDs throughout the cell with regulated interactions with other organelles hints at an active and important role for the LD in cellular lipid homeostasis.

The discovery of hormone-sensitive lipase (HSL) and PLIN1 on LDs, and the identification of the mechanism of activation and LD targeting of HSL via phosphorylation of both proteins, identified the catalytic function of this organelle. Additional proteomic studies found lipid synthetic enzymes on isolated LDs, pointing to an anabolic role (Fujimoto et al., 2004; Liu et al., 2004). In addition, some non-coding RNA-coded proteins are recently identified in isolated LDs (Huang et al., 2020). Functional studies of isolated LDs using in vitro assays confirmed that LD is a site for cellular lipid synthesis (Fujimoto et al., 2007; Zhang et al., 2016).

Thus, the LD is a site of neutral lipid storage, but is also metabolically active, can move rapidly throughout the cell, and possesses the molecular machinery to regulate interactions with other organelles. Collectively, these observations point to a central role for LDs in cellular lipid homeostasis.



THE MORPHOLOGICAL STUDIES OF CONTACT BETWEEN LIPID DROPLETS AND MITOCHONDRIA

The interaction between LDs and mitochondria was first observed more than a half-century ago. George E. Palade was one of the major contributors who visualized the physical contact between LDs and mitochondria in guinea pig pancreas using transmission electron microscopy (TEM) (Figure 1Aa). EM also revealed the contact between these two organelles in mammary gland cells (Stemberger et al., 1984) and brown adipose tissue (BAT) (Figure 1Ab). Since these discoveries, many biologists have contributed to this field, accumulated visual evidence documenting the interactions between LDs and mitochondria by EM (Peute et al., 1978; Pu et al., 2011; Yu et al., 2015; Cui et al., 2019).

Advances in biological dyes, such as JC-1 and MitoTracker for mitochondria and Nile red, Bodipy, Oil Red O, and LipidTOX for LDs, have permitted the application of fluorescence microscopy to the study of LD-mitochondrion interactions (Figures 1Ac,d). The discovery of LD marker proteins enabled the use of immunolabeling and fluorescent fusion proteins. Together these advances have greatly simplified the study of the organellar interactions. Furthermore, the recent development of high resolution light microscopy techniques has facilitated finer observations, significantly aiding functional studies of the interactions between LDs and mitochondria (Valm et al., 2017).

Morphological studies have described highly dynamic interactions between LDs and mitochondria. For example, it was observed by EM that endurance exercise training enhances the physical contact between LDs and mitochondria in muscle cells. This finding is fully consistent with the upregulation of FA β-oxidation in mitochondria to meet the energetic needs during exercise (Tarnopolsky et al., 2007). In another study using live-imaging light microscopy, the distance between LDs and mitochondria was found to change in response to various experimental manipulations with close co-localization interpreted as direct contact (Valm et al., 2017).

A wide range of terminology has been applied to direct the contact between LDs and mitochondria. These include, but are not limited to, approximation, association, interaction, targeting, tethering, contact, binding, and anchoring. In one instance, the interaction site was called recognition site (Zehmer et al., 2009). Table 1 summarizes the most common terms used to describe inter-organelle interaction. Mainly based on morphologic observations, the current well-accepted term for the interaction between organelles, including LDs and mitochondria, is “contact” and the site for the interaction is termed as the “contact site.” Contact is characterized by: (1) co-localization of organelles, (2) the distance between organelles approximately 10–70 nm, (3) a contact site composed of tethering proteins, and (4) the ability to transfer ions, lipids, and other molecules (Schuldiner and Bohnert, 2017).


TABLE 1. Patterns of interaction between LDs and mitochondria.
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The contact between LDs and mitochondria has been studied and visualized in many types of cells using a variety of technologies. However, molecular techniques are required to push our understanding further. As in other fields of biology, the powerful omics tools have been applied with great success. The first interactomic study screened LD and mitochondrial surface proteins, searching for interacting protein pairs using a bimolecular fluorescence complementation assay in Saccharomyces cerevisiae (Pu et al., 2011). In the same work an in vitro assay to study the interaction between isolated LDs and mitochondria was established, in which GTP was found to play a key role for this interaction (Pu et al., 2011). The most recent organelle-level interactomic study using high resolution microscopy visualized not only the interaction between LDs and mitochondria but also four other membranous organelles using a multispectral image acquisition method (Valm et al., 2017). Interactomic studies of this type provide a broad, system wide view of the network for interactions. However, insight into the mechanisms enabling these interactions requires other experimental techniques.



THE BIOCHEMICAL AND BIOPHYSICAL STUDIES OF CONTACT BETWEEN LIPID DROPLETS AND MITOCHONDRIA

Biochemical and biophysical studies have been used to probe the molecular basis of inter-organelle contact. Contact has been dissected into discrete phases: recognition/targeting, tethering, and binding/anchoring, with distinct proteins playing key roles in each step. While the Rab proteins previously described are key candidates for recognition and tethering, other proteins including PLIN1, PLIN5, MFN2, and MIGA2 have also been implicated in these phases (Wasilewski et al., 2012; Boutant et al., 2017; Freyre et al., 2019; Varghese et al., 2019). Some proteins serve multiple functions. For example, VPS13C functions both as a binding component and plays a role in lipid transport (Kumar et al., 2018). Some proteins involved in LD-mitochondrion contact have been found to mediate the contact between other organelles as well. Studies using live-cell imaging have shown that these proteins are involved in highly dynamic contact, fitting a “kiss-and-run” model. Beyond morphologic observation, experiments using co-isolation (Figures 1Ba,b) and in vitro reconstitution have been used to further dissect the mechanisms of this contact (Pu et al., 2011).

Distinct from other membrane-bound organelles, the LD uniquely possesses a density less than 1 g/cm3 due to the TAG forming its core. This enables the method of floatation in a centrifugal field for the isolation/purification of LDs (Ding et al., 2013). All other membrane-bound organelles with densities higher than 1 g/cm3 are driven in the opposite direction into a pellet below the aqueous phase media. Therefore, a simple centrifugation can easily separate LDs from other membrane-bound organelles. Strong binding between LDs and other organelles could result in co-migration in the centrifugal field, either to the low-density region or the pellet.

In fact, other membranous organelles, such as ER and mitochondria, are commonly co-isolated with LDs and this co-fractionation historically was considered as contamination. Indeed, some membranous structures can be stripped from LDs through ultracentrifugation, but other structures remain tightly bound, suggesting that these co-fractionated organelles are bound physiologically in a type of organelle complex. The analysis of isolated and re-isolated LD fractions by EM and light microscopy provides visual evidence of intact membranous organelles bound to the surface of LDs, demonstrating the physiological and physical binding of LDs with other membranous organelles. The strength of the centrifugal field can be used to measure the binding strength, distinguishing weak contact (association/kiss-run) from strong contact (stable binding/anchoring). Therefore, this experimental approach can be used to classify types of contact.

This property of LDs can also be studied using in vitro assays (Pu et al., 2011). After incubation with controlled components, LDs can be re-isolated by floatation. Membranous structures induced to bind to the LDs in the in vitro system are co-floated. Utilizing this unique property of LDs, isolated LDs were incubated with isolated early endosomes in the presence or absence of GTP, the reaction mixture was centrifuged, and the re-isolated LDs were analyzed. Through this experiment, the physiological binding of early endosomes to LDs was identified to be regulated by GTP. Stripping Rab proteins from both isolated LDs and early endosomes totally blocked the binding, demonstrating that Rab protein(s) are key players governing the physiological binding between early endosomes and LDs (Liu et al., 2007).

A similar experiment was conducted to investigate factors that govern the binding between LDs and mitochondria. The two organelles, isolated separately, were mixed and incubated in the presence or absence of GTP or cytosol, followed by the re-isolation of the LDs. Mitochondria were co-fractionated with the floating LD fraction under the GTP condition, identifying GTP as a key factor regulating the binding between these two organelles (Pu et al., 2011).

Many mitochondrial proteins were identified in LDs isolated from mouse skeletal muscle using ultracentrifugation, indicating the strong contact between these two organelles (Zhang et al., 2011). Another study of LDs isolated from rat heart with ultracentrifugation also found numerous mitochondrial proteins (Li et al., 2016). A summary of finding from proteomic studies of isolated LDs shows that mitochondrial proteins co-fractionate with LDs isolated from a broad range of cell types (Table 2). Most of these studies used ultracentrifugation conditions, demonstrating the tight contact between these two organelles. It is also quite interesting that this phenomenon primarily is present in cells from highly oxidative tissues (Cui et al., 2019). The LD-mitochondrion contact is especially easy to visualize in BAT, an observation that is consistent with the role of these cells in heat production and the resulting high energy demand of mitochondria (Géloën et al., 1990; Ohue and Makita, 1992). Therefore, brown adipocytes represent a uniquely suitable experimental system for these investigations.


TABLE 2. Mitochondrial proteins from previously published LD proteomes.
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Recent studies of isolated BAT LDs have suggested a distinction between two types of contact (Cui et al., 2019). The first is tight/stable contact (Cui et al., 2019), also called anchoring since it cannot be separated by ultracentrifugation, similar to the results from isolated LDs of muscle and heart (Zhang et al., 2011; Li et al., 2016). The other is dynamic contact that can be separated using high speed centrifugation (9,000g). The term peridroplet mitochondria (PDM) was proposed to describe these loosely associated mitochondria (Benador et al., 2018). After centrifugation with 9,000g, about 50% of LD-associated were still remained on re-isolated LD fraction. In addition, PDM are functionally different with cytosolic mitochondria and more toward to fatty acid synthesis (Benador et al., 2018). These differences can be understood physiologically due to the different demands placed on oxidative systems of the cell, depending on the role of the tissue.



DYNAMIC AND STABLE CONTACTS BETWEEN LIPID DROPLETS AND MITOCHONDRIA

The empirical distinction between weak and strong contact revealed by centrifugal force is likely to reflect important physiological complexity. The contact likely functions to permit efficient signaling and transport of hydrophobic molecules. For oxidative tissues such as heart muscle, skeletal muscle, and BAT, rapid delivery of FAs from LDs to mitochondria is an essential element for efficient ATP and heat production. The contact between these two organelles not only makes this delivery fast but also avoids insolubility and cytotoxicity of free FAs. Stable/anchoring contact found in these tissues (Cui et al., 2019) well represents the necessity for the constant production of ATP or heat with high efficiency (Figure 3). The term of LD-anchored mitochondria (LDAM) has been proposed for the mitochondria that stably associate with LDs (Cui et al., 2019). Both LDAM and PDM co-fractionate with LDs that are isolated with the low centrifugal force while only LDAM remain in the following centrifugation at speeds generating over 9,000g.

The current definition of contact is mainly based on morphological studies and includes four key characteristics that describe the dynamic contact well but seem to lack a criterion that defines the strength of contact. The nature of the molecules bridging these two organelles may explain the different strengths of contacts. Identifying the proteins mediating the different types of contact is important to understand the underlying physiology. Since LDAM are not affected in PLIN1 or PLIN5 deleted mouse BAT (Cui et al., 2019), the interaction between PLIN1 and MFN2 may be a good example of the protein pair involved in dynamic contact (Boutant et al., 2017; Olzmann and Carvalho, 2019). The proteins forming cellular tight junctions and the proteins with a nail (Havaux, 1998) or rivet-like (Iacovache et al., 2006) conformation may provide a useful model for understanding the stable contact (Figure 3). It is reasonable to include a fifth criterion classifying the contact based on its stability in a centrifugal field.

The LDAM have also been identified in the oxidative tissues of Rhesus monkeys (Macaca mulatta), including BAT (BAT), heart (Heart), and muscles (MG and MS) (Figure 2, lanes 1–12), but not in liver (Liver) (Figure 2, lanes 13–15), suggesting that the LDAM are conserved from mice to monkeys. To further understand the physiological significance of this stable contact (or LDAM), the monkeys with different metabolic conditions, such as normal (CK), obese (OB), and diabetes (TM), were utilized and the significant differences are found not only in LD-associated proteins but also in LDAM proteins (Figure 2).
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FIGURE 2. Co-isolation of LDs and mitochondria. Rhesus monkeys (Macaca mulatta) including Normal (CK), Obese (OB), and Type 2 diabetes mellitus (TM) were obtained from Kunming Institute of Zoology, Chinese Academy of Sciences. The LDs from different tissues of these monkeys were isolated using indicated homogenization methods and centrifugal forces as following: (1) A dounce type glass-teflon homogenizer and a speed of 247,000g were used for heart, musculus gastrocnemius (MG), and musculus soleus (MS). (2) A dounce type loose-fitting potter-elvehjem tissue grinder and a speed of 247,000g were used for liver. (3) A 200-mesh screen with plastic syringe piston and speeds of 1,000g and 247,000g were used for BAT. The proteins from isolated LDs were separated by SDS-PAGE and visualized by silver staining (upper panel). The marker proteins for LDs (PLIN5, ADRP/PLIN2, Rab18, and p-HSL) and for mitochondria (Mfn2, VDAC, and Prohibitin) were determined by Western blots (lower panel) (cite from Cui et al., 2019).


Another fundamental question remaining to be answered for this anchoring hypothesis (Figure 3), is whether two types of contact are interchangeable based on physiological requirements. If this is possible, dynamic contact could transition to stable contact and back as energetic requirements fluctuate. Alternatively, if these are permanent states of association, there may be other important structural and functional differences between these two states. It is possible that mitochondria and LDs locked in stable contact coordinate in a manner similar to some protein complexes. In this case, it may be useful to think of LD and mitochondrion engaged in a stable contact as a distinct cellular structure, an organelle complex. Nevertheless, we suggest that both morphological and biochemical methods should be used together to study the contact between LDs and mitochondria as well as other organelle contacts.
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FIGURE 3. Anchoring hypothesis of the contact between LDs and mitochondria. Based on previous studies from ours and other laboratories, the working hypothesis is proposed that there are two types of contact (dynamic and stable) between LDs and mitochondria in oxidative cells. Dynamic contact can tether LDs and mitochondria through protein complexes. Stable contact can anchor mitochondria on LDs by nail- or rivet-like proteins.


To conduct the biochemical and biophysical study for the contact between LDs and mitochondria using isolation method, two critical factors should be addressed for isolation of LDs from BAT and brown adipocytes since they contain supersize LDs that are fragile and easy to be broken. These factors are (1) stringency of homogenization and (2) centrifugal force of floatation. Three homogenization methods that have been applied on BAT and brown adipocytes are listed by stringency (low to high): Nitrogen Cavitation technology (N2 bomb) (Cui et al., 2019), grinding tissue on 200-mesh screen using plastic syringe piston (Yu et al., 2015; Cui et al., 2019), and dounce homogenization (Benador et al., 2018). The centrifugal force has been utilized for sample from BAT and brown adipocytes ranging from 500 to 100,000g depending on the processes of isolation, washing, and separation. The high homogenization stringency and high centrifugal force can remove nonspecific bound contaminations but result missing of supersize LDs. But low centrifugal force cannot float small LDs efficiently (Zhang et al., 2016). Therefore, homogenization methods and centrifugal forces should be selected properly to control the quality, the size, and the type of LDs isolated from different tissues and cells.

Finally, based on previous studies from ours and other laboratories, the working hypothesis is proposed that there are two types of contact (dynamic and stable) between LDs and mitochondria in oxidative cells (Figure 3). The co-isolation method is introduced to study the contact between LDs and mitochondria, as well as other bilayer membrane-bound organelles. Combined with morphological and biochemical approaches, the co-isolation study is going to uncover new aspects toward to better dissect and understand the contact between these two organelles.
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Endosome maturation refers to the conversion of early endosomes (EEs) to late endosomes (LEs) for subsequent fusion with lysosomes. It is an incremental process that involves a combination of endosome fusion and fission and which occurs at contact sites between endosomes and the endoplasmic reticulum (ER), with knowledge of the underlying mechanisms having increased greatly in recent years. Protrudin is an ER-resident protein that was originally shown to regulate neurite formation by promoting endosome trafficking, whereas PDZD8 is a mammalian paralog of a subunit of the yeast ERMES (ER-mitochondrial encounter structure) complex that possesses lipid transfer activity. A complex of protrudin and PDZD8 was recently found to promote endosome maturation by mediating lipid transfer at ER-endosome membrane contact sites. This review focuses on the roles of the protrudin-PDZD8 complex in tethering of endosomes to the ER, in mediating lipid transfer at such contact sites, and in regulating endosome dynamics, especially in neuronal cells. It also addresses the physiological contribution of endosome maturation mediated by this complex to neuronal polarity and integrity.
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INTRODUCTION

Most intracellular organelles of eukaryotic cells communicate with the endoplasmic reticulum (ER) network through membrane contact sites (MCSs), at which the membranes of the ER and the interacting organelle come into close proximity and are tethered. MCSs are thus thought to function as intracellular synapses, where molecular information is exchanged.

Neurons are polarized cells that consist of two distinct portions, the somatodendritic compartment and the axon. Trafficking of endosomes along the axon toward its terminus plays an important role in axonal outgrowth directed toward target cells as well as in neurotransmitter release. Protrudin was first identified as a protein that promotes neurite outgrowth through regulation of directional endosome trafficking (Shirane and Nakayama, 2006; Shirane, 2019). The protrudin binding proteins VAP [vesicle-associated membrane protein (VAMP)–associated protein] and KIF5 (kinesin heavy chain 5) also contribute to endosome trafficking (Saita et al., 2009; Matsuzaki et al., 2011), and protrudin-dependent regulation of such trafficking is mediated at MCSs between the ER and late endosomes (LEs) (Raiborg et al., 2015).

Axonopathy, a type of neurodegeneration, is caused by damage to the axon of neurons. The longest axons in the central nervous system of mammals are located in the corticospinal tract, which is the neural circuit responsible for voluntary movement. Hereditary spastic paraplegia (HSP) is an axonopathy in which upper motor neurons in the corticospinal tract undergo degeneration (Blackstone, 2012; Hubner and Kurth, 2014). Many HSP-related proteins—including spastin, REEPs (receptor expression–enhancing proteins), reticulons, atlastins, as well as protrudin—have been identified (Mannan et al., 2006; Hashimoto et al., 2014; Pyle et al., 2015; Connell et al., 2020). Most such proteins contain a hairpin domain, which is a key determinant of membrane structure and function in the ER. HSP-related proteins have recently been implicated in the regulation of endosome maturation at ER-endosome MCSs (Allison et al., 2017), although the physiological role and regulatory mechanisms of such maturation remain to be fully elucidated. A new study has now revealed that protrudin-dependent lipid transfer from the ER to endosomes promotes endosome maturation at ER-endosome MCSs (Shirane et al., 2020b). Protrudin-deficient mice show no signs of axonopathy, however, but instead manifest an abnormal behavioral phenotype (Shirane et al., 2020a), suggesting that protrudin might play an important role in normal neuronal development and behavior.

In this review, I summarize what is known of the mechanism responsible for regulation of endosome maturation by protrudin and its relation to the pathogenesis of neurological disease. We also address the role of PDZD8 (PDZ domain–containing protein 8), a protrudin-interacting protein, in the lipid transfer process underlying endosome maturation. Finally, we discuss the contribution of the protrudin-PDZD8 complex and its lipid transfer function to the maintenance of neuronal polarity and integrity.



PROTRUDIN REGULATES DIRECTIONAL ENDOSOME TRAFFICKING

Protrudin was originally discovered as a protein of unknown function that interacts with FK506 binding protein 38 (FKBP38) (Shirane and Nakayama, 2003; Shirane et al., 2008; Saita et al., 2013). Forced expression of protrudin in cultured cells resulted in pronounced membrane deformation followed by the formation of long protrusions, hence the designation “protrudin” (Shirane and Nakayama, 2006). Protrudin is an ER-resident protein that harbors various functional domains including a Rab11 binding domain (RBD11), two transmembrane (TM) domains, a hairpin (HP) domain, a low complexity region (LCR), a two phenylalanine in an acidic tract (FFAT) motif, a coiled-coil (CC) domain, and a Fab1, YOTB, Vac1, and EEA1 (FYVE) domain. These structural characteristics underlie the multiple functions of protrudin in the regulation of organelle dynamics including directional endosome trafficking and ER morphogenesis.

Rab GTPases are master regulators and markers of organelle identity in the endocytic pathway (Zerial and McBride, 2001; Stenmark, 2009; Wandinger-Ness and Zerial, 2014). The transformation of early endosomes (EEs) to LEs is accompanied by a switch in associated Rab protein from Rab5 to Rab7, whereas recycling endosomes (REs) are associated with Rab11. The GTP-bound (active) form of Rab11 promotes directional trafficking of REs from the apical to the basolateral domain of epithelial cells as well as from the axonal to the somatodendritic domain of neurons. In contrast, the GTP-bound form of Rab7 promotes LE trafficking toward the axon terminal in neuronal cells. Protrudin interacts with both the GDP-bound (inactive) form of Rab11 (Shirane and Nakayama, 2006) and the GTP-bound form of Rab7 (Raiborg et al., 2015) and appears to function as a hub for endosomal trafficking by inhibiting Rab11-dependent RE trafficking and promoting Rab7-dependent LE trafficking (Figure 1). Protrudin thus increases the supply of membrane to the tip of neurites by facilitating axonal transport of membrane-containing endosomes, resulting in polarized neurite outgrowth.
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FIGURE 1. Protrudin regulates endosome dynamics underlying directional endosome trafficking in neuronal cells through interaction with Rab GTPases and KIF5. Protrudin interacts with the GDP-bound (inactive) form of Rab11 and thereby inhibits RE trafficking toward dendritic spines. It also interacts with the GTP-bound (active) form of Rab7 and thereby promotes LE trafficking toward the axon terminal (upper insert). In addition, protrudin tethers LEs to the ER at MCSs, where it loads LEs with the microtubule-dependent motor protein KIF5. The subsequent release of the KIF5-loaded LEs to microtubules results in their transport from the minus end to the plus end of the microtubules in the direction of the axon terminal (lower insert).


Protrudin also interacts with the microtubule-dependent motor protein KIF5, which mediates anterograde cargo trafficking along microtubules of axons in the plus-end direction (Saita et al., 2009; Matsuzaki et al., 2011; Ohnishi et al., 2014). Indeed, protrudin was recently shown to facilitate loading of the endosome membrane with KIF5 at ER-LE MCSs, with the KIF5-loaded endosomes then being released for interaction with microtubules (Raiborg et al., 2015; Figure 1).

VAP has also been identified as a protrudin binding protein (Saita et al., 2009), with the major sperm protein (MSP) domain of VAP mediating interaction with the FFAT motif of protrudin. VAP resides at MCSs and is implicated in lipid transfer processes (Helle et al., 2013; Phillips and Voeltz, 2016; Salvador-Gallego et al., 2017; Wu et al., 2018). Both the interaction of protrudin with VAP and the induction of process formation by protrudin were found to be attenuated by mutation of the FFAT motif of protrudin. Knockdown of VAP also resulted in mislocalization of protrudin and in inhibition of neurite outgrowth induced by nerve growth factor in PC12 pheochromocytoma cells, suggesting that binding to VAP is indispensable for the regulation of endosome trafficking by protrudin (Saita et al., 2009).

The precursor mRNA for protrudin is alternatively spliced, resulting in the generation of mature transcripts for two different isoforms of protrudin, designated L (long) and S (short) (Ohnishi et al., 2014). Protrudin-S appears to be ubiquitously expressed in mammalian tissues, whereas protrudin-L is expressed specifically in neuronal cells. Relative to protrudin-S, protrudin-L contains an additional seven amino acids encoded by exon L. These additional residues are located adjacent to the FFAT motif, which mediates binding to VAP, with the result that the binding affinity of protrudin-L for VAP is greater than that of protrudin-S. Protrudin-L is thus more effective at promoting neurite outgrowth than is protrudin-S. The neural-specific splicing regulator SRRM4 was found to promote the splicing of protrudin pre-mRNA to yield protrudin-L mRNA (Ohnishi et al., 2017).



ENDOSOME MATURATION AT ER-ENDOSOME MCSs

Endosomes play an important role in fundamental cellular activities. A subset of EEs formed by endocytosis through invagination of the plasma membrane undergoes conversion to LEs. LEs contain multiple intraluminal vesicles (ILVs) that are derived from luminal invaginations of the LE membrane, and so they are also known as multivesicular bodies (MVBs) (Huotari and Helenius, 2011). Endosome maturation is the process by which EEs are converted to LEs for fusion with lysosomes, which degrade endocytosed material for reutilization. It is an incremental process, with the vesicles on this continuum being collectively referred to as endolysosomes (LyLEs) (Hong et al., 2017). In addition to this degradation pathway dependent on the endocytic machinery, another subset of EEs is delivered to a recycling pathway, in which the EEs are converted to REs for recycling of material back to the plasma membrane. Some LEs also undergo exocytosis, resulting in the release of their ILVs as extracellular vesicles known as exosomes, which play a key role in intercellular communication (Colombo et al., 2014).

The membrane dynamics of endosome maturation are largely attributable to a combination of endosome fission and fusion (Rowland et al., 2014; Allison et al., 2017; Hoyer et al., 2018). Such fission and fusion as well as the transport of LEs are thought to depend on lipid transfer at ER-endosome MCSs (Johansson et al., 2005, 2007). However, the factors that tether endosomes to the ER at MCSs and the mechanism underlying such lipid transfer from the ER to endosomes had been mostly unknown until recently (Kobuna et al., 2010; Huotari and Helenius, 2011; van der Kant and Neefjes, 2014; Dong et al., 2016; Wong et al., 2018).



RELATION OF ER-ENDOSOME MCSs TO THE MECHANISM OF AXONOPATHY

Mutations of the protrudin gene (ZFYVE27) are responsible for a subset of cases of HSP (Mannan et al., 2006; Zhang et al., 2012; Hashimoto et al., 2014; Hubner and Kurth, 2014; Powers et al., 2017; Fowler et al., 2019). The genes mutated in different subsets of individuals with HSP are referred to as spastic paraplegia genes (SPGs), and protrudin is therefore also referred to as SPG33. The predominant clinical features of HSP are progressive spasticity and weakness of the lower limbs caused by degeneration of the long axons of motor neurons in the corticospinal tract. Proteomics analysis of the brain of neuron-specific protrudin transgenic mice showed that protrudin associates with multiple HSP-related proteins including myelin proteolipid protein 1 (SPG2), atlastin 1 (SPG3A), REEP1 (SPG31), REEP5, KIF5A (SPG10), KIF5B, KIF5C, and reticulons 1, 3, and 4 (which are similar to reticulon 2, or SPG12) (Hashimoto et al., 2014). Protrudin was also found to bind to spastin (SPG4) (Mannan et al., 2006). These various HSP-related proteins contain an HP domain, a hydrophobic wedge-shaped structure whose insertion into the cytosolic side of the ER membrane results in bending of the membrane bilayer and the formation of high-curvature tubules (Shibata et al., 2006; Voeltz et al., 2006; Hu et al., 2008, 2009). The axonopathy associated with HSP has therefore been suggested to result from an abnormal ER morphology that affects the smooth ER network and increases susceptibility to ER stress (Hashimoto et al., 2014; Figure 2). HSP caused by mutation of the protrudin gene may thus be attributable to a dominant negative effect resulting from accumulation of the mutant protein in the ER membrane and consequent ER stress.
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FIGURE 2. HSP-related proteins regulate ER morphology through HP domains. HSP is an axonopathy that is caused by mutation of various genes and which is characterized by the degeneration of motor neurons in the corticospinal tract and consequent progressive spasticity and weakness of the lower limbs. The proteins encoded by such HSP-related genes—including spastin, REEPs, atlastins, and reticulons as well as protrudin—contain an HP domain. This hydrophobic wedge-shaped domain inserts into the cytosolic side of the ER membrane, resulting in bending of the membrane bilayer and the formation of high-curvature tubules. The HSP-associated mutant forms of these proteins give rise to structural defects in the smooth ER and an abnormal ER network.


Neurons with HSP-associated mutations of the genes for spastin or REEP1 were recently found to manifest abnormal enlargement of LEs and lysosomal dysfunction as a result of defects in ER-endosome MCSs and impaired endosomal homeostasis (Allison et al., 2017; Lee et al., 2020). As described in more detail below, disruption of the protrudin-PDZD8 complex has also been shown to result in the formation of abnormal LEs as well as in disturbance of neuronal polarity and axonal degeneration (Shirane et al., 2020b). These findings implicate the protrudin-PDZD8 complex in regulation of endosome maturation at ER-endosome MCSs.

A recent study has shed light on the physiological role of protrudin by subjecting protrudin-deficient mice to a comprehensive battery of behavioral tests (Shirane et al., 2020a). The protrudin-deficient mice showed no signs reminiscent of HSP, but instead manifested depression-like behavior with abnormalities in activity, attention, and cued fear-conditioning. Mutations of the protrudin gene therefore likely give rise to axonopathy as a result of a gain of toxic function, whereas protrudin nullizygosity gives rise to psychiatric-like disorders as a result of a loss of function. These findings suggest that protrudin might play an indispensable role in normal neuronal development and behavior (Figure 3).
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FIGURE 3. Phenotypes associated with point mutation or deletion of the protrudin gene. Mutations of the protrudin gene (ZFYVE27) in humans give rise to axonopathy as a result of degeneration of motor neurons caused by a gain of toxic function (left). In contrast, deletion of the protrudin gene in mice gives rise to psychiatric-like disorders including depression-like behavior with abnormalities in activity, attention, and cued fear-conditioning as a result of a loss of function (right). The pathophysiologic mechanism, including the identity of the affected brain regions and neuronal circuits, underlying such behavioral defects in protrudin-deficient mice remains to be determined, but these deficits suggest that protrudin might play an indispensable role in the nervous system.




THE PROTRUDIN-PDZD8 COMPLEX AT ER-ENDOSOME MCSs

A differential proteomics analysis of brain extracts from wild-type and protrudin-deficient mice was performed to identify proteins that might function cooperatively with protrudin at ER-endosome MCSs. This analysis uncovered PDZD8, in addition to VAP-A and VAP-B, as a key binding partner of protrudin (Elbaz-Alon et al., 2020; Shirane et al., 2020b). An independent study also identified protrudin as a binding partner of PDZD8 (Elbaz-Alon et al., 2020). PDZD8 is a mammalian paralog of yeast Mmm1, a subunit of the ER-mitochondrial encounter structure (ERMES) complex. This complex mediates interaction between the ER and mitochondria and contributes to the biosynthesis of phospholipids by mediating lipid transfer in a manner dependent on the synaptotagmin-like mitochondrial lipid–binding protein (SMP) domain of Mmm1 (Figure 4; Kornmann et al., 2009). Although PDZD8 was also known to tether the ER and mitochondria and to regulate Ca2+ dynamics in neurons (Hirabayashi et al., 2017), it was only shown to possess lipid transfer activity after its identification as a binding partner of protrudin (Shirane et al., 2020b). Protrudin and PDZD8 form a stable complex at the ER membrane, with the abundance of protrudin being greatly diminished in the brain of PDZD8-deficient mice. Knockdown of PDZD8 in PC12 cells also resulted in a loss of protrudin that was dependent on the proteasome (Shirane et al., 2020b).
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FIGURE 4. PDZD8 mediates lipid transfer from the ER to endosomes. The yeast ERMES complex—which contains Mmm1, Mdm12, Mdm10, and Mdm34—mediates the transfer of phospholipids between the ER and mitochondria in both directions (left). On the other hand, PDZD8, a mammalian paralog of Mmm1, mediates the transfer of several types of lipid from the ER to endosomes in a manner dependent on its SMP domain (right). The C1 domain of PDZD8 contributes to tethering of endosomes to the ER through its interaction with PS or PI4P in the endosome membrane. The CC domain of PDZD8 also supports such tethering through its interaction with the GTP-bound form of Rab7.


Immunofluorescence analysis by super-resolution microscopy revealed that, like protrudin, PDZD8 is located at MCSs between the ER and endosomes (Shirane et al., 2020b). PDZD8 colocalized to a markedly greater extent with the ER than with endosomes at these MCSs, consistent with the notion that it is an ER-resident protein that makes contact with endosomes. The number of ER-endosome contacts was also found to be reduced in cells depleted of protrudin or PDZD8 by RNA interference. Although such depletion of protrudin or PDZD8 also attenuated MCS formation between the ER and mitochondria, this effect was less pronounced than that on ER-endosome contacts. Furthermore, protrudin and PDZD8 showed a synergistic effect on formation of ER-endosome contacts (Shirane et al., 2020b).

PDZD8 also contains a CC domain that interacts with the GTP-bound form of Rab7, which localizes to LEs (Chavrier et al., 1990; Raiborg et al., 2015; Guillen-Samander et al., 2019). In addition, a recent study suggested that the protrudin-PDZD8 complex resides at a microdomain at which three organelles—the ER, endosomes, and mitochondria—come into contact with each other (Elbaz-Alon et al., 2020). However, further studies are needed to reveal the physiological function of such ER-endosome-mitochondrion contacts mediated by the protrudin-PDZD8 complex.



PDZD8 POSSESSES LIPID TRANSFER ACTIVITY

MCSs mediate lipid transfer, Ca2+ homeostasis, and organelle dynamics. PDZD8 regulates Ca2+ dynamics in neurons, and it contains a SMP domain characteristic of the TULIP (tubular lipid-binding protein) superfamily of proteins that possess lipid transfer activity (Kopec et al., 2010; Watanabe et al., 2015; Alva and Lupas, 2016). Furthermore, as mentioned above, the yeast PDZD8 paralog Mmm1 mediates lipid transfer by the ERMES complex (Kornmann et al., 2009). A liposome–FRET (fluorescence resonance energy transfer) assay was therefore applied to determine whether PDZD8 also possesses lipid transfer activity. For this assay, donor liposomes were prepared by mixing rhodamine-labeled lipid and nitrobenzoxadiazole (NBD)–labeled lipid, with the result that NBD fluorescence was quenched by FRET. Extraction of lipids from the donor liposomes and their dispersal by PDZD8 would abolish such quenching and thereby allow the detection of NBD fluorescence. This assay revealed that phospholipids—including phosphatidic acid, phosphatidylserine (PS), phosphatidylethanolamine, and phosphatidylcholine—as well as ceramide and cholesterol were extracted from the donor liposomes by PDZD8 (Shirane et al., 2020b).

Lipid transfer between membranes comprises two steps, lipid extraction from the donor membrane and lipid insertion into the acceptor membrane. These steps are distinguishable by performance of the liposome-FRET assay in the absence or presence of acceptor liposomes. Such analysis showed that PDZD8 possesses only lipid extraction activity, with this activity presumably being unidirectional from the ER to other organelles in vivo. In addition, both the SMP and PDZ domains of PDZD8 were found to contribute to this lipid extraction activity. As a result of the insolubility of full-length PDZD8, the liposome-FRET assay was performed with a recombinant protein consisting of glutathione S-transferase (GST) fused to a form of PDZD8 lacking the TM domain [PDZD8(ΔTM)]. The mutant protein was thus unable to dock in the liposome membrane. This drawback was subsequently addressed by the addition of DGS-NTA(Ni), a conjugated phospholipid that binds the hexahistidine epitope tag, to the donor liposomes. Performance of the assay with His6-PDZD8(ΔTM) thus allowed association of the tagged PDZD8 protein with the liposome membrane. Under these conditions, PDZD8 also showed lipid extraction activity (Shirane et al., 2020b).

Although the typical C1 domain binds to diacylglycerol, PDZD8 possesses a C1 domain that was found to preferentially interact with PS and phosphatidylinositol 4-phosphate (PI4P) but not with diacylglycerol (Shirane et al., 2020b). By analogy to extended synaptotagmin (E-Syt) proteins (Giordano et al., 2013; Schauder et al., 2014; Saheki et al., 2016; Bian et al., 2018), the C1 domain of PDZD8 might tether the ER and endosomes by interaction with PS and PI4P enriched in the endosome membrane. Such ER-endosome tethering might be regulated by an intracellular signal that induces a conformational change of PDZD8, resulting in an increase in lipid extraction activity mediated by its SMP domain. The tethering is also promoted by interaction between the CC domain of PDZD8 and the GTP-bound form of Rab7 (Raiborg et al., 2015; Guillen-Samander et al., 2019). PDZD8 likely promotes lipid transfer in vivo (Figure 4), given that depletion of PDZD8 results in a decrease in the abundance of PS in endosomes of neurons (Shirane et al., 2020b). However, further experiments will be required to demonstrate definitively the physiological lipid transfer activity of PDZD8.



LIPID TRANSFER PROTEINS AT ER-ENDOSOME MCSs

The mechanism underlying lipid transfer at MCSs has been extensively studied, with multiple tethering factors and lipid transfer proteins having been identified, including those that function at MCSs between the ER and endosomes (Figure 5). VAP (VAP-A and VAP-B) is an ER-resident protein that tethers other organelles to the ER and plays a key role in lipid transfer. VAP interacts via its MSP domain with multiple proteins that contain an FFAT motif (Kaiser et al., 2005; Loewen and Levine, 2005; Saita et al., 2009; Huttlin et al., 2015). Mutations in the MSP domain of VAP-B (also known as ALS8) are responsible for a dominant form of amyotrophic lateral sclerosis (ALS) (Nishimura et al., 2004). FFAT motif–containing proteins that contribute to tethering and lipid transfer at MCSs include oxysterol binding protein (OSBP)–related proteins (ORPs), steroidogenic acute regulatory protein (StAR)–related lipid transfer (START) domain–containing proteins, phosphatidylinositol transporter protein (PITP) domain–containing proteins, and Sec14-like proteins. With regard to lipid transfer at ER-endosome MCSs, OSBP and ORPs transport lipids such as sterol and phosphoinositides at MCSs (Olkkonen and Li, 2013); OSBP together with SNX2 and VAP regulates endosome budding through control of actin nucleation and retromer function at ER-endosome MCSs (Dong et al., 2016); ORP1L transports cholesterol from endosomes to the ER in cooperation with VAP and Rab7 (Zhao and Ridgway, 2017; Ma et al., 2018); and ORP5 together with NPC1 mediates the exit of cholesterol from LyLEs at MCSs (Du et al., 2011). The START domain–containing protein STARD3 is anchored to the membrane of LEs and mediates cholesterol transport from the ER to endosomes in concert with VAP (Alpy et al., 2013; Wilhelm et al., 2017). VPS13C, which is associated with early-onset Parkinson’s disease, also tethers the ER and endosomes and transfers lipids at MCSs in cooperation with VAP and Rab7 (Lesage et al., 2016; Kumar et al., 2018; Gillingham et al., 2019).
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FIGURE 5. Lipid transfer proteins at ER-endosome MCSs. Many intracellular compartments—including endosomes, lysosomes, the plasma membrane (PM), mitochondria, the Golgi apparatus, and lipid droplets (LD)—are tethered to the ER at MCSs (upper). Representative protein complexes that tether the ER and endosomes are shown (upper insert). ORP1L, which is recruited to endosomes through PI4P and Rab7, interacts with the ER-resident protein VAP and transfers cholesterol (Chol) from endosomes to the ER. The endosome-resident protein STARD3 binds to VAP and transports cholesterol from the ER to endosomes. The protrudin-PDZD8-VAP complex, which is localized at the ER and tethers endosomes through interaction with Rab7 and phosphoinositides (PIPs), transfers lipids from the ER to endosomes. The domain structure and subcellular localization of these various proteins are also shown (lower). The MSP domain of VAP interacts with the FFAT motifs of lipid transfer proteins such as ORP1L and STARD3. Both ORP1 and STARD3 possess lipid transfer domains: ORD and START, respectively. Protrudin also has an FFAT motif, and PDZD8 harbors a lipid transfer–related SMP domain. Both protrudin and PDZD8 interact with Rab7 and PIPs associated with the endosome membrane.


It has also now been revealed that PDZD8, which harbors a lipid transfer–related SMP domain, interacts with the FFAT motif–containing protein protrudin as well as with Rab7. The protrudin-PDZD8 complex tethers the LyLE membrane to the ER and promotes lipid transfer from the ER to endosomes (Figure 5). The FYVE domain of protrudin is atypical in that the amino acid sequences responsible for binding to PI3P are not conserved and that it binds to several lipids such as PI(4,5)P2, PI(3,4)P2, and PI(3,4,5)P3 (Gil et al., 2012). Furthermore, Rab7 interacts with both protrudin and PDZD8 (Raiborg et al., 2015; Guillen-Samander et al., 2019). However, it remains an open question and warrants further investigation whether both protrudin and PDZD8 are bound to the endosomal membrane simultaneously. Protrudin, PDZD8, and Rab7 are all related to neurological disorders, with mutations in the protrudin gene giving rise to the axonopathy HSP (Mannan et al., 2006; Hashimoto et al., 2014), protrudin-deficient mice manifesting psychiatric-like disorders (Shirane et al., 2020a), mutations in the PDZD8 gene being a risk factor for posttraumatic stress disorder (PTSD) (Bharadwaj et al., 2018), and mutations in the Rab7 gene causing another axonopathy, Charcot-Marie-Tooth disease (CMT) (Verhoeven et al., 2003; McCray et al., 2010).



ENDOSOME MATURATION INFLUENCES NEURONAL POLARITY AND INTEGRITY

The amounts of endogenous protrudin and PDZD8 are higher in the brain than in other tissues, suggesting that the protrudin-PDZD8 complex may function selectively in the nervous system. Depletion of protrudin or PDZD8 with the use of small interfering RNAs (siRNAs) in mouse primary neurons induced abnormal enlargement of LEs, with the resulting vesicles thus being designated abnormal large vacuoles (ALVs) (Shirane et al., 2020b). This phenotype caused by PDZD8 depletion was rescued by additional expression of an siRNA-resistant form of PDZD8 but not by that of a lipid extraction–deficient mutant [PDZD8(ΔSMP)]. The ALVs were also observed in neurons expressing PDZD8(ΔSMP) in the presence of endogenous PDZD8, likely as a result of a dominant negative effect of the mutant protein on the normal fission of LyLEs. The ALVs showed an aberrant multilamellar ultrastructure without ILVs. This phenotype was also highly reminiscent of that of neurons of spastin or REEP1 mutant mice (Allison et al., 2017).

Neurons depleted of PDZD8 showed a reduced axon length and increased somatodendritic area (Shirane et al., 2020b), reflecting impairment of cell polarity, and these abnormalities were similar to those of neurons derived from protrudin-deficient mice (Ohnishi et al., 2014; Shirane et al., 2020b). These observations thus suggested that the protrudin-PDZD8 complex is essential for the establishment of cell polarity in neurons.

Defects in ER-endosome contacts induced by HSP-associated mutations of spastin or REEP1 result in lysosomal abnormalities in neurons (Allison et al., 2017). The fact that mutations of the protrudin gene also cause HSP suggested that the protrudin-PDZD8 system might contribute to maintenance of neuronal integrity. Neurons depleted of protrudin or PDZD8 indeed manifested a morphology consistent with axonal degeneration (Shirane et al., 2020b), including axonal thinning as well as dissociation of Tau1 from microtubules (Morris et al., 2011). This phenotype thus suggested that the protrudin-PDZD8 system protects neurons from axonal degeneration and is essential for neuronal integrity (Figure 6). Given that mutations of the PDZD8 gene have been associated with PTSD (Bharadwaj et al., 2018), further study of the physiological role of PDZD8 by analysis of PDZD8-deficient mice is warranted.
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FIGURE 6. Protrudin regulates endosome maturation at ER-endosome MCSs in neurons and thereby maintains neuronal integrity. Protrudin interacts with VAP, PDZD8, and Rab7 at ER-endosome MCSs, at which lipids are transferred from the ER to endosomes in a manner dependent on the SMP domain of PDZD8, resulting in endosome maturation. Mutations of protrudin, VAP, PDZD8, or Rab7 gene are related to neurological disorders.




CONCLUSION

I have here focused on the role of protrudin at ER-endosome MCSs in endosome maturation in neurons. Protrudin regulates endosome dynamics as well as ER structure, especially in neuronal cells. Mutations of the protrudin gene in humans give rise to the axonopathy HSP as a result of a gain of toxic function. Ablation of the protrudin gene in mice, however, gives rise to psychiatric-like disorders as a result of a loss of function, suggesting that protrudin might play an indispensable role in normal neuronal development and behavior. Protrudin forms a complex with PDZD8 as well as interacts with VAP and Rab7 at ER-endosome contacts. PDZD8 is a mammalian paralog of the ERMES subunit Mmm1, which mediates lipid transfer between the ER and mitochondria. PDZD8 in association with protrudin similarly mediates lipid transfer from the ER to endosomes and thereby contributes to endosome maturation and maintenance of neuronal integrity. The types of lipids transferred by the protrudin-PDZD8 complex in vivo remain to be determined. In addition, the detailed mechanism underlying lipid transfer mediated by the protrudin-PDZD8 complex at ER-endosome MCSs, including the identity of the factor or factors responsible for lipid insertion, awaits further investigation.
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Membrane-bound and membraneless organelles/biomolecular condensates ensure compartmentalization into functionally distinct units enabling proper organization of cellular processes. Membrane-bound organelles form dynamic contacts with each other to enable the exchange of molecules and to regulate organelle division and positioning in coordination with the cytoskeleton. Crosstalk between the cytoskeleton and dynamic membrane-bound organelles has more recently also been found to regulate cytoskeletal organization. Interestingly, recent work has revealed that, in addition, the cytoskeleton and membrane-bound organelles interact with cytoplasmic biomolecular condensates. The extent and relevance of these complex interactions are just beginning to emerge but may be important for cytoskeletal organization and organelle transport and remodeling. In this review, we highlight these emerging functions and emphasize the complex interplay of the cytoskeleton with these organelles. The crosstalk between membrane-bound organelles, biomolecular condensates and the cytoskeleton in highly polarized cells such as neurons could play essential roles in neuronal development, function and maintenance.
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INTRODUCTION

Cells execute numerous biochemical processes that need to be spatiotemporally regulated in the crowded cellular environment. This organization can be achieved by compartmentalization of the cell into functionally and morphologically distinct domains that include both membrane-bound organelles, such as the endoplasmic reticulum (ER), mitochondria and the endo-lysosomal system, and less well-characterized compartments that lack a lipid membrane called membraneless organelles or biomolecular condensates. These biomolecular condensates form by a process called phase separation that drives liquid-liquid demixing from the surrounding environment to create a local concentration of specific proteins and RNAs thereby promoting or inhibiting certain biochemical reactions (Banani et al., 2017; Boeynaems et al., 2018). Phase separation is driven by multivalent protein-protein, RNA-RNA and protein-RNA interactions (Boeynaems et al., 2018; Tauber et al., 2020). Biomolecular condensates have been identified in both the nucleus (e.g., the nucleolus, nuclear speckles, PML bodies and Cajal bodies) and the cytoplasm [e.g., germ granules, processing bodies (P-bodies), stress granules (SGs), and RNP transport granules] and a quickly increasing amount of work is revealing that these condensates are involved in many different cellular processes such as cell division, ribosome biogenesis, regulation of RNA metabolism, and signal transduction (Banani et al., 2017; Boeynaems et al., 2018; Sabari et al., 2020).

Another essential component important for cellular organization is the cytoskeleton. The cytoskeleton consists of actin filaments, intermediate filaments, and microtubules (MTs) that form a dynamic and highly extensive network throughout the cell. The cytoskeleton determines cell shape, cell polarity, and mechanics and regulates cell division. In addition, it provides the tracks along which proteins, mRNAs and organelles can be transported driven by motor proteins, which is most prominent in highly polarized and morphologically complex cells such as neurons. This intracellular transport ensures the proper distribution, organization and dynamics of both membrane-bound organelles and biomolecular condensates. In animal cells, long-range organelle transport is mainly achieved on the microtubule cytoskeleton whereas the actin cytoskeleton regulates short-range cargo transport (Hirokawa et al., 2009; Burute and Kapitein, 2019). In plant cells, these roles are reversed with the actin cytoskeleton mainly driving the rapid motion of organelles called cytoplasmic streaming (Geitmann and Nebenfuhr, 2015).

The cytoskeleton, membrane-bound organelles and biomolecular condensates function together and are known to interact and communicate with each other. Contacts between membrane-bound organelles have been observed for many years. For instance, the ER can make extensive and dynamic contacts with other membrane-bound organelles such as mitochondria, the trans-Golgi network (TGN), the endo-lysosomal system, the plasma membrane and lipid droplets at so-called membrane contact sites (MCSs) (reviewed in Phillips and Voeltz, 2016; Fowler et al., 2019). MCSs, mediated by tethering proteins, provide an alternative to vesicle-dependent inter-organelle communication by allowing the exchange of small molecules and ions between organelles that is essential to maintain cellular homeostasis (Scorrano et al., 2019). More recent evidence has shown that these interactions play important roles in organelle positioning, dynamics and function. In addition to contacts between membrane-bound organelles, interactions between membrane-bound organelles and biomolecular condensates have emerged increasingly over the past few years (Zhao and Zhang, 2020). These discoveries have brought exciting new prospects to inter-organelle communication within the cell, but it remains largely unclear how these contacts are formed and regulated and what roles they play in cellular function. In addition, the role of the cytoskeleton in these contacts and the interplay of these organelles and condensates with the cytoskeleton are just beginning to emerge. Understanding the complex relationship and interplay between the cytoskeleton, membrane-bound organelles and biomolecular condensates is imperative since dysfunction of each of these components and the dysregulation of their interactions are known to be involved in several neurodegenerative diseases including hereditary spastic paraplegia (HSP) and amyotrophic lateral sclerosis (ALS) (Fowler et al., 2019; Sleigh et al., 2019; Zbinden et al., 2020).

In this review, we will discuss the current knowledge on the intricate interplay between the cytoskeleton, membrane-bound organelles and biomolecular condensates and expand the idea that this interplay is essential for many crucial cellular processes. In the first section, we will discuss how the cytoskeleton affects the organization and dynamics of membrane-bound organelles such as the ER and mitochondria; and conversely how dynamic membrane-bound organelles can affect cytoskeletal organization. Then we will explore complex interactions between membrane-bound organelles in conjunction with the cytoskeleton. In the second section, we will explore the role of the cytoskeleton in the transport and dynamics of biomolecular condensates and discuss how these condensates can influence the cytoskeleton. In the third section, we will discuss the interactions between membrane-bound organelles and biomolecular condensates and emphasize the intricate interplay of these contacts with the cytoskeleton. Finally, we will explore the link of these complex interactions with neurodegenerative diseases and point out open questions in this field.



THE INTERPLAY BETWEEN MEMBRANE-BOUND ORGANELLES AND THE CYTOSKELETON

The correct positioning of organelles, mediated by motor protein-driven intracellular transport along the microtubule and actin cytoskeleton, is essential for many cellular functions (reviewed in Rogers and Gelfand, 2000; Bonifacino and Neefjes, 2017; Burute and Kapitein, 2019). However, it has only recently become increasingly recognized that there is an intricate interplay between various membrane-bound organelles and the cytoskeleton that extends beyond single organelle movement. For instance, membrane-bound organelles are remodeled by the cytoskeleton and reciprocally, dynamic membrane-bound organelles contribute to cytoskeletal organization. Moreover, complex inter-organelle interactions have been found to play important roles in the transport, organization and dynamics of membrane-bound organelles in coordination with the cytoskeleton. In this section, we discuss this reciprocal crosstalk and their important cellular functions which are essential to maintain cellular homeostasis.


The Role of the Cytoskeleton in Membrane-Bound Organelle Organization


The Influence of the Cytoskeleton on the ER Network

The ER is the largest membrane-bound organelle and is involved in many crucial cellular functions including protein synthesis and processing, calcium storage and lipid metabolism (Rapoport, 2007; Fagone and Jackowski, 2009; Braakman and Hebert, 2013; Schwarz and Blower, 2016). The ER consists of dynamic tubules and sheets, which form a continuous interconnected network throughout the cell (English et al., 2009; Friedman and Voeltz, 2011; Goyal and Blackstone, 2013). In unpolarized cells, ER sheets are localized to the perinuclear area whereas the interconnected tubules can extend throughout the periphery of the cell (Shibata et al., 2006; Chen et al., 2013). In polarized neurons, it has been shown that ER tubules can localize to both structurally and functionally different neuronal compartments, the somatodendritic and axonal domains; however, ER sheets are excluded from the axon (Wu et al., 2017; Farias et al., 2019).

The morphology of the ER is maintained by ER-shaping proteins. For instance, ER-resident proteins such as CLIMP63 generate the flattened structure of the sheets, Reticulons induce the high curvature of ER tubules, and the GTPase Atlastin-1 induces homo-fusion of tubules to generate a reticular network. The relative abundance of specific ER-shaping proteins regulates the sheet-to-tubule ratio and fusion between tubules, thus controlling the ER network (reviewed in Zhang and Hu, 2016; Wang and Rapoport, 2019). In addition, other factors may cooperate with these ER-shaping proteins to rearrange the ER network, as ER remodeling occurs in a timescale of milliseconds (Nixon-Abell et al., 2016; Guo et al., 2018).

Although a reticular ER network can be formed in vitro by ER-shaping proteins in absence of the cytoskeleton (Dreier and Rapoport, 2000), the ER can rearrange its network in response to cellular demands and this relies on its interaction with the cytoskeleton. First evidence for a role of MTs in ER organization came from experiments performed with the MT-depolymerizing drug nocodazole, which resulted in the retraction and interconversion of ER tubules into ER sheets (Terasaki et al., 1986). A similar phenotype has been observed in neurons, in which nocodazole induced the retraction of ER tubules from dendrites and the axon into the soma and their interconversion to somatic ER sheets (Farias et al., 2019).

ER network rearrangements can be mediated by the cytoskeleton via four different mechanisms. First, the ER can form contacts with polymerizing MTs at their growing plus ends through the interaction between the ER protein STIM1 and the MT-associated protein EB1 (Figure 1A). Through this “tip attachment complex” (TAC) growing ER tubules can be pulled out by the growing plus end of dynamic MTs (Waterman-Storer and Salmon, 1998; Grigoriev et al., 2008; Rodriguez-Garcia et al., 2020). This TAC mechanism is also involved the reshaping and positioning of the ER important for dendritic spine morphology in hippocampal neurons and for axonal growth cone dynamics in DRG sensory neurons (Pchitskaya et al., 2017; Pavez et al., 2019). A second mechanism that involves an interaction between the ER and MT cytoskeleton is the “sliding mechanism,” in which newly produced ER tubules are coupled to MT-bound motor proteins such as kinesin-1 and dynein and are thereby extended along stable MTs (Figure 1A; Wozniak et al., 2009; Friedman et al., 2010). Knockdown of kinesin-1 and dynein was shown to impair anterograde and retrograde movement of ER tubules along the axon in rat hippocampal neurons, while knockdown of EBs 1–3 did not affect axonal ER distribution but does impair dendritic movement of the ER (Farias et al., 2019). In addition, a newly developed imaging technology called GI-SIM has revealed that newly extended ER tubules via TAC and sliding mechanisms meet and fuse with pre-existing tubules. This suggests a possible role of TAC and sliding mechanisms in maintaining a dynamic reticular ER network (Guo et al., 2018).
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FIGURE 1. The interplay and interactions between membrane-bound organelles and the cytoskeleton. (A) MT-dependent transport of membrane-bound organelles such as mitochondria (i), lysosomes (ii) and the ER (iii) and (iv) in mammalian cells. ER tubules and microtubules can elongate together at the tip of a growing MT (TAC; iii) or ER tubules can be pulled out by microtubules via motor-dependent sliding (iv). (B) MT dynamics is mediated by membrane-bound organelles. MT nucleation can be induced by Golgi outposts (i). MT growth can be regulated by mitochondria (ii) and Rab5 + early endosomes (iii). MTs and the ER colocalize and co-stabilize each other in axons via an interplay between MTs and the ER (iv). (C) ER remodeling is regulated by interactions between the ER and lysosomes in conjunction with the cytoskeleton. ER tubules wrap around lysosomes (i). ER tubules are pulled out by hitchhiking on moving lysosomes (ii). Fission of ER tubules is induced by lysosome collisions (iii). (D) Lysosome fission is regulated by an interaction between the ER and lysosomes in association with the cytoskeleton (i, ii, iii). ER tubules induce lysosome fission (i), ER-MT interactions promote kinesin-1 loading onto lysosomes (ii) and lysosome transport is driven by kinesin-1 along MTs. Mitochondrial fission is mediated by ER tubules (iv, v, vi). ER-mitochondria contacts mark the pre-constriction site (iv), Drp1 is recruited to this pre-constriction site (v) and promotes mitochondrial fission (vi).


A third and recently identified mechanism for ER tubule rearrangement is a depolymerizing TAC (dTAC) mechanism in which newly formed ER tubules can be attached to the depolymerizing end of MTs and can be pulled out while MTs retract. It was suggested that molecules other than STIM1 and EB might play a role in this dTAC mechanism (Guo et al., 2018). However, recent evidence from in vitro assays revealed that at least the same EB protein might be involved in both TAC and dTAC mechanisms in which the amount of the forces applied are different (Rodriguez-Garcia et al., 2020).

Guo et al., also identified another way of MT-dependent ER network rearrangement, the so-called “hitchhiking” mechanism, in which an organelle takes advantage of the transport machinery of another organelle for their translocation. This will be further discussed in section “Complex Inter-Organelle Interactions in Coordination With the Cytoskeleton.”

GI-SIM also revealed a remodeling mechanism in which ER tubules can be extended without any obvious direct or indirect MT involvement called de novo budding. These events were rare and it remains unknown whether the actin cytoskeleton, intermediate filaments or another unseen mediator could be involved in this de novo budding of the ER.

In addition to the involvement of MTs in ER rearrangement, the actin cytoskeleton might also contribute to the remodeling of the ER network. Actin filaments were observed to localize to polygons occupied by surrounding ER. Depolymerization of actin filaments with latrunculin treatment led to a fluctuation in the sheet-to-tubule ratio by increasing the transformation of sheets to tubules and it led to a change in size and morphology of ER sheets in mammalian cells (Joensuu et al., 2014). This suggests an interaction between actin and the ER that supports ER sheet formation.

The actin-based motor protein myosin Va has been shown to be involved in ER motility in animal cells and first evidence for this derived from the lack of ER tubules in dendritic spines in neurons of “dilute” mice and rats, which carry null mutations in the gene encoding for the heavy chain of myosin Va (Dekker-Ohno et al., 1996; Takagishi et al., 1996). Myosin-Va was later revealed to be involved in the translocation of ER into dendritic spines of Purkinje cells and experiments in wildtype and dilute mice support the model that myosin Va uses the actin cytoskeleton for short-range ER transport (Wagner et al., 2011). In a very recent study in CA1 pyramidal cells, expression of a dominant negative mutant for myosin Va reduced the number of spines that contain ER and enhanced mGluR-dependent LTD, which suggests that myosin Va is a key regulator of selective transport of ER tubules into highly active spines that regulates synaptic plasticity (Perez-Alvarez et al., 2020). Another recent study revealed that myosin Va-dependent ER transport into dendritic spines can be finely orchestrated by an intricate interaction between two Ca2+ binding proteins, calmodulin and caldendrin (Konietzny et al., 2020). However, how the actin-based myosin Va motor protein interacts with ER tubules remains to be elucidated. The ER can also dynamically move in and out of dendritic spines from hippocampal neurons and thereby regulate Ca2+ levels important for mGluR-dependent LTD (Toresson and Grant, 2005; Holbro et al., 2009). Treatment of Purkinje cells with low dose nocodazole suggested that the MT-dependency of ER transport into dendritic spines is minor (Wagner et al., 2011). The MT cytoskeleton is also known to transiently enter dendritic spines of hippocampal neurons (Hu et al., 2008; Jaworski et al., 2009). Although MTs are required for long-range transport of ER tubules into dendrites in hippocampal neurons (Farias et al., 2019), it remains unknown whether actin and MT crosstalk can coordinate the entrance of ER tubules into dendritic spines of these neurons.



The Influence of the Cytoskeleton on Mitochondria Dynamics

Mitochondria are the production house for meeting the energy demands of cells and can form a dynamic tubular network. Mitochondria are also responsible for other cellular processes including calcium homeostasis, cell differentiation, apoptosis and metabolic signaling (Nunnari and Suomalainen, 2012). Mitochondrial morphology has to be maintained for its proper functioning and this is mediated by mitochondrial fusion, fission and motility. Whilst in simple eukaryotes such as budding yeast, actin can regulate the transport of mitochondria, in animal cells, mitochondria use motor protein-coupled transport along MTs for long-distance travels while actin filaments ensure short-distance transport of mitochondria (Wu et al., 2013). Transport of mitochondria is especially essential in neurons, where the proper distribution of proteins and organelles in the dendrites and long axon requires long-distance travels. The kinesin-1 motor protein can carry mitochondria along MTs toward MT plus ends whilst dynein and its partner dynactin can transport mitochondria along MTs toward MT minus ends (Pilling et al., 2006). The coupling of mitochondria to the MT-based motor proteins kinesin-1 and dynein is mediated by the TRAK/Miro motor adaptor complex (van Spronsen et al., 2013).

Besides motility, the cytoskeleton is also involved in mitochondrial anchoring. Mitochondria can be tethered to the actin cytoskeleton, which in neurons is crucial for mitochondrial anchoring at axonal presynaptic sites (Chada and Hollenbeck, 2004; Gutnick et al., 2019). In addition, the MT-binding protein syntaphilin was discovered as a regulator of mitochondrial anchoring at presynaptic sites (Chen and Sheng, 2013). This suggests there is likely a dual role for both the actin and MT cytoskeleton in mitochondrial anchoring at presynaptic sites. However, the proteins involved in tethering mitochondria to the actin cytoskeleton and the molecular mechanisms underlying this anchoring remain to be elucidated.

Studies performed in the amoeba Dictyostelium discoideum showed that MTs are highly involved in mitochondrial dynamics (Woods et al., 2016). Treatment with nocodazole to depolymerize MTs led to a reduction of motile mitochondria as well as a reduced number of mitochondrial fusion and fission events. Treatment with latrunculin, which depolymerizes actin filaments, did not affect the fusion, fission or motility of mitochondria but did decrease the number of motile mitochondria. This suggests that MTs are important for mitochondrial dynamics in Dicytostelium discoideum whilst actin is more important for determining the percentage of moving mitochondria (Woods et al., 2016).

Mehta et al. (2019) suggested that an interaction between dynamic MTs and mitochondria in budding yeast causes an increase in mitochondrial fission events. Deletion of several kinesin-like proteins to perturb MT dynamics revealed that long and stable MTs inhibit mitochondrial fission by hampering the ring assembly of GTPase dynamin-related protein Dnm1 (Drp1 in mammals) around mitochondria because long and stable MTs introduce a physical restriction. However, depolymerized and dynamic MTs led to an increase in mitochondrial fission events which are normally essential for independent segregation of mitochondria to daughter cells during mitosis and for eliminating damaged and fragmented mitochondrial content via mitophagy (Mehta et al., 2019).

In addition, intermediate filaments have been shown to associate with mitochondria and regulate their distribution and metabolic functions (Etienne-Manneville, 2018). Intermediate filaments may be involved in positioning of mitochondria to locations with high energy demand by providing an anchoring structure. In giant axonal neuropathy patient-derived fibroblasts, mitochondrial motility is inhibited, which is linked to abnormal organization and turnover of the intermediate filament protein vimentin (Lowery et al., 2016). On the other hand, Rac1 and its effector PAK1 can phosphorylate vimentin at mitochondrial binding sites which leads to the release of mitochondria, which then gain a higher motility and lower mitochondrial membrane potential (Matveeva et al., 2015). A recent study also revealed that mutations in another intermediate filament protein, desmin, causes mitochondrial dysfunction and alterations in mitochondrial network morphology although the underlying molecular mechanisms are still unclear (Smolina et al., 2020). It would be interesting to investigate how MTs, actin and intermediate filaments coordinate their functions to ensure proper mitochondria dynamics and positioning.



The Influence of Motile Membrane-Bound Organelles on Cytoskeletal Organization

Spatiotemporal regulation of cytoskeletal organization is essential for various cellular functions, such as the transport and dynamics of organelles and cell morphology. In the last 10 years, evidence has emerged supporting the notion of an intricate interplay between organelles and the cytoskeleton in which organelle dynamics can reciprocally regulate cytoskeletal organization. The simplest notion that motor-driven transport itself can act as an active force causing buckling and oscillation on MTs, highlights a complex mechanical interplay between cytoskeleton and motor-dependent organelle movement (Kulic et al., 2008; Man and Kanso, 2019). In addition to this mechanical interplay, organelles such as Golgi outposts, endosomes, mitochondria, and the ER, have all been implicated in cytoskeletal remodeling, specifically in MT dynamics.

Besides the perinuclear Golgi apparatus, well-known because of its role in acentrosomal MT nucleation (reviewed in Akhmanova and Steinmetz, 2019), small and more motile Golgi outposts (also referred to as satellite Golgi or Golgi vesicles) have also been found to nucleate MTs far from the nucleus in differentiated cells such as neurons, muscle cells and oligodendrocytes. In Drosophila and mammalian neurons, Golgi outposts distributed in dendrites can mark the main site of acentrosomal MT nucleation (Figure 1B). The Golgi structural protein GM130, as well as recruitment of γ-tubulin and CP309, the Drosophila homolog of AKAP450, to Golgi outpost, have been shown to be required for Golgi outpost-dependent acentrosomal MT growth and dendritic branch formation in Drosophila neurons (Ori-McKenney et al., 2012; Zhou et al., 2014). Golgi outposts in mouse skeletal muscle fibers were found to recruit γ-tubulin and pericentrin to sites of acentrosomal MT growth, but it remains largely unexplored whether Golgi outpost-dependent acentrosomal MT nucleation has a role in the complex MT grid-like network organization of muscle fibers (Oddoux et al., 2013). Golgi outpost have also recently been found along primary, secondary and tertiary processes of mouse oligodendrocytes, far away from the perinuclear area. The protein TPPP, recently identified in oligodendrocyte Golgi outposts, nucleates MTs in in vitro assays, contributes to MT branching and mixed MT polarity in 3D microfiber cultures, and is required for myelin sheath elongation in vivo (Fu et al., 2019).

Although two studies have implicated Golgi outposts in dendritic MT nucleation (Ori-McKenney et al., 2012; Zhou et al., 2014), other reports have challenged these results, as dragging Golgi outpost away from dendrites using an activated kinesin, did not alter γ-tubulin distribution in Drosophila neurons and branching points lacking Golgi outposts still contained γ-tubulin (Nguyen et al., 2014). More recent work showed that these γ-tubulin nucleation sites in dendritic branches colocalize with and are regulated by components of the canonical Wnt signaling pathway. Puncta containing Wnt signaling components were found to colocalize with Rab5-positive early endosomes, from which new MT growth initiated (Figure 1B). This evidence suggests the involvement of early endosomes in dendritic acentrosomal MT nucleation (Weiner et al., 2020). However, more experiments are required to evaluate whether early endosome positioning in dendritic branching points are required for MT nucleation and branch formation. It would be interesting to evaluate whether the removal of early endosomes and other organelles from dendrites alters γ-tubulin distribution and local MT dynamics.

Mitochondria have also been implicated in MT growth (Figure 1B). In Drosophila spermatids, a non-centrosomal, testes-specific isoform of centrosomin is localized to giant mitochondria, and it is required to recruit the MT nucleator γ-tubulin ring complex (γ-TuRC) to regulate MT assembly and spermiogenesis (Chen et al., 2017).

Finally, an important role for ER – MT interactions in MT organization has been suggested for years. Mutations in the ER-associated proteins Spastin, Atlastin-1 and REEP1 cause the neurodegenerative disease HSP, which is characterized by progressive spasticity in lower motor neurons (Blackstone, 2012). The MT-severing protein Spastin, GTPase Atlastin-1 and MT-interacting protein REEP1 form a complex that interacts with MTs and has been shown to be enriched in the axonal ER in rat cortical neurons (Park et al., 2010). Although the role of these proteins in maintaining the ER tubule network has been shown (reviewed by Goyal and Blackstone, 2013), the exact role of axonal ER tubules in MT organization has been less explored. More recent experiments in rat hippocampal neurons have demonstrated an important role for ER tubules in MT stabilization and axon formation. ER tubules are preferentially distributed in the growing axon of developing neurons and interact with and stabilize MTs. Controlled removal of ER tubules from the axon, by coupling the ER to a minus-end directed motor, causes MT instability and prevents elongation of the developing axon (Farias et al., 2019). In addition, the Atlastin-1 ortholog, Atln-1, which is distributed in dendrites of C. elegans PVD sensory neurons, has been found to colocalize with and be required for MT entrance into secondary and tertiary dendritic branches (Liu et al., 2019). Although some evidence has started to emerge regarding the role of the ER in MT dynamics, it still remains unclear whether different domains of the ER play different roles in MT organization.



Complex Inter-Organelle Interactions in Coordination With the Cytoskeleton

It is now well-established that organelles interact with each other at MCSs and knowledge on the types and importance of MCSs has greatly increased in the past few years. Since the ER is the largest organelle and forms a continuous and interconnected network throughout a cell, it is not surprising that it participates in most MCSs (reviewed in Phillips and Voeltz, 2016). The ER can interact with several other organelles including mitochondria, late endosomes/lysosomes, Golgi, and the plasma membrane. These interactions are involved in organelle positioning and fission, and lipid and Ca2+ homeostasis (Phillips and Voeltz, 2016; Allison et al., 2017; Fowler et al., 2019). However, the interplay between inter-organelle contacts and the cytoskeleton is less well-studied. In this section, we highlight the current knowledge on the complex interactions between membrane-bound organelles in coordination with the cytoskeleton and emphasize the importance of this relationship in organelle dynamics including fission, fusion and transport.


Membrane-Bound Organelles Can “Hitchhike” for Transport

The concept of hitchhiking of membrane-bound organelles on other organelles for their transport emerged just recently. In the fungus Ustilago Maydis, movement of the ER, lipid droplets and peroxisomes is mediated by motile Rab5-positive early endosomes via kinesin-3 and dynein on MTs (Guimaraes et al., 2015; Salogiannis and Reck-Peterson, 2017). In mammals, several examples of this type of organelle hitchhiking have also been recently discovered. For instance, it was found that the ER can tether itself onto late endosomes/lysosomes for hitchhiking in cell lines and neurons (Guo et al., 2018; Lu et al., 2020). GI-SIM imaging also revealed that mitochondria can hitchhike on motile late endosomes/lysosomes for their translocation along MTs (Guo et al., 2018). This hitchhiking mechanism will be discussed in more detail below.



Complex Interactions Between the ER, Late Endosomes/Lysosomes and the MT Cytoskeleton

The ER can form extensive and dynamic contacts with late endosomes/lysosomes at MCSs. In fact, almost all late endosomes/lysosomes were found to be in contact with the ER (Friedman et al., 2013; Guo et al., 2018). MCSs between the ER and late endosome/lysosomes are involved in many essential cellular tasks including endosome fission and positioning. 3D reconstructions from electron microscopy serial tomography in COS7 cells and live-cell imaging revealed that MCSs between the ER and endosomes are tightly associated with MTs and this association can be maintained when endosomes are moving along MTs (Friedman et al., 2013). GI-SIM imaging revealed that the ER can rearrange its coral large tubular network into smaller structures that tightly wrap around late endosomes/lysosomes where they are close to MTs (Figure 1C). Late endosomes/lysosomes that are not in contact with the ER were observed to undergo diffusive motion along MTs suggesting that the ER coordinates the stabilization of late endosomes/lysosomes (Guo et al., 2018). Interestingly, it has been previously shown that the ER can mediate kinesin-1 coupling to late endosomes/lysosomes for transport to the cell periphery via motor protein transfer (Raiborg et al., 2015). In this intriguing mechanism, the ER-resident protein Protrudin was shown to transfer kinesin-1 to the adaptor protein Rab7 and its effector FYCO1 localized on late endosomes/lysosomes for their anterograde transport along MTs in human and rat cell lines (Raiborg et al., 2015). This ER-mediated late endosome/lysosome translocation to the cell periphery was shown to promote neurite outgrowth in the neuroendocrine cell line PC12 (Raiborg et al., 2015). In a recent study, an interplay between the ER, lysosomes and MTs was proposed to play a role in lysosome translocation into the axon of rat hippocampal neurons (Özkan et al., 2020). Disruption of somatic, but not axonal ER tubules led to an accumulation of enlarged and less motile lysosomes in the soma, thus triggering a drastic reduction in the translocation of lysosomes into the axon. A similar phenotype was also observed after the knockdown of another ER-resident protein P180, which has binding domains for both MTs and kinesin-1. P180 was found to be particularly enriched in a region preceding the axon initial segment called the pre-axonal region. Serial z-stacking of this region revealed that P180-enriched ER can undergo ring rearrangements to tightly wrap around lysosomes. Lysosomes contacting the ER were observed in close proximity to stable MTs decorated by a rigor kinesin-1 motor mutant. Together, this raises the possibility that P180 stabilizes the interaction between MTs and ER-late endosome/lysosome contacts via its MT-binding domain and loads kinesin-1 onto late endosomes/lysosomes thereby facilitating their translocation into the axon (Özkan et al., 2020).

The first evidence revealing a role for ER-endosome contacts in endosomal fission came from studies in COS7 cells in which contacts between the ER and early endosomes or late endosomes/lysosomes defined the endosomal constriction and fission site (Rowland et al., 2014). More recent evidence showed that the ER-resident protein Spastin and the endosomal protein IST1 interact with each other at ER-endosome contact sites to promote endosomal tubule fission in mammalian cell lines (Allison et al., 2013, 2017). Primary cortical neurons from a Spastin-HSP mouse model and IPSC-derived HSP patient neurons contained abnormal enlarged lysosomes, which suggests that disruption of Spastin in ER-endosome contact sites impacts lysosome size in neurons (Allison et al., 2017). However, how the ER regulates lysosome size remained elusive. Interestingly, direct contacts between the ER and late endosomes/lysosomes have been observed in hippocampal neurons, and this interaction is required for late endosome/lysosome fission. Late endosomes/lysosomes undergo several fusion and fission events in control neurons, while ER tubule disruption causes enlarged lysosomes with reduced fission capacity (Özkan et al., 2020).

The role of the ER in late endosome/lysosome transport or fission has often been studied separately. Just recently, Özkan et al. (2020), proposed a model in which these events are connected through a complex interaction between MTs and ER-lysosome contacts that promotes lysosome fission and subsequent lysosome transport into the axon (Figure 1D).

Whilst the ER is now well-established as a prominent regulator of lysosome transport and fission, the effect of lysosome positioning on ER tubule rearrangement has remained unclear. With GI-SIM, the ER was observed to hitchhike on moving late endosomes/lysosomes along MTs for their transport (Figure 1C; Guo et al., 2018). In addition, ER fission was observed when moving late endosomes/lysosomes collided with and broke ER tubule network at junctions between fused tubules. Guo et al. suggested that Atlastin-1, an ER-shaping protein implicated in the formation of three-way junctions could be involved in this ER fission mechanism. However, the breaking of ER tubules was also observed along a single tubule (Figure 1C; Guo et al., 2018). It remains unknown which molecules are involved in this ER-breaking process, and further investigation is required. Dual-color single particle tracking in COS7 cells revealed that 98% of lysosomes are moving simultaneously with the ER and the growing tips of the ER associated with lysosomes are elongated and merged with the existing ER network to form three-way junctions whilst the ER growth tips that are not associated with lysosomes cannot maintain elongation and are retracted (Lu et al., 2020). In addition, manipulation of lysosome positioning by coupling lysosomes to dynein for retrograde movement to the perinuclear area or kinesins for anterograde movement to the cell periphery has been recently shown to cause a reduction in ER tubules or extension of ER tubules to the periphery of cells, respectively (Lu et al., 2020). Moreover, live-cell imaging in cultured Xenopus laevis retinal ganglion cell (RGC) axons showed that the ER can rearrange its structure into a ring arrangement that tightly wraps around lysosomes. These lysosomes then pull out the ER tubule for its extension. This suggests that ER tubule elongation is driven by lysosome positioning and is essential for ER tubule remodeling in axons to support axonal growth (Lu et al., 2020).

All this evidence indicates the importance of the interplay between the ER and lysosomes where the ER modulates lysosome fission and translocation, and lysosome motility mediates ER tubule transport and remodeling.

Defects in ER morphology and function as well as an impairment in the endolysosomal system are key pathological features of neurological diseases such as HSP. Therefore, it will be crucial to identify the regulators and molecular mechanisms underlying the crosstalk between these two organelles and further establish the link between these organelles and the cytoskeleton.



Complex Interactions Between Mitochondria, the ER and the Cytoskeleton

Friedman et al. (2011) revealed that ER-mitochondria contact sites are mainly formed at a pre-constriction site for mitochondrial fission, suggesting that contacts between the ER and mitochondria regulates mitochondrial fission (Figure 1D). The recruitment of Drp1 to the pre-constriction site is the key regulatory step in mitochondrial fission (Smirnova et al., 2001). However, other studies revealed that pre-constriction site formation can be mediated by Drp1-independent mechanisms (Korobova et al., 2013). Hatch et al. suggested a possible mechanism in which the ER-driven interaction between mitochondria and the cytoskeleton regulates mitochondrial fission in mammalian cells by formation of a pre-constriction site and subsequent recruitment of Drp1 (Korobova et al., 2013; Hatch et al., 2014). ER-mitochondria contact sites marking the putative pre-constriction site can recruit formin-like protein INF2 which triggers actin polymerization on the ER. This actin polymerization then generates forces on the mitochondrial membrane that leads to the formation of a pre-constriction site to which Drp1 is recruited. The accumulation of Drp1 and subsequent GTP hydrolysis drives constriction and scission of the membrane leading to mitochondrial fission (Korobova et al., 2013; Hatch et al., 2014). Lee et al. (2016), proposed a model that includes a role for dynamin 2 (Dyn2) in the final step of mitochondrial fission. Drp1-mediated constriction of the mitochondrial membrane promotes Dyn2 assembly at the constriction site where it can promote membrane fission for successful mitochondrial division. Live-cell imaging and electron microcopy in different mammalian cells lines suggested Dyn2 and Drp1 work in harmony in sequential constriction steps to promote mitochondrial fission (Lee et al., 2016). By contrast, a recent study using human fibroblast cell lines showed that the knockout of Dyn1, 2, and 3 or knockdown of only Dyn2 did not alter mitochondrial fission. Similar results obtained in HeLa cells lacking Dyn1, 2, and 3 showed no effect on mitochondrial fission, eliminating the possibility of a cell-type specific effect of Dyn2 on mitochondrial fission (Fonseca et al., 2019). These controversial results request further studies to determine whether or not Dyn2 is dispensable for the scission of the mitochondrial membrane.

Recent studies revealed a more complex mechanism rather than simple Drp1-mediated mitochondrial fission. This mechanism involves an interplay between mitochondria, the ER, INF2-driven actin polymerization and calcium uptake by mitochondria (Chakrabarti et al., 2018; Steffen and Koehler, 2018). Extracellular calcium influx induces INF2-mediated actin polymerization on the ER that triggers subsequent calcium uptake by mitochondria from the ER. Calcium uptake by the inner membrane of mitochondria through the mitochondrial calcium uniporter drives inner membrane scission that precedes outer membrane fission, suggesting INF2-mediated actin polymerization on the ER regulates mitochondrial fission by affecting mitochondrial calcium uptake (Chakrabarti et al., 2018; Steffen and Koehler, 2018).

Another intriguing study investigating the role of ER morphology on mitochondria dynamics in C. elegans PVD neurons revealed an interaction between the ER network and mitochondria at dendritic branching points, which is crucial for mitochondrial fission (Liu et al., 2019). They showed that mitochondria are highly enriched at the dendritic branch points where the ER network is more complex in neurons expressing wildtype Atlastin-1. However, neurons expressing mutant Atlastin-1 had a less complex ER network and a reduced number of mitochondria at dendritic branch points (Liu et al., 2019). This suggests that the local ER network regulates mitochondrial distribution at dendritic branch points. Analysis of mitochondrial fission showed that the local ER network at branch points can attach to and promote the fission of mitochondria. Together with unpublished results indicating that ER tubule extension strongly relies on transient MT entry into dendrites, Liu et al. proposed a model in which the interaction between the complex ER network and mitochondria at dendritic branch points depends on MTs and is required for mitochondrial fission (Liu et al., 2019).

Surprisingly, a recent study revealed that ER-mitochondria contacts can also mark the mitochondrial fusion site (Abrisch et al., 2020) consistent with the observation that mitochondria fusion occurs in proximity to the ER (Guo et al., 2018). Abrisch et al. found that Mitofusin-1 (Mfn1), a regulator of mitochondrial fusion, is localized to ER-mitochondria contact sites and fluorescence loss in photobleaching (FLIP) experiments in U2OS and COS7 cells showed that Mfn1 and Drp1 colocalize and both fusion and fission events take place at the same site where the ER contacts mitochondria (Abrisch et al., 2020). This suggests a remarkable mechanism in which the ER can regulate both mitochondrial fusion and fission at the same position and provides a way to respond to cellular needs in a quick and coordinated manner. However, how switching between fusion and fission is achieved remains unclear.



Complex Interactions Between Mitochondria, Late Endosomes/Lysosomes, and the MT Cytoskeleton

Mitochondria can also hitchhike on motile late endosomes/lysosomes coupled to MT-bound motor proteins. Late endosomes/lysosomes that move in close proximity to mitochondria were reported to be important for mitochondrial morphology. Dynamic tubulation of mitochondria can be achieved during this hitchhiking, thus providing a mechanism for mitochondrial fusion (Guo et al., 2018). An indirect involvement of the MT cytoskeleton in the changes of mitochondrial morphology and corresponding functions can be speculated as mitochondrial hitchhiking along motile late endosomes/lysosomes requires MTs.

In summary, there is an outstanding communication between membrane-bound organelles in association with cytoskeleton, which is essential for organelle positioning, dynamics and morphology as well as cytoskeletal dynamics.



THE INTERPLAY BETWEEN THE CYTOSKELETON AND BIOMOLECULAR CONDENSATES

Biomolecular condensates form distinct compartments in the cell that lack a membrane boundary and are present in both the cytoplasm and nucleoplasm (Banani et al., 2017; Boeynaems et al., 2018; Sabari et al., 2020). In the cytoplasm, various biomolecular condensates have been identified of which some are cell-type specific (e.g., germ granules in germline cells) or stress condition-dependent (e.g., Sec bodies and stress granules) (Voronina et al., 2011; Decker and Parker, 2012; Zacharogianni et al., 2014; Banani et al., 2017). Liquid-liquid phase separation can also underlie the formation of neuronal synaptic densities and membrane clusters near the plasma membrane (Wu X. et al., 2020). In addition to this, a fast-growing body of work shows that a number of viruses form cytosolic liquid-liquid phase separated condensates upon infection of cells, termed “viral factories” and viruses are known to induce changes in stress granule and P-body formation and composition (Alberti and Dormann, 2019).

Several cytosolic biomolecular condensates interact with the cytoskeleton, either directly or indirectly via “hitchhiking” (see section “Interactions Between Membrane-Bound Organelles and Biomolecular Condensates in Conjunction With the Cytoskeleton”) and/or influence cytoskeletal remodeling. In this section we will focus on several of the best-studied cytoplasmic biomolecular condensates (P-bodies, stress granules and RNP transport granules) and discuss their direct interactions and interplay with the cytoskeleton as well as highlight the known functional roles of these interactions.


Direct Interactions Between Biomolecular Condensates and the Cytoskeleton


Regulation of Biomolecular Condensate Transport by the Cytoskeleton

Like membrane-bound organelles, biomolecular condensates can use the cytoskeleton for active, motor-driven transport throughout the cell (Figure 2A). One of these biomolecular condensates is the RNP transport granule, which consist of RNA-binding proteins (RBPs) and messenger RNAs (mRNAs). These granules can form by liquid-liquid phase separation and are well-known to be transported to ensure proper mRNA localization to specific subcellular locations for subsequent local mRNA translation (Figure 2A; Knowles et al., 1996; Buxbaum et al., 2015; Das et al., 2019). This RNP transport for mRNA localization is highly conserved and has been observed in many different model systems such as budding yeast (Saccharomyces cerevisiae), fibroblasts, Drosophila and Xenopus oocytes, oligodendrocytes and neurons where it plays a crucial role in biological processes such as cell division, migration, cell polarization, and axon guidance and neuronal synaptic plasticity (Holt and Bullock, 2009; Buxbaum et al., 2015). Extensive research in these different organisms and cell types has shown that mRNA/RNP transport depends on both the microtubule and actin cytoskeleton and is driven by kinesin, dynein and myosin motor proteins (Figure 2A; Kanai et al., 2004; Gopal et al., 2017; Mofatteh and Bullock, 2017; McClintock et al., 2018; Das et al., 2019; Baumann et al., 2020). RNA-binding proteins can interact with molecular motor proteins thereby enabling the transport of translationally repressed mRNAs in RNP granules along the cytoskeleton. During cell division of budding yeast, a well-characterized mRNP granule containing Ash1 mRNA and several other mRNAs is transported to the tip of a daughter cell on the actin cytoskeleton mediated by the adaptor protein She3p, that couples the RNA-binding protein (RBP) She2P with the myosin motor protein Myo4p (Long et al., 1997; Takizawa et al., 1997; Edelmann et al., 2017). Other well-established examples include the transport of Vg1 mRNA in Xenopus oocytes, that relies on overlapping functions of both kinesin-1 and kinesin-2 motors (Messitt et al., 2008) and the MT-based transport and actin-mediated anchoring of oskar and bicoid mRNAs in Drosophila oocytes (Trcek and Lehmann, 2019). In addition, several recent studies, both in vitro and in rat DRG neurons and mouse hippocampal neurons, have elucidated the interaction of the several RBPs (APC, SFPQ, and ZBP1) with specific adaptor and motor proteins, such as KAP3 with kinesin-2 and KLC1 or PAT1 with kinesin-1 (Baumann et al., 2020; Fukuda et al., 2020; Wu H. et al., 2020). Despite this progress in our understanding of RNP granule transport, many questions remain unanswered; for example, it is unclear how anchoring of RNP granules to specific subcellular locations is regulated and how mRNAs and RBPs are released from motor proteins.
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FIGURE 2. The interplay and interactions between biomolecular condensates and the cytoskeleton. (A) The transport of RNP transport granules (i), P-bodies (ii) and stress granules (iii) is mediated by the actin and microtubule cytoskeleton driven by motor proteins. (B) The formation/assembly, disassembly and the fusion/docking of P-bodies (i) and stress granules (ii) is influenced by the cytoskeleton and motor proteins. (C) The local cytoskeleton can be remodeled by RNPs through mRNA supply and local translation of both actin (i) and microtubule (ii) proteins. (D) Both actin (i) and microtubule (ii) nucleation can be driven by concentration of specific proteins via phase separation at specific sub-cellular locations.


In addition to RNP transport granules, the cytoplasm contains several other well-studied membraneless RNP granules such as P-bodies and stress granules (Buchan, 2014; Riggs et al., 2020). P-bodies are RNP granules that are highly conserved from yeast to humans (Eystathioy et al., 2002; Sheth and Parker, 2003; Riggs et al., 2020). In mammalian cells, P-bodies are present under basal conditions but can dynamically change in number, size and its components upon changes in the availability of non-translating mRNAs (Kedersha et al., 2005; Teixeira et al., 2005; Decker and Parker, 2012; Wang et al., 2018). Stress conditions that affect the amount of non-translating mRNAs therefore change P-body number and size. P-bodies are enriched in translationally inactive mRNAs and proteins involved in mRNA decapping, turnover and silencing, but lack ribosomal proteins and translation initiation factors (Hubstenberger et al., 2017; Luo et al., 2018). They have therefore been suggested to play a role in translational repression, microRNA-induced mRNA silencing, RNA storage and mRNA decay, although recent studies suggest that decay may not occur in P-bodies and they mainly serve as a repository for translationally repressed mRNAs that can reenter translation upon release (Brengues et al., 2005; Horvathova et al., 2017; Hubstenberger et al., 2017; Riggs et al., 2020).

P-bodies are able to perform directed movement in plant, yeast and mammalian cells (Figure 2A; Kedersha et al., 2005; Aizer et al., 2008; Cougot et al., 2008; Hamada et al., 2012; Garmendia-Torres et al., 2014; Rajgor et al., 2014). In plant cells (Arabidopsis thaliana), long-distance movement of P-bodies was dependent on the actin cytoskeleton and pausing behavior was observed at cortical microtubules (Figure 2A; Hamada et al., 2012; Steffens et al., 2014). In mammalian cells, live-cell imaging and single particle tracking experiments showed that P-bodies associate to both the actin and MT cytoskeleton (Aizer et al., 2008). Stationary P-bodies were associated with actin whereas P-bodies exhibited mainly confined movements and occasional long-range movements in association with MTs (Figure 2A; Aizer et al., 2008; Rajgor et al., 2014). MT depolymerization by nocodazole or vinblastine treatment severely reduced P-body movement (Aizer et al., 2008).

Several proteins have been implicated in the interaction between P-bodies and the cytoskeleton. Early studies in yeast showed that P-body markers Edc3p and Dcp1p can interact with tubulin proteins (Gavin et al., 2006). In addition, several P-body components, as well as mRNAs, were shown to co-precipitate and colocalize with the myosin motor protein Myo2p in budding yeast (Chang et al., 2008). During cell division in yeast, unidirectional transport of P-bodies, marked by Edc3p, was observed to be dependent on a complex of Myo4p and the She2P/She3P RBPs (Figure 2A; Garmendia-Torres et al., 2014). In HeLa cells, the expression of the dominant negative tail of another myosin protein, Myosin Va, reduced P-body motility although the authors suggested that this could be caused indirectly by reducing mRNP transport toward P-bodies (Lindsay and McCaffrey, 2011). Another study showed that interactions between DCP proteins and myosin proteins are likely conserved in yeast (Dcp1p with myo2p) and mammals (human Dcp1a and Dcp1b with mouse myosin Va) by performing yeast two-hybrid and coprecipitation experiments (Steffens et al., 2014). The presence of several myosin proteins in a large screen identification of P-body components further confirm the association between myosin motor proteins and P-bodies in mammalian cells (Hubstenberger et al., 2017). A more direct and functional link was found with the identification of an isoform of the MT-associated protein Nesprin, p50nesp1. This protein was found to interact with and localize to P-bodies and anchor them to MTs, thereby facilitating P-body movement (Figure 2A; Rajgor et al., 2014). In neurons, several reports show that P-bodies or P-body-like structures that partly resemble neuronal transport granules undergo motor-driven transport on MTs in dendrites (Cougot et al., 2008; Zeitelhofer et al., 2008; Oh et al., 2013). These neuronal P-bodies increase their localization to dendritic synapses in response to neuronal activation, driven by the kinesin-1 motor (Figure 2A; Zeitelhofer et al., 2008; Cougot et al., 2008; Oh et al., 2013). Neuronal P-bodies have also been observed in axons of peripheral neurons but whether and how they are actively transported remains to be investigated (Melemedjian et al., 2014; Sahoo et al., 2018).

Stress granules are closely related to both P-bodies and RNP transport granules and can share many of the same components but appear only after stress conditions that inhibit translation (Kedersha et al., 2005; Khong et al., 2017; Markmiller et al., 2018; Youn et al., 2018; Matheny et al., 2019; Youn et al., 2019). Their exact composition differs between specific stress conditions and cell types (Markmiller et al., 2018). Stress granules sequester mRNAs and stalled initiation complexes and are therefore considered to be a storage site for certain non-translating mRNAs during stress that can re-enter translation when stress is relieved (Riggs et al., 2020). A recent study, however, partly challenged this notion and showed that stress granules also contain translating mRNAs that can shuttle between stress granules and the cytoplasm (Mateju et al., 2020).

Several studies have shown that stress granules can undergo directed transport although they appear to be less motile than P-bodies (Figure 2A; Kedersha et al., 2005). In plant cells, one study observed rapid and long-distance movement of stress granules marked by eIF42-GFP that decreased only upon actin, but not MT depolymerization (Figure 2A; Hamada et al., 2018). By contrast, another study in plant cells observed movement of stress granules (marked by Rbp47b) along MTs but the role of actin was not examined (Gutierrez-Beltran et al., 2015). In HeLa cells, it was shown that arsenite-induced stress granules move throughout the cytoplasm in a mostly diffusive manner (Chernov et al., 2009; Nadezhdina et al., 2010). However, a small percentage (±10%) of stress granules exhibited directed movement (Figure 2A; Nadezhdina et al., 2010). Both diffusive and directed stress granule movement was dependent on MTs, but not actin, as shown by colocalization experiments and treatment with cytoskeleton destabilizing drugs. It remains unknown which proteins drive stress granule movement, and it is unclear if movement can occur via direct interactions or whether it is mainly driven by indirect interactions with MTs via “hitchhiking” mechanisms (Liao et al., 2019), which will be further discussed in section “Interactions Between Membrane-Bound Organelles and Biomolecular Condensates in Conjunction With the Cytoskeleton.”.



Regulation of Biomolecular Condensate Remodeling by the Cytoskeleton

Besides their movement throughout the cell, RNP granules (transport/neuronal granules, P-bodies and stress granules) are known to be highly dynamic structures that can assemble, disassemble and remodel by rapidly exchanging mRNAs and possibly proteins with each other and the cytoplasm (Kedersha et al., 2005; Aulas et al., 2017; Wang et al., 2018; Moon et al., 2019). Fluorescence recovery after photobleaching (FRAP) experiments have shown that RNP granules can exchange protein components with the cytoplasm (Tauber et al., 2020). Various molecular mechanisms such as extracellular cues, signaling, protein-protein interactions and posttranslational modifications as well as cellular states are known to influence these dynamics (Formicola et al., 2019; Tauber et al., 2020). In addition to this, the cytoskeleton plays an important role in the remodeling of biomolecular condensates (Figure 2B).

P-body formation and disassembly/dynamics are also affected by the cytoskeleton and motor-based transport. In budding yeast, U2OS and HeLa cells, depolymerization of MTs with different treatments led to an increase in P-body formation (Figure 2B; Sweet et al., 2007; Aizer et al., 2008; Carbonaro et al., 2011; Huang et al., 2011; Ayache et al., 2015). Interestingly, taxol-induced MT stabilization also increased P-body number (Carbonaro et al., 2011). The mechanisms that lead to increased P-body formation after MT depolymerization or stabilization are not entirely clear, but these MT disruptions likely lead to a decrease in mRNA translation and a release of mRNAs from polysomes. However, in yeast, benomyl-induced MT depolymerization did not seem to affect mRNA translation based on polysome profiles (Sweet et al., 2007). On the other hand, it has been shown that MT depolymerization with both nocodazole and vinblastine treatment decreases protein synthesis (Carbonaro et al., 2011; Coldwell et al., 2013; Ayache et al., 2015; Szaflarski et al., 2016). It is possible that both MT-depolymerization and stabilization (through impaired MT dynamics) lead to defective mRNA transport (Lifland et al., 2011; Pease-Raissi et al., 2017), either to sites of active translation or possibly into P-bodies themselves. In support of this, both MT stabilization with taxol or MT depolymerization with vinblastine or 2ME2 induced the release of HIF-1α mRNA from polysomes and subsequent incorporation into P-bodies. This effect was reversible after nocodazole washout and subsequent MT repolymerization (Carbonaro et al., 2011). In contrast to mRNAs, the depolymerization of MTs with nocodazole did not change the dynamic exchange of Dcp proteins in and out of P-bodies based on FRAP experiments (Aizer et al., 2008).

The involvement of specific motor proteins on P-body formation has also been investigated (Loschi et al., 2009). Whilst under basal conditions P-body size or number was not affected by knockdown of the motor proteins dynein and kinesin, their increase in size was significantly affected after dynein, but not kinesin-1 knockdown under ER or oxidative stress conditions (Loschi et al., 2009). Interestingly, simultaneous knockdown of kinesin abrogated the effect of dynein knockdown on the stress-induced increase in P-body size. This led the authors to suggest that both anterograde and retrograde transport are important for the exchange of mRNAs from RNP granules into and out of P-bodies, at least under stress conditions (Figure 2B; Loschi et al., 2009). In addition to this, siRNA-mediated knockdown of the actin-based Myosin Va motor was found to decrease P-body assembly, but not stress granule formation in HeLa cells (Figure 2B; Lindsay and McCaffrey, 2011). The release of mRNAs from P-bodies may indeed also be regulated by the actin cytoskeleton, since P-body disassembly was found to be delayed in a yeast myosin motor mutant (Chang et al., 2008).

Under stress conditions, P-bodies often transiently dock in close proximity to stress granules and mRNAs are able to move bidirectionally between P-bodies and stress granules (Kedersha et al., 2005; Moon et al., 2019). When P-bodies and stress granules are docked together, they appear less motile (Kedersha et al., 2005) and the close docking of stress granules with P-bodies is dependent on intact microtubules (Figure 2B; Aizer et al., 2008; Rajgor et al., 2014). In cells with intact microtubules but where P-bodies were detached from microtubules by overexpression of a p50nesp1 mutant the association between stress granules and P-bodies was also reduced (Rajgor et al., 2014). Together, this suggests that the cytoskeleton may provide a scaffold for P-body-stress granule docking. It would be interesting to determine if P-bodies and stress granules dock at specific locations on microtubules and how this could be mediated.

Stress granule formation is normally a reversible process that starts only under certain stress conditions (Wheeler et al., 2016; Riggs et al., 2020). After stress induction, granules start increasing in size by accumulating components or fusing with other stress granules (Kedersha et al., 2005; Nadezhdina et al., 2010; Wheeler et al., 2016). When stress is relieved, stress granules can disassemble or dissolve into the cytoplasm by releasing their contents into the cytoplasm. Splitting or fission of larger stress granules into smaller ones has been observed during disassembly (Kedersha et al., 2005; Nadezhdina et al., 2010; Wheeler et al., 2016; Lee et al., 2020). Both the formation and disassembly of stress granules have been shown to be dependent on the cytoskeleton and motor proteins (Figure 2B). Two initial studies first reported that MT depolymerization completely inhibited the formation of stress granules, but subsequent studies have shown it is more likely that MT disruption does not completely prevent stress granule formation but rather results in more numerous but smaller stress granules (Ivanov et al., 2003; Kwon et al., 2007; Chernov et al., 2009; Fujimura et al., 2009; Kolobova et al., 2009; Loschi et al., 2009). Interestingly, the addition of the MT-stabilizing drug taxol also resulted in smaller stress granules (Chernov et al., 2009). After stress relief, MT disruption impaired stress granule disassembly (Nadezhdina et al., 2010). The role of motor proteins in stress granule assembly and disassembly remains somewhat unclear as several studies have reported contradictory results. Whilst two studies reported a decreased formation of stress granules after treatment with dynein inhibitors (Kwon et al., 2007; Tsai et al., 2009), two other studies observed no effect (Chernov et al., 2009; Fujimura et al., 2009). In support of a role for dynein motors and retrograde transport in stress granules assembly, knockdown of dynein heavy chain 1 (DHC1) and the adaptor protein Bicaudal D1 in mammalian cells inhibits stress granule formation, and knockdown of dynein light chain subunit 2A in primary neurons impaired stress granule formation (Loschi et al., 2009; Tsai et al., 2009). Kinesin knockdown or kinesin inhibitors did not impair stress granule formation, but KIF5B or KLC knockdown did delay stress granule disassembly (Figure 2B; Loschi et al., 2009; Tsai et al., 2009). By contrast, inhibition of dynein, but not of kinesin motors in neurons, delayed stress granule disassembly (Figure 2B; Tsai et al., 2009). Interestingly, kinesin and dynein transport seemed to counterbalance each other as knockdown of KIF5B counteracted the effect of DHC1 knockdown in stress granule assembly and conversely, DHC1 knockdown partially rescued the delay in stress granule disassembly after KIF5B knockdown (Loschi et al., 2009).

Together, these results suggest microtubules are not crucial for the initial assembly of stress granules but are important for the formation of larger stress granules and for stress granule disassembly. This effect is likely mediated by facilitating transport of protein and mRNA components into and out of stress granules via motor proteins and/or increasing the chance of stress granule fusion.

Research on the role of the actin cytoskeleton on stress granule formation has yielded inconclusive results. One report observed an increase in stress granule size after Latrinculin B-mediated actin depolymerization in CV-1 cells (Ivanov et al., 2003), whilst another study found more numerous but smaller stress granules after cytochalasin B treatment in COS-7 cells (Loschi et al., 2009). Yet another study reported no change in stress granule formation after latrunculin B or cytochaslasin D treatment in HeLa cells, although stress granule size was not measured (Kwon et al., 2007). These discrepancies could be explained by differences in treatments and non-actin related side-effects (Ornelles et al., 1986). In addition, the actin-based Myosin Va motor was not required for stress granule formation, but this does not exclude the possibility that other actin-based motors are involved (Lindsay and McCaffrey, 2011).

Although understudied, several studies report an association of intermediate filaments with RNP condensates. A recent report showed that the intermediate filament protein vimentin associates with both P-bodies and stress granules and both stress granule formation and clearance is affected in vimentin knockout cells (Pattabiraman et al., 2020). Toxic ALS-associated poly-dipeptides were also found to bind along vimentin filaments (Lin et al., 2016). In addition to this, giantin-based intermediate filaments have been suggested to serve as a scaffold for cytoplasmic condensates marked by myxovirus resistance proteins (reviewed in Sehgal et al., 2020). Together this shows that intermediate filaments may play an important role in the dynamics of various biomolecular condensates.



Biomolecular Condensates Can Influence the Cytoskeleton

Conversely, biomolecular condensates can influence the actin and microtubule cytoskeleton, either by supplying mRNAs encoding cytoskeletal proteins for local translation (Figure 2C) or by concentrating certain proteins that promote actin or microtubule nucleation (Figure 2D).

Early work has shown that mRNAs encoding cytoskeletal proteins such as Tau and β-actin are localized to specific subcellular locations in neurons, oocytes and other cell types (Jeffery et al., 1983; Litman et al., 1994). As mentioned above, these mRNAs travel together with RBPs in RNP granules along the cytoskeleton, in a translationally repressed state and are released for local translation upon stimulation with specific cues or signals. This local translation of mRNAs encoding cytoskeletal proteins is exemplified in axon guidance, where the steering of axonal growth cones in response to guidance cues relies on the local protein synthesis of specific cytoskeletal proteins (Buxbaum et al., 2015; Cioni et al., 2018). In addition, it was suggested that mRNAs encoding the actin cytoskeleton regulators Arp2 and Nd1 can be released from P-bodies in dendrites in response to neuronal activation, thereby influencing local F-actin dynamics at synapses (Oh et al., 2013). Intriguingly, it has been shown that both actin and microtubule regulators can act as RBPs in RNP granules containing mRNAs coding for cytoskeletal regulators (Preitner et al., 2014; Vidaki et al., 2017). This provides a possible self-regulatory mechanism in which certain cytoskeletal regulators coordinate the assembly of the actin or microtubule cytoskeleton by forming RNP granules that contain mRNAs encoding their components (Figure 2C).

As mentioned above, besides RNP granule formation, liquid-liquid phase separation can also underlie the formation of biomolecular condensates that enables the concentration of certain proteins to drive specific functions. In this manner, both actin and microtubule nucleation can be promoted by concentrating cytoskeletal proteins via phase separation mechanisms. For actin, this has been shown to occur near the plasma membrane, where clustering of transmembrane proteins with adaptor proteins can induce phase transitions forming a dense phase at the plasma membrane. This mechanism increases the dwell time of effector proteins that are recruited to these adaptor proteins and increase the likelihood of activation of signaling pathways (Case et al., 2019). In response to extracellular signals, the transmembrane protein Nephrin is phosphorylated and has been shown to subsequently trigger the formation of these phase-separated membrane clusters in combination with the adaptor protein Nck and the actin nucleation factors N-WASP and the ARP2/3 complex (Banjade and Rosen, 2014; Case et al., 2019; Kim et al., 2019). This promotes an increase in actin nucleation/assembly, thereby influencing the local organization of the cytoskeleton close to plasma membrane (Figure 2D). Similarly, T-cell receptors can form phase-separated clusters at the plasma membrane via phosphorylation-dependent association with the linker protein LAT (Su et al., 2016). These TCR-LAT clusters recruit specific adaptor and effector proteins whilst excluding others. In this manner, these clusters concentrate Nck, N-WASP and the ARP2/3 complex thereby enhancing actin filament assembly (Su et al., 2016). In addition, zona occludens proteins were shown to self-organize at tight junctions by phase separation and attract and concentrate cytoskeletal adaptor proteins and F-actin (Beutel et al., 2019). Together, this shows that phase separation at the plasma membrane creates membraneless compartments that influence the local actin cytoskeleton by enhancing actin polymerization. It is conceivable that other membrane proteins can drive the formation of phase-separated clusters and future research will have to determine how widespread this mechanism is. For example, it is interesting to speculate that this may be involved in axon guidance since extracellular cues are known to induce local changes in the actin cytoskeleton, thereby influencing growth cone steering (Dorskind and Kolodkin, 2020).

Microtubule nucleation can also be driven by phase separation. Several recent studies have shown that phase separation may be an important mechanism during cell division by promoting microtubule nucleation (Ong and Torres, 2020). In vitro work using C. elegans proteins revealed that tubulin concentration was increased approximately 4-fold by the formation of biomolecular condensates at the centrosome containing the scaffold protein SPD-5, which in turn recruits the microtubule effector protein homologs of XMAP215/CKAP5 and TPX2. This increase in tubulin concentration was sufficient to drive microtubule nucleation (Figure 2D; Woodruff et al., 2017). The microtubule-associated protein PLK4 was also shown to self-assemble into condensates and recruit and concentrate tubulin thereby promoting the formation of a microtubule organizing center (Montenegro Gouveia et al., 2018). In a similar manner, several other proteins have been shown to promote microtubule assembly by concentrating tubulin via phase separation at mitotic spindles (Jiang et al., 2015; So et al., 2019; King and Petry, 2020; Safari et al., 2020). In addition, it was shown that tubulin can be concentrated into liquid-like phase separated droplets in vitro formed by the microtubule-associated protein Tau (Hernandez-Vega et al., 2017). This concentrated tubulin polymerizes within these droplets and forms microtubule bundles (Figure 2D). Interestingly, tau droplets have been observed in neurons (Wegmann et al., 2018). This mechanism provides an interesting possibility for the formation of local, non-centrosomal microtubule nucleation (Kuijpers and Hoogenraad, 2011).

Finally, it has been suggested that the actin cytoskeleton itself can exhibit liquid-like behavior and form condensates (Weirich et al., 2017). In the presence of the crosslinker filamin, actin filaments can be condensed into a liquid droplet phase. This enables a mechanism to control the morphology and dynamics of the actin cytoskeleton.

Together, these recent studies provide compelling evidence that phase separation and the formation of condensates can promote the nucleation and remodeling of the cytoskeleton at specific subcellular locations.



INTERACTIONS BETWEEN MEMBRANE-BOUND ORGANELLES AND BIOMOLECULAR CONDENSATES IN CONJUNCTION WITH THE CYTOSKELETON

As discussed in the previous two sections, it has become clear that both membrane-bound organelles and biomolecular condensates are directly or indirectly contacting the cytoskeleton. Increasing evidence shows that they also frequently form contacts with each other, often in conjunction with the cytoskeleton (Salogiannis and Reck-Peterson, 2017; Bethune et al., 2019; Zhao and Zhang, 2020). The functional roles of these contacts and their interplay with the cytoskeleton are just starting to emerge and recent advances will be discussed in this section.


Biomolecular Condensates Can Associate With Membrane-Bound Organelles

One of the first examples of an association between biomolecular condensates and membrane-bound organelles was shown when GW-bodies were found to associate with LAMP1- and CD63-positive lysosomes/multivesicular bodies (MVBs) (Gibbings et al., 2009; Lee et al., 2009). These GW-bodies, containing the miRNA processing proteins GW-182 and Ago2, are closely related to P-bodies and share several components but likely represent different condensates (Patel et al., 2016). The formation of MVBs was found to be important for miRNA-mediated gene silencing (Gibbings et al., 2009; Lee et al., 2009).

Huang et al. revealed that a large proportion of P-bodies can interact with mitochondria in various cell lines (Huang et al., 2011). Electron microscopy and live cell imaging analysis in HeLa cells showed that P-bodies can form close and dynamic contacts with mitochondria. The authors state they did not observe a close association of P-bodies with other organelles, such as the ER, endosomes or vacuoles, with electron microscopy. Depolymerization of the microtubule network by vinblastine treatment increased the number of P-bodies but decreased the association frequency with mitochondria, suggesting an intact microtubule network is required for these contacts. P-body depletion did not influence mitochondrial morphology and function and CCCP-induced mitochondrial uncoupling did not affect the size or number of P-bodies or their contact with mitochondria. By contrast, CCCP treatment drastically affected miRNA- and siRNA-mediated gene silencing, possibly by decreasing the accumulation of Ago2 in P-bodies (Huang et al., 2011).

In addition to mitochondria, a clear association between the ER and P-bodies has been established. In yeast, P-bodies only form under stress conditions and in this model system they were observed in close proximity to the ER with both co-localization analysis using fluorescence microscopy and by electron microscopy imaging (Kilchert et al., 2010). Differential centrifugation experiments to isolate ER membranes confirmed that P-bodies are physically associated to the ER (Kilchert et al., 2010; Weidner et al., 2014). Subsequently, the yeast ER proteins Scp160 and Brf1 (closest human homologs are vigilin and FMRP) were found to interact with several P-body components but deletion of these proteins did not impair P-body localization to the ER (Weidner et al., 2014). Although an association with the ER was not observed in HeLa cells (Huang et al., 2011), a very recent and elegant study used live-cell imaging methods to reveal that P-bodies, as well as stress granules can indeed form dynamic contacts with the ER in U2OS cells (Lee et al., 2020). The authors also investigated the relationship between ER shape and ER translational status with P-body formation and found that ER tubules and inhibition of translation promote P-body formation. Intriguingly, they revealed that fission of both P-bodies and stress granules occurs at ER contact sites (Lee et al., 2020). Two other recent studies also described associations of RNP or stress granules with the ER. In Xenopus RGC axons, a close association of RNA granules was observed with the ER (Cioni et al., 2019) and in U2OS cells a high colocalization of G3BP1-positive stress granules with the ER was found (Liao et al., 2019). The functional relevance of contacts between the ER and P-bodies or other RNP granules remains to be determined but possibly includes the exchange of mRNAs and regulation of RNP granule size. Although RNP granules do not contain a membrane, it is conceivable that the microtubule cytoskeleton is involved in RNP granule fission events analogous to the regulation of fission of membrane-bound organelles by the ER (Friedman et al., 2010; Rowland et al., 2014). In addition, since both P-bodies and stress granules interact with the ER and they all associate with microtubules, it is possible that the ER plays a role in the docking of P-bodies to stress granules. Moreover, it is unknown if the interaction of P-bodies and stress granules with the ER can reciprocally influence ER organization.

Two additional types of RNP granules have been shown to be associated with the ER; TIS granules and Sec bodies. TIS granules, containing the RBPs TIS11B and HuR as well as the chaperone protein HSPA8, are intertwined with ER sheets and concentrate specific mRNAs with AU-rich elements (Ma and Mayr, 2018). These gel-like granules are present under physiological conditions and have a tubular mesh-like morphology, driven by RNA-RNA interactions, that is different from the spherical morphology described for other RNP granules (Ma et al., 2020). The formation of TIS granules and its association to ER sheets enables the local translation of specific AU-rich mRNAs at the ER.

Sec bodies represent another stress-induced condensate and are also related to the ER since they are formed at ER exit sites (ERES) upon amino acid starvation in Drosophila S2 cells (Zacharogianni et al., 2014; Aguilera-Gomez et al., 2016). These condensates protect ERES components during stress and act as a reservoir to reinitiate secretory vesicle formation after stress relief. Thus far, it remains unknown if these Sec bodies also exist in mammalian cells and if their formation and disassembly require an intact cytoskeleton.

Together, these studies illustrate that interactions between biomolecular condensates and membrane-bound organelles occur frequently, but for most of these interactions the exact mechanisms and functions as well as their relationship with the cytoskeleton will require further investigation.



Biomolecular Condensates Can “Hitchhike” on Membrane-Bound Organelles for Transport

In recent years, it has become clear that both RNP transport granules and stress granules can also be transported via the cytoskeleton by “hitchhiking” on membrane-bound organelles. During asymmetric cell division in budding yeast, the cortical ER, a tubular ER structure which is in close contact with the plasma membrane, is transported by myosin motor proteins on the actin cytoskeleton to the daughter cell (Estrada et al., 2003). During this process, it has been shown that several mRNAs can be co-transported on the ER membrane via the adaptor RBP She2p to the yeast bud for local translation (Schmid et al., 2006; Aronov et al., 2007). This represents a first example of coordinated co-transport of biomolecular condensates (RNPs) with membrane-bound organelles on the cytoskeleton. Another clear and one of the best-studied examples of “hitchhiking” of RNP granules with membrane-bound organelles was found during the highly polarized growth of hyphae of the fungus Ustilago Maydis. In this organism, transport of several mRNAs by the RNA-binding protein Rrm4 is essential for this polarized growth (Konig et al., 2009; Bethune et al., 2019). It was found that Rrm4 colocalizes and co-moves only with motile but not static Rab5a-positive early endosomes that travel along MTs driven by kinesin-3 or dynein motors (Baumann et al., 2012, 2014). Several specific mRNAs, including mRNAs coding for all four septins (cdc3, cdc10, cdc11, and cdc12), co-transport together with ribosomes on these endosomes. These septin proteins can form heteromeric complexes on the cytoplasmic surface of endosomes in a Rrm4-dependent matter, indicating local translation occurs on these endosomes (Baumann et al., 2014; Higuchi et al., 2014). Since these findings, many components of this transport system in fungal hyphae, including adaptor proteins and additional mRNAs and RBPs have been identified (Pohlmann et al., 2015; Jankowski et al., 2019; Olgeiser et al., 2019).

In neurons, a similar hitchhiking mechanism involving RNP granules and endosomes was recently uncovered. Live-cell imaging of Xenopus Laevis RGC axons revealed that RNP granules often associate and co-transport with both Rab5-positive early endosomes and Rab7-positive late endosomes (Cioni et al., 2019). Another study found frequent associations and co-movement of heat shock-induced stress granules with LAMP1-positive lysosomes in a microtubule and motor-dependent fashion in U2OS cells and iPSC-derived cortical neurons (Liao et al., 2019). Interestingly, the authors utilized APEX2-mediated proximity labeling analysis in human iPSC-induced neurons to identify that Annexin 11 (ANXA11), a RNA granule–associated phosphoinositide binding protein also found in stress granules (Markmiller et al., 2018), tethers stress granules to actively transported lysosomes. Interestingly, stress granule-lysosome contacts were observed at the ER in U2OS cells (Liao et al., 2019). As described above, we recently found that ER-lysosome contacts in the soma of neurons are important for the axonal translocation of lysosomes (Özkan et al., 2020). Together, this raises the interesting possibility that neuronal somatic ER tubules provide a platform for mRNA localization or transfer to lysosomes and likely indirectly regulate RNP transport into axons by influencing lysosome distribution.

RNP granule hitchhiking provides a mechanism for neurons to localize mRNAs into axons for their local translation and indeed, the axonal translation of two mitochondrial mRNAs (laminb2 and vdac) was shown to occur on Rab7a-positive late endosomes (Cioni et al., 2019). Interestingly, late endosomes that colocalized with RNA granules and stained positive for puromycin (indicating protein synthesis), were often observed in close proximity to mitochondria, suggesting newly synthesized proteins may be delivered to mitochondria by late endosomes.

An important role for endosomes in mRNA localization and translation is further supported by a recent study that showed both translation-dependent and -independent association of various mRNAs to early endosomes in HeLa cells (Popovic et al., 2020). This study provided important insights into which mRNAs localize to early endosomes and it will be interesting to determine if endosome-localized mRNAs are conserved across cell types and organisms or if there are cell-type specific or even context-dependent differences in endosomal mRNA localization and translation. In addition, future research will have to clarify why there seem to be cell-type specific differences in which type of endosome (early, late or lysosomes) is mainly responsible for mRNA transport and localized mRNA translation (Baumann et al., 2014; Cioni et al., 2019; Liao et al., 2019; Popovic et al., 2020).

Interestingly, two recent reports described a role for late endosomes/lysosomes in the transport of microRNAs in axons. Gershoni-Emek et al. (2018) showed that miRNAs and RNAi proteins colocalized and co-moved with acidic compartments marked by Lysotracker and frequently dock at mitochondria. The second report convincingly showed that pre-miRNAs are transported on CD63-positive late endosomes/lysosomes in RGC axons (Corradi et al., 2020). Since RNAi proteins and possibly miRNAs are known to reside in P-bodies or GW-bodies, these studies raise the interesting possibility that P-bodies or GW-bodies also utilize hitchhiking on endo-lysosomes for their co-transport. This possibility is supported by the aforementioned association of CD63- or LAMP1-positive multivesicular bodies/lysosomes with GW-bodies in Drosophila and human cells (Gibbings et al., 2009; Lee et al., 2009).

Finally, RNP granule hitchhiking on endosomal compartments can influence the local cytoskeleton by localizing and translating certain cytoskeletal mRNAs at specific subcellular locations. As mentioned above, all four mRNAs encoding the cytoskeletal septin proteins are localized to early endosomes in fungal hyphae and their translation on these endosomes is essential for correct septin filamentation and fungal growth (Baumann et al., 2014). In addition, β-actin mRNA was found to co-move on late endosomes/lysosomes in axons and several mRNAs coding for cytoskeletal proteins were identified on EEA1-positive early endosomes in HeLa cells (Cioni et al., 2019; Liao et al., 2019; Popovic et al., 2020).

Together, these studies show that there is an intricate interplay between (multiple) membrane-bound organelles, biomolecular condensates and the cytoskeleton which is crucial for maintaining the proper distribution and function of both the organelles themselves as well as the cytoskeleton.



CONCLUDING REMARKS AND FUTURE PERSPECTIVES

It has long been clear that the distinct domains that organize a cell and allow the separation of cellular/biochemical processes, such as membrane-bound organelles, biomolecular condensates, and the cytoskeleton, do not merely perform their functions by themselves. Rather, they have to be well-coordinated by communicating with each other through frequent and dynamic interactions. The extent of complexity of these interactions is only recently becoming clear and has greatly advanced with the advent of new imaging and biochemical techniques. For example, the recent development of multispectral imaging approaches allowed the simultaneous imaging of six different membrane-bound organelles and revealed a complex organelle interactome that depends on an intact microtubule cytoskeleton (Valm et al., 2017). In addition, super-resolution imaging approaches that enable live-cell multi-color imaging at a high spatiotemporal resolution such as the above discussed GI-SIM imaging (Guo et al., 2018) revealed new types of inter-organelle interactions in conjunction with the cytoskeleton and their effect on organelle dynamics. These imaging techniques can be further applied in the future to study the dynamics of interactions between the cytoskeleton, (multiple) membrane-bound organelles and biomolecular condensates in different cell types and different cellular states and conditions. Moreover, the recent and continuing development of novel split reporter systems is improving the visualization of inter-organelle contacts (reviewed by Scorrano et al., 2019) and novel biochemical approaches such as proximity labeling will advance our understanding of the molecular makeup of each cellular compartment. The latter is especially important because it is often unknown which proteins mediate and regulate these contacts and these novel techniques will be able to identify possible tethering and regulatory proteins (Lam et al., 2015; Fazal et al., 2019; Gingras et al., 2019).

The highly complex interactions and interplay illustrated in this review may be especially important for the correct organization and functioning of morphologically complex and highly polarized cells such as neurons. Many studies have shown that dysfunction of the cytoskeleton, several membrane-bound organelles and biomolecular condensates is implicated in neuron dysfunction and neurological disorders (Figure 3; Fowler et al., 2019; Sleigh et al., 2019; Zbinden et al., 2020). However, the role of the complex interactions and interplay between them in disease pathogenesis is much less clear. Several lines of evidence support the notion that disruptions of this complex interplay may be an important causative factor in neurological disorders. For instance, mutations in ANXA11, the protein that was found to tether stress granules to lysosomes for their hitchhiking-based transport, cause ALS. These ALS-associated mutations in ANXA11 impair its tethering function and reduce RNA transport into the axon (Figure 3; Liao et al., 2019). Mutations in the late endosome/lysosome protein Rab7 that cause the neuropathy Charcot-Marie-Tooth Type 2B impair the axonal synthesis of mitochondrial proteins and led to reduced mitochondrial function and axonal viability (Figure 3). Although the exact mechanism leading to this phenotype is not entirely clear, it is conceivable that this is a consequence of impaired local translation of mitochondrial mRNAs on Rab7-positive endosomes that would normally be delivered to nearby mitochondria via the cytoskeleton to sustain their function (Cioni et al., 2019). In addition, the lysosome-associated axonal transport of a miRNA and RNAi proteins, possibly contained in P-bodies (Gibbings et al., 2009; Lee et al., 2009), and their docking at mitochondria was altered in ALS-associated SOD1 mutant neurons (Figure 3; Gershoni-Emek et al., 2018). Finally, it is known that mutations in the ER-resident and MT-severing protein Spastin cause the neurodegenerative disease HSP (Blackstone, 2012). As mentioned above, Spastin interacts with IST1 at ER-late endosome/lysosome contact sites to promote endosomal fission (Figure 3; Allison et al., 2013). In both primary neurons from Spastin-HSP mice and HSP-patient-derived iPSC neurons enlarged lysosomes were observed, suggesting a disturbance of the complex interaction between the ER, late endosome/lysosomes and MTs although the exact mechanism that leads to the enlarged lysosomes in HSP patients remains to be determined (Allison et al., 2017).


[image: image]

FIGURE 3. Interplay between membrane-bound organelles, biomolecular condensates, and the cytoskeleton. A model depicting the complex interactions between membrane-bound organelles, biomolecular condensates and the cytoskeleton. Membrane-bound organelles (ER, mitochondria, endo-lysosomes) form contacts with each other and the microtubule cytoskeleton and can also form dynamic contacts with biomolecular condensates. For simplicity, transport granules, P-bodies and stress granules are depicted collectively as “RNP granules” for granule fission. These interactions and their complex interplay regulate the organization and remodeling of membrane-bound organelles, biomolecular condensates and the cytoskeleton. Mutations in various proteins influencing these complex interactions are linked to several neurodegenerative diseases and are indicated in the model.


In addition, several exciting recent studies have shown that there is crosstalk between cytoskeletal components. These components are inter-linked by proteins that directly or indirectly bind to the MT and actin cytoskeleton, and this crosstalk has been shown to play essential roles in cell division, migration, immune synapse and axonal growth (Rodriguez et al., 2003; Mohan and John, 2015; van de Willige et al., 2019; Biswas and Kalil, 2018; Martin-Cofreces and Sanchez-Madrid, 2018). The role of this cytoskeletal crosstalk on organelle dynamics remains largely unexplored.

The recent technical advances mentioned above open up the possibility to further investigate these complex interactions and study the consequence of disease mutations, which will likely increase our knowledge on disease pathogenesis.
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Membrane contact sites (MCSs), regions where the membranes of two organelles are closely apposed, play critical roles in inter-organelle communication, such as lipid trafficking, intracellular signaling, and organelle biogenesis and division. First identified as “fraction X” in the early 90s, MCSs are now widely recognized to facilitate local lipid synthesis and inter-organelle lipid transfer, which are important for maintaining cellular lipid homeostasis. In this review, we discuss lipid metabolism and related cellular and physiological functions in MCSs. We start with the characteristics of lipid synthesis and breakdown at MCSs. Then we focus on proteins involved in lipid synthesis and turnover at these sites. Lastly, we summarize the cellular function of lipid metabolism at MCSs beyond mere lipid homeostasis, including the physiological meaning and relevance of MCSs regarding systemic lipid metabolism. This article is part of an article collection entitled: Coupling and Uncoupling: Dynamic Control of Membrane Contacts.
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INTRODUCTION

Compartmentalization is a basic organizational principle of cells. It can be achieved by intracellular membranes, which act as physical barriers to optimize the efficiency of cellular processes that occur within organelles (Aguzzi and Altmeyer, 2016). Lipids are fundamental components of cellular membranes. The lipid composition varies in different organelle membranes and/or subregions/domains within membranes. This heterogeneity of lipid distribution can be achieved by local lipid metabolism or by intracellular lipid trafficking, which delivers lipids from where they are synthesized (in most cases in the endoplasmic reticulum/ER) to their destination membranes and/or membrane domains in both vesicular and non-vesicular pathways.

Membrane contact sites (MCSs) are areas of close apposition between two organelles that mediate non-vesicular lipid trafficking, or between inner and outer membranes of the same organelle, such as mitochondria and chloroplast. It has been known for decades (Scorrano et al., 2019). However, the field of organelle interactions came into the spotlight only when the functional meaning of MCSs was revealed. Vance (1990) described the presence of “fraction X” in mitochondrial preparations, which harbored phospholipid synthetic activity and was later identified as mitochondrial-associated membranes (MAMs) (Vance, 1990). This is the first paper showing that a biochemical activity occurs specifically at contact sites. More recent studies have unveiled the functional significance of MCSs in regulating various cellular processes, such as Ca2+ transport, lipid exchange, apoptosis, and organelle biogenesis (Doghman-Bouguerra et al., 2016; Kannan et al., 2017; Wu et al., 2019; Schutter et al., 2020). It is now more evident that such close apposition between organelles facilitates inter-organelle communication and is essential for the structure and function of eukaryotic cells including mammalian cells (Figure 1) and yeast (Figure 2).
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FIGURE 1. Lipid synthesis and breakdown at MCSs in mammalian cells. (A) Schematic illustration of mammalian MCSs. The contact sites discussed in the text are boxed. (B) Lipid metabolism at the ER-mitochondrion contacts, highlighting the linked synthesis of PC, PE, and PS; the detergent-resistant membrane (DRM) (domain enriched in ceramide, cholesterol, and associated proteins; and the biosynthesis of GPI using ER-derived PI and mitochondrion-derived PE. (C) Lipid metabolism at the ER-PM contacts, showing the Sac1-mediated conversion of phosphatidylinositol 4-phosphate (PI4P) to phosphatidylinositol (4,5)-bisphosphate (PIP2) in trans and in cis, and TMEM24-mediated PI transport. (D) Pex5 and ATGL interaction at peroxisome-LD contacts, and TOMM20 and ACBD2/EI2 interaction at mitochondrion-peroxisome contacts. (E) MIGA2-mediated LD-mitochondrion association to supply TAG from mitochondrially derived citrate. (F) The activation of mTORC1 by cholesterol delivered from the ER to the lysosome surface by OSBP, and the transport of cholesterol out of the lysosome lumen by NPC1. CPT, CDP-choline-1,2-diacylglycerol choline phosphotransferase (CPT); EPT, CDP-ethanolamine:1,2-diacylglycerol ethanolamine phosphotransferase; PSS1/2, phosphatidylserine synthase; PEMT, phosphatidylethanolamine methyltransferase; GPAT1, glycerophosphate acyltransferases; SIG-1R, Sigma 1R; PC, phosphatidylcholine; PE, phosphatidylethanolamine; PS, phosphatidylserine; G3P, glycerol-3-phosphatase; LPA, lysophosphatidic acid; GM1, GM1-ganglioside; GPI, glycosylphosphatidylinositol; TMEM24, transmembrane protein 24; PEX5, peroxisomal biogenesis factor 5; ATGL, triglyceride lipase; TOMM20, Translocase of outer mitochondrial membrane 20; ACBD2/EI2, acyl-coenzyme A-binding domain; ACLY, ATP citrate lyase; FASN, fatty acid synthase; NPC1, Niemann-Pick disease, type C1; OSBP, oxysterol-binding protein 1.)
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FIGURE 2. Lipid synthesis and breakdown at MCSs in yeast. (A) Schematic illustration of yeast MCSs. The contact sites discussed in the text are boxed. (B) The mitochondrial and ER fractions of the PS decarboxylase Psd1, PI synthesis from CDP-DAG at MAMs, and PS transporter:ERMES complex. (C) The assembly of ER-Golgi contacts composed of the PS decarboxylase Psd2, Sfh4, the PI4P kinase Stt4, the tether Scs2 that binds Stt4, and Pbi1. (D) PI4P turnover at the ER-PM contact, and PC biosynthesis from PE. (E) LD-associated Pah1 at the nuclear vacuole junction. (F) Local phospholipid synthesis supports phagophore membrane expansion from the ER. (G) Concentration of the positive regulator of Torc1 (Ego complex) into sterol-enriched domains at ER-vacuole contacts. PME, phosphatidylmonomethylethanolamine; PDE, phosphatidyldimethylethanolamine.


Here, we will appraise the findings about the molecular basis, cellular functions, and physiological and pathological implications of lipid metabolism at MCSs. We will not focus on the molecular mechanism of lipid exchange at membrane contact sites, since many excellent reviews have touched on this subject already (Lahiri et al., 2015; Phillips and Voeltz, 2016; Muallem et al., 2017; Balla et al., 2019, 2020; Tamura et al., 2019; Prinz et al., 2020). We will discuss: (1) the characteristics of lipid synthesis and breakdown at MCSs, (2) proteins involved in lipid metabolism at MCSs, and (3) lipid function at MCSs beyond simple lipid homeostasis.



THE CHARACTERISTICS OF LIPID SYNTHESIS AND BREAKDOWN AT MCSs-PROTEINS AND LIPIDS

There is growing evidence that intimate physical contacts between the ER membrane and membranes of other organelles play major roles in lipid metabolism, including synthesis, breakdown, and transport (Scorrano et al., 2019). Mass spectrometry reveals that many proteins involved in lipid metabolism are detected in the MCS fractions (Sala-Vila et al., 2016; Ma et al., 2017; Wang et al., 2018). The MAM proteome has been analyzed in various cell lines and mouse tissues (Sala-Vila et al., 2016; Cho et al., 2017; Hung et al., 2017; Ma et al., 2017; Wang et al., 2018; Kwak et al., 2020). For example, using sequential centrifugation to isolate pure MAMs followed by mass spectrometry, over 1000 MAM proteins have been identified (Sala-Vila et al., 2016; Ma et al., 2017; Wang et al., 2018). It has been shown that approximately 10% of the MAM proteins from mouse liver are involved in lipid metabolism, including biosynthesis of cholesterol, fatty acids, steroids and phospholipids, and catabolism of fatty acids (Sala-Vila et al., 2016). Specific proteins at MCSs discussed in this review are listed in Table 1.


TABLE 1. Proteins involved in lipid metabolism at MCSs.

[image: Table 1]In recent years, the adoption of an alternative proteomic approach known as proximity-based labeling has advanced the mapping of MCS proteins (Cho et al., 2017; Hung et al., 2017; Antonicka et al., 2020; Kwak et al., 2020). In this approach, a bait protein is endowed with biotinylating activity via fusion with peroxidase (APEX), horseradish peroxidase (HRP), or promiscuous biotin ligase (pBirA); prey proteins near (<10 to 20 nm) the bait protein, or cellular regions enriched in the bait protein, are biotinylated and can then be purified and analyzed (Hung et al., 2017; Antonicka et al., 2020). Several studies have used this method to identify the MAM proteome, and they acquired a much smaller number of MAM proteins compared to conventional fractionation-based methods. One study demonstrated that proteins involved in triglyceride (TAG) synthesis [acyl-coA synthetase long chain family member 1 (ACSL1) and putative glycerol kinase 3 (GK3P) and fatty acid oxidation (carnitine palmitoyltransferase 1a (CPT1a)] are enriched in the MAM fraction of cells (Hung et al., 2017). However, this type of method also has a number of limitations, such as inducing changes in protein localization (toward or away from the membrane) in response to stimuli that are applied by this method, and failing to detect well-known MCS-resident proteins (Kwak et al., 2020).

Although certain lipid synthetic and catabolic enzymes have been identified at the contact sites, the immediate consequence of these enrichments, in particular on the lipid composition of membrane contacts, has scarcely been explored. This is probably due to the difficulty in separation and purification of intracellular membrane without contamination from other membranes (Schuiki et al., 2010; Horvath and Daum, 2013). Thus far, only three studies have analyzed the phospholipid composition of MCSs (Fischl and Carman, 1983; Vance, 1990; Pichler et al., 2001). In rat liver, the molar ratio of phosphatidylcholine (PC)/phosphatidylethanolamine (PE) of MAMs resembles that of the ER rather than the mitochondria (Vance, 1990), which suggests that the properties of MAMs are more similar to the ER in terms of biosynthesis of phospholipids (Vance, 1990). In yeast, analysis of the phospholipid composition of MAMs has revealed that the MAMs have a significantly higher phosphatidylinositol (PI) content and a lower phosphatidic acid (PA) content as compared to mitochondrial and other microsomal membranes (Gaigg et al., 1995). This is probably due to the fact that the highest level of PI synthase (Pis1) activity is found in the MAM fraction (Fischl and Carman, 1983; Gaigg et al., 1995). The lipid composition of ER-plasma membrane (PM) contacts is also more similar to the ER in yeast, with higher levels of PC, PE, and PI and a lower amount of phosphatidylserine (PS) compared to the PM (Pichler et al., 2001).

Similar to the PM, MAMs also contain microdomains, named lipid rafts. Lipid rafts are cholesterol and sphingolipids-rich microdomains in PM. The detergent-resistant lipid rafts in the MAMs from mammalian cells are rich in lipids, such as cholesterol, ceramides and glycosphingolipids, and proteins that are components of MAM-localized Ca2+ signaling complexes, such as sigma-1 receptor (Sigma 1R), IP3R, GRP75, and VDAC1 (Hayashi and Fujimoto, 2010; Poston et al., 2011). Of note, the lipid-protein interactions at this specific region play crucial roles in executing both cellular processes and organelle biogenesis. For instance, ceramides from the detergent-resistant membranes of MAMs are physically associated with Sigma 1R and anchor it to the MAMs (Hayashi and Fujimoto, 2010). Sigma 1R stabilizes IP3R3 at MAMs, therefore favoring Ca2+ transfer from the ER to the mitochondria (Hayashi and Su, 2007; Figures 1A,B). In mouse brain, GM1-ganglioside (GM1), one of the sialic acid-containing glycosphingolipids (GSLs), physically interacts with phosphorylated form of IP3R in glycosphingolipid-enriched microdomain (GEM) fractions of MAMs and influences Ca2+-mediated apoptotic signaling (Sano et al., 2009; Figure 1B). Ganglioside (GD3) interacts with AMBRA1 and WIPI1, both of which are core-initiator proteins responsible for autophagosome formation (Garofalo et al., 2016).

The enrichment of a set of functionally linked lipid biosynthetic enzymes at MCSs also extends our understanding of the lipid composition at MCSs. For example, mammalian MAMs contain the PS synthases PSS1/2, which convert PE and PC to PS, PE methyltransferase (PEMT) which converts PE to PC, and PS decarboxylase (PISD) which converts PS to PE. The linked synthesis of PS, PE, and PC segregates the pools of PS and PS-derived phospholipids from the bulk of the ER phospholipids (Vance, 1990). The segregation of these specific chemical reactions may increase the reaction efficiency and restrict the dissemination of reaction products, or may serve special functions. For instance, the cell uses the pool of PS-derived phospholipids for lipoprotein assembly (Vance, 1990).

Each subcellular compartment of the cell has a specific set of membrane lipids. PC and PE are the most abundant phospholipids in the membranes of mammalian and yeast cells (Horvath and Daum, 2013). PS is highly enriched in the PM of these cells (Horvath and Daum, 2013). PI is more enriched in the Golgi apparatus than in other subcellular compartments (Horvath and Daum, 2013). Sphingolipids are enriched in lysosomes (Horvath and Daum, 2013). To maintain the distinct membrane features and lipid composition of each subcellular compartment, coordinated regulation of lipid synthesis, degradation, and transport is required. The identification of lipid metabolic enzymes at MCSs and the lipid composition of MCSs lays the foundation of our understanding of lipid metabolism at MCSs. In the next part, we will discuss in detail the individual enzymes involved in lipid synthesis and breakdown at MCSs.



LIPID METABOLISM AT THE MEMBRANE CONTACTS


Phospholipid Synthesis and Breakdown at Membrane Contacts

Several lines of evidence suggest that non-vesicular lipid transport intersects with lipid biosynthetic and regulatory pathways at MCSs (Fernandez-Murray and McMaster, 2016; Phillips and Voeltz, 2016; Balla et al., 2019; Figures 1A,  2A). In this part, we review studies of phospholipid metabolism at MCSs, with the emphasis on phospholipid biosynthesis and breakdown in mammalian system and yeast.



PS

Phosphatidylserine is transported from the ER to mitochondria and decarboxylated to synthesize PE, and PE is transferred in the reverse direction from mitochondria to the ER. The function of MAMs in PS import into mitochondria has been extensively studied in mammalian cells and yeast (Vance, 1990; Voelker, 1990; Gaigg et al., 1995; Shiao et al., 1995; Achleitner et al., 1999; Nguyen et al., 2012; Lahiri et al., 2014; Hernandez-Alvarez et al., 2019; Petrungaro and Kornmann, 2019). The best-studied ER-mitochondria tether that is responsible for PS transport is yeast ER-mitochondria encounter structure (ERMES) complex (Kawano et al., 2018; Petrungaro and Kornmann, 2019; Figure 2B). In addition to facilitating PS transport, MAMs also contains phospholipid synthetic activity. An excellent study performed by J. E. Vance demonstrated that the activities of phospholipid biosynthetic enzymes such as PS synthase (PSS), cholinephosphotransferase (CPT) and ethanolaminephosphotransferase (EPT) are present in MAMs (Vance, 1990) (Figure 1B). Later on, her group reported that both full-length PSS1 and PSS2 are located almost exclusively at MAMs and are largely excluded from the bulk of the ER (Stone and Vance, 2000; Figure 1B). The presence of phospholipid biosynthetic enzymes at the MAMs raises the following question: is the unique subcellular localization of these enzymes functionally significant in the regulation of metabolic processes? In fact, the newly synthesized PS is more readily transported from the ER to the mitochondria than the preexisting PS (Vance, 1991; Achleitner et al., 1995). Similarly, the newly synthesized PE is preferred for translocation from the mitochondria to the ER (Vance, 1991; Achleitner et al., 1995). Recently, Prinz et al. (2020) fused E. coli PS synthase with yeast Mmm1, which is specifically located to the MAMs, or with yeast Sec63, which is evenly distributed in all portions of the ER (Kannan et al., 2017). Their results showed that enrichment of PS synthase at the MAMs promotes more efficient PS transport than when PS synthase is located evenly in the ER (Kannan et al., 2017). This suggests that a MAM-localized phospholipid synthetic enzyme can increase phospholipid transport.

In mammalian cells, ER-derived PS is rapidly converted to PE by decarboxylation and this is thought to take place in mitochondria only. However, yeast has two PS decarboxylases: mitochondrial Psd1 and the trans-Golgi network/endosomal Psd2 (Wang et al., 2020). Psd2 is proposed to engage with MCSs for PS decarboxylation (Wang et al., 2020). Several proteins are known to be required in conjunction with Psd2 for PS transport to occur, such as the sec14-like phosphatidylinositol transfer protein (PITP) Sfh4, the phosphatidylinositol 4-kinase (PI4K) Stt4, the tether Scs2, and an uncharacterized protein Pbi1 (Wang et al., 2020; Figure 2C). A recent study demonstrated that Sfh4 affects Psd2 activity through direct physical interaction with Psd2 and the functional effect of Sfh4 is independent of its PI-binding/exchange activity (Wang et al., 2020). This study challenges the general view of PITP as a PI transfer protein. Although Psd1 is considered as an inner mitochondrial membrane-anchored protein, a recent study showed that Psd1 has dual ER and mitochondrial localization with its transmembrane domain necessary and sufficient for its ER localization (Friedman et al., 2018; Figure 2B). Furthermore, the mitochondrial fraction of Psd1 is required for normal mitochondrial function and the ER-localized fraction of Psd1 is required for normal cellular PE homeostasis (Friedman et al., 2018). This finding implies that the mitochondrial-derived PE generated by mitochondrial Psd1 is not robust enough to provide cells with a sufficient PE pool. Thus, the different organelle-associated domains of a protein may play distinct but essential roles in organelle function.



PI AND PI4P

Phosphatidylinositol is synthesized in the ER and phosphorylated to PtdIns 4-phosphate (PI4P) at the PM and Golgi and PtdIns 4,5-biphosphate (PIP2) at the PM (Agranoff et al., 1958; Gaigg et al., 1995; Figure 1C). Mammalian phosphatidylinositol synthase (PIS), which catalyzes PI formation using CDP-DAG, is found at the ER. Interestingly, PIS has been detected in a highly mobile membrane compartment, which originates from the ER and provides PI to cellular membranes in mammalian cells (Kim et al., 2011). In addition, the autophagy initiation complex is located to the PIS-enriched ER subdomains of mammalian cells (Nishimura et al., 2017). In yeast, the specific activity of phosphatidylinositol synthase (Pis) is significantly higher in the MAM fraction than in the ER fractions (Gaigg et al., 1995; Figure 2B). The PI level in the MAMs is almost three times higher than that in ER fractions (Gaigg et al., 1995). The biosynthesis of PI is also enriched in the ER-associated plasma membrane (PAM) in yeast (Pichler et al., 2001).

PI4P, derived from PI by PI kinase, is an essential signaling molecule at the PM and Golgi with functions in signal transduction, lipid metabolism, and membrane trafficking (D’Angelo et al., 2008). Sac1 PI phosphatase is an important regulator of PI4P turnover and is located to the ER and Golgi (Nemoto et al., 2000; Foti et al., 2001; Faulhammer et al., 2007). sac1 mutant yeast cells accumulate PI4P at the PM (Baird et al., 2008). Since Sac1 is not known to traffic to the PM, there must be factors that link Sac1 activity to PI4P at the PM (Stefan et al., 2011). Oxysterol-binding homology 3 (Osh3), a conserved pleckstrin-homology (PH) domain-containing protein, is identified as linking Sac1 activity to PI4P homeostasis at the PM (Stefan et al., 2011). PI4P binds to the Osh3 PH domain and activates Osh3 at the ER-PM contact sites (Stefan et al., 2011). The association of PI4P with Osh3 facilitates the interaction between ORD, a lipid transfer domain in Osh3, and the downstream target protein Sac1, thus stimulating Sac1 PI phosphatase activity (Stefan et al., 2011; Figure 2D). Therefore, Osh proteins can act as sensors of PI4P at the PM and activators of Sac1 phosphatase at the ER. Although these findings support the notion that Sac1 controls the PI4P level at the PM in trans, some evidence suggests that it acts in cis (i.e., in the same membrane) (Mesmin et al., 2013). In fact, Sac1 dephosphorylates PI4P at the ER and creates a PI4P gradient. This process is accompanied by counter transport of cholesterol or PS by oxysterol-binding protein (OSBP) and Osh6, respectively, and is conserved in yeast and mammalian systems (von Filseck et al., 2015; Mesmin et al., 2017). In mammalian cells, Sac1 is reported to be located at the ER-PM junctions (Dickson et al., 2016). Depletion of PI(4,5)P2, the product from phosphorylation of PI4P, at the PM reduces the amount of Sac1 in contact with the PM, thus limiting PI4P dephosphorylation through a feedback mechanism (Dickson et al., 2016; Figure 1C). The above findings about the functions of lipid transfer proteins at the ER-PM contacts shed light on their roles in maintaining contact structures and the PM lipid composition. Indeed, elimination of lipid transfer proteins causes dysregulation of phospholipid biosynthesis and sterol transfer, which negatively impacts PM organization (Quon et al., 2018).



PA

Phosphatidic acid can be derived from lipid precursor: glycerol 3-phosphate (G3P). In this process, G3P is acylated by glycerophosphate acyltransferases (GPATs) to form lyso-PA which is further converted to PA by 1-acylglycerol 3-phosphate acyltransferases (AGPATs) (Gonzalez-Baro et al., 2007; Takeuchi and Reue, 2009). Thus far, four mammalian GPAT proteins have been identified. There are three N-ethylmaleimide (NEM)-sensitive microsomal and mitochondrial GPATs (GPAT2-4) and one NEM-resistant mitochondrial GPAT1 (Wang et al., 2007; Nagle et al., 2008). Because the enzymes that catalyze the final steps of TAG synthesis are localized to the ER, the mitochondrial localization of GPAT1 is unexpected. A study has shown that GPAT1 is highly enriched in the mitochondrial-associated vesicle (MAV) fraction, which is obtained from sedimentation of the upper band from Percoll density gradient centrifugation of crude mitochondria (Pellon-Malson et al., 2007; Figure 1B). MAVs share characteristics with both MAMs and crude mitochondrial fraction, which contains mitochondrial and MAM fractions. Many marker proteins present in above fractions are also recovered in the MAV fraction. The MAV fraction contains large vesicles, as viewed by electron microscopy (Pellon-Malson et al., 2007). Although the protein level of GPAT1 is highly enriched in this MAV fraction, GPAT1 activity is most enriched in pure mitochondria (Pellon-Malson et al., 2007). This suggests that GPAT1 is largely inactive in the MAV fraction. The discrepancy between GPAT1 protein expression and activity in the subcellular fraction suggests the possibility that GPAT1 in the MAV fraction may have novel roles beyond its enzymatic activity, and, as such, it has been postulated that GPAT1 from the MAV fraction is important for transporting its product, lyso-PA, from the mitochondria to the ER (Pellon-Malson et al., 2007).



PC

Phosphatidylcholine is the most abundant phospholipid in mammalian cells. PC is synthesized via either the CDP-choline pathway or the methylation of PE (Horvath and Daum, 2013). Liver-specific PEMT, which converts PE to PC, is specifically located at the MAMs (Cui et al., 1993; Figure 1B). Although PEMT is highly enriched in the MAMs, the PE methyltransferase activity in the MAMs is comparable with that in the ER, which indicates that other ER-localized enzymes may also have PE methyltransferase activity (Vance and Vance, 1988; Cui et al., 1993; Rusinol et al., 1994). In yeast, methylation of PE is the primary pathway for the biosynthesis of PC when cells are grown in the absence of choline, whereas the CDP-choline pathway is an auxiliary route since it requires exogenous choline (McDonough et al., 1995). Unlike the mammalian PEMT, which catalyzes all three transmethylation steps to form PC, yeast has two PEMT enzymes, designated Cho2 and Opi3, which catalyze the first and the last two consecutive transmethylation steps, respectively (Cui et al., 1993; Figure 2D). Of interest, a study showed that the ER-PM contacts are required for PC synthesis through the methylation of PE (Tavassoli et al., 2013). SCS2 and ICE2, two ER-localized proteins, play important roles in ER biogenesis and the structure of ER-PM contacts (Tavassoli et al., 2013). Δscs2Δice2 mutant yeast exhibited disrupted ER-PM contacts, growth defects and reduced PC synthesis (Tavassoli et al., 2013). The reduced PC synthesis is due to the loss of function of Opi3 (Tavassoli et al., 2013). With disrupted ER-PM contacts, the access of lipid substrates such as phosphatidylmonomethylethanolamine (PME) and phosphatidyldimethylethanolamine (PDE) to Opi3 is compromised (Figure 2D). In addition, similar to the Sac1-Osh3 regulatory relationship at the ER-PM contacts, Osh3 also regulates Opi3 and facilitates its PC synthetic activity at these contacts (Stefan et al., 2011; Tavassoli et al., 2013; Figure 2D). The precise regulation of PC biosynthesis at the ER-PM contacts is crucial, because in yeast, Opi3 controls the ratio of PE:PC at the PM and decreased Opi3 activity results in an increased PE:PC ratio, therefore destabilizing the PM bilayer (Schueller et al., 2007).

Compelling evidence suggests that many phospholipid biosynthetic enzymes are enriched at MCSs. It is a paradox that their enzymatic activities are not always enriched at MCSs, which suggests that non-enzymatic roles/domains of these proteins may be important for their function at MCSs. The contact sites provide a confined environment for segregating phospholipid biosynthetic enzymes. Therefore, the pool of lipids generated by this segregation may serve special purposes, such as transport to other organelles or involvement in lipoprotein synthesis. Furthermore, the contact sites can spatially regulate the accessibility of lipid substrates to their catalytic enzymes. Therefore, the fine regulation of chemical reactions can be accomplished at MCSs.


Neutral Lipid Synthesis and Degradation at Membrane Contacts

The ER synthesizes phospholipids for membrane growth and cell proliferation, and TAG to store energy in lipid droplets (LDs). LD biogenesis is generally considered to occur at the ER. In some cell types, LDs appear inside the nucleus (Layerenza et al., 2013; Uzbekov and Roingeard, 2013; Ohsaki et al., 2016). Yeast phosphatidate phosphatase, Pah1, catalyzes the conversion of PA to DAG, which channels PA toward TAG storage but away from phospholipid synthesis for membrane biogenesis and growth. Pah1 lacks transmembrane domains and requires translocation onto membranes to become functional (Karanasios et al., 2013). It has been shown that the acidic tail of Pah1 is required for both LD and nuclear membrane recruitment (Karanasios et al., 2013). It is likely that membrane-bound Pah1 and its regulation of lipid and membrane biogenesis are key metabolic adaptations when the cell requires drastic membrane remodeling (Karanasios et al., 2013). Indeed, during glucose exhaustion in yeast, Pah1 is targeted transiently to the nuclear membrane domain that contacts the vacuole, named the nuclear vacuole junction (NVJ) (Barbosa et al., 2015; Figure 2E). Subsequently, Pah1 is concentrated in two nuclear membrane puncta flanking the NVJ that are in contact with LDs (Barbosa et al., 2015; Figure 2E). The biological significance of this concentration of Pah1 and the associated LDs at the NVJ flanked by the nuclear envelope is not completely clear. Given that in nutrient-rich conditions in yeast, phospholipid synthesis is predominant, whereas during glucose exhaustion, lipid precursors are redirected to TAG storage, it is possible that Pah1 facilitates NVJ-mediated degradation of the nuclear membrane and LD biogenesis, both of which are lipid recycling processes during glucose exhaustion. Recent evidence suggests that yeast Mdm1 and its human homolog: sorting nexin protein (Snx14) are localized to NVJ-associated LD (ER-LD contact in mammalian cells) and regulate NVJ-associated LD production (Schuldiner and Bohnert, 2017; Eisenberg-Bord et al., 2018; Hariri et al., 2018; Datta et al., 2019).

It is clear that LD-organelle contacts are regulated by nutritional status. In mammalian system, the stored TAG undergoes lipolysis in adipocytes to release fatty acids and glycerol in response to starvation, and this process is mediated by TAG hydrolases including adipose triglyceride lipase (ATGL) and hormone-sensitive lipase (HSL). The released fatty acids are further oxidized in mitochondria or peroxisomes. Lipolysis coupled with fatty acid oxidation supplies energy during starvation. An interesting study revealed that fasting promotes the interaction between peroxisomes and LDs (Kong et al., 2020). Upon fasting, peroxisomal biogenesis factor 5 (PEX5) mediates the recruitment of ATGL at peroxisome-LD contact sites (Kong et al., 2020). Lipolysis is compromised if peroxisome-LD contacts are disrupted (Kong et al., 2020; Figure 1D). This study provides a clear example of how cells respond to environmental stress such as nutrient depletion by modulating organelle contacts (Zaman et al., 2008). In fact, cells can initiate various adaptations in response to cellular stress. For instance, during prolonged starvation in yeast, ER-mitochondria contact sites are lost, concomitant with sequestration of both cytosolic and ER lipid biosynthetic enzymes into deposits (Suresh et al., 2015). These two processes are considered as an adaptive response for yeast cells to regulate lipid flux when the supply of nutrients is limited (Suresh et al., 2015). The underlying mechanism is not completely clear. It might be that sequestration of enzymes permits regulation of lipid homeostasis without affecting the enzymatic activities and enables cells to quickly alter their lipid flux by simply relocalizing their enzymes when the nutritional status is favorable (Suresh et al., 2015).

Besides the aforementioned peroxisome-LD associations during starvation in cells, mitochondrion-LD associations have also been found in white and brown adipocytes (Benador et al., 2018). It is conceivable that there are factors that regulate mitochondrion-LD contacts. Through proteomic analysis of adipocyte LDs, a mitochondrial outer membrane protein, Mitoguardin 2 (MIGA2), was found to be associated with LDs in adipocytes or oleic acid-treated COS7 cells (Freyre et al., 2019; Figure 1E). MIGA2 is not only found at mitochondrion-LD contacts; it is also located to the ER, where de novo lipogenesis mainly takes place (Freyre et al., 2019; Figure 1E). It has been shown that MIGA2 promotes lipogenesis from non-lipid precursors such as citrate in the mitochondria, possibly leading to positive feedback to the adipogenic transcriptional program and driving adipogenesis and LD formation forward (Freyre et al., 2019). These results coincide with the finding that LD-associated mitochondria support LD expansion by increasing TAG synthesis (Benador et al., 2018).



Synthesis and Breakdown of Other Lipids at Contact Sites

In mammalian system, glycosylphosphatidylinositol (GPI) biosynthetic reactions are largely confined to MAMs (Figure 1B). GPIs are important for anchoring proteins to the cell membranes (Vidugiriene et al., 1999). It is likely that the localization of GPI biosynthetic activity at MAMs may allow the biosynthetic enzyme more accessibility to its substrate PE, which is mainly derived from decarboxylation of PS in mitochondria (Vidugiriene et al., 1999). Peroxisomes and mitochondria share some similarities in terms of their synergistic functioning in the metabolism of fatty acids, reactive oxygen species, and steroid biosynthesis (Fan et al., 2016). It has been demonstrated that peroxisomes are physically associated with mitochondria and that Pex34, a peroxisomal membrane protein, and Fzo1, the yeast mitofusion, serve as tethers of peroxisome-mitochondria contact (Fan et al., 2016; Shai et al., 2018). A family of acyl-CoA-binding domain (ACBD)-containing proteins regulates steroid biosynthesis in both peroxisomes and mitochondria (Figure 1D). Recent findings suggest that peroxisomal ACBD2/ECI2 isoform A, generated by alternative splicing, is also located to the mitochondria and mediates peroxisome-mitochondrion contact and steroid biosynthesis (Fan et al., 2016).

The autophagosome mediates the degradation of cytoplasmic materials by macroautophagy and is formed in close proximity to the ER (Zhao and Zhang, 2019). Autophagosome formation involves the nucleation of a single-membrane phagophore and its further expansion and closure of its membrane (Mari et al., 2010; Shima et al., 2019). This raises a question: what membranes or processes sustain autophagic membrane formation? It is considered that many organelles, such as ER, Golgi, endosomes, mitochondria, and plasma membrane, contribute to the formation of autophagosomes (Axe et al., 2008; Geng et al., 2010; Hailey et al., 2010; Puri et al., 2013; Nishimura et al., 2017). However, a study demonstrated that de novo phospholipid synthesis contributes to autophagosome membrane formation in yeast, which suggests a unique mechanism (Schutter et al., 2020). It has been shown that the long-chain acyl-CoA synthetase (Faa1), which catalyzes the formation of fatty acyl-CoA, is localized to nucleated phagophores. Faa1 channels activated FAs locally into de novo phospholipid synthesis at the ER, which forms stable contacts with nascent autophagosomes (Schutter et al., 2020; Figure 2F). Furthermore, the newly synthesized phospholipids at the ER promote the assembly and expansion of the phagophore membrane into an autophagosome (Figure 2F). The concentrated Faa1 activity specifically on nucleated phagophores allows spatiotemporal compartmentalization of de novo phospholipid synthesis, which readily facilitates autophagic membrane expansion under starvation conditions. This notion is conceptually similar to the idea discussed above, that the newly synthesized lipids at the contact sites support the local lipid flux between ER and tethered organelles (Kannan et al., 2017). Therefore, the fine spatial segregation of molecular components permits efficient organelle communication and is critical for cellular homeostasis.

In sum, based on the presence of many lipid biosynthetic enzymes at MCSs and their physiological significances in cellular processes, we may reconsider MCSs as being involved in both organizing lipid synthesis and facilitating intermembrane lipid transport. Newly synthesized lipids at MCSs may have distinct functions beyond simple lipid homeostasis, which will be discussed in the next part.



LIPID FUNCTIONS AT CONTACT SITES BEYOND SIMPLE LIPID HOMEOSTASIS


Distinct Functions of Lipids at MCSs

Lipids at contact sites are critical in maintaining lipid homeostasis and membrane organization. Furthermore, some lipids at membrane contact sites are capable of regulating enzyme activity or signal transduction. Here, we will review the findings about lipid function at contact sites beyond simple lipid metabolism.

As mentioned at the start of this review, compartmentalization is a key determinant of cellular function and biology. One type of compartmentalization is the specialized membrane domains that exist within membrane lipid bilayers (Rai et al., 2016). Membrane contact sites persist during harsh mechanical and chemical separation methods (Vance, 1990). It is possible that specific lipids and proteins are assembled and organized into membrane domains and tether contact sites which are of biophysical and physiological importance in living cells (King et al., 2020). Certain lipid species such as sterols and sphingolipids have greater propensity for membrane domain biogenesis (Harder and Simons, 1997; Simons and Ikonen, 1997). In addition, MCS-resident proteins can also facilitate membrane domain compartment formation. For instance, Osh proteins at ER-PM contact sites create a nanoscale membrane environment that facilitates the synergistic transport of unsaturated PS and sterol and stimulates phosphatidylinositol-4-phosphate 5-kinase (PIP5K) activity, thus affecting PIP2 generation and its related cellular events at the PM (Nishimura et al., 2019). Another example of how small-scale lipid organization controls an enzyme activity or signaling events is provided by the yeast sterol transport protein, Ltc1. It is found at ER-vacuole contact sites and facilitates the partitioning and concentration of the EGO complex, a positive regulator of TORC1, into sterol-enriched domains, thus inhibiting TORC1 activity during stress conditions in yeast (Murley et al., 2015, 2017; Figure 2G). These findings suggest that lipids together with membrane-associated proteins can be concentrated into membrane domains at MCSs and enable localized signal transduction.

In addition to being regulated by sterol-enriched membrane domains, mTORC1 activity can be activated by cholesterol on the surface of lysosomes in mammalian cells (Castellano et al., 2017). A study showed that oxysterol binding protein (OSBP), which is located to the ER-lysosome contacts, ensures ER-to-lysosome cholesterol transfer and mTORC1 activation (Lim et al., 2019; Figure 1F). Cholesterol from the ER-lysosome contact sites directly interacts with mTORC1 scaffolding proteins, leading to mTORC1 activation on the lysosomal surface (Lim et al., 2019; Figure 1F). NPC1 handles LDL-derived cholesterol and transfers cholesterol from the lysosomal lumen to other acceptor membranes (Gong et al., 2016; Figure 1F). NPC1-deficient cells have increased accumulation of cholesterol in lysosomes and hyperactive mTORC1. Inhibition of OSBP attenuates hyperactivity of mTORC1 signaling in NPC1-deficient cells by inhibiting the transfer of cholesterol from the ER to the lysosomal surface (Lim et al., 2019). This work uncovered the effect of cholesterol transfer at ER-lysosome contacts on the regulation of mTORC1 activity and shed light on the molecular mechanism underlying the pathogenesis of neurodegenerative diseases caused by inactivation of NPC1.

PIP2 at the PM controls insulin release from pancreatic beta cells (Xie et al., 2016). Transmembrane protein 24 (TMEM24) serves as a tether at ER-PM contact sites and has an SMP domain, which is capable of transporting PI, the precursor of PIP2, from its site of synthesis in the ER to the PM during glucose-induced insulin secretion (Lees et al., 2017; Figure 1C). TMEM24 also plays a critical role in calcium pulsatility, likely by replenishing PIP2 pools at the PM, which positively regulate IP3 receptors and the PM ion channels that control calcium influx by generating IP3 (Lees et al., 2017). This finding illuminates the elegant mechanism underlying the regulatory effect of an organelle contact-resident lipid-transfer protein on PI pools, Ca2+ oscillation and insulin secretion in beta cells (Lees et al., 2017). Together, these findings reveal the function of lipids at MCSs in regulating MCS integrity and localized signal transduction.



Physiological Relevance of MCSs

Growing evidence suggests that MCS function is linked to neurodegenerative diseases, Alzheimer disease and metabolic diseases. Here, we will review the physiological function of MCSs in the development of metabolic diseases (Table 2).


TABLE 2. Physiological function of MAMs in metabolic diseases.

[image: Table 2]Mitochondrial-associated membranes play crucial roles in regulating a variety of metabolic stresses, including virus infection, ER stress, hypoxia, nutrient deprivation, and excess glucose availability (Simmen and Herrera-Cruz, 2018). Since recent evidence suggests that MAMs are fundamentally important for hormonal and nutrient signaling, MAMs have come into the spotlight of research on metabolic diseases. MAM structure and function have been implicated in insulin sensing and glucose homeostasis in various tissues, such as liver, adipose tissue, and skeletal muscle. In the liver of diet-induced obese and diabetic mice, ER-mitochondrion contacts are increased, thus resulting in mitochondrial Ca2+ overload, oxidative stress and dysfunction, and insulin resistance (Arruda et al., 2014). This seems to be a paradox, because in hepatocytes, palmitate treatment reduces ER-mitochondrion contacts and insulin signaling, and induction of MAMs by overexpression of mitofusin 2 (Mfn2) or GRP75 can rescue the palmitate-induced aberrant insulin signaling (Tubbs et al., 2014; Shinjo et al., 2017). Moreover, loss of Mfn2 reduces ER-mitochondrion interactions and causes insulin resistance and altered glucose homeostasis (Sebastian et al., 2012). Accordingly, Tubbs et al. (2014) observed that MAM integrity is disrupted in the liver of obese and diabetic mouse models. In addition, MAM function has been linked to the pathogenesis of non-alcoholic fatty liver disease (NAFLD). For instance, deficiency of some MAM resident proteins involved in phospholipids biosynthesis, such as PEMT and phosphate cytidylyltransferase 1, choline, alpha (Pcyt1a), cause liver damage in mice (Fu et al., 2011; Jacobs et al., 2017). Furthermore, Recent evidence shows that liver-specific deletion of Mfn2 causes defected PS transport between the ER and mitochondria and leads to non-alcoholic fatty liver disease (Hernandez-Alvarez et al., 2019).

In skeletal muscle, it is found that obesity enhances MAM formation (Thoudam et al., 2019). Inactivation of PDK4 reduces MAM formation and improves insulin signaling in obese mice by disrupting the interaction between PDK4 and the IP3R1-GRP75-VDAC1 complex, which regulates Ca2+ transport and controls MAM stability (Thoudam et al., 2019). However, contradictory results showed that ER-mitochondrion contacts in skeletal muscle are disrupted in different mouse models of obesity and diabetes (Tubbs et al., 2018). Furthermore, experimental increase of the ER-mitochondrion contacts in human myotubes prevents palmitate-induced aberrant insulin sensitivity (Tubbs et al., 2018). The reason for the discrepancy between these studies is not clear, but is likely related to differences in the experimental systems and/or experimental analysis methods.

In adipose tissue, CDGSH iron sulfur domain 2 (Cisd2)-mediated loss of ER-mitochondrion contacts impairs mitochondrial Ca2+ uptake, decreases insulin-stimulated glucose transport and results in mitochondrial dysfunction (Chen et al., 2009; Wang et al., 2014). Furthermore, miscommunication between ER and mitochondria is an essential step in the pathogenesis of cardiac hypertrophy. Treatment of cardiomyocytes with norepinephrine increases the distance between ER and mitochondria and decreases insulin-induced mitochondrial Ca2+ uptake, thus resulting in insulin desensitization (Gutierrez et al., 2014). Glucose is identified as a novel regulator of MAMs and it reduces the ER-mitochondrion contacts, induces mitochondrial fission, and impairs mitochondrial respiration in hepatocytes (Theurey et al., 2016). In line with this, disruption of MAM integrity mimics the effects of glucose on mitochondrial dynamics and function (Theurey et al., 2016). Recently, it is suggested that genetic downregulation of FUN14 domain containing 1 (Fundc1) improved mitochondrial function in HG-treated cardiomyocytes (Wu et al., 2019). Based on recent studies, it is clear that MAMs are involved in metabolic diseases. However, studies on this topic are controversial. MAMs may be a target for treating metabolic diseases, but more studies on their physiological role and regulation are required.



CONCLUDING REMARKS

Membrane contact sites permit the speed and spatial confinement that are required for the intricate control of cellular processes and organelle biogenesis. It has been observed that MCSs are resistant to harsh separation methods, probably because of the biophysical properties of their resident membrane proteins and lipids. There is a general view that lipids allow particular proteins in membranes to aggregate, and others to disperse. In fact, lipids and associated membrane proteins can form nanoscale domains at MCSs. Furthermore, it is an emerging concept that the formation of membrane contacts depends on the lateral segregation of lipids into domains, where lipid and protein binding domains recognize and integrate signals between the donor and/or acceptor membranes (van Meer et al., 2008). Therefore, lipid composition is essential for the biophysical, biochemical and physiological properties of MCSs. On the other hand, lipids synthesized at MCSs may serve special functions, such as ready transportation to an organelle, or acting as sensing molecules to transmit signals in transduction pathways, or stimulating local enzymatic activity. Accordingly, understanding the lipid composition of MCSs will be of great value to delineate their function. Currently, a comprehensive lipidomic analysis of MCSs has not been reported.

Another interesting phenomenon is that multiple phospholipid synthetic enzymes are enriched at MCSs. The segregation of these enzymes may allow generation of a local pool of phospholipids to support organelle membrane biogenesis or local signaling. Revealing the functions of distinct pools of lipids in vivo will be a great challenge. In addition, the discrepancy between the enriched enzymatic activities and their protein levels at MCSs may suggest that non-enzymatic functions of these proteins exist at contact sites. Furthermore, the regulation of the activity at MCSs may depend on specific actors or different local environment for activity such as lipid microdomains. The presence of these enzymes at MCSs may also permit more efficient access to their lipid substrates, or may generate a gradient of lipids (such as PI4P) between the donor and acceptor membranes to facilitate local lipid transport, or may regulate the phospholipid composition of adjacent organelles (such as PE levels in mitochondria and ER, controlled by Psd1).

In the last decade, MCSs have been implicated in metabolic diseases. However, the studies are sometimes controversial. Although a repertoire of methods has been applied to study MCSs, it still remains challenging to identify the contact sites, due to their transient nature and various abundance in different cell types. The current findings usually use knockout of an MCS-resident protein to study the link between MCSs and metabolic diseases. However, this approach may suffer from bias; for instance, the results may be caused by functions of the proteins other than their role at MCSs. Therefore, determining how lipid metabolism specifically at MCSs directly contributes to the pathogenesis of metabolic diseases will be an important future endeavor.
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In the secretory pathway, the transfer of cargo from the ER to the Golgi involves dozens of proteins that localize at specific regions of the ER called ER exit sites (ERES), where cargos are concentrated preceding vesicular transport to the Golgi. Despite many years of research, we are missing crucial details of how this highly dynamic ER-Golgi interface is defined, maintained and functions. Mechanisms allowing secretion of large cargos such as the very abundant collagens are also poorly understood. In this context, Tango1, discovered in the fruit fly Drosophila and widely conserved in animal evolution, has received a lot of attention in recent years. Tango1, an ERES-localized transmembrane protein, is the single fly member of the MIA/cTAGE family, consisting in humans of TANGO1 and at least 14 different related proteins. After its discovery in flies, a specific role of human TANGO1 in mediating secretion of collagens was reported. However, multiple studies in Drosophila have demonstrated that Tango1 is required for secretion of all cargos. At all ERES, through self-interaction and interactions with other proteins, Tango1 aids ERES maintenance and tethering of post-ER membranes. In this review, we discuss discoveries on Drosophila Tango1 and put them in relation with research on human MIA/cTAGE proteins. In doing so, we aim to offer an integrated view of Tango1 function and the nature of ER-Golgi transport from an evolutionary perspective.
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INTRODUCTION

The endoplasmic reticulum (ER) is the largest and most versatile organelle in eukaryotic cells, capable of generating, contacting and establishing coordinated relations with all other organelles and subcellular compartments. Among such relations, the one between the ER and the Golgi apparatus was the earliest to be recognized (Palade, 1975). ER-Golgi exchanges concentrate at ER exit sites (ERES): specialized ER regions where secretory cargos are collected prior to their trafficking to the Golgi (Bannykh et al., 1996). While dozens of proteins are required for exit of secretory cargo from the ER and entry into the Golgi, few are known to be involved in post-Golgi traffic (Lee et al., 2004; Barlowe and Miller, 2013), a clear indication that ER-to-Golgi cargo transfer at the ER-Golgi interface is the most critical step in secretion. In these same narrow ERES regions, in addition, traffic in the reverse Golgi-to-ER direction takes place as well (Roy Chowdhury et al., 2020). Despite their highly dynamic underlying nature, ERES are overall stable entities, raising the question of how they persist through time. Due to the high concentration of traffic regulators and proteins of the vesicle budding and fusion machineries, it has been postulated that ERES may behave as membrane-less liquid droplets (Hanna et al., 2018). Against this background, Tango1 (Transport and Golgi Organization 1), an ERES-localized protein discovered in the fruit fly Drosophila, has captured a great deal of interest for its role in ERES-Golgi coordination.

Tango1 is a transmembrane protein of the MIA/cTAGE (Melanoma Inhibitory Activity/Cutaneous T-cell lymphoma-associated antiGEn) family (Figure 1; Usener et al., 2003; Malhotra and Erlmann, 2011). Members of this family were found to be upregulated in melanoma samples before a role in secretion had been described (Bosserhoff et al., 1997; Stoll et al., 2001). The ER-lumenal portions of Tango1 and human TANGO1, encoded by MIA3, contain an SH3 domain, typically mediating protein-protein interactions in the cytoplasm, but exceptional in an ER-resident or secreted protein (Stoll and Bosserhoff, 2008). Their cytoplasmic portions, in turn, display conserved regions with no recognizable domains, but presumed to organize as coiled coils, and a C-terminal region that is poorly conserved but proline-rich, with multiple occurrences of consecutive prolines (Saito et al., 2009). Apart from MIA3, the human genome possesses 10 additional genes encoding MIA/cTAGE proteins. Among these, TANGO1 and TANGO1-like (TALI), encoded by MIA2, most resemble Drosophila Tango1. The rest contain exclusively the SH3 domain and ER-lumenal portion, or the cytoplasmic portion, presumably membrane-anchored in most cases.
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FIGURE 1. Schematic representation of Drosophila Tango1 and proteins of the MIA/cTAGE family, found exclusively in animals. A single representative is found in flies, consisting of an ER-lumenal part, displaying a highly conserved SH3 domain, and a cytoplasmic part, containing coiled coils and a C-terminal proline-rich region. In the sponge Amphimedon queenslandica, a representative of the phylum Porifera, the most basal metazoans, ER lumenal and cytoplasmic parts are found as separate proteins. In the sea anemone Nematostella vectensis, a cnidarian, a complete TANGO1 protein is found. Human MIA/cTAGE family members include TANGO1 and TANGO1-like (TALI) as complete proteins, but also ER-lumenal and transmembrane cytoplasmic forms, and also at least one predicted completely cytoplasmic CTAGE5 isoform (CTAGE5 cyt). Sequences represented and corresponding RefSeq accession numbers are: Dmel Tango1 (NP_609058.2), Aque NST1-like (XP_019849291.1), Aque CTAGE5-like (XP_019849290.1), Nvec TANGO1 (XP_032221684.1), Hsap TANGO1 (NP_940953.2), Hsap_MIA3 (XP_937620.1), Hsap_TANGO1S (NP_001287796.1), Hsap TALI (NP_001316143.1), Hsap MIA2 (NP_473365.3), Hsap CTAGE5 (NP_976231.1), Hsap CTAGE5cyt (XP_011535087.1), Hsap MIA (NP_001189482.1), Hsap OTOR (NP_064542.1), Hsap CTAGE2 (NP_758441.2), Hsap CTAGE4 (NP_940897.2), Hsap CTAGE6 (NP_848656.2), Hsap CTAGE8 (NP_001265436.1), Hsap CTAGE9 (NP_001139131.1), and Hsap CTAGE15 (NP_001008747.1).


Yeast has provided for many years a genetically amenable system for studying secretion. Genetic screenings in Saccharomyces cerevisiae have identified many secretory genes (Schekman, 2010; Barlowe and Miller, 2013). Drosophila, however, is increasingly becoming an excellent alternative to investigate secretion in a higher eukaryote. Most proteins known to play roles in secretion have fly homologues, including COPI and COPII components, Rab GTPases, SNAREs, TRAPP complex, p24 and Golgins (Kondylis and Rabouille, 2009; Muschalik and Munro, 2018). Another advantage of Drosophila is the availability of sophisticated genetic tools allowing tagging of endogenous proteins, forward genetic screening and complex loss- and gain-of function experiments that can evaluate physiological readouts and functional significance in real tissue and whole-animal contexts. An apparent difference in secretory pathway organization between Drosophila and humans is that in vertebrates ERES-derived vesicles fuse to form an ER-Golgi intermediate compartment (ERGIC) where cargo transits to a single juxtanuclear Golgi ribbon. In flies, like in non-vertebrate animals and plants (Glick and Nakano, 2009; Brandizzi and Barlowe, 2013), Golgi elements remain dispersed throughout the cytoplasm in close proximity to ERES, forming ERES-Golgi units (Ripoche et al., 1994; Kondylis et al., 2011). In the reduced space between Drosophila ERES and cis-Golgi, nonetheless, electron microscopy studies have shown the existence of pleiomorphic elements (Kondylis et al., 2005), revealing high complexity of this interface and a possible relation with the vertebrate ERGIC. Drosophila, finally, provides a very distinct benefit when compared to mammals in the form of limited gene redundancy. For instance, and in contrast with the enormous complexity of the human family, only one MIA/cTAGE protein exists in Drosophila, making flies an ideal system to address its function.



DISCOVERY OF TANGO1 IN DROSOPHILA

A secretory function for Drosophila Tango1 (Figure 2A) was first uncovered in a genome-wide RNAi screening for genes required for secretion in Drosophila S2 cells (Bard et al., 2006), derived from embryonic macrophages. This screening selected genes for which depletion prevented secretion of ss-HRP (horseradish peroxidase with a signal sequence). A Tango1-V5 fusion, in addition, localized close to mid-Golgi marker ManII-GFP when expressed in S2 cells (Bard et al., 2006), consistent with ERES localization (Figure 2B). Gene hits in this screening that had not been characterized previously in Drosophila were named Tango1 to Tango14, for Transport and Golgi organization, representing a hypothetical class of animal-specific secretory genes that screenings in yeast could not have uncovered. Most of them retain to this date this Tango denomination in their official names, although the only one for which a direct involvement in secretion has been established is Tango1. In a second S2 cell RNAi screening, Tango1 was confirmed to be required for secretion, in this case of a secreted luciferase reporter, and ERES location of its product was observed again (Wendler et al., 2010). RNAi libraries used in the two screenings contained approximately 22,000 double stranded RNAs each and covered close to 100% of Drosophila protein-coding genes. Excluding hits nowadays mapping to non-coding or to multiple protein-coding genes, hit lists in the two screenings contained 240 (Bard et al., 2006) and 292 genes (Wendler et al., 2010). Of note, overlap of these two sets of genes, obtained using the same cell line and similar screening systems, was only 24 genes (Ke et al., 2018), which makes it the more remarkable that Tango1 was selected in both.
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FIGURE 2. (A) Schematic representation of Drosophila Tango1. (B) Superresolution micrograph (3D-SIM) showing the localization of Tango1 (antibody staining) at ER exit sites (ERES) in a Drosophila fat body cell. RFP.Rab1 and cis-Golgi marker GM130 are shown as well. (C) Tango1 preserves ERES size and connection ERES-Golgi. Tango1 knock-down (Tango1i) causes decrease in the size of ERES, marked with Sec16.GFP, and their uncoupling from Golgi (cis-Golgi marker GM130). (D) Role of Drosophila Tango1 in defining ERES, tethering Golgi membranes and stabilizing the ER-Golgi interface at ERES-Golgi units. Interactions with itself, Grasp65, GM130, Rab1 and Sar1 have been documented (Liu et al., 2017). Additionally, human TANGO1 and other MIA/cTAGE proteins have been collectively found to interact with multiple ERES proteins and ER-Golgi traffic regulators.




A COLLAGEN SPECIFIC RECEPTOR?

After its discovery in flies, human TANGO1 was implicated in the transport of collagens from ERES to Golgi (Saito et al., 2009). At ERES, Golgi-bound, cargo-carrying vesicles are generated by the COPII complex, a set of proteins highly conserved in eukaryotes (Jensen and Schekman, 2011). Structural studies have shown that budding of COPII vesicles is mediated by the assembly of a vesicle-enclosing cage of 60–80 nm in diameter. In animals, many secreted proteins exceed these dimensions and, yet, they are efficiently secreted, raising questions on how this happens and whether specific mechanisms evolved in animals for secretion of large cargos (Fromme and Schekman, 2005). Examples of large secreted proteins include collagens, the main components of animal extracellular matrices, for which trimers assemble in the ER into 300–400 nm long semi-inflexible rods (Canty and Kadler, 2005), but also much larger proteins and protein complexes, such as lipoprotein particles and giant cuticular proteins of insects. Collagen-specific factors creating enlarged transporting vesicles have been postulated, TANGO1 among them (Malhotra and Erlmann, 2015).

TANGO1 silencing in human cells was reported to affect secretion of Collagen VII, but not of other types of collagen or other secreted proteins (Saito et al., 2009; Tanabe et al., 2016). The proline-rich region at the C-terminus of TANGO1 was shown to interact with the COPII coat, while its SH3 domain was described to bind specifically Collagen VII in the ER lumen (Saito et al., 2009). Soon after, however, MIA3 knock-out mice were revealed to exhibit defects in secretion of multiple collagens (Wilson et al., 2011), while Drosophila Tango1 was required for secretion of basement membrane Collagen IV (Pastor-Pareja and Xu, 2011). Activities of TANGO1 in both retarding COPII coat assembly and recruiting ERGIC membranes to nascent vesicles have been proposed as mechanisms by which TANGO1 could mediate formation of enlarged vesicles capable of transporting collagens (Malhotra and Erlmann, 2015; Santos et al., 2015). In this way, TANGO1 would collect collagen at ERES as a specific receptor while at the same time ensuring that a large enough vesicle grows to package it. Additional studies described specific requirements of MIA/cTAGE proteins CTAGE5 and TANGO1S in collagen secretion, and of TALI for secretion of ApoB-containing lipoparticles (Saito et al., 2011, 2014; Maeda et al., 2016; Santos et al., 2016; Tanabe et al., 2016). Other factors reported to affect secretion of collagen specifically were TRAPP complex component Sedlin (Venditti et al., 2012), ubiquitination of Sec31 by ubiquitin ligase KLHL12 (Jin et al., 2012), Syntaxin 18 and SNARE regulator Sly1 (Nogueira et al., 2014). Together with TANGO1 and other MIA/cTAGE proteins, they would be at the core of a collagen-specific, or large protein-specific, secretion pathway.



NOT A COLLAGEN SPECIFIC RECEPTOR

Besides its advantages for secretion studies, Drosophila is a convenient model to investigate the biology of collagen and the extracellular matrix (Pastor-Pareja, 2020). Compared to the 28 types found in mammals, Drosophila possesses a reduced complement of collagens, consisting of basement membrane Collagen IV and Collagen XV/XVIII Multiplexin (Hynes and Zhao, 2000). Multiplexin expression, restricted to heart and nervous system, is dispensable for viability (Meyer and Moussian, 2009). Collagen IV, in contrast, is essential and abundantly present in most tissues. In flies, like in all animals, Collagen IV is the main component of basement membranes: polymers of extracellular matrix proteins that underlie epithelia and provide structural tissue support (Yurchenco, 2011). Drosophila Collagen IV is a 450 nm-long heterotrimer composed of α1 chain Collagen at 25C (Cg25C) and α2 chain Viking (Vkg) (Natzle et al., 1982; Lunstrum et al., 1988; Fessler and Fessler, 1989). In the larva, the main source of Collagen IV is fat body adipocytes (Pastor-Pareja and Xu, 2011), known for their role in lipid storage, but also as a very active secretory tissue that produces the serum proteins and clotting factors present in the hemolymph (insect blood). Besides Collagen IV, the other main basement membranes components are Laminin, Nidogen and Perlecan, all conserved from flies to humans as well.

Drosophila Tango1 has been repeatedly shown to be required for Collagen IV secretion (Pastor-Pareja and Xu, 2011; Lerner et al., 2013; Isabella and Horne-Badovinac, 2015; Zang et al., 2015; Ke et al., 2018; Sun et al., 2019). However, it was also found that Tango1 loss causes retention of other matrix proteins, such as Perlecan in ovarian follicle cells (Lerner et al., 2013), Papilin in the proventriculus (Zhang et al., 2014), BM-40-SPARC in blood cells (Tiwari et al., 2015) and Laminin in glia (Petley-Ragan et al., 2016). Our laboratory, therefore, decided to carry out a comprehensive analysis of the requirement of Tango1 in secretion (Liu et al., 2017). In this study, Tango1 loss in fat body led to ER retention of not just Collagen IV, but all monitored cargos, including general secretion markers VSVG and secreted GFP (GFP with a signal sequence). Furthermore, Tango1 is expressed in all cell types of the larva and localizes to all ERES, inconsistent with a collagen-specific or large-protein specific role (Liu et al., 2017). Highest expression of Tango1 was found in the salivary gland, a dedicated secretory organ where Tango1 is required for glue secretion (Liu et al., 2017) and secretory genes are highly expressed as a group (Abrams and Andrew, 2005). In all assayed tissues, Tango1 maintains the size and integrity of ERES-Golgi units, as ERES decrease in size and uncouple from Golgi upon Tango1 loss (Figure 2C), whereas Tango1 overexpression, conversely, created more and larger ERES (Liu et al., 2017). Furthermore, supporting an organizing function of Tango1 at the ERES-Golgi interface, the cytoplasmic part of Tango1 could rescue Tango1 loss in the fat body (Liu et al., 2017). Consistent with a general secretion role, Tango1 is needed for secretion of both large and small cargos in terminal cells of the tracheal system (Rios-Barrera et al., 2017), and for secretion of mucins by the male accessory gland and female spermatheca (Reynolds et al., 2019). In all, multiple phenotypic studies demonstrate that Tango1 is not specifically needed for transport of collagens, matrix or large proteins. It is, in contrast, required for general secretion at all ERES, where it maintains ERES size and proximity to Golgi.

The lack of a collagen-specific secretion pathway is further hinted by the results of an RNAi screening in Drosophila larval fat body (Ke et al., 2018). This screening, targeting 6,200 genes (about 60% of the protein-coding genome), found 88 genes for which silencing caused intracellular Collagen IV accumulation. Secondary screenings with additional secretory markers revealed that enzymes Prolyl-4-hydroxylase PH4αEFB and Lysyl-oxidase Plod, known to modify collagen post-translationally (Bunt et al., 2011; Pastor-Pareja and Xu, 2011), were the only hits affecting Collagen IV secretion specifically. All other hits affected general secretion, suggesting that collagen secretion does not use devoted mechanisms of vesicular transport. Of the 88 hits in this screening, only 15 were found in the previous S2 cell screenings, with just 7 hits at the intersection of all three: garz, Rab1, Use1, Slh, Syx18, Sec23, and Sec20 (Bard et al., 2006; Wendler et al., 2010; Ke et al., 2018). The little overlap between the two S2 cell screenings makes it difficult to draw conclusions. Nonetheless, a significant portion of hits in the fat body screening (32 out of 88) encode proteins known to be involved in traffic, including COPII and COPI proteins, SNAREs, TRAPP components, Grasp65, Rab1 and Rab-GTPase regulators (Ke et al., 2018). Remarkably, this screening was able to select known secretion components that neither of the two S2 cell screenings caught, such as Nsf2, Trs23, Trs33, Rep, Grasp65, and Loj (p24), as well as Zn transporter Catsup and SERCA, for which other studies have demonstrated secretory functions (Groth et al., 2013; Suisse and Treisman, 2019). By assaying secretion of an abundant endogenous protein in live animals, this screening may have led to the identification of novel secretory pathway components awaiting characterization. As for collagen secretion, the outcome of the screening points to the absence of a collagen-specific pathway. The requirement of Drosophila Tango1 in all secretory contexts, in turn, strongly suggests that human MIA/cTAGE5 proteins act redundantly to maintain ERES and facilitate general secretion. Nonetheless, the possibility remains that the general function of Tango1 in organizing ERES is separate from a specific function in mediating secretion of collagen or other cargos (Rios-Barrera et al., 2017). Indeed, Drosophila Tango1 loss seems to affect differentially secretion of Collagen IV when comparing its effects with those of Sec23 and Sar1 knock down on secretion of Collagen IV and secreted GFP (Liu et al., 2017). Whether these differential effects stem from true cargo binding specificity or from size-dependent quantitative differences in transport mode (vesicular vs. tubular carriers?) is currently one of the most pressing questions in the field.



MECHANISMS OF TANGO1 FUNCTION

The function of Tango1 as a stabilizer of the ER-Golgi interface is thought to involve interactions with multiple other proteins (Figure 2D). Through its cytoplasmic part, Drosophila Tango1 has been shown to self-interact (Liu et al., 2017). This interaction maps to one of the coiled coil motifs (Reynolds et al., 2019). Importantly, a fully cytoplasmic version of Tango1 correctly localizes to ERES, showing that this portion of the protein is sufficient for localization (Liu et al., 2017). The cytoplasmic portions of human CTAGE5 and TANGO1 had been shown to interact before (Saito et al., 2011), and it is known as well that, similar to Drosophila Tango1, human TANGO1 can self-interact (Raote et al., 2018, 2020). Besides self-interaction and interaction with other MIA/cTAGE family members, TANGO1 and related proteins have been shown to bind multiple other proteins present at ERES, such as COPII coat protein SEC23 (Saito et al., 2009; Ma and Goldberg, 2016), SNARE regulator SLY (Nogueira et al., 2014), and ERES determinants SEC16 (Maeda et al., 2017) and SEC12 (Saito et al., 2014). Additionally, Drosophila Tango1 co-immunoprecipitates with Rab-GTPase Rab1 and cis-Golgi proteins Grasp65 and GM130 (Liu et al., 2017). Tango1, therefore, through its self-interaction and interaction with other proteins may act as a ER-Golgi interface stabilizer, contributing to concentrating and maintaining localization of all these proteins in a specific region of the ER and to tether post-ER membranes to ERES: Golgi directly in the case of Drosophila and ERGIC in vertebrates.

The role of the ER-lumenal part of Tango1, displaying a highly conserved SH3 domain, is still elusive. It has been shown that glycosylation of Drosophila Tango1 in the ER lumen prevents cleavage by Furin of this part of the protein (Zhang et al., 2014), suggestive of a proteolytic mechanism in the regulation of Tango1 function for which further details remain to be ascertained. Because Furin localizes to the trans-Golgi network and the endosomal compartments (Thomas, 2002), such cleavage is likely to occur there rather than at ERES, where most Tango1 is found due in part to recycling of the protein from the Golgi (Yuan et al., 2018). A role for the SH3 domain in binding cargos has been proposed. The SH3 domain in human TANGO1 was first reported to bind specifically Collagen VII, but not other collagens (Saito et al., 2009). Later, it was postulated that the SH3 domain could bind HSP47, a collagen chaperone, instead of collagens doing it directly (Ishikawa et al., 2016). Binding of TANGO1 to HSP47, containing an RDEL retrieval signal, would additionally ensure Golgi-to-ER recycling of TANGO1 via KDELR-mediated retrograde transport (Yuan et al., 2018). HSP47, also known as SERPINH1, is a Serpin rather than a typical chaperone. Serpin family members, of which 29 exist in Drosophila (Garrett et al., 2009), are highly specific protease inhibitors, some of them secreted proteins themselves, with diverse roles in the immune response. It has been claimed that Spn28F, lacking any RDEL or other putative ER retention motif, is the Drosophila homolog of HSP47/SERPINH1 (Sepulveda et al., 2018). However a phylogenetic analysis found no HSP47 orthologs outside of vertebrates (Kumar et al., 2017). A recent study, in addition, found HSP47 was absent from collagen carriers in human cells (Omari et al., 2020). Therefore, the relation between HSP47 and TANGO1, and, more generally, the role of the SH3 domain of Tango1, are still unclear.



WHAT WE STILL DO NOT KNOW ABOUT TANGO1 AND COLLAGEN SECRETION

Overwhelming evidence in Drosophila shows that Tango1 is required for general secretion. However, the question of whether collagen secretion requires any specific factors or uses a mode of ER-Golgi transport essentially different from the one other secreted proteins employ remains open. Besides TANGO1 and MIA/cTAGE proteins, loss of other factors of the general secretion machinery of eukaryotes have been linked to specific defects in collagen secretion in mammals (Boyadjiev et al., 2006; Jin et al., 2012; Venditti et al., 2012; Nogueira et al., 2014). An ER transmembrane protein, TMEM131, has been recently implicated in collagen secretion in C. elegans, Drosophila and human cells (Zhang et al., 2020), but a requirement for this protein in general secretion or ER homeostasis remains to be tested. It is possible that secretion of collagen and large cargo requires no specific factors, but imposes higher demands on the common secretory machinery. Because collagens are not just very large, but also very abundant (30% of the protein mass of the human body) mild general secretion defects may first become manifest in the form of intracellular collagen retention.

If not a collagen or large cargo receptor, what is the main role of Tango1? Tango1 could have evolved in animals to add stability to ERES, but it is unlikely to be the main upstream factor in an ERES determination cascade. A master role in ERES determination would correspond to Sec16 and Sec12, proteins that, unlike Tango1, are widely conserved from yeast to humans (Glick, 2014; Sprangers and Rabouille, 2015). Recently, it has been shown that phosphorylation of human TANGO1 at its C-terminus regulates ERES disassembly during mitosis (Maeda et al., 2020). However, the putative phosphorylation sites, conserved in vertebrates, do not seem conserved in Drosophila. TANGO1 and CTAGE5 have been shown to interact with both SEC16 and SEC12, and thus may cooperate with them in defining ERES through their multiple cytoplasmic interactions (Saito et al., 2014; Maeda et al., 2017). It remains to be seen if any of these interactions is a key high-affinity evolved interaction or rather Tango1 is a generally “sticky” protein ensuring tethering of post-ER membranes and concentration of many different factors at ERES. Interestingly, C. elegans has no Tango1 homolog (Erives, 2015), but contains TFG (Witte et al., 2011), absent in flies, which has been proposed to form oligomers that physically join ERES and ERGIC (Johnson et al., 2015; McCaughey et al., 2016). In this evolutionary context, therefore, alternative mechanisms may exist in animal cells to increase stability of ERES and capacity of ER-to-Golgi transport in terms of both cargo size and amount of cargo to be secreted. Unlike TFG, however, Tango1 is a transmembrane protein, and understanding the role of its ER-lumenal SH3 domain, its most conserved part, should be key for fully understanding its function.

Regardless of the specific role of Tango1 in maintaining ERES, the topology of the ER-Golgi interface and the nature of carrier membranes allowing efficient secretion of collagens and other large proteins are hotly debated (Mironov and Beznoussenko, 2019). Transport must involve COPII coated membranes, but these, logically, cannot be regular-sized COPII vesicles. Conflicting studies describe existence or absence of large vesicular carriers transporting collagen (Santos et al., 2015; Gorur et al., 2017; Raote et al., 2017; Yuan et al., 2018; McCaughey et al., 2019; Melville et al., 2019; Matsui et al., 2020; Omari et al., 2020). To be able to visualize collagen transport from ERES in cells, these studies prevent collagen trimerization through ascorbate depletion, followed by ascorbate readministration, which triggers resumption of transport. All these reports, consequently, should be taken with caution, as collagen monomers can still be secreted by cells (Pastor-Pareja and Xu, 2011). What is more, ER-phagy results in such situation (Omari et al., 2018), further complicating interpretation of structures formed under these conditions. The logical alternative to large vesicular carriers as mediators of collagen transport is direct ER-Golgi connection, suggested to occur in yeast (Kurokawa et al., 2014) and plants (daSilva et al., 2004), where ERES and Golgi are closely juxtaposed like in Drosophila and, probably, attached physically (Sparkes et al., 2009). ERES-ERGIC contact has been proposed as a transport mechanism in mammals as well (Malhotra and Erlmann, 2015; Raote and Malhotra, 2019). Given the narrow space in which Drosophila ERES-Golgi transport takes place, COPII-coated buds may frequently start fusion with cis-Golgi before separating from ERES, thus creating intermittent tubular connections through which all large cargos and most other cargos could reach the Golgi in flies and the ERGIC in vertebrates. Confirmation of this may require electron microscopy analysis of the ER-Golgi frontier, as light microscopy has not been able so far to provide sufficient resolution to settle arguments.
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Pollen germination and pollen tube growth are important biological events in the sexual reproduction of higher plants, during which a large number of vesicle trafficking and membrane fusion events occur. When secretory vesicles are transported via the F-actin network in proximity to the apex of the pollen tube, the secretory vesicles are tethered and fused to the plasma membrane by tethering factors and SNARE proteins, respectively. The coupling and uncoupling between the vesicle membrane and plasma membrane are also regulated by dynamic cytoskeleton, proteins, and signaling molecules, including small G proteins, calcium, and PIP2. In this review, we focus on the current knowledge regarding secretory vesicle delivery, tethering, and fusion during pollen germination and tube growth and summarize the progress in research on how regulators and signaling molecules participate in the above processes.
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INTRODUCTION

In seed plants, the production of seeds depends on double fertilization. Mature pollen grains are tri-cellular and composed of two small sperm cells and a large vegetative cell in Arabidopsis. One of the two sperm cells fuses with an egg to form a diploid zygote that develops into an embryo, and the other fuses with the polar nucleus to form a primary endosperm nucleus; this process is called double fertilization (Shi and Yang, 2010). The developmental progression of plant double fertilization is well coordinated: it starts with pollen falling on the stigma; the pollen adheres, hydrates, and germinates on the stigma via specific recognition (Sprunck, 2020). Then, the pollen germinates to produce a tubular structure (the pollen tube) that rapidly elongates through polar growth, penetrates the stigma, and grows in style tissues to ultimately deliver the two immotile sperm cells into the ovule to complete double fertilization (Zheng et al., 2018). Since the proper pollen germination and tube growth are essential for two sperm cells transporting to female gametophyte, so exploring the molecular mechanism of pollen germination and pollen tube growth is of great interest in the field.

Pollen germination and pollen tube elongation form the whole process by which polarity is established and maintained. In this process, many cell wall materials, such as pectins and cellulose, are contained as cargo in vesicles with an average diameter of 0.182 μm (Ketelaar et al., 2008; Chebli et al., 2012). These vesicles arise from the Golgi and trans-Golgi network (TGN) and are directionally transported toward and fused with the plasma membrane (PM) at polar exocytosis sites to enable the membrane extension and sustained synthesis of new cell wall material (Wang et al., 2016; Zheng et al., 2018; Grebnev et al., 2020; Guo and Yang, 2020). A better understanding of the molecular mechanisms of pollen germination and tube growth is key for successful sexual reproduction.

The process of pollen germination includes polarity establishment and site determination (Liu et al., 2018), after which the germinated pollen can continue membrane expansion for directional tube growth. Via membrane trafficking and integration, cell wall materials, proteins, and other components for germination and membrane expansion are transported and released; these processes are essential for pollen germination and tube growth (Chebli et al., 2012; Wang et al., 2016). It is generally thought that membrane contact between secretory vesicles and the PM is the most important cellular activity that coordinates pollen germination and pollen tube growth (Gu and Nielsen, 2013; Guo and Yang, 2020). If directional transport- and release-related processes are inhibited, pollen germination and subsequent tube growth and fertilization events will be strongly affected. In recent years, the progress in understanding the dynamic coordination between endocytosis and exocytosis in pollen tubes has been summarized and reviewed (Zhang et al., 2019; Guo and Yang, 2020). In this review, we focus on the process of secretory vesicle directional targeting the PM, which involves vesicle delivery, tethering, and fusion during pollen germination and tip growth, as well as on the different regulators involved, such as some key signaling proteins and other molecules.



VESICLE DELIVERY

It is generally thought that vesicles are transported by motor protein-mediated directed transport along microfilaments (MFs) toward the target membrane in plant cells, while in animal cells, the microtubule network serves as the track (Coudrier, 2007; Madison et al., 2015; Ueda et al., 2015; Duan and Tominaga, 2018). Experimental data also suggest that plant MFs maintain greater stability than animal MFs and can withstand long-distance vesicle transport (Ren et al., 2019).

Although massive dynamic vesicular transport is dependent on the MF network, the coordination between vesicles and their MF tracks shows quite different dynamic patterns during pollen germination and tube growth (Lan et al., 2018; Liu et al., 2018). Recent research has revealed that actin filaments rotate along the outer edges of pollen grains and then gather in future pollen germination sites, forming collar-like actin structures. Genetic and pharmacological evidence has further revealed an interdependent relationship between the mobility of vesicles and the polymerization of actin filaments. AtFH5, a highly expressed FORMIN protein in Arabidopsis thaliana pollen, is located in vesicles and promotes actin assembly; in turn, the force produced by MF polymerization pushes vesicles to the potential germination site (Figure 1A; Liu et al., 2018). In the pollen tube, the actin cytoskeleton shows a well-organized and highly dynamic structure that might correspond to the specific functions in different regions (Figure 1B; Xiang et al., 2007; Fu, 2015). In the shank region, the parallel F-actin cables are thought to serve as tracks for transporting organelles and vesicles to the pollen tube tip (Hepler and Cheung, 2001; Vidali et al., 2001). In the subapical region, the MFs are short and dense and form a collar-like zone, which might be used as a filter to prevent large organelles and other large membrane structures from entering the tip region (Kroeger et al., 2009; Dong et al., 2012; Diao et al., 2020). In the apical region of the pollen tube, actin filaments are highly dynamic and are thought to organize vesicle docking and fusion with the PM of the pollen tube tip (Vidali et al., 2001; Qu et al., 2013). Interestingly, there exist two alternative possible working patterns between F-actin and secretory vesicles during pollen germination and tube growth (Figures 1A,B). However, it is not yet clear how these two coordination patterns work and whether they equally contribute to pollen germination and tube growth. Furthermore, single molecular techniques and in vitro simulation assays are expected to be introduced that will help to reveal how single F-actin molecules function on vesicles and elucidate the underlying mechanism.
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FIGURE 1. Pattern of vesicle transport in pollen grains and pollen tubes. (A) AtFH5 is located to vesicles and promotes actin assembly, the force produced from microfilament polymerization push vesicles’ rotational movement to the potential germination sites. Bottom: The box in the upper is enlarged. (B) Vesicles are transported along the microfilaments by moto proteins in the shank region, giving rise to a reverse-fountain cytoplasmic streaming pattern, the microfilaments are arranged into an actin fringe at the subapical region. Top: Pollen grains with pollen tubes. Bar is 20 μm. Middle: The box in the top is enlarged. Bottom: The box in the middle is enlarged. (C) An enlarged image of dotted frame in A and B. Vesicles are tethered and fused to the plasma membrane by tethering factors and SNAREs. Objects are not to scale.


To ensure that secretory vesicles are delivered to the PM along the correct route, actin filaments need to be temporally and spatially coordinated and arranged in a highly dynamic manner. Different classes of actin-binding proteins (ABPs) are involved in this regulation. Among the ABPs, class I formins are very exciting candidate coordinators of actin and vesicle dynamics, since they can localize to secretory vesicles, bind to F-actin, and directly regulate F-actin dynamics (Deeks et al., 2005; Cvrckova et al., 2014; Li S. et al., 2017; Lan et al., 2018; Liu et al., 2018). Lan’s et al. research showed that MF nucleation factor formins (FORMIN3 and FORMIN5) can localize to the PM at the tip of the pollen tube and initiate MF assembly (Lan et al., 2018). The pollen germination percentage is significantly reduced in fh3-2 fh5-3 mutant plants. Loss of actin filaments in the pollen tubes of fh3fh5 mutants reduces the velocity of tip-directed vesicle transport and alters the apical vesicle accumulation pattern, supporting the idea that apical actin filaments and their regulatory formin proteins can regulate vesicle trafficking (Ye et al., 2009; Lan et al., 2018). It would be very interesting to explore deeply whether and how these pollen-expressed formin proteins are involved in vesicle trafficking and integration processes. Another family of ABPs, the profilins, can interact with formins via the FH1–FH2 domain to enhance filament elongation rates and to thin and elongate actin bundles (Zhang et al., 2016; Li S. et al., 2017). Some actin depolymerization factors, such as ADF5 and actin-bundling proteins (i.e., VILLIN2 and VILLIN5), have been reported to affect actin dynamics, further influencing pollen germination and tube growth; however, there is no evidence showing an interaction with vesicle trafficking or vesicle integration (Qu et al., 2013; Zhu et al., 2017; Diao et al., 2020). Although it is known that the dynamic organization of MFs and their regulatory proteins are essential for targeting of vesicles to the PM for secretion, the underlying molecular mechanism is still unclear, especially regarding how actin organization interacts with secretory vesicles and directs vesicle targeting. Which protein families may be involved during this process still needs to be further explored.

Compared to the role of the MF cytoskeleton in vesicle delivery, the roles of microtubules in pollen tubes are less clear. Pollen tubes contain many microtubule motors of the kinesin family, and pollen-expressed kinesin proteins are believed to be involved in the distribution of organelles during pollen tube growth (Cai and Cresti, 2010). Further exploration of the function of the microtubule network, especially the role this network plays in vesicle trafficking during pollen germination and tube growth, would provide more information and help to comprehensively elucidate the role of the cytoskeleton.

Signaling molecules such as the small G protein Rho of plant GTPase (ROP), the second messenger Ca2+, and the phospholipid molecule phosphatidylinositol-4,5-bisphosphate (PIP2) play important roles in pollen germination and vesicle transport in pollen tubes (Berken and Wittinghofer, 2008; Steinhorst and Kudla, 2013; Feiguelman et al., 2018). As molecular switches, small G proteins have two forms: an inactivated GDP-bound form and an active GTP-bound form. ROPs are regulated by ROPGEFs, ROPGAPs, and RHOGDIs (Berken, 2006). In A. thaliana, ROP1, ROP3, and ROP5 are expressed in pollen tubes. ROPs regulate cytoskeletal dynamics and endocytosis through their downstream effector proteins. The pollen-specific protein ROP1 accumulates in the PM of the top of the pollen tube to regulate the Ca2+ concentration gradient, activate the RIC3 pathway, and promote actin depolymerization (Gu et al., 2005; Zhou et al., 2015). Moreover, ROP1 also activates RIC4 to promote actin assembly, change the arrangement of the MF skeleton, and induce the accumulation and transport of vesicles to the tip region (Gu et al., 2005; Lee et al., 2008). These results indicate that ROP1 is involved in vesicle transport through regulation of MFs in pollen tubes. However, it is still unclear whether establishment of pollen polarity is also regulated by ROP during pollen germination.

PIP2 localizes at the pollen tube apical PM. The balance of its distribution and content is very important for maintenance of the normal growth of pollen tubes (Monteiro et al., 2005; Zhang and McCormick, 2010). PI(4,5)P2 is synthesized by PIP5K kinase, and the pollen germination and pollen tube polarity growth of the pip5k4 homozygous mutant are significantly impaired (Sousa et al., 2008). Ischebeck et al. (2011) found that overexpression of PIP5K10 or PIP5K11 enlarged the tip of the pollen tube and caused abnormal arrangement of the MF cytoskeleton, indicating that PI(4,5)P2 regulates dynamic changes in the MF cytoskeleton. Phosphatidylserine (PS) is abundant in the inverted-cone zone of the apical pollen tube in Arabidopsis. Recent research has revealed that loss of apical localization of PS and significantly decreased distribution lead to obvious decreases in vesicle numbers and an obvious increase in pollen tube width, which indicates that tip-localized PS establishment is important for vesicle targeting/trafficking and polar growth of pollen tubes in Arabidopsis (Zhou et al., 2020).

Although the oscillation of [Ca2+]cyt follows the growth rate pulse, the oscillation of the pollen tube growth rate is consistent with changes in vesicle dynamics (Holdaway-Clarke et al., 1997; Parton et al., 2001). When pollen tubes reach the growth peak, considerable exocytosis is observed at the top of the test tube. Ca2+-dependent ABP LILIM1 binds F-actin bundles in lily pollen and protects them from depolymerization under low [Ca2+]cyt (Wang et al., 2008). In contrast, with increases in [Ca2+]cyt, villin/gelsolin family members cut off actin filaments, decrease the activity of profilin, and reduce the polymerization of MFs (Zhang et al., 2010). The above data indicate that Ca2+ can indirectly affect vesicle transport in pollen tubes. Whether it can also directly affect cytoskeletal dynamics or intracellular vesicle transport remains to be further studied.



VESICLE TETHERING

After vesicles are delivered in proximity to the target membrane, contact is required between the vesicle and target membrane before fusion, and multisubunit tethering complexes are thought to enable this initial encounter (Figure 1C). The first contact between vesicles and the PM is mediated mainly by the exocyst complex (Yu and Hughson, 2010; Pleskot et al., 2015; Mei et al., 2018). The exocyst complex is composed of the subunits Sec3, Sec5, Sec6, Sec8, Sec10, Sec15, Exo70, and Exo84, which are highly conserved in eukaryotes (TerBush et al., 1996; Mei et al., 2018). There are two models for the mechanism by which the exocyst complex performs its tethering function in yeast and mammalian cells (Yu and Hughson, 2010). In the first model, Sec3 and Exo70 interact directly with P(4,5)P2 on the PM to mark secretion sites (He et al., 2007; Zhang et al., 2008). The remaining six subunits form a subcomplex, which is recruited to the vesicle membrane through interaction between Sec15 and the Rab GTPase Sec4p (Guo et al., 1999). In the other model, all eight subunits of the exocyst complex assemble into two different subcomplexes. One of them is composed of Sec3, Sec8, Sec5, and Sec6, which are anchored to the membrane through Sec3 and directly interact with P(4,5)P2. Another subcomplex consists of Sec10, Sec15, Exo70, and Exo84, which are located on the vesicle. Then, interaction between Sec8 and Sec10 assembles the two subcomplexes into a complete exocyst complex to complete the process of vesicle tethering to the PM (Katoh et al., 2015; Heider et al., 2016; Polgar and Fogelgren, 2018). However, the molecular mechanism of the exocyst complex in plants is still poorly understood. Mutations in plant exocyst subunits, such as sec6, sec15a, and sec5a/sec5b single and double mutations, cause defects in pollen germination and tube growth, while sec8 and sec3a mutations have been reported to cause male-specific transmission defects (Cole et al., 2005; Bloch et al., 2016; Li Y. et al., 2017).

Pollen grain germination has been found to be defective in a sec3a/SEC3A heterozygous mutant (Li Y. et al., 2017), while in overexpression lines, multiple tips emerge from pollen grain surfaces, and GFP-SEC3A signals appear only in the PM at the tip of the growing pollen tube (Bloch et al., 2016). These results suggest that SEC3A plays an important role in establishing polarity during pollen germination and tube growth. In addition, in sec3a/GFP-SEC3A-overexpressing complementation lines, a strong positive correlation between the localization of GFP-SEC3A at the tips of growing pollen tubes and the secretion of esterified pectins suggests that GFP-SEC3A might work as an intracellular marker for exocytosis. It would be very interesting to explore how SEC3A and other components coordinate to participate in the vesicle secretion process and which other essential proteins/other molecules are secreted by the exocyst-related pathway. The localization and dynamics of SEC8 in pollen tubes are consistent with those of SEC3A, and the homozygous sec8-null mutant also shows defects in male-specific transmission, similar to the sec3a mutant (Cole et al., 2005; Hala et al., 2008), which indicates that SEC3A and SEC8 may function together to participate in polar transport and the release of key contents for germination and tube growth. There are 23 potential EXO70 genes in Arabidopsis, and mutations in EXO70 subunits cause different defects in pollen germination and tube growth (Elias, 2003; Synek et al., 2006, 2017; Li et al., 2010; Vukasinovic and Zarsky, 2016). The diversity of EXO70 family genes implies that there is a large degree of functional redundancy among the subunits. EXO70C2 seems to play a dominant role together with EXO70C1, since the exo70c1exo70c2 double mutation causes a complete pollen-specific transmission defect (Synek et al., 2017). The yeast two-hybrid system has identified interactions of Arabidopsis SEC3A with EXO70A1, SEC10 with SEC15b, and SEC6 with SEC8; these findings indicate that the plant exocyst complex might be structurally conserved and similar to that in animal and yeast cells (Hala et al., 2008). Given data from dynamic imaging analysis of exocyst components in other plant tissues and cells (e.g., root epidermal cells) and the molecular mechanisms of tethering in other cell types (Fendrych et al., 2013), it is reasonable to hypothesize that the exocyst complex also functions as a tethering complex for vesicle transport during pollen germination and tube growth. In the future, some alternative imaging methods could be developed and applied to pollen cells to track the dynamic pattern of each particle component. The results of such studies would offer us more details about how the exocyst complex functions in tethering secretory vesicles.

In yeast cells, sec3p and Exo70p can be recruited to the PM by binding directly with P(4,5)P2, and other subunits are assembled at the active secretion site by Sec4p (Novick et al., 2006). Similarly, the exocyst complex is also expressed in polar secretory active sites in animal cells (Anitei et al., 2006). Although the interaction of SEC3A and PIP2 in plant cells has been confirmed by in vitro assays, in vivo analysis of the truncated SEC3A protein with loss of the key PIP2 interaction domain has indicated that the interaction does not affect SEC3A apical PM localization and functionality in Arabidopsis (Bloch et al., 2016). However, different results from ectopic expression of the same truncated protein have been obtained in tobacco cells, so the interaction and functionality between PIP2 and exocyst components in plant cells still need to be explored (Bloch et al., 2016; Li Y. et al., 2017).

The Rho small G proteins Cdc42, RHO1, and RHO3 regulate the polar localization of sec3p and exo70p in yeast cells (Finger et al., 1998; Zhang et al., 2008). In plant cells, it has been found that ICR/RIP, an effector protein of ROP, can form a complex with active ROP1 and SEC3A to regulate root cell polar growth (Lavy et al., 2007; Li Y. et al., 2017; Li et al., 2008). It would be very interesting to screen and identify whether some ROP effector or regulatory proteins interact with the exocyst complex and coordinate the tethering process during pollen germination and tube growth.

A general model of exocyst action suggests that most of the components that arrive at the PM and tether secretory vesicles cannot localize properly after disruption of the actin cytoskeleton (Synek et al., 2014). In budding yeast, gene mutations in SEC10 and SEC15 strongly affect the cytoskeleton, leading to significant defects in the actin cytoskeleton (Aronov and Gerst, 2004). Inhibition of the interaction between EXO70 and the Arp2/3 complex blocks the formation of actin-based membrane protrusions and affects cell motility in animal cells, which indicates the special role EXO70 might play in coordinating the cytoskeleton and membrane trafficking during cell migration (Zuo et al., 2006). Recent research has revealed that For1F is a fusion protein containing both the exocyst complex subunit (SEC10) domain and the conserved actin-nucleating factor (formin) domain and that this new fusion protein is essential for polar growth in Physcomitrella patens (van Gisbergen et al., 2018). This work suggests that both the exocyst complex and actin filaments are essential and cooperate in tethering secretory vesicles during exocytosis. Further exploration of exocyst–cytoskeleton interactions in different cell types would offer some very important clues and elucidate possible cooperative strategies in plant cells, which could help us to better understand the molecular mechanism of vesicle trafficking.



VESICLE FUSION

Membrane fusion occurs after the tethering of vesicles and target membranes; soluble N-ethylmaleimide-sensitive factor attachment receptors (SNAREs) play a major role in membrane fusion Figure 1C (Uemura et al., 2004; Lipka et al., 2007; Sanderfoot, 2007). SNAREs are classified as Qa-, Qb-, Qc-, and R-SNAREs based on their conserved residues, and all contain a hydrophobic SNARE domain. The SNARE proteins located in the PM and endosomes are listed in Figure 2. The Qa-SNARE family members AtSYP124, AtSYP125, and AtSYP131 are exclusively expressed in male gametophytes (Silva et al., 2010; Ichikawa et al., 2015; Slane et al., 2017). The syp124syp125syp131 mutant shows more severe male gametophyte defects than the syp124syp125 double mutant, and the pollen tube stops growing during passage through the style, suggesting functional redundancy (Silva et al., 2010; Ichikawa et al., 2015; Slane et al., 2017). SYP131 is mainly stably located in the PM, while SYP124/SYP125 seems to circulate between the PM and endosomes. Therefore, SYP124 and SYP125 may be responsible for membrane fusion in the recycling pathway, while SYP131 may preferentially mediate the membrane fusion of secretory vesicles and contribute to the growth of pollen tubes (Silva et al., 2010; Ichikawa et al., 2015; Slane et al., 2017). VAMP72 family proteins are plant-specific R-SNARE proteins that are located mainly in the PM (Lipka et al., 2007). It has been found that the pollen tubes of vamp721+ /− vamp722+ /− show a certain proportion of curly phenotypes, and half of them lack the Ca2+ channel AtCNGC18 on the PM (Meng et al., 2020). The N-terminal longin domains of AtVAMP721 and AtVAMP722 interact with AtMLO5, recruit AtCNGC18 to relocate to the PM, affect the local cytoplasmic Ca2+ concentration, and regulate the directional responses of pollen tubes to extracellular signals (Meng et al., 2020). However, research on SNAREs has been scarce; thus far, there have been no reports about Qb- and Qc-SNARE proteins in pollen. The specific members of the SNARE complex that are expressed in pollen and their functions in pollen germination and tube growth are unclear.


[image: image]

FIGURE 2. SNAREs located in the plasma membrane and endosomes. Genes that are highly expressed in pollen, which are highlighted in red.


Many studies have shown that Ca2+ plays an important regulatory role in vesicle fusion (Konopka-Postupolska and Clark, 2017). In Arabidopsis, the localization of Qa-SNARE in pollen is also regulated by Ca2+ ions. The polarity establishment of SYP125 before germination seems to be related to the establishment of a Ca2+ gradient, and the location of SYP124 and SYP125 is also changed while Ca2+ flux is disturbed, suggesting that Ca2+ regulates vesicle fusion in many ways (Silva et al., 2010; Ichikawa et al., 2015). In addition, the distribution of SYP124 and SYP125 is closely related to MFs, MFs depolymerization destroys their localization (Silva et al., 2010; Ichikawa et al., 2015); and some actin or actin-related proteins have been identified in a interactome analysis of SNARE proteins (Fujiwara et al., 2014). In animal cells, synaptotagmin (SYT) proteins have been reported to regulate vesicle fusion (Kweon et al., 2019). There are seven SYTs in Arabidopsis (Ishikawa et al., 2020). In the plant SYT family, SYT1 is the most extensively characterized protein; it acts as an endoplasmic reticulum (ER)–PM tethering factor and participates in biotic and abiotic stress responses in plants (Schapire et al., 2008; Siao et al., 2016). SYTs contain conserved C-terminal tandem C2A and C2B domains and interact with phosphatidylinositol, SNAREs, and Ca2+ channel proteins to regulate endocytosis/exocytosis (Wu et al., 2014). It will be interesting to study whether plant cells implement a similar regulatory mechanism in the processes of pollen germination and tube growth. SYT2 is expressed mainly in Arabidopsis pollen and is located in the Golgi and PM, and the SYT2-C2AB domain binds to the phospholipid membrane in a Ca2+-dependent manner (Wang et al., 2015). The pollen germination rate of syt2 mutants is decreased, and pollen tube elongation is restricted (Wang et al., 2015), but the relationship between SYT2 and vesicle fusion during pollen germination and pollen tube growth needs to be further confirmed. Annexin, a Ca2+ channel protein, can bind to membrane phospholipids in a Ca2+-dependent manner and can also bind MFs. Thus, it may provide an important connection among intracellular Ca2+ signaling, the actin cytoskeleton, and the membrane and participate in intracellular vesicle trafficking (Konopka-Postupolska and Clark, 2017). Ann5 is a Ca2+ channel protein that is highly expressed in mature pollen grains and pollen tubes of A. thaliana, and a decrease in its expression leads to severe sterility (Lichocka et al., 2018). Ann5 seems to participate in pollen development, germination, and pollen tube elongation by promoting Ca2+-regulated intimal transport, but the exact mechanism needs to be further studied (Zhu et al., 2014a,b; Lichocka et al., 2018).



PROSPECTS

Pollen germination and pollen tube growth are important biological processes in plant sexual reproduction. Many vesicle trafficking, tethering, and fusion events take place during polar pollen germination and tube elongation. In past years, some key tethered factors and SNARE family members have been identified and characterized. However, there are still some key issues that have not yet been resolved, such as the molecular mechanism of each subunit of the exocyst complex and each member of the SNARE family during pollen germination and pollen tube growth. Recent studies have revealed that actin filaments not only participate in intracellular vesicle transport as tracks but also provide the driving forces for vesicle trafficking. Further study is needed to determine whether and how MFs function in vesicle tethering and fusion with the PM and to reveal the interplay between these processes. In addition, Ca2+ is an important signaling molecule for pollen germination and tube growth (Iwano et al., 2004; Hepler et al., 2012; Steinhorst and Kudla, 2013); thus, it will be very meaningful to study which and how Ca2+ channels or calcium binding proteins are involved in the regulation of vesicle fusion during pollen germination and pollen tube growth. It is believed that the development of microscopic technologies and research methods will enable in-depth analysis of vesicle delivery, tethering, and fusion to the PM during pollen germination and pollen tube growth.
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The endoplasmic reticulum (ER) forms direct membrane contact sites with the plasma membrane (PM) in eukaryotic cells. These ER-PM contact sites play essential roles in lipid homeostasis, ion dynamics, and cell signaling, which are carried out by protein-protein or protein-lipid interactions. Distinct tethering factors dynamically control the architecture of ER-PM junctions in response to intracellular signals or external stimuli. The physiological roles of ER-PM contact sites are dependent on a variety of regulators that individually or cooperatively perform functions in diverse cellular processes. This review focuses on proteins functioning at ER-PM contact sites and highlights the recent progress in their mechanisms and physiological roles.
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INTRODUCTION

Intracellular trafficking between membrane-bound organelles is divided into two types, vesicular trafficking and non-vesicular trafficking. Vesicular trafficking is the predominant pathway to transport macromolecular substances and exchange information between organelles. The cargo is wrapped by or integrated into the membrane to form a vesicle, and exchange proteins or lipids between organelles through membrane fusion (Bonifacino and Glick, 2004; Südhof and Rothman, 2009). However, recent studies demonstrated that non-vesicular trafficking is another critical trafficking approach among intracellular membranous organelles, directly communicating through a close gap (typically within 10–30 nm) formed by two opposed membranes (Wong et al., 2019). This kind of intracellular communication is ensured by particular regions within the cell, defined as membrane contact sites (MCSs), structures mediated by protein-protein or protein-lipid interactions.

The largest membrane-bound organelle in eukaryotic cells is the endoplasmic reticulum (ER). It is the primary place for the synthesis of proteins and lipids, which are needed to maintain and propagate other membranous organelles and plasma membrane (PM) (Bonifacino and Glick, 2004). The ER extends throughout the whole cell and engages in broad communications with PM and other organelles by MCSs. ER-PM contact sites were first observed in muscle cells in the 1950s (Porter and Palade, 1957), and later were demonstrated as a general feature in eukaryotes. The MCSs formed between the ER and the PM provide an ideal platform for non-vesicular transport of lipids, ions, and many other signaling molecules (Gallo et al., 2016; Saheki and De Camilli, 2017a; Stefan, 2020). The architecture of ER-PM junctions is dynamically controlled by distinct tethering factors, and the cellular functions of ER-PM contact sites are highly dependent on those regulators located in these regions (Gallo et al., 2016). However, a variety of proteins localized at the crowded ER-PM junctions, frequently resulting in the co-existence of multiple regulators with similar or partially similar functions (Manford et al., 2012; Hoffmann et al., 2019; Johnson et al., 2019; Kang et al., 2019). They act synergistically to maintain the local microenvironment, which largely increases the difficulties of identifying their individual functions and mechanisms. Therefore, it is important to clarify how these proteins act in concert to play roles in the MCSs, especially under physiological or pathological conditions. This review focuses on the representative regulators localized at ER-PM contact sites, highlighting their physiological functions, molecular mechanisms as well as conservations in eukaryotes.



TETHERING MECHANISMS OF PROTEINS AT ER-PM CONTACT SITES

The extensive cortical ER network is highly dynamic in eukaryotic cells. The tethering factors build and maintain the ER-PM contact sites demanded by diverse biological processes. Most proteins localized at the ER-PM contact sites can span and tether the two opposed membranes. It often happens that multiple proteins coordinate to tether the same MCSs and perform more than one physiological functions (Manford et al., 2012; Fernandez-Busnadiego et al., 2015; Kang et al., 2019). While some protein tethers are constitutively localized at ER-PM contact sites, the locations of others are dynamically regulated by stimuli such as calcium ions and phosphoinositides (Figure 1A) (Gallo et al., 2016; Okeke et al., 2016; Saheki and De Camilli, 2017a; Stefan, 2020). How these protein tethers accurately modulate the structure and plasticity of ER-PM contact sites has not been completely understood. Comprehensive understanding of the tethering mechanisms will shed important light on the dynamical control of the cortical ER network. In this section, we summarized the major ER-PM tethering proteins and discussed their membrane-targeting mechanisms.
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FIGURE 1. Diverse tethering mechanisms of proteins at ER-PM contact sites. (A) Representative illustration of the proteins that tether the ER and the PM. VAP anchors to the ER surface through the transmembrane domain and interacts with its binding partners to tether the ER and PM. The Kv2.1 channel is a VAP-binding partner. It anchors to the PM by six transmembrane domains and interacts with VAP through the C-terminal PRC domain. The Kv2.1-VAP interaction bridges the ER-PM junctions regulated by PRC domain phosphorylation. E-Syts are ER membrane proteins anchored to the ER via an N-terminal hydrophobic hairpin. E-Syt1 dynamically tethers the ER to the PM through a Ca2+-dependent interaction between the C2C domain and PI(4,5)P2. E-Syt2/3 constitutively maintains ER-PM junctions regardless of Ca2+. TMEM16/Ist2p is an eight-span integrin protein in the ER and connects the ER to the PM by its C-terminal CSS domain binding to PI(4,5)P2. The ER SNARE protein Sec22b forms an incomplete trans-SNARE complex with syntaxin1 on the PM that does not mediate membrane fusion but promotes the ER and PM tethering. (B) Diagrams of the membrane tethering proteins described in (A). The major functional domains are shown in each of the proteins.



VAPs

Vesicle-associated membrane protein (VAMP)-associated protein (VAP) is an evolutionarily conserved ER membrane protein in all eukaryotes. It plays a vital role in many ER processes, especially in maintaining ER-PM contact sites. Loss of VAP by mutations leads to neurodegeneration, such as sporadic ALS or Parkinson's disease (Anagnostou et al., 2010; Kun-Rodrigues et al., 2015). There are mainly 2 VAPs (VAP-A and VAP-B) in mammals, 2 homologs (Scs2p and Scs22p) in yeast, and 10 homologs (VAP27-1 to VAP27-10) in Arabidopsis. VAP contains a major sperm protein (MSP) domain, a coiled-coil linker domain, and a C-terminal transmembrane domain required for ER surface location (Figure 1B) (Lev et al., 2008).

Although named by interaction with VAMP, VAP's primary function is not as a soluble N-ethylmaleimide-sensitive factor attachment protein receptor (SNARE) regulator. It binds more than 100 peripheral proteins, including those anchored into other organelles (Murphy and Levine, 2016). By interacting with those partners, VAP dynamically controls the junctions formed between the ER and other organelles such as Golgi, lipid droplets, mitochondria, endosomes, and PM (Murphy and Levine, 2016). By localization at particular contact sites, VAPs and their binding partners coordinate to mediate diverse cellular processes (Lev et al., 2008). However, the distribution of VAP in mammals is not limited to the MCSs but throughout the ER, suggesting it has other functions than membrane tethering. For example, VAP interacts with secernin-1 at the ER membrane to regulate dynamic ER remodeling (Lindhout et al., 2019).

Unlike in mammals, the homologs of VAPs in fission yeast and Arabidopsis are more concentrated at MCSs (Zhang et al., 2012; Wang et al., 2014). Scs2p and Scs22p were discovered as two major tethering factors at the ER-PM contact sites (Manford et al., 2012; Zhang et al., 2012). Scs2p was reported as an inositol binding protein that responds to phospholipid composition (Kagiwada and Hashimoto, 2007). However, there is no direct evidence showing Scs2p connects the ER to the PM through the interaction with phosphoinositides. In Arabidopsis, the tethering function of VAP27s at ER-PM contact sites was also identified. VAP27 co-localizes with NET3C and forms a tetra complex with microtubules and actin filaments to tether the ER to the PM (Wang et al., 2014). Recent studies suggested VAP27s-mediated ER-PM contact sites regulate plant endocytosis (Stefano et al., 2018; Wang et al., 2019). However, the detailed tethering mechanisms of VAP27s remain largely unknown.

The location of VAP largely relies on its binding partners. It is generally accepted that most of the VAP-mediated ER-PM tethering requires at least one PM-targeting partner. One primary class of the VAP-binding partners are cytoplasmic proteins containing an FFAT motif, which binds specifically to the MSP domain (Kamemura and Chihara, 2019). At MCSs, these FFAT-containing proteins interact with the PM through a membrane-targeting domain, for example, the pleckstrin homology domain (PHD). The lipid-transfer proteins (LTPs) are the most well-studied FFAT-containing proteins at MCSs. For instance, as an Scs2p/Scs22p-binding partner, yeast LTP Osh3p dynamically targets the PM by its PHD under the regulation of PM PI(4)P levels (Jansen et al., 2011; Kamemura and Chihara, 2019). Nir2, another type of FFAT-containing LTP, connects the PM by its C-terminal LNS2 domain binding to phosphatidic acid (PA) (Kim et al., 2013; Balla, 2018). The mechanisms of how these LTPs coordinate with VAP to regulate lipid metabolism will be discussed in the following corresponding section.



Kv2 Channels

Voltage-gated potassium (Kv) channel is a tetramer composed of 4α subunits (70 kDa), and each subunit monomer contains six transmembrane helix segments (Figure 1B) (Christie, 1995; Yellen, 1998; Shah and Aizenman, 2014; Fu et al., 2017; Jedrychowska and Korzh, 2019). Kv2 channels Kv2.1 and Kv2.2, also named KCNB1 and KCNB2, are abundantly expressed in the brain and present in other tissues like muscle and pancreatic islets. The central part of the Kv2 channel is cytosolic, which forms large clusters in the ER-PM interface. The Kv2 is a delayed rectifier potassium channel, participates in the repolarization of neural action potentials (Murakoshi and Trimmer, 1999; Bishop et al., 2015). However, the clustered Kv2 channels do not readily conduct potassium (Lim et al., 2000; O'Connell et al., 2010), but involved in reshaping the ER-PM connections (Fox et al., 2015; Kirmiz et al., 2018a).

Kv2 channels are VAP-binding partners. They interact with VAPs through the C-terminal proximal restriction and clustering (PRC) domain (Lim et al., 2000; Johnson et al., 2019). This Kv2-VAP interaction mediates the ER-PM junctions responsible for Kv2 clustering (Johnson et al., 2018, 2019). The phosphorylation of serine residues in the PRC domain produces negative charges to enable VAP binding and control the clustering of Kv2 channels, which is the prerequisites for Kv2 channels-mediated ER-PM connections (Redman et al., 2007; Cobb et al., 2015; Johnson et al., 2018, 2019; Kirmiz et al., 2018b).

The clustering enables Kv2 channels to play a structural role in forming ER-PM junctions, and the non-conductive state is essential for avoiding electrically silencing neuronal activity (Fox et al., 2015). Hence, Kv2 clusters-induced ER-PM junctions could serve as a scaffold for other cell activities such as Ca2+ signaling and membrane trafficking. It has been reported Kv2.1 cluster promotes the coupling of PM L-type Ca2+ channels (LTCCs) and ER ryanodine receptor (RyR) Ca2+ release channels to generate partial Ca2+ release without the requirement of action potentials (Vierra et al., 2019). Recent studies revealed the Kv2.1 channels facilitate insulin exocytosis in pancreatic beta cells by their structural role of the clustering rather than the ability to conduct K+. Kv2.1 clusters could be applied as a target for insulin secretion (Fu et al., 2017; Greitzer-Antes et al., 2018). Currently, the localization mechanism of Kv2 channels at ER-PM junctions has been primarily uncovered, but the physiological function is still unclear.



Extended Synaptotagmins (E-Syts)

E-Syts are integral membrane proteins anchored on the ER membrane. They are named by the similarity with synaptotagmins, key regulators in calcium-dependent vesicle fusion (Min et al., 2007). E-Syts are identified as a conserved family of tethering proteins at ER-PM contact sites. All E-Syts contain an N-terminal membrane anchor, followed by a synaptotagmin-like mitochondrial lipid-binding protein (SMP) domain and multiple C2 domains (Figure 1B) (Lee and Hong, 2006; Manford et al., 2012; Yu et al., 2016). While they are anchored to the ER membrane by the hydrophobic hairpin region, E-Syts can associate with the inner leaflet of the PM through their C-terminal C2 domains. The SMP domain is capable of harboring lipids, which we will discuss separately in the lipid exchange section.

The C2 domains are membrane-binding molecules representing a family of proteins with diverse functions (Rizo and Südhof, 1998). As for E-Syts, the C2 domains are connected in series to interact with acidic phospholipids on PM to mediate the ER-PM tethering. In mammals, E-Syt1 has five C2 domains, while E-Syt2 and E-Syt3 have three. The difference in numbers and characteristics of C2 domains among E-Syts leads to their distinct subcellular localization and tethering functions. E-Syt2 and E-Syt3 are located mainly at cortical ER. E-Syt1, by contrast, is broadly localized to the ER but migrate to ER-PM MCSs in response to elevated cytosolic Ca2+ (Min et al., 2007; Chang et al., 2013; Giordano et al., 2013; Idevall-Hagren et al., 2015). Cryo-ET studies indicated ER-PM contact sites mediated by E-Syts are structurally different from those bridged by STIM1 (Fernandez-Busnadiego et al., 2015). The average ER-PM distance at E-Syt3-mediated junctions is shorter than that observed at E-Syt1-mediated contact sites, although the latter could be shortened about 30% when cytosolic Ca2+ increases (Fernandez-Busnadiego et al., 2015). The C2C domain of E-Syt2/3 binds to PI(4,5)P2 through a conserved basic patch to constitutively maintain ER-PM contact sites. In contrast, the C2C domain of E-Syt1 interacts with PI(4,5)P2 upon Ca2+ binding to dynamically control the MCSs (Giordano et al., 2013; Idevall-Hagren et al., 2015; Saheki et al., 2016; Yu et al., 2016). In addition to ER-PM connections, E-Syts are also involved in the tethering of peroxisome-ER membrane contacts. They regulate cholesterol transport employing a similar C2C domain-PI(4,5)P2-binding mechanism (Xiao et al., 2019).

In yeast, the homologs of E-Syts are called tricalbins (Tcb1, Tcb2, and Tcb3) (Creutz et al., 2004; Schulz and Creutz, 2004; Lee and Hong, 2006). All the three tricalbins are major tethering contributors for ER-PM contact sites (Manford et al., 2012; Toulmay and Prinz, 2012). Recent studies showed tricalbins form curved cortical ER membrane with a requirement of C2 domains (Collado et al., 2019; Hoffmann et al., 2019). However, the detailed molecular mechanism of tricalbins in maintaining MCSs is still missing.

Plant SYT1 (synaptotagmin 1), the homolog of E-Syts in Arabidopsis, is enriched at ER-PM contact sites, especially the MCSs between immobile ER tubules and the PM (Yamazaki et al., 2010; Perez-Sancho et al., 2015; Ishikawa et al., 2018). The cortical ER network maintained by SYT1 correlates with the C2 domains, identical to E-Syts in mammals and tricalbins in yeast (Yamazaki et al., 2010). A recent study discovered that ionic stress could increase SYT1-mediated ER-PM connectivity by promoting the accumulation of PI(4,5)P2 on PM (Lee et al., 2019). These data suggest that the interaction between negatively charged lipids on PM and the C2 domains represents an evolutionarily conserved mechanism for E-Syt family proteins.



Ist2p

Ist2p is the yeast homolog of the TMEM16, an eight-span integrin in the ER. The structure of Ist2p contains a specific ion channel followed by a long cytoplasmic C-terminal region riches in lysine and histidine residues (Figure 1B) (Juschke et al., 2005; Maass et al., 2009; Brach et al., 2011). The cortical localization of Ist2p relies on its C-terminal region, which was defined as the cortical sorting signal (CSS) (Brach et al., 2011). The CSS fragment regulates Ist2p expression and transports the protein to the PM, where it interacts with PI(4,5)P2 to bring the cortical ER and the PM closer to 15–50 nm (Juschke et al., 2005; Fischer et al., 2009; Maass et al., 2009; Wolf et al., 2012). The loss of Ist2p leads to an increase in the distance between the ER and the PM, suggesting Ist2p is a determinant for the span of ER-PM connections (Ercan et al., 2009).

The sorting mechanism of Ist2p from the ER to PM-associated domains is somewhat similar to the recruitment of STIM. They both bind to phospholipids on PM through the C-terminal domain, suggesting the recruitment of integral membrane proteins to PM through specific protein-lipid interactions represents a common mechanism. Ist2p was reported to be associated with the H+ pump Pma1 in the PM, allowing cells to adapt to different growth stages (Wolf et al., 2012). A recent study showed Ist2p and the LTP Osh6p are co-localized at ER-PM connections. Ist2p interacts with Osh6p to target the latter to the ER-PM contact sites, and they jointly participate in the lipid transport between the ER and the PM (D'Ambrosio et al., 2020).

While the function of Ist2p in yeast has been extensively studied, we currently still know little about its mammalian homolog TMEM16 (Hartzell et al., 2009). The two isoforms TMEM16A and TMEM16B, have recently been identified as calcium-activated chloride channels (Ercan et al., 2009; Xiao et al., 2011). However, whether TMEM16 and Ist2p have conserved functions at ER-PM contact sites remains to be clarified (Kunzelmann et al., 2016).



Sec22b-Syntaxin1

SNARE proteins represent a superfamily in which the members share a conserved SNARE motif with about 60–70 residues. They are the core engine of intracellular vesicle fusion. SNAREs can be classified as Q-SNAREs and R-SNAREs. Membrane fusion is initiated when one R-SNARE on the vesicle pairs with three t-SNAREs on the target membrane to form a four-helix trans-SNARE complex (Sutton et al., 1998; Weber et al., 1998). Sec22 has three isoforms in mammals as Sec22a, Sec22b, and Sec22c. Only Sec22b has a SNARE motif and is conserved in yeast (Sun et al., 2020). Sec22b belongs to the R-SNARE family. It anchored to ER through a C-terminal transmembrane domain right after the SNARE motif. In addition to the coiled-coil SNARE motif and transmembrane domain, Sec22b contains an N-terminal longin domain conserved with a profilin-like folded structure (Figure 1B) (Fasshauer, 2003; Hong, 2005; Jahn and Scheller, 2006). The SNARE motif and longin domain of Sec22b may play essential roles in vesicular transport between the ER and the Golgi apparatus. While the SNARE motif forms four helixes with its cognate t-SNAREs, the longin domain regulates the membrane fusion by interaction with the SNARE motif (Daste et al., 2015).

Distinct to its traditional function on membrane fusion, Sec22b has another non-fusogenic role in PM expansion (Petkovic et al., 2014). It can interact with syntaxin1 to form a partial but tight SNARE complex, which could not drive the membrane fusion due to the absence of SNAP25. However, this kind of non-fusogenic SNARE bridge tethers the ER to the PM, and more interesting, this tethering function is conserved in yeast. The yeast Sec22p and Sso1p (the homolog of syntaxin1) interact with Osh2p and Osh3p to regulate non-vesicular lipid transport between the ER and the PM. The existence of these SNARE-mediated junctions can shorten the distances and improve the efficiency of lipid transport (Prinz, 2010; Petkovic et al., 2014). In the mammalian nervous system, one latest research found the Sec22b-syntaxin1 complex can interact with E-Syts and form a ternary complex that plays a vital role in PM expansion and axon growth (Gallo et al., 2020). Together, the Sec22b-syntaxin1 complex plays a role in the tethering of the ER to the PM, from which it indirectly participate in the regulation of lipid metabolism and contribute to PM extension and other physiological processes (Petkovic et al., 2014; Gallo et al., 2016).



Versatile Tethering Regulators

Besides these representative tethering factors, there are many other versatile regulators at ER-PM contact sites. These regulators tether the ER and the PM when they perform their critical cellular functions, for example, the Ca2+ dynamics regulator stromal interaction molecule 1 (STIM1). Interestingly, STIM1-mediated membrane tethering is Ca2+-dependent. In response to the low concentration of Ca2+, The ER-anchored STIM1 oligomerizes and recognizes the PM polyphosphoinositides and Orai1 (Liou et al., 2007; Zhou et al., 2013). This action coordinatively regulates the membrane tethering and Ca2+ homeostasis. Another type of versatile-tethering protein is LTPs, which couple the membrane tethering and lipid metabolisms. Most LTPs anchor the ER through the transmembrane domain or VAP interactions while target the PM using protein-lipid interactions (Kim et al., 2015; Ghai et al., 2017; Naito et al., 2019). The mechanisms of these regulators will be discussed in the following sections.

Together, a variety of regulators have the ability of membrane tethering at ER-PM contact sites. They bridge the two membranes via diverse connections. Some connections are constant to maintain the primary cortical ER network, while the others are dynamically regulated to perform demanded functions. As the foundation of ER-PM contacts, all these tethering molecules coordinate to modulate the cellular processes through the fine tune of MCSs.




REGULATION OF Ca2+ DYNAMICS AT ER-PM CONTACT SITES

As an important second messenger, Ca2+ is essential for many cellular and physiological processes, including gene transcription, protein modification, lipid metabolism, cell growth, and apoptosis (Stathopulos et al., 2006; Soboloff et al., 2012). So that precise and dynamic controls are needed to ensure calcium ions play proper functions at a specific time or place (Stathopulos et al., 2006). The cytoplasmic Ca2+ signals are generated by releasing Ca2+ from the calcium pool or the extracellular Ca2+ influx. The store-operated calcium entry (SOCE), a concept proposed in the 1990s, is a ubiquitous Ca2+ influx pathway at the ER-PM contact sites (Putney, 1986, 1990; Patterson et al., 1999; Yao et al., 1999). The Ca2+ entry is triggered when Ca2+ stores in the ER lumen depleted and the cytosolic Ca2+ concentration is at a low level. STIM proteins and Orai channels (Figure 2A) are the foundation proteins in the regulation of SOCE and Ca2+ signals (Liou et al., 2005; Roos et al., 2005; Feske et al., 2006; Vig et al., 2006; Zhang et al., 2006).


[image: Figure 2]
FIGURE 2. Regulation of Ca2+ dynamics at ER-PM contact sites. (A) Representative illustration of the STIM-Orai complex and its regulators. STIM1 in the ER and Orai1 on the PM compose the core machinery of SOCE. STIM1 senses the Ca2+ change in the ER lumen and forms oligomers. The STIM1 oligomers bind to polyphosphoinositides and activate Orai1 to import extracellular Ca2+. RASSF4 regulates SOCE and ER-PM junction through the control of the PM PI(4,5)P2 level, which is essential for the localization of STIM1. TMEM110 is an ER membrane protein that physically interacts with STIM1 to reshape ER-PM connections and facilitate STIM1 conformational conversion. Future studies are required to discover more STIM interacting partners, which is important to understand STIM proteins' sensing and coupling mechanisms. (B) Diagrams of the SOCE regulators described in A. The major functional domains are shown in each of the proteins.



STIM-Orai Complexes

STIM crosses the ER membrane and senses Ca2+ in the cavity of the ER (Williams et al., 2001; Zhang et al., 2005; Feske et al., 2006). Orai is a Ca2+ release-activated Ca2+ channel on PM (Chakrabarti and Chakrabarti, 2006; Prakriya et al., 2006; Soboloff et al., 2006a). Upon Ca2+ depletion, STIM protein interacts with Orai and initiates SOCE (Carrasco and Meyer, 2011; Zhou et al., 2013; Balla, 2018). There are two STIM proteins in mammals: STIM1 and STIM2. Both of them are mainly located at the ER with a similar structure (Hogan and Rao, 2015). STIM is anchored to the ER via a transmembrane domain, with an N-terminal domain in the ER lumen and a C-terminal domain in the cytoplasm (Figure 2B). The expression pattern of STIM1 and STIM2 are different. In most tissues, the expression level of STIM1 is higher than STIM2 in support that STIM1 is the predominant STIM protein that regulates the influx of Ca2+ in non-excitable cells (Soboloff et al., 2006b; Collins and Meyer, 2011; Hogan and Rao, 2015; Prakriya and Lewis, 2015).

STIM has the EF-hand and stereo alpha motif (SAM) domains in the lumen of the ER. Its cytoplasmic side contains several coiled-coil domains and a CRAC activation domain (CAD, also known as the STIM-Orai activation region, Or SOAR) (Manji et al., 2000; Yang et al., 2012; Prakriya and Lewis, 2015). In the presence of Ca2+, the EF-hand domains are tightly bound to the SAM domain. Therefore, the STIM protein exists as a monomer and in an inactive state, in which the nearby coiled-coil domain blocks CAD/SOAR. When the ER calcium pool is exhausted, the STIM protein senses Ca2+ change (Yuan et al., 2009). The structure of the EF-SAM domain becomes loose and stretched. STIM proteins dimerize from the ER lumen side to the cytoplasm and further form oligomers. These activated STIM1 oligomers interact with PI(4,5)P2 and the Orai channel through the released CAD/SOAR domain to accurately mediate the Ca2+ influx (Park et al., 2009; Ma et al., 2015; Prakriya and Lewis, 2015).

Although occupying a similar structure, the EF-SAM domains from STIM1 and STIM2 show different affinity to Ca2+. STIM1 is in a state of autoinhibition at rest but highly active upon Ca2+ depletion. STIM2 is more sensitive to tiny changes in the ER calcium store due to its low Ca2+ affinity, thus could be activated in response to less Ca2+ change (Zheng et al., 2011; Soboloff et al., 2012; Hogan and Rao, 2015). The different biophysical characteristics of STIM1 and STIM2 enable cells to sense changes in intracellular Ca2+ concentration accurately and take further actions (Brandman et al., 2007; Prakriya and Lewis, 2015). It seems reasonable that the basal Ca2+ homeostasis maintenance at rest is the primary responsibility of STIM2 (Wang et al., 2009; Kar et al., 2012). However, no significant change of Ca2+ level was observed in the calcium store of STIM2 KO cells at rest. In some tissues, for example, the neuronal cells and dendritic cells, the expression of STIM2 is significantly higher than STIM1, suggesting STIM2 may have other functions than the regulation of basal Ca2+ homeostasis (Williams et al., 2001; Oh-Hora et al., 2008; Prakriya and Lewis, 2015).

Many proteins around the STIM-Orai complex participate in SOCE. It is worth noted that SOCE recruits E-Syt1 to ER-PM junctions and rearranges adjacent ER structures into circular MCSs, which in turn stabilizes STIM-Orai clusters and accelerates Ca2+ replenishment (Kang et al., 2019). Another recent study showed ER protein Anoctamin 8 (ANO8) is translocated to STIM1-Orai1-mediated contact sites in a PI(4,5)P2-dependent manner. ANO8 further recruits the ER-localized SERCA (Sarco/endoplasmic reticulum Ca2+-ATPase) Ca2+ pump to replenish the Ca2+ reservoir, which may inactivate SOCE and regulate the receptor-stimulated Ca2+ signaling (Jha et al., 2019; Stefan, 2020).



RASSF4

The RAS association domain family (RASSF) consists of 10 members (RASSF1-10) localized at the cytoplasmic side of the PM. RASSF4 contains a C-terminal RAS association (RA) domain linked to a Sav-RASSF-Hpo (SARAH) domain (Figure 2B) (Chan et al., 2013; Iwasa et al., 2013). While the RA domain mediates the interactions with RAS GTPases, the SARAH domain was reported to facilitate dimerization between SARAH domain-containing proteins (Chan et al., 2013).

At ER-PM contact sites, RASSF4 acts in concert with ARF6, the upstream regulator of type I phosphatidylinositol phosphokinase (PIP5K), to regulate PI(4,5)P2 levels on the PM (Chen et al., 2017). Since PI(4,5)P2 is essential to position STIM1 and E-Syts, RASSF4 participates in the regulation of SOCE and ER-PM junctions indirectly through the regulation of PI(4,5)P2 homeostasis (Dickson, 2017).



TMEM110

ER-resident transmembrane protein 110 (TMEM110) is a STIM-activating enhancer (STIMATE). It contains 4–5 transmembrane domains, co-localized with STIM (Figure 2B). TMEM110 can remodel the short-term physiological junctions and relocate STIM1. Overexpression of TMEM110 leads to the formation of large STIM aggregates, while knockdown of this gene reduces STIM1 puncta at the ER-PM junctions (Jing et al., 2015; Quintana et al., 2015).

Furthermore, TMEM110 could physically interact with STIM1 and interfere with the autoinhibition of CAD/SOAR. When the Ca2+ storage is exhausted, STIM1 converts its conformation, facilitating the TMEM110 C-terminus interaction with the coiled-coil domain of STIM1. It releases the autoinhibition of CAD/SOAR and activates Ca2+ channel Orai (Hooper and Soboloff, 2015; Jing et al., 2015). Overall, TMEM110 is an ER protein that cooperates with STIM to reshape ER-PM connections and regulate calcium signaling dynamically. These studies indicate the STIM-Orai signaling heavily relies on proteins that regulate the ER-PM connections or the STIM conformation.




ENZYMES AT ER-PM CONTACT SITES

MCSs are ideal platforms to exchange molecules and local signals between organelles, dependent on their carriers or enzymes. Many protein enzymes, especially the phosphatases, play critical regulatory roles in ER-PM contact sites (Figure 3A) (Saheki and De Camilli, 2017a). They can catalyze substrates either in cis or in trans to participate in the regulatory network of many cellular processes such as cyclic adenosine 3′,5′-adenosine monophosphate (cAMP) signaling, calcium dynamics, and lipid metabolism.
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FIGURE 3. Regulation of cell signaling by enzymes at ER-PM contact sites. (A) Representative illustration of enzymes functioning at the interface between the ER and the PM. Both AC3 and AC8 are located on the PM through multiple transmembrane domains. AC3 interacts with STIM1, and AC8 binds directly to Orai1. They are both regulated by Ca2+ signals to produce cAMP. Sac1 is a conserved PI(4)P phosphatase anchored to the ER and can dephosphorylate PI(4)P both on the PM and in the ER membrane. PTP1B is anchored to the ER membrane via a C-terminal fragment and dephosphorylates its substrates on the PM through the cytosolic catalytic domain. (B) Diagrams of the enzymes described in A. The major functional domains are shown in each of the proteins.



AC3/8

Adenylate cyclase (AC) is an important signaling molecule downstream of G protein-coupled receptors. It is located on the PM via two multi-transmembrane domains and contains two catalytic domains (Figure 3B) (Cooper et al., 1995; Cooper and Crossthwaite, 2006; Dessauer et al., 2017). AC regulates cAMP, thereby participating in various physiological processes. Nine AC subtypes have been identified in mammals. Among them, the AC3 and AC8 are located at ER-PM junctions, and both of their activities are regulated by Ca2+. AC3 regulates blood glucose homeostasis, which makes it a new target for the development of anti-obesity drugs. However, AC8 plays a crucial role in neuroplasticity rather than in glucose regulation (Zachariou et al., 2008; Bogard et al., 2014; Wu et al., 2016).

Inside the cell, many signals transmit between the ER and the PM. In addition to the SOCE-regulated Ca2+ signal, cAMP is another vital signal which usually functions as a second messenger. At the ER-PM junctions, AC3 is an enzyme that relies on STIM1. STIM1 interacts with AC3 and generates cAMP, and this process is called storage operational cAMP signaling (SOcAMPS) (Lefkimmiatis et al., 2009; Maiellaro et al., 2012; Willoughby et al., 2012). AC8 directly interacts with Orai1 to alter the Ca2+ microenvironment under the PM, which in turn activates AC8 and produces cAMP (Willoughby et al., 2010, 2012). The dynamic interaction between Ca2+ and cAMP signals at the ER-PM junctions represents an important scenario of cell homeostasis and plays vital roles in physiology and pathology (Lefkimmiatis et al., 2009; Maiellaro et al., 2012; Willoughby et al., 2012; Okeke et al., 2016).



Sac1

Localized on the ER and Golgi apparatus, suppressor of actin 1 (Sac1) is a phosphoinositide phosphatase whose protein sequence and function are both highly conserved in yeast and mammals. In mammals, Sac1 protein commonly expresses in adult and embryonic tissues (Del Bel and Brill, 2018). The C-terminal region anchored Sac1 to the ER. A conserved catalytic CX5R (T/S) motif in the N-terminal domain enables Sac1 to have a catalytic function (Figure 3B) (Manford et al., 2010; Saheki and De Camilli, 2017a). The role of Sac1 is to remove phosphoric acid from the inositol ring to balance the level of PI(4)P (Del Bel and Brill, 2018).

Primarily as a PI(4)P phosphatase between the ER and the PM, Sac1 was proposed to either act in trans on the opposed PM PI(4)P or act in cis on the ER PI(4)P (Manford et al., 2010; Stefan et al., 2011; Mesmin et al., 2013). In the latter, ORP5/8 (Osh6p/7p in yeast) transfers PM PI(4)P to the ER, where Sac1 dephosphorylates the lipid on the same ER membrane. Sac1-catalyzed PI(4)P hydrolysis is essential to maintain PI(4)P concentration gradient, which facilitates the continuous exchange of PI(4)P/PS between the ER and the PM (Chung et al., 2015; Moser von Filseck et al., 2015b; Del Bel and Brill, 2018). Therefore, Sac1 indirectly controls the lipid metabolism where the ER and the PM are in close contact.

However, PI(4)P alone is insufficient to localize Sac1 to the ER-PM contact sites. Other proteins that connect the ER and the PM may jointly participate in the Sac1 localization. For example, the activated SOCE increases the amount of Sac1 in contact with the PM, while disruption of E-Syt2-mediated ER-PM junctions reduces the access of Sac1 on the PM (Dickson et al., 2016). Sac1 was found co-localized with E-Syt2 at ER-PM contact sites. E-Syt2 narrows ER and PM distance, which may restrict Sac1 to the right position. Sac1 consumes PI(4)P in this microdomain and thus produces the PI(4)P gradient (Dickson et al., 2016). However, it is still uncertain whether E-Syt2 directly interacts with Sac1.



PTP1B

Protein tyrosine phosphatase 1B (PTP1B) is a non-receptor phosphatase and belongs to the PTP family. First isolated from the human placenta, PTP1B is anchored to the surface of the ER membrane via a C-terminal fragment composed of 35 proline-rich residues (Frangioni et al., 1992). The N-terminus of PTP1B protein contains the catalytic domain with two proline-rich motifs (Figure 3B). PTP1B plays a catalytic function at ER-PM junctions by dephosphorylation of its substrates located on the PM through the cytosolic catalytic domain (Anderie et al., 2007).

PTP1B has several identified substrates. These substrates have diverse functions that make PTP1B play various roles in cellular physiology. For example, ER-bound PTP1B dynamically interacts with the protein tyrosine kinase Src on the PM, controls Src activation, and recruits adhesion complexes (Monteleone et al., 2012). PTP1B also plays roles in tumor growth, metastasis, and metabolism. It has double-sided effects with either promoting or suppressing cancer in tumor tissues, depending on the active substrate and cell environment (Lessard et al., 2010). Exploring the roles of PTP1B in individual tumors will provide new ideas for the diagnosis and treatment of tumors. The insulin signaling pathway and glucose metabolism is another process that PTP1B negatively regulates. The tyrosine-phosphorylated insulin receptor, insulin receptor substrate-1, and AKT are all possible targets of PTP1B (Abdelsalam et al., 2019). Targeting PTP1B is considered a strategy to treat insulin resistance and type 2 diabetes by improving insulin sensitivity (Hussain et al., 2019).




LIPID EXCHANGES AT ER-PM CONTACT SITES

The ER is the central organelle that synthesizes various lipids such as phospholipids and cholesterol, which need to be transported to or exchanged with other organelles and PM. Unlike the bulk lipid transports mediated by vesicle fusion, LTPs are able to sense and transport particular lipids between organelles that are mostly happened within a short distance like at the MCS regions (Wong et al., 2019). The ER forms extensive membrane junctions with the PM where LTPs play vital roles in the regulation of lipid metabolism as well as other physiological processes (Figures 4A,B) (Kentala et al., 2016; Saheki and De Camilli, 2017a; Cockcroft and Raghu, 2018; Jeyasimman and Saheki, 2019; Stefan, 2020).
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FIGURE 4. Diverse LTPs functioning at the ER-PM contact sites. (A) Representative illustration of LTPs located at the ER-PM junctions. E-Syt1 transfers phospholipids and DAG directly through the SMP domain between the ER and the PM, regulated by interactions of the C2 domains with Ca2+. TMEM24 is another SMP domain protein localized to the ER through a transmembrane domain. It transfers PI from the ER to the PM controlled by the dephosphorylation of the C-terminal polybasic region. Whether other SMP domain proteins, for example, E-Syt2/3 and tricalbins, mediate lipid transport at ER-PM contact sites remains unknown. ORP3, ORP5, and ORP8 are so far discovered ORPs at ER-PM contact sites. While ORP5 and ORP8 are ER membrane proteins, ORP3 is anchored to the ER through the interaction of its FFAT motif with VAP. All the three ORPs contain a PHD to interact with the PM lipids and an ORD to exchange PI(4)P/PI(4,5)P2 and PS between the ER and the PM. It remains elusive why the cell has three ORPs at ER-PM contact sites to mediate the same lipids. The discovery of the initial triggers of these LTPs might solve this problem. Nir2 and Nir3 are anchored to the ER via interactions of FFAT motifs with VAPs and connect to the PM by LNS2 domains, facilitating the PI and PA exchange between the two membranes. How other tethering molecules, such as E-Syts and Kv2s, couple with Nir2/3 to mediate PA/PI exchange need to be further explored. GRAMD1s are anchored to the ER via a C-terminal transmembrane domain and interact with cholesterol and PS on the PM through the N-terminal GRAM domain to connect the two opposed membranes. Thus, the accessible cholesterol is transported from the PM to the ER by StART-like domains. Whether there are other sterol transfer proteins transporting PM cholesterol to the ER or other organelles remains to be discovered. (B) The summary of LTPs-mediated lipid exchange at ER-PM contact sites. (C) Diagrams of the lipid transfer proteins described in A, except E-Syt1, are shown in Figure 1B. The major functional domains are shown in each of the proteins.



SMP Domain Proteins

SMP domain proteins are evolutionarily conserved in eukaryotes. The SMP domain was first discovered in 2006 by the sequence analysis of a mitochondrial integral membrane protein. Later it was identified as a member of the superfamily of tubular Lipid-binding (TULIP) domain-containing proteins that have the ability to harbor lipids in the hydrophobic cavity (Kopec et al., 2010; Alva and Lupas, 2016). SMP domain proteins are commonly localized at MCSs formed by organelles and play versatile functions such as lipid transport, Ca2+ homeostasis, and signaling (Saheki and De Camilli, 2017a).

Benefited from the SMP domain, E-Syts are considered as LTPs at ER-PM contact sites (Giordano et al., 2013; Saheki and De Camilli, 2017b). The crystal structure of E-Syt2 showed SMP domain forms a dimer of approximately nine nm-long cylinders that harbors glycerolipids without selectivity (Schauder et al., 2014). E-Syt1, E-Syt-2, and E-Syt-3 have been demonstrated to form homo- and heterodimers inside the cell (Giordano et al., 2013). By the in vitro reconstituted system, E-Syt1 was identified as a Ca2+ dependent LTP, which directly transfers glycerophospholipids and DAG between the ER and the PM (Saheki et al., 2016; Yu et al., 2016). The SMP dimer is indispensable for E-Syt1 to transfer lipids. Considering the length of SMP dimer is far less than the average distance between the ER and the PM, the “shuttle model” in which SMP dimer shuttles between the ER and the PM to transport lipids is more acceptable. This shuttle model was further supported by an artificially designed assay using the DNA-origami nanostructures to define precise distances between membranes (Bian et al., 2019).

In addition to the SMP domain, the C2 domains in E-Syt1 are also essential to regulate lipid transfer (Saheki et al., 2016; Yu et al., 2016; Bian et al., 2018). At least, both the C2A and C2C domains are indispensable in E-Syt1-mediated lipid transport (Saheki et al., 2016; Yu et al., 2016; Bian et al., 2018). The C2C domain is the predominant region for membrane tethering, facilitating lipid transport by shortening the distance. The C2A domain was proposed as an autoinhibitory domain that inactivates the SMP domain. Ca2+ releases this autoinhibition to enable lipid transport (Bian et al., 2018). Recent studies in yeast demonstrated SMP domain and C2 domains of tricalbins act in concert to form highly curved ER peaks on the cortical ER membrane facing the PM, raising a possibility that the C2A domain involves in the interaction with the ER membrane to facilitate the lipid transport (Collado et al., 2019; Hoffmann et al., 2019).

Although the membrane tethering function of the E-Syt family is conserved in eukaryotes, it was unclear whether all family members are capable of transporting lipids between the ER and PM. Only E-Syt1 in mammalian cells was identified to mediate lipid exchange directly. Although the locations of E-Syt2 and E-Syt3 at ER-PM contact sites are not affected by Ca2+, Ca2+ does bind to their C2A domains and induce a local protein conformational transition (Xu et al., 2014). Whether E-Syt2 and E-Syt3 directly mediate lipid exchange are still open questions to the field.

As a highly conserved protein family, E-Syts likely play essential roles in cell physiology. Unexpectedly, they're non-essential proteins. No obvious defects were observed in E-Syts triple knockout mice (Sclip et al., 2016; Tremblay and Moss, 2016). Neither mammalian cells lacking E-Syts nor yeast cells lacking tricalbins showed significant abnormalities (Manford et al., 2012; Toulmay and Prinz, 2012; Saheki et al., 2016). Given that many factors coordinate at ER-PM junctions, one possible explanation could be the functional redundancy. Other factors may replace the function of E-Syts once the latter is omitted (Saheki, 2017). However, E-Syts and tricalbins do have physiological effects. For example, E-Syts can maintain PM lipid homeostasis, promote nerve transmission and synaptic growth, modulate virus-induced membrane fusion, mediate the endocytosis of FGFR, and play roles in insulin secretion and diet-induced obesity development (Saheki et al., 2016; Tremblay et al., 2016; Kikuma et al., 2017; El Kasmi et al., 2018; Xie et al., 2019; Nath et al., 2020; Zhang et al., 2020). Tricalbins act in maintaining PM integrity (Toulmay and Prinz, 2012; Collado et al., 2019). More interesting, plant SYT1 is required for withstanding mechanical stress, maintaining cell membrane integrity and virus movement, suggesting this protein family is of importance to cell physiology (Min et al., 2007; Chang et al., 2013; Giordano et al., 2013; Idevall-Hagren et al., 2015).

Transmembrane protein 24 (TMEM24) is another SMP domain protein localized at ER-PM contact sites. It is anchored to the ER membrane through an N-terminal transmembrane domain, followed by an SMP domain, a C2 domain, and a polybasic C-terminal region (Figure 4C). TMEM24 is involved in regulating insulin secretion and neuronal excitability (Pottekat et al., 2013; Lees et al., 2017; Sun et al., 2019). Like E-Syts, the SMP domain forms a dimer in TMEM24, and each SMP domain binds one lipid molecule, one less than that in E-Syt2 (Schauder et al., 2014; Lees et al., 2017). TMEM24 selectively transports PI from the ER to the PM, supplying PM with PI(4,5)P2 during signal transductions. This process is regulated by protein kinase C (PKC)-dependent phosphorylation of the C-terminal PM binding regions in response to cytosolic Ca2+ (Lees et al., 2017).

Glucose-stimulated insulin secretion is regulated by the inositol phosphate signaling pathway and Ca2+. While TMEM24 transfers the PI(4,5)P2 precursor PI from the ER to the PM, E-Syt1 clears the PI(4,5)P2 metabolite DAG on PM. Since the dissociation of TMEM24 from PM is controlled by PKC-mediated phosphorylation, and E-Syt1 regulates PKC activity, E-Syt1 is considered an indirect regulator of TMEM24 (Xie et al., 2019). Both of them play a role in phosphoinositide metabolism and Ca2+ homeostasis, thus indirectly regulate insulin secretion in pancreatic β cells (Xie et al., 2019).



ORPs

The oxysterol-binding protein (OSBP) and its related proteins (ORPs) compose a conserved family that mediates non-vesicular lipid transports at the MCSs (Im et al., 2005; de Saint-Jean et al., 2011; Olkkonen and Li, 2013; Du et al., 2015). There are two conserved domains in this protein family, the PHD and OSBP-related domain (ORD). The PHD plays a role in membrane docking by interactions with anionic lipids such as phosphatidylserine (PS), PI(4)P, and PI(4,5)P2. The ORD is a ligand binding and lipid exchange domain (Kentala et al., 2016; Cockcroft and Raghu, 2018). Besides, ORPs have either an FFAT domain or a transmembrane domain through which they are located on the surface of membranous organelles, including the ER (Mesmin et al., 2013; Pulli et al., 2018).

ORP3, ORP5, and ORP8 are ORPs mainly localized at ER-PM contact sites in mammals. ORP5 and ORP8 possess a single C-terminal transmembrane domain that anchors them on the ER surface and a PHD to interact with the PM (Figure 4C). They were reported to mediate the PI(4)P/PS exchange cycle that transfers PS from the ER to the PM and move PI(4)P from the PM to the ER. Sac1 depletes PI(4)P and generates a PI(4)P gradient to drive this exchange (Chung et al., 2015; Moser von Filseck et al., 2015b; Dickson et al., 2016). However, another study showed PI(4,5)P2, rather than PI(4)P is the critical lipid for the targeting of ORP5 and ORP8 to the PM (Ghai et al., 2017). Besides ER-PM contact sites, ORP5 and ORP8 are also localized at other MCSs such as ER-mitochondria and ER-lipid droplet contact sites (Galmes et al., 2016; Du et al., 2020). Unlike ORP5 and ORP8, ORP3 is anchored to the ER via its FFAT motif that interacts with VAP protein (Figure 4C). Recent studies uncovered that ORP3 is capable of regulating PI(4)P homeostasis and Ca2+ dynamics by activating PKC (Dong et al., 2020; D'Souza et al., 2020; Gulyás et al., 2020).

In yeast, the conserved ORP family is called oxysterol-binding homology (Osh) protein. At ER-PM contact sites, Osh6p and Osh7p mediate the exchange of PI(4)P and PS fueled by PI(4)P metabolism, similar to the ORP5 and ORP8 in mammals (Maeda et al., 2013; Moser von Filseck et al., 2015a). Osh3p is more like ORP3 in mammals, which binds PI(4)P and recruits the Sac1p to ER-PM contact sites to regulate the PM PI(4)P levels (Stefan et al., 2011; Tong et al., 2013; Omnus et al., 2020). These studies demonstrated that phosphoinositides, mainly the PI(4)P and PI(4,5)P2, are common lipid ligands for the ORP family localized at ER-PM contact sites. Although 12 conserved members have been identified in Arabidopsis, the functions of ORPs in plant lipid metabolism are still poorly understood (Skirpan et al., 2006). Whether the functions and mechanisms of ORPs discovered in mammals and yeast are conserved in plants remain to be determined.

ORPs localized at ER-PM contact sites play multiple roles in cell physiology. For example, Osh2p and Osh3p interact with Myo5p and Scs2p to bridge the ER contact with endocytic areas and facilitate actin polymerization (Encinar Del Dedo et al., 2017). ORP3 participates in Ca2+ homeostasis and cell adhesion (Lehto et al., 2008). ORP5 and ORP8 can regulate cancer growth, making them potential drug targets for cancer therapy (Ishikawa et al., 2010; Guo et al., 2017).



Nir2/3

Nir2 and Nir3 belong to the PI transfer protein (PITP) family, a class of central players involved in phospholipid homeostasis at ER-PM contact sites. They are the mammalian ortholog proteins of Drosophila retinal degeneration B (rdgB), which was proven to transfer PI and phosphatidylcholine (PC) between membrane bilayers (Amarilio et al., 2005). The structure of Nir2/3 contains a PI-transfer domain at the very N-terminus, then followed by an FFAT motif, six hydrophobic stretches, and a C-terminal LNS2 domain (Figure 4C). Nir2/3 is anchored to the ER through the binding of the FFAT sequence to the VAP protein and connects with PM by the interaction of the LNS2 domain with phosphatidic acid (PA) (Kim et al., 2013; Balla, 2018).

PA and PI are interconverted lipid second messengers that play roles in many signaling pathways, coupled by the Nir2/rdgB family. Phospholipase C (PLC) hydrolyses PI(4,5)P2 to generate DAG and its phosphorylated lipid PA. After binding PA, Nir2/rdgB is translocated to ER-PM contact sites to exchange PI and PA between the two opposed membranes (Chang et al., 2013; Kim et al., 2013, 2015; Balla, 2018). This process coordinates local lipid metabolism with downstream signaling at ER-PM contact sites (Kim et al., 2013). A recent study found that Nir2 and Kv2.1 are co-localized at ER-PM contact sites in neuronal cells, indicating Kv2-VAP tethers may regulate Nir2 localization and PI homeostasis (Kirmiz et al., 2019). Different from Nir2, the ability of Nir3 is to sense subtle PA production and sustain basal PM PI(4,5)P2 levels (Chang and Liou, 2015). They cooperatively regulate PI(4,5)P2 homeostasis at ER-PM contact sites.



GRAMD

The protein containing the Glucosyltransferases, Rab-like GTPase activators, and myotubularins (GRAM) domain was named GRAMD, a recently discovered class of conserved ER proteins. Bioinformatics studies identified six GRAMD proteins (Ysp1p, Sip3p, Ysp2p, Lam4p, Lam5p, and Lam6p) in yeast and five members (GRAMD1a, GRAMD1b, GRAMD1c, GRAMD2, and GRAMD3) in mammals (Gatta et al., 2015). However, only three GRAMD1s in mammals contain StART-like lipid transfer domains. GRAMD2 and GRAMD3 are supposed not to mediate lipid transport (Naito et al., 2019). GRAMD proteins are anchored to ER via its C-terminal transmembrane domain and target the PM using the N-terminal GRAM domain (Figure 4C) (Stefan et al., 2011; Chu et al., 2015; Besprozvannaya et al., 2018).

The existence of the StART-like domain makes GRAMD1 proteins contribute to PM sterol homeostasis by recognizing accessible PM cholesterol and transporting it to the ER (Holthuis and Levine, 2005; van Meer et al., 2008; Sandhu et al., 2018). A recent study showed GRAMD1s form homo- and heteromeric complexes that interact with the free cholesterol and PS on the PM by the GRAM domain. Thus, the accessible cholesterol is transported to the ER through StART-like domains. Loss of the three GRAMD1s leads to a significant expansion of the available PM cholesterol pool, suggesting GRAMD1s are major cholesterol transporters between the ER and the PM (Sandhu et al., 2018; Naito et al., 2019). Different from GRAMD1, GRAMD2 co-localizes with E-Syts and help to maintain the ER-PM contacts. Based on this tethering function, GRAMD2 may play a role in SOCE and Ca2+ homeostasis by the recruitment of STIM1 (Besprozvannaya et al., 2018).

The trafficking of low-density-lipoprotein (LDL)-cholesterol is essential in cholesterol metabolism. Imbalance in this process could cause diseases, for example, the Niemann-Pick type C (NPC). The ER is the central organelle senses and synthesizes endogenous cholesterol. After endocytosis, the vast majority of LDL-cholesterol is transported to the PM (Pfisterer et al., 2016). The PM cholesterol could then supply the ER by GRAMD1s (Sandhu et al., 2018). However, about 30% of LDL-cholesterol is directly transported from endosomes/lysosomes to the ER, mediated by ORP1L and STARD3. When ER cholesterol is excessive, these sterol-transfer proteins can act in the opposite direction, transporting the cholesterol to the endosomes (Eden et al., 2016; Wilhelm et al., 2017). Recent studies indicate NPC1 tethers the ER to the endocytic organelles and facilitates cholesterol egress through ORP5 and GRAMD1s. Both of the LTPs localized at the ER-endocytic organelles MCSs in response to the cholesterol levels (Du et al., 2011; Höglinger et al., 2019).

CERT (ceramide transport protein) is another LTP containing a StART-like domain. In addition to glycerophospholipids and sterols, ceramide is also synthesized in the ER. CERT anchors to the ER via the FFAT motif-VAP interaction. It contains a PHD that interacts with PI(4)P to build the ER-Golgi contacts. Through the StART-like domain, CERT transports ceramide to the Golgi apparatus, where glucosylceramide and sphingomyelin are synthesized (Hanada et al., 2003). Glycolipid-transfer protein, another VAP-interacting LTP, transports glucosylceramide from cis-Golgi to trans-Golgi or the ER (Smith et al., 2006; Halter et al., 2007; Backman et al., 2018). These processes are indispensable for sphingomyelin and glycosphingolipid homeostasis (Breslow, 2013; Hanada, 2018).



Coordination of Ca2+ Signaling and Phospholipid Metabolism

Many regulators coordinate to form an extensive protein network at ER-PM contact sites, regulating intracellular signal transductions coupled with Ca2+ and phospholipid signaling. The elevated cytoplasmic Ca2+ triggers the enrichment of E-Syt1 at ER-PM contact sites (Giordano et al., 2013). In another way, the ER-Ca2+ depletion induces STIM1 translocation to ER-PM contact sites (Liou et al., 2007). Both the Ca2+-regulated processes enhance the ER-PM connections, which subsequently promotes the recruitment of Nir2 to the ER-PM interface (Chang et al., 2013). Nir2 binds and transfers PA from the PM to the ER (Kim et al., 2015). In turn, it moves PI from the ER to the PM and generates PI(4)P and PI(4,5)P2, in which step RASSF4 and ARF6 participate (Stathopulos et al., 2006; Chen et al., 2017; Dickson, 2017). PI(4,5)P2 reinforces relocations of E-Syts and STIM1 at the contact sites and further regulates Ca2+ dynamics. The consumption of excess PI(4,5)P2 generates DAG and PA, which facilitate Nir2 enter the next circle. Overall, this network combines SOCE regulators with LTPs to develop a synergistic effect between Ca2+ signaling and PI(4,5)P2 metabolism at the ER-PM junctions and extend the duration of signal transductions (Dickson, 2017; Ong and Ambudkar, 2020).




CONCLUSIONS

The ER communicates with the PM through direct physical contacts, which are regulated by various proteins. These key players cooperatively mediate the reactions between the opposed membranes and drive diverse fundamental cellular processes. ER-PM contact sites are involved in the regulation of ion and lipid transports, signal transductions, ER morphology and remodeling, membrane trafficking, and yeast polarized growth (Encinar Del Dedo et al., 2017; Ng et al., 2018, 2020; Kang et al., 2019; Kirmiz et al., 2019; Weber-Boyvat et al., 2020). Substantial progress has been made toward understanding their functions and mechanisms (Table 1) (Saheki and De Camilli, 2017a; Wang et al., 2017; Ong and Ambudkar, 2020; Stefan, 2020). However, all proteins located at the MCSs seem to tether the membranes. Multiple regulators perform the same functions at the ER-PM contact sites in some cellular processes (Manford et al., 2012; Collado et al., 2019). The unique significance of these proteins needs to be further explored. For example, why are three E-Syts in yeast and mammals but only one in plants and flies?


Table 1. Summary of the proteins functioned at ER-PM contact sites.

[image: Table 1]

Given that most of the regulators at ER-PM contact sites are highly conserved, it seems unlikely the cell keeps redundant proteins at this narrow and crowded place during evolution. These proteins are more likely of great significance to the cell. However, the general functional redundancy gives us trouble understanding their exact physiological functions. One speculation is each of these functional redundant proteins still has its features. Take tethering as an example. Although all protein tethers are capable of bridging the ER and the PM, the ER-PM junctions formed by distinct tethers have variable architectures and different mechanisms (Petkovic et al., 2014; Fernandez-Busnadiego et al., 2015; Johnson et al., 2018). These differences make them feasible to regulate the diverse cellular processes or play roles in specific conditions such as ER stress or cell damage. The same situation also happens in LTPs. It remains unclear why multiple LTPs transfer one specific lipid at MCSs. Perhaps the future discovery of their regulation and triggering mechanisms will give us the answer.

Tissue specificity is another possibility. Proteins with similar functions at ER-PM contact sites may individually play a predominant role in the specific type of cells, depending on their expression enrichments or stimuli. Studies of those proteins in specific tissues will be a way to identify their physiological roles. Recent studies have already confirmed this possibility (Guo et al., 2017; Kirmiz et al., 2018a; Zhang et al., 2020). On the other hand, some regulators' functions are not related to ER-PM contact sites (Tremblay et al., 2016; El Kasmi et al., 2018). Further efforts are needed to study their correlations.

To better understand the functions and mechanisms of ER-PM contact sites, high-resolution structures of protein-membrane complexes mimicking MCSs or partially mimicking MCSs will be expected. The development of advanced Cryo-EM and live-cell imaging technology will enable us to comprehensively understand the protein network-mediated ER-PM contact sites. Many regulators at these sites are implicated in disease pathologies. Studies of these proteins for their physiological and pathological functions will be of great significance for understanding the disease occurrence, new drug developments, and clinical applications.
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The compartmentalisation achieved by confining cytoplasm into membrane-enclosed organelles in eukaryotic cells is essential for maintaining vital functions including ATP production, synthetic and degradative pathways. While intracellular organelles are highly specialised in these functions, the restricting membranes also impede exchange of molecules responsible for the synchronised and responsive cellular activities. The initial identification of contact sites between the ER and plasma membrane (PM) provided a potential candidate structure for communication between organelles without mixing by fusion. Over the past decades, research has revealed a far broader picture of the events. Membrane contact sites (MCSs) have been recognized as increasingly important actors in cell differentiation, plasticity and maintenance, and, upon dysfunction, responsible for pathological conditions such as cancer and neurodegenerative diseases. Present in multiple organelles and cell types, MCSs promote transport of lipids and Ca2+ homoeostasis, with a range of associated protein families. Interestingly, each MCS displays a unique molecular signature, adapted to organelle functions. This review will explore the literature describing the molecular components and interactions taking place at ER-PM contact sites, their functions, and implications in eukaryotic cells, particularly neurons, with emphasis on lipid transfer proteins and emerging function of SNAREs.
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INTRODUCTION

A distinctive property of eukaryotic cells is the compartmentaliasation of the cytoplasm by intracellular membranes. In addition to the plasma membrane (PM), phospholipid bilayers and monolayers form complex internal networks, defining individual organelles specialised for specific functions. While this is useful for separating incompatible biochemical reactions and restricting specific conditions such as low pH, and/or redox potential, compartmentalisation can impede the transfer of molecules which instead relies on vesicular trafficking (Helle et al., 2013; Scorrano et al., 2019). Recent studies however have shown that long known specialised regions of membrane in close proximity to each other, called membrane contact sites (MCSs), could also be involved in communication (Gallo et al., 2016; Kang et al., 2019; Bohnert, 2020). Early research identified closely apposed domains of the endoplasmic reticulum (ER) and mitochondria in hepatocytes (Bernhard and Rouiller, 1956) and of ER with T-tubule invaginations of the PM in muscle cells (Porter and Palade, 1957). However, the physiological significance of many MCSs was poorly understood. The first insights only arrived in the 1990s, with observations suggesting that phosphoserine-derivatives in the mitochondrial membranes are synthesised by the ER, and that contact between the organelles was involved in lipid transfer (Vance, 1990; Stefan et al., 2017). Since, MCSs have been identified in a range of organisms, cell types and between different organelles, the structure and function of many are still yet to be fully understood. MCSs are defined as domains of organelles in close apposition to each other, in general via biochemically defined interactions. They involve most organelles and can be homotypic (contacts between distal regions of an organelle or organelles of the same type) or heterotypic (between organelles of different nature) (Gatta and Levine, 2017; Scorrano et al., 2019). Due to its extensive and dynamic network throughout the cell (Nixon-Abell et al., 2016), the ER is engaged as a partner in almost all heterotypic connections and mitochondria have also been shown to form contacts with multiple organelles (Gatta and Levine, 2017).

The diversity of interactions observed suggests a variety of functions and processes that MCSs are involved in. For example, ER contacts with mitochondria are important in lipid transport and metabolism (Dimmer and Rapaport, 2017). Additionally, the ER can wrap around mitochondrial tubules and facilitate fission (Tilokani et al., 2018). Remarkably, numerous cellular processes depend on ER contacts beside organelle dynamics. ER-mediated contacts sites have been shown to facilitate Ca2+ homoeostasis (Wu et al., 2006) lipid transport (Tavassoli et al., 2013), modulate autophagic biogenesis (Nascimbeni et al., 2017), organelle morphology (Manford et al., 2012), and excitability in neurons and muscle cells (Ito et al., 2001; Sahu et al., 2019). Incidentally, several protein families of no obvious similarity have been identified at MCSs. Specific isoforms or even entirely separate families are allocated to MCSs depending on the membranes involved and the cell type, raising questions regarding their functionality and expression patterns. This review will summarize the literature describing the nature and molecular composition of ER-PM MCSs, presenting the roles of various populating protein families, emphasising MCSs in neurons and among related functions, the emerging role of SNAREs at MCSs.



ER-PM CONTACT SITES IN NEURONS


Main Features and Morphology

The ER forms an extensive network of tubules and cisternae throughout the cell and has a range of roles integral to cell survival and function including lipid synthesis, protein synthesis, and Ca2+ regulation. The network projects to all parts of the cell and is functionally connected to other organelles (Nixon-Abell et al., 2016). ER-mediated contact sites typically present the following characteristics: 1) the two membranes involved are tethered within 7 – 30 nm of each other, 2) despite this close proximity, membrane composition is maintained and there are no reports of fusion between organelles, and 3) specific proteins and lipids are enriched at MCSs, creating microdomains (Prinz, 2014; Eisenberg-Bord et al., 2016; Gallo et al., 2016). Depending on their type, MCSs can be transient or stable over time, according to their role in cellular structure and physiology, as noted in Orai–Stim (Helle et al., 2013) and Kv2.1 (Fox et al., 2015) induced tethering respectively. Importantly, the interactions at MCSs influence the function of either or both the participating organelles.

Endoplasmic reticulum-mediated MCSs also show specific characteristics. Studies in Saccharomyces cerevisiae indicate that tethering another membrane excludes ribosomes from the cytoplasmic face of the ER (Wolf et al., 2012) and controls membrane curvature, vital for maintaining membrane integrity (Collado et al., 2019). The ER MCSs with other organelles, including mitochondria and peroxisomes (Elbaz and Schuldiner, 2011), are some of the best characterized examples of MCSs and have been described in multiple cell types and organisms, mediating additional processes at each contact site.

Initial evidence for ER-PM MCSs in neurons and muscle cells came from observation by electron microscopy, identifying subsurface cisternae “closely opposed” to the PM, maintaining a separation of 5–8 nm between the membranes (Porter and Palade, 1957; Rosenbluth, 1962). The high concentration of proteins in the membrane at these sites, as observed by freeze-fracture techniques, opened the possibility that these junctions had functions related to cell excitability (Henkart et al., 1976). Much later, this hypothesis was reinforced in rat hippocampal neurons (Spacek and Harris, 1997) with subsequent characterisation of novel tethers such as Kv2.1 K+ channels (Fox et al., 2015; Kirmiz et al., 2018) along with several SNARE proteins (Petkovic et al., 2014). 3D reconstructions show that the percentage of cell body PM engaged in MCSs with the ER as approximately 12.5% in the Nucleus accumbens, but varies in other brain regions (Wu et al., 2017). In agreement with earlier studies, the authors also found that, while the ER extends throughout neuronal cells, ER-PM MCSs are far less frequent in dendrites, only at the periphery of the post-synaptic densities and not at all in spines (Spacek and Harris, 1997; Wu et al., 2017). In contrast, yeast ER MCSs can cover 25–40% of the PM while separation reports have varied between studies, averaging 33 nm (West et al., 2011) but also reported lower at 21 nm (Collado et al., 2019). Several studies have also distinguished the morphology of ER associated with the PM in various models (West et al., 2011; Manford et al., 2012; Nixon-Abell et al., 2016; Wu et al., 2017). While the ER network surrounds the nucleus to form the nuclear envelope (Helle et al., 2013), tubules extend throughout the cell into the periphery, referred to as cortical ER (cER). Here the ER presents highly variable morphology, with “flattened sheets” with lumen width >25 nm (in neurons) (Orci et al., 2009; Wu et al., 2017) separated by thin tubules (Fernández-Busnadiego et al., 2015; Wu et al., 2017; Collado et al., 2019). Consistent with the dynamic nature of the ER, the larger sheets observed can quickly assemble and disassemble, likely due to interactions with motor proteins on microtubules (Nixon-Abell et al., 2016), which are frequently found in alignment with the cER (Orci et al., 2009). Extending into dendrites, the ER predominantly forms tubules and is less frequently in contact with the PM (Wu et al., 2017). ER-PM MCSs in the axons and dendrites of neurons are smaller and less frequent than in the cell body, and while the ER can enter the necks of large spines, they do not seem to form contacts (Spacek and Harris, 1997; Wu et al., 2017).



Molecular Composition of ER-PM MCSs

Membrane contact sites could be viewed as microenvironments where selected proteins, namely tethering proteins, first establish physical bridge(s) between membranes, then recruit partner proteins which perform contact specific functions (Helle et al., 2013). In MCSs, membrane-associated tethering proteins maintain two distinct membranes in close apposition, under conditions where no membrane fusion occurs. Tethering proteins are often ER integral membrane proteins able to directly bind to either PM lipids or soluble lipid-binding proteins (Prinz, 2014; Eisenberg-Bord et al., 2016). Alternatively, trans-interactions involve integral membrane proteins that can project from each membrane into the cytoplasm. Broadly, tethers are defined as proteins or protein complexes that a) are physically present at the MCS, b) contribute a tethering force between the participating membranes, c) affect the processes taking place at the MCS, and d) modulate the degree of proximity and number of MCSs (Helle et al., 2013; Eisenberg-Bord et al., 2016).

Multiple protein families have been indicated at ER-PM junctions, hosting unusual molecular compositions including selected proteomes and potentially lipidomes (Phillips and Voeltz, 2016). No single-family appears to solely perform as a tether. More commonly, tethers are involved in additional functions either by themselves or together with binding partners, identified in model systems and translated to human homologues by sequencing and proteomics. Accordingly, studies presenting ablation of a tethering family generally show reduced numbers of contact sites rather than complete abolition, as exemplified in ER-endolysosomal contacts (Henne et al., 2015) and ER-PM contacts (Manford et al., 2012), further indicating functional redundancy. Loss of all the aforementioned proteins leads to ER-PM dissociation, together with the accumulation of cytoplasmic ER, resulting in misregulation of phosphoinositide (at PM) and Ca2+ signalling; compromising cellular integrity, and activating ER unfolded response (Manford et al., 2012; Stefan, 2018; Wang and Dehesh, 2018). The role played by ER-PM MCS in maintaining membrane homoeostasis remains to be investigated. So far, several families of proteins have been identified for their functions in lipid modification and/or transfer between membranes; the TMEM16 family, E-Syt (Extended Synaptotagmins), VAPs (VAMP-associated proteins), Junctophilins, and more recently, SNAREs (Figure 1), as described below.
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FIGURE 1. Schematic illustration of the organization and topology of ER-PM tethering proteins. Shown are the so-far identified protein complexes acting in ER to PM membrane recruitment, in yeast and mammals: Sec22b-Syntaxin1/3 (Sso1/2p in yeast) complex, TMEM16 (Ist2 in Yeast), TMEM24 (C2CD2L in Yeast), Kv Channels, Junctophillins, VAPs (Sc2-22 in Yeast), Extended Synaptotagmin (E-Syt). SNARE complexes generate short-range (∼10 nm) MCS whereas other tethers generate longer range (∼20–30 nm). Created with BioRender.com.




Anoctamin/TMEM16 Family

Ist2 is an integral membrane protein predominantly found in the cER in yeast. Studies of the Ist2 family have shown its members can bind to phosphatidylinositol-4,5-bisphosphate (PI(4,5)P2) in the PM, via a C-terminal basic stretch of 69 amino acids (Ercan et al., 2009; Fischer et al., 2009; Maass et al., 2009). This interaction not only contributes to the localisation of Ist2 to cER but also recruits ER to the PM, creating a compartment devoid of ribosomes (Wolf et al., 2012). Furthermore, deletion of Ist2 increased the distance between ER-PM associations, while overexpression dramatically increased the percentage of cER associated with the yeast PM (Wolf et al., 2012).

The first identified mammalian orthologues, TMEM16A/Ano1 and TMEM16B/Ano2 are Ca2+ activated Cl– channels (Yang et al., 2008; Caputo et al., 2008). Other Anoctamins of the 10-member family include TMEM16C (ANO3), TMEM16D (ANO4), TMEM16F (ANO6), TMEM16G (ANO7), and TMEM16J (ANO9) and although some of which can be found localised to ER-PM MCSs (Duran et al., 2012; Bushell et al., 2019), their functions are not fully understood (Picollo et al., 2015). The family members display substantial functional diversity (Milenkovic et al., 2010) and different tissue localisation (Schreiber et al., 2010), though their structural analysis shows a conserved topology including eight N-terminal transmembrane domains (TMDs) and stretches of basic amino acids at the C-terminus (Pedemonte and Galietta, 2014). As TMEM family members are tethers with an intrinsic activity in lipid transfer (for example, that of phosphatidylserine, i.e., PS) (Lees et al., 2017), it was unexpected to discover that, in yeast, efficient transport of PS to the PM by the cytosolic lipid transfer protein (LTP) Osh6, requires its association with Ist2 (D’Ambrosio et al., 2020). This functionally distinct contribution to PS homoeostasis illustrates the complexity of TMEM16 biology at MCSs. Besides delineating the regulatory role of Ca2+ channels, the structural bases of the family members’ functional diversity remain to be elucidated (Picollo et al., 2015). The TMEM16F interactome includes Munc18-1, a partner of the PM SNARE Syntaxin1 (Stx1) (Brooks et al., 2015). TMEM16K, an ER lipid scramblase involved in spinocerebellar ataxia, was found at ER-endosome MCSs further emphasising the importance of this family of proteins. Several ER and endosomal SNAREs were found in close proximity to TMEM16K (Petkovic et al., 2020) but the potential functional relationship is unknown.



VAPs (VAMP-Associated Proteins)

VAMP-associated proteins or VAPs are another family suggested to act as tethers at MCSs, with orthologues identified in plants (Siao et al., 2016) and yeast (Loewen et al., 2003). VAP’s acronym refer to the initial interaction of VAP-A with the SNARE VAMP in Aplysia (Skehel et al., 1995) but the functional relevance of VAP-SNARE interactions is not yet well defined (Weir et al., 2001). VAPs are highly conserved type II integral ER membrane proteins and interact with a wide variety of intracellular proteins (Nishimura et al., 1999; Murphy and Levine, 2016), regulating several cellular processes (Soussan et al., 1999; Kagiwada and Zen, 2003). Structurally, VAPs consist of an N-terminal MSP (major sperm protein) domain, a coiled-coil domain involved in dimerisation (Kim et al., 2010) and finally a C-terminal TMD, responsible for anchoring in the ER membrane (Murphy and Levine, 2016; Sun and De Camilli, 2018). VAPs are prominently present at several ER-mediated contact sites including with the PM, Golgi, and mitochondria (Eisenberg-Bord et al., 2016). Deletion of the yeast homologues Scs2 and Scs22 result in a loss of cER associated with the PM (Manford et al., 2012). VAPs can also recruit proteins containing an FFAT motif, which consists of two phenylalanine residues flanked by an acidic tract which binds to a positively charged binding motif on the face of the MSP domain (Murphy and Levine, 2016). FFAT motifs have been found in the oxysterol-binding protein (OSBP) related protein family (ORPs), Ceramide transfer protein and N-terminal domain-interacting receptor 1–3 (Loewen et al., 2003; Murphy and Levine, 2016). The versatility of this structure gives VAP an opening to interact with multiple proteins, divided into three categories, 1) SNAREs, 2) Viral proteins, and 3) FFAT-motif-containing proteins (Loewen et al., 2003). VAPs, therefore, have a diverse catalogue of binding partners, including LTPs such as oxysterol-binding homology (Osh) proteins and Nir2, located at ER-PM contact sites. Accordingly, the presence of VAP-A and VAP-B is paramount for lipid transport at ER-Golgi contact sites, with knockdown experiments showing detrimental effects on Golgi conformation and distorted composition of phosphatidylinositol-4-phosphate (PI4P), sphingomyelin, and diacylglycerol (DAG) in the Golgi membrane (Peretti et al., 2008).

Two groups independently identified an unexpected VAP binding partner in hippocampal neurons. Despite lacking a typical FFAT motif, PM-localised Kv2 channels form ER-PM MCSs via the recruitment of the ER-resident VAPs. This interaction is thought to be regulated by Kv2 phosphorylation (Kirmiz et al., 2018; Johnson et al., 2019), thus involving negative charges acting like the acidic amino acid residues of the FFAT motif of ORPs/Oshs (Sun and De Camilli, 2018) (see below). Incidentally, VAP-A and VAP-B knockdown reduces Kv2 clustering (Kirmiz et al., 2018; Johnson et al., 2019). Finally, VAP-B in particular is associated with the progressive neurodegenerative diseases Amyotrophic Lateral Sclerosis and Parkinson’s disease. Mutations in the MSP domain result in conformational changes that promote oligomerisation and degradation (Kim et al., 2010; Murphy and Levine, 2016), altering ER morphology (Yamanaka et al., 2020). This leads to a range of mechanistic dysfunctions including the different extent of MCS tethering, cytoskeletal coordination, and lipid homoeostasis (Murphy and Levine, 2016) as shown in Drosophila (Forrest et al., 2013), highlighting the role of VAPs as an important mediator in ER-PM contact formation (Figures 1, 2).
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FIGURE 2. SNAREs and lipid transfer proteins at the MCS. Using varying mechanisms such as FFAT to bridge SNAP25-OSH/ORP-VAP-A, and non-fusogenic Sec22b-Stx1- E-Syt complex, LTPs promote MCS tethering and mediate lipid transfer [PI4P, sterol, glycerolipids, and diacylglycerol (DAG)]. PI4P phosphatase at the ER membrane Sac1 was not represented for simplicity. Created with BioRender.com.




JPH (Junctophilins)

Junctophilins were originally identified as junction components in muscle cells, with JPH-2 knockouts presenting reduced associations between the sarcoplasmic reticulum (SR) and PM (Takeshima et al., 2000). While invertebrates have one genomic copy, mammals have four, all identified in excitable cells (Landstrom et al., 2014). Subtypes 1 and 2 are expressed in skeletal and cardiac muscle respectively, while 3 and 4 have been shown to be expressed in hippocampal pyramidal neurons (Nishi et al., 2003). JPHs are embedded in the ER/SR via a C-terminal TMD (Nishi et al., 2000; Takeshima et al., 2000), following a defining feature of the family; eight N-terminal MORN (membrane and recognition nexus) motifs, the final two of which are separated by a joining region (Landstrom et al., 2014). These MORN motifs are hypothesised to bind phospholipids, specifically phosphatidylinositol phosphates (PIPs) such as PI4P and PIP2 (Landstrom et al., 2014), mediating attachment to the PM according to the number and sequence present, as removal of specific MORN motifs in JPH-1 leads to localisation in the nucleus and cytoplasm rather than PM (Takeshima et al., 2000). There is evidence that the N-terminal region (containing the MORN repeats) mediates PM targeting, though the direct involvement of MORN repeats has not been demonstrated (Nakada et al., 2018; Rossi et al., 2019). Between the MORN motifs and C-terminal TMD sits an alpha helix, which modulates the distance between the ER/SR and PM, followed by a divergent region of unknown function, so named due to limited sequence conservation between isoforms (Garbino et al., 2009) (Figure 1).

Initially thought to be primarily structural components, Ito et al. (2001) highlights roles for JPHs mediating Ca2+ regulation in muscle cells by stabilising a complex of Ryanodine receptor and DHPR Ca2+ channels in the SR and PM, respectively. More recently, this has also been observed in T cells (Woo et al., 2016) and several neuronal populations. For example, JPH-3 and -4 double knockouts result in behavioural and physiological defects in mice in addition to dysfunctional Ca2+ release and impaired plasticity in hippocampal neurons (Moriguchi et al., 2006). Loss of JPH isoforms prevents the after hyperpolarisation necessary to form Ca2+ microdomains (Kakizawa et al., 2008; Takeshima et al., 2015) as JPH-3 and/or -4 are needed to tether and stabilise a Cav1-RyR2-KCa3.1 Tripartite Complex necessary for neuronal excitability regulation (Sahu et al., 2019). Aside from functional studies, JPH-3 has been implicated in neurodegenerative disorders, notably in Huntington’s disease-like (HDL) syndrome. Up to 15% of patients lacking pathological mutations in Huntingtin, the canonical cause of Huntington’s disease, show CAG/CTG repeats in JPH-3 (Holmes et al., 2001) which generate toxic RNA foci and protein aggregation. Loss of JPH-3 in mouse models presents progressive motor abnormalities, consistent with JPH-3 as an, albeit rare, cause of HDL syndrome (Seixas et al., 2012). JPHs have not been connected to SNAREs yet.



E-Syts (Extended Synaptotagmins)

Extended synaptogamins (E-Syts) are evolutionarily conserved proteins shown to function at ER-PM membrane contact sites in multicellular organisms. Sequence and domain analysis revealed homology with the yeast Tricalbins family, also identified at ER-PM MCSs. The deletion of all three known Tricalbin isoforms in combination with deletion of other associated tethers reduces the number of contact sites (Manford et al., 2012). Tricalbins consist of an N-terminal TMD, followed by a synaptotagmin-like mitochondrial lipid-binding protein (SMP) domain and three to five C2 domains (Toulmay and Prinz, 2012), which bind to membranes in a Ca2+-dependent manner (Schulz and Creutz, 2004). Indeed, of the three mammalian E-Syt isoforms, E-Syts differs from the yeast orthologues in the number of C2 domains; E-Syt1 has five, while E-Syts2/3 have three C2 domains (Saheki and De Camilli, 2017), enabling recruitment to ER-PM interfaces by membrane-binding of C2 domains upon an increase of cytosolic Ca2+ level (Chang et al., 2013; Giordano et al., 2013; Saheki et al., 2016).

In yeast, the Tricalbins are involved in lipid transfer and maintenance of ER curvature, specifically in the formation of cER peaks which are essential for lipid transfer to maintain PM integrity (Collado et al., 2019; Hoffmann et al., 2019). As such, all E-Syts have been shown to perform similar roles under Ca2+ regulation. E-Syts2/3 bind PI(4,5)P2 at the PM via the C2C domain (Figure 1), but E-Syt1, which is distributed over the whole ER surface area under resting conditions, binds at low Ca2+ concentrations via C2E (Giordano et al., 2013). Upon micromolar changes in cytosolic Ca2+, E-Syt1 is recruited to ER-PM sites where it can control the distance between the membranes, after Ca2+-binding to the C2C domain (Fernández-Busnadiego et al., 2015; Idevall-Hagren et al., 2015). Additionally, hetero- or homodimerisation of SMP domains forms a hydrophobic channel that can facilitate lipid transfer in vitro (Schauder et al., 2014; Yu et al., 2016) (Figures 1, 2). Finally, the single E-Syt orthologue in Drosophila, catalysing lipid transfer in photoreceptors at the submicrovillar cisternae and the growth of the organism (Nath et al., 2020), was also suggested to modulate synaptogenesis (Kikuma et al., 2017). E-Syts have since been identified in mammalian neuronal cells but, while it is plausible that they can perform these functions (Giordano et al., 2013; Fernández-Busnadiego et al., 2015) their physiological significance in neurons is so far unclear and may only be noticeable under specific conditions. Indeed, hippocampal neurons from E-Syt triple knockout mice exhibited no change in ER morphology or protein composition, and neuronal survival under stress was not impaired, suggesting that other tethers may provide compensation for their loss (Sclip et al., 2016). ESyts have recently been connected to SNAREs as discussed below.



SNAREs

Soluble N-ethylmaleimide-sensitive factor attachment protein receptors (SNAREs) constitute the basic molecular machinery of intracellular membrane fusion. Positioned on opposite membranes, vesicular SNAREs on one side and target SNAREs on the other assemble in a ternary complex which allows for close docking and subsequent fusion as exemplified in the case of synaptic vesicle fusion with the presynaptic PM (Galli and Haucke, 2004). ER-localised vesicular SNARE Sec22b contains an N-terminal Longin domain, followed by the characteristic SNARE domain and finally a C-terminal TMD (Petkovic et al., 2014) (Figure 1). Previously shown to be involved in trafficking between the ER and Golgi via its interaction with t-SNAREs Syntaxin 5, membrin, and rbet1 (Williams et al., 2004), Sec22b was shown to associate with Stx1 at ER-PM contact sites in the growth cones of developing neurons (Petkovic et al., 2014). This complex does not include SNAP23/25/29/47. However, liposome assays, while confirming a fusogenic activity of Sec22b in a tripartite assembly with Stx1 and SNAP-25, did not elicit the fusion of membranes in the absence of SNAP25. Additionally, Sec22b was not found at the cell surface. Altogether, this evidence suggest that Sec22b/Stx1 association does not lead to membrane fusion. This assembly represents a new short range (∼10 nm) tether between ER and the PM (Petkovic et al., 2014) able to determine MCS distance, as elongating the linker between the SNARE and TMD domains of Sec22b with polyproline motifs increased the distance between the ER and PM.

Meanwhile, Sec22b was also essential for neuronal development, as RNAi-mediated knockdown of Sec22b inhibited axonal and dendritic growth. Altogether this supports the notion that the complex is not involved in membrane fusion but instead acts as a tether and facilitates additional functions such as lipid transfer. Indeed, in the brain, E-Syts were recently found in complexes containing Stx1 or Stx3 and Sec22b but not SNAP25 (Gallo et al., 2020). Notably, the interaction between the ER-resident ESyts and Sec22b depends on the latter’s Longin domain. Removal of the Longin domain induces recovery of SNAP25 in Sec22b immunoprecipitates. Therefore, Sec22b Longin domain likely excludes SNAP25 allowing the occurrence of a non-fusogenic Sec22b-Stx1 complex. Super-resolution imaging of growth cones in developing neurons demonstrated the very close proximity of E-Syt2 and Sec22b beneath the PM, plausibly populating ER-PM contact sites. Moreover, the interaction between E-Syt and Sec22b seems to promote and/or stabilize the association of Sec22b with Stx1/3. E-Syt overexpression is responsible for neuronal membrane expansion in the form of filopodia leading to protuberant hyper-ramified axons, an effect which depends on Stx1 and Sec22b as shown using clostridial toxins and expression of Sec22b extended by a polyproline spacer and the Longin domain. Brought together, these observations allow postulating E-Syt engagement in a tripartite complex with Sec22b and Stx1/3, regulating lipid transfer to the PM within ER-PM contact sites (Gallo et al., 2020). This situation provides the first example of a SNARE-containing MCS where an aborted formation of a fusogenic SNARE complex contributes to the function of an LTP, namely E-Syts. It further emphasises the importance of Longin domains conserved molecular functions in SNARE regulation via promoting and inhibiting membrane fusion by folding back onto the fusion-inducing SNARE coiled-coil domain, along with managing Longin SNAREs interactions with proteins controlling intracellular sorting (Daste et al., 2015; Gallo et al., 2020; Singh et al., 2020).



Other ER-PM Tethers

In addition to the above tethering proteins, which appear to be ubiquitously expressed among mammalian cells, there is recent evidence for tethering candidates exclusive to neuronal populations. For example, TMEM24/C2CD2L is an ER-localised protein shown to transport phosphatidylinositol between the ER and the PM via its SMP domain, binding to the PM in a Ca2+-dependent manner (Lees et al., 2017). TMEM24 is also enriched at ER-PM MCSs in neurons and acts as a tether. TMEM24 is redistributed throughout the ER at high cytosolic Ca2+ levels and may interact with other potential tethers including VAPs and Kv2 channels, indicating a regulatory loop related to neuronal activity (Sun et al., 2019) (Table 1).


TABLE 1. Summary of the structural and functional actors at ER-PM membrane contact sites.

[image: Table 1]
Widely expressed throughout mammalian brain Kv2 K+ channels are distinguished for their neuronal surface localisation pattern divided into a) freely diffusive channels in PM and b) micron-sized clusters present on the soma, dendrites, and axon initial segment (Johnson et al., 2019). Kv2 voltage-gated K+ channels are frequently identified as interactor partners with known tethers. However, several lines of evidence have recently implicated Kv2 channels as tethers in their own right. Multiple studies identified Kv2 (Kv2.1 and Kv2.2) channel clustering at the PM in hippocampal neurons (Antonucci et al., 2001), cerebellar Purkinje cells (Kaufmann et al., 2009), and even Aplysia neurons (Zhang et al., 2008) due to a 26-amino acid long targeting sequence called the Proximal Restriction and Clustering domain (Lim et al., 2000). While early studies recognised clusters at close appositions, more recent studies have shown that Kv2 clustering remodels the ER, initiating the formation of ER-PM contact sites (Fox et al., 2015; Kirmiz et al., 2018), where L-type Ca2+ channels and Ryanodine receptors are recruited to mediate burst firing (Mandikian et al., 2014; Irie and Trussell, 2017; Kirmiz et al., 2018). Further investigation conducted by Kirmiz et al. (2019) has shown that Kv2.1 knockout mice have significantly reduced PI4P and PI(4,5)P2, suggesting their integral involvement in PI4P and PI(4,5)P2 regulation; components crucial for generating secondary messengers inositol trisphosphate (IP3) and DAG (Balla et al., 2020; Jing et al., 2020). However, clustering at close appositions was not equal in all cells; Kv2.1 (also called BK channels) expression differed between pyramidal neurons and interneurons of the hippocampus, potentially in reference to their different functions (Antonucci et al., 2001). Furthermore, Kv2.1 channels in the soma are commonly found clustering opposite to astrocytic processes, so may mediate a method of intercellular communication with non-neuronal cells, not just by regulating synaptic firing (Du et al., 1998).

Interestingly, disrupting the phosphorylation-dependent interaction between Kv2.1 and VAP-A (Kirmiz et al., 2019) is neuroprotective and prevents pro-apoptotic K+ entry upon ischaemic injury (Schulien et al., 2020). It is particularly interesting that Kv1.1 and Kv2.1 channels were also found to interact with Stx1 (Fili et al., 2001) and SNAP-25 (MacDonald et al., 2002; Leung et al., 2003). These interactions appear conserved in plants where they were shown to regulate membrane expansion for cell growth independently of vesicle traffic (Honsbein et al., 2009). Future studies should address the potential role of Kv-SNARE interactions in regulating MCSs’ protein complexes and lipid transfer.



Functions Mediated at ER-PM MCSs

The characterisation of the molecular composition of MCSs has aided the evaluation of their physiological significance, with most tethering proteins seemingly mediating functions such as Ca2+ homoeostasis or lipid transport. We will thereafter go on to review the recognised functions occurring at MCSs and their significance in neurons.



Lipid Transfer at ER-PM MCSs

The translocation of lipids between membranes has been shown since some of the earliest studies (Vance, 1990). More recent evidence has begun to shed light on the potential mechanisms and the components involved. LTPs are able to bind lipids in one membrane and deliver them to another, closely situated membrane. Consequently, it is logical that LTPs function at MCSs (Toulmay and Prinz, 2012). While the mechanisms of translocation are still contested, there are two prevailing theories related to their mechanism of action. The tunnel model proposes that lipid-binding domains form a tunnel bridging the intermembrane space, with a small channel open along the length of the domain, such that the polar head group is exposed to the hydrophilic environment as it traverses the channel (Schauder et al., 2014). Hydrophobic residues line the inside of the tunnel stabilising the tails, with conformational changes revealing lipid-binding sites at the tunnel entrance, permitting lipid binding and translocation to the opposing membrane (Schauder et al., 2014; Lees and Reinisch, 2020). Alternatively, the shuttle model suggests that LTPs specifically deliver lipids from the donor membrane, particularly across short distances (under ∼200Å). A series of conformational changes extract the lipid from the single entry point along the closed hydrophobic environment and insert the lipid into the acceptor membrane (Schauder et al., 2014; Wong et al., 2019). Some LTPs have been shown to dimerise to form the tunnel, while others utilise β-barrels (Im et al., 2005), α-helices (Tong et al., 2018), or a mix to form the bridge (Wong et al., 2019). In concert with this, it has been suggested some LTPs (e.g., E-Syt2) may necessarily interact with partners, including other LTPs, to discriminate and transport specific lipids (Schauder et al., 2014). The channel model of E-Syts action clearly fits well with the notion that lipid transfer would work best at the closest contacts such as those involving SNAREs (<10 nm) (Gallo et al., 2020) (Figure 2).

Sequence analysis of SMP domains, identified in proteins of the ERMES complex in yeast ER-mitochondrial MCSs (Lee and Hong, 2006), showed homology with the TULIP superfamily, confirming lipid-binding interactions (Kopec et al., 2010; Alva and Lupas, 2016). SMP domains have been shown to dimerise in order to facilitate lipid transport. A shuttle mechanism, as described above, likely operates in E-Syt as the 90Å-long SMP dimer is too short to span the distance between membranes (Schauder et al., 2014). E-Syts were found to mediate the transport of glycerophospholipids in a bidirectional manner using in vitro assays (Saheki et al., 2016; Yu et al., 2016; Bian et al., 2018; Bian and De Camilli, 2019). E-Syts might also participate in mechanisms altering lipid composition. For example, PI(4,5)P2 hydrolysis following phospholipase C (PLC) activation by mediated via G-protein coupled receptor (GPCR) (Figure 3) led to the release and accumulation of DAG in E-Syt knockout cells (Saheki et al., 2016). In addition, Ca2+ influx is needed to relieve autoinhibition of the SMP domain in E-Syt1 by the C2A domain (Yu et al., 2016; Bian et al., 2018). Furthermore, a study in human embryonic kidney cells and rat superior cervical ganglia neurons has shown that E-Syt2 stabilises Sac1, an ER-localised lipid phosphatase, at ER-PM MCSs (Dickson et al., 2016). Here, Sac1 dephosphorylates phosphatidylinositol monophosphates; overexpression of Sac1 increased PI levels approximately two-fold, while PI4P and PIP2 levels decreased. In accordance with this role, Sac1 and E-Syt2 were shown to co-localise while E-Syt2 knockdown significantly reduced Sac1 puncta at MCSs coinciding with accumulation of PI4P and PIP2 (Dickson et al., 2016). A role of E-Syt2 in PM PI regulation fits well with the observation that E-Syts regulates growth as shown in Drosophila (Nath et al., 2020) and mammalian neurons (Gallo et al., 2020) because of the role of PIP2 in PM dynamics (Scholze et al., 2018). Furthermore, E-Syts were found to interact with FGFR1 (Tremblay et al., 2015), a receptor that regulates PM PIP2 (Herdman and Moss, 2016).


[image: image]

FIGURE 3. Ca2+ influx at the ER-PM contact site. Tethering proteins involved in the control of the Ca2+ ions fluxes between the ER lumen, the cytosol and the extracellular medium: ORA1, STIM1, SERCA, and IP3 Receptor (IP3R). IP3R is activated by IP3 generated by Phospholipase C (PLC) upon activation of G-protein coupled receptor (GPCR). The G protein subunits ware not represented for simplicity. Created with BioRender.com.


Another major class of LTPs are ORPs (Table 1). There are 12 members of the ORP family in humans and seven in yeast (homologue Osh proteins), each containing a conserved OSBP-related domain (ORD). In addition, members usually contain ER-targeting sequences (e.g., FFAT motif or C-terminal TMD) and membrane-binding domains, most commonly a Pleckstrin homology (PH) domain (Lehto et al., 2001). Recently, studies have shown that ORPs facilitate lipid transport at several MCSs, including ER-lipid droplets (Du et al., 2020) and ER-PM MCSs (Chung et al., 2015; Mochizuki et al., 2018). The function of ORPs (and Oshs) relies on their binding to the ER transmembrane protein, VAP (Scs2p in yeast) via the FFAT motif (Loewen et al., 2003). In yeast, Osh2/3p-Scs2p complexes are located at ER-PM MCSs (Weber-Boyvat et al., 2015) where they are thought to be responsible for the extensive tethering of the cortical ER and PM (Figure 2). Although being topologically adapted to this function through selective Scs2p binding, Osh were also shown to be highly integrated in an intriguing interplay with SNARE proteins (Weber-Boyvat et al., 2020). This later study demonstrated the direct interaction of Osh and the SNARE domain of Sec9p (SNAP25 homologue), along with the previously defined Sec9p interaction with Sso1 (Stx homologue). Furthermore, this crosstalk was conserved in hippocampal neurons. Knocking down ORP2 in neurons reduced both neurite growth and synaptogenesis, further emphasising the importance of lipid transfer. In this situation, a plausible hypothesis is the recruitment of Sec9p (SNAP25) by an Osh-Scs2p complex reinforcing tethering between ER and PM (Figure 2). In the absence of an ER-resident v-SNARE and thus membrane fusion, negative regulation of exocytosis by Osh overexpression (Weber-Boyvat et al., 2020) could be due to a re-routing of Sec9p (SNAP25) by Osh towards a ternary Osh-Scs2p-Sec9p complex, allowing only lipid transfer/modification.

Additional sterol transporters were identified as StARt (steroidogenic acute regulatory protein-related lipid transfer) domain (StARD) proteins (Table 1), also known as the StARkin superfamily (Jentsch et al., 2018). Following, LAM/Ltc proteins were identified in yeast to contain StART-like domains, structurally similar to the StART domains (Gatta et al., 2015). LAM/Ltcs are localised to the ER via a C-terminal TMD and can be found at ER-PM MCSs. A hydrophobic cavity the StARt domain accommodates sterols, supported by slowed sterol transport upon deletion (Horenkamp et al., 2018; Tong et al., 2018). LAM isoforms also contain a PH-like domain, N-terminal to the StARt domain, thought to be involved in targeting, although unable to bind lipids (Jentsch et al., 2018; Tong et al., 2018). In mammals, several StART (e.g., StARDs) and StART-like domain-containing proteins have been suggested to transport cholesterol to the PM and between intracellular organelles (Horenkamp et al., 2018; Clark, 2020). For example, mammalian homologues of yeast LAM proteins GRAMD1s/ASTERs contain a C-terminal TMD localising the protein at the ER, an N-terminal GRAM domain associating with the PM and a StART-like domain (also called VaST domain) to facilitate lipid transfer (Sandhu et al., 2018; Naito et al., 2019). While consistent with a role in sterol homoeostasis at MCSs, the potential physiological function in neurons remains to be investigated.

While much of the mechanistic detail describing lipid transfer remains elusive, the diversity among the identified molecular components (and potential for unidentified members) indicates extensive functional redundancy, highlighting the significance of lipid homoeostasis in biological membranes. Enhancement of ER-PM MCSs by E-Syt recruitment also induces translocation of Nir2 to ER-PM MCSs, potentially via interactions with VAP isoforms (Amarilio et al., 2005). Here, Nir2, a phosphatidylinositol transfer protein, replenishes PIP2 in the PM by promoting transfer from the ER, offering a feedback loop for receptor-induced Ca2+ signalling (Chang et al., 2013). Abnormal localisation and disproportionate lipid concentrations can have dire effects on organelle function and downstream signalling pathways. In this manner, it has been suggested LTPs do not simply move lipids between compartments, but they also present them to metabolising enzymes to maintain specific compositions (e.g., Sac1 and E-Syt2 localisation). For example, studies in yeast show that the lipid transporter Osh3 is needed not only for PI4P transport, but is independently necessary for the localisation of Opi3, a phosphatidylethanolamine N-methyltransferase involved in phosphatidylcholine synthesis (Tavassoli et al., 2013). In accordance with roles in signalling pathways, temperature stress in yeast induces recruitment of phosphoinositide-dependent kinase orthologues by PI4P and PIP2, modulating the PDK-TORC2-Akt cascade thus activating sphingolipid synthesis in the ER. A key component of the PM, sphingolipid transfer from the ER is essential in maintaining PM integrity under stress (Omnus et al., 2016). Following, the same study showed that deletion of ER-PM tethers resulting in dysfunctional Ca2+ signalling and subsequent impaired sphingolipid synthesis, manifesting in PM integrity defects.



Ca2+ HOMOEOSTASIS AND SIGNALLING

Ca2+ is an essential second messenger utilised ubiquitously in eukaryotes. Early work by Michell (1975) suggested an integral role played by ER-PM contacts in Ca2+ signaling. A prerequisite for Ca2+ signaling is a low baseline Ca2+ concentration in the cytosol; in resting cells, Ca2+ levels are actively maintained in the nanomolar range, several orders of magnitude below typical extracellular concentrations (Carrasco and Meyer, 2011). With low intracellular concentrations, Ca2+ is acquired from the extracellular milieu and/or from specific stores in ER, Golgi, and mitochondria (Giorgi et al., 2018). When low, these stocks must be replenished from the extracellular milieu, requiring signalling between organelles, thus MCSs are obvious candidate hubs for signal transduction (Wu et al., 2006). Post ER Ca2+ depletion, mediated by GPCR, PLC and IP3, Ca2+ is replenished through a process called store-operated Ca2+ entry (SOCE) (Figure 3), directly mediated by ER-PM junctions through ER Ca2+ sensor STIM1 and PM Ca2+ channel Orai1 (Michell, 1975; Chang et al., 2013). These form an elementary unit upon Ca2+ depletion, sensed by the lumenal EF domain of STIM1 protein, generating cytoplasmic Ca2+ signals and refilling ER Ca2+ (Balla et al., 2020; Stefan, 2020) (Figure 3). Defects in this mechanism could contribute to degenerative diseases such as Alzheimer’s disease (Popugaeva and Bezprozvanny, 2014).

At rest, STIM1 and Orai1 are evenly distributed across ER/PM, however, post ER Ca2+ depletion, STIM1 is activated and releases Ca2+ from the lumenal EF-hand, eventually enabling oligomerization and translocation. STIM1 in activated state directly interacts and gates Orai1 Ca2+ channel (Jing et al., 2020). Orai1 permits the entry of Ca2+ into the cytosol, where repletion of the ER as a Ca2+ store is facilitated by SERCA channels (Luik et al., 2008; Chang and Liou, 2016). Mammals express two STIM isoforms, which share high sequence homology (Berna-Erro et al., 2009). Both isoforms are widely expressed in the brain, although show differential patterns with STIM1 more common in Purkinje neurons of the cerebellar cortex (Hartmann et al., 2014) while STIM2 is the predominant isoform expressed in the hippocampus (Berna-Erro et al., 2009) and cortex (Gruszczynska-Biegala et al., 2011). Further research has revealed additional regulatory and stabilising partners. Receptor-induced PIP2 hydrolysis results in Ca2+ influx due to the generation of IP3 and subsequent opening of IP3 receptors, Ca2+ channels in the ER. Additionally, E-Syts are Ca2+-activated, transferring PLC generated DAG from the PM to ER (Saheki et al., 2016). Recruitment of E-Syt1 to ER-PM junctions (Chang et al., 2013; Idevall-Hagren et al., 2015) modifies ER which form a ring around the site of Ca2+ entry, thereby stabilising MCSs and accelerating Ca2+ replenishment (Kang et al., 2019). Furthermore, localisation at PI(4,5)P2-rich microdomains tethered by E-Syt1 seems to be necessary for binding and inactivation of STIM by SARAF (Maléth et al., 2014). Interestingly, knockdown of Sec22b does not impair SOCE but increasing the length of Sec22b strongly affects SOCE (Petkovic et al., 2014), suggesting that different tethering mechanisms could operate in an independent manner at ER-PM MCSs to a limited extent. In addition, an essential role of α-SNAP, a SNARE interactor, was found in binding to and mediating functional coupling of Stim1 and Orai1. This function for α-SNAP is direct and independent of its known activity in NSF dependent SNARE complex disassembly (Miao et al., 2013).

Another intriguing protein family playing a critical role in modulating Ca2+ at ER-PM MCSs is GRAMD1/Aster. GRAMD1 and GRAMD2 localise to separate MCSs, suggesting different physiological functions. For example, GRAMD2 localisation at ER-PM MCSs is PI(4,5)P2-dependent, highlighting the MCS for recruitment and translocation of STIM1 post depletion of Ca2+ (Besprozvannaya et al., 2018).



RISING MATTER: ER-PM MCSs AND AUTOPHAGY

Lipid transfer is essential to maintain cell homoeostasis and simultaneously mediate dynamic changes upon stimulus. Indeed, transfer can modulate lipid synthesis, cell growth and is also vital for organelle biogenesis and function, as each membrane possesses specific lipid compositions, including asymmetric distributions between leaflets. This requires targeted and often large-scale transport of lipids throughout the cell (Prinz, 2014). Lipid transfer operates complementarily to vesicular transport and membrane fusion. Contrary to the latter, lipid transfer does not imply full lipid mixing between organelles, nor co-transfer of proteins and can operate for amounts of molecules not defined by quantal size of organelles. This complementarity between vesicular transport and lipid transfer at contact sites is illustrated by the formation of the phagophore, the initial step of autophagy. For instance, macroautophagy is dependent on the formation of the phosphatidylinositol-3,4,5-trisphosphate (PIP3)-enriched phagophore, which requires progressive vesicular fusion to form the maturing structure (Rubinsztein et al., 2012; Wang et al., 2016) and also lipid transfer by ATG2 (Maeda et al., 2019; Sawa-Makarska et al., 2020). Further evidence suggests that ER-PM contact sites can be directly involved in autophagy. Induction of autophagy by nutrient deprivation results in upregulated and stabilised E-Syt-mediated MCSs in mammalian cells. Co-localisation of phagophore markers such as LC3 and DCFP1 with E-Syt2 or 3 suggests that about 30% of all autophagosome assembly occurs at ER-PM MCSs (Nascimbeni et al., 2017). SiRNA-mediated knockdown of E-Syt2 and 3 resulted in decreased expression of some members of the PI3KC3 complex, such as Beclin1 and VMP1. Both precipitated with E-Syt2, suggesting E-Syts stabilise the PI3KC3 complex, needed for local PI3P synthesis, therefore making E-Syt-mediated ER-PM MCSs ideal locations for autophagosome assembly. The extent of this mechanism in neurons and how this may contribute to a disease characterised by deficiencies in the autophagy-lysosomal pathway has yet to be investigated. Sec22b was suggested to mediate the fusion of autophagosome with the PM via interaction with syntaxin 3/4 and SNAP-23/29 in on neuronal cells (Kimura et al., 2017). It is tempting to speculate that autophagosome Sec22b might differ from ER Sec22b in a regulatory process, maybe related to the Longin domain, which would allow for fusion with the PM in the case of the autophagosome but not the ER.



CONCLUSION

The study of MCSs has grown tremendously in the last 20 years, however, our understanding of their structure and functions still shows many gaps. Much of this difficulty arises from the inherent features of MCSs; they are minute, dynamic structures with diverse molecular compositions between organelles and organisms and thus can be difficult to study. ER-PM MCSs, while relatively well characterised, exemplify the complexity surrounding MCSs, with multiple tethering complexes and binding partners defining the structure’s performance as a signalling hub and as key homeostatic regulators, responsive to physiological and stressful conditions. What remains a major question in the field is the relationship between MCS and particularly their lipid transfer activity with membrane fusion events. The fact that SNAREs, which constitute the basic membrane fusion machinery, would interact with LTPs and be found both at MCSs suggest that their regulation might be key to either generate a contact or fuse. In such scenario, we propose an important function for the Longin domain of Sec22b. In other words, could membrane contact correspond to a membrane docking with frustrated fusion? An evolutionary view of these processes would certainly solve this question.
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Severe acute respiratory syndrome coronavirus 2 (SARS-CoV-2), the cause of the COVID-19 (coronavirus disease 2019) pandemic, is a positive strand RNA (+RNA) virus. Like other +RNA viruses, SARS-CoV-2 is dependent on host cell metabolic machinery to survive and replicate, remodeling cellular membranes to generate sites of viral replication. Viral RNA-containing double-membrane vesicles (DMVs) are a striking feature of +RNA viral replication and are abundant in SARS-CoV-2–infected cells. Their generation involves rewiring of host lipid metabolism, including lipid biosynthetic pathways. Viruses can also redirect lipids from host cell organelles; lipid exchange at membrane contact sites, where the membranes of adjacent organelles are in close apposition, has been implicated in the replication of several +RNA viruses. Here we review current understanding of DMV biogenesis. With a focus on the exploitation of contact site machinery by +RNA viruses to generate replication organelles, we discuss evidence that similar mechanisms support SARS-CoV-2 replication, protecting its RNA from the host cell immune response.
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INTRODUCTION

On entry into the host cell, the viral genome is released, and replication–transcription complexes (RTCs) are assembled that drive viral genome replication and expression of viral proteins. Replication of +RNA virus takes place in the cytoplasm, potentially exposing viral RNA to host cell defense mechanisms. However, viruses have developed creative ways to circumvent the host’s defensive response. RTCs assemble in association with cytoplasmic membranes, and +RNA viruses co-opt host factors to induce extensive membrane remodeling including the formation of double-membrane vesicles (DMVs) (Wolff et al., 2020b). This rearrangement of cellular membranes provides structural scaffolding for viral RTCs, as well as protection from antiviral host responses. DMVs are clearly visible in cells infected with a variety of +RNA viruses, including severe acute respiratory syndrome coronavirus 2 (SARS-CoV-2) (Figure 1). As the name suggests, DMVs are small vesicles, of approximately 100–300 nm in diameter, surrounded by two membranes, often clustered together. DMVs are major replication organelles (ROs), housing viral RNA that is enriched in the DMV core (Knoops et al., 2008; Klein et al., 2020). A molecular pore has been described spanning both membranes, providing a transport route for viral RNA out of the DMVs to be translated and packaged (Wolff et al., 2020a).


[image: image]

FIGURE 1. Human lung carcinoma epithelial cell (A549) infected with SARS-Co-V-2 were fixed and prepared for electron microscopy. Abundant DMVs are visible, often in contact with host cell organelles. Scale bar, 200 nm.


The primary targets for SARS-CoV-2 infection are cells of the nasal and respiratory epithelium, which form polarized monolayers, with distinct apical and basolateral domains. The polarized distribution of receptors and proteases may impact mechanistically on viral replication. Primary respiratory epithelial cells offer the most accurate reflection of SARS-CoV-2 target tissues, but epithelial cell lines have proved extremely valuable in informing current understanding of coronavirus cell biology. For example, much has been learned from viral infection of the widely used African green monkey kidney epithelial cell line, Vero-E6. However, although Vero-E6 cells express the SARS-CoV-2 receptor ACE2 on their apical surface, they do not express the serine protease TMPRSS2 that activates viral spike protein (Hoffmann M. et al., 2020). The human lung adenocarcinoma Calu-3 cells are perhaps a more relevant cell line, expressing both ACE2 and TMPRSS2, all be it at higher and lower levels, respectively, than human lung tissue (Kawase et al., 2012), but the influence of cell type on viral behavior, or the relationship between viral entry and biogenesis of the RO, is not yet clear.



DMV BIOGENESIS

Although our understanding of the SARS-CoV-2 DMV molecular architecture is incomplete, studies on other coronaviruses, SARS-CoV and Middle East respiratory syndrome–related coronavirus (MERS), have shown that viral non-structural protein (nsp)s play a key role in DMV formation. Interaction between the luminal loops of SARS-CoV nsp3 and nsp4 was shown to drive membrane rearrangements (Hagemeijer et al., 2014), and expression of these two nsps is sufficient to induce DMV formation (Angelini et al., 2013; Oudshoorn et al., 2017). DMVs have an interesting topology; studies in Vero-E6 cells have revealed a cytosolic core, whereas the lumen of the endoplasmic reticulum (ER) appears continuous with the material between the inner and outer DMV membranes, indicating that DMVs are derived from host ER membrane (Knoops et al., 2008). However, markers from other organelles, including Golgi, have also been identified on ROs (Schlegel et al., 1996). Coxsackie B virus 3 forms their ROs from both ER and Golgi membranes. The earliest ROs formed are single-membrane tubules, which are transformed into DMVs and multilamellar vesicles as infection progresses (Limpens et al., 2011). By electron tomography, early viral ROs, which later transform into DMVs, appear to originate from cis-Golgi membranes (Belov et al., 2012). Moreover, newly synthesized viral RNA was detected at the trans-Golgi network (TGN) in coxsackievirus B3–infected cells, and later-stage ROs remained positive for the GTPase Arf1, which in uninfected cells, localizes to the TGN (Hsu et al., 2010).

Machine learning models indicate that SARS-CoV-2 viral RNA also localizes to the mitochondria (Wu et al., 2020), raising the possibility that SARS-CoV-2 may also manipulate mitochondrial membrane to generate mitochondrial-derived DMVs. Interestingly, point mutations in murine coronavirus that decrease the number of ER-derived DMVs also resulted in relocalization of nsp3 and nsp4 to the mitochondria (Clementz et al., 2008). RNA replication of other +RNA viruses, such as alphanodavirus flock house virus, has been shown to occur on the outer mitochondrial membranes of infected cells (Miller et al., 2001). Mitochondrial-derived vesicles (MDVs), of approximately 70–150 nm, can extrude from mitochondrial membranes to transport mitochondrial protein and lipids to other organelles (Sugiura et al., 2014). Although the contribution of MDVs to RO formation has not yet been established, it has been suggested that mitochondrial damage by SARS-CoV-2 could induce the generation of double-membrane, viral RNA-containing MDVs (Singh et al., 2020).

Like mitochondria, autophagosomes are enclosed by a characteristic double-membrane and have also been implicated in coronavirus RO biogenesis. In SARS-CoV–infected Vero-E6 cells, the viral replicase protein, nsp8, colocalized with the autophagosome marker LC3 (Prentice et al., 2004b). Similarly, in cells infected with mouse hepatitis virus (MHV), two replication complex–localized viral proteins (p22 and N) also colocalized with LC3, as well as ATG12, which with ATG5 promotes LC3 lipidation, an important step in autophagosome formation. MHV replication was impaired in autophagy-deficient cells and rescued by ATG5 re-expression (Prentice et al., 2004a). In contrast, although confirming the overlap between SARS-CoV viral replicase proteins and LC3, another study found that neither ATG5 nor LC3 lipidation was required for MHV replication (Zhao et al., 2007). Likewise, viral titers did not differ between SARS-CoV–infected wild-type or ATG5–/– mouse embryonic fibroblasts (Schneider et al., 2012). Careful analysis of LC3-positive DMVs revealed that only the endogenous non-lipidated LC3-I associates with MHV-induced DMVs, and while the LC3 lipidation machinery was dispensable for MHV replication, decreased LC3 impaired MHV replication (Reggiori et al., 2010). Consistent with viral RO assembly being facilitated by autophagosome formation, but not lysosomal targeting and fusion, a recent study reported an incomplete autophagy response to SARS-CoV-2 infection (Qu et al., 2020). Expression of SARS-CoV-2, but not SARS-CoV, ORF3a, was sufficient to trigger incomplete autophagy, where autophagosome formation is increased, but maturation impaired. Importantly, inhibition of autophagosome formation reduced viral replication. Similarly, MERS-CoV infection increased the number of phagocytic vesicles, but impaired autophagosome–lysosome fusion. However, induction of the complete autophagy process severely impaired MERS-CoV replication (Gassen et al., 2019). A genome-wide study performed in a human hepatoma cell line (Huh-7.5) expressing ACE2/TMPRSS2 and validated in human pulmonary epithelial A549 cells expressing ACE2/TMPRSS2 identified TMEM41B as an essential host factor for SARS-CoV-2 and three seasonal CoVs (HCoV-OC43, HCoV-NL63, and HCoV-229E) (Schneider et al., 2020). Similarly, TMEM41B was also recently found to be essential for flavivirus replication (Hoffmann et al., 2021). TMEM41B is an ER resident protein with known roles in phagophore maturation (Morita et al., 2018; Shoemaker et al., 2019) and lipid mobilization (Moretti et al., 2018). As in both studies no other autophagy-related proteins scored as positive regulators of viral infection, it is possible that TMEM41B’s role in lipid mobilization and membrane remodeling, rather than phagophore maturation, is more relevant for virus infectivity. Taken together, these findings suggest that coronaviruses can exploit autophagosome formation machinery to support DMV biogenesis, while stalling lysosome fusion to evade autophagy-mediated degradation.

DMV formation occurs early in infection. Within 2 h postinfection (hpi) with SARS-CoV, DMVs are found throughout the cytoplasm, occasionally connected to ER membrane, consistent with the ER being the source of DMV membranes. At the start of infection, the inner and outer DMV membranes are tightly apposed, but the distance between the two membranes becomes less uniform, with wider gaps evident at later stages. Within 4 hpi, DMVs are dramatically increased in number, often in clusters of up to 300 vesicles at 7 hpi. At late stages, membranous vesicle “packets” arise that appear as a single membrane surrounding one or several single-membrane vesicles, possibly as a result of DMV outer membranes fusing together (Harak and Lohmann, 2015).



HIJACKING LIPID BIOSYNTHETIC PATHWAYS

Lipid composition has a strong influence on the physical properties of cellular membranes, including fluidity and curvature, as well as the activity of membrane proteins. As such, different organelles have a specialized lipid composition according to their specific needs. Cholesterol is an essential membrane lipid that maintains membrane integrity but is heterogeneously distributed throughout cellular membranes (Maxfield and Menon, 2006). As cholesterol levels are relatively low at its site of synthesis (the ER), cholesterol transport to other membranes tends to occur against its concentration gradient and utilizes a lipid counter-exchange mechanism at sites of contact between the ER and other organelles (see Box 1).

Interesting differences in lipid composition between viral DMVs and the ER membranes from which they are derived have been uncovered. Hepatitis C virus (HCV)–induced DMVs contain nine times more cholesterol than the host ER membranes (Paul et al., 2013) and are also enriched in the phospholipid PI4P (Reiss et al., 2011). Thus, viral induction of host lipid synthesis is likely required to supply the lipids necessary for the membrane rearrangements associated with viral replication (Li et al., 2007). Recently, a focused interactome CRISPR screen identified a dependency for host factors involved in cholesterol biosynthesis for coronaviruses including SARS-CoV-2 (Hoffmann H.-H. et al., 2020). Host lipid biosynthetic pathways are largely regulated by sterol regulatory element binding proteins (SREBPs). Inhibition of SREBP-mediated transcription was found to suppress viral replication in a variety of MERS-CoV–infected cells including primary small epithelial cells, as well as increasing survival rates/reducing alveolar damage in infected mice (Yuan et al., 2019). A lipodomics study on human coronavirus 229E-infected cells found that total cellular lipid composition is also altered, with a global increase in fatty acids and glycerophospholipid (Yan et al., 2019). It is likely that these lipids supply membrane for the generation of viral ROs. Enrichment of phosphatidyl choline at viral DMV is also observed in other +RNA viruses such as HCV (Zhang et al., 2016).



HIJACKING CELLULAR LIPID SOURCES

As well as upregulating lipogenesis, viral infection can also redirect host lipids from other organelles for viral replication and connections with host organelles at membrane contact sites (MCSs) have been implicated in the formation of the RO (Table 1). A recent BioID study has identified several putative interactions between viral proteins and host MCS-localizing proteins, including lipid transfer proteins (St-Germain et al., 2020) (LTPs, see Box 1).


TABLE 1. Viral DMVs with known host organelle MCSs or lipid transport mechanisms.
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ER to DMV Lipid Transport

Golgi-localized oxysterol-binding protein (OSBP) mediates transport of newly synthesized cholesterol from the ER to the Golgi at MCS, in a counter-exchange mechanism whereby the phospholipid PI4P is transferred from the Golgi to the ER (Mesmin et al., 2013) (see Box 1). This PI4P-cholesterol counter flux mechanism can be usurped to support viral replication. Several diverse (+)RNA viruses including poliovirus (Arita, 2014), HCV (Wang et al., 2014), rhinovirus (Roulin et al., 2014), Aichi virus (Ishikawa-Sasaki et al., 2018), and encephalomyocarditis virus (Dorobantu et al., 2015) hijack OSBP by recruiting PI4-kinase (PI4K) to their RO. Viral PI4K recruitment enriches the RO with PI4P, increasing OSBP recruitment and therefore PI4P-cholesterol counter-exchange at ER contacts to supply cholesterol for viral replication.


Box 1 | Lipid transport at membrane contact sites.

Membrane contact sites (MCSs) are formed when membranes of different organelles are tethered (Eisenberg-Bord et al., 2016) in very close proximity (typically < 30 nm) but without membrane fusion (Scorrano et al., 2019). MCSs occur between most pairings of cellular organelles and have a range of functions important for the regulation of cellular physiology. MCSs provide sites of interorganellar communication, including lipid and calcium exchange, as well as regulating organelle dynamics and positioning (Bohnert, 2020; Prinz et al., 2020; Silva et al., 2020). As such, MCSs are dynamic, with their extent finely tuned to meet the needs of the cell or organelle. An example of this is the expansion of ER–endosome MCSs during maturation of the endosome (Friedman et al., 2013), coordinating endocytic fission events for recycling/retrograde transport (Rowland et al., 2014; Allison et al., 2017; Hoyer et al., 2018), with endosome positioning (Raiborg et al., 2016; Cabukusta and Neefjes, 2018; Di Mattia et al., 2019), signaling regulation (Eden et al., 2010; Palande et al., 2011; Jongsma et al., 2016; Hong et al., 2017), and lipid and calcium exchange (van der Kant and Neefjes, 2014; Atakpa et al., 2018; Lee and Blackstone, 2020; Martello et al., 2020).

Specific proteins, or more commonly protein complexes, can bridge the two opposing membranes and populate and regulate MCSs (Scorrano et al., 2019). One type of protein enriched at MCSs are LTPs, which facilitate non-vesicular lipid transport between the two membranes (Wong et al., 2019). These proteins have domains with a hydrophobic cavity or groove that can accommodate one or more lipid monomers, protecting the hydrophobic element from the cytosol. Many LTPs undergo rapid conformational changes in response to the lipid environment and often reside on more than one organelle, with the ability to bridge MCSs and transport lipids against their concentration gradient according to the needs of the cell. Recent developments in the field have identified lipid counter-exchange as a common way in which LTPs operate at MCSs.

OSBP is a soluble mammalian LTP that usually localizes to ER–Golgi MCSs. This localization is a result of simultaneous recruitment to the ER membrane via interaction with ER-residing VAP proteins and to the Golgi membrane by the enrichment of PI4P lipids at the membrane by Golgi-specific PI4KIIIβ. At ER–Golgi MCSs, OSBP mediates transport of newly synthesized cholesterol from the ER to the Golgi. This cholesterol transfer occurs against its concentration gradient, driven by a counter-exchange mechanism with the phospholipid (Mesmin et al., 2013). The generation of PI4P at the Golgi by PI4KIIIβ at the Golgi membrane and the consumption of PI4P at the ER membrane by the phosphatase Sac1 maintain a high concentration gradient of PI4P, allowing the transport of PI4P down its gradient from Golgi to the ER and the counter-transport of cholesterol from ER to Golgi.

A mechanism of regulation of plasma membrane phospholipids by MCS has also been proposed. Phosphorylation of PI4P increases the PI(4,5)P2 composition of the plasma membrane. When PI(4,5)P2 is elevated, an integral ER membrane protein, ORP8, is recruited to ER–plasma membrane MCSs. Together with another ER-resident OSBP, ORP5, ORP8 at MCSs mediates transport of ER-derived PS to the plasma membrane in exchange for plasma membrane-derived PI4P to limit PI(4,5)P2 production and maintain homeostatic levels of phospholipids at the plasma membrane (Sohn et al., 2018).

PI4Ks include four isoforms in human cells. Enteroviruses such as coxsackievirus recruit PI4KIIIβ to their RO (Hsu et al., 2010) to generate PI4P and recruit OSBP. This exploitation of MCS machinery to drive OSBP/PI4P-dependent cholesterol transport from the ER to the viral ROs plays an important role in efficient viral replication as PI4KIIIβ kinase inhibition or OSBP depletion significantly reduced viral RNA synthesis (reviewed in Altan-Bonnet, 2017). Alternatively, other viruses, including cardiovirus and HCV, recruit OSBP using PI4KIIIα (usually found at ER-PM contact sites) (Dorobantu et al., 2015). Viral protein NS5A was found to bind and activate PI4KIIIα, raising PI4P levels on the viral DMVs (Berger et al., 2011; Reiss et al., 2011), and depletion of PI4KIIIα or PI4P inhibited HCV replication. Interestingly, for HCV and cardiovirus, the normal RO structure was also altered with OSBP/PI4K depletion, suggesting that the action of OSBP is important for the structural characteristics of DMVs. SARS-CoV-2 nsp4 was recently found to interact with OSBP and PI4KIIIβ in a BioID study (St-Germain et al., 2020), suggesting that SARS-Cov-2 may also utilize OSBP-mediated lipid exchange for cholesterol enrichment.



Golgi to DMV Lipid Transport

+RNA viruses can also utilize other PI4P-binding proteins. The PI4P effector, four-phosphate adaptor protein 2 (FAPP2), a Golgi-localizing LTP, is also involved in HCV replication and is speculated to transport glycosphingolipids to the RO (Khan et al., 2014). Depletion of FAPP2 caused massive inhibition (>100-fold) of viral RNA replication. Both the PI4P-binding PH domain, which is thought to localize FAPP2 to the Golgi, and its glycolipid transport domain were found to be important for HCV replication. Similarly, depletion of another Golgi PI4P-binding protein, GOLPH3, also inhibited HCV secretion (Bishe et al., 2012).



Lipid Droplets (LDs)

In addition to activation and hijacking of host lipid transport mechanisms, it is also in the virus’s interests to simultaneously downregulate lipid storage. Cholesterol is esterified in the ER prior to transport for storage in LDs, which are dynamic organelles where neutral lipids are stored, synthesized, and mobilized according to cellular requirements. Enteroviruses inhibit cholesterol esterification, preventing its transport to LDs, thereby increasing the availability of cellular cholesterol for use in viral ROs. This corresponds with reduced LDs (Ilnytska et al., 2013). Congruent with viral exploitation of cellular lipid stores, enterovirus infection induces MCS formation between ROs and existing LDs that provide platforms for transport of fatty acids to the RO. Electron microscopy (EM) studies have shown that ROs of rhinovirus, poliovirus, and coxsackievirus form MCSs with LDs (Roulin et al., 2014; Laufman et al., 2019; Melia et al., 2019), and similarly, we have observed DMV:LD contacts in cells infected with SARS-CoV-2 (Figure 1). In contrast to enterovirus infection, however, LDs and lipolysosomes were increased in SARS-CoV-2–infected cells, but not following SARS-CoV infection (Nardacci et al., 2020). Another intriguing observation was an increase in MCSs between mitochondria and LDs, possibly in response to dysregulation of host organelles by viral infection.

Importantly, inhibition of LD lipolysis was found to disrupt both RO formation and enterovirus replication, suggesting an important role for these LDs in the provision of lipids for RO biogenesis (Laufman et al., 2019). Indeed, a number of studies have implicated LD-derived lipid transport to ROs as a mechanism to support poliovirus replication. Fluorescently labeled fatty acids from LDs were transported to polioviral ROs (Laufman et al., 2019), and LD-derived phospholipids are required for poliovirus replication (Viktorova et al., 2018; Laufman et al., 2019). Lipases are recruited to LDs in poliovirus-infected cells to mobilize and release free fatty acids, and the poliovirus protein 3A, which localizes to ROs, was found to interact with LD-associated lipases, inhibition of which prevented the development of ROs (Laufman et al., 2019).

HCV infection also causes membrane rearrangements around LDs, increasing contacts between LDs and cisternae membranes (Miyanari et al., 2007). HCV capsid protein associates with LDs and recruits non-structural proteins and replication complexes to LD-associated membrane (Miyanari et al., 2007).

While the molecular architecture of DMV:LD contact sites has not been characterized, similar mechanisms to those operating at the ER:LD interface likely tether these contacts and provide sites for lipid transport to the DMV. The integral ER protein seipin facilitates ER to LD trigyceride flow at lipidic bridges that form between the two organelles, where the LD phospholipid monolayer is continuous with the outer leaflet of the ER membrane (Salo et al., 2019). Several other proteins have been implicated in tethering LD contact sites, including the triglyceride synthesis enzyme DAG acyl transferase 2 (DGAT2) (Xu et al., 2012), Rab18 (Xu et al., 2018), and Snx14 (Datta et al., 2019). Interestingly, an interaction between the LD tethering protein Rab18 and viral nsp7 was identified in a SARS-CoV-2 virus–host protein interactome (Gordon et al., 2020). When viewed together with the known role of LDs in viral replication and the extensive contact between DMVs and LDs in SARS-CoV-2–infected cells, these findings collectively provide compelling evidence of coronavirus appropriation of LD contact sites machinery for the biogenesis/maturation of its RO.



Endosome to DMV Lipid Transport

Dietary cholesterol, packaged into lipoproteins, enters the cell through the endocytic pathway, which can be targeted by viruses as an alternative source of lipids. Several viruses enrich their RO with PI4P by PI4K recruitment. However, PI4K also directly interacts with endosomal Rab11 (Burke et al., 2014) and can recruit Rab11-positive recycling endosomes to ROs for cholesterol exchange (Ilnytska et al., 2013; Albulescu et al., 2015).

Reasoning that DMV cholesterol enrichment likely depends on host LTPs, one study set out to establish whether any known LTPs are required for HCV replication. Several HCV dependency late endosomal sterol-binding proteins were identified, including STARD3, OSBP1, and NPC1, all of which have roles at MCSs (Salvador-Gallego et al., 2017). A follow-up study provided further evidence that viruses sequester endocytic organelles to provide the sterols necessary for viral replication. A role for the late endosomal sterol-binding protein NPC1 in mediating recruitment of endosomal cholesterol to ROs via MCSs with late endosomes/lysosomes in cells infected with HCV was demonstrated (Stoeck et al., 2018). A recent proximity labeling BioID study identified SARS-CoV-2 protein crosstalk with several lipid transport and MCS proteins, including NPC1, StARD3, and MOSPD2 (St-Germain et al., 2020). However, while NPC1 mediates transport of low-density lipoprotein (LDL)–derived cholesterol from late endosomes/lysosomes to the ER, STARD3 transports newly synthesized cholesterol in the opposite direction, from the ER to the endosome (Wilhelm et al., 2017). It is, therefore, hard to envisage a role for STARD3 as an LTP that enriches DMVs with endosomal sterol, and a recent study screening a CRISPR library for proteins required for SARS-CoV-2 infection found that neither endosomal STARD3 nor one of its ER-localized binding partners, MOSPD2 (Di Mattia et al., 2018), mediates viral infection or virus-induced cell death (Schneider et al., 2020). Indeed, a second genome-wide CRISPR screen identified STARD3 STARD3NL and MOSPD2 as negative regulators of SARS-CoV2 infection (Schneider et al., 2020). However, consistent with a role for DMV:endosome MCSs in viral replication, a study mapping SARS-CoV-2 virus–host protein interactions identified several Rabs interacting with a viral protein (nsp7) (Gordon et al., 2020), including Rab7, which is important for endocytic traffic and ER–endosome contact site formation (Martello et al., 2020). Rab8, which promotes recycling of cholesterol-rich endosomes to the plasma membrane (Kanerva et al., 2013), was also found to interact with nsp7, suggesting that Rab8-dependent cholesterol transport may be diverted away from the plasma membrane in infected cells to contribute to the DMV cholesterol supply. That MCSs form between DMVs. and endocytic organelles (e.g., DMV:lysosome MCSs in Figure 1) further support the notion that SARS-CoV-2 can exploit MCS machinery to sequester LDL-derived lipids for its ROs.



MANIPULATION OF MITOCHONDRIA TO EVADE THE IMMUNE RESPONSE

In order to proliferate, viruses must survive the host’s immune response. Coronaviruses, including SARS-CoV-2, have evolved extensive measures to dampen the mechanism of innate sensing that cells use to sound the infection alarm. Multiple coronavirus proteins inhibit the production of interferons (IFNs) and cytokines from infected cells, thereby aiding viral replication. As discussed above, DMV formation offers protection for viral RNA replication, but viruses take further immune evasion measures, to actively disrupt the host innate immunity.

One intriguing aspect of innate immune sensing is the use of membrane surfaces for construction and regulation of many of the protein complexes responsible for determining signaling outputs. Mitochondria, in addition to their key role in cellular metabolism, are also important in the regulation of innate immunity in this context as they provide a platform for signaling complexes that drive IFN production and cell death. During infection, recognition of viral RNA by cytosolic pattern recognition receptors (PRRs) initiates oligomerization of the signaling adaptor mitochondrial antiviral signaling (MAVS), which in turn stimulates recruitment and activation of transcription factors that induce type I and type III IFN and proinflammatory cytokine production. There is a growing body of evidence that membrane reorganization and interactions help to orchestrate these events to promote appropriate antiviral responses. Sensing of intracellular RNA by PRRs results in extensive mitochondrional remodeling via regulation of mitochondrial fission through dynamin-like protein 1 (Drp1) (Chen et al., 2020) and fusion through mitofusin 1 (Mfn1) (Castanier et al., 2010). In non-infected cells, both fission and fusion events are defined by ER–mitochondria MCSs (Abrisch et al., 2020): interaction between mitochondrial Drp1 and ER-localized syntaxin 17 at MCSs promotes Drp1-mediated mitochondrial fission (Arasaki et al., 2015), whereas Mfn2 localizes to ER:mitochondria MCSs at sites of mitochondrial fusion (Abrisch et al., 2020). As discussed below, as both Drp1 and Mfn2 can be depleted by viral proteins, MCS disruption may contribute to mitochondrial remodeling in infected cells. Equally, virus infection can result in extensive mitochondrial damage, release of mtDNA, and subsequent activation of stimulator of IFN genes (STING)–dependent DNA sensing PRRs that also drive IFN-I transcription (Schoggins et al., 2014). MAVS and STING are both membrane-associated adaptor proteins that accumulate large signaling complexes on organelle surfaces and potentially at MCSs.

Extensive crosstalk between mitochondria and the ER at mitochondria-associated membranes (MAMs) is important for the regulation of mitochondrial function and signaling pathways involved in numerous cellular processes including inflammation and apoptosis (reviewed in Missiroli et al., 2018) and can be targeted by +RNA viruses to promote viral replication. Using time-lapse microscopy, the HIV-1 viral protein R (Vpr) was shown to be transported from the ER to mitochondria at MAMs (Huang et al., 2012). Vpr expression resulted in reduced levels of both Mfn2 and Drp1 and increased OMM permeability. Similarly, infection with dengue virus also resulted in reduced mitochondrial Mfn2 and Drp1, as well as elongated mitochondria due to a loss of Drp1-mediated fission. Reduced fission may advantage the virus through the associated impaired clearance of dysfunctional mitochondria potentially containing viral RNA or protein. Interestingly, dengue virus infection induced the formation of nsp4-containing ROs that were in close contact with mitochondria, possibly at the expense of MAM formation, as ER–mitochondria interactions appeared to be reduced. Thus, it seems likely that viral proteins targeted to the ER, where the RO originates, may also hijack interactions with mitochondria to enable disruption of MAVS immune signaling pathways. Indeed, dengue Ns4A/B proteins inhibit viral RNA sensing, blocking activation of Tank-binding kinase 1 (TBK1) downstream of MAVS (Dalrymple et al., 2015).

Loss of Drp1 was also observed in cells infected with coronavirus. A SARS-CoV protein, open reading frame-9b (ORF9b), was found to localize to mitochondria and promote ubiquination and proteosomal degradation of both Drp1 and MAVS protein, resulting in elongated mitochondria, increased viral replication and inhibition of immune activation. Mitochondrial ORF9b mediates recruitment of the E3 ligase AIP4, to promote MAVS polyubiquitination. Reducing MAVS degradation through AIP4 depletion or disruption of AIP4 mitochondrial recruitment reversed the Orf9b-mediated suppression of antiviral immune response (Shi et al., 2014). DMV:mitochondria MCSs are common to Vero-E6 cells infected with SARS-CoV (Snijder et al., 2006) or A549 lung carcinoma epithelial cells infected with SARS-CoV-2 (Figure 1), and a recently published interactome suggests that SARS-CoV-2 also targets mitochondria, identifying interactions between viral Nsp4 and host mitochondrial TIMM complex, Nsp8, and mitochondrial ribosome proteins, and ORF9C and mitochondrial electron transport proteins (Gordon et al., 2020). Indeed, SARS-CoV-2 ORF9b also localizes to mitochondria and suppresses type I IFN responses by targeting mitochondrial TOM70 (Jiang et al., 2020). Interestingly, TOM70 overexpression can overcome type I IFN inhibition. Moreover, STING has also been implicated in SARS-CoV-2 innate sensing (Neufeldt et al., 2020), suggesting mtDNA release following SARS-CoV-2–induced mitochondrial damage.

Despite the nomenclature, MAVS can be found on peroxisomes, as well as mitochondria, with peroxisome-targeted MAVS producing a rapid transient response to influenza virus infection, complementing the delayed and stable response produced by mitochondria-targeted MAVS (Dixit et al., 2010). The influenza nsp, NS1, plays important roles in resisting host cell immune responses. NS1 was found to interact with a peroxisome-targeted host protein NS1-interactor (NS1-I) (Wolff et al., 1996), implicating peroxisome crosstalk in viral immune evasion. Crosstalk between HIV and peroxisomes was also found to contribute to dampening of the immune response, with interaction between HIV Nef and a peroxisomal thioesterase associated with CD4 downregulation and enhanced viral infectivity (Cohen et al., 2000). Roles for peroxisome proteins contributing to SARS-CoV-2 immune evasion have not yet been established, but clustering of peroxisomes in close proximity to DMVs was identified in cells infected with SARS-CoV-2 (Cortese et al., 2020). Moreover, a recent proximity labeling BioID study identified SARS-CoV-2 nsp4 association with VAP and ACBD5 (St-Germain et al., 2020), putative ER:peroxisome MCS proteins (Costello et al., 2017). The functional significance of this peroxisome association with DMVs is not yet known, but mechanisms for the prevention of oxidative damage to viral RNA or for peroxisome-mediated lipid metabolism in viral replication were proposed (Cortese et al., 2020).



DISCUSSION

The morphology of enterovirus ROs develops and changes during the course of viral infection, suggesting that ROs are dynamic and undergo a form of maturation. Polio and coxsackie ROs start as tubules that transform into DMVs, which are then enwrapped with more tubules to form multilamellar structures at later stages of infection (Limpens et al., 2011; Belov et al., 2012). For coronaviruses, the exact mechanism for DMV formation is as yet unconfirmed, but the number of DMVs, as well as the extent of surrounding convoluted membranes, increases during infection, and vesicle packs form late in the infection. The distribution and morphology of the RO change over the course of infection, which could in itself induce changes in its interaction with other organelles. Depletion of lipids from host organelles such as LDs could also be a factor in changes in MCS occurrence. Taken together, evidence suggests that MCSs between ROs and host cell organelles are regulated for the provision of specific lipids to the RO during infection, as required for replication of +RNA viruses. The importance of viral exploitation of host MCS machinery for biogenesis of the RO is further substantiated by a recent BioID proximity labeling study identifying an association between SARS-CoV-2 proteins and proteins functioning at ER contact sites with a variety of cellular organelles, including the plasma membrane (Gramd1a/b, eSyt, STIM1, ORP8), endo/lysosomes (NPC1, ORP1L, STARD3, PDZD8, ORP8, VAP, MOSPD2, Gramd1b), LDs (ORP2, VPS13A), mitochondria (ORP8, VPS13A, PDZD8), Golgi (VAP, ORP9/10), and peroxisomes (VAP, ABCD5) (St-Germain et al., 2020). As well as physically protecting viral RNA from host immune responses, host membrane rearrangements, often exploiting MCS machinery, can also compromise innate sensing to evade mitochondrial mediated immune response and safeguard viral replication.
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It has become apparent that our textbook illustration of singular isolated organelles is obsolete. In reality, organelles form complex cooperative networks involving various types of organelles. Light microscopic and ultrastructural studies have revealed that mitochondria–endoplasmic reticulum (ER) contact sites (MERCSs) are abundant in various tissues and cell types. Indeed, MERCSs have been proposed to play critical roles in various biochemical and signaling functions such as Ca2+ homeostasis, lipid transfer, and regulation of organelle dynamics. While numerous proteins involved in these MERCS-dependent functions have been reported, how they coordinate and cooperate with each other has not yet been elucidated. In this review, we summarize the functions of mammalian proteins that localize at MERCSs and regulate their formation. We also discuss potential roles of the MERCS proteins in regulating multiple organelle contacts.
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INTRODUCTION

Electron microscopy (EM) studies have revealed that a significant portion of membranes from a variety of organelles are closely apposed but do not fuse. Among the membrane appositions within the range of 10–30 nm, membrane contact sites (MCSs) have been defined by the presence of proteins tethering two organelles (Scorrano et al., 2019). In recent years, it has become rapidly apparent that MCSs serve as unique intracellular platforms regulating a wide range of biochemical reactions. The mitochondria–endoplasmic reticulum (ER) contact sites (MERCSs) are the most frequently observed MCSs in many cell types, and extensive studies have revealed that MERCSs are hubs for the exchange of metabolites (Valm et al., 2017). For instance, the mitochondrial calcium uniporter (MCU) protein is activated only when the MCU complex is exposed to a high concentration of Ca2+ rarely reached in the cytoplasm of most cell types (1–5 μM depending on the components of the MCU complex) (Csordás et al., 2013; Patron et al., 2014; Petrungaro et al., 2015). These channel properties necessitate that the mitochondrial surface be very closely apposed to the ER surface, where Ca2+ is released from either inositol 1,4,5-trisphosphate (IP3) receptors (IP3Rs) and/or ryanodine receptors (RyRs) (Rizzuto et al., 1993; Cremer et al., 2020). Furthermore, lipid exchange between the ER and mitochondria is required for the coordinated synthesis of glycerophospholipids by lipid biosynthetic enzymes that localize at either the ER membrane (ERM) or the mitochondrial matrix. In the absence of vesicular transport between these organelles, transfer of intermediate lipid molecules relies on non-vesicular lipid transfer at contact sites (Vance, 1990; Petrungaro and Kornmann, 2019). In addition, MERCSs have been suggested to define sites of mitochondrial division and mitochondrial DNA (mtDNA) replication (Friedman et al., 2011; Murley et al., 2013; Lewis et al., 2016) as well as mitochondrial fusion (Guo et al., 2018; Abrisch et al., 2020). They also provide a platform for autophagosome biogenesis (Hailey et al., 2010; Hamasaki et al., 2013; Garofalo et al., 2016; Böckler and Westermann, 2014; Wu et al., 2016; Gomez-Suaga et al., 2017). In order to regulate this wide variety of functions at MERCSs, various protein complexes are specifically recruited and dynamically maintained at these unique contact sites.

In yeast, a protein complex called the ER–mitochondria encounter structure (ERMES) was identified as a molecular zipper bridging the ER and mitochondria (Kornmann et al., 2009). The ERMES complex consists of four core proteins: an ER-anchored maintenance of mitochondrial morphology 1 (Mmm1), mitochondrial distribution and morphology 10 (Mdm10) localized to the outer membrane of mitochondria (OMM), Mdm34 (Mmm2), and cytosolic Mdm12. The protein–protein interactions among these core components generate the tethering force between these two organelles. A few ERMES complex binding proteins such as a Ca2+-binding GTPase Gem1 (Kornmann et al., 2011; Stroud et al., 2011; Nguyen et al., 2012) and Mdm10 binding translocase of outer membrane 7 (Tom7) (Meisinger et al., 2006; Yamano et al., 2010; Becker et al., 2011; Ellenrieder et al., 2016) have been identified as the auxiliary subunits of ERMES complex. Gem1 is required for MERCS formation (Kornmann et al., 2011), whereas the function of Tom7 in regulating MERCSs is unclear.

Like Tom7, the sorting and assembly machinery (SAM) complex, which is responsible for the membrane insertion of mitochondrial outer membrane proteins, interacts with the β-barrel structure of Mdm10 at the opposite side of Mdm12 binding site (Ellenrieder et al., 2016). Given the competition between the ERMES and SAM complexes for Mdm10 binding, it is possible that MERCS formation and mitochondrial protein import are interrelated. Mmm1, Mdm12, and Mdm34 contain synaptotagmin-like mitochondrial lipid-binding protein (SMP) domains, which are homologous to the structurally well-characterized tubular lipid binding protein (TULIP) domain present in many lipid-binding proteins (I. Lee and Hong, 2006; Kopec et al., 2010). Structural analyses have shown that the SMP domain-containing proteins interact with a wide variety of glycerophospholipids (Schauder et al., 2014; AhYoung et al., 2015; Jeong et al., 2016, 2017). Thus, it has been hypothesized that ERMES might be a candidate in non-vesicular transfer of lipids between ER and mitochondria.

Likewise, characterizing the molecules responsible for MERCS formation in other eukaryotic cell types including multicellular organisms has been of great interest for a decade, which leads to the identification of proteins regulating this contact formation (Figure 1 and Table 1). The large variety of proteins identified indicates that the regulation of MERCSs in mammals is more complicated than in yeast. However, the coordination and dynamics of these protein complexes remain unclear and sometimes debated.


[image: image]

FIGURE 1. A schematic diagram of the proteins proposed to tether the ER and mitochondria. The size of each domain structure was either calculated from the structures deposited on the Protein Data Bank or estimated using the Phyre2 protein structure prediction tool. Proteins shown to be necessary (green, pink) or sufficient (yellow) for tethering the ER and mitochondria are depicted. Green indicates that tethering partners of the proteins remain to be determined. Light blue indicates that roles of the proteins need to be determined. ER, endoplasmic reticulum; FKBP8, FK506-binding protein 8; IP3R, inositol 1,4,5-trisphosphate receptor; Mfn2, mitofusin 2; PDZD8, PDZ domain-containing protein 8; RHOT1, Ras homolog family member T1; GRP75, glucose-regulated protein 75; RMDN3, regulator of microtubule dynamics protein 3; RRBP1, ribosome-binding protein 1; SYNJ2BP, synaptojanin-2-binding protein; TMX1, thioredoxin-related transmembrane protein 1; VAPB, VAMP-associated protein B; VPS13A, vacuolar protein sorting-associated protein 13 A; VDAC, voltage-dependent anion channel.



TABLE 1. List of MERCS-Regulating Proteins.
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MITOCHONDRIA-ENDOPLASMIC RETICULUM CONTACT SITE-RESIDENT PROTEINS INVOLVED IN THE CONTACT FORMATION


Yeast Endoplasmic Reticulum–Mitochondria Encounter Structure Complex and Functional Mammalian Homologs

Several orthologs of the ERMES complex proteins have been identified in metazoans, although until recently, only those of regulatory subunits of the complex were known. In mammals, mitochondria-localized GTPase family members Ras homolog family member T1 (RHOT1, also known as Miro1) and RHOT2 (Miro2) are identified as orthologs of Gem1. Confocal microscopy analysis in mouse embryonic fibroblasts (MEFs) showed that RHOT1 and RHOT2 double-knockout (DKO) resulted in the reduction of Mander’s coefficient between ER- and mitochondria-localized fluorescent proteins, as well as a slight decrease in the number of MERCSs identified by transmission EM (TEM) (Modi et al., 2019). Recruitment of RHOT1 to MERCS is promoted by its phosphorylation. Blocking the phosphorylation via a polo-like kinase 1 (PLK1) inhibitor reduced the interaction between voltage-dependent anion channel (VDAC) and IP3R, which tether the ER and mitochondria (see below) (S. Lee et al., 2016). It seems that the Tom7–SAM complex is conserved in mammals as a mitochondrial protein transport machinery; however, it remains unknown whether it is involved in MERCS formation.

Compared to the auxiliary subunits, orthologs of the core ERMES complex proteins had not been identified in metazoans because of low levels of conservation in the primary amino acid sequences. However, we recently identified the SMP domain-containing ER-resident protein called PDZ domain-containing protein 8 (PDZD8) as a functional homolog of yeast Mmm1 (Hirabayashi et al., 2017).



Mammalian Regulators of Mitochondria–Endoplasmic Reticulum Contact Sites

The recent development of the automatic Serial Scanning EM (SSEM) enabled us to visualize the three-dimensional (3D) structures of MERCSs. This technique unequivocally demonstrated that the aforementioned MMM1 homolog PDZD8 is required for MERCS formation in human HeLa cells without any effects on the 3D architecture of ER and mitochondria. Furthermore, dual-color Ca2+ imaging showed that ER–mitochondria tethering mediated by PDZD8 is essential for Ca2+ flux from the ER to the mitochondria in NIH3T3 cells and in mouse cortical pyramidal neurons (Hirabayashi et al., 2017). A recent in vitro assay suggested that SMP and PDZ domains of PDZD8 extract glycerophospholipids and ceramides, as well as cholesterol, albeit with low efficiency (Shirane et al., 2020). Thus, PDZD8 is potentially capable of transferring lipids in MCSs. Further studies are required to reveal the mitochondrial binding partner of PDZD8.

Mitochondria fusion protein mitofusin 2 (Mfn2) is the most intensively studied yet controversial ER–mitochondria tethering protein. It has been proposed that ER-localized Mfn2 engages in homotypic and heterotypic complexes with OMM localizing Mfn2 or Mnf1, respectively (De Brito and Scorrano, 2008). However, the role of Mfn2 complex in MERCS formation has been under intense debate (Filadi et al., 2018). Indeed, a recent study using split green fluorescent protein (GFP)-based contact site sensors (SPLICSs) showed that Mfn2 depletion increased and decreased the number of ER–mitochondria contact sites detected by SPLICS having spacers corresponding to short (8–10 nm) and long (40–50 nm) membrane distances, respectively (Cieri et al., 2018). Considering that the loss of Mfn1/2 complex increased the average distance between the two membranes at MERCSs only to 18 nm (De Brito and Scorrano, 2008), it is possible that the Mfn complex fine-tunes the membrane distance at MERCSs. It remains to be elucidated in what context and how Mfn2 controls MERCSs, as well as if it is related to its role in OMM fusion.

Consistent with the observation that mitochondrial fission occurs at MERCSs, the mitochondrial fission protein 1 (Fis1) is proposed to reside at MERCSs via the interaction with an ER-resident protein B-cell receptor-associated protein 31 (BAP31) (Iwasawa et al., 2011), although it remains uninvestigated whether the complex impacts MERCS formation. Also, the mitochondrial fission GTPase dynamin-related protein 1 (Drp1) has been shown to functionally stabilize MERCSs through mitochondrial E3 ubiquitin protein ligase 1 (Mul1, also known as MAPL)-dependent SUMOylation (Prudent et al., 2015).

The OMM-localized protein Spire1C, one of the splicing isoforms of Spire1, is yet another protein regulating mitochondrial fission at MERCSs. Spire1C interacts with the ER-localized isoform of Inverted formin 2 (INF2) via its kinase non-catalytic C-lobe domain (KIND) (Manor et al., 2015). The overexpression of KIND-deleted Spire1C decreased the overlap between the ER and mitochondria as identified by immunofluorescence imaging in light microscopy.

The yeast two-hybrid screening identified VDAC1–glucose-regulated protein (GRP)75–IP3R complex as a linker between the ER and mitochondria (Szabadkai et al., 2006). The OMM channel VDAC1 mediates Ca2+ channeling from microdomains with high Ca2+ concentration generated by the opening of the ER-resident Ca2+-release channel IP3Rs to the intermembrane space (Gincel et al., 2001; Rapizzi et al., 2002). IP3R2 is reported to interact not only with VDAC but also with the OMM-localized protein FUN14 domain-containing protein 1 (FUNDC1) at least in cardiac myocytes (S. Wu et al., 2017). Grp75 is a cytosolic regulator of the IP3R–VDAC complex that promotes the interaction between the channels to increase the efficiency of mitochondrial Ca2+ uptake (Szabadkai et al., 2006). The interaction between Grp75 and a MERCS-localized protein transglutaminase type 2 (TG2) has also been suggested to contribute to MERCS formation (D‘Eletto et al., 2018). Inferred from the 3D structure of each protein, the size of VDAC1–GRP75–IP3R complex is around 15 nm. Given that the triple-KO (TKO) of IP3R isoforms decreased more specifically the tight contact sites where the two membranes are less than 20 nm apart (Bartok et al., 2019), it is likely that this complex brings the ER and mitochondria in particularly close proximity. Tom70 was also reported to interact with IP3R3 to recruit it to the proximity of mitochondria, which results in promoting Ca2+ transfer from the ER to mitochondria (Filadi et al., 2018).

Another protein complex identified by the yeast two-hybrid screening is the VAMP-associated protein B (VAPB)–regulator of microtubule dynamics protein 3 (RMDN3, also called PTPIP51) complex (De vos et al., 2012). The quantification of the single-plane TEM images revealed that depletion of either VAPB or RMDN3 reduced MERCSs in human HEK293 cells (Stoica et al., 2014). The role of RMDN3 in MERCS formation was also shown in cerebellar Purkinje cells (Fecher et al., 2019). Knocking down either VAPB or RMDN3 caused a significant delay but only slight decrease in the mitochondrial Ca2+ uptake (De vos et al., 2012) and stimulated the induction of autophagy flux (Gomez-Suaga et al., 2017). Recently, the OMM protein mitoguardin 2 (Miga2) was also reported to interact with VAPA and VAPB (Freyre et al., 2019) and proposed to increase MERCS formation at least in flies (Xu et al., 2020). VAP-interacting protein vacuolar protein sorting-associated protein 13 A (VPS13A) has also been reported to localize to MERCSs and participate in their stabilization (Kumar et al., 2018; Muñoz-Braceras et al., 2019; Yeshaw et al., 2019). Interestingly, a recent study showed that RMDN3 recruits the oxysterol-binding protein (OSBP)-related proteins ORP5 and ORP8, which transfer phosphatidylinositol (PI) and phosphatidylserine (PS) at ER–plasma membrane (PM) contact sites (Chung et al., 2015; Moser von Filseck et al., 2015), to MERCSs (Galmes et al., 2016). Consistent with that, ORP5 and ORP8 are proposed to mediate PS transport, likely via the non-vesicular lipid transfer, at MERCSs (Rochin et al., 2019).

The OMM-localized fetal and adult testis-expressed transcript protein (FATE1) known as an antiapoptotic protein may also contribute to ER–mitochondria tethering. Overexpression of FATE1 partly decreased MERCSs as identified by TEM and confocal microscopy and also reduced Ca2+ uptake by mitochondria (Doghman-Bouguerra et al., 2016). EMD/Emerin is a potential interactor of FATE1 in the ER; however, the role of EMD in MERCS formation has not been investigated.

Posttranslational palmitoylation is found in several proteins localizing at MERCSs. The heterozygous KO of the redox-sensitive oxidoreductase thioredoxin-related transmembrane protein 1 (TMX1) decreased the average length of MERCSs as analyzed by TEM (Raturi et al., 2016). Importantly, the recruitment of TMX1 to MERCSs requires palmitoylation at the cytosolic domain (Roth et al., 2009; Lynes et al., 2012; Figure 1). Recruitment of the ER chaperone calnexin to MERCSs also requires palmitoylation (Lynes et al., 2012). While the palmitoylation of TMX1 is required for proper Ca2+ uptake from the ER to mitochondria, the ER-resident protein cytoskeleton-associated protein 4 (CKAP4) requires palmitoylation for sequestering VDAC2 from IP3R, which results in a decrease of MERCSs (Harada et al., 2020).

A proteomic analysis of the intersection between OMM and ERM-resident proteins obtained from ascorbate peroxidase (APEX)-mediated proximity biotinylation and subsequent mass spectrometry (MS) analysis identified the synaptojanin-2-binding protein (SYNJ2BP)–ribosome-binding protein 1 (RRBP1) complex as a potential tether that specifically regulates mitochondria–rough ER contact sites (Hung et al., 2017). TEM analysis showed that SYNJ2BP overexpression increased contacts between mitochondria and rough ER but not between mitochondria and smooth ER. In line with this, a recent report showed that RRBP1 is resident in mitochondria–rough ER contacts in mouse liver and works as a regulator of these contacts (Anastasia et al., 2021). The list of proteins identified in the intersection confirmed the localization of known MERCS proteins, even though many MERCS proteins, such as PDZD8, VAPs, and IP3Rs, listed in both ERM and OMM proteins are excluded from the intersection list because they also localized outside of MERCSs.

Recently, two split-pair proximity labeling enzymes, Contact-ID and Split-TurboID, were applied for the direct mapping of proteins localizing at MERCSs (Cho et al., 2020; Kwak et al., 2020). Although these methods are less sensitive than other methods, proteins identified with these methods are reliably localized to MERCS. Contact-ID identified FK506-binding protein 8 (FKBP8) as a novel MERCS-localizing protein. Indeed, knocking down FKBP8 reduces MERCSs in the TEM analysis and also diminishes mitochondrial Ca2+ uptake (Kwak et al., 2020).



Disease Association of Mitochondria–Endoplasmic Reticulum Contact Site Proteins

Genome-wide association studies have identified numerous gene mutations associated with neurological diseases. Among those, a significant number of mutations are found in genes related to MERCS formation, such as Mfn2, receptor expression-enhancing protein 1 (Reep1), solute carrier family 25 member 46 (SLC25A46), ATPase family AAA domain-containing protein 3A (ATAD3A), and CDGSH iron-sulfur domain-containing protein 2 (CISD2). Mutations in a genomic region coding an ER-resident protein Reep1 is associated with hereditary spastic paraplegias (HSPs) and distal hereditary motor neuropathy. A split-Renilla Luciferase 8 (RLuc8) reassembly assay suggested that Reep1 facilitates MERCS formation (Lim et al., 2015). The disease-associated Reep1 mutations impair REEP1’s ability to facilitate MERCSs, implying the relationship between HSP pathology and Reep1 function in MERCS formation (Lim et al., 2015).

A recent study using fibroblasts obtained from a patient suffering from Leigh syndrome identified a homozygous missense mutation in the genomic region coding for the mitochondrial protein SLC25A46. The study also proposed that SLC25A46 interacts with the conserved ER membrane protein complex (EMC) at MERCSs (Janer et al., 2016). Interestingly, EMC is suggested to be involved in MERCS formation in yeast (Lahiri et al., 2014). Moreover, it was shown that loss of SLC25A46 altered mitochondrial phospholipid composition, implying that SLC25A46 also plays a role in promoting lipid transfer at MERCSs (Janer et al., 2016). Further studies are still required to elucidate the function of SLC25A46 and EMC in MERCS formation in mammalian cells.

Another disease-associated gene, the inner mitochondrial membrane (IMM)-localized protein ATAD3A, has also been proposed to participate in MERCS formation (Issop et al., 2015; Baudier, 2018). Although the exact structure of ATAD3A remains unknown, a recent report proposed that the N-terminus of ATAD3A may insert into the OMM and associate with the ER (Issop et al., 2015). Thereby, ATAD3A may regulate the interactions among the IMM, OMM, and ERM.

Finally, another disease-related gene coding for a MERCS-regulating protein is CISD2, which is a causative gene associated with Wolfram syndrome. A recent study showed that MERCS formation and Ca2+ uptake in mitochondria are upregulated in patient-derived fibroblasts (Rouzier et al., 2017). In mouse white adipose tissues and fibroblasts, CISD2 is proposed to interact with GTPase immunity-associated protein (IMAP) family member 5 (GIMAP5) at MERCSs and modulates mitochondrial Ca2+ uptake (C. H. Wang et al., 2014).




MITOCHONDRIA–ENDOPLASMIC RETICULUM CONTACT SITE PROTEINS AT OTHER ORGANELLE CONTACT SITES

The recent development of high-speed super-resolution microscopy revealed that the ER contacts various organelles (Valm et al., 2017). Interestingly, some of the MERCSs regulating ER-resident proteins are also found at other organelle contact sites, which implies that those proteins mediate crosstalk among multiple types of organelle contacts.

A major common function of the membrane contact sites is non-vesicular lipid transfer. In this regard, VAPA and VAPB play essential roles in diverse contact sites by transferring phospholipids and ceramides. VAP proteins interact with FFAT motifs of protein partners located on the opposing membrane or the ERM (H. Wu et al., 2018). Besides RMDN3 (PTPIP51) at MERCSs, VAP proteins form complexes with proteins such as Nir2, ceramide transferase 1 (CERT), and OSBP at the ER–Golgi contacts, and OSBP, StAR-related lipid transfer protein 3 (STARD3), Protrudin, and ORP1L at the ER–endolysosome contacts.

As mentioned above, ORP5 and ORP8, which promote the exchange of PI and PS at EM–PM contacts, also localize to MERCSs (Galmes et al., 2016). Further ORP5 is suggested to localize to ER–lipid droplet contacts and regulates the exchange of phosphatidylinositol-4-phosphate (PI4P) and PS at these contacts (Du et al., 2020).

Another example of a lipid-binding MERCS protein found in other organelle contact sites is PDZD8. Although it is still controversial if PDZD8 localizes to lysosomal-associated membrane protein 1 (LAMP1)-positive lysosomes, overexpressed PDZD8 directly interacts with Protrudin and GTP-bound Rab7, both of which localize to late endosomes (Guillén-Samander et al., 2019; Elbaz-Alon et al., 2020; Shirane et al., 2020). Interestingly, overexpressed PDZD8 and Rab7 colocalize at the three-way junction of ER, endosomes, and mitochondria, thereby inducing the association of the endosome and mitochondria. Furthermore, a recent study indicates that PDZD8 participates in the VAP complex (Cabukusta et al., 2020), which implies PDZD8’s roles in multiple different organelle contact sites. Since overexpression of MERCS proteins can disrupt their localization and therefore their functions, future studies will need to elucidate the location of endogenous PDZD8 among those contact sites. This statement is true for most proteins studied at MERCSs. The rapid development of clustered regularly interspaced short palindromic repeats (CRISPR)-Cas9-mediated knockin strategies (as used for PDZD8 in Hirabayashi et al., 2017) in various cell types will be a key step in cell biology of MERCS protein complexes.

VPS13A is yet another lipid-binding MERCS protein that localizes to additional MCSs. Yeast Vps13 resides at mitochondria–vacuole contacts (vacuole and mitochondria patches; v-CLAMPs) and ER–vacuole contacts (nuclear–vacuole junction; NVJ) and has a redundant role with the ERMES complex. It has been hypothesized that Vps13 creates an alternative lipid transport route between the ER and mitochondria through other organelles (Lang et al., 2015; Petrungaro and Kornmann, 2019). Consistent with this idea, the mammalian orthologs of Vps13, VPS13A, and VPS13C, have been reported to possess the ability to transfer glycerophospholipids between membranes in vitro (Kumar et al., 2018). Furthermore, VPS13A has been reported to localize at mitochondria–endosome/lysosome contacts and ER–lipid droplet contacts as well as MERCSs, whereas VPS13C is distributed to ER–endosome contacts and ER–lipid droplet contacts, loss of which causes mitochondrial dysfunction (Lesage et al., 2016; Kumar et al., 2018). These reports imply the function of VPS13 family proteins in lipid transport at multiple MCSs, although they also play distinct roles at each contact site, such as MERCS formation, autophagy induction, and regulation of lipid droplet motility (Muñoz-Braceras et al., 2015, 2019; Kumar et al., 2018; Yeshaw et al., 2019). Since both VPS13A and VPS13C are recruited to the ER via the FFAT motif (Kumar et al., 2018; Yeshaw et al., 2019), it is plausible that their localization at ER–other organelle contacts might be regulated through the interaction with VAPs. It also has been shown that VPS13A interacts with Rab7 (Muñoz-Braceras et al., 2019), which may result in VPS13A’s recruitment to mitochondria–endosome contacts.

Mitochondria also form contact sites with organelles other than the ER. Several MERCS-localized mitochondrial proteins have also been reported to reside at other organelle contact sites. Mfn2 localizes at the contact sites between mitochondria and the lysosome-related organelle of pigment cells melanosome (Daniele et al., 2014). Considering that Fzo1, a yeast homolog of Mfn, is suggested to reside at mitochondria–peroxisome contacts (Shai et al., 2018), Mfns might participate in the contact formation between mitochondria and other various organelles. The mitochondria–lysosome contacts mark at the site of mitochondrial fission. At this fission site, Fis1 recruits the Rab7 GTPase-activating protein TBC1 domain family member 15 (TBC1D15), which results in untethering of the contacts (Wong et al., 2018). This suggests that Fis1 localizes at the mitochondria–lysosome contact sites, as well as at MERCSs.



CONCLUSION

In recent years, owing to advances in microscopy and the development of new biochemical tools, the list of proteins involved in the regulation of MERCSs has been dramatically expanded. Given that PDZD8 remains the only identified mammalian ortholog of the ERMES core subunits (Mmm1), it is conceivable that the mammalian ER and mitochondria tethering protein complexes have not directly evolved from the yeast ERMES complex. Therefore, MERCSs might have evolved various cell type-specific roles in mammals, which are just beginning to be explored. Provided that the properties of MERCS proteins, such as domain structure, size, and localization, are quite diverse, it is plausible to assume that they work at different subdomains of MERCSs, different steps of MERCS formation, or in different cell types. This complex regulation of MERCSs might be required for the precise control of biochemical reactions in response to the various cellular demands unique to each cell type. Since many MERCS proteins also reside at other organelle contact sites, investigation of the dynamic localization of endogenous, as opposed to overexpressed, proteins in a variety of cellular contexts will improve our understanding of the complex spatiotemporal regulation of MERCSs and pave the way to reveal the physiological roles of these contact sites.
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Lipids must be correctly transported within the cell to the right place at the right time in order to be fully functional. Non-vesicular lipid transport is mediated by so-called lipid transfer proteins (LTPs), which contain a hydrophobic cavity that sequesters lipid molecules. Oxysterol-binding protein (OSBP)-related proteins (ORPs) are a family of LTPs known to harbor lipid ligands, such as cholesterol and phospholipids. ORPs act as a sensor or transporter of those lipid ligands at membrane contact sites (MCSs) where two different cellular membranes are closely apposed. In particular, a characteristic functional property of ORPs is their role as a lipid exchanger. ORPs mediate counter-directional transport of two different lipid ligands at MCSs. Several, but not all, ORPs transport their lipid ligand from the endoplasmic reticulum (ER) in exchange for phosphatidylinositol 4-phosphate (PI4P), the other ligand, on apposed membranes. This ORP-mediated lipid “countertransport” is driven by the concentration gradient of PI4P between membranes, which is generated by its kinases and phosphatases. In this review, we will discuss how ORP function is tightly coupled to metabolism of phosphoinositides such as PI4P. Recent progress on the role of ORP-mediated lipid transport/countertransport at multiple MCSs in cellular functions will be also discussed.

Keywords: ORPs, phosphoinositide, membrane contact site (MCS), lipid transfer protein (LTP), PI4P, phosphatidylserine (PS), cholesterol, lipid countertransport


INTRODUCTION

Lipids have multiple essential roles, including serving as building blocks for cellular membranes, storing energy, and regulating signaling and membrane dynamics/trafficking. In eukaryotes, most, but not all, lipids are synthesized at the endoplasmic reticulum (ER) and then must be correctly delivered to the places where they exert diverse functions (van Meer and de Kroon, 2011; Santos and Preta, 2018). In addition, lipids often move and change their location even during their metabolic or catabolic processes (van Meer et al., 2008). Thus, lipids rely on their transport systems for accomplishing their diverse and complex tasks in biological systems.

Lipids are transported within cells via membrane carriers (vesicles) along secretory and endocytic membrane trafficking pathways (van Meer et al., 2008; Vance, 2014; Stefan et al., 2017). In addition to vesicular transport, lipids are also transported in a vesicle-independent manner (Holthuis and Levine, 2005; Lev, 2012; Reinisch and Prinz, 2021). Non-vesicular lipid transport is mediated by so-called lipid transfer proteins (LTPs) (Holthuis and Menon, 2014; Wong et al., 2019). LTPs contain a hydrophobic cavity that sequesters lipid molecules from aqueous cytosolic environments, and in this way, they mediate lipid transport between cellular membranes (Wong et al., 2017). Although LTPs are technically able to transport lipids to any accessible place by freely moving in the cytosol, they often do so at membrane contact sites (MCSs). MCSs are places where there is close apposition of cellular membranes (generally 10–30 nm, but the distance differs depending on the type of MCSs) (Helle et al., 2013; Eisenberg-Bord et al., 2016; Scorrano et al., 2019). Accumulating evidence indicates that the ER, which is widely distributed throughout the cell, forms MCSs with most of the organelles or the plasma membrane (PM), and these MCSs serve as zones for non-vesicular lipid transport (Phillips and Voeltz, 2015; Wu et al., 2018; Balla et al., 2019; Prinz et al., 2019; Bohnert, 2020). A number of LTPs have been reported to localize at MCSs and, thus, mediate the transport of a variety of lipid ligands (Wong et al., 2017, 2019).

In this review, we provide an overview of recent progress on understanding the role of oxysterol-binding protein (OSBP)-related proteins (ORPs) (Raychaudhuri and Prinz, 2010; Olkkonen, 2015; Pietrangelo and Ridgway, 2018), a large family of LTPs. Particular focus is placed on their lipid transport function at MCSs and their role in cellular processes in mammals. Given that ORP functions are closely coupled to phosphatidylinositol 4-phosphate (PI4P) metabolism, we will begin with background information as well as recent findings on PI4P, followed by ORP family functions, with the overall goal of an in-depth discussion on the physiological significance of lipid transport at MCSs mediated by ORPs and phosphoinositides.



PHOSPHATIDYLINOSITOL 4-PHOSPHATE


Phosphatidylinositol 4-Phosphate Metabolism in the Cell

Phosphoinositides are a minor group of phospholipids that represent 10–15% of total phospholipids in the cell (Vance, 2014). The inositol ring in their headgroup is exposed to the cytosol, and its 3, 4, or 5 position can be phosphorylated or dephosphorylated to create seven distinct phosphoinositide species (Balla, 2013). Those phosphoinositides are unevenly distributed in the cell (Di Paolo and De Camilli, 2006). For instance, PI(4,5)P2 is concentrated at the PM, while PI4P, its major precursor, is distributed more widely (see below for details). PI(3,4,5)P3 is also localized at the PM, but its level transiently increases locally under certain conditions. Such spatial and temporal distribution of each phosphoinositide species, which determines the identity of cellular membranes, is tightly controlled, mostly based on the action of their metabolic phosphoinositide kinases or phosphatases that localize in distinct cellular compartments (Di Paolo and De Camilli, 2006; Balla, 2013).

PI4P, which is mono-phosphorylated at the 4-position of the inositol ring, is one of the most abundant phosphoinositides in eukaryotes. Its de novo synthesis is mediated by phosphatidylinositol 4-kinases (PI4Ks) that phosphorylate phosphatidylinositol (PI), the substrate, at the 4 position of the inositol ring (Balla, 2013). In mammals, there are four PI4Ks: two type III PI4Ks (PI4K3α and PI4K3β) and two type II PI4Ks (PI4K2α and PI4K2β) (Balla and Balla, 2006; Boura and Nencka, 2015). As a side note, type I PI4K turned out to be PI3K, and thus, no type I PI4Ks exists at present. The cellular distribution of PI4P is primarily determined by the localization as well as the site of action of its responsible kinases. PI4P is mainly distributed at the PM, the Golgi, and endosomes/lysosomes, and those pools of PI4P are synthesized by PI4K3α, PI4K3β, and PI4K2α or PI4K2β, respectively (Figure 1). A pool of PI4P at autophagosomes has also been demonstrated (Figure 1) (Albanesi et al., 2015; Wang et al., 2015; Judith et al., 2019; De Tito et al., 2020).


[image: image]

FIGURE 1. Phosphatidylinositol 4-phosphate (PI4P) metabolism in the cell. (A) De novo PI4P synthesis is catalyzed by PI 4-kinases that phosphorylate phosphatidylinositol (PI) at the D4 position of the inositol ring. Dephosphorylation of PI4P is mediated by 4-phosphatases. (B) Distribution of PI4P and its kinases and phosphatases in the mammalian cell. PI4P is synthesized at the plasma membrane (PM), Golgi, and endosomes/lysosomes by PI4K3α, PI4K3β, and PI4K2α/β, respectively. PI4K2α and possibly PI4K3β as well contribute to the generation of a pool of PI4P at autophagosomes. Metabolic degradation of PI4P is mediated by PI4P phosphatases such as Sac1 and Sac2/INPP5F. PI, phosphatidylinositol; PI4P, phosphatidylinositol 4-phosphate; TGN, trans-Golgi network.




Phosphatidylinositol 4-Kinases

PI4K3α localizes at the PM with the help of other regulatory proteins including EFR3A, EFR3B, TTC7A, TTC7B, FAM126A, FAM126B, and TMEM150A (Nakatsu et al., 2012; Baskin et al., 2015; Bojjireddy et al., 2015; Chung et al., 2015a). Biochemical as well as genetic evidences show that PI4K3α is required for PI4P production at the PM, and other PI4Ks are unable to compensate for this kinase, suggesting a distinct and non-overlapping function of PI4Ks (Nakatsu et al., 2012). PI4K3β localizes at the Golgi where it produces PI4P (Wong et al., 1997; Antonietta De Matteis et al., 2005). Several proteins, including Arf1 (Godi et al., 1999), ACBD3 (Sasaki et al., 2011) and PKD (Hausser et al., 2005), are reported to support its Golgi localization and function. Both type II PI4Ks, PI4K2α and PI4K2β, localize at endosomes or late endosomes/lysosomes and produce a pool of PI4P at those membranes (Balla and Balla, 2006). PI4K2α and PI4K2β localize at the endosomal membranes via palmitoylation (Balla et al., 2002; Barylko et al., 2009; Lu et al., 2012). PI4K2α has been shown to localize and generate a pool of PI4P at the trans-Golgi network (TGN) as well (Wang et al., 2003). PI4K2α and PI4K3β have been shown to associate with the autophagosomes, where they contribute to the generation of the pool of PI4P (Albanesi et al., 2015; Wang et al., 2015; Judith et al., 2019; De Tito et al., 2020).

PI4Ks were reported to localize in the nucleus and generate a pool of PI4P (reviewed in Chen et al., 2020). Recent findings have revealed the presence of PI, the precursor of PI4P, at the outer membrane of the mitochondria (Pemberton et al., 2020b; Zewe et al., 2020). In addition, functional involvement and localization of the TGN-derived vesicles containing PI4P, which is synthesized by PI4K3β, have been observed at the ER–mitochondria MCSs (Nagashima et al., 2020). However, no direct evidence for the existence of PI4P or PI4Ks at the mitochondria has been reported.



Phosphatidylinositol 4-Phosphate Phosphatases

Metabolic degradation of PI4P (i.e., dephosphorylation) is controlled by the suppressor of actin (Sac)-domain containing phosphoinositide phosphatase family. The Sac phosphatase domain family in mammals consists of five members including Sac1, Sac2/INPP5F, Sac3/Fig4, Synaptojanin1, and Synaptojanin2, which all contain the Sac domain, a phosphoinositide phosphatase domain (Hsu and Mao, 2013). Sac1 is the major phosphatase that controls PI4P metabolism in the cell (Del Bel and Brill, 2018), although it dephosphorylates PI3P and PI(3,5)P2 in addition to PI4P (Guo et al., 1999; Nemoto et al., 2001). Sac1 is a type II transmembrane protein that localizes at the ER, but translocates to Golgi via COPII-mediated transport at the nutrient-limiting condition (Blagoveshchenskaya et al., 2008). Several pieces of evidence suggest that Sac1 dephosphorylates PI4P on the ER membranes and that it is transported from other membranes to the ER via MCSs (see below). This “in cis” action of Sac1 keeps the levels of PI4P low at the ER and, thus, critically contributes to the ORP-mediated lipid countertransport by creating a concentration gradient of this lipid between the ER and other membranes, which will be described later in detail. However, the “in trans” action of Sac1, in which it dephosphorylates PI4P on the PM or the Golgi membranes, was also reported (Stefan et al., 2011; Dickson et al., 2016; Venditti et al., 2019a).

Sac2/INPP5F and synaptojanins contribute to the metabolism of a pool of PI4P in the endocytic pathway. Synaptojanins have a 5-phosphatase domain that dephosphorylates PI(4,5)P2 in addition to the Sac1 domain (McPherson et al., 1996). The well-known site of action of synaptojanins is at the clathrin-coated pits. Synaptojanins are recruited to the clathrin-coated pits where they sequentially dephosphorylate PI(4,5)P2-PI4P-PI via 5-phosphatase and 4-phosphatase enzymatic activities (Mani et al., 2007; Cao et al., 2017). Likewise, Sac2/INPP5F is also recruited to the late phase of endocytic structures (Hsu et al., 2015; Nakatsu et al., 2015; Levin et al., 2017). Sac2/INPP5F interacts with OCRL, a 5-phosphatase that is also recruited to clathrin-coated pits (Pirruccello and De Camilli, 2012). OCRL has a 5-phosphatase domain but lacks a 4-phosphatase domain. Thus, OCRL dephosphorylates PI(4,5)P2 to PI4P, and then Sac2/INPP5F dephosphorylates PI4P to PI during endocytosis. Thus, OCRL and Sac2/INPP5F function as a split-synaptojanin to cooperatively dephosphorylate PI(4,5)P2 to PI (Nakatsu et al., 2015). A recent finding suggests a role of Sac2/INPP5F in the exocytic pathway (Nguyen et al., 2019).



ORP FAMILY PROTEINS

ORPs are a family of LTPs that are highly conserved in eukaryotes (Olkkonen, 2015; Pietrangelo and Ridgway, 2018). Seven members in yeast and 12 members in humans have been identified, suggesting a requirement for multiple players that cover diverse cellular functions (Lehto et al., 2001; Raychaudhuri and Prinz, 2010). The 12 known ORPs in mammals are subdivided into six groups according to their sequence homology and domain organization: OSBP and ORP4 in group I, ORP1 and ORP2 in group II, ORP3, ORP6, and ORP7 in group III, ORP5 and ORP8 in group IV, ORP9 in group V, and ORP10 and ORP11 in group VI (Figure 2). Mounting evidence demonstrates that ORPs regulate a variety of cellular functions including, but not limited to, lipid transport, membrane/organelle trafficking, and signaling.
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FIGURE 2. Domain structures of oxysterol-binding protein-related protein (ORP) family proteins. Schematic cartoon representing the domain structures of ORP family proteins in mammals. ORPs in mammals are subdivided into six groups according to their sequence homology and domain organization. They have a well-conserved lipid-binding domain called oxysterol-binding protein-related domain (ORD), in which a consensus lipid-binding motif EQVSHHPP is located. Most but not all of ORPs possess a PH domain that binds phosphoinositides such as PI4P and/or PI(4,5)P2 in the target membranes. Endoplasmic reticulum (ER) targeting determinants such as the FFAT (two phenylalanines in acidic tract)-motif, which is recognized by ER-resident membrane protein VAPA or VAPB, or membrane anchoring domain facilitates the localization of ORPs at membrane contact sites (MCSs) between the ER and other membranes. ORD, oxysterol-binding protein-related domain; FFAT, two phenylalanines in acidic tract.



Functional Domains in ORPs


Oxysterol-Binding Protein-Related Domain

Several domains or motifs are conserved in this family. One common feature of the ORP family members is the lipid-harboring domain called oxysterol-binding protein-related domain (ORD). Originally, OSBP, the first identified member of the ORP family, was identified as a cytosolic OSBP (Taylor et al., 1984). This study led to the discovery of the larger ORP family that commonly has an ORD as a lipid-transfer or lipid-sensing domain. Subsequent studies of OSBP as well as other ORPs revealed that the ORD accommodates not only oxysterols but also other lipids (Raychaudhuri and Prinz, 2010; de Saint-Jean et al., 2011; Maeda et al., 2013; Olkkonen, 2015; Pietrangelo and Ridgway, 2018). Structural analysis of the ORD from Osh4, one of the well-characterized ORPs in yeast, revealed a β-barrel-like structure, containing a hydrophobic pocket that accommodates oxysterol or cholesterol, and a lid-like structure that closes the pocket (Im et al., 2005). The 3-hydroxylgroup of the sterol is positioned at the bottom of the pocket, and the side chain is covered by the N-terminal lid. To date, the lipid ligands for ORDs include oxysterols, cholesterol, and phospholipids such as phosphoinositides, phosphatidylserine (PS), and/or phosphatidylcholine (PC). ORDs from all ORPs contain the well-conserved residues EQVSHHPP, a consensus lipid-binding motif located near the entrance of the pocket. Given that the tandem histidine residues are responsible for the binding to the head group of PI4P, the ORP family might be structurally adapted to harbor PI4P as a common ligand (de Saint-Jean et al., 2011; Tong et al., 2013).



Membrane Targeting Domains/Motif

Most ORPs possess a Pleckstrin homology (PH) domain (Lemmon, 2008) in their N-terminal portion that mediates membrane association. Many of them have been characterized to have a high affinity to phosphoinositides such as PI4P and/or PI(4,5)P2. Since phosphoinositides are the critical determinants of cellular membrane identity (Di Paolo and De Camilli, 2006), recognition of such lipids by a PH domain is a key process for localization and, hence, MCS formation by ORPs. They also often have another determinant that associates with the ER. The FFAT (two phenylalanines in acidic tract) motif is recognized by ER-resident membrane protein vesicle-associated membrane protein (VAMP)-associated protein A or B (VAPA or VAPB) with their major sperm protein (MSP) domain (Loewen et al., 2003). The FFAT motif is present in many other LTPs that function at MCSs (Murphy and Levine, 2016). Another ER-associating structure is the membrane spanning domain in ORP5 and ORP8, which enables ER localization on its own. These ER-anchoring determinants help bridge the ER and target membranes at MCSs, where they mediate lipid transfer functions.



Lipid Transfer Regulation by ORPs

A major function of ORPs is to transfer their lipid ligands between cellular membranes (Raychaudhuri and Prinz, 2010). Their lipid transfer activity has been extensively studied in vitro (Wong et al., 2017). Purified ORD protein has been shown to extract lipids from artificial liposomal membranes. When mixed with two different liposomes, the ORD is able to transfer lipids from one liposome to another (Pietrangelo and Ridgway, 2018). In the cellular context, most, but not all, ORPs have been shown to mediate lipid transfer between cellular membranes. The mode of lipid transfer is either shuttling between two different membrane compartments that have certain distance or direct transfer at MCSs (Wong et al., 2019).

An interesting nature of ORPs is their lipid exchange activity. OSBP or its yeast counterpart Osh4/Kes1 was initially demonstrated to be a sterol transfer protein (Raychaudhuri et al., 2006; Ngo and Ridgway, 2009). Indeed, they transfer cholesterol (or ergosterol in yeast) between membranes both in vitro and in live yeast. However, de Saint-Jean et al. (2011) elegantly demonstrated that Osh4/Kes1 transfers not only sterol, but also PI4P via its ORD. Its crystal structure showed that the ORD of Osh4/Kes1 accommodates either sterols (cholesterol, ergosterol, and oxysterols) or PI4P. An interesting point was that Osh4/Kes1 mediates exchange of sterol and PI4P between two different liposomes containing either lipid. Subsequently, the same group extended this idea to demonstrate that OSBP mediates countertransport of PI4P and cholesterol at MCSs between the ER and Golgi (Mesmin et al., 2013). ORP5 and ORP8 have also been demonstrated to mediate countertransport of PI4P and PS at ER–PM MCSs by our group (Chung et al., 2015b) (Figure 3). In this lipid countertransport, differing amounts of PI4P between the ER and other membranes such as Golgi or PM is the driving force. PI4P is continuously synthesized at the PM or Golgi by PI4K3α or PI4K3β, respectively, while it is metabolically degraded at the ER by Sac1. This enzymatic regulation establishes a concentration gradient of PI4P between the ER and the PM or Golgi. Given that the ORD accommodates only one lipid molecule at a time (Im et al., 2005), the ORD picks up PI4P at the PM or Golgi and transfers it down a concentration gradient to the ER where Sac1 hydrolyzes it to PI. This PI4P flow empowers backward transfer of another lipid, PS for ORP5/8 or cholesterol for OSBP, from the ER to the PM or Golgi (Figure 3). This PI4P-driven lipid countertransport is further ensured by the mechanism by which these ORPs establish MCSs. OSBP or ORP5/8 forms MCSs via PH domain-mediated recognition of PI4P (with the help of other factors such as Arf1 or PI(4,5)P2 (see below for details), which guarantees the concentration gradient of this lipid at the MCSs. The PI4P metabolic cycle generated by its kinases and phosphatase is tightly coupled to the ORP function, and this functional partnership supports PI4P-driven lipid countertransport at MCSs by ORPs (Mesmin and Antonny, 2016).
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FIGURE 3. PI4P-driven lipid countertransport at MCSs. PI4P drives lipid countertransport mediated by ORP5/8 at ER–PM MCSs (A) and by OSBP at ER–Golgi MCSs (B). (A) PI4K3α complex including EFR3A/B, TTC7A/B, and FAM126A/B synthesizes and concentrates PI4P at the PM (step 1). ORP5/8, both of which are anchored to the ER, form MCSs via interaction with PI4P and PI(4,5)P2 by PH domain, and transport PI4P (driver-ligand) from the PM to the ER (step 2). Sac1 dephosphorylates PI4P to PI, which keeps the concentration of PI4P low at the ER (step 3). ORP5/8 transport PS (cargo-ligand) from the ER to the PM. (B) PI4K3β generates PI4P upon recruitment to the Golgi by regulatory proteins including Arf1 (step 1). Oxysterol-binding protein (OSBP) is recruited to the ER–Golgi MCSs via PH domain that interacts with PI4P and ACBD3 and/or Arf1 on the Golgi membranes and FFAT-motif that binds vesicle-associated membrane protein (VAMP)-associated protein A/B (VAPA/B). Then, OSBP mediates transport of PI4P (driver-ligand) from the Golgi to the ER (step 2). Sac1 hydrolyzes PI4P to PI (step 3). OSBP transports cholesterol (cargo-ligand) to Golgi (step 4). Synthesis and hydrolysis of PI4P by PI4Ks and Sac1 establishes a concentration gradient of this lipid between the ER and the PM/Golgi, which determines the flow of driver-ligand PI4P to the ER and counterflow of cargo-ligands from the ER.




LIPID TRANSPORT BY ORPs AT MEMBRANE CONTACT SITES

The ER, the site of the synthesis of most of lipids, is now known to make MCSs with most of the organelles or the PM where ORPs mediate transport or countertransport of lipids. Accumulating evidence demonstrates that ORP family proteins are widely localized at distinct MCSs and operate their own lipid transport/countertransport function (Figure 4 and Table 1). Furthermore, the tight regulation of such ORP function by phosphoinositides has also become evident. This section provides an overview of the role of ORPs in lipid transport or exchange at MCSs and their contributions to cellular biological processes. How phosphoinositides, such as PI4P, regulate ORP function will also be discussed.
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FIGURE 4. Lipid transport/countertransport mediated by ORPs at MCSs. Summary of ORPs mediating transport or countertransport of lipids at MCSs. At the ER–PM MCSs, ORP5 and ORP8 mediate countertransport of PI4P and PS driven by PI4P metabolic cycle. They have been proposed to act as PI(4,5)P2/PS exchangers. ORP3 and possibly ORP6 mediate PI4P transport to the ER, while ORP3 may transport PC or cholesterol from the ER in exchange for PI4P. At the ER–Golgi MCSs, OSBP is an exchanger of PI4P and cholesterol. ORP10 has been suggested to mediate PS transport from the ER. The function of ORP4 and ORP9 as transporters/exchangers is unknown. At the MCSs between the ER and endosomes, late endosomes, or lysosomes, OSBP functions as a PI4P transporter or PI4P/cholesterol exchanger. ORP1 acts as a sensor or transporter of cholesterol and a transporter of PI4P. At the ER–lipid droplet (LD) MCSs, ORP5 has been proposed to be a PI4P/PS exchanger. The role of ORP2 as a transporter/exchanger at the ER–LD MCSs is unknown. At the ER–mitochondria MCSs, ORP5 and ORP8 may or may not be exchangers/transporters for PI4P and PS. Blue arrows indicate “transport,” whereas green arrows show “countertransport.” Solid lines are used if the transport or countertransport of the indicated lipids has been demonstrated by loss-of-function or gain-of-function analysis in an acute manner (e.g., acute inhibition or manipulation of ORP proteins). Dashed lines are used if the transport or countertransport of the indicated lipids has been suggested by loss-of-function or gain-of-function analysis in a chronic manner [e.g., chronic inhibition (knock-down or knock-out) or overexpression of ORP proteins]. ER, endoplasmic reticulum; E, endosomes; LE/Ly, late endosomes/lysosomes; Mito, mitochondria; N, nucleus; PM, plasma membrane; TGN, trans-Golgi network.



TABLE 1. Oxysterol-binding protein-related proteins (ORPs) that mediate transport or countertransport of lipids at membrane contact sites (MCSs).
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Endoplasmic Reticulum–Plasma Membrane Membrane Contact Sites


ORP5/8

ORP5 and ORP8, which belong to group IV of the ORP family, have similar characteristics of domain structures (Figure 2). Both proteins have a PH domain, a coiled-coil domain, a linker region, an ORD, and a membrane-spanning domain. Unlike other ORPs, ORP5 and ORP8 anchor to the ER via a membrane-spanning domain located at the C-terminus. The PH domain of ORP5 or ORP8 recognizes PI4P and/or PI(4,5)P2 in the PM with different preferences, thereby making an MCS between the ER and the PM (Chung et al., 2015b; Ghai et al., 2017; Sohn et al., 2018). It has been demonstrated that the ORD of ORP5/8 specifically harbors PI4P or PS and transfers them between liposomes in vitro. Intriguingly, the transfer of PS from donor to acceptor liposomes was strongly enhanced if another lipid ligand PI4P was present in the acceptor side, and the opposite combination also showed the same tendency, indicating an exchange activity of the ORP8 ORD (Chung et al., 2015b). In addition to PI4P and PS, the ORP5 ORD was shown to transport dehydroergosterol (DHE) in vitro, and this DHE transport was partially inhibited in the presence of PI4P in the donor liposomes (Du et al., 2011) (see the section “Endoplasmic Reticulum–Endosome/Lysosome/Autophagosome/Phagosome Membrane Contact Cites” for more details). In the cellular context, ORP5/8 exchanges PS with PI4P between the ER and the PM. Functional ablation of PI4K3α (the PI4P supplier at the PM) or Sac1 (the PI4P remover at the ER) disrupted the countertransport of those lipids, confirming that ORP5/8-mediated lipid countertransport is tightly coupled to the PI4P metabolic flow between the PM and the ER (Chung et al., 2015b) (Figure 3). This ORP5/8-mediated PI4P-driven lipid countertransport enables PS supply from the ER to the PM against its concentration gradient. Similarly, PI4P-driven PS transport at ER–PM MCSs has also been demonstrated in yeast (Moser von Filseck et al., 2015).

Several studies showed the regulation of PM PI(4,5)P2 by ORP5 and ORP8. Results from Sohn et al. (2018) support the role of ORP5/8 in exchanging PS with PI4P at ER–PM MCSs. In this study, BRET imaging quantitative assay was used to show that ORP5/8 controls PI(4,5)P2 levels by tuning the amount of its precursor PI4P, and this is basically controlled by their localization to the MCSs via the PH domain. The ORP5 PH domain requires both PI4P and PI(4,5)P2 for localization at ER–PM MCSs. However, the ORP8 PH domain strongly depends on PI(4,5)P2 for its MCS localization, although PI4P is still required even when PI(4,5)P2 production is increased. In the situation where PI(4,5)P2 is highly produced at the PM, PI4P levels become low due to ORP8 localization at the MCSs, thereby limiting PI4P availability for PI(4,5)P2 conversion by PIPKs. They proposed that this is a rheostat mechanism for tightly controlling the PI(4,5)P2 levels in a narrow range (Figure 5). ORP5 might be a housekeeper for PI4P and PI(4,5)P2 (and PS) homeostasis at the PM in the steady-state condition, while ORP8 could be a regulator for more stimulatory situations that might require tight regulation of PI(4,5)P2 (e.g., Ca2+ regulation, cell migration, receptor activation, or membrane ruffling).
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FIGURE 5. Regulation of PI4P and PI(4,5)P2 at the PM by oxysterol-binding protein-related proteins 5 and 8. (A) At steady state, ORP5 localizes at the ER–PM MCSs via binding to PI4P and PI(4,5)P2. (B) When PI(4,5)P2 is high at the PM, ORP8 is strongly recruited to the PM via preferential binding to PI(4,5)P2 and mediates countertransport of PI4P and PS. This reduces PI4P levels at the PM and thus contributes indirectly to reducing PI(4,5)P2 levels by limiting its precursor. ORP8-mediated countertransport of PS to the PM may facilitate the activation of PIPKs (Nishimura et al., 2019).


In contrast, another study by the Yang group (Ghai et al., 2017) proposed a different model for the regulation of PI(4,5)P2 by ORP5 and ORP8. They demonstrated that localization of ORP5 and ORP8 is dependent on PI(4,5)P2, but not on PI4P, and this is due to the binding property of their PH domains to PI(4,5)P2, but not to PI4P. Furthermore, the driver-ligand of the ORP5/8 ORD was proposed to be PI(4,5)P2. In an in vitro lipid transport assay, they showed that the ORP8 ORD efficiently transports PI(4,5)P2, and its concentration gradient between two liposomes enhanced the PS exchange. Consistent with this idea, PM PI(4,5)P2 levels increased by knockdown of ORP5/8. These authors proposed that ORP5 and ORP8 are PI(4,5)P2/PS exchangers in a PI(4,5)P2-driven mechanism. Their conclusion regarding the role of ORP5 and ORP8 in controlling PI(4,5)P2 levels at the PM agreed with that of the Balla group, but the underlying mechanism differed. Because of the efficient in vitro PI(4,5)P2 transfer activity in addition to a strong dependency on PI(4,5)P2 for PM localization, the localization and function of ORP5/8 appear to be PI4P-independent. In the PI4P-driven model (Figure 3), PI4P is transported from the PM to the ER where it is hydrolyzed by the PI4P phosphatase Sac1, and this PI4P metabolic cycle generates the PI4P concentration gradient that drives lipid countertransport by ORP5 and ORP8 (Chung et al., 2015b). However, in the case of the PI(4,5)P2-driven model, how PI(4,5)P2 is metabolically degraded at the ER to create the concentration gradient of this lipid is still unknown. The authors mentioned that INPP5E might be involved in this process, but there is no evidence showing that INPP5E localizes at the ER and hydrolyzes PI(4,5)P2 there. Instead, INPP5K, an ER-localized 5-phosphatase reported to hydrolyze PI(4,5)P2 and PI(3,4,5)P3, is a candidate, although the site of action of INPP5K has been proposed to be not only the ER, but also other membranes, including the PM, nucleus, and autolysosomes (Gurung et al., 2003; Ijuin and Takenawa, 2003; Hung et al., 2009; Dong et al., 2018; Ramos et al., 2020; McGrath et al., 2021).

ORP5/8-mediated countertransport and its relationship with the PI4P–PI(4,5)P2–PS metabolic axis was further reported. A recent yeast study (Nishimura et al., 2019) showed that an osh-mediated lipid exchange mechanism generates a local domain containing unsaturated PS and sterol that promotes the localization and activation of PIPK, leading to PI(4,5)P2 production. This study further points to the functional relationship between PI4P/PS exchange and PI(4,5)P2 regulation. Additionally, a relationship between PS metabolism and MCS formation was also reported (Sohn et al., 2016) in studies of PSS1 (Kuge et al., 1991) and PSS2 (Kuge et al., 1997), the two PS synthases whose genetic mutation leads to Lenz–Majewski syndrome (Lenz and Majewski, 1974). The ER-localized enzyme PSS1 or PSS2 catalyzes PS production using PC or phosphatidylethanolamine (PE), respectively, as a substrate. Their enzyme activity was shown to be inhibited by the end product PS, and the mutation responsible for this feedback inhibition, which caused Lenz–Majewski syndrome, leads to PS accumulation in the ER (Sousa et al., 2014). Inhibition of PI4K3α by the specific inhibitor A1 decreases the PM PI4P levels, and this results in the inhibition of PS synthesis by approximately 50%. This is likely a homeostatic regulation because PS synthesis needs to be slowed down in a situation where PI4P-driven PS transport is slow. In fact, expression of the PSS1 disease mutant, which reflects a disease condition where PS accumulated at the ER, led to a reduction of ORP8 membrane association as well as a decrease in PM PI4P levels (Sohn et al., 2016). Collectively, PI4P-driven lipid countertransport mediated by ORP5 and ORP8 is tightly coupled to homeostasis of lipids such as PI4P, PI(4,5)P2, and PS at the PM and the ER (Balla et al., 2019, 2020; Pemberton et al., 2020a; Santos et al., 2020) (Figure 5).



ORP3

ORP3 is categorized in group III, together with ORP6 and ORP7 (Figure 2). ORP3 contains a typical cytosolic ORP family domain architecture, such as a PH domain, FFAT-motif, and ORD. ORP3 is basically cytosolic at steady state, but translocates to the ER–PM MCSs upon PKC activation and Ca2+ influx (Weber-Boyvat et al., 2015a; Gulyás et al., 2020). ORP3 associates with the ER via FFAT motif-mediated binding to VAP, and it appears to be phosphorylation dependent (Lehto et al., 2005; Weber-Boyvat et al., 2015a). The PM association of ORP3 is mediated by its PH domain that recognizes PI4P and PI(4,5)P2 (Gulyás et al., 2020). Such phosphorylation-dependent binding of ORP3 to VAP and the PM might imply that phosphorylation may induce a conformational change that unmasks the PH domain and FFAT-motif. Colocalization of ORP3 with ORP6 or ORP8 at the ER–PM MCSs has been reported (Weber-Boyvat et al., 2015a; Mochizuki et al., 2018). ORP3-mediated ER–PM MCS formation has been linked to cellular processes such as Ca2+ regulation, adhesion, and migration (Machaca, 2020). A recent study (D’Souza et al., 2020) provided a mechanistic insight into how ORP3 controls focal adhesion dynamics. Those studies indicate the following scenario. Store-operated Ca2+entry (SOCE) by STIM1-Orai1 axis activates PKC and then induces the ORP3 translocation to the ER–PM MCSs where STIM1 and Orai1 also localize. This ORP3 translocation occurs around the focal adhesion where ORP3 recruits the guanin exchange factor IQSec1 that activates Arf5, thereby promoting the disassembly of focal adhesion at the rear front of the cell. How ORP3-mediated lipid transport/countertransport is involved in those processes, however, is still unclear. This is because the ligand(s) of the ORD have not been firmly identified. However, an imaging study showing a strong reduction of PI4P, but not of PI(4,5)P2, PI(3,4,5)P3, or PS, at the PM after acute recruitment of ORP3 to the ER–PM MCS, suggests PI4P as a ligand of the ORP3 ORD (Gulyás et al., 2020). Other cargo-ligand(s) could be PC or cholesterol (D’Souza et al., 2020; Gulyás et al., 2020). However, whether ORP3 is indeed an exchanger of those candidate ligands has not been clearly demonstrated and, thus, needs further investigation.



ORP6

ORP6 is another member in group III (Figure 2). Like ORP3, ORP6 also shows a typical domain architecture such as N-terminal PH domain, FFAT-motif, and ORD. Mochizuki et al. (2018) demonstrated that ORP6 colocalized with ORP3 or extended synaptotagmins (E-Syts), but not with ORP5, at the ER–PM MCSs in neuronal cells such as Neuro2A or primary cerebellar granule cells. The ORP6 PH domain binds PI4P, PI(4,5)P2, and phosphatidic acid (PA) in a membrane lipid strip assay. ORP6 knockdown led to an increase in PM PI4P detected by the OSBP PH domain probe, suggesting that ORP6 contributes to the PI4P turnover at the PM. However, whether ORP6 mediates transport or countertransport of lipids is still unclear, as well as its contribution to cell physiology.



Endoplasmic Reticulum–Golgi Membrane Contact Sites


OSBP

OSBP is the founding member of the ORP family (Raychaudhuri and Prinz, 2010) (Figure 2). The domain architecture is PH domain, FFAT-motif, and ORD, the typical ORP family domain structure. OSBP represents both a cytosolic pool and membrane-bound status. Initially, OSBP was shown to associate with the Golgi including the TGN, but also with endosomes or lysosomes in later studies. The membrane targeting of OSBP is mediated by PH domain as is the case for other ORPs. According to an in vitro liposome-binding assay, the OSBP PH binds PI4P and PI(4,5)P2 (Rameh et al., 1997; Levine and Munro, 1998). However, a study using yeast as a model (Levine and Munro, 2002) showed the OSBP PH domain localizes in the Golgi, and this Golgi localization was abolished upon deletion of the PI4-kinase pik1 (the yeast ortholog of mammalian PI4K3β that synthesizes PI4P at the Golgi). The deletion of the PIP-kinase mss4 [the yeast ortholog of mammalian PIPKs that generates PI(4,5)P2], however, did not abolish the Golgi localization of the OSBP PH domain, indicating that PI4P is the key to Golgi localization in situ. Furthermore, the OSBP PH domain also interacted with the GTP-bound form of Arf1, the small GTPase that controls membrane association of Golgi proteins (Levine and Munro, 2002). Arf1 also controls recruitment to the Golgi of PI4K3β, the PI4K responsible for the synthesis of a pool of PI4P at this organelle (Godi et al., 1999). PI4K2α, another PI4K that synthesizes PI4P at endosomes and the TGN (Wang et al., 2003), is also shown to provide a pool of PI4P at the TGN for OSBP recruitment (Mesmin et al., 2017). Thus, the OSBP PH domain recognizes both PI4P and GTP-Arf1. This coincident detection mechanism ensures the targeting of OSBP to the Golgi, and thus, OSBP localizes at ER–Golgi MCSs with the FFAT motif captured by VAP at the ER.

The OSBP ORD has been demonstrated to exchange PI4P and cholesterol between the ER and Golgi (Mesmin et al., 2013). This idea, basically, came from a study by de Saint-Jean et al. (2011) using osh4 as a model. Extraction of fluorescent ergosterol DHE by Osh4p, which was previously shown to bind sterol in its ORD, was inhibited by PI4P, but not by many other lipids tested. This was due to the surprising ability of the osh4 ORD to solubilize PI4P by itself. In fact, crystal structural analysis clearly revealed that osh4 specifically harbors PI4P or cholesterol in its ORD. The acyl chain of PI4P is inserted deep inside the pocket, and the head group of PI4P is positioned near the entrance that contains the conserved sequence containing tandem histidines. Additionally, a series of elegant in vitro lipid transport experiments demonstrated that osh4 exchanges sterol with PI4P between liposomes (de Saint-Jean et al., 2011).

The study above led to the discovery of OSBP function at ER–Golgi MCSs. Mesmin et al. (2013) demonstrated that OSBP exchanges cholesterol and PI4P at ER–Golgi MCSs. Mechanistically, OSBP extracts PI4P from the Golgi membranes and transfers it to the ER, and this PI4P flow along its gradient ensures the back transfer of cholesterol against the gradient by OSBP (Figure 3). Functionally, OSBP has been estimated to mediate one-third to two-thirds of cholesterol transport by consuming approximately half of the total cellular PI4P, according to an acute pharmacological inhibition study (Mesmin et al., 2017) using the chemical OSW-1 (Burgett et al., 2011). Such inhibition of OSBP led to a roughly fourfold increase in PI4P levels at the TGN and a roughly twofold increase in whole cells. A recent study using a different inhibitor also reported a similar effect (Péresse et al., 2020). These data suggest the physiological contribution of OSBP in the regulation of PI4P and cholesterol at the TGN. However, another study demonstrated no major impact on PI4P levels at the TGN by OSBP knockdown or addition of 25-hydroxycholesterol (Goto et al., 2016). Chronic inhibition by knockdown (in contrast to acute inhibition) as well as a cell type difference might be the reasons for the apparently different results. Regarding the 25-hydroxycholesterol, no inhibitory (but even a slight stimulatory) effect on the OSBP-mediated PI4P transport between liposomes has been demonstrated (Mesmin et al., 2017). This could be a possible explanation for the very minor effect of this lipid on the PI4P levels in the TGN. Collectively, OSBP regulates PI4P levels at the TGN.



ORP4

ORP4 belongs to group I, together with OSBP (Figure 2). ORP4 has a PH domain, FFAT motif, and ORD, and there is a short isoform containing only an ORD. ORP4 has been detected in the brain, kidneys, heart, skeletal muscles, and spleen by Northern blot analysis of human tissues (Wang et al., 2002), as well as in the brain and testis by Western blot analysis of mouse tissues (Udagawa et al., 2014). The PH domain bound to PI4P in a membrane lipid strip assay, as well as in a liposome-binding assay (Charman et al., 2014). In CHO cells, the PH domain of ORP4 weakly associated with the Golgi. The purified protein containing the ORP4 ORD binds 25-hydroxycholesterol to extract and transfer cholesterol between liposomes (Charman et al., 2014). ORP4 was shown to interact with OSBP and localizes to the Golgi in an OSBP-dependent manner, suggesting that ORP4 functions at the ER–Golgi MCSs with OSBP (Wyles et al., 2007; Pietrangelo and Ridgway, 2018). However, whether ORP4 mediates transport or countertransport of PI4P and/or cholesterol is unknown. ORP4 has been implicated in several cancers, including leukemia, as a signaling regulator; however, its role as an LTP in MCSs is unclear (Fournier et al., 1999; Silva et al., 2001; Henriques Silva et al., 2003; Zhong et al., 2016).



ORP9

ORP9 is the sole member in group V (Figure 2). The domain structure of the full-length long form is a typical one containing a PH domain, FFAT motif, and ORD. The short isoform lacking the PH domain has also been reported. The ORP9 PH domain binds mono-phosphorylated phosphoinositides according to a lipid membrane overlay assay and cosediments with liposomes containing PI4P (Ngo and Ridgway, 2009). Purified full-length ORP9 proteins extract cholesterol and PI4P, but not oxysterol or PS, from liposomes in vitro and transfer cholesterol between liposomes (Ngo and Ridgway, 2009; Liu and Ridgway, 2014). This cholesterol transfer activity is enhanced if the donor liposomes also contain PI4P, and this enhancement is dependent on its PH domain, suggesting that such enhancement is due to the efficient targeting of purified ORP9 proteins to the donor liposomes by PH domain (Ngo and Ridgway, 2009). Whether ORP9 exchanges PI4P and cholesterol is still unknown. ORP9 localizes partially at the TGN and does not colocalize with PI4K3β. ORP9 knockdown in HeLa cells did not alter the PI4P levels in the TGN, as assessed by immunofluorescence staining with anti-PI4P antibody (Liu and Ridgway, 2014). A recent study demonstrated a role of ORP9 in the integrity of ER–TGN MCSs as its depletion in addition to simultaneous depletion of OSBP affects the formation of ER–TGN MCSs assessed by FLIM (fluorescence lifetime imaging) (Venditti et al., 2019b).



ORP10

ORP10 is a member of group VI, and it has a PH domain and an ORD, but lacks a FFAT motif (Figure 2). ORP10 is reported to localize at the Golgi via its PH domain. The ORD of ORP10 has been shown to extract PS from liposomes (Maeda et al., 2013). Venditti et al. (2019b) demonstrated that ORP10 localized at the MCSs between the ER and TGN. ORP10 depletion in HeLa cells affects the integrity of ER–TGN MCSs and leads to reduced PS levels in the Golgi, suggesting its role as a PS transporter. The residues involved in binding to PI4P and PS in the ORP5/8 ORD are well conserved in ORP10, and mutations in these residues were shown to abolish the ability to rescue the integrity of the MCSs in ORP10-deficient cells. These results suggest that ORP10 might be a lipid exchanger. However, a lipid exchange function of ORP10 has not been demonstrated.



Endoplasmic Reticulum–Endosome/Lysosome/Autophagosome/Phagosome Membrane Contact Sites


OSBP

OSBP has been reported to localize at MCSs other than the Golgi. Dong et al. (2016) demonstrated the function of OSBP at ER–endosome MCSs. OSBP knockdown as well as VAPA/VAPB deletion leads to endosomal PI4P accumulation and then actin reorganization such as the loss of stress fibers and WASH-dependent actin comet formation. OSBP-mediated transport of PI4P from endosomes to the ER contributes to the negative regulation of PI4P at endosomes. Sobajima et al. (2018) showed the function of OSBP at the MCSs between endosomes and the TGN, but not the ER. OSBP interacts with RELCH, a novel Rab11-GTP effector, and tethers recycling endosomes to the TGN by the OSBP–RELCH-Rab11 complex. This complex meditates the transfer of cholesterol from recycling endosomes to the TGN (Sobajima et al., 2018). Another study (Lim et al., 2019) also indicates the role of OSBP-mediated cholesterol transport at ER–lysosome MCSs. OSBP was found to supply cholesterol to lysosomes via ER–lysosome MCSs. This pool of cholesterol in the limiting membrane of lysosomes triggers the activation of mTORC1, the master regulator of growth, via Rag GTPases as well as the amino acid permease SLC38A9 (Castellano et al., 2017). In fact, OSBP inhibition by the chemical inhibitor OSW1 or shRNA-mediated knockdown reduced cholesterol accumulation on the lysosomal-limiting membranes in cells lacking Niemann Pick C type 1 (NPC1), thereby suppressing the hyperactivation of mTORC1 (Lim et al., 2019). The studies described above all indicate an important role of OSBP as a transporter, but not as a bona fide exchanger, of lipid ligands at several MCSs. Despite the fact that OSBP is an exchanger of PI4P and cholesterol at the ER and Golgi, whether and how such exchange activity of OSBP support those functions at the MCSs other than Golgi is currently unclear.



ORP5

ORP5 has been suggested to functionally contribute to the cholesterol transport from late endosomes/lysosomes to the ER (Du et al., 2011). Purified ORP5 ORD mediates transfer of DHE between liposomes, and this activity is partially inhibited by PI4P, but not by PI3P, PI5P, or PI(4,5)P2, suggesting a possibility of ORP5 as a cholesterol transporter. Transiently expressed full-length ORP5 or its ORD was co-immunoprecipitated with either exogenously expressed or endogenous NPC1. Their association might be direct or indirect. Knockdown of ORP5, but not of ORP8, resulted in accumulation of cholesterol in the limiting membrane of late endosomes/lysosomes and impairment of cholesterol transfer from those organelles to the ER (evaluated by ACAT-mediated cholesterol esterification at the ER). The authors suggest that ORP5 may function with NPC1 as a cholesterol transporter via MCSs between the ER and lysosomes, although such MCS formation has not been demonstrated to date.



ORP1

ORP1, which belongs to group II together with ORP2, exists in long (L) and short (S) forms (Figure 2). ORP1L contains ankyrin repeats in addition to other typical domains for ORPs such as a PH domain, FFAT-motif, and ORD. ORP1S encodes only an ORD but lacks other domains. Purified PH domain of ORP1L binds weakly PI(3,4)P2, PI(3,5)P2, and PI(3,4,5)P3 in liposome-binding assay (Johansson et al., 2005). ORP1L binds Rab7 via ankyrin repeats (Johansson et al., 2005) as well as VAP via FFAT motif and, hence, localizes at the MCSs between the ER and late endosomes/lysosomes or autophagosomes. The ORP1 ORD binds oxysterol, cholesterol, and PI4P (Vihervaara et al., 2011; Zhao and Ridgway, 2017; Zhao et al., 2020). Dong et al. (2019) reported that the ORD binds all of the phosphoinositides with a similar extent compared with DHE but does not bind PS. Lipid transfer activity of the ORP1 ORD has also been demonstrated (see below). However, its exchange activity has not been reported to date.



Cholesterol Transport by ORP1

Dong et al. (2019) reported that the purified ORP1 ORD protein transports cholesterol or DHE between liposomes in vitro, and its transfer activity is enhanced in the presence of PI(3,4)P2 or PI(4,5)P2 in the acceptor liposomes. However, the backward transfer of those phosphoinositides was not detected. Another study by Zhao and Ridgway (2017) reported that extraction of cholesterol from liposomes by purified full-length ORP1 protein was inhibited by the addition of PI4P, but not other phosphoinositides including PI(4,5)P2, to the liposomes. Consistent with this result, ORP1 protein extracts isotope-labeled PI4P from liposomes. Thus, these in vitro studies suggest that the ORP1 ORD is able to transport cholesterol, but may not transport phosphoinositides. In the cellular extent, ORP1L has been shown to mediate transport of cholesterol or PI4P (see below) at late endosome–ER MCSs. In the absence of exogenous low-density lipoprotein (LDL), which can be a source of late endosomal cholesterol via endocytosis, ORP1L mediates cholesterol transport to late endosomes from the ER, the site of its synthesis (Eden et al., 2016). This cholesterol transport can be driven by countertransport of PI4P in theory, but such countertransport has not yet been reported. Other studies also support the cholesterol transport, but its direction is opposite. Zhao and Ridgway (2017) demonstrated that accumulation of cholesterol in late endosomes in ORP1L-deficient HeLa cells was rescued by expression of wild-type, but not of mutants lacking the ORD or FFAT motif, suggesting that ORP1L mediates transfer of LDL-derived cholesterol from late endosomes to the ER along its concentration gradient. This ORP1L-mediated cholesterol transfer requires NPC1, which delivers LDL-cholesterol to the limiting membranes of late endosomes. Surprisingly, the mutant ORP1L, which is unable to bind PI4P due to disruption of the conserved PI4P-binding histidine residues in its ORD, did not rescue the cholesterol accumulation phenotype. This implies possible involvement of PI4P in the cholesterol transport, although it is difficult to reconcile at this moment how PI4P contributes to this cholesterol regulation. Dong et al. (2019) also supported the idea that ORP1L mediates cholesterol transport from late endosomes to the ER. Consistent with their in vitro data showing that the cholesterol transport activity of ORP1L is enhanced by PI(3,4)P2 or PI(4,5)P2, inhibition of PI(3,4)P2 synthesis by PI3KC2β on late endosomes (Marat et al., 2017) phenocopies the cholesterol transport defect. Collectively, ORP1L functions as a cholesterol transporter with or without the help of phosphoinositides, but its transport might be bi-directional between the ER and late endosomes/lysosomes depending on the cholesterol concentration.



Phosphatidylinositol 4-Phosphate Transport by ORP1

PI4P transport by ORP1L has been demonstrated at the MCSs between the ER and phagosomes. Phagosomes are endocytic organelles that engulf extracellular materials including microorganisms and apoptotic cells, and eventually fuse with lysosomes that degrade them. It has recently been demonstrated that ORP1L localizes at the MCSs between the ER and phagolysosomes, the mature phagosomes, where it mediates transport of PI4P from phagolysosomes to the ER (Levin-Konigsberg et al., 2019). The disappearance of PI4P from phagolysosomes, evaluated by live imaging, was delayed in ORP1L KO RAW 264.7 cells, and this delay was rescued by reexpression of wild-type ORP1L but not of the PI4P-binding mutant or the FFAT motif mutant. This ORP1L-mediated PI4P transport contributes to the segregation and concentration of this lipid into a domain that recruits the SKIP–ARL8B–kinesin complex (via PI4P binding of SKIP PH domain) leading to tubulation and fission of PI4P-positive membranes of phagolysosomes. Given that membrane-associated free cholesterol increases with phagosome maturation (Rai et al., 2016), such ORP1L-mediated PI4P transport to the ER might be coupled to back-transfer of cholesterol to the phagolysosomes. This interesting possibility needs further investigation.



Cholesterol Sensing by ORP1

ORP1L has been shown to control dynamics of late endosomes/lysosomes as a cholesterol sensor. Rab7 is a small GTPase that localizes at those organelles and controls a variety of their functions including subcellular positioning (Zerial and McBride, 2001; Cabukusta and Neefjes, 2018). ORP1L localizes at late endosomes/lysosomes via its PH domain and binding to Rab7 as an effector. Rab7 also recruits another effector RILP (Cantalupo et al., 2001; Jordens et al., 2001), which is the adaptor protein connecting Rab7 to the dynein–dynactin motor complex by binding to the light intermediate chain of dynein (Schroeder et al., 2014) and p150Glued subunit of dynactin (Johansson et al., 2007). Interaction of Rab7–ORP1L–RILP to the dynein–dynactin motor complex, thus, determines the positioning of late endosomes/lysosomes, but this interaction is controlled by ORP1L-mediated cholesterol sensing. When the cholesterol levels are high in the limiting membrane of late endosomes, ORP1L accommodates cholesterol, leading to a conformation that does not allow it to bind VAP and, thus, to form MCSs with the ER. This, in turn, allows RILP to interact with the dynein–dynactin complex, and then late endosomes/lysosomes are clustered at the perinuclear area due to minus end-directed movement on microtubules. In a condition where cholesterol levels are low in late endosomes/lysosomes, ORP1L does not bind cholesterol in its ORD, leading to a conformational change in ORP1L so that it binds to VAP through the FFAT motif and forms MCSs with the ER. Then RILP no longer binds the dynein–dynactin complex, thereby leading to more scattered peripheral localization of late endosomes (Rocha et al., 2009). Thus, ORP1L controls late endosome/lysosome positioning depending on cholesterol levels via connecting or disconnecting those organelles to microtubules via promoting or inhibiting the binding capacity of RILP to the dynein–dynactin motor complex. Similar regulation was also reported for autophagosomes (Wijdeven et al., 2016). How lipid transport or countertransport activity of ORP1L contributes to such positioning control of late endosomes/lysosomes is still unclear.



ORP3

ORP3 has been reported to localize at the MCSs between late endosomes and the nuclear envelope (NE), whose outer membrane is continuous with the ER membrane. Extracellular vesicles such as exosomes or microvesicles are taken up via endocytosis by recipient cells, and their contents (e.g., nucleic acids, proteins, or lipids) are then delivered into the cytosol or other compartments (Raposo and Stoorvogel, 2013; van Niel et al., 2018). However, the underlying mechanism of the delivery of EV components is not completely understood (Mathieu et al., 2019). Rappa et al. (2017) demonstrated that EV components are transported along the endocytic pathway to a subset of Rab7-positive late endosomes, which are located in the nucleoplasmic reticulum in a deep nuclear envelope invagination. A subsequent study by the same group showed that such late endosomes contact the outer nuclear membranes in nuclear envelope invagination through tethering by ORP3 and VAPA. Functional ablation of ORP3 or VAPA (but not VAPB) leads to malformation of NE-late endosome MCSs in the nucleoplasmic reticulum and inhibits the transport of EV components such as CD9 or nucleic acids into the nucleoplasm, suggesting that ORP3-mediated MCSs contribute to delivering EV contents to the nucleus (Santos et al., 2018). Given that the nucleoplasmic reticulum is involved in Ca2+ regulation (Echevarría et al., 2003), the localization and function of ORP3 at the NE-late endosome MCSs may also be coupled to Ca2+ regulation, as shown at the ER–PM MCSs (Weber-Boyvat et al., 2015a; D’Souza et al., 2020; Gulyás et al., 2020). However, the targeting mechanism and lipid transport function of ORP3 in moving EV components into the nucleus remains unknown.



Endoplasmic Reticulum–Lipid Droplet Membrane Contact Sites


ORP2

ORP2 is a member of group II (Figure 2). It has an FFAT motif and ORD, but lacks a PH domain. The ORP2 ORD binds oxysterol, cholesterol, and phosphoinositides such as PI4P, PI(4,5)P2, PI(3,5)P2, and PI(3,4,5)P3 in vitro (Xu et al., 2001; Hynynen et al., 2005, 2009; Suchanek et al., 2007). ORP2 has been suggested to function at the lipid droplets (LDs). ORP2 localizes to the surface of LDs or MCSs between the ER and LDs. Loss of function studies suggest that ORP2 may control triacylglycerol metabolism as well as lipolysis in LDs (Weber-Boyvat et al., 2015b). How ORP2 targets the LDs, however, is unclear. A recent study showed the association of ORP2 with the COPI machinery, which has been demonstrated to transport proteins to the LDs (Soni et al., 2009; Wilfling et al., 2014). ORP2 might utilize COPI to target LDs. Whether and how ORP2 exerts its function as a lipid transporter/exchanger is also unknown.



ORP5

ORP5, but not ORP8, is shown to localize and function at the ER–LD MCSs. ORP5 localizes LDs upon oleate loading, and its localization is mediated by ORD. Mutations in the lipid binding residues of ORP5 ORD abolished its localization, suggesting that PI4P/PS transport activity is required for the LD targeting. ORP5 knockdown increased the size of LDs, although no morphological change was reported in the previous study by the same group (Du et al., 2011). ORP5 knockdown also leads to an increase in PI4P and a decrease in PS on the LD surface. PI4K2α, but not other PI4Ks, was responsible for the generation of a pool of PI4P on LDs in ORP5 KD cells. ORP5 has been proposed to control the function of LDs via PI4P/PS countertransport, which is similar to that at the ER–PM MCSs but is supported by a different kinase, PI4K2α. However, direct evidence of the PI4P/PS exchange at the ER–LD MCSs in situ seems to be rather weak. It is quite interesting to find that ORP5 has a pleiotropic function as a PI4P/PS exchanger at multiple MCSs. However, many questions remain elusive. What is the physiological significance of PS transport to LDs? How does PI4K2α, which is a palmitoylated endosomal protein (Balla et al., 2002; Balla and Balla, 2006), contribute to the synthesis of the pool of PI4P on LDs? How is the localization (and hence the MCS formation) of ORP5, which does not require its PH domain, precisely controlled? Answering those questions may advance our understanding of ORP5 functions as well as novel aspects of LD biology.



Endoplasmic Reticulum–Mitochondria Membrane Contact Sites


ORP5/8

ORP5 as well as ORP8 seem to have pleiotropic functions at multiple MCSs. ORP5 and ORP8 have been shown to localize at the ER–mitochondria MCSs (Galmes et al., 2016). Immunofluorescence staining and immunogold electron microscopy revealed the localization of both ORP5 and ORP8 at the MCSs between the ER and mitochondria in HeLa cells. Fractionation experiments showing the enrichment of ORP5 and ORP8 in mitochondria−associated ER membranes (MAMs) also support their localization at the ER–mitochondria MCSs. Localization of ORP5/8 to the ER–mitochondria MCSs does not require their PH domain but, instead, requires their novel binding partner, protein tyrosine phosphatase-interacting protein-51 (PTPIP51). PTPIP51 is the mitochondrial outer membrane protein that localized at the ER–mitochondria MCSs via interaction with VAPB and is involved in Ca2+ regulation at the mitochondria (Stoica et al., 2014). The ORD of ORP5 and ORP8 interacts with PTPIP51, and this interaction is required for their localization to the MCSs. Interestingly, though, the ORD mutant that abolishes PS binding cannot localize at the MCSs due to loss of binding to PTPIP51. Given that PS is transported to mitochondria to be converted to PE, ORP5/8 may contribute to PS transport to this organelle for PE synthesis. However, whether ORP5 and ORP8 mediate countertransport of PI4P and PS has not been confirmed. Nevertheless, the presence of PI, the precursor of PI4P, in the mitochondrial membrane was reported (Pemberton et al., 2020b; Zewe et al., 2020). Furthermore, the presence of PI4P-containing vesicles at the ER–mitochondria MCSs was also recently reported, although this pool of PI4P was provided via vesicular transport from the TGN after synthesis by PI4K3β (Nagashima et al., 2020). These observations suggest an interesting possibility of a direct involvement of PI4P in PS transport to mitochondria mediated by ORP5 and ORP8. These important aspects of whether and how ORP5/8 and PI4P contribute to such a process need further investigations.



DISCUSSION

In eukaryotes, more than 1,000 species of lipid molecules are coordinated to support fundamental cellular activities. In order to be fully functional, each lipid must be correctly positioned at the right place at the right time. Non-vesicular lipid transport by LTPs, including ORPs, controls such spatiotemporal positioning of lipids in cells (Holthuis and Menon, 2014). LTPs transfer their own set of lipid ligands between cellular membranes. ORPs, originally identified as oxysterol-binding proteins, have now been characterized as sensors or transporters of multiple lipids at MCSs. Biochemical studies as well as structural analysis have demonstrated that ORPs have a multiple-ligand repertoire including not only cholesterol but also phospholipids such as phosphoinositides, PS, and/or PC. Moreover, ORPs widely localized at multiple MCSs in cells to mediate transport of their own different lipid ligands, suggesting a functional diversity of ORPs to handle numerous cellular processes.

A unique functional property of ORPs is the lipid countertransport function at MCSs. Several, but not all, ORPs have been shown to exchange two different lipids: PI4P as a common driver-ligand and another lipid as a cargo-ligand. In the case of ORP5/8, they form ER–PM MCSs where PI4P and PI(4,5)P2 are enriched, and transport PI4P along its concentration gradient to the ER where PI4P is dephosphorylated by the PI4P phosphatase Sac1 (Chung et al., 2015b; Ghai et al., 2017; Sohn et al., 2018). This PM-to-ER flow of PI4P ensures the ER-to-PM counter-directional transport of the cargo-ligand PS against its concentration gradient. PI4K3α and Sac1 generate a concentration gradient of PI4P, the driver of this lipid countertransport, while ORP5/8 are the operators of lipid exchange at MCSs.

Although a better understanding of the role of ORPs as lipid transporters/exchangers at MCSs is emerging, many questions arise and remain unanswered. First, we do not know whether all ORPs act as lipid exchangers. As described above, some ORPs function as lipid exchangers in a PI4P-dependent manner. Considering that PI4P is distributed at cellular membranes such as the PM, Golgi, endosomes, and lysosomes (Hammond et al., 2014) (Figure 1), PI4P-driven lipid countertransport would be widely operated by ORPs at MCSs between those PI4P-containing membranes and the ER. In fact, structural analysis has suggested that PI4P might be the common ligand of ORPs (Tong et al., 2013; Antonny et al., 2018). Nevertheless, some ORPs have shown no lipid exchange activity and behave as transporters or sensors of lipids, suggesting that all ORPs may not necessarily be an exchanger. Second, the dynamic nature of ORPs at MCSs need to be understood. From a metabolic standpoint, cellular lipids must be under tight control in their quantity, quality, and distribution in response to changes in cellular status. How do ORPs dynamically change their localization at MCSs? How is their lipid transport/countertransport activity regulated? Such questions, especially in the context of cellular lipid homeostasis, would be important issues. Third, technical and methodological advancement will greatly help our understanding of the role of ORPs. Detection or analysis of lipids at organellar levels by imaging techniques will continue to provide useful information. Manipulation of lipids as well as ORP proteins in cells by chemical biology or some other genetic techniques will also give us novel insights. Last but not the least, the physiological significance of ORP-mediated lipid transport/countertransport in the regulation of lipid metabolism as well as some other processes must be further investigated. In particular, how such lipid countertransport at MCSs directly regulates specific cellular functions other than lipid metabolism remains elusive. In addition, the physiological role of ORPs at tissue or animal levels is largely unknown. The physiological importance of the intracellular lipid transport/countertransport by LTPs is underscored by human diseases caused by defects in such regulation. As the connection between malfunctions of intracellular lipid transport and various human diseases becomes progressively evident, a comprehensive understanding of the role of intracellular lipid transport is increasingly important.
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Kv2 channels
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Oxysterol-binding
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(ORPSs)

Steroidogenic
acute regulatory
protein-related lipid
transfer (StARt)

Structure

Evolutionary
conserved eight
TMDs and
C-terminal stretch
of basic amino
acids

N-terminal MSP
domain, a
coiled-coil domain
and a C-terminal
TMD

Eight N-terminal
MORN motifs with
C-terminal TMD sits
and alpha helix
between them
SMP-domain-
containing tethers
with N-terminal
TMD and three to
five C2 domains

N-terminal Longin
domain, SNARE
domain and a
C-terminal TMD

C-terminus with
proximal restriction
and clustering
(PRC) domain

Anchored to the ER
membrane via an
N-terminal
transmembrane
span, followed by
the SMP domain, a
C2 domain, and
C-terminal region
(CTR)

FFAT motif or
C-terminal TMD
and
membrane-binding
domains such as
PH domain

210 conserved
amino acid
sequence, folding
into an a/p
helix-grip structure
with hydrophobic
binding pocket

Cell type

Yeast — Mammal

Yeast and plant

Mammal — Muscle
(skeletal and cardiac) +
Pyramidal neurons

Yeast, and mammal

Yeast and mammal

Mammal (Brain), plants

Mammal- neuronal
property i.e., pancreatic
p-cells, fibroblasts

Yeast — Mammal

Yeast — Mammal

Organelle

Cortical ER

ER-mediated contact
sites including with the
PM, Golgi, and
mitochondria

ER residents

ER residents

ER-localised

PM -localised

ER-localised

Anchored to PM
tethering to ER

Anchored to ER,
tethering to PM

Binding pattern

Contacts PM via highly
basic COOH terminus

Binds via MSP domain
to a FFAT motif located
on the binding partner

Binds PM via MORN
domains

Ca?* dependent
dynamic tether. E-Syt1
binds at low Ca?*
concentrations via C2E
E-Syts2/3 bind
PI(4,5)P2 at the PM via
the C2C domain
Hypothesized to recruit
E-Syt via its Longin
domain, involved in
non-fusogenic
Sec22b-Stx1 complex.
Clusters opposite to
astrocytic processes,
mediating intercellular
communication with
non-neuronal cells, in
addition to regulating
synaptic firing

Binding to the PM in a
Ca?*t-dependent
manner

Binding to the ER
transmembrane protein
via the FFAT motif

Bridging is enabled
through phospholipid —
GRAM domain and
shuttle sterols present
through START-like
domain

Interactions

IP3R1, Osh6,
Munc18-1

Osh, Nir2, Kv2

PIPs — Pl4P and PIP;

Sec22b-Stx1; SNAP25

Stx1/3, SNAP-25,
E-Syt

Ryanodine receptor,
VAPs, Stx1, SNAP-25

VAPs and Kv2 channels

VAP, Scs2p, Sec9p

Binds with Cholesterol
and interacts with VAP
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PTP1B

ORP3
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TMEM24
Nir2

Nir3
GRAMD1s

Proteins

Yeast

Ses2p
Ses22p

Teb1
Teb2
Teb3
Ist2p

Sec22p-Ssotp

Osh2p
Osh3p
Oshép
Osh7p

Plants

VAP27-1 to-10

SYT1

ORPs

Locations

ER

PM

ER

ER

ER-PM

ER-PM

PM

ER

PM

ER
ER

ER

ER
ER

ER

Comments

VAPs are ER membrane proteins that dynamically tether the PM through its
binding partners.

The clustered Kv2 channels reshape the ER-PM connections by the
interaction with VAPs

The C2 domains play essential roles in the tethering function of E-Syt
protein family. E-Syt1 bidirectionally transfers phospholipids and DAG.
Whether other E-Syt proteins directly transfer lipids remain unknown

The interaction of Ist2p with PI(4,5)P2 brings the ER and the PM closer to
15-50nm. Whether TMEM16 has similar functions remains unknown

The two proteins form a non-fusogenic SNARE bridge between the
opposed membranes

In SOCE, STIM1 senses the Ca?* level and acts as a switch for Oraif to
import external Ca?*. The mechanism and physiological function of
STIM1-Orai1 needs a further study

RASSF4 s a reguiator of PI(4,5)P2 homeostasis that further regulates SOCE
TMEM110 is a STIM-activating enhancer

AC3 and AG8 interact with STIM1 and Orait separately to produce cAMP
Sact dephosphorylates PI4)P to regulate phosphoinositide metabolism

PTP1B dephosphorylates its substrates on the PM, and plays roles in
glucose metabolism, and other physiological processes.

‘ORPs located at ER-PM contact sites mediate the exchange of
PI4)P/PI(4,5)P2 with PS, their individual mechanism needs to be further
studied. The functions of ORPs in plants are still not clear

"TMEM24 transfers Pl from the ER to the PM
Nir2 and Nir3 exchange Pl and PA between the ER and the PM

GRAMD1s contribute to PM sterol homeostasis
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ORPs Lipid transfer activity in vitro A Localization at ER MCS (lipids transferred References
or exchanged)®
OSBP Pl4P/DHE ER-Golgi (P14P/Sterol), ER-endosome (P14P), Mesmin et al. (2013, 2017), Dong et al. (2016), Goto
ER-LE/Ly (Pl4P/Cholesterol) et al. (2016), Lim et al. (2019)
ORP1 DHE ER-LE/Ly (Cholesterol), ER-phagosome (PI4P) Eden et al. (2016), Zhao and Ridgway (2017), Dong
et al. (2019), Levin-Konigsberg et al. (2019)
ORP2 Pl(4,5)P,/DHE ER-LD Weber-Boyvat et al. (2015b)
ORP3 ? ER-PM (PI4P) Weber-Boyvat et al. (2015a), D’Souza et al. (2020),
Gulyés et al. (2020)
ORP4 Cholesterol ER-Golgi Wyles et al. (2007), Charman et al. (2014), Pietrangelo
and Ridgway (2018)
ORP5 PI4P/PS, PI(4,5)P,/PS, DHE ER-PM (PH4P/PS), ER-PM (PI(4, 5)P2/PS), Chung et al. (2015b), Galmes et al. (2016), Ghai et al.
ER-LD (PI4P/PS), ER-Mito (2017), Sohn et al. (2018)
ORP6 ? ER-PM (P14P) Mochizuki et al. (2018)
ORP7 ? ?
ORP8 PI4P/PS, PI(4,5)P2/PS ER-PM (PI4P/PS), ER-PM (PI(4,5)P,/PS), Chung et al. (2015b), Galmes et al. (2016), Ghai et al.
ER-Mito (2017), Sohn et al. (2018)
ORP9 Cholesterol ER-Golgi Ngo and Ridgway (2009), Venditti et al. (2019b)
ORP10 ? ER-Golgi (PS) Venditti et al. (2019b)
ORP11 ? ?

ALipids were transported or exchanged between liposomes in vitro. The exchanged lipids are separated by slash (/).

B[ ipids demonstrated to be transported or exchanged in intact cells are shown in parentheses. The exchanged lipids are separated by slash (/).

B[ ipids shown in bold font: transport or exchange of the indicated lipids has been demonstrated in loss-of-function or gain-of-function analysis in an acute manner (e.g.,
acute inhibition or manipulation of ORP proteins).
B[ ipids shown in regular font: transport or exchange of the indicated lipids has been suggested in loss-of-function or gain-of-function analysis in a chronic manner [e.g.,
chronic inhibition (knock-down or knock-out) or overexpression of ORP proteins].

?, Unknown.
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MITOL
(MARCHS)

Mult
(MAPL)

PDZD8

pPS2

Reep1
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RRBP1
SLC25A46

Spire1C
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Tom70

VAPB

VDACH

VDAC2
VPS13A

T™X1
TG2

Localization

Mitochondria (IMM, OMM)

ER

Mitochondria
(OMM), ER

ER

Cytoplasm,
Mitochondria (OMM)

ER

Nucleus, ER

Mitochondria (OMM),
Mitochondria-associated
membrane (MAM)
Mitochondria (OMM)

Mitochondria (OMM), ER
Mitochondria (OMM)

MAM, ER?

ER

Cytoplasm (MAM)
ER
ER

Mitochondria (OMM)

Mitochondria (OMM), ER

Mitochondria (OMM)

MAM, Mitochondria

Mitochondria

ER (partially MAM)

ER

ER, Mitochondria

Mitochondria (OMM)

Mitochondria (OMM)

ER

Mitochondria (OMM)
Mitochondria (OMM)
Mitochondria (OMM)

Mitochondria (OMM)

ER

Mitochondria (OMM)

Mitochondria (OMM)
MAM

ER, MAM (palmitoylated)
Cytoplasm (MAM)

How to assess the roles
in MERCS formation

TEM,
Immunofluorescence,
Ca?* transfer (in
WFS2-patient-derived
cells) (Rouzier et al., 2017)
TEM, Split-GFP, Ca2+
transfer
Immunofluorescence,
Ca?* transfer (in

Mul1 -deficient cells)
(Prudent et al., 2015)

TEM (in yeast)

TEM,
Immunofluorescence,
Ca2*t transfer

TEM, Ca®* transfer
TEM (Wu et &l., 2017)

TEM, Immunofluorescence

Ca2+ transfer
Immunofluorescence
TEM (Bartok et al., 2019)

Ca2*t transfer (De Brito
and Scorrano, 2008)
TEM (Cosson et al., 2012;
Filadi et al., 2015; Naon
et al., 2016)

TEM (in fly) (Xu et al., 2020)

Immunofluorescence,

In vitro ER-mitochondria
binding assay, Ca?*
transfer (Sugiura et al.,
2013)

SBF-SEM (Nagashima
etal., 2019)
Immunofluorescence,
Ca?* transfer (Prudent
et al., 2015)

TEM, Immunofluorescence
in stimulated emission
depletion microscopy
(STED) (Puri et al., 2019)

Serial SEM, Ca®* transfer,

Immunofluorescence,
Ca®* transfer
Split-RLuc8 assay (in
Reep1-overexpressing
cells)

TEM,
Immunofluorescence,
Ca?* transfer (Modi
et al., 2019)

Ca?*t transfer (De vos
etal., 2012)

TEM,
Immunofluorescence
(Stoica et al., 2014)
TEM (Anastasia et al.,
2021)

Immunofluorescence
TEM (in SYNJ2BP-
overexpressing

cells)

SPLICS,
Immunofluorescence,
Ca?* transfer

Ca?* transfer (De vos
et al., 2012)

TEM,
Immunofluorescence
(Stoica et al., 2014)

TEM (Bosc et al., 2020)

TEM (Muhoz-Braceras
et al., 2019)
Immunofluorescence
(Kumar et al., 2018)
SPLICS (Yeshaw et al.,
2019)

TEM, Ca?* transfer
TEM, Proximity ligation
assay,
Immunofluorescence

Interactors

Fis1
GIMAP5S

VDAC2

SLC25A467

FATEA

EMD/Emerin?

BAP31

Unknown

P3R2, Calnexin
(under hypoxia)

CISb2
Mfn1/2 (ubiquitination)

IP3R, VDAC1
Spire1C
Grp75

Mfn2

Mfn2, Mfn1

VAPA, VAPB

Mfn2 (ubiquitination)

Mfn2 (ubiquitination),
Drp1 (SUMOlylation)

Unknown

Mfn2

Unknown

IP3R?

VAPB

SYNJ2BP
EMC component?

INF2
RRBP1

IP3R3

RMDN3

GRP75

CKAP4
VAPA, VAPB

Unknown
GRP75

Other Roles Evolutionary

conservation

Steroidogenesis,
Cholesterol homeostasis,
Cristae structure
maintenance
Proapoptotic

Wolfram syndrome type 2
(WFS2)-related gene

Mitochondrial fission

Conserved from
yeast

Transmembrane helix
insertase

Causal gene of
Emery-Dreifuss muscular
dystrophy

Antiapoptotic

Mitochondrial fission,
Proapoptotic
Antiapoptotic, Mitophagy
Mitophagy, Mitochondrial
fission, Ca2* regulation

E3 ubiquitin ligase,
ER-associated protein
degradation

Actin polymerization
Ca?* transport

Mitochondrial fusion

Mitochondrial fusion

Mitochondrial fusion

E3 ubiquitin ligase

E3 ubiquitin ligase

Resident in ER-late
endosome/lysosome
contacts

Potential
Ortholog
(Paralog) of
MMM1

Causally linked to familial
Alzheimer’s disease (FAD)
Hereditary spastic
paraplegias
(HSPs)-associated gene
Mitochondrial motility
(Microtubule binding)

GEM1 in yeast

Kinesin binding

Phospholipid exchange
Actin nucleation

Negative regulator of
angiogenesis, tumor
growth and metastasis
Translocase of OMM

Resident in
ER-endosome contacts,
ER-golgi contacts and
ER-PM contacts

Ca?* transport
Ca?* transport

Autophagy regulation,
Lipid droplet motility

Posttranslational
modification
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ATADSA, ATPase family AAA domain-containing protein 3A; BAP31, B-cell receptor-associated protein 31; CISD2, CDGSH iron-sulfur domain-containing protein 2;
CKAP4, cytoskeleton-associated protein 4; Drp1, dynamin-related protein 1; EMC, endoplasmic reticulum membrane protein complex; ER, endoplasmic reticulum;
FATET, fetal and adult testis-expressed transcript protein; Fis1, fission protein 1; FKBP8, FK506-binding protein 8; FUNDC1, FUN14 domain-containing protein 1;
GIMAPS, GTPase immunity-associated protein family member 5; GRP75, glucose-regulated protein 75; IMM, inner mitochondrial membrane; INF2, Inverted formin 2;
IP3R, inositol 1,4,5-trisphosphate receptor; MAM, mitochondria-associated membrane; MERCS, mitochondria—endoplasmic reticulum contact site; Mfn2, mitofusin 2;
Miga2, mitoguardin 2; MITOL, Mitochondrial ubiquitin ligase; Mul1, mitochondrial ubiquitin protein ligase 1; Mul1, mitochondrial E3 ubiquitin protein ligase 1; OMM, outer
membrane of mitochondria; PDZD8, PDZ domain-containing protein 8; PM, plasma membrane; PS2, presenilin 2, Reep1, receptor expression-enhancing protein 1;
RHOT1, Ras homolog family member T1; RMDNS3, regulator of microtubule dynamics protein 3; RRBP1, ribosome-binding protein 1; SLC25A46, solute carrier family 25
member 46; SPLICS, split GFP-based contact site sensors; SYNJ2BR, synaptojanin-2-binding protein; TEM, transmission electron microscopy; TG2, transglutaminase
type 2; TMX1, thioredoxin-related transmembrane protein 1; TMX1, transmembrane protein 1; Tom?7, translocase of outer membrane 7; VAPB, VAMP-associated protein
B; VDAC, voltage-dependent anion channel; VPS13A, vacuolar protein sorting-associated protein 13 A.
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Organisms/tissues and cells

Rat/skeletal muscle, L6
Mouse/heart muscle
Monkey/kidney fibroblast cell

Vero cell

Mouse/BAT

Phaeodactylum tricornutum

NIH 3T3 cells

CHO-K1 cell; AML12 cell; HL1 cell
Human/skeletal muscle

Human/BeWo cells

Yellow catfish/hepatocytes
3T3-L1, COS7 cells
Mouse/BAT

Mouse/skeletal muscle, C2C12 cell
Mouse/Hepatocyte

CHO Cell, 3T3-L1 fibroblasts
Vero cell

MEF

Dog/muscle cell (triceps)
Zebrafish/hepatocyte

Mouse /liver

Turtle/leydig cell

Mouse/BAT

Porcine/oocytes

Rat/mammary

MEF

Mouse/cardiac tissue
Mouse/BAT

Methods

EM, LM, BpM, BcM, In vitro reconstitution
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