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Editorial on the Research Topic
The Lesser Known World of RNA Polymerases

According to the central dogma of molecular biology, genetic information is passed from DNA to RNA to protein. The transmission of information from DNA to RNA is called transcription and is carried out by the RNA polymerases (RNA pols). The RNA pols from bacteria to eukaryotes are multimeric enzymes which show a high degree of conservation in terms of their structure and functionality (Cramer, 2019; Werner and Grohmann 2011) (Figure 1). Notably, while bacteria and archaea contain only one RNA pol, most eukaryotes contain three different enzymes, RNA pol I, II and III, with the exception of plants that also have two additional RNA pols, IV and V, which evolved from RNA pol II (Ream et al., 2014). RNA pol I synthesizes the precursor of the three largest rRNAs, RNA pol III produces mostly tRNAs, the 5S rRNA and several short non-translated RNAs and RNA pol II give rise to all mRNAs and many non-coding RNAs, including miRNA. Finally, RNA pol IV and V participate in transcriptional silencing and also in production of non-coding RNAs involved in the development and response to environmental changes (Werner and Grohmann 2011; Ream et al., 2014; Cramer, 2019). The enzyme exhibits a broad evolutionary diversity, functional dynamism and pleiotropic role in biological systems. However, many aspects of RNA pols, including their biogenesis, function, and even their impact in different cellular processes or health, have not been deeply investigated. This special issue is an attempt to cover some of the lesser-known aspects of RNA pol diversity, dynamism, function and evolutionary conservation. In addition, this issue also considers transcription factors as part of the transcriptional machinery.
[image: Figure 1]FIGURE 1 | Evolution of RNA polymerases. Structure of RNA polymerase from bacteria (A), archaea (B) and eukaryotic RNA pol II (C). Color code corresponds to the previously used for Saccharomyces cerevisiae RNA pol II subunits (Armache et al., 2003). Similar colors are used for homologous subunits in bacterial and archaeal RNA pols.
Despite variation in structure and subunit composition, RNA pols from different organisms harbors conserved features (Lane and Darst, 2010a; Lane and Darst, 2010b). The article by Lei and Burton compares the three-dimensional structure of archaeal, bacterial and eukaryotic RNA pols. Their analyses revealed that the enzyme, in all three domains of life, are of two-double-ψ-β-barrel (2-DPBB) type. In addition to 2-DPBB, the catalytic core of multisubunit RNA pols is comprised of a conserved bridge helix and trigger loop. Lei and Burton propose that the 2-DPBB family of multisubunit RNA pols might have evolved prior to the last universal common cellular ancestor during evolution.
Nanoarchaea is a highly diverged archaeal phylum with many unusual biological features. Nottebaum and Weinzierl describe that several of the key motifs in the active center of Nanoarchaeum equitans RNA pol contain unusual and radical substitutions expected to be harmful to the catalytic activity. However, the authors reconstituted a RNA pol complex in vitro with transcription activity, concluding that sequence changes do not adversely affect catalytic activity, even if they are unusual and localized in key motifs. Moreover, they identified a stringent atypical requirement for fluoride ions for maximal RNA pol activity, proposing a model where more “conventional” archea will not use it.
The work by Barba-Aliaga et al. focuses on nuclear RNA pols in eukaryotes and summarizes their evolutionary origin and functional reasons that could have led to their multiplicity. Furthermore, authors discuss the regulation and the homeostasis of the different RNA products that they synthesise. The authors present several studies to show how the coordination between RNA pols activities is necessary for cellular processes, such as the influence of RNA pols on the translation machinery synthesis (ribosomes and tRNAs) or how eukaryotic RNA pols transcription regulation occurs with respect to the changes in cellular volume.
Plants are the only known eukaryotic organisms containing two addition RNA pols (IV and V), in addition to RNA pol I-III, which evolved from RNA pol II (Ream et al., 2013). The work by Fernández-Parras et al., investigates the transcriptional regulation of the RNA pols common subunits genes in olive tree cultivar (Olea europaea L. cv. Picual) and shows that they are spatio-temporally regulated, as well as regulated by biotic and abiotic stresses. This work opens questions about the existence of multiple RNA pols variants in polyploid organisms.
A model for the biogenesis of eukaryotic RNA pol II has been proposed based on the bacterial RNA pol formation, a sequential process involving participation of several subassembly complexes that leads to the complete enzyme assembly in the cytoplasm before its nuclear import (Wild and Cramer, 2012). However, despite recent progress, the assembly of RNA pols remains poorly described. The work by Garrido-Godino et al., focuses on the knowledge of biogenesis of RNA pols in yeast. The authors review the mechanisms and proteins (assembly and transport factors) involved in these processes and make the comparison with human factors described previously. In addition, the manuscript by Turowski and Boguta summarizes the current knowledge on the biogenesis of the RNA pol I and III and focuses on the model of their co-translational assembly, based on recent publications, showing the importance of Rpb10, Rpc19 and Rpc40, and of the Rbs1 protein in the assembly of RNA pol I and III complexes.
Notably, mutations of RNA pols lead to diseases and disorders. Some of these are suggested to be associated with RNA pol III assembly. Although the causal relationship between RNA pols mutations and disease development is widely accepted, the associated molecular mechanisms are poorly understood. The work by Lata et al. reviews the current knowledge regarding the functional impact of specific mutations, possible Pol III-related disease-causing mechanisms, and animal models that may help to better understand the links between Pol III mutations and disease. Similarly, a large number of genetic diseases associated with RNA pol I mutations exists. They are collectively called ribosomopathies. The understanding of the precise mechanistic of Pol I transcription opens broad perspectives in health-related research areas.
Azouzi et al. nicely review recent advances in the field of RNA pol I transcription elongation, revealed using nucleotide resolution techniques. These advances showed the connection between the production of rRNA and nascent rRNA folding. Indeed, rRNA folding during transcription seems to be an anti-pausing mechanism favoring transcription elongation because rRNA secondary structures prevent backtracking. Furthermore, they also discuss mechanisms involved in RNA pol I termination. Based on recent discoveries by Darrière et al. (2019), using a super-active RNA polI mutant, the authors propose that premature transcription termination at defined positions can control rRNA production in vivo.
There is an enormous interest in deciphering how RNA pols integrate the information that cells receive and how RNA pols are coordinated and communicated to regulate gene expression in response to physiological and pathological conditions. In this regard, Delgado-Román and Muñóz-Centeno proposed that RNA pols I and III activities should be connected to regulate cell cycle progression. How cell cycle regulation is affected by the balance between the three RNA pols products and RNA pols assembly is discussed. The authors focus on ribogenesis, a process that requires the activity of all three RNA pols (de la Cruz et al., 2018), and discuss how the balanced production of ribosomal components prevents G1 arrest in budding yeast and mammalian cells, which show strong analogies (Bursac et al., 2012; Gómez-Herreros et al., 2013).
González-Jiménez et al. propose that phosphorylation may have a role in the coordination of the three transcription machineries. Various studies have reported that several subunits of RNA pol I, II and III are susceptible to phosphorylation (for instance, Šoštarić, et al., 2018; Lanz et al., 2021). Some of these phosphorylation sites are distributed within subunits common to all three RNA pols. This suggests that phosphorylation events might finely modulate the activities of all RNA pols and give rise to the speculation that they can play a crucial regulatory role in the coordination between the three RNA pols, which, so far, has not been investigated enough. In this review the authors compile all the known phosphorylation sites identified for the three RNA pols, localized most of them within the respective complexes and discussed their possible roles. This is a valuable information for researchers interested in this exciting and promising field of study.
Since their discovery, the biological significance of introns in the eukaryotic genome has remained an enigma. A number of studies in a diversity of eukaryotes have revealed that the process of splicing, which removes an intron from a primary transcript, is often a positive regulator of transcription (Gallegos and Rose 2015; Shaul 2017). The article by Dwyer et al. proposes a novel mechanism of splicing-mediated regulation of transcription by RNA pol II through modulating the gene architecture. The transition in topology of a gene from linear to a loop during cotranscriptional splicing and the mechanism of enhancement of transcription by the looped structure is being discussed.
Transcription by RNA pol II in eukaryotes is facilitated by a number of transcription factors. TFIIB is one such essential general transcription factors (Deng and Roberts 2007). The article by O’ Brien and Ansari focuses on a rather unexpected role of TFIIB during viral pathogenesis. The article describes in detail the targeting of TFIIB by viral transcriptional regulators during pathogenesis. Likely reasons for preferred targeting of TFIIB over other general transcription factors by viruses are discussed. This makes TFIIB a potential target of antiviral therapies.
TFII-I is another transcription factor of RNA pol II (Roy 2012). It was originally discovered as an initiator-binding protein that helps in initiation of transcription from TATA-less promoters. Further research revealed that TFII-I is involved in post-initiation steps as well. Linzer et al. discuss multiple aspects of TFII-I participation in the transcription cycle. In addition to affecting initiation from a subset of promoters, TFII-I is involved in transcription elongation by regulating pausing of RNA pol. The involvement of this factor in cancer, neurological and immunological disorders in humans, development in mice, and induction of pluripotency is discussed.
It was known since a long time that the transcriptionally active UV-damaged regions of genome are repaired more efficiently than the non-transcribed regions. The factor responsible for the transcription-coupled repair of damaged DNA in prokaryotes is mfd (Selby and Sancar, 1993). The article by Lindsey-Boltz and Sancar discusses the recent advances in three-dimensional structure and single molecule studies pertaining to mfd. These studies have revealed that Mfd binds stalled RNA pols even in the absence of UV damage and helps the pol operate in hard-to-transcribe regions. The possibility of mfd-RNA polymerase interaction contributing to both, promotion and prevention of mutagenesis in a context-dependent manner, is discussed.
The articles in this special issue cover some, but not all, lesser-known aspects of RNA pols and highlight that many mechanistic, structural and/or evolutionary aspects of RNA pols, among others, remain unexplored or are still not well investigated. Futures investigations on RNA pols will greatly help to understand gene expression regulation, where transcription is the bottle neck.
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Introns impact several vital aspects of eukaryotic organisms like proteomic plasticity, genomic stability, stress response and gene expression. A role for introns in the regulation of gene expression at the level of transcription has been known for more than thirty years. The molecular basis underlying the phenomenon, however, is still not entirely clear. An important clue came from studies performed in budding yeast that indicate that the presence of an intron within a gene results in formation of a multi-looped gene architecture. When looping is defective, these interactions are abolished, and there is no enhancement of transcription despite normal splicing. In this review, we highlight several potential mechanisms through which looping interactions may enhance transcription. The promoter-5′ splice site interaction can facilitate initiation of transcription, the terminator-3′ splice site interaction can enable efficient termination of transcription, while the promoter-terminator interaction can enhance promoter directionality and expedite reinitiation of transcription. Like yeast, mammalian genes also exhibit an intragenic interaction of the promoter with the gene body, especially exons. Such promoter-exon interactions may be responsible for splicing-dependent transcriptional regulation. Thus, the splicing-facilitated changes in gene architecture may play a critical role in regulation of transcription in yeast as well as in higher eukaryotes.

Keywords: transcription, splicing, intron, exon, gene architecture, gene regulation, gene looping


INTRODUCTION

Introns are intervening non-coding sequences in eukaryotic genes that are removed from the primary transcripts by the process of splicing (Figure 1). An elaborate splicing machinery is needed to remove introns to form the mature transcript (Padgett et al., 1986). The energy, time consumption, and complex nature of the spliceosome indicate that introns impose a large burden on eukaryotic organisms (Jo and Choi, 2015). However, in spite of all of these drawbacks, introns have been evolutionarily conserved, indicative of their having a fundamental and significant role in the cell (Carmel and Chorev, 2012; Rogozin et al., 2012). In fact, nearly half of all common genetic disorders in humans may be attributed to a disruption in the splicing process (Faustino and Cooper, 2003; Wang and Cooper, 2007; Padgett, 2012). An important question therefore is what is the physiological significance of introns in eukaryotes?


[image: image]

FIGURE 1. Splicing occurs cotranscriptionally and affects different steps of transcription. (A) An intron within the transcribed region is flanked by exon I and exon II. The splice sites are designated as 5′ splice site and 3′ splice site and are the sites for spliceosome assembly during transcription. (B) Splicing factors are recruited cotranscriptionally to the intron with the help of the RNAPII carboxy-terminal domain. Spliceosomal assembly on the splice sites can facilitate the stabilization of general transcription factors (GTFs) at the promoter region of the gene and prime nucleosomes with activation marks (H3-K9 acetylation and H3-K4 trimethylation) for initiation. The splicing factors can also interact with transcription elongation factors and influence nucleosome modifications (H3-K36 trimethylation) to promote elongation. Similarly, splicing factors can contribute to enhanced termination of transcription by facilitating the recruitment of termination factors and removal of elongation marks that block effective termination.


Research conducted during the last few decades has revealed novel biological functions of introns. An apparent advantage conferred by introns is their ability to increase proteomic complexity through the process of alternative splicing, meaning that a single gene can produce multiple isoforms of a protein dependent on cell type and environment (Nilsen and Graveley, 2010). This offers immense proteomic plasticity since the cell can modulate what protein isoform is produced depending on the developmental context, cell type and environmental cues (Marquez et al., 2015; Chaudhary et al., 2019). The presence of introns has also been shown to protect genomic integrity. The process of transcription is accompanied by formation of genotoxic R-loops, which are three stranded nucleic acid structures harboring an RNA-DNA hybrid (Niehrs and Luke, 2020). Intron-containing genes alleviate R-loop formation and in doing so confer genomic stability and protect cells from harmful stress responses (Bonnet et al., 2017). Recent studies have led to the identification of yet another novel function of introns. Some excised introns provide protection against environmental stress (Morgan et al., 2019; Parenteau et al., 2019). Introns are also the source of snoRNA, microRNA, and lncRNA (Carmel and Chorev, 2012). These non-coding RNA species regulate gene expression at the level of transcription and RNA stability. Outside of acting as a non-coding regulatory RNA molecule, introns possess the unique function of acting as mutational buffers that can protect coding regions from incurring deleterious mutations (Jo and Choi, 2015). A harmful mutation in the coding region may affect the function of the protein. In contrast, a mutation in introns, which are non-coding regions, has minimal chances of affecting the function of the protein. In human genes, introns make up the bulk of a gene and therefore are able to absorb detrimental mutations without affecting the protein function. Although introns have been implicated in a variety of functions in eukaryotes, not all introns are associated with every function described above.

Of all the known functions of introns, one of the best known and evolutionarily conserved, is their ability to regulate the expression of genes that harbor them. Introns affect gene expression at multiple levels. They have been implicated in altering nucleosome positioning, transcription, RNA stability, nucleo-cytoplasmic export of mRNA, and translation efficiency (reviewed in Le Hir et al., 2003; Rose, 2008; Gallegos and Rose, 2015; Laxa, 2017; Shaul, 2017). The details regarding posttranscriptional regulation of gene expression by an intron have been covered in many recently published reviews (Gallegos and Rose, 2015; Laxa, 2017; Shaul, 2017). Here, we highlight the function of introns in regulating gene expression at the level of transcription. The transcription-enhancing potential of introns was first observed in cultured maize cells and transgenic mice (Callis et al., 1987; Brinster et al., 1988). Furthermore, cDNA of a number of human genes are not transcribed to the wild type level unless a promoter-proximal intron is included (Palmiter et al., 1991; Charron et al., 2007). Soon thereafter it was realized that introns play a general role in activating transcription in a variety of eukaryotes. Intron-mediated regulation of transcription has been observed in simple eukaryotes like yeast and Chlamydomonas as well as in higher eukaryotes like flies, worms, plants, and mammals including humans (Callis et al., 1987; Brinster et al., 1988; Bieberstein et al., 2012; Moabbi et al., 2012; Agarwal and Ansari, 2016; Baier et al., 2020). This enhancement property could be a very crucial function of introns in eukaryotes as a number of genes are dependent on introns for their normal transcription (Rose, 2019). In general, intron-containing genes in eukaryotes exhibit higher expression than their non-intronic counterparts (Ares et al., 1999; Juneau et al., 2006; Bieberstein et al., 2012; Gallegos and Rose, 2015; Ding and Elowitz, 2019; Baier et al., 2020). An intron may enhance transcription by a meager 2–3-fold, or it may augment mRNA output in the range of 10–100-fold or higher depending on the gene. Not all introns, however, can stimulate transcription. Some naturally occurring genes do not contain introns but are expressed efficiently, while some transgenes fail to express even in the presence of an intron (Pasleau et al., 1987; Malim et al., 1988; Rose, 2008). Introns are dispensable for enhancing transcription from a strong promoter (Huang and Liang, 1993). The transcription activation potential of introns though, is crucial for high expression of genes with a weak promoter. Some of the highly expressed genes like H2A and hepatitis B virus genes have cis-acting elements that appear to function like introns (Huang and Liang, 1993; Huang and Yen, 1995; Liu and Mertz, 1995). Despite some introns lacking the transcription enhancement potential, introns in general are emerging as an important component of the transcription regulatory machinery in eukaryotes (Rose, 2019).

Intron-mediated transcriptional regulation can be broadly divided into two categories: (1) splicing-independent, and (2) splicing-dependent regulation. Splicing-independent regulation is due to the presence of an enhancer or a promoter element within the intron (Kaneda et al., 1992; Bianchi et al., 2009; Beaulieu et al., 2011). Such introns can influence transcription even if their splicing function is compromised. In contrast, the splicing-dependent regulation requires a functional, splicing-competent intron within the transcribed region of the gene. Such introns cannot affect transcription if their splicing is inhibited by a mutation in the conserved sequences at the 5′ splice site, 3′ splice site and branchpoint, or if they are inserted in an anti-sense orientation (Furger et al., 2002; Moabbi et al., 2012; Agarwal and Ansari, 2016). This direct effect of a splicing-competent intron on transcription of a gene represents splicing-dependent regulation. It is often referred to as “intron-mediated enhancement” (IME). The focus of this review is to highlight key findings related to the possible mechanism of this enhancement with an emphasis on data indicating that genome architecture plays a critical role in the process.



INTRON-MEDIATED ENHANCEMENT EFFECT MAY TARGET INITIATION, ELONGATION OR TERMINATION STEPS

To enhance transcription, the intron must be located within the transcribed region of the gene and should be spliced (Figures 1A, 2A). The activation is maximum when an intron is present close to the promoter, and gradually decreases with increasing distance from the promoter (Callis et al., 1987; Rose, 2004; Bieberstein et al., 2012; Gallegos and Rose, 2017). There are, however, reports that in some genes, the activation potential of the intron is partially restored with increasing proximity to the terminator (Callis et al., 1987; Kim et al., 2011). Thus, the position of an intron within a gene is an important determinant of its transcription activation potential.


[image: image]

FIGURE 2. Intron-dependent gene looping enhances transcription by facilitating initiation, reinitiation and promoter directionality. (A) A gene with an intron (yellow) and exons (blue). (B) During transcription, an elongating RNAPII transcribes the gene and recruits splicing factors (SF) to splice out the intervening intronic sequence. Splicing components (SF) at the 5′ splice site interact with the general transcription factors (GTFs) at the promoter forming a loop between the promoter and 5′ splice site. (C) Once RNAPII has transcribed the intron, splicing components at the 3′ splice site associate with the termination factors near the 3′ end of the gene forming a loop between the 3′ splice site and terminator. Finally, the gene forms an overall three-looped conformation where the promoter and terminator physically interact with one another to assist in reinitiation. The three unique interactions that take place are between the promoter-terminator, promoter-5′ splice site and terminator-3′ splice site. GTFs, general transcription factors; SFs, splicing factors; TF, termination factors.


Although introns can impact any step of the transcription cycle to achieve higher mRNA output, the initiation step is the most frequent target. The transcription regulating ability of an intron is dependent on the cotranscriptional nature of splicing (Figure 1B). The carboxy-terminal domain (CTD) of RNA Polymerase II (RNAPII) is used as a recruitment and docking site for several splicing factors that help in coupling of transcription with splicing (Millhouse and Manley, 2005; Nojima et al., 2018). During cotranscriptional splicing, the spliceosome assembled on the elongating mRNA facilitates initiation/reinitiation by stabilizing assembly of the preinitiation complex (PIC) on the promoter (Figure 2B; Tian, 2001; Kwek et al., 2002; Das et al., 2007; Damgaard et al., 2008; Jobert et al., 2009). The 5′ splice site of nascent transcripts plays a crucial role in these processes. In fact, a 5′ splice site alone, without being a part of an intron, can enhance transcription to some extent (Damgaard et al., 2008). The 5′ splice site enhances recruitment of TFIID, TFIIB, and TFIIH on the promoter (Das et al., 2007; Damgaard et al., 2008). Splicing factors like U1-snRNP and HNRNPU, which bind to the 5′ splice site, facilitate the recruitment of these general transcription factors (Tian, 2001; Das et al., 2007). U1-snRNP physically interacts with RNAPII during cotranscriptional splicing (Nojima et al., 2018). U1-snRNP also contacts the cyclin H subunit of TFIIH (Kwek et al., 2002). U1-snRNP may facilitate initiation and reinitiation of transcription by enabling recruitment of TFIIH, and probably TFIID and TFIIB as well (Kwek et al., 2002; Damgaard et al., 2008). HNRNPU similarly promotes initiation by enabling the recruitment of TFIIF to the pre-initiation complex (PIC) (Fiszbein et al., 2019). Furthermore, the promoter-proximal introns also affect histone H3-K9 acetylation and H3-K4 trimethylation near the 5′ end of genes (Figure 1B; Bieberstein et al., 2012). These two chromatin modifications facilitate the recruitment of the PIC on the promoter leading to the activation of genes, both in yeast and higher eukaryotes. Thus, an intron may affect initiation directly by facilitating the recruitment of general transcription factors on the promoter or indirectly by affecting the chromatin structure in the promoter region.

Introns have also been found to stimulate transcription at the elongation as well as termination steps of transcription. Many independent studies have found U1-snRNP, SKIP and SC35, which are splicing factors, stimulating elongation by interacting with various transcription elongation factors (Fong and Zhou, 2001; Brès et al., 2005; Lin et al., 2008). Introns also influence elongation indirectly by affecting chromatin structure. The H3-K36 trimethylation mark, which is specifically associated with elongation of transcription, is enriched in intron-containing genes compared to the intron-less genes (Figure 1B; De Almeida et al., 2011). There are also a few reports of terminator-proximal introns influencing transcription by affecting termination of transcription either directly by helping in the recruitment of termination factors or indirectly by affecting the chromatin structure near the 3′ end of genes (Lutz et al., 1996; McCracken et al., 2002). The 3′ splice site of a terminator-proximal intron has been shown to enhance utilization of a downstream poly(A) site by facilitating recruitment of the F 3′ end processing complex and poly(A) polymerase in mammalian cell lines (Figure 1B; Lutz et al., 1996; McCracken et al., 2002). The 3′ splice site also has an adverse effect on H3-K36 trimethylation, which is a transcription elongation mark that needs to be removed to facilitate termination of transcription (Kim et al., 2011). Although introns may target the elongation and termination steps to enhance transcription, the initiation step is emerging as the most frequent target.



INTRON-DEPENDENT LOOPED GENE ARCHITECTURE FACILITATES ENHANCEMENT OF TRANSCRIPTION

The classical view of transcriptional regulation by cis-acting regulatory sequences and trans-acting protein factors has undergone radical changes due to research carried out during the last few decades (Papantonis and Cook, 2010; Ansari, 2019; Al-Husini et al., 2020). Genome topology or chromatin conformations formed by enhancer-promoter interactions and promoter-terminator interactions have been found to play a crucial role in regulation of transcription (Misteli, 2007). The physical interaction of the promoter and terminator regions of a gene during transcription results in the formation of a looped gene architecture (Ansari and Hampsey, 2005). Such gene loops are formed in an activator-dependent manner and have been observed in yeast as well as in higher eukaryotes (reviewed in Al-Husini et al., 2020). Activator-dependent gene looping has been shown to enhance transcription by facilitating direct transfer of polymerase from the terminator to the promoter for reinitiation, and by enhancing promoter directionality (Tan-Wong et al., 2012; Al Husini et al., 2013).

In budding yeast, the presence of an intron in a gene also results in a looped gene architecture (Figure 2C; Moabbi et al., 2012; Tan-Wong et al., 2012; Agarwal and Ansari, 2016). Intron-dependent gene looping, however, is mechanistically different from the activator-dependent looped conformation. The “Chromosome Conformation Capture” (3C) approach revealed that an intron-dependent loop is characterized by additional contacts of the promoter with the 5′ splice site and of the terminator with 3′ splice site (Figures 2B,C; Moabbi et al., 2012). The promoter-5′ splice site loop may not be observed in all genes as the first intron often is located very close to the promoter and can make direct contact with the promoter without loop formation. How the presence of an intron facilitates gene loop formation, however, is not yet clear. It has been proposed that the interaction of a 5′ splice site with the promoter and of a 3′ splice site with terminator bring the two ends of a gene in close physical proximity and facilitate the promoter-terminator contact (Al-Husini et al., 2020). Only a splicing-competent intron facilitates gene loop formation (Moabbi et al., 2012; Agarwal and Ansari, 2016). Mutation of either the 5′ or the 3′ splice sites abolishes intron-facilitated looped gene structure. Since the mutation of splice sites also adversely affects IME of transcription, it was proposed that intron-mediated gene looping may also enhance transcription in a manner similar to activator-dependent enhancement. Examination of the IME effect in the looping-defective mutants of yeast revealed that although splicing was normal, there was no enhancement of transcription (Moabbi et al., 2012; Agarwal and Ansari, 2016). The IME effect therefore is not due to splicing per se but due to the formation of a splicing-dependent looped gene architecture in budding yeast.

Evidence suggests that the three contact points in an intron-dependent looped gene structure; promoter-terminator contact, promoter-5′ splice site contact and terminator-3′ splice site (Figure 2C), are established by a protein-protein interaction of factors occupying promoter, terminator and intronic sites. A combination of ChIP and 3C approaches identified the crucial role of the general transcription factor TFIIB and CF1A termination complex in the promoter-terminator interaction (Medler et al., 2011). Similarly, the interaction of another general transcription factor TFIIH with U1-snRNP could lead to promoter-5′ splice site contact (Kwek et al., 2002). The interactions contributing to terminator-3′ splice site contact are yet to be established. Splicing factors do not contact DNA directly, but proximity of splice sites on RNA with the corresponding DNA region during cotranscriptional splicing results in splicing factors getting crosslinked to the splice sites on DNA as well (Kotovic et al., 2003; Lin et al., 2008; Oesterreich et al., 2016; Minocha et al., 2018; Nojima et al., 2018). This evidence suggests that the intron-mediated gene loop formation is due to an interaction of the initiation and termination factors occupying distal ends of a gene with splicing factors bound to the intronic regions.

A critical issue is how intron-dependent looped gene architecture brings about enhancement of transcription. All three of the physical interactions in an intron-facilitated gene loop have the potential to enhance transcription. The promoter-5′ splice site interaction can facilitate initiation/reinitiation by stabilizing the assembly of the PIC (Figure 2B). U1-snRNP, which binds the 5′ splice site and exhibits an interaction with TFIIH, may play a crucial role in this regard (Kwek et al., 2002). U1-snRNP may directly help in the recruitment of TFIIH, and possibly TFIIB and TFIID on the promoter if the 5′ splice site is located in close proximity to the promoter (Damgaard et al., 2008). The 5′ splice sites, however, may be located several hundred nucleotides away from the promoter. In such a scenario, a loop formed by promoter-5′ splice site interaction may play a critical role in assembly or stabilization of the PIC on the promoter (Figure 2B). The net result will be enhanced initiation or reinitiation of transcription. This may explain why a functional 5′ splice site alone could bring about an increase in transcription of HIV-1 and β-globin genes (Damgaard et al., 2008). The enhancement of transcription elicited by a 5′ splice site alone, however, was much lower (75% less) compared to that brought about by a full-length intron. The interaction of the 5′ splice site with the promoter is therefore not sufficient to achieve enhancement of transcription fully. Contacts of the promoter with the terminator and of the 3′ splice site with the terminator may contribute significantly to the IME effect (Figure 2C). Thus, all three interactions in an intron-dependent gene loop may play a role in the enhancement of transcription.

The promoter-terminator interaction is especially crucial as it can enhance transcription by facilitating reinitiation and by conferring promoter directionality (Tan-Wong et al., 2012; Al Husini et al., 2013). It is conceivable that proximity of promoter and terminator in the intron-dependent gene loop may similarly contribute to the enhancement of transcription by a similar mechanism (Figure 2C). Juxtaposition of the terminator and promoter facilitates release of polymerase from the terminator region near the promoter. The polymerase is then recycled back to the juxtaposed promoter for reinitiation of transcription (Al Husini et al., 2013). Such a coupling of termination to reinitiation, with a concomitant increase in the transcriptional activity, has been observed for RNAPIII, RNAPI, mitochondrial polymerase and archaeal polymerase (Dieci and Sentenac, 1996; Jansa et al., 2001; Martin et al., 2005; Spitalny and Thomm, 2008). The promoter-terminator interaction is emerging as a critical player in regulation of transcription in eukaryotes.

In budding yeast, juxtaposition of the promoter and terminator also confers promoter directionality, which is the enhancement of promoter-initiated transcription of mRNA while keeping the upstream antisense transcription in check (Tan-Wong et al., 2012; Al Husini et al., 2013). The presence of an intron also enhances promoter directionality of yeast genes (Agarwal and Ansari, 2016). In the absence of a splicing-competent intron, mRNA synthesis exhibits a decline, while uaRNA (upstream antisense RNA) transcription increases. In a looping-defective strain, despite the presence of a splicing-competent intron and normal splicing, promoter directionality is adversely affected. The proximity of the promoter and terminator in the intron-mediated gene loop allows the termination factors bound to the 3′ end to contact the 5′ end of a gene and bring about termination of uaRNA transcription (Agarwal and Ansari, 2016). The net result is higher transcription of the gene by enhancing promoter directionality.

Although, the terminator-3′ splice site interaction can promote cotranscriptional recruitment of termination factors, leading to efficient termination of transcription, its role in IME effect needs further exploration. It is, however, clear from the studies described above that intron-dependent looped gene architecture likely plays a crucial role in enhancement of transcription in budding yeast.



SPLICING-DEPENDENT GENE LOOPING IN HIGHER EUKARYOTES

In budding yeast, merely 4% of genes contain introns, but these few genes produce more than 25% of total cellular mRNA (Ares et al., 1999). On average, yeast intron-containing genes produce 3.7 times more mRNA than their non-intronic counterparts (Juneau et al., 2006). In higher eukaryotes, a far higher proportion of genes harbor introns, and splicing-dependent activation of transcription is prevalent in higher eukaryotes as well (reviewed in Rose, 2008; Laxa, 2017; Shaul, 2017; Rose, 2019). This raises the question if splicing-associated changes in gene architecture also occur in higher eukaryotes, and if they contribute to enhancement of transcription.

Chromatin interaction analyses have revealed the presence of physical interactions of promoters with their gene body in mammalian systems. 3C analysis of the human BRCA1 gene revealed an interaction of the promoter and terminator regions of the gene with the intronic regions in a transcription-dependent manner (Tan-Wong et al., 2008). Intragenic gene loops formed by the interaction of exons with cognate promoters have been identified in human cell lines on a genomewide scale using the ChIA-PET (Chromatin Interaction Analysis with Paired-End Tag) approach (Mercer et al., 2013). Hi-C analysis corroborated the presence of intragenic chromatin loops formed by the interaction of promoters with exons in the human genome (Ruiz-Velasco et al., 2017). This genomewide study also demonstrated intragenic gene loops between exons and the 3′ ends of genes. This is reminiscent of the intron-terminator interaction observed in budding yeast and the human BRCA1 gene (Tan-Wong et al., 2008; Moabbi et al., 2012). ChIA-PET identified CTCF (CCCTC-binding factor) as the protein that facilitates the interaction of promoter with exons (Mercer et al., 2013). It was further shown that the CTCF-mediated promoter-exon loops are prevalent in genes coding for proteins involved in cell signaling and response to stimuli. The promoter-exon loop formation is accompanied by trimethylation of histone H3-K4, acetylation of histone H3-K27 and trimethylation of histone H3-K36 in the coding region of the gene (Ruiz-Velasco et al., 2017). These three histone modifications are associated with transcriptionally active chromatin (Bannister and Kouzarides, 2011). Modification of histone H3-K4 and H3K9 by methylation and acetylation have been implicated in enhancement of transcription by the promoter-proximal intron in mammalian cells thereby suggesting that the promoter-exon interaction may enhance transcription by affecting chromatin structure (Bieberstein et al., 2012). The promoter-exon interaction may be the mammalian structural equivalent of yeast intron-mediated gene loops.

The promoter-exon interaction may be responsible for recently reported internal exon-mediated activation of transcription in mammalian cells (Fiszbein et al., 2019). Internal exons are small exons generally less than 300 nucleotides in length and are flanked by at least one exon on the 5′ side and one exon on the 3′ side. They are responsible for transcriptional regulation of thousands of mammalian genes. The phenomenon is called EMAT (exon-mediated activation of transcription). Activation of transcription by internal exons is not dependent on the sequence of the exon, but on the splice sites flanking the intron. Mutation of either the 5′ or 3′ splice site completely abrogated transcription activation potential of an internal exon (Fiszbein et al., 2019). Furthermore, exon-mediated activation involved recruitment of the general transcription factor TFIIF on the promoter by the splicing factor HNRNPU (heterogeneous nuclear ribonucleoprotein U), which is known to interact with TFIIF through its N-terminal domain (Kim and Nikodem, 1999). In addition, the exon-promoter interaction is accompanied by trimethylation and acetylation of histone H3, which may also result in enhanced transcription by affecting both transcription initiation and elongation (Bieberstein et al., 2012; Ruiz-Velasco et al., 2017).

The exon-mediated transcriptional regulation in mammalian cells exhibits striking similarities to the intron-mediated regulation in budding yeast: (1) internal exon or intron must be located within one kbp of the promoter to activate transcription; (2) transcription activation by both occurs in a splicing-dependent manner; and (3) transcriptional regulation in both cases involves splicing-dependent recruitment of general transcription factors on the promoter. The possibility of exon-mediated transcriptional activation through intragenic gene loops formed by the interaction of a promoter with the gene body therefore cannot be ruled out. Both intron-mediated and exon-mediated enhancement of transcription are in fact splicing-mediated regulations. Gene architecture playing a general role in splicing-mediated regulation of transcription is an attractive possibility. The studies from yeast strongly suggest the involvement of gene looping in the splicing-mediated regulation, but evidence from higher eukaryotes are still preliminary and needs further investigation. Nevertheless, it is clear that introns are not merely junk coding sequence but are an important regulator of cellular functions.
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In eukaryotic cells, three nuclear RNA polymerases (RNA pols) carry out the transcription from DNA to RNA, and they all seem to have evolved from a single enzyme present in the common ancestor with archaea. The multiplicity of eukaryotic RNA pols allows each one to remain specialized in the synthesis of a subset of transcripts, which are different in the function, length, cell abundance, diversity, and promoter organization of the corresponding genes. We hypothesize that this specialization of RNA pols has conditioned the evolution of the regulatory mechanisms used to transcribe each gene subset to cope with environmental changes. We herein present the example of the homeostatic regulation of transcript levels versus changes in cell volume. We propose that the diversity and instability of messenger RNAs, transcribed by RNA polymerase II, have conditioned the appearance of regulatory mechanisms based on different gene promoter strength and mRNA stability. However, for the regulation of ribosomal RNA levels, which are very stable and transcribed mainly by RNA polymerase I from only one promoter, different mechanisms act based on gene copy variation, and a much simpler regulation of the synthesis rate.
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INTRODUCTION

A key step in the central dogma of molecular biology is the transcription of pieces of DNA information into RNA molecules, which will, in some cases, be translated into proteins but will remain, in other cases, as functional non-coding RNAs (ncRNAs). In all living systems, the transcription of cellular genomes is carried out by cellular multisubunit DNA-dependent RNA polymerases (RNA pols). Eubacteria and archaea possess a single such enzyme, while eukaryotes carry out nuclear transcription with at least three RNA pols with functional specialization by each one transcribing different non-overlapping subsets of genes. Although all these enzymes have originated from a common ancestral enzyme, the increasing complexity of genomes, cells, and organisms has imposed the evolution of transcription machineries to more sophisticated systems in terms of composition, interactions, selection of target genes, and regulation. In this mini review, we summarize the presumed evolutionary origin and functional reasons that have led to the multiplicity of nuclear RNA pols in eukaryotes, and its consequences for their regulation and the homeostasis of their different RNA products. We finally focus on the different adaptation of transcription regulation by eukaryotic RNA pols to changes in cellular volume. Other eukaryotic RNA pols aspects have been extensively reviewed elsewhere (Hahn, 2004; Dieci et al., 2007; Cramer et al., 2008; Werner and Grohmann, 2011; Engel et al., 2013; Cramer, 2019).



THE EVOLUTIONARY SCHEME OF RNA POL FROM EUBACTERIA TO EUKARYOTES

All RNA pols, from eubacteria to higher eukaryotes, share basic mechanistic functioning: use of a DNA template, processive translocation on the template during RNA synthesis, utilization of ribonucleoside triphosphate as substrates, Watson–Crick base pairing of the new added nucleotide with the complementary one in the template DNA, and formation of a new phosphodiester bound by a metal-dependent mechanism. To perform these basic functions, all RNA pols contain two largest subunits (Figure 1) with double-ψβ-barrel motifs that create an active site at the interface of the subunits with three key aspartic residues conserved across all domains of life. Additionally, multisubunit RNA pols contain a variable number of additional smaller subunits (Figure 1). The two largest catalytic subunits of RNA pols are thought to have evolved from the duplication and diversification of a gene that encoded a protein cofactor of a common ancestral ribozyme, which performed RNA polymerase activity in the primal RNA world (Iyer et al., 2003). At some point of evolution, the new protein heterodimer would have gained polymerase activity and acquired different subunits with specialized assembly and auxiliary functions. Thus, all multisubunit RNA pols share a common structural core and similar basic molecular mechanisms and must derive from the RNA pol of the last universal common ancestor (LUCA) of archaea, eubacteria, and eukaryotes, assumed to have existed 3.5–3.8 billion years ago (Burton, 2014). This ancestral multisubunit RNA pol was probably similar to the simple RNA pol found today in eubacteria, which is formed (see Figure 1) by two large β and β’ catalytic subunits, two assembly subunits (2α), and one auxiliary subunit (ω), as all these five subunits are highly conserved in the structure/function of all organisms (Werner, 2007; Werner and Grohmann, 2011).
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FIGURE 1. Evolutionary history and subunit organization of nuclear eukaryotic RNA polymerases. (A) The last universal common ancestor (LUCA) of all organisms is assumed to have a multisubunit DNA-dependent RNA polymerase. Nowadays, all living beings have RNA pols with a core of five to seven subunits. After Eubacteria separation, the common ancestor of Archaea and Eukarya added additional peripheral subunits. Finally, after eukaryote emergence, the Archaea-derived nucleus started to develop specialized RNA polymerases. Specialized RNA pols I and III integrated some transcription factors as permanent subunits which, in RNA pol II, remain independent (TFIIS, TFIIF, TFIIE). RNA pol IV and V are not fully described. Only the branching after RNA pol I separation is indicated. See the main text for further descriptions. (B) The table shows a comparative scheme of the RNA pol subunits aligned according to sequence and/or functional homology. Colors correspond to the structural scheme of part (A). Note that the Rpb5 and 6 subunits are part of both the core and the five unit sets of common subunits to all three eukaryotic RNA pols. Archaeal Rpo13 has no equivalent in eukaryotes, and the TFS from Archaea is an independent homologous factor to eukaryotic TFIIS. See Werner and Grohmann (2011); Vannini and Cramer (2012), and Huang et al. (2015) for more details on RNA pol subunit structure and evolution.


RNA pol gained greater complexity in terms of acquiring new subunits following the split of the eubacterial and archaeal–eukaryotic branches from the universal tree of life (Werner, 2007; Spang et al., 2015). Archaeal RNA pol has three or four catalytic polypeptides and three assembly and auxiliary subunits, which are closely related to bacterial ones (Figure 1). However, archaeal RNA pol has gained five additional periphery subunits with no homologs in eubacteria but resembling eukaryotic subunits, which stabilize the interactions of polymerase with template DNA, newly synthesized RNA, and different transcription factors to ensure efficient functioning in the transcription cycle (Werner, 2007; Werner and Grohmann, 2011; Fouqueau et al., 2017). The more complex transcription machineries of archaea and eukaryotes are linked with the fact that their genomes, which differ from the eubacterial genome, are stabilized and compacted by histone or histone-like proteins that impose more restrictive access to DNA and the need for additional basal transcription factors (Reeve, 2003; Geiduschek and Ouhammouch, 2005; Kwapisz et al., 2008; Jun et al., 2011; Werner and Grohmann, 2011; Koster et al., 2015).

Archaeal and eukaryotic lineages diverged more than 2 billion years ago, with eukaryotes originating from an archaeal linage with already diverse eukaryotic signature proteins (Spang et al., 2015). Other important differences include that eukaryotes have an extended system of intracellular membranes that compartmentalizes the intracellular space, and the cellular volume is three to four orders of magnitude larger than that of archaea and bacteria (Lane and Martin, 2010; Koonin, 2015). They also contain organelles (mitochondria and chloroplasts) that derive from two kinds of eubacteria and have their own RNA pol (De Duve, 2007). The most prominent difference for nuclear transcription that arises with eukaryotes is diversification into three different nuclear RNA pols with specialized functions: RNA pol I is responsible for the synthesis of a single transcript, namely, precursor ribosomal RNA, which is processed into 28S, 5.8S, and 18S rRNAs; RNA pol II synthesizes a wide diversity of transcripts, including protein-coding messenger RNA (mRNA) and many ncRNAs, such as microRNAs (mi), small nuclear (sn), and small nucleolar (sno) RNAs; RNA pol III synthesizes diverse transfer RNA (tRNA) and 5S rRNA, and also U6 small nuclear RNA and other non-coding small RNAs (Dieci et al., 2007). There are two additional nuclear RNA pols in plants (IV and V), involved in the transcription of ncRNAs that are required for transcriptional gene silencing via the RNA-directed DNA methylation (Zhou and Law, 2015). In this review, we will focus on the structure and function of RNA pols I, II, and III.

The most well-studied eukaryotic RNA pols are those of the budding yeast Saccharomyces cerevisiae, and it is thought that they are good models for other eukaryotic RNA pols. For this reason, we use the names of yeast RNA pols genes and subunits throughout this review (Figure 1). Yeast RNA pols I, II, and III have a structurally conserved horseshoe-shaped core formed by 10 subunits (Figure 1) homologous to archaeal RNA pol subunits and a different number of additional periphery eukaryote specific subunits (Darst, 2001; Werner, 2007; Cramer et al., 2008). The 10 subunit cores include the two largest catalytic subunits (the two upper rows in Figure 1B), five additional subunits (Rpb5, 6, 8, 10, and 12) common to the three nuclear RNA pol, the A12/Rpb9/C11 subunit involved in proofreading (see below) and the AC40–AC19 heterodimer, shared between RNA pols I and III and homologous to Rpb3–Rpb11 in RNA pol II (Fernández-Tornero et al., 2013). The additional periphery yeast RNA pol subunits are mostly essential for cell viability but are not strictly required for RNA polymerization. Instead, they increase the regulatory potential and allow the specialization of each RNA pol in the transcription of a non-redundant subset of genes (Werner, 2007; Cramer et al., 2008; Koster et al., 2015). RNA pol II has a dissociable dimer (Rpb4/7) that plays important roles during the multifaceted transcription elongation of this RNA pol. This dimer has a homology with the Rpo4/7 dimer of archaeal RNA pol and has a counterpart (with low homology) in the A14/A43 and C17/C25 dimers of RNA pols I and III, respectively (Figure 1). RNA pol I has a further dimer (A49/A34) that has an equivalent in RNA pol III (C37/C53) but is not a constitutive part of RNA pol II where its function is conducted by the independent TFIIF factor (α/β dimer; Vannini and Cramer, 2012). This dimer plays a specific role in the particular mode of initiation of all three RNA pols (Abascal-Palacios et al., 2018) and in RNA pol III termination (Hoffmann et al., 2015; Arimbasseri and Maraia, 2016) that very much differs from the other two RNA pols in this stage (Proshkina et al., 2006; Werner and Grohmann, 2011). RNA pol III has an additional and totally specific trimer (C31/C34/C82) that is homologous to RNA pol II TFIIE and is proposed to be involved in the mechanism of RNA pol III initiation (Hoffmann et al., 2015). This trimer has been proposed to be TFIIF–TFIIE hybrid rather than simply a TFIIE-like subcomplex (Abascal-Palacios et al., 2018).

The coexistence of the conserved, but different, largest core subunits of the three RNA pols (A190/A135, Rpb1/Rpb2, and C160/C128 in RNA pols I, II, and III, respectively) in all eukaryotes is remarkable and suggests their early evolutionary divergence. At the same time, the substantial conservation of the central RNA pol core since LUCA indicates that it performs essential processes required for gene expression that allows very little innovation. Therefore, in order to generate complex eukaryotes, most evolutionary innovation is expected to occur in periphery subunits, especially in RNA pol II, which specifies the cellular proteome that confers unique characteristics to different cell types through mRNA synthesis. Additionally, the unique C-terminal domain (CTD) of the largest catalytic subunit (Rpb1) of RNA pol II is also one source for innovation in mRNA transcription regulation and a mark of the eukaryotic lineage (Burton, 2014). CTD consists of a repeating structure that is rich in serine and other phosphorylable amino acids, which increases in number of repetitions with greater evolutionary complexity. Another consequence of eukaryotic innovation is the complex structure of RNA pol III with 17 subunits, which are all conserved to a certain degree in eukaryotes from yeast to humans. This supports the notion of the early divergence of RNA pol III from RNA pols I and II (Proshkina et al., 2006; Figure 1). Of all these considerations, it can be suggested that the last eukaryote common ancestor is likely to have already had distinct RNA pols I, II, and III, as well as the repetitive structure at the CTD of RNA pol II (Proshkina et al., 2006; Yang and Stiller, 2014). It can be concluded that the existence and evolution of the three specialized RNA pols in eukaryotic cells would have allowed the division of labor and enabled intricate gene regulation in multicellular complex organisms that requires the cell cycle, tissue-specific, environmental, and developmental regulation of gene expression (Dieci et al., 2007; Cramer, 2019). RNA pols IV and V are thought to have evolved more recently from RNA pol II through subfunctionalization of silencing activities performed by RNA pol II in fungi and metazoans in the earliest land plants (Huang et al., 2015).



DIFFERENCES IN THE THREE RNA POL STRUCTURE LINKED TO DIFFERENCES IN FUNCTION

Although the transcription cycle (initiation, elongation, and termination) has similar principles in all three nuclear RNA pols, the specific features of their transcription modes are reflected in their subunit structures. RNA pol II targets a large set of differently regulated genes, which requires the capacity to interact with a bigger set of transcription initiation and elongation factors than the other two RNA pols. Perhaps this was accomplished by having less permanent subunits than the other two RNA pols, but by also having dissociable subunits (Rpb4/7) and independent initiation and elongation factors (TFIIF, TFIIS, and TFIIE), while the equivalent factors in other polymerases form an intrinsic part (subunits) of the RNA pol complex. For example, RNA pol I has a single promoter to recognize but requires high-speed, efficient elongation to avoid collisions between polymerases in its highly crowded genes (Goodfellow and Zomerdijk, 2013). This is perhaps the reason why RNA pol I possesses important intrinsic RNA cleavage activity for proofreading and a rapid resumption of elongation after pausing (Fernández-Tornero et al., 2013). This activity resides in its A12 subunit with homology to both the RNA pol II Rpb9 subunit and the TFIIS elongation factor. Thus, A12 seems to be a fusion protein that comprises the amino-terminal domain of the RNA pol II Rbp9 subunit and the carboxy-terminal domain of TFIIS (Hoffmann et al., 2015). A similar reasoning can be done for RNA pol III where the C11 subunit has homology to Rpb9 and TFIIS (Chédin et al., 1998). The more complicated process of resuming elongation after pausing in RNA pol II suggests the need for specific regulation, which is not required for simpler and faster RNA pol I/III elongation (Engel et al., 2013). Another example of functions that fall in RNA pol III intrinsic subunits but in external transcription factors in RNA pol II is related to transcription termination. RNA pol III specific dimer (C53/C37) together with C11 subunit are particularly required for the very fast efficient termination and coupled re-initiation needed by this RNA pol due to the highly transcribed and very short genes that it targets (Dieci et al., 2013; Arimbasseri and Maraia, 2016). In fact, RNA pol III termination is distinct from that of the other two nuclear RNA pols because its genes present a tract of oligo-T at the 3′ end, which induces termination. On the contrary, RNA pols I and II require additional cis-acting elements and ancillary factors for termination (Arimbasseri and Maraia, 2016). In short, both RNA pols I and III seem to have integrated some transcription factor-like subunits into the core enzyme during evolution to prioritize rapid efficient transcription versus regulation (Carter and Drouin, 2010).

Chromatin imposes a major limitation to transcription by three eukaryotic RNA pols preventing their direct targeting to gene promoters, which probably explains why all nuclear RNA pols are first engaged in pre-initiation complexes before starting transcription. Pre-initiation complexes minimally consist of the TATA box-binding protein (TBP), which is common to all three transcription systems, initiation factors TFIIB (RNA pol II) and Brf1 (RNA pol III), and the RNA pol II-specific TFIIE factor (Hahn, 2004; Naidu et al., 2011). Moreover, during elongation, chromatin imposes clearly different conditions to each RNA pol. Active rRNA genes are totally covered by transcribing RNA pol I complexes to form characteristic Christmas trees with no nucleosomes (Albert et al., 2012; Goodfellow and Zomerdijk, 2013). Most RNA pol III genes (tRNAs and 5S, especially) are so short that the whole transcribing unit lies in a short track free of nucleosomes (Shukla and Bhargava, 2018), unlike RNA pol II that transcribes longer genes and deals with nucleosomes during elongation. The arrest and backtracking of RNA pol II occur at nucleosome barriers, and elongation is resumed by the stimulation of weak intrinsic RNA pol II cleavage activity by TFIIS to form a new RNA 3′ end in its active site (Cramer, 2019). This more complicated way of solving backtracking could serve to refine the elongation regulation process (Bradsher et al., 1993; Shilatifard et al., 1996).



THE NEED FOR COORDINATION OF THE THREE RNA POL ACTIVITIES: THE CASE OF TRANSLATION MACHINERY

Translation machinery (ribosomes and tRNAs) synthesis requires the tight coordination among all nuclear RNA pols because rRNAs are synthesized by RNA pols I and III and ribosomal proteins are made from mRNAs transcribed by RNA pol II. Hence their coordination at all times and in all growth regimes is clearly necessary. The existence of five common subunits and one universal initiation factor, TBP, in all three RNA pols may be used to establish common regulatory mechanisms for nuclear transcription. RP mRNAs are some of the most abundant mRNAs in actively growing cells (Pelechano et al., 2010), and, thus, their synthesis forms a significant part of the total RNA pol II effort (Warner, 1999). Moreover, many other RNA pol II genes encode proteins involved in ribosome biogenesis but are not part of ribosomes. These include the RNA pol I and III subunits and the proteins involved in rRNA and tRNA maturation, and transport and translation factors, which are coordinately regulated (RiBi regulon in yeast) and also share some regulatory mechanisms with RP genes (Martin et al., 2006; Bosio et al., 2017). Therefore, the coordination of ribosome biogenesis and its regulation by growth must require the existence of regulatory mechanisms that coordinate their output. Candidates for this role are mammalian c-Myc and the yeast Sfp1 transcription factors (Lempiäinen and Shore, 2009). Regulation of RNA pols by growth is dependent on the target of rapamycin and Ras–PKA pathways that link ribosome production to nutrient availability (Warner, 1999; Martin et al., 2006; Mayer and Grummt, 2006; Lempiäinen and Shore, 2009). These pathways act by regulating the activity of several transcription activators, such as Rap1, Abf1, or Sfp1, in yeast (see Bosio et al., 2017, for further details).



AN EXAMPLE OF DIFFERENT REGULATION OF RNA POLS RELATED TO THEIR DIFFERENT FUNCTION: RIBOSTATIC CONTROL DURING CELL VOLUME VARIATIONS

The different properties of eukaryotic RNA pols and their RNA products predict that the regulatory mechanisms used by each one to cope with changes will be different. We discuss here an example that we have recently studied in yeast S. cerevisiae: the regulation of global RNA pol I and II activities with respect to changes in cell volume.

Homeostasis is defined as the state of steady internal conditions maintained by living beings and includes the control of concentrations of cell molecules. The terms ribostasis and proteostasis refer to the modulation of RNA and protein levels, respectively, in response to changes in the environment. Proteins are mostly the final goal of gene expression and are in charge of catalytic and structural functions. For this reason, their homeostasis is very strictly controlled, and the total protein concentration remains quite constant (Liebermeister et al., 2014; Milo and Phillips, 2015; Benet et al., 2017). Nonetheless, gene expression regulation occurs chiefly at the mRNA level. For this purpose, mRNAs are mostly unstable, and the overall mRNA concentration is controlled within a certain range (Pérez-Ortín et al., 2013; Benet et al., 2017). On the contrary, rRNAs and tRNAs remain very stable during active growth and only degrade under stress conditions or when defects in the molecule occur (Deutscher, 2006; Pérez-Ortín et al., 2019).

Homeostasis deals with the molecular concentration, and not with the number of molecules. Therefore, changes in the cell volume are expected to provoke adaptation mechanisms to maintain homeostasis. In yeast cells, and probably in other organisms, volume varies depending on the genotype, the cell cycle phase (Jorgensen et al., 2002; Ferrezuelo et al., 2010), aging (Egilmez et al., 1990), ploidy (Cook and Tyers, 2007; Lee et al., 2009), and the growth rate (Aldea et al., 2017). To maintain ribostasis and proteostasis, increases in cell volume must be compensated by the coordinated increase in the amounts of RNA molecules and proteins (Bustamante et al., 2014; Walters and Parker, 2015).

Studies carried out in different model organisms have established differences between transcription regulatory responses to cell volume depending on the organism and the RNA pol studied and suggest the existence of a size-sensing mechanism that produces alterations in transcription (Wu et al., 2010). Changes in the RNA pol II transcription rate (TR) with volume increase have been widely studied to show that it is differentially regulated in cells with different cell division types. Thus, for symmetrically dividing cells, such as mammalian fibroblasts (Padovan-Merhar et al., 2015), or Schizosaccharomyces pombe (Zhurinsky et al., 2010), RNA pol II nascent TR increases in parallel with volume due to a bigger and faster recruitment of polymerase onto chromatin (Sun et al., 2020). Thus, for symmetrically dividieng cells, such as S. cerevisiae, nascent TR remains constant by controlling the expression of RNA pol II coding genes, while mRNA stability increases to maintain mRNA ribostasis (Mena et al., 2017). This difference is explained by asymmetric cell division in S. cerevisiae resulting in two cells with different volumes: a small daughter cell and a large mother cell. In this scenario, the strategy adopted by eukaryotes with symmetric cell division, such as S. pombe or fibroblasts, is not applicable, as it would result in a higher mRNA net synthesis rate in small daughter cells (Mena et al., 2017). However, the strategy adopted to adapt ribostasis to increased cell volume is very different for RNA pol I. In this case, nascent TR increases with cell volume by increasing the number of copies of the rDNA gene. The higher gene copy number can occur by increasing cell ploidy or by expanding the number of rDNA repeats (Mena et al., 2017; Pérez-Ortín et al., 2021). This mode of regulation is a slow form of TR regulation because changes in the genome can occur only during replication (Kobayashi, 2006, 2011; Nelson et al., 2019).

Why is there a different solution for an identical problem in RNA pols I and II? We hypothesize that the differences in their targets, the 35S gene, and protein-encoding genes conditioned the evolution of different regulatory mechanisms for RNA pol I and RNA pol II. As the rRNA TR needs to reach much higher levels than that of any of the RNA pol II genes, eukaryotic cells evolved a specialized faster polymerase with a single gene template with many repeated copies. RNA pol is able to form extremely dense head-to-tail “camel caravans” in which the A49 subunit from one molecule contacts directly with A43 from the neighboring molecule. Thus, the specialized dimer A49/A43 allows a higher RNA pol loading rate than in RNA pol II (Albert et al., 2011). On the other hand, the repeated nature of the rDNA locus is prone to cause homologous recombination (Iida and Kobayashi, 2019) and offers the opportunity to alter the rDNA copy number and, thus, total TR without changing nascent TR per gene copy. In this way, RNA pol I can be controlled in the short term at the transcription initiation and elongation levels, as with other RNA pols, but also in the long term by changing its copy number during genome replication (Kobayashi et al., 1998; Pérez-Ortín et al., 2021). An interesting question arises here: what happens to the RNA pol III that transcribes tRNAs and 5S genes, whose gene number is also a few hundred copies (Turowski and Tollervey, 2016)? Interestingly, 5S genes are localized within the rDNA repeats in the genome of Saccharomycotina clade (Bergeron and Drouin, 2008), which comprises mostly asymmetrically dividing yeasts, which could imply a common TR regulation strategy for RNA pols I and III in rRNA synthesis. To support this idea, in other yeasts and most of other eukaryotes with symmetric cell division, 5S genes are usually dispersed along the genome (Drouin and De Sa, 1995).

To summarize, eukaryotes differentiate from prokaryotes not only because of a more complex intracellular organization with nuclear and organelle evolutionarily independent genomes but also because the unprecedented job division occurs between several distinct nuclear RNA pols. The specialization of each one in the synthesis of a specific subset of transcripts with different abundance, stability, and function has forced differences in transcription initiation, elongation, termination, and regulation strategies but has provided, at the same time, the versatility to make phenotypically different cells from the same genome as a requisite for multicellular organisms.
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Eukaryotic RNA polymerases (RNA pols) transcriptional processes have been extensively investigated, and the structural analysis of eukaryotic RNA pols has been explored. However, the global assembly and biogenesis of these heteromultimeric complexes have been narrowly studied. Despite nuclear transcription being carried out by three RNA polymerases in eukaryotes (five in plants) with specificity in the synthesis of different RNA types, the biogenesis process has been proposed to be similar, at least for RNA pol II, to that of bacteria, which contains only one RNA pol. The formation of three different interacting subassembly complexes to conform the complete enzyme in the cytoplasm, prior to its nuclear import, has been assumed. In Saccharomyces cerevisiae, recent studies have examined in depth the biogenesis of RNA polymerases by characterizing some elements involved in the assembly of these multisubunit complexes, some of which are conserved in humans. This study reviews the latest studies governing the mechanisms and proteins described as being involved in the biogenesis of RNA polymerases in yeast.
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INTRODUCTION

Transcription is the most studied step of the gene expression catalyzed by RNA polymerases (RNA pols). Eukaryotes contain at least three RNA pols (RNA pols I, II, III), while archaea and bacteria consist of a single enzyme (Werner and Grohmann, 2011). In addition, two additional RNA pols have been described to be present in plants (RNA pols IV and V) (Wierzbicki et al., 2008; Haag and Pikaard, 2011; Haag et al., 2014). Although single-subunit RNA pols exist (as in bacteriophage T7) (Kwapisz et al., 2008), the bacterial, archaeal, and eukaryotic RNA pols are heteromultimeric complexes (Werner and Grohmann, 2011; Cramer, 2019). In eukaryotes, RNA pol I comprises 14 subunits and synthesizes a precursor of the three largest rRNAs (Werner et al., 2009; Lane et al., 2011; Werner and Grohmann, 2011; Moreno-Morcillo et al., 2014). RNA pol II contains 12 subunits and is responsible for the transcription of mRNAs and some non-coding RNAs (Armache et al., 2003, 2005; Werner and Grohmann, 2011). RNA pol III is composed of 17 subunits and catalyzes the synthesis of tRNAs and 5S rRNA, as well as other non-coding RNAs (Werner et al., 2009; Fernández-Tornero et al., 2011; Lane et al., 2011; Werner and Grohmann, 2011; Dieci et al., 2012; Khatter et al., 2017).

Despite the fact that the transcription process and regulation have been extensively studied along with the structure of RNA pols (Ishihama, 1981; Briand et al., 2001; Cramer, 2002, 2019; Armache et al., 2003, 2005; Werner, 2007; Werner et al., 2009; Fernández-Tornero et al., 2011, 2013; Lane et al., 2011; Werner and Grohmann, 2011; Moreno-Morcillo et al., 2014), very little is known about the biogenesis of multisubunit RNA pols and how these processes occur in yeast. Several studies have identified many factors involved in the assembly and/or nuclear transport of RNA polymerases in both yeast and human cells, with most of them operating for the biogenesis of RNA pol II. In light of this, this review focuses on pre-existing knowledge of the assembly of RNA polymerases in yeast.



GENERAL OVERVIEW OF THE ASSEMBLY PROCESSES OF RNA POLYMERASES

A model for bacterial RNA pol (ααββ’ω subunits) assembly has been proposed based on in vitro experiments. Assembly would start with the formation of the αα dimer, which would interact with the β subunit. Later, the ααβ module would associate with the β’ subunit, which probably forms a complex with the ω subunit (Ishihama, 1981). Interestingly, the ω subunit, which is not essential, seems to stabilize the β’ subunit (Minakhin et al., 2001).

In yeast, a model for the biogenesis of RNA pol II based on bacterial RNA pol formation (Ishihama, 1981) has been suggested (Wild and Cramer, 2012). A similar model has been proposed in human cells, which suggests the conservation of these processes. Yeast RNA pol II possesses the bacterial homolog ααββ’ω core composed of subunits Rpb1, Rpb2, Rpb3, Rpb11, and Rpb6 (Zhang et al., 1999; Werner and Grohmann, 2011; Wild and Cramer, 2012; Cramer, 2019). These subunits are conserved in yeast RNA pol I and III (Werner and Grohmann, 2011; Cramer, 2019). Accordingly, the Rpb3 subassembly complex (corresponding to αα dimer: Rpb3, Rpb10, Rpb11, and Rpb12) would form and interact with the Rpb2 subassembly complex (similar β subunit: Rpb2 and Rpb9) prior to the association with the Rpb1 subassembly module (β’ω subunits: composed of Rpb1, Rpb5, Rpb6, and Rpb8). Rpb6 (ω, subunit) would act by stabilizing the largest subunit of RNA pol II for the assembly of RNA pol II (Nouraini et al., 1996; Minakhin et al., 2001; Garrido-Godino et al., 2013) in line with the role proposed for the ω subunit (Minakhin et al., 2001). Finally, the stalk subcomplex (Rpb4/7) would associate with the preassembled core enzyme (Wild and Cramer, 2012 and our unpublished data), although it can dissociate (Armache et al., 2005).

While the proposed model accounts for RNA pol II, the question of what occurs for RNA pol I and III arises. By taking into account the conservation of the different subunits ααββ’ω in RNA pol I and III, similar pathways may act for the assembly of all eukaryotic RNA pols, and this process is likely coordinated by the existence of five RNA pols common subunits: Rpb5, Rpb6, Rpb8, Rpb10, and Rpb12 (Wild and Cramer, 2012). It is worth noting that the yeast homologous ω subunit Rpb6 has also been described to stabilize RNA pol I in addition to RNA pol II (Nouraini et al., 1996; Minakhin et al., 2001; Garrido-Godino et al., 2013). Furthermore, the availability of the shared subunit Rpb12 must be a limiting step in the assembly of the three RNA pols in yeast (Rubbi et al., 1999; Wild and Cramer, 2012). In addition, homologous Rpb4/7 complexes exist for RNA pol I and III (Rpa14/Rpa43 and Rpc17/Rpc25, respectively) (Werner and Grohmann, 2011). Nevertheless, the mechanisms governing the assembly of RNA pol I and III are described in another article published in the same issue by Boguta and Turowski (in press).

In line with previously proposed mechanisms for yeast, quantitative proteomic analyses in human cells have demonstrated the existence of a cytoplasmic RNA pol II subcomplex formed by subunits RPB2, RPB3, RPB10, RPB11, and RPB12 (Boulon et al., 2010), which suggests that the interaction of the RPB2 and RPB3 subassembly complexes may occur prior to the association with the RPB1 subassembly complex.

Another important question relates to where the assembly of the RNA polymerases occurs and how they enter the nucleus. RNA pol II assembly has been proposed to occur in the cytoplasm before its nuclear import in yeast (Boulon et al., 2010; Corden, 2011; Wild and Cramer, 2012; Mirón-García et al., 2013; Gómez-Navarro and Estruch, 2015), as it similarly occurs in human cells (Boulon et al., 2010; Corden, 2011; Wild and Cramer, 2012; Mirón-García et al., 2013; Gómez-Navarro and Estruch, 2015), and as it is suggestes by both the cytoplasmic accumulation of RNA pol II subunits after blocking biogenesis and by the identification of RNA pol II transport factors (i.e., Iwr1 and Rtp1) suggest (Czeko et al., 2011; Gómez-Navarro et al., 2013). However, additional Iwr1-independent mechanisms have been proposed to allow some RNA pol II subunits to passively diffuse into the nucleus in both yeast and human (Boulon et al., 2010; Gómez-Navarro and Estruch, 2015). Notably, cytoplasmic biogenesis has also been proposed for yeast RNA pol I and III based on the cytoplasmic accumulation of the largest subunits of their RNA pols under impairing assembly (Mirón-García et al., 2013). Although the mechanisms governing the assembly of RNA pol I and III are not as clear, mass spectrometry approaches and dissociation studies of the elongation complexes in yeast have identified the disassembly of RNA pol I and III and probably assembly subcomplexes (Schneider and Nomura, 2004; Lane et al., 2011). In yeast, the RNA pol III core may be assembled in the cytoplasm (Hardeland and Hurt, 2006; Mirón-García et al., 2013), whereas additional subcomplexes or free subunits must bind the core in the nucleus (Hardeland and Hurt, 2006). In fact, there are reports informing that the cytoplasmic accumulation of the second largest subunit Rpc128 also leads to the accumulation of other subunits, such as Rpc160, Rpc53, and Rpc11, whereas others remain nuclear (Hardeland and Hurt, 2006). Interestingly, dissociation analyses by mass spectrometry have evidenced that several subcomplexes appear after disturbing the RNA pol III structure in vitro, including stable trimer Rpc31/82/34 and the two heterodimers Rpc82/31 and Rpc17/25, as well as some free subunits like Rpb10, Rpc11, Rpc82, and Rpc34 (Lane et al., 2011). Notably, human RNA pol I assembly has been proposed to be sequential, but highly inefficient, even in vivo, with individual subunits entering the nucleolus rather than the preassembled holoenzyme (Dundr et al., 2002).



ASSEMBLY FACTORS ARE REQUIRED FOR THE ASSEMBLY PROCESSES OF RNA POLYMERASES

In yeast, the assembly of RNA pols and their transport to the nucleus require the action of assembly and/or transport factors, most of which are conserved in human cells. The pre-existing knowledge about their role in the assembly of yeast RNA pols and their comparison with that in humans are summarized in Table 1. How these factors act to mediate the sequential assembly of RNA pols and the nuclear transport is shown in Figure 1.


TABLE 1. Assembly factors.
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FIGURE 1. The biogenesis model of RNA pol II (RNA pol I and III assembly has been proposed to be similar). RNA pol II is composed of several subassembly complexes that sequentially interact to form the whole enzyme. The Rpb3 subassembly complex is formed prior to its interaction with the Rpb2 subassembly complex. Later, the Rpb1 subassembly complex junction leads to the core formation of RNA pol II. The association of the Rpb4/7 dimer with the rest of the complex probably occurs at a later step in the cytoplasm, although nuclear association must not be ruled out. RNA pol assembly requires the participation of assembly factors. After the core formation of RNA pol II, some assembly factors could be released, while others could participate in RNA pol II import, such as Npa3 or Rtr1. Import factor Iwr1 binds the active center of the full enzyme prior to its nuclear import. In the nucleus, assembly and import factors release RNA pol II and could be recycled to the cytoplasm, while others like Rtr1, Bud27, and Iwr1 could continue to be associated with RNA pol to mediate a role in transcription. The assembly factors described in yeast (some with human counterparts that play similar roles) are shown in white. Rbs1 is depicted in pink because it has been shown to participate only in the assembly of RNA pol III.



R2TP/Prefoldin-like

R2TP was initially identified in yeast as an Hsp90- associated multiprotein complex (R2TP-Hsp90 complex) (Zhao et al., 2005). This complex is well conserved from yeast to humans (Zhao et al., 2005; Boulon et al., 2008). Yeast R2TP components Rvb1/Rvb2 associate independently with whole RNA pol II and the Hsp90 complex (Lakshminarasimhan et al., 2016). R2TP subunits have also been detected in the polysomes interacting with newly synthesized Rpb1 subunits (Villanyi et al., 2014). Furthermore, the co-translational assembly between R2TP, Hsp90, and Rpb1 is mediated by Not5 (Villanyi et al., 2014). Similarly, in human cells, the co-chaperone R2TP complex works with HSP90 in the activation and assembly of several macromolecular complexes, including RNA pol II (Boulon et al., 2010). Proteomic analyses in human cells have evidenced the presence of RPB1-RPB8 dimer (RPB8 also called RPABC3) that interacts with the full R2TP/PFDL complex (Boulon et al., 2010). Human R2TP subunit RPAP3 delivers unassembled RPB1 to HSP90 and also associates with the largest subunits RPA190 (also called RPA1) (Boulon et al., 2010) and RPC160 (also called RPC1) of the free RNA pol I and RNA pol III (Jeronimo et al., 2007), respectively. These data suggest that R2TP subunit RPAP3 may be involved in the assembly of all three RNA pols (Boulon et al., 2010).

The human R2TP complex interacts with components of the prefoldin (PFD) complex (PFDN2 and PFDN6) and the prefoldin-like complex (URI, UXT, and PDRG1) to form the R2TP/prefoldin-like complex (R2TP/PFDL) (Cloutier et al., 2009; Cloutier and Coulombe, 2010; Martínez-Fernández et al., 2018). URI yeast ortholog Bud27 interacts with prefoldin subunits 2 and 6 (Pfd2 and Pfd6) and with the RNA pols common subunit Rpb5 and plays a role in the cytoplasmic assembly of RNA pol I, II, and III (Cloutier et al., 2009; Cloutier and Coulombe, 2010; Mirón-García et al., 2013; Martínez-Fernández et al., 2018).

These data suggest that R2TP, in both yeast and human, participates in the assembly of subassembly complex Rpb1 to the rest of the RNA pol II enzyme and likely occurs for RNA pol I and III.



HSP90

Yeast Hsp90 and human HSP90 are well-conserved molecular chaperones that participate in protein folding and avoid the non-specific aggregation of non-native proteins (Pearl and Prodromou, 2006; Wandinger et al., 2008; Taipale et al., 2010; Makhnevych and Houry, 2012; Schopf et al., 2017).

As indicated above, yeast Hsp90 associates with RNA pol II (Lakshminarasimhan et al., 2016) and human HSP90 and R2TP/PFDL mediate the assembly of RNA pol II through the interaction with the RPB1 subcomplex (Boulon et al., 2010, 2012; Makhnevych and Houry, 2012). Interestingly, yeast Rpa135 (RNA pol I) and Rpc40 (RNA pol III) feature among Hsp90 clients (McClellan et al., 2007). These data suggest that Hsp90 could mediate the assembly of RNA pol I, II, and III. HSP90 is required for RPB1 stabilization through most of the assembly pathway, particularly for the RPB1 subunit association with RPB8 (also called RPABC3) and RPB5 (also called RPABC1) and also with the RPB2-RPB3-RPB10-RPB11-RPB12 subcomplex (also called RPB2-RPB3-RPABC5-RPB11-a and RPABC4), by facilitating the assembly of the complete enzyme (Boulon et al., 2010, 2012). Therefore, HSP90/R2TP could mediate a quality control mechanism for RNA pol II formation by ensuring its correct assembly before its nuclear import (Boulon et al., 2012). Interestingly, and as previously demonstrated for yeast (Lakshminarasimhan et al., 2016), proteomic analyses have also revealed not only RPB1 but also RPA190 (also called RPA1) and RPC160 (also called RPC1) to be HSP90/R2TP interactors, which also suggests their role in the assembly of RNA pol I and III (Boulon et al., 2010).



Bud27

Bud27, and its human ortholog URI, are members of the PFD family of the ATP-independent molecular chaperones considered to function as scaffold proteins capable of assembling additional members of the PFD family in both human and yeast (Gstaiger et al., 2003; Martínez-Fernández and Navarro, 2018). Bud27 contacts the Pfd6 and Pfd2 components of the PFD/GimC complex (Gstaiger et al., 2003; Mirón-García et al., 2013), whereas URI contacts the PFD complex (Gstaiger et al., 2003).

Both Bud27 and URI interact with Rpb5, a common subunit of eukaryotic RNA pols (Dorjsuren et al., 1998; Gstaiger et al., 2003; Mirón-García et al., 2013; Martínez-Fernández and Navarro, 2018). Bud27 mediates the cytoplasmic assembly of the three RNA pols in Saccharomyces cerevisiae in an Rpb5-dependent manner before nuclear translocation, which probably occurs similarly for human URI, at least for RNA pol II (Mirón-García et al., 2013). Furthermore, proteomic analyses reveal URI to be an R2TP/PFDL component involved in, at least, RNA pol II assembly in human (Cloutier et al., 2009; Cloutier and Coulombe, 2010; Martínez-Fernández et al., 2018).

Bud27 shuttles between the nucleus and the cytoplasm (Mirón-García et al., 2013) and participates in the transcription mediated by the three RNA pols (Mirón-García et al., 2014; Vernekar and Bhargava, 2015; Martínez-Fernández et al., 2020). These results suggest that Bud27 could be imported to the nucleus in association with RNA pols and then remain associated with the transcriptional complexes, probably by a tripartite interaction with Rpb5 and remodeler complexes like RSC (Mirón-García et al., 2014; Vernekar and Bhargava, 2015).



The GPN-Loop GTPase Family

GPN-loop GTPase proteins, highly conserved from archaea to humans, contain a highly conserved GPN-loop motif of Gly-Pro-Asn inserted into the GTPase core-fold that functions in GTP hydrolysis (Gras et al., 2007). In yeast, three GPN-loop GTPase, Npa3, Gpn2, and Gpn3 (GPN1, GPN2, and GPN3 in human, respectively), have been described, which evolved from a single archaeal counterpart (Gras et al., 2007; Forget et al., 2010; Carre and Shiekhattar, 2011; Staresincic et al., 2011; Minaker et al., 2013).

The three yeast and human small GTPases have been described to participate in RNA pol II assembly and/or transport to the nucleus (Forget et al., 2010; Carre and Shiekhattar, 2011; Staresincic et al., 2011; Minaker et al., 2013; Niesser et al., 2015; Li et al., 2018; Zeng et al., 2018; Liu et al., 2020). Furthermore, interactions among the three yeast and human members of the GPN-loop GTPase family have been detected (Uetz et al., 2000; Boulon et al., 2010; Forget et al., 2010; Carre and Shiekhattar, 2011; Staresincic et al., 2011; Minaker et al., 2013; Liu et al., 2020). A more detailed overview of these proteins is shown below.


Npa3

Npa3 interacts with RNA pol II and the R2TP complex in yeast (Forget et al., 2010; Niesser et al., 2015). Similarly, the human Npa3 ortholog, GPN1, has been described as an RNA pol II-associated protein that interacts with not only the complex R2TP/PFDL, and the cytosolic chaperonin, CCT, but also with other proteins involved in protein assembly and/or folding (Jeronimo et al., 2007; Forget et al., 2010). Npa3 depletion leads to the cytoplasmic accumulation of Rpb1 and Rpb3 (Staresincic et al., 2011). Cytoplasmic Rpb1 accumulation is also observed in mutants of the Npa3 GTP-binding domain or GPN motifs (similarly for human GPN1) (Forget et al., 2010; Carre and Shiekhattar, 2011; Staresincic et al., 2011). Nevertheless, Rpb3 immunoprecipitation evidences that Npa3 coordinates not only with Gpn3 but also with Rba50 (described in detail in the next paragraph), for the correct association of Rpb1 and Rpb2 with the Rpb3 subcomplex, likely in the cytoplasm (Liu et al., 2020). These data point to a major role of this protein in the cytoplasmic assembly of RNA pol II as has been previously proposed (Niesser et al., 2015). In line with this, two-hybrid assays have shown that the Rpb2 subunit contacts Npa3 and Rba50, which suggests that both proteins may coordinate the Rpb2 subcomplex-dependent assembly of RNA pol II (Liu et al., 2020). In fact, Npa3 is found mainly in the cytoplasm (Huh et al., 2003), but it contains a nuclear export sequence (NES) (Staresincic et al., 2011) that is also conserved in its human ortholog GPN1 (Reyes-Pardo et al., 2012). Npa3 and, similarly human GPN1, translocates to the cytoplasm by the action of the Xpo1/Crm1 pathway (Forget et al., 2010; Carre and Shiekhattar, 2011; Staresincic et al., 2011) and has been proposed to participate mainly in the nuclear import of RNA pol II (Forget et al., 2010; Carre and Shiekhattar, 2011; Staresincic et al., 2011). In line with data in yeast, two-hybrid experiments in human cells have demonstrated the interaction between GPN1 and Rba50 human ortholog RPAP1 and also between GPN1 and RPB2 (Liu et al., 2020). These findings suggest that the role proposed for Npa3 in the assembly of RNA pol II is also conserved in human cells.



Gpn2

Gpn2 is another GPN-loop GTPase family member (Alonso et al., 2013). Similar to Gpn1 and Gpn3, Gpn2 loss-of-function leads to altered cytoplasmic RNA pol II localization, which suggests a role for Gpn2 in the transport of RNA pol II to the nucleus (Staresincic et al., 2011; Minaker et al., 2013; Zeng et al., 2018; Liu et al., 2020). Gpn2 physically interacts with Rba50 and Rpb12 by cooperating to assemble the Rpb3 subcomplex prior to its association with Rpb1 and Rpb2 (Zeng et al., 2018). Yeast gpn2 mutants show genetic interactions with RNA pol I and III mutants (Minaker et al., 2013). Although gpn2 mutants affect the localization of both RNA pol II and III, they do not mislocalize RNA pol I subunits (Minaker et al., 2013). These results suggest that Gpn2 acts not only in RNA pol II assembly but also in the RNA pol I and III assembly process.



Gpn3

Gpn3 has been proposed to mediate RNA pols biogenesis, assembly, and transport to the nucleus (Minaker et al., 2013; Liu et al., 2020) and has been demonstrated to form a stable complex with Gpn1 in both yeast and human (Carre and Shiekhattar, 2011; Cristóbal-Mondragón et al., 2019; Liu et al., 2020). In addition, yeast gpn3 mutants mislocalize RNA pol II and III subunits, which suggests a role for Gpn3 (and Gpn2) in not only RNA pol II but also in RNA pol III assembly and/or transport (Minaker et al., 2013). Gpn3 has been proposed to act upstream of import factor Iwr1 during RNA pol II biogenesis (Minaker et al., 2013). Proteomic analyses have evidenced the human GPN3, as well as GPN1 and GPN2, to be an interactor of the RNA pol II subunits (Forget et al., 2010; Calera et al., 2011). The human GPN1/GPN3 complex associates with RNA pol II in both the nucleus and the cytoplasm (Carre and Shiekhattar, 2011) and specifically binds RPB7 (likely the RPB7/RPB4 dimer) and the C-terminal domain (CTD) of RPB1 in vitro (Carre and Shiekhattar, 2011). Furthermore, the depletion of human GPN3 or GPN1 by small interfering RNAs (siRNAs) leads to RPB1 cytoplasmic accumulation (Calera et al., 2011; Carre and Shiekhattar, 2011). In line with a role for GPN3 in RNA pol II transport to the nucleus, the Q279∗ mutation of GPN3, related to cancer, has been described to lead to GPN3 entering the cell nucleus and inhibiting GPN1 nuclear export (Barbosa-Camacho et al., 2017).

By taking these data collectively, the GPN-loop GTPase family would act by favoring the assembly and/or transport of the three RNA pols in yeast, and these roles could be conserved in human cells.



Rba50/RPAP1

Rba50 has been described as a cytoplasmic protein that interacts not only with the Rpb10 subunit in two-hybrid screening (Ito et al., 2001; Huh et al., 2003) but also with Rpb2, Rpb3, and Rpb11 in TAP-tagging analyses (Hazbun et al., 2003).

In yeast, physical and functional interactions have been demonstrated between Rba50 and the small GTPases Gpn2 and Npa3, and these interactions are conserved in human and Arabidopsis (Muñoz et al., 2017; Li et al., 2018; Zeng et al., 2018; Liu et al., 2020).

Recent studies propose the coordinated action between Rba50 and Gpn2 in the Rpb3 subcomplex assembly prior to its association with the Rpb2 subassembly complex (Zeng et al., 2018). The association among Rba50, Rpb3, Rpb10, and Rpb11 and between Gpn2 and Rpb12 would allow the Rpb3 subassembly complex formation (Zeng et al., 2018). Although yeast rba50-3 mutant cells affect Rpb1 distribution, no interactions between Rpb1 and Rba50 or Gpn2 have been identified, which suggests that Rba50 and Gpn2 only transiently associate with the Rpb3 subcomplex and dissociate once Rpb1 is associated during the assembly of RNA pol II (Zeng et al., 2018). The recent observation that Rba50 and Npa3 not only interact but also target Rpb2 during the biogenesis of RNA pol II suggests that Rba50 also associates with Npa3 by increasing its affinity to Rpb2 to facilitate Rpb2 assembly to the previously formed Rpb3 subassembly complex (Liu et al., 2020). As previously indicated, human Rba50 ortholog RPAP1 interacts with GPN1, which associates with RPB2 (Liu et al., 2020). RPAP1 enters the nucleus and has been proposed to be required for the transcription of cell identity genes (those genes regulating the developmental process and fibroblastic/mesenchymal identity) by operating at the interface between the Mediator and RNA pol II (Lynch et al., 2018).

Based on yeast and human data, some authors propose that Rba50 (and probably its human ortholog RPAP1) functions by favoring a platform for other assembly factors like Gpn2 and Npa3 to sequentially mediate the association of RNA pol II subassembly complexes (Liu et al., 2020).



Rtr1/RPAP2

Rtr1 (“regulator of transcription” 1) has been described as a phosphorylated RNA pol II interactor by acting as an S5-P CTD phosphatase during the transition from the initiation of the transcription to elongation in vivo (Gibney et al., 2008; Mosley et al., 2009, 2013; Hsu et al., 2014; Smith-Kinnaman et al., 2014; Hunter et al., 2016). Additional roles have been proposed for Rtr1 in transcription and mRNA stability (Mosley et al., 2013; Hsu et al., 2014; Hodko et al., 2016; Victorino et al., 2020) (our unpublished data).

It has been proposed that Rtr1 acts as a nuclear RNA pol II import factor as RTR1 deletion causes cytoplasmic accumulation of Rpb1 and Rpb2 (Gómez-Navarro and Estruch, 2015). Rtr1 shuttles between the nucleus and cytoplasm in a Crm1-dependent manner (Gibney et al., 2008) and interacts with the nucleocytoplasmic transport protein Ran (a small Ras-like GTPase) (Braunwarth et al., 2003). The deletion of RTR1 paralog RTR2 does not cause mislocalization of Rpb1, but it increases in the double rtr1 rtr2 mutant. These findings suggest that both proteins may play a redundant role in RNA pol II import (Gómez-Navarro and Estruch, 2015). Interestingly, Rtr1 also copurifies with the GTPases Gpn3 and Npa3 (Mosley et al., 2013; Smith-Kinnaman et al., 2014), which are proteins that have also been implicated in the nuclear import of RNA pol II (Staresincic et al., 2011).

Human Rtr1 ortholog RPAP2 has been proposed to act as an RNA pol II import factor, given its silencing results in RPB1 cytoplasmic accumulation (Forget et al., 2013). RPAP2 interacts with RNA pol II through its nuclear retention domain in vitro (Forget et al., 2013) and directly binds the RPB6 subunit of the enzyme (Wani et al., 2014). In addition, proteomic analyses of human subassembly complexes have identified that RPAP2 is preferentially associated with the free RPB3 and RPB1 subunits (Boulon et al., 2010), which suggests a role for RPAP2 in the biogenesis of RNA pol II. Furthermore, RPAP2 shuttles to the cytoplasm in association with GPN1 (Forget et al., 2013; Guerrero-Serrano et al., 2017). As in yeast, this evidences the relationship between RPAP2 and small GTPases. Interestingly, Arabidopsis Rtr1 ortholog RIMA interacts with MINIYO (the Rba50 yeast ortholog) (Muñoz et al., 2017).

By considering the role of Rtr1 in only the transcription of RNA pol II (Gibney et al., 2008; Mosley et al., 2009; Hsu et al., 2014; Victorino et al., 2020) and the above data, we speculate that this protein is specific to the assembly and/or transport of RNA pol II in yeast and also in other organisms.



Rtp1

Rtp1 has been proposed to be an important factor for nuclear RNA pol II localization via Iwr1-independent pathways (Gómez-Navarro et al., 2013). In fact, it has been suggested to participate in transporting RNA pol II through the nuclear pore complex (Gómez-Navarro et al., 2013; Gómez-Navarro and Estruch, 2015). Rtp1 physically interacts with R2TP complex components and also with several RNA pol II subunits (Gómez-Navarro et al., 2013). Mass spectrometry data suggest that Rtp1 can facilitate the interaction between subassembly complexes Rpb2 and Rpb3, and their later interaction with the subassembly complex Rpb1 for the assembly of RNA pol II (Gómez-Navarro et al., 2013). RTP1 gene depletion in yeast leads to the cytoplasmic accumulation of Rpb1 and Rpb2 (Gómez-Navarro et al., 2013). Interestingly, the fact that the rtp1 mutant shows no clear cytoplasmic accumulation of small RNA pol II subunits, such as Rpb3 and Rpb11, suggests the existence of passive nuclear diffusion of small RNA pol II subunits (Gómez-Navarro and Estruch, 2015).



Iwr1

Iwr1 was initially reported as a protein that interacts with almost every RNA pol II subunit to regulate the transcription of some genes (Gavin et al., 2002; Peiro-Chova and Estruch, 2009) and was later reported as being important for preinitiation complex formation by all three nuclear RNA pols in S. cerevisiae (Esberg et al., 2011). It has been proposed that the main pathway for the nuclear RNA pol II import involves yeast Iwr1 (Czeko et al., 2011). Iwr1 binds the cleft of the active center of RNA pol II once the enzyme is fully assembled and uses its NLS signal to direct the nuclear import of RNA pol II (Czeko et al., 2011). Iwr1 is displaced from active RNA pol II in the nucleus, which facilitates its export and recycling (Czeko et al., 2011; Wild and Cramer, 2012). Nevertheless, iwr1Δ mutant strains show cytoplasmic accumulation of both Rpb1 and Rpb3 (Czeko et al., 2011), which suggests interferences with the assembly of RNA pol II.

In addition to Iwr1-dependent nuclear RNA pol II import, Iwr1-independent import pathways have been proposed as mechanisms that maintain cell viability when the main pathways are blocked, which involves the nuclear import of individual or partially assembled subunits, even by diffusion (Gómez-Navarro and Estruch, 2015).



Rbs1

Rbs1 was originally identified as a PAS kinase suppressor in a genetic high-copy suppressor study (Rutter et al., 2002). More recently, a role for Rbs1 in RNA pol III assembly and transport to the nucleus has been proposed (Cieśla et al., 2015). This role for Rbs1 has also been described in another article published in the same issue by Boguta and Turowski (in press). Rbs1 physically interacts not only with several RNA pol III subunits, such as Rpc19 and Rpc40 but also with the RNA pol common subunit Rpb5 (Cieśla et al., 2015). Rbs1 has been described as a Crm1 interactor, and it shuttles between the nucleus and the cytoplasm. Accordingly, it has been suggested to likely interact with the RNA pol III complex to mediate its nuclear translocation (Cieśla et al., 2015). Rbs1 has also been proposed to mediate the biogenesis of RNA pol III by controlling the steady-state levels of RPB10 mRNA by interacting with its 3′ UTR region (Cieśla et al., 2020).



CONCLUDING REMARKS

Despite the pre-existing knowledge about RNA pols assembly in yeast and their transport to the nucleus, mainly focused on RNA pol II and likely well-conserved for human RNA pol II, many interesting questions still need answers: although the assembly of RNA pols in eukaryotes seems to be similar to that in bacteria, why do RNA pols-specific processes exist? Why do RNA pol-specific assembly factors exist, while others seem to be general? Can different and additional mechanisms act for the assembly of RNA pols in yeast and other eukaryotes? Which mechanisms account for the nuclear transport of different RNA pols?

Resolving these important questions and others must be the goal of future studies, to help us better understand the mechanisms governing the assembly and nuclear transport of different RNA pols.
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Viral infections and the harm they cause to their host are a perpetual threat to living organisms. Pathogenesis and subsequent spread of infection requires replication of the viral genome and expression of structural and non-structural proteins of the virus. Generally, viruses use transcription and translation machinery of the host cell to achieve this objective. The viral genome encodes transcriptional regulators that alter the expression of viral and host genes by manipulating initiation and termination steps of transcription. The regulation of the initiation step is often through interactions of viral factors with gene specific factors as well as general transcription factors (GTFs). Among the GTFs, TFIIB (Transcription Factor IIB) is a frequent target during viral pathogenesis. TFIIB is utilized by a plethora of viruses including human immunodeficiency virus, herpes simplex virus, vaccinia virus, Thogoto virus, hepatitis virus, Epstein-Barr virus and gammaherpesviruses to alter gene expression. A number of viral transcriptional regulators exhibit a direct interaction with host TFIIB in order to accomplish expression of their genes and to repress host transcription. Some viruses have evolved proteins with a three-dimensional structure very similar to TFIIB, demonstrating the importance of TFIIB for viral persistence. Upon viral infection, host transcription is selectively altered with viral transcription benefitting. The nature of viral utilization of TFIIB for expression of its own genes, along with selective repression of host antiviral genes and downregulation of general host transcription, makes TFIIB a potential candidate for antiviral therapies.
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INTRODUCTION

Viruses have always been a threat to living creatures. Humans alone are the target of more than 200 viral species (Woolhouse et al., 2012; Knipe et al., 2013). The known viruses and the newly evolving strains, which are being discovered on a regular basis, have the potential to pose a global threat to humanity. They have caused pandemics in the past and the current COVID-19 pandemic is due to a recently evolved strain of coronavirus (Xie and Chen, 2020). It is necessary to identify, understand, and block replication of viruses to combat the hazards they pose. Viruses take advantage of their host to persist, replicate, and ultimately spread to a new host.

Necessary for viral infection is replication of the viral genome and production of viral proteins. Transcription of viral genes is the first step toward production of viral proteins (An et al., 2019; Liu et al., 2020). A number of DNA viruses and retroviruses use host transcription machinery to achieve this objective (Agostini et al., 1996; Gelev et al., 2014; Liu et al., 2020). Transcription is an essential biological process that results in production of RNA from the DNA template, a necessary step before the eventual production of proteins. At the center of transcription is the RNA polymerase (RNAP), the enzyme responsible for catalyzing RNA synthesis. In eukaryotes, RNA polymerase II (RNAPII) is responsible for synthesizing mRNAs, which subsequently are translated into proteins. The first step of transcription, known as initiation, involves recruitment of RNAPII by gene-specific transcription factors and a suite of general transcription factors (GTFs) on the promoter to form a preinitiation complex (PIC) (Krishnamurthy and Hampsey, 2009). The PIC consists of TFIID, TFIIA, TFIIB, TFIIF, TFIIE, and TFIIH together with RNAPII and Mediator complex (Woychik and Hampsey, 2002; Luse, 2014). Viruses target both gene-specific and GTFs to alter gene expression during pathogenesis. Among gene-specific factors IRF3, pro-inflammatory cytokines, NFκB and STATs are the most common viral targets (Lyles, 2000; Haas et al., 2018). A number of viruses also target GTFs to repress transcription of host anti-viral genes and to transcribe genes coding for viral proteins. The TATA-binding protein (TBP), which is a subunit of TFIID, is the target of HPV16 E7 protein, adenovirus E1A protein, and poliovirus 3C protein; TFIIE is the target of varicella virus IE63; while rift valley fever virus (RVFV) targets the TFIIH complex during viral pathogenesis (Figure 1; Maldonado et al., 2002; Dasgupta and Scovell, 2003; di Valentin et al., 2005; Kundu et al., 2005; Kalveram et al., 2011). TFIIB, however, is emerging as a critical viral target.
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FIGURE 1. Viral transcriptional regulators target different general transcription factors, but TFIID and TFIIB are the prime targets. Viruses target general transcription factors such as TFIIB, TFIID, TFIIE and TFIIH in order to transcribe viral genes. TFIIB, however, is emerging as the most common target of many different viruses such as HIV, HSV, HCMV and HBV among others. Created with BioRender.com.


TFIIB is canonically involved in initiation of transcription by RNAPII and is an essential component of the PIC (Deng and Roberts, 2005; Luse, 2014). It is crucially important for recruitment of RNAPII on the promoter for initiation of transcription and is therefore taken advantage of by a number of viruses to transcribe their essential genes. Viral genomes encode transcriptional regulators, which alter viral and host transcription. A number of these viral regulatory proteins have been shown to interact with host TFIIB (Sundseth and Hansen, 1992; Smith et al., 1993; Yu et al., 1995; Agostini et al., 1996; Haviv et al., 1998; Jang et al., 2001; Vogt et al., 2008). The binding of TFIIB to a template is seemingly the critical, often rate limiting step in viral transcription where initiation will not occur if TFIIB is not present. The interaction of viral transcriptional regulators with TFIIB is therefore critical for transcription of protein-coding genes in a number of viruses. TFIIB has proven to be an important protein in viral transcription to such an extent that some viruses have evolved to possess proteins with structures similar to TFIIB in order to effectively transcribe their genes (Grimm et al., 2019; Cackett et al., 2020). Evidence suggests that TFIIB is not only intricately linked to viral pathogenesis, but is also selectively targeted by viruses to sustain viability. The widespread utilization of host TFIIB and TFIIB-like viral proteins by a number of viruses makes it an important, often essential, aspect of viral pathogenesis and a potential antiviral target.



VIRUSES TARGET TFIIB TO ENHANCE EXPRESSION OF THEIR GENES AND REPRESS HOST ANTIVIRAL GENES

Viruses employ a two-pronged attack on host transcription machinery during pathogenesis. They exploit host transcription machinery to achieve expression of their own genes, and simultaneously downregulate transcription of host genes or gene products especially those linked to antiviral immune response (Gelev et al., 2014; Haas et al., 2018; Yang and You, 2020; Wang et al., 2020). A number of viruses use host transcription machinery to transcribe their protein-coding genes, and a number of them including herpes simplex virus-1 (HSV-1) target the general transcription factor TFIIB to achieve this goal. With RNAi knockdown of TFIIB, HeLa cells transfected with HSV-1 formed fewer plaques compared to the cells containing TFIIB (Gelev et al., 2014). Viral replication and plaque formation were reduced more than sevenfold upon knockdown of TFIIB. In the absence of TFIIB, transcription of most of the herpes genes examined was reduced, while expression of only a subset of host genes was adversely affected (Gelev et al., 2014). Likewise, human immunodeficiency virus (HIV), hepatitis B virus (HBV), human cytomegalovirus (HCMV), equine herpesvirus type 1 (EHV), and Epstein-Barr viruses (EBV) use TFIIB to enhance transcription of their genes (Figure 1; Caswell et al., 1993; Tong et al., 1995; Agostini et al., 1996; Haviv et al., 1998; Jang et al., 2001; Simmen et al., 2001).

Viral infection downregulates expression of a number of host genes related to anti-viral immune response. One such host gene normally induced upon viral infection is interferon regulatory factor 3 (IRF-3) (Lyles, 2000). IRF-3 along with IRF-7 are gene-specific transcription activators of type-I IFNs (IFN-α/β), which bind type-I IFN receptor present on the surface of the cell. Upon binding of IFN-α/β, the signal is transduced inside the cell by the signal transducer and activator of transcription STAT-1 and STAT-2. STATs translocate to the nucleus where they induce transcription of several hundred genes encoding proteins that protect the cell from viral infection. Viruses have evolved a variety of strategies to combat activity of such antiviral genes or gene products during pathogenesis. Polio and vesicular stomatitis viruses target TBP, while RVFV destabilizes the general transcription factor TFIIH to induce shut-off of host cell transcription (Yuan et al., 2001; Kundu et al., 2005; Kalveram et al., 2011). Gammaherpesviruses, including Kaposi’s sarcoma-associated herpesvirus (KSHV) and murine gammaherpesvirus 68 (MHV68), as well as orthomyxovirus Thogoto virus downregulate TFIIB to repress host gene expression (Hartenian et al., 2020). Gammaherpesvirus adversely affects general host transcription (Hartenian et al., 2020), while Thogoto virus selectively represses transcription of antiviral genes without affecting general host transcription. Thogoto virus specifically inhibits transcription of type-I IFNs (IFN-α/β), inflammatory cytokines, and antiviral effector genes (Jennings et al., 2005; Vogt et al., 2008; Haas et al., 2018). Thus, TFIIB is targeted in multiple ways during viral pathogenesis.



VIRAL EXPRESSION IS INTERTWINED WITH TFIIB

An important issue is how viruses use TFIIB to alter transcription of their own genes and inhibit transcription of selected host genes. Evidence demonstrates that viruses accomplish this objective by physically interacting with TFIIB and recruiting it to the promoter of viral specific genes while preventing it from binding to selected host gene promoters. A number of viral transcriptional regulators like Vpr of HIV, HBx of Hepatitis B, VP16 and ICP4 of HSV, ML of Thogoto virus, IE2 of cytomegalovirus, E2TA of bovine papillomavirus type I, and IE of equine herpes virus exhibit a direct physical interaction with TFIIB (Table 1; Lin et al., 1991; Caswell et al., 1993; Rank and Lambert, 1995; Agostini et al., 1996; Haviv et al., 1998; Haas et al., 2018; Li et al., 2020). These viral transcription factors direct transcription of a subset of viral genes that are often vital to viability of the virus. Transcription of all viral genes, however, is not dependent on interaction of viral transcriptional factors with host TFIIB. The mechanism of regulation of transcription of viral and host genes by viral transcriptional regulators through their interaction with TFIIB is described in detail below.


TABLE 1. Viruses, their respective viral proteins, and the mechanism by which they regulate transcription.

[image: Table 1]Vpr and Tat: Vpr (Viral Protein R) is a highly conserved HIV-1 encoded protein required for replication, transcription and proliferation of the virus and is critical for viral pathogenicity. Vpr stimulates viral transcription, possibly due to its ability to interact with TFIIB (Agostini et al., 1996; Kino et al., 1999). In vitro studies have demonstrated a direct physical interaction of Vpr with TFIIB. Vpr binding brings about a change in the three-dimensional structure of TFIIB from “closed” to “open,” which is the transcriptionally active conformation (Agostini et al., 1996). Another HIV-1 protein Tat (Trans-Activator of Transcription), which drastically enhances viral transcription, also targets TFIIB to achieve its transactivation function (Yu et al., 1995). It forms a ternary complex with TFIIB and the human TAP protein. TAP protein binds strongly to a carboxy-terminal region of TFIIB as well as to the conserved activation domain of Tat. TAP acts as a bridge, facilitating interaction of the Tat transactivator with the host general transcription machinery through TFIIB (Yu et al., 1995). A direct protein-protein interaction has been observed between TFIIB and Tat (Veschambre et al., 1997).

VP16: Human herpes simplex virus 1 and 2 (HSV-1 and HSV-2) cause cold sores and genital herpes in humans. Both these viral species are common and contagious. Approximately 67% of the world population under the age of 50 has HSV-1 (James et al., 2020). Viral spread is dependent on the onset of the lytic cycle and reactivation. Viral tegument protein (VP16), which is the transcriptional activator of the immediate-early (IE) gene products (alpha genes), is the key activator of lytic infection (Mossman et al., 2000). VP16-induced transcription of IE genes acts as a regulatory switch; when it is on, it promotes lytic infection, and when it is off latent infection is favored. TFIIB is among several molecular targets of VP16 during transcription of IE genes. VP16 exhibits a physical interaction with both native and recombinant human TFIIB, but not with yeast or fly TFIIB (Lin et al., 1991; Gupta et al., 1996). A mutation in the VP16 activation domain, which adversely affects its transactivation function, reduced its binding to native TFIIB. Structural studies suggest that binding of VP16 brings about a conformational change in TFIIB that primes it for binding to the promoter-bound TBP leading to enhanced transcription of IE genes (Hayashi et al., 1998; Dion and Coulombe, 2003). The infected-cell polypeptide 4 (ICP4) protein of HSV acts as a transcriptional regulator, also affecting VP16 (Gu et al., 1995). The ICP4 protein has been observed to form a complex involving TFIIB in order to alter viral transcription (Smith et al., 1993; Gu et al., 1995).

HBx: Hepatitis B virus (HBV), which causes inflammation of the liver, also manipulates TFIIB during pathogenesis. HBV causes fatal liver infection and chronically infects more than 250 million people worldwide. The HBV minigenome persists in the nucleus of infected cells and is the template for production of four viral proteins. One of these proteins, HBx, is crucial for viral pathogenesis as it interacts with a number of host factors to facilitate viral replication and prevent antiviral response. One of the host proteins that HBx interacts with to enable viral transcription is TFIIB (Turton et al., 2020). HBx directly interacts with TFIIB through its B-finger motif (Haviv et al., 1998; Zhou et al., 2015). This interaction is critical for the coactivator function of HBx. TFIIB-HBx interaction facilitates recruitment of RNAPII on viral promoters leading to upregulation of viral RNA transcription.

IE1 and IE2: Human cytomegalovirus (HCMV) is another virus that targets TFIIB during pathogenesis. It is a common virus that infects people of all ages. Normally the infected people show only mild symptoms, but occasionally it causes serious disorders like mononucleosis and hepatitis. During viral pathogenesis, IE1 and IE2 proteins, which are the product of immediate early genes, transactivate a number of homologous (HCMV) and heterologous (non-HCMV) promoters. Transcription activation potential of IE2 is dependent on its interaction with two GTFs, TBP and TFIIB. IE2 exhibits a direct physical interaction with TFIIB (Caswell et al., 1993). The region of IE2 that mediates binding to TFIIB overlaps with that required for TBP binding. This is also the region linked to the transcriptional regulatory function of the protein. The IE2 gene produces three IE2 protein isoforms, IE2-86, IE2-60, IE2-40, late in infection. IE2-86 is essential for viral replication. An independent study demonstrated binding of IE2-86 to TFIIB under in vitro conditions (Xu and Ye, 2002). IE2-86-TFIIB interaction could be crucial for transcriptional regulation of viral early promoters, by facilitating downregulation of its own promoter and activating expression of many host cellular genes necessary for progression of viral infection.

ML: Thogoto virus is an orthomyxovirus that is transmitted to vertebrates through ticks. Thogoto virus targets TFIIB to repress transcription of host antiviral genes linked to innate immunity by a unique mechanism (Vogt et al., 2008; Haas et al., 2018). The ML (Matrix Long) protein of the virus physically interacts with TFIIB and relocalizes it to the cytoplasm (Haas et al., 2018). ML-mediated nuclear depletion of TFIIB represses transcription of genes that require de novo recruitment of RNAPII, while transcription of genes with paused polymerases continues unabated (Haas et al., 2018). Among host genes that require de novo recruitment of polymerases are antiviral immune response genes like pro-inflammatory cytokines, IRF3 and its regulated genes, as well as NFκB regulated genes. Sequestration of TFIIB by the ML protein therefore facilitates viral infection by selectively inhibiting host antiviral genes without affecting the bulk of general host transcription.

IE: In addition, equine herpesvirus type 1 (EHV-1) also targets TFIIB during pathogenesis (Jang et al., 2001). At least six viral transcriptional regulators including the IE (Immediate Early) protein regulates the coordinated expression of EHV-1 genes. The transcription activation potential of IE is dependent on its ability to interact with TFIIB. The IE interaction domain of TFIIB spans residues 125–174 in the first direct repeat of the protein. Transient transfection assays demonstrated that exogenous native TFIIB did not perturb transcription activation potential of the IE protein, but a TFIIB mutant that lacked the IE interactive domain adversely affected the ability of the IE protein to activate EHV-1 promoters (Albrecht et al., 2003). These results demonstrate that direct interaction of IE with TFIIB is essential for its ability to activate EHV-1 promoters.



VIRUSES TARGET TFIIB OVER TFIID AND OTHER GENERAL TRANSCRIPTION FACTORS

Since transcription by RNAPII requires at least six GTFs, it is likely that GTFs other than TFIIB are also targeted during viral pathogenesis. There are reports of viruses interacting with the TFIID subunit TBP, TFIIE and TFIIH to achieve transcription of viral genes and turn off host transcription. TBP and TFIIB, however, have emerged as the preferred target of viral transcriptional regulators (Sundseth and Hansen, 1992; Tong et al., 1995; Ihalainen et al., 2012). Transcription regulators of some viruses like SV40, Epstein-Barr virus and canine parvovirus (CPV) interact with both TFIIB and TBP. TFIIB, however, is more critical for viral pathogenesis. In the case of gammaherpesvirus, despite both TFIIB and TFIIA being the viral targets, TFIIB is the key factor for viral transcription (Hartenian et al., 2020).

LSF (Late Simian virus 40 transcription Factor) is a cellular transcriptional activator of SV40 that dramatically increases transcription from viral major late promoters. LSF enhances transcription by facilitating assembly of the PIC on major late promoters. LSF, however, does not affect binding of TFIID to the promoter. Instead, it increases the rate of association of TFIIB, which leads to efficient PIC assembly and increased transcription of SV40 genes (Sundseth and Hansen, 1992). Similarly, Epstein-Barr virus nuclear antigen 2 (EBNA-2) has an acidic domain, which is essential for the transcription activation potential of EBNA-2 (Tong et al., 1995). EBNA-2 exhibits specific interaction with TFIIB, while it’s binding affinity for TBP is much less (Tong et al., 1995). The EBNA-2-TFIIB interaction is crucial for transcription activation potential of EBNA-2 during the viral life cycle.

Canine parvovirus (CPV) infection leads to formation of a proteinaceous sub-compartment within the nucleus, which is the site of transcription of viral mRNA. Fluorescence recovery after photobleaching (FRAP) revealed accumulation of both TBP and TFIIB in the nuclear sub-compartment during viral infection. TBP and TFIIB, however, exhibited different kinetics of diffusion and binding affinities to the nuclear sub-compartment (Ihalainen et al., 2012). The binding affinity of TBP to the nuclear body area decreased upon viral infection while that of TFIIB slightly increased. The measured binding time of TFIIB reflected the time scale of TFIIB association with the PIC and recruitment of RNAPII to the promoter, indicating selective usefulness of TFIIB over TBP for transcription of CPV genes in the nuclear body area.

Kaposi’s sarcoma-associated herpesvirus (KSHV) and murine gammaherpesvirus 68 (MHV68) infection leads to mRNA-decay induced repression of transcription of antiviral genes and overall general transcription of host cells. Viral induced downregulation of host transcription was due to the genomewide decrease in RNAPII promoter occupancy (Hartenian et al., 2020). Reduced promoter occupancy was attributed to viral induced degradation of subunits of RNAPII and TFIIB. The amount of TFIIA also registered a slight decline upon viral infection. There was, however, absolutely no decrease in the level of TBP in the cell. Clearly, SV40, Epstein-Barr virus, canine parvovirus and gammaherpesviruses target TFIIB over TBP or TFIIA during viral pathogenesis.



VIRUSES HAVE EVOLVED PROTEINS SIMILAR TO TFIIB

Some viruses have evolved proteins with a structure and function similar to that of TFIIB, resulting in less reliance upon the host. Vaccinia virus, which is a prototype poxvirus, encodes its own RNAP (vRNAP). The vRNAP is a multi-subunit protein capable of carrying out transcription in the cytoplasm, not reliant upon host RNAPII to transcribe viral genes (Moss, 2013; Grimm et al., 2019). Replication in the cytoplasm not only rules out the utilization of host RNAPII, but of natively localized host TFIIB as well. The vRNAP complex consists of eight subunits with varying degrees of homology to RNAPII and one subunit, Rap94, displays homology to TFIIB (Grimm et al., 2019; Hillen et al., 2019; Liu et al., 2020). A central region of Rap94 possesses a “B-homology region” containing elements homologous to eukaryotic TFIIB B-ribbon, B-cyclin, and B-reader domains. These regions allow Rap94 to interact with RNAPII, bind to DNA, and determine start site selection in a manner similar to host TFIIB (Nikolov and Burley, 1997; Bushnell et al., 2004; Weinzierl and Wiesler, 2011; Sainsbury et al., 2013; Grimm et al., 2019; Hillen et al., 2019). These similarities suggest that Rap94 likely functions in transcription initiation, bypassing the need to utilize host TFIIB (Grimm et al., 2019). African Swine Fever Virus (ASFV) also encodes a vRNAP with subunits exhibiting homology to RNAPII subunits and TBP. One of the subunits also exhibits remarkable structural and functional similarities to TFIIB (Cackett et al., 2020). For such viruses like vaccinia virus and ASFV, which assemble a viral PIC using a vRNAP complex, the critical usage of host TFIIB is bypassed, as they have evolved TFIIB-like proteins. Concerning the gammaherpesvirus, host TFIIB is used in conjunction with the TFIIB-like viral protein for transcribing viral genes. Host TFIIB is required for early transcription of viral genes that produces components of the vPIC. Once vPIC proteins are synthesized, the requirement of host TFIIB for transcription of late viral genes is bypassed (Nandakumar and Glaunsinger, 2019). Thus, early transcription during viral life cycle is vPIC-independent, while late transcription is vPIC-dependent. The presence of these TFIIB-like proteins in viral transcription complexes simply reflects the vital role of TFIIB in viral gene expression.



DISCUSSION

TFIIB is a general transcription factor that is essential for initiation of transcription from a majority of RNAPII-transcribed genes in eukaryotes. Viruses can target any general transcription factor to inhibit transcription of antiviral genes for successful pathogenesis. The general target of most viruses, however, are TFIID and TFIIB. The preferential targeting of these GTFs prevents assembly of PICs at an early stage prior to the recruitment of RNAPII. Recent studies have uncovered rather unexpected novel roles of TFIIB in the transcription cycle. The studies have revealed that TFIIB is not merely an initiation factor but plays pleiotropic roles in the transcription cycle (Wang et al., 2010; Medler et al., 2011; Tan-Wong et al., 2012). TFIIB affects gene architecture by facilitating interaction of the terminator with the promoter of the cognate gene during transcription (Medler et al., 2011). The promoter-terminator interaction results in the formation of a looped gene architecture (Ansari and Hampsey, 2005). Gene looping affects termination, reinitiation and promoter directionality (Grzechnik et al., 2014; Al-Husini et al., 2020). Thus, viruses have the potential to affect multiple aspects of the transcription cycle by targeting TFIIB. This could be one of the reasons why viral transcriptional regulators prefer TFIIB over TBP and more so than other GTFs during viral pathogenesis. Future research must focus on which of the TFIIB-dependent processes described above are the target of viral transcriptional regulators during pathogenesis.

The importance of TFIIB in completion of the viral life cycle is corroborated by the fact that multiple viruses have evolved proteins with structural and functional similarity to host TFIIB. Bypassing the need for host TFIIB, these viruses are now self-sufficient in terms of their TFIIB requirement, thus demonstrating the critical role of TFIIB in viral transcription. It is not surprising that TFIIB was also identified along with a number of other proteins as a high confidence transcriptional target (HCT) during infection by the current coronavirus (Ochsner et al., 2020). Taken together, selective downregulation of viral transcription without compromising host gene expression, specific viral targeting of TFIIB over other GTFs, and evolution of viral TFIIB-like proteins are compelling evidence for the critical role of TFIIB in viral pathogenesis. Involvement of TFIIB in pathogenicity of multiple human viruses by altering viral and host gene expression makes TFIIB a potential target of antiviral therapies. Future research concerning the extent of abrogation or inhibition of TFIIB necessary to invoke negative viral responses while maintaining normal host function would further foretell how TFIIB may be targeted to control viral infection. This is likely to be accomplishable as organisms or cells with mutant or inhibited TFIIB have been shown to be viable for study (Gelev et al., 2014). A three-dimensional structure of viral transcription regulators with TFIIB will elucidate the region of TFIIB essential for viral pathogenesis. The regions of TFIIB targeted by virus but not critical for host transcription may be the ideal drug target for future antiviral therapies. The viral TFIIB-like proteins of gammaherpesvirus and ASFV are also the potential drug targets for stopping the lifecycle of these viruses as selective inhibition of vPIC-dependent transcription may stop viral replication without adversely affecting host cell functions.
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DNA template-dependent multi-subunit RNA polymerases (RNAPs) found in all three domains of life and some viruses are of the two-double-Ψ-β-barrel (DPBB) type. The 2-DPBB protein format is also found in some RNA template-dependent RNAPs and a major replicative DNA template-dependent DNA polymerase (DNAP) from Archaea (PolD). The 2−DPBB family of RNAPs and DNAPs probably evolved prior to the last universal common cellular ancestor (LUCA). Archaeal Transcription Factor B (TFB) and bacterial σ factors include homologous strings of helix-turn-helix units. The consequences of TFB-σ homology are discussed in terms of the evolution of archaeal and bacterial core promoters. Domain-specific DPBB loop inserts functionally connect general transcription factors to the RNAP active site. Archaea appear to be more similar to LUCA than Bacteria. Evolution of bacterial σ factors from TFB appears to have driven divergence of Bacteria from Archaea, splitting the prokaryotic domains.
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INTRODUCTION

The purpose of this review is to provide a conceptual overview of transcription systems in the early phase of their evolution, in order to explain how RNA polymerases (RNAPs), general transcription factors and promoters may have evolved. The review also touches on the divergence of Archaea and Bacteria that appears to have partly been driven by the divergence of transcription systems. The proper way to view structures is using molecular graphics such as UCSF ChimeraX (Goddard et al., 2018; Pettersen et al., 2021). Viewing structures in 2−dimensions is challenging to the human eyes and mind. We recommend downloading ChimeraX, running tutorials and using it to follow along with this manuscript. For instance, some figures in this paper are difficult to fully appreciate without a more 3-dimensional representation.

Our opinion is that analyzing the structure-function-dynamics of any protein requires a combination of approaches: i.e., (1) structure analysis; (2) evolution; (3) functional studies; and (4) dynamics. To appreciate structural analysis and dynamics, Cryo-electron microscopy becomes an ever more powerful tool. Cryo-EM provides ensembles of structures often indicating a dynamic progression through a reaction mechanism. Evolutionary studies have the potential to dissect a protein into its component parts to better appreciate how the protein came to have its eventual form and function. In some cases, structural studies have not been combined fully with evolutionary studies, and the historic naming of protein domains can be confusing. Also, very large structures are difficult to analyze unless they can be broken into component parts. We see two potential problems. Without an evolutionary view, structures may be difficult to understand and analyze. Also, the evolution literature can be complex and challenging to read unless one is reasonably expert or determined. In this paper, we attempt to apply a combination of structural and evolutionary principles to the analysis and description of multi-subunit RNAPs, general transcription factors and promoters.



EVOLUTION OF 2-DPBB RNAPs AND DNAPs


2-Double-Ψ-β-Barrel Type RNAPs

Near the dawn of evolution of life on Earth, RNAPs of the 2-DPBB type evolved (Iyer et al., 2003; Lane and Darst, 2010a,b; Werner and Grohmann, 2011; Iyer and Aravind, 2012; Fouqueau et al., 2017; Sauguet, 2019; Madru et al., 2020; Zatopek et al., 2020). These enzymes are found in all domains of life and some viruses. 2-DPBB RNAPs can be either RNA template-dependent or DNA template-dependent, indicating that this important class of enzyme may have arisen in an RNA world before DNA genomes became prominent. The DPBB is a particular fold of cradle-loop barrel (Figure 1; Coles et al., 2005, 2006; Alva et al., 2008). The crossing chains make a Ψ pattern, hence the barrel name. 2−DPBB type RNAPs have 2-DPBBs at their active sites (Figure 2). Loops from the barrels hold the two Mg2+ that retain the phosphates of the NTP substrate and activate the RNA 3′-O to catalyze NMP addition. In addition to the 2-DPBBs, both RNA and DNA template-dependent RNAPs have a bridge helix and trigger loop, indicating that these elements are ancient (Salgado et al., 2006; Iyer and Aravind, 2012; Qian et al., 2016). In DNA template-dependent RNAPs, the β-subunit DPBB1 has a sandwich-barrel hybrid motif (SBHM) inserted into one of the barrel loops (Lane and Darst, 2010a,b; Iyer and Aravind, 2012; Fouqueau et al., 2017). The SBHM loop extension forms the historically-named “flap” or “wall” motif in multi-subunit RNAPs.
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FIGURE 1. Bacterial VAT (VCP−like ATPase) includes a simple DPBB. ChimeraX was used for molecular graphics (Goddard et al., 2018; Pettersen et al., 2021). The structure is PDB 1CZ4 (Coles et al., 1999). β−sheets are red; α−helices are yellow. Ψ indicates the Ψ pattern of crossing peptide chains.
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FIGURE 2. The catalytic core of 2-DPBB type RNAPs. (A) A RNA template-dependent RNAP from Neurospora crassa (PDB 2J7O) (Salgado et al., 2006). (B) A bacterial multi-subunit RNAP (PDB 4XLN) (Bae et al., 2015). (C) A human multi-subunit RNAP (PDB 5C4J) (Barnes et al., 2015). α-helices are yellow; β-sheets are red; Mg is green; RNA is magenta; template DNA is green; non-template DNA is blue. BH indicates the bridge helix. TL indicates the trigger loop. The active site is identified by the Mg (Mg1) and the 3′-end of the RNA (B,C).


Barrels are frequent motifs in ancient evolution. In earliest evolution, barrels were selected to form compact, structured units with reasonable solubility and structural closure (Burton et al., 2016). For instance, 8−β-sheet barrels [(β−α)8; i.e., TIM barrels (TIM for triose phosphate isomerase)] are found in most glycolytic enzymes. Rossmann folds appear to be sheets that are rearranged from (β − α)8 barrels. Most of the citric acid cycle is made up of Rossmann fold proteins. So, much of core metabolism was generated from barrels and, also, from refolded barrels rendered into more linear sheets. Cradle-loop barrels are a similar ancient evolution story (Alva et al., 2008). If early evolution was partly a race to form stable and soluble scaffolds, formation of barrels helped to build these and, among other possible advantages, helped to avoid generation of β−sheet amyloids and liquid-liquid phase separated compartments that resisted ordered protein folding. Clearly, barrels were a successful evolutionary innovation that, once formed, persisted throughout evolution. From this point of view, an important evolutionary event can be viewed as the race to form stable and soluble protein structures with a degree of structural closure. Barrels were typically formed in evolution by repeated motif duplications, so barrels often won races to higher order structure, solubility and closure. After generation of barrels, primitive catalytic sites could be modified to generate many new, more efficient and more specific enzyme functions. So, for instance, in metabolism, an enzyme with broad specificity built around an 8−β-sheet barrel was duplicated genetically many times and then refined, generating specialist enzymes that formed a more sophisticated and integrated pathway (i.e., glycolysis).

Similarly, the DPBB evolved by duplication of a β − β − α − β unit followed by refolding into a barrel (Alva et al., 2008; Burton et al., 2016). In Figure 1, a β − β − α − β − − β − β − α − β DPBB enzyme domain is shown in which the basic DPBB form is preserved without much modification (Coles et al., 1999). The β−sheets are numbered 1−6, so that the chain can be traced. The α−helices are numbered 1 and 2. The Ψ patterns of the crossing chains are indicated. The ability to identify a DPBB helps with understanding the 2−DPBB enzyme patterns when analyzing more complex structures. Because of modifications of the pattern during evolution or disorder in structures, DPBBs can be a challenge to identify and, in a complex structure, can be potentially difficult to locate.

2−DPBB type enzymes include RNA template−dependent RNAPs (found in some Eukaryotes), multi−subunit RNAPs (found in all domains and some viruses) and DNA template−dependent DNAPs (PolD in most Archaea) (Figures 2, 3; Iyer et al., 2003; Lane and Darst, 2010a,b; Werner and Grohmann, 2011; Iyer and Aravind, 2012; Fouqueau et al., 2017; Koonin et al., 2020). In 2−DPBB type enzymes, the basic β − β − α − β − − β − β − α − β form can be modified by insertions into barrel loops. In RNA template-dependent 2−DPBB RNAPs, neither DPBB1 (corresponding to the β−subunit DPBB1 in 2−DPBB bacterial RNAPs) nor DPBB2 (corresponding to the β′-subunit DPBB2 in 2−DPBB bacterial RNAPs) includes very large inserts or modifications in the basic DPBB pattern (Salgado et al., 2006; Iyer and Aravind, 2012; Qian et al., 2016).
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FIGURE 3. The two DPBBs of a DNA template-dependent DNAP (archaeal PolD) (PDB 6T8H) (Madru et al., 2020). Colors are as in Figures 1, 2. (A) DPBB1 is somewhat disordered in the structure, so not all β-sheets were scored as such by ChimeraX. In (B) DPBB2, N954, D956 and D958 may hold the active site Mg (missing in the structure) (Zatopek et al., 2020).


In DNA template-dependent 2−DPBB type RNAPs, by contrast, there are large identifying inserts (Iyer and Aravind, 2012). Significantly, the β−subunit (referring to bacterial RNAPs) DPBB1, includes a sandwich-barrel hybrid motif (SBHM) inserted between β2 and β3 after α1. The SBHM can be recognized because it includes long β−sheets. The SBHM forms the “flap” or “wall” domain of the RNAP that contacts σ (Bacteria) and TFB (Archaea) general transcription factors. The SBHM also contacts the general elongation factors NusG (Bacteria) and Spt5/Spt4 (Archaea). Because the SBHM is missing in RNA template−dependent RNAPs of the 2−DPBB type, the SBHM is considered to be a feature for the transcription of DNA templates (Iyer and Aravind, 2012). Because the SBHM interacts with initiation factors, the SBHM is considered to be evolved to facilitate initiation from DNA templates. A large mostly α−helical insert is found between DPBB1 β5 and β6, after α2. This insert is only partially homologous in archaeal and bacterial RNAPs and appears to make domain-specific contacts to RNAP rather than contacts to transcription factors. In some structures, DPBB1 is somewhat disordered in 2−DPBB DNA template-dependent RNAPs, making some of the β−sheets difficult to discern. The β′-subunit DPBB2 (referring to bacterial RNAPs) has a largely α−helical insert between β2 and β3 (distinct from the SBHM that includes long β−sheets). In Archaea, the insert between DPBB2 β2 and β3 is referred to as a RAGNYA domain that includes β−sheets and α−helices (Balaji and Aravind, 2007; Iyer and Aravind, 2012). The archaeal and bacterial DPBB2 β2−β3 inserts are very different in sequence and make domain-specific contacts to TFB and σ for initiation.

Found in many Archaea, PolD are DNA template-dependent DNAPs of the 2−DPBB form engaged in genomic replication (Raia et al., 2019; Sauguet, 2019; Koonin et al., 2020; Madru et al., 2020). In these enzymes DPBB1 includes two large inserts, one between β4 and β5 and one between β5 and β6. In available structures, PolD DPBB1 appears to be somewhat disordered, similarly to DPBB1 (β−subunit of bacterial RNAPs) in some structures of DNA template-dependent RNAPs. The significance of this possible similarity in some structures is not known to us. One idea is that DPBB1 is somewhat more dynamic because it accommodates to the presence and absence of substrate to a larger extent than DPBB2, which holds active site Mg1 more tightly than DPBB1 holds Mg2. We would be interested to know whether dNTP binding tightens the PolD DPBB1 and whether similar changes might occur in multi-subunit RNAPs with NTP binding. In PolD, DPBB2 includes an insert between β1 and β2. The inserts in the DNA template-dependent DNAPs (PolD) discriminate PolD enzymes from multi-subunit RNAPs and RNA template-dependent RNAPs and indicate how these more complex enzymes diverged from RNA template-dependent RNAPs of the 2-DPBB form (Koonin et al., 2020).

The story of evolution of these ancient 2-DPBB-type enzymes cannot now be told with certainty, but we construct a possible narrative. We posit that RNA template-dependent RNAPs may have evolved in an RNA-dominated world prior to LUCA (Iyer and Aravind, 2012; Koonin et al., 2020). These enzymes include no large inserts in their DPBBs, indicating that RNA template-dependent RNAPs probably comprise the most ancient 2-DPBB enzyme form. DNA template-dependent RNAPs (multi-subunit RNAPs) and DNAPs (PolD) appear to have radiated mostly independently from the primitive form, although, multi-subunit RNAPs and PolD may share one or two Zn motifs that are missing from 2-DPBB RNA template-dependent RNAPs (see below). Multi-subunit RNAPs and Pol D, however, have distinct DPBB loop inserts. To our knowledge, comparative sequence analyses of these enzymes provides limited insight into details of their divergence, because sequences among enzyme classes are only weakly conserved (Sauguet, 2019; Madru et al., 2020; Zatopek et al., 2020). Because PolD is ancient, this 2-DPBB type enzyme may be the initial evolved DNA template-dependent DNAP for genomic replication (i.e., at LUCA), and other DNAPs, i.e., PolA, PolB and PolC, may have evolved later (Koonin et al., 2020).

RNA template-dependent RNAPs and multi-subunit RNAPs have a recognizable bridge helix and trigger loop (Figure 2), and these features are altered and rearranged in DNA template-dependent DNAPs (PolD) of the 2-DPBB type (see below) (Madru et al., 2020). It appears that 2-DPBB multi-subunit RNAPs from Archaea and Eukaryotes and PolD from Archaea may share a Zn-finger motif that is missing from RNA template-dependent RNAPs and bacterial multi-subunit RNAPs. We posit that Archaea are older than Bacteria and closer to LUCA (Battistuzzi et al., 2004; Lei and Burton, 2020; Long et al., 2020), but also see Forterre (2015), Da Cunha et al. (2017, 2018), Castelle and Banfield (2018), Eme et al. (2018). We, therefore, posit that this Zn-finger was lost in bacterial multi-subunit RNAPs, which appear to be a simplified form compared to archaeal multi-subunit RNAPs. We posit that bacterial RNAPs were driven to diverge from archaeal RNAPs primarily because bacterial RNAPs co-evolved with bacterial σ factors.



RNAP Catalytic Subunits (A Guided Tour)

Our view is that Archaea are older than Bacteria, and, therefore, Archaea are closer to LUCA (Battistuzzi et al., 2004; Marin et al., 2017; Lei and Burton, 2020; Long et al., 2020). For other views, see Forterre (2015), Da Cunha et al. (2017, 2018), Castelle and Banfield (2018), Eme et al. (2018). Because of horizontal gene transfer, some phylogenetic analyses may be misleading in determining the deep branching of prokaryotic domains. We believe Bacteria were derived from Archaea. Our opinions are based on ancient evolution studies of transcription systems, tRNA, aminoacyl-tRNA synthetases, ribosomes and the genetic code. In every comparison we have made, Archaea appear to be the more ancient lineage, and Bacteria appear to be more innovated and more derived evolutionarily from root sequences. Therefore, to describe the multi-subunit RNAP catalytic subunits, we use an archaeal RNAP as the example. The RNAP we selected is from Saccharolobus shibatae (PDB 2WB1) (Korkhin et al., 2009). The catalytic subunits include 2WB1_A and 2WB1_C (_A and _C indicates the chain designation), which correspond to the β′ subunit of bacterial RNAP, a subunit that is split in some Archaea. 2WB1_B corresponds to the β subunit of bacterial RNAPs. We compare similar motifs in DNAP PolD to emphasize early evolution of RNAPs.

Figure 4 shows the Rpo1N (2WB1_A; A′) and Rpo1C (2WB1_C; A″) chains. We describe some recognizable protein motifs, reading from the N-terminus of the 2WB1_A chain through the 2WB1_C chain. Zn1 is very close to the 2WB1_A N-terminus. Evolutionarily-related motifs in PolD are indicated below the blue bar. Zn1 in 2WB1_A may correspond to archaeal DNAP PolD Zn2, based on its position in the structure and its distance from a Zn motif in chain 2WB1_B (Madru et al., 2020). The N-terminal β-sheet of the β-hairpin is next, followed by 2WB1_A Zn2, which is missing in bacterial RNAP. Next is the C-terminal β-hairpin. From D234 to L302 is a helix-loop-helix motif that connects the AT-like hooks (Iyer and Aravind, 2012). The AT-like hook loop contacts single-stranded DNA in the RNAP open complex and elongation complex. Next is the DPBB2 barrel. Between DPBB2 β2 and β3 after α1 is the RAGNYA insert. In Bacteria, a DPBB2 β2-β3 insert after α1 shows no detectable homology and is primarily α-helical (see below). DPBB2 holds Mg1 within the loop between DPBB2 β5 and β6 (NADFDGD). The “funnel” is located in the primary sequence between the DPBB2 and bridge helix. In the open transcription complex or elongation complex, the DNA template bends by about 90° and DNA strands separate over the bridge helix. DNA PolD has a similar DPBB2 and, also, modified structures that are probably genetically related to the bridge helix and trigger loop, although these features in PolD appear to be rearranged and repurposed (see below).
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FIGURE 4. Some recognizable motifs that characterize the RpoA′ and RpoA″ subunits of archaeal RNAP, corresponding to the β′ subunit of bacterial RNAP (Korkhin et al., 2009). “B” with a double strike through indicates a motif in archaeal RNAP that is not identified in bacterial RNAP. Similar motifs in DNAP PolD are shown below the blue bar.


The Saccharolobus shibatae RNAP is separated into two genes relative to the bacterial RNAP β′ subunit, and the subunit separation is between the bridge helix and the trigger loop. The trigger loop is near the archaeal Rpo1C subunit (2WB1_C) N-terminus. The RNAP trigger loop appears to correlate with the PolD “clamp” structure (PDB 6T8H_B; S1151-F1190) (Madru et al., 2020). Near the C-terminus of archaeal RNAP Rpo1C, the ASCR dimer is located, with two RRM-like features (RRM for RNA-recognition motif) (Iyer and Aravind, 2012). The ASCR dimer motif is missing in bacterial RNAP and may have been lost by deletion.

In Figure 5, a comparison is shown of bacterial RNAP DPBB2, the bridge helix and the trigger loop (Figure 5A) and related features in DNAP PolD (Figure 5B). In Figure 5A, an α-helical domain separates DPBB2 β2 and β3. The α-helical loop insert corresponds to and may have replaced the RAGNYA region in archaeal RNAP (Figure 4). The bacterial RNAP β′ subunit includes a Zn motif separating the bridge helix and the trigger loop that is missing in Archaea (Figure 5A). PolD also has a Zn motif (Zn3) separating its bridge helix-related and trigger loop-related features, although we do not think these Zn motifs in bacterial RNAP and PolD are related by homology. Rather these Zn motifs may be the result of convergent evolution. In bacterial RNAP, the trigger loop is closer to the active site than the bridge helix and closes over the NTP substrate to expel water from the active site and tighten the substrate for addition to the RNA chain (Vassylyev et al., 2007b). In the image in Figure 5A, the trigger loop is in the closed and catalytic conformation. In PolD, the trigger loop-related feature is further from the active site than the bridge helix-related feature. In PolD, the bundle of C-terminal α-helices (bridge helix-related and trigger loop-related features) bind DNA and, also, the proofreading PolD subunit (DP1; the 2-DPBBs are part of the DP2 subunit) (Figure 6). The DP1 subunit includes an exonuclease domain. Loops from the bridge helix-related and trigger loop-related PolD features also contact the sliding clamp that maintains PolD processivity (Madru et al., 2020). It appears, therefore, that, although bridge helix- and trigger loop-related features in PolD and RNAPs may be related by evolution, they fulfill different roles.
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FIGURE 5. Similarities between the DPBB2, bridge helix and trigger loop of bacterial RNAP and related motifs in DNAP PolD. (A) Bacterial RNAP features. (B) Related PolD features. The similarly placed Zn motifs are not thought to be homologous. “A” with a double strike through indicates that a feature of bacterial RNAP is not present in archaeal RNAP.
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FIGURE 6. Repurposing of the bridge helix-related (BH-rel) and trigger loop-related (TL-rel) motifs in PolD. The DPBB2 (light red with red β-sheets) and BH-rel, Zn3 and TL-rel region (yellow) is shown for the DP2 2-DPBB subunit. (T) template DNA (blue); (P) primer DNA (gold). The sliding clamp trimer is shown (green, beige and orange). The DP1 subunit is blue. Active site residues that hold Mg1 are indicated in space-filling representation.


The archaeal RNAP Rpo2 subunit corresponds to the β-subunit in bacterial RNAP. Features of the Rpo2 RNAP subunit (PDB 2WB1_B; B) are shown in Figure 7. There is a 2-lobed N-terminal domain extending from position 1–722. The DPBB1 extends from G723 to K995. There are two notable inserts in DPBB1 loops. Between β2 and β3, just after α1, a SBHM is inserted (Iyer and Aravind, 2012). The SBHM is characterized by long β-sheets. In archaeal RNAP, the SBHM is referred to as the “wall” domain, which interacts with the general transcription factor TFB. In bacterial RNAP, the SBHM has been referred to as the “flap” domain, which interacts with the bacterial σ factor. Between β5 and β6, just after α2, an α-helical segment is inserted (∼N914-R985). At the C-terminus of the Rpo2 chain, a Zn finger is located in archaeal RNAPs but missing in bacterial RNAPs. Although the sequences are different, this Zn finger may correspond to Zn1 in archaeal DNAP PolD (Madru et al., 2020). As in PolD, the Rpo2 Zn finger and the Rpo1N Zn1 are close in space in archaeal RNAP, similar to PolD Zn1 and Zn2.
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FIGURE 7. Some recognizable motifs in the Rpo2 subunit of archaeal RNAP (corresponding to the β subunit of bacterial RNAP) (Korkhin et al., 2009). Colors and abbreviations are as in Figure 4. Related motifs in DNAP PolD are indicated beneath the blue bar. “B” with a double strike through indicates a feature in Archaea that is missing or very different in Bacteria.


The description of the catalytic subunits of multi-subunit RNAPs here is incomplete. The intention is to provide some visible and conceptual guide posts for researchers as they begin to probe and familiarize themselves with RNAP structures. Also, we emphasize features that appear most important for interactions between general transcription factors and the RNAP catalytic center (see below). A more detailed description of RNAP evolution and domains is provided by Iyer and Aravind (2012). Reviews of the subunit structures of multi-subunit RNAPs are also published elsewhere (Jun et al., 2011; Osman and Cramer, 2020).



2-Mg Mechanism of Transcription by Multi-Subunit RNAPs

We have described the basic catalytic core of multi-subunit RNAPs: 2-DPBBs, a bridge helix and a trigger loop (Figures 2B,C). These enzymes utilize a 2-Mg mechanism for transcription (Figure 8; Vassylyev et al., 2007b). The 2-Mg (Mg1 and Mg2) are held by acidic groups (E and D) on loops of the 2-DPBBs. DPBB1 includes 685-ED-686 (Thermus thermophilus RNAP numbering) located on the DPBB1 loop between β4 and β5. D686 appears to interact with Mg2 during phosphodiester bond formation. Mg2 is loosely held in the RNAP structure. DPBB2 includes the highly conserved sequence 737-NADFDGD-743 within the loop between β5 and β6. D739, D741 and D743 strongly hold Mg1. It is thought that Mg1 remains bound to RNAP, but Mg2 may exchange with each NTP addition. Mg2 normally enters the RNAP bound to the NTP as NTP-Mg. The NADFDGD motif in multi-subunit RNAPs corresponds to 954-NCDGDED-961 in archaeal Pyrococcus abyssi DNAP PolD (Madru et al., 2020), although, in PolD, the active site Mg1 is held by N954, D956 and D958, so the Mg1-contacting residues are slightly shifted in PolD (Zatopek et al., 2020). In Neurospora crassa RNA template-dependent RNAP, Mg1 is held by 1005-GGDYDGD-1011 (Salgado et al., 2006; Qian et al., 2016). Acidic groups retaining Mg1 at the active enzyme site are highly conserved in 2-DPBB type enzymes, although PolD has slightly shifted the set of interacting residues. In the simplest cradle loop barrel enzymes, similar acidic groups can be identified in the same DPBB location (just before β3 and β6), indicating that the initial evolution of DPBBs may have been to chelate Mg (Coles et al., 1999).
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FIGURE 8. The two Mg mechanism for transcription by RNAP. The structure (PDB 205J) is from Thermus thermophilus (Vassylyev et al., 2007b). Mg1 and Mg2 (green spheres) are labeled. The RNA chain is magenta. The β′ subunit is beige. The β subunit is lime. Some active site residues are labeled. AMPCPP (a non-hydrolyzable substrate) is in the substrate site.


Figure 8 shows the 2-Mg mechanism for RNA polymerization. The 3′-O of the RNA chain attacks the α-phosphate of the incoming NTP substrate to add a single NMP unit to the chain and to release pyrophosphate (Vassylyev et al., 2007a,b). Mg1 is held tightly by D739, D741 and D743 within the NADFDGD loop between β5 and β6 of the DPBB2 (β′subunit). Mg2 enters with the NTP substrate and probably interacts with D686 of the DPBB1 (β subunit). Mg2 probably leaves with pyrophosphate.



EVOLUTION OF ARCHAEAL AND BACTERIAL GTFs

Because we posit that Archaea are older than Bacteria, we first consider general transcription factors (GTFs) in Archaea (Jun et al., 2011; Blombach et al., 2015). To recognize a core promoter, Archaea utilize TBP (TATA-box binding protein), TFB (transcription factor B) and TFE (transcription factor E). It appears that Bacteria evolved σ factors from TFB and lost TBP and TFE in evolution. Figure 9 shows a promoter-TBP-TFB complex from Archaea (Littlefield et al., 1999). Figure 9A is a detail of the image in Figure 9B to indicate the helix-turn-helix (HTH) motif of the most C-terminal HTH domain. TBP contacts the 8-nt TATA-box. TBP includes a C-terminal repeat sequence that forms a pseudo-dimer of β-sheet folds to align with pseudo-dimeric DNA. TBP occupies the minor groove of the DNA. TFB includes two cyclin-like repeats (CLR) formed as 5-α-helix bundles that bind DNA upstream and downstream of TATA (Lagrange et al., 1998; Renfrow et al., 2004). The last 3-helices of each CLR comprise a typical HTH DNA-binding motif (Figure 9A). HTH motifs are comprised of H1-T1-H2-T2-H3 (H for helix; T for turn). Characteristically, H1 braces H2 and H3. H2 is generally a short helix. The N-terminus of H3 penetrates the major groove of DNA and makes most sequence-specific contacts. Figure 9A emphasizes the typical DNA contacts of HTH2 of TFB to the BREup (TFB-recognition element upstream of TATA) of the archaeal promoter. Figure 9B is a more complex image that includes TBP and CLR1 and CLR2 of TFB. H3 of CLR1 and CLR2 interacts with the major groove of DNA at BREdown and BREup. TFE is another GTF in Archaea that does not make extensive sequence-specific contacts to DNA (Blombach et al., 2015). In Bacteria, TBP and TFE appear to have been lost in evolution. The TFB C-terminal CLR/HTH repeats appear to have been duplicated and modified in evolution to generate bacterial σ factors.
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FIGURE 9. The promoter-TBP-TFB complex in Archaea. (A) A detail of the image in panel (B), showing that TFB HTH units are typical and make typical contacts to the major groove of DNA. (B) The promoter-TBP-TFB complex. HTH1 and HTH2 are the last 3 helices of 5-helix cyclin-like repeats (CLR1 and CLR2).


Bacterial σ factors are homologs of TFB (Iyer and Aravind, 2012; Burton, 2014; Burton and Burton, 2014; Burton et al., 2016; Figure 10). This idea was first postulated by Aravind and co-workers, based on the similarities of HTH units. Similarly to TFB, σ factors were initially strings of HTH units. For instance, σA appears to be derived from 4-HTH units (HTH1-4). We posit that σA was derived from duplication of the TFB C-terminus CLR/HTH units. σ54, by contrast, might be derived from 6–7 (or possibly 8) HTH units. σ54 might have resulted from early duplication of σA. The more N-terminal HTH units in both σA and σ54 are more degenerate, and, therefore, less recognizable. Here, we consider the four most C-terminal HTH units, which are in common comparing σA and σ54, and number them 1→4, from the N-terminal end, so HTH4 is the most C-terminal σ HTH unit. TFB, by contrast, includes two HTH units, numbered HTH1 and HTH2, C-terminal to an N-terminal Zn finger domain. So, HTH4 in σA and σ54 corresponds to HTH2 in TFB. HTH3 in σA and σ54 corresponds to HTH1 in TFB. The concept of σ and TFB homology is necessary to consider archaeal and bacterial divergence and the evolution and divergence of promoters.
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FIGURE 10. Bacterial σ factors and human TFIIB are homologs. Two views and one detail are shown. Two initiation complexes (human and Thermus thermophilus) and a σ54 holoenzyme structure (Escherichia coli) were overlaid. σA HTH3, σ54 HTH3, and TFIIB (B) HTH1 overlay at the upstream edge of the transcription bubble. σ54 HTH4 and TFIIB HTH2 partly overlay upstream (i.e., BREup). The detail is of σA HTH4 showing characteristic HTH contacts to the promoter –35 region. RNA is cyan. Mg is green. Upstream DNA strands are labeled: 5IY7: (pink) non-template; (yellow) template; and 5I2D: (green) non-template; (blue) template.


To further support the homology of σ factors and TFB, we prepared overlays of initiation complexes from bacterial and human systems (Figure 10). Human TFIIB is a close homolog of archaeal TFB. RNAP and other GTFs were removed from the image to attempt simplification. Figure 10 is an overlay of three structures: (1) a human preinitiation complex (PDB 5IY7) (He et al., 2016), (2) a bacterial σA early initiation complex, with a short RNA (PDB 5I2D) (Feng et al., 2016), and (3) a bacterial σ54 holoenzyme (PDB 5BYH) (Yang et al., 2015). Because the image is somewhat busy, two views and a detail view are shown. TFIIB HTH1, σA HTH3 and σ54 HTH3 co-localize at the upstream end of the transcription bubble. TFIIB HTH2 and σ54 HTH4 partly overlay in the upstream DNA region. By contrast, σA HTH4 follows the diverging trajectory of the upstream DNA to which HTH4 binds at the −35 promoter region (detail image). Notice that σA HTH4 makes typical HTH contacts to the −35 region of the bacterial promoter (Figure 10; detail image), just as TFB makes typical HTH contacts to BREup and BREdown (Figure 9). We conclude from the overlay of these structures that HTH4 and HTH3 of bacterial σ factors correspond to HTH2 and HTH1 of human TFIIB (Iyer and Aravind, 2012; Burton, 2014; Burton and Burton, 2014; Burton et al., 2016).


Promoter-Specific Regulatory HTH Factors

We speculate that GTFs TBP and TFB may have been present at LUCA as part of the earliest mechanisms for opening and managing DNA templates. In Archaea and Bacteria, many promoter-specific transcription factors are dimeric HTH or winged-HTH (HTH factors with β-sheet “wings”) factors (Aravind et al., 2005; Iyer and Aravind, 2012). These promoter-specific HTH factors may somehow have been derived by simplification of the CLR domains of TFB (5-α-helix bundles), followed generally by homodimerization. We note that bacterial σ factor HTH units are simplified from the TFB 5-helix CLR formats, from which σ factors appear to be derived (Iyer and Aravind, 2012; Burton and Burton, 2014). The HTH motif was, therefore, a core founding feature in Archaea and Bacteria of early evolution of both transcriptional GTFs (TFB and σ) and regulatory (HTH and winged-HTH factors) mechanisms.



Evolution of Archaeal and Bacterial Promoters

A model for the divergence of archaeal and bacterial promoters is described (Figure 11). Because of the long passage of time, we are not certain that all aspects of a core promoter model can precisely be stated. The model is presented in order to provide a simple possible narrative that may stimulate more sophisticated bioinformatics approaches to this problem than we were able to do. Also, the model is based partly on our opinion that Archaea is most similar to LUCA, that Bacteria are more derived and that Bacteria evolved from Archaea (Battistuzzi et al., 2004; Marin et al., 2017; Lei and Burton, 2020; Long et al., 2020). There are reasons to consider this idea. A recent paper indicated that LUCA was most similar to Archaea, and that Bacteria were derived from Archaea. tRNAs and tRNAomes (all the tRNAs for an organism) are simpler and more similar to the primordial tRNA sequence in Archaea (Pak et al., 2018; Kim et al., 2019; Lei and Burton, 2020). Also, aminoacyl-tRNA synthetases and the genetic code are simpler to model in Archaea than in Bacteria, indicating that Archaea are more similar to LUCA than Bacteria.
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FIGURE 11. Comparison of bacterial σA promoters and archaeal promoters from Sulfolobus solfataricus (Sso; an ancient Archaea). See the text for details. Inr for initiator element.


Figure 11 compares a bacterial σA promoter and its GTF contacts and an archaeal promoter and its GTF contacts. The bacterial promoter shows sequences characteristic of a strong promoter with multiple contacts to different regions of σA. Bacteria lack TBP and TFE, which we posit may have been lost during bacterial divergence. Bacteria include RNase HIII that includes a TBP fold (Brindefalk et al., 2013), however, possibly indicating that Bacteria had TBP as a transcription factor from Archaea and then lost TBP in evolution, as we propose. According to the structural overlay (Figure 10), bacterial σA HTH4 and HTH3 correspond to archaeal TFB HTH2 and HTH1 (Iyer and Aravind, 2012; Burton, 2014; Burton and Burton, 2014; Burton et al., 2016). Bacterial σA HTH4 contacts the −35 region of promoters [i.e., (-34)-TTGACA-(-29)]. Archaeal TFB HTH2 contacts the BREup (TFB-recognition element upstream of the TATA-box). TBP binds the 8-nt TATA-box [i.e., (-30)-TTTTAAAA-(-23) in Sulfolobus solfataricus] (Ao et al., 2013), but TBP is missing in Bacteria. Bacterial σA HTH3 partly contacts the Extended −10 sequence in double-stranded DNA, found in some promoters, and then resides on double-stranded DNA at the upstream edge of the transcription bubble, as the promoter opens (Figure 10). Archaeal TFB HTH1 contacts the BREdown (TFB-recognition element downstream of the TATA-box) (an A/T-rich sequence downstream from TATA in Sulfolobus solfataricus) (Figure 9B). After promoter opening, TFB HTH1 occupies double-stranded DNA just upstream of the transcription bubble (Figure 10).

The Promoter-Proximal Element (PPE) is an A/T-rich sequence in Sulfolobus solfataricus promoters upstream of the transcription start [i.e., ∼(−11)-AATATTAA-(−4)] (Ao et al., 2013). To us, the PPE resembles a TATA-box and may be derived from one. The PPE appears to be positioned similarly to the bacterial Pribnow box [i.e., (−12)-TATAAT-(−7)] and is similar in sequence. We, therefore, posit that the Pribnow box of bacterial promoters may be derived from an archaeal PPE sequence. Notably, the Pribnow box is recognized by σA HTH2, which is a modified HTH with interesting characteristics. The σA HTH2 opens the bacterial promoter by flipping bases. A(−11) is first flipped out followed by T(−7), leading to promoter opening (Feklistov and Darst, 2011; Feklistov et al., 2014; Boyaci et al., 2019).

Archaeal promoters typically have an initiator sequence surrounding + 1, the transcription start (Ao et al., 2013). Many promoters have (−1)-TATG-(+3). In this case, no 5′-untranslated sequence may be present in the mRNA, which may initiate translation at (+1)-AUG-(+3). (−1)-TGAG-(+3) is also common. In this case, translation generally initiates at a downstream AUG. The initiator element is thought to be recognized directly by RNAP. Bacteria also have an initiator sequence (Cassiano and Silva-Rocha, 2020). Both Archaea and Bacteria utilize ribosome attachment sequences (i.e., AGGA) on some mRNAs with a corresponding interaction sequence near the 3′-end of 16S rRNA (i.e., UCCU).



Interactions of DPBB Loops With GTFs

One hypothesis might be that multi-subunit RNAP DPBB loops that include inserts contact GTFs in a domain-specific fashion. The idea underlying this hypothesis is that DPBBs form the catalytic center and hold the active site Mg1 and Mg2. The RNAP active site is deeply sequestered within the RNAP core, limiting access to the catalytic center. Inserts in the DPBB loops might allow GTFs binding closer to the RNAP periphery to communicate with catalytic functions. Because archaeal GTFs and TFB are so different from bacterial σ factors, TFB and σ might be expected to interact with DPBB loops with distinct, domain-specific inserts.

Figures 12, 13 show domain-specific functional contacts of DPBB loops with GTFs. Figure 12 shows a simplified view of a human preinitiation complex (PDB 5IYD) (He et al., 2016). Most of the factors in the structure have been removed to simplify the image. The human DPBB1 SBHM (β2-β3 insert) contacts TFIIB HTH1/CLR1 located at the upstream edge of the transcription bubble. Interestingly, the human DPBB2 RAGNYA β2-β3 insert, specific for Archaea and Eukaryotes, contacts the N-terminal Zn finger of TFIIB. In Figure 13, a detail of the Escherichia coli RNAP initiation complex is shown (PDB 4YLN) (Zuo and Steitz, 2015). Bacterial σA HTH3, at the upstream end of the transcription bubble, contacts the SBHM. Thus, homologous GTFs in Archaea (TFB) and Bacteria (σA) make domain-specific contacts to their domain-specific SBHMs. In Bacteria, the flap tip helix is an extension of the SBHM that contacts the σA HTH4, bound to the −35 promoter region. Interestingly, the Escherichia coli RNAP SBHM includes a long helix hairpin motif as an insert, missing in Archaea and many Bacteria (i.e., missing in Thermus thermophilus, an ancient Bacteria). The long helix hairpin insert contacts σA HTH3 in the initiating complex. The DPBB2 β2-β3 insert in Escherichia coli RNAP is an α-helical motif that substitutes for the very different RAGNYA insert in Archaea, which contacts the N-terminal Zn motif in TFIIB (Figure 12). The corresponding DPBB2 β2-β3 α-helical insert in Bacteria makes domain-specific contacts to αA HTH4, bound at the −35 promoter region (Figure 13).
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FIGURE 12. Archaea/Eukaryote-specific contacts of TFB/TFIIB with DPBB insert loops. β-sheets are red. Other features of Rpb1 are blue and Rpb2 are light red. TFIIB is orange with transparent space-filling representation. “B” with double strike through indicates a contact specific to Archaea and not found or very different in Bacteria.



[image: image]

FIGURE 13. Bacteria-specific contacts of σA with DPBB insert loops. β-sheets are red. Other β′ features are beige, and β features are yellow. σA is green with transparent space-filling representation. FT for flap tip helix. “A” with double strike through indicates a feature found in Bacteria but very different or not identified in Archaea.


The DPBB1 β5-β6 insert shows some homology in Archaea and Bacteria but, also, significant domain-specific character, so we attempted to identify a GTF that might contact this region. We were unsuccessful. So far as we can discern, the β5-β6 DPBB1 inserts in Archaea and Bacteria make domain-specific contacts to other regions of RNAP (Figure 14). In Archaea, the β5-β6 DPBB1 insert contacts: (1) the Rpo1N funnel (A′; homolog of β′ in Bacteria); (2) Rpo10 (N; homolog of RPABC5 in Eukarya); and (3) Rpo3 (C; homolog of α1 in Bacteria). In Bacteria, the β5-β6 DPBB1 insert makes similar domain-specific contacts to RNAP (not shown).
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FIGURE 14. The DPBB1 β5-β6 loop (space-filling representation) contacts RNAP. In Archaea, the DPBB1 β5-β6 loop contacts the Rpo1N (homolog of β′ in Bacteria) funnel, the Rpo2 (homolog of β in Bacteria) N-terminal domain (lobe II), Rpo3 (homolog of α1 in Bacteria) and Rpo10 (homolog of RPABC5 in Eukarya). The SBHM contacts lobe I of the N-terminal Rpo2 domain and Rpo3.


During transcription elongation, TFB and σ factors cycle off RNAP and are replaced by the elongation factor homologs Spt5/Spt4 in Archaea and NusG in Bacteria (Werner, 2012; Blombach et al., 2013; Hartzog and Fu, 2013; Tomar and Artsimovitch, 2013; Yakhnin and Babitzke, 2014; Wang and Artsimovitch, 2020). These elongation factors occupy approximately the same positions on RNAP as HTH2 and HTH3 of bacterial σA (not shown). These elongation factors, therefore, make domain-specific contacts to the SBHM of their DPBB1 (i.e., see PDB 5TBZ) (Liu and Steitz, 2017). Contacts to GTFs are also specific to the initiation and elongation phases of the transcription cycle. For instance, in Bacteria, the flap tip helix contacts σA during initiation (Figure 13) but does not contact NusG during elongation.



DIVERGENCE OF ARCHAEA AND BACTERIA

Evolution of life on Earth appears to be a simple outline with overwhelming detail. According to our view, pre-life evolved to LUCA, which we interpret as an ancient Archaea. Archaea diverged to generate Bacteria, which became a more flexible and, in many ways, more successful prokaryotic domain, restricting Archaea somewhat to the margins (i.e., to extremophile environments). Multiple Archaea and Bacteria fused to form Eukaryotes, which have occupied many new niches on Earth (Forterre, 2015; Castelle and Banfield, 2018; Eme et al., 2018). Ancient Archaea, therefore, are very similar to LUCA. Bacteria are more innovated than Archaea and more derived evolutionarily. Because of their mitochondria and complex genomes and development, Eukaryotes have many new capacities lacking in Archaea and Bacteria. We refer to the splitting of the archaeal and bacterial domains as “the great divergence,” and we consider this event to be one of the most important advances in evolution of life as we know it on Earth.

There are several defining differences comparing Archaea and Bacteria: i.e., (1) evolution of TFB (Archaea) versus σ factors (Bacteria); (2) utilization of DNAPs PolD and PolB (Archaea) versus PolC (Bacteria) (Koonin et al., 2020), and (3) archaeal versus bacterial membranes (Lane and Martin, 2012; Lane, 2020). Above, we have discussed the divergence of archaeal and bacterial GTFs and promoters in some detail. We consider modifications of bacterial transcription systems to be fundamental and possibly the founding difference in the great divergence of Bacteria from Archaea. For instance, evolution of bacterial σ factors appears to have driven the simplification and divergence of bacterial RNAPs from archaeal ancestors.
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ABBREVIATIONS

BH, bridge helix; BRE, TFB-recognition element; CLR, cyclin-like repeat (TFB HTH domains); DNAP, DNA polymerase; DPBB, double- Ψ - β -barrel; HTH, helix-turn-helix; InR, initiator element; LUCA, last universal (cellular) common ancestor; Pfu, Pyrococcus furiosis; Pol, DNA polymerases (i.e. PolA, PolB, PolC, and PolD); PPE, promoter-proximal element; RNAP, RNA polymerase; RRM, RNA-recognition motif; SBHM, sandwich barrel hybrid motif; Sso, Sulfolobus solfataricus; TBP, TATA-box binding protein; TFB, transcription factor B; TFE, transcription factor E; TIM, triose phosphate isomerase; TL, trigger loop.
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Nanoarchaea represent a highly diverged archaeal phylum that displays many unusual biological features. The Nanoarchaeum equitans genome encodes a complete set of RNA polymerase (RNAP) subunits and basal factors. Several of the standard motifs in the active center contain radical substitutions that are normally expected to render the polymerase catalytically inactive. Here we show that, despite these unusual features, a RNAP reconstituted from recombinant Nanoarchaeum subunits is transcriptionally active. Using a sparse-matrix high-throughput screening method we identified an atypical stringent requirement for fluoride ions to maximize its activity under in vitro transcription conditions.
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INTRODUCTION
The basal transcriptional machineries of Archaea are intriguingly similar to the core components of the eukaryotic RNA polymerase II (RNAPII) transcriptional machinery (Cramer et al., 2001). This close similarity to eukaryotic systems, combined with the greater experimental accessibility, has established archaeal systems as key model systems for in-depth structure/function analyses of the transcriptional machinery (Werner and Weinzierl 2002; Ouhammouch et al., 2004; Werner et al., 2006; Naji et al., 2007; Hirata et al., 2008; Tan et al., 2008; Thomm et al., 2009; Weinzierl 2013; Fouqueau et al., 2018; Blombach et al., 2019; Wenck and Santangelo, 2020). Apart from serving as model systems for eukaryotic systems, archaea also include numerous examples of extremophiles that do not fit the general pattern (Adam et al., 2017). Such species often provide unusual examples of molecular organization that have the capacity of enlarging our understanding of fundamental molecular mechanisms by illustrating the degree of flexibility that is possible, or by providing examples for achieving the same goal in a variety of alternative ways (Coker, 2019). Some of the best-known examples include the adaption of enzymes to operate in high-salt environments (halophiles), over a wide range of temperatures (psychrophile, mesophiles, thermophiles, hyperthermophiles), or at low or high pH (acidophiles and alkaliphiles, respectively). Another interesting class of archaea are the evolutionary “outliers”, such as Methanopyrus kandleri, Cenarchaeum symbiosum, and Nanoarchaeum equitans. The phylogenetic classification of these species is contentious, and their protein sequences frequently contain unique and unusual substitutions that are not shared by other archaea. Such unorthodox features raise many, yet unanswered, questions regarding the evolutionary origin of such species (deep-branching evolutionary ancestry or recent degeneracy?) and often challenge fundamental concepts of apparently well-understood enzymatic pathways and mechanisms (Randau et al., 2005; Randau et al., 2008).
Here we focus on the molecular organization and properties of the RNAP from the hyperthermophile Nanoarchaeum equitans (from here on abbreviated as N. equitans, or “n” as a prefix). N. equitans is a highly unusual archaeon because of its diminutive size (0.35–0.5 μm cell diameter), drastically reduced genome and parasitic lifestyle (Huber et al., 2002; Waters et al., 2003; Forterre et al., 2009; Rawle et al., 2017). The genome lacks most genes that are required to produce cellular precursors, such as amino acids, nucleotides, cofactors, and lipids. These are most likely imported directly from the host cell, the crenarchaeote Ignicoccus hospitalis. Depending on the criteria chosen, N. equitans has been plausibly classified as a new and early diverging archaeal phylum (the “Nanoarchaeota” (Huber et al., 2003)), a sister branch of the Crenarchaea (Ciccarelli et al., 2006), or as a fast-evolving Euryarchaeon (Brochier et al., 2005). Recent studies have demonstrated that Nanoarchaea are widespread and occur in a variety of locations, including mesophilic and halophilic environments (Hohn et al., 2002; McCliment et al., 2006; Probst et al., 2017; Tully et al., 2018; Zhou et al., 2020).
The N. equitans genome encodes a full complement of all RNA polymerase (RNAP) subunits and basal factors TBP, TFB, TFE, and TF-S (Huber et al., 2002; Waters et al., 2003). Considering the minimal size of the genome, the presence of a set of genes encoding a complete basal transcriptional machinery strongly suggests that N. equitans is fully capable of transcribing its own genome. We observe, however, a distinct set of substitutions in several key positions of the neRNAP catalytic center that are of a unique and radical nature and raise the question whether such an enzyme could display a substantial amount of catalytic activity. The Bridge Helix (BH), Trigger Loop (TL), Fork Loop-3 (FL-3), as well as the “Metal B” binding domain (Me-B; responsible for positioning one of the two catalytically active Mg2+ ions) display substitutions in positions that are typically absolutely or highly conserved in all other archaeal and eukaryotic RNAPs (Figure 1). Some of these substitutions (such as the presence of a proline in the Bridge Helix (BH); Figure 1A) are predicted to have highly disruptive, non-local effects by destabilizing the a-helical integrity of such a key element in a particularly critical position (Tan et al., 2008; Weinzierl, 2010b, Weinzierl, 2010a, Weinzierl, 2011). Although proline substitutions in particular places of BH results in a substantial increase the specific activity of the structurally closely related euryarchaeal RNAP from Methanocaldococcus jannaschii (mjRNAP) (Tan et al., 2008; Weinzierl, 2010b), a proline located in the position characteristic for neA′ causes a substantial drop in activity in mjRNAP (Tan et al., 2008). Several other unusual substitutions in other key elements of the catalytic site (Cramer et al., 2001) are evident, including the Trigger Loop (TL; Figure 1B), Fork Loop-3 (FL3; Figure 1C) and the Metal-B motif required to coordinate the Mg2+ ions facilitating the various types of catalytic chemistries (Sosunov et al., 2003); Me-B; Figure 1D). All these nanoarchaeal substitutions are spatially in close vicinity within the catalytic site of RNAP (Figure 2). Based on our current understanding of the structural basis of the nucleotide addition cycle, such substitutions would be predicted to have a substantially deleterious effect on the catalytic function of the neRNAP active site. In comparison, the RNAP of the archaeon I. hospitalis - the host to N. equitans - does not encode any of these unusual substitutions found in the neRNAP (Figure 1), thus essentially ruling out that the substitutions are required to survive in a particular environment.
[image: Figure 1]FIGURE 1 | Substitutions in key regions and domains of the nanoarchaeal RNAP catalytic site. Sequences from four archaeal (Nanoarchaeum equitans, Methanocaldococcus jannaschii, Methanopyrus kandleri, and Ignicoccus hospitalis) and one eukaryotic (Saccharomyces cerevisiae; RNA polymerase II) species are shown in all panels. Unusual substitutions in the nanoarchaeal sequence are highlighted with a red arrow. Residues identical in all sequences shown are highlighted in blue. The beginning and end positions of the sequences shown relative to the full length protein sequence are indicated as superscripts (A) Alignment of Bridge Helix sequences. N. equitans (SeqID: AAR39345.1), M. jannaschii (SeqID: WP_064,496,945.1), M. kandleri (SeqID: AAM01900.1), I. hospitalis (SeqID WP_011,998,279.1) and S. cerevisiae (SeqID: NP_010141.1). Below, additional examples from uncultivated and yet unnamed species are shown (Candidatus Pacearchaeota archaeon #1 [SeqID: MAG61561.1; RNAP subunit combines A′ and A″ as continuous polypeptide]; Candidatus Pacearchaeota archaeon #2 [isolate CG_2015–01t_39_43; SeqID: NCO11196.1; RNAP subunit combines A′ and A″ as continuous polypeptide]; Candidatus Woesearchaeota archaeon #1 [CG1_02_47_18; SeqID: OIO63522.1; A′ only) (Probst et al., 2017)]; Candidatus Woesearchaeota archaeon#2 [isolate SpSt-512; SeqID: HGS79070.1; A′ only) (Zhou et al., 2020)]; Candidatus Woesearchaeota archaeon#3 [isolate SpSt-1178; SeqID: HDP74066.1) (Zhou et al., 2020)]; Archaeal isolate ARS1414 [SeqID: MAG50098.1; A′ only) (Tully et al., 2018)], Nanoarchaeota archaeon [SeqID: NTV23449.1; Breister et al.]) (B) Alignment of Trigger Loop sequences. N. equitans (SeqID: AAR39272.1), M. jannaschii (SeqID: WP_010,870,556.1), M. kandleri (SeqID: WP_0,11,019,054.1), I. hospitalis (SeqID WP_052,570,437.1), and S. cerevisiae (SeqID: NP_010141.1) (C) Sequence alignment of the Fork-Loop 3 motif. N. equitans (SeqID: AAR39027.1), M. jannaschii (SeqID: Q58444.1), M. kandleri (SeqID: WP_088,335,828.1), I. hospitalis (SeqID: WP_052,570,488.1), and S. cerevisiae (SeqID: AAA68096.1) (D) Sequence alignment of the Metal-B motif. N. equitans (SeqID: AAR39011.1), M. jannaschii (SeqID: Q60181.1), M. kandleri (SeqID: WP_193,333,232.1), I. hospitalis (SeqID: WP_052,570,488.1), and S. cerevisiae (SeqID: AAA68096.1).
[image: Figure 2]FIGURE 2 | Spatial arrangement of nanoarchaeal-specific substitutions within the catalytic site of RNAP. The Bridge Helix (BH) is shown in green, the Trigger Loop (TL) in blue and Fork Loop 3 (FL-3) in purple. The nucleotide triphosphate is represented as a cyan space-filling model. Positions substituted in N. equitans are shown as red space-filling van der Waals representations.
Recent large-scale sequencing efforts have demonstrated that similar unusual substitution patterns can been found in hundreds of sequence samples derived from fresh- and marine water sources (Probst et al., 2017; Tully et al., 2018; Zhou et al., 2020). Several data base entries, labeled as yet unnamed representatives of Woesearchaea or Pacearchaea, show the same types of substitutions as originally found in N. equitans (Figure 1A). Although the Bridge Helix and Trigger Loop are usually encoded by separate subunits of archaeal RNAPs (A′ and A″, respectively) - and can therefore usually not be allocated to the same species in environmental sequencing samples - there are two pacearchaeal sequences where A’ and A” appear to be fused into a single subunit (Figure 1A; directly comparable to the eukaryotic large RNAP subunits). We can therefore see from these examples, that - like in N. equitans - the specific substitution pattern in both Bridge Helix and Trigger Loop are encoded within an RNAP subunit from the same species. This suggests that, although for a long time considered unusual, N. equitans is actually a fairly typical representative of a larger group of archaea (including Pacearchaea, Woesearchaea etc.) that display comparable, but structurally diverged RNAP active site architectures.
The goal of this study was to determine whether the RNAP encoded by the N. equitans genome was 1) enzymatically active and 2) to what extent the substitution pattern resulted in altered catalytic properties.
MATERIALS AND METHODS
Identification of neRNAP Subunits and Basal Transcription Factors
neRNAP subunit-encoding open reading frames were identified using existing data base annotations and tblastn searches of the Nanoarchaeum equitans genome sequence (SeqID: AE017199.1; see Supplementary Table S1 for more details).
Markov chain Monte Carlo Simulations
Markov Chain Monte Carlo MCMC simulations were carried out as described previously (Sullivan and Weinzierl, 2020). Briefly, the simulations employed the PROFASI forcefield in the PHAISTOS package (Boomsma et al., 2013). Due to the origin of the proteins from hyperthermophilic organisms, the simulation temperature was set to 355 K (81.85°C). The resulting trajectory data (based on 50,000 calculated states per simulation) was analyzed for secondary structure elements using cpptraj (Roe and Cheatham, 2013) and processed/visualized with custom scripts on Python Jupyter notebooks.
In Vitro Reconstitution neRNAP
The protein-coding portions of RNAP subunits A′, A″, B′, B″, D, H, L, N and p were PCR amplified from purified N. equitans genomic DNA (a gift from Prof. M. Thomm, University of Regensburg) as full-length, non-tagged sequences and cloned as NdeI-BamHI (neA″, neB′, neB″, neF, neK), or NdeI-EcoRI (neA′, neD, neE, neH, neL, neN, neP) fragments into the bacterial expression vector pET21a. Recombinant proteins were expressed with IPTG-induction in E. coli BL21-DE3 Rosetta 2 (Merck) under standard conditions (Werner and Weinzierl, 2002). Subunits neA′, neA″, neB’ and neB″ were purified as insoluble inclusion bodies. Briefly, bacterial cells expressing these recombinant subunits were resuspended in T/G0 (25 mM Tris-base, 200 mM glycine, 10 mM magnesium acetate, 100 μM zinc acetate, 14 mM ß-mercaptoethanol and 10% glycerol at pH7.5) and sonicated. The inclusion bodies were washed extensively with 1 x deoxycholate buffer (1 mg/ml deoxycholate, 15 mM ß-mercaptoethanol) and water/15 mM ß-mercaptoethanol before solubilizing them in T/G0 in the presence of saturating urea or 6 M guanidine-hydrochloride. Subunits neD, neL, neH, neN and neP were expressed similarly as soluble recombinant proteins. Bacterial cells expressing these recombinant subunits were resuspended in P300 Buffer (300 mM potassium acetate, 20 mM Tris-acetate pH 7.9, 10 mM magnesium acetate, 100 μM zinc acetate, 14 mM ß-mercaptoethanol and 10% glycerol) and sonicated. The supernatant containing the solubilized proteins were heat-inactivated of at 70°C for 10 min to precipitate the bacterial proteins present in the extract (the hyperthermophilic ne subunits remain completely soluble during this treatment).
The urea-solubilized inclusion bodies, or the soluble subunits, were passed over ∼5 ml SP- or Q-Sepharose (Fast flow, Amersham) in chromatography columns. Proteins were eluted in a salt gradient from T/G0 to T/G1000 using a DuoFlow BioLogic FPLC system (BioRad). The purified subunits were assembled by mixing them in the presence of 8 M urea in a dialysis cell (Slide-A-Lyzer 3500MCOW frames [Pierce], or 96-well microdialyser (SpectraPor) on a Theonix robotic platform (Aviso) for high-throughput assembly (Nottebaum et al., 2008; Weinzierl, 2013)), followed by lowering the urea concentration by gradual dilution in the dialysis buffer (Werner and Weinzierl, 2002; Naji et al., 2007; Nottebaum et al., 2008; Weinzierl, 2013). Equimolar amounts of the large subunits were mixed with small subunits, which were in at least four-fold excess to the large subunits, under denaturing conditions. The highest yield of enzymatically active neRNAP (due to increased folding efficiency) was obtained in the presence of 500 mM salt (either sodium chloride, potassium- or sodium acetate) in the refolding buffer (Supplementary Figure S1). The assembly of large complexes was monitored by analytical size exclusion chromatography on Superose-6 and Superose-12 columns (Amersham) at a flow-rate of 0.5 ml/min. When required, soluble protein complexes were concentrated further using centrifugal YM-50 Centricon (Millipore) units according to the manufacturers instructions.
In Vitro Transcription Assay
Refolded RNAPs were assayed for transcriptional activity by measuring incorporation of a-32P-UTP into RNA. Refolded RNAP was added to 1 x transcription buffer (1 x TB) containing 500 μM ATP, CTP, GTP, 1 μM UTP, 27 nM a-32P-UTP (6000 Ci/mmol, Amersham), 1.5 μg nuclease-activated calf thymus DNA (Fluka), 120 mM potassium acetate, 10 mM magnesium acetate, 10 mM Tris-acetate pH 7.5 and 10 mM DTT, which was incubated at 37–65°C for 45 min. The final reaction volume was 50 μL. The reactions were stopped by addition of 15% (w/v) trichloroacetic acid followed by 30 min incubation on ice. The precipitate was collected on 96-well GF/F glass fiber filter plates (Whatman), washed twice with excess 10% TCA, once with 95% ethanol, and quantitated in a scintillation counter in presence of scintillant fluid (Opti-fluor, Packard Bioscience). These steps were fully automated on a Theonyx liquid handling platform (Aviso) (Nottebaum et al., 2008; Weinzierl, 2013). Independent repetitions (“biological replicates”) of the same transcription reaction are reproducible within a 12% error margin. Transcripts originating solely from abortive initiation are not precipitated using this method. Therefore, only transcripts from elongation-competent RNAPs (longer than ∼20 nucleotides) give rise to a signal in this assay.
High-Throughput “Sparse-Matrix” Sampling
Crystallization buffer sets ICL-1, -3, -4, and -5 (Hampton Research, Aliso Viejo, United States; Supplementary Figures S2A–F) were used as 10 x concentrates for high-throughput transcription assays based on nicked DNA templates as described previously (Werner and Weinzierl, 2002; Nottebaum et al., 2008; Tan et al., 2008; Boomsma et al., 2013). Briefly, the assay measures the incorporation of a-32P-UTP into acid-insoluble RNA by liquid scintillation counting in a robotically implemented workflow. Similar to the strategy used when employing such buffer sets for crystallization screens, the initial screen was only carried out with one assay per buffer set. Buffer sets that gave high levels of activity were subsequently tested in triplicate to confirm the result.
RESULTS
Computational Simulations
The structural consequences of several of the substitutions were determined by comparing secondary structure propensities of sequences from N. equitans to equivalent domains from M. jannaschii (mj). Both species are hyperthermophiles thus containing similar sequence-encoded features that stabilize their protein structures at elevated temperatures. Markov Chain Monte Carlo (MCMC) simulations is the method of choice for a systematic and comprehensive exploration of conformational space (Boomsma et al., 2013) (Figure 3). As expected, the presence of a proline in the neBH causes a substantial disruption of a region that displays high a-helical propensity in the mjBH (Tan et al., 2008). On a structural level, the presence of proline in neA′ in position 810 (neA′ P810) is predicted to cause a substantial destabilization of the a-helical conformation of the Bridge Helix in a slightly more N-terminal location (mostly affecting neA′ R808; Figure 3B). Simulating a ne Bridge Helix with a “corrected” in silico point mutation (neA′ P810-A) restores the predicted conformational population to one that is very close to the mj Bridge Helix (Figure 3C). This proves that the unusual conformational properties are predominantly due to neA′ P810 position, rather than any of the other differences in the primary amino acid sequence. The region in the ne Bridge Helix most distorted corresponds to the orthologous region in M. jannaschii (mjA′-R820) which is a structure with one of the highest a-helical propensities of the entire domain (Figure 3A). High-throughput mutagenesis studies of mjA′-R820 in mjRNAP have shown it to be highly sensitive to point mutations, with only phenylalanine and tryptophane substitutions not resulting in substantial loss of catalytic activity (Tan et al., 2008; Weinzierl, 2013).
[image: Figure 3]FIGURE 3 | Markov Chain Monte Carlo (MCMC). Each plot shows the ratio of percentage of disordered secondary structure elements (bends, turns) vs. percentage of helical structures (including a-, 3–10 and p helix data) created during the simulations. Large peaks therefore highlight regions displaying local structural instability. The x-axis shows the amino acid positions for each element. Note that the range of y-axes is variable between different plot groups. Significant local structural variations present in the ne motifs are highlighted with a red star (A) Bridge Helix from M. jannaschii (B) Bridge Helix from N. equitans (C) Bridge Helix from M. jannaschii simulated with in silico mutated neA′ P810-A (D) Trigger Loop from M. jannaschii (E) Trigger Loop from N. equitans (E) Fork Loop 3 from M. jannaschii (F) Fork Loop 3 from N. equitans.
Similar comparisons of the ne and mj Trigger Loop conformations yield a less clear-cut result (Figure 3D,E), although the unusual position of a proline in the ne motif near the edges of the domain (neA”-P47) again is likely to contribute a destabilizing influence (Figure 3E).
For neFL3, the structural consequences of replacing highly conserved residues that are virtually invariant in other archaeal and eukaryotic polymerases in a non-conservative manner (for example, in FL3: C-D445, G-D452, V/I-R458, and N-A460; Figure 1C) suggest that this would cause distinct changes in the functional contributions of these residues to catalysis. Especially one of these substitutions neB” G452-D is predicted to reduce the flexibility of the central region of neFL3 considerably in comparison to the orthologous sequence of mjFL3 (Figures 3F,G). Similarly, Metal B contains two highly conserved acidic residues that coordinate of binding of the Mg2+ ion brought along by the incoming NTP, but in N. equitans one of them is converted to glutamine (neA’ Q217) and thus is predicted bind the metal less strongly (Figure 1D).
Overall, based on previous insights from a range of structural and functional studies from archaeal and eukaryotic RNAPs representative of the majority of such organisms, a picture of a structurally diverged catalytic site in nanoarchaeal RNAPs emerges that suggests that the catalytic site may be more flexible in some areas (prolines in the neBridge Helix and neTrigger Loop domains, stiffer in the diverged neFL-3 domain and potentially compromised electrostatically by a diminished neMetal-B motif).
In Vitro Assembly of neRNAP and High-Throughput “Sparse-Matrix” Sampling of neRNAP Assay Conditions
The conformational distortions caused by potentially disruptive radical substitution suggest that the Nanoarchaeum RNAP may display only very low - or even no - catalytic activity. On the other hand, the presence of all known RNAP subunits in an otherwise minimal genome implies selective pressure responsible for maintaining an active transcriptional machinery. Technical problems with obtaining N. equitans in quantities sufficient for biochemical analysis preclude a direct purification of native enzymes from cells. We therefore decided to investigate this question by adopting the in vitro assembly approach that has been applied successfully for the assembly of RNAPs from other hyperthermophilic archaea (Werner and Weinzierl, 2002; Naji et al., 2007). The in vitro assembly of neRNAP followed essentially the same procedure that we employed successfully in the past for mjRNAP (Werner and Weinzierl, 2002). Each of the subunits essential for catalytic activity was expressed as a recombinant protein in E. coli, followed by chromatographic purification and in vitro assembly by controlled dialysis from denaturing conditions (Figure 4A). Under these conditions, a portion of the neRNAP subunits assembled into a complex that - comparable to mjRNAP (Figure 4B) - eluted as a distinct peak of activity during size exclusion chromatography (Figure 4C). As expected from its hyperthermophilic origin, the temperature optimum for catalytic activity was around 76°C (Supplementary Figures S3). Initial transcription experiments with neRNAP suggested that the standard buffer conditions (120 mM potassium acetate, 10 mM magnesium acetate, 20 mM Tris-acetate, pH 8.6) were probably suboptimal because we observed a ∼ 7-fold lower specific activity for neRNAP as compared to mjRNAP when assembled in parallel. We therefore attempted to optimize the assay conditions over a wider range of pH values, salt concentrations and in the presence of various additives. The concept of “sparse-matrix” sampling is well established in the macromolecular crystallization community where the method is used to identify the optimal (yet initially unknown) conditions to obtain macromolecular crystals for structural studies (Jancarik and Kim, 1991). Such approaches have also been employed usefully to identify optimal renaturation conditions (Hofmann et al., 1995), or for stabilizing macromolecular complexes (Chari et al., 2015). Here, we employed such a strategy to identify the best assay conditions for neRNAP that included a wide range of different concentrations of various cations and anions, buffers at different pHs, and the presence of a variety of detergents and stabilizing reagents. A series of buffer sets (ICL-1, ICL-3, ICL-4, and ICL-5; Hampton Research), comprised of 386 different cocktails (see Supplementary Figures S2A–F for composition), were used as 10 x stock solutions after supplementing them with Mg2+ and Zn2+ in automated high-throughput transcription assays. Most of the mixtures include an inorganic or organic salt, a buffering compound (with pH ranges from 4.5 to 9.5) and a “precipitant”, such as polyethylene glycol. In our assays, the precipitant may display stabilizing effects on protein structure - especially quaternary structures - under hyperthermophilic assay conditions.
[image: Figure 4]FIGURE 4 | (A) Overview of the purification of neRNAP subunits. The central scheme outlining the purification procedure for each subunit is flanked by Coomassie-stained gels of the purified subunits (left: neA′, neA”, neB′ and neB”; right: neD, neH, neL, neN and neP) (B) Elution profile of the mjRNAP in vitro assembly reaction from a Superose-6 size-exclusion column (similar to (Werner and Weinzierl, 2002)) shown on a silver-stained Bis/Tris 4–12% gradient SDS-protein gel. Fraction 21 (indicated with red arrow) contains the fully assembled enzyme (and peak transcriptional activity; data not shown) as revealed by the presence of all subunits within a single fraction. The letters with stars on top show the fractions where the size exclusion markers (“a”, Blue Dextran 2,000 kDa; “b”, ß-amylase 200 kDa; “c”, carbonic anhydrase 25 kDa; “d”, cytochrome c 12.4 kDa) eluted (C) Similar to (B), but for the neRNAP in vitro assembly.
A summary of the results (see Supplementary Figure S4 for the complete data set) shows that neRNAP had a clear preference for a group of three buffers (ICL-3 #A1, A2, A3) that contained 20 mM sodium fluoride, potassium fluoride and ammonium fluoride, respectively (Figure 5A). This apparent preference for fluoride is unique to neRNAP because mjRNAP only performed moderately (30–50% in comparison to standard conditions) in these buffers (Figure 5A). To test this potential requirement for fluoride further, neRNAP activity was assayed in transcription buffers containing varying amounts of fluoride salts. Optimal neRNAP stimulation was achieved with 200–300 mM potassium fluoride or ammonium fluoride (Figure 5B and Supplementary Figure S5). The stimulation of neRNAP activity by fluoride ions raised the question of whether other halogen ions (chloride, bromide, or iodide) would have a similar effect on neRNAP. This, however, was not the case, suggesting that the stimulating effect on the catalytic activity of neRNAP is indeed highly specific for fluoride.
[image: Figure 5]FIGURE 5 | Effect of different assay buffer compositions on the catalytic activities of neRNAP and mjRNAP (A) The transcriptional activity under “standard conditions” is defined as 100%. The activities of neRNAP in this set of buffers is shown in black, and the performance of mjRNAP under the same conditions is shown in red (B) Fluoride-specific effect among halogen salts. The catalytic activity of neRNAP at various salt concentrations ((50–400 mM) is shown, including ammonium fluoride, ammonium chloride, ammonium bromide, ammonium iodide and potassium acetate. Fluoride has the most distinct effect.
DISCUSSION
Nanoarchaea are, in many ways, puzzling organisms. Their unique parasitic lifestyle has substantial effects on their cell- and genome size, which are both greatly minimized (Huber et al., 2002; Huber et al., 2003; Waters et al., 2003). Therefore, the cells depend on their host, I. hospitalis for many metabolites and precursors (Rawle et al., 2017). Analysis of the N. equitans genome has, however, revealed the presence of orthologs of all RNAP subunits and other components of the basal transcriptional machinery (TBP, TFB, and TFS; (Huber et al., 2002; Waters et al., 2003). It therefore looks as if N. equitans is capable of transcribing its own genome without help from its host cell in terms of imported basal transcription factors. Nevertheless, a number of key domains and motifs that constitute the active site of RNAP contains a distinct set of highly unusual and radical substitutions that appear to be deleterious to its catalytic activity.
Here we show, by in vitro assembly of nanoarchaeal RNAP from recombinant subunits expressed in and purified individually from E. coli, that the resulting enzyme displays catalytic activity. The temperature, pH optimum and specific activity are within the expected range of a hyperthermophilic organism and comparable to a similar enzyme assembled from M. jannaschii (Werner and Weinzierl 2002). We therefore conclude that the changes in sequence, unusual as they may be, do not preclude catalytic activity. In a search for optimal assay conditions involving a sparse matrix approach, we discovered, however, an unexpected property: neRNAP responded favourably to the presence of a high concentration of fluoride ions in the reaction buffer (optimal fluoride concentration for neRNAP ∼200–300 mM). Reports in the research literature from the 1970s describe a similar stimulatory effect of fluoride on adenylate cyclase (Drummond et al., 1971; Stalmans and Hers, 1975). These biochemical analyses showed that the reaction velocity (Vmax) of adenylate cyclase increased in the presence of fluoride but had no effect on the affinity (Km) for substrate molecules. It later became apparent that it was a regulatory subunit that was the target of the fluoride stimulation, and not adenylate cyclase itself (Hebdon et al., 1978; Sahyoun et al., 1981). The identity of the regulatory protein turned out to be a subunit of a membrane bound, heterotrimeric G-protein complex. This G-protein is a gtpase and upon binding of GTP activates adenylate cyclase activity. The stimulatory effect of fluoride is believed to be the result of the ability of fluoride to form multi-fluorinated complexes with metal ions, such as Mg2+ (Antonny et al., 1993). Such “MgFx” complexes are capable of mimicking the γ-phosphate of a GTP molecule (Higashijima et al., 1991) and are thus able to occupy the phosphate binding pocket of the nucleotide-binding site of the G-protein. Several other G-protein dependent regulatory enzymes (such as Erk, Rho, Ras) have been shown to respond to fluoride in such a way (Bogatcheva et al., 2006). Fluoride has also been shown to bind to pyrophosphate (Baykov et al., 2000). We therefore hypothesize that the stimulation of transcription by high levels of fluoride ions may have a comparable cause in nanoarchaal RNAP. The presence of mono- or multi-fluorinated NTP complexes (see Figure 6 for a GDP-based example) may assist with binding of NTPs to a structurally more flexible active site in neRNAP and/or help to stabilize some transition complexes in the nucleotide addition cycle. It is possible that especially the binding of Mg2+ ions to the divergent Metal B motif could be influenced in such a manner. According to such a model, the observed lack of effect of fluoride on the catalytic activity mjRNAP would reflect the fact that “conventional” RNAPs do not require this kind of assistance for their catalytic sites to operate.
[image: Figure 6]FIGURE 6 | Structure of GDP complexed with magnesium and fluoride ions. The magnesium and fluoride ions are shown in pink and turqouize, respectively in van der Waals representation. The remainder of the GDP molecule is shown as a liquorice model. The a and ß positions of the phosphorus atoms are highlighted. Based on coordinates from PDB# 1OW3.
Future studies will focus on the potential interplay between fluoride, Mg2+ and NTPs, as well as defining in more detail which of the diverged motifs is most susceptible to this effect. By replacing some of the substitutions - either individually or in groups - with residues that are normally found in their position in other RNAPs, we will be able to study which of them are most likely to be responsible for this unusual behavior of neRNAP in presence of fluoride.
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Transcription by RNA polymerase II (Pol II) is regulated by different processes, including alterations in chromatin structure, interactions between distal regulatory elements and promoters, formation of transcription domains enriched for Pol II and co-regulators, and mechanisms involved in the initiation, elongation, and termination steps of transcription. Transcription factor TFII-I, originally identified as an initiator (INR)-binding protein, contains multiple protein–protein interaction domains and plays diverse roles in the regulation of transcription. Genome-wide analysis revealed that TFII-I associates with expressed as well as repressed genes. Consistently, TFII-I interacts with co-regulators that either positively or negatively regulate the transcription. Furthermore, TFII-I has been shown to regulate transcription pausing by interacting with proteins that promote or inhibit the elongation step of transcription. Changes in TFII-I expression in humans are associated with neurological and immunological diseases as well as cancer. Furthermore, TFII-I is essential for the development of mice and represents a barrier for the induction of pluripotency. Here, we review the known functions of TFII-I related to the regulation of Pol II transcription at the stages of initiation and elongation.
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DISCOVERY OF TFII-I AS AN INITIATOR-BINDING PROTEIN

The discovery of the three eukaryotic RNA polymerases and the development of powerful in vitro techniques for the analysis of the transcription process initiated a large body of work that led to the identification of basal promoter elements and trans-acting proteins involved in initiating the transcription of protein-coding genes by RNA polymerase II (Pol II; Roeder and Rutter, 1969; Weil et al., 1979; Roeder, 2019; Schier and Taatjes, 2020). Earlier, most of the studies were performed using viral genes containing strong promoter elements that recruit the transcription machinery with high efficiency. A critical component in the initiation step of the transcription process by Pol II is the TFIID (transcription factor II D) complex, which is composed of the TATA-binding protein (TBP) and TBP-associated factors (TAFs; Patel et al., 2020). TATA-box-containing promoters are usually found at developmentally regulated genes and characterized by the presence of a focused transcription start site (TSS), while TATA-less promoters are often found at housekeeping genes and exhibit transcription initiation over broad regions (Bhuiyan and Timmers, 2019). At TATA-box-containing promoter regions, TBP is sufficient for the reconstitution of basal transcription in vitro. Among the pioneering work on Pol II transcription was the discovery of the initiator element by Smale and Baltimore (1989). The initiator is a pyrimidine-rich DNA sequence that overlaps with the sequence of the TSS and was shown to be able to direct accurate transcription in the absence of a TATA box. Transcription factor TFII-I was one of the early proteins identified to interact with the initiator and to recruit transcription complexes to TATA-less promoters (Roy et al., 1993b). Subsequent studies have shown that components of the TFIID complex, including TAF1 and TAF2, interact with the initiator as well as with downstream promoter elements (DPEs), which were discovered by the Kadonaga laboratory (Burke and Kadonaga, 1996; Patel et al., 2018; Vo Ngoc et al., 2020). However, efficient transcription of TATA-less promoters cannot be reconstituted with TFIID and the other basal transcription factors alone, suggesting that additional components are essential for the initial recruitment of TFIID or stabilization of TFIID at TATA-less promoters. Furthermore, TFII-I may act to regulate the transcription of a specific set of genes via the initiator and/or in response to specific environmental signals in vivo (Roy, 2012).



STRUCTURE AND FUNCTION OF TFII-I

TFII-I is an unusual transcription factor consisting of a basic region (BR) DNA-binding domain, a nuclear localization sequence (NLS), and multiple protein–protein interaction domains, including a leucine zipper (LZ) and six helix-loop-helix (HLH)-like domains, also referred to as I-repeats (R1–R6, Figure 1A; Doi-Katayama et al., 2007; Roy, 2012). TFII-I has been shown to interact not only with initiator sequences and E-boxes (HLH-binding motif, CANNTG) but also with other sequences, including the serum response element (SRE) in vitro (Grueneberg et al., 1997; Roy, 2012). Some of these interactions are likely mediated by other transcription factors that are associated with TFII-I. For example, TFII-I interacts with the HLH- and E-box-binding proteins USF (upstream stimulatory factor) and Myc (myelocytomatosis; Roy et al., 1991, 1993a). While cooperative interactions between TFII-I and USF activate the transcription process, the interactions between TFII-I and Myc repress transcription at the adenovirus 2 major late promoter (Ad2MLP) region. These studies on the aforementioned interactions have already provided evidence that TFII-I can function as a transcription activator or repressor depending on the interacting partner protein(s).
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FIGURE 1. Structure of TFII-I and sequential action of TFII-I leading to the recruitment of a productive Pol II transcription complex. (A) Structure of TFII-I (LZ, leucine zipper; R1–R6, I-repeats; NLS, nuclear localization sequence; BR, basic region). (B) TFII-I interacts with the chromatin remodeler Brg1 and establishes an accessible chromatin configuration at a specific promoter. Interactions with negative co-regulators (HDAC and LSD1) keep the promoter in an accessible but inactive configuration. Dissociation of the negative co-regulators and association with positive transcription elongation factors (TAF15, topoisomerase and Elongin A) converts Pol II into a productive elongation complex.


Since these initial studies, subsequent work has demonstrated that TFII-I is a multifunctional protein that exerts activities in both cytoplasm and nucleus (Roy, 2012). In the cytoplasm, TFII-I inhibits agonist-induced calcium entry by the transient receptor potential cation channel subfamily C member 3 (TRPC-3; Caraveo et al., 2006). In the nucleus, TFII-I functions as an activator or repressor of gene expression and also plays a role in translesion DNA repair (Roy, 2012; Fattah et al., 2014). Furthermore, TFII-I shuttles between the cytoplasm and the nucleus in response to specific signals, which is regulated by tyrosine phosphorylation, and several studies have shown that TFII-I facilitates the nuclear import of transcription factors, including members of the nuclear factor NF-κb family (Ashworth and Roy, 2007; Roy, 2012).

Alternative splicing generates four isoforms of TFII-I (α, β, Δ, and γ), which are expressed in a ubiquitous or cell type-specific manner (Roy, 2012). The Δ-isoform is ubiquitously expressed and shuttles between the cytoplasm and the nucleus. The α- and β-isoforms contain additional but exclusive short exons upstream of the NLS. The γ-isoform contains both alternative exons found in the α- and β-isoforms, and is predominantly expressed in neuronal tissues. In addition to these isoforms, there are also TFII-I-related genes expressed in humans and mice (Roy, 2012). One of these genes, GTF2IRD1, is located in close proximity to the GTF2I gene and encodes BEN (binding factor of early enhancer) (Bayarsaihan and Ruddle, 2000). Williams–Beuren syndrome (WBS) is characterized by haploinsufficiency of a relatively large genomic region on human chromosome 7 encompassing GTF2I and GTF2IRD1 genes (Pober, 2010). Individuals afflicted by this large genomic deletion exhibit craniofacial, cardiovascular, and neurologic defects. Some aspects of this compound genetic disease are recapitulated in mice lacking TFII-I or BEN (Tassabehji et al., 2005; Enkhmandakh et al., 2009).



TFII-I FUNCTION IN PROLIFERATING CELLS AND CANCER

TFII-I has been implicated in a variety of diseases, including neurological abnormalities. This has recently been reviewed by Roy (2017) and will not be repeated here. The role of TFII-I in the proliferation of cells and cancer will be briefly reviewed here as it relates to the multiple functions associated with this complex transcription factor. TFII-I regulates the proliferation of cells in response to serum and mitogenic signals (Roy, 2012). Phosphorylation of TFII-I by tyrosine kinases like Src (Sarcoma) and Bruton’s tyrosine kinase (BTK) leads to nuclear translocation and activation of serum response genes, including the c-fos gene (Cheriyath et al., 2002). It has also been shown that TFII-I is sequestered in the cytoplasm by the p190 Rho GTPase-activating protein through the FF domain, which is characterized by the presence of two conserved phenylalanine (FF) residues (Jiang et al., 2005). Phosphorylation of the FF domain by Src in response to serum releases TFII-I and leads to the translocation of TFII-I to the nucleus and activation of serum response genes. One of the target genes of TFII-I in the nucleus is glucose-regulated protein 78 (GRP78), a protein chaperone involved in endoplasmic reticulum (ER) stress (Hong et al., 2005). GRP78 plays an essential role in the prosurvival machinery, and high-level expression of GRP78 is associated with drug resistance, carcinogenesis, and metastasis (Ibrahim et al., 2019). TFII-I also regulates genes involved in DNA repair and is directly involved in DNA translesion repair (Roy, 2012; Fattah et al., 2014), thus leading to genome stability, which may be an important function during the proliferation of cells.

Mutations in TFII-I are associated with a number of different tumors, including T-cell lymphoma and thymus epithelial tumors (TETs; Radovich et al., 2018; Nathany et al., 2021). Point mutations in the TFII-I-coding region were found in about 6% of patients with angioimmunoblastic T-cell lymphomas (Vallois et al., 2016). A missense mutation (Leu404His) in TFII-I was found in a large number of type A and type AB thymomas (Petrini et al., 2014). This mutation was found to increase the expression of TFII-I, which may be due to the disruption of a potential destruction box (Oberndorfer and Müllauer, 2020). Previous studies have shown that TFII-I is subjected to ubiquitylation and proteasomal degradation in response to genotoxic stress (Desgranges et al., 2005). Increased expression of TFII-I in thymomas is consistent with its role in activating genes involved in proliferation (Roy, 2017). However, TFII-I was not found to be overexpressed in the most aggressive forms of thymomas (Petrini et al., 2014; Oberndorfer and Müllauer, 2020). This is interesting in light of the fact that previous studies have shown that TFII-I represents a roadblock in the generation of induced pluripotent stem cells (IPSCs; Yang et al., 2014). This suggests that although TFII-I contributes to the proliferation of cells by modulating the expression of cell cycle genes, it prevents dedifferentiation of cells. This could be due to the fact that TFII-I also regulates genes that constitute cell identity.



TFII-I AND ESTABLISHMENT OF CHROMATIN DOMAINS

Transcription factors impact gene expression in many different ways. They can bind to and act in close proximity to the genes they regulate, or they act at a distance by binding to enhancer or insulator sequences. Recent advances in our understanding of the organization of genes within the nucleus demonstrate that the genome is organized in defined topologically associating domains (TADs) that are often multiple Mb-long and are characterized by frequent chromosomal interactions within TADs and limited contacts between TADs (Sun et al., 2019). TADs are separated from each other by boundary elements that interact with CCCTC-binding protein (CTCF) and cohesin and/or condensin complexes. Within TADs, genes are organized in insulated neighborhoods in which one or several, sometimes co-regulated, genes and corresponding enhancer elements are localized. At least a subset of insulated neighborhoods is established by dimerization of CTCF proteins that interact with insulator sequences flanking the neighborhoods (Luo et al., 2020).

The genome-wide analysis of TFII-I-chromatin interactions revealed that TFII-I associates with active and with repressed genes (Makeyev et al., 2012; Fan et al., 2014). While it is evident that TFII-I regulates genes directly via interactions with specific DNA elements, only 8% of genomic binding sites for TFII-I in IPSCs correspond to nearby genes that change expression in response to TFII-I depletion (Makeyev et al., 2012). Furthermore, a vast majority of genes that changed expression upon TFII-I depletion did not contain binding sites for TFII-I, suggesting they are regulated indirectly. TFII-I interacts with CTCF and often associates with genomic sites occupied by CTCF (Peña-Hernández et al., 2015). Furthermore, TFII-I peaks also overlap with peaks for Rad21, a component of the cohesin complex, and pull-down experiments identified subunits of cohesin and condensin [structural maintenance of chromosomes (SMC) 2, 3, and 6] as interaction partners of TFII-I in human erythroleukemia K562 cells (Fan et al., 2014; Kim et al., 2015). These data point to the possibility that TFII-I exerts part of its function by assisting CTCF and cohesins in the establishment of TADs and/or insulated neighborhoods.



TFII-I REPRESSES AND ACTIVATES TRANSCRIPTION BY POL II

Pull-down experiments identified chromatin remodeling complexes, particularly Brg1, histone deacetylases (HDACs), lysine-specific demethylase 1 (LSD1), topoisomerases, and transcription elongation factors as TFII-I-interacting proteins, suggesting diverse functions of TFII-I during the regulation of transcription (Fan et al., 2014; Adamo et al., 2015). LSD1 removes methyl groups from H3K4, and H3K4 methylation is associated with transcriptionally active or permissive chromatin (Meier and Brehm, 2014). Thus, TFII-I likely inhibits transcription through interactions with HDACs and LSD1. Genome-wide TFII-I peaks are often associated with binding sites for related (e.g., USF) or unrelated transcription factors (e.g., E2F and CTCF) (Makeyev et al., 2012; Fan et al., 2014; Peña-Hernández et al., 2015). Consistent with these findings, TFII-I interacts with E-box-binding proteins (e.g., USF and cMyc) as well as with E2F transcription factors and CTCF (Roy et al., 1991, 1993a; Fan et al., 2014; Peña-Hernández et al., 2015; Shen et al., 2018). Thus, a large fraction of TFII-I-binding events in the context of chromatin may be mediated by other DNA-binding transcription factors rather than direct interactions of TFII-I with DNA.

As mentioned before, TFII-I interacts with negative and positive co-regulators. At some gene loci, perhaps at those involved in stress response or in cell cycle control, TFII-I may play negative and positive roles at different stages of induction (Figure 1B). It is conceivable that TFII-I recruits the Brg1 chromatin remodeling complex to these genomic loci and establishes short regions of accessibility. These regions may further associate with other repressor or co-repressor proteins, e.g., repressor E2Fs, HDACs, and LSD1. Binding of these components will keep regulatory regions in an accessible but inactive configuration. Upon specific signals, e.g., growth factors, stress, or cell cycle progression, the inhibitory proteins leave the promoter from the DNA and TFII-I recruits positive factors that mediate the recruitment of Pol II or stimulate the elongation step of transcription. The poised state may also involve a paused RNA polymerase, which is outlined in the next section.



TFII-I REGULATES THE TRANSITION FROM TRANSCRIPTION PAUSING TO ELONGATION

At a subset of genes, Pol II pauses near the TSS and several activities have been identified to mediate the transition from pausing to productive elongation (Gonzales et al., 2021). At mRNA genes, Pol II pauses to allow capping of the 5′end of the RNA. This pausing is mediated by negative elongation factor (NELF) and 5,6-dichloro-1-β-d-ribofuranosylbenzimidazole (DRB) sensitivity-inducing factor (DSIF; Yamaguchi et al., 2013; Schier and Taatjes, 2020). DRB is a nucleoside homolog that inhibits the elongation step of transcription. DSIF interacts with the initially transcribed RNA and recruits NELF. Pol II consists of a relatively unstructured C-terminal domain (CTD) that contains a repeated heptapeptide sequence (Harlen and Churchman, 2017). Within the repeated heptapeptide sequence, there are several serine (S) residues that are subject to phosphorylation during transcription (Harlen and Churchman, 2017; Schier and Taatjes, 2020). Upon the initiation of transcription, the basal transcription factor TFII-H phosphorylates S5 (Schier and Taatjes, 2020). This phosphorylation event disrupts interactions with basal transcription factors and the mediator–co-activator complex and promotes interactions with DSIF, NELF, and the capping complex. Interactions of NELF with Pol II prevent the association with positive elongation factor TFIIS and with the RNA polymerase-associated factor (PAF) complex (Vos et al., 2018). The binding of NELF also leads to an inactive conformation of Pol II that prevents translocations and base pairing of nucleotides in the active site. After capping, positive transcription elongation factor b (pTEFb) phosphorylates DSIF, NELF, and the CTD residue S2 (Yamaguchi et al., 2013; Schier and Taatjes, 2020). S2P assists in recruiting the PAF complex as well as RNA-processing factors. Phosphorylation of DSIF converts it from a negative to a positive elongation factor. Phosphorylation of NELF causes its dissociation from the transcription complex allowing interactions of Pol II with PAF and TFIIS, and transitioning from the paused to the elongation-competent form (Yamaguchi et al., 2013; Vos et al., 2018; Schier and Taatjes, 2020).

The Elongin complex has been shown to regulate Pol II transcription elongation activity (Conaway and Conaway, 1999). Studies by the Conaway laboratory demonstrated that Elongin A associates with genes at regions occupied by S5P-modified Pol II (Kawauchi et al., 2013). Furthermore, in vitro studies demonstrated that Elongin A stimulates the elongation step of transcription (Conaway and Conaway, 1999). Recent genome-wide analysis of Elongin A-deficient cells did not reveal strong defects in overall Pol II transcription elongation rates but showed increased accumulation of Pol II at TSSs, suggesting that Elongin A regulates the transition from pause to transcription elongation (Ardehali et al., 2020; Wang et al., 2020). Interestingly, the genome-wide occupancy data suggest that Elongin A is preferentially recruited to sites upstream of the TSS and to enhancer elements. This could indicate that Elongin A is recruited by sequence-specific transcription activators that bind promoters and/or enhancers. Furthermore, RNA-seq data show that Elongin A deficiency only affects the expression of a small set of genes (Ardehali et al., 2020; Wang et al., 2020).

TFII-I has been shown to interact with NELF as well as Elongin A (Fan et al., 2014; McCleary-Wheeler et al., 2020). It appears that these interactions play a role in the inducible expression of specific genes. For example, both Elongin A and TFII-I are important for maximal stress-dependent induction of the activating transcription factor 3 (ATF3) gene (Fan et al., 2014). ATF3 is induced in response to a variety of cellular stress signals, including ER stress (Ku and Cheng, 2020). TFII-I has previously been implicated in gene regulation following ER stress (Parker et al., 2001). Elongin A was shown to interact with the transcribed region of ATF3, and this interaction is increased upon the induction of ER stress (Fan et al., 2014). Pol II peaks are associated with a putative enhancer element located far upstream of the gene and with the promoter. TFII-I interacts immediately downstream of the Pol II peak at the enhancer element. Upon stress, increased transcription is not only observed at the promoter but also downstream of the enhancer (Fan et al., 2014). Importantly, increased transcription is associated with enhanced recruitment of Elongin A to the ATF3 promoter region. TFII-I also interacts with topoisomerases that remove torsional stress of the DNA during the elongation step of transcription. These data suggest that TFII-plays a positive role in recruiting and/or modulating the activity of positive transcription elongation factors.

As mentioned before, TFII-I was shown to interact with the insulator protein CTCF and to regulate genes in response to metabolic stress (Peña-Hernández et al., 2015). This is interesting in light of previous studies showing that CTCF, in addition to serving as an insulator-binding protein (IBP), regulates transcriptional pausing (Shukla et al., 2011; Herrera Paredes et al., 2013). Binding of CTCF to the proximal promoter has been shown to increase the pausing index. However, CTCF has also been implicated in the positive regulation of the elongation step of transcription by mediating the recruitment of pTEFb (Laitem et al., 2015). Ablating TFII-I expression led to a reduction of CTCF binding at specific promoters concomitant with the reduced expression of these genes (Marques et al., 2014; Peña-Hernández et al., 2015). Moreover, TFII-I deficiency was not only associated with reduced CTCF binding but also with an impaired recruitment of CDK8 and a reduction of Pol II S5P at CTCF target genes (Marques et al., 2014; Peña-Hernández et al., 2015). Thus, at certain genes, TFII-I cooperates with CTCF in mediating transcription likely by modulating early Pol II transcription initiation events. In Drosophila, other IBPs have also been shown to modulate Pol II pausing at distantly located genes. This is mediated by their common cofactor CP190 (Liang et al., 2014).

The above-discussed studies implicate TFII-I in the positive regulation of the elongation step of transcription. A recent study implicates TFII-I in the negative regulation of genes induced by TGF-β (McCleary-Wheeler et al., 2020). At a subset of TGF-β-induced genes, Pol II is paused downstream of the TSS (Figure 2). The paused Pol II is associated with NELF and DSIF. TFII-I was shown to bind at the TSS of these genes and to interact with NELF and DSIF. The authors propose that small mothers against decapentaplegic 3 (SMAD3), induced by transforming growth factor β (TGF-β), displaces TFII-I from the TSS, thus dissociating NELF and converting Pol II into an elongation-competent form. It is an intriguing idea that TFII-I may interact with TSSs after Pol II initiates transcription to regulate the pausing step. This is consistent with the fact that TFIID is the major protein complex recruiting Pol II to basal promoter elements, and reinforces the idea that TFII-I may regulate transcription at a step post Pol II recruitment.
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FIGURE 2. Regulation of Pol II recruitment and transcriptional pausing by TFFI-I. At a subset of TGF-β-inducible genes, TFII-I interacts with NELF and DSIF at a post-initiation step and prevents the release of Pol II from the paused state (McCleary-Wheeler et al., 2020). TGF-β signaling increases the nuclear localization of SMAD3, which displaces TFII-I and converts Pol II into a productive elongation complex.


Recently, it was shown that NELF forms nuclear condensates in response to stress (Rawat et al., 2021). Formation of nuclear condensates is dependent on the presence of an intrinsically disordered region (IDR) and is driven by dephosphorylation and sumoylation of NELF. This process increases the recruitment of NELF to promoters and causes transcription repression. TFII-I has previously been shown to interact with TAF15, one of the FET (Fus/EWS/TAF15) proteins (Fan et al., 2014). FET proteins contain IDRs that drive phase separation (Wang et al., 2018). Loci-specific phase separation mediated by Fet proteins recruits RNA Pol II to promoters and activates transcription (Wei et al., 2020; Zuo et al., 2021). Thus, TFII-I may regulate transcription negatively through NELF-driven phase separation, or positively through TAF15-driven phase separation.



CONCLUSION AND OUTLOOK

Because of its unique structure, its multiple functions in thenucleus and cytoplasm, and its implication in cancer as well as neurological and immunological disorders, there is interest and a significant requirement to elucidate the mechanisms by which TFII-I affects gene expression patterns and other cellular functions during development and differentiation. It is clear that TFII-I is a DNA-binding protein that interacts with co-regulators to positively or negatively affect the transcription of specific target genes, but many aspects of TFII-I function remain enigmatic. It seems that a fraction of TFII-I chromatin associations is mediated by interactions with other DNA-binding proteins, including associations with E-box sequences together with HLH proteins, associations with E2F sites together with E2F transcription factors, and associations with insulator sequences together with CTCF and perhaps components of cohesin. In addition, TFII-I interacts with a variety of proteins that regulate different steps in the process of transcription, including histone-modifying enzymes, topoisomerases, and transcription elongation factors. Due to its relatively large size and the presence of multiple protein–protein interaction domains, it is possible that TFII-I functions as a hub to regulate the coordinated recruitment of activities involved in gene regulation. Its putative involvement in the creation of chromatin domains and insulated chromatin neighborhoods will be an exciting focus of future research. Furthermore, the recent findings implicating TFII-I in regulating the elongation step of transcription suggest that it will be important to determine its function in response to stress or other signals. As mentioned before, TFII-I has been shown to interact with TAF15, which is capable of forming phase-separated domains (Fan et al., 2014; Wang et al., 2018). Recent evidence suggests that the transcription of highly expressed genes is regulated by phase-separated super-enhancers (Ishov et al., 2020). The elongation step of transcription occurs away from these domains and toward RNA processing domains. It will be interesting to investigate if TFII-I is involved in the formation of phase-separated transcription initiation domains and/or in associations of specific genes with RNA processing compartments.
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RNA polymerase I (RNAPI) and RNAPIII are multi-heterogenic protein complexes that specialize in the transcription of highly abundant non-coding RNAs, such as ribosomal RNA (rRNA) and transfer RNA (tRNA). In terms of subunit number and structure, RNAPI and RNAPIII are more complex than RNAPII that synthesizes thousands of different mRNAs. Specific subunits of the yeast RNAPI and RNAPIII form associated subcomplexes that are related to parts of the RNAPII initiation factors. Prior to their delivery to the nucleus where they function, RNAP complexes are assembled at least partially in the cytoplasm. Yeast RNAPI and RNAPIII share heterodimer Rpc40-Rpc19, a functional equivalent to the αα homodimer which initiates assembly of prokaryotic RNAP. In the process of yeast RNAPI and RNAPIII biogenesis, Rpc40 and Rpc19 form the assembly platform together with two small, bona fide eukaryotic subunits, Rpb10 and Rpb12. We propose that this assembly platform is co-translationally seeded while the Rpb10 subunit is synthesized by cytoplasmic ribosome machinery. The translation of Rpb10 is stimulated by Rbs1 protein, which binds to the 3′-untranslated region of RPB10 mRNA and hypothetically brings together Rpc19 and Rpc40 subunits to form the αα-like heterodimer. We suggest that such a co-translational mechanism is involved in the assembly of RNAPI and RNAPIII complexes.
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INTRODUCTION

Gene expression is one of the most fundamental processes in all domains of life. DNA is transcribed to RNA by complex machinery, the core component of which is RNA polymerase (RNAP). Both bacteria and archaea have single RNAPs, multiprotein complexes that originated from two-barrel RNA polymerase enzymes and present a high degree of similarity, including other core subunits and various auxiliary factors (Figure 1; Werner and Grohmann, 2011; Fouqueau et al., 2017). Eukaryotes have at least three RNAPs that transcribe nuclear genes. RNAPII, which transcribes messenger RNAs (mRNAs), is most similar to archaeal RNAP (Werner and Weinzierl, 2002). RNAPI and RNAPIII specialize in transcribing highly abundant non-coding RNAs, including ribosomal RNA (rRNA) and transfer RNA (tRNA).
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FIGURE 1. Comparison of RNAPI and RNAPIII structures and transcription factors. (A) General architecture of RNAPII, consisting of the catalytic core and stalk. RNAPII core consists of a DNA binding channel, catalytic center, and assembly platform. RNAPII binds multiple transcription factors (TFs). Some TFs are homologous to additional subunits of specialized RNAPs (i.e., TFIIF). (B) Subunit composition of eukaryotic RNAPs. Human nomenclature is shown for comparision. Please note that C-terminal region of Rpa49 subunit harbors a “tandem winged helix” which is predicted in TFIIE and that human RNAPIII RPC7 subunit is coded by two isoforms α and β. The question mark indicates name unconfirmed. (C) Subunit composition of yeast RNAPI. (D) Model of the RNAPI pre-initiation complex, showing an early intermediate with visible Rrn3 and core factor (CF). TATA-binding protein (TBP) and upstream-associated factor (UAF) are added schematically. (E) Subunit composition of yeast RNAPIII. (F) Atomic model of RNAPIII pre-initiation complex with TFIIIB. The Rpc82/34/31 heterotrimer is involved in initiation and marked in green as in E. TFIIIC is added schematically. PDB: 5C4X, 5FJ8, 4C3J, 6EU0, and 6TPS (Fernández-Tornero et al., 2013; Barnes et al., 2015; Hoffmann et al., 2015; Abascal-Palacios et al., 2018; Pilsl and Engel, 2020).


The mechanisms that allowed for the evolution of RNAPI and RNAPIII remain unknown. Recent findings suggest that eukaryotic cells evolved from Asgard archaea, which are able to form a stable interface with bacteria (Zaremba-Niedzwiedzka et al., 2017; Imachi et al., 2020). This evolutionary step may be associated with the establishment of the compact nucleoprotein organization which formed pre-nucleus and thus reflect a physical limitation that is available for transcription.



OVERVIEW OF TRANSCRIPTION SYSTEMS

Yeast RNAPII transcribes various different transcripts, mainly mRNAs, the abundance of which spans slightly more than two orders of magnitude (Lahtvee et al., 2017). Transcripts undergo various co-transcriptional modifications, including 5′ capping, splicing, cleavage, and polyadenylation. RNAPI transcribes only one 7-kb-long pre-rRNA, a polycistronic transcript from ∼150 rDNA repeats in yeast. RNAPI undergoes general regulation, and its transcriptional output is regulated by the availability of rDNA repeats (Wittner et al., 2011; Turowski, 2013). RNAPIII transcribes short, abundant non-coding RNA, including tRNA and 5S rRNA (Leśniewska and Boguta, 2017).

Transcription initiation by RNAPII depends on multiple transcription factors (TFs), including TATA-binding protein (TBP), TFIIA, TFIIB, TFIID, TFIIE, TFIIF, and TFIIH (Schier and Taatjes, 2020). RNAPI and RNAPIII initiate transcription in vivo by utilizing dedicated TFs. RNAPI utilizes Rrn3, TBP, core factor (CF), and upstream-associated factor (UAF) (Figures 1C,D; Albert et al., 2012). The RNAPIII preinitiation complex includes binding of internal promoters by multisubunit TFIIIC followed by recruitment of TFIIIB (consisted of TBP, Brf1/Brf2, and Bdp1) to the transcription start site (Figures 1E,F). TBP is involved in transcription initiation by all three RNAPs, and is recruited to TATA-containing as well to TATA-less promoters, while Brf1 is functionally related to the TFIIB (Turowski and Tollervey, 2016; Ciesla et al., 2018; Ramsay and Vannini, 2018). TFs play a key role in transcription initiation which requires opening of the DNA double helix and directing initial RNA synthesis. When formed, the DNA-RNA-RNAP ternary complex has extraordinary stability (Cai and Luse, 1987; Churchman and Weissman, 2011). Biochemical data clearly indicate that all RNAPs have high affinity for an RNA-DNA hybrid (Greive and von Hippel, 2005), confirming that opening of the DNA double helix is a key step in transcription initiation for all eukaryotic RNAPs whereas additional RNAP-specific factors account for differences in promoter recognition and gene-class specific regulation.

Research during the last decade revealed new mechanisms that are important for the regulation of eukaryotic transcription. RNAPII was shown to transcribe nearly the entire genome at a low level, a process referred to as pervasive transcription (Churchman and Weissman, 2011; Milligan et al., 2016). Many RNAPII promoters are bidirectional, and antisense transcription is common. This is in marked contrast to RNAPI and RNAPIII transcription, which uses very specific promoters and remains unidirectional (Turowski et al., 2016, 2020; Clarke et al., 2018). Finally, transcription is regulated by the local concentration of TFs and three-dimensional chromatin organization (Hnisz et al., 2017). A high number of very weak, multivalent interactions within transcription preinitiation complexes may lead to liquid-liquid phase separation. This phenomenon was previously reported for yeast RNAPI and pre-rRNA transcription and processing (Lafontaine, 2019). Recently, phase separation was demonstrated to drive chromatin function in the human genome (Cook and Marenduzzo, 2018; Sabari et al., 2018; Frottin et al., 2019; Brackey et al., 2020).



RNA POLYMERASE STRUCTURE: SIMILARITIES AND DIFFERENCES

There is remarkable structural and functional conservation among RNAP enzymes in all eukaryotes, from yeast to man. RNAPI and RNAPIII are homologous to RNAPII, but their structures incorporated additional subunit homologs to RNAPII TFs (Figures 1A,B). The majority of subunits are encoded by independent, RNAP-specific genes. Two subunits, Rpc40 and Rpc19, are homologous to bacterial α and shared between RNAPI and RNAPIII (Wild and Cramer, 2012). Moreover, all three eukaryotic RNAPs share five relatively small subunits: Rpb5, Rpb6, Rpb8, Rpb10, and Rpb12. Four subunits common for RNAPI and RNAPIII, Rpc40, Rpc19, Rpb10, and Rpb12, form a subcomplex called the assembly platform corresponding to the assembly platform that was defined for archaeal RNAP (Werner et al., 2000; Werner and Weinzierl, 2002). All RNAPs contain the two largest subunits that are homologous to bacterial β and β′ and slightly vary in size. For RNAPI, these are Rpa190 and Rpa135. For RNAPIII, these are Rpc160 and Rpc128. Both RNAPI and RNAPIII lack the long unstructured C-terminal domain (CTD) that is present in Rpb1, the largest subunit of RNAPII. The CTD is responsible for binding and orchestrating many RNA processing factors, such as capping enzymes or the spliceosome, and its role is tightly coupled to phosphorylation status of the CTD (Hsin and Manley, 2012). Moreover, the CTD was shown to regulate RNAPII clustering via a phase separation mechanism (Boehning et al., 2018).

The RNAPII Rpb4/7 (stalk) subcomplex interacts with Rpb1 directly and via an Rpb6 interaction (Armache et al., 2005). Interestingly, Rpb6, a subunit that is common to all three RNAPs and homologous to a small ω subunit of bacterial RNAP, participates in anchoring stalk homologs in RNAPI and RNAPIII (i.e., the heterodimers Rpa14/43 and Rpc17/25, respectively (Minakhin et al., 2001; Jasiak et al., 2006; Engel et al., 2013; Fernández-Tornero et al., 2013).

In contrast to RNAPII, specialized RNAPs incorporated TFIIF-like heterodimers as stable Rpa49/34 subunits for RNAPI and Rpc37/53 subunits for RNAPIII. Additionally, the C-terminal region of Rpa49 forms a “tandem winged helix” domain that is predicted in TFIIE (Geiger et al., 2010). The Rpa49/34 heterodimer plays a role in transcription initiation and interactions with the TF Rrn3 (Beckouet et al., 2008; Albert et al., 2011). Furthermore, RNAPIII contains a heterotrimeric subcomplex, Rpc82/34/31, that is similar to TFIIE and crucial for transcription initiation (Fernández-Tornero et al., 2007).

Another interesting feature of specialized RNAPs is incorporation of the TFIIS zinc-finger domain into polymerase subunits (Ruan et al., 2011; Khatter et al., 2017). This domain is responsible for the endonucleolytic cleavage of the nascent RNA 3′ end. In RNAPI and RNAPIII this domain fuses with Rpa12 and Rpc11 subunits, respectively. Therefore, specialized RNAPs are predicted to more effectively release from polymerase backtracking. In summary, the permanent recruitment of TFs might contribute to the efficiency of RNAPI and RNAPIII that is fundamental for optimization of the cell growth rate.

Finally, RNAPI incorporated unique features that allow complex dimerization. The dimerization of RNAPI has been shown for S. cerevisiae and S. pombe, suggesting that this is a conserved phenomenon. A homodimer of RNAPI is assembled in response to environmental stress, such as nutrient deprivation. This mechanism is reversible and can also be induced by perturbations in the ribosome biogenesis pathway, suggesting that homodimer assembly may be a storage mechanism of RNAPI (Torreira et al., 2017; Heiss et al., 2021).

The specialization of RNAP machinery appears to be a driver upon the archaea-to-eukaryote transition. Nevertheless, the incorporation of TFs may suggest an additional mechanism. We speculate that limited space within a crowded environment of the pre-nucleus transformed transient interactions into the stable incorporation of TFs into structures of RNAPI and RNAPIII. In fact, archaeal general TFB binds upstream protein coding genes but is depleted upstream the rRNA, indicating that differences between the occupancy of TFs between rRNA and mRNA transcription units are also present in archaea (Smollett et al., 2017). Additionally, ribosomal components loop together in archaeal chromatin, suggesting the spatial organization of ribosome biogenesis (Takemata and Bell, 2021). Therefore, we suggest that spatial organization of the eukaryotic genome promoted the evolution of RNAP-specific and co-evolution of specific TFs. Ultimately, the evolution of specialized transcription machinery allowed the optimal use of limited space in the nucleus organized by chromatin.



ASSEMBLY OF RNAPI AND RNAPIII

Detailed knowledge of the structures of yeast RNA polymerases contrasts with the incomplete information on the control of their assembly. A hypothetical model of RNAPI and RNAPIII assembly is based on the relatively well-recognized assembly pathway of bacterial RNAP (Ghosh et al., 2001; Kannan et al., 2001; Patel et al., 2020). The initial complex is formed by two α-like subunits, Rpc40 and Rpc19 (Wild and Cramer, 2012). As supported by genetic data, formation of the Rpc19/40 heterodimer additionally involves a small common subunit, Rpb10, which has no equivalent in the prokaryotic enzyme. Mutations of the conserved motif of Rpb10 lead to a complete depletion of the largest RNAPI subunit (Rpa190) suggesting that the mutant enzyme is not properly assembled (Gadal et al., 1999).

Rbp10 overexpression suppresses conditional rpc40 and rpc19 mutations that prevent RNAPIII assembly (Lalo et al., 1993) as well as a conditional rpc128-1007 mutant that is located in the Rpc128 subunit near contact points for the association between Rpc128 and Rpc40 contact points (Cieśla et al., 2015). Rpb10 may function in the RNAP assembly platform by acting as structural adaptor between the α-like dimer Rpc40-Rpc19 and catalytic β-like subunit Rpc128. Such a role was suggested for the archaeal subunit N, which is homologous to yeast Rpb10 (Werner et al., 2000). Essential function in the formation of assembly platform of all RNAPs, by bridging between the Rpc40-Rpc19-Rpb10 subcomplex (or Rpb3-Rpb11-Rpb10 in RNAP II) and the β-like subunit, was postulated for Rpb12 (Cramer et al., 2000). A role of Rpb12 in RNAPIII assembly was also supported by earlier genetic data (Rubbi et al., 1999).

The existence of intermediate complexes in the process of yeast RNAP assembly was suggested by the mass spectrometry analysis of RNAPIII disassembly (Lorenzen et al., 2007; Lane et al., 2011). These analyses revealed two stable subcomplexes, Rpc128-Rpc40-Rpc19-Rpb12 and Rpc160-Rpb8-Rpb5. In addition to Rpb10, other small subunits also contribute to the association of these macromolecular assembles (Minakhin et al., 2001; Mirón-García et al., 2013). Although common to all RNAPs, the small subunits may have distinct functions in the assembly of each RNAP, thereby providing an interaction platform for other molecules (Voutsina et al., 1999).

According to an existing model (Wild and Cramer, 2012), eukaryotic RNAP enzymes are at least partially assembled in the cytoplasm and then imported to the nucleus as a complex with specific adaptor proteins. A set of RNAPIII subunits exhibit coordinated nuclear import, indicating that the RNAPIII core is assembled in the cytoplasm, with additional components that bind in the nucleus (Hardeland and Hurt, 2006). This suggests that the specific subcomplexes, particularly Rpc82-Rpc34-Rpc31, would only bind the core in the nucleus (Hardeland and Hurt, 2006). Interestingly, efficient RNAPIII assembly requires sumoylation of the Rpc82 subunit, which is RNAPIII-specific (Chymkowitch et al., 2017).

Several auxiliary factors, originally implicated in RNAPII assembly and nuclear import and subsequently shown to be common to RNAPI and RNAPIII were described in another article published in the same issue by Navarro and colleagues. Here we focus on the Rbs1 protein, a candidate RNAPIII assembly/import factor, which was identified in a genetic screen for suppressors of the RNAPIII assembly mutant rpc128-1007 (Cieśla et al., 2015). Genetic suppression correlated with an increase in the stability of RNAPIII subunits and an increase in their interaction. Additionally, Rbs1 physically interacts with a subset of RNAPIII subunits (i.e., Rpc19, Rpc40, and Rpb5) and the exportin Crm1. We postulated that Rbs1 binds to the RNAPIII complex or subcomplex and facilitates its translocation to the nucleus. Following dissociation from RNAPIII in the nucleus, Rbs1 is exported back to the cytoplasm in complex with Crm1 (Cieśla et al., 2015).

It is reasonable that the Rbs1 function in RNAP assembly is not limited to RNAPIII. Rbs1 interacts with Rpc19 and Rpc40 subunits common to RNAP I and RNAPIII and Rpb5, a component of all three RNAPs (Cieśla et al., 2015). Moreover, Rpb5 participates in the assembly of all three polymerases mediated by Bud27 (Mirón-García et al., 2013).

Genetic and functional suppression of the RNAPIII assembly defect by Rbs1 correlated with higher levels of RPB10 mRNA and Rpb10 protein. This regulatory mechanism, however, relies on the control of steady-state levels of RPB10 mRNA by Rbs1 protein, which interacts with the 3′-untranslated region (UTR) of this transcript (Cieśla et al., 2020).

By exploring specific features of the Rbs1 protein sequence, we identified two regions: a highly ordered N-terminal region that comprises two RNA-interacting domains (R3H and SUZ) and a mostly disordered C-terminal region with a prionogenic (aggregation-promoting) sequence. Investigations of possible roles of these regions in RBS1 led to the conclusion that the R3H domain was essential for suppressing both genetic and molecular phenotypes of the rpc128-1007 mutation and function of Rbs1 protein in RNAPIII assembly, whereas the role of the prionogenic domain remains unknown (Cieśla et al., 2020).

By applying ultraviolet crosslinking, we identified the transcriptome-wide binding of Rbs1, which predominately targets 3′-UTRs of mRNAs. The list of high-confidence Rbs1 targets included RPB10 mRNA and RPC19 mRNA, which encodes Rpc19, another subunit involved in formation of the assembly platform for RNAPIII (Cieśla et al., 2020).

Notably, homologs of Rbs1 have been identified in other eukaryotes, including the human proteins R3H domain protein 2 (R3HDM2) and cyclic adenosine monophosphate-regulated phosphoprotein 21 (ARPP21), which are also known to interact with mRNA (Castello et al., 2012; Rehfeld et al., 2018).



MODEL OF CO-TRANSLATIONAL FORMATION OF THE RPC40-RPC19-RPB12-RPB10 ASSEMBLY PLATFORM

Based on established interactions between Rbs1 and the subunits of RNAPIII (Cieśla et al., 2015, 2020), we propose a co-translational mechanism of formation of the early-stage assembly intermediate of the RNAPIII complex and potentially also RNAPI (Figure 2). According to our hypothesis, RNAPIII assembly might be seeded while the Rpb10 subunit of the enzyme core is being synthesized by cytoplasmic ribosome machinery. This assembly pathway would be proceeded by the co-translational association of other subunits, including Rpc19 and Rpc40 (Figure 2), to build an initial assembly subcomplex that is common to RNAPI and RNAPIII. Currently unknown, however, is how the Rpc40-Rpc19-Rpb10 complex discriminates among Rpc128 and Rpa135 proteins to proceed with formation of the RNAPIII and RNAPI assembly platform.
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FIGURE 2. Model of RNAPIII biogenesis in the yeast Saccharomyces cerevisiae. The control of Rpb10 expression and role of Rpb10 in assembly of the RNAP III complex are connected via a regulatory loop that involves Rbs1 protein. Possible ways in which subunits of the RNAPIII intermediate complex are brought together for co-translational assembly are shown. The initial step of RNAPIII assembly in Saccharomyces cerevisiae occurs in the cytoplasm. Formation of the intermediate Rpc128-Rpc40-Rpc19-Rpb12-Rpb10 subcomplex is seeded co-translationally while the Rpb10 subunit is being synthesized by cytoplasmic ribosomes. Rbs1 is an RNA binding protein that stimulates the translation of Rpb10 protein through an interaction of the R3H domain with the 3′-UTR in RPB10 mRNA. Rpb10 brings together the Rpc19 and Rpc40 subunits to form the α-like heterodimer. One possibility is that Rbs1 binds and recruits the mature Rpc40 subunit to the 3′-UTR of RPB10 mRNA, which undergoes translation. The Rpc40-Rbs1 interaction has been previously demonstrated by co-immunoprecipitation. Alternatively, Rbs1 protein directly bridges RPB10 mRNA and RPC19 mRNA. A fully folded subunit that formed on one mRNA was recently shown to detach from its ribosome and interact with a nascent protein on another mRNA (Cieśla et al., 2015, 2020).


Co-translational assembly has been reported for several multisubunit complexes (e.g., TFIID, TREX-2, SAGA, and fatty acid synthase; Kamenova et al., 2019; Schwarz and Beck, 2019; Shiber et al., 2018) but has not yet been considered for RNA polymerases. Our hypothesis is in line with the idea that that co-translational subunit association is likely to be a general principle in yeast and mammalian cells as an efficient assembly pathway in eukaryotes (Shiber et al., 2018).

For RNAPIII, we propose two plausible models that are not necessarily mutually exclusive and could be applicable to RNAPI (Figure 2). In the first model, the long 3′-UTR of RPB10 acts as a scaffold to recruit Rbs1 that is associated with another RNAPIII subunit (e.g., Rpc40) that interacts with Rbs1 through co-immunoprecipitation (Cieśla et al., 2015) to the site of Rpb10 translation. This facilitates the association of this subunit with the newly translated Rpb10 to form the RNAP assembly platform subcomplex. Such a scenario corresponds to a sequential assembly model, in which RNA-binding protein recruits a fully folded subunit to the 3′-UTR of mRNA that encodes the second subunit that undergoes translation. The 3′-UTR regions can act as scaffolds for RNA binding proteins that serve as adaptors to deliver preferred proteins to the site of translation (Berkovits and Mayr, 2015). The sequential assembly pathway has been proposed for the co-translational assembly of TAF8-TAF10 subunits of TFIID and TAF1-TBP assembly. TAF10 binds the nascent TAF8 subunit, and TAF10 protein co-localizes with TAF8 mRNA in cytoplasmic foci (Kamenova et al., 2019).

In the second model, RPB10 and RPC19 mRNAs are bridged together by Rbs1, which interacts with 3′-regulatory regions of both transcripts (Cieśla et al., 2020). Additionally, unstructured parts of Rbs1 may facilitate interaction among Rbs1 molecules allowing the Rpb10 and Rpc19 subunits to be translated in proximity to each other, thereby enabling their co-translational interaction (Figure 2). A simultaneous model has been proposed for the co-translational assembly of TAF6 and TAF9 subunits of the transcription factor TFIID (Kamenova et al., 2019). Physical linkage of the two mRNAs could also be accomplished by their co-localization in phase-separated compartments that allow translation at defined subcellular locations (Mayr, 2018).

Rbs1 exhibits all characteristics of the postulated protein that bridges mRNA. The two RNA-interacting domains, R3H and SUZ, have been identified in the sequence of Rbs1 protein, and this sequence also contains a prionogenic, disordered region. The specific mRNA motifs and potential effect of Rbs1 binding on the translation of these targets need to be determined. R3H likely cooperates with the SUZ domain in the recognition of specific mRNA targets and bridging them into proximity with each other. A disordered region of Rbs1 may be involved in multivalent interactions that bring Rbs1-associated mRNAs together. Such an Rbs1-mediated co-localization of mRNAs would allow them to be translated at defined subcellular locations.



STOICHIOMETRY OF SUBUNITS OF SPECIALIZED RNAPs

The assembly platform Rpc40-Rpc19-Rpb10-Rpb12 is shared between yeast RNAPI and III what arises question about the stoichiometry of RNAPs subunits during the assembly pathway. The absolute quantification of yeast proteins indicated that RNAPI and RNAPII are present in 5,000 copies per cell, whereas RNAPIII is present in 2,500 copies (Turowski et al., 2020). Consequently, common subunits are shared between RNAPI, RNAPII, and RNAPIII in a 2:2:1 ratio. RNAPI and RNAPIII share an assembly platform that contains the Rpc19 and Rpc40 subunits and two additional subunits (Rpb10 and Rpb12) among the five common subunits. Both specialized RNAPs utilize the assembly platform, sharing RNAPI:RNAPIII in a 2:1 ratio. The platform is attached via the second largest subunit Rpa135 to RNAPI and via Rpc128 to RNAPIII. Limited data suggest a difference in binding strength at this stage. A biochemical disassembly approach demonstrated that RNAPI disassembles the platform from the dimer of the two largest subunits, Rpa135 and Rpa190, whereas RNAPIII disassembles the interface between the two largest subunits before detachment of the assembly platform (Lane et al., 2011). This suggests that the Rpc128-platform interaction might be stronger than the interaction between the two largest subunits. This would be in contrast to RNAPI, in which the interaction with the two largest subunits would be stronger than the interaction with the platform. In the consequence, a common assembly platform could be preferentially incorporated by less abundant RNAPIII.



DISCUSSION

Despite recent progress, the RNAP assembly process remains poorly described. Knowledge about its basic mechanism is necessary to ask more detailed questions about disease and developmental biology. The structure of human RNAPI awaits to be determined. Recently published structures of human RNAPIII revealed a high level of conservation (Ramsay et al., 2020; Li et al., 2021; Wang et al., 2021). Moreover, mutations of specialized RNAPs lead to genetic disorders, such as Treacher-Collins syndrome and hypomyelinating leukodystrophy (Ramsay et al., 2020; Girbig et al., 2021), demonstrating the requirement for precise coordination among all three RNAPs and their assembly. Research on RNAPIII assembly in yeast focused on rpc128-1007 mutations that disturbed the interface between the Rpc128 and Rpc40 subunits. Interestingly, multiple disease-associated mutations of human RNAPIII subunits tend to cluster within the region of the RNAPIII assembly platform, suggesting that defects in RNAPIII biogenesis may have severe health consequences (Ramsay et al., 2020; Girbig et al., 2021). Further studies of RNAP assembly should reveal additional factors that are involved in this process and improve our understanding of this vital pathway.
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The mfd (mutation frequency decline) gene was identified by screening an auxotrophic Escherichia coli strain exposed to UV and held in a minimal medium before plating onto rich or minimal agar plates. It was found that, under these conditions, holding cells in minimal (nongrowth) conditions resulted in mutations that enabled cells to grow on minimal media. Using this observation as a starting point, a mutant was isolated that failed to mutate to auxotrophy under the prescribed conditions, and the gene responsible for this phenomenon (mutation frequency decline) was named mfd. Later work revealed that mfd encoded a translocase that recognizes a stalled RNA polymerase (RNAP) at damage sites and binds to the stalled RNAP, recruits the nucleotide excision repair damage recognition complex UvrA2UvrB to the site, and facilitates damage recognition and repair while dissociating the stalled RNAP from the DNA along with the truncated RNA. Recent single-molecule and genome-wide repair studies have revealed time-resolved features and structural aspects of this transcription-coupled repair (TCR) phenomenon. Interestingly, recent work has shown that in certain bacterial species, mfd also plays roles in recombination, bacterial virulence, and the development of drug resistance.
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MUTATION FREQUENCY DECLINE

The “mutation frequency decline” (MFD) phenomenon was discovered by Evelyn Witkin 65 years ago (Witkin, 1956). Notably, this was 4 years before the discovery of Escherichia coli RNA polymerase (RNAP; Hurwitz et al., 1960), and several years before it was even known that thymine dimers were the major UV lesions in E. coli DNA (Wacker et al., 1962) and that such dimers are repaired in E. coli either by a visible light–dependent photoreactivating enzyme (Rupert et al., 1958), later named photolyase (Sancar, 2008), or by another mechanism called nucleotide excision repair (NER; Setlow and Carrier, 1964). The MFD phenomenon describes the observation that the yield of UV-induced mutations in specific auxotrophic E. coli strains is dependent on the number of nutrients present during the first cell division after irradiation. In other words, when Witkin briefly held the UV-irradiated auxotrophic strain for a few minutes under a condition where protein synthesis was inhibited before plating them onto rich agar plates, a decrease in the frequency of mutations was observed. She found that protein synthesis-inhibiting posttreatments that caused MFD, such as incubation in low nutritional media or the addition of the protein synthesis inhibitor chloramphenicol, did not affect the overall survival or change the yields of other kinds of mutations. Witkin went on to isolate a mutant E. coli strain, mfd-, that failed to mutate to auxotrophy under the prescribed conditions (Witkin, 1966), and then, 25 years later, she sent this strain to the Sancar Lab where Christopher Selby determined that the strain lacks the transcription-repair coupling activity (Selby et al., 1991) that he had been characterizing (Selby and Sancar, 1990, 1991). Thus, Mfd was the long sought-after E. coli transcription-repair coupling factor (TRCF) (reviewed in Selby, 2017).



TRANSCRIPTION-COUPLED REPAIR

Nucleotide excision repair is a versatile DNA repair pathway that removes all types of DNA-helix-distorting lesions (Sancar et al., 2004). NER occurs via two pathways: the predominant pathway, global genome repair (GGR), functions throughout the whole genome and a sub-pathway, transcription-coupled repair (TCR), specifically repairs the template strand of genes by acting upon lesions that block transcription by RNAP. NER plays a critical role in genome integrity, and both NER pathways can be found in all domains of life; however, the excision repair proteins in prokaryotes are not evolutionarily related to those in eukaryotes.

Using defined in vitro systems, the Sancar Lab has elucidated the reaction mechanisms of both global and TCRs in E. coli (reviewed in Sancar, 2016). Except for differences in initial damage recognition, both NER pathways are essentially the same in that they utilize the excision repair proteins UvrA, UvrB, and UvrC to perform dual incisions that remove the DNA damage in the form of 12- to 13-nucleotide oligomers and then utilize the proteins UvrD (helicase II), DNA polymerase I, and DNA ligase to release the excised oligomer, resynthesize the resulting gap, and ligate, respectively (Figure 1).
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FIGURE 1. Model for the two nucleotide excision repair pathways in E. coli: general global repair (GGR) and transcription-coupled repair (TCR). UV light induces thymine dimers in DNA which are either directly recognized by UvrA2B in the GGR pathway or indirectly recognized by RNA polymerase (RNAP) in the TCR pathway. Elongating RNAP stalls when it encounters a dimer in the template strand and recruits the mutation frequency decline (Mfd) translocase, which, in turn, removes RNAP while recruiting UvrA2B. The two pathways then converge after these initial damage-recognition steps, and UvrA2 dissociates, leaving a stable preincision complex consisting of UvrB bound to damaged DNA, which now has an altered structure. UvrC is recruited to generate the coupled dual incisions, and UvrD removes UvrC and the damaged oligonucleotide. Repair is completed by synthesis and ligation of the repair patch by DNA polymerase I (PolI) and DNA ligase, respectively.


Global NER is initiated when the damage recognition factor, UvrA, which exists as a dimer together in a complex with UvrB (denoted UvrA2UvrB), facilitates the formation of a stable UvrB–DNA complex in an ATP hydrolysis–dependent reaction (Hu et al., 2017). UvrA then disassociates from the complex, and UvrB recruits the UvrC endonuclease to the damage site. UvrC is a multidomain nuclease, which first incises the DNA at the 3rd or 4th phosphodiester bond 3′ to the lesion via its GIY-YIG catalytic domain and then at the 7th phosphodiester bond 5′ to the lesion using its C-terminal RNase H-like catalytic domain. The UvrD helicase then displaces the excised damaged strand.

Damage recognition is the rate-limiting step in NER, and some damage, such as the UV light–induced cyclobutane pyrimidine dimer (CPD), causes only minimal distortion to the DNA double helix and is thus poorly recognized by GGR (Hu et al., 2017). As a result, repair of such damage is greatly facilitated by RNAP scanning the DNA to initiate the repair of these lesions. When RNAP encounters DNA damage, it forms a stable complex at the damage site that inhibits repair by interfering with the access of UvrA2UvrB to the damage (Selby and Sancar, 1990). Mfd recognizes stalled RNAP and displaces it from the damage site while concomitantly recruiting UvrA2UvrB (Selby and Sancar, 1993a). Even though the Mfd protein has been extensively studied for nearly three decades since it was cloned (Selby and Sancar, 1993a) and characterized (Selby and Sancar, 1993b, 1994, 1995a,b) by Selby, several recent reports have significantly advanced our understanding of Mfd, including discoveries from whole-genome analyses (Adebali et al.,2017a,b; Ragheb et al., 2021), as well as from structural (Brugger et al., 2020; Kang et al., 2021) and single-molecule (Fan et al., 2016; Ho et al., 2018, 2020; Ghodke et al., 2020) studies which will be reviewed here.



RECENT ADVANCES: WHOLE-GENOME STUDIES

Transcription-coupled repair in E. coli was first described by the Hanawalt Lab when they reported 10-fold faster repair of the transcribed strand of the lac operon (Mellon and Hanawalt, 1989). Although this was subsequently confirmed with the analysis of several other E. coli genes in the 30 years since the original report, a significant advance in the field occurred when the Sancar Lab recently developed a method named eXcision Repair-sequencing (XR-seq) to map NER events throughout the whole genome at single nucleotide resolution (Hu et al., 2015) and employed this method to map CPD repair in E. coli (Adebali et al.,2017a,b). Briefly, the XR-seq method consists of purifying excised damaged oligos by immunoprecipitation with CPD-specific antibodies, ligating the isolated DNA to adapters, repairing the CPDs by photoreactivation, amplifying the DNA by PCR, and then next-generation sequencing and mapping the reads to the genome (Hu et al., 2017).

The Sancar Lab generated XR-seq CPD repair maps from several different E. coli strains, including mfd- and uvrD-, to assess the roles of these proteins in TCR (Adebali et al.,2017a,b). The maps revealed a rather complex genome-wide pattern of repair in the regions of annotated genes because of the widespread antisense transcription throughout most of the E. coli genome. Nevertheless, it was clear that Mfd is required for TCR. In fact, they found that the nontemplate strand is preferentially repaired in the mfd- strain, likely due to the interference of damage recognition by UvrA2UvrB when RNAP is stalled at the damage sites in the template strand. In contrast, TCR slightly increased in the absence of UvrD, consistent with the role of UvrD in the catalytic turnover of the Uvr(A)BC excision nuclease. Following the dual incisions, the UvrB-UvrC-excised oligomer complex remains bound to the duplex, and this complex is displaced by the UvrD helicase to release UvrC, the limiting repair factor, for new rounds of repair (Figure 1). In the uvrD-strain, there is a higher yield of recovered excised oligos due to their protection from nucleases when complexed with UvrB–UvrC, yet there is lower overall repair, and the slight increase in TCR seen in the uvrD- strain is due to Mfd facilitating the first and the only round of repair in the template strand. These same findings were also observed when XR-seq was used to analyze the lac operon under conditions where lacZ is either not expressed, in glucose-containing medium, or expressed, by the addition of isopropyl β-d-1-thiogalactopyranoside (IPTG; Adebali et al., 2017b). They found that the transcribed strand of lacZ is repaired ∼5-fold faster in the wild-type strain. In the mfd- strain, TCR was abolished and the nontranscribed strand was repaired in a higher level, whereas in the uvrD- strain, TCR was slightly enhanced although the overall repair was reduced.

As previously mentioned, NER is evolutionarily conserved, and indeed, the generation of XR-seq repair maps of parental and uvrD- strains of another prokaryote, Mycobacterium smegmatis, which is a very close relative of the human pathogen Mycobacterium tuberculosis, demonstrated that the TCR repair mechanism in Mycobacteria is the same as in E. coli (Selby et al., 2020). In conclusion, genome-wide studies provide detailed repair maps that complement the curated transcription maps of E. coli and M. smegmatis and confirm a central role of the Mfd protein in coupling transcription to repair in prokaryotes.

A very recent E. coli whole-genome analysis from Houra Merrikh’s lab mapped Mfd-associated genomic loci using chromatin immunoprecipitation followed by high-throughput sequencing (ChIP-seq) and found a very high correlation (r = 0.98) between sites bound by Mfd and those bound by RNAP (Ragheb et al., 2021). Interestingly, this study was performed in the absence of exogenous DNA damage, and the Mfd-bound sites correlated (r = 0.6) with the sites of the E. coli RNA secondary structure as determined by parallel analysis of RNA structure (PARS-seq). They compared RNAP chromatin association in the presence and absence of Mfd and found that 40% of the genes that had at least a twofold increase in RNAP association in the mfd-strain contained a regulatory RNA or structural element. This, together with their other results from experiments in Bacillus subtilis, led them to conclude that Mfd regulates RNAP in hard-to-transcribe regions such as those with structured RNAs. These and other discoveries have direct implications on the role of Mfd in bacterial virulence and the development of drug resistance and will be discussed further below.



RECENT ADVANCES: MFD STRUCTURAL STUDIES

Recent progress on the structural biology of Mfd has provided significant details and resolution to our understanding of how this enzyme functions in TCR. Mfd is a multidomain protein composed of eight domains, namely, D1a, D1b, and D2–D7 (Figure 2). The x-ray crystallography structure of full-length Mfd (Deaconescu et al., 2006) showed that it normally exists in a repressed conformation with its C-terminal D7 domain interacting with its N-terminal D2 domain, which is homologous to the UvrA-interacting domain of UvrB. Multiple large conformational changes occur in Mfd when it engages with and displaces RNAP and while recruiting UvrA2UvrB to the DNA damage, and recent cryo-electron microscopy (cryo-EM) studies have provided enough high-resolution images of the intermediates to provide a clear understanding of this cycle (Brugger et al., 2020; Kang et al., 2021). The cryo-EM structures beautifully illustrate how Mfd is remodeled from its repressed conformation to expose the UvrA-interacting surface in D2, which is hidden during most of the remodeling process to prevent premature interactions with UvrA2UvrB. Domain D4 of Mfd, which contains the RNAP interaction domain (RID), interacts with the β-subunit of RNAP, and the EM images demonstrate how Mfd engages with the RNAP bound to DNA damage (Kang et al., 2021). Although initial binding of the RID to the RNAP does not require conformational changes, at least one round of ATP hydrolysis is required for Mfd to form a stable complex with RNAP, and this allows tethering of the Mfd translocation module (domains D5 and D6) to the upstream duplex DNA (Kang et al., 2021). Domains D5 and D6 of the Mfd are homologous to the RecG bacterial motor protein that couples ATP hydrolysis to double-stranded DNA translocation; however, unlike RecG and other helicases, Mfd cannot separate the DNA strands (Selby and Sancar, 1995b). After the initial interaction of Mfd with stalled RNAP, a series of stepwise dynamic conformational changes is triggered resulting in Mfd completely encircling the upstream duplex DNA and culminating in the ATP-hydrolysis-powered disruption of the RNAP (Kang et al., 2021).
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FIGURE 2. The structure of mutation frequency decline (Mfd). The modular Mfd protein consists of eight domains indicated as boxes in the cartoon (top) and as a rainbow ribbon representation of the crystal structure [PDB ID: 2EYQ (Deaconescu et al., 2006)] viewed with JSmol (bottom). The N-terminus (N) contains the UvrA interaction region (D1a, D2, D1b) which is structurally homologous to the region of UvrB that binds to UvrA. This region of the protein is sequestered in a locked state via interactions with the D7 autoinhibitory domain in the C-terminus (C). Upon interaction with stalled RNAP, the D4 domain, containing the RNA polymerase (RNAP)-interacting domain (RID), binds to the β’ subunit of RNAP which triggers ATP hydrolysis by the helicase motifs in D5-D6 and subsequent DNA translocation and rearrangements ultimately resulting in release of the nascent RNA, removal of RNAP, and recruitment of UvrA2B repair factors.




RECENT ADVANCES: MFD SINGLE-MOLECULE STUDIES

Single-molecule approaches can be very useful in studying multicomponent, multistep reactions such as TCR. In vitro single-molecule experiments allow one to answer questions such as which proteins are present, what are their stoichiometries, and how quickly do they come and go (Strick and Portman, 2019). Many observations from in vitro Mfd single-molecule studies have confirmed and added a more detailed understanding to aspects of the mechanism that was determined by Selby’s original population-averaging in vitro biochemistry experiments (Selby and Sancar,1993a,b, 1994, 1995a,1995b), such as the observation that Mfd binds stalled RNAP and uses the energy from ATP hydrolysis to displace the stalled RNAP from DNA (Howan et al., 2012) and that the displacement of RNAP from DNA is accompanied by the loss of the nascent RNA (Graves et al., 2015; Kang et al., 2021). One surprising result is that the displaced RNAP remains in a long-lived complex with Mfd on the DNA, and in the absence of DNA damage, this Mfd–RNAP complex is capable of translocating thousands of base pairs in the same direction as the initial transcription (Howan et al., 2012; Graves et al., 2015). The interaction of Mfd with DNA induced bending or wrapping of the DNA, and it has been proposed that the high processivity of Mfd translocation is due to this topological wrapping. In a different single-molecule study, Mfd was added to DNA alone and was found to translocate for a few hundred base pairs (Le et al., 2018). However, as previously discussed, Mfd is thought to exist in a repressed state when not bound to stalled RNAP (Deaconescu et al., 2006, 2012) and has been shown to have only weak DNA-binding activity on its own (Selby and Sancar, 1995a), and thus, the physiological relevance is unclear. Single-molecule studies also showed that Mfd can rescue RNAP at pause sites, but more severe obstacles to RNAP movement such as DNA damage lead to eventual transcription termination (Le et al., 2018). The addition of either UvrA2 or UvrA2B to the single-molecule system arrested the translocating Mfd–RNAP complex, and then, both Mfd and RNAP were released from the DNA (Fan et al., 2016). Then, with the further addition of UvrC, incision was observed in the damaged DNA, and the kinetics was in agreement with previous estimates of ∼3-fold faster repair by TCR than by GGR (Fan et al., 2016).

In vivo single-molecule experiments are very useful for analyzing the diffusion of proteins inside cells as they search for and bind to their targets (Strick and Portman, 2019). The van Oijen Lab fluorescently labeled Mfd in live E. coli and found that it interacts with RNAP even in the absence of exogenous DNA damage (Ho et al., 2018). The authors proposed that the interactions involved naturally stalled RNAP because they were enriched in the presence of a drug that stalls RNAP, they were absent in cells treated with a transcription inhibitor, and the presence of UvrA shortened the lifetime of the Mfd-RNAP-DNA complexes. In back-to-back follow-up reports, they analyzed fluorescently labeled Mfd in UV-irradiated cells and also analyzed fluorescently labeled UvrA (Ghodke et al., 2020; Ho et al., 2020). They reported that the lifetime of the Mfd-RNAP-DNA complex decreased from ∼18 s, in the absence of exogenous DNA damage, to 12 s in UV-irradiated cells and that this mirrored what was seen with fluorescently labeled UvrA, and the lifetime of UvrA was dependent on the presence of Mfd indicating that the proteins function together (Ghodke et al., 2020). In the companion report, they employed ATPase mutants of UvrA and damage-recognition mutants of UvrB to analyze UvrA2B recruitment and Mfd dissociation in vivo. As predicted from earlier genetic and biochemistry studies, they found that Mfd is stably arrested on DNA in both mutant backgrounds relative to wild-type cells and concluded that Mfd dissociation is coupled with successful loading of UvrB (Ho et al., 2020). In conclusion, the in vitro and in vivo single-molecule studies on E. coli TCR provide detailed resolution that advances our understanding of this complex, multicomponent, and multistep reaction.



ROLES OF MFD IN RECOMBINATION, BACTERIAL VIRULENCE, AND DEVELOPMENT OF DRUG RESISTANCE

As discussed above, the role of Mfd in E. coli TCR has been extensively characterized; however, many of the other reported cellular functions of Mfd are less well understood (Strick and Portman, 2019). There are reports suggesting that Mfd can enhance prokaryotic virulence and survival via the promotion of mutations in various genes involved in cell wall biosynthesis, translation, and transcription and has led to Mfd being called a “proevolutionary factor” (Strick and Portman, 2019) or “evolvability factor” (Ragheb et al., 2019; Brugger et al., 2020); however, there is no clear consensus as to the underlying mechanism. This has become a topic of wide interest due to the clinical implications of possibly targeting Mfd for antimicrobial drug resistance prevention, and recent results that shed some light on the subject will be discussed below.

When Witkin isolated the mfd-mutant strain, she reported that it produced ∼5-fold more UV-induced mutations than the parent strain even though it was no more sensitive to UV irradiation than its parent (Witkin, 1966). Witkin’s assay specifically selected mutations in tRNA suppressor genes (Witkin, 1994), but later studies of the lacI gene also showed that the UV-induced mutation frequency was reduced ∼5-fold by Mfd and, at one particular site, by more than 300-fold (Oller et al., 1992). Thus, for DNA damage–induced mutagenesis, Mfd clearly functions as an antimutator; however for “spontaneous mutagenesis,” it appears to function as a mutator. For example, the antimicrobial drugs to which resistance develops in an Mfd-dependent manner are not known as DNA-damaging agents, and thus, the function of Mfd was not clear in this phenomenon. Mfd plays a role in recombination (Ayora et al., 1996) and facilitates the generation of R-loops (Portman et al., 2021) which initiate DNA breakage and genome instability (Wimberly et al., 2013), consistent with the notion that Mfd facilitates transcription-associated mutagenesis (Ayora et al., 1996; Jinks-Robertson and Bhagwat, 2014; Gomez-Marroquin et al., 2016; Ragheb et al., 2019; Portman et al., 2021). This has recently gained support from the recent study discussed above (from the Merrikh Lab), showing that Mfd regulates RNAP in hard-to-transcribe regions such as those with structured RNAs (Ragheb et al., 2021). The authors analyzed the Mfd-bound genes and found that they were involved in a variety of cellular functions including toxin–antitoxin systems. Indeed, they went on to show that cell viability is compromised by the overexpression of toxin genes in the absence of Mfd and that the mutation rate of one particular toxin gene is lower by ∼7-fold in mfd- cells compared to wild-type cells. In conclusion, it is evident that Mfd plays a role in RNAP transcriptional control at regions of frequent RNAP pausing, and specific regions of the genome may be prone to transcription-associated mutagenesis due to inherent RNA structure. Thus, Mfd prevents and promotes mutagenesis in a context-dependent manner.
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Evolutionarily conserved kinases and phosphatases regulate RNA polymerase II (RNAPII) transcript synthesis by modifying the phosphorylation status of the carboxyl-terminal domain (CTD) of Rpb1, the largest subunit of RNAPII. Proper levels of Rpb1-CTD phosphorylation are required for RNA co-transcriptional processing and to coordinate transcription with other nuclear processes, such as chromatin remodeling and histone modification. Whether other RNAPII subunits are phosphorylated and influences their role in gene expression is still an unanswered question. Much less is known about RNAPI and RNAPIII phosphorylation, whose subunits do not contain functional CTDs. However, diverse studies have reported that several RNAPI and RNAPIII subunits are susceptible to phosphorylation. Some of these phosphorylation sites are distributed within subunits common to all three RNAPs whereas others are only shared between RNAPI and RNAPIII. This suggests that the activities of all RNAPs might be finely modulated by phosphorylation events and raises the idea of a tight coordination between the three RNAPs. Supporting this view, the transcription by all RNAPs is regulated by signaling pathways that sense different environmental cues to adapt a global RNA transcriptional response. This review focuses on how the phosphorylation of RNAPs might regulate their function and we comment on the regulation by phosphorylation of some key transcription factors in the case of RNAPI and RNAPIII. Finally, we discuss the existence of possible common mechanisms that could coordinate their activities.
Keywords: phosphorylation, transcription regulation, gene expression, RNA polymerase I, RNA polymerase II, RNA polymerase III
INTRODUCTION
The transcription of cellular RNAs is carried out by DNA-dependent RNA polymerases (RNAPs). In bacteria and archaea, only one RNAP transcribes all RNAs. In Eukarya, three RNAPs (RNAPI, -II and -III) are required for RNA transcription, except plants containing two other RNAPs (RNAPIV and -V). RNAPI synthesizes the precursor ribosomal RNA (rRNA 35S in yeast, 47S in mammals), RNAPIII produces 5S rRNA and transfer RNAs (tRNAs) and RNAPII transcribes all the protein-coding genes synthesizing messenger RNAs (mRNAs). Additionally, RNAPII and RNAPIII can synthesize other types of transcripts, such as small non-coding RNAs (ncRNAs), whose specific synthesis may differ depending on the species (Huet et al., 1985; Dieci et al., 2007). Finally, RNAPIV and RNAPV produce small interfering (siRNAs) and ncRNAs in plants (Onodera et al., 2005; Zhang et al., 2007; Haag and Pikaard, 2011; Lopez et al., 2011; Wang and Ma, 2015). All RNAPs are related at the evolutionary level, displaying common structures and functions. The minimum preserved structure of RNAPs is that of bacteria, consisting of five subunits. Archaeal RNAP has 12 subunits and eukaryotic RNAPs are complexes of 12 (RNAPII), 14 (RNAPI) and 17 (RNAPIII) subunits (Cramer et al., 2008; Werner and Grohmann, 2011; Wang and Ma, 2015; Cramer, 2019b). They all have a structurally conserved core formed by 10 subunits, with additional factors located on the polymerase complex periphery. Moreover, they all share five subunits (Rpb5, Rpb6, Rpb8, Rpb10, and Rpb12) with common functions but also with specific roles in their corresponding RNAPs (Cramer et al., 2008; Cuevas-Bermúdez et al., 2017). The structures of the three eukaryotic RNAPs, first solved in Saccharomyces cerevisiae, are highly conserved and their resolution has tremendously helped to understand the mechanism of transcription (Cramer et al., 2000; Armache et al., 2005; Engel et al., 2013; Fernandez-Tornero et al., 2013; Hoffmann et al., 2015; Sainsbury et al., 2015; Ramsay et al., 2020; Schier and Taatjes, 2020). The correct regulation of gene transcription depends on mechanisms that regulate the formation of large multiprotein complexes (RNAPs and their cognate factors) and their dynamics through all the transcription process. One of the most prominent mechanisms is post-translational modification (PTM) of proteins (Deribe et al., 2010), phosphorylation being the most frequent (Beltrao et al., 2013). A clear example is the dynamic phosphorylation of the carboxyl-terminal domain (CTD) of Rpb1, key for gene transcription (Buratowski, 2009; Calvo and García, 2012; Hsin and Manley, 2012; Eick and Geyer, 2013; Harlen and Churchman, 2017). Unfortunately, while most of the available data refer mainly to the phospho-regulation of transcription factors implicated in the modulation of all RNAP activities, little is known about the phosphorylation of other RNAP subunits and their implications in RNA biogenesis. Here, we have compiled all the phospho-sites identified to date for S. cerevisiae and human RNAPs (Supplementary Tables S1, S2). We discuss the localization and possible roles of the three RNAP subunit phosphorylations in budding yeast, as the structures of the different transcription complexes are better known in this organism. Finally, we review the possible conservation of RNAP phospho-regulation with evolution.
RNAPII PHOSPHORYLATION
RNAPII is the best known of the eukaryotic RNA polymerases. Transcription by RNAPII is a very complex, dynamic and finely regulated process. A sophisticated network of protein–protein and protein–nucleic acid interactions is established, producing conformational and activity changes in RNAPII through the transcription cycle. Thus, a pre-initiation complex (PIC), composed basically of general transcription factors (GTFs: TFIIA, B, D, E, F, and H), Mediator and RNAPII, is assembled at the gene promoters, opening the DNA to initiate transcription (Greber and Nogales, 2019; Schier and Taatjes, 2020). Other factors acting as activators/co-activators and repressors/co-repressors can modulate the transcription activity (Ho and Shuman, 1999; Thomas and Chiang, 2006; Hahn and Young, 2011; Roeder, 2019). Subsequently, RNAPII activity is regulated by elongation and termination factors (Kwak and Lis, 2013). Because pre-mRNA maturation (capping, splicing and polyadenylation) occurs co-transcriptionally, a set of processing factors also interacts with the transcription machinery. Moreover, chromatin and histone modifiers act to facilitate and regulate the passage of RNAPII through the genes being transcribed in concert with the transcription complex. It is well known that the correct orchestration of all these processes involved in mRNA biogenesis is coordinated and fine-tuned by the phosphorylation status of the Rpb1-CTD (Perales and Bentley, 2009; Calvo and García, 2012; Hsin and Manley, 2012; Harlen and Churchman, 2017).
Functional and structural studies with S. cerevisiae have provided the majority of the existing knowledge about RNAPII transcription mechanisms, regulation and coordination with other cellular processes (Cramer, 2019a; Cramer, 2019b; Roeder, 2019). Recent structural data combined with functional studies have advanced our understanding of RNAPII transcription in general and that of PIC function, structure and dynamics in particular (Greber and Nogales, 2019; Schier and Taatjes, 2020). Resolution of the RNAPII structure by X-ray crystallography about 20 years ago showed that its twelve subunits are folded and assembled into four mobile modules: the core module, formed by the active center (Rpb1 and Rpb2) and assembly platform (Rpb3, Rpb10, Rpb11, and Rpb12); the jaw-lobe module, made up of Rpb1 and Rpb9; the shelf module containing the foot and cleft domains of Rpb1 and the lower jaw and assembly domains of Rpb5; and the stalk module, formed by Rpb4 and Rpb7, which in the case of S. cerevisiae can be dissociated from the 10-subunit core polymerase (Cramer et al., 2000; Cramer et al., 2001; Gnatt et al., 2001; Armache et al., 2003; Bushnell and Kornberg, 2003). Within these modules there are some key structural domains with basic roles in transcription, such as the active site, cleft, clamp, wall, protrusion, funnel and RNA exit channel. Movement of these regions is accompanied by binding of the GTFs with essential roles in transcription initiation. Subsequent binding of elongation factors replaces the GTFs, thus regulating further steps of the transcription cycle. How all these events take place is not fully understood, although some are explained by conformational changes of the transcription complex and/or phosphorylation of specific factors and the Rpb1-CTD (Wang et al., 2010; Larochelle et al., 2012; He et al., 2013; Sainsbury et al., 2015; He et al., 2016; Harlen and Churchman, 2017; Nogales et al., 2017; Greber and Nogales, 2019; Nogales and Greber, 2019; Patel et al., 2019; Schier and Taatjes, 2020).
The Rpb1-CTD is an unstructured and flexible domain that is crucial for the regulation of RNAPII transcription. It consists of multiple repeats of the heptapeptide sequence Tyr1-Ser2-Pro3-Thr4-Ser5-Pro6-Ser7, which is not present in other RNAPs. It is evolutionarily well conserved from protozoa to metazoa. The number of repeats ranges from 26 repetitions in S. cerevisiae to 52 in mammals (Corden et al., 1985; Chapman et al., 2008). Five of the seven residues are susceptible to phosphorylation: Tyr1; Ser2, -5, and -7; and Thr4 (Buratowski, 2003; Hsin et al., 2011; Hsin and Manley, 2012; Allepuz-Fuster et al., 2014; Yurko and Manley, 2018). Prior to transcription initiation, the Rpb1-CTD likely interacts with Mediator and helps to recruit it to the promoter (Kim et al., 1994; Naar et al., 2002; Robinson et al., 2016). During initiation, the CTD becomes phosphorylated by transcription-associated kinases, generating phospho-marks required for the binding of elongation and RNA processing factors, among others, and to proceed to a productive elongation phase. As this subject has been extensively reviewed (Perales and Bentley, 2009; Calvo and García, 2012; Hsin and Manley, 2012; Harlen and Churchman, 2017), we will focus on this section on the phosphorylations of other RNAPII subunits (Supplementary Table S1), although in most cases a role in transcription and/or RNA processing has not been yet stated.
Several phospho-proteomic studies have identified at least 75 new phospho-sites in 10 of the 12 subunits of S. cerevisiae RNAPII (Supplementary Table S1), 55 of them distributed along specific RNAPII subunits (Rpb1, Rpb2, Rpb3 Rpb4, and Rpb9) and 20 in shared subunits with RNAPI and RNAPIII (Rpb5, Rpb6, Rpb8, Rpb10, and Rpb12) (Albuquerque et al., 2008; Pultz et al., 2012; Swaney et al., 2013; Sostaric et al., 2018; MacGilvray et al., 2020; Lanz et al., 2021; Richard et al., 2021). However, it is unknown whether all these residues are phosphorylated in vivo and if they form part of a regulatory mechanism to control the biogenesis of RNAPII transcripts. Localization of these residues on the RNAPII structure (Figure 1A, upper panel) shows a broad distribution, with 50 of the 75 phospho-sites localized in structured regions. Notably, many of them correspond to defined RNAPII regions, suggesting that post-translational modifications by phosphorylation may influence how these specific regions act during the transcription steps (i.e., DNA contact, NTP addition, clamp movement, etc.). It is worth noting that 39 phospho-sites are exposed on the surface of the enzyme (Figure 1A, bottom panel, and Figure 1C). Thus, it is tempting to speculate that the phosphorylation of these residues might be important for protein–protein interaction between RNAPII and different transcriptional regulators. In fact, these exposed residues localize in regions that are described to contact the GTFs (TFIIB, TBP, TFIIA, TFIIE, TFIIF, TFIIH or TFIIS; Figure 1B), Mediator and elongation factor Spt5/4 (Cai et al., 2010; Martinez-Rucobo et al., 2011; Nogales et al., 2017; Greber and Nogales, 2019; Schier and Taatjes, 2020). Interestingly, there are three phospho-sites (S1793, T1471, and Y1473) within the Rpb1 linker, an unstructured region that connects the CTD to the rest of the protein, whose phosphorylation is required for Spt6 interaction with RNAPII and the re-assembly of repressive chromatin during transcription (Sdano et al., 2017).
[image: Figure 1]FIGURE 1 | RNAPII phospho-sites. (A) Upper, schematic views (ribbon representation) of Saccharomyces cerevisiae RNAPII (PDB: 1y1w), displaying phospho-sites that have been labelled in different colours according to the 12 subunits diagram shown in the middle of the figures. RNAPII mobile modules are indicated with white open circles. DNA is represented in blue and RNA in red. Surface (bottom) views showing exposed phospho-sites. (B) Schematic representation of GTFs localizations according to published works (i.e., (Sainsbury et al., 2015; Schier and Taatjes, 2020)). (C) Table with phospho-sites exposed on the surface of RNAPII whose phosphorylation status could be important for the association/dissociation of transcription regulators.
Rpb2 phosphorylation sites lie in the external 1, protrusion, fork, wall, hybrid binding and anchor domains. In the wall, near the active site, the RNA:DNA hybrid separates and upstream DNA makes a 90° turn to exit RNAPII (Cramer et al., 2001). The protrusion is an external, positively charged domain, placed above the wall where the DNA exits from the cleft. Re-annealing of transcribed DNA occurs as it exits the enzyme, and the protrusion may participate in this process. Therefore, phosphorylation of residues lying in these domains could be involved in the separation of the RNA:DNA hybrid, the re-annealing of the transcribed DNA as it exits the enzyme and/or in the association/dissociation of transcription and processing factors (Pappas and Hampsey, 2000). Another example is the association and function of TFIIB and TFIIF during transcription initiation, factors important to position the DNA over the RNAPII active center cleft (Sainsbury et al., 2015; Greber and Nogales, 2019; Schier and Taatjes, 2020). Indeed, TFIIB interacts with the clamp, with the dock and cleft (Rpb1), and with the wall and protrusion domains (Rpb2) (Kostrewa et al., 2009; Liu et al., 2010; Sainsbury et al., 2015). TFIIF binds upstream and downstream DNA and RNAPII near the Rpb2 lobe and protrusion domains (Muhlbacher et al., 2014; Plaschka et al., 2015). Again, phosphorylation of residues in TFIIB and TFIIF binding regions could be involved in their association with the RNAPII.
Rpb4 and Rpb7 form a heterodimer known as the stalk domain, and only Rpb4 contains phosphorylation sites (Richard et al., 2021). The stalk extends from the foot domain at the base of the RNAPII enzyme and its movement helps to coordinate opening and closing of the clamp (Armache et al., 2003; Bushnell and Kornberg, 2003). It is contacted by initiation and elongation factors (Cai et al., 2010; Martinez-Rucobo et al., 2011; Li et al., 2014; Plaschka et al., 2015; Greber and Nogales, 2019; Schier and Taatjes, 2020). Rpb4 contains several phospho-sites whose phosphorylation may be important for interaction with Rpb7 and/or the 10-subunit polymerase. Accordingly, the Rpb4 S125 residue resides within a region exclusively present in S. cerevisiae that could regulate specific functions in this organism, such as dissociation of Rpb4/7 from the core polymerase (Sharma and Kumari, 2013; Duek et al., 2018). Moreover, exposed residues could mediate the association of different factors (Babbarwal et al., 2014; Garavis et al., 2017; Allepuz-Fuster et al., 2019; Calvo, 2020), depending on their phosphorylation status, such as TFIIE, TFIIF, Mediator (Cai et al., 2010; Sainsbury et al., 2015), Spt5/4 (Martinez-Rucobo et al., 2011; Li et al., 2014) some CTD phosphatases (Kimura et al., 2002; Allepuz-Fuster et al., 2014), and termination factors (Mitsuzawa et al., 2003; Runner et al., 2008), and thus regulate the function of Rpb4/7. Similarly to Rpb4/7, Rpb3 forms a heterodimer with Rpb11 (Cramer et al., 2001). Moreover, some phospho-sites fall in a region comprising the heterodimerization domain of Rpb3. This suggests that phosphorylation of this region might be important for the formation of the heterodimer. Rpb9 phosphorylated residues localized in the jaw and linker domains (Cramer et al., 2001) and, because TFIIH interacts with RNAPII near the Rpb9 jaw, we could speculate that modification of these residues could be functionally linked to this factor (Muhlbacher et al., 2014; Plaschka et al., 2015).
The subunits shared by the three RNAPs (Rpb5, Rpb6, Rpb8, Rpb10, and Rpb12) are also phospho-proteins (Supplementary Table S1) (Albuquerque et al., 2008; Swaney et al., 2013; Sostaric et al., 2018; MacGilvray et al., 2020; Lanz et al., 2021). For instance, Rpb5 and Rpb6 contain phospho-sites (S158, and Y88 and T82, respectively) localized in regions important for Rpb5 and Rpb6 assembly to RNAPII (Cramer et al., 2001; Tan et al., 2003; Zaros et al., 2007).
Modification by phosphorylation of some residues of RNAPII subunits could be important not only for the association of different factors along the transcription cycle but also for exchange of factors occupying the same or close surfaces on RNAPII. This is the case of initiation and elongation factors that compete during the transcription cycle for binding to the polymerase complex, for instance TFIIE and Spt5 (Li et al., 2014). How these mutually exclusive interactions of the transcription factors with RNAPII are regulated without affecting the efficiency of all the transcription steps (initiation, pausing and elongation) remains to be understood. Recently, it has been shown that the Rpb1-CTD undergoes liquid-phase separation, which could explain the association of initiation and elongation factors (Boehning et al., 2018; Cramer, 2019b). First, a dynamic condensate is formed near the promoter during initiation that contains a non-phosphorylated RNAPII and initiation factors. This condensate facilitates transcription initiation, RNA synthesis and Rpb1-CTD phosphorylation. Second, a transient condensate containing phosphorylated RNAPII and elongation factors is produced and maintained until RNAPII reaches the end of the genes, where RNAPII is dephosphorylated, recycled and transferred to the first condensate. As the transfer of RNAPII from one condensate to another is controlled by CTD phosphorylation, it is possible that this mechanism might be crucial for optimal transcriptional regulation (Boehning et al., 2018; Guo et al., 2019; Peng et al., 2020). However, we cannot rule out that the exchange of factors during the initiation/elongation transition could be regulated by the phosphorylation of other RNAPII subunits and/or even that the transfer of RNAPII between both condensates could require the post-translational modification of additional subunits.
Finally, the high sequence conservation within the RNAPII core between yeast and humans suggests similar mechanisms of RNA synthesis. However, sequences are more divergent toward the exterior/surface residues, suggesting that biochemically distinct interfaces interact with different factors (Cramer et al., 2001; He et al., 2013; He et al., 2016; Nogales et al., 2017; Schier and Taatjes, 2020). Accordingly, phospho-sites localized in the surface of RNAPII may contribute to the association/dissociation of species-specific factors.
RNAPI PHOSPHORYLATION
Initially, 15 phospho-sites were identified in S. cerevisiae distributed to five of the 14 subunits. Mutation of 13 of these phospho-sites indicated that most are non-essential PTMs, suggesting that they might contribute to non-essential RNAPI functions. Only one residue, Rpa190-S685, was suggested to play a role in rRNA cleavage/elongation or termination (Gerber et al., 2008). To date, 115 site-specific phosphorylations have been identified, mostly in phospho-proteomic studies, distributed along all the 14 RNAPI subunits (Ficarro et al., 2002; Albuquerque et al., 2008; Holt et al., 2009; Soulard et al., 2010; Pultz et al., 2012; Swaney et al., 2013; Sostaric et al., 2018; MacGilvray et al., 2020; Lanz et al., 2021). We have compiled all these sites in Supplementary Table S1. In summary, 81 sites reside in specific subunits and 34 are shared: 20 with RNAPII and RNAPIII and 14 with RNAPIII. Among these 81 phospho-sites, 63 are localized in regions of solved structure (Figure 2A, upper panel). Remarkably, 49 sites are exposed on the surface of the enzyme (Figure 2A, bottom panel, and Figure 2C), which again suggests a role for the association of RNAPI with transcription regulators, for instance Rrn3 (Figure 2B) (Torreira et al., 2017).
[image: Figure 2]FIGURE 2 | RNAPI and RNAPIII phospho-sites. (A) Ribbon (upper) and surface (bottom) schematic views of RNAPI (PDB: 4c3h) from Saccharomyces cerevisiae, displaying phospho-sites labelled in different colours according to the subunit diagram shown in the middle of the figures. (B) Schematic representation of Rrn3 localization (Torreira et al., 2017). (C) Table with phospho-sites exposed on the surface of RNAPI. (D) Ribbon (upper) and surface (bottom) representations of RNAPIII (PDB: 5fj9) displaying coloured phospho-sites. (E) Schematic representation of Maf1 and Brf1 associations with RNAPIII (Vorlander et al., 2020a; Vorlander et al., 2020b). (F) Table with RNAPIII phospho-sites exposed on the surface. As in the case of RNAPII, these residues could be important for the interaction with transcription regulators.
One of the first observations implicating protein phosphorylation in regulating RNAPI activity was the discovery that Fcp1, a Rpb1-CTD phosphatase, interacted with the RNAPI transcription machinery and was essential for rDNA efficient transcription, probably by facilitating RNAPI dephosphorylation and chain elongation during rRNA synthesis (Fath et al., 2004). Later, it was documented that the Rpa43 subunit was phosphorylated in several specific residues (S208, S220, S262, S263, S285) (Gerber et al., 2008). This subunit, together with Rpa14, forms the stalk domain and creates a platform for binding initiation factors and newly synthesized RNA (Fernandez-Tornero et al., 2013; Torreira et al., 2017). This stalk domain is required for RNAPI homodimerization and transcription inactivation (Torreira et al., 2017). However, it is unknown if Rpa43 phosphorylation levels play a role in this process. Nonetheless, it was reported that Cdc14 dephosphorylates Rpa43 in mitosis to exclude it from the nucleolus, thereby restraining rDNA transcription and facilitating condensin loading, an essential step for correct segregation of the nucleolus (Clemente-Blanco et al., 2009).
Rpa43 interacts with Rrn3 (Milkereit and Tschochner, 1998; Moorefield et al., 2000), a crucial RNAPI factor whose phosphorylation has been implicated in the regulation of the holoenzyme, after activation of growth factor signaling pathways that connect nutrient availability and rDNA production. Rrn3 is the yeast homologue of the mammalian growth-dependent rRNA synthesis factor TIF-IA (Grummt and Voit, 2010). This interaction depends on the phosphorylation of RNAPI and on Rrn3-P/TIF-IA association, and is essential to establish a competent transcriptional initiation complex (Fath et al., 2001; Cavanaugh et al., 2002; Torreira et al., 2017). Interestingly, in mice, casein kinase 2 (C1K2) has been implicated in Rrn3/TIF-IA phosphorylation at S170/172 to trigger its release from the RNAPI complex after transcription initiation, a prerequisite for transcription elongation (Bierhoff et al., 2008). This suggests that Rrn3/TIF-IA is subjected to a complex phospho-code that regulates its interaction with the RNAPI holoenzyme during ribosome biogenesis. Importantly, human RNAPI activity is also controlled in response to different types of environmental stresses throughout the phosphorylation of Rrn3/TIF-IA. Under glucose restriction, Rrn3/TIF-IA phosphorylation by the AMPK kinase prevents the assembly of a functional PIC (Hoppe et al., 2009). On the other hand, Rrn3/TIF-IA phosphorylation by the JNK kinase in mice restrains its interaction with RNAPI in response to oxidative stress, thus abrogating the formation of new PICs (Mayer et al., 2005).
RNAPIII PHOSPHORYLATION
In terms of structural composition, RNAPIII is the largest eukaryotic RNA polymerase complex in mass and molecular conformation (Vannini and Cramer, 2012). It is formed by 17 subunits, 10 of which are unique to RNAPIII. Novel phospho-proteomic studies have shed light on the post-transcriptional phospho-mapping of multiple RNAPIII subunits (Albuquerque et al., 2008; Holt et al., 2009; Swaney et al., 2013; MacGilvray et al., 2020; Lanz et al., 2021). Fifteen of the 17 subunits are phosphorylated in both yeast and humans (Supplementary Table S1, S2). In the case of S. cerevisiae, there are 76 phospho-sites, 42 of them localized in specific subunits. Only 28 residues are localized in regions of known structure (Figure 2D) and 19 are exposed on the surface of the polymerase complex (Figure 2D, bottom, and Figure 2F). Three specific residues of Rpc53 (S224, T228 and T232) are of known function (see below) (Lee et al., 2012). Therefore, it is intuitive to think that RNAPIII activity might also be highly regulated by phosphorylation events, as described for RNAPI and RNAPII complexes. Interestingly, in S. cerevisiae only two phospho-sites in the two largest subunits have been shown to be phosphorylated, whereas 32 phospho-sites distributed along these subunits have been identified in humans (Supplementary Table S2). This observation suggests that regulation of RNAPIII activity by phosphorylation could be species specific.
Probably the best-known regulator of RNAPIII is the repressor Maf1 (Willis and Moir, 2018; Vorlander et al., 2020a), whose activity is controlled by its phosphorylation at multiple sites by protein kinase A, the rapamycin-sensitive TOR kinase (TORC1) and the TORC1-regulated kinase Sch9. Phosphorylation of Maf1 by these kinases leads to changes in its subcellular localization, a mechanism that ensures the accurate activation/repression of RNAPIII (Moir et al., 2006; Lee et al., 2009; Wei and Zheng, 2009; Willis and Moir, 2018). Additionally, casein kinase 2 (CK2) phosphorylation of Maf1 in favorable growth conditions releases this protein from the RNAPIII complex bound to genes for tRNAs, thus activating their transcription (Graczyk et al., 2011). Maf1 regulation also depends on protein phosphatases. It has been postulated that in response to nutrient starvation, poor carbon sources or several cellular stresses, Maf1 is dephosphorylated in a PP4/PP2A-dependent manner and translocated to the nucleus, thus repressing RNAPIII activity (Oler and Cairns, 2012; Ahn et al., 2019). Interestingly, nuclear localization of Maf1 is not enough to completely inhibit RNAPIII activity, suggesting the existence of alternative mechanisms that co-regulate RNAPIII transcription under these conditions (Huber et al., 2009). In agreement with this observation, recent studies have demonstrated that the RNAPIII subunit Rpc53 is also subjected to a phosphorylation switch in response to nutrient limitation and other types of cellular stress. Rpc53 phosphorylation by the two conserved kinases Kns1 and Mck1 modifies the ability of RNAPIII to interact with the DNA molecule, thus avoiding recycling rounds of transcription and allowing dephosphorylated Maf1 to join and inhibit RNAPIII activity (Lee et al., 2012). Another component of RNAPIII controlled by phosphorylation is its Rpc82 subunit, whose concomitant phosphorylation with the TFIIIB subunit Bdp1 by the Sch9 and CK2 kinases opposes Maf1-mediated transcriptional repression (Lee et al., 2015). Finally, it has been reported that the TATA-binding protein (TBP) is also a preferred substrate of CK2 in vitro, which suggests a new mechanism to regulate RNAPIII transcription by phosphorylation in vivo (Ghavidel and Schultz, 1997).
It is important to remark that RNAPIII transcription is regulated in response to environmental cues and during the different stages encompassed in the cell cycle. It has been reported that tRNA levels fluctuate during the cell cycle in a process controlled by the Cdk1/Clb5 kinase complex, boosting tRNA expression during the S phase. This is attained by the cycling phosphorylation of Bdp1, an event that triggers the recruitment of TFIIIC to the genes for tRNAs, stimulates interaction between TFIIIB and TFIIIC and enhances RNAPIII activity (Herrera et al., 2018). However, the physiological significance of cell cycle regulation of RNAPIII transcription remains to be elucidated and undoubtedly will be a fascinating question for the future.
COORDINATION OF RNAP ACTIVITIES: ADAPTING GENE EXPRESSION TO ENVIRONMENTAL CONDITIONS
RNAP activities are essential for cellular viability and a limiting step in regulating gene expression. All RNAPs respond to growth cell conditions and nutrient availability. In actively growing cells, the majority of the transcriptional output is due to RNAPI and RNAPIII activities, which are required for the synthesis of ribosomes. The activity of RNAPII is also essential because it transcribes all ribosomal protein genes and genes encoding factors required for ribosome assembly (Ribi regulon) (Warner, 1999; de la Cruz et al., 2018). How eukaryotic RNAPs are regulated has been extensively studied and is still a field of great interest. However, less is known about the mechanisms coordinating and communicating with the three RNAP machineries to adapt cell growth to environmental conditions. Factors that coordinate at least the function of two RNAPs have been identified. For instance, Spt4/5, Paf1C and Ccr4 regulate both RNAPI and RNAPII transcription (Zhang et al., 2010; Anderson et al., 2011; Hartzog and Fu, 2013; Laribee et al., 2015). Similarly, TFIIS and Sub1 influence RNAPII and RNAPIII (Guglielmi et al., 2007; Ghavi-Helm et al., 2008; Carriere et al., 2012; Garcia et al., 2012; Garavis et al., 2017; Calvo, 2018). Recently, the yeast prefoldin-like Bud27 has been shown to be a regulator of the three RNAPs, most likely via its association with a common subunit, Rpb5 (Martinez-Fernandez et al., 2020). One possibility is that RNAPs might be coordinated through regulation of the phosphorylation state of their shared subunits. In support of this hypothesis, Rpb5, Rpb6, Rpb8, Rpb10, and Rpb12 contain phospho-sites (Albuquerque et al., 2008; Swaney et al., 2013; Sostaric et al., 2018; MacGilvray et al., 2020) (Supplementary Table S1).
TOR serine/threonine kinases play an essential role in controlling many aspects of living cells, such as growth, proliferation and survival in response to nutrients (Loewith and Hall, 2011; Kim and Guan, 2019; Laribee and Weisman, 2020). Initially, it was reported that TOR proteins only localized in the cytoplasm, with a crucial role in regulating protein synthesis (Barbet et al., 1996; Gingras et al., 2004). We currently know that TOR and its associated proteins also localize in the nucleus, where they regulate gene expression to guarantee the appropriate ribogenesis (Tsang and Zheng, 2007; Laribee, 2018; Laribee and Weisman, 2020). When S. cerevisiae is grown under nutrient-replete conditions, Tor1 localizes in both the cytoplasm and the nucleus. In the nucleus, Tor1 and Kog1 (the Raptor subunit in S. cerevisiae) bind to the 35S (RNAPI) and 5S (RNAPIII) promoters. However, after starvation or rapamycin treatment, they are removed from these regions, thus inhibiting transcription (Li et al., 2006). In mammals, mTOR and Raptor also interact with the RNAPIII factor TFIIIC to induce 5S and tRNA transcription (Kantidakis et al., 2010). This and other evidence suggest that TORC1 complexes are RNAPI and RNAPIII regulators and likely coordinators of these two RNAP activities. Whether any of the RNAPI or RNAPIII subunits are phosphorylated by TORC1 is unknown. Nevertheless, RNAPIII transcription is also activated by TORC1 via phosphorylation of Maf1 in yeasts (Huber et al., 2009; Lee et al., 2009) and mammals (Kantidakis et al., 2010; Michels et al., 2010). Whereas mTOR and Raptor contribute to RNAPII transcription regulation of a number of genes in mammals (Cunningham et al., 2007; Chaveroux et al., 2013; Laribee, 2018), in budding yeast only the HMO1 gene is known to be directly activated by Tor1 (Panday et al., 2017). Hmo1 activates the transcription of genes regulated by TORC1, including RP, 5S and 35S genes (Gadal et al., 2002; Hall et al., 2006). Both Tor1 and Hmo1 bind to the HMO1 promoter, facilitating its transcription. After rapamycin treatment or DNA damage, Tor1 and Hmo1 are released, thus inhibiting transcription (Panday et al., 2017). Interestingly, promoter binding by the Tor1 kinase is a prerequisite for transcription inhibition, which suggests that Tor1 may phosphorylate a specific target to repress transcription in response to stress conditions. One of these targets might be Paf1C, whose activity is needed to attenuate RNAPI transcription after TORC1 inhibition (Zhang et al., 2010). Similarly, Ccr4 couples nutrient signaling through TORC1 with Rrn3-RNAPI transcription inhibition (Laribee et al., 2015). It would be reasonable to think that Tor1 kinases could also phosphorylate RNAPs, maybe common subunits, to coordinate and modulate their activities in response to environmental conditions.
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RNA polymerase (Pol) III transcribes small untranslated RNAs such as 5S ribosomal RNA, transfer RNAs, and U6 small nuclear RNA. Because of the functions of these RNAs, Pol III transcription is best known for its essential contribution to RNA maturation and translation. Surprisingly, it was discovered in the last decade that various inherited mutations in genes encoding nine distinct subunits of Pol III cause tissue-specific diseases rather than a general failure of all vital functions. Mutations in the POLR3A, POLR3C, POLR3E and POLR3F subunits are associated with susceptibility to varicella zoster virus-induced encephalitis and pneumonitis. In addition, an ever-increasing number of distinct mutations in the POLR3A, POLR3B, POLR1C and POLR3K subunits cause a spectrum of neurodegenerative diseases, which includes most notably hypomyelinating leukodystrophy. Furthermore, other rare diseases are also associated with mutations in genes encoding subunits of Pol III (POLR3H, POLR3GL) and the BRF1 component of the TFIIIB transcription initiation factor. Although the causal relationship between these mutations and disease development is widely accepted, the exact molecular mechanisms underlying disease pathogenesis remain enigmatic. Here, we review the current knowledge on the functional impact of specific mutations, possible Pol III-related disease-causing mechanisms, and animal models that may help to better understand the links between Pol III mutations and disease.
Keywords: RNA polymerase III (Pol III), Pol III-related hypomyelinating leukodystrophy (POLR3-HLD), innate immunity, neurodegenerative disease, Pol III subunits (POLR3A, POLR3B, POLR3C, POLR3E, POLR3F, POLR3GL, POLR3H, POLR3K, POLR1C)
INTRODUCTION
Transcription is essential to make genome-encoded information accessible, which is a basic condition for the creation of all life forms. It represents the first step in gene expression and is coordinated by regulatory mechanisms allowing cells to respond not only according to their own needs, but also, if necessary, to demands from neighboring cells or to differentiation programs.
Nuclear RNA polymerases are responsible for the transcription of genomic DNA into RNA. In eukaryotes, up to five different nuclear DNA-dependent RNA polymerases (Pol I-V) have been described, each of which transcribes specific groups of genes. RNA polymerases I to III are expressed by all eukaryotes. RNA polymerase (Pol) I transcribes the large ribosomal gene, which is present in up to several hundred copies within eukaryotic genomes. The resulting ribosomal (r)RNAs represent the major constituents of ribosomes (Khatter et al., 2017). Pol II is responsible for transcription of all protein-coding genes and is also involved in the expression of several non-coding RNAs (Roeder, 2019 and references therein). Pol III synthesizes a variety of small (<350 nt) and highly expressed RNAs (e.g. 5S rRNA, transfer RNA (tRNA), U6 RNA) that do not code for proteins (Dieci et al., 2007). RNA polymerases IV and V, which have been described exclusively in plants, are involved in RNA-dependent gene silencing (Zhou and Law, 2015). In terms of protein composition, Pol III is the most complex enzyme performing DNA-dependent transcription in eukaryotic cells. It is composed of 17 subunits (in contrast to 14 subunits in Pol I and 12 subunits in Pol II; Figure 1).
[image: Figure 1]FIGURE 1 | Subunits of human RNA polymerase III. Fourteen of the seventeen subunits of human Pol III are appropriately assigned. Subunits POLR2E, POLR2F and POLR2H are not displayed. The Figure is inspired by the structure of human Pol III published by Girbig et al. (2021) (PDB7AE3). The RPC4/RPC5 hetero-dimeric complex is required by termination/reinitiation. The RPC3/RPC6/RPC7 hetero-trimeric subcomplex is required for transcription initiation.
Here, we will review recent discoveries connecting Pol III (also referred to as POLR3) transcription to diseases. We will focus on mutations in genes encoding subunits of the Pol III transcription system that have been associated with microbial infections or with neurodegenerative diseases, including Pol III-related hypomyelinating leukodystrophy (POLR3-HLD). These mutations are also referred to as pathogenic variants in medical genetics. First, we will give an overview of the regulation of Pol III expression. Subsequently, we will review mutations in genes encoding Pol III subunits that were shown to be altered in disease and discuss potential underlying pathophysiological mechanisms that may depend on altered expression of Pol III transcripts. Finally, we will discuss the role of Pol III in innate immunity and related diseases.
TRANSCRIPTION BY RNA POLYMERASE III
The Pol III Promoter Types
Three main promoter types are employed by Pol III: types 1 and 2 have gene internal elements, while type 3 possesses regulatory elements in the 5′ region upstream of the transcriptional start site (TSS) (Figures 2A–C; reviewed in Dumay-Odelot et al. (2014)). The type 1 promoter, consisting of an A- and C-Box, is exclusively used by the 5S rRNA genes (Figure 2A). Expression of tRNA and the adenoviral VA1 and VA2 genes depends on type 2 promoters, which are comprised of A- and B-Boxes. Furthermore, type 2 promoters are encountered in short interspersed nuclear elements (SINEs) (Figure 2B). Type 3 promoters regulate transcription of the U6 small nuclear (sn) RNA, the H1 RNA component of RNase P, the RNA component of RNase MRP, Y RNAs and the 7SK RNA (Dieci et al., 2007; Figure 2C). The type 3 gene regulatory elements include a TATA-box, a proximal sequence element (PSE) and a distal sequence element (DSE), which are respectively located approximately 30, 50 and 200 nt upstream of the TSS. This promoter type emerged during evolution from single cell to multicellular eukaryotes and has been accompanied by the appearance of new transcription factors (Teichmann et al., 2010; Girbig et al., 2021). In addition, there are promoter variations, which are composed of combinations of regulatory elements from type 2 and 3 promoters, as well as of enhancer elements that are known from Pol II transcription. Such hybrid promoter-dependent genes include the selenocysteine tRNA gene (tRNASec), the Epstein Barr virus EBER gene, the 7SL RNA gene, vault RNA genes (Howe and Shu, 1989; Bredow et al., 1990a,b; Carbon and Krol, 1991; Kickhoefer et al., 2003) and the BC200 RNA gene (Khanam et al., 2007) (Figure 2D).
[image: Figure 2]FIGURE 2 | Promoters directing human RNA polymerase III transcription. Pol III type 1 and type 2 genes contain gene-internal promoter elements. (A) Type 1 gene transcription of 5S ribosomal (r)RNA is directed by A- and C-boxes that are located relative to the transcription start site (TSS) as indicated. These promoter elements are bound by TFIIIA, permitting the recruitment of TFIIIC and subsequently of TFIIIB-β (composed of TBP, BDP1 and BRF1), which altogether recruit Pol III. (B) Type 2 genes (tRNA genes, VA1, VA2, SINEs) contain A- and B-boxes as promoter elements at varying positions relative to the TSS. They are bound by TFIIIC, subsequently allowing recruitment of TFIIIB-β and in turn of Pol III. (C) Type 3 gene regulatory elements are entirely located upstream (5′) of the TSS. They are composed of a TATA-box at -30, as well as a proximal sequence element (PSE) and a distal sequence element (DSE) at variable distances with respect to the TSS, depending on the gene. Transcriptional activators (STAF/ZNF143; SNAPc/PTF) bind to the DSE and PSE, respectively, and regulate transcriptional activity. The TATA-box is the only promoter element required for directing Pol III to the TSS (Teichmann et al., 1997). It is bound by TFIIIB-α (composed of TBP, BDP1 and BRF2), which in turn recruits Pol III. (D) Hybrid promoter-directed transcription is regulated by gene-internal elements of type 2 promoters (A- and B-boxes) and additionally by gene regulatory elements upstream of the TSS. All these elements vary in their distance to the TSS depending on the gene. In the presence of the PSE (tRNASec gene), TFIIIB-α is recruited (not shown in the Figure). In the case of all other enhancer-activator combinations with gene-internal A- and B-boxes (EBER 1 and 2; 7SL; vault; BC1 and BC200), TFIIIB-β is recruited, allowing the subsequent recruitment of RNA polymerase III. For all promoter types, the stretch of T’s represents the transcription termination site. Arrows in panels C. and D. symbolize protein-protein-interactions that contribute to activation of Pol III transcription from these promoters. Promoter types were reviewed in Dumay-Odelot et al. (2014).
The Pol III Transcription Factors
Expression of genes regulated by intragenic promoters requires the six subunit transcription factor TFIIIC (type 1 and 2 promoters) and the transcription factor TFIIIA (type 1 promoter only) to recruit the transcription initiation factor TFIIIB-β (Figures 2A,B). The regulatory elements upstream of the TSS in type 3 and the promoter of the selenocysteine tRNA (tRNASec) gene are recognized by STAF/ZNF143 and OCT1 (DSE), as well as by SNAPc/PTF (PSE), which stimulate the recruitment of TFIIIB-α to the TSS, whereupon Pol III is recruited (reviewed in Schramm and Hernandez (2002), Dumay-Odelot et al. (2010); Figure 2C). TFIIIB-α is composed of the TATA-binding protein (TBP), the B double prime 1 (BDP1) component and the TFIIB-related factor 2 (BRF2), whereas TFIIIB-β contains the TFIIB-related factor 1 (BRF1) instead of BRF2 (Figure 2) (Teichmann and Seifart, 1995; Teichmann et al., 2000; Schramm et al., 2000; reviewed in Schramm and Hernandez (2002), Dumay-Odelot et al. (2010)). Hybrid promoters display gene-specific transcription factor requirements. While transcription of the 7SL and EBER genes is stimulated by binding of the Pol II transcriptional activator ATF upstream of the TATA-like box, activation of the tRNASec gene is dependent on transcription factors that recognize the PSE and DSE (SNAPc/PTF, STAF/ZNF143; Schaub et al., 2000; Figure 2D), which also regulate the transcription rate of type 3 promoters in multicellular organisms (Carbon and Krol, 1991; Meissner et al., 1994; reviewed in Dieci et al. (2007), Dumay-Odelot et al. (2010)). Furthermore, only the promoters that depend on a PSE and SNAPc/PTF transcription factors recruit the BRF2-containing TFIIIB-α transcription initiation factor, whereas other enhancer-activator combinations with gene-internal A- and B-Boxes result in the recruitment of the BRF1-containing TFIIIB-β.
Pol III Transcription: High Efficiency Through Compact Gene Organization
Human genes transcribed by Pol III are composed of maximally ∼300–350 nucleotides, with the longest RNAs generated by transcription of SINEs as well as of 7SK and 7SL genes. Functional elements required for regulating gene expression rate are all found within less than 500 base pairs relative to the TSS. In contrast, enhancer elements are often distributed over tens or hundreds of kilobases in the case of Pol II genes (reviewed in Dieci et al. (2007), Dumay-Odelot et al. (2014)). The Pol III gene regulatory elements include DNA sequences showing enhancer-like features to regulate transcription levels ([PSE]; [DSE]; B-box) and promoter elements (TATA-like box; A-box) that are required for positioning Pol III at the TSS. At the protein level, the functional entities for DNA recognition and polymerase recruitment described in the Pol II transcription system are also found in Pol III transcription. However, some of the functions performed by general transcription factors in the Pol II system appear to be fully integrated into the Pol III enzyme. Indeed, structural and/or functional similarities with Pol II transcription factors were identified in four of the 17 Pol III subunits. TFIIE-comparable structure-function modules were described in the POLR3C (RPC3) and POLR3F (RPC6) subunits (Lefevre et al., 2011; Blombach et al., 2015; Ramsay et al., 2020; Girbig et al., 2021; Li G. et al., 2021) and similarities to TFIIF were found in the POLR3D (RPC4) and POLR3E (RPC5) subunits (Ramsay et al., 2020; Li L. et al., 2021; Wang et al., 2021; Girbig et al., 2021 and references therein; Figure 1). The complex composition of Pol III by 17 subunits can probably be explained by the structure of the genes that are transcribed by this enzyme. These genes are short and often possess gene internal or hybrid promoters (type 1, type 2 without or with regulatory elements upstream the TSS; Figure 2), which are bound by TFIIIC. As a consequence, TFIIIC needs to be removed to allow for Pol III to progress through the gene during transcription. Additional transcription factors might complicate this task. Therefore, stable integration of TFIIE- and TFIIF-like activities into polymerase subunits may contribute to a highly efficient transcription mode deemed “facilitated reinitiation” (Dieci and Sentenac, 1996; Dieci et al., 2002; Ferrari et al., 2004).
Furthermore, activities attributed to either general transcription factors or transcriptional activators in the Pol II system were found in the same protein or protein complex in the Pol III transcription system. On the one hand, Xenopus laevis TFIIIA is indispensable to recognize the 5S type 1 promoter (A- and C-box; Figure 2A), which corresponds to a function attributed to a general transcription factor. On the other hand, it possesses a transcriptional activation domain that is not needed for promoter recognition but is essential for transcriptional activation. Without this 14-amino acid domain at the C-terminus of Xenopus laevis TFIIIA, 5S rRNA gene transcription is undetectable in vitro (Mao and Darby, 1993). Furthermore, it has been reported that the three most C-terminal of the nine TFIIIA zinc fingers also exert a higher influence on transcription rate than on promoter recognition (Del Rio and Setzer, 1993).
The functions of TFIIIC in promoter recognition and transcriptional activation can also be separated. In the yeast Saccharomyces cerevisiae, the type 2 promoter of the U6 gene is localized partly within the transcribed region and partly downstream of the RNA coding sequence. The intragenic A-box is involved in start site selection along with the TATA box, whereas the B-box is required downstream of the transcription termination site for transcriptional activation in vivo. Importantly, the orientation of the B-box is irrelevant for transcriptional activation, demonstrating characteristics of a typical enhancer element (Gabrielsen and Sentenac, 1991; Burnol et al., 1993). Since S. cerevisiae TFIIIC is composed of two submodules, τA and τB, which bind to A-Box and B-Box, respectively, general transcription factor activity can be assigned to τA and activator-like functions to τB (Baker et al., 1987; Vorländer et al., 2020). It has not been determined whether this separation of transcriptional activities also holds true for TFIIIC in higher eukaryotes.
In summary, it should be noted that the compact Pol III transcription system combines within the same proteins or protein complexes the functions that are either attributed to transcriptional activators or to general transcription factors in the Pol II system. In addition, functions of some general Pol II transcription factors have been intrinsically integrated into Pol III.
The compact organization of Pol III genes and their requirement for a small number of regulatory DNA elements, the limited number of Pol III transcription factors as well as the major functions that were described for the most prominent Pol III-transcribed RNAs (tRNAs and 5S rRNA in translation; U6 snRNA in mRNA splicing) led to the suggestion that Pol III transcription fulfills primarily housekeeping functions in cells. These housekeeping functions supporting RNAs are thought to be essential for cell survival, but it was long assumed that their expression did not require any regulation since they are thought to be provided in excess compared to the needs of cells (reviewed in Dieci et al. (2007)). The identification of mutations in genes encoding Pol III subunits that lead to the development of hypomorphic diseases, including neurodegenerative disorders, could be considered to result from a failure of these housekeeping functions. Alternatively, it could indicate that Pol III transcription or its RNA products require cell type-specific regulation, which could explain why cells of the central nervous system are more vulnerable than other cells in the body to a loss of homeostasis upon Pol III mutations.
In addition to housekeeping functions, several discoveries unraveled central roles of Pol III in regulatory rather than simply supportive cellular functions. It has become clear that Pol III transcription cannot be separated from the regulation of hypermorphic processes such as tumorigenesis (not discussed here but exemplified or reviewed in White (2008), Pavon-Eternod et al. (2009), Dumay-Odelot et al. (2010), Goodarzi et al. (2016), Durrieu-Gaillard et al. (2018), Gouge and Vannini (2018), Petrie et al. (2019), Yang et al. (2020), Yeganeh and Hernandez (2020)). Moreover, Pol III transcription is an integral part of innate immune defense mechanisms (Carter-Timofte et al., 2018b).
RNA POLYMERASE III AND DISEASES
Hypomyelinating Leukodystrophy and Related Disorders
Biallelic pathogenic variants in genes encoding Pol III subunits cause a wide spectrum of neurodegenerative disorders.
Within the past decade, it was discovered that biallelic pathogenic variants in six genes encoding subunits of Pol III cause a spectrum of rare inherited disorders (Bernard et al., 2011; Saitsu et al., 2011; Tetreault et al., 2011; Thiffault et al., 2015; Dorboz et al., 2018; Franca et al., 2019; Beauregard-Lacroix et al., 2020; Terhal et al., 2020). The hypomyelinating leukodystrophy (HLD) called 4H leukodystrophy was the first and most commonly identified disease associated with Pol III dysfunction. Since then, the phenotypic spectrum has continued to widen to include both milder and more severe neurodegenerative diseases, as well as rare forms of premature aging or impaired puberty, and gave rise to the name POLR3-related disorders. In this section, we will first describe the major clinical and genetic characteristics of each disease entity within this spectrum. Next, we will review the current state of knowledge on the possible pathogenic mechanisms underlying these diseases. It is important to note that the phenotypic heterogeneity of POLR3-related disorders suggests that several distinct disease mechanisms are likely responsible for different clinical manifestations, perhaps by affecting different functional domains of the enzyme and/or in a cell-type specific manner.
Leukodystrophies are a group of genetically determined diseases of the cerebral white matter (Vanderver et al., 2015; van der Knaap and Bugiani, 2017). They are divided according to their Magnetic Resonance Imaging (MRI) characteristics and whether the pathophysiological mechanism is thought to be a lack of myelin deposition during development (hypomyelinating) or alteration of myelin homeostasis (i.e. demyelination or other mechanisms) (Schiffmann and van der Knaap, 2009; Steenweg et al., 2010; Parikh et al., 2015). POLR3-HLD is now recognized as one of the most common hypomyelinating leukodystrophies (Schmidt et al., 2020). It is also referred to as 4H leukodystrophy, where the 4Hs represent the cardinal clinical features: Hypomyelination, Hypodontia and Hypogonadotropic Hypogonadism (Bernard and Vanderver, 1993; Vanderver et al., 2015). Clinical manifestations and anatomical structures involved in POLR3-HLD are shown and described in Table 1 and Figure 3. From 2003 until 2011, before the discovery of the first causal genes, five distinct disorders were described that are now recognized as phenotypes of POLR3-HLD: leukodystrophy with oligodontia (Atrouni et al., 2003), 4H syndrome (Timmons et al., 2006), ataxia, delayed dentition and hypomyelination (Wolf et al., 2007), hypomyelination with cerebellar atrophy and hypoplasia of the corpus callosum (Sasaki et al., 2009), and tremor ataxia with central hypomyelination (Bernard et al., 2010; Tétreault et al., 2012).
TABLE 1 | Description of the main clinical manifestations observed in POLR3-related disorders and anatomical structures involved.
[image: Table 1][image: Figure 3]FIGURE 3 | Neuro-anatomical structures affected or for which myelination is preserved in POLR3-related disorders. (A) Schematic of a sagittal view of the human brain. Structures involved/preserved in POLR3-HLD are depicted in distinct colours and labeled with a number. On the right side, the names of anatomical structures corresponding to each number are shown in the same colour as the structure, followed by a description of how the structure is affected/preserved in POLR3-HLD. (B) Schematic of a coronal view of the human brain. Structures involved/preserved in the striatal variant of POLR3-related disorders (caudate and putamen) or in POLR3-HLD (other structures) are shown in distinct colours and labeled with a number. The legend on the right side follows the same description as in (A). White matter (in white on the brain schematic) is indicated by an arrow. Corticospinal tracts are displayed as brown dashed lines. The figure was adapted from images available on https://smart.servier.com.
Our group and others identified the first and most commonly mutated genes in POLR3-HLD, POLR3A and POLR3B (Bernard et al., 2011; Saitsu et al., 2011; Tétreault et al., 2011; Daoud et al., 2013). We later described a third, less commonly mutated gene, POLR1C (Thiffault et al., 2015), and also POLR3K as a fourth and rare causal gene (Dorboz et al., 2018). Patients with POLR3-HLD typically present in early childhood with motor delay or regression (Vanderver et al., 2013). POLR3-HLD primarily affects the central nervous system (CNS). The predominant neurological features are cerebellar (i.e. gait ataxia, dysmetria, dysarthria), followed by pyramidal (i.e. spasticity, brisk reflexes, etc., often affecting predominantly the lower extremities), extrapyramidal (especially dystonia) (Osterman et al., 2012; Al Yazidi et al., 2019) and cognitive (i.e. intellectual disability and/or cognitive regression) features (Wolf et al., 2014a; Gauquelin et al., 2019). The disease is progressive or neurodegenerative, resulting in progressive motor impairment leading to loss of ambulation, progressive dysarthria leading to loss of speech, progressive dysphagia leading to tube feeding dependency and eventually to premature death. Non-neurological features are typically but not universally present (Wolf et al., 2014a; Gauquelin et al., 2019) and include myopia, typically progressive over several years, dental abnormalities (e.g. hypodontia, oligodontia, delayed or abnormal pattern of tooth eruption, natal tooth/teeth, etc.) (Wolff et al., 2010) and endocrine abnormalities, typically but not exclusively, hypogonadotropic hypogonadism leading to arrested or absence of puberty (Potic et al., 2012, 2015; Pelletier et al., 2021). The MRI of patients with a typical POLR3-HLD is characterized by a specific and recognizable pattern of hypomyelination (Schiffmann and van der Knaap, 2009; Steenweg et al., 2010), with relative preservation of the myelination of certain structures (i.e. dentate nucleus, optic radiations, anterolateral nucleus of the thalamus, globus pallidus, and in some cases, of the corticospinal tracts at the level of the posterior limb of the internal capsule), as shown in Figure 3. Atrophy of the cerebellum and thinning of the corpus callosum are commonly seen (Steenweg et al., 2010; La Piana et al., 2014; Wolf et al., 2014a) (Figure 3). Patients with POLR3-HLD require multidisciplinary care for their complex medical needs (Adang et al., 2017).
Although POLR3-HLD is the most common form of POLR3-related disorders, there is a spectrum of several disease entities caused by mutations in genes encoding Pol III subunits. At the most severe end of the spectrum are patients with a specific combination of POLR3A variants, leading to the severe striatal variant, which is clinically and radiologically distinct from the typical POLR3-HLD, with prominent involvement of the basal ganglia (Figure 3). These patients present at 2–3 months of life with developmental delay and regression and severe dysphagia (Perrier et al., 2020a; Harting et al., 2020; Hiraide et al., 2020). They develop respiratory failure and a significant proportion of them become bedridden and/or die during early childhood.
Another form of POLR3-related disorder is the Wiedemann-Rautenstrauch syndrome (WRS), caused by specific combinations of POLR3A mutations (Jay et al., 2016; Paolacci et al., 2018; Wambach et al., 2018). These patients present intrauterine growth retardation and post-natal failure to thrive, together with a progeroid appearance. They also typically have a triangular face, convex or pinched nose, a small mouth, sparse hair and lipodystrophy. Their fontanelles may be enlarged and pseudohydrocephalus with prominent scalp veins may be observed. Dental abnormalities reminiscent of POLR3-HLD can be seen, including natal tooth/teeth. Some of these patients have both WRS and POLR3-HLD.
At the other end of the spectrum are mild presentations. This category includes patients homozygous for the common POLR3B mutation c.1568T>A (p.Val523Glu), who may remain asymptomatic or paucisymptomatic until adulthood and even late adulthood (DeGasperis et al., 2020; Perrier et al., 2020a; Verberne et al., 2020; Wolf et al., 2014a). Also in this category are the patients with the mild striatal variant, without hypomyelination but with basal ganglia involvement on the brain MRI (Figure 3), who carry a very specific combination of POLR3A splice site variants (Azmanov et al., 2016). Another group presenting a milder presentation include patients with spastic ataxia and spastic paraparesis without hypomyelination (La Piana et al., 2016; Minnerop et al., 2017; Gauquelin et al., 2018; Rydning et al., 2019). Some patients with biallelic pathogenic variants in POLR3B can present mainly or uniquely with endocrine manifestations (Richards et al., 2017). Patients with mutations in POLR3B can present with cerebellar involvement and the bone manifestation of endosteal sclerosis (Ghoumid et al., 2017). Most recently, specific de novo pathogenic variants in POLR3B have been associated with ataxia, spasticity and demyelinating neuropathy without CNS hypomyelination (Djordjevic et al., 2021). Patients with biallelic variants in POLR3GL can present with endosteal hyperostosis and oligodontia (Terhal et al., 2020) or WRS (Beauregard-Lacroix et al., 2020). Finally, a homozygous variant in POLR3H has been associated with primary ovarian insufficiency (Franca et al., 2019).
Interestingly, although not technically a part of POLR3-related disorders, mutations in BRF1, encoding a subunit of the Pol III transcription factor TFIIIB-β, cause a cerebellar-facial-dental syndrome with clinical overlap with POLR3-related disorders (Borck et al., 2015; Jee et al., 2017), emphasizing the vulnerability of these tissues to Pol III dysfunction.
Although POLR3-related disorders, and more specifically POLR3-HLD, have been extensively characterized at the clinical and genetic levels, the functional consequences of the various mutations in genes encoding Pol III subunits are not well understood. To this date, no curative treatment is available and supportive care is the standard. Understanding the pathophysiology of these diseases will be key in order to develop therapies that can be tested in the pre-clinical setting and eventually translated to the clinic (Perrier et al., 2020b). Specifically, it remains enigmatic how mutations in a ubiquitously expressed and essential enzyme such as Pol III lead to disorders with clinical features that are largely restricted to the CNS and a few other tissues, all of which originate from neural crest cells. The pathophysiological mechanisms underlying such a wide spectrum of phenotypes are also unclear. Importantly, depending on the phenotype, different CNS cell types are affected, including oligodendrocytes, the cells that produce myelin, several populations of neurons, and/or their respective progenitor cells (Figure 3 and Table 1). Hypomyelination in POLR3-HLD is thought to result from oligodendrocyte dysfunction, but cerebellar atrophy indicative of cerebellar neuron involvement is also observed (Vanderver et al., 2013; Wolf et al., 2014b). The other neurodegenerative phenotypes are postulated to result from abnormalities of cerebellar neurons (spastic ataxia) or of the basal ganglia, or brain atrophy (striatal variants) (Minnerop et al., 2017; Perrier et al., 2020a). Thus, identifying one unified disease mechanism for all POLR3-related disorders is not expected. Instead, distinct cell types may be differently affected by Pol III dysfunction, leading to a mechanistic diversity that would reflect the genetic and phenotypic heterogeneity of POLR3-related disorders.
There are two main pathophysiological hypotheses in the field, which are not mutually exclusive (Figure 4). Specifically for hypomyelination in POLR3-HLD, the first hypothesis states that hypofunctional Pol III, secondary to mutations in genes encoding Pol III subunits, leads to reduced levels of tRNA (either globally or of specific anticodons or isodecoders) and/or other small non-coding RNA (ncRNA) important for translation in a critical developmental period such as myelination. Since most of the myelination process occurs in a relatively short period of time, i.e. in the first 2 years of life in humans, it is thought that oligodendrocytes, the cells responsible for myelin production in the CNS, are more susceptible to a hypofunctional Pol III or reduced translation capacity due to the high metabolic requirements of producing myelin. Indeed, oligodendrocytes must produce a large amount of lipids and myelin-specific proteins to deposit on axons during myelination (Pfeiffer et al., 1993; Anitei and Pfeiffer, 2006). A hypomorphic Pol III would therefore impair global protein production during this critical developmental window leading to improper formation of myelin, ultimately causing the hypomyelination phenotype (Lin and Popko, 2009; Fröhlich et al., 2018; Torrent et al., 2018). This hypothesis is supported by the recent description of several hypomyelinating disorders caused by mutations in genes important for protein translation such as those encoding for tRNA-aminoacyl synthetases, including DARS1, EPRS1 and RARS1, amongst others (Taft et al., 2013; Wolf et al., 2014a; Mendes et al., 2018, 2020). This raises the possibility that certain codons are particularly important for proper CNS function, and that reduced availability of the corresponding aminoacyl-tRNA through Pol III or tRNA-synthetase mutations is particularly detrimental to the CNS. Moreover, the CNS may have a lower threshold than other tissues for tolerating hypofunction of these enzymes. Another supportive element is that the brain MRI of patients with hypomyelination that carry mutations in genes encoding Pol III subunits show an arrested myelination, with myelination of the early myelinating structures, which are the smallest in size, but not the rest of the brain, suggesting that myelination began properly but could not be completed, perhaps due to impaired protein synthesis.
[image: Figure 4]FIGURE 4 | Schematic representing possible mechanisms underlying POLR3-HLD. In wild-type conditions (healthy individuals), Pol III synthesizes small ncRNAs that play essential roles in housekeeping processes such as translation and co-translational targeting of nascent peptides, which are necessary for the production of myelin. In individuals with POLR3-HLD, it is hypothesized that mutations in Pol III subunits (POLR3A, POLR3B, POLR1C or POLR3K) result in reduced Pol III transcription and decreased levels of Pol III transcripts. The “tRNA-centric” hypothesis postulates that lower levels of tRNAs (either globally, for specific anticodons or for specific isodecoders) will impact translation and synthesis of proteins that are essential for myelination. Alternatively or in addition, reduced levels of other Pol III transcripts may contribute to POLR3-HLD pathogenesis through suboptimal performance of their respective functions that will particularly affect oligodendrocytes and/or neurons. An example is shown for 7SL RNA, where reduced levels of this ncRNA could impair translocation of secreted or transmembrane proteins to the ER, which could impact production of myelin. The schematic of the neuron was adapted from images available on https://smart.servier.com.
The second hypothesis, which can be generalized to all POLR3-related disorders, states that Pol III hypofunction leads to decreased levels of specific Pol III transcripts involved in transcription, RNA processing and/or translation, which preferentially perturbs the expression and/or translation of mRNAs that are essential for the development, survival and function of oligodendrocytes and/or neurons (Tétreault et al., 2011; Thiffault et al., 2015; Azmanov et al., 2016; Minnerop et al., 2017; Choquet et al., 2019a). An example of this hypothesis is shown in Figure 4 for 7SL RNA, but it can be extended to any Pol III transcript and their specific function. These two non-mutually exclusive hypotheses may both contribute to the distinct phenotypes observed in POLR3-related disorders, with perturbation of different Pol III transcripts and their downstream functions having cell type- or temporal-specific effects.
Recent efforts to better understand the pathophysiological mechanisms of POLR3-related disorders have focused on three main areas: the impact of Pol III subunit mutations on biogenesis of the Pol III complex; the downstream consequences of mutations on the Pol III transcriptome; and the development of animal models of the disease.
Impact of Pol III Subunit Mutations on Enzyme Biogenesis
The recessive mode of inheritance and the nature of most disease-causing mutations (missense, splice site, truncating) in genes encoding Pol III subunits suggests a hypomorphic disease mechanism, either through decreased protein abundance or because of abnormal interactions of the mutated subunit with other subunits, with DNA or with RNA (Bernard et al., 2011). Given the genetic and phenotypic heterogeneity of POLR3-related disorders, distinct mutations may have different effects on mRNA or protein stability or on Pol III function itself, leading to different phenotypes or modulating disease severity. Decreased levels of mRNA or protein encoded by the mutated gene have been observed in fibroblasts, blood, white matter or cortex of individuals with POLR3A or POLR3GL mutations (Bernard et al., 2011; Azmanov et al., 2016; Minnerop et al., 2017; Perrier et al., 2020a; Báez-Becerra et al., 2020; Beauregard-Lacroix et al., 2020), the majority of which carried a truncating mutation on one allele. While mRNA or protein levels have not been examined extensively in individuals with missense mutations, two reports suggest that they are not always altered. First, mice homozygous for the Polr3a c.2015G>A (p.Gly672Glu) mutation had normal POLR3A protein levels (Choquet et al., 2017). Second, POLR3K mRNA levels were unchanged in individuals carrying missense mutations in this gene (Dorboz et al., 2018).
Missense mutations in POLR3A, POLR3B and POLR1C causing POLR3-HLD are located throughout the three genes without clear hotspots (Wolf et al., 2014a; Gauquelin et al., 2019; Ramsay et al., 2020; Li G. et al., 2021; Girbig et al., 2021) and affect most major structural regions (Arimbasseri and Maraia, 2016). Prior to the publication of the first Pol III yeast structures (Abascal-Palacios et al., 2018; Vorländer et al., 2018), the potential impact of POLR3A and POLR3B HLD mutations was predicted in silico by extrapolating them onto the yeast Pol II structure. This suggested that most of these amino acid changes would impair the interaction with other Pol III subunits or with the DNA template (Bernard et al., 2011; Saitsu et al., 2011; Tétreault et al., 2011; Wolf et al., 2014a). Similarly, the only reported POLR3K mutation was predicted using the yeast Pol III structure to decrease protein stability and to impair the interaction between POLR3K and POLR3B (Dorboz et al., 2018). Recently, the tridimensional structure of the human Pol III was resolved by cryogenic electron microscopy (Ramsay et al., 2020; Li L. et al., 2021; Girbig et al., 2021; Wang et al., 2021). First, Ramsay et al., mapped 47 POLR3-HLD mutations in POLR3A, POLR3B and POLR1C onto the Pol III structure, which revealed that they cluster in regions at the interface of several subunits and are predicted to disrupt these interfaces, consistent with the earlier predictions made using the yeast Pol II structure. Second, Girbig et al., investigated 110 point mutations found in patients with POLR3-related disorders and classified them into four types, showing that the majority of POLR3-HLD mutations are predicted to disturb the core of a given subunit (Type I) or are located at the interface between subunits and have the potential to impair complex assembly (Type III), while a smaller number affect functional elements such as the bridge helix or the trigger loop (Type II). Li et al., mapped several mutations in Treacher Collins syndrome (TCS), WRS and POLR3-HLD. They suggest that these mutations may impair complex integrity or enzymatic activity.
In addition to these in silico predictions, the effect of some mutations on Pol III complex assembly has been assessed experimentally (Thiffault et al., 2015; Choquet et al., 2017, 2019a, 2019b; Djordjevic et al., 2021). In this series of experiments, the wild-type or mutated Pol III subunit of interest was exogenously expressed with a FLAG tag, allowing subsequent affinity purification and shotgun proteomics to identify interacting partners. The first such study focused on POLR1C and demonstrated that two HLD-causing mutant versions of this subunit (Asn32Ile and Asn74Ser) pulled down significantly lower levels of other Pol III subunits compared to the wild-type subunit, indicating a defect in Pol III complex assembly (Thiffault et al., 2015). This was supported by immunofluorescence data showing that while wild-type POLR1C was predominantly present in the nucleus, mutated POLR1C variants tended to accumulate in the cytoplasm, where Pol III biogenesis takes place. Consistent with these results, mapping of these residues onto the human Pol III structures suggested a function in mediating interactions with POLR3A and POLR3B (Ramsay et al., 2020; Figure 5) and postulated that they would impair complex assembly (Girbig et al., 2021). Only one POLR3-HLD-causing POLR3B mutation (Arg103His; Figure 6) was assayed in a similar manner and was also found to severely impair Pol III complex assembly (Choquet et al., 2019b), while it was predicted to disrupt the core of the subunit in structural studies (Girbig et al., 2021). In contrast, two POLR3A mutations, Gly672Glu and Met852Val (Figure 6), had no impact on Pol III biogenesis using the same assay (Choquet et al., 2017; 2019a), although they were predicted to impact assembly with POLR2H and to destabilize the POLR3A/POLR3B interface, respectively, in one Pol III structural study (Ramsay et al., 2020), while they were classified as disrupting the core of the subunit and impacting functional elements, respectively, in the second structural study (Girbig et al., 2021). Indeed, POLR3A Met852Val is localized in the vicinity of the bridge helix (Figure 6), so it could impair interaction with DNA or transcription itself rather than enzyme assembly (Bernard et al., 2011). Moreover, it is worth noting that POLR3A Gly672Glu can cause a relatively mild phenotype in human individuals (Bernard et al., 2011; Wolf et al., 2014a) and does not lead to neurological abnormalities in mice (Choquet et al., 2017) (see below), which may be due in part to the correct biogenesis and nuclear import of Pol III when this mutation is present.
[image: Figure 5]FIGURE 5 | Localization of POLR1C Asn32Ile and Asn74Ser mutations that are associated with POLR3-HLD. Amino acids in POLR1C which cause an assembly defect in Pol III (Thiffault et al., 2015) upon mutation are shown in red (POLR1C Asn32) and in ochre (POLR1C Asn74). They are localized at the interface with Pol III subunits POLR3A (green) and POLR3B (turquoise). The remainder of POLR1C is colored in pink. The Figure was modified from PDB 7AE3 by employing Pymol.
[image: Figure 6]FIGURE 6 | Localization of POLR3A Met852Val and POLR3B Arg103His mutations relative to the active site. POLR3A is shown in green and POLR3B in turquoise. Pol III mutations described in the text that are found close to the active site and which may thus affect catalytic activity are depicted. Methionine 852 of POLR3A as part of the bridge helix is highlighted as a sphere in yellow. Arginine 103 of POLR3B is highlighted as a sphere in magenta. RNA is shown in red and DNA in blue. The Mg2+ ion of the active site is shown as a sphere in light orange. The Figure was modified from PDB 7AE3 by employing Pymol.
Using the same experimental system, recently described POLR3B de novo heterozygous mutations, which cause a distinct phenotype and are thought to act through a dominant negative mechanism, were found to disrupt the interaction of POLR3B with only one or two Pol III subunits instead of causing an assembly defect of the entire complex (Djordjevic et al., 2021), as was seen for the POLR1C and POLR3B mutations above. Mapping of these mutations onto the yeast Pol III structure suggests that they are involved in DNA melting or transcription itself (Djordjevic et al., 2021). This indicates that the structural and mechanistic impact of various Pol III pathogenic variants may underlie some of the phenotypic differences observed in patients.
Impact of Pol III Subunit Mutations on the Pol III Transcriptome
Decreased protein abundance, defective Pol III biogenesis and nuclear import or impaired interaction with DNA are all hypothesized to lead to the common outcome of reduced Pol III transcriptional output (Figure 4), resulting in some shared clinical symptoms despite differences in the structural and mechanistic consequences of the mutations. Nonetheless, Pol III transcript deficiencies may be different across cell types or as a consequence of different mutations, thus underlying some of the observed phenotypic heterogeneity. Indeed, expression profiling of the Pol III transcriptome in patient cells or disease models by several groups has revealed a complex picture.
As quantification of most Pol III transcripts is challenging due to their small size, post-transcriptional modifications and repetitive nature, measurement of Pol III occupancy on DNA has often been used as a proxy for Pol III transcription levels (Kutter et al., 2011; Canella et al., 2012). ChIP-seq of FLAG-tagged mutated versions of POLR1C showed a global decreased occupancy at all types of Pol III target promoters, consistent with the low nuclear levels of these POLR1C variants (Thiffault et al., 2015). In contrast, no significant differences in Pol III occupancy were observed by ChIP-qPCR of three Pol III-transcribed loci with exogenous POLR3A-Gly672Glu (Choquet et al., 2017) or by ChIP-seq in cell lines carrying an endogenous POLR3A Met852Val mutation (Choquet et al., 2019a), suggesting that these POLR3-HLD-causing mutations may directly impact transcription itself rather than Pol III binding to DNA.
While several recent studies have reported decreased levels of some Pol III transcripts as a result of disease-causing mutations, the identity of these transcripts varies from one study to another (Azmanov et al., 2016; Dorboz et al., 2018; Choquet et al., 2019a). Azmanov et al. (2016) were the first to perform a transcriptome-wide characterization of blood cells from patients with the mild striatal variant of POLR3-related disorders and a specific homozygous splice site mutation (c.1771-6C>G) in POLR3A. They observed a global but mild decrease in mature tRNA levels, with only seven tRNAs reaching statistical significance, a reduction in 7SL RNA levels and an increase in the levels of 5S rRNA, RNase P RNA (H1), 7SK RNA and RNase MRP RNA (Azmanov et al., 2016). In a second study, targeted analysis of fibroblasts from two HLD patients carrying POLR3K mutations found decreased levels of initiator tRNAMet but no change for three other tRNAs, as well as reduced expression of 7SK RNA and a more severe decrease of 7SL and 5S rRNA levels (Dorboz et al., 2018). Third, CRISPR-Cas9 was used to introduce an endogenous HLD POLR3A Met852Val mutation in HEK293 cells in compound heterozygosity with a null allele. Transcriptome-wide analysis uncovered a global decrease in precursor tRNA levels, 7SL RNA and the primate-specific neural BC200 RNA, while other transcripts were not affected (Choquet et al., 2019a). BC200 RNA was also downregulated in the oligodendroglial cell line MO3.13 edited with the same genotype and in two small cohorts of HLD patient-derived fibroblasts carrying POLR3A mutations (individual mutations listed in Table S5 of Choquet et al., 2019a). The levels of this RNA were not assessed in the two aforementioned studies (Azmanov et al., 2016; Dorboz et al., 2018). Lastly, qRT-PCR analysis of fibroblasts from a WRS patient showed an increase of tRNA-Leu-CAA, a decrease in 7SK RNA and a virtual absence of 5S rRNA (Báez-Becerra et al., 2020).
These four datasets present important differences in terms of pathogenic variants, nature of the variants, associated phenotypes, cell types assayed and experimental approaches, thus it is not surprising that the affected transcripts vary. Nonetheless, some common trends are starting to emerge. Among disorders with predominant CNS manifestations (mild striatal phenotype or HLD) (Azmanov et al., 2016; Dorboz et al., 2018; Choquet et al., 2019a), 7SL RNA stands out as possibly the most commonly affected transcript. However, an earlier report observed that this transcript had comparable levels in fibroblasts from one POLR3-HLD patient and a healthy control (Shimojima et al., 2014). A subset of tRNAs were also downregulated in each of the three studies, including a common decrease in the initiator tRNAMet levels, which reached statistical significance in two out of three datasets. In the study using POLR3A-edited cell lines and two small patient cohorts, BC200 RNA also emerged as a downregulated Pol III transcript.
7SL and BC200 are both transcribed through a hybrid Pol III promoter (Figure 2D), while tRNA genes use a standard type 2 promoter (Figure 2B) (Choquet et al., 2019a). In contrast, the two downregulated transcripts in the WRS patient, 5S rRNA and 7SK RNA, are transcribed through type 1 and 3 promoters, respectively (Báez-Becerra et al., 2020; Figures 2A,C). It is tempting to hypothesize that alterations in the levels of distinct Pol III transcripts or promoter types may be responsible for different phenotypes. However, in fibroblasts from two patients with POLR3K HLD-causing mutations (Dorboz et al., 2018), 5S rRNA levels were decreased in both patients and 7SK levels were diminished in one patient, suggesting a more complex picture. Indeed, mutations in BRF1, encoding a subunit of the transcription factor TFIIIB-β specific to Pol III type 1 and type 2, as well as some hybrid promoters, cause a cerebellar-facial-dental syndrome. Analysis of the corresponding mutations in yeast showed impaired Pol III transcription of a tRNA gene in vitro (Borck et al., 2015). This disorder overlaps phenotypically with POLR3-related disorders but does not include hypomyelination (Borck et al., 2015; Jee et al., 2017). Together with alterations of tRNAs and 7SL RNA in the mild striatal variant (Azmanov et al., 2016), this argues against the hypothesis that perturbation of the transcription of type 2 or hybrid Pol III target genes specifically leads to myelination defects. Furthermore, as type 2 target genes, especially tRNA genes, far outnumber those with type 1 or 3 target genes, it is not unexpected that the most affected genes in these studies would belong to the former group.
Nonetheless, these gene expression studies emphasize that Pol III transcript levels are remarkably resistant to genetic perturbations in the enzyme, since only a proportion of Pol III transcripts are affected, while many show no change. Importantly, the majority of these datasets were obtained from cell types that are not affected in POLR3-related disorders. Pol III mutations may have a much stronger impact on the transcriptome of affected cell types. Consistent with this idea, the c.1909+22G>A mutation that is common in POLR3-related spastic ataxia results in an aberrant POLR3A splice isoform that is present at higher levels in neuroepithelial cells compared to induced pluripotent stem cells (iPSCs) (Minnerop et al., 2017). Although the Pol III transcriptome was not profiled in these cells, it would be interesting to determine if a higher ratio of aberrantly spliced to wild-type isoform results in stronger alterations of Pol III transcript levels.
The top down-regulated transcripts, 7SL RNA, tRNAs and BC200 RNA, are all involved in mRNA translation and protein homeostasis (Dieci et al., 2007). Quantitative proteomics in POLR3A-edited MO3.13 cells uncovered only a small number of deregulated proteins compared to normal cells (Choquet et al., 2019a). However, since this oligodendroglial cell line was established from a tumor (McLaurin et al., 1995), similar experiments in oligodendrocyte precursor cells (OPCs) derived from human iPSCs or in mouse OPCs, along with ribosome profiling or analysis of nascent proteins, would allow to better determine how translation is impacted upon POLR3A mutations in oligodendrocytes. Nevertheless, these cells showed decreased expression of Myelin Basic Protein (MBP) mRNA upon differentiation into more mature oligodendroglial cells, indicating that the mild Pol III transcriptome alterations may be sufficient to alter oligodendrocyte differentiation and/or MBP expression (Choquet et al., 2019a). The observation of nucleolar disruption, activation of p53 and premature senescence in WRS fibroblasts (Báez-Becerra et al., 2020) suggests an alternative mechanism for the pathophysiology of this progeroid syndrome that could be associated with the near absence of rRNAs.
Future research will require larger cohorts from each disease entity within POLR3-related disorders to determine which specific Pol III transcripts are affected and to pinpoint phenotype- and cell-type specific disease mechanisms. Moreover, in order to better understand the pathophysiology of POLR3-related disorders in the relevant cell types, animal models of the diseases are required.
Development of Animal Models of POLR3-Related Disorders
Initial efforts to generate an animal model of POLR3-HLD were not successful. Homozygous knockout of Polr3a in mice is embryonic lethal (Choquet et al., 2017), but whole body knock-in (KI) of the French-Canadian founder mutation Polr3a c.2015G>A (p.Gly672Glu) did not lead to any neurological or developmental abnormalities in homozygous animals (Choquet et al., 2017). Pol III transcript levels were also normal in the brain of these KI mice. In contrast, homozygosity for the Polr3b c.308G>A (p.Arg103His) mutation, which has only been reported in compound heterozygosity with another missense mutation in humans, is embryonic lethal in mice (Choquet et al., 2019b). Interestingly, the drastically different impacts of these two mutations in mice are consistent with the severity of their effect on Pol III biogenesis in human cells (see above) (Choquet et al., 2017; 2019b).
As the POLR3A Gly672Glu mutation leads to disease in humans but not in mice, this could suggest that the latter species is less vulnerable to Pol III mutations or that primate-specific transcripts, such as BC200 RNA, are involved in the pathogenesis of the disease (Choquet et al., 2017). This is also consistent with the observation that mouse models for leukodystrophies tend to have a milder phenotype (Lu et al., 1997; Pujol et al., 2002; Odermatt et al., 2003; Geva et al., 2010; Tress et al., 2011; Fröhlich et al., 2020), which may be due to the lower amount of myelin in mouse brains compared to humans (Fields, 2008; Jakovcevski et al., 2009; Ornelas et al., 2016; Choquet et al., 2017). Thus, two strategies have been attempted to increase the Pol III mutational burden in the hopes that it would lead to a phenotype in mice. First, Polr3aG672/G672E and Polr3b+/R103H were interbred to generate mice with a homozygous mutation in Polr3a and a heterozygous mutation in Polr3b. However, these mice did not display neurological abnormalities or alterations in Pol III transcript levels (Choquet et al., 2019b).
The second approach was more successful and generated the first mouse model demonstrating hypomyelination as seen in POLR3-HLD, but with a very mild phenotype and absent motor features (pre-print on https://www.biorxiv.org/content/10.1101/2020.12.09.418657v2, currently under peer review at the time this manuscript is written) (Merheb et al., 2021). To achieve this, the Willis laboratory first screened a panel of POLR3A HLD mutations by introducing them in the S. cerevisiae orthologous gene, Rpc160, focusing on a cluster of mutations in the pore region of Pol III, which included Gly672Glu (Moir et al., 2021). Double mutants were also generated by combining Gly686Glu (corresponding to Gly672Glu in humans) with every other mutation in the pore region. Individually, none of these mutations impaired growth, Pol III transcription or mature Pol III transcript levels in S. cerevisiae. However, the double mutants displayed phenotypes ranging from wild type to lethal as well as various sensitivity levels to high or cold temperatures. The authors focused on one double mutant carrying the adjacent Tyr685Lys and Gly686Glu mutations, which had an intermediate growth defect and displayed temperature sensitivity. They observed decreased levels of a subset of Pol III transcripts in this mutant (RNAse P RNA [RPR1] and small nucleolar RNA 52 [SNR52]), while other RNAs, notably those encoding 7SL RNA and 5S rRNAs, were not affected. In vitro transcription experiments demonstrated a defect in both factor-independent and factor-dependent transcription for genes representative of the yeast Pol III transcriptome in this double mutant (Moir et al., 2021). Next, the authors generated mice with the corresponding human double allele Trp671Arg/Gly672Glu (Merheb et al., 2021). Since homozygosity for the whole-body KI of this allele was embryonic lethal, a conditional KI mouse was engineered using an Olig2-Cre driver, directing expression of the mutant allele throughout the oligodendrocyte lineage and in a subset of other CNS cells (Merheb et al., 2021). Homozygous conditional KI mice displayed growth defects, neurobehavioral deficits and impaired myelination, myelin integrity and oligodendrogliogenesis. Although the mouse did not display a motor phenotype compatible with POLR3-HLD, it did show mild neurobehavioral features, and myelin defects reminiscent of HLD. Thus, the Trp671Arg/Gly672Glu KI mouse is the first animal model of POLR3-HLD that recapitulates some of the pathological features of the disease. This model can now be used to better understand the relationship between impaired Pol III function and myelin deficits.
A handful of other animal models with mutations in Pol III subunits have also been engineered. A mutation in POLR3H was recently found to cause primary ovarian failure (Franca et al., 2019) and this phenotype was well-recapitulated in whole-body knock-in mice homozygous for the POLR3H Asp50Gly mutation (Franca et al., 2019). In zebrafish, a splice site mutation causing the deletion of 41 amino acids in the Polr3b protein led to defects in the development of the intestine, intestinal epithelium and exocrine pancreas (Yee et al., 2007). This mutation impacted the interaction of Polr3b with Polr3k in yeast, and overexpression of Polr3k cDNA in zebrafish partially rescued the exocrine pancreas defects. Moreover, conditional deletion of Polr3b exon 10 in the mouse intestinal epithelium also led to reduced survival and growth, defective crypt development and increased apoptosis (Kieckhaefer et al., 2016). Interestingly, HLD patients with POLR3K mutations present severe digestive dysfunctions that are not typically observed in individuals with mutations in other Pol III subunits (Dorboz et al., 2018). Both patients with biallelic pathogenic variants in POLR3K as well as the zebrafish model displayed decreased levels of 7SL RNA, suggesting that the interaction between POLR3B and POLR3K may be particularly important for transcription of the 7SL RNA gene. Without normal levels of 7SL RNA, its function in protein secretion may be impaired, which could be especially detrimental to normal gut function. The future generation of animal models with a range of mutation types in different Pol III subunits will hopefully help to delineate genotype-phenotype correlations and provide a better understanding of the tissue- and cell type-specific manifestations of POLR3-related disorders. When possible, direct modulation of candidate Pol III transcript (e.g. 7SL RNA) levels in animal models would also help understand the developmental and tissue-specific consequences of their depletion.
As described above, possible reasons for tissue-specific differences may reside in particular dependencies of individual cell types on Pol III transcription products. Below, we will focus on the major Pol III-transcribed RNAs that have shown altered expression in cells carrying mutations in genes associated with POLR3-related disorders. We will describe characteristics of tRNAs, 7SL RNA and BC200 RNA.
FUNCTION OF POL III TRANSCRIPTS AND ROLE IN POLR3-RELATED DISORDERS
Expression and Functions of tRNAs
tRNAs are short (76–90 nucleotides) non-coding RNAs that act as essential adapters during mRNA translation. Each tRNA is loaded at their 3’ end with the amino acid corresponding to its anticodon by cytoplasmic aminoacyl tRNA synthetases (aaRS1). tRNAs allow decoding of the genetic code by recognizing cognate codons in translating mRNA and providing the corresponding amino acid for addition to the nascent peptide (reviewed in Lant et al. (2019)). Of the >600 putative tRNA genes in human, approximately 300–400 are expressed in a given human cell (Canella et al., 2010; Oler et al., 2010; Gogakos et al., 2017), resulting in multiple expressed genes with minor sequence differences encoding tRNAs with the same anticodon (isodecoders; Pan, 2018). Sequence changes or imbalanced expression of tRNAs can lead to deregulated translation (reviewed in Lant et al. (2019); Kapur et al. (2020)).
Several studies have shown that pools of expressed tRNA isodecoders vary by cell type and cell state, suggesting that certain isodecoders are more important in specific contexts and that their dysregulation could impair cellular homeostasis. Indeed, distinct pools of tRNAs are expressed between proliferating and differentiating cells (Gingold et al., 2014) and the corresponding anticodons match the codon usage of mRNAs expressed in each state. Thus, a specific pool of tRNAs may be required to match the codon usage of genes important for oligodendrocyte differentiation and/or myelination or neuronal development or function, and reduced levels due to mutations in Pol III subunits or aaRS1 may contribute to the pathogenesis of HLD. Moreover, a recent study optimized next-generation sequencing of mature tRNAs to demonstrate a distinct expression profile of tRNA isodecoders in mouse CNS tissues compared to non-CNS tissues, with several isodecoders varying more than 4-fold, while total isoacceptor pools were relatively stable across these tissues (Pinkard et al., 2020). In an earlier study done by microarray, tRNA levels were found to vary across tissues, with the brain having among the highest levels of nuclear-encoded tRNAs (Dittmar et al., 2006). Together, these data suggest that CNS cell types could be particularly vulnerable to reduced tRNA levels, particularly for certain isodecoders that are more abundant in the CNS.
Consistent with this hypothesis, the Ackerman group identified the first instance of a tissue-specific mammalian tRNA gene, n-Tr20, which is exclusively expressed in the mouse CNS (Ishimura et al., 2014). n-Tr20 encodes a tRNA-Arg-UCU isodecoder and contains a single nucleotide polymorphism (SNP) in the T stem loop in the C57BL/6J strain compared to other mouse strains. This results in accumulation of a precursor form of n-Tr20 and decreased levels of the mature form and leads to increased ribosome pausing on AGA codons. On its own, the n-Tr20 polymorphism was found to modulate seizure susceptibility and synaptic transmission (Kapur et al., 2020). Together with loss-of-function mutations in the recently characterized ribosome rescue factor genes Gtpbp1 and Gtpbp2, the n-Tr20 SNP leads to widespread neurodegeneration (Ishimura et al., 2014; Terrey et al., 2020), suggesting that these factors are essential to resolve ribosome pausing defects induced by decreased tRNA levels. Deletion of n-Tr20 led to increased pausing at AGA codons genome-wide and reprogramming of the translatome and induced the integrated stress response (ISR) (Kapur et al., 2020), an important component of regulated translation (reviewed in Tahmasebi et al. (2018)). Moreover, a deletion in one of four expressed tRNA-Ile-UAU isodecoders (n-Ti17) decreased total tRNA-Ile-UAU levels and similarly increased the ISR in mouse brains, indicating that this is not specific to n-Tr20 but rather a common response to deficient tRNA levels. Thus, specific tRNA isodecoders play essential roles in maintaining normal translation in mouse brains. Although isodecoders with CNS-specific expression have not yet been identified in humans, these results suggest that deficient expression of any single tRNA important for brain function could lead to translation deregulation. In the context of POLR3-HLD, reduced levels of specific isodecoder(s) important in certain spatio-temporal contexts could induce ribosome stalling at the corresponding codons and impair translation of proteins important for normal oligodendrocyte and/or neuronal function and underlie disease pathogenesis.
As described above, a subset of tRNAs were found to be downregulated in patient cells or in cell lines carrying POLR3-HLD mutations. The POLR3A Met852Val mutation (Figure 6), causing POLR3-HLD, significantly reduced pre-tRNA levels, but not those of selected mature tRNAs (Choquet et al., 2019a) in a cellular model of POLR3-HLD, whereas the POLR3K Arg41Trp mutation mildly decreased levels of mature tRNAMet but not those of three other mature tRNAs (Dorboz et al., 2018). It should be noted that due to their extensive post-transcriptional modifications, tRNA expression levels are more difficult to determine by RT-qPCR or by RNA-sequencing, the primary methods used in these studies. DM-tRNA-seq (Zheng et al., 2015), ARM-seq (Cozen et al., 2015) and Hydro-tRNA-seq (Arimbasseri et al., 2015) were developed to overcome this obstacle and improved sequencing results. Recently, the mim-tRNA-seq (Behrens et al., 2021) and QuantM-tRNAseq approaches were published (Pinkard et al., 2020), which may help to further improve the quantification of mature tRNA expression levels, thereby allowing to determine whether POLR3-HLD can be the consequence of a modest reduction of pre-tRNA levels due to higher demand for translation in oligodendrocytes, or whether other mechanisms may also account for the development of this disease. Ribosome profiling in relevant cell types could also determine if ribosome stalling occurs at certain codons, as was observed with the n-Tr20 polymorphism in mice.
Since HLDs are not only caused by mutations in genes encoding Pol III subunits, but also by alterations in several aaRS1 genes (e.g. DARS1; EPRS1; RARS1; Taft et al., 2013; Wolf et al., 2014a; Mendes et al., 2018, 2020), it has been speculated that changes in tRNA abundance (POLR3-HLD) or dysfunctions in the attachment of amino acids to tRNAs (HLD caused by aaRS1 mutations) could represent a unified disease-causing mechanism, in which reduced availability of specific aminoacylated tRNA(s) would lead to altered or insufficient translation by stalling ribosomes on the corresponding codons. A defect in aminoacylation was reported for disease-causing mutations in KARS1, EPRS1 and AARS1 in vitro (Simons et al., 2015; Nakayama et al., 2017; Mendes et al., 2018; Itoh et al., 2019), while the aminoacylation activity of ArgRS1 was impaired upon some RARS1 mutations but not with the most common mutation (Li G. et al., 2021). However, the potential impact of these mutations on translation was not investigated. Dominant mutations in several genes encoding tRNA aminoacyl synthetases are associated with Charcot-Marie-Tooth (CMT) disease and characterization of the corresponding mutants has demonstrated that aminoacylation activity is frequently not impaired. Instead, the mutations induce an alternative open conformation of the enzyme, which exposes a surface for new protein interactions (He et al., 2011; Blocquel et al., 2017; Bervoets et al., 2019; Blocquel et al., 2019; Sun et al., 2021), indicating a gain-of-function mechanism. In the case of leukodystrophies caused by bi-allelic mutations in genes encoding aaRS1, caused by hypomorphic mutations, further studies are required to determine if there is an underlying mechanism that involves translation deregulation and/or shares features with POLR3-HLD. Alternatively, aaRS1 possess numerous non-canonical functions (Wagasugi and Yokosawa, 2020; Yao and Fox, 2020) that could contribute to disease pathogenesis, although those differ between different aaRS1.
Upstream from their role in translation, misexpression of tRNA genes could affect their transcription, post-transcriptional processing and/or modifications. First, tRNAs are expressed from type 2 gene internal promoters, requiring TFIIIC and TFIIIB-β transcription factor complexes in order to recruit Pol III to the TSS (Dumay-Odelot et al., 2010; Figure 2B). High transcriptional efficiency at tRNA genes is at least in part enabled by facilitated recycling (Dieci et al., 2014). It is conceivable that Pol III mutations exert a negative effect on facilitated recycling, which could result in the decreased expression of tRNA genes observed in POLR3-HLD studies (Azmanov et al., 2016; Dorboz et al., 2018; Choquet et al., 2019a).
Second, upon transcription termination, tRNAs undergo extensive post-transcriptional modifications including 1) the removal of the 5′ leader sequence by RNAse P (Jarrous, 2017), 2) processing of the 3′ end by ELAC2, the human orthologue of RNAse Z (Takaku et al., 2003; Siira et al., 2018), 3) the addition of CCA nucleotides to the 3’ terminus of tRNAs by the tRNA nucleotidyl transferase 1 (TRNT1) (Xiong and Steitz, 2006) and 4) removal of possible introns by the tRNA splicing endonuclease (TSEN) complex and CLP1 (Hayne et al., 2020). Subsequently, an average of 13 post-transcriptional modifications is brought upon individual tRNA molecules (reviewed in Pan (2018); tRNA transcription and maturation is summarized in Figure 7), many of which are important for normal brain function (reviewed in Ramos and Fu (2019)). Post-transcriptional modifications alter local and overall tRNA folding, affecting their stability (reviewed in Ramos and Fu (2019)). The half-life of precursor (pre)-tRNAs was estimated to be 15 to 30 min whereas it is about 100 h for mature tRNAs (Choe and Taylor, 1972). Most of these processing steps have been associated with neurological disorders: changes in modifications of nucleotides in the anticodon stem loop or at transitions from stem to D-loop or T-loop structures were shown to be related to the development of neurodevelopmental disorders, including intellectual disabilities or amyotrophic lateral sclerosis (Freude et al., 2004; Bento-Abreu et al., 2018; Sharkia et al., 2019). Several enzymes involved in pre-tRNA processing and tRNA post-transcriptional modification are associated with inherited neurodegenerative disorders (reviewed in Schaffer et al. (2019)). Thus, the CNS appears to be particularly vulnerable to any defect in tRNA metabolism, further indicating that reduced tRNA expression in POLR3-HLD is a likely mechanism underlying dysfunction of neurons and/or oligodendrocytes.
[image: Figure 7]FIGURE 7 | Transcription, maturation and functions of tRNAs. Type 2 promoter tRNA genes are transcribed by Pol III, possibly involving the facilitated recycling pathway, which allows transcription reinitiation in the absence of TFIIIC (1). Primary tRNAs contain 5′ leader and 3′ trailer sequences (colored lines) and a few human tRNAs contain introns (red line). tRNAs are processed by RNAse P, ELAC2 and TRNT1 (2), as well as spliced in the nucleus (3). Mature tRNAs are exported to the cytoplasm and loaded with amino acids for participating in translation (4). Other functions for tRNAs that were described involve enzymatic processing for yielding tRNA fragments (tRFs) or tRNA halves (tiRNAs) (5). In addition, they can enter alternative functional pathways (6).
Of particular relevance to POLR3-HLD, accumulation of a tRNA processing intermediate retaining the 5’ leader was observed in a S. cerevisiae mutant strain carrying two POLR3-HLD mutations at the homologous positions in Rpc160 (yeast homolog of POLR3A) (Moir et al., 2021). Although this was not sufficient to impair mature tRNA levels (Moir et al., 2021), it indicates that tRNA processing could also be affected by POLR3-HLD, which may have particular importance in certain tissues. In S. pombe, introduction of two homologous POLR3-HLD mutations led to decreased transcription of three tRNA genes, but also to increased tRNA N2,N2-dimethyl G26 (m22G26) modification efficiency (Arimbasseri et al., 2015). Global repression of Pol III transcription through rapamycin treatment yielded a similar effect, both in S. pombe and in human HEK293 cells, suggesting that this response is conserved. Thus, reduced transcription of tRNA genes may lead to increased modification efficiency of tRNAs, which could be detrimental for brain function. Furthermore, stress-correlated modification of tRNAs was reported to occur (Gu et al., 2014), which might be affected by lower tRNA transcription rates and subsequently affect aminoacylation and translation.
Aspects of mRNA and tRNA modification have also been shown to be coordinated (Ontiveros et al., 2020; Levi and Arava, 2021). For example, the enzyme TRMT10A, which is known for depositing m1G on tRNAs, also influences m6A deposition on mRNAs by interacting with FTO (Ontiveros et al., 2020). Depletion of TRMT10A decreased m1G levels on tRNAs but increased m6A levels on mRNA. Some pseudouridine synthases were also shown to modify both tRNAs and mRNAs (Borchardt et al., 2020). This opens the door to the possibility that alterations in transcription of tRNAs in POLR3-HLD could influence post-transcriptional modification of mRNAs, with reduced levels of tRNAs liberating more enzymes for acting on mRNAs, thus modulating processing, stability and/or translation of these mRNAs.
Finally, tRNAs have non-canonical functions outside of translation that could be misregulated in POLR3-HLD. tRNAs were shown to bind to and modify the activities of proteins that are not directly involved in translation control. For instance, it was demonstrated that tRNA-GCN2 kinase interactions regulated the phosphorylation of eIF2α, thereby reprogramming translation towards general repression whilst activating translation of selected mRNAs (Dong et al., 2000; Castilho et al., 2014; Figure 7). In addition, the interferon-induced tetratricopeptide repeat 5 (IFIT5) protein binds tRNAs, thereby modulating double-stranded DNA sensing receptor RIG-I and being involved in regulating type I interferon response (Katibah et al., 2013; Figure 7). Such mechanisms may also be sensitive to changes in tRNA transcription and could therefore be of importance for the development of POLR3-HLD.
7SL RNA – Transcription, Structure and Functions
7SL RNA is a major component of the signal recognition particle (SRP). In addition to 7SL RNA, the SRP is composed of the SRP9, 14, 54, 68 and 72 proteins. It is responsible for co-translational targeting of nascent secretory and transmembrane peptides to the endoplasmic reticulum (ER) through interaction with its SRP receptor (Lakkaraju et al., 2008; Akopian et al., 2013). Pol III transcription of the 7SL gene is directed by promoter elements that are located within the transcribed region (A- and B-boxes), as well as by TATA-like, ATF/CRE and STAF-binding sequences upstream of the TSS (Ullu and Weiner, 1985; Bredow et al., 1990a; Englert et al., 2004; Dumay-Odelot et al., 2014) (hybrid promoter; Figure 2D).
Genomic occupancy of POLR3G (RPC32α; Haurie et al., 2010), BRF1/TFIIIB-β (Teichmann and Seifart, 1995; Wang and Roeder, 1995; Mital et al., 1996), GTF3C4/TFIIIC63 (Hsieh et al., 1999) and BDP1 (Schramm et al., 2000; Teichmann et al., 2000) was analyzed, suggesting that transcription of the 7SL gene is carried out in vivo by TFIIIC, TFIIIB-β and Pol III (Canella et al., 2010; Oler et al., 2010). In vitro, 7SL transcription was shown to be stimulated by ATF (Bredow et al., 1990b). Ex vivo, 7SL was identified as the most abundant non-rRNA transcript in two cell lines (Boivin et al., 2018).
The 300 nt human 7SL RNA contains two domains that were identified by micrococcal nuclease digestion. Base pairing of the 5′ and 3’ parts of 7SL RNA forms the Alu domain, whereas the central part folds into the S domain (Gundelfinger et al., 1983; Zwieb, 1985; Figure 8). The Alu domain represents the binding site for SRP14/SRP9, whilst the S-domain is recognized by SRP19, SRP54 and the SRP68/SRP72 heterodimer, altogether composing the SRP (Gundelfinger et al., 1983). A pre-SRP, consisting of 7SL RNA and SRP proteins 9, 14, 19, 68 and 72 is assembled in the nucleus. Upon export to the cytoplasm, it is completed by the addition of SRP54 (Massenet, 2019; Figure 8). SRP54 within the S-domain-associated protein complex recognizes a N-terminal hydrophobic signal sequence in nascent peptide chains of proteins. The SRP14/SRP9-containing Alu domain in turn interacts with translation elongation factor binding sites within cytoplasmic ribosomes, thereby inducing an elongation arrest (Halic et al., 2004; Voorhees and Hegde, 2015). Proteins containing a signal peptide are either secreted or are an integral part of the cell membrane. Stalled ribosomes are then targeted to the Sec61 core component of the translocon within the ER via a GTP- and SRP54-dependent process, resulting in proteins being synthesized and translocated either into the lumen or into the membrane of the ER and secreted or delivered to the cellular membrane (Figure 8). GTP hydrolysis triggers the release of SRP from the Sec61 translocon, allowing translation to resume (Fulga et al., 2001; Pool, 2005). Depletion of SRP14, SRP54 or SRP72 in HEK293 or HeLa cells leads to decreased 7SL RNA levels, inefficient ER targeting and impaired post-ER membrane trafficking (Lakkaraju et al., 2007). Thus, decreased 7SL RNA levels in POLR3-HLD may impair translocation of secreted proteins to the ER, which could contribute to the pathophysiology of POLR3-related disorders in several different cell types. 7SL RNA is at its highest level of expression in the hypothalamus compared to other non-CNS tissues (Castle et al., 2010). The expression of 7SL RNA was demonstrated to be positively regulated during differentiation of mouse embryonic stem cells into a differentiated heterogeneous population of neurons and glial cells (Skreka et al., 2012), suggesting that it may be of particular importance in these cell types, both of which are affected in POLR3-related disorders.
[image: Figure 8]FIGURE 8 | Transcription of the 7SL RNA gene, assembly of the signal recognition particle and functions in the secretory pathway. 7SL RNA gene transcription is directed by gene-internal A- and B-boxes as well as by an ATF/CREB-response element and a distal sequence element (DSE) upstream of the TSS. Transcription is initiated by TFIIIC- and TFIIIB-β-dependent recruitment of Pol III (1). The SRP 9/14/19/68/72 pre-signal recognition particle (pre-SRP) is assembled in the nucleus (2), exported to the cytoplasm and completed with SRP54 (3). SRP recognizes hydrophobic signal peptides in nascent polypeptide chains of secretory pathway proteins (4), arrests translation, translocates arrested ribosomes to the endoplasmic reticulum (ER), where translation resumes and proteins are translocated either into the lumen or into the membrane of the ER (5). Proteins of the secretory pathway are either incorporated into membranes or exported from cells (6). ERGIC refers to the ER-Golgi-intermediate compartment.
In oligodendrocytes, proteolipid protein (PLP) is a major myelin protein that is targeted to the ER and follows the secretory pathway to reach the site of myelination (Woodward, 2008). Reduced SRP function could potentially impair PLP trafficking and contribute to POLR3-HLD pathogenesis (Figure 4). In depth analysis of such mechanism may require the establishment of appropriate experimental systems, including the study of primary oligodendrocytes derived from iPSCs and/or in co-culture with other CNS cell types. For example, iPSCs from individuals carrying mutations in the gene encoding PLP, which cause Pelizaeus-Merzbacher HLD, were differentiated into oligodendrocytes to show mislocalization of PLP to the ER and to identify modulators of ER stress (Numasawa-Kuroiwa et al., 2014; Nevin et al., 2017). Similar experiments could be undertaken with iPSCs from POLR3-HLD patients to determine if PLP or other myelin proteins are mislocalized. In addition, three-dimensional growth of human iPSC-derived oligodendrocytes in organoid cultures (Marton et al., 2019) may allow reproducing a cellular environment that better reflects the in vivo situation. Cells grown under these conditions may show higher dependency on optimal Pol III transcription and may therefore be more vulnerable to protein mislocalization in the case of reduced 7SL RNA expression.
In neurons, protein trafficking through the ER is crucial for both dendritic and axonal function, including for synaptic plasticity and neurotransmitter trafficking (reviewed in Ramirez and Couve (2011), Kennedy and Hanus (2019)). In mouse motor neurons, 7SL RNA was found to be more abundant in axons than in the somatodendritic compartment, indicating an important role in axons (Briese et al., 2016). Moreover, the importance of ER function in neurons is exemplified by the fact that around half of hereditary spastic paraplegias (HSPs) are caused by mutations in genes encoding ER-shaping proteins (Ozturk et al., 2020). At least one HSP-associated mutation causes a kinetic delay in ER protein secretion (Slosarek et al., 2018). Spasticity is observed in patients with POLR3-related spastic ataxia, suggesting that pyramidal neurons, the primary affected cell type in HSPs, are also involved in POLR3-related disorders. A possible hypothesis is that reduced 7SL RNA levels could affect ER targeting in these neurons or others, leading to the observed neurodegeneration.
Another connection between 7SL RNA and neurodegeneration is the fact that in vivo assembly of the SRP complex depends on the survival of motoneuron (SMN) complex (Piazzon et al., 2013; Massenet, 2019), which is responsible for assembly of ribonucleoprotein (RNP) complexes, most notably the spliceosomal snRNPs (Li et al., 2014), and is composed by the SMN protein and Gemin2-8 proteins. Mutations in SMN1, encoding the SMN protein, cause spinal muscular atrophy (SMA) (Lefebvre et al., 1995; Wirth, 2000; Wirth et al., 2020). Reduced levels of 7SL RNA were detected in the spinal cord but not in the brain and heart of an SMA mouse model (Piazzon et al., 2013), suggesting that 7SL RNA levels are regulated by SMN function in a cell-type specific manner. Recently, loss-of-function mutations in GEMIN5 were found to cause a neurodevelopmental syndrome that includes cerebellar ataxia (Kour et al., 2021). GEMIN5 mutations decreased levels of snRNP complexes in vivo and disrupted SMN complex assembly in vitro. Thus, dysfunction of the SMN complex can specifically affect cells of the CNS. Since 7SL RNA was found to compete with U1 and U2 snRNPs for binding to SMN complexes in vitro (Piazzon et al., 2013), it is possible that similar competition occurs in vivo when SMN function is compromised, resulting in impaired protein secretion that could contribute to the disease phenotypes. Future investigation of protein secretion in SMA and other SMN-related disorders will help clarify the potential role of 7SL RNA in neuronal dysfunction.
Reduced 7SL RNA levels may also contribute to other disease phenotypes, such as the digestive dysfunction observed in patients with POLR3K mutations (Dorboz et al., 2018) and in polr3b mutant zebrafish (Yee et al., 2007). Indeed, intestinal epithelial cells are highly secretory and are sensitive to ER stress and unfolded protein response (reviewed in Coleman and Haller 2019). Future experiments are required to determine the role of the POLR3K-POLR3B interface and of 7SL RNA in intestinal cell homeostasis.
BC200 - Transcription, Structure and Functions
BC200 (BCYRN1 – brain cytoplasmic RNA 1) is a monomeric Alu RNA that is predominantly expressed in the brain of primates. It was discovered by northern blot analyses (Watson and Sutcliffe, 1987) employing an identifier (ID) sequence as a probe. This ID element, the rodent-specific BC1 RNA of 154 nt, was previously shown to be specifically expressed in rat brain (Sutcliffe et al., 1982, 1984). BC1 RNA is derived from a tRNAAla retrotransposition event (Daniels and Deininger, 1985), whereas the 200 nt primate BC200 RNA is a 7SL RNA-derived exapted monomeric Alu element (Watson and Sutcliffe, 1987; Brosius, 1999). As a consequence, BC1 and BC200 RNA share little sequence homology and are thought to be functional analogs rather than true homologs. The fact that two independent retrotransposition events resulted in the generation of distinct but related brain-specific RNAs indicated that these RNAs fulfil important roles within the brain. However, KO of the BC1 gene in mice resulted in healthy animals which showed at the first sight only discrete neurological abnormalities such as neuronal hyperexcitability (Skryabin et al., 2003; Zhong et al., 2009). Closer inspection in later behavioral trials demonstrated that BC1 KO mice had impaired cognitive abilities (Chung et al., 2017; Iacoangeli et al., 2017). In addition to the neuron-specific expression in healthy animals, BC1 and BC200 expression was also detected in tumor samples and tumor cell lines (for review see Samson et al. (2018)). A recent study using qRT-PCR found that BC200 RNA levels were comparable in primary cell lines and tumor cell lines from the same tissue. Expression of BC200 RNA in three primary or non-tumorigenic cell lines was also surprisingly similar to GAPDH mRNA levels (Booy et al., 2017).
The BC200 gene contains classical type 2 intragenic promoter elements (A-box and B-box) and in addition a TATA-like sequence upstream of the TSS (hybrid promoter). Sequences up to 100 nucleotides upstream of the TSS were suggested to be important for BC200 transcription efficiency in transient transfection experiments. Stepwise deletion of these sequences led to a gradual decline in transcription rate without changing the ability of Pol III to correctly recognize the TSS. In addition, mutation of gene internal A- or B-boxes abolished transcription of the BC200 gene (Kim et al., 2017). These results indicate that gene internal promoter elements are the crucial determinants of BC200 expression and TSS selection. The importance of gene internal control elements and of sequences upstream of the TSS were also demonstrated by in vitro transcription of rodent BC1 gene (Martignetti and Brosius, 1995). In addition, BRF1, TFIIIC and Pol III subunits, but not BRF2 were detected by ChIP-seq at the BC1 gene promoter in mice, underscoring that it is regulated by gene internal promoter elements and stimulated by regulatory elements upstream of the TSS (Carrière et al., 2012).
As the only Pol III transcript with brain-specific expression, BC200 RNA represents an attractive candidate for a role in POLR3-related disorders. In the tumor cell line MO3.13, which has characteristics of oligodendrocyte progenitor cells (OPC) (McLaurin et al., 1995), KO of BC200 led to significant gene expression changes (Choquet et al., 2019a), suggesting a function for BC200 RNA in OPCs, although these findings must be confirmed in primary cells to draw definite conclusions. It should be noted that early in situ hybridization experiments did not detect BC200 RNA expression in adult brain white matter (Tiedge et al., 1993), but this does not exclude the possibility that BC200 RNA is expressed in OPCs or in oligodendrocytes earlier in development, such as when myelination occurs, especially given that recent studies have detected BC200 RNA expression in non-neuronal primary cell lines (Booy et al., 2017; Choquet et al., 2019a), albeit at lower levels than in the brain. Additional functional studies will be required to determine if BC200 RNA is important for other cell types, and expression profiling in different CNS cell types from fetal and adult tissues will help establish how BC200 RNA is modulated spatially and temporally.
Alternatively or in addition, impaired expression of BC200 RNA may contribute to some of the neuronal phenotypes (e.g. cerebellar, striatal) observed in POLR3-related disorders. Functional studies on BC200 RNA have mostly been performed in vitro, in tumor cell lines or by analogy with BC1 RNA. Nonetheless, the many identified interacting partners and potential functions for this non-coding RNA provide hypotheses as to how it may contribute to the pathogenesis of POLR3-related disorders.
According to a structural model of BC200 RNA, the first 120 nucleotides at the 5′-end, together with nucleotides 175–200 of the C-terminal unique region, fold into an Alu-domain. The 5′ part of the Alu-domain and the unique C-rich domain at the 3′-end of BC200 RNA are separated by a loop-forming A-rich domain. The Alu-domain of BC200 is highly similar to that of 7SL RNA (Sosińska-Zawierucha et al., 2018; Figure 9). Consequently, the 7SL-interacting SRP9/14 heterodimer was also shown to interact with BC200 RNA (Bovia et al., 1997; Kremerskothen et al., 1998) and possible consequences on translation inhibition were discussed. Other proteins interacting with BC1 and/or BC200 RNAs were described, including Pur α (Kobayashi et al., 2000; Johnson et al., 2006), Fragile X Mental Retardation Protein (FMRP; Zalfa et al., 2003), Poly(A)-binding Protein (PABP; Muddashetty et al., 2002), Synaptotagmin-binding cytoplasmic RNA interacting Protein (SYNCRIP/hnRNP Q1; Duning et al., 2008), RNA helicase associated with AU-rich element (RHAU/DHX36; Booy et al., 2016), eukaryotic translation initiation factor 4A (eIF4A; Lin et al., 2008) and heterogeneous nuclear ribonucleoproteins E1 and E2 (hnRNP E1 and E2; Jang et al., 2017).
[image: Figure 9]FIGURE 9 | Transcription of the BC200 RNA and its functions in mRNA transport and regulation of translation. BC200 RNA gene transcription depends on TFIIIC bound to gene-internal A- and B-boxes, which allows the subsequent recruitment of TFIIIB-β and Pol III. Sequences upstream of the TSS including a TATA-like box at -30 regulate transcription activity (1). BC200 RNA assembles with SRP 9/14 in the nucleus (2) and is exported to the cytoplasm where it was shown to interact with a variety of proteins. BC200 was shown to interact with FMRP, SYNCRIP and Pur-alpha, suggesting a role in mRNA transport similar to what was demonstrated for BC1 in complex with these proteins (3). In association with eukaryotic initiation factor 4A (eIF4A) and poly A binding protein (PABP), BC200 RNA prevents the assembly of the 48S ribosomal subunit (4). This repression of translation can be counteracted by hnRNP E1/E2 binding to BC200 RNA in vitro (5).
These proteins were proposed to influence the stability and/or the export of BC200 from the nucleus to the cytoplasm (SRP9/14), mRNA transport in neuronal dendrites (Pur α, FMRP, SYNCRIP) and/or interfere with BC1/BC200 effects on translation. Whilst eIF4A and PABP are targets of translational inhibition by BC200/BC1 RNAs (Lin et al., 2008), hnRNP E1 and E2 were proposed to counteract BC200-mediated translation inhibition (Jang et al., 2017; Figure 9). The helicase RHAU/DHX36 was shown to mediate the binding of unwound G-quadruplexes to BC200 (Booy et al., 2016), thereby possibly indirectly intervening with translation. The question of whether BC1/BC200 stimulates or inhibits translation has not been definitively solved. Most reports indicate that these RNAs contribute to repression of translation in postsynaptic dendrites through interactions with eukaryotic initiation factors (eIFs) 4A and 4B (reviewed in Iacoangeli and Tiedge (2013)), with most of these experiments performed in vitro or only for BC1 RNA.
Recent studies performed in human cell lines indicate that the role of BC200 RNA goes beyond what was learned from in vitro experiments or by analogy with BC1 RNA. Indeed, a recent report shows that depletion of BC200 in MCF-7 breast cancer cells resulted in the reduction of translation (Booy et al., 2020). Thus, the impact of BC1/BC200 RNAs on translation may be context-dependent and vary in neurons where these RNAs act as translational repressors inhibiting eIF4A helicase activity and in tumor cells where translation is executed at sites within the cytoplasm that differ largely from specialized compartments such as synapses. Moreover, the BC200 interactome was analyzed in three transformed cell lines (MCF-7; MDA-MB231; HEK293T) by exogenous expression of a 3′-end labeled BC200 RNA (Booy et al., 2018). This confirmed previous interactors of BC200 RNA (e.g. SRP9/14, PABPC1, DDX36) but also identified new interactors (e.g. TRIM24, HNRNPK, CSDE1), several of which are involved in regulating RNA stability. Some binding partners may influence the stability of BC200 RNA itself, while others may be functional partners. A reciprocal interaction was shown for at least one binding partner, in which CSDE1 regulates BC200 RNA levels, while BC200 RNA influences CSDE1 post-transcriptional regulation, likely by affecting translation rate or protein stability. In addition, BC200 RNA was also found to regulate alternative splicing (Singh et al., 2016) and mRNA stability (Shin et al., 2017a; Shin et al., 2017b) of specific transcripts in cell lines, suggesting that its role does go beyond the analogies drawn from studying BC1 RNA and that BC200 RNA may modulate RNA processing or stability of the same or other target mRNAs in CNS cells. Establishing whether BC200 RNA accomplishes these functions or interacts with the same protein partners in normal cells such as neurons in addition to tumor cells represents an important avenue of future research. Furthermore, characterizing the mRNA interactome of BC200 RNA in normal and tumor cells from different tissues may help to clarify its function(s).
Interestingly, repression of myelin basic protein (MBP) translation during transport is mediated in part by hnRNP-E1 (Torvund-Jensen et al., 2014), which was also shown to regulate BC200 RNA function in vitro (Jang et al., 2017), providing a tenuous but potential link between BC200 RNA and myelination.
The data summarized here indicate that BC200 RNA plays important roles in post-transcriptional mRNA regulation, with most studies so far having focused on its function in postsynaptic translation. The Alu domain in BC200 RNA associated with SRP9/14 proteins resembles the translation arrest domain of the 7SL RNA-containing SRP, suggesting that it is likewise involved in translation inhibition. As a consequence, reduced BC200 RNA levels may lead to imbalanced postsynaptic translation. Although oligodendrocytes are the primary cell type affected in POLR3-HLD, a direct neuronal dysfunction is thought to be responsible for the neuronal loss observed in POLR3-HLD (e.g. cerebellum) and other POLR3-related disorders (e.g. cerebellum, striatum) (Wolf et al., 2014a; Azmanov et al., 2016; La Piana et al., 2016; Minnerop et al., 2017; Perrier et al., 2020a). The role of BC200 RNA in dendrites could affect the function and integrity of neurons in these brain regions. Furthermore, as mentioned above, a potential role for BC200 RNA in oligodendrocytes and/or their progenitor cells could contribute to the hypomyelination phenotype.
LINKING MUTATIONS IN GENES ENCODING SUBUNITS OF POL III TO THE INNATE IMMUNE SYSTEM
Although Pol III is best known for the nuclear transcription of small non-coding RNA genes, its function in the immune response is becoming increasingly clear. The discovery that Pol III does not only participate in nuclear transcription of small RNAs, including viral RNAs, but is also involved in the detection of invading DNA, expanded cellular activities of this enzyme to innate immunity. Pol III recognizes double-stranded transfected linear (ds)AT-rich DNA in the cytoplasm and transcribes it into 5’ triphosphorylated RNA, which triggers the activation of retinoic acid-inducible gene I (RIG-I). RIG-I activation is dependent on the AT-content of the produced RNA since it can be abolished by insertion of GC sequences (Chiu et al., 2009). Activated RIG-I signals to the mitochondrial antiviral signaling protein (MAVS), resulting in the induction of the production of type 1 interferons (Ablasser et al., 2009; Chiu et al., 2009; Figure 10). The Pol III-dependent pathway of inducing innate immune response by production of RNAs from AT-rich DNA is complementary to the Cyclic GMP–AMP synthase (cGAS) pathway, which is activated by binding to DNA from invading microbes and production of cGAMP (Sun et al., 2013; Luecke et al., 2017; reviewed in; Tan et al. (2018)). Cytoplasmic DNA recognized by Pol III is derived from infections with Gram-negative bacteria (Shigella flexneri or Legionella pneumophilia), Gram-positive bacteria (Listeria monocytogenes) or from viral infection (herpes simplex virus 1), suggesting that both bacterial and viral sources can trigger the Pol III-dependent innate immune system (Chiu et al., 2009; Pollpeter et al., 2011; Jehl et al., 2012; Crill et al., 2015). In addition to defending cells against acute infectious threats, Pol III nuclear transcription also contributes to induction of interferon production in cells having been transfected with adenoviral DNA (Minamitani et al., 2011) or latently infected by the Epstein-Barr virus. Thus, nuclear Pol III transcribing adenoviral VA RNAs or Epstein-Barr viral EBER1 and EBER2 genes is also able to trigger RIG-I-dependent type 1 interferon production (Samanta et al., 2006; Minamitani et al., 2011).
[image: Figure 10]FIGURE 10 | Cytoplasmic transcription by RNA polymerase III in innate immune defense. Upon infection (1), the varicella zoster virus (VZV) DNA is found in the nucleus and the cytoplasm (Mahalingam et al., 1999; Zerboni et al., 2014). Although not specifically reported for VZV, cytoplasmic liberation of DNA from capsids may involve proteasomal degradation (2), as was described for herpes simplex virus 1 (HSV-1; Horan et al., 2013). Cytoplasmic AT-rich VZV DNA is transcribed by Pol III (3), the 5′ tri-phosphorylated RNA folds into stem-loop structures, interacts with the retinoic acid-inducible gene I (RIG-I) (4), which, via mitochondrial antiviral signaling (MAVS) protein and NF-kB/IRF3 transcriptional activators (5) increases transcription of type I interferon genes (6).
Consistent with this role of Pol III in innate immunity, rare heterozygous genetic variants in the genes encoding Pol III subunits POLR3A (RPC1), POLR3C (RPC3), POLR3F (RPC6) and POLR3E (RPC5) were shown to strongly impair immune response to varicella-zoster virus (VZV) infections in humans. This reduced immune response resulted in the development of VZV pneumonitis (mutations in POLR3A, POLR3C) or of VZV encephalitis (mutations in POLR3A, POLR3C, POLR3E and POLR3F) (Ogunjimi et al., 2017; Carter-Timofte et al., 2018a, 2019; Figure 11). Importantly, Pol III mutations associated with susceptibility towards VZV infections have not been linked to POLR3-HLD or other neurodegenerative diseases (Ogunjimi et al., 2017). Together with the different mode of inheritance and the fact that these patients are healthy until VZV infections, this indicates that pathogenic mechanisms are likely fundamentally different.
[image: Figure 11]FIGURE 11 | Distribution of mutations in RNA polymerase III subunits associated with impaired innate immune defense. Spatial distribution of amino acid mutations that are associated with severe immune deficiency (POLR3E Asp40His) or with varicella zoster virus (VZV) encephalitis and/or pneumonitis (other displayed mutations). Mutated amino acids are depicted as spheres and highlighted in red. Individual mutations in subunits POLR3A, 3C, 3E are appropriately designated. The mutation POLR3F Arg50Trp cannot be displayed since the corresponding sequence was not resolved in the cryo-EM structure (PDB:7ae1). The Figure was created using Pymol.
Heterozygous missense variants affecting VZV immune response were first described in POLR3A and POLR3C. These variants led to reduced interferon production in peripheral blood mononuclear cells (PBMCs) from patients, which could be rescued in vitro by introduction of wild type alleles of the mutated genes into these cells, suggesting defects in Pol III cytoplasmic function. Nuclear 5S rRNA gene transcription was not affected in PBMCs carrying POLR3A- and POLR3C mutations (Ogunjimi et al., 2017). Although it remains possible that expression of other nuclear Pol III transcripts is impaired in these cells, these data suggest that cytoplasmic DNA transcription by Pol III has unique requirements in terms of polymerase-DNA- or polymerase-associated protein-interactions compared to the nuclear gene expression by the Pol III enzyme. In line with this hypothesis, structural studies of human Pol III found that mutations associated with severe VZV infections mapped to the periphery/surface of Pol III (Ramsay et al., 2020; Girbig et al., 2021) and made few contacts with other residues or subunits (Type IV in Girbig et al. (2021)), in contrast to mutations associated with recessive POLR3-related disorders. One possibility, which is at present favored, would be that cytoplasmic AT-rich DNA does not require the presence of Pol III promoter elements (A-, B- or TATA-boxes) and transcription is therefore independent of Pol III transcription factors. However, it cannot be excluded that TATA-like elements, which may be present in AT-rich DNA and may result in the recruitment of TATA-binding protein (TBP)-containing TFIIIB-α or -β transcription initiation factors, would in turn enable the recruitment of Pol III to participate in cytoplasmic immune response. Consistent with this hypothesis, it should be noted that all Pol III transcription factors have been detected in the cytoplasm and would therefore be available for transcription of cytoplasmic DNA (for example, TBP: Hardivillé et al., 2020; BRF1: Mital et al., 1996; BDP1: Weser et al., 2004; TFIIIC: Dumay-Odelot et al., 2007; Schneider et al., 1989; Pol III: Jones et al., 2000; Haurie et al., 2010). Furthermore, it should be considered that viral genomes are not present in the cytoplasm as short dsDNA with possibly 3′ overhanging ssDNA elements comparable to AT-rich DNA fragments, but may be present as hundreds of kilobases long DNA elements without structural elements that would be required for factor-independent Pol III transcription initiation. This means that these viral DNAs cannot be transcribed highly efficiently like the short AT-rich dsDNAs without Pol III transcription factors but may have to rely on transcription factor-dependent mechanisms to elicit an efficient RIG-I-dependent immune response. Furthermore, it should be considered that the VZV genome in human cells is circular (Cohen, 2010) and thus lacks free 3′ overhangs which would be indispensable for factor-independent Pol III transcription initiation. As a consequence, it seems quite possible that the cellular, Pol III transcription-dependent immune response could also rely on Pol III transcription factors in the cytoplasm. Future research will clarify whether RIG-I activation by Pol III-transcribed RNAs occurs independently from transcription factor or with the involvement of TFIIIB and TFIIIC. Regardless of whether Pol III transcription factors are involved in these processes or not, the fact remains that sequences transcribed by Pol III must be AT-rich to elicit a RIG-I response.
Mechanistically, an observation may also link cytoplasmic immune response to a helicase activity intrinsic to Pol III. Arginine 84 in POLR3C (RPC3) was shown to be replaced by glutamine (Arg84Gln) in a patient who developed VZV-induced encephalitis (Ogunjimi et al., 2017; Figure 11). Interestingly, a mutation of the same residue of POLR3C, Arg84Ala, was shown to result in a defect in its intrinsic helicase activity in vitro (Ayoubi et al., 2019). This finding could be in line with a model in which Pol III helicase activity is required for dsDNA unwinding of viral cytoplasmic DNA.
Interestingly, a rare homozygous variant in POLR3E (Asp40His) was recently identified in a child with recurrent and systemic viral infections and Langerhans cell histiocytosis, indicating a more severe immune deficiency than in individuals carrying heterozygous mutations conferring specific VZV susceptibility who are otherwise healthy. Induction of interferon expression was triggered by the CG-rich (57,5%; Marti-Carreras and Maes, 2019) genome of human cytomegaly virus (HCMV) in control cells and abolished in patient cells homozygous for the POLR3E Asp40His mutation (Ramanathan et al., 2020), suggesting a different mechanism than the reported Pol III immune response to AT-rich DNA. The authors found that HCMV and sindbis virus infection induced POLR3E expression in control cells. Transfection of plasmid DNA also induced POLR3E expression and led to increased expression of 5S rRNA and a tRNA gene. In contrast, ectopic expression of wild-type POLR3E had a lower effect on expression of these Pol III target genes compared to the empty vector, and this response was absent or much lower with ectopic expression of mutant POLR3E. Finally, expression of the mutant POLR3E impaired formation of Pol III initiation complexes. These results suggest a role for Pol III nuclear transcription in the response to foreign viral and non-viral nucleic acids. Although the identification of additional patients with a similar phenotype is necessary to confirm that the POLR3E mutation is indeed causal, these data showing impaired Pol III transcription in response to foreign DNA, combined with the recessive mode of inheritance, suggest a different disease mechanism than in patients with VZV susceptibility. Despite immune dysfunction being the main feature, this phenotype could be related to the role of Pol III in nuclear transcription. As with other POLR3-related disorders, further investigations will help delineate the contribution of cytoplasmic and nuclear functions of Pol III to immune phenotypes.
CONCLUSION
The molecular-phenotypic relationships that may explain the development of POLR3-related disorders are as of yet only fragmentarily understood. The phenotypic heterogeneity, vast distribution of the mutations known so far across six subunits of Pol III and the resulting mutation-specific structural changes, as well as effects on transcription, argue against a single unifying disease-causing mechanism.
Although formal evidence is still lacking that reduction of Pol III transcript levels is the triggering factor for pathogenesis of POLR3-related disorders, it seems clear that affected neuroanatomical structures and their cellular components have particular vulnerabilities to impaired Pol III transcription or to altered amino acid loading of tRNAs. Mutations in genes encoding the TFIIIB-β component BRF1, Pol III subunits and aminoacyl-tRNA synthetases suggest that perturbations of protein synthesis and proper delivery of protein products to membranes, and possibly ectopic translation in neurons and oligodendrocytes, may play special roles in the development of POLR3-related disorders. Therefore, a dedicated analysis of the transcription of the tRNA, 7SL, and BC200 RNA genes is also necessary to obtain an integral picture of these diseases and their causes, as well as to generate therapeutic strategies for the future. Furthermore, small interspersed nuclear elements (SINEs) and especially the Alu gene subgroup might also play a role in the development of POLR3-HLD, since their promoters and RNA products show sequence and structural similarities to 7SL and BC200 RNAs. However, to the best of our knowledge, their involvement in POLR3-related disorders has not yet been investigated.
Surprisingly, and independently of POLR3-related neurological disorders, mutations in four Pol III subunits affecting innate immune defense have also been described. Apparently, the key factor in the development of these diseases is the activity of the Pol III enzyme in the cytoplasm rather than the transcription of specific Pol III target genes. It will also be of interest for this spectrum of diseases to determine the exact underlying mechanism in order to develop potential therapies to reduce the risk of life-threatening complications from viral infections.
In summary, Pol III transcription has emerged as a key factor in the pathogenesis of several rare debilitating diseases. The establishment of molecular-pathological correlations will facilitate the development of rational therapies in the future.
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Eukaryotic life is possible due to the multitude of complex and precise phenomena that take place in the cell. Essential processes like gene transcription, mRNA translation, cell growth, and proliferation, or membrane traffic, among many others, are strictly regulated to ensure functional success. Such systems or vital processes do not work and adjusts independently of each other. It is required to ensure coordination among them which requires communication, or crosstalk, between their different elements through the establishment of complex regulatory networks. Distortion of this coordination affects, not only the specific processes involved, but also the whole cell fate. However, the connection between some systems and cell fate, is not yet very well understood and opens lots of interesting questions. In this review, we focus on the coordination between the function of the three nuclear RNA polymerases and cell cycle progression. Although we mainly focus on the model organism Saccharomyces cerevisiae, different aspects and similarities in higher eukaryotes are also addressed. We will first focus on how the different phases of the cell cycle affect the RNA polymerases activity and then how RNA polymerases status impacts on cell cycle. A good example of how RNA polymerases functions impact on cell cycle is the ribosome biogenesis process, which needs the coordinated and balanced production of mRNAs and rRNAs synthesized by the three eukaryotic RNA polymerases. Distortions of this balance generates ribosome biogenesis alterations that can impact cell cycle progression. We also pay attention to those cases where specific cell cycle defects generate in response to repressed synthesis of ribosomal proteins or RNA polymerases assembly defects.
Keywords: RNA polymerases I, II and III, RNA polymerases assembly, cell cycle progression, regulatory networks, Sacharomyces cerevisiae
INTRODUCTION
The eukaryotic cell cycle is controlled by a regulatory network, whose general features are conserved from yeast to humans (Lubischer, 2007). It proceeds through firmly regulated transitions to ensure that specific events take place in a correct and organized manner. This, in turn, ensures viability and the correct transmission of genetic information (Haase and Wittenberg, 2014). A fundamental element of cell cycle regulation consists of arrests at particular steps to guarantee the completion of a previous cell cycle event, to repair cellular or DNA damage, or to resolve a challenging situation. Accordingly, eukaryotic cell cycle regulation integrates a huge multitude of internal and external signals to optimize survival. Failures in these processes reduce cell survival and, in higher metazoans, lead to cancer, and other diseases (Moriel-Carretero et al., 2019; She et al., 2019; Klemm et al., 2020; Lai et al., 2020; Matellán and Monje-Casas, 2020; Niwa, 2020).
RNA synthesis in the eukaryotic nucleus is carried out by three multisubunit complexes. RNA polymerase II (RNA pol II) transcribes the vast majority of genes, including all protein coding and many other non-coding RNAs (ncRNAs) such as snRNAs, miRNAs, and snoRNAs. RNA polymerase I (RNA pol I) transcribes ribosomal RNAs (rRNA) as a single polycistronic gene: rRNA 35-47S, which is processed into 3 mature rRNAs: 28S (25S in yeast), 18S and 5.8S. This gene appears repeatedly in all eukaryotes with hundreds of copies arranged in tandem. RNA polymerase III (RNA pol III) transcribes an intermediate number of small, non-coding genes (150–400 different), including 5S rRNA and tRNAs (Chan and Lowe, 2016). RNA pol I transcription accounts for almost 60% of global transcription and RNA pol III for around 25%. Of the latter, the 5S rRNA constitutes between 10–15%; and the rest, mostly corresponds to tRNAs. Finally, RNA pol II transcription corresponds to approximately 15% of the total. An important part of this corresponds to RNAs that encode ribosomal proteins (Warner, 1999; Pelechano et al., 2010).
The connection between this transcriptional network and cell cycle progression, can be divided into two different aspects with different levels of knowledge. Regarding what we can call “better known word of the RNA polymerases and the cell cycle,” lot of information has been generated describing the dramatic reorganization of gene expression that takes place through the cell cycle. Nearly 20% of S. cerevisiae yeast genome is transcribed periodically during each cell division cycle. Abundant information is available on the waves of genes expression associated to the different phases (G1, S, G2/M, M/G1), the complex regulatory connection between them, and on the technological approaches to study this phenomenon (Haase and Wittenberg, 2014). Obviously, in this better-known world, we can understand how transcription impairment of specific genes can disturb the normal cell cycle progression. At this level, RNA pol II has a relevant and direct role on cell cycle regulation (Hartwell et al., 1973; Bähler, 2005; Nurse, 2020).
In this review, we focus in the “lesser known world of the RNA polymerases and the cell cycle.” During years, there has been an increase in the knowledge of connections between complex regulatory networks as the transcriptional machinery and cell cycle progression. General changes on transcription levels depending on the cell cycle phases has been known for over decades (Gottesfeld and Forbes, 1997). Different biochemical events underlying this coupled regulation have been elucidated. Here we will focus on mechanisms affecting the three nuclear RNA polymerases. Here we also address this crosstalk between cell cycle and RNA polymerases in the opposite sense, that is, how the status and function of nuclear RNA polymerases can affect cell cycle progression, a much lesser known aspect. It is important to highlight that this interplay coordinates different aspects of the overall status of the three polymerases system with cell cycle progression. In this sense, we review how cell cycle regulation is affected by the balance between the three RNA polymerases products and, secondly, by RNA polymerases assembly. Finally, we also analyze the parallelism between these regulatory interplays in yeast and metazoan, suggesting that it could exist a general control strategy extended throughout eukaryotes.
CELL CYCLE PHASES IMPACTS ON RNA POLYMERASES FUNCTION
Since several years, it is well known that transcription activity in eukaryotes is affected by cell cycle phases. Thus, transcription is repressed during mitosis and highly active in interphase (G1, S, and G2). This mitotic repression has been observed in vivo for genes transcribed by all three nuclear RNA polymerases. Different mechanisms contribute to mitotic repression as global transcriptional silencing, including dissociation of transcription factors and cofactors from target genes and profound reorganization of chromatin structure (Gottesfeld and Forbes, 1997, and references therein; Taylor, 1960; Marsden and Laemmli, 1979; Martínez-Balbás et al., 1995). We will focus on how cell cycle phases modulate transcription affecting the basal transcription machinery (RNA pol I, II, and II) in S. cerevisiae although some aspects in higher eukaryotes will also be addressed.
RNA Pol II Transcribing Through the Cell Phases
Early works, interestingly described a cell cycle arrest for some RNA pol II mutants. Thus, mutations in the largest RNA pol II subunit, Rpb1, impaired cell cycle progression in budding yeast S. cerevisiae (Drebot et al., 1993), fission yeast Schizosaccharomyces pombe (Sugaya et al., 1998) and mammalian cells (Sugaya et al., 2001). RNA pol II activity is regulated during the cell cycle by changes in the phosphorylation status of the carboxyl-terminal domain (CTD) of its largest subunit Rpb1 both in yeast and mammal cells (Bregman et al., 2000; Oelgeschläger, 2002; Chymkowitch and Enserink, 2013). The Rpb1 CTD contains 26 heptapeptide repeats in yeast (Allison et al., 1988) and 52 in mammals (Corden et al., 1985). The direct regulation of CTD phosphorylation serves as a switch to regulate transcription machinery during the cell cycle. In the budding yeast S. cerevisiae, early in the transcription cycle, Kin28 phosphorylates the CTD which serves as a mark for recruitment of the mRNA capping system (Rodriguez et al., 2000). Interestingly, and coupling cell cycle to RNA pol II activity, it has been demonstrated that Cdc28 (also called Cdk1, and the main CDK cell cycle regulator in budding yeast) is a CTD kinase sharing a partially redundant role with Kin28 (Chymkowitch et al., 2012; Chymkowitch and Enserink, 2013).
RNA Pol III Transcribing Through the Cell Phases
A tRNA synthesis fluctuation during cell cycle has been described both in mammals and yeast (Scott et al., 2001; Frenkel-Morgenstern et al., 2012; Chen and Gartenberg, 2014; Herrera et al., 2018). Previous results had proposed a tRNA peak in M phase (Chen and Gartenberg, 2014). However, a more recent research has demonstrated that tDNA transcription peaked in S phase. The authors, interestingly, propose that this apparent discrepancy can be explained by the overlapping between the S phase and metaphase in S. cerevisiae, concluding that the cell cycle-dependent increase in tDNA transcription occurs in the overlapping time span of late S phase/early metaphase. The same authors demonstrate the regulatory mechanism coupling cell cycle to RNA pol III activity: the S phase cyclin Clb5 recruits Cdc28 (Cdk1) to tDNA genes; Cdc28 promotes the recruitment of TFIIIC and stimulates the interaction TFIIIC/TFIIIB which directly increases the dynamics of RNA pol III in vivo. Bdp1, a component of the TFIIIB complex, has been proposed as the direct target for Cdc28 (Herrera et al., 2018). Recently, new post-translational modifications of RNA pol III, as sumoylation, has been proposed to be involved in stress response in yeast (Nguéa P et al., 2019). The role of this modifications in cell cycle would also be a very interesting open question.
RNA Pol I Transcribing Through the Cell Phases
Transcription by RNA pol I oscillates during the cell cycle, being repressed during mitosis, recovered during G1 and maximal in S/G2 phases. In mammals, repression during M phase is caused by inactivation of a RNA pol I specific factor (TIF-IB/SL1) by an inhibitory cdc2 mediated phosphorylation (Heix et al., 1998). Then, transcription recovery during G1 is mediated by reactivation of another specific factor, UBF (Klein and Grummt, 1999). In the budding yeast, the locus containing rDNA genes, segregate after the rest of the genome, in late anaphase. Only in anaphase, yeast repress RNA pol I transcription by the Cdc14 phosphatase acting on Rpa43 subunit, inducing the dissociation of RNA pol I from the 35S rDNA (Clemente-Blanco et al., 2009). More recently in S. cerevisiae, it has been demonstrated that Rio1 downregulates RNA pol I in a cell cycle dependent manner through Rpa43 subunit as a target. Moreover, Rio1 promotes rDNA stability to ensure rDNA segregation during anaphase (Iacovella et al., 2015).
IMBALANCE OF RNA POL I, II, AND III PRODUCTS PROVOKES G1 ARREST
Balanced Production of Ribosomal Components Prevents G1 Arrest in Budding Yeast
NTP-depleting drugs, as 6-Azauracil (6AU) and mycophenolic acid (MPA) interfere with transcription elongation in vivo by strongly inhibiting inosine monophosfate (IMP) dehydrogenase, a rate-limiting enzyme in the novo synthesis in guanine nucleotides (Shaw and Reines, 2000; Shaw et al., 2001). Our studies revealed that S. cerevisiae cells accumulate at G1 after NTP-depleting drug treatment. As NTP are substrates for three RNA polymerases, we could clearly establish that NTP depletion differentially impacts the RNA products of the three RNA polymerases: products from RNA pol I and III presented a strong and early reduction after treatment but mRNAs showed a very slight reduction at the same conditions. Thus, NTP-depletion drugs generate a clear imbalance between pre-rRNAs, tRNAs and mRNAs (Gómez-Herreros et al., 2013). Using conditional mutants affecting essential subunits of RNA pol I (Rpa43) or III (Rpc17), where their normal transcripts production (rRNAs or 5S rRNA respectively) decreased but not mRNAs generated from wild type RNA pol II, cells also arrested at G1, indicating that any imbalance in RNA polymerases products negatively impacts G1/S transition (Gómez-Herreros et al., 2013).
Ribosome biogenesis is a highly resource-consuming process and, therefore, involves the tight regulation and balanced synthesis of all its components. This complicated pathway requires the coordinated assembly of rRNAs, synthesized by RNA pol I and III, and ribosomal proteins (r-proteins), whose mRNAs are transcribed by RNA pol II. This coordination is critical for an effective utilization of cell resources and requires a balanced function of the RNA pol I, II, and III transcription activities. Thus, the synthesis of rRNAs and r-proteins are two coordinated pathways that lead to efficient ribosome biogenesis [(Warner, 1999; de la Cruz et al., 2018) and references therein]. Data from mammalian cells also showed a G1 arrest after disturbances in ribosome biogenesis, moreover, a key role of mammalian r-proteins L5 and L11 for this essential response has been demonstrated very well (Sun et al., 2008). L11 and L5 r-proteins assembly to 5S rRNA on pre-60S ribosomal particles in a process mediated by Rrs1 (Miyoshi et al., 2004). These mammalian r-proteins L5 and L11 have been reported to accumulate as free proteins and to induce p53 stabilization and G1 arrest after ribosomal biogenesis stress (Sun et al., 2008; Bursać et al., 2012). Therefore, we proposed that in yeast, the imbalance in the three RNA polymerases transcripts provoked defects in ribosomal biogenesis and generated the accumulation of free r-proteins due to the drop in rRNAs. This ribosomal assembly defect could induce a G1 arrest through the accumulation of free r-proteins. Thus, we demonstrated the accumulation of free L5 r-protein in these conditions, as was the case for mammalian cells. Figure 1 summarizes the model that has been proposed (Gómez-Herreros et al., 2013). In this model, the balanced activity of the three eukaryotic RNA polymerases (I, II, and III) is a prerequisite for an equimolar production of the different ribosomal components. When this balance is disturbed, the accumulation of free L5 occurs and acts as a signal to arrest cell cycle at G1 (Figure 1).
[image: Figure 1]FIGURE 1 | Coupling RNA polymerases production to cell cycle through the free accumulation of the r-protein L5 in yeast. The top panel represents balanced production of ribosomal components: rRNA, r-proteins mRNA and 5S rRNA, transcribed by RNA pol I, II, and III, respectively, are synthesized in the balanced proportion required for correct ribosomal particles assembly. The bottom panel represents situations where this balance is disturbed by a decrease in rRNAs levels but not in r-proteins mRNAs, generating free L5 accumulation and a G1 arrest. As indicated in the figure, rRNA is represented by waves and mRNA by lines.
Specific cell cycle defects have been described in response to repressed synthesis of r-proteins. After several hours of repression of r-proteins, systematic analyses of cell cycle progression, cell morphology, and bud site selection were performed after repression of 54 individual r-proteins genes in S. cerevisiae. In this study, most of the repressed genes involved a G1 arrest (nine encoding 60S subunit components and twenty-two encoding r-proteins of the 40S subunit) and only nine repressed genes encoding components of the 60S subunit resulted in a G2/M delay (Thapa et al., 2013). A later work from the same laboratory, explore cell cycle changes during the transition from normal cell cycle to arrest after inhibition of ribosome formation or translation capacity. Both inhibitions are sensed after a short time and the G1 stage was reached. No spindles or mitotic actin rings were visible, but membrane ingression was completed in most cells and Ace2, a transcription factor with asymmetric localization to daughter cell nuclei after cell division (Herrero et al., 2020), was localized to daughter cell nuclei demonstrating that, even in the budded arrested cells, G1 phase was reached (Shamsuzzaman et al., 2017). Finally, and very recently, it has been shown that disruption of the assembly of the 40S subunit affected the assembly of the 60S subunit (Rahman et al., 2020). As the r-proteins in each ribosomal subunit are essential only for the assembly of the cognate subunit (Gregory et al., 2019), it was unexpected that disruption of the 40S subunit assembly affected the kinetics of assembly of the 60S subunit, causing accumulation of free/extra-ribosomal 60S L5 (also named uL8) (Rahman et al., 2020). These results indicate that an interaction between the assembly of ribosomal subunits 40S and 60S exists, and that free L5 is a good marker of this generated ribosomal stress.
Nucleolar Stress Induces a G1 Arrest in Mammalian Cells
Nucleolar stress is the term used to described failures in ribosome biogenesis or function that ultimately leads to disruption in cell homeostasis (James et al., 2014). In human cells, mycophenolic acid (MPA) acts as an NTP-depleting drug, as in yeast. Thus, in mammalian, MPA treatment results in both a drastic reduction of pre-rRNA synthesis and the disruption of the nucleolus, causing p53 activation and the subsequent G1 arrest. This treatment provokes the accumulation of free human r-proteins L5 and L11 that bind and inhibit MDM2, the p53 E3 ubiquitin ligase. Therefore, ribosomal imbalance causes MDM2 inhibition, which induces p53 stabilization (Sun et al., 2008; Bursać et al., 2012; Fumagalli et al., 2012; Lo et al., 2012).
Cell responses to the imbalance between RNA polymerases activities, described in yeast and human cells, show very strong analogies: i) in both systems the outcome is a G1 arrest; ii) in both organisms, the G1 arrest responses are mediated by a ribosomal stress; iii) in both scenarios the accumulation of free r-proteins (as L5) is essential for coupling to cell cycle. This strong parallelism between the mechanisms responding to nucleolar stress in yeast and metazoan suggests that it reflects a general control strategy extended throughout eukaryotes. However, a major difference between the two systems exists: yeast does not contain p53 or MDM2. The interpretation of these differences has been extensively discussed and other systems exhibiting nucleolar stress without p53 have been described (James et al., 2014).
DEFFECTS IN RNA POLYMERASE ASSEMBLY PROVOKES ARREST AT G1
As we have just described, the ribosome biogenesis process has been extensively studied [(de la Cruz et al., 2018) and references therein] and its relevant role in interplaying complex networks, as cell cycle regulation, has been revealed. The assembly of eukaryotic RNA polymerases (RNA pol I, II, and III), is not completely understood although some elements involved in that process has been recently identified. We focus on yeast RNA pol III assembly, as coupling between this assembly process and cell cycle progression has been described (Płonka et al., 2019). The authors had previously isolated and characterized conditional mutants affecting the Rpc128, the second largest RNA pol III subunit. The mutant allele rpc128-1007 presents a severe defect in RNA pol III assembly as well as an expected reduction in tRNA levels (Cieśla et al., 2007; Cieśla et al., 2015). This conditional mutant, at the restrictive temperature, shows a G1 arrest phenotype which is partially suppressed by overexpression of RBS1, the gene encoding a protein involved in RNA pol III assembly (Cieśla et al., 2015). Also, cells lacking Rbs1 showed moderated delay in G1/S transition, indicating that impaired RNA pol III assembly is connected to the cell cycle default. Moreover, the G1 arrest phenotype is not suppressed after inactivation of Maf1, conditions in which elevated levels of tRNAs are produced (Pluta et al., 2001). Thus, they conclude that impairment of RNA pol III complex assembly, and not decreased tRNA transcription levels, is the primary reason for the G1 arrest observed in the rpc128 mutant (Płonka et al., 2019). Very interestingly, Rbs1 was identified as a substrate of cyclin-dependent kinase Cdc28, the main cell cycle regulator in S. cerevisiae, in a global proteomic approach (Ubersax et al., 2003).
However, there is evidence that RNA pol III defects can affect cell cycle progression regardless of assembly defects. Thus, mutants affecting the Rpc53 RNA pol III subunit, which has not been described as involved in assembly, leads to a G1 arrest both in yeast (Mann et al., 1992) and mammals (Ittmann et al., 1993). Moreover, depletion of RPC17 (encoding another RNA pol III subunit), also led to a delay in the G1 phase of the cell cycle (Gómez-Herreros et al., 2013) but, interestingly, RBS1 overexpression did not overcome G1 arrest (Płonka et al., 2019). These results indicate that G1 arrest coupled to defects in RNA Pol III can be mediated by different regulatory inputs.
CONCLUSIONS, APPLICATIONS AND OPEN QUESTIONS
In this work, we have revisited some aspects of the crosstalk between cell cycle progression and RNA polymerases function. We have focused on those situations where the cell cycle defect is not mediated by the limiting transcription of a specific gene, but those situations where the signal for the cell cycle regulation is the consequence of impaired activity of RNA polymerases or this activity is modulated by the cell cycle phase. First, we have revisited how the three RNA polymerases modulates their transcription capacity by cell cycle. Then, we have discussed two models in yeast. The first one, when cell cycle arrest is generated by an imbalanced production of RNA pol I, II, and III, which induces an imbalance in ribosomal components and the accumulation of the free r-protein L5 (Figure 1). Secondly, when a defect in RNA polymerases assembly is sensed and cell cycle arrested. In both cases, cells arrest at G1, indicating that yeast cells are able to detect internal signals, derived from the activity of the transcriptional machinery. These signals can impact the dynamics of START, the main regulatory event that takes place towards the end of G1 and involves an extensive transcriptional program (Costanzo et al., 2004; de Bruin et al., 2004; Haase and Wittenberg, 2014). It is a very attractive concept that complex processes like gene transcription and ribosomal biogenesis are coupled and sensed to take decisions at START (Figure 2).
[image: Figure 2]FIGURE 2 | S. cerevisiae yeast cell cycle scheme. The RNA polymerases system status impacts on G1/S transition. Graphical representation of the cell cycle phases and main regulators in S. cerevisiae are designed. The cyclin-dependent kinase Cdc28 (also known as Cdk1) is sufficient and necessary for cell cycle regulation. Different substrates are phosphorylated based on their association with G1 phase cyclins (Cln1, 2, and 3), S phase cyclins (Clb 5 and 6) or mitotic cyclins (Clb 1, 2, 3, and 4). In this figure, we represent how two abnormal situations involving RNA polymerases, affects specifically G1/S transition: (1) RNA pol I, II, and III transcripts imbalance and (2) RNA polymerases assembly defects.
We have also highlighted that the surveillance mechanism that couples balanced production of yeast ribosomal components and cell cycle, resembles the p53-dependent nucleolar stress checkpoint described in human cells, which indicates that this is a general control strategy extended throughout eukaryotes. In human cells, the molecular components of the regulatory pathway are well known. Clinicians uses the induction of nucleolar stress in cancer cells as an anti-cancer therapy. Moreover, selective inhibition of ribosomal gene transcription in the nucleolus has been shown to be an effective therapeutic strategy to promote cancer-specific activation of p53 (Bywater et al., 2012; Hein et al., 2013; James et al., 2014; Woods et al., 2015; Carotenuto et al., 2019).
Relevant questions remain to be answered in the yeast regulatory systems presented in this work. First, it would be interesting to figure out if all G1 arrest phenomena induced by different defects in RNA polymerases are mediated by the ribosomal stress. Finally, it would be extremely challenging to elucidate the molecular elements that connect the signals (imbalanced production of ribosomal components or defects in assembly) to the G1 arrest. The different elements that participate in the G1/S transition regulatory network, are good candidates. This knowledge would have a relevant translational potential as more than 50% of human cancers lack functional p53. Identification of new p53-independent response pathways could potentially reveal new therapy strategies for p53-defective cancer.
In summary, only understanding both regulatory aspects of this crosstalk, how cell cycle modulates transcription and viceversa, a precise knowledge of this complex regulatory interplay will be achieved with a huge translational potential that it has already begun promisingly.
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Coupling Between Production of Ribosomal RNA and Maturation: Just at the Beginning
Chaima Azouzi1, Mariam Jaafar1†, Christophe Dez1, Raghida Abou Merhi2, Annick Lesne3,4, Anthony K. Henras1* and Olivier Gadal1*
1Laboratoire de Biologie Moléculaire, Cellulaire et du Développement (MCD), Centre de Biologie Intégrative (CBI), CNRS, UPS, Université de Toulouse, Toulouse, France
2Genomic Stability and Biotherapy (GSBT) Laboratory, Faculty of Sciences, Rafik Hariri Campus, Lebanese University, Beirut, Lebanon
3CNRS, Laboratoire de Physique Théorique de la Matière Condensée, LPTMC, Sorbonne Université, Paris, France
4Institut de Génétique Moléculaire de Montpellier, IGMM, CNRS, Université Montpellier, Montpellier, France
Edited by:
Francisco Navarro, University of Jaén, Spain
Reviewed by:
Kostantin Panov, Queen’s University Belfast, United Kingdom
Tomasz Wojciech Turowski, Institute of Biochemistry and Biophysics (PAN), Poland
* Correspondence: Anthony K. Henras, anthony.henras@univ-tlse3.fr; Olivier Gadal, olivier.gadal@univ-tlse3.fr
Specialty section: This article was submitted to Protein and RNA Networks, a section of the journal Frontiers in Molecular Biosciences
†Present address: Inserm U1052, CNRS UMR5286, Centre de Recherche en Cancérologie de Lyon, Université de Lyon, Université Claude Bernard Lyon 1, Centre Léon Bérard, Lyon, France
Received: 17 September 2021
Accepted: 12 October 2021
Published: 26 October 2021
Citation: Azouzi C, Jaafar M, Dez C, Abou Merhi R, Lesne A, Henras AK and Gadal O (2021) Coupling Between Production of Ribosomal RNA and Maturation: Just at the Beginning. Front. Mol. Biosci. 8:778778. doi: 10.3389/fmolb.2021.778778

Ribosomal RNA (rRNA) production represents the most active transcription in the cell. Synthesis of the large rRNA precursors (35S/47S in yeast/human) is achieved by up to hundreds of RNA polymerase I (Pol I) enzymes simultaneously transcribing a single rRNA gene. In this review, we present recent advances in understanding the coupling between rRNA production and nascent rRNA folding. Mapping of the distribution of Pol I along ribosomal DNA at nucleotide resolution, using either native elongating transcript sequencing (NET-Seq) or crosslinking and analysis of cDNAs (CRAC), revealed frequent Pol I pausing, and CRAC results revealed a direct coupling between pausing and nascent RNA folding. High density of Pol I per gene imposes topological constraints that establish a defined pattern of polymerase distribution along the gene, with a persistent spacing between transcribing enzymes. RNA folding during transcription directly acts as an anti-pausing mechanism, implying that proper folding of the nascent rRNA favors elongation in vivo. Defects in co-transcriptional folding of rRNA are likely to induce Pol I pausing. We propose that premature termination of transcription, at defined positions, can control rRNA production in vivo.
Keywords: RNA polymerase I (Pol I), ribosomal RNA (rRNA) processing, transcription, termination of transcription, ribosomal RNA (rRNA) genes, RNA folding, premature termination of transcription
SYNTHESIS OF THE 35S PRIMARY TRANSCRIPT BY POL I
Yeast haploid cells contain between 150 and 200 copies of tandemly repeated rRNA genes while the diploid human genome contains around 400 copies. Although present at a high copy number in the genomes, not all rRNA genes are actively transcribed. In budding yeast, only about 50% of the genes on average are transcribed in exponentially growing cells. Each ribosomal gene unit spreads over 9.1 kb of DNA and contains two transcribed regions encoding the 35S pre-rRNA, transcribed by RNA Polymerase I (Pol I), and the 5S rRNA, transcribed by Pol III (Figure 1A). These transcribed regions are separated by intergenic spacers (IGSs): IGS1 starts at the transcription termination site of the 35S gene and ends at the 5S rRNA gene terminator and IGS2 corresponds to the region between the 5S rRNA gene promoter and the promoter of the next 35S gene (Nomura, 2001). Pol I transcription accounts for almost 60% of total transcriptional activity in yeast cells (Warner, 1999). This process occurs in the nucleolus and results in the synthesis of the 35S pre-rRNA containing the sequences of three of the four rRNAs composing the mature ribosome, the 18S, 5.8S and 25S rRNAs. These sequences are flanked and separated by sequences that are not retained in the mature ribosomes: respectively the 5′ and 3′ external transcribed spacers (5′ ETS and 3′ ETS) and the internal transcribed spacers 1 and 2 (ITS1 and ITS2) (Figure 1A). This 35S precursor will be co-transcriptionally packaged into pre-ribosomal particles that will undergo a complex maturation pathway to generate the mature ribosomal subunits.
[image: Figure 1]FIGURE 1 | Ribosomal DNA transcription by RNA Pol I. (A) Ribosomal DNA. The rDNA repeats (150–200 copies) are located on chromosome XII. A single repeated unit is transcribed by RNA polymerase I (Pol I) to synthesize the 35S primary pre-rRNA transcript, which is then processed to produce the mature 18S, 5.8S and 25S rRNAs (arrow pointing to the right). RNA Polymerase III synthesizes the 5S rRNA (arrow pointing to the left). IGS, intergenic sequence; ETS, external transcribed spacer; ITS, internal transcribed spacer. (B) RNA Polymerase I. Pol I 3D structure (Darrière et al., 2019). View of the initially transcribing complex model and its four different subunits - PDB 5W66 (Han et al., 2017). Catalytic amino acids are located in the center of the central cleft. The two main modules are mobile and allow cleft opening and closure, depending of the transcription step. (C) Transcription initiation. Composition of Pol I pre-initiation complex (see text for details). UAF, Upstream Activating Factor; TBP, TATA-binding protein; CF, Core Factor. (D) Transcription termination. Pol I termination mechanisms (see text for details).
TRANSCRIPTION INITIATION AND TERMINATION
Pol I enzyme in yeast is composed of 14 subunits (global molecular weight of 590 kDa) including two large subunits, Rpa190 and Rpa135, jointly forming the active site of the enzyme (Riva et al., 1987) (Figure 1B). Crystal structure of yeast Saccharomyces cerevisiae Pol I revealed the interactions occurring between its 14 subunits: the two large subunits Rpa190 and Rpa135 organize the enzyme in two modules of similar mass (Engel et al., 2013; Fernández-Tornero et al., 2013). The Pol I-specific subunits whose role during transcription has been partially characterized include Rpa43 and Rpa14 subunits in the stalk, and Rpa34, Rpa49 and Rpa12 subunits associated with the jaw/lobe module (Figure 1B).
Formation of preinitiation complex (PIC) is presented in Figure 1C. Pol I promoter contains two sequences required for efficient transcription initiation: the upstream activating sequence (UAS) and the core element (CE) (Nomura, 2001; Boukhgalter et al., 2002). Recruitment of the polymerase to the promoter to form the PIC relies on four transcription factors: upstream activating factor (UAF), core factor (CF), TATA-binding protein (TBP) and the Rrn3 transcription factor (Keener et al., 1998). UAF is the first complex to associate with the UAS of the rDNA promoter to initiate PIC assembly (Steffan et al., 1996). TBP was shown to bind to both CF and UAF, thus serving as a bridge to position CF downstream of the UAS. Binding of CF to the CE allows further recruitment of Pol I stably associated with Rrn3 (Aprikian et al., 2001). Rrn3 is a highly conserved transcription factor that associates with the Rpa43-Rpa14 heterodimer of Pol I and interacts with the Rrn6 subunit of the CF. It is therefore a crucial element required for transcription initiation (Peyroche et al., 2000; Aprikian et al., 2001). Transcription begins at the transcription start site (TSS) and Pol I and Rrn3 are released from the PIC upon transcription initiation. Several structural studies gave new insights into Pol I promoter recognition and melting, and more broadly into transcription initiation by yeast Pol I (Blattner et al., 2011; Engel et al., 2013, 2016; Moreno-Morcillo et al., 2014; Neyer et al., 2016; Tafur et al., 2016; Han et al., 2017; Sadian et al., 2017; Smith et al., 2018; Sadian et al., 2019; Tafur et al., 2019; Knutson et al., 2020). These studies will not be detailed here.
Pol I transcription termination involves pausing induced by a terminator protein, leading to dissociation of the polymerase and release of the primary transcript. Paradoxically, termination is not required for rRNA production since nascent transcript is released through the endonucleolytic cleavage by Rnt1 (Figure 1D) (Henras et al., 2005). In fission yeast, Reb1 protein interacts with the Rpa12 subunit of Pol I to stimulate termination (Jaiswal et al., 2016). In budding yeast, 90% of Pol I transcription termination occurs at a well-defined primary terminator element (T1) downstream of the 25S rRNA sequence (Figure 1D). Transcription termination at this site implicates the DNA-binding factor Nsi1, a Reb1 paralog, which promotes termination upstream of T1 at a T-rich element that likely operates as a polymerase release element (Lang and Reeder, 1993; Merkl et al., 2014; Reiter et al., 2012). In 10% of the cases, Pol I reads through this first terminator and stops at a downstream, “fail-safe” terminator (T2) located around position +250 from the 3′ end of the 25S rRNA sequence (Reeder et al., 1999). Transcription termination on Pol II-transcribed genes was shown to involve the 5′-3′ exoribonuclease Rat1 through a mechanism called “torpedo” (West et al., 2004; Luo et al., 2006; Kim et al., 2004). According to this model, Rat1 binds and degrades the transcript emerging from the polymerase following cleavage and release of the pre-mRNA, and given its high processivity, Rat1 catches up and dissociates Pol II from the DNA template. In the context of Pol I transcription, Rat1 was shown to interact with terminator sequences T1 and T2 and to be required for efficient termination. Its catalytic activity is required for this function since expression of a catalytically inactive mutant of Rat1 (Rat1D235A) could not suppress the Pol I termination defect observed in absence of Rat1. The absence of both Rat1 and Fob1, bound to the replication fork barrier (RFB) site (Figure 1D), increases polymerase read-through of T2 and the RFB site, indicating that Fob1 is also partly involved in termination (El Hage et al., 2008).
POL I SUBUNITS AND TRANS-ACTING FACTORS INVOLVED IN ELONGATION DYNAMICS
Transcription elongation properties involve in particular three Pol I subunits present on the lobe (Figure 1B): Rpa12 and the heterodimer Rpa34/Rpa49 (Liljelund et al., 1992; Nogi et al., 1993; Gadal et al., 1997). In absence of Rpa34/Rpa49, Pol I activity is altered (Huet et al., 1975; Liljelund et al., 1992). Pol I lacking the Rpa34/Rpa49 subunits does not produce RNA to the same extent as a wild-type enzyme (Kuhn et al., 2007; Beckouet et al., 2008; Albert et al., 2011). Furthermore, this heterodimer plays an important role in transcription by improving the recruitment of the Rrn3-Pol I complex to the rDNA and by triggering the release of Rrn3 from elongating Pol I. Indeed, in an rpa49 deletion strain, Rrn3 is recruited less efficiently at the promoter and fails to dissociate from elongating polymerases following transcription initiation (Beckouet et al., 2008). Interestingly, Rpa49 and Rpa34 are important for nucleolar assembly and formation of a property of actively transcribed rRNA genes called “Pol I caravans” or “Pol I convoys,” reflecting a spatial proximity between adjacent polymerases (Albert et al., 2011; Neyer et al., 2016). Rpa12 subunit stabilizes the Rpa49/Rpa34 heterodimer on the polymerase (Van Mullem et al., 2002; Tafur et al., 2019). In the absence of Rpa12, Pol I catalytic properties are affected (Appling et al., 2018; Scull et al., 2021). Furthermore, Pol I transcription through a linear mono-nucleosomal template was shown to be defective in the absence of the lobe-binding subunits (Merkl et al., 2020). Mutations affecting the Rpa135 subunit were also shown to affect transcription elongation. In particular, mutation of the amino acid at position 784 (rpa135-D784G), suspected to play a role in loading NTP substrates, caused reduced transcription compared to a wild-type Pol I. Calculation of Pol I elongation rate in vitro showed that this Rpa135 mutant is ten times slower than the wild-type polymerase (Schneider et al., 2007).
In addition to the role of Pol I subunits in transcription elongation, transcription factor Spt5 in complex with Spt4, was also shown to be required for efficient Pol I transcription (Schneider et al., 2006). Immunoprecipitation and mass spectrometry experiments showed that this complex interacts directly with multiple Pol I subunits (Rpa49, Rpa34, Rpa135 and Rpa190), through the NGN and KOW domains of Spt5 (Schneider et al., 2006). Moreover, Spt5 also associates with the transcription factor Rrn3 and with the 35S rRNA gene (coding region and promoter) (Viktorovskaya et al., 2011). Depletion of Spt4 in yeast results in a temperature-sensitive slow growth phenotype associated with a decreased rRNA synthesis rate as well as a reduced Pol I elongation efficiency, also impacting pre-rRNA processing and ribosome assembly (Schneider et al., 2006). Furthermore, Spt5 mutations suppress the cold-sensitive phenotype of an rpa49Δ strain. All these data support a function of the Spt4-Spt5 complex in Pol I transcription elongation, which remains to be understood at the molecular level. Another related protein, Spt6, interacts with the Spt4/Spt5 complex and was also proposed to play a role in Pol I transcription (Swanson and Winston, 1992). Spt6 interacts with Pol I subunit Rpa43 (Beckouët et al., 2011). It was shown that Spt6 associates with rDNA and is required for Pol I transcription since a strain carrying an in-frame deletion allele of SPT6 (Spt6-1004) showed reduced Pol I occupancy on the rDNA (Engel et al., 2015). Other factors including Hmo1 also modulate Pol I elongation properties, but the underlying mechanisms remain elusive (Albert et al., 2013; Higashino et al., 2015).
MAPPING POL I POSITION AT NUCLEOTIDE RESOLUTION TO INVESTIGATE POL I ELONGATION IN VIVO
In addition to the implication of Pol I subunits and trans-acting factors, Pol I elongation is also regulated by mechanisms intrinsic to the transcription process. Elongation is fundamentally discontinuous, with events of pausing, backtracking and possible premature termination, which remain to be explored. Pol I elongation was studied using the native elongating transcript sequencing (NET-seq) method, based on deep sequencing of the 3′ ends of nascent transcripts associated with the polymerase (Churchman and Weissman, 2011). This study revealed hundreds of positions within rDNA that reproducibly induce pausing (Clarke et al., 2018). Unfortunately, fragments of mature rRNAs co-purifying with Pol I in the NET-seq procedure could introduce bias in the analysis. Turowski and co-workers used the crosslinking and analysis of cDNAs (CRAC) technique to map the position of Pol I on rDNA during elongation. CRAC consists in crosslinking Pol I to its associated nascent rRNAs during elongation in vivo, followed by complex purification, reverse transcription of associated rRNAs and sequencing of cDNAs (Turowski et al., 2020). Applied to a population of cells, this method provides a statistical snapshot of the position of transcribing Pol I all along the rDNA unit and allows the determination of areas of the gene in which Pol I is accumulated (Figure 2A). It is noteworthy that a high polymerase occupancy reflects a low elongation rate. This CRAC analysis revealed a massive Pol I enrichment in the 5′ end of rRNA genes. Enrichment of polymerases at the 5′ end of rRNA genes was previously observed, but to a much lower extent, using the chromatin spread method developed by Oskar Miller, allowing a direct observation of Pol I in complex along rDNA (Miller and Beatty, 1969; Osheim et al., 2009; French et al., 2003). It was speculated that the high density of polymerases in the 5′ETS region, called “Low Entrainment Region” (LER), results in polymerases moving more slowly (decreasing Pol I elongation rate <20%) and being more closely over the initial 2 kb. As an underlying mechanism, Turowski and collaborators proposed that in the LER, where Pol I is associated with only short nascent transcripts, Pol I molecules are able to rotate freely along DNA grooves during elongation, while they become progressively unable to do so due to viscous drag 2 kb after initiation (Figure 2B). Accordingly, polymerase activity in the LER would not generate torsion in DNA, which allows changes in the relative positions of adjacent polymerases. This results in increased freedom for movement, likely increasing the probability of backtracking events, which would explain the accumulation of Pol I in the 5′ region of the genes. The high density of polymerases in the 5′ETS region is also correlated with the fact that major early pre-rRNA assembly events take place on the 5′ region of nascent rRNA (Chaker-Margot et al., 2017).
[image: Figure 2]FIGURE 2 | RNA Pol I elongation dynamics. (A) RNA Pol I distribution along rDNA template. Rpa135-CRAC results showing strong Pol I accumulation at 5’ end of the rRNA gene (Turowski et al., 2020). (B) Elongation dynamics in the Low Entrainment Region. Schematic representation of Pol I elongation dynamics in the LER (Turowski et al., 2020). Associated with short nascent transcripts, Pol I can easily rotate around rDNA in the 5’ region, leading to free translocation and a higher rate of backtracking. Beyond the LER, viscous drag limits the rotation of the pre-RNA/Pol I complex around DNA. (C) Premature termination. Model including the propensity of the elongation complex to dissociate and release rRNA, leading to premature termination. When a Pol I is stalled, a torsional stress occurs that could be resolved by a premature transcription termination (PTT) event.
It is important to note that Pol I translocation is based on Brownian ratchet motion making elongation prone to frequent backtracking and potentially sensitive to quite modest forces (Dangkulwanich et al., 2013). Co-transcriptional folding of the nascent rRNA has direct consequences on elongation by preventing backtracking, thereby favoring productive elongation (Turowski et al., 2020). Any co-transcriptional association with the nascent transcript of trans-acting factors (UTPs, snoRNPs) should have the same stimulatory effect on transcription. With up to 200 transcribing Pol I per rRNA gene, each enzyme is influenced by its neighbors along the template directly through steric constraints. Indirectly, away of the LER predicted to occur only in the first 2 kb, torsional constraints on DNA plays a major role (torsional coupling):
- When the rotation around DNA of the transcribing polymerases is prevented by viscous drag due to the size and structure of nascent rRNA, elongation can be described within the twin-supercoiled domain model: DNA screws into the polymerase and experiences positive supercoiling downstream and negative supercoiling upstream (Liu and Wang, 1987).
- When all polymerases transcribe at the same rate, the negative DNA supercoiling created in the wake of one translocating polymerase is rapidly cancelled out by the positive DNA supercoiling created in front of the following one. The torsional stress between polymerases is alleviated and a fast and processive collective translocation is allowed, leading to polymerase convoys (Lesne et al., 2018; Kim et al., 2019). Therefore, all polymerases in convoys translocate at the same rate, their spacing remains constant (Figure 2C). Any change in the relative positions of transcribing polymerases generates torsional stress, which will quickly exceed the low stalling force of the polymerases (Ma et al., 2013; Heberling et al., 2016; Tantale et al., 2016). Any local modification of Pol I spacing within rDNA modifies DNA supercoiling, and the associated increase of local torsional energy generates an apparent force sufficiently strong to restore the initial distance between the polymerases and ensures the cohesion of the convoy (Lesne et al., 2018). Deletion or rapid depletion of topoisomerase I, results in defective rRNA synthesis (El Hage et al., 2010; Albert et al., 2019), highlighting the importance of resolving DNA supercoiling (downstream and upstream of each convoy) for efficient Pol I transcription elongation.
However, this cooperative long-distance group behavior may also induce antagonist effects on elongation. It was observed that promoter shut-off reduces the apparent elongation rate of the engaged polymerases, which is associated with a significant increase in premature termination (Kim et al., 2019). It is rational to suppose that the same effect occurs when elongating Pol I gets stalled on rDNA, thus leading to accumulation of negative torsional stress in the wake of the downstream Pol I (i.e. the nearby Pol I farthest from the promoter). Pol I stalling is known to increase premature termination of the paused Pol I and possibly also of the downstream polymerases (Figure 2C). Such a phenomenon was previously described as premature termination of transcription (PTT) for Pol II (Kamieniarz-Gdula and Proudfoot, 2019).
These premature termination events could also potentially explain the 5′ bias observed in the Pol I CRAC profile. Pol II is known to undergo a transition from initiation to elongation states that is associated with changes of the phosphorylation status of the C-terminal domain (CTD) of the largest Pol II subunit (Milligan et al., 2016). It is possible that Pol I undergoes a similar transition, the 5′ accumulation bias reflecting a region in which the polymerase has an elevated probability to terminate prematurely. However, consideration of premature termination in the model of Turowski and collaborators, even though it recapitulated the overall profile, reduced by 30% the total number of polymerases per transcription unit, which falls below the number of Pol I molecules per rDNA observed using Miller spreads (Turowski et al., 2020). Nevertheless, premature termination of Pol I cannot be excluded and could, at least partially, play a role in establishing the 5′ bias.
WORKING HYPOTHESIS: POL I PROCESSIVITY AND PREMATURE TERMINATION
In order to better understand transcription regulation, Pol I mutants are of particular interest. We have recently identified in a genetic screen a super-active Pol I mutant, bearing a single substitution on the second largest subunit: Rpa135-F301S allele, hereafter named SuperPol I. This mutant induces an increase of rRNA production in yeast (Darrière et al., 2019). The mechanism leading to this increased rRNA production is not well understood. We proposed that this mutation alleviates an intrinsic repressive element of the polymerase, leading to increased processivity during elongation, i.e. the ability of Pol I to carry out continuous RNA synthesis on the DNA template without premature termination. This hypothesis is based on several experimental evidences. First, Miller spreads showed that the amounts of Pol I engaged in transcription are comparable in wild-type (WT) and mutant cells, meaning that the increased production of rRNA is not due to a major enhancement of Pol I initiation rate (Darrière et al., 2019). Moreover, in vitro promoter-dependent transcription assays confirmed that transcription initiation rate is similar between WT and SuperPol I. On the other hand, a tailed template assay, measuring elongation rate in vitro, revealed an increased rRNA production by the SuperPol I, likely due to a higher processivity (Darrière et al., 2019). Taken together, these elements suggest that the Rpa135-F301S mutation induces modifications in the elongation process, and more precisely on processivity. Premature termination directly affects processivity and likely influences Pol I distribution along the DNA template. Importantly, premature termination can not be measured by CRAC, which relies on detection of rRNA still bound to Pol I. To demonstrate the occurrence of premature termination events, defined as a dissociation of the elongation complex and release of the nascent rRNA, it will be necessary to correlate Pol I complex stalling with the production of abortive rRNAs. This could be achieved by combining Pol I CRAC data, highlighting precise pause sites, with a mapping of the corresponding abortive transcripts. Detection of rRNA species resulting from abortive transcription in differential amounts in cells expressing the SuperPol I or WT polymerase should allow to better understand what features of elongating Pol I lead to premature termination. The increased processivity of the SuperPol I mutant could likely be the consequence of a lower occurrence of premature termination, i.e. a lower production of abortive rRNAs.
CONCLUSION AND PERSPECTIVES
Methods allowing to map at nucleotide resolution Pol I pausing sites during elongation revealed a key interplay between RNA folding and elongation rate: formation of rRNA secondary structures prevents backtracking, hence enhances elongation rate. With a large amount of co-transcriptional folding of rRNA, we are now able to study how processing events are affecting Pol I elongation rate. So far limited to budding yeast, there is no doubt that some Pol I regulatory mechanisms are evolutionary conserved, as Pol I elongation rate is limiting for rRNA synthesis in metazoan cells (Hung et al., 2017). The understanding of the precise mechanisms of Pol I transcription and the implication of each inherent elongation feature opens wide prospects on health-related areas of research, particularly to understand a large number of genetic diseases collectively called ribosomopathies. Pol I inhibition used in cancer therapy these recent years will also benefit from such mechanistic breakthroughs (Sulima et al., 2019; Ferreira et al., 2020; Kampen et al., 2020).
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Plants contain five nuclear RNA polymerases, with RNA pols IV and V in addition to conserved eukaryotic RNA pols I, II, and III. These transcriptional complexes share five common subunits, which have been extensively analyzed only in yeasts. By taking advantage of the recently published olive tree cultivar (Olea europaea L. cv. Picual) genome, we performed a genome-wide analysis of the genomic composition corresponding to subunits common to RNA pols. The cultivated olive tree genome is quite complex and contains many genes with several copies. We also investigated, for the first time, gene expression patterns for subunits common to RNA pols using RNA-Seq under different economically and biologically relevant conditions for the cultivar “Picual”: tissues/organs, biotic and abiotic stresses, and early development from seeds. Our results demonstrated the existence of a multigene family of subunits common to RNA pols, and a variable number of paralogs for each subunit in the olive cultivar “Picual.” Furthermore, these isoforms display specific and differentiated expression profiles depending on the isoform and growth conditions, which may be relevant for their role in olive tree biology.
Keywords: RNA polymerases, plants, olive, expression conditions, common subunits
INTRODUCTION
Gene expression is a highly regulated process that comprises coordinated steps to ensure appropriate RNA levels and to allow cells to correctly respond and adapt to any situation. Transcription is the most widely studied step in gene expression that is carried out by RNA polymerases (RNA pols). In bacteria, archaea and eukarya RNA pols are heteromultimeric complexes responsible for the specific synthesis of different RNA types (Werner and Grohmann, 2011). Most eukaryotes possess three heteromultimeric RNA polymerases, namely, RNA pol I, RNA pol II, and RNA pol III (also known as RNA pols A, B, and C in plants). While RNA pol I synthesizes the precursor of the three largest rRNAs, RNA pol III synthesizes tRNAs, 5S rRNA, and several short non-translated RNAs. RNA pol II produces all mRNAs and many non-coding RNAs, including miRNA (Kwapisz et al., 2008; Werner et al., 2009; Werner and Grohmann, 2011; Cramer, 2019). Furthermore, plants contain two additional RNA pols—RNA pols IV and V (or RNA pols D and E)—that play roles in epigenetic regulation. They synthesize siRNAs that play roles in transcriptional silencing via RNA-directed DNA methylation (RdDM) and also non-coding RNAs with a role in the development and response to environmental changes (Wierzbicki et al., 2008; Tucker et al., 2010; Haag and Pikaard, 2011; Lopez et al., 2011; Ream et al., 2013). Both RNA pols IV and V have evolved as specialized forms of RNA pol II, as demonstrated by mass spectrometry and phylogenetic analyses (Huang et al., 2009; Ream et al., 2009; Tucker et al., 2010; Wang and Ma, 2015).
RNA pols I and III are composed of 14 and 17 subunits, respectively, while RNA pol II contains 12 (Kwapisz et al., 2008; Werner et al., 2009; Werner and Grohmann, 2011; Cramer, 2019). Plant RNA pols IV and V, which have evolved from RNA pol II, are also composed of 12 subunits, some of which are shared with RNA pol II (Wierzbicki et al., 2008; Tucker et al., 2010; Haag and Pikaard, 2011; Lopez et al., 2011; Ream et al., 2013; Wang and Ma, 2015). It has been described that the NRP4 subunit, shared by RNA pols II, IV, and V, is missing in cauliflower RNA pol V. However, this enzyme maintains its role in RNA silencing (Huang et al., 2009).
Eukaryotic RNA pols I, II, and III share five common subunits (Rpb5, Rpb6, Rpb8, Rpb10, and Rpb12) with archaeal homologs (Woychik et al., 1990; Shpakovski et al., 1995; Cuevas-Bermúdez et al., 2017). In plants, several paralogs of subunits common to RNA pols have been identified. Some are shared by several of, or all five, RNA pols, while others are RNA pol–specific. This is the case for subunits NRP5 and NRP6, which are specific or shared only by RNA pol IV and/or V, or even shared by RNA pols II, IV, and V (Wierzbicki et al., 2008; Huang et al., 2009; Tucker et al., 2010; Haag and Pikaard, 2011; Ream et al., 2013; Wang and Ma, 2015). Similarly, Rpb5 and Rpb6 paralogs have been described in trypanosomes (Kelly et al., 2005; Devaux et al., 2006). Subunits common to RNA pols have been extensively analyzed in yeast (Cuevas-Bermúdez et al., 2017), while their role and contribution to transcription are still unclear in plants. Notably, although subunits common to RNA pols must perform similar functions in the corresponding RNA pols, some of these subunits have been described to also play specific roles in transcription (Woychik et al., 1990; Zaros et al., 2007; Cuevas-Bermúdez et al., 2017; Martínez-Fernández et al., 2017). This must also account for plant NRPD/E5 subunits (RNA pol IV/V) with roles in gene silencing and RNA-directed DNA methylation, RdDM (Huang et al., 2009; Pikaard and Tucker, 2009; Lopez et al., 2011; Zhou and Law, 2015). Notably, subunit NRP6, one of the subunits common to RNA pols having a bacterial homolog (the ω subunit), is thought to be important for RNA pols assembly and stability and to play specific roles in transcription (Werner and Grohmann, 2011; Garrido-Godino et al., 2013; Nouraini et al., 1996; Lanzendorfer et al., 1997; Minakhin et al., 2001). It is worth noting that the Rpb8 common subunit is described as being eukaryote-specific, although an Rpb8 archaeal ortholog, called G or Rpo8, has been identified in Crenarchaeota, and it is thought to be a protein that appears at an early step in eukaryotic evolution (Koonin et al., 2007; Kwapisz et al., 2008).
The olive tree (Olea europaea L.) is one of the most important fruit trees in the Mediterranean Basin. Olive cultivation is important in economic, agronomic, and agro-ecological terms in many countries. Given its health benefits and economic impact in Mediterranean countries, olive oil is probably the most important vegetable oil in the world (Conde et al., 2008). Extra virgin olive oil is appreciated worldwide, thanks to its benefits for human health (Donaire et al., 2011). Its global demand continuously rises, and “Picual” is one of the most extensively cultivated olive varieties, thanks to the organoleptic properties of its extra virgin olive oil and excellent oxidative stability (Gutiérrez et al., 2001; Talhaoui et al., 2016). The cultivar “Picual,” of Andalusian origin, is the leading cultivar in Spain that accounts for 50% of national oil production and 20% of world oil production. The O. europaea genome is diploid, with 46 chromosomes (2n), whose size ranges from 1.48 to 2.2 Gb depending on the sequenced variety (Rugini et al., 1996; Loureiro et al., 2007). Recently, the “Picual” genome has been reported (Jiménez-Ruiz et al., 2020). “Picual” is a diploid organism (2n = 2x = 46) whose genome is larger than that of O. europaea var. sylvestris, with an estimated size of 1.68 Gb and 79667 genes, more than wild genomes (Jiménez-Ruiz et al., 2020). The cultivated olive genome results from two independent whole-genome duplications (WGDs) from around 62 and 25 million years ago, but with very recent partial genome duplications (Unver et al., 2017; Jiménez-Ruiz et al., 2020). “Picual” displays an excellent capacity to adapt to a wide variety of growth conditions, soils, stress, or pathogenic agent infections. “Picual” is sensitive to Verticillium dahliae infection, as are most olive cultivars, which has an important impact on economy or ecology. Adaptation to all these situations results from complex transcriptional responses, among other regulatory events (Leyva-Pérez et al., 2015; Jiménez-Ruiz et al., 2017; Jiménez-Ruiz et al., 2018).
Although extensive global transcriptomic studies have been performed on “Picual” (tissues and organs, abiotic cold stress, biotic stress by V. dahliae infection) and in early development from seeds, very little is known about transcriptional machinery regulation, and specifically about regulation of RNA pols. Taking advantage of this cultivar’s recently reported genome (Jiménez-Ruiz et al., 2020) and its economic, agronomic, and ecological importance, at least in the Mediterranean Basin, we analyzed the RNA pol gene composition and gene expression regulation in different relevant situations that impact growth or are of interest for genetic improvement. To do so, we focused on subunits common to RNA pols by understanding that they are shared by different RNA pols and that plants contain several specific paralogs of some RNA pol subunits. Based on both “Picual” genome and RNA-Seq datasets from tissues and organs, abiotic cold stress, biotic stress by V. dahliae infection, and early development transcriptomic studies, we investigated and described the existence of multigene families coding for subunits common to RNA pols and elucidated their differential transcriptional responses under these conditions.
MATERIALS AND METHODS
Genome-Wide Identification of Genes and Proteins for Common Subunits of RNA Polymerases in the Olive “Picual” Genome
Arabidopsis RNA pol common subunit genes were identified in The Arabidopsis Information Resource (TAIR) (www.arabidopsis.org). Protein sequence queries were used to search for homologs by BlastP with an E value of <1 × 10−5 to identify common subunit proteins of plant RNA polymerases.
The common subunits of the Arabidopsis thaliana RNA pols used as queries were NRPA/D5, At3g22320; NRPE5, At3g57080; NRPE5-Like, At2g41340; NRPA/E6a, At5g51940; NRPA/E6b, At2g04630; NRPA/E8a, At1g54250; NRPA/E8b, At3g59600; NRPA/E10, At1g11475; NRPB10-like, At1g61700; NRPA/E12a, At5g41010; NRPB12-like, At1g53690. The identified sequences of the common subunits of Arabidopsis RNA pols were subsequently employed as queries to recover their homologs from the “Picual” genome using BlastP searches, available at the OliveTreeDB website (https://genomaolivar.dipujaen.es/db/index.php). Genomic, cDNA, CDS, and protein sequences were obtained for each common subunit of the RNA pols.
The retrieved “Picual” NRP5 sequences were aligned to other plant RNA pol sequences for further analyses. The other common subunits of plant RNA polymerases herein used were NRPB5a_Zea mays, NP_001141164; NRPB5b_Zea mays, NP_001132429.1; NRPE_Zea mays, ACG37268; NRPE5_Pinus canariensis, AJA90785.1; NRPE5_Ginkgo biloba, AJA90777.1; NRPE5_Ephedra trifurca, AJA90766.1; NRPE5_Cycas revoluta, AJA90761.1; NRP5A-like.a (O. europapea sylvestris), XP_022875925; NRP5A-like.c (O. europapea sylvestris), XP_022871082.1; NRPE5 (O. europapea sylvestris) XP_022872077.1.
RNA-Seq Analysis
All RNA-Seq datasets used for the different studies have been previously described and are indicated later. The transcriptional steady-state levels of the olive cultivar “Picual” genes for subunit common to the RNA pols in organs/tissues were obtained from previously described datasets (Ramírez-Tejero et al., 2020). In brief, samples were collected from the roots, stems, meristems, leaves, flowers, and fruit of three healthy 10-year-old “Picual” olive trees under field conditions at the World Olive Germplasm Collection (WOGC) of the Andalusian Institute of Agricultural and Fisheries Research and Training (IFAPA), Córdoba, Spain. Two biological replicates (consisting of an equilibrated pool of three plant RNAs per sample) were sequenced.
The datasets described later were used for early development plant samples (Jiménez-Ruiz et al., 2018). For plant material preparation purposes, the seeds from the open pollinated cultivar Arbequina were induced to geminate at the Agrarian Research and Training Center (IFAPA) in Churriana, Spain. Seedlings were grown in vitro under chamber conditions with a 16-h photoperiod of fluorescent light at a constant temperature of 25°C until they were 2 months old. Then they were potted and grown in a conditioned greenhouse (25°C). The aerial parts of 10 plants were collected 1, 2, 3, 4, 5, and 6 months after seed activation. Two biological replicates of 10 pooled plants per sample were sequenced.
The V. dahliae–infected plants were obtained at the Department of Crop Protection, Institute for Sustainable Agriculture, Córdoba, Spain, and data from previously reported datasets were used (Jiménez-Ruiz et al., 2017). 40 plants were infected by root-dip inoculation in a conidial suspension (107 conidia ml−1) of defoliating V. dahliae isolate V937I. As a control group, 40 non-inoculated plants were handled in the same way to be used in the absence of the pathogen cited before. For each biological replicate, roots from three plants were pooled from the control or after 2 and 7 days postinfection, and the cDNA from the samples was sequenced.
The cold stress and cold acclimation data were obtained from the previously described datasets (Leyva-Pérez et al., 2015) and were obtained as the previous V. dahliae–infected plants at the Department of Crop Protection, Institute for Sustainable Agriculture, Córdoba, Spain. For this purpose, thirty-five 4-month-old potted olive “Picual” cultivar plants were used, acclimated at 24°C, and then incubated with a 14-h photoperiod of fluorescent light at 65 μmol m2 s (10°C day/4°C night) for 10 days and constant 76–78% relative humidity. Another group of 15 plants was used as the control treatment. Aerial tissues were harvested at 0, 10, and 24 days, and three plants were pooled for each biological replicate for RNA extraction and sequencing purposes.
For RNA sequencing, samples were immediately frozen in liquid nitrogen and stored at −80°C. Total RNA was extracted with the Spectrum Plant Total RNA Kit (Sigma-Aldrich, St. Louis, MO, United States) according to the manufacturer’s instructions. Two technical replicates of each sample were sequenced by paired-end sequencing (101 × 2) in an Illumina® HiSeq sequencer (Illumina, San Diego, CA, United States) at Sistemas Genómicos company (Valencia, Spain).
The expression analysis was performed with DNAstar (ArrayStar 17, Rockville, MD, United States) for the RNA-seq analyses (www.dnastar.com). Reads were mapped to the “Picual” genome as reference Oleur061 (Jiménez-Ruiz et al., 2020). Mapping was performed with high-stringency parameters to differentiate between highly similar paralogs, k-mer = 63 and 95% matches. Data were normalized using parameter reads per kilobase of transcript, per million mapped reads (RPKM). A basal expression level of log2 RPKM = −2 was considered. Therefore, the genes with expression values above this threshold level were considered expressed, whereas those with values that equaled or were below the threshold level were considered not expressed.
Data Availability Statement
The RNAseq data are available at the National Center for Biotechnology Information (NCBI) Gene Expression Omnibus (GEO). The organs/tissues data are available with accession numbers GSE140648, GSM4176229, GSM4176230, GSM4176231, GSM4176232, GSM4176233, GSM4176234, GSM4176235, GSM4176236, GSM4176237, GSM4176238, GSM4176239, and GSM4176240 for Project PRJNA556567 (Ramírez-Tejero et al., 2020).
The early development data are available with accession Numbers (NCBI: SAMN07603885, SAMN07603886, SAMN07603887, SAMN07603888, SAMN07603889, SAMN07603890, SAMN07603891, SAMN07603892, SAMN07603893, SAMN07603894, SAMN07603895, and SAMN07603896) for Project PRJNA401310 (Jiménez-Ruiz et al., 2018). The data corresponding to the response to cold stress and to V. dahliae infection are available with accession numbers SRR1525051, SRR1525052, SRR1524949, SRR1524950, SRR1524951, SRR1524952, SRR1525086, SRR1525087, SRR1525113, SRR1525114) SRR1525231, SRR1525237, SRR1524947, SRR1524948, SRR1525213, SRR1525114, SRR1525224, SRR1525226, SRR1525284, SRR1525285, SRR1525286, SRR1525287, SRR1525415, SRR1525416, SRR1525436, and SRR1525437 (Leyva-Pérez et al., 2015; Jiménez-Ruiz et al., 2017).
Phylogenetic Analysis
For phylogenetic analysis, the Phylogeny.fr interface was used (www.phylogeny.fr) (Dereeper et al., 2008). To do so, amino acid sequences were aligned with MUSCLE, and Gblocks was used for alignment curation. The phylogenetic tree was reconstructed using the maximum parsimony method with software PhyML (Guindon et al., 2010). Finally TreeDyn for tree drawing was used.
The amino acid sequences used were: Arabidopsis subunits common to RNA polymerases NRPA/D5, At3g22320, NRPE5, At3g57080, and NRPE5-Like, At2g41340, as well as NRPB5a _Zea mays, NP_001141164; NRPB5b _Zea mays, NP_001132429.1; NRPE_Zea mays, ACG37268; NRPE5_Pinus canariensis, AJA90785.1; NRPE5_Ginkgo biloba, AJA90777.1; NRPE5_Ephedra trifurca, AJA90766.1; NRPE5_Cycas revoluta, AJA90761.1; NRP5A-like.a (Olea europapea sylvestris), XP_022875925; NRP5A-like.c (Olea europapea sylvestris), XP_022871082.1; NRPE5 (Olea europapea sylvestris) XP_022872077.1.
RESULTS
Identification of Genes for Common Subunits of RNA Polymerases
In order to identify the subunits common to all the RNA pols from olive (NRP5, NRP6, NRP8, NRP10, NRP12), we used the recently reported “Picual” olive genome (Jiménez-Ruiz et al., 2020). We searched for loci containing the ORFs putatively coding for subunits common to RNA pols using BLAST search and the corresponding subunits common to RNA pols from A. thaliana as queries.
Arabidopsis has six genes that putatively encode NRP5 subunits (Larkin et al., 1999; Ream et al., 2009). However, only one subunit shared by RNA pols I-IV, NRPA/D5, and a second one specific to RNA pol V, NRPE5, have been identified in proteomic and functional analyses (Larkin et al., 1999; Ream et al., 2009; Law et al., 2011; Zhang et al., 2013). More recently, an NRPE5-like subunit was identified in proteomic analyses as being a component of RNA pol V, while this is not the case for two other putative NRPE-like subunits (Law et al., 2011). By using Arabidopsis NRPA/D5 as a query, we identified three putative genes coding for the “Picual” olive homolog subunits with identities falling within the 74–79% range. Concomitantly, we named them NRPA/D5a/b/c (Table 1 and Supplemental Figure S1). The NRPE5 homolog search permitted the identification of only one putative gene coding for the NRPE5 subunit with about 62% identity (Table 1 and Supplemental Figure S1). However, and unlike Arabidopsis, no NRPE5-like subunits were identified (58% and 68% identities between the Arabidopsis NRPE5-like and olive and the Arabidopsis NRPE5 subunits, respectively; Table 1 and Supplemental Figure S1). Furthermore, the existence of two classes of NRP5 subunits in olive was corroborated by the phylogenetic analysis (Figure 1). In addition, the NRPE5 subunit maintained the short N-terminal extension described for the plant NRPE5, as compared to NRPA/D5 (Supplemental Figure S2), which was suggested to be important for protein stability in vivo in Arabidopsis (Ream et al., 2009).
TABLE 1 | Identified common subunits of RNA polymerase from olive.
[image: Table 1][image: Figure 1]FIGURE 1 | Schematic phylogenetic diagram of NRP5 genes. NRP5 sequences were aligned with MUSCLE, and the unrooted phylogenetic tree was reconstructed using the maximum likelihood method with the PhyML algorithm. The numbers at the nodes represent the percentage bootstrap values (only those higher than 50% were represented). The reliability for the internal branch was assessed using 100 bootstrap replicates. The NRPE5-type denoted the RNA pol V–specific subunit, including the corresponding NRPE5-like described in Arabidopsis. Cultivated olive corresponds to Olea europaea sylvestris (Unver et al., 2017). Arabidopsis RNA polymerase common subunits NRPA/D5, At3g22320, NRPE5, At3g57080 and NRPE5-Like, At2g41340 were used and NRPB5a _Zea mays, NP_001141164; NRPB5b _Zea mays, NP_001132429.1; NRPE_Zea mays, ACG37268; NRPE5_Pinus canariensis, AJA90785.1; NRPE5_Ginkgo biloba, AJA90777.1; NRPE5_Ephedra trifurca, AJA90766.1; NRPE5_Cycas revoluta, AJA90761.1; NRP5A-like.a (Olea europapea sylvestris), XP_022875925.1; NRP5A-like.b (Olea europapea sylvestris), XP_022875924.1; NRP5A-like.c (Olea europapea sylvestris), XP_022871082.1; NRPE5 (Olea europapea sylvestris) XP_022872077.1.
Two NRP6 subunits, NRPA/E6a and NRPA/E6b, have been described in Arabidopsis (Ream et al., 2009; Law et al., 2011; Ream et al., 2015). By using them as queries, we identified five putative NRP6 coding genes in olive (Table 1 and Supplemental Figure S1). Three of the corresponding subunits (named NRPA/E6a/b/c) showed high identity among them (88–96%) and ranged from 69 to 79% identity in relation to the Arabidopsis NRPE6 subunits. Strikingly, the other two subunits (named NRPA/E6d/e) were small in size, with 113 and 119 amino acids. NRPA/E6d showed about 59% identity compared to the Arabidopsis subunits, while NRPA/E6e displayed the least identity of about 49%.
Two NRP8 subunits in Arabidopsis have been shown to form part of all five RNA pols: NRPA/E8a and NRPA/E8b (Ream et al., 2009; Law et al., 2011; Ream et al., 2015). In olive, three putative coding genes for the NRPA/E8a/b/c subunits were identified. The NRPA/E8a identity range was 53–55% with the Arabidopsis subunits, while NRPA/E8b/c range was 45% (Table 1 and Supplemental Figure S1).
In Arabidopsis, two NRP10 subunits (NRPA/E10 and NRPB10-like) and two NRP12 subunits (NRPA/E12 and NRPB12-like) have been detected (Ream et al., 2009; Law et al., 2011; Ream et al., 2015), although the association of NRPB10-like and NRPB12-like with RNA pols remains controversial (Ream et al., 2015). By using them as queries, two putative coding genes for NRPA/E10a/b have been identified in the olive “Picual” with identities within the 90–95% range with their Arabidopsis homologs (Table 1 and Supplemental Figure S1). Conversely, four putative coding genes for the NRPA/E12a/b/c/d subunits were found in “Picual,” whose identities were greater with Arabidopsis NRPA/E12 (67–90%) than with NRPB12-like (52–71%) (Table 1 and Supplemental Figure S1). Interestingly, NRPA/E12d showed the fewest identities with the other NRPA/E12 olive subunits when they were all compared.
The Genes for Subunits Shared by RNA Polymerases are Spatially and Temporally Regulated
In line with the aforementioned data, we have speculated that several members of each distinct subunit common to RNA pols existed in the olive cultivar. To explore whether the corresponding putative coding genes were functional and expressed, we analyzed their spatial and temporal expression patterns.
We first investigated the expression of genes putatively coding for the different NRP5, NRP6, NRP8, NRP10, and NRP12 subunits from the “Picual” olive cultivar by analyzing their mRNA levels in several organs (fruits, flowers, leaves, roots, stems) and tissues (meristems) with the RNA-Seq data from a previously detailed transcriptomic analysis (Ramírez-Tejero et al., 2020).
As shown in Figure 2, all the identified NRP genes from olive were expressed in all the analyzed organs and tissues, except Oleur061Scf0350g03011.1 for NRPA/E6e and Oleur061Scf 1987g03032.1 for NRPA/E12d, which were not expressed for either condition. A complex expression pattern was also observed when we compared the genes of the different NRP subunits. However, when independently comparing each subset of NRP genes corresponding to each NRP subunit, our results showed that the different paralog genes tended to maintain similar expression levels in the different organs and tissues, except for the NRP12 genes and NRPA/E10b.
[image: Figure 2]FIGURE 2 | Gene expression pattern of subunits common to RNA polymerases in different organs and tissues. Data from previously published RNA-Seq datasets (Ramírez-Tejero et al., 2020). Expression profile of the different NRP common subunit genes from olive cultivar “Picual” in fruit, flowers, leaves, roots, stems, and meristems. Data correspond to reads per kilobase of transcript per million mapped reads (RPKM). Data are represented as log2 (RPKM). Values ≤ −2 are considered no expression and are represented by a value of −2.
Regarding expression levels, NRPE5 showed the highest mRNA levels of all the NRP5 genes, while the other three NRPA/D5 genes were similarly expressed in the different organs and tissues. Moreover, the gene for the NRPA/E8a subunit was more highly expressed than the other two identified NRPA/E8 genes. This was also the case for the NRPA/E10a gene versus NRPA/E10b. Notably, no major differences in expression levels were observed for the four expressed NRP6 coding genes. Finally, the NRP12 genes presented the biggest differences when comparing their expression levels in the different analyzed organs and tissues. The NRPA/E12c gene was not expressed in fruits and was similarly expressed in the other analyzed organs and tissues. These differences in expression levels did not seem to maintain a relation with the total mRNA amount detected in any analyzed organ and tissue (Supplemental Figure S3).
These results collectively suggested that most NRP coding genes were expressed, with no major differences between different organs and tissues for each gene, except the NRP12c gene that was not expressed in fruits, and NRPA/E10b that was overexpressed in flowers. On the contrary, a clear spatial regulation with evident differences in the expression levels between paralog genes was observed, thus implying that some of these subunits have major contribution. We further investigated whether NRP common subunit genes from the olive cultivar could be temporally regulated by exploring their expression patterns using previously reported and corroborated datasets during the early juvenile development period from 1-month to 6-month seedlings (from germinated embryos to juvenile trees), the end of which corresponds to the juvenile development stage (Jiménez-Ruiz et al., 2018). Note that a complete transcriptomic study of olive development during the early juvenile period demonstrated that after 3–4 months of development, all plant structure and cell and organ differentiation have occurred, and thus, the juvenile tree development from seed is complete (Jiménez-Ruiz et al., 2018).
As shown in Figure 3, a general decrease in NRP gene expression was observed until development at 4 months, although differences were found in mRNA levels among distinct gene paralogs. We were unable to exclude some gene expressions not being mainly altered, as with NRPA/E6a. It is worth noting that 4 months corresponded to completed juvenile tree development from seed (Jiménez-Ruiz et al., 2018). Interestingly, some differences were evident: NRPA/D5a, NRPA/D6c, and NRPA/E12a gene expressions peaked at 2-month development and then lowered, while NRPA/E8b and NRPA/E12c expressions drastically decreased. These results could account for major transcriptional activity during early development from seed before later reaching the levels maintained mainly in juvenile and/or adult trees.
[image: Figure 3]FIGURE 3 | Gene expression pattern of subunits common to RNA polymerases during early development from germinated embryos to juvenile trees. Data from the RNA-Seq datasets (Jiménez-Ruiz et al., 2018). Expression profile of the different NRP genes from olive cultivar “Picual” during early development 1, 2, 3, 4, 5, and 6 months after seed activation. Data correspond to reads per kilobase of transcript per million mapped reads (RPKM). 4 months corresponds to the time considered for plant to be a juvenile tree. Data are represented as log2 (RPKM). Values ≤ −2 are considered no expression and represented by a value of −2. The gray square represents the late developmental period once plants were juvenile trees.
Notably, after juvenile tree formation (between 4 and 6 development months), the expression of most NRP genes increased or remained unaltered, except for NRPA/E6c, whose slow decrease in gene expression continued from 2 development months. In addition, the NRPA/D5c expression pattern differed by lowering between 5 and 6 development months. This also occurred for NRPA/E8b and NRPA/E12c, although their expression drastically dropped, or even disappeared, after 3 and 1 development months, respectively, before increasing to 5 development months.
Furthermore, we corroborated that genes NRPA/E6e and NRPA/E12c were not expressed during development from germinated embryos to juvenile trees, and NRPE5, NRPA/E8a, NRPA/E10a, and NRPA/E12a and b were the most expressed gene paralogs, as observed under other conditions analyzed herein. Altogether, these data demonstrated that most NRP common subunit genes from olive were expressed and were spatially and temporally regulated.
The Genes for Subunits Shared by RNA Polymerases are Regulated by Stress Conditions
Biotic and abiotic stresses impact olive tree cultivars, leading to vast economic loss and agronomic damage (López-Escudero and Mercado-Blanco, 2011; Trapero et al., 2013). Accordingly, we investigated whether NRP common subunit genes were expressed under biotic and abiotic stresses.
A wide variety of biotic constraints affects olive cultivation, including Verticillium wilt of olive caused by the pathogenic fungus V. dahliae, which is detected in almost all the regions where olive culture exists, and is one of the most harmful diseases that affect this woody crop, leading to vast economic loss and agronomic damage, particularly in the Mediterranean Basin (López-Escudero and Mercado-Blanco, 2011). Most olive tree cultivars are susceptible to this disease, including “Picual” (Trapero et al., 2013).
We collected data from recently published genome-wide transcriptomic studies conducted during infection and the plant–V. dahliae interaction (Jiménez-Ruiz et al., 2017; Leyva-Pérez et al., 2018), we investigated the expression pattern of genes for subunits shared by RNA polymerases from olive cultivars associated with biotic stress during V. dahliae root infection. We also used the RNA-Seq data from the total RNA extracted from the roots of three groups of three randomly selected plants after 48 h and 7 days of infection, as well as from the control plants, taken as time 0 before infection (Jiménez-Ruiz et al., 2017). As shown in Figure 4, the analysis of the control plants (time 0 before infection) corroborated our previous results observed in roots (Figure 2). Notably, in the susceptible “Picual” cultivar, the gene expression for most NRP subunits decreased during infection and plant–V. dahliae interaction (Figure 4). On the contrary, in the resistant cultivar “Frantoio,” none of the NRP common subunit genes decreased their expression during V. dahliae infection, suggesting that this differential expression may contribute to the resistance or sensitivity to V. dahliae infection (Supplemental Figure S4; compare with Figure 4). However, some exceptions were observed in the “Picual” NRP expression pattern (Figure 4). This was the case of the NRPA/D5a gene, which was upregulated 2 days after infection, and the levels lowered to those noted in the control (time 0) at seven days. The expression of genes NRPA/E6a, NRPA/E6c, and NRPA/E8a increased during infection, which suggests a specific response to V. dahliae infection in olive cultivars. Furthermore, NRPA/E12a, which was the most expressed of the four NRPA/E12 genes, showed no significant wide variation in gene expression during V. dahliae infection. This behavior differed from that of the other three NRP12 genes, whose expression decreased or was absent (NRPA/E12d). Notably, as observed before for the different organs and tissues, NRPE5, NRPA/E8a, and NRPA/E10a were still the most expressed genes among their paralogs, while NRPA/E6e was not expressed at all, which was also the case for the NRPA/E12d gene, as indicated before.
[image: Figure 4]FIGURE 4 | Gene expression pattern of subunits common to RNA polymerases during the V. dahliae early infection process. Data from previously published RNA-Seq datasets (Jiménez-Ruiz et al., 2017). Expression profile of the different NRP genes from olive cultivar “Picual” 1 and 7 days after V. dahliae infection. The control corresponds to the control group of non-inoculated plants, handled in the same way as in the absence of the pathogen. Data correspond to reads per kilobase of transcript per million mapped reads (RPKM). Data are represented as Log2(RPKM). Values ≤ −2 are considered no expression and represented by a value of −2.
These results demonstrated the expression of most NRP common subunit genes during biotic stress by V. dahliae infection and suggest some NRPs’ major contribution to this response.
To further investigate the expression of NRP common subunit genes under abiotic stress, we have paid special attention to the olive cultivar response to abiotic cold stress as olive is sensitive to winter chilling temperatures, with severe leaf damage occurring at −7°C (D’Angeli et al., 2003). In this situation, an adaptive response, called cold acclimation (Chinnusamy et al., 2006), has evolved to overcome damage related to this abiotic stress.
In order to explore the expression pattern of genes for common subunits of RNA polymerases from the olive cultivar in response to abiotic cold stress, we used the RNA-Seq data from the whole-transcriptome analysis of cold acclimation in “Picual” plant leaves (Leyva-Pérez et al., 2015). To do so, the acclimated plants were subjected to cold stress, and aerial tissues (leaves) were harvested at 0 h (control), 24 h, and 10 days after cold stress (Leyva-Pérez et al., 2015). It is worth noting that cold stress symptoms were detected after 24 h of treatment, and plants completely recovered after 5 days (Leyva-Pérez et al., 2015).
As observed in Figure 5, our results at time 0 (control) corroborated mainly the aforementioned data in leaves (Figure 2). Furthermore, as observed in previously mentioned analyses, some NRP genes appeared to be the most expressed of their paralogs: NRPE5, NRPA/E8a, NRPA/E10a, and NRPA/E12a and b. In addition, as in previous analyses, NRPA/E6e and NRPA/E12d were not expressed. It is worth noting that these two features were also observed for all conditions analyzed herein. Interestingly, most expressed NRP genes showed a similar general response and were induced during cold acclimation (Figure 5). On the contrary, NRPA/E10b gene expression suggested not responding to this abiotic stress. This feature did not seem to be the result of NRPA/E10b gene constitutive expression because this gene responded to V. dahliae infection (Figure 4).
[image: Figure 5]FIGURE 5 | Gene expression pattern of subunits common to RNA polymerases under abiotic stress during cold acclimation. Data from previously published RNA-Seq datasets (Leyva-Pérez et al., 2015). Expression profile of the different NRP genes from olive cultivar “Picual” 1 and 10 days after cold acclimation. Control corresponds to the control group of acclimated plants at time 0. Data correspond to reads per kilobase of transcript per million mapped reads (RPKM). Data are represented as log2 (RPKM). Values ≤ −2 are considered no expression and represented by a value of −2.
The NRP12 gene paralogs showed the most complex differentiated expression pattern (Figure 5), similar to that observed during V. dahliae infection (Figure 4). As shown, while NRPA/E12b gene expression was induced by cold acclimation, NRPA/E12a gene expression did not significantly alter. Strikingly, NRPA/E12c gene expression disappeared after 10 cold acclimation days.
Our results indicated a major global response to cold acclimation that resulted in NRP gene expression increasing mainly with time. Globally, our results demonstrated a major global transcriptional regulatory response to biotic and abiotic stresses.
DISCUSSION
Plants present a high genomic plasticity, and many species are polyploids or have been polyploids during some evolutionary events, such as olive trees. This fact is why unique genes in other eukaryote groups frequently have some paralog genes in plants. Duplicated genes may evolve and be silenced, or be specialized in a specific condition. Plants have two additional RNA pols (IV and V) to the general three-eukaryote ones as specialized enzymes that have evolved from RNA pol II. All eukaryotic RNA pols share five common subunits, which are mostly coded by unique genes. However, this is not true for plants, containing several paralog genes for these NRPs. Based on the marked agronomic, economic, and ecological interest of olive trees, we searched for genes of subunits shared by RNA polymerases (RNA pols are major elements in gene expression regulation) and studied if the different genes coding for each subunit were regulated and differentially expressed. For this reason and based on the recently reported cultivar “Picual” genome (Jiménez-Ruiz et al., 2020), we analyzed the composition of genes for common subunits of RNA polymerases and their expression patterns in several situations of interest, such as early development, organ/tissue profile, and biotic or abiotic stresses. Furthermore, globally analyzing their expression can help elucidate not only their contribution but also that of RNA pols to global transcriptional responses of interest to the cultivar “Picual.”
We identified distinct genes for all five subunits shared by RNA pols (Table 1). These results fall in line with those previously described for Arabidopsis and maize, or other angiosperms and gymnosperm plants (Haag et al., 2014; Wang and Ma, 2015; Ream et al., 2009), which suggests high divergence and large differences in evolutionary gene patterns for these different gene subunits (Wang and Ma, 2015). This feature must apply not only to RNA pols common subunits but also to any RNA pol subunits (Ream et al., 2009; Tucker et al., 2010; Ream et al., 2013; Haag et al., 2014; Ream et al., 2015; Wang and Ma, 2015). However, except for subunits five and ten, “Picual” possesses more genes than other plants for subunits 6 (five), 8 (four), and 12 (four) (Ream et al., 2009; Haag et al., 2014; Wang and Ma, 2015). These results agree with the olive cultivar genome resulting from two independent whole-genome duplication (WGD) events during domestication dating back some 62 and 25 million years ago, in addition to very recent partial genome duplications (Unver et al., 2017; Jiménez-Ruiz et al., 2020). On the contrary, angiosperms like Arabidopsis and maize genomes have resulted from one WGD and partial genome duplications (Jiao et al., 2011; Wang and Ma, 2015; Jiao, 2018; Ren et al., 2018). Only two genes for subunit ten were found in “Picual.” This suggest gene loss during evolution after gene duplications, which is described to be a general evolutionary mechanism (Wang and Ma, 2015; Julca et al., 2018). In angiosperms, subunit NRP5 gene duplication seemed to lead to the appearance of a gene coding for subunits NRPA/C5 and/or NRPA/D5 (RNA pols I-III or I-IV, respectively) and a second one for the NRPD/E5 subunit (RNA pols IV/V), whose duplication gave rise to the specific gene for the NRPE5 subunit (RNA pols V) in Arabidopsis (Wang and Ma, 2015). Similarly, in cauliflower, a specific NRPB5b subunit has evolved from an RNA pol II precursor into a functionally different subunit in RNA pol V (Huang et al., 2009). Notably, these occurrences are essential features for RNA pol IV and V specialization from RNA pol II (Tucker et al., 2010; Haag et al., 2014; Huang et al., 2015). The olive cultivar “Picual” only contains one gene that putatively codes for the NRPE5 subunit, according to the amino acid identity with Arabidopsis NRP5 proteins (Table 1 and Supplemental Figure S1), while three genes putatively coding for almost identical subunits (89–95%) showed a closer identity to the NRPA/D5 subunit. Accordingly, these data agree with a “Picual” NRPD/E5 coding gene being duplicated during the ancient WGD in gymnosperms (Jiao et al., 2011; Wang and Ma, 2015; Jiao, 2018; Ren et al., 2018), with the loss of at least one resulting duplicated gene after the second WGD occurring during Olea–Fraxinus ancestor speciation (Unver et al., 2017; Jiménez-Ruiz et al., 2020). Furthermore, this ancient WGD has been hypothesized to come from an ancestral allotetraploid produced by the hybridization of an ancestral Fontanesia-related species and an ancestral Jasminum–Forsythia species (Taylor, 1945; Unver et al., 2017; Jiménez-Ruiz et al., 2020). Conversely, the three “Picual” NRPA/D5 copies account for the very recent partial genome duplication, which may have occurred during domestication.
WGDs seem to account for the reciprocal loss or subfunctionalization of duplicated genes in different species, which enhances the adaptation of organisms to environmental challenge (Hegarty and Hiscock, 2008; Julca et al., 2018; Ren et al., 2018; Qiao et al., 2019). Gene inactivation mechanisms could occur for the “Picual” genes that putatively code for NRPA/E6e and NRPA/E12d as we were unable to detect mRNA expression under any analyzed condition (different organs and tissues, biotic and abiotic stress, plant development). Furthermore, we cannot rule out gene loss for other RNA pol subunits in “Picual” during the domestication period.
Except for the putative coding genes for NRPA/E6e and NRPA/E12d that are indicated earlier, all the other identified genes for the common subunits of RNA pols in “Picual” were expressed, according to our analyses of the different RNA-Seq datasets (Leyva-Pérez et al., 2015; Jiménez-Ruiz et al., 2017; Jiménez-Ruiz et al., 2018; Ramírez-Tejero et al., 2020). However, we cannot rule out that NRPA/E6e and NRPA/E12d can be expressed under other conditions, although it seems unlikely. Nevertheless, other genes for some Arabidopsis or maize RNA pol subunits have been found to be expressed according to mRNA analyses, but no corresponding proteins have been identified in proteomic and/or biochemical studies (Wang and Ma, 2015).
A holistic expression analysis reveals some interesting findings: 1) most genes for subunits shared by RNA polymerases show similar expression patterns for most analyzed conditions, which suggests coordinated responses; 2) global differences in the gene expression levels between the distinct paralogs are chiefly maintained under any of the analyzed conditions, albeit with specific differences for some common subunits of RNA polymerases, which indicate specific expression regulation for those NRP genes; 3) one gene or two per subunit show the highest expression for any analyzed condition, save the NRP6 paralog genes with similar expression levels. This finding implies that major contribution to general gene expression depends on some gene paralogs; 4) the NRP common subunit genes show spatial and temporal transcriptional regulation and respond to biotic and abiotic stress. Furthermore, certain specificities exist for each analyzed condition.
In terms of the spatial transcriptional regulation, gene expression of NRP common subunits was variable for different organs and tissues (Figure 2), and not only for different subunit genes, but also among diverse paralogs of the same NRP common subunit genes. Similarly, differences in NRP subunit expression in organs and tissues have also been observed for Arabidopsis, maize, and other plants (Ream et al., 2009; Ream et al., 2015; Wang and Ma, 2015). These results suggest that specific expression regulation for those NRP genes may be physiologically relevant in different organs and tissues and similarly in other growth conditions (see below).
Given cultivated olive trees’ agronomic importance, knowledge of early tree development gene regulation steps is relevant to manipulate and shorten the unproductive juvenile period (Moreno-Alías et al., 2010). Notably, transcriptomic analyses of seedlings during early development show a major alteration of gene expression in the first 3–4 months, and gene expression subsequently grows more stable once juvenile tree development from seed is complete (Jiménez-Ruiz et al., 2018). This also seems to be the case for most genes of subunits shared by RNA polymerases, with a slight general trend for a decrease in gene expression decrease during the 1- to 4-month periods (from seed to juvenile tree) and mostly maintained later. These results could imply greater transcriptional activity during early development from seed to juvenile tree being completed (4–6 months development), after which transcriptional activity lowered and remained the same in juvenile and/or adult trees. However, differences were observed for some genes (Figure 3). Our results also suggest a minor contribution of NRPA/E8b and NRPA/E12c to seedling development, which was mostly constrained to very early development steps as they were underexpressed 2 or 3 months after inducing germination. A specific transcriptional response in early development has been described for the genes involved in DNA methylation, which were upregulated during the 6-month follow-up (Jiménez-Ruiz et al., 2018). Interestingly, the role of RNA pols IV and V in RNA-directed DNA methylation has been clearly demonstrated (Huang et al., 2009; Ream et al., 2009; Haag and Pikaard, 2011; Haag et al., 2014; Zhou and Law, 2015) by acting during development (Pikaard and Tucker, 2009; Moo et al., 2012; Haag et al., 2014). However, the NRPE5 gene for RNA pol V (and/or IV) did not specifically and differently modulate its expression. This suggests that RNA pol V transcriptional regulation did not make any major contribution to olive development or that RNA pols are globally regulated at activity levels by the protein–protein interactions of transcriptional complexes, or even by posttranslational modification, rather than by the gene expression of RNA pol subunits.
Susceptible olive cultivar “Picual” responds to biotic stress provoked by V. dahliae infection by initiating a specific transcriptional stress response, similarly to that observed in other plants (Jiménez-Ruiz et al., 2017; Yuan et al., 2020). This complex transcriptional response may involve the regulation of some or all transcriptional machineries. Along this line, most NRP genes transcriptionally respond to this biotic stress as some decrease their expression in the plant–fungi interaction, while others specifically and distinctly respond by showing rapid upregulation at 2-days postinfection, or even remain generally unaltered (Figure 4). Notably, plants acquire immunity to pathogen infections, a response that involves the participation of different transcription factors and, at least, RNA pol V (Lopez et al., 2011; Amorim et al., 2017) via RdDM mechanism (Huang et al., 2009; Ream et al., 2009; Haag and Pikaard, 2011; Haag et al., 2014; Zhou and Law, 2015). However, subunit gene NRPE5, specific to RNA pol V (and/or IV), did not respond by specifically modulating its expression after V. dahliae infection in relation to other NRP5 genes (Figure 4) as could be expected. This result poses several considerations, as discussed above, during olive development. First is the notion that RNA pols are regulated at activity levels, although this did not seem to be a general feature of gene regulation due the differential transcriptional response of the NRP genes (Figure 4). Another possibility of NRPE5 expression not being specifically altered may suggest that RNA pol V transcriptional regulation did not make any major contribution to “Picual” infection by V. dahliae to mediate plant immunity, or could be the consequence of this olive tree being sensitive to V. dahliae (Leyva-Pérez et al., 2018). In line with this, some genes implicated in V. dahliae infection have been seen to clearly upregulate in olive cultivar “Frantoio” which resists this fungus, while their expression remains unaltered or even decreases in “Picual” (Leyva-Pérez et al., 2018). Notably, none of the “Frantoio” NRP common subunit genes decreased their expression during V. dahliae infection, in contrast to the transcriptional response observed for “Picual,” suggesting that this differential expression may contribute to the resistance or sensitivity to V. dahliae infection (Supplemental Figure S4; compare with Figure 4).
The NRP genes for common subunits respond to abiotic cold stress (Figure 5) in line with general transcriptomic responses of this cultivar to cold (Leyva-Pérez et al., 2015) and with that of many other plants (Matsui et al., 2008; Qi and Zhang, 2019). Olive trees achieve a cold acclimation response that provokes metabolic, physiological, and developmental changes that are genetically controlled (Chinnusamy et al., 2006). In olive leaves, cold acclimation leads to a rapid cold stress response during the first 24-h exposure and a long-term expression response during 10-day cold exposure (Leyva-Pérez et al., 2015). However, while a general gene expression downregulation tendency is observed, the expression of most NRP common subunit genes increased during cold acclimation, with only clear distinct responses occurring for some NRP12 paralogs (Figure 5). These results suggest increased transcriptional activity that allowed olive plants to acclimatize and physiologically recover after initial cold stress exposure. We could speculate about this response being accompanied by increased cell cycle progression after cell cycle arrest by cold stress (Qi and Zhang, 2019), although the gene expression analyses performed with “Picual” during cold acclimation have revealed the downregulation of some cell cycle genes (Leyva-Pérez et al., 2015), and we found no alteration or minor increase in some CDK gene expression (not shown). It is worth noting that CDKs have been suggested to be relevant, at least via posttranscriptional modulation, during biotic and abiotic stress in plants (Kitsios and Doonan, 2011).
Although our data suggest the scenario of genes for subunits shared by RNA polymerases showing coordinated regulation to mediate the global transcriptional responses observed under different growth conditions or abiotic and biotic stress (Leyva-Pérez et al., 2015; Jiménez-Ruiz et al., 2017; Jiménez-Ruiz et al., 2018; Ramírez-Tejero et al., 2020), we found specific responses of some NRP common subunit paralog genes. These data suggest the contribution of some NRP common subunit genes to the transcriptional regulation mediated by RNA pols for olive “Picual” biology to adapt to different growth situations. Finally, based on our data, we cannot rule out that some NRP common subunit genes code for subunits with RNA pol specificity, which will be the goal of future studies.
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