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Gram-negative bacteria such as Escherichia coli are surrounded by inner and outer membranes and peptidoglycan in between, protecting the cells from turgor pressure and maintaining cell shape. The Rod complex, which synthesizes peptidoglycan, is composed of various proteins such as a cytoplasmic protein MreB, a transmembrane protein RodZ, and a transpeptidase PBP2. The Rod complex is a highly motile complex that rotates around the long axis of a cell. Previously, we had reported that anionic phospholipids (aPLs; phosphatidylglycerol and cardiolipin) play a role in the localization of MreB. In this study, we identified that cells lacking aPLs slow down Rod complex movement. We also found that at higher temperatures, the speed of movement increased in cells lacking aPLs, suggesting that membrane fluidity is important for movement. Consistent with this idea, Rod complex motion was reduced, and complex formation was disturbed in the cells depleted of FabA or FabB, which are essential for unsaturated fatty acid synthesis. These cells also showed abnormal morphology. Therefore, membrane fluidity is important for maintaining cell shape through the regulation of Rod complex formation and motility.
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INTRODUCTION

Bacterial cells maintain their own shape such as rod and sphere (Young, 2003). Most bacterial cells are surrounded by peptidoglycan, a macromolecule composed of glycan strands crosslinked by short peptides, which forms the cell wall. Peptidoglycan can be purified, and electron microscopic observation of the purified peptidoglycan indicated that it determines the bacterial shape (de Pedro et al., 1997). Thus, bacterial cells have to correctly synthesize peptidoglycan to maintain cell shape. In some rod-shaped bacteria, peptidoglycan is synthesized by a supramolecular complex called Rod complex or elongasome, which contains various proteins such as a scaffold protein MreB actin, a membrane protein RodZ, a transglycosylase RodA and a transpeptidase PBP2 (den Blaauwen et al., 2008). In the rod-shaped bacterium Escherichia coli, peptidoglycan is synthesized at the central cylinder but not at the cell poles (de Pedro et al., 1997). This localized peptidoglycan synthesis is achieved by limited localization of Rod complex at the central cylinder (Ursell et al., 2014; Kawazura et al., 2017).

MreB is structurally and biochemically homologous to actin (van den Ent et al., 2001, 2014) and localizes at the central cylinder in E. coli (Ursell et al., 2014; Kawazura et al., 2017). This localization is important for determination of cell shape and synthesis of peptidoglycan because E. coli cells become spherical if they lack MreB (Wachi et al., 1987; Doi et al., 1988; Bendezú and de Boer, 2008) or are treated with A22, which inhibits the assembly of MreB (Iwai et al., 2002; Kawazura et al., 2017). Rod complex or MreB rotates around the long axis of the cell and this rotational motion is coupled with peptidoglycan synthesis (Domínguez-Escobar et al., 2011; Garner et al., 2011 van Teeffelen et al., 2011).

We have shown previously that anionic phospholipids (aPLs: phosphatidylglycerol and cardiolipin), which localize at the cell poles (Mileykovskaya and Dowhan, 2000; Oliver et al., 2014), exclude MreB from cell poles in E. coli. Specifically, in the cells lacking aPLs (ΔaPLs), MreB localizes to cell poles as well as to the central cylinder (Kawazura et al., 2017). MreB directly binds to phospholipids through its N-terminal amphipathic helix (Salje et al., 2011). We identified that aPLs could not bind to the assembled form of MreB in the presence of ATP but could bind to a disassembled form of MreB in the absence of ATP (Kawazura et al., 2017). However, detailed molecular mechanism of interaction between MreB and aPLs is still unclear. Thus, the composition of phospholipids affects the localization of MreB (Rod complex), which in turn affects peptidoglycan synthesis (Kawazura et al., 2017). It is known that composition of phospholipids in E. coli affects the membrane fluidity (Pluschke and Overath, 1981; Nenninger et al., 2014), which is modulated by the amount of unsaturated fatty acids (Marr and Ingraham, 1962). Interestingly, MreB promotes membrane fluidity and affects membrane protein localization (Strahl et al., 2014). Therefore, we hypothesized that membrane fluidity also affects MreB motion.

In this study, we examined the effects of aPLs on the rotational motion of MreB and identified that aPLs affect not only the localization but also the motion of MreB. We then examined the effect of membrane fluidity on rotational motion of MreB by depleting FabA or FabB protein. When enzymes required for synthesis of unsaturated fatty acids were depleted (encoded by fabA or fabB), rotational speed of MreB was decreased, suggesting that membrane fluidity affects the rotational speed of MreB.



METHODS


Bacterial Strains and Growth Medium

All strains were derivatives of E. coli K-12 and are listed in Supplementary Table 1. MG1655 is a wild-type (WT) strain. Cells were grown in L broth (1% bacto-tryptone, 0.5% yeast extract, 0.5% NaCl) or M9 medium (0.6% Na2HPO4, 0.3% K2HPO4, 0.05% NaCl, 0.1% NH4Cl, 0.1 mM MgSO4·7H2O) containing 0.25% glucose at 37°C. Kanamycin (Kan; 50 μg/mL), ampicillin (Amp; 100 μg/mL), and chloramphenicol (Cm; 20 μg/mL) were added to the culture medium when necessary.



Strain and Plasmid Constructions

The primers used for strain and plasmid constructions and the plasmids used in this study are listed in Supplementary Tables 2, 3. Detailed methods for strain construction were described in Supplementary Materials.



Microscopic Observation

Cells were grown to log phase and mounted on a 2% agarose in M9 medium. The cells were observed using an Axio Observer (Zeiss, Oberkochen, Germany), and images were processed using ZEN (Zeiss), Photoshop 2020 (Adobe), and ImageJ. The objective lens was heated by a lens heater (Tokai Hit, Shizuoka, Japan) when necessary. All experiments were repeated two or more times on different days. Analyses of the rotational speed of MreB and RodZ were performed as previously described (Kurita et al., 2019).



Bacterial Two-Hybrid Assays

Bacterial two-hybrid assays were performed as described previously (Shiomi and Margolin, 2007).



SDS-PAGE and Immunoblotting

Cells were grown to log phase and samples were subjected to SDS-polyacrylamide gel electrophoresis and immunoblotting using anti-DDDDK antibody (MBL, Nagoya).




RESULTS


MreB Motion in Cells Lacking aPLs

We have previously reported that aPLs affect the subcellular localization of MreB (Kawazura et al., 2017). However, it is unknown whether aPLs affect the motion of MreB and thus, that of the Rod complex. Before we analyzed MreB rotation in ΔaPLs cells, we examined the growth of WT (RU1184) and ΔaPLs (RU1185) cells at 37°C. ΔaPLs cells (shown by a gray line) (doubling time: 144.4 ± 3.8 min, mean ± SD) grew significantly slower than WT cells (shown by a black line) (doubling time: 28.8 ± 2.4 min) (Figure 1A), indicating that the growth rate of ΔaPLs cells is slower than that of WT cells. We hypothesized that the slower growth rate correlated with slower peptidoglycan synthesis, which should be reflected in slower MreB and RodZ movement. To analyze the motion of MreB and RodZ, we simultaneously observed the motion of MreB-mCherrySW and sfGFP (super-folder green fluorescent protein)-RodZ in WT (RU1184) and ΔaPLs cells (RU1185) (Figures 1B,C, Supplementary Movies 1A–D, and Supplementary Table 4). In WT cells (RU1184), MreB (14.0 ± 3.8 nm/s) and RodZ (14.1 ± 4.0 nm/s) were simultaneously rotated around the long axis, whereas in ΔaPLs cells (RU1185), the rotational speeds of both MreB (7.1 ± 4.1 nm/s) and RodZ (8.5 ± 3.8 nm/s) were clearly decreased compared to those in WT cells, suggesting that aPLs affect the motion of MreB and RodZ proteins. It is unclear whether different compositions of phospholipids or other factors, such as improper interaction between MreB and RodZ, reduced peptidoglycan synthesis, or reduced membrane fluidity, affected MreB and RodZ motion according to this result. We showed that the interaction between MreB and RodZ in ΔaPLs cells was comparable to that in WT cells (Supplementary Figure 1), suggesting that the decreased motion of MreB and RodZ in ΔaPLs cells may at least not be due to a lack of proper interaction between MreB and RodZ.


[image: Figure 1]
FIGURE 1. Motion of MreB and RodZ in cells lacking anionic phospholipids (aPLs). (A) Growth curves of WT (solid lines) and ΔaPLs (dotted lines) at 37°C. (B) Time-lapse images of wild-type (WT) or ΔaPLs cells. Images were taken every 10 s on an M9 agarose pad. Phase-contrast images and fluorescent images are shown. Scale bar: 1 μm. (C) Histograms of rotational speeds (nm/s) of MreB and RodZ in WT and ΔaPLs cells. Black and gray bars indicate WT and ΔaPLs, respectively.




MreB Motion in Cells Lacking aPLs at Higher Temperatures

While we were examining MreB motion in the ΔaPLs mutant, we noticed that MreB rotated in the mutant at high temperatures. Thus, we analyzed the effect of temperature on MreB motion in ΔaPLs cells. ΔaPLs cells producing MreB-msfGFPSW were grown to the log phase at 37°C, harvested, and mounted on an M9 agarose pad. We started the observation 5–10 min later, and the temperature was maintained at 28°C. We observed the motion of MreB at 0 and 20 min at 28°C (Figure 2A, Supplementary Movies 2A,B, and Supplementary Table 4). The average speeds of MreB at both time points were 8.0 ± 3.6 and 6.5 ± 2.7 nm/s, respectively. Then, we observed the motion of MreB 20 min after the objective lens was heated by a lens heater to 42°C. The speed of MreB was clearly increased (15.3 ± 6.7 nm/s). Because the increase in temperature should not increase the amount of aPLs in ΔaPLs cells (mutant that lacks the enzymes to synthesize aPLs), the results suggest a lack of aPLs; hence, different compositions of phospholipids are not a direct cause of the reduction in MreB motion. The rate of most biochemical processes generally increases with increasing temperature. In fact, it has been shown that the speed of MreB motion is dependent on temperature (van Teeffelen et al., 2011). We also examined the motion of MreB in WT cells when the temperature was increased and found that the speed of MreB motion increased 20 min after the objective lens was heated to 42°C (20.2 ± 6.3 nm/s) than that at 0 min (10.9 ± 3.7 nm/s) (Figure 2A and Supplementary Table 4). It is possible that as the temperature increased, the cell wall synthesis rate increased, and as a result, the rotation speed of MreB increased. Therefore, we examined if growth rate affects the rotational speed of MreB. RU1558 cells producing MreB-msfGFPSW was grown in L or M9 medium at 37°C. Doubling times of cells grown in L and M9 were 28.0 ± 0.6 min and 68.6 ± 1.6 min, respectively. However, the rotational speeds of MreB in rich and poor medium were similar and they were not statistically different (P-values was 0.077) under our conditions (19.7 ± 8.7 nm/s for L medium and 17.6 ± 7.3 nm/s for M9 medium) (Figure 2B, Supplementary Movies 3A,B and Supplementary Table 4). This is consistent with previous reports (van Teeffelen et al., 2011; Billaudeau et al., 2017). This result suggest that decreased rate of peptidoglycan synthesis was not the major cause of decreased rotational speed of MreB.


[image: Figure 2]
FIGURE 2. Rotational speed of MreB at different temperatures. (A) The distribution of the rotational speed (nm/s) of MreB in WT (RU1558) or ΔaPL (RU1527) cells is shown. The objective lens was heated at the indicated temperature for the indicated time. P-values were determined by the unpaired t-test. P-values < 0.05, shown by asterisks (*), were considered significantly different from each other. (B) The distribution of the rotational speed (nm/s) of MreB in WT (RU1558) grown in L or M9 medium at 37°C. The objective lens was heated at 37°C.




Effect of MurG Overproduction on MreB Motion in ΔaPLs

The deletion of enzymes synthesizing cardiolipin (CL) has been shown to result in reduced activity of MurG, a GTase involved in lipid II biosynthesis, thereby causing abnormal cell shape in Rhodobacter sphaeroides (Lin et al., 2019). This shape deficiency was restored by MurG overproduction. On the other hand, murG expression is upregulated in E. coli lacking CL (van den Brink-van der Laan et al., 2003). However, aPLs mutant lacks phosphatidylglycerol (PG) in addition to CL. Thus, it is possible that activity of MurG in ΔaPLs is reduced as in R. sphaeroides ΔCL mutant. Therefore, we examined whether MreB rotation was restored in ΔaPLs cells by MurG overproduction (and consequently by restoring peptidoglycan synthesis). If MreB rotation was restored, it is plausible to conclude that decreased MreB rotation was caused by decreased peptidoglycan synthesis in ΔaPLs. First, we cloned FLAG-tagged murG in a plasmid and confirmed that MurG was produced in the presence of 1 mM IPTG (Figure 3A). Next, we examined whether the overproduction of MurG restored the slow-growth phenotype of ΔaPLs cells and found that MurG overproduction did not improve the slow growth of ΔaPLs (Figure 3B). Moreover, MurG overproduction did not promote the growth of WT cells (Figure 3B). However, both WT and ΔaPLs cells overproducing MurG (WT: 3.69 ± 2.06 μm, ΔaPLs: 3.46 ± 1.90 μm) were slightly but significantly longer than those carrying a vector plasmid (WT: 3.21 ± 1.14 μm, ΔaPLs: 3.18 ± 1.12 μm) and the numbers of longer WT and ΔaPL cells producing MurG were increased compared to those of control cells (Figure 3C), suggesting that peptidoglycan synthesis in both cells was promoted by MurG overproduction. Then, we observed the rotation of MreB in MurG-overproducing cells. As seen in Figure 3D, Supplementary Movies 4A,B, and Supplementary Table 4, MurG overproduction did not increase the rotational rate of MreB in WT (18.0 ± 10.0 nm/s) or ΔaPLs (7.9 ± 3.9 nm/s). These results suggest that the decrease in MreB rotation in ΔaPLs did not result from reduced peptidoglycan synthesis activity but rather from reduced membrane fluidity. In fact, membrane fluidity has been shown to be decreased in ΔaPLs cells (Nenninger et al., 2014). In that study, the authors measured the diffusion coefficient of BODIPY FL-C12 in WT and ΔaPLs cells and showed that it is decreased in ΔaPLs (0.66 ± 0.22 μm2/s) compared with that in WT (1.2 ± 0.3 μm2/s). Therefore, we hypothesized that the cause of the decrease in the motion of MreB in ΔaPLs cells was the decrease in the membrane fluidity. Thus, we next examined the effect of membrane fluidity on MreB motion.


[image: Figure 3]
FIGURE 3. Effect of MurG on the rotation of MreB. (A) Protein levels of FLAG-tagged MurG (FLAG-MurG) in WT (MG1655) and ΔaPLs (RU835) cells grown in the absence or presence of 1 mM IPTG. Samples were subjected to SDS-polyacrylamide gel electrophoresis and immunoblotting using the anti-DDDDK (FLAG) antibody. As a loading control, a CBB-stained gel is also shown. (B) Growth of WT (MG1655) and ΔaPLs (RU835) cells carrying a vector or a plasmid encoding flag-murG at 37°C. (C) Cell length of WT (MG1655) and ΔaPLs (RU835) cells carrying a vector (none) or a plasmid encoding flag-murG (MurG) grown in the presence of 1 mM IPTG to the log phase at 37°C. P-values were determined by the unpaired t-test. P values < 0.05, shown by asterisks (*), were considered significantly different from each other. (D) The distribution of the rotational speed (nm/s) of MreB in WT (RU1558) or ΔaPL (RU1527) cells carrying a vector (none) or a plasmid encoding flag-murG (MurG).




Effect of Membrane Fluidity on MreB Motion

The amount of unsaturated fatty acids is related to membrane fluidity (Marr and Ingraham, 1962). FabA and FabB are essential proteins to synthesize unsaturated fatty acids (Feng and Cronan, 2009). Moreover, it was recently shown that the depletion of FabB reduces membrane fluidity (Budin et al., 2018).

We first constructed a strain in which the expression of the fabA gene is controlled by arabinose to change the membrane fluidity under a constant temperature. The growth of the strain was dependent on arabinose (Supplementary Figure 2A), confirming that FabA is essential for viability. This result is consistent with previous reports that unsaturated fatty acids, which comprise at least 15–20% of total phospholipids, are required for growth (Cronan and Gelmann, 1973). Cells were grown in the presence of arabinose overnight, and the culture was diluted with fresh medium either in the presence (+FabA, shown by orange dots) or absence of arabinose (–FabA, shown by blue dots) (Supplementary Figure 2A). Then, we examined the cell shape of FabA-depleted cells in the presence and absence of arabinose at around 3 h (shown by a gray bar) (Supplementary Figure 2B). WT (MG1655) cells hardly exhibited any abnormal shapes such as bends (only in 1.7% of the cells, i.e., 9/553 cells). However, FabA-depleted cells grown in the absence of arabinose exhibited abnormal shapes such as bends in 29% of the cells (48/168 cells). We measured the length and width of FabA-depleted cells grown in the absence and presence of arabinose (Supplementary Figure 2C) and found that cell widths significantly increased when cells were grown in the absence of arabinose compared with those grown with arabinose, suggesting that the cell width was not well regulated, especially in cells grown without arabinose (Supplementary Figures 2B,C). These results indicate that FabA depletion affected the cell shape. It should be noted that FabA-depleted cells grown in the presence of 0.2% arabinose also showed abnormal shape in 19% of the cells (42/222 cells), suggesting that the quantity of FabA may not be optimized in the cells.

Then, we observed the localization and dynamics of MreB-mCherrySW and sfGFP-RodZ in the FabA-depleted strain (RU1504). MreB and RodZ formed clusters, as in WT cells, in the presence of arabinose (+FabA) (Figure 4A). In contrast, in cells grown in the absence of arabinose (–FabA), MreB formed clusters that were often abnormally large and appeared to be aggregates (Figure 4A). We found that MreB clusters in FabA-depleted cells were larger than those in +FabA cells (Figure 4A). In addition, some RodZ did not form clusters but was diffused in the cells (–FabA) compared with that in the cells grown with arabinose (+FabA) (Figure 4A). These results suggest that membrane fluidity affects the formation of MreB and RodZ clusters and hence, the formation of the Rod complex. We found that the motion of MreB in a FabA-depleted strain (RU1504) grown in the absence of arabinose (5.5 ± 3.0 nm/s) clearly decreased compared to that in the presence of arabinose (10.8 ± 4.0 nm/s) (Figure 4B, Supplementary Movies 5A,B, and Supplementary Table 4). These results suggest that FabA, and thus membrane fluidity, affect the localization of MreB and RodZ and their motion. However, it is possible that FabA, not membrane fluidity, somehow directly affects the localization and motion of MreB.
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FIGURE 4. Localization and motion of MreB and RodZ in cells depleted of FabA or FabB. (A) Localization of MreB and RodZ in FabA-depleted cells in the presence (+FabA) and absence (–FabA) of arabinose. Merged images of phase-contrast and fluorescent images are shown. A magnified cell is shown in the inset. Scale bar: 5 μm. (B) The distribution of the rotational speed (nm/s) of MreB in FabA-depleted cells in the presence (+FabA) and absence (–FabA) of arabinose is shown. (C) The distribution of the rotational speed (nm/s) of MreB in FabB-depleted cells in the presence (+FabB) and absence (–FabB) of arabinose is shown. P-values were determined by the unpaired t-test. P-values < 0.05, shown by asterisks (*), were considered significantly different from each other.


Thus, we constructed a FabB-depleted strain. FabB is also an essential protein and functions downstream of FabA in the synthesis pathway of unsaturated fatty acids. We examined the subcellular localization of MreB and RodZ in a FabB-depleted strain grown in the presence (+FabB) or absence (–FabB) of arabinose. As in FabA-depleted cells, some MreB and RodZ formed large clusters (indicated by white arrows), and MreB and RodZ did not colocalize (indicated by green and magenta arrows) in cells grown in the absence of arabinose (–FabB) (Supplementary Figure 3). Interestingly, there were cells in which MreB did not form clusters but RodZ did (shown by green arrows in Supplementary Figure 3) and vice versa (shown by magenta arrows in Supplementary Figure 3). These results combined with the results obtained by FabA-depleted cells suggest that membrane fluidity affects the formation of the Rod complex. We observed the motion of MreB-msfGFPSW in the FabB-depleted strain RU1822 (MG1655 mreB-msfGFPSW ΔfabB::kan/pBAD-fabB). In the presence of arabinose (+FabB), MreB formed clusters, as in WT, and moved around the short axis of the cell (11.9 ± 4.0 nm/s) (Figure 4C, Supplementary Movie 5C, and Supplementary Table 4). However, in the absence of arabinose (–FabB), MreB formed clusters, as in WT cells, but the rotational speed of MreB was decreased (6.9 ± 3.9 nm/s) (Figure 4C, Supplementary Movie 5D, and Supplementary Table 4). These results indicate that depletion of either FabA or FabB resulted in decreased motility of MreB, and that membrane fluidity plays a key role in MreB motion.




DISCUSSION

In this study, we found that speeds of the rotational motion of MreB and RodZ significantly decreased in cells lacking aPLs, indicating that aPLs affect the motion of MreB and RodZ (Rod complex). We showed that the interaction between MreB and RodZ in ΔaPLs was comparable with that in WT cells, suggesting that the composition of phospholipids did not affect the interaction between MreB and RodZ.

The rotational speed of MreB has been shown to be dependent on temperature (van Teeffelen et al., 2011). We also showed that the rotational speed increased when the temperature was increased in WT and ΔaPLs cells, indicating that the decreased speed of MreB in ΔaPLs cells did not result from the lack of aPLs. The rotation of the Rod complex is coupled with the activity of peptidoglycan synthesis and is dependent on temperature (Domínguez-Escobar et al., 2011; Garner et al., 2011; van Teeffelen et al., 2011). Membrane fluidity is also dependent on temperature (Zhang and Rock, 2008). Therefore, the cause of the influence of temperature on rotational speed might be the change in peptidoglycan synthesis activity or membrane fluidity.

Inhibition of peptidoglycan synthesis suppresses the dynamics of the Rod complex, indicating that the movement of the Rod complex is coupled with peptidoglycan synthesis (Domínguez-Escobar et al., 2011; Garner et al., 2011; van Teeffelen et al., 2011). Therefore, it is possible that the decrease in the membrane fluidity did not directly cause the inhibition of the dynamics of the Rod complex but decreased the peptidoglycan synthetic activity, and consequently, the motion of the Rod complex was inhibited. To clarify this, we conducted two experiments; (1) MreB rotation in cells grown in rich and poor medium at the same temperature and (2) MreB rotation in cells overproducing MurG which should promote peptidoglycan synthesis. However, the rotational speed of MreB was similar whether cells were grown in rich or poor medium. This is consistent with previous reports (van Teeffelen et al., 2011; Billaudeau et al., 2017). Deletion of CL has been shown to result in reduced activity of MurG, which is a GTase involved in peptidoglycan synthesis, and therefore, it caused abnormal shape in Rhodobacter sphaeroides (Lin et al., 2019), while it was shown that expression of murG was upregulated in E. coli ΔCL cells (van den Brink-van der Laan et al., 2003). This abnormal shape in R. sphaeroides was restored to a normal rod shape by inducing murG expression because MurG overproduction improved peptidoglycan synthesis. This expression level of murG did not affect doubling time of ΔCL cells but possibly increased peptidoglycan synthesis. Therefore, to distinguish whether the reduced motion of MreB in ΔaPLs was due to reduced peptidoglycan synthesis or reduced membrane fluidity, MurG was overproduced in ΔaPLs, and we examined its effect on MreB motion. We found that the overproduction of MurG resulted in the elongation of cells but did not affect MreB rotation. These results suggest that decreased peptidoglycan synthesis was not the major cause of reduced rotational speed of MreB. However, elongation of the cells overproducing MurG was very subtle. Therefore, it is possible that overproduction of MurG did not significantly increase peptidoglycan synthesis but inhibited cell division, and hence, rational speed of MreB was not increased. In fact, it is difficult to distinguish following possibilities; (1) overproduction of MurG enhanced peptidoglycan synthesis but did not affect the rotational speed of MreB, and (2) overproduction of MurG inhibited cell division and did not affect the rotational speed of MreB. Further experiments will be needed to clarify the possibilities by examination of peptidoglycan synthesis in ΔaPLs overproducing MurG.

Nevertheless, we hypothesized that membrane fluidity is one of the important factors for the rotation of MreB because it has been shown that phosphatidylglycerol exhibits relatively higher fluidity (Pluschke and Overath, 1981), the membrane fluidity of ΔaPLs cells is lower than that of WT cells (Nenninger et al., 2014), and MreB influences membrane fluidity (Strahl et al., 2014). To decrease membrane fluidity by means other than decreasing the temperature, we depleted FabA or FabB, which are essential in the synthesis of unsaturated fatty acids determining membrane fluidity (Marr and Ingraham, 1962). When either FabA or FabB was depleted, some cells showed aberrant shapes, such as a bend or elongation. In addition, in FabA- or FabB-depleted cells, MreB apparently formed clusters, and some MreB formed larger clusters similar to aggregates. However, some MreB did not completely colocalize with RodZ in those cells. Thus, membrane fluidity affects the formation and motion of the Rod complex, and therefore, FabA- or FabB-depleted cells show an aberrant cell shape. During the preparation of this manuscript, a manuscript by Gohrbandt et al. was uploaded in bioRxiv, in which a clear defect of divisome assembly was observed upon depletion of unsaturated fatty acids in the E. coli fabA (Ts) mutant, while MreB still formed clusters in the mutant as in WT cells (Gohrbandt et al., 2019). However, they did not study the localization of other proteins in the Rod complex, such as RodZ. Thus, membrane fluidity affects protein complex formation during cell division and elongation.

We showed the inhibition of MreB motion in ΔaPLs cells and FabA-/FabB-depleted cells and aberrant formation of Rod complexes only in FabA-/FabB-depleted cells. It is possible that the reduced membrane fluidity independently affected the motion and formation of the Rod complex. As ΔaPLs cells can still produce FabA and FabB, the decrease in the membrane fluidity of aPLs cells may not be as great as that of FabA-/FabB-depleted cells. Thus, there is a smaller effect on the formation of the Rod complex, but the impact on complex dynamics may be significant in ΔaPLs cells. While this manuscript was under review, it was reported that membrane fluidity controls MreB motion in Bacillus subtilis (Zielińska et al., 2020). Thus, membrane fluidity controls the motion of the Rod complex in both gram-positive and gram-negative bacteria. Therefore, the mechanism would be widely conserved in bacterial cells. In B. subtilis, it has been reported that the motion of Mbl (an MreB-like protein) is inhibited by the depletion of components of the Rod complex such as RodZ and RodA, suggesting that the correct formation of the Rod complex is critical for its dynamics. In E. coli, the ΔrodZ strain (in which the morphology changes into a round shape) has been found to reduce MreB rotation (Morgenstein et al., 2015). However, when MreB carries the S14A mutation that suppresses the morphological abnormality of ΔrodZ cells, the motility of MreB (MreBS14A) is restored (Hussain et al., 2018). This is probably because MreBS14A is able to correctly form the Rod complex without RodZ, so MreBS14A can rotate. This idea is consistent with the results that the formation of the Rod complex is perturbed and the motion of the Rod complex is inhibited in FabA-/FabB-depleted cells.

As membrane fluidity is modulated by external conditions such as changes in temperature and pH, cells may regulate peptidoglycan synthesis by changing membrane fluidity to survive in various harsh environments.
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The genus Burkholderia sensu lato is composed of a diverse and metabolically versatile group of bacterial species. One characteristic thought to be unique for the genus Burkholderia is the presence of two forms each (with and without 2-hydroxylation) of the membrane lipids phosphatidylethanolamine (PE) and ornithine lipids (OLs). Here, we show that only Burkholderia sensu stricto strains constitutively form OLs, whereas all other analyzed strains belonging to the Burkholderia sensu lato group constitutively form the two forms of PE, but no OLs. We selected two model bacteria to study the function of OL in Burkholderia sensu lato: (1) Burkholderia cenocepacia wild-type which constitutively forms OLs and its mutant deficient in the formation of OLs and (2) Robbsia andropogonis (formerly Burkholderia andropogonis) which does not form OL constitutively, and a derived strain constitutively forming OLs. Both were characterized under free-living conditions and during pathogenic interactions with their respective hosts. The absence of OLs in B. cenocepacia slightly affected bacterial growth under specific abiotic stress conditions such as high temperature and low pH. B. cenocepacia lacking OLs caused lower mortality in Galleria mellonella larvae while R. andropogonis constitutively forming OLs triggers an increased formation of reactive oxygen species immediately after infection of maize leaves, suggesting that OLs can have an important role during the activation of the innate immune response of eukaryotes.

Keywords: pathogenicity, reactive oxygen species, Burkholderia cenocepacia, ornithine lipids, Robbsia andropogonis


INTRODUCTION

One major function of amphiphilic lipids is to form the lipid bilayer of membranes which serve as semipermeable barriers and limit a cell. The best-known examples are glycerophospholipids such as phosphatidylglycerol (PG), phosphatidylethanolamine (PE), cardiolipin (CL), and phosphatidylcholine (PC). However, depending on the class of organism and the growth conditions, other lipids such as cholesterol, hopanoids, sphingolipids, sulpholipids, glycolipids, betaine lipids, or ornithine lipids (OLs), can be present in membranes in different concentrations. Especially prokaryotic membranes have been shown to contain a large diversity of lipids, some of which are only formed by specific groups of bacteria or under specific stress conditions (Geiger et al., 2010; Sohlenkamp and Geiger, 2016). OLs are phosphorus-free acyloxyacyl aminolipids which have been found only in bacteria and are apparently absent in eukaryotes or archaea. Their basic structure is composed of a 3-hydroxylated fatty acid linked by an amide bond to the α-amino group of ornithine and a second fatty acid linked by an ester bond to the 3-hydroxyl group of the first fatty acid (Geiger et al., 2010; Sohlenkamp and Geiger, 2016). These lipids can be formed by the OlsBA acyltransferases originally described in Sinorhizobium meliloti (Weissenmayer et al., 2002; Gao et al., 2004) or by the bifunctional acyltransferase OlsF first described in Serratia proteamaculans (Vences-Guzmán et al., 2015). The OlsBA pathway is present in several α- and β-proteobacteria, in a few γ-proteobacteria and several actinomycetes. Genes encoding OlsF are present in a few γ-proteobacteria, δ- and ε-proteobacteria and in bacteria belonging to the Cytophaga-Flavobacterium-Bacteroidetes (CFB) group. Based on the analysis of genomic DNA sequences, it has been estimated that about 50% of the bacterial species can form OLs at least under specific growth conditions (Vences-Guzmán et al., 2015; Sohlenkamp and Geiger, 2016). Interestingly, in some bacteria, for example S. meliloti or Pseudomonas sp., OLs are only formed under phosphate-limiting conditions (Minnikin and Abdolrahimzadeh, 1974; Geiger et al., 1999; López-Lara et al., 2005), while in other bacteria, like many species of the genus Burkholderia or in Rhizobium tropici CIAT899, OLs are formed constitutively (Rojas-Jiménez et al., 2005; González-Silva et al., 2011). In some examples, the presence of OLs or an increased accumulation of OLs have been related to resistance to abiotic stress conditions or to a function during interactions with eukaryotic hosts like an increased persistence (Kim et al., 2018).

The genus Burkholderia sensu lato (s.l.) contains more than 100 diverse and versatile bacterial species, which can be found in different environments such as soil or fresh water, but also frequently in association with a number of eukaryotic hosts including humans, animals (vertebrates and invertebrates), plants or fungi. These bacteria-host interactions can be beneficial, pathogenic or both (Depoorter et al., 2016; Estrada-de Los Santos et al., 2018). In recent years, Burkholderia s.l. was divided into several genera and it is currently classified into Burkholderia sensu stricto (s.s.), Paraburkholderia (Sawana et al., 2014), Caballeronia (Dobritsa and Samadpour, 2016), Robbsia (Rojas-Rojas et al., 2019) and the recently proposed additional genera Mycetohabitans and Trinickia (Estrada-de Los Santos et al., 2018).

One characteristic that was thought to be unique and common to the species of the genus Burkholderia s.l was the presence of two forms of PE and OLs (Yabuuchi et al., 1992). However, when the membrane lipids of a few strains were examined in detail, OLs were present only in some species of the genus (Palleroni, 2015), but were absent in others such as B. andropogonis (now classified as R. andropogonis). The latter synthesizes PE and hydroxylated PE (2-OH-PE), but lacks OLs and hydroxylated OL (2-OH-OL). The biological roles played by OLs in the genus Burkholderia s.l. are not clear yet. As in other bacterial groups, the presence of hydroxylated OLs might be part of the response to environmental stresses. The amount of hydroxylated lipids (2OH-PE and 2OH-OL) was increased in B. cepacia strain NCTC 10661 when exposed to a temperature of 42°C, which can be interpreted as a response to thermal stress (Taylor et al., 1998). B. cenocepacia J2315 formed a new hydroxylated OL when the strain was exposed to pH 4.0 (González-Silva et al., 2011). Also, rhamnolipids and OLs from B. pseudomallei strain K96243 induced an immune response in goats, inducing IFN-γ required for the expression of secreted cytokines (González-Juarrero et al., 2013). Finally, antibacterial activity against Bacillus megaterium and Escherichia coli has been ascribed to OLs in B. gladioli pv. agaricicola strain ICMP 11096 (Elshafie et al., 2017).

In this study, we wanted to understand the function of OLs in the genus Burkholderia s.l. First, we studied the membrane lipid compositions of a representative set of bacterial species of this group to find out how widespread the presence of OLs and the hydroxylated forms of PE and OL is. B. cenocepacia and R. andropogonis were selected as models for the second part of this study. B. cenocepacia wild-type forms OLs in a constitutive manner and was compared to a mutant unable to synthesize OLs. R. andropogonis does not form OLs when grown in normal complex medium and we compared it to a constructed R. andropogonis strain constitutively forming OLs. The absence of OLs affected the growth of B. cenocepacia under acid stress conditions and it decreased its virulence in a Galleria mellonella L (Lepidoptera: Pyralidae) model. The constitutive presence of OLs in R. andropogonis caused a stimulation of the plant innate immune response by increasing the production of reactive oxygen species. Both observations highlight the importance of OLs during the interactions between bacteria and their hosts.



MATERIALS AND METHODS


Bacterial Strains, Plasmids, and Growth Conditions

The bacterial strains and plasmids used in this study are listed in the Supporting Material (Supplementary Table 1). Bacteria were grown in Luria–Bertani broth (LB; 5 g yeast extract, 10 g peptone, 10 g NaCl per liter and adding 1.5 % agar (w/v) for solid medium) or in a minimal medium designed for growth under phosphate-limiting conditions. The composition of the latter was based on M9 medium (Miller, 1972) and sodium citrate medium (Simmons, 1926) (2 g Sodium succinate dibasic hexa-hydrated, 1 g NH4Cl, 0.2 g MgSO4 × 7H2O, 0.5 g NaCl and 0.1 M K-phosphate buffer prepared with K2HPO4 and KH2PO4). Bacterial growth was determined by measuring the optical density of the cultures at 620 nm (OD620). When required, antibiotics were added to the medium at the following concentrations: 20 μg/ml tetracycline and 50 μg/ml kanamycin for R. andropogonis (LMG2129.pRK404.pET9a and LMG2129.pRK404.pET9a.olsF) and 300 μg/ml chloramphenicol for B. cenocepacia mutant NG1.



Construction of the Phylogenetic Tree

The GET_HOMOLOGUES program (Contreras-Moreira and Vinuesa, 2013) was used to obtain families of orthologs from 43 Burkholderia s.l. genomes that were downloaded from the NCBI RefSeq database (Supplementary Table 2). In this analysis, each ortholog family had 43 genes. Subsequently, with the help of the GET_PHYLOMARKERS program (Vinuesa et al., 2018), the families of orthologs were analyzed to obtain optimal markers for phylogenomic reconstruction. Finally, with the PHYML program (Guindon et al., 2010), the phylogenetic tree was constructed based on the concatenated alignments of ortholog gene families using the GTR + G evolutionary model.



Determination of the Membrane Lipid Composition

The lipid compositions of bacterial strains were determined following labeling with [1-14C]acetate (Amersham Biosciences). Cultures (1 ml) of Burkholderia s.l. strains were inoculated from precultures grown in the same medium. After addition of 1 μCi of [14C]acetate (60 mCi mmol-1) to each culture, the cultures were incubated overnight. Cells were harvested by centrifugation, washed with 500 μl water once, resuspended in 100 μl water, and then lipids were extracted according to Bligh and Dyer (Bligh and Dyer, 1959). Aliquots of the lipid extracts were spotted on high performance TLC silica gel 60 plates (Merck, Poole, UK) and separated in two dimensions using chloroform/methanol/water (16:4:1, v/v/v) as a mobile phase for the first dimension and chloroform/methanol/acetic acid (15:3:2, v/v/v) as a mobile phase for the second dimension (Tahara and Fujiyoshi, 1994). To visualize membrane lipids, developed two-dimensional TLC plates were exposed to autoradiography film (Kodak) or to a PhosphorImager screen (Amersham Biosciences). The individual lipids were quantified using ImageQuant software (Amersham Biosciences) (Vences-Guzmán et al., 2011).



Construction of a R. andropogonis Strain Constitutively Producing Ornithine Lipids

The bifunctional acyltransferase OlsF was expressed in the type strain R. andropogonis LMG2129. The plasmid pRK404.pET9a.OlsF containing the olsF gene from S. proteamaculans was mobilized by conjugal transfer from E. coli S17-1 into the recipient strain R. andropogonis LMG2129 (Simon et al., 1983). Precultures with an OD620 of 0.5 of donor and recipient cells were harvested by centrifugation and washed twice with LB medium to remove residual antibiotics. Subsequently, the cell suspensions were mixed, dropped onto LB agar plates without antibiotics and incubated overnight at 30°C. The cells were scraped from the plates, suspended, and serial aliquots were plated on sodium citrate agar (Simmons, 1926) supplemented with tetracycline and kanamycin. Incubation continued for 2–5 days to select for the presence of the plasmid in the transconjugants. Transconjugant colonies were transferred to plates with LB medium supplemented with tetracycline and kanamycin and were grown at 30°C for 3 days. Strains were conserved in glycerol at a final concentration of 30% (w/v) and were stored at −80°C.



Liquid Chromatography/Tandem Mass Spectrometry Analysis of Lipid Samples

The three different R. andropogonis strains (LMG2129.pRK404.pET9a.olsF-expressing the acyltransferase OlsF, LMG2129-wild-type, and LMG2129.pRK404.pET9a-empty vector control) were grown to an OD of 1.2 at 620 nm in LB medium or in LB medium with tetracycline in case of the plasmid-harboring strains. Cells were harvested by centrifugation and lipids were extracted according to Bligh and Dyer (Bligh and Dyer, 1959). Normal phase LC-ESI MS of the lipid extracts was performed using an Agilent 1200 Quaternary LC system coupled to a high resolution TripleTOF5600 mass spectrometer (Sciex, Framingham, MA). Chromatographic separation was performed on an Ascentis Silica HPLC column, 5 μm, 25 cm × 2.1 mm (Sigma-Aldrich, St. Louis, MO). Lipids were eluted with mobile phase A, consisting of chloroform/methanol/aqueous ammonium hydroxide (800:195:5, v/v/v), mobile phase B, consisting of chloroform/methanol/water/aqueous ammonium hydroxide (600:340:50:5, v/v/v/v) and mobile phase C, consisting of chloroform/methanol/water/aqueous ammonium hydroxide (450:450:95:5, v/v/v/v), over a 40 min-long run, performed as follows: 100% mobile phase A was held isocratically for 2 min and then linearly increased to 100% mobile phase B over 14 min and held at 100% B for 11 min. The mobile phase composition was then changed to 100% mobile phase C over 3 min and held at 100% C for 3 min, and finally returned to 100% A over 0.5 min and held at 100% A for 5 min. The LC eluent (with a total flow rate of 300 μl/min) was introduced into the ESI source of the high resolution TF5600 mass spectrometer. MS and MS/MS were performed in negative ion mode, with the full-scan spectra being collected in the m/z 200–2,000 range. The MS settings are as follows: ion spray voltage (IS) = −4,500 V (negative ion mode), curtain gas (CUR) = 20 psi, ion source gas 1 (GS1) = 20 psi, de-clustering potential (DP) = −55 V, and focusing potential (FP) = −150 V. Nitrogen was used as the collision gas for tandem mass spectrometry (MS/MS) experiments. Data analysis was performed using Analyst TF1.5 software (Sciex, Framingham, MA).



Identification of Putative Pho Boxes in Burkholderia sensu latu

The program INFO-GIBBS (Defrance and van Helden, 2009) was used for the construction of a position specific scoring matrix (PSSM) matrix. Pho box sequences from Agrobacterium tumefaciens, Sinorhizobium meliloti, and Mesorhizobium loti identified in the promoter sequences of genes involved in the biosynthesis of glycolipid and OL membrane lipids were used (Supplementary Table 3) (Yuan et al., 2006; Geske et al., 2013). The following parameters were used: Matrix length was fixed to 18 bp, the expected number of sites per sequence was one, and the number of motifs to extract was one. As background model the sequences upstream of genes in the Burkholderiaceae taxon were used and the Markov order used was one. Then the program MATRIX-SCAN (Turatsinze et al., 2008) was used to search for putative Pho boxes in the regions upstream of the genes encoding OlsB homologs in the genomes of the 43 Burkholderia s.l. species analyzed. This search was performed for both strands.



Growth Experiments Under Abiotic Stress Conditions

Pre-cultures of R. andropogonis and B. cenocepacia were grown at 30°C at 250 rpm overnight in LB medium supplemented with the respective antibiotics if required. Cells were harvested by centrifugation at 6,000 rpm and washed with 1% NaCl (w/v) solution, except for the salinity tests for which cells were washed in LB medium without salt. The optical density data collection was measured in the Synergy 2.0 Biotek, measuring every 3 h for 24 h, performing 3 independent repetitions. For temperature stress experiments, the cultures were grown in LB medium in 96-well microplates, inoculated with an OD620 of 0.05 and incubated at 30, 37, or 42°C. For acid stress experiments, the cultures were grown in 96-well microplates in LB medium adjusted to pH 4 buffered with 50 mM Homopipes [Homopiperazine-N,N′-bis-2-(ethanesulfonic acid)] or to pH 7 with 50 mM Pipes [piperazine-N,N′-bis(2-ethanesulfonic acid)]. Cultures were inoculated at an OD620 of 0.05 and incubated at 30°C with medium shaking. For salinity stress experiments, the cultures were grown in 96-well microplates in LB medium with salt concentrations of 0.05, 0.5, and 1 M NaCl. Cultures were inoculated at an OD620 of 0.05 and incubated at 30°C with medium shaking.



B. cenocepacia Virulence Assays Using Galleria mellonella Larvae

The virulence of the B. cenocepacia strains was evaluated in G. mellonella larvae. Starting from bacterial cultures grown to an OD620 of 1, serial dilutions were made in 10 mM MgSO4 that corresponded to 3 × 107, 3 × 106, 3 × 105, and 2 × 104 CFU/ml. As negative controls, a simple puncture of the larvae, the injection of saline solution, or the injection of E. coli DH5α (Hanahan, 1983) at 3 × 106 CFU/ml were used. This strain is innocuous for G. mellonella (Alghoribi et al., 2014; Jonsson et al., 2017). Assays were carried out using the injection method with G. mellonella larvae in the sixth stage and 10 μl bacterial suspensions were injected into the dorsal region of the third anterior abdominal segment of the larvae using insulin syringe of 31G (gauge). Each bacterial suspension was tested using 10 insect larvae placed individually in 55 mm petri dishes without diet and incubated at 30°C. The mortality was evaluated every 24 h for 5 days after injection. Five independent experiments were performed. For statistical testing, experimental data (n = 50) were plotted using the Kaplan-Meier method and differences in survival were calculated by using the log-rank test with a p ≤ 0.05 indicating statistical significance. The statistical analyses were performed using GraphPad Prism, version 8.4.3 (GraphPad Software Inc., San Diego, CA, USA).



Infiltration of Maize Plants With R. andropogonis Strains

R. andropogonis assays were carried out in corn plants using a native maize variety (“criollo de Hidalgo”). Seed sterilization and germination were performed as previously described (Matus-Acuña et al., 2018), and sterilized seeds were incubated for 48 h at 30°C in the dark. Subsequently, germinated seedlings were transplanted to pots containing sterile vermiculite and were grown under greenhouse conditions irrigating every 3 or 4 days with water or Fahraeus solution for 40 days before infection with the bacterial strains (Fahraeus, 1957). Maize leaves were infiltrated on the bottom of the leaves with a 1 ml needleless syringe containing a 1 × 105 CFU/ml bacterial suspension (corresponding to an OD620 of about 0.02) of the wild-type strain LMG2129 or the transconjugants (LMG2129.pRK404.pET9a, LMG2129.pRK404.pET9a.olsF). As mock control a 10 mM MgCl2 solution was used. Approximately 10 μl were infiltrated into the leaf at each site. Forty healthy 40 day-old maize plants were used. Ten potted plants were inoculated with each isolate and the development of symptoms was followed for 15 days. The bacteria were isolated using a methodology previously described (Katagiri et al., 2002). Briefly, treated maize leaves were macerated with pistil, washed with 10 mM MgCl2 twice and finally resuspended in LB medium. The suspension was serially diluted, plated on LB medium and incubated at 30°C for 72 h. Colonies were counted and colony forming units determined. For statistical analyses the one-tailed t-test was used with a p ≤ 0.05 indicating statistical significance. Statistical analyses were performed using GraphPad Prism, version 8.4.3 (GraphPad Software Inc., San Diego, CA, USA).



Detection of Reactive Oxygen Species (ROS)

ROS were detected using the fluorescent probe 2′,7′-Dichlorodihydrofluorescein diacetate (DCFH-DA; Sigma-Aldrich, www.sigmaaldrich.com) as previously described (L'Haridon et al., 2011). Leaves were rapidly rinsed in DCFH-DA medium and observed under UV light with a LEICA DMR fluorescence microscope (Leica, www.leica.com). Microscope images were saved as TIFF files and processed for quantification of the pixels with Image J version 1.51 (NIH). For statistical analyses the one-tailed t-test was used with a p ≤ 0.05 indicating statistical significance. Statistical analyses were performed using GraphPad Prism, version 8.4.3 (GraphPad Software Inc., San Diego, CA, USA).




RESULTS


Burkholderia sensu lato Strains and Their Membrane Lipid Compositions: Only sensu strictu Strains Form OL Constitutively

We wanted to study if there is a correlation between the membrane lipid composition of the species and their phylogenic positions within the Burkholderia sensu lato (s.l.) supergenus. An analysis performed with the genomes of 43 Burkholderia s.l. species indicated that 780 gene families, representing groups of orthologs, were present in each of the 43 genomes. Next, using the Get Phylomarkers software (Vinuesa et al., 2018), 411 families of orthologs were considered optimal markers for a phylogenomic reconstruction of the Burkholderia s.l. supergenus. The phylogeny showed that Burkholderia s.l. was separated into five different lineages (Figure 1). These corresponded to Burkholderia s.s., Trinickia, Paraburkholderia, Caballeronia, and Robbsia. We analyzed the membrane lipid composition of 35 Burkholderia s.l. strains to which we had access in the laboratory when they were grown in complex medium. Liquid cultures of the selected strains were grown, lipids were labeled with [14C]acetate, extracted and separated by two dimensional thin-layer chromatography (Figure 2, six representative strains are shown). In all strains, the lipids phosphatidylglycerol (PG), cardiolipin (CL), phosphatidylethanolamine (PE), and 2-hydroxylated PE (2OH-PE) were detected. However, under the evaluated growth condition OLs be it unmodified and/or modified were only detected in the strains of the genus Burkholderia s.s. (Figures 2A,B). The species included in the Burkholderia s.s. clade (indicated in pink, Figure 1), are generally species that correspond to pathogens of humans, plants or animals (Depoorter et al., 2016). The clade that groups the genera Trinickia, Paraburkholderia, Caballeronia, and Robbsia (marked in purple, Figure 1) includes species that do not synthesize OLs when grown in complex medium, and several of these bacteria are plant beneficial and environmental bacteria, or can be involved in an N2-fixing symbiosis with legume plants (Estrada-de Los Santos et al., 2018). An exception is the genus Robbsia which is formed by plant pathogens.


[image: Figure 1]
FIGURE 1. Phylogenetic tree based on a pangenome analysis of Burkholderiales. The first clade (indicated with pink color) groups species of the genus Burkholderia sensu stricto (s.s.) that synthesize unmodified and modified OLs when grown in complex LB medium. The second clade (marked in purple color) groups species of the genera Trinickia, Paraburkholderia, Caballeronia, and Robbsia, that do not synthesize OLs when grown in complex LB medium.
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FIGURE 2. Ornithine lipid (OL) synthesis is constitutive in strains belonging to the genus Burkholderia sensu stricto (s.s), but not in the other analyzed strains. Separation of [14C]acetate-labeled lipids by two dimensional thin-layer chromatography (TLC) from different Burkholderia sensu latu (s.l) strains grown in LB medium at 30°C. (A) Burkholderia cenocepacia J2315, (B) B. dolosa, (C) Paraburkholderia sortisoli, (D) P. xenovorans, (E) Caballeronia glathei, and (F) Robbsia andropogonis. CL, cardiolipin; PG, phosphatidylglycerol; PE, phosphatidylethanolamine; 2OH-PE, hydroxylated phosphatidylethanolamine; OL, unmodified ornithine lipid; 2OH-OL, ornithine lipid 2-hydroxylated within ester-bound fatty acid.


Bacterial species belonging to the genus Burkholderia form OLs by the OlsBA pathway. The presence of a gene encoding an OlsB homolog is considered a good indicator for the capacity of the bacteria to form OLs (Geiger et al., 2010). We wanted to know if the absence of OLs in the species classified as Paraburkholderia, Caballeronia, Robbsia, Mycetohabitans, and Trinickia was caused by the absence of a gene encoding an OlsB homolog or if it was due to a difference in gene regulation. We searched the genomes of Paraburkholderia, Caballeronia, Robbsia, Mycetohabitans, and Trinickia species for genes encoding homologs of the N-acyltransferase OlsB (Bcal1281) responsible for the first step in OL synthesis in B. cenocepacia (González-Silva et al., 2011). We found that all analyzed species possessed a gene coding for an OlsB homolog in their genome and that the genomic context around the respective genes was usually conserved in Burkholderia s.l. (data no shown). Bacterial species such as Sinorhizobium meliloti, Rhodobacter sphaeroides, Pseudomonas fluorescens, Pseudomonas diminuta, Desulfovibrio alaskensis, Serratia proteamaculans, and Vibrio cholerae do not form OL when the bacteria are grown in complex media (which are usually rich in phosphate), but induce the synthesis of OLs or/and other phosphorus-free lipids under phosphate-limiting growth conditions and replace some of their membrane phospholipids (Minnikin and Abdolrahimzadeh, 1974; Benning et al., 1995; Geiger et al., 1999; Lewenza et al., 2011; Bosak et al., 2016; Barbosa et al., 2018). In some of these bacteria, gene expression in response to phosphate limitation is known to be regulated by the two-component system PhoBR. At low phosphate concentrations, the response regulator PhoB is phosphorylated and binds to a highly conserved nucleotide motif called the Pho box in the promoter region of regulated genes (Geske et al., 2013). We would expect to find Pho boxes preceding the homologs of olsB genes if the synthesis of OLs can be induced at low phosphate concentrations and is regulated by PhoB. Using the sequences of identified Pho boxes from Agrobacterium tumefaciens, S. meliloti, and Mesorhizobium loti (Yuan et al., 2006; Geske et al., 2013) present in the promoter sequences of the genes encoding enzymes involved in the biosynthesis of glycolipids and OLs formed under conditions of phosphate limitation (Supplementary Table 3), a consensus sequence was obtained (Figure 3A). The genomes of 43 Burkholderia s.l. species were searched for the presence of Pho boxes upstream of the genes encoding OlsB homologs. Putative Pho boxes were detected in 21 of the analyzed genomes (Supplementary Table 4) and corresponded to fourteen species of the genus Paraburkholderia, two species of the genus Caballeronia (both genera do not constitutively synthesize OLs), and five species corresponding to the genus Burkholderia s.s. that constitutively synthesize OLs. Due to the evolutionary distance between α-proteobacteria and β-proteobacteria it is possible that we missed the Pho boxes in some genomes, but alternatively, OL formation might be regulated differently in these species. Using the putative Pho boxes of Burkholderiales (Supplementary Table 4), a new matrix was obtained (Figure 3B). When searching with this new matrix, putative Pho boxes were detected in the upstream regions of the genes encoding OlsB homologs in all 43 Burkholderia s.l genomes (data not shown).
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FIGURE 3. Position-specific scoring matrix (PSSM) of Pho boxes obtained using the INFO-GIBBS program. (A) The PSSM derived from the sequences of Pho boxes of A. tumefaciens, S. meliloti, and M. loti present in the promoter sequences of the genes involved in the lipid biosynthesis of glycolipids and OLs (Supplementary Table 3). (B) PSSM obtained of putative Pho boxes from Burkholderiales (Supplementary Table 4) that constitutively synthesize OLs or not.




OlsF Expression Causes Constitutive OL Formation in Robbsia andropogonis

OL synthesis is constitutive in the Burkholderia s.s., but probably inducible in the other genera forming part of Burkholderia s.l., and an open question is if the presence or absence of OL affects the abiotic stress resistance of the bacteria and if it affects how the bacteria interact or how they are perceived by their eukaryotic hosts. Therefore, we wanted to study two pairs of strains either forming OLs or not, under abiotic stress conditions and during interactions with their eukaryotic hosts: (1) B. cenocepacia J2315 (Vandamme et al., 2003), which forms OL constitutively and its corresponding mutant deficient in OL formation NG1 (González-Silva et al., 2011) and (2) R. andropogonis (formerly B. andropogonis) which does not form OL constitutively and R. andropogonis constitutively forming OLs due to the presence of a plasmid harboring the gene olsF from S. proteamaculans (Vences-Guzmán et al., 2015).

R. andropogonis contains both forms of PE but no OLs when grown in complex medium (Figure 2F). To create a R. andropogonis strain constitutively forming OL, the bifunctional acyltranferase OlsF from S. proteamaculans (Vences-Guzmán et al., 2015) was expressed in the type strain R. andropogonis LMG2129 (Gillis et al., 1995). When analyzing the lipid composition of the OlsF-expressing strain using LC-MS, we observed the formation of two new lipids that were absent in the vector control strain (Figures 4A,B) and the lipid profile of the vector control strain is similar to the wild-type strain. These new lipids were identified as unmodified and hydroxylated OLs (Figures 4C,D), with the [M-H]− ions of their major species being observed at m/z 649.5 and 665.5, respectively. A comparison of the MS/MS spectra of m/z 649.5 and 665.5 (Figures 4C,D) indicates that the hydroxylation is located within the secondary fatty acyl chain. Specifically, the carboxylic anion of C18:1 fatty acid is observed at m/z 281 (Figure 4C), and the carboxylic anion of hydroxylated C18:1 fatty acid is observed at m/z 297 (Figure 4D). This result suggests that the hydroxylase responsible for 2-hydroxylation of OL is constitutively expressed whereas OL synthesis is inducible in the wild-type strain.
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FIGURE 4. R. andropogonis LMG2129 expressing OlsF forms OLs and 2OH-OLs. Shown are total ion chromatograms of the LC-MS analysis of total lipid extracts from (A) R. andropogonis LMG2129.pRK404.pET9a, and (B) R. andropogonis LMG2129.pRK404.pET9a.olsF. (C) Negative ion collision-induced dissociation mass spectra of [M-H]—ions at m/z 649 identifying OL and (D) m/z 665 showing that it is 2OH-OLs. The masses of major fragment ions indicate that the hydroxyl group is located in the secondary fatty acyl chain.




The Absence of OLs Slows the Growth of B. cenocepacia Under Acid Stress Conditions

Earlier reports had shown that B. cepacia induces OL formation under conditions of heat stress (Taylor et al., 1998). An importance of the presence of OL for heat and acid stress resistance had been also described in R. tropici (Rojas-Jiménez et al., 2005; Vences-Guzmán et al., 2011). We wondered if the absence of OL in B. cenocepacia NG1 (González-Silva et al., 2011) would negatively affect the stress tolerance of this strain in comparison with its respective wild-type J2315 or if the R. andropogonis strain constitutively forming OL would be more resistant to abiotic stress than the corresponding wild-type. Strains were exposed to various abiotic stresses such as variations in temperature (30, 37, or 42°C), in acidity (pH 4 or pH 7) or osmotic stress conditions (0.05 M, 0.5 M, or 1 M NaCl).

With respect to the temperature stress experiments, we observed that R. andropogonis strains grew best at 30°C (Figure 5A), and their growth was drastically affected at 37°C. The R. andropogonis strain constitutively forming OLs grows a little less than that of the wild-type strain at 37°C (Figure 5B). At 42°C, the R. andropogonis strains do not grow, apparently because they are lysed. No growth differences were observed between both B. cenocepacia strains at 30 and 37°C, but, at 42°C the absence of OL in B. cenocepacia NG1 apparently mildly affected the growth of this strain compared to the wild-type J2315 (Figure 5C).
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FIGURE 5. The absence of OLs in the B. cenocepacia mutant deficient in olsB slightly affects its growth under low pH and temperature stress conditions, but the presence of OLs in R. andropogonis does not increase tolerance to environmental stress conditions. The strains were grown in complex LB medium at 30°C (A), 37°C (B), or 42°C (C), or in complex LB medium adjusted to pH 7.0 (D), or pH 4.0 (E), and in complex LB medium supplemented with 0.05 M NaCl (F), 0.5 M NaCl (G), or 1 M NaCl (H) at 30°C. Growth kinetics were determined in a Synergy 2.0 Biotek, with medium shaking in 96-well microplates measuring every 3 h for 24 h, performing three independent repetitions. ▲ (green triangle up) B. cenocepacia J2315, ▼ (purple triangle down) B. cenocepacia NG1, • (blue circle) R. andropogonis LMG2129.pRK.pET9a, ■ (red square) R. andropogonis LMG2129.pRK.pET9a.olsF.


With respect to acid stress, we observed that the presence of OL did not affect the growth of the R. andropogonis strains. In contrast, the absence of OL in B. cenocepacia NG1 mildly affected the stress tolerance of this strain in comparison with its respective wild-type J2315. Also, it was observed that R. andropogonis strains were more resistant to pH 4 than the strains of B. cenocepacia (Figures 5D,E).

Osmotic stress is a common environmental stress for B. cenocepacia, to which it is exposed for example in the lungs of patients with cystic fibrosis (CF) or in soil (Smith et al., 1996). Behrends et al. (2011), investigated the tolerance to osmotic stress of five isolates of B. cenocepacia and elucidated the metabolic changes associated with osmotic stress when the isolates were exposed to 0.5 M NaCl. When exposing the strains to NaCl concentrations of 0.05, 0.5, and 1 M, we observed that there was no difference between the strains that synthesized OLs with those that did not (Figures 5F–H). R. andropogonis did not grow under osmotic stress conditions, whereas B. cenocepacia strains grow well in medium supplemented with 0.5 M NaCl, but did not grow in medium supplemented with 1 M NaCl.



The Absence of OLs in B. cenocepacia Reduces Their Virulence in a Galleria mellonella Infection Model Under Specific Conditions

Non-mammalian model systems of infection such as G. mellonella have been used to study the virulence of human pathogens such as Candida albicans, Pseudomonas aeruginosa, Acinetobacter baumannii, Staphylococcus aureus, Enterococcus faecalis, Yersinia pseudotuberculosis, and species of the genus Burkholderia (Fedhila et al., 2010). G. mellonella is a relatively cheap infection model, small in size, and possesses a short life cycle, the organisms can be handled easily and only small quantities of test compounds are required for injection. It has been used as a model for clinical infections as it can be maintained at physiological temperatures (37°C) for up to 5 days and its innate response to infections is structurally and functionally similar to that of mammals. The release of reactive oxygen species and antimicrobial peptides into the hemolymph is triggered by humoral responses. Hemolymph clotting, equivalent to mammalian blood clotting, is followed by melanization. The cellular response results in the encapsulation of the infecting pathogen and phagocytosis (McCloskey et al., 2019). When control larvae were infiltrated with saline solution, with E. coli or simply picketed, they were asymptomatic and neither death nor melanization were observed until day 5 (Figure 6A). When evaluating the virulence of the B. cenocepacia wild-type J2315 and the mutant NG1 in larvae of G. mellonella, both strains caused the typical melanization (Figures 6B,C). When larvae of G. mellonella were infected with high concentrations of 3 × 107 CFU/ml and 3 × 106 CFU/ml, no differences between the larvae infected with the wild-type or the mutant strain were observed (Figure 7). However, at lower bacterial concentrations such as 3 × 105 CFU/ml, lower mortalities were observed in the case of the mutant lacking OLs. At this concentration, the wild-type strain B. cenocepacia J2315 caused a mortality rate of 44% after 5 days, while the mortality rate of the mutant strain NG1 was 28% after the same time. The minimum dose for larval mortality was 2 × 103 CFU/ml and only those larvae infected with the wild-type strain (2% mortality) presented larval death. Our results indicate that the presence of OLs causes an increase in mortality in the G. mellonella infection model under a cell density of 3 × 105 CFU/ml.
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FIGURE 6. Melanization in Galleria mellonella larvae infected with strains of B. cenocepacia occurs in the presence of the pathogen and does not depend on the presence of OLs. (A) Control larvae infiltrated with 10 mM MgSO4, (B) Larvae infected with B. cenocepacia wild-type J2315, and (C) larvae infected with the B. cenocepacia mutant strain NG1. The pathogenicity assays were carried out using 10 insect larvae placed individually in 55 mm Petri dishes without diet and incubated at 30°C, evaluating mortality every 24 h after injection for 5 days before moving to the next larval growth stage. The melanization in G. mellonella larvae occurred along with larva death. Five independent experiments were performed.
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FIGURE 7. B. cenocepacia lacking OLs caused lower mortality in Galleria mellonella larvae. (A) Kaplan-Meier survival curves: Larvae were injected with wild-type cells of B. cenocepacia J2315 or the mutant strain NG1 that does not synthesize OLs at concentrations of 3 × 107, 3 × 106, 3 × 105, and 2 × 104 CFU/ml. Survival was evaluated every 24 h for 5 days. At the highest concentration of 3 × 107 CFU/ml, the mortality for both strains was 100 %. (B) Strain J2315 (black columns) caused increased mortality after 5 days in the infection model of G. mellonella larvae compared with the mutant NG1 that lacking OLs (gray columns) at a concentration of 3 × 105 CFU/ml and was significantly different (*) with an analysis tailed t-test with a P-value: 0.0349. The experiment was repeated five times with similar results using fifty larvae in total for each treatment.




The Presence of OLs Induces an Increased Accumulation of Reactive Oxygen Species (ROS)

Plant innate immunity is the first line of defense against multiple pathogens. An important part of these immune responses is the production of extracellular reactive oxygen species (ROS). ROS can be present as impermeable superoxide ([image: image]) or as permeable hydrogen peroxide (H2O2) and it can be readily translocated from one cell to another (Ghosh et al., 2019). B. andropogonis LMG2129 has been described as bacterial stripe pathogen in maize and other plants (Moffett et al., 1986; Cother et al., 2004; Li and De Boer, 2005; Eloy and Cruz, 2008). We wanted to study if the presence or absence of OLs could modify the plant immune responses, in particular the ROS production by the plant upon infection with R. andropogonis. ROS formation in infiltrated plant leaves was quantified using the fluorescence emitted by the compound diacetate 2 ′, 7′-dichlorodihydrofluorescein (DCFH-DA) when it is oxidized by ROS (Lehmann et al., 2015). Directly after infection (0 days post infection (dpi) ROS formation is detected in leaves infected with R. andropogonis (Figure 8). Interestingly, ROS production was much higher in leaves infected with the strain LMG2129.pRK.pET9a.olsF constitutively forming OLs compared to mock-treated samples (MgCl2) and to the wild-type strain (Figures 8A–C). To study the progression of ROS accumulation over time, ROS was quantified at 0, 3, 7, and 15 dpi (Figure 8D). Immediately after infection (0 dpi), ROS levels were twice as high in the strain constitutively forming OLs than the wild-type strain. ROS levels decreased at 3, 7, and 15 dpi, and no significant differences were detected between the different treatments at the later time points. Wounding caused by infiltration has been also described to induce ROS accumulation (Benikhlef et al., 2013). We observed that the possible damage by infiltrating the mock solution only slightly induces ROS formation (Figures 8A,D). Our results indicate that the presence of OLs triggers a strong ROS accumulation.
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FIGURE 8. The presence of ornithine lipids in R. andropogonis drastically increases the formation of reactive oxygen species (ROS) directly after infiltration into leaves of maize plants. ROS detection as DCFH-DA fluorescence (A) in maize leaves treated with mock solution, (B) treated with LMG2129.pRK404.pET9a, or (C) treated with LMG2129.pRK404.pET9a.olsF. (D) Densitometric quantification of ROS production by measuring DCFH-DA fluorescence showed that immediately after infection (0 dpi) the ROS levels were two times higher in leaves infiltrated with the strain constitutively forming OLs compared to leaves infiltrated with the wild-type strain, and were significantly different (*) determined by the analysis tailed t-test with a P-value: 0,0263 at 0 dpi. ROS concentration was lower on later times at 3, 7, and 15 dpi, and no differences were detected between the treatments. The experiment was repeated three times with similar results.




Constitutive OL Formation Does Not Modify the Progression of Infection Caused by Robbsia andropogonis on Its Host Maize

Based on the increased accumulation of ROS caused by the OL-forming R. andropogonis strain on maize (Figure 8), we wanted to characterize if the presence of OLs would modify the progression of the infection of R. andropogonis. Disease symptoms (dark-red lesions and chlorosis) and the number of living bacteria present inside the leaves were evaluated (Figure 9). Maize leaves were inoculated with the R. andropogonis strains and 3 days post-inoculation (dpi) disease symptoms were observed at the point of inoculation. These lesions continued to advance along the veins during the following days, while control plants infiltrated with the mock solution were asymptomatic (Figure 9A). Remarkably, the lesions caused by strains constitutively expressing OlsF were similar to the ones produced by the wild-type strain B. andropogonis LMG2129 (Figures 9B–D). Bacteria were isolated from leaves and colony-forming units (CFU) were determined at 0, 3, 7, and 15 dpi. Bacterial numbers increased over time in infected plants and no significant differences could be observed between both strains (Figure 9E). These results suggest that the increased ROS accumulation induced by the overexpression of OLs did not influence the progression of the infection on maize.
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FIGURE 9. The presence of OLs does not modify the progression of the infection of R. andropogonis in maize leaves. When infiltrated with R. andropogonis strains, maize leaves showed dark-red lesions and chlorosis, while control plants infiltrated with the mock solution were asymptomatic. (A) Mock solution, (B) wild-type LMG2129, (C) LMG2129.pRK404.pET9a, and (D) LMG2129.pRK404.pET9a.olsF. (E) The number of bacteria isolated from the maize leaves at 0, 3, 7, and 15 dpi, increased over time in infected plants, and no significant differences could be observed between the strains. The experiment was repeated three times with similar results using thirty corn plants in total for each treatment.





DISCUSSION

The genus Burkholderia s.l. contains pathogenic, phytopathogenic, symbiotic and non-symbiotic species from a very wide range of environmental (soil, water, plants, fungi) and clinical (animal, human) habitats (Estrada-de Los Santos et al., 2018). One characteristic that was thought to be unique for the genus Burkholderia was the presence of the membrane lipids phosphatidylethanolamine and ornithine lipids (OLs), both in a hydroxylated and in a non-hydroxylated form (Yabuuchi et al., 1992). Here, we show that only Burkholderia s.s. species which often correspond to pathogens of humans, plants or animals constitutively form OLs and that these lipids are absent (or at least not constitutively formed) in the recently proposed genera Paraburkholderia, Caballeronia, Robbsia, Trinickia, and Mycetohabitans that are related to beneficial bacteria or that do not cause pathogenicity in humans. However, the absence of OLs is probably not caused by the absence of a copy of the olsB gene because we found that all analyzed species possessed a gene encoding a homolog of the N-acyltransferase OlsB (Bcal1281) responsible for the first step in OL synthesis in B. cenocepacia (González-Silva et al., 2011). The genomic context around the respective genes was usually conserved throughout Burkholderia s.l. (data not shown). The synthesis of OLs in the recently proposed genera is probably induced at low phosphate concentrations and regulated by PhoB as seen in a variety of other bacteria such as for example Sinorhizobium meliloti, Rhodobacter sphaeroides, Serratia proteamaculans, and Vibrio cholerae. This idea is supported by our prediction of Pho boxes preceding the respective putative olsB genes in 21 of the 43 genomes analyzed. The majority of these 21 genomes corresponded to genomes of bacteria that do not constitutively synthesize OLs (Paraburkholderia and Caballeronia), and five corresponded to bacterial species of the genus Burkholderia s.s. which constitutively synthesize OLs (Supplementary Table 4). It is possible that we did not detect the Pho boxes in some genomes, because of the evolutionary distance between α-proteobacteria and β-proteobacteria or alternatively that the genes responsible for OL formation are regulated differently in the other species. The presence of a Pho box in front of olsB in strains forming OLs constitutively might mean that expression of the respective olsB copies is increased further under phosphate-limiting conditions and that this leads to an increase in OL formation. Among the species that we identified with predicted Pho boxes was P. xenovorans and we cultured the strain LB400 (Goris et al., 2004) in minimal medium supplemented under low phosphate conditions. We observed that when cultivated in growth medium with 0 or 0.02 mM phosphate the strain was able to replace the phospholipids PE and 2OH-PE by modified and unmodified OLs (data not shown).

OLs can be modified by hydroxylations, either in the head group or in the fatty acid chains or by N-methylations (Sohlenkamp and Geiger, 2016). These modifications can play an important role in response to environmental stresses, and it has been observed that the amount of hydroxylated lipids (2OH-PE and 2OH-OL) increases at high temperatures in B. cepacia (Taylor et al., 1998) and that the hydroxylated OL NL1 is formed under acid stress in B. cenocepacia (González-Silva et al., 2011). In this study, we noticed that the absence of OLs in B. cenocepacia strain NG1, slightly affected tolerance to high temperature and acidic pH compared to its respective wild-type J2315 (Figures 5C,E) and we believe that the slight decrease in growth could be caused by the absence of the hydroxylated OL NL1. This observation is consistent with the earlier observations in R. tropici, where the presence of (hydroxylated) OLs conferred resistance to acid stress conditions and increased temperatures (Vences-Guzmán et al., 2011), although the effect observed in B. cenocepacia is clearly not as strong as in R. tropici. A possible explanation is that the presence/absence of OLs in B. cenocepacia is not a main factor for stress resistance as seems to be the case in R. tropici, but a secondary factor contributing on a smaller scale to resistance to the stress conditions studied. In the case of the R. andropogonis strains, the strain expressing OlsF constitutively is growing slower under all conditions and it does not contribute to an increased resistance to abiotic stress conditions under the chosen expression conditions.

Membrane lipids can play a role in bacteria-host relationships during pathogenicity. Bartholomew et al. (2019), described that a 2-hydroxylation in lipid A contributes to virulence in Acinetobacter baumannii using G. mellonella as an infection model. They could show that only 10 % of the larvae survived when challenged with the wild-type and the complemented mutant. In contrast, 50 % of the larvae survived when inoculated with the lpxO mutant. A recent study by Kim et al. (2018) concluded that an increased formation of OLs might play a role in increasing persistence, while at the same time reducing the virulence of Pseudomonas aeruginosa on Tenebrio molitor (an insect) and in Caenorhabditis elegans (nematode). In our study, we observed that the mean of the mortalities after 5 days caused by the B. cenocepacia mutant deficient in OL seems to be lower at different cell densities tested, but a statistically significant reduction of mortality in the G. mellonella model was only observed at a cell density of 3 × 105 CFU/ml. A possible explanation is that OLs are not the main factor contributing to mortality in this experimental system, and that the effect of the absence of OLs might be covered by other unknown factors. Older studies by other groups about the immunogenicity of OLs have been contradictory and a probable reason is that OLs are not the only or main factor in all the bacteria studied, although they probably contribute to immunogenicity by interfering with or contributing to the effects of other virulence factors. We also observed that the resistance to a selected set of antibiotics and microbial peptides was not affected by the presence of OLs (data not shown). However, although OLs seem to affect the bacterial-host interaction, there are clearly additional factors present in B. cenocepacia affecting its virulence.

Plants have elaborate multilayered defense mechanisms to survive the constant attack of pathogens. The first line of defense is innate immunity, which is triggered by molecular components of microbes, called Microbe-Associated Molecular Patterns (MAMPs), including components of the bacterial membrane (Boller and Felix, 2009). Once MAMPs are recognized, the Pattern-Triggered Immunity (PTI) is activated, inducing a strong accumulation of ROS, MAPK signaling cascades and transcriptional activation of early defense response genes (Tsuda and Somssich, 2015). After this initial response, plants can induce the Effector-Triggered Immunity (ETI), which is based on the specific recognition of pathogen effectors by the R genes that leads to a local programmed cell death or hypersensitive response (HR) (Boller and Felix, 2009). The combined effect of PTI and ETI can block the invasion of pathogens, both locally at the infection site and systemically in uninfected leaves (Craig et al., 2009; Tsuda and Somssich, 2015). However, although PTI and ETI share similar molecular defense response elements, they have different dynamics in the activation and intensity (Katagiri and Tsuda, 2010). It was demonstrated that bacterial polar lipids can stimulate specific immune responses in the host (Melian et al., 2000; Roura-Mir et al., 2005). For instance, polar lipids of B. pseudomallei (e.g., ornithine lipids and rhamnolipids) induce antibody production and several polar lipids stimulate cellular immune responses (González-Juarrero et al., 2013). Here we show that R. andropogonis constitutively forming OLs causes an increased formation of ROS directly after infection of maize leaves (Figure 8), suggesting that plants can recognize OLs as MAMPs, inducing the PTI. As signaling molecules and as toxic compounds, ROS have been described to play multiple roles during plants life, including modulation of growth and development and response to abiotic and biotic stimuli (Camejo et al., 2016). The constitutive presence of OLs in R. andropogonis does not affect the number of bacteria growing inside the leaves (Figure 9), which suggests that a possible recognition of OLs and subsequent accumulation of ROS are not sufficient to stop the infection. One possibility to explain this phenomenon, is that the infection inflicted by R. andropogonis can be inhibited by activating the ETI but no PTI. This is in agreement with the observation that expression of the R gene Rxo1 controls the resistance against R. andropogonis in maize and rice (Zhao et al., 2005). Another possibility is that during the infection, R. andropogonis can produce scavenger molecules or detoxifying enzymes that can inhibit ROS, which has been previously described as invading strategy for multiple plant pathogens (Lehmann et al., 2015).

In conclusion, the presence of OLs in both bacteria-host interactions we studied affects how the pathogen is perceived and it may affect in some cases the outcome of the infection. Further work is required to determine the role of OLs in Burkholderia spp. during plant-pathogen and animal-pathogen interactions.
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In the 1950’s and 1960’s Eugene P. Kennedy laid out the blueprint for phospholipid biosynthesis in somatic cells and Escherichia coli, which have been coined the Kennedy Pathways for phospholipid biosynthesis. His research group continued to make seminal contributions in the area of phospholipids until his retirement in the early 1990’s. During these years he mentored many young scientists that continued to build on his early discoveries and who also mentored additional scientists that continue to make important contributions in areas related to phospholipids and membrane biogenesis. This review will focus on the initial E. coli Kennedy Pathways and how his early contributions have laid the foundation for our current understanding of bacterial phospholipid genetics, biochemistry and function as carried on by his scientific progeny and others who have been inspired to study microbial phospholipids.
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INTRODUCTION

Studies of lipid metabolism were first initiated in plants and mammals in the 1920 followed by the establishment of the Kennedy Pathway for phospholipid synthesis in mammalian cells in the 1950’s (Kennedy, 1992). It was not until the 1960’s that serious studies of bacterial lipid metabolism began largely in the laboratory of Eugene Kennedy at Harvard Medical School. During this decade Kennedy’s laboratory defined the pathways for the synthesis of the major phospholipids [phosphatidylethanolamine (PE), phosphatidylglycerol (PG) and cardiolipin (CL)] in Escherichia coli. With this blueprint in hand, the following two decades experienced an explosion in E. coli glycerol-based phospholipid metabolism, enzymology, genetics and function largely by Kennedy and his scientific progeny. Lipid A-base lipopolysaccharide (LPS) is the other phospholipid of Gram-negative that forms the outer lipid leaflet of the outer membrane of Gram-negative bacteria. The biochemistry, enzymology and genetics of Lipid A were largely defined by Chris Raetz (Dowhan et al., 2013; Whitfield and Trent, 2014), a trainee of the Kennedy lab. These initial findings laid the foundation for continuing studies in E. coli and other microbial systems including yeast providing excellent model systems for studying lipid involvement in bacterial antibiotic resistance and function of lipids in both prokaryotic and eukaryotic systems. The current state of pathways, enzymology, and genetics of glycerol-based phospholipid biosynthesis in E. coli will be reviewed followed by how this collective information has been used to establish specific functions for individual phospholipids in bacteria. Membrane bilayer phospholipid asymmetry studies are well advanced in eukaryotic cells but only beginning to be extensively studied in bacteria. Methods for determining and perturbing lipid bilayer asymmetry in Gram-negative bacteria will be reviewed as a prerequisite for determining the role of such asymmetry in cell function. Hopefully this review will provide a basis for extended studies of phospholipids in other bacteria and lay the foundation for further studies in E. coli.



CURRENT STATE OF THE BACTERIAL KENNEDY PATHWAY

In E. coli (see Figure 1) and other γ-proteobacteria phosphatidic acid (PA) biosynthesis begins by acylation at the 1-position of sn-glycerol-3-phosphate (G3P) by either a long chain fatty acid- (primarily palmitic acid) acyl carrier protein (ACP) or CoA derivative catalyzed by PlsB (Ray et al., 1970). Many Gram-negative bacteria and all Gram-positive bacteria utilize PlsY (Lu et al., 2006), which use acyl-phosphate derivatives of long chain fatty acids. Acylation at the 2-position is catalyzed by PlsC (Coleman, 1990), which uses both ACP and CoA fatty acids (mainly long chain unsaturated) derivatives in γ-proteobacteria and only ACP derivatives in most other bacteria. The two-step acylation process generates membrane-residing PA followed by conversion of this short-lived intermediate precursor to CDP-diacylglycerol (CDP-DAG), which functions as a donor of phosphatidyl moieties to the primary hydroxyl groups of either L-serine or G3P to form phosphatidylserine (PS) or phosphatidylglycerol phosphate (PGP), respectively. The latter is dephosphorylated to form PG and the former is decarboxylated to form PE. Some of the PG pool is further converted to CL. PE, PG, and CL are the major end products of the Kennedy Pathway and the primary lipid components of the inner membrane and periplasmic leaflet of the outer membrane. The levels of the intermediates PA, CDP-DAG, PS, and PGP are extremely low in wild-type E. coli, representing less than 0.1–0.3% of the total cellular phospholipid. These intermediates are found in higher levels in E. coli lipid mutants as will be discussed below. In E. coli diacylglycerol (DAG) derived from transfer of sn-glycerol-1-phosphate from PG in the formation of membrane derived oligosaccharide (MDO) (Schneider et al., 1979; Goldberg et al., 1981) is phosphorylated by DgkA to generate PA in the inner membrane (Pieringer and Kunnes, 1965; Raetz and Newman, 1978). MDO is a periplasmic oligosaccharide osmoregulatory decorated by sn-glycerol-1-phosphate and ethanolamine-phosphate derived from PE (Kennedy et al., 1976). The gene for the latter decoration has not been identified. Interestingly, details of the synthesis of PA came well after most of the Kennedy Pathway was worked out for E. coli.


[image: image]

FIGURE 1. Kennedy Pathway for synthesis of phospholipids in Escherichia coli. The following enzymes with their respective genes named carry out: (1) G3P acyltransferase (PlsB); (2) 1-Acyl-G3P acyltransferase (PlsC); (3) CDP-DAG synthase (CdsA); (4) phosphatidylserine synthase (PssA); (5) phosphatidylserine decarboxylase (Psd); (6) phosphatidylglycerophosphate synthase (PgsA); (7) phosphatidylglycerophosphate phosphatases (PgpABC) encoded by three genes; (8) cardiolipin synthase (Cls) encoded by three genes. ClsA and ClsB condense 2 PGs while ClsC condenses PG and PE. ClsB (8*) can also displace ethanolamine from PE using glycerol to make PG, which can be utilized to make CL in pgsA null strains. (9) PG pre-membrane derived oligosaccharide (MDO) sn-glycerol-1-P transferase (MDO synthase); 10. DAG kinase (DgkA). Figure (modified) and legend reprinted by permission from Elsevier (Dowhan, 2013): Copyright 2013.


Several differences exist in phospholipid biosynthetic pathways between prokaryotes and eukaryotes and within prokaryotes. Two de novo biosynthetic routes, collectively also known as the Kennedy Pathway were elucidated over 60 years ago and are responsible for the production of the majority of phosphatidylcholine (PC) and PE in most eukaryotic cells (Kennedy, 1992). CDP-choline or CDP-ethanolamine is formed by condensation of CTP with choline-phosphate or ethanolamine-phosphate followed by reaction with DAG to form phosphatidylcholine (PC) or PE, respectively (Kennedy and Weiss, 1956). Although E. coli does not contain PC, many Gram-negative bacteria contain PC made either by methylation of PE or phosphatidyl transfer from CDP-DAG to choline (Lopez-Lara and Geiger, 2017).

Somatic cells synthesize PS by headgroup exchange between PE or PC with L-serine (Stone and Vance, 2000). Bacteria (Kanfer and Kennedy, 1962) and most fungi (Bae-Lee and Carman, 1984) utilize the prokaryotic pathway where L-serine displaces CMP from CDP-DAG to form PS. Psd, which is highly homologous between eukaryotes and prokaryotes (Voelker, 1997), catalyzes the decarboxylation of PS to PE (Kanfer and Kennedy, 1964). The decarboxylation pathway is the sole route for PE biosynthesis in E. coli and the major one in Saccharomyces cerevisiae.

A single PgsA catalyzes the displacement of CMP by G3P to form PGP in E. coli (Kanfer and Kennedy, 1964) and the mitochondria of somatic cells (Kiyasu et al., 1963; Kawasaki et al., 1999, 2001) and yeast (Chang et al., 1998). Eukaryotes utilize a single essential mitochondrial-localized PGP phosphatase (Zhang et al., 2011) while prokaryotes have multiple activities (Icho and Raetz, 1983; Funk et al., 1992) with PgpA (Chang and Kennedy, 1967) being the primary phosphatase. Most prokaryotes express multiple CL synthases with ClsA being the primary activity in E. coli with little understanding of the function of the other enzymes. ClsA is present under all growth conditions while ClsB and ClsC are induced during late log and stationary phases of growth (Tan et al., 2012). In bacteria synthesis of CL proceeds by a non-energy requiring condensation of two PG molecules with one PG acting as phosphatidyl donor and the other as a phosphatidyl acceptor with the release of glycerol (Hirschberg and Kennedy, 1972). Interestingly, ClsB also catalyzes headgroup exchange between PE and glycerol to form low amounts of PG and free ethanolamine (Li et al., 2016).

In mitochondria the formation of CL is energy dependent utilizing a transfer of PA from CDP-DAG to the terminal hydroxyl of PG (Hostetler et al., 1972). This irreversible reaction exhausts the pool of PG to maintain high CL and low PG levels in mitochondria. In contrast bacteria exhibit higher levels of PG versus CL. Since the bacterial energy independent reaction is fully reversible, the PG/CL ratio can change with an increase in CL levels in the stationary phase (Hiraoka et al., 1993) or after abiotic osmotic or thermal insults (Luevano-Martinez et al., 2015). The line between eukaryotic and prokaryotic Cls enzymes has become blurred by identification of a eukaryote-type CDP-DAG-dependent-Cls in Streptomyces coelicolor (Sandoval-Calderon et al., 2009) and a potentially PG condensing-Cls in the protozoan Trypanosoma brucei (Serricchio and Bütikofer, 2012).

The diversity of membrane lipid compositions within the Eubacterial (Lopez-Lara and Geiger, 2017) and Archaebacterial (Matsumi et al., 2011). Kingdoms is as diverse as the number of organisms; the latter phospholipids are characterized by containing sn-glycerol-1-phosphate in ether linkage to long chain isoprenoid alcohols. However, the pathways for generating the hydrophilic headgroups of the major phospholipids are very similar to that in Eubacteria. Covering this diversity is well beyond the scope of this review. The Kennedy Pathway phospholipid biosynthetic blueprint for E. coli has provided a starting point for elucidating lipid biosynthetic pathways throughout these kingdoms where differences and similarity to that of E. coli have been detailed.



GENETICS OF PHOSPHOLIPID METABOLISM

All the genes encoding the pathways depicted in Figure 1 have been identified and their sequences are available either from direct sequencing or the sequence of the E. coli genome. Furthermore, there are mutants available for each gene. The first mutants reported in E. coli phospholipid synthesis were in PlsB (Bell, 1974, 1975) and PssA (Okonogi et al., 1971; Ohta et al., 1974; Ohta and Shibuya, 1977). However, a major advance in phospholipid biosynthetic enzyme genetics can be contributed to Chris Raetz, a disciple of the Kennedy lab. Since it was initially thought that null mutants in genes encoding these enzymes would be lethal, Raetz isolated conditionally lethal temperature sensitive mutants using a novel filter paper assay method (Raetz, 1975). Using this technique mutants were isolated in pssA (Raetz et al., 1977), pgsA (Raetz, 1975), pgpAB (Icho and Raetz, 1983; Icho, 1988a, b), cdsA (Ganong et al., 1980; Icho et al., 1985b) and dgkA (Raetz and Newman, 1978; Lightner et al., 1983).

A psd temperature sensitive mutant was isolated by a modified brute force scanning after mutagenesis (Hawrot and Kennedy, 1976). A glycerol auxotroph turned out to encode a PlsB mutant with a 10-fold higher Km for G3P (Bell, 1974, 1975; Lightner et al., 1980). A mutation in mdoB (Jackson et al., 1984) was isolated as a suppressor of the large accumulation of DAG in a dgkA mutant. A screen of temperature sensitive mutants that were sensitive to deoxycholate (indicative of a defect in outer membrane integrity) turned out to be mutants in plsC (Coleman, 1990). Null mutants in the dgkA gene result in a 20-fold accumulation of DAG, which in an osmotically challenging environments is lethal (Raetz and Newman, 1978) due to failure of cells to divide (Kawashima et al., 2008). Therefore, DgkA acts as a salvage enzyme to permit the reutilization of DAG molecules for phospholipid synthesis in wild-type cells (Kennedy, 1982). MDO biogenesis accounts for only 2/3 of the DAG that accumulates upon dgkA inactivation (Rotering and Raetz, 1983). Most likely the remaining DAG results from LPS modification by transfer of ethanolamine-phosphate from PE catalyzed by the eptA gene product (Reynolds et al., 2005; Samantha and Vrielink, 2020).

The pgpAB double null strain still contains PGP phosphatase activity and grows normally. The original screening for phosphatase mutants missed PgsC, which is temperature sensitive at 42°C (Funk et al., 1992). Screening for increased PGP phosphatase activity in the pgpAB double null mutant expressing a plasmid library of the E. coli genome led to identifying and cloning of the pgpC gene (Lu et al., 2011). A mutant in clsA was originally identified by brute force screening of strains defective in phospholipid metabolism (Pluschke et al., 1978; Ohta et al., 1985). Informatic analysis led to identifying two paralogs of ClsA and identifying of clsB (Guo and Tropp, 2000) and clsC (Tan et al., 2012).

With the availability of plasmid-borne genetic libraries of the E. coli genome and the sequence of the complete genome, the remainder of the genetic map of phospholipid metabolism became available. With some exceptions the isolation of mutants and subsequent cloning of the genes was mostly done by Kennedy and his scientific descendants.



THE ENZYMES OF PHOSPHOLIPID SYNTHESIS

Most of the enzymes encoded by the genes listed in Figure 1, with exception of PlsC, PgpAC, ClsB, ClsC, and MdoB, have been purified to near homogeneity. Once the respective genes were cloned and expressed from multi-copy plasmids, sufficient amounts of purified enzymes were available for mechanistic and structural studies. All enzymes in the pathway except PssA are integral membrane proteins and are associated with the inner membrane of E. coli. The combination of the genetic and biochemical studies has validation of the Kennedy Pathway at the molecular level.


Synthesis of PA

Purification of PlsB to near homogeneity (Larson et al., 1980; Green et al., 1981) was facilitate using E. coli strains carrying plasmids overexpressing the plsB gene (Clark et al., 1980). Sequencing of isolated clones revealed the amino acid sequence of PlsB (91,381 Da). PlsC (27, 500 Da) has been partially purified (Coleman, 1992) and from informatic analysis of its sequence, PlsC appears to be similar to the catalytic properties of PlsB (Coleman, 1990; Yao and Rock, 2013). Although saturated and unsaturated long chain fatty acids are substrates, PlsB favors the former while PlsC favors the latter consistent with the acyl chain species of phospholipids found in E. coli (Goelz and Cronan, 1980). Orthologs of PlsB are found in several γ-proteobacteria. For more information on bacterial fatty acid synthesis (see Rock and Jackowski, 2002). PlsB and PlsC produce de novo PA while DgkA (13,245 Da) (Lightner et al., 1983) functions in recycling DAG generated in the synthesis of MDO. Crystal (Li et al., 2013) and NMR (Van Horn et al., 2009) structures of DgkA are available.



CDP-DAG Synthase

CdsA catalyzes the activation of PA with CTP to generate CDP-DAG which serves as a precursor at the branch point of the Kennedy Pathway for the formation of zwitterionic PE and anionic PG plus CL. Cloning of the cdsA gene and expression from multicopy plasmids (Icho et al., 1985b) facilitated the purification of the synthase (27,570 Da) (Sparrow and Raetz, 1985). The enzyme utilizes equally only dCTP and CTP, favors PA with at least one unsaturated fatty and requires a divalent metal ion for activity. Like many integral membrane enzymes, purified CdsA requires its lipid substrate to be dispersed in detergent micelles and exhibits substrate dilution kinetics (Warner and Dennis, 1975; Carman et al., 1995). At a fixed lipid substrate concentration, the activity increases with increasing detergent concentration until all substrate is integrated into detergent micelles. Continued increase in detergent results in progressive decrease in apparent activity due to dilution of the substrate in the surface of the micelle. CdsA has affinity for detergent-phospholipid mixed micelles and once incorporated its activity is dependent on the mole fraction of substrate within the mixed micelle. The enzyme does not catalyze either CDP-diacylglycerol hydrolase activity or exchange activity between substrates and products. Bacterial and eukaryotic synthases display significant homology throughout nature (Dowhan, 1997a), which was used to clone the respective synthase genes encoding endoplasmic reticulum Cds1 (Shen et al., 1996) and mitochondrial Tam41 (Tamura et al., 2013) from S. cerevisiae, and the Drosophila (Wu et al., 1995) and human (Weeks et al., 1997) genes.



PS Synthase

PssA’s in Gram-negative bacteria including E. coli (Raetz and Kennedy, 1972, 1974) are unique in that they are not associated with the membrane in cell free extracts but are tightly associated with ribosomes (Dutt and Dowhan, 1977). In Bacillus subtilis (Okada et al., 1994), Bacillus licheniformis (Dutt and Dowhan, 1981) and S. cerevisiae (Bae-Lee and Carman, 1984), the enzyme is an integral membrane protein requiring a divalent cation for activity, which the E. coli enzyme does not. The B. subtilis enzyme can fully substitute for the E. coli enzyme when expressed in a pssA null strain (Okada et al., 1994). The E. coli enzyme has been functionally expressed in wild type B. subtilis (Zhang et al., 2009), but it is not known whether it can substitute for native enzyme.

The affinity of E. coli PssA for ribosomes may not be physiological (Louie et al., 1986; Louie and Dowhan, 1980). Both termini sequences of PssA (52,817 Da) are enriched in positively charged amino acids, which may explain its strong affinity for polyphosphate surfaces such as the ribosome (DeChavigny et al., 1991). Although dissociation from the ribosomal fraction requires 5 M NaCl (Raetz and Kennedy, 1974), physiological levels of polyamines such as spermidine or mixed micelles of detergent plus the CDP-diacylglycerol substrate are sufficient to dissociate the enzyme from ribosomes. E. coli membranes enriched in CDP-diacylglycerol or PG result in transfer of the enzyme from the ribosomal to the membrane fraction in cell lysates. Interestingly, the association with PG is ionic being prevented by high ionic strength buffers while the association with lipid substrate is insensitive to salt levels suggesting physiological importance of different modes of membrane association and existence of potential feedback mechanism to provide anionic and zwitterionic membrane content homeostasis as discussed latter.

The affinity for polyphosphate surfaces was capitalized in the purification of the enzyme. The enzyme was first bound to phosphocellulose and specifically eluted using mixed micelles of detergent and lipid substrate (Larson and Dowhan, 1976). This affinity purification method coupled with enzyme overproduction using high copy number plasmids carrying the pssA gene (Raetz et al., 1977; Ohta et al., 1981a) made available increased amounts of enzyme for study.

Although PssA presents as a “soluble” enzyme, it aggregates in the absence of detergents. and as noted above, has high affinity for its membrane associated substrate even in the presence of ribosomes. This is consistent with its requirement for a lipid substrate-detergent mixed micelle and display of substrate dilution kinetics (Carman et al., 1995). PssA follows a Ping-Pong reaction mechanism (Raetz and Kennedy, 1974; Larson and Dowhan, 1976) with retention of configuration at the PA-linked phosphate in the CDP-DAG substrate indicating that the reaction path proceeds through a substrate-enzyme covalent intermediate (Raetz et al., 1987). This mechanism is also consistent with low hydrolase activity toward its lipid substrate and product and very low transfer rates of the PA moiety of CDP-DAG to glycerol and G3P.

Pss enzymes belong to two different families: type I (non-integral membrane form) in the phospholipase D-like family and type II (integral membrane form) in the CDP-alcohol phosphotransferase family (Sohlenkamp et al., 2004). PssA from E. coli is a type I enzyme whereas the integral membrane associated Pss enzymes from Bacillus and S. cerevisiae are type II enzymes. The yeast enzyme shows no homology with the bacterial enzymes. However, the B. licheniformis (Dutt and Dowhan, 1981) and yeast enzymes exhibit sequential ordered Bi–Bi kinetics with no hydrolase activities. In fact, the yeast enzyme proceeds with inversion of configuration at the PA-linked phosphate of the CDP-DAG substrate (Raetz et al., 1987) consistent with a Bi-Bi mechanism in which the formation and release of CMP from CDP–DAG is dependent on L-serine.



PS Decarboxylase

Enzymes in phospholipid biosynthetic pathways are in very low amounts requiring several thousand-fold purifications from wild type cells. The first enzyme in the E. coli pathway to be purified was Psd (Dowhan et al., 1974), which was at the time among one of the few functional integral membrane proteins available in purified form. This purification demonstrated that it was possible to isolate functional phospholipid biosynthetic enzymes, which was followed in the next few years in other bacteria, yeast and somatic cells. The E. coli enzyme is a heterodimer derived from a proenzyme through autocatalytic serinolysis at Ser-254 resulting in two subunits of 28,579 and 7332 Da with the latter subunit containing an amino-terminus blocked by pyruvate (Li and Dowhan, 1988, 1990). During catalysis a Schiff’s base is formed between the L-serine α-amino group of PS and the pyruvate prosthetic group followed by decarboxylation. The crystal structure of the enzyme shows a dimer of the heterodimer with the hydrophobic N-terminal α-helices most likely inserted into the lipid bilayer (Watanabe et al., 2020). This face of the dimer displays a lipid substrate binding pocket into which covalently bound PE was resolved after reduction of the substrate-enzyme Schiff’s base. Thus far all Psd’s in nature are pyruvate-dependent enzymes (Voelker, 1997). The B. subtilis enzyme (Matsumoto et al., 1998) and the mitochondrial somatic cell (Kuge et al., 1991, 1996) and S. cerevisiae (Trotter et al., 1993) enzymes show significant homology to the E. coli enzyme, although yeast also contains a divergent Psd localized to the Golgi/vacuole (Trotter and Voelker, 1995). E. coli Psd exhibits substrate dilution kinetics (Warner and Dennis, 1975; Carman et al., 1995). The enzyme is specific for the diacyl and G3P back bone as well as the L-serine headgroup (Dowhan et al., 1974). Psd’s are very efficient in converting PS into PE resulting in levels of 0.1% or less of total phospholipid in membranes containing a Psd. In eukaryotic cells PS is synthesized in the endoplasmic reticulum from where it is trafficked to other cell membranes where levels can reach 10% except in the mitochondria where Psd completely converts PS to PE (Voelker, 1997).



PGP Synthase

All PgsA’s described so far belong to the CDP-alcohol phosphotransferase family. A gene encoding a putative PgsA is present in almost all bacterial genomes, but there are and will be increasing exceptions (Makarova et al., 2001; Radka et al., 2020). The enzyme was initially purified from wild type E. coli using a novel CDP-DAG affinity column (Hirabayashi et al., 1976). Once the cloned and sequenced pgsA gene was available, overproduction of the enzyme (20,701 Da) facilitated purification in high amounts (Ohta et al., 1981b; Gopalakrishnan et al., 1986). Functionally, the enzyme is similar to B. subtilis and yeast Pss in that it is an integral membrane protein, requires a divalent metal ion for activity and proceeds via a sequential Bi-Bi mechanism. The homologous somatic cell PgsA, when engineered for expression in E. coli, exhibits overproduction of synthase activity (Kawasaki et al., 1999), although it is unknown whether it suppresses a pgsA null strain.



PGP Phosphatases

The three phosphatase of E. coli, PgpA (19,400 Da) (Icho and Raetz, 1983; Icho, 1988a), PgpB (29,021 Da) (Icho and Raetz, 1983; Icho et al., 1985a), and PgpC (24,439 Da) (Funk et al., 1992; Lu et al., 2011) show no sequence homology, all dephosphorylate PGP efficiently and have different specificities toward other phosphorylated lipids. A triple pgpABC null mutant is not viable, demonstrating that no additional PGPs exist in wild type E. coli. PgpAC are specific for PGP and require Mg2+ for active. PgpB is divalent metal ion independent and possesses a broad substrate spectrum as shown by its capacity to dephosphorylate PGP, PA, lyso-PA, undecaprenyl pyrophosphate (C55-PP) (Touze et al., 2008) and DAG-pyrophosphate (Dillon et al., 1996). In contrast to PGP hydrolysis, which relies on a His/Asp/His catalytic triad of PgpB, the mechanism of C55-PP hydrolysis only requires the His/Asp diad (Tian et al., 2020). Potential orthologs of the three phosphatases are found throughout other bacteria, but they are not homologous to any eukaryotic lipid phosphatases.

PgpB has been purified to near homogeneity (Touze et al., 2008). High resolution crystal structures have been determined for PgpB, which detail catalytically important residues (Fan et al., 2014) and a PE binding site that stabilizes the enzyme (Tong et al., 2016). Strict concentration dependence of activity on PE may allow PgpB activity to remain at a physiologically required threshold providing an attractive mechanism on how membrane proteins achieve two competing requirements, stability and flexibility both required for function (Guo et al., 2020).



CL Synthases

The bacterial CL synthases were originally thought to use CDP-DAG as substrate until definitive evidence confirmed that condensation of two PG molecules is catalyzed at least for what we know to be ClsA (Hirschberg and Kennedy, 1972). ClsA is the primary source of CL during exponential growth. The clsA gene was cloned, the enzyme overproduced and partially purified (Ohta et al., 1985; Hiraoka et al., 1991). The enzyme appears to follow substrate dilution kinetics (Hiraoka et al., 1991). Although the clsA DNA sequence indicates a protein of 54,822 Da, the mature protein is about 46,000 Da (Hiraoka et al., 1991; Quigley and Tropp, 2009). There appears to be a posttranslational shortening of the protein. High overproduction of the enzyme is lethal due to compromised cell membrane barrier function presumable due to overproduction of CL (Hiraoka et al., 1991). Interestingly, the active site of ClsA faces the periplasm of E. coli (Shibuya et al., 1985).

ClsB (47,634 Da) and ClsC (53,666 Da) were first identified as products of genes ybhO and ymdC, respectively, which encode proteins with high homology to ClsA (Guo and Tropp, 2000). In vivo studies originally missed the presence of ClsBC because these activities contribute low amounts to the CL pool and only at late exponential to stationary phases of growth (Tan et al., 2012). ClsAB both condense two molecules of PG to form CL, but ClsC transfers a phosphatidyl moiety from PE to PG (Tan et al., 2012). Clones of clsC containing the adjacent ymdB gene encode increased levels of ClsC by an unknown mechanism. Although a clsABC null strain contains no detectible CL, a pgsA null strain contains trace amounts of CL. It turns out that ClsB also replaces ethanolamine in PE with glycerol to make PG, which then is converted to CL (Tan et al., 2012).

Many questions remain unanswered with regards to CL synthesis in bacteria. Why are there multiple synthases and what are their function? What is the mechanism of ymdB amplification of ClsC? What is the topological orientation of the active sites of ClsBC and how are the membrane orientation of the three synthases related to their function? Is the ability of ClsB to make PG from PE of physiological significance?



WHICH ENZYME ACTIVITIES ARE ESSENTIAL?

Determining “essential” lipid genes is dependent on growth conditions. In the longer term evolution has selected genes necessary for optimal growth under a variety of conditions. Laboratory strains allow the identification of genes that are required for normal function but can be eliminated under artificial conditions leading to the identification of lipid dependent functions. No conditions have been identified to suppress the lethality of null mutants in genes encoding enzymes prior to and including the synthesis of CDP-DAG. Interestingly, growth conditions or secondary suppressor mutations have been identified to support null mutations in genes beyond the branch point. Therefore, E. coli stains are available completely lacking either PE and PS (DeChavigny et al., 1991), PG and CL (Asai et al., 1989; Kikuchi et al., 2000) or CL (Tan et al., 2012). However, no conditions have been found to support growth of strains lacking simultaneously PE, PS, and CL (DeChavigny et al., 1991).

The first null mutant in phospholipid synthesis in E. coli resulted from the interruption of the pgsA gene (Heacock and Dowhan, 1987, 1989). Lethality was suppressed by a plasmid copy of pgsA or a chromosomal copy of pgsA under lacOP promoter control in the presence its inducer (Heacock and Dowhan, 1989). Although pgsA is absolutely required in a wild type strain, transfer of the null allele into several genetic backgrounds had little effect on growth. The lethal effect in wild type strains is due to a requirement for PG as a DAG donor to the N-terminal cysteine thiol group of the major outer membrane lipoprotein (Lpp) in a reaction catalyzed by prolipoprotein DAG transferase (Lgt) (Asai et al., 1989; Kikuchi et al., 2000). This modification occurs in the inner membrane and is required prior to translocation of Lpp to the outer membrane. Accumulation of the precursor results in disruption of the inner membrane and cell lysis. A double null pgsA lpp strain still grows poorly at 37°C and lyses at 42°C. There are several other lipoproteins requiring the same modification whose defective maturation results in membrane stress and induction of the two-component Rcs phosphorelay signal transduction system making cells thermosensitive. Disruption of the rcsA gene suppresses the poor growth and temperature sensitivity of the pgsA lpp null strain (Nishijima et al., 1981; Shiba et al., 2004; Nagahama et al., 2006; Shiba et al., 2012). Therefore, in this complex suppressor strain PG and CL are not required for near normal growth. However, there are still several phenotypes of strains completely lacking PG and CL as discussed below.

The pgsA null viable strains still contain about 10% anionic phospholipids mainly PA, CDP-DAG and N-acyl-PE (Mileykovskaya et al., 2009). Accumulated PA and CDP-DAG in the mutant can also serve as DAG donors for thiol modification of lipoprotein precursors but only inefficiently (Tao et al., 2012). Therefore, these negatively charged lipids can also compensate for loss of PG and CL so one cannot conclude that there is no requirement for anionic phospholipids in E. coli.

As noted earlier, a pgpABC null mutant is not viable unless covered by a plasmid expressing one of the phosphatase genes (Lu et al., 2011). This is probably due to accumulation of PGP in the membrane since feeding a phosphonate analog of G3P to E. coli, which results in the accumulation of the non-hydrolysable phosphonate analog of PGP, is bacteriostatic (Tyhach et al., 1976).

Interruption of the pssA gene prevents the synthesis of PS and PE thus the strains lack all amino-containing and zwitterionic phospholipids (DeChavigny et al., 1991). PS is barely detectible in E. coli, so PE is the major zwitterionic net neutral lipid making the cell membranes highly anionic in its absence. Null pssA strains are viable in media containing 10–50 mmolar divalent cations Ca2+, Mg2+, or Sr2+, but not Ba2+ (DeChavigny et al., 1991; Rietveld et al., 1993, 1994; Killian et al., 1994) consistent with earlier reports of divalent metal ion suppression of temperature sensitive mutations in pssA (Raetz, 1976; Ohta and Shibuya, 1977) and psd (Hawrot and Kennedy, 1978). Removal of divalent cations from the growth medium results in rapid lysis. Null mutants require supplementation of minimal defined medium with all the amino acids. Even under optimal conditions the null mutant growth rate is two- to three-times slower and the cells are filamentous with multiple genomes (DeChavigny et al., 1991; Mileykovskaya and Dowhan, 2000). Therefore, lack of PE is essential for normal cell viability.

Construction of strains with an interrupted psd gene was unsuccessful even though supplementation of medium with divalent cations suppressed the lethality of temperature sensitive mutants. An interrupted chromosomal copy of the psd gene could be rescued by a plasmid carrying the psd gene along with surrounding genes suggesting a polar effect of the interruption on expression of essential genes in this region of the chromosome (Li, 1989).

Escherichia coli has a marked redundancy in CL synthesis with none of three gene products being essential under laboratory conditions. However, as noted later CL-deficient strains display several deficiencies, which would limit their survival or vitality under stressed conditions.



FUNCTIONS OF THE MAJOR PHOSPHOLIPIDS BEYOND BARRIER MAINTENANCE

Membrane associated processes account for half or more of all cellular functions. Membranes are complex structures composed primarily of proteins and lipids stabilized by dynamic cooperative non-covalent interactions. Historically, studies of membrane associated functions have focused on the protein component while ignoring the role of membrane lipids in defining function. A primary role for lipids in forming the permeability barrier of cells and organelles was first proposed by Ernest Overton in 1895 (Overton, 1895). However, a lipid bilayer as opposed to a protein barrier was not accepted until many years later (Danielli and Daśon, 1935; Robertson, 1957) but still envisioned a lipid bilayer covered with a protein layer on each side. The fluid mosaic model of membrane structure (Singer and Nicolson, 1972), where laterally mobile proteins are embedded in a sea of lipids, combined many studies on membrane structure and remains a widely accepted representation of membrane structure (Nicolson, 2014). Minor lipids as cellular signaling molecules gained recognition in the 1970s and 1980s (Horrobin et al., 1977; Hokin, 1985) and remain a heavily studied area. Interestingly, it was Kennedy that first reported the synthesis of a phosphorylated phosphatidylinositol, an important lipid signaling molecule, in brain that underwent rapid formation and dephosphorylation (Paulus and Kennedy, 1960). There are few strong examples of lipid signaling in E. coli. One example is the outer membrane phospholipase A that deacylates phospholipids in the LPS rich outer leaflet of the outer membrane. The generated free fatty acids act as second messages in the CoA form that prevent the degradation of a central enzyme (LipC) in Lipid A biosynthesis thus maintaining synthesis of LPS precursors (May and Silhavy, 2018). However, recognition that the major membrane lipids affect membrane protein function and affect cellular function is more recent. Lack of focus on the importance of membrane lipid composition as a factor in cell function is due to a protein centric view (Popot and Engelman, 2016) driven by the ability of detergents to substitute for lipids in supporting the function of many purified membrane proteins.

How can the function of lipids beyond providing a permeability barrier be determined? A classical genetic approach to defining multiple functions for the major membrane lipids presents several barriers. Since lipids are not encoded directly by genes, mutants must be made in biosynthetic pathways, which can result in cell death due to loss of barrier function before a specific function is recognized. Pleiotropic effects on many cellular processes, particularly in multi-organelle cells, due to buildup of precursors or lack of final products complicates interpretation. Lipids have neither inherent catalytic activity nor obvious functions in isolation. Since we still do not know how to translate the physical and chemical properties of a single or complex mixture of lipid(s) into in vivo function, in vitro studies are prone to many artifacts especially when employing idealized lipid mixtures. Fortunately, at least in bacteria, it has been possible to establish conditions to support the growth of strains completely lacking the major phospholipid classes as noted above for E. coli. These strains are still compromised for cell growth and show recognizable phenotypes that provide clues to important roles for these lipids in normal cell growth.

A set of viable E. coli “lipid mutants” (Figure 2) has been constructed in which native lipid composition can be systematically controlled at steady state (Wikström et al., 2004, 2009; Xie et al., 2006; Dowhan and Bogdanov, 2009; Bogdanov et al., 2010b), titrated in a dose-dependent manner (Bogdanov et al., 2008; Bogdanov and Dowhan, 2012; Dowhan, 2013) or varied temporally during the cell cycle (Zhang et al., 2003; Bogdanov et al., 2008, 2010a, b, 2014; Bogdanov and Dowhan, 2012). Lipids foreign to E. coli have been introduced as replacement of native lipids to understand the functional interchangeability and essential structural and charge properties of native lipids (Xia and Dowhan, 1995b; Wikström et al., 2004, 2009; Xie et al., 2006; Bogdanov et al., 2010a, b). Since membrane proteins and lipid environment have co-evolved, roles for the major lipids in membrane protein assembly and function only became evident when lipid composition was varied in vivo. In vitro biochemical characterization of the resulting phenotypes has differentiated direct from indirect effects of lipid-protein interactions and defined roles for lipids in membrane protein structure and function at the molecular level.
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FIGURE 2. Synthesis of foreign lipids in E. coli. The native pathways in E. coli noted in blue are detailed in Figure 1. The enzymes with their respective genes named catalyze the following steps for synthesis of foreign phospholipids in E. coli noted in red: (1) phosphatidylcholine synthase [Legionella pneumophila (Conover et al., 2008; Bogdanov et al., 2010a)]; (2) phosphatidylinositol synthase [Saccharomyces cerevisiae (Xia and Dowhan, 1995b)]; (3) glucosyl diacylglycerol synthase [Acholeplasma laidlawii (Xie et al., 2006)]; (4) diglucosyl diacylglycerol synthase [Acholeplasma laidlawii (Wikström et al., 2009)]; (5) lysyl t-RNA phosphatidylglycerol lysine transferase [Staphylococcus aureus (Oku et al., 2004)]. Figure (modified) and legend reprinted by permission from Elsevier (Dowhan, 2013): Copyright 2013.



Properties of Mutants Lacking PS and PE

Null pssA strains require mmolar levels of a select set of divalent cations and supplementation of minimal media with amino acids to support growth, display a filamentous growth phenotype, and are incompatible with a null clsA gene (DeChavigny et al., 1991). The requirement for a divalent cation and CL maybe related to the physical properties of the lipid bilayer. CL in the presence of a subset of divalent cations and PE are non-bilayer prone lipids due to their small hydrophilic headgroup versus their larger hydrophobic domain. This shape when present within a lipid bilayer causes local discontinuity and disruption, which appears to be universally required in natural bilayers. The minimum required concentration of divalent cations in the growth medium of a pssA null strain mirrors the strength of these ions to induce the non-bilayer phase for CL as follows: Ca2+ > Mg2+ > Sr2+ and Ba2+ is ineffective (DeChavigny et al., 1991; Rietveld et al., 1993, 1994; Killian et al., 1994). The temperature dependent mid-point of the transition from bilayer to non-bilayer phase for phospholipids extracted from wild type E. coli is about 55°C. The mid-point for phospholipids extracted from a pssA null strain grown under optimal concentrations of each of the above ions and suspended in the same concentration of ions is also 55°C. Phospholipids from cells grown in 10 mM Ca2+ have a lower CL content than those grown in 50 mM Mg2+ so when phospholipids extracted from cells grown in Ca2+ are suspended in Mg2+, the mid-point transition is well above 55°C. Conversely, when phospholipids extracted from cells grown in Mg2+ are suspended in Ca2+, the mid-point transition is well below 55°C. The growth dependence on Sr2+ shows a bell-shaped curve with a maximum at 12 mM, which is the same for the extracted phospholipids. The divalent cation requirement is extracellular since cytoplasmic Mg2+ levels are near 100 mM while Ca2+ levels are μM in E. coli. This close correlation between growth requirements and the phase properties of CL and PE strongly suggests a physical rather than chemical property of these lipids. Additionally, high monovalent or trivalent cations do not substitute for the divalent ions. The mechanism by which E. coli adjusts its CL level in apparent response to the divalent metal ion induced physical properties of CL is unknown. The fact that over production of CL by a plasmid borne copy of clsA under a non-native promoter results in cell lysis suggests the presence of some mechanism to regulate the physical properties of the membrane via the level of CL (Hiraoka et al., 1991).

Wild type E. coli do not require amino acids for growth and can utilize lactose as an energy source at μmolar levels. However, pssA null strains require mmolar levels of lactose as an energy source and all the amino acids. These requirements are due to mis-folding, as discussed in more detail later, of secondary transporters, which couple substrate accumulation to the proton electrochemical potential, for probably all amino acids and as well as lactose (DeChavigny et al., 1991; Zhang et al., 2003, 2005; Hariharan et al., 2018; Vitrac et al., 2020). It had been well known that PE is required for reconstitution of energy dependent uphill transport of substrate by the secondary transporter lactose permease (LacY) in proteoliposomes (Newman and Wilson, 1980; Newman et al., 1981). Cells lacking PE still transport lactose by energy independent downhill facilitated transport but cannot accumulate lactose against a concentration gradient due to a loss of coupling of transport to the proton electrochemical gradient, which is unaffected in pssA null strains (Bogdanov and Dowhan, 1995). Therefore, pssA null strains require higher levels of lactose in the growth medium to support growth. Similarly, in pssA null strains secondary amino acid transporters become facilitated transporters, which allows equilibration of endogenously synthetized amino acids with the growth medium thus reducing internal levels below that required to maintain growth. Primary transporters that utilize direct phosphorylation of substrates to achieve accumulation of substrate appear to be less affected in pssA null strains.

Filamentous growth is common among many mutations in membrane related processes. Null pssA mutants organize early cell division proteins at the FtsZ ring within multiple genomes but appear to have lost synchrony between cell growth and a late stage of cell division prior to constriction (Mileykovskaya et al., 1998). It is interesting that PE movement is required from the inner to the outer leaflet of the plasma membrane at the septum of yeast (Iwamoto et al., 2004) and somatic cells (Emoto and Umeda, 2000) prior to cell division followed by movement back to the inner leaflet during cell division. This suggests a universal requirement for PE in cell division.



PE Acts as a Lipochaperone in a Late Stage of Membrane Protein Folding

Assisting late stage folding of proteins has been restricted to protein chaperones. However, the misfolding of proteins in E. coli lacking PE demonstrated that lipids also act as chaperones (Bogdanov et al., 1996, 1999; Bogdanov and Dowhan, 1998, 1999). LacY from wild type cells maintains sufficient conformational memory even after SDS PAGE, which completely delipidates LacY, to be recognized by monoclonal antibody (mAb) 4B1; the 4B1 epitope lies within extramembrane domain (EMD) P7 of LacY (Figure 3) (Sun et al., 1996). However, LacY from PE-lacking cells is not recognized by mAb4B1 but is still recognized by mAb4B11, which recognizes native and denatured LacY; the 4B11 epitope is comprised of EMDs C8 and C10 of LacY (Sun et al., 1997). However, renaturation of LacY from pssA null cells after SDS PAGE in the presence of PE re-established recognition by mAb4B1. This was accomplished using the Eastern–Western technique where proteins separated by SDS PAGE are blotted onto a solid support layered with a test phospholipid. As SDS is electrophoresed away in the presence of PE, renaturation occurs as evidenced by recognition by mAb4B1. PE containing at least one saturated fatty acid (the predominant species in E. coli) but not PS restored recognition by mAb4B1; this is consistent with lack of uphill transport of lactose at the restrictive temperature in a psd2 temperature sensitive mutant (Hawrot and Kennedy, 1978), which accumulates PS in the place of PE. Later it was found that PC containing at least one saturated fatty acid and neutral glycolipids (Figure 2) restored wild type conformation and function to LacY (Vitrac et al., 2013b). The earlier in vitro report that PC did not support uphill transport function of LacY reconstituted into proteoliposomes was due to the use of PC species containing only unsaturated fatty acids. Expression of PC (Bogdanov et al., 2010a) or neutral glycolipids (Xie et al., 2006; Vitrac et al., 2013b) in E. coli in the absence of PE or reconstitution in vitro in these lipids supports full function of LacY. Further demonstration of the involvement of PE in a late stage folding event was confirmed by restoration of mAb4B1 recognition of LacY initially assembled in PE-lacking E. coli membrane vesicles following in vitro synthesis of PE in these vesicles (Bogdanov and Dowhan, 1998). Therefore, PE fulfills the requirement of a lipochaperone by being required for proper protein folding during a late stage of protein maturation and no longer required once the protein is properly folded. PE is recognized as a lipochaperone supporting the function of several membrane associated processes in somatic cells (Patel and Witt, 2017).
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FIGURE 3. Topological organization of LacY as a function of membrane lipid composition. TMDs (Roman numerals) and EMDs (Arabic numerals) are sequentially numbered from the N-terminus to C-terminus with EMDs exposed to the periplasm (P) or cytoplasm (C) as in wild type cells. Net charge of EMDs is shown. Topology of LacY is shown after initial assembly in PE-containing cells (+PE) or after initial assembly in PE-lacking cells (–PE). The interconversion of topological conformers and the ratio of native to inverted conformer are reversible in both directions depending on the dynamic level of PE in membranes. Figure was modified and legend reprinted by permission from Springer Nature (Dowhan et al., 2017): Copyright 2017.




Charge Balance Rule for Membrane Protein Assembly

What is the molecular basis for LacY mis-folding in cells lacking PE? Prior to determination of the atomic structure of LacY (Abramson et al., 2003; Kumar et al., 2018), the substituted cysteine accessibility method to determine TMD orientation (SCAMTM) (Bogdanov, 2017) was used to establish a low-resolution structure of LacY that revealed the number and orientation of transmembrane domains (TMDs) and EMDs (Kaback et al., 2001) as shown in Figure 3. In this method the exposure of single cysteine residues in an otherwise cysteine-less protein to a membrane impermeable sulfhydryl reagent is used to map EMDs on the outside of cell membranes, isolated membrane vesicles and proteoliposomes or facing the lumen after membrane disruption. In PE-lacking cells (Bogdanov et al., 2002) the N-terminal six TMD-helical bundle is inverted with respect to the plane of the membrane bilayer and the C-terminal five TMD- helical bundle (Figure 3). In addition, TMD VII, which is of low hydrophobicity due to two Asp residues, is exposed to the periplasm. Disruption of LacY structure in the vicinity of EMD P7 and retention of structure in EMDs C8 and C10 is consistent with the mAb studies. The ratio of topological conformers (Dowhan et al., 2019), which is fully reversible in vivo (Bogdanov and Dowhan, 2012; Bogdanov et al., 2008) and in vitro (Vitrac et al., 2013a, 2015) is dependent on PE levels at the time of initial membrane assembly and is proportional post-assembly to changes in PE levels. There is no rapid interconversion of conformers at a fixed PE level but rather a change in PE level post-assembly drives interconversion. Inversion in the absence of PE is prevented by position-independent increases in the positive charge of EMDs C1–C6 or increasing the hydrophobicity of low hydrophobic TMD VII (necessary hinge point between the C- and N-helical bundles). The hydrophobic block can be reversed by increasing the negative charge of EMDs C1–C6. Inversion is induced in the presence of PE by increasing the negative charge of EMDs C1-C6. Phosphorylation of EMD C6 induces inversion, which is reversed by dephosphorylation (Vitrac et al., 2017, 2019). This was the first evidence that phosphorylation of a membrane protein can change its topological organization and possibly its function post-assembly. TMD flipping in proteoliposomes occurs on a time scale of seconds without the aid of any other cellular component and is rapid enough to be physiologically significant (Vitrac et al., 2013a, 2017). Since changes in topology only require a change in membrane lipid composition or a change in the net charge of an EMD, such interconversions can occur in any cellular membrane throughout nature without requiring any additional cellular components.

The vast majority of polytopic membrane proteins insert into membranes according to Positive Inside Rule with net positively charged EMDs facing the cytoplasm (von Heijne, 1986, 1989, 1992; Nilsson and von Heijne, 1990). However, the Positive Inside Rule cannot explain (Bogdanov et al., 2018; Dowhan et al., 2019): (1) cytoplasmic orientation of 20% of EMDs that are net negative or neutral; (2) post-assembly dynamic changes in membrane protein topological organization; (3) co-existence of membrane proteins with dual or multiple topologies; (4) why basic amino acids generally dominant as cytoplasmic retention signals over acidic amino acids as membrane translocation signals; (5) why increasing the membrane content of anionic phospholipids does not favor cytoplasmic retention of positively charged EMDs but rather increases the membrane translocation potential of EMDs containing acidic residues.

The Charge Balance Rule (Dowhan et al., 2019) as an extension of the Positive Inside Rule was formulated to address the above shortcomings and the influence of membrane lipid composition on the dynamic topological orientation of membrane proteins (Bogdanov et al., 2018; Dowhan et al., 2019). The charge density of the membrane surface and the charge character of EMDs act in concert to determine TMD orientation at the time of initial membrane protein assembly and dynamically after initial assembly. Net zero charged PE and PC and uncharged cholesterol and glycolipids (Wikström et al., 2004, 2009; Xie et al., 2006; Vitrac et al., 2013a; Bogdanov et al., 2014), which dilute the high negative charge of anionic PG and CL, appear to dampen the translocation potential of negative residues in favor of the cytoplasmic retention potential of positive residues. Since the ratio of properly oriented to inverted LacY is dependent on the ratio of PE to PG plus CL, topological heterogeneity can arise simply through perturbations of the lipid-sensitive kinetic and thermodynamic equilibria resulting in either complete interconversion or a mixture of topological conformers.

The studies originated in E. coli strains lacking PE demonstrated that membrane protein-folding and dynamic post-assembly rearrangements are thermodynamically driven processes dependent on inherent lipid-protein interactions that may not require other cellular factors. These results provide a thermodynamic basis for how changes in lipid composition and post-translational modifications of proteins can change the ratio of topologically distinct populations of native and non-native conformers or explain the existence of proteins with dual or multiple topologies (Dowhan et al., 2019). Therefore, membrane protein structural organization is not static but potentially highly dynamic after initial assembly.

Several other secondary transporters also undergo topological inversions in the absence of PE or show local structural changes that affect their function (Zhang et al., 2003, 2005; Hariharan et al., 2018; Vitrac et al., 2011, 2020). Others using different approaches, have reported similar effects of lipid environment and EMD charge on MP structural organization (Bowie, 2006, 2013; Hickey and Buhr, 2011; Tunuguntla et al., 2013; McIlwain et al., 2015).

If membrane lipid composition changes have such a dramatic effect on membrane protein organization, why are PE lacking strains still viable? Thus far the changes in structure of secondary transporters do not completely inactivate the transporters but render them as facilitated rather than active transporters. The same maybe true of other proteins whose function is compromised but not completely lacking. Replacing PE with PC or other net neutral lipids does not suppress the filamentous growth phenotype or divalent metal requirement of PE-lacking strains so there are addition functions requiring specifically PE (Bogdanov et al., 2010a). PE-lacking cells fail to induce formation of pili (Shi et al., 1993), show upregulation of the Cpx stress response system and display an increase in the outer membrane protease DegP (Mileykovskaya and Dowhan, 1997). These additional phenotypes have not been extensively investigated to determine their molecular basis.



The Requirement for Anionic Phospholipids

Strains lacking PG and CL or CL, although viable when coupled with suppressor mutations, display several phenotypes supporting a role for wild type levels of these lipids. Phospholipids are not evenly distributed within the inner membrane of E. coli. Using the fluorescent dye 10-N-nonyl acridine orange (NAO), anionic lipid domains were first visualized at the cell poles and potential division sites of wild type and pssA null mutants (Mileykovskaya and Dowhan, 2000). The former domain is derived from the latter domain after cell division. NAO displays strong green fluorescence when bound to anionic lipids such as PG, PA, and CL but also shows red fluorescence when bound only to CL. The above domains show both red and green fluorescence indicating the domains are enriched in CL and possibly PG. This appears to be the case since clsA null strains treated with NAO during exponential growth only show green-fluorescent domains. In addition, PG and CL content increases with increasing osmolarity and in stationary phase (Romantsov et al., 2007), which is probably related to induction of clsB or clsC. In a clsA null strain red fluorescence was observed after reaching stationary phase in high osmolarity medium (Romantsov et al., 2007) but not during exponential growth. E. coli appears to have a mechanism for enriching the poles and the septum with anionic lipids. Minicells, which are derived from the cell poles, isolated from a pgsA null strain (thus lacking PG and CL), are enriched in PA and the minor anionic lipid N-acyl-PE (Mileykovskaya et al., 2009).

What role do these anionic lipids play in cell function and is there a preference for CL? Several proteins localize to the cell poles, the septal region or interact globally with the membrane surface via interaction with anionic lipids (Matsumoto et al., 2006). ProP is an osmosensory transporter whose level increases with medium osmolarity to adjust cellular levels of solutes in response to osmotic stress. ProP co-localizes with NAO fluorescence at the cell poles (Romantsov et al., 2007, 2008). This localization is considerably reduced in a clsA null strain and appears to be sensitive to the level of total cell CL, which also increases with medium osmolarity, independent of the level of ProP. Additionally, clsA null strains are sensitive to growth in high osmolarity medium. The mechanosensitive channel MscS also localizes to the cell poles in a CL-dependent manner while LacY and several mechano- and osmosensitive cell components localize to the poles in a mostly CL-independent manner (Romantsov et al., 2010). Further studies are required in a pgsA null strain to determine if any of the CL-independent proteins localize to the poles via anionic lipids.

The MinCDE system is required for localization of the FtsZ ring at the cell center onto which the remaining cell division proteins organize (Margolin, 2001). In the absence of the Min system the FtsZ ring localizes with the cell center and poles resulting in the budding of mini-cells from the poles. Binding of ATP to the peripheral membrane protein MinD exposes an amphitropic helix with one face being positively charged and the opposite face being hydrophobic (Zhou and Lutkenhaus, 2003). This helix partially inserts into acidic membrane domains at the cell poles. MinE binding to MinD induces ATPase activity of the latter with release of MinD from the membrane. MinC also binds to MinD and is an inhibitor of FtsZ association with the membrane. The result is that MinCD oscillate from pole to pole with significant dwell time at the poles, which restricts FtsZ localization to the cell center. In PE-lacking cells containing only anionic lipids, MinD localizes with increased dwell time to NAO fluorescent domains randomly distributed over the filamentous cell rather than at the poles (Mileykovskaya et al., 1998; Mileykovskaya and Dowhan, 2000). The preference for anionic lipids over zwitterionic PE or PC was verified in binding of Min-ATP to zwitterionic liposomes with and without PG or CL (Mileykovskaya et al., 2003). Although increased anionic lipid content in the absence of PE disrupts oscillation of MinD between anionic lipid domains (Mileykovskaya et al., 1998), complete lack of PG and CL has little effect on this oscillation presumably due to increased levels of PA and NAPE, which localize to the poles (Mileykovskaya et al., 2009).

The peripheral membrane protein DnaA is required for initiation of DNA replication at the oriC locus of E. coli. The protein is active in the ATP-bound form but after initiation of replication it is converted to the inactive ADP bound form, which does not localize to oriC. It was initially determined in vitro that anionic phospholipids induced release of ADP and facilitated ATP binding and activation of DnaA (Sekimizu and Kornberg, 1988; Crooke et al., 1992). Downregulation of expression of pgsA using a lacOP inducible promoter reduces both PG and CL levels by about 75%. Evidence for an in vivo anionic lipid requirement for DnaA initiation of DNA replication is supported by suppression of the lack of growth on agar plates of the lacOP-pgsA strain in the absence of inducer by a rnhA1 null mutation (Xia and Dowhan, 1995a). This mutation allows DnaA-independent initiation of DNA replication at the alternative oriK site (Kogoma and von Meyenburg, 1983).

Phosphatidylglycerol can provide a conformational constraint for the conjugative E. coli F pilus, which is assembled from protein-phospholipid units, in which TraA pilin subunits interact with five PG’s based on cryo-electron microscopic reconstructions at 3.6–5.0 Å resolution (Costa et al., 2016). Stoichiometrically arranged PG molecules line the pilus lumen with their solvent exposed head groups directed to the interior of the pilus and the acyl chains entirely buried between subunits. PG molecules could facilitate pilus dynamics and lubricate re-insertion of pilus subunits within the inner membrane during pilus retraction/depolymerization. Alternatively, PG could lubricate naked electronegative ssDNA transport and provide directionality by maintaining appropriate electrostatics of the pilus interior. A viable pgsA null mutant should be used to test this hypothesis further to see whether without PG the overwhelmingly positive inside of the pilus is still able to translocate negatively charged ssDNA substrate.

Efficient insertion of proteins into the membrane and export of proteins from the cytoplasm also requires anionic phospholipids. The translocation of secreted proteins across the inner membrane of E. coli is significantly compromised when PG and CL levels are reduced using a promoter regulated pgsA strain (de Vrije et al., 1988; Kusters et al., 1991). This observation coincides with the in vitro data demonstrating that SecA ATPase activity, required for protein translocation, is stimulated by anionic phospholipids (Lill et al., 1990). Recent evidence implicates CL more specifically as a requirement for efficient membrane translocation of periplasmic proteins and membrane insertion of integral membrane proteins (Ryabichko et al., 2020). Both processes were severely compromised in a clsABC null strain. The dimeric SecYEG complex and association of SecA with the complex are required for efficient function in both processes. In the clsABC null strain SecYEG was mostly monomeric with minimal associated SecA supporting a more specific requirement for CL over PG.

Other anionic phospholipids appear to partially replace CL resulting in normal cell growth under optimal conditions. However, lack of CL under stressed conditions should be further investigated since CL-lacking strains display several phenotypes that might compromise growth under less optimal conditions, as summarized below (Rowlett et al., 2017). Cls expression and CL biosynthesis are highly regulated and modulated during abiotic stress in both Gram-positive and Gram-negative microorganisms (Luevano-Martinez and Kowaltowski, 2015), which respond to many abiotic stressors by increasing the proportion of CL. Expression of clsA is increased several-fold (Heber and Tropp, 1991) and the amount of CL increases as PE decreases irrespective to how osmotic stress is imposed (Tsatskis et al., 2005). Stepwise increase in CL content of the bacterial membrane due to growth in media of increasing osmolarity results in conformational changes of ProP, which transports the osmoprotectants proline and glycine betaine (Tsatskis et al., 2005). Due to its unique conformational properties, CL could be considered a stress responsive molecule required to adjust physical properties of bacterial membrane (Luevano-Martinez and Kowaltowski, 2015).



Comparing PE-Lacking and CL-Lacking Cells

As already noted above, lack of PE or CL is not lethal under specific growth conditions, but the cells are not normal. In fact, a systematic scanning of cell morphology and cell function revealed multiple deficiencies in these mutants (Rowlett et al., 2017). Elimination of either lipid results in alteration in cell morphology and structural organization of the cell envelope, the ability to form biofilms, the tolerance to environmental stress, and reduced cellular robustness. CL-lacking cell growth characteristics were largely the same as wild type cells. However, cell viability was compromised in stationary phase, which may be related to the requirement for increased CL levels in stationary phase. Transfer of cells to defined minimal medium resulted a long lag in initiation of growth for PE-lacking cells and a significant increase in the doubling time for CL-lacking strains. For both mutants irrespective of growth medium, cell length heterogeneity was greater than for wild type cells. Envelope ultrastructure was disrupted in both mutants but greater for the PE-lacking cells. The periplasmic width was greatly increased, and considerable amounts of electron dense material accumulated in PE-lacking cells. In both mutants there was considerable extracellular material indicative of cell lysis or loss of envelope material. CL-lacking cells displayed twisted and spiral cell envelope structures in minimal medium. The outer membrane of PE-lacking cells is leaky to periplasmic macromolecules as evidenced by extracellular periplasmic RNAse (Wikström et al., 2004). This may be due to the lack of PE as the major lipid of the inner leaflet of the outer membrane, the lack of decoration of LPS by ethanolamine-P derived from PE (Schnaitman and Klena, 1993; Kanipes et al., 2001), or the significant shortening of the O-antigen repeats of the outer leaflet LPS (Rowlett et al., 2017). On the other hand, CL-lacking cells have an extended O-antigen repeat. Surface adhesion and biofilm formation was also adversely affected in cells lacking PE or CL. Tolerance to both osmotic and oxidative stress was also significantly reduced as PE levels were reduced in a dose dependent manner. Lack of CL also reduced tolerance to osmotic stress but increased tolerance to oxidative stress. The above results clearly demonstrate that large adverse changes occur in cell structure and physiology when the evolutionary determined optimal membrane lipid composition is perturbed.



REGULATION OF PHOSPHOLIPID COMPOSITION

E. coli membrane phospholipid composition and content remain within a narrow range under a broad range of growth conditions (Dowhan, 1997b). Small variation in phospholipid composition occurs with growth conditions and between strains, but composition remains at 70–80% zwitterionic PE and 20–30% anionic PG, CL, and phospholipid precursors. Except for the reversible formation of CL from PG by Cls’s, all steps in the pathway are irreversible under physiological conditions. PG ranges from 20–25% and CL 5–10% with this variability due to increased conversion of PG to CL as cell growth slows, media osmolarity increases or cells approach stationary phase.

How the ratio of zwitterionic to anionic phospholipid is regulated is still not well understood, although it must occur at the branchpoint in the biosynthetic pathway following the formation of CDP-DAG. A conditionally lethal cdsA mutant accumulates PA mostly at the expense of PG and CL rather than PE suggesting that affinity for CDP-DAG may be higher for the PssA than for PgsA (Ganong and Raetz, 1982). Massive 150-fold overproduction of PssA (Ohta et al., 1981a) resulted in no change in the above ratio of PE to PG plus CL while a 40-fold overproduction of PgpA (Ohta et al., 1981b) resulted in a change in the PE to anionic lipid ratio from 75/25 to 65/35 but nowhere in proportion to enzyme overproduction. A possible reason for lack of a response to overproduction of PssA lies in the peripheral membrane association of the enzyme and its membrane association dependent on binding to its lipid substrate CDP-DAG or anionic lipids (Carman and Dowhan, 1979; Louie and Dowhan, 1980). CDP-DAG remains constant and at barely detectible levels while an increase in the anionic lipid would increase PssA membrane association resulting in normalizing the ration of PE to PG plus CL. The overall control mechanism is supported by replacement of the E. coli PssA with the integral membrane enzyme from B. subtilis. In this case the level of PE increased with increasing amounts of the latter enzyme (Matsumoto, 1997).

Successful expression and function of the Kennedy Pathway enzymes from E. coli inside of large unilamellar lipid vesicles (Blanken et al., 2020) composed of controlled ratios of PG to PE largely supports regulation of PssA activity by PG content. PE synthesis was dependent on the PG content of the liposomes independent of the level of expression of the PG-synthesizing branch. This result indicates that the regulatory mechanism is not solely dependent on competition between the two branches of the pathway for CDP-DAG but relies on the association of PssA with anionic lipids as predicted from the earlier reconstitution experiments (Louie and Dowhan, 1980; Louie et al., 1986).

PlsB initiates phospholipid synthesis utilizing G3P as a substrate. PlsB activity is coordinated with other macromolecular synthesis via guanosine pentaphosphate (ppGpp), and the plsB gene is induced by the σE stress response regulator (Wahl et al., 2011; Yao and Rock, 2013). Thus, PlsB levels respond to coordinate down regulation of macromolecular synthesis under nutrient limiting conditions via ppGpp inhibition, and the enzyme level is increased in response to increases in envelope stress. Since PlsB produces a new PA while DgkA salvages PA using existing pools of DAG, these enzymes would be expected to be regulated in a reciprocal manner by σE and ppGpp, which in fact is the case (Wahl et al., 2011). PlsB activity is promoted by PG implying that PG is involved in a positive feedback loop that produces PA and thus all membrane lipids (Ishinaga et al., 1976; Scheideler and Bell, 1989).

The high Km PlsB mutant is dependent on glycerol for growth and phospholipid synthesis (McIntyre et al., 1977). Removal of glycerol from the medium results in immediate cessation in phospholipid synthesis and cell growth. However, membrane protein synthesis continues until the ratio of membrane protein to phospholipid increases about twofold. Re-supply of glycerol initiates new phospholipid synthesis immediately but membrane protein synthesis and cell growth lag until the membrane protein to phospholipid ratio returns to normal levels. Therefore, the cell senses and regulates this ratio maintaining membrane capacity for protein well below the maximum.

Overproduction of PlsB results in filamentation and massive accumulation of intracellular tubular membrane structures (Wilkison et al., 1986). The isolated structures were highly enriched in PlsB, contained an increased protein to lipid ratio compared to the cell membrane and a wild type phospholipid composition. Similar results have been observed with overproduction of other membrane proteins except that in many cases CL levels were also elevated (Arechaga, 2013; Jamin et al., 2018). Depletion of CL in a clsABC triple null mutant disrupts formation of these intracytoplasmic membranes in a strain overproducing F-ATPase subunit b (Carranza et al., 2017). This result implies a physical requirement supplied by CL in forming these intracellular structures. However, clear understanding at the molecular level of how cells coordinate phospholipid synthesis, membrane protein levels and cell growth are not well understood.



MEMBRANE PHOSPHOLIPID ASYMMETRY

Most if not all biological membranes display an asymmetric distribution of lipid species on each side of the bilayer (Marquardt et al., 2015). Such asymmetry in biological membranes is entropically disfavored and expected to be in a non-equilibrium thermodynamic state. This non-equilibrium situation appears to be maintained by membrane proteins known as phospholipid translocators (flippases and floppases), which use ATP to mediate the net transfer of specific phospholipids from one leaflet of a membrane to the other. Scramblases equilibrate lipids in both directions across the membrane and can abolish lipid asymmetry. Several candidate flippases have been identified in eukaryotes that catalyze translocation of different classes of lipids (Pomorski and Menon, 2006; Sharom, 2011; Lopez-Marques et al., 2014).

MsbA is the only bacterial phospholipid flippase identified in E. coli. Conditionally lethal msbA mutants accumulate phospholipids and LPS in the cytoplasmic leaflet of the inner membrane upon a shift to non-permissive conditions (Doerrler et al., 2004). Unfortunately, MsbA has never been demonstrated to promote translocation of phospholipids in vitro. Thus, either MsbA alone is necessary but not sufficient for distribution of phospholipids among lipid monolayers in vitro or unknown accessory proteins are required for MsbA to perform efficient phospholipid translocation. It is also possible that MsbA is involved only in LPS lipid A transport but not responsible for phospholipid distribution within the cell envelope.

Eukaryotic cell plasma membrane lipid asymmetry is well established, and loss of asymmetry is associated with an array of cellular malfunctions (Doktorova et al., 2020). However, the importance of lipid asymmetry is not fully understood especially in bacteria. In Gram-positive Bacillus megaterium 68% of the PE resides in the cytoplasmic leaflet of the single cell membrane (Rothman and Kennedy, 1977a). The outer membrane lipid bilayer of E. coli is asymmetric with LPS exclusively in the outer leaflet and primarily PE in the inner leaflet (Ganong et al., 1980). Determination of the transbilayer lipid distribution of the inner membrane of Gram-negative bacteria has been complicated by contamination with the outer membrane enrichment in PE.

Recent isolation of uniformly oriented inside-out inner membrane vesicles of E. coli and Yersinia pseudotuberculosis essentially free of outer membrane made possible the determination of the distribution of PE within the inner membrane lipid bilayer of these bacteria (Bogdanov et al., 2020). Inside-out inner membrane vesicles were treated sequentially with a membrane impermeable primary amine probe followed by a membrane permeable amine probe. The probes had different chromogenic properties so that after solvent extraction of the vesicle lipid derivatives, spectral determination was used to determine the amounts of periplasmic and cytoplasmic leaflet PE. The cytoplasmic/periplasmic leaflet distribution of PE in these two Gram-negative bacteria is 75/25 using 3 independent methods of determination (Bogdanov et al., 2020). Although E. coli PE is about 75% of total phospholipid, the outer membrane periplasmic leaflet is about 90% PE (Ganong et al., 1980). Thus, the inner membrane bilayer phospholipid is about 65% PE (Ganong et al., 1980; Bogdanov et al., 2020). The remaining phospholipids are anionic PG, CL, and phospholipid precursors. Currently the transmembrane distribution of the individual anionic phospholipids is not known. Using these numbers, the periplasmic leaflet of the inner membrane is composed of a near equal amount of zwitterionic and anionic phospholipid and the cytoplasmic leaflet contains a 75/25 enrichment of PE over anionic phospholipids.

Although the inner membrane bilayer distribution of PE is similar to that reported for B. megaterium (Rothman and Kennedy, 1977a), there is a major difference in the appearance of newly synthesized PE between these organisms. In B. megaterium, which contains a single lipid bilayer, newly synthesized PE appears in the cytoplasmic leaflet followed by distribution to the outer leaflet (Rothman and Kennedy, 1977b). In E. coli both newly synthesized PE and its precursor PS (traced in a psd2 temperature sensitive mutant) first appear in the periplasmic leaflet followed by distribution to the cytoplasmic leaflet (Langley et al., 1982; Bogdanov et al., 2020). This is quite surprising in that PssA is a peripheral membrane protein that associates with the cytoplasmic surface of the inner membrane (Louie and Dowhan, 1980; Louie et al., 1986). Interestingly, PS synthesis initiated on the luminal leaflet of large unilamellar lipid vesicles is also immediately translocated to the outer leaflet, where it is detected by a bulky PS-specific fluorescent reporter probe (Blanken et al., 2020). Since PE is required in both the outer and inner membrane, initial appear in the periplasmic leaflet of the inner membrane may allow efficient distribution to both membranes. Upon induction of PE synthesis in a PE-lacking strain of E. coli, PE also initially appears in the periplasmic leaflet of the inner membrane (Bogdanov et al., 2020). As the PE content increases from 0 to 75%, the distribution between the inner membrane leaflets approaches wild type levels. Inducement of filamentation of wild type E. coli also reverses the distribution of PE to favor the periplasmic leaflet at steady state.

How PE distributes dynamically as its level is increased through regulated synthesis of PE in cells initially lacking PE coupled with mutants in CL synthesis was used to determine how PE and CL affect lipid order in the bilayer. Using fluorescent sensors of lipid order, it was determined that the increase in packing order driven by PE is countered by the increase in disorder driven by CL (Bogdanov et al., 2020). This in vivo affect mimics the results of studies done in artificial membranes free of proteins. The driving force for inner membrane lipid asymmetry can arise from the packing requirements imposed upon the system by the opposing forces of two negatively curved phospholipids in both leaflets. Therefore, percentage and localization of PE and CL appears to be adjusted to satisfy lipid packing requirements in order to maintain a stable bilayer and proper membrane morphology.

Clearly phospholipids are in constant flux within the inner membrane and between the outer and inner membranes (Langley et al., 1982; Bogdanov et al., 2020) in Gram-negative bacteria. This flux may be necessary to maintain entropically disfavored asymmetric transmembrane arrangement of lipids in both membranes by continuous retrograde transport of phospholipids from the outer to the inner membrane (Malinverni and Silhavy, 2009; Powers and Trent, 2018) and anterograde trafficking back to outer membrane (Hughes et al., 2019; Grimm et al., 2020). Membrane growth and continuous emergence of lipids in the periplasmic leaflet of the inner membrane for translocation to the outer membrane requires a constant supply of phospholipids in the cytosolic leaflet. Thus, asymmetry within the inner membrane may be regulated metabolically driven by insertion of PE in the periplasmic leaflet of the inner membrane followed by a balance between transfer to the outer membrane and the cytoplasmic leaflet of the inner membrane, which would relieve the lateral pressure within the periplasmic monolayer (Bogdanov et al., 2020). The shape difference between rod-shaped and filamentous cells may perturb the normal rates of distribution of PE within the cell envelope suggesting that PE distribution may facilitate or result from changes in bacterial shape. Indeed, the gradual changes in distribution of PE/CL amounts between the inner membrane leaflets during de novo PE biosynthesis in E. coli cells initially lacking PE coincides with progressive reduction of cell size as PE is progressively accumulated and CL is removed from the cytoplasmic leaflet of the inner membrane (Bogdanov et al., 2020). See Figure 4 for Kennedy associates who attended his 90th birthday celebration.
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FIGURE 4. The Kennedy “Clan” on the occasion of his 90th birthday. Eugene Kennedy (1919–2011) is 3rd from the left in the front row. The gathering was in October 2009 at Harvard Medical School. Pictured are former graduate students, postdoctoral fellows and scientific associates of Eugene Kennedy. Figure and legend reprinted by permission from Elsevier (Dowhan, 2013): Copyright 2013.




SUMMARY AND PERSPECTIVES

Prior to laying the foundation for bacterial phospholipid metabolism and enzymology in the 1960’s and 1970’s, Eugene Kennedy did the same for the somatic cell phospholipid field (Dowhan, 2013). Dennis Vance, Jean Vance, Claudia Kent, and Suzanne Jackowski extended Kennedy’s work in somatic cells by detailing the genetics and enzymology. Susan Henry and George Carman defined the genetics and biochemistry of phospholipid metabolism in S. cerevisiae. There were other major contributors to the microbial phospholipid field. Roy Vagelos, John Cronan, Robert Bell, and Charles Rock defined microbial fatty acid synthesis and the synthesis of PA. The Dutch group initially formed by Laurens van Deenen made major contributions to lipid enzymology and metabolism. Japanese laboratories of Isao Shibuya, Kouji Matsumoto, and Akinori Ohta not only contributed to the E. coli phospholipid field but extended studies to Gram-positive bacteria. Many of Kennedy’s trainees from the late 1960’s to 1970’s went on to make seminal contributions in areas related to cell membranes and lipids as have many of their trainees: Chris Raetz in phospholipid genetics and Lipid A studies in Gram-negative bacteria; William Wickner in membrane protein assembly; Edward Dennis in phospholipases and lipid second messengers; Carlos Hirschberg in mammalian nucleotide sugar transporters; Dennis Voelker in S. cerevisiae and lung phospholipid metabolism; and Nobel Laureate James Rothman in intracellular trafficking of secreted proteins.

There is still much to understand and study. Methods for determining anionic lipid bilayer asymmetry are required in order to develop a full picture of the importance of this asymmetry in microbial physiology. How is bilayer lipid asymmetry generated and controlled? What processes are responsible for transmembrane and intramembrane movement of phospholipids in Gram-negative bacteria? How is phospholipid synthesis and composition regulated and coordinated with other macromolecular synthesis? Thus, identification of the mechanism (flippase-free or flippase-guided) controlling the asymmetric distribution of lipids within the cell envelop of Gram-negative bacterial should be a high priority goal.

Given the defects in mutants lacking the major phospholipid classes, metabolic reactions with mechanisms unique to bacteria need to be exploited as antimicrobial targets. In particular PssA and ClsA fall into this category. Clearly, lipid and lipid enzyme inspired therapeutics and chemical targeting of the bacterial lipid synthesis is in its infancy, and it remains to be seen whether the significant challenges in protein biochemistry and drug design can be overcome to target essential lipid enzymes. Such studies will be aided by high resolution structural studies of phospholipid biosynthetic enzymes. Significant effort should be made to identify potential contribution of genes that are not exclusively engaged in antibiotic resistance but are involved in regulation of cell envelope synthesis, morphology and remodeling.

Many phenotypes have been observed for the current set of null mutants that need more detailed studies to expand the understanding of the role of membrane lipids in specific cell functions. Information on the biosynthesis of phospholipids in bacteria has been derived from a relatively small set of easily culturable bacteria. Studies in many pathological microorganisms are complicated due to defining appropriate growth conditions. Very few studies of bacterial phospholipid metabolism and function have been carried out under anaerobic conditions, which may more closely mimic conditions for both symbiotic and pathological presence of bacteria in mammalian systems. Given the complexity and challenges of defining functions of lipids in multi-organelle somatic cells, clues from bacterial studies will provide valuable information on the role of lipids in all cell types.
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Bacteria adapt to versatile environments by modulating gene expression through a set of stress response regulators, alternative Sigma factors, or two-component systems. Among the central processes that must be finely tuned is membrane homeostasis, including synthesis of phospholipids (PL). However, few genetic regulations of this process have been reported. We have previously shown that the gene coding the first step of PL synthesis is regulated by σE and ppGpp, and that the BasRS (PmrAB) two component system controls the expression of the DgkA PL recycling enzyme. The gene coding for phosphatidylserine decarboxylase, the last step in phosphatidylethanolamine synthesis is another gene in the PL synthesis pathway susceptible of stress response regulation. Indeed, psd appears in transcriptome studies of the σE envelope stress Sigma factor and of the CpxAR two component system. Interestingly, this gene is presumably in operon with mscM coding for a miniconductance mechanosensitive channel. In this study, we dissected the promoter region of the psd-mscM operon and studied its regulation by σE and CpxR. By artificial activation of σE and CpxRA stress response pathways, using GFP transcriptional fusion and western-blot analysis of Psd and MscM enzyme production, we showed that the operon is under the control of two distinct promoters. One is activated by σE, the second is activated by CpxRA and also responsible for basal expression of the operon. The fact that the phosphatidylethanolamine synthesis pathway is controlled by envelope stress responses at both its first and last steps might be important for adaptation of the membrane to envelope perturbations.

Keywords: psd, mscM, SigmaE, CpxRA, envelope stress response, E. coli, phospholipid synthesis


INTRODUCTION

Phospholipids (PL) are major structural and functional components of biomembranes and play a dynamic role in many regulatory processes. The biochemistry of the PL biosynthesis pathway is well described in bacteria (Parsons and Rock, 2013). It begins by two successive acylations of the positions 1 and 2 of a glycerol 3-phosphate backbone to give phosphatidic acid. Then, the third position of the future polar head group is activated with a CDP nucleotide. Finally, two separate pathways give rise in Escherichia coli to the zwitterionic phosphatidylethanolamine (PE), or to the anionic phospholipids phosphatidylglycerol (PG), and cardiolipin (CL). Bacterial species display specific membrane compositions, and the less frequent phosphatidylcholine, phosphatidylinositol, and a variety of other membrane lipids can be found in addition to the common PE, PG, and CL lipids (Sohlenkamp and Geiger, 2016).

Though the composition of the membrane is highly stable in E. coli, it can adapt to the growth conditions, through modification of fatty acid chains, but also of the ratio of the different lipids (Sohlenkamp and Geiger, 2016). For example, the proportion of unsaturated fatty acids varies with temperature to modify the fluidity of the membrane. Another example of adaptation is the increase of CL following increase of osmotic pressure. Also, in stationary phase, there is a relative increase in anionic phospholipids, together with the replacement of fatty acid unsaturations by cyclopropane groups. This conversion is performed by the Cfa enzyme, whose expression is activated by σS alternative Sigma factor (Wang and Cronan, 1994; Eichel et al., 1999). In addition, global transcriptome studies had suggested that expression of PL synthesis genes might be globally affected during the stringent response (Durfee et al., 2008), and that specific genes of PL synthesis might be regulated by envelope stress responses (De Wulf et al., 2002; Rhodius et al., 2006).

In bacteria, several regulating pathways are present to monitor and respond to envelope perturbations. In E. coli, the alternative Sigma factor σE responds to the accumulation of unfolded outer membrane proteins or altered forms of LPS in the periplasm through a proteolytic signaling cascade (Mitchell and Silhavy, 2019). In addition, two-component systems such as CpxRA, RcsBA, or BaeRS respond to various envelope perturbations such as defects in protein secretion, alterations in LPS or peptidoglycan, or exposure to toxic compounds, by a phosphorylation signaling cascade that ends up in the activation of a transcriptional regulator (Mitchell and Silhavy, 2019). We have previously shown that plsB, coding for the first acylation step in PL synthesis, is activated by the envelope stress response σE factor, and that dgkA, coding for a diacylglycerol kinase involved in PL recycling, is controlled by the two-component system BasRS (Wahl et al., 2011).

The psd gene coding for phosphatidylserine decarboxylase, the last step in phosphatidylethanolamine synthesis, appears in the regulon of σE like plsB, but also in the regulon of the CpxAR two-component system (De Wulf et al., 2002; Rezuchova et al., 2003; Rhodius et al., 2006). The psd gene is followed by mscM (previously called yjeP), and they probably form an operon. MscM protein is a miniconductance mechanosensitive channel of the MscS family, involved in the protection of the physical integrity of the cell during transitions from high to low osmolarity (Booth, 2014; Edwards et al., 2012).

In this study, we dissected the organization of the promoter region of the psd-mscM operon, and we studied the dual regulation of these genes by σE and the response regulator CpxR. We showed that the operon is under the control of two distinct promoters. One is activated by σE, the other by CpxRA. This second promoter is responsible for basal expression of the operon. Therefore, the PL synthesis pathway (and more specifically the PE pathway) is controlled by envelope stress responses at both its first and last steps, which might be important for adaptation of the membrane to envelope perturbations.



MATERIALS AND METHODS


Plasmid and Strain Constructions

pUA66 and pUA-psdP2 plasmids were obtained from the library of E. coli promoters fused to GFP coding sequence (Zaslaver et al., 2006). The other psd transcriptional fusions were constructed using primers indicated in Supplementary Table 1, and cloned in XhoI/BamHI sites of pUA66. Expression plasmids for rpoE, nlpE, and nlpEIM were constructed using primers indicated in Supplementary Table 1, and cloned in EcoRI/SalI sites of pBAD24 vector (Guzman et al., 1995). A region of 1600 base pairs encompassing psd promoter was cloned in pKO3 vector (Link et al., 1997). Mutations were introduced in the pKO3-psd vector, in the pBAD-nlpE and in the transcriptional fusions by PCR mutagenesis on plasmid, using the oligonucleotides indicated (Table 1 and Supplementary Table 1).


TABLE 1. Plasmids.

[image: Table 1]In order to introduce the sequence coding for the Flag or SPA tags downstream of the coding sequences of interest on the chromosome, we amplified the corresponding cassette from the template plasmid pJL148 (Zeghouf et al., 2004). MG1655_Psd-Flag and MG1655_MscM-SPA strains were then constructed by PCR recombination at the locus followed by P1 transduction as described previously (Datsenko and Wanner, 2000) (Table 2). When required, the gene conferring resistance to Kanamycin was removed using the pCP20 plasmid (Cherepanov and Wackernagel, 1995), allowing the transformation by transcriptional fusion plasmids. Point mutations were introduced on the chromosome using the pKO3 vector (Link et al., 1997).


TABLE 2. Escherichia coli strains.
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TRANSCRIPTIONAL FUSIONS WITH GFP

We used several clones from the E. coli transcriptional fusions library (Zaslaver et al., 2006) and we constructed the required additional transcriptional fusions (see above for plasmid construction and Table 1). MG1655 wild-type E. coli strain or isogenic mutants were transformed with plasmids carrying the gfp transcriptional fusions and maintained with kanamycin. For co-transformation, compatible plasmids (pBAD24 and derivatives) were used, and ampicillin added. Selection plates were incubated at 37°C for 16 h. A total of 600 μl of LB medium supplemented with required antibiotics, and with 0.01% arabinose when necessary for pBAD-driven expression, were incubated (four to six replicate each assay) and grown for 16 h at 30°C in 96-well polypropylene plates of 2.2 ml wells under aeration and agitation. Fluorescent intensity measurement was performed in a TECAN infinite M200 plate reader. A total of 150 μl of each well was transferred into black Greiner 96-well plate for reading optical density at 600 nm and fluorescence (excitation: 485 nm; emission: 530 nm). The expression levels were calculated by dividing the intensity of fluorescence by the optical density at 600 nm, after subtracting the values of blank sample. These results are given in arbitrary units because the intensity of fluorescence is acquired with an automatic optimal gain and hence varies from one experiment to the other.


SDS-PAGE and Western Blotting

Total cell extracts were prepared by resuspending cell pellets in Laemli buffer 1X at a concentration of 0.3 uOD600 nm in 10 μl, and then heating for 10 min at 95°C. After separation of 8 μl of total cell extracts on SDS-PAGE, electrotransfer onto nitrocellulose membranes was performed using Trans-Blot turbo transfer system from Bio-Rad. After blocking in PBS 1X + milk 5%, SPA-tagged or 3Flag-tagged proteins were detected with monoclonal anti-Flag M2 antibody purchased from Sigma. IscS protein was used as an internal control and revealed with polyclonal anti-IscS antibodies (Gully et al., 2003). Fluorescent secondary antibodies were respectively IRDye 800 anti-mouse and IRDye 680 anti-rabbit purchased from Li-Cor. Scanning and quantification were performed on a Li-Cor Odyssey-Fc imaging system, reading at 700 nm (for IscS detection) or 800 nm (for Flag detection).



Reverse Transcriptase – PCR

RNAs were purified using the NEB Monarch Total RNA MiniPrep Kit and further digested with Dnase I followed by clean up with the Qiagen Rneasy Mini kit. Reverse transcription was performed using Invitrogen SuperScript III First-Stand Synthesis System with random hexamers. Finally, PCR was performed using ebm446 and ebm2079 primers.



RESULTS

In a global experimental study of all the transcriptional starting sites of E. coli (Thomason et al., 2015), two putative promoters were identified upstream the psd ORF (Figure 1). The first one, that we will call psdPσE, had been already reported as a promoter activated by the alternative sigma factor σE (Rezuchova et al., 2003; Rhodius et al., 2006). The second one, that we will call psdP2, is located 197 nucleotides downstream psdPσE. It has already been reported that psd expression was activated by CpxR, and a putative CpxR box was proposed (De Wulf et al., 2002). This CpxR box is located 41 nucleotides upstream the predicted transcription start site of the psdP2 promoter, which is a distance in perfect agreement with CpxR acting as an activator of the psdP2 promoter (Busby, 2019).
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FIGURE 1. Promoter region of psd-mscM operon. (A) Positions of the predicted CpxR box, and of the two transcription start sites are indicated by a green box and gray arrows. Limits of the regions cloned in transcriptional fusion with gfp, in the pUA66 plasmid, are shown by green horizontal lines. End positions are given relative to the start codon of psd gene. (B) DNA sequences of the two promoters. Mutations introduced in the promoter regions or in the CpxRbox are indicated at the top of red stars.



Dissection of the Promoter Region

In order to dissect the promoter region of psd and to study the genetic regulation of psd expression, we first used transcriptional fusions with GFP, expressed from the low copy vector pUA66, which enable to follow promoter activity by measuring fluorescence directly in living cells (Zaslaver et al., 2006). A transcriptional fusion containing the upstream region of psd ORF was already available from a library of E. coli promoters (Zaslaver et al., 2006), but it only contained the putative psdP2 promoter. Therefore, we constructed additional transcriptional fusions, containing both promoters (called psdBis) or only the psdPσE promoter (Figure 1A).

We first studied the control of psd expression by σE. We artificially induced the σE response, by overproducing the σE factor from an inducible pBAD-rpoE plasmid as previously described (Wahl et al., 2011). We co-transformed an E. coli wild-type strain with the different GFP transcriptional fusions and with the pBAD-rpoE plasmid. Upon σE overproduction, only the transcriptional fusions containing the psdPσE promoter (psdBis and psdPσE, but not psdP2) showed a strong induction (Figure 2). We then mutated two nucleotide positions in the predicted −10 box of the psdPσE promoter. These mutations completely abolished the induction of the psdPσE transcriptional fusion by pBAD-rpoE (Figure 2).
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FIGURE 2. Effect of σE overproduction on the psdPσE promoter. MG1655 strain was transformed with plasmids carrying the transcriptional fusions pUA66, pUA-psdP2, pUA-psdBis, pUA-psdPσE, or pUA-psdPσEmut together with plasmids pBAD24 or pBAD-rpoE. Cultures were grown overnight at 30°C in LB supplemented with ampicillin, kanamycin, and 0.01% arabinose. The values show the mean ratio of GFP fluorescence over optical density at 600 nm, after subtraction of the pUA66 negative control, in arbitrary units (A.U.). The values are the mean of six replicas and the error bars show the SEM (standard error of the mean). ns, non-significant, ****p < 0.0001 in a two-way ANOVA statistical analysis.


We then tested if CpxR was a transcriptional activator of the psdP2 promoter. We first compared the activity of the psdP2 transcriptional fusion in wild-type and ΔcpxR strains. This activity was reduced in the ΔcpxR strain (Figure 3A), suggesting a potential role of CpxR in the regulation of psd expression, even in balanced growth conditions. In reverse, in order to induce the CpxR response, we overproduced the NlpE lipoprotein or its NlpEIM variant that triggers an even stronger response (Delhaye et al., 2016). We co-transformed an E. coli wild-type strain by the different transcriptional fusions and by the pBAD-nlpE or -nlpEIM plasmids. The psdP2 transcriptional fusion showed an activation when NlpE was overproduced, and the effect was reinforced with NlpEIM (Figure 3B). Furthermore, the activation was abolished when the experiment was repeated in a ΔcpxR strain (Figure 3C), which showed that this was indeed the result of an activation of the CpxR pathway. Finally, to prove that the activation was due to direct binding of CpxR response regulator to the psdP2 promoter, we introduced point mutations that destroy the CpxR binding motif in the psdP2 transcriptional fusion (Figure 1B). With this mutated transcriptional fusion, the activation of psdP2 promoter was abolished (Figure 3B).
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FIGURE 3. Control of the psdP2 promoter by CpxR. (A) MG1655 or ΔcpxR strains were transformed with the indicated transcriptional fusions. Cultures were grown overnight at 30°C in LB supplemented with kanamycin. (B,C) MG1655 or ΔcpxR strains were transformed with the indicated transcriptional fusions together with pBAD24, pBAD-nlpE, or pBAD-nlpE_IM plasmids. Cultures were grown overnight at 30°C in LB supplemented with ampicillin, kanamycin and 0.01% arabinose. The values show the mean ratio of GFP fluorescence over optical density at 600 nm, after subtraction of the pUA66 negative control, in arbitrary units (A.U.). The values are the mean of 12 (A) or 4 (B,C) replicas and the error bars show the SEM (standard error of the mean). ns, non-significant, ***p < 0.001, ****p < 0.0001 in a two-way ANOVA statistical analysis.


In conclusion, psd expression (and potentially mscM expression) is under the control of two distinct promoters. One is activated by σE, the other by CpxRA. Given that this promoter organization is very similar to the one we described previously for plsB (Wahl et al., 2011), we hypothesized that this second promoter might be regulated by ppGpp as shown for plsB and suggested by global study of the stringent response (Durfee et al., 2008). We tested this by measuring the activity of the transcriptional fusions in strains with modified ppGpp levels as previously described (Wahl et al., 2011). The ppGpp° (ΔrelAΔspoT) strain is devoid of ppGpp, the DksA cofactor is necessary for ppGpp action on RNAP hence a ΔdksA mutant mimics the absence of ppGpp, and finally the spoT203 mutant is impaired in ppGpp degradation, leading to ppGpp accumulation in the cell. The psdP2 promoter did not show a strong dependence on ppGpp levels (Supplementary Figure 1). The psdP2 expression did slightly increase in a ΔdksA mutant, but not in the ppGpp° mutant, and it did not show a corresponding repression in the ppGpp+ mutant. Interestingly, the activity of the psdPσE transcriptional fusion increased in the ppGpp accumulating mutant (Supplementary Figure 1), which is in agreement with the known positive effect of ppGpp on σE (Costanzo et al., 2008).



Impact of σE or CpxR Regulation on Psd and MscM Protein Amounts

Because psd expression is controlled by two promoters, we then wanted to study the relative involvement of these two promoters in the control of the amounts of Psd in the cell. For that, we constructed a strain where Psd is fused at its C-terminus with the 3Flag tag, in order to detect the protein by western blot with a monoclonal antibody. Psd is produced as a proenzyme, which after endoproteolysis gives rise to a mature two-domains enzyme (Li and Dowhan, 1990; Choi et al., 2015). Because the tag is fused to the C-terminus of the protein, we detected as expected the small C-terminal Psdα-3Flag subdomain, indicating that the cleavage occurred normally (it migrated at a higher position than the expected 12 kDa, but this is not exceptional, and might be influenced by the pyruvoyl N-terminal modification). Furthermore, the tagged strain did not display any obvious growth defect, suggesting that the Psd-3Flag fusion was functional. However, in order to prove the functionality of the Psd-3Flag tagged protein, we also cloned this construction or the wild-type psd gene under its own promoter in a plasmid, and tested the complementation of a psd-ts mutant (Hawrot and Kennedy, 1975). Expression of psd-3Flag or wild-type psd expressed from a plasmid similarly restored growth of the psdts mutant at 42°C, showing that the recombinant Psd-3Flag protein was functional (Figure 4). We then tested the effect of overproducing σE or inducing the CpxR response through NlpE expression. The levels of Psd-3Flag protein were clearly increased when σE was overproduced (Figure 5A). Similarly, levels of Psd-3Flag increased when NlpE or NlpEIM proteins were overproduced (Figure 5B). The increases observed when the CpxRA pathway was artificially induced were not as strong as the ones observed when σE was overproduced. However, they were clearly abolished when the experiment was repeated in a ΔcpxR genetic context (Figure 5B). It has to be noted that when Psd-3Flag amounts were strongly increased, a band at approximately 45 kDa was also detected (Figure 5A). We hypothesized that this band might correspond to the accumulation of an unmatured full length Psd-3Flag proenzyme. In order to test this, we introduced the point mutation S254A, which is known to prevent the maturation of Psd (Li and Dowhan, 1990), in the plasmid expressing psd-3Flag. As expected, this mutant form was detected at 45 kDa (Supplementary Figure 2). Interestingly, when we compared the production of Psd-3Flag with or without induction of rpoE, the band at 45 kDa accumulating when rpoE is induced migrated at the exact same size than the unmatured Psd(254A)-3Flag (Supplementary Figure 2), suggesting that endoproteolytic cleavage is indeed impaired when Psd-3Flag is overproduced.
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FIGURE 4. Strain EH150 psd2-ts (Hawrot and Kennedy, 1975) was transformed by pACYC184, pACYC-psd, or pACYC-psd-3Flag plasmids and the selection was performed at 30°C. Then, colonies were spread out on LB chloramphenicol plates at 30 or 42°C for 24 h.
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FIGURE 5. Psd protein levels are controlled by σE and CpxR. (A) E. coli Psd-3Flag strain was transformed by pBAD24 or pBAD-rpoE plasmids. Two replicas of each transformation were grown in LB supplemented with ampicillin until OD600 nm = 0.8, then cultures were induced with 0.2% arabinose for 2 h. (B) Psd-3Flag and ΔcpxR-Psd-3Flag strains were transformed by pBAD24, pBAD-nlpE, or pBAD-nlpE_IM plasmids. Three replicas of each transformation were grown in LB supplemented with ampicillin until OD600 nm = 0.8, then cultures were induced with 0.2% arabinose for 2 h. (C) Psd-3Flag_mutPσE, Psd-3Flag_mutCpxR, and Psd-3Flag_mutCpxRmutPσE strains containing mutations in the promoter region were transformed by pBAD24, pBAD-rpoE, pBAD-nlpE, or pBAD-nlpE_IM plasmids. Two replicas of each transformation were grown in LB supplemented with ampicillin until OD600 nm = 0.8, then cultures were induced with 0.2% arabinose for 2 h. Proteins were separated by SDS-PAGE 12% and detected by western blot using anti-Flag monoclonal antibody to detect Psd-3Flag or anti-IscS polyclonal antibody as an internal loading control. Quantification of the bands are shown in Supplementary Figure 4.


On the genome of E. coli, psd ORF is followed by mscM ORF, suggesting an organization of these two genes as an operon. To study the involvement of σE and CpxR on mscM expression, we constructed a strain where MscM is fused at its C-terminus with the SPA tag. MscM-SPA was faintly detected on Western blot at the expected size of 130 kDa, and MscM protein levels were increased when rpoE or nlpE were artificially expressed, similarly as for Psd-3Flag (Figure 6A). We then performed an RT-PCR experiment, which confirmed that psd and mscM are expressed as an operon, controlled by the same two promoters (Figure 6B).
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FIGURE 6. mscM is in operon with psd, under control of the σE and CpxR dependent promoters. (A) E. coli MscM-SPA strain was transformed by pBAD24, pBAD-rpoE, pBAD-nlpE, or pBAD-nlpE_IM plasmids. Two replicas of each transformation were grown in LB supplemented with ampicillin until OD600 nm = 0.8, then cultures were induced with 0.2% arabinose for 2 h. Proteins were separated by SDS-PAGE 10% and detected by western blot using anti-Flag monoclonal antibody for the detection of MscM-SPA or anti-IscS polyclonal antibodies as an internal loading control. (B) RT-PCR was performed on MG1655 strain transformed by pBAD or pBAD-rpoE induced in the above conditions. The black arrows indicate the positions of the primers used for the amplification. PCR controls on water, genomic DNA, and equivalent amounts of RNA as in the RT-PCR reaction were performed.




Characterization of Strains Devoid of psd-mscM Control by σE and CpxR

The above experiments using transcriptional fusions or following the amount of Psd and MscM proteins demonstrated the control of psd and mscM expression by the two envelope stress response pathways mediated by σE or CpxR. The next question was naturally to understand the physiological role of these regulations. To address this question, we chose to introduce point mutations in the promoters of psd, on the chromosome, in order to prevent specifically the activation of psd-mscM expression by σE, CpxR or both stress responses at the same time. We have shown above that the mutations chosen in the σE promoter and CpxR box completely abolished the induction of the transcriptional fusions by pBAD-rpoE or pBAD-nlpE, respectively (Figures 2, 3). Note that both mutations are localized inside the ORF of the upstream rsgA gene. The mutation in the PsdPσE promoter does not modify the amino acid sequence of RsgA, while the mutation in the CpxR box does modify residue Lys340 of RsgA in Glutamine. We introduced the mutations in wild-type MG1655 strain and in the Psd-3Flag strain using homologous recombination with the pKO3 plasmid (Link et al., 1997). The three types of mutants were readily obtained in the two strains (Table 2). The mutant strains did not display any obvious growth phenotype in LB (Supplementary Figure 3) showing that σE and CpxR regulations are not essential in balanced growth conditions. In the Psd-3Flag background strains, we observed that mutations in the PσE promoter and CpxR box had no effect on the basal amounts of Psd-3Flag protein (Figure 5C and data not shown). This suggests that the decreased expression observed with the psdP2muCpxR transcriptional fusion (Figure 3A) does not impact protein level, and shows that these regulations are not important to control basal Psd and MscM protein levels. However, when σE was induced, the amounts of Psd-3Flag protein did not increase anymore in the strains containing the PσE mutation (Figure 5C, first and third panel), while Psd-3Flag still increased in the CpxRbox mutant (Figure 5C, second panel). When the CpxRA pathway was induced, with pBAD-nlpE or pBAD-nlpE_IM plasmids, Psd-3Flag protein amounts did not increase anymore in the strains containing the mutation in the CpxR binding site (Figure 5C, second and third panel), while Psd-3Flag still increased in the PσE mutant (Figure 5C, first panel). These results confirmed what we observed with the transcriptional fusions (Figure 3A), and showed that the σE and CpxR control of psd promoters impact the amount of proteins produced in vivo upon stress induction.



DISCUSSION

The goal of this work was to decipher the genetic control of psd-mscM operon and its regulation by the two envelope stress responses mediated by the alternative Sigma factor σE and by the two-component system CpxRA. We found that psd promoter region comprises two promoters, confirming the +1 transcription start sites identified previously (Thomason et al., 2015): a distal σE promoter and a proximal P2 promoter, activated by CpxRA, which is likely to be also responsible for the basal expression of psd. This organization is very similar to what we observed previously for the promoter of plsB, which comprises a distal σE promoter and a proximal P2 promoter, responsible for the basal expression of plsB (Wahl et al., 2011). However, plsB expression was not controlled by CpxR (data not shown). We also systematically tested if other genes of PL synthesis were regulated by σE or CpxR but it was not the case (data not shown). Therefore, it appears that envelope stress responses control the first step of PL synthesis (plsB) and the last step of PE synthesis (psd). This suggests that in response to envelope stress, an increase in the pathway for PE might be important, in order to help in envelope biogenesis processes such as LPS or outer membrane proteins trafficking. An enhanced PE biosynthesis might be obtained by “pushing” from the top with PlsB and “pulling” from the bottom of the pathway with Psd. However, enzymes of PL synthesis are believed to be present in excess and it is not clear how increasing enzyme amounts might have an effect on the flux in the PL synthetic pathway. This regulation might be a long-term adaptation rather than an immediate response to the encountered stress. An alternative hypothesis is that the enzymes might be damaged during envelope stress and need to be replaced.

We previously showed that the basal promoter of the plsB gene was repressed by ppGpp (Wahl et al., 2011). Furthermore, it was proposed that the genes for PE pathway, including psd, might be downregulated during the stringent response, while the genes for PG/CL were upregulated (Durfee et al., 2008), which would be consistent with an increase in PG and CL in the membrane during growth arrest. However, we did not detect a strong regulation of psdP2 promoter by ppGpp (Supplementary Figure 1).

It is striking to find psd in operon with a gene encoding a mechanosensitive channel. There is no obvious direct functional link between these two genes, apart from a function in membrane homeostasis. Mechanosensitive channels open in response to transition from high to low osmolarity in order to protect cells from bursting (Booth, 2014). There are seven mechanosensitive channels in E. coli, MscL and six channels of the MscS family, including MscM. This redundancy might be explained by a need to respond to different rates or intensities in osmolarity variations (Booth, 2014). As for psd, a genetic regulation might appear irrelevant for a rapid response to physical stress. However, the number and types of channels are important factors to determine the protective ability and cell fate (Bialecka-Fornal et al., 2015), and it has been shown that over-expression of MscM confers protection to hypo-osmotic shock in a strain otherwise devoid of all the other mechanosensitive channels (Edwards et al., 2012). Therefore, increased expression of mscM by σE and CpxR in response to envelope stress might be a bet hedging strategy, as it might confer adaptation for future additional envelope injuries. Similarly, mscL and mscS genes are regulated by the alternative Sigma factor σS (Stokes et al., 2003). Also, in Pseudomonas aeruginosa, the cmpX gene coding for a putative mechanosensitive channel is part of the SigX envelope stress response regulon (Gicquel et al., 2013). Furthermore, these mechanosensitive channels possess diverse periplasmic and cytoplasmic domains that might play additional functions in stress responses, which for example was suggested recently for YbdG in E. coli (Amemiya et al., 2019).

Unfortunately, we were not able yet to find growth conditions or stress conditions where the σE or CpxRA regulations on plsB and psd-mscM had a role for cell physiology. We tried to subject the mutant strains to stresses known to induce the σE or CpxRA pathways, i.e., osmotic stress, alkaline stress, envelope porin misfolding or mislocalization, or heat shock, but we did not detect any effects in these experiments. As mentioned above, these regulations are certainly involved in long-term adaptation rather than being an immediate response to the encountered stress. This might be why we did not detect any obvious phenotypic defects in the regulatory mutant strains when testing for immediate resistance to stress. Combining stresses, long-term, or competition experiments might be needed to be able to unravel a phenotypic advantage of the wild-type over the regulatory mutant strains. Interestingly, and in a reversed way, several studies have shown that PL synthesis mutants, which affect membrane composition, activate envelope stress responses, including σE and CpxRA signaling pathways (Mileykovskaya and Dowhan, 1997; Itou et al., 2012; Rowlett et al., 2017; Nepper et al., 2019). Therefore, the σE or CpxRA regulations of plsB and psd-mscM might also be part of a feedback loop involved in maintaining an optimum PL synthesis balance for membrane homeostasis.
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Antibiotics and other agents that perturb the synthesis or integrity of the bacterial cell envelope trigger compensatory stress responses. Focusing on Bacillus subtilis as a model system, this mini-review summarizes current views of membrane structure and insights into how cell envelope stress responses remodel and protect the membrane. Altering the composition and properties of the membrane and its associated proteome can protect cells against detergents, antimicrobial peptides, and pore-forming compounds while also, indirectly, contributing to resistance against compounds that affect cell wall synthesis. Many of these regulatory responses are broadly conserved, even where the details of regulation may differ, and can be important in the emergence of antibiotic resistance in clinical settings.
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INTRODUCTION: MEMBRANE HOMEOSTASIS AND ITS MODULATION IN RESPONSE TO STRESS

The cell envelope is a multilayered outer barrier that protects the cell from a changing environment. Cell envelope stress responses (CESRs) are regulatory pathways that sense threats and mount a protective response, often involving modification of lipopolysaccharides (in Gram-negative bacteria), teichoic acids (Gram-positive bacteria), peptidoglycan, and the inner membrane (Helmann, 2016; Radeck et al., 2017; Mitchell and Silhavy, 2019). Here, we focus on Bacillus subtilis as a Gram-positive model for the role of CESRs in membrane homeostasis.

The cell membrane is a dynamic, fluid mosaic comprising a lipid bilayer and associated proteins (Figure 1). In B. subtilis, the major lipid species are phospholipids, glucolipids, and the lipoteichoic acids (LTA) (Salzberg and Helmann, 2008; Nickels et al., 2017). The membrane proteome includes proteins for transport and signaling, as well as membrane synthesis, remodeling, and protection. As the innermost and last line of defense, the cell membrane is critical for viability. In B. subtilis, for example, collapsing the proton motive force activates autolysins resulting in rapid cell lysis (Jolliffe et al., 1981). Membrane-active compounds such as detergents, antimicrobial peptides, and pore-forming compounds often trigger stress responses that modify the lipidome and membrane proteome to confer resistance. Membrane stress responses can modify the cell membrane, by (i) modulating the length, branching, and saturation of the fatty acid (FA) acyl chains, (ii) altering membrane lipid composition, or (iii) synthesizing proteins that modify or protect the membrane (Table 1).
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FIGURE 1. (A) The cell envelope: Bacillus subtilis is surrounded by a cell envelope comprised of a thick peptidoglycan (PG) layer and an inner membrane (IM). The membrane-associated lipoteichoic acid (LTA) and PG-linked wall teichoic acid (WTA) are abundant anionic polymers in the envelope (Rajagopal and Walker, 2017). The IM contains lateral microheterogeneity in the form of functional membrane microdomains (FMMs), regions of liquid-ordered (Lo) membrane together with associated proteins such as flotillins (Lopez and Koch, 2017). These are flanked by regions of higher fluidity characterized as liquid-disordered (Ld). (B) Major membrane lipids: Major membrane lipids include phospholipids and glucolipids (Nickels et al., 2017). Phospholipids (shown) vary in their FA chains, which are largely branched in B. subtilis. Shown here are a C15 iso-FA and a C17 Δ5 (unsaturated) anteiso-FA. Other FA chain lengths (including straight chains), and the positioning of the FA chains on the 1 and 2 positions of glycerol can vary. Variations in the phospholipid headgroups modulate surface charge (red are anionic, blue cationic, and black net neutral). Glucolipids are generally neutral lipids with one or more sugar residues in place of the phosphate shown. (C) Minor membrane lipids: Many of the minor lipids in the membrane are isoprenoids and are derived from the C15 intermediate farnesyl-pyrophosphate (FPP). FPP is a precursor for undecaprenyl-PP (for PG synthesis) and for the C35 intermediate heptaprenyl-PP. The latter is a precursor for the electron carrier menaquinone (MK-7) and sesquarterpenes including baciterpenol A and its derivatives (sporulenes) (Bosak et al., 2008; Takigawa et al., 2010; Sato et al., 2011; Sato, 2013). Two FPP can also be coupled in a multistep reaction by HpnDCE to generate C30 squalene (Pan et al., 2015; van der Donk, 2015), which can be processed into carotenoids [such as staphyloxanthin from S. aureus; (Garcia-Fernandez et al., 2017; Foster, 2019)] or cyclized by squalene-hopene cyclases to generate polycyclic compounds (hopanoids) (Saenz et al., 2015; Belin et al., 2018). In B. subtilis, FPP can also be dephosphorylated by YisP to generate the alcohol farnesol (Bell and Chappell, 2014; Feng et al., 2014).



TABLE 1. Representative B. subtilis CESRs that modify the lipidome and membrane proteome1.
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THE REGULATION OF FA SYNTHESIS DURING GROWTH

Most bacteria utilize a type II FA synthase that catalyzes repeated cycles of acyl chain elongation (Parsons and Rock, 2013). The committed step, catalyzed by acetyl-CoA carboxylase (ACC), generates malonyl-CoA and then malonyl-ACP to serve in FA chain initiation by FabH and elongation by FabF. B. subtilis has two isoforms of FabH, and both preferentially synthesize branched chain FAs (BCFAs) (Choi et al., 2000; Kingston et al., 2011). Acylation of glycerol-3-phosphate by the PlsX/PlsY/PlsC acyltransferase system with long chain FAs generates phosphatidic acid, the precursor to all other phospholipids (Yao and Rock, 2013).

FapR is the key transcriptional regulator of membrane lipid synthesis in B. subtilis and clinically relevant pathogens such as Staphylococcus aureus, Bacillus anthracis, and Listeria monocytogenes (Schujman et al., 2003; Fujita et al., 2007; Albanesi et al., 2013; Machinandiarena et al., 2020), and modulates the overall rate of membrane synthesis in response to precursor availability. B. subtilis FapR represses genes for FA and phospholipid synthesis, and this repression is relieved by allosteric interactions with malonyl-CoA or malonyl-ACP (Schujman et al., 2006; Martinez et al., 2010).

As a branchpoint enzyme, ACC is often under complex regulation (Zhang and Rock, 2009; Salie and Thelen, 2016; Machinandiarena et al., 2020). In B. subtilis, ACC is regulated in part by YqhY, a conserved DUF322/Asp23 protein which is highly expressed and often encoded together with ACC subunits as part of an accB-accC-yqhY operon (Todter et al., 2017). The namesake, S. aureus Asp23, is a membrane-associated protein originally linked to alkaline shock (Petersen et al., 2020). Loss of Asp23/YqhY causes cell wall stress and poor growth (Muller et al., 2014; Todter et al., 2017). In B. subtilis, yqhY null mutants acquire suppressors that decrease ACC activity, but this selective pressure is alleviated in medium supplemented with acetate (Todter et al., 2017). We suggest that ACC-dependent depletion of acetyl-CoA may contribute to wall stress by negatively affecting synthesis of UDP-N-acetylglucosamine needed for peptidoglycan synthesis. A key challenge for future research will be to understand the precise role of YqhY/Asp23 proteins and how they control ACC activity to balance FA synthesis with other cellular needs.



MODULATING FA COMPOSITION FOR HOMEOVISCOUS ADAPTATION

Tuning of FA composition provides one way in which the cell can optimize membrane properties in response to a changing environment. Even under non-stressed conditions, B. subtilis membranes contain ∼7 distinct FAs varying in length from C14 to C18 (indicating the number of carbon atoms) and include both branched (∼24% iso and 66% anteiso) and straight chain (∼10%) FAs (Kingston et al., 2011). Since membrane phospholipids and glucolipids each contain 2 FA chains, the lipidome contains a complex mix of species (Figure 1B), with a preponderance containing one C15 and one C17 FA chain (Kingston et al., 2011).

Modifications of FAs are important for regulating membrane fluidity in a process known as homeoviscous adaptation (de Mendoza, 2014; Ernst et al., 2016). In B. subtilis, temperature downshift induces a FA desaturase (Des) controlled by the DesKR two-component system (TCS) (Abriata et al., 2017). Des modifies existing membrane lipids, and is thereby suited for rapid adaptation. DesK is one of the better understood TCS sensors, with both kinase and phosphatase activity (Abriata et al., 2017; Fernandez et al., 2019). DesK lacks an extracellular sensor domain, but has multiple transmembrane segments that sense changes in the membrane physical state. DesK phosphorylates the DesR response regulator, which induces des, encoding a FA Δ5 desaturase (Altabe et al., 2003). The resultant unsaturated FAs increase bilayer fluidity, which restores DesK phosphatase activity in a negative feedback loop (de Mendoza, 2014). Longer term adaptation to low temperatures relies on an isoleucine-dependent switch to primarily anteiso-FAs (Weber et al., 2001). Since anteiso-FAs perturb the lateral interactions between adjacent lipids to a greater extent than iso-FAs (Figure 1B), this shift increases membrane fluidity (Kingston et al., 2011). This shift may result from a cold-dependent change in FabH activity (Beranova et al., 2008; Saunders et al., 2016).

Membranes must also adapt to conditions that increase fluidity. In B. subtilis, the ECF σ factor σW is activated by detergents, antibiotics, and bacteriocins active on the membrane (Cao et al., 2002b; Pietiainen et al., 2005; Butcher and Helmann, 2006; Helmann, 2006, 2016). A σW promoter within the fabHA-fabF operon plays a major role in homeoviscous adaptation (Kingston et al., 2011). Activation of σW leads to a decrease in FabHA levels, resulting in increased reliance on FabHB and an increase in straight chain FAs (from ∼10 to 30%). Elevated expression of the FabF elongation enzyme leads to increased FA chain length. The combined effect is a membrane with longer acyl chains and less BCFA. This increased membrane rigidity serves to protect cells against detergents and antimicrobial peptides (Kingston et al., 2011). The activation of σW is controlled by regulated proteolysis of its membrane-bound anti-σW factor (RsiW) (Schobel et al., 2004; Ellermeier and Losick, 2006; Devkota et al., 2017). However, the mechanisms by which membrane stressors trigger σW activation remain unclear.

To better understand the role of FA heterogeneity in controlling membrane properties, it would be desirable to study bacteria with chemically simple membranes. This has been achieved in B. subtilis by feeding exogenous FAs to cells with de novo FA synthesis blocked by cerulenin and a mutation to inhibit FA degradation (Nickels et al., 2020). Growth can be rescued with only two FA species: a straight-chain C16 FA (high melting) and an anteiso C15 FA (low melting). Even with only these two FA species, four distinct arrangements are possible upon acylation of glycerol-3-phosphate to generate phosphatidic acid. Cells compensate for this reduced FA complexity by altering the distribution of phospholipid headgroups, a modest induction of the DesRK system, apparent downregulation of the σW stress response, and an increase in isoprenoid lipids (Nickels et al., 2020). These results highlight the remarkable adaptability of bacterial membranes, and the interconnection between diverse stress responses.



OVERVIEW OF MEMBRANE LIPID COMPOSITION AND SYNTHESIS

One of the persistent challenges in membrane biology is to define the roles of the diverse constituent lipids (Sohlenkamp and Geiger, 2016; Dowhan et al., 2019; Chwastek et al., 2020). Although membranes have a complex and adaptable composition (the lipidome), cells are remarkably resilient to genetic alterations that remove lipid species. Because of its single membrane and ease of genetic manipulation, B. subtilis presents an attractive model system (Nickels et al., 2017). The B. subtilis lipidome comprises ∼70% phospholipids and ∼30% neutral glucolipids. The major phospholipids are phosphatidylglycerol (PhG) and phosphatidylethanolamine (PE), with minor contributions from cardiolipin and lysylphosphatidylglycerol (LPG). Variations in phospholipid headgroup size and charge modulate membrane properties (Figure 1B). Membranes also contain LTA anchored to neutral glucolipids, which together with peptidoglycan-linked wall teichoic acid (WTA) can account for up to 60% of the dry weight of the cell wall (Rajagopal and Walker, 2017; Sumrall et al., 2020). However, LTA fractionates with the wall during membrane lipid extraction, and is often not considered in lipidome measurements.

The only essential phospholipid in B. subtilis is PhG. Remarkably, the membrane can be simplified to contain close to 100% PhG with no glucolipids. Despite a greatly simplified membrane, such mutants can grow rapidly, albeit with a highly abnormal coiled filament morphology (Salzberg and Helmann, 2008). Genetic perturbations of membrane composition can lead to resistance to cationic antimicrobial peptides (CAMP). For example, gain-of-function mutations in mprF, encoding the LPG synthase/flippase, can confer daptomycin resistance possibly by reducing surface charge (Ernst et al., 2018; Ernst and Peschel, 2019). Consistently, mprF null mutants have increased daptomycin sensitivity and overexpression decreases sensitivity in B. subtilis (Hachmann et al., 2009). Daptomycin resistance also results from pgsA mutations that decrease PhG levels (Hachmann et al., 2011; Peleg et al., 2012).

In addition to the dominant phospholipids and glucolipids, membranes contain numerous other lipid species. Most prominent are the isoprenoid lipids synthesized by polymerization of C5 isoprene units (Figure 1C). The key intermediate farnesyl-PP (C15) can be joined (head-to-head) to generate squalene (C30) (Pan et al., 2015; van der Donk, 2015), a precursor of cholesterol and other sterols in eukaryotes and of structurally related hopanoid lipids in many bacteria. One major hopanoid is diploterol (Figure 1C), with five fused rings that can be further modified in a variety of ways (Belin et al., 2018). Farnesyl-PP can also be extended by UppS, which sequentially adds eight isopentenyl units to generate undecaprenyl-PP, the C55 carrier lipid that supports cell wall synthesis (Figure 1C). Alternatively, the HepST complex can extend farnesyl-PP to generate heptaprenyl (C35)-PP, an isoprenoid used as a lipid anchor for menaquinone (MK-7), the electron carrier for respiration. In B. subtilis, this same precursor can be processed to polycyclic C35-sesquarterpenoids, which may be functionally similar to C30 hopanoids (Bosak et al., 2008; Takigawa et al., 2010; Sato et al., 2011; Sato, 2013). This process is initiated by YtpB, which generates tetraprenyl-β-curcumene, and then SqhC (a homolog of squalene-hopene cyclases) to generate the C35 tetracyclic product known as baciterpenol A (Sato, 2013). Although initially described in spores, and named “sporulenes” (Bosak et al., 2008), these sesquarterpenoids are found in vegetative cells (Takigawa et al., 2010). Finally, heptaprenyl-PP can be coupled to glycerol-1-phosphate by PcrB, and then further processed by an unidentified phosphatase and the YvoF acetyltranferase to generate an ether linked lipid of unknown function (Linde et al., 2016).


Lateral Heterogeneity and Functional Membrane Microdomains

In eukaryotes, cholesterol is associated with the generation of functional membrane microdomains (FMM), also called lipid rafts. These regions have relatively low membrane fluidity (a liquid-ordered, or Lo phase) and are associated with flotillins. B. subtilis also encodes flotillin homologs, regulated by σW (Huang et al., 1999; Wiegert et al., 2001). These proteins, subsequently renamed FloA and FloT, are implicated in FMM formation (Figure 1A). The notion of FMMs in bacteria received strong impetus from the finding that yisP mutants, lacking a putative squalene synthase, was defective in biofilm formation (Lopez and Kolter, 2010). Together with the finding of a punctate localization for FloT, and chemical inhibition studies with compounds that affect sterol synthesis, this led to the proposal that bacteria harbor FMMs (Bramkamp and Lopez, 2015; Wagner et al., 2017). However, subsequent work revealed that YisP is a farnesyl-PP phosphatase that generates farnesol (Figure 1C), rather than squalene (Feng et al., 2014). Moreover, farnesol itself complements the biofilm defect of the yisP mutant, suggesting that this long chain alcohol may have an ordering effect on FMMs provided in other systems by hopanoids or carotenoids (Bell and Chappell, 2014; Feng et al., 2014). B. subtilis FMMs are enriched in flotillins (FloA and FloT) and their associated signaling complexes, with FMM formation apparently stabilized by farnesol (YisP product). No role for the C35 isoprenoid lipids has yet been demonstrated in biofilm formation (Lopez and Kolter, 2010) or in FMM formation or function.

Lateral heterogeneity, including FMMs, is likely a feature of most bacterial membranes. However, the lipid species that are required to form FMMs are still poorly understood, but likely include carotenoids, hopanoids, and other polycyclic isoprenoid lipids (Lopez and Koch, 2017). Hopanoids are structurally diverse and fulfill a broad range of functions in bacterial membranes (Belin et al., 2018). The hopanoid diplopterol (Figure 1C) orders saturated lipids and glycolipids in the outer membrane of Methylobacterium extorquens, and deficient mutants are impaired in multidrug transport (Saenz et al., 2015). Hopanoids and other polycyclic isoprenoids are present in many Gram-positive bacteria as well, suggestive of a role in the plasma membrane. In methicillin-resistant S. aureus, the carotenoid staphyloxanthin (Figure 1C) colocalizes in FMMs with FloA, and disruption of these domains with isoprenoid synthesis inhibitors interferes with the function of the penicillin-binding protein required for β-lactam resistance (PBP2a) (Garcia-Fernandez et al., 2017; Foster, 2019). The formation and function of FMMs, in both the inner (plasma) and outer membrane, remains an important area for future research.



CELL ENVELOPE STRESS RESPONSES THAT MODULATE LIPID COMPOSITION

Bacteria generally have a negatively charged membrane, which contributes to their susceptibility to CAMPs, bacteriocins, and antimicrobials. In B. subtilis, membrane composition and properties are regulated by ECF σ factors (Eiamphungporn and Helmann, 2008; Kingston et al., 2013; Helmann, 2016). Because of their overlapping activation and promoter recognition properties, these CESRs are intertwined and referred to as an σECF stress response (Mascher et al., 2007). In B. subtilis, activation of σX reduces the net negative charge of the membrane by increasing zwitterionic PE levels (Cao and Helmann, 2004; Ho and Ellermeier, 2019). The net negative charge of the cell wall can be further reduced by D-alanylation of teichoic acids, activated by σX (Cao and Helmann, 2004; Ho and Ellermeier, 2019) and σV, a lysozyme-responsive CESR (Guariglia-Oropeza and Helmann, 2011; Ho et al., 2011; Ho and Ellermeier, 2019). In S. aureus, surface membrane charge is modified by the induction of mprF by the GraRS TCS, thereby increasing LPG levels (Falord et al., 2011; Yang et al., 2012). In B. anthracis, the membrane-active compound targocil activates the EdsRS TCS, which induces expression of a cardiolipin synthase (Laut et al., 2020). Thus, many different stimuli can trigger changes in the membrane lipidome.

Bacillus subtilis σECF factors also control other membrane-related functions, although the effects are not yet understood. For example, σM activates the ytpAB operon. The YtpA lysophospholipase cleaves FAs from the 2 position of phospholipids resulting in a lysophospholipid (bacilysocin) suggested to function as an antibiotic (Tamehiro et al., 2002). However, it is unclear if bacilysocin is ever released at levels sufficient to serve as an antibiotic, and it may instead modify membrane properties or be an intermediate in lipid remodeling. As noted above, YtpB initiates synthesis of baciterpenol (Figure 1C; Bosak et al., 2008; Sato et al., 2011; Sato, 2013). Genetic studies have revealed only modest phenotypes for ytpAB mutants, including effects on antibiotic sensitivity, sporulation, and germination (Kingston et al., 2014; Sayer et al., 2019). In the case of ytpB, the observed phenotype (bacitracin sensitivity) was due to the accumulation of the substrate (heptaprenyl-PP) rather than a loss of baciterpenol (Kingston et al., 2014).

Genetic perturbations of membrane composition can also trigger CESRs. For example, deletion of LTA synthases induces σECF factors. An ltaS mutation upregulates σM, which then activates expression of the alternate LTA synthase LtaSa. The absence of both ltaS and ltaSa leads to activation of additional σECF factors (Hashimoto et al., 2013). The depletion of PhG, a building block of LTA, also activates σM and to a lesser extent σV (Hashimoto et al., 2009; Seki et al., 2019). The effects of mutations that affect glucolipids have been particularly challenging to understand. Glucolipids produced by UgtP are important membrane lipids and also serve as the lipid anchor of LTA. ugtP mutants lacking glucolipids are shorter and rounder, have abnormal localization of MreB, and altered assembly of FtsZ (Weart et al., 2007). Whether this abnormal morphology is due, in part, to the loss of glucolipids is unclear (Matsuoka, 2018). Mutation of ugtP activates a σECF stress response and can be suppressed by production of monoglycosyldiacylglycerol (MGlcDG) using a heterologous synthase. Since this product does not function as an LTA anchor lipid, this suggests that it is the loss of glucolipids that induces the σECF response (Matsuoka et al., 2016). The mechanistic basis for activation of σECF factors in the absence of glucolipids is unclear, but at least for σV does not require intramembrane proteolysis of the anti-σ factor (Seki et al., 2019). One hypothesis is that glucolipids might regulate folding and function of intramembrane proteins (Matsuoka, 2018).



CELL ENVELOPE STRESS RESPONSES THAT FUNCTION THROUGH MEMBRANE PROTEINS

In addition to modulating lipid composition, CESRs also induce proteins that function in membrane protection and remodeling. In B. subtilis, these proteins include two flotillin homologs (FloA, FloT), two members of the phage shock protein family (LiaH, PspA), as well as antibiotic specific detoxification modules. The roles of these proteins in stabilizing and repairing the membrane are increasingly appreciated, although the precise mechanisms remain controversial.


Flotillins and Modulation of Membrane Fluidity

Flotillins are members of the widely conserved stomatin, prohibitin, flotillin, and HflK/C (SPFH) domain proteins. Flotillins localize to FMMs and are thought to be required for FMM function. In S. aureus, FloA colocalizes with staphyloxanthin in FMMs (Garcia-Fernandez et al., 2017; Foster, 2019). In other systems, flotillins and FMMs are associated with flagellar function and chemotaxis (Padilla-Vaca et al., 2019; Takekawa et al., 2019), type VII secretion (Mielich-Suss et al., 2017), signaling (Wagner et al., 2017), and interaction with the host during infection (Hutton et al., 2017). Ongoing efforts strive to track the mobility, oligomerization state, and interaction partners of flotillins in living cells.

Bacillus subtilis FloA and FloT are oligomeric, integral membrane proteins implicated in the formation of FMMs (Lopez and Kolter, 2010; Bach and Bramkamp, 2013; Bramkamp and Lopez, 2015; Lopez and Koch, 2017), and regulated by σW (Huang et al., 1999; Cao et al., 2002a). FloA and FloT are thought to help partition the membrane into low fluidity FMM regions that are spatially distinct from more fluid regions. A direct role for flotillins in FMM formation has been challenged, however, since B. subtilis FloA and FloT do not always colocalize, and form separated foci of ∼100 nm in diameter that appear spatially distinct from FMMs (Dempwolff et al., 2016). Counter-intuitively, flotillins appear to be required for regions of increased fluidity (RIFs), which are the counterpart to the FMMs. A lack of flotillins leads to a decrease in membrane fluidity and a concomitant reduction in activity of the MreB-directed elongasome complex that synthesizes peptidoglycan. This loss of membrane fluidity can be chemically complemented with fluidizing agents such as benzoyl alcohol (Zielinska et al., 2020).

Flotillins also functionally interact with DynA, a constitutively expressed dynamin homolog (Dempwolff et al., 2012; Dempwolff and Graumann, 2014). Dynamins are membrane-associated GTPases implicated in membrane remodeling, fusion and fission, and lipid mixing (Guo and Bramkamp, 2019). DynA may help repair damaged membrane regions, and contribute to resistance against antibiotics that bind membrane components, including nisin, bacitracin, and daptomycin (Sawant et al., 2016). Our understanding of flotillins and dynamins, and their roles in bacterial physiology is still incomplete and rapidly evolving.



Phage-Shock Proteins Protect Membrane Integrity

Cell envelope stress responses also support membrane stability through induction of PspA proteins, including two paralogs in B. subtilis: PspA an LiaH. Originally defined as part of the phage-shock protein response in Escherichia coli (Kobayashi et al., 2007; Flores-Kim and Darwin, 2016), PspA proteins comprise a conserved family including the vesicle-inducing protein in plastids (VIPP1/IM30) and mammalian ESCRT III (Thurotte et al., 2017; Liu et al., 2020). PspA proteins have a conserved N-terminal amphipathic helix required for membrane binding (McDonald et al., 2015, 2017), which seems to depend on anionic lipid content and regions with unfavorable packing geometries creating stored curvature elastic stress (McDonald et al., 2015). Structural studies reveal that VIPP1 forms oligomeric rings of various symmetries that stack together to form domes (Saur et al., 2017; Gupta et al., 2020). These rings are dynamic, and are thought to stabilize membranes during budding, tubulation, and fusion (Thurotte et al., 2017; Gutu et al., 2018; Junglas and Schneider, 2018). However, the role of these oligomeric structures has been questioned (Siebenaller et al., 2019). An alternative model suggests that these rings dissociate, and the resultant intrinsically disordered monomers interact with the membrane surface to form a protective protein “carpet” to stabilize the membrane and suppress proton leakage (Junglas et al., 2020).

Although PspA proteins are assumed to function in membrane protection and repair, their regulation differs markedly (Manganelli and Gennaro, 2017). B. subtilis PspA is regulated by σW (Wiegert et al., 2001; Cao et al., 2002a), whereas the paralog LiaH is regulated by the LiaRS TCS (Mascher et al., 2004; Jordan et al., 2006). Both paralogs localize to the membrane in response to stress and protect against membrane-damaging antibiotics (Wolf et al., 2010; Kingston et al., 2013; Dominguez-Escobar et al., 2014; Popp et al., 2020). In the case of LiaH, membrane association is mediated by interaction with the integral membrane protein LiaI (Dominguez-Escobar et al., 2014). LiaH may also protect the membrane against proton leakage during the export of proteins through the twin-arginine translocation (TAT) system (Hou et al., 2018; Bernal-Cabas et al., 2020). While the B. subtilis LiaRS regulon is rather limited in scope (Jordan et al., 2006; Wolf et al., 2010), LiaRS orthologs (e.g., S. aureus VraRS) play an important role in stress resistance in many Gram-positive pathogens, and mutations in these regulators are associated with clinical antibiotic resistance (Tran et al., 2016). In Mycobacterium tuberculosis, the PspA ortholog is also under control of the ECF σ factor σE (Datta et al., 2015), whereas E. coli pspA requires the σ54 RNAP and PspF activator (Joly et al., 2010; Flores-Kim and Darwin, 2016). A common theme in these systems is that PspA-like proteins are often regulated by a specific CESR; they can accumulate to high levels in stressed cells, and they seem to protect the membrane against disruptions that can dissipate the proton gradient (Manganelli and Gennaro, 2017).



Antibiotic Specific Detoxification Modules

Bacillus subtilis, like many soil bacteria, can synthesize a wide range of antimicrobial compounds and also encodes diverse resistance mechanisms (Stein, 2005; Caulier et al., 2019). Many antimicrobial peptides induce the B. subtilis LiaRS stress response that protects cells through induction of LiaH. Induction of σW also leads to expression of the SppA membrane-localized protease and its regulatory protein SppI, which function to clear the membrane of embedded peptides to protect against lantibiotics (Kingston et al., 2013; Henriques et al., 2020). Other antimicrobial peptides induce specific detoxification machinery, often including ABC transporters that either export the peptide antibiotic or disassemble membrane-bound peptide complexes (Staron et al., 2011; Dintner et al., 2014).

A prototype for such systems is the BceRS TCS, which regulates the bacitracin-specific induction of the BceAB ABC transporter (Radeck et al., 2016; Piepenbreier et al., 2020). Bacitracin is a peptide antibiotic made by Bacillus spp. that inhibits cell wall synthesis by binding to undecaprenyl-PP. The BceAB system appears to act in disassembly of bacitracin complexes to confer resistance (Kobras et al., 2020). In addition, BceAB interacts with the BceRS TCS to allow sensing of bacitracin (Ohki et al., 2003; Dintner et al., 2014; Fritz et al., 2015; Koh et al., 2020). The BceRS-AB system provides a first line of defense against bacitracin, with higher levels of antibiotic activating the protective responses mediated by the LiaRS and σECF regulons (Radeck et al., 2016). The detailed study of the B. subtilis bacitracin stress response has provided lessons relevant to the understanding of other antibiotic detoxification modules. Similar genetic modules, encoding both TCS and ABC transporter/sensors have been described for several other antimicrobial peptides (Revilla-Guarinos et al., 2014). Since induction can be quite specific, these systems provide a basis for antibiotic-inducible gene expression systems (Wolf and Mascher, 2016).

Bacillus subtilis also encodes and responds to many other secondary metabolites that can induce membrane stress (Caulier et al., 2019). For example, the toxic peptide YydF∗ is encoded by the yydFGHIJ operon, together with a radical-SAM epimerase (YydG), protease (YydH), and ABC transporter (YydIJ). Transposon insertions in the presumptive efflux pump lead to the upregulation of the LiaRS stress system (Butcher et al., 2007). Subsequent studies revealed that YydF is post-translationally processed to convert two L-amino acids to D-amino acids (Benjdia et al., 2017). The resulting epipeptide, YydF∗, induces LiaRS-regulated LiaH and the FloT flotillin (Popp et al., 2020). The modified YydF∗ peptide kills B. subtilis cells by dissipating the membrane potential via membrane permeabilization. The associated concomitant decrease in membrane fluidity together with increased membrane permeabilization induces liaIH (Popp et al., 2020). YydF∗ peptides are likely synthesized by a variety of Gram-positive organisms including Enterococcus, Staphylococcus, and Streptococcus spp. as well as members of the human microbiome (Benjdia et al., 2017).

Bacillus subtilis also has CESRs induced by polyketide and polyene-type antimicrobials. For example, Streptomyces spp. produce linear polyketides (linearmycins) that depolarize the membrane (Stubbendieck and Straight, 2015, 2017; Stubbendieck et al., 2018). Linearmycins strongly activate the LnrJK TCS that regulates an ABC transporter, LnrLMN (Stubbendieck and Straight, 2017; Revilla-Guarinos et al., 2020). This ABC transporter also provides resistance against other polyenes, including the anti-fungal amphotericin (Revilla-Guarinos et al., 2020).



OUTLOOK

Here we provide a brief overview of the diverse ways in which CESRs help modify and protect the membrane in response to environmental threats (Table 1). This is a rapidly evolving field, and the impact of membrane composition on cell physiology is still mysterious. We have much to learn about the synthesis and roles of minor lipids (sesquarterpenes, ether lipids, lysophospholipids). There is a growing need to reconcile current models of lipid rafts, and the role that isoprenoid lipids and flotillins play in their formation. The activities of the VIPP1/IM30/PspA family of proteins in membrane repair and protection, and in particular the specific role of different oligomeric states, are still debated. Finally, the mechanisms by which diverse CESRs sense membrane perturbations are largely unknown, although considerable progress has been made in the specific cases of the DesK sensor kinase (Abriata et al., 2017), flux-sensing by peptide detoxification modules (Koh et al., 2020), and the lysozyme-mediated induction of the σV protein (Ho and Ellermeier, 2019). The overall picture is of the cell membrane as a complex and adaptable assemblage of many different lipid and protein species that still has many secrets to reveal.
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Chlorhexidine (CHX) is an essential medicine used as a topical antiseptic in skin and oral healthcare treatments. The widespread use of CHX has increased concerns regarding the development of antiseptic resistance in Enterobacteria and its potential impact on cross-resistance to other antimicrobials. Similar to other cationic antiseptics, resistance to CHX is believed to be driven by three membrane-based mechanisms: lipid synthesis/transport, altered porin expression, and increased efflux pump activity; however, specific gene and protein alterations associated with CHX resistance remain unclear. Here, we adapted Escherichia coli K-12 BW25113 to increasing concentrations of CHX to determine what phenotypic, morphological, genomic, transcriptomic, and proteomic changes occurred. We found that CHX-adapted E. coli isolates possessed no cross-resistance to any other antimicrobials we tested. Scanning electron microscopy imaging revealed that CHX adaptation significantly altered mean cell widths and lengths. Proteomic analyses identified changes in the abundance of porin OmpF, lipid synthesis/transporter MlaA, and efflux pump MdfA. Proteomic and transcriptomic analyses identified that CHX adaptation altered E. coli transcripts and proteins controlling acid resistance (gadE, cdaR) and antimicrobial stress-inducible pathways Mar-Sox-Rob, stringent response systems. Whole genome sequencing analyses revealed that all CHX-resistant isolates had single nucleotide variants in the retrograde lipid transporter gene mlaA as well as the yghQ gene associated with lipid A transport and synthesis. CHX resistant phenotypes were reversible only when complemented with a functional copy of the mlaA gene. Our results highlight the importance of retrograde phospholipid transport and stress response systems in CHX resistance and the consequences of prolonged CHX exposure.

Keywords: chlorhexidine, retrograde phospholipid transport, disinfectant, Escherichia coli, MlaA, antiseptic resistance, multi-omics, antimicrobial resistance (AMR)


INTRODUCTION

Chlorhexidine (CHX) is a commonly used antiseptic and disinfectant in medical, dental, and veterinary practice and it is listed as an essential medicine by the World Health Organization (World Health Organization, 2019). CHX is the active antimicrobial ingredient used in a variety of clinical antiseptics (skin, oral, and eye washes) and daily use products (cosmetics and personal hygiene products), making CHX usage widespread. This antiseptic is a membrane-active bisbiguanide compound that consists of two cationic biguanidine moieties linked by a hexamethyl acyl-chain region (Nayyar, 2015). Similar to other hydrophobic cationic antiseptics, CHX kills and/or inhibits cell growth in a concentration dependent manner by disrupting cell membrane phospholipids by displacing divalent cations at the anionic cell membrane surface (Gilbert and Moore, 2005; Nayyar, 2015). Specifically, CHX acts by inserting itself in between phospholipid headgroup pairs gradually destabilizing cell membrane integrity by forming gaps in the phospholipid membrane bilayer that result in cell content leakage and death (Gilbert and Moore, 2005). Although bacterial resistance to CHX has not been convincingly shown at its working concentrations, Gram-negative bacterial resistance to CHX is becoming a growing concern. There are increasing reports of CHX-resistant Enterobacterales (Kampf, 2016, 2018; Cieplik et al., 2019), where CHX-resistant pathogens, Klebsiella spp. and Salmonella spp., have demonstrated cross-resistance to antibiotics, most notably the last-line polymyxin antibiotic colistin (Wand et al., 2017; Hashemi et al., 2019; Verspecht et al., 2019). Increasing resistance as well as possible antibiotic cross-resistance is very concerning given CHX’s clinical importance as a medical antiseptic and, in some cases, as a last-line debridement treatment (Brookes et al., 2020). This highlights an important knowledge gap to address regarding how intrinsic CHX mechanisms of resistance develop, especially among antimicrobial resistant species deemed to be critical priority pathogens. Unfortunately, there are no clinically defined CHX breakpoint concentrations to distinguish resistant from susceptible CHX concentrations according to the Clinical Laboratory Standards Institute (CLSI1) or European Committee on Antimicrobial Susceptibility Testing (EUCAST2). Despite the absence of defined CHX breakpoints, we will refer to reduced CHX susceptibility as “resistant” rather than “tolerant” herein based on minimum inhibitory concentration values defined for antiseptics and antibiotics (Cerf et al., 2010; Brauner et al., 2016).

Previous studies have attempted to identify CHX-resistance’s mechanisms of action using clinical isolates (Condell et al., 2012; Naparstek et al., 2012; Fernández-Cuenca et al., 2015; Vali et al., 2015) or laboratory adapted bacteria/isolates that were gradually exposed to increasing concentrations of CHX over numerous sub-cultures (Braoudaki and Hilton, 2004; Wand et al., 2017; Verspecht et al., 2019). These approaches have identified the involvement of intrinsically expressed or acquired efflux pumps, such as KpnEF (Abuzaid et al., 2012), CepA (Fang et al., 2002), SmvA (Wand et al., 2017), and AceI (Hassan et al., 2015) as CHX resistance mechanisms. However, based on the membrane disruptive mechanism of action by CHX and its frequent co-association with colistin resistance, there may be other overlapping membrane-specific mechanisms contributing to intrinsic CHX resistance such as lipopolysaccharide (LPS) transcriptional regulators PmrD and PhoPQ as previously identified (Wand et al., 2017). With respect to known colistin resistance mechanisms, many of these regulators are known contributors of LPS alterations that promote colistin resistance (Olaitan et al., 2014).

In this study, we performed an in-depth phenotypic and molecular analysis to identify intrinsic CHX resistance mechanisms using Escherichia coli K-12 BW25113 adapted to CHX. We selected this antimicrobial susceptible strain based on its well-established collection of single gene deletions known as the Keio collection (Baba et al., 2006) and gene clone ASKA library collection (Kitagawa et al., 2005). In our study, we gradually adapted E. coli BW25113 to CHX over 20 subcultures. We characterized these CHX-adapted E. coli isolates for their phenotypic alterations using antimicrobial susceptibility testing (AST) methods to determine antimicrobial cross-resistance, changes in fitness using optical growth curve experiments, scanning electron microscopy (SEM) to identify any cell morphology changes, and a recently published membrane integrity assay to detect membrane alterations. We also conducted in-depth multi-omics analyses of these isolates using whole genome sequencing (WGS), liquid chromatography tandem mass spectrometry (LC-MS/MS) proteomics techniques, and RNA-seq transcriptomic analyses. This combined “omics” approach identified single nucleotide variants (SNVs) in genes in CHX-adapted isolates as well as their associated proteomic and transcript alterations caused by prolonged CHX exposure. Genes with SNVs identified from this analysis potentially contributing to CHX resistance were also examined for their ability to phenotypically complement CHX-adapted and un-adapted isolates using ASKA plasmid library gene clones and in-frame single gene deletions in BW25113. This in-depth multi-omics study revealed the involvement of the outer membrane lipoprotein MlaA, which is a component of the retrograde phospholipid transport Mla system, that serves as an intrinsic CHX resistance contributor. We also identified alterations of other stress response pathways often involving acid regulation. Our analyses show that phospholipid removal is an important mechanism contributing to CHX resistance.



RESULTS


Gradual Adaptation of E. coli Isolates to Increasing CHX Concentrations Resulted in CHX-Resistant Isolates That Showed No Cross-Resistance to Any Other Antimicrobials Tested

To initiate this study, we first performed a CHX-adaptation experiment of E. coli K-12 BW25113 using the gradual antiseptic adaptation approach described in a previous study (Bore et al., 2007). As described in this method, we repeatedly sub-cultured BW25113 (in biological triplicate) in Luria-Bertani (LB) broth containing gradually increasing concentrations of CHX-, starting at a sub-inhibitory CHX concentration 0.4 μg/mL, and the cultures that had most turbid growth were sub-cultured repeatedly into fresh media with increasing stepwise CHX concentrations (Supplementary Table 1). After 20 sub-cultures (20 days) with increasing CHX concentrations, we generated three gradually adapted CHX-resistant isolates (CHXR1-3) capable of growing in the presence of 2.4 μg/mL CHX, which was above the minimum inhibitory concentration (MIC) value for the susceptible un-adapted wild-type BW25113 control (WT; Table 1). Using the broth microdilution AST method, we determined the MIC values of each CHX-resistant isolate to CHX as well as its susceptibility to other representative antimicrobials (Table 2). AST results demonstrated that all three CHX-resistant isolates were only resistant to CHX at 2- to 4-fold higher concentrations when compared to the un-adapted WT (Table 2). Surprisingly, all three CHX-adapted isolates had no increase in resistance to the bisbiguanide antiseptic alexidine (ALX), indicating that our adaptation of E. coli to CHX was highly selective and did not confer cross-resistance to another commonly used bisbiguanide antiseptic. CHX-adapted isolates were susceptible to all quaternary ammonium compound (QAC) cationic antiseptics we tested based on their MIC values, as well as to all other antibiotics, including colistin (Table 2). It is notable that CHX-adapted isolates were more susceptible to QACs cetyldimethylethylammonium bromide (CDAB) and cetytrimethylammonium bromide (CTAB) and to the aminoglycoside antibiotic tobramycin when compared to the WT (Table 2). Together, our MIC data indicates that the CHX-adapted E. coli we generated had no significant antiseptic cross-resistance or antibiotic cross-resistance in this study. This AST result outcome permitted us to study these isolates in more depth to determine CHX-resistant phenotypes only.


TABLE 1. Bacterial E. coli strains and plasmids used or generated in this study.
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TABLE 2. A summary of AST MIC values using broth microdilution for each CHX-adapted E. coli isolate in this study.
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CHX-Adapted E. coli Isolates Are Phenotypically Stable and Reach Higher Final ODs in LB, DG, and M9 Media

We examined all three CHX-resistant isolates for their CHX phenotypic stability to determine how long these isolates maintained CHX resistance after repeated growth without CHX exposure. This experiment has been performed in previous gradual antiseptic laboratory-based adaptation studies (Gadea et al., 2016, 2017) and verified that CHX phenotypes are stable prior to our multi-omics analyses. To confirm that each CHX-adapted isolate had a stable CHX-resistant phenotype, we sub-cultured each isolate in LB broth without CHX over a 10-day experiment, where we performed CHX AST daily to determine any MIC value changes (Table 3). This CHX phenotype stability testing outcome indicated that there was no significant change in MIC values over the course of 9 days for all three CHXR isolates (Table 3). However, CHXR2 and CHXR3 did show a 2-fold reduction in MIC values on day 10 when compared to MIC values from Days 1–9 (Table 3), though these isolates were still 2-fold more resistant to CHX than the WT. CHXR1 showed the greatest CHX phenotypic stability without CHX selection over the 10-day period, where it occasionally showed higher resistance to CHX (Days 3, 4, and 9; Table 3), suggesting CHX resistance fluctuated within a 2-fold range. Based on this outcome, we selected CHXR1 isolates for further in-depth proteomic and transcriptomic analyses as discussed in further sections.


TABLE 3. A summary of MIC values determined for each CHX-adapted isolate after 1–10 days of growth without CHX selection in LB growth medium.
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The growth phenotypes of each CHX-adapted isolate were also compared to the un-adapted WT using broth optical density (600 nm) growth curve experiments. We compared CHX-adapted isolate growth in various rich media, LB, LB + 0.4% w/v glucose (LB + Glc), Mueller Hinton broth (MHB), and tryptic soy broth (TSB) as well as minimal media, minimal 9 salts (M9), and Davis Glucose (DG). All growth experiments were performed with and without added CHX (at a final 0.4 μg/mL concentration) over a 24 h period at 37°C. Growth curve results helped assess if there were any significant growth delays or reductions for CHXR isolates in specific media and used to identify any changes in the overall fitness of the isolates from lag to stationary phase. To verify final OD values, final colony-forming units/mL (CFU/mL) were determined for diluted (10–6 and 10–7) 24 h cultures from plated LB agar colonies grown at 37°C. When CHX-adapted isolates were grown without CHX selection in various rich media their final OD600 nm values were significantly differed from the WT growth over 24 h in LB, MHB, and TSB (P-values of < 0.05) but not LB + Glc (Figures 1A–D, Supplementary Figure 1, and Supplementary Table 2) and grew similar to or slower than WT by 11.6–22.8% differences (Supplementary Table 3). In LB medium, independent of CHX, CHXR isolates reached significantly higher stationary phase OD600 nm values after 5 h, ranging from 1.21 OD600nm (±0.07 units error) to 1.37 OD600 nm (±0.12 units error) than the WT (1.09 ± 0.03 to 1.11 ± 0.09; P-values < 0.05) and corresponded to higher CHXR CFU/mL counts (Supplementary Table 3). CHXR isolate growth in all rich media with CHX selection identified significant changes in final OD600 nm values and CFU/mL cell counts when compared to WT under the same conditions in LB, LB + Glc, and MHB (P-values < 0.05) but not TSB (Figures 1A–D, Supplementary Figure 1, and Supplementary Table 2, 3). In rich media with CHX selection, CHXR isolates had similar or slower growth doubling times (6.5–24.1% differences) than the WT (Supplementary Table 3). As LB was the medium used to gradually adapt all E. coli isolates to CHX for this study, these growth differences may reflect the isolate’s adaptation not only to CHX but also the LB medium components specific to LB formulations.
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FIGURE 1. Growth curves of WT and CHXR isolates in rich and minimal media with and without CHX selection. In all panels, growth curves were measured from optical density values at 600 nm (OD600 nm) in 96-well microtiter plates incubated at 37°C with shaking over 24 h. Averaged values from CHXR1-3 isolates and WT measured in biological triplicate are plotted in each panel, and error bars highlight standard deviation of OD600 nm values at each timepoint. In all panels, CHXR isolates are plotted as blue shaded diamonds and WT as circles, where solid filled symbols indicate samples grown in the presence of 0.4 μm/mL CHX final concentration and unfilled symbols indicate media growth without CHX selection. Media with and without CHX addition used to measure the growth of each isolate/strain is shown in each panel: (A) LB, (B) MHB, (C) TSB, (D) LB + 0.4% w/v glucose (LB + Glc), (E) DG, and (F) M9.


Growth curves in either minimal media (DG and M9) we tested, showed lower maximum final OD600 nm values for all CHXR and WT isolates as compared to their growth in rich media after 12 h (CHXR; 0.61–0.75 OD600 nm, WT; 0.52–0.58 OD600 nm), indicating that growth in defined media for all CHXR isolates and WT was reduced (Figures 1E,F, Supplementary Figure 2, and Supplementary Table 3). In minimal media without CHX, final OD600 nm values and CFU/mL values for CHXR isolates compared to WT were only statistically different in M9 (P-value < 0.05) but not in DG medium (Figures 1E,F, Supplementary Figure 2, and Supplementary Tables 2, 3) suggesting these different defined media formulations influenced CHXR growth rates. In M9 without CHX, CHXR isolates had a mean doubling time that was 33.6% slower than WT but in the presence of CHX, CHXR isolates grew 17.0% faster than WT, indicating that CHX enhances CHXR growth rates (Supplementary Table 3). In DG without CHX addition, CHXR isolates grew faster than WT by 27.2% and in the presence of CHX, CHXR isolates had a mean doubling time that was 9.3% faster than WT (Supplementary Table 3). This shows that CHXR growth rates were faster in minimal media with CHX in contrast to the generally slower CHXR isolate growth rates in rich media. In minimal medium without CHX, CHXR isolates had a slightly longer lag phase of 1 h when compared to CHXR grown in the presence of CHX (Figure 1E and Supplementary Figure 2), however, when we compared final OD600 nm and CFU/mL values from CHXR growth curves with and without added CHX, neither was statistically different (Supplementary Tables 2, 3). These findings suggest that prolonged adaptation to CHX measurably alters their growth fitness, where CHXR isolates grew slower than the un-adapted WT in nearly all rich media with and without CHX, whereas when CHX is added to either minimal medium tested, CHXR isolate growth rate was faster than the WT (Figure 1, Supplementary Figures 1, 2, and Supplementary Tables 2, 3). Growth curve findings for specific media conditions (LB + Glc, DG, and M9) also demonstrated that CHXR isolates were capable of growing to higher final OD600 nm values and CFU/mL than WT, suggesting some growth conditions maintained or enhanced CHXR isolate fitness.



CHX-Adapted E. coli Isolates Have Altered Cell Morphologies, Where Cells Are Shorter and Narrower Than WT and Have More Permeable Membranes Than WT

Our final phenotypic analysis of each CHX-adapted isolate sought to identify if there were any significant alterations in cell morphology with the use of SEM and a novel membrane integrity assay that we had previously published. With SEM imagery, we assessed CHX-adapted isolates grown to mid-log phase and compared them to mid-log WT cell preparations as shown in Figures 2A–D. Based on a visual assessment, all CHX-adapted isolate’s cell surface morphology appeared to be similar to the un-adapted WT, where all cells had the characteristic bacilliform shape (Figures 2A–D). A blinded cell image analysis with ImageJ (Abràmoff et al., 2007) was used determine the mean lengths and widths of 200 cells from two biological replicates of each CHXR and WT cell preparations (Figures 2E,F and Supplementary Figure 3). The analysis revealed that CHXR2 and CHXR3 isolates were significantly (P < 0.001) shorter in length than WT cells (WT; 1.82 ± 0.06 μm, CHXR2; 1.75 ± 0.35 μm, CHXR3; 1.42 ± 0.29 μm, Figure 2E and Supplementary Figure 3) and all three CHX-adapted isolates were significantly (P < 0.001) narrower in width (CHXR1; 0.68 ± 0.09 μm, CHXR2; 0.69 ± 0.09 μm, CHXR3; 0.71 ± 0.06 μm) than the WT (0.88 ± 0.08 μm) on average (Figure 2F and Supplementary Figure 3). These findings show that CHX adaptation alters cell morphology, by narrowing cell widths overall and in 2/3 isolates, reducing average cell length.


[image: image]

FIGURE 2. Scanning electron microscopy (SEM) images of CHXR isolates and a summary of measured CHXR cell lengths and widths. (A–D) Show representative 5,000X magnification SEM images of WT (A), CHXR1 (B), CHXR2 (C), and CHXR3 (D) cells. Bars shown in each panel indicate a 5 μm length as a size reference. (E,F) Indicate a summary cell lengths (E) and widths (F) in μm of 200 cells (n = 200) and are shown as plotted symbols. Each CHXR isolate or WT was measured from five SEM images collected from each biological replicate using ImageJ software v1.8.0 measurement tools. Bar plots overlaid on measured cells indicates the maximum, median, and minimum interquartile ranges of the cell measurement datasets and asterisks (****) indicate significant differences between the WT and each CHXR isolate median values at P-values < 0.0001.


To verify if CHXR isolate membranes were significantly altered from the WT, we examined membrane permeation differences using the membrane impermeant fluorescent dye (propidium iodide). This dye increases in fluorescent emission (at 620 nm) when bound to DNA/RNA and was used to indirectly compare the membrane integrity differences of CHXR1 and WT cells. This commonly used dye is applied to measure dead bacterial cells (Stiefel et al., 2015), and we recently showed it can be used to discriminate the membrane integrity differences between antiseptic-resistant and susceptible Enterobacterial isolates (Gregorchuk et al., 2020). We monitored the relative fluorescent emission unit (RFUs) values of live and heat-treated CHXR isolates and WT cells exposed to the same concentration of dye in buffer after 30-min of exposure. We expected heat-treated (dead) cells would have the highest dye RFUs, as compared to live cells, and live cells with higher cell permeability should correspond to greater dye penetration due to more permeable cell membranes as we verified in Supplementary Figure 4A. A comparison of live mid-log CHXR1 to WT cell preparations showed significantly higher dye RFUs after 30-min for CHXR isolates (2.2-fold increase; mean RFU = 565 ± 248 error, n = 9) as compared to WT cells (mean RFU = 252 ± 122 error, n = 9; Supplementary Figure 4B). These findings show that CHXR cell membranes are more CHX-permeant than WT and suggests that CHX adaptation alters the E. coli membrane from WT, in agreement with our SEM images. Together, our SEM and 30-min impermeant fluorescent dye RFU analyses confirm that CHX adaptation of E. coli BW25113 causes phenotypic alterations that can be detected by visual as well as fluorescent techniques.



Proteomic Analysis of CHX-Adapted E. coli Identifies Alterations of Acid Resistance and Stress Response Systems and a Lack of MlaA Protein

To identify any alterations in protein presence and abundance between CHXR isolates and WT, we performed proteomic analysis on CHXR1 and WT. We specifically focused on CHXR1 for proteomic analysis due to its greater phenotypic CHX-resistant stability and its higher resistance to CHX (Tables 2, 3). A comparison of CHXR1 and WT whole cell extracted proteomes to cytoplasmic extracted proteomes was conducted using nano LC-MS/MS to determine the relative abundances of soluble and membrane proteins that were altered in the CHXR1 isolate (Supplementary Tables 4, 5). From this analysis, we identified a total of 1904 whole cell (WC) extracted proteins and 2307 cytoplasmic (CY) CHXR1 proteins, of which only 24 WC and 17 CY proteins were noted to significantly differ in abundance or detection when compared to the WT (Figure 3 and Supplementary Tables 4, 5).
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FIGURE 3. A network diagram summary of significantly identified proteins determined from the CHXR1 isolate and WT proteomic analyses. The network diagram was generated using Cytoscape v3.7.2 (Shannon et al., 2003) using the StringApp v1.5.0 software package (Doncheva et al., 2019). As summarized in the panel legend, significantly altered protein abundances are represented as circles with protein names and indicate proteins that differed between WT and CHXR1 in both the WC and CY proteomes. The size of the protein circles represents the degree of fold change from the WT proteome, where white filled circles represent CHXR1 proteins with increased abundance and black filled circles represent CHXR1 proteins with decreased abundance. Gray filled squares and diamonds represent WT and CHXR1 proteins respectively, that were not detected in the opposite (WT or CHXR1) proteome. Known regulatory systems influencing protein accumulation are outlined by color according to the bottom panel legend.


Few significantly altered relative protein abundance differences were observed between CHXR1 and WT proteomes (shown as circles in Figure 3), where only two proteins, CadA and NfsA, were differentially accumulated in both the WC and CY extracted proteomes. Lysine decarboxylase (CadA), part of the lysine-dependent organic acid resistance system (Kanjee and Houry, 2013), was decreased in abundance (3.8-fold reduction) in both CHXR1 proteomes as compared to WT. GadE, a central transcriptional activator of glutamic acid decarboxylase (GAD) system that maintains pH homeostasis and regulates multidrug efflux pump MdtEF expression (Ma et al., 2003; Hommais et al., 2004), showed increased (4.6-fold) abundance in the CHXR1 WC proteome (Figure 3). Since CHX is cationic at lower acidity, it was not surprising to see upregulation of pH homeostasis systems in the CHX-adapted proteome. NfsA had significantly increased (2.0-fold) in abundance in the CHXR1 WC and CY proteomes as well as NfsB (1.8-fold) in the WC proteome (Figure 3). NfsA is an NADPH-dependent nitroreductase that catalyzes the reduction of nitrocompounds and is frequently upregulated in E. coli exposed to QACs, paraquat, and nitrofuran antimicrobials (Zenno et al., 1996; Whiteway et al., 1998). The increased abundance of NfsA and NfsB in the CHXR1 proteome suggests that this nitrogen reductive pathway may help counteract exposure to toxic nitrogen rich compounds like CHX. Besides NfsAB, many other proteins with altered in abundance between the CHXR and WT were noted to be regulated by stress inducible pathways associated with antimicrobial resistance, such as the Mar-Sox-Rob regulon (Chubiz et al., 2012), the stringent response (Strugeon et al., 2016), and the fumarate and nitrate reduction (FNR) pathways (Kurabayashi et al., 2017). Lon protein, an ATP-dependent protease that degrades misfolded proteins involved in transient multidrug resistance, particularly MarA, SoxS, and GadE (Heuveling et al., 2008; Nicoloff and Andersson, 2013) was significantly reduced (5.3-fold) in abundance in the CHXR1 CY proteomes only (Figure 3). The reduction of Lon in CHXR1 is expected if prolonged activation of the Mar-Sox-Rob and organic acid resistance systems are induced by acidic CHX exposure.

Lastly, nearly half of all proteins we identified in WC and CY proteomes shown in Figure 3 were detectable in either CHXR1 or WT samples (gray filled proteins). Although we cannot compare the relative abundances of these proteins, their detection in the CHX-adapted isolate or WT only were important to note. There was a noticeable absence of MlaA detection in both CHXR1 proteomes (Figure 3), we expected this outcome based on our WGS SNV findings of mlaA (Table 4). We also detected MdfA in the in the CHXR1 WC proteome (Figure 3); MdfA is an alkali-resistant chloramphenicol selective multidrug efflux pump belonging to the Major Facilitator Superfamily (MFS) (Edgar and Bibi, 1997; Bohn and Bouloc, 1998). Altered detection of this MFS alkali-resistant efflux pump in CHXR1 suggests upregulated expression of this efflux pump, possibly contributing to CHX-resistance. BasS, also known as PmrB, was detectable only in CHXR1 WC proteomes and is the sensor histidine kinase of the BasSR two-component system that regulates the expression of the arnBCADTEF operon which modifies LPS and is often detected in colistin resistant species (Olaitan et al., 2014). Additionally, lipid A biosynthesis enzyme, lauroyl acyltransferase (LpxL) was only detected in the CY proteome of CHXR1, suggesting that LPS biosynthesis may be altered in the CHX-adapted isolate.


TABLE 4. A summary of repetitive coding and non-coding SNVs identified from CHX-adapted genomes sequenced in this study.
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Overall, CHX-adaptation resulted in the significant alteration of a small collection of proteins pivotal in acid resistance, prolonged antimicrobial stress, as well as LPS biosynthesis and transport highlighting many new and previously identified proteins involved in antimicrobial resistance that overlap with CHX-resistance.



Transcriptomic Analysis of CHX-Adapted Isolates Identifies Reductions in mlaA and Upregulation of Acid Regulated Genes

To determine if any CHX-adaptation resulted in any gene expression changes in addition to the proteomic changes we observed, RNA-seq transcriptome analyses was performed on mid-log cultures of CHXR1 and WT under the same growth conditions used for proteomic analyses. A total of 4490 genes had altered gene expression as detected by RNA-seq analysis, where only 505 were significantly up- or down-regulated in CHXR1 and WT transcripts (Supplementary Table 6). In an effort to identify significantly altered transcripts from other omics analyses performed herein (proteomic and genomic), we generated a summary heatmap of these differentially expressed gene from CHXR1 and WT (Figure 4). This analysis identified that 11 CHXR1 transcripts up or down regulated from RNA-seq were also similarly altered in protein abundance (bolded genes; Figure 4). Notably, up-regulated efflux pump mdfA and down-regulated porin ompF transcripts in CHXR1 (Figure 4), had similar accumulation differences in their translated CHXR1 proteins when compared to WT proteomes (Figure 3). In CHXR1 transcriptomes, efflux pump emrAB was up-regulated 2-fold, whereas only three additional porins ompX (3.1-fold up-regulated), ompA (2.2-fold upregulated) and ompT (4.3-fold down-regulated) exhibited altered expression in CHXR1 when compared to WT (Figure 4). Acid resistance and pH regulatory genes cadA and gadE previously identified as having altered protein accumulation also demonstrated similar alterations in transcript levels in CHXR1 transcriptomes (Figure 4). Up-regulation of gadE transcripts (8.1-fold from WT) and other GAD system transcriptional regulators gadX (4-fold), and gadW (2-fold) were detected in CHXR1 when compared to the WT transcriptome (Figure 4). Altered expression of GAD regulated genes were also noted and included mdtEF, gadABC, cadA, hdeABD, and ydeN (Mates et al., 2007) when compared to the WT transcriptome (Figure 4); YdeN is important to note as it was also down-regulated in CHXR1 proteomes (Figure 3). This suggests that gadE and the GAD system regulon may play a role in E. coli CHX resistance.
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FIGURE 4. A heatmap diagram of significantly altered gene transcripts of CHXR1 and WT E. coli for RNA-seq transcriptional analysis. The heatmap shown to the left of the gene names listed indicates scaled median gene expression values of CHXR1 and WT, where red to orange colors indicate genes that were up-regulated and blue to dark blue colors indicate down-regulated transcripts of CHXR1 to WT. Heat mapped expression data represents median gene expression values from three biological replicates (n = 3) of WT and CHXR1 isolates. Colored charts on the right-hand grid beside each y-axis gene name indicate whether or not the listed gene is regulated by the mar-sox-rob regulon (Mar; red), GadE/W/X (Gad; blue), fumarate and nitrate reductase regulon (FNR; purple), stringent response system (ppGpp; green), carbohydrate diacid regulator CdaR (light blue), and cyclic AMP-CRP regulon (CRP; yellow). Gene names in red font indicate genes that possessed SNVs (Figure 5B and Table 4) and genes with bolded font indicate translated protein products that were significantly altered in abundance based on proteomic analyses (Figure 3).


Altered expression of genes in CHXR1 that were genetically altered by SNVs based on WGS were identified for mlaA and the carbohydrate diacid regulator cdaR (Table 4). Reduced transcript levels of outer membrane lipoprotein mlaA (6.4-fold reduction) was identified in CHXR1 and this finding also corresponds with proteomic data where MlaA protein was only detectable in WT CY proteomes only, highlighting its consistent absence in CHXR isolates. The carbohydrate diacid regulator cdaR, which had a single frame shift mutation in cdaR in the CHXR1 genome, was also significantly down-regulated (6-fold) in the CHXR1 transcriptome (Figure 4 and Supplementary Table 6). Many of the genes regulated by cdaR, such as D-glucarate degrading enzymes gudDPX and D-galactarate degrading enzymes garDKPLR (Monterrubio et al., 2000), were noticeably down-regulated in CHXR1 as well (Figure 4 and Supplementary Table 6), suggesting that the reduction of each carbohydrate degrading enzyme pathway may increase these osmolytes and contribute to CHXR1 resistance.

Lastly, antimicrobial stress inducible genes rob and soxS were down-regulated 3 to 4-fold in CHXR1 (Figure 4). rob and soxS are part of the multiple antibiotic resistance mar-sox-rob regulon that directly regulates efflux pumps (acrAB-tolC) and indirectly ompF porin transcription (via micF) (Chubiz and Rao, 2011), however, we only detected significant ompF down-regulation in CHXR1 (Figure 4 and Supplementary Table 6). Altogether, this indicates that antimicrobial, and pH/acid inducible stress systems are significantly altered in CHX-adapted E. coli, in addition to genes corresponding to antiseptic resistance mechanisms (i.e., efflux pump, LPS modifiers, and porins).



WGS of CHX-Adapted E. coli Isolates Identifies Repetitive Deleterious SNVs in mlaA Gene in All Three Isolates

To discern the genetic consequences of CHX-adaptation, we performed WGS analysis at 30X coverage on each CHX-adapted isolate (CHXR1-3) and compared them to sequenced WT as summarized in Supplementary Tables 7, 8. Findings from this analysis identified relatively few SNVs among each CHXR isolate (47–74 SNVs total), indicating that prolonged CHX-exposure did not generate numerous SNVs in this E. coli strain (Figure 5A and Supplementary Table 8). Maximum Likelihood phylogenetic analyses of the sequenced genomes showed that all CHX-adapted isolates grouped together and separately from the WT sequence, where CHXR1 and CHXR3 grouped more closely together than CHXR2 but at lower bootstrap confidence values (60/100; Figure 5A). After comparing CHXR genomic sequences to the sequenced WT reference we identified SNVs in a number of coding and non-coding regions as summarized in Supplementary Table 8. However, very few of these SNVs were repeatedly identified in the same gene(s) amongst all three CHXR isolates as summarized in Figure 5B and Table 4. As shown in the Venn diagram SNV summary of Figure 5B only a single gene mlaA (also known as vacJ), encoding for an outer membrane lipoprotein and component of the Mla retrograde phospshoplipid transport system, was repeatedly identified in all three CHXR isolates. In each CHXR isolate, the mlaA gene possessed deleterious SNVs that either truncated the gene, resulting in reading frameshifts (CHXR2-3) or eliminated its start codon (CHXR1) as noted in Table 4. Several SNVs were also repeatedly identified in 2/3 CHXR isolates, specifically, in yghQ a putative multidrug/oligosaccharidyl-lipid/polysaccharide (MOP) flippase superfamily transporter (Saier et al., 2016) and a pseudogene yhiS (yhiS-1, yhiS-2) which is disrupted by an insertion element and encodes for an as yet uncharacterized protein (Figure 5B and Table 4).
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FIGURE 5. Phylogenetic analysis of CHXR isolate genomes and a Venn diagram summary of coding and non-coding SNVs identified in each CHXR isolate. (A) A Maximum Likelihood dendrogram of aligned WGS WT and CHXR1-3 sequences, where bootstrap confidence values are indicated at each node. Total SNVs identified from genomic comparisons of each CHXR isolate to the WT is indicated on the right-hand side of the dendrogram. (B) A Venn diagram summary highlighting SNVs identified in the coding genes and non-coding upstream regions of genes (underlined) identified from CHXR isolates by WGS. The gene names shown in the diagram are color-coded according to their functional association as shown in the panel legend.


Our analysis of non-coding SNVs in repetitively occurring regions of the CHX-adapted isolates primarily focused on upstream genetic regions for their potential to disrupt coding sequence expression/regulation (Table 4). In all three CHXR isolates, there was only one set of repetitively identified non-coding SNVs in the upstream of fimE, which is a transcriptional regulator of the type 1 fimbrial gene fimA. FimE is a recombinase that controls the “ON-OFF” fim-switch (fimS) that regulates transcription of the type 1 fimbrial operon referred to as phase-variation (Kulasekara and Blomfield, 1999). In CHXR1 transcriptomes, fimE was down-regulated by 3.6-fold but no significant changes in any other fim operon gene expression was identified (Figure 4 and Supplementary Table 6). More in-depth analysis of the fimS region from WGS contigs revealed that all three CHXR possessed SNVs and indel alterations of the fimS resembling a hybrid ON-OFF promoter sequence (Supplementary Figure 5), which may explain why fimE expression was reduced in CHXR1 when compared to WT. The only other repetitively identified non-coding SNV region was in the upstream region of insH1 in CHXR2-3 isolates. InsH1 is a transposase and transcriptional trans-activator of the insertion sequence element IS5 and it is a stress inducible gene within the cryptic prophage (CP) 4–6 in E. coli K-12 (Schnetz and Rak, 1992). Transcripts of insH1 were not shown to significantly differ between CHXR1 and WT transcriptomes (Supplementary Table 6). Lastly, it is worth noting that the upstream region of mlaA in the CHXR1 isolate had numerous nucleotide sequence substitutions and transversions that altered the putative –35 and –10 regions of the mlaA promoter (Supplementary Table 8). When this finding is combined with coding SNV data showing the start codon of mlaA is altered in CHXR1, all three CHXR isolates are expected to have non-functional mla genes. In summary, WGS revealed that relatively few genes were repetitively altered in all CHX-adapted and suggests the involvement of mlaA and fimE in all CHXR isolates.



Complementation of CHXR Isolates With mlaA Reverts the CHX-Resistant Phenotype to WT

Our final aim sought to identify which genes that were confidently and repeatedly identified in our multi-omics analyses of CHX-adapted isolates, specifically contributed to overall CHX-resistance mechanisms. Using the E. coli ASKA plasmid clone library we transformed plasmids with cloned genes for marR, mlaA, yghQ, yhiS, fimE, gadE, and cdaR (Table 1), into each CHXR isolate and the WT strain to determine if there were any significant changes in CHX susceptibility using broth microdilution AST methods as previously described. The results from all plasmid complementations revealed that only CHXR isolates transformed with pMlaA showed significant 4-fold reductions in CHX MIC values as compared to the parental vector pCA24N (Figure 6A and Table 5). Complementation of the WT strain with these plasmids also demonstrated a significant reduction in CHX MIC values for pMlaA only (Figure 6B and Table 5). No changes in CHXR1-3 transformant CHX MIC values were determined for pYghQ, pFimE, or pMarR indicating that mlaA primarily influences the CHX-resistant phenotype (Table 5). It is important to note that transformation of WT with pFimE resulted in a 2-fold increase in CHX MIC when compared to the parental vector but no changes in CHX MIC were observed in any CHXR isolate transformed with pFimE (Table 5), indicating that FimE had no impact on CHX-resistant phenotypes. Additionally, only pCdaR CHXR1 transformants showed 2-fold CHX MIC reduction as compared to the parental vector (Table 5). Since CHXR1 was the only isolate to have cdaR mutations, the partial complementation of a functional cdaR gene suggests this carbohydrate diacid regulator may also contribute to CHX resistance mechanisms. However, cdaR likely is most effective in combination with ΔmlaA deletions based on the lack of CHX MIC values difference from the WT in ΔcdaR strain (Table 5).
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FIGURE 6. A summary of broth microdilution AST OD600 nm values for CHXR and WT pCA24N and pMlaA transformants after 18 h of growth at 37°C. (A) pCA24N, and pMlaA transformed CHXR1-3 isolates OD600 nm values after 18 h of growth at 37°C at increasing CHX concentrations. The results of CHXR1-3 isolate OD600 nm values are shown as a plotted average and error bars indicate standard deviation. (B) pCA24N, and pMlaA transformed WT (BW25113) isolates OD600 nm values after 18 h of growth at 37°C at increasing CHX concentrations with chloramphenicol selection. Untransformed CHXR1-3 isolate (A) or WT (B) OD600 nm values are shown in each panel as a negative control reference and were grown in the absence of chloramphenicol. All transformant AST OD600 nm values were measured in biological triplicate.



TABLE 5. A summary of CHX MIC values from AST of plasmid transformed WT, CHXR isolates, and E. coli K-12 single gene deletions.
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Antimicrobial susceptibility testing of E. coli K-12 BW25113 Keio collection strains containing single gene deletions the same complemented genes listed above, revealed that only the deletion of ΔmlaA (JW2343-KC), ΔyghQ (JW5490-KC), and ΔgadE (JW3480-KC) increased CHX MIC values by 2-fold from the WT (Table 5). This suggests that the loss of mlaA in E. coli, as well as the individual deletion of putative polysaccharide exporter yghQ or the GAD transcriptional regulator gadE can also confer modest CHX-resistance enhancements based on MIC values. Growth curve analysis of ΔmlaA and WT showed no statistically significant differences in growth rate in all media tested (Supplementary Figure 6 and Supplementary Table 3). However, similar to CHXR isolate growth curves, ΔmlaA also had significantly higher final OD600nm values than WT (by 20–29%) in all media tested (LB, MHB, and DG) with and without added CHX (Supplementary Figure 6). These findings confirm that pMlaA complementation and mlaA over-expression in CHXR and WT strains is detrimental for CHX resistance and in fact even increases WT cell susceptibility to CHX. Our results also identify additional E. coli genes (yghQ, fimE, gadE, and cdaR) that when altered, may additively contribute toward CHX-resistant phenotypes and serve as additional CHX biomarkers with mlaA.




DISCUSSION

The findings from this phenotypic and multi-omics study of CHX-adapted E. coli isolates have revealed the importance of MlaA in intrinsic CHX resistance. Outer membrane lipoprotein MlaA forms a complex with outer membrane porins OmpF and OmpC (Chong et al., 2015), and serves as the outer membrane component linking the remaining MlaFEDBC system components in the plasma membrane and periplasm to the outer membrane. The Mla system, referred to as the maintenance of outer membrane lipid asymmetry in Gram-negative species, functions as a retrograde phospholipid transport system. This system removes phospholipids from the outer membrane back into the plasma membrane in an ATP-dependent process (Ekiert et al., 2017). Retrograde phospholipid trafficking helps maintain LPS enrichment in the outer leaflet of the outer membrane and assists in cellular phospholipid recycling. In our study of CHX-adapted E. coli isolates, we observed deleterious SNVs in a single gene, mlaA amongst all three CHXR isolates indicating its involvement in CHX resistance (Figure 5B and Table 4). This suggests that intrinsic CHX resistance by E. coli and potentially other Gram-negative species is enhanced when the retrograde phospholipid Mla transport system is inactivated and may be an important contributor to CHX resistance mechanisms. Since CHX acts by forming gaps between paired lipids, we speculate that CHX may be brought along with its paired lipids as they are returned back to the plasma membrane by the Mla system, this may also identify a route of entry of CHX into the cell. When the MlaA is absent, as we observed in our CHX-adapted isolates, CHX entry and potentially its membrane disruptive mechanisms of action are prevented.

Our findings related to MlaA and CHX-resistance herein appear to be novel, however, other Mla system components have been previously identified as antimicrobial resistant contributors in various proteobacterial studies (Bernier et al., 2018; Elliott et al., 2020). MlaC, a periplasmic spanning protein component of the Mla system was previously shown to confer resistance to antimicrobial peptide arenicin-3 in uropathogenic strains of E. coli (Elliott et al., 2020). MlaC was also shown to participate in the intrinsic resistance of Burkholderia cepacia complex species, where mutants were more susceptible to Gram-positive selective antibiotics (macrolides, rifampin) as well as fluoroquinolones and tetracyclines (Bernier et al., 2018). In our study, CHXR isolates were more susceptible to cationic antiseptic QACs (CTAB and CDAB) and tobramycin which is cationic antibiotic at neutral pH (Table 2). Although we included Gram-positive selective antimicrobials rifampin, vancomycin, and macrolide erythromycin, we did not see any significant changes in MIC values for our CHXR isolates (Table 2). This may suggest that mlaA mutants we observed in our E. coli isolates may confer more selective antimicrobial resistant profiles as compared to mutations in internal mlaFEDBC system inter-membrane spanning components.

Our adaptation of E. coli K-12 to CHX did not result in colistin cross-resistant phenotypes as shown in previous studies of Klebsiella and Salmonella species (Wand et al., 2017; Hashemi et al., 2019; Verspecht et al., 2019). We did, however, identify two proteins (BasS, LpxL; Figure 5B) in our CHXR1 isolate that have been previously implicated as mechanistic contributors of colistin resistance and LPS modification (Olaitan et al., 2014). Based on our study, the alteration of only two proteins previously associated with colistin resistance was insufficient to confer colistin cross-resistance in CHX-adapted E. coli. Our findings also show that the LB growth medium we used to initially adapt E. coli K-12 only contained CHX, and as result, it generated adapted isolates with resistance exclusively to CHX and even excluded cross-resistance to the other bisbiguanide ALX we tested (Table 2). The chemical structure of ALX differs significantly from CHX as ALX possesses ethylhexane chains instead of benzene rings at the end of the biguanidine moieties. These key chemical differences likely impact how each bisbiguanide displaces or disrupts phospholipid associations and could result in different lipid-to-bisbiguanide compound configurations, thereby affecting different outer membrane systems. ALX was previously shown to have a higher affinity for LPS binding than CHX, which may be an influential factor (Zorko and Jerala, 2008). It is also important to note that species isolated from the environment are likely exposed to far more antimicrobials than the controlled conditions of our study and the lack of antimicrobial cross-resistance we observed in our CHX-adapted isolates may simply reflect controlled lab conditions. Additionally, E. coli K-12 lacks the O-antigen moiety present in most pathogenic E. coli strains and LPS antigens present in other Enterobacterial clinical isolates like Klebsiella spp. and Salmonella spp. (Rai and Mitchell, 2020). Future studies of mlaA and its role in antimicrobial resistance and antiseptic resistance can now focus on exploring other Enterobacterial species including clinical isolates, which may identify additional outer membrane contributors to intrinsic CHX-resistance and cross-resistance.

A notable finding from transcriptome and proteomic analyses show a small, but potentially important role for two acid regulatory systems in CHX resistance, specifically the GAD (gadE) system and carbohydrate diacid regulator (cdaR) (Figures 3, 4). Due to the cationic charge of CHX in solution (<pH 7), CHX can decrease pH as its concentration increases, likely triggering acid resistance system requirement. The glutamate dependent GAD system transcriptional activator gadE had increased protein abundance and transcript levels in CHXR1 multi-omics analyses (Figures 3, 4). GadE, along with GAD system regulators GadX/GadW, regulate the expression of many genes involved in pH homeostasis and acid resistance, including the efflux pump mdtEF gene which were shown to be transcriptionally up-regulated in CHXR1 (Figure 4). Complementation of pGadE in all three CHXR isolates did not alter CHX MIC values, however, deletion of ΔgadE in E. coli did increase WT resistance by 2-fold (Table 5). This suggests gadE deletions may partially contribute to CHX resistance mechanisms. Additionally, carbohydrate diacid regulator CdaR was another proteomically and transcriptomically diminished protein/transcript in CHXR1 (Figures 3, 4), that was also mutated by a single frame shifting SNVs in the CHXR1 isolate (Table 4). As we observed from AST, only pCdaR CHXR1 had a 2-fold reduced CHX MIC value (Table 5), suggesting that the loss CdaR expression can partially rescue the CHX susceptible phenotype back to WT levels. Since CdaR regulates the D-glucarate (gudPDX) and D-galactarate (garPLRK) uptake and metabolism (Monterrubio et al., 2000), the build-up of glucarate and galactarate compounds may offset the pH and osmotic stress associated with CHX exposure. Although neither gadE/cdaR gene deletion or plasmid complementations resulted in significant CHX MIC changes on their own (Table 5), it is likely that cdaR deletion or gadE up-regulation may be important additive acid regulatory systems with ΔmlaA to confer greater intrinsic CHX resistance.

Lastly, our phenotypic analysis of CHX-adapted E. coli isolates herein demonstrated that these isolates had similar or enhanced growth rates as the un-adapted WT across the rich and minimal media we tested (Figure 1, Supplementary Figures 1, 2, and Supplementary Tables 2, 3). CHXR cells were also narrower and shorter than WT cells in mid-log phase based on SEM imaging (Figure 2) and more permeant to the dead cell stain propidium iodide (Supplementary Figure 4), indicating that the cell membranes of CHXR1 are more compromised than WT. Molecular explanations for these morphological alterations are likely due to expected outer membrane phospholipid distribution problems that would be caused by the loss of functional MlaA in the CHXR isolates (as discussed above). Our growth curve analyses of WT and (ΔmlaA) revealed that the loss of mlaA increased CHXR cell CFU/mL numbers and cells grew to higher final ODs than WT but CHXR isolates did not increase doubling times significantly from WT (Supplementary Figure 6 and Supplementary Table 3). We speculate that the lack of phospholipid recycling caused by the deletion of mlaA in cells exposed to CHX, helps the cell overcome its membrane disruptive actions by providing more phospholipids for CHX to interact with, ultimately slowing CHX entry into the cell. In addition to mlaA mutations, we identified non-coding alterations to the promoter region of the transcriptional regulator fimE, which is an important type 1 fimbrial regulator (Figure 3 and Table 4). Although changes in type 1 fimbrial expression primarily impacts cell attachment, previous studies have also shown that type 1 fimbrial gene (fim) mutants can influence bacterial colony morphology (Hasman et al., 2000). Our transcriptomic analysis of CHXR1 identified that fimE was significantly down regulated in CHXR1 but fimAICDFGH operon expression was not significantly altered as compared to WT (Figure 4 and Supplementary Table 6). This might be explained by our WGS findings; all CHXR isolates had significant SNVs and indels that altered the fimS promoter region regulated by fimE, where it had a hybrid ON-OFF sequence configuration (Supplementary Figure 5). This hybrid promoter may explain the fimE and fimAICDFGH operon transcriptome results (Figure 4). Transformation of CHXR isolates with plasmids expressing fimE failed to alter their CHX MIC values (Table 5) but deletion of fimE in E. coli (JW4276-KC) did increase CHX resistance by 2-fold as compared to WT (Table 5). This suggests that similar to gadE and cdaR, fimE, and the fim operon it transcriptionally regulates may also play another small but additive role when combined with the ΔmlaA phenotype.

In conclusion, our phenotypic and multi-omics analyses of CHX-adapted E. coli K-12 isolates has identified the involvement of mlaA as an intrinsic CHX resistance contributor. The role of MlaA, the outer membrane component of the Mla retrograde phospholipid transport system, in CHX resistance is a novel finding that may have broader implications for intrinsic CHX resistance in E. coli as well as other Gram-negative bacterial species. The Mla system component MlaC, was shown to contribute to antimicrobial resistance in other proteobacterial species, such as Burkholderia (Bernier et al., 2018) highlighting the importance of this lipid transport system as a potential therapeutic antimicrobial target. When combined with our proteomic and transcriptome analysis, the findings of our study offer greater insights into the mechanism of intrinsic CHX resistance and identify many other pertinent antiseptic resistant biomarkers (yghQ, fimE, gadE, cdaR) that may be helpful for future initiatives to rapidly detect CHX-resistant phenotypes.



MATERIALS AND METHODS


Chemicals and Bacterial Strains Used in This Study

Chlorhexidine digluconate (CHX), as well as all other antimicrobials and chemicals used in this study were obtained from either Tokyo Chemical Industry America (United States), Millipore Sigma (United States), Fisher Scientific (United States), or VWR (Canada). E. coli K-12 BW25113 (Baba et al., 2006) was obtained from the Coli Genetic Stock Centre (CGSC3). All cultures were grown with selection when necessary in Luria-Bertani (LB) broth at 37°C with shaking at 150 revolutions per min (RPM) (WT transformants: 30 μg/mL chloramphenicol (CM); CHXR: 2 μg/mL CHX; CHXR transformants: 2 μg/mL CHX and 30 μg/mL CM).



CHX Adaptation Experiments

Chlorhexidine adaptation experiments were performed in LB broth medium using a gradual adaptation sub-culturing method as described by Bore et al. (2007) with modifications. Briefly, E. coli K-12 BW25113 was initially grown overnight (18 h) from a dimethylsulfoxide (DMSO) cryopreserved stock and then diluted 10–2 into 5 mL LB containing 0.4 μg/mL CHX (20% of the WT MIC value) in triplicate. The next day, each individual culture was re-inoculated into 5 mL of fresh LB containing 0.4 μg/mL CHX and grown overnight until day 12 to expose the cultures to prolonged sub-inhibitory CHX. After day 12, cultures were exposed to increasing CHX above the MIC value of WT (2 μg/mL) for an additional 8 generations for a total of 20 days. This process generated three independent isolates: CHXR1, CHXR2, and CHXR3 (Table 1) and a summary of the CHX concentrations added to each sub-culture is shown in Supplementary Table 1. At the end of this process, adapted bacteria were cryopreserved in LB with 16% (v/v) glycerol and stored at –80°C.



Antimicrobial Susceptibility Testing (AST) to Determine MIC Values

A modified broth microdilution AST method (CLSI, 2012) was used to determine MIC values. Briefly, cryopreserved stocks of WT or CHX-adapted E. coli were inoculated overnight without selection, then overnight with selection. Culture turbidity was measured and standardized spectrophotometrically to obtain an optical density (OD600 nm) of 1.0 unit in LB with a Multiskan Spectrum microplate reader (Thermo Fisher Scientific, United States). The adjusted cultures were diluted 10–2 into 96-well microtiter plates containing 2-fold serial dilutions of antimicrobial in LB broth. AST for all isolates was performed in technical triplicate. A total of 22 antimicrobial compounds were included for AST and are summarized in Table 1. For antimicrobials that required solubilization in ethanol (linezolid; LZD, rifampicin; RMP, erythromycin; ERY), or DMSO (alexidine; ALX, trimethoprim-sulfamethoxazole; SXT), control plates containing the same concentration of these solvents only were used to assure the results were due to the antimicrobial. Once inoculated, all microplates were incubated overnight before OD600 nm spectrophotometric measurement. Significant increases in MIC were defined as greater than 2-fold MIC changes when compared to the WT.



Growth Curve and CHX Resistance Stability Testing of CHX-Adapted Isolates

Bacterial fitness was assessed for CHX-adapted isolates, WT (BW25113), and JW2343-KC (ΔmlaA) in 96-well microplate broth cultures. Microplate growth curves were set up as described for AST testing, however, CHX concentrations used in these assays were 20% of the WT strain’s MIC value (0.4 μg/mL) to compare isolates grown at identical drug exposures. Growth curves were measured spectrophotometrically over 24 h using a Synergy Neo2 Hybrid Multimode reader (Biotek, United States). Twenty-four hour growth curve experiments were repeated for each replicate tested in a variety of rich media [LB, LB plus 0.4% (w/v) glucose; LB + Glc, cation adjusted Mueller Hinton broth; MHB, Tryptic Soy broth; TSB] and minimal (minimal nine salts; M9, Davis Glucose; DG) media. To calculate the doubling time of the WT, ΔmlaA, and CHXR isolates in each media, OD600 nm values were blank subtracted and plotted on a semi-log graph; calculated values are provided in Supplementary Table 3. The linear slopes of plotted OD600 nm trendlines (R2 ≥ 0.99) were used to calculate each culture’s doubling time/growth rate in 2-min intervals. Final mean colony-forming units/mL (CFU/mL) were determined from the number of colonies produced from three biological replicates of 100 μl of diluted (10–7) E. coli 24 h culture plated on LB agar and incubated overnight (18 h) at 37°C (Supplementary Table 3).

The phenotypic stability of each CHX-adapted E. coli was assessed by repeated sub-culturing of the CHX-adapted isolates in LB without CHX over 10 days. Each day, AST against CHX was performed as described above. All stability experiments were completed in technical triplicate per isolate (Table 3).



Scanning Electron Microscopy

To identify morphological anomalies between WT and CHX-adapted E. coli, SEM was performed using conditions described by Golding et al. (2016). Briefly, bacterial samples were grown with selection to an OD600 nm of 0.5 units, pelleted by microcentrifugation (30 s at 14,000 RPM) and resuspended in PBS. Once resuspended, we modified the protocol by diluting the sample 1:1000 instead of 1:10 as to not overload the filter. Each sample’s filter was washed with increasing concentrations of ethanol before being allowed to dry. Samples were mounted onto a carbon disk, put onto an aluminum stud, and contact between the stud and the filter was established using flash dry silver paint. Samples were subsequently sputtered with gold using a Quorum Q150R S (Quorum Technologies, United Kingdom). Each stud was imaged with the JCM-5700 SEM (JEOL, United States), at 5,000X magnification in five different locations on the filter to help assess overall patterns in cell imaging. Twenty bacterial cell lengths and widths were measured in five separate images for each biological replicate (n = 100) where measurements were performed using ImageJ v1.8.0 (Abràmoff et al., 2007). Statistical analysis of measured cell lengths and widths were analyzed using Prism6 v6.0 (Graphpad Software, United States) and significant differences were assessed using the Student’s t-test (P < 0.001). Two biological replicates of each WT and CHXR1-3 cells were measured by SEM, with no significant difference (P > 0.05) between each replicate. Differences between WT and CHXR1-3 in terms of average cell lengths and widths were assessed using a Student’s t-test.



Propidium Iodide Dye Cell Permeation Assays

Propidium iodide assays were performed as described by Gregorchuk et al. (2020) using modified live-and heat-treated cell fluorescent dye emission assays. Briefly, mid-log (OD600 nm = 0.5 units) cultures of CHXR1-3 and WT were grown as described for SEM, but these preparations were washed in cold phosphate buffered saline and resuspended to a final OD600 nm value of 0.2 units and stored on ice. Samples were divided, where half were heat-treated at 120°C for 20 min (heat-treated) and the other were not (live samples) and added to 96-well fluorescent black-walled microtiter plates containing propidium iodide at 2 μg/ml final concentration. Plates containing heat-treated and live cell preparations of CHXR and WT in biological triplicate and technical triplicate were measured in a fluorescent microplate-reader (Polarstar Optima, BMG labtech, Germany) for 30 min at 37°C taking fluorescent emission measurements at 620 nm every 5 min. RFU values were determined for live as well as heat-treated samples, which were baseline subtracted from emission values from wells lacking cells but containing PBS and dye only. RFU values for each heat-treated and live cell reparations are plotted in Supplementary Figures 4A,B. Statistical analysis was performed using Prism v6.0 (Graphpad Software, United States) software to compare significantly different RFU values between WT and CHXR1 samples using Mann–Whitney tests at P-values of < 0.05.



Whole Genome Sequencing (WGS), Genome Assembly, and SNV Analysis

Genomic DNA (10–30 ng/μL) was isolated from each CHX-adapted replicate using a Purelink Microbiome DNA isolation kit (A29790, Thermo Fisher Scientific, United States) according to manufacturer’s instructions for bacterial culture DNA extraction. Genome sequencing was performed by MicrobesNG4 (United Kingdom) with an Illumina-MiSeq system (Illumina Inc., United States) at a minimum of 30X coverage. Sequencing details are found in Supplementary Table 2. Trimmed paired reads were generated and assembled in-house using the MicrobesNG pipeline with E. coli BW25113 (CP009273.1) as the mapping reference. Each sequenced CHX-adapted E. coli genome sequence is available as BioProject ID PRJNA646979 in NCBI GenBank. SNV analysis was performed using Geneious v11.1.5 software (Biomatters Ltd., New Zealand) to identify SNVs and compare DNA sequences from each CHX-adapted replicate to the reference genome. We controlled for genetic drift of the adapted isolates by eliminating any WT SNVs found in the CHX-adapted isolates. A multiple sequence alignment of genome assemblies was created from the mapped reads, and a Maximum Likelihood tree was constructed using E. coli BW25113 (NZ_CP009273) as the root sequence using PhyML v.3.3.20180621 (Guindon et al., 2010). Confidence of tree branching was determined by performing 100 bootstrap replicates and these values are indicated at each node in the dendrogram.



Proteomic Analysis and Gene Ontology


Sample Preparation

Proteomic analysis of the CHXR1 was performed on biological triplicate cultures grown in 4 L batches with CHX selection. Cultures were grown to a final OD600 nm = 0.5 units and were then harvested by centrifugation at 6000 RPM for 10 min in Avanti-J-E High performance centrifuge (HPC; Beckman, United States). The pellet was resuspended by wet weight in an equal volume of isolation buffer: 50 mM 3-(N-morpholino) propane sulfonic acid (MOPS), 8% v/v glycerol, 5 mM ethylenediaminetetraacetic acid (EDTA), 1 mM dithiothreitol, pH 7 and WC pellets were stored frozen at –80°C. Cytoplasmic protein extractions were performed from thawed WC pellet preparations, where pellets were thawed and a final concentration of 0.1 mM phenylmethylsulfonyl fluoride was added. This cell slurry was immediately French pressed in a 4°C chilled Thermofisher Sim Aminco 30,000 lb/in2 cylinder twice at 1,500 lb/in2 each pressing. The pressed slurry was centrifuged at 10,000 RPM in a JA-20 Beckman rotor, where the supernatant was collected and ultracentrifuged at 40,000 RPM for 90 min in a Type 70Ti rotor in a Beckman Optima XPN-100 ultracentrifuge. The supernatant was saved as the cytosolic protein fraction and protein concentrations were determined using a modified Lowry assay (Shen et al., 2013). This cytoplasmic protein extraction was stored at −80°C.

Thawed WC pellets and cytoplasmic extracted protein samples were prepared similarly as detailed below. Thawed pellets were homogenized in sterile Milli-Q water, mixed with 100 μl 0.1-mm glass beads (Scientific Industries Inc., United States), and heated for 5 min at 95°C. Cells were lysed by highspeed vortex-mixing for 3 min, followed by centrifugation at 3000 RPM for 1 min. The supernatant was collected, and another aliquot of cold sterile Milli-Q water was added to the beads, followed by 1 min of vortexing and 1 min of 3000 RPM centrifugation to pool protein supernatants from the beads. This was repeated five times total to extract the remaining proteins, which was stored at –80°C. Protein was quantified using a bicinchoninic acid (BCA) protein assay kit, with bovine serum albumin (BSA) as the standard (Pierce Protein Research Products; Thermo Fisher Scientific, United States). Hundred microgram of protein was isolated from WT and CHXR1 in biological triplicate, and digested with trypsin (Promega, United States) overnight (16–18 h) using a filter-assisted sample preparation (FASP) method described previously (Wiśniewski et al., 2009). Following digestion, all samples were dried down and reconstituted using mass spectrometry grade water to a final concentration of 1 μg/μl for LC-MS/MS analysis.



Nanoflow-LC-MS/MS

Each sample was separately analyzed using a nano-flow Easy nLC 1200 connected in-line to an Orbitrap Fusion Lumos mass spectrometer with a nanoelectrospray ion source at 2.3 kV (Thermo Fisher Scientific, United States). The peptide samples were loaded (2 μl) onto a C18-reversed phase Acclaim PepMap 100 trap column (2 cm × 75 μm, 3 μm particles; Thermo Fisher Scientific, United States) with 30 μL of buffer A (2% v/v acetonitrile, 0.1% v/v formic acid) and then separated on an Easy Spray column (50 cm long, 75 μm inner diameter, 2 μm particles; Thermo Fisher Scientific, United States). Peptides were eluted using a gradient of 2–30% buffer B (80% v/v acetonitrile, 0.1% v/v formic acid) over 100 min, 30–40% buffer B for 20 min, 40–100% buffer B for 5 min and a wash at 100% B for 10 min at a constant flow rate of 250 nl/min. Total LC-MS/MS run-time was about 175 min, including the loading, linear gradient, column wash, and the equilibration.

LC-MS/MS data was acquired using the settings described below. The most abundant precursor ions from each survey scan that could be fragmented in 1 second (s) were dynamically chosen, where each ion was isolated in the quadrupole (0.7 m/z isolation width) and fragmented by higher-energy collisional dissociation (27% normalized collision energy). The survey scans were acquired in the Orbitrap at mass over charge ratios (m/z) of 375–1500 with a target resolution of 240,000 at m/z 200, and the subsequent fragment ion scans were acquired in the ion trap at a rapid scan rate. The lower threshold for selecting a precursor ion for fragmentation was 1.5 × 104. Dynamic exclusion was enabled using a m/z resistance of 10 parts per million (ppm), a repeat count of 1, and an exclusion duration of 15 s.



Data Processing

All spectra were processed using MaxQuant (v1.6.7, Max Planck Institute) using the imbedded Andromeda search engine. Searches were performed against a subset of the SwissProt database set to E. coli K-12 (4519 sequences). The following search parameters were used: Carbamidomethyl (C) was selected as a fixed modification, Oxidation (M) and Acetyl (Protein N-term) as variable modifications, fragment ion mass resistance of 0.5 Da, parent ion resistance of 20 ppm, and trypsin enzyme with up to two missed cleavage. False discovery rates were set up using 0.01 for peptides, 0.01 for proteins, and at least 1 razor peptide per protein. Label free quantification (LFQ) was enabled for Quantitation. Resulting LFQ intensities were imported into Perseus v1.6.5 (Max Planck Institute) (Tyanova et al., 2016). In Perseus the data was Log2 transformed. All proteins that did not have a least three valid log2 LFQ intensities from ID were filtered out. Proteins present were assessed for significance using volcano plots with a modified Student’s t-test (false discovery rate of 0.05; S0 = 0.1). Enrichment analysis of protein-to-protein interactions was performed with Cytoscape v3.7.2 (Shannon et al., 2003) using the StringApp v1.5.0 software package (Doncheva et al., 2019). To analyze functional pathways involved in adaptation, significant proteins were categorized using the KEGG pathway database with ClueGO v2.5.5 (Bindea et al., 2009) application for Cytoscape. Default parameters for KEGG analysis were used, with network specificity set at “medium” and 50% overlap of genes for the group merge.




RNA-Seq Transcriptomic Analysis

Transcriptomic analyses were preformed with 10 mL WT and CHXR1 cultures grown to mid-log phase (OD600 nm = 0.5 units) in biological triplicate, where CHXR1 cultures were grown with CHX selection as described for proteomic analyses. Cells reaching mid-log were immediately stored on ice and total RNA was extracted using a bacterial RiboPure RNA purification isolation kit (Ambion Inc, TX, United States) according to the manufacturer’s protocol for Gram-negative bacterial extraction yielding 25–50 μg of RNA/sample. Ribosomal RNA was depleted from these samples using MICROBExpress Bacterial mRNA Enrichment kit (Ambion Inc, TX, United States) based on the manufactures recommended standard protocol. mRNA sequencing analyses were performed by LC Sciences total RNA sequencing services (StateTexas, United States) using an Illumina NovaSeq 6000 for paired-end sequencing. RNA integrity, quality control and quantification analyses were performed using an Agilent Technologies 2100 Bioanalyzer with high sensitivity DNA chip.

Transcript sequences were bioinformatically analyzed by LC Sciences using the following workflow. Raw transcript sequence reads were assembled using Cutadapt (Martin, 2011) and in-house perl scripts to remove adaptor contaminated reads, low quality bases and undetermined bases. Sequences were verified using FastQC5 and bowtie2 (Langmead and Salzberg, 2012) was used to map reads to the E. coli BW25113 genome (GenBank accession number CP009273.1). Mapped reads for each bioreplicate were assembled using StringTie software (Pertea et al., 2015) and transcriptome datasets were merged to reconstruct a comprehensive transcriptome using perl scripts and gffcompare (Pertea and Pertea, 2020). StringTie (Pertea et al., 2015) and R statistics package edgeR6 were used to estimate the expression levels of all transcripts (Supplementary Table 6). The statistical significance (p-values < 0.05) of differentially expressed mRNAs based on their log2(fold change; FC) > 1 or log2(FC) < -1 were assessed using R statistics edgeR v3.14.0 package. Agglomerative hierarchical heatmaps of selected differentially transcribed genes listed in Supplementary Table 6 was generated using R statistics software v 4.0.3 (R Development Core Team, 2008) using the heatmap.plus (Day, 2012) package (Figure 5).



Plasmid Complementation and Gene Deletion Assays of E. coli Strains and Isolates

Plasmid complementation assays were performed using chemical competent cell preparations of E. coli BW25113, Keio collection gene deletion mutants (listed in Table 1), and CHRX1-3 isolates using the RbCl2 protocol described in Green and Rogers (2013). ASKA collection strains AG1 (ME5305; pCA24N–), JW2343-AM (pMlaA–), JW5490-AM (pYghQ–), JW5248-AM (pMarR–), JW4276-AM (pFimE), JW3480-AM (pGadE), and JW5013-AM (pCdaR) were used to extract and purify their respective plasmid clones, using plasmid DNA extraction kits and isolation protocols from BioBasic Inc (ON, Canada). pCA23N(–) plasmids add an in-frame amino-terminal hexahistidine affinity tag to each cloned gene as described by Kitagawa et al. (2005). Plasmids were individually transformed into each E. coli strain listed above using the protocol described by Green and Rogers (2013) and transformants were selected and grown on LB medium with 30 μg/mL CM to maintain plasmid selection. Plasmids were re-isolated from each transformant to verify proper plasmid transformation. All transformants were examined using the same broth microdilution AST methods as described in sections above, at increasing CHX concentration ranges (0.5–16 μg/mL) to calculate any differences in MIC values between the transformants. All AST experiments were performed in triplicate for each transformed isolate or strain (Table 5).
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It has been suggested that daptomycin can be inactivated by lipids released by Staphylococcus aureus and that this effect is antagonized by phenol soluble modulins (PSMs), which bind to the shed lipids. PSM production is regulated by the Agr system, and others have shown that loss of the Agr function enhances S. aureus survival in the presence of daptomycin. Here we assessed the impact of Agr function on daptomycin activity and lipid metabolism under various conditions. Daptomycin activity was evaluated against three sets of isogenic strain series with wild-type or dysfunctional Agr using static daptomycin time-kills over 24 h and against one strain pair using in vitro pharmacokinetic/pharmacodynamic (PK/PD) models simulating clinical daptomycin exposure for 48 h. We performed comprehensive lipidomics on bacterial membranes and the spent media to correlate lipid shedding with survival. In static time-kill experiments, two agr-deficient strains (SH1000- and USA300 LAC ΔagrA) showed improved survival for 8 h compared with their corresponding wild-type strains as seen in previous studies, but this difference did not persist for 24 h. However, four other agr-deficient strains (SH1001 and JE2 agr KOs) did not demonstrate improved survival compared to isogenic wild-type strains at any time in the time-kills. Lipidomics analysis of SH1000, SH1001, and SH1000- strains showed daptomycin exposure increased lipid shedding compared to growth controls in all strains with phosphatidylglycerols (PGs), lysylPGs and cardiolipins predominating. In the cell pellets, PGs and lysylPGs decreased but cardiolipins were unchanged with daptomycin exposure. The shed lipid profiles in SH1001 and SH1000- were similar, suggesting that the inability to resist daptomycin by SH1001 was not because of differences in lipid shedding. In the PK/PD model, the agr mutant SH1000- strain did not show improved survival relative to SH1000 either. In conclusion, inactivation of daptomycin by shed lipids may be dependent on genetic background, the specific agr mutations, or the techniques used to generate these KOs rather than the overall function of the Agr system, and its contribution to daptomycin tolerance seems to be varied, transient, and growth-condition dependent.
Keywords: lipidomics, Agr, pharmacokinetic and pharmacodynamic model, daptomycin tolerance, phospholipid release
INTRODUCTION
Daptomycin is a lipopeptide antimicrobial that consists of a cyclic polypeptide with 13 amino acids and a decanoyl fatty acyl tail that plays an important role in the management of invasive infections caused by methicillin-resistant Staphylococcus aureus (MRSA). Its mechanism of action involves direct interaction with the negatively charged membrane lipids, phosphatidylglycerols (PGs), leading to loss of membrane potential and cell death (Muraih et al., 2011; Muraih et al., 2012; Pogliano et al., 2012; Bayer et al., 2013). As such, most studies on daptomycin resistance point to development of mutations in genes that control membrane lipid metabolism and/or lead to changes in surface charge, membrane fluidity, or both, such as mprF, cls, pgsA, and the dlt operon, which reduces binding of daptomycin to the cell membrane or prevents disruption of the membrane by daptomycin (Yang et al., 2009; Peleg et al., 2012; Mishra and Bayer, 2013; Mishra et al., 2013; Bayer et al., 2014; Cafiso et al., 2014; Mishra et al., 2014; Bayer et al., 2015; Hines et al., 2017; Jiang et al., 2019). Mutations in two-component regulatory systems that regulate cell wall and cell membrane metabolism, such as vraSR and walKR (Friedman et al., 2006; Mehta et al., 2012; Werth et al., 2021), have also been shown to contribute to daptomycin resistance. We previously applied a novel multi-dimensional lipidomic method to characterizing the detailed lipid profile changes associated with MRSA strains that have developed resistance to daptomycin and found overall greatly decreased levels of PGs in a resistant strain with mutations in both pgsA and mprF (Hines et al., 2017) and greatly elevated levels of lysyl-phosphatidylglycerols (lysylPGs) and cardiolipins (CLs) in a strain with only an mprF mutation (Hines et al., 2020). Thus, altering lipid metabolism is an important route for bacteria to acquire resistance to daptomycin.
In recent years, inactivation of daptomycin by phospholipids released by S. aureus upon daptomycin exposure was proposed as a novel mechanism of daptomycin tolerance (Pader et al., 2016). The authors found that this effect may be antagonized by the production of amphipathic peptides called phenol soluble modulins (PSMs), which bind released phospholipids and thus prevent inactivation of daptomycin (Otto, 2014; Pader et al., 2016). PSM production is regulated by the accessory gene regulator (Agr) system, which is encoded by a four-gene operon (agrBDCA) and a regulatory RNA gene (RNAIII) (Peschel and Otto, 2013). Pader et al. suggested that the loss of the Agr quorum-sensing system enhances S. aureus survival during daptomycin exposure since PSMs are not released, and thus there is no competition for daptomycin sequestration by the shed lipids. However, the detailed composition of membrane lipids and shed lipids by S. aureus strains with variable Agr activity in response to daptomycin exposure has not been elucidated and the effect of lipid shedding on daptomycin activity has not been examined under clinically relevant kinetic drug exposures. In this work, we assessed the impact of Agr function on daptomycin activity and lipid metabolism in several genetic backgrounds and in static time-kills and in vitro pharmacokinetic/pharmacodynamic (PK/PD) models to better understand the contribution of lipid shedding to daptomycin tolerance.
MATERIALS AND METHODS
Susceptibility Testing and Agr Functionality Testing
The susceptibility to daptomycin was evaluated by broth microdilution in accordance with CLSI guidelines (CLSI, 2017). The Agr functionality was tested on BBLTM TrypticaseTM soy agar with 5% sheep blood (TSA II; Becton, Dickinson and Company, Franklin Lakes, NJ, United States) as previously described (Sakoulas et al., 2002). Briefly, a 0.5-McFarland suspension of RN4220 was streaked in a line down the center of the agar plate dividing the plate into two halves, and the test strains were streaked from the edge of the agar plate to the center line of RN4220. Hemolysis was examined after overnight incubation at 37°C.
Static Time-Kill Assay
Overnight cultures of each strain were inoculated into tryptic soy broth (TSB, Remel Lenexa, KS, United States) supplemented with 50 µg/ml of elemental calcium and 20 µg/ml of daptomycin (Merck, Kenilworth, NJ, United States) to ∼108 CFU/ml in 50 ml conical tubes, incubated at 37°C with shaking. Samples were taken at 0, 2, 4, 6, 8, and 24 h, serially diluted and spiral plated on tryptic soy agar (TSA; Becton, Dickinson and Company, Franklin Lakes, NJ, United States) plates to evaluate the bacterial growth over time with exposure to daptomycin. Experiments were performed under lower aeration (30 ml of culture in 50 ml tube shaken at 85 rpm; SH1000 and SH1001, JE2 and JE2 Δagr) and higher aeration (9 ml of culture in 50 ml tube shaken at 180 rpm; SH1000, SH1001, and SH1000-, USA300 LAC and USA300 LAC ΔagrA) conditions, the latter of which were more consistent with the methods by (Pader et al., 2016). All experiments were performed in duplicate.
Lipid Profiling of Static Time-kill of SH1000, SH1001, and SH1000- Overnight cultures of SH1000, SH1001, and SH1000- were inoculated into TSB containing 50 µg/ml of elemental calcium to ∼108 CFU/ml in 50 ml conical tubes, with or without exposure to daptomycin (20 µg/ml) and incubated at 37°C and 180 rpm with a total media culture of 9 ml. Each strain was grown in triplicate for 6 h and pelleted by centrifugation, with 5 ml of the supernatant saved for lipid profiling of the broth. The pellets and the broth were dried in a SpeedVac vacuum concentrator (Thermo Fisher Savant, Waltham, MA, United States), the pellets weighed, and both stored at −80°C until analysis. Lipid extraction, hydrophilic interaction liquid chromatography-ion mobility-mass spectrometry (HILIC-IM-MS), and data analysis were performed as previously described (Hines et al., 2017; Hines et al., 2020), using a Waters Synapt G2-Si ion mobility-QTOF mass spectrometer (Waters Corp., Milford, MA, United States) equipped with an electrospray ionization (ESI) source.
In Vitro Pharmacokinetic/Pharmacodynamic Model and Lipid Profiling
A one-compartment glass model was used to test the impact of a simulated daptomycin exposure on the survival and lipid shedding profile of SH1000 and SH1000-, as previously described (Hall Snyder et al., 2016; Werth et al., 2021). The model apparatus was prefilled with cation adjusted Mueller-Hinton-II broth (MHB; Becton, Dickinson and Company, Franklin Lakes, NJ, United States) supplemented with 50 µg/ml of elemental calcium, and fresh medium was continuously added and removed from the compartment along with the drug via a reciprocating syringe pump network (New Era Pump Systems Inc.), set to simulate the average plasma half-life of daptomycin (8 h). The starting inoculum was ∼8 log10 CFU/ml. Daptomycin was administered at 0 and 24 h as a bolus injection to achieve the average peak free-drug concentration (Cmax) associated with a 10 mg/kg/day dose (11.3 mg/L) (Benvenuto et al., 2006). All models were performed in duplicate and run continuously for 48 h. All effluent (21.6 ml/h per replicate) was collected from 4 to 5 h and 28–29 h and centrifuged to remove cells. The supernatant was divided into four technical replicates, and subjected to lipid profiling as described above.
RESULTS
Not All Agr-Deficiency Slowed Down the Killing of Staphylococcus aureus by Daptomycin
We compared the survival of agr wild-type and agr-defective (either KO or mutant) S. aureus under daptomycin exposure using three series of isogenic strain pairs (Table 1) (Boles and Horswill, 2008; Tsompanidou et al., 2011; Fey et al., 2013; Pader et al., 2016). Some of these strains have been well characterized previously (Boles and Horswill, 2008; Tsompanidou et al., 2011; Pader et al., 2016), and we also confirmed the Agr function of SH1001 and the transposon mutants of agrA, agrB, or agrC by examining their hemolytic activity (Supplementary Figure S1). The daptomycin minimum inhibitory concentration (MIC) was 0.25–0.5 µg/ml for all strains (Table 1). Daptomycin time-kill curves for each strain series are illustrated in Figures 1A–D. The wild-type SH1000 survived similarly or better than the agr KO strain SH1001, under both high and low aeration for 24 h. SH1000 and SH1001 in Figure 1A were grown under lower aeration than in Figure 1C. The higher aeration allowed both strains to re-grow to a higher and similar CFU/mL at 24 h, although the aeration conditions did not impact the general trend of daptomycin killing of wild-type vs. agr KO strains. However, Figure 1C also showed that the agr mutant SH1000- survived better than SH1000 and SH1001 for 8 h, with 1.7- and 1.4-log10 CFU/ml improved survival, respectively, at the 8 h timepoint. In USA300 LAC background the agr-KO strain survived better than the wild-type for 8 h, with 1.5-log10 CFU/ml improved survival at the 8 h timepoint (Figure 1D). However, JE2 strains demonstrated similar growth among the wild-type and the agr KO’s for 24 h (Figure 1B). Overall, SH1000- and USA300 LAC ΔagrA displayed a similar trend as observed previously (Pader et al., 2016), but the agr-KO SH1001 and transposon agr-KO strains did not display improved survival relative to their matching wild-type strains when exposed to 20 µg/ml daptomycin.
TABLE 1 | The three series of isogenic S. aureus strain pairs of agr wild-type and agr-defective used in this study and their daptomycin minimum inhibitory concentration (MIC).
[image: Table 1][image: Figure 1]FIGURE 1 | The daptomycin time kill profile of (A) SH1000 and SH1001 pair under lower eration; (B) JE2 transposon series under low aeration; (C) SH1000, SH1001, and SH1000- series under higher eration; and (D) USA300 LAC pair under high aeration. #p < 0.001; **0.001 < p < 0.01; *0.01 < p < 0.05 (based on the percent survival at each timepoint, relative to the wild-type, Student’s t-test, two-tailed, equal variance).
Lipid Profiles Released by Staphylococcus aureus Upon Daptomycin Exposure Did Not Correlate With Agr Genotypes and Killing Profiles by Daptomycin
SH1000, SH1001 and SH1000- were grown for 6 h in static time-kills in the presence and absence of 20 µg/ml of daptomycin, and comprehensive lipidomics were carried out on the cell pellets and the broth to profile the membrane lipids and shed lipids. Average dry pellet weights +/− standard deviations of all strains are shown in Supplementary Table S1. The relative abundance of all lipid species including free fatty acids (FAs), diglucosyl-diacylglycerol (DGDGs), PGs, lysylPGs, and CLs were measured and normalized to all compounds. A heatmap depicting the relative abundance of each lipid is shown in Figure 2. All three strains released lipids, regardless of daptomycin exposure, but the levels of shed lipids were higher in the presence of daptomycin. Specifically, the levels of shed PGs were higher with daptomycin exposure than without for all three strains. The Agr-defective strains, SH1001 and SH1000-, shed more PGs than the wild-type SH1000 strain under daptomycin exposure (see Supplementary Table S2 for the complete list of p values using Student’s t-test). The levels of shed lysylPGs followed a similar trend, except the undetected minor species lysylPG 36:0. CLs were also shed more with daptomycin exposure than without. However, the wild-type SH1000 strain released the largest amount of CLs than SH1001 and SH1000-. FAs and DGDGs were shed only slightly more with daptomycin exposure than without for all three strains, suggesting that PGs, lysylPGs, and CLs are the major lipid classes released in response to daptomycin.
[image: Figure 2]FIGURE 2 | Heatmap of the lipid profile in the broth (B) and the bacterial pellet (P) of the time-kill of SH1000, SH1001 and SH1000-, with (D) or without (ND) daptomycin exposure (row-centered; unit variance scaling applied to rows). Individual lipid species are represented as the number of carbons: the degree of unsaturation in the fatty acid chains. FA, free fatty acid; DGDG, diglucosyl-diacylglycerol; PG, phosphatidylglycerol; LysylPG, lysyl-phosphatidylglycerol; CL, cardiolipin. N = 3 per group. See Supplementary Table S2 for p values from Student’s t-test analysis.
Comparing the levels of shed lipids with the levels of membrane lipids in cell pellets, we found that low levels of shed lipids correlated with high level of membrane lipids, and vice versa, regardless of daptomycin exposure, especially for FAs, DGDGs, PGs, and lysylPGs. The same trend was observed for shed and membrane CLs when the three strains were grown under daptomycin exposure. However, when the three strains were grown without daptomycin, the levels of both shed and membrane CLs were relatively low, suggesting CLs might be synthesized and shed specifically in response to daptomycin exposure.
Overall, daptomycin exposure induced more lipids released into the broth, with PGs, lysylPGs, and CLs being the major classes, but the agr mutants SH1001 and SH1000- showed similar profile of released lipids, suggesting that the released lipids do not account for their differential killing profiles (Figure 1C).
Killing Profile in a Pharmacokinetic/Pharmacodynamic Model of Daptomycin Exposure Did Not Correlate With Agr Genotypes
The changes in bacterial densities over time during clinically meaningful kinetic exposures to daptomycin in the PK/PD model are illustrated in Figure 3A. To our surprise, the wild-type SH1000 appear to survive better than the agr mutant SH1000- up to 24 h although the difference was not statistically significant (Student’s t-test, two-tailed, equal variance). Furthermore, both grew similarly after the second dose of daptomycin administered at 24 h. These data suggest that lack of Agr function does not provide meaningful advantage to the bacteria under conditions that replicate clinically relevant daptomycin exposures.
[image: Figure 3]FIGURE 3 | The survival profile (A) and lipid profile during 4HR-5HR and 28HR-29HR (B–E) of SH1000 and SH1000- in the pharmacokinetics/pharmacodynamics (PK/PD) model of daptomycin exposure. Individual lipid species are represented as the number of carbons: the degree of unsaturation in the fatty acid chains. DGDGs, diglucosyl-diacylglycerols; PGs, phosphatidylglycerols; LysylPGs, lysyl-phosphatidylglycerols; CLs, cardiolipins. #p < 0.001; **0.001 < p < 0.01; *0.01 < p < 0.05 (Student’s t-test, two-tailed, equal variance).
The released lipids in the effluent were evaluated at 4–5 h, when the greatest differences in survival were observed, and at 28–29 h, when the wild-type and the agr mutant grew back to similar CFU/ml. DGDGs, PGs, lysylPGs and CLs were identified from the lipidomics analysis, as shown in Figures 3B–E (see Supplementary Table S3 for the complete list of p values using Student’s t-test), among which PGs were the most abundant. Both strains released more lipids at 4–5 h than at 28–29 h, and SH1000 released more than SH1000- at 4–5 h, which seems to correlate with the better survival of the SH1000 strain.
DISCUSSION
Inactivation of daptomycin by shed lipids of S. aureus is an intriguing potential mechanism for daptomycin tolerance. However, after examining the time-kill profiles of agr mutant and wild-type strains in three different genetic backgrounds, not all agr mutant strains displayed improved survival relative to their isogenic control strains (Figure 1), suggesting that the protection afforded by defective Agr and thus lack of secreted PSMs is not universal. Lipidomic profiling of SH1001 (loss of Agr function due to an agrA mutation) (Boles and Horswill, 2008) and SH1000- (full agr-KO) (Tsompanidou et al., 2011) showed that both strains released similar lipid profiles to the media (Figure 2) even though their time-kill profiles dramatically differed with only SH1000- displaying better survival than SH1000 (Figure 1C). Furthermore, although SH1001 released more PGs and lysylPGs, but less CLs, than the wild-type SH1000, SH1000 survived better or similarly relative to SH1001 depending on the aeration conditions (Figure 1). These observations suggest that the amount of released lipids does not correlate with the survival of S. aureus in the presence of daptomycin.
Comprehensive lipid profiling suggests that phospholipids, including PGs, lysylPGs, and CLs, are preferentially released by S. aureus relative to DGDGs and FFAs in response to daptomycin exposure. Furthermore, the lipids released to the media appear to account for relative reductions in the residual membrane lipids in the cell pellets, except CLs. The preferential release of some lipid classes suggests an active releasing process. In particular, daptomycin exposure also upregulates both the synthesis and the release of CLs. This is intriguing as gain-of-function mutation in cls2, which encodes cardiolipin synthase, has been associated with daptomycin resistance (Jiang et al., 2019).
In the comprehensive lipidomics analysis of the static time-kills, the average dry pellet weight of the agr mutants SH1000- and SH1001 was overall higher than their isogenic wild-type SH1000 with daptomycin exposure (Supplementary Table S1), which is seemingly contradictory to the survival profile (Figure 1C). However, many factors might contribute to the pellet weight, such as the degree of protein synthesis and aggregation of bacterial cells. Additionally, the lipid profile was normalized to all compounds, and hence the differences in pellet weight is unlikely to confound our results.
S. aureus and many other bacteria are known to release membrane lipids as extracellular vesicles into their surrounding environment. These released vesicles are composed of lipids, varieties of proteins, polysaccharides, and nucleic acids, and thus may contribute to a variety of biological functions including delivery of intracellular contents for quorum sensing or delivery of virulence factors to host cells (Gurung et al., 2011; Wang et al., 2018). PSMs were found to promote the biogenesis of extracellular vesicles by disrupting cytoplasmic membrane (Wang et al., 2018). S. aureus with psmα-KO was found to produce significantly less and smaller extracellular vesicles than wild-type. Other factors, such as peptidoglycan cross-linking and autolysis enzymes, also affect the formation of extracellular vesicles. Therefore, it is possible that alternative factors other than PSMs in the extracellular vesicles released by S. aureus could contribute to the survival of the bacteria under daptomycin pressure. Elucidation of such factors could shed light on the discrepancy that some agr mutant strains resulted in improved survival against daptomycin while others did not.
CONCLUSION
In this study, we found that while daptomycin exposure indeed resulted in increased shedding of membrane lipids to the media, the amount and types of released lipids did not correlate with the survival of the bacteria against daptomycin or the genotype of the bacteria. In the cases where there is improved survival, such effect appears to be dependent on experimental conditions, such as aeration, and ultimately are transient effects. Furthermore, the role of the Agr system in counteracting this effect appears to be dependent on the nature of the Agr dysfunction and genetic backgrounds as demonstrated by the variable effects of our isogenic strains with different types of agr mutants.
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Methicillin-resistant S. aureus (MRSA) are resistant to beta-lactams, but synergistic activity between beta-lactams and glycopeptides/lipopeptides is common. Many have attributed this synergy to the beta-lactam-glycopeptide seesaw effect; however, this association has not been rigorously tested. The objective of this study was to determine whether the seesaw effect is necessary for synergy and to measure the impact of beta-lactam exposure on lipid metabolism. We selected for three isogenic strains with reduced susceptibility to vancomycin, daptomycin, and dalbavancin by serial passaging the MRSA strain N315. We used whole genome sequencing to identify genetic variants that emerged and tested for synergy between vancomycin, daptomycin, or dalbavancin in combination with 6 beta-lactams with variable affinity for staphylococcal penicillin binding proteins (PBPs), including nafcillin, meropenem, ceftriaxone, ceftaroline, cephalexin, and cefoxitin, using time-kills. We observed that the seesaw effect with each beta-lactam was variable and the emergence of the seesaw effect for a particular beta-lactam was not necessary for synergy between that beta-lactam and vancomycin, daptomycin, or dalbavancin. Synergy was more commonly observed with vancomycin and daptomycin based combinations than dalbavancin in time-kills. Among the beta-lactams, cefoxitin and nafcillin were the most likely to exhibit synergy using the concentrations tested, while cephalexin was the least likely to exhibit synergy. Synergy was more common among the resistant mutants than the parent strain. Interestingly N315-D1 and N315-DAL0.5 both had mutations in vraTSR and walKR despite their differences in the seesaw effect. Lipidomic analysis of all strains exposed to individual beta-lactams at subinhibitory concentrations suggested that in general, the abundance of cardiolipins (CLs) and most free fatty acids (FFAs) positively correlated with the presence of synergistic effects while abundance of phosphatidylglycerols (PGs) and lysylPGs mostly negatively correlated with synergistic effects. In conclusion, the beta-lactam-glycopeptide seesaw effect and beta-lactam-glycopeptide synergy are distinct phenomena. This suggests that the emergence of the seesaw effect may not have clinical importance in terms of predicting synergy. Further work is warranted to characterize strains that don’t exhibit beta-lactam synergy to identify which strains should be targeted with combination therapy and which ones cannot and to further investigate the potential role of CLs in mediating synergy.
Keywords: seesaw effect, beta-lactam antibacterials, lipidomic analysis, vancomycin, daptomycin, dalbavancin, synergy, membrane fluidity
INTRODUCTION
All MRSA are resistant to traditional beta-lactams, but when combined with glycopeptides, lipopeptides, or lipoglycopeptides, synergistic antimicrobial activity is commonly observed, especially among strains with reduced susceptibility to the latter antimicrobial classes (Mehta et al., 2012; Werth et al., 2013b; Xhemali et al., 2018). Some investigators have attributed this synergy to the “seesaw effect” (Renzoni et al., 2017; Molina et al., 2020), a phenomenon where the susceptibility to beta-lactams increases with declining vancomycin or daptomycin susceptibility (Sieradzki and Tomasz, 1997; Ortwine et al., 2013). While it is intuitive that the seesaw effect between beta-lactams and glyco-, lipo-, and lipoglycopeptides could be related to synergy between these agents, this association has not been rigorously tested. While the seesaw effect is assumed to be a common feature of strains with reduced susceptibility to vancomycin or daptomycin, to measure it requires the comparison between a parent strain that is initially susceptible to vancomycin or daptomycin and isogenic strains that develop reduced susceptibility. There are a few well-characterized examples of such clinical strain pairs, but this is not something that can be easily determined through routine monitoring by clinical laboratories (Vignaroli et al., 2011; Werth et al., 2013a). Not all MRSA with reduced susceptibility to vancomycin (i.e., vancomycin intermediate S. aureus; VISA) or daptomycin exhibit the seesaw effect, and for most such clinical isolates, the emergence of the seesaw effect cannot be assessed due to absence of the parent strain.
In a previous study, we selected for a series of isogenic mutants by serial passage and identified isolates that do and do not exhibit the seesaw effect with a panel of six different beta-lactams (Hines et al., 2020). We found that lipidomic characteristics seem to correlate with the emergence or absence of the seesaw effect. In this study, we selected for a series of isogenic mutants against vancomycin, dalbavancin, or daptomycin using the well characterized MRSA strain N315, and evaluated the occurrence of seesaw effect and synergy with six different beta-lactams. The objective of this study was to determine whether the seesaw effect was necessary for synergy, to examine the changes in the lipidomic profiles after exposure to various beta-lactams, and to evaluate whether the lipidomic changes correlate with the occurrence of synergy with vancomycin, daptomycin, or dalbavancin.
MATERIALS AND METHODS
Media, Antimicrobials and Strains
Serial passage, susceptibility testing, and time–kill experiments were performed in Mueller–Hinton II broth (MHB). Tryptic soy agar (TSA) was used for subculture of organisms and colony enumeration. Beta-lactams and vancomycin were purchased commercially from Sigma-Aldrich and Thermo Fisher Scientific. Ceftaroline-2-HCl and dalbavancin were acquired from Allergan, and daptomycin was purchased from Merck. The well-characterized MRSA strain N315 and three strains derived from N315 were evaluated. These strains were selected for by serial passage in escalating concentrations of vancomycin (VAN), leading to N315-VAN8, daptomycin (DAP), leading to N315-DAP1, and dalbavancin (DAL), leading to N315-DAL0.5, as described previously (Silverman et al., 2001; Hines et al., 2020).
Reagents
LC/MS grade water and acetonitrile, ammonium acetate and brain heart infusion (BHI) media were purchased from Thermo Fisher Scientific. Phosphatidylcholines (PC) and phosphatidylethanolamines (PE) Standards for lipidomics were purchased from Avanti Polar Lipids and Nu-Chek prep and prepared as described previously (Hines K. M. et al., 2017; Hines KM. et al., 2017).
Susceptibility Testing and Time–Kills
MICs were determined by broth microdilution at an inoculum of 106 cfu/ml in accordance with CLSI guidelines (CLSI, 2017). MICs of vancomycin, dalbavancin, and daptomycin were also determined in the presence of 0.5x MIC (Table 1) of individual beta-lactams to assess the MIC lowering effects of subinhibitory beta-lactam concentrations. Time–kill experiments were performed in duplicate as previously described (Werth et al., 2013b; Werth, 2017). Briefly, 2 ml of MHB was inoculated with106 cfu/mL of study organism and exposed to 0.5x MIC for both single and combination drug exposures. The average free peak plasma concentration for a given drug was used instead if 0.5x the MIC was greater than this value in order to avoid over-estimating clinically relevant effects as has been done previously (Werth et al., 2015; Werth, 2017). Exposures tested are summarized in Table 2 and included vancomycin, daptomycin, and dalbavancin each combined with nafcillin (NAF), meropenem (MEM), ceftriaxone (CRO), ceftaroline (CPT), cephalexin (LEX), and cefoxitin (FOX). Samples of 100 µL were taken at 0, 4, 8, and 24 h, diluted in sterile saline, and spiral plated for colony enumeration after 24 h incubation. Synergy was defined as a ≥2-log10cfu/mL reduction of the combination over the most active single agent, antagonism was defined as ≥1-log10cfu/mL growth compared with the most active single agent, and other interactions were considered indifferent.
TABLE 1 | Strains used in this study and their antibiotic susceptibility and genetic profiles. The seesaw effect was most pronounced with cephalexin (LEX) and nafcillin (NAF) across the 3 mutant strains. Vancomycin (VAN), daptomycin (DAP), dalbavancin (DAL), nafcillin (NAF), cephalexin (LEX), meropenem (MEM), ceftriaxone (CRO), cefoxitin (FOX), ceftaroline (CPT).
[image: Table 1]TABLE 2 | Increase in killing activity (−log10cfu/mL) of the combinations compared to the most active single agents from the time kills. Synergy (green) is ≤ −2 log10cfu/mL; −2–1 log10cfu/mL is improved activity (yellow), −1−0 log10cfu/mL is no interaction (red).
[image: Table 2]Whole Genome Sequencing
DNA from N315 and antibiotic-selected derivatives was extracted using the Ultraclean microbial DNA isolation kit (Mo Bio). Sequencing libraries were prepared as described elsewhere (Roach et al., 2015; Salipante et al., 2015), with sequencing performed using an Illumina MiSeq (Illumina, San Diego, CA, United States) with 150-bp paired-end chemistries. Sequence analysis was performed to identify single nucleotide mutations and insertion and deletion mutations in coding sequences as previously (Jorth et al., 2017), against the reference genome of N315 (GenBank Accession BA000018). Sequence variants were annotated using SnpEFF (Cingolani et al., 2012). Whole genome sequencing data from this study are available from the NCBI Sequence Read Archive (SRA; http://www.ncbi.nlm.nih.gov/sra) under BioProject number PRJNA547605.
Preparation of N315 and N315 Mutants for Lipidomics
The N315 parent strain and three N315 mutants (N315-DAP1, N315-VAN8 and N315-DAL0.5) were grown in 1 ml of BHI medium with addition of various beta-lactams targeting at different penicillin binding proteins (PBPs), including nafcillin (PBP non-specific), cephalexin (PBP3), meropenem (PBP1), ceftriaxone (PBP2), cefoxitin (PBP4), and ceftaroline (PBP2a) as shown in Table 1. Each strain was grown in the presence and absence of each beta-lactam in quadruplicate in subinhibitory concentrations equal to 0.5 time the MIC unless that value exceeded the maximum plasma concentration in which the average Cmax concertation was used instead.
Lipid Extraction
Briefly, bacteria broth was collected after cultivation overnight in the absence or presence of individual beta-lactams, rinsed with 1x PBS, spun and dried with a speed-vac. 150 μL of water was then added to the pelleted and dried bacteria. The resulting suspensions were sonicated in an ice bath for 30 min to dislodge the dried pellets and homogenize the suspension. A chilled solution of chloroform and methanol (1:2 v/v, 600 μL) was added to each tube, followed by 5 min of vortex and the addition of 150 μL of chilled chloroform and 150 μL of chilled water. The samples were then rigorously vortexed for 1 min and centrifuged for 10 min at 4°C and 2,000 × g to separate the organic and aqueous layers. The organic layers were collected to clean 1.5 ml polypropylene microcentrifuge tubes (Fisher Scientific, Waltham, MA, United States) and dried in a vacuum concentrator. The dried lipid extracts were reconstituted with 500 µL of 2:1 acetonitrile/methanol and transferred to glass vials for storage prior to LC-MS analysis.
Liquid Chromatography
Bacterial lipids were separated by a Waters UPLC (Waters Corp., Milford, MA, United States) as described previously (Hines K. M. et al., 2017; Hines KM. et al., 2017). Briefly, hydrophilic interaction liquid chromatography (HILIC) was performed with a Phenomenex Kinetex HILIC column (2.1 × 100 mm, 1.7 µm) maintained at 40°C at a flow rate of 0.5 ml/min. The solvent system consisted of: A) 50% acetonitrile/50% water with 5 mM ammonium acetate; and B) 95% acetonitrile/5% water with 5 mM ammonium acetate. The linear gradient was as follows: 0–1 min, 100% B; 4 min, 90% B; 7–8 min, 70% B; 9–12 min, 100% B. A sample injection volume of 5 µL was used for all analyses.
Ion Mobility-Mass Spectrometry
The Waters Synapt G2-XS platform was used for lipidomics analysis. Effluent from the UPLC was introduced through the electrospray ionization (ESI) source. ESI capillary voltages of +2.0 and −2.0 kV were used for positive and negative analyses, respectively. Additional ESI conditions were as follows: sampling cone, 40 V; extraction cone, 80 V; source temperature, 150°C; desolvation temperature, 500°C; cone gas, 10 L/h; desolvation gas, 1000 L/h. Mass calibration over m/z 50-1200 was performed with sodium formate. Calibration of ion mobility (IM) measurements was performed as previously described (Hines et al., 2016). IM separation was performed with a traveling wave height of 40 V and velocity of 500 m/s. Data was acquired for m/z 50-1200 with a 1 s scan time. Untargeted MS/MS (MSE) was performed in the transfer region with a collision energy ramp of 35–45 eV. Mass and drift time correction was performed post-acquisition using the leucine enkephalin lockspray signal.
Cell Membrane Fluidity Assay
The effects of beta-lactam exposure on membrane fluidity was measured in each of the strains as previously described.(Lew et al., 2021). Briefly, the N315 parent strain and N315 mutants were grown overnight in 5 ml of BHI medium in the presence and absence of each of the beta-lactams tested in the time-kills at subinhibitory concentrations at 37°C, pelleted, and then resuspended into saline to a 0.9 McFarland suspension. CM fluidity was subsequently measured by polarizing spectrofluorometery using Synergy H1 Hybrid Multi-Mode Reader (BioTek Instrument, Inc., Winooski, VT, United States) with 1,6-diphenyl-1,3,5-hexatriene (DPH) as the probe. The detailed methods for calculating fluorescence polarization (FP) have been described previously (Lentz, 1989; Mishra et al., 2021). There is an inverse relationship between FP values and CM fluidity (Mishra et al., 2021). Each FP value was obtained based on 8 technical replicates.
Data Analysis
Data alignment, chromatographic peaks detection, and normalization were performed in Progenesis QI (Nonlinear Dynamics). A pooled quality control sample was used as the alignment reference. The default “All Compounds” method of normalization was used to correct for variation in the total ion current amongst samples. PCA analysis was performed with the online tool, MetaboAnalyst 4.0 (Chong et al., 2018). Pearson correlation coefficients were obtained using the Correlation function in the Analysis Toolpak add-in in Excel and visualized by an R package, ComplexHeatmap (Gu et al., 2016). Lipid profile heatmap was generated using ClustVis (Metsalu and Vilo, 2015). Student’s t-tests for two groups were performed using a two-tailed distribution and equal variance. Lipid identifications were made based on m/z (within 10 ppm mass accuracy), retention time, and CCS with an in-house version of LipidPioneer, modified to contain the major lipid species observed in S. aureus, including free fatty acids (FFAs), DGDGs, PGs, CLs, and LysylPGs with fatty acyl compositions ranging from 25:0 to 38:0 (total carbons: total degree unsaturation), and LiPydomics (Hines KM. et al., 2017; Ulmer et al., 2017; Ross et al., 2020).
RESULTS
Susceptibility Testing and Time–Kills
Susceptibility of each of the N315-derived strains are listed in Table 1. As shown in the table, N315-DAP1 exhibited strong seesaw effect with cephalexin and nafcillin, with 8 and 6-log2 fold-change in MIC, respectively, compared to the N315 parent strain. N315-Van8 strain, aside from the above 2 beta-lactams inducing 5 log2 fold-change, ceftriaxone also showed significant decreases in MIC with 3 log2 fold-change relative to the parent. For N315-Dal0.5 strain, no general seesaw effect was observed in our susceptibility testing, notably, ceftriaxone and nafcillin even displayed increased MICs. Generally there was cross-resistance among VAN/DAL/DAP similar to what has been reported previously (Hines et al., 2020).
Time-kills results are summarized in Table 2 and detailed kill curves are illustrated in Supplementary Figures S1–S6. Synergistic sensitivity to drug combinations of 3 peptide-based antimicrobials and 6 beta-lactams was commonly observed among all three N315-derived mutants with the exceptions that the combination of dalbavancin and 5 beta-lactams did not exhibit synergistic killing against N315-DAP1 and most combinations with cephalexin did not display synergy. In contrast, synergy was less common for the N315 parent strain. Interestingly, we found that the seesaw effect was not necessary for synergy between beta-lactams and VAN/DAP/DAL against MRSA. Although N315-DAL0.5 did not exhibit the seesaw effect (Table 1), this strain displayed general synergistic effect for most combinations of VAN, DAP or DAL with beta-lactams (Table 2); for example, with increases in killing activity up to 5.78, 6.52 and 6.11 log10CFU/mL, for drug combinations of vancomycin and cefoxitin, daptomycin and cefoxitin, as well as dalbavancin and ceftriaxone, respectively. It is also noteworthy that among all tested beta-lactams, cefoxitin and nafcillin were the most likely to exhibit synergistic activity, while cephalexin was the least likely to exhibit synergy.
Changes to the MICs of VAN, DAP, and DAL in the presence of sub-inhibitory concentration of individual beta-lactams relative to the MICs of the peptide-based drugs alone were also evaluated (Table 3). As shown in the table, most of the MICs of the three drugs significantly decreased in the presence of beta-lactams with the exception of cephalexin, indicating wide occurrence of synergy.
TABLE 3 | Decrease in MIC (1/(fold change) of the combinations compared to the most active single agents from the susceptibility tests. Synergy (green) is 0.25 MIC; 0.25–0.5 MIC is improved activity (yellow), 0.5–1 MIC is no interaction (red).
[image: Table 3]Whole Genome Sequencing
Whole genome sequencing (WGS) was performed on all selected strains to identify mutations which arose relative to the parental N315 (Table 1). Mutations affecting the vraTSR operon and the histidine kinase, walK were detected in N315-DAP1 and N315-DAL0.5 but not in N315-VAN8. Alternatively, N315-VAN8 acquired a variant in asp1, encoding accessory secretory system protein, and norA, a known contributor to quinolone resistance, neither of which has been clearly implicated in the emergence of VAN/DAL/DAP resistance previously.
Lipidomic Analysis of Beta-Lactam Exposed Strains
DAP-, VAN- and DAL-non-susceptible N315 mutants (4 replicates) as well as the N315 parent strains (4 replicates) were treated with 6 beta-lactams targeting different PBPs at the same concentrations used in the time kill experiments and combination MICs (see Experimental Section), then harvested for lipidomic analysis (Figure 1; NAF, MEM, CRO, CPT, LEX, FOX). Major lipids were identified as shown in Supplementary Table S1. PCA analysis of the lipidome in negative mode (Supplementary Figure S7) showed clear clustering of biological replicates, indicating good reproducibility of the sample preparation process and the LC-MS analysis of lipids. As shown in the PCA plot, the cluster of N315-VAN8 strains overlapped with the cluster of the N315 parent strains, indicating that they have similar lipidomic phenotype after being treated with beta-lactams. The heatmap intuitively shows the variation of major lipids observed in N315 mutant and parent strains treated with beta-lactams (Figure 1). Specifically, most of the cardiolipins (CLs) in N315-DAP1 strains and N315 strains were upregulated after being treated with beta-lactams, relative to the growth control (GC) strain without beta-lactam treatment. In N315-VAN8 samples treated with beta-lactams, most of the FFAs and PGs were significantly elevated, compared to VAN8 GC and N315 GC. For the N315 parent strain treated with nafcillin or meropenem, nearly all classes of lipids were highly expressed. For N315-Dal0.5, the presence of beta-lactams has only minor effect on the lipid profiles, in comparison with the GC strain.
[image: Figure 1]FIGURE 1 | The distribution of main lipids in N315 mutants (DAL0.5, DAP1 and VAN8) and the N315 parent strain treated with six beta-lactams. CPT, ceftaroline; CRO, ceftriaxone; FOX, cefoxitin; LEX, cephalexin; MEM, meropenem; NAF, nafcillin; GC, drug-free growth control.
Correlation of Lipid Levels and MICs
Using Pearson correlation analysis, the difference in individual lipid species abundance in a strain given a series of beta-lactam exposure was correlated with the changes in VAN, DAL, or DAP MIC for the same strain given the same beta-lactam exposure (Figure 2). In general, the MIC changes for the combination of VAN/DAP/DAL and beta-lactams had negative correlations with the levels of CLs, except for the N315-DAP1 strain and N315 parent strain treated with dalbavancin with or without beta-lactams. Conversely, the MICs changes for VAN/DAP/DAL in each strain were positively correlated with LysylPGs, except for the N315-DAP1 strain and N315 parent strain treated with vancomycin. For FFAs, there was an overall negative correlation with the MIC changes, and the correlation seemed to vary with fatty acid chain length. For DGDGs and PGs, there was no consistent trend observed for the correlation between the MIC changes and lipid levels among all four strains.
[image: Figure 2]FIGURE 2 | Pearson correlation analysis showing the difference in individual lipid species abundance in a strain given a series of beta-lactam exposure vs the change in VAN, DAL, or DAP MIC given the same beta-lactam exposure. Green indicates that as an individual lipid increases, the MIC of VAN/DAP/DAL in the presence of beta-lactam decreases, while red indicates the opposite.
Correlation of Lipid Levels and Time-Kills
The difference in individual lipid species abundance for a strain given a series of beta-lactam exposure was also correlated with the changes in activity in time kills between VAN, DAL, or DAP alone or in combination with that same beta-lactam exposure using Pearson correlation analysis (Figure 3). For CLs, the correlation between lipid levels and time-kill changes showed similar trend as between lipid levels and MICs. The levels of LysylPGs and PGs were mainly positively correlated with the changes in time-kills of combo treatments relative to single VAN/DAP/DAL treatment, except for the N315-VAN8 strain treated with vancomycin and the N315 parent strain treated with vancomycin and daptomycin. For FFA, there was an overall negative correlation with the presence of synergy, and consistent with the MIC related correlations, such correlation seems to vary with fatty acid chain length. However, the correlation between synergies and the levels of DGDGs varied for specific lipid species and for the strains examined.
[image: Figure 3]FIGURE 3 | Pearson correlation analysis showing the difference in individual lipid species abundance given a beta-lactam exposure vs the change in log10CFU/mL of the combination treatments of VAN, DAL, or DAP given the same beta-lactam exposure in time kills. Green indicates that as an individual lipid increases, the bacterial survival synergistically declined with beta-lactam exposure, while red indicates the opposite.
DISCUSSION
In this study, we demonstrated that synergy between VAN/DAL/DAP and beta-lactams against MRSA is not dependent on the emergence of the seesaw effect. While N315-DAL0.5 did not exhibit the beta-lactam seesaw effect after becoming resistant to these peptide drugs, most combinations of VAN, DAP, or DAL with beta-lactams were still synergistic against this strain. Despite that N315-DAL0.5 and N315-DAP1 both acquired mutations in the vraTSR operon and walK, the seesaw effect phenotype was discordant. We do not know how the function of these genes was affected by the different mutations, but this discordance suggests that WalKR and/or VraTSR modulate cell envelope metabolism that favors or hinders beta-lactam susceptibility independently from any effect on VAN/DAP/DAL susceptibility. However, we also report the emergence of the seesaw effect and VAN/DAP/DAL cross resistance in a VISA strain that did not carry mutations in genes known to affect susceptibility these drugs or cell envelope metabolism. This finding reinforces the idea that beta-lactam susceptibility and VAN/DAP/DAL susceptibility are indeed closely linked metabolically.
Another pivotal finding in this research is that cefoxitin was among the least likely of the beta-lactams to show any seesaw effect but was consistently synergistic with VAN/DAL/DAP. Conversely, all strains, even N315-DAL0.5, exhibited some degree of the seesaw effect with cephalexin, but cephalexin was rarely synergistic with VAN/DAL/DAP at the concentrations tested. The PBP-nonselective nafcillin frequently exhibited the seesaw effect but also commonly exhibited synergy with VAN/DAL/DAP. Dalbavancin was less likely than vancomycin or daptomycin to be synergistic with companion agents overall, but specifically it was less likely to exhibit synergy against the parent strain and the N315-DAP1 strain, which both had very low dalbavancin MIC values. Due to these low MICs it remains possible that the time kills underestimated the synergistic effects against these strains and that greater enhancement would be seen at therapeutic concentrations. However other studies have shown only modest improvement of dalbavancin in combination with ceftaroline in in vitro PK/PD models against dalbavancin susceptible strains (Kebriaei et al., 2019). Alternatively, synergy may be more common or more pronounced against strains with reduced susceptibility to dalbavancin. Additionally, the synergistic effects of these drug combinations were only observed in mutants from a single genetic background and only in in vitro time kills, so these data should not be used to select optimally synergistic combinations in the clinical setting.
Although many researchers have shown evidence that LysylPGs are increased in daptomycin-resistant MRSA, our lipidomic study (Figure 1), clearly showed that the expression of LysylPGs could be altered by treatment with different types of beta-lactams. The reduction in LysylPGs observed when N315-DAP1 was treated with CRO or FOX, relative to the growth control, DAP1 GC (Figure 1 and Supplementary Figure S8), suggests that beta-lactam exposure reversed the changes in LysylPGs associated with the emergence of resistance. Furthermore, we found increases in the negatively charged CLs in most of the N315-DAP1 samples treated with beta-lactams (Figure 1 and Supplementary Figure S8). Moreover, CLs were also highly expressed in the other beta-lactam exposed N315 derivatives compared to their respective non-treatment growth controls (Figure 1 and Supplementary Figures S10–S12), indicating that beta-lactams appear to upregulate the synthesis of CLs. As shown in the Figure 1, it is also noteworthy that different PBP-targeting beta-lactams have different impact on the composition of cell membrane lipids for each strain derived from the common N315 ancestry.
For the three N315 mutants, synergistic activity, measured by either combination MIC or time kill, mostly (with two exceptions) positively correlated with the levels of LysylPGs. LysylPGs contain a positively charged headgroup, and increased level of LysylPGs has been associated with daptomycin resistance (Peleg et al., 2012; Jiang et al., 2019). Since LysylPGs are synthesized by lysinylation of negatively charged PGs by MprF (Peschel et al., 2001; Oku et al., 2004), the ratio of PGs/LPGs is a key indicator of charge changes. As expected, for all N315 mutants, the changes of PGs/LPGs are positively correlated with the synergies (negatively correlated with the colony counts) between DAP and beta-lactams (Supplementary Figure S13). However, whether such increases in positive charge could also affect the binding of VAN or DAL is unknown. In contrast, the expression of CLs in most of the N315 mutants generally displayed negative correlation with synergistic reductions in survival or MICs, which might be related with the remodeling of cell membrane (Khan et al., 2019). Increased CL content has been found to increase fluidity and decrease mechanical stability of the lipid bilayer (Unsay et al., 2013). Mutations or downregulation in cls have also been associated with daptomycin resistance (Camargo et al., 2008; Peleg et al., 2012; Jiang et al., 2019; Khan et al., 2019). Interestingly, daptomycin was shown to attract fluid lipids in the membrane, causing delocalization of cell-wall synthesis-related proteins, proton leakage, and eventual death (Muller et al., 2016). For most of the N315 mutants, there was no clear correlation between DGDGs, PGs and changes in VAN/DAL/DAP MICs. However, we note that MIC synergies do not necessarily correlate with time-kill synergies as PGs showed overall positively correlated with time-kill synergies (similar to LysylPGs). As for FFAs, except some fatty acids with longer acyl chains, an overall negative correlation with changes in MIC/time-kill synergies was observed for most of the N315 mutants. It has been reported that a higher proportion of branched-chain fatty acids are associated with higher susceptibility to daptomycin (Boudjemaa et al., 2018). However, our lipidomic method does not allow the determination of straight or branched-chain fatty acids at this time, so future work is needed to validate this hypothesis.
In previous studies, beta-lactam exposure in daptomycin-resistant MRSA leads primarily to decreased cell membrane (CM) fluidity, but sometimes it is increased or unchanged (Lew et al., 2021; Mishra et al., 2021). Thus, different beta-lactam exposures and different mutations may have distinct impacts on the CM fluidity as a result of various lipids perturbations. The DPH based fluorescence polarity assay (Supplementary Figure S14) showed there were no general changes in CM fluidity for the majority of N315 mutants exposed to beta-lactams, which generally showed synergistic activity, indicating CM fluidity may not be the key factor in facilitating the general beta-lactam synergy. Correlation analysis between CM fluidity and synergistic killing (Supplementary Figure S15) did not display consistent trends across the strains, suggesting that alteration of CM fluidity by lipids is confined to the strain level.
While MRSA elaborates 5 PBP subtypes, the seesaw effect between beta-lactams and peptide antibiotics, including daptomycin and vancomycin, usually stems from the vulnerability of PBP2a due to its dependence on functional membrane microdomains, wall teichoic acids, and the PrsA chaperone (Jousselin et al., 2015; Renzoni et al., 2017). Interference with any of these elements impairs PBP2a function and renders MRSA susceptible to beta-lactams (Foster, 2019). Both walK and vraTSR mutations are commonly observed in MRSA and their regulation of cell wall synthesis is well documented (Roch et al., 2017). It is likely that disruptions in cell membrane metabolism mediated by mutations in these genes could sensitize MRSA to beta-lactams by interfering with PBP2a trafficking. It’s also noteworthy that the observed single nucleotide polymorphisms (SNPs) within walK and vraTSR may act as hot spots for gain-in-function phenotypes of synergies, similar with the association between SNPs within the mprF open reading frame and acquisition of daptomycin resistance (Bayer et al., 2015). Additionally, yjbH mutation observed in N315-DAP1 was also found to be associated with the acquisition of beta-lactam resistance by affecting PBP4 levels and peptidoglycan cross-linking, despite its main role in regulating oxidative burst by binding to the transcriptional regulator Spx and controlling its degradation via the proteasome-like ClpXP protease (Gohring et al., 2011; Engman et al., 2012). However, It’s also possible that the inactivation of proteolysis triggered by yjbH mutation may directly mediate changes of susceptibility to beta-lactams by pathways regulating cell wall metabolism (Baek et al., 2014). While PBP4 expression has been shown to be important for maintaining resistance to oxacillin and nafcillin among community acquired strains of MRSA, knocking out PBP4 in N315, a classic nosocomial strain of the United States 100 lineage, did not impact nafcillin susceptibility; therefore, the contribution of this mutation is unclear (Memmi et al., 2008).
Like other in vitro studies with a similar design, this study has some limitations. We analyzed a set of 4 isogenic strains, which allows for better comparison across genotypes but does not allow for universal claims to be made about the relationship between beta-lactam synergy and the beta-lactam seesaw effect. However, our conclusion that synergy between glyco-/lipo-/lipoglyco-peptides and beta-lactams is independent of the seesaw effect between these agents in MRSA is robust and was demonstrated with several beta-lactams and glyco-/lipo-/lipoglycopeptide combinations among our strains. Furthermore, we are confident that beta-lactams are likely synergistic with glyco-/lipo-/lipoglyco-peptides, in part, because of beta-lactam effects on lipid metabolism, which enhances the activity of these drugs. Another potential limitation is that we exposed each strain to beta-lactam concentrations equal to 0.5x the MIC in time kills and prior to lipid analysis. Since these concentrations varied from strain to strain, some strains were exposed to absolute beta-lactam concentrations over 10 times greater than other strains, which could underestimate effects of higher concentrations on strains exhibiting the seesaw effect. Conversely, by using similar relative exposures among strains, we avoided underestimating effects in strains that did not exhibit the seesaw effect. With these limitations and tradeoffs in mind, we caution against readers who may be tempted to extrapolate these findings to determine the optimal beta-lactam/peptide combination for clinical use.
Future studies are needed to understand the roles of vraTSR and walKR in manifesting the seesaw effect and to uncover the molecular mechanisms by which norA and/or asp1 affect cell envelope metabolism. Additional work is also needed to unveil the underlying mechanism(s) by which beta-lactams modulate lipidomic phenotypes and how the lipidomic changes affect the synergies between VAN/DAP/DAL and beta-lactams in MRSA.
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Lipopolysaccharide (LPS) is a peculiar component of the outer membrane (OM) of many Gram-negative bacteria that renders these bacteria highly impermeable to many toxic molecules, including antibiotics. LPS is assembled at the OM by a dedicated intermembrane transport system, the Lpt (LPS transport) machinery, composed of seven essential proteins located in the inner membrane (IM) (LptB2CFG), periplasm (LptA), and OM (LptDE). Defects in LPS transport compromise LPS insertion and assembly at the OM and result in an overall modification of the cell envelope and its permeability barrier properties. LptA is a key component of the Lpt machine. It connects the IM and OM sub-complexes by interacting with the IM protein LptC and the OM protein LptD, thus enabling the LPS transport across the periplasm. Defects in Lpt system assembly result in LptA degradation whose stability can be considered a marker of an improperly assembled Lpt system. Indeed, LptA recruitment by its IM and OM docking sites requires correct maturation of the LptB2CFG and LptDE sub-complexes, respectively. These quality control checkpoints are crucial to avoid LPS mistargeting. To further dissect the requirements for the complete Lpt transenvelope bridge assembly, we explored the importance of LPS presence by blocking its synthesis using an inhibitor compound. Here, we found that the interruption of LPS synthesis results in the degradation of both LptA and LptD, suggesting that, in the absence of the LPS substrate, the stability of the Lpt complex is compromised. Under these conditions, DegP, a major chaperone–protease in Escherichia coli, is responsible for LptD but not LptA degradation. Importantly, LptD and LptA stability is not affected by stressors disturbing the integrity of LPS or peptidoglycan layers, further supporting the notion that the LPS substrate is fundamental to keeping the Lpt transenvelope complex assembled and that LptA and LptD play a major role in the stability of the Lpt system.
Keywords: bacterial cell envelope, lipopolysaccharide, Lpt system, outer membrane stability, LpxC inhibitor
INTRODUCTION
Gram-negative bacteria are surrounded by two distinct lipid bilayers: the inner membrane (IM) and the outer membrane (OM). The IM and OM together delimit an aqueous compartment called periplasm which contains the peptidoglycan (PG), a continuous polymer that protects the cell from osmotic lysis. The outermost layer of the cell envelope, the OM, endows it with highly selective permeability properties (Silhavy et al., 2010). The asymmetric configuration of the OM, with phospholipids in the inner leaflet and lipopolysaccharide (LPS) in the outer leaflet, greatly hampers the permeation of many toxic molecules into the bacterium. The complex architecture of the Gram-negative bacterial cell envelope poses a great challenge to the development of novel antimicrobial molecules (Nikaido, 2003; Tacconelli et al., 2018). Therefore, the disruption of the LPS biosynthetic pathway has long been explored by pharmaceutical companies (Erwin, 2016). Over the last decade, targets in the LPS transport pathway have emerged providing innovative approaches for antibiotic development (Srinivas et al., 2010; Werneburg et al., 2012; Andolina et al., 2018; Vetterli et al., 2018; Moura et al., 2020; Zhang et al., 2019).
LPS is a complex glycolipid with six saturated acyl chains that insert into the OM (Raetz and Whitfield, 2002; Figure 1A). Thanks to its peculiar structure, LPS largely contributes to the permeability barrier function of the OM (Raetz and Whitfield, 2002; Nikaido, 2003).
[image: Figure 1]FIGURE 1 | Structure of LPS and the Lpt complex. (A) The lipopolysaccharide (LPS) molecule consists of three parts: (i) the lipid A moiety, comprising a phosphorylated glucosamine disaccharide linked to saturated acyl chains that insert into the outer membrane (OM); (ii) the core oligosaccharide formed by non-repeating sugar units; and (iii) the O antigen (not depicted), a long oligosaccharide chain that varies highly between species and strains. (B) LPS is extracted from the inner membrane (IM) by the IM complex LptB2FG and translocated through the hydrophobic cavity of the protein bridge formed by LptC, LptA, and the N-terminal region of LptD. The C-terminal domain of LptD forms the β-barrel that, together with LptE, inserts LPS into the OM.
LPS must be transported across the periplasm, from its final site of synthesis at the IM, to the cell surface. From the IM, the Lpt (lipopolysaccharide transport) transenvelope multiprotein machinery transports LPS to the outer leaflet of the OM. In Escherichia coli, the Lpt machine is composed of seven essential proteins (LptA-G) that work together as a single complex to extract LPS from the IM, transport it across the periplasm, and insert it into the OM (Figure 1B) (Sperandeo et al., 2019). The ABC transporter LptB2CFG powers the LPS extraction from the IM and its transport across the periplasm to the cell surface (Okuda et al., 2012; Li et al., 2019; Owens et al., 2019). LptA is the soluble protein connecting the IM and OM Lpt sub-complexes (Sperandeo et al., 2007; Suits et al., 2008; Tran et al., 2008; Sperandeo et al., 2011), and exactly how many LptA monomers compose the periplasmic Lpt bridge is not yet known. LPS flows from the periplasmic domain of LptC to LptA, and at the OM, the LptDE translocon receives LPS and inserts it into the outer leaflet (Tran et al., 2010; Freinkman et al., 2011; Dong et al., 2014; Qiao et al., 2014). According to the proposed PEZ model, the IM LptB2CFG ABC transporter loads and pushes a continuous stream of LPS monomers into the Lpt bridge in a mechanism resembling a PEZ candy dispenser (Okuda et al., 2016).
The Lpt bridge is formed by the shared β-jellyroll fold architecture of the periplasmic domains of LptF and LptC, the LptA protein, and the periplasmic domain of LptD, which all assemble in a C-to-N terminal configuration (Villa et al., 2013; Tran et al., 2010; Qiao et al., 2014; Suits et al., 2008; Dong et al., 2017; Luo et al., 2017; Okuda et al., 2016). The hydrophobic lumen of the bridge shields the LPS acyl chains from the hydrophilic periplasmic environment. When the LPS transport is compromised via the depletion of Lpt components or via the disruption of protein–protein interactions, LPS molecules accumulate at the outer leaflet of the IM, the Lpt bridge disassembles, and LptA is degraded. The LptA stability has thus been considered a sensor for the correct Lpt complex assembly (Sperandeo et al., 2008; Sperandeo et al., 2011; Moura et al., 2020).
The assembly of the Lpt machinery is carefully monitored by the cells to avoid LPS mistargeting. At the IM, recruitment of LptA by the LptC protein does not occur unless the LptB2CFG complex is correctly formed (Villa et al., 2013). The correct formation of the LptDE complex is another key regulatory checkpoint in the assembly of the Lpt machinery. The OM translocon comprises LptD, with an N-terminal β-jellyroll domain and a large C-terminal β-barrel domain, and the lipoprotein LptE buried inside the barrel (Freinkman et al., 2011; Dong et al., 2014; Qiao et al., 2014). For the translocon to be functional, two disulfide bonds connect the N-terminal and the β-barrel domains of LptD, ensuring correct orientation of these domains which is essential for the recruitment of LptA (Ruiz et al., 2010; Freinkman et al., 2012). If the LptDE translocon is not correctly assembled, LptA fails to interact and the β-jellyroll oligomerization process for bridge formation does not occur (Freinkman et al., 2012). This ensures that the Lpt bridges do not couple with defective OM translocons, which would mistarget LPS to periplasm and cause toxicity problems (Chng et al., 2010; Freinkman et al., 2012; Zhang et al., 2013).
We have previously showed that LptA stability in the cell can be considered a sensor of the correct assembly of the Lpt complex (Sperandeo et al., 2011). In this work, we sought to clarify whether the stability of the Lpt complex is also dependent on the presence of its substrate. To this purpose, we analyzed the steady-state level of LptA in cells in which the LPS biosynthesis is blocked. We treated the cells with LPC-058, a compound known to inhibit the activity of LpxC, which catalyzes the first essential step of LPS biosynthesis and we show that not only LptA but also LptD steady-state levels decrease in the cell upon LPS biosynthesis blockage. Since LptD folding and turnover are dependent on two major chaperones/proteases that act at different points of the LptD assembly pathway, namely, DegP and BepA, we investigated their role in the decrease of the LptD level in cells with defective LPS synthesis. Overall, our results provide evidence that LPS is required to keep the machinery assembled, and when absent, due to the interruption of LPS synthesis, the Lpt bridge disassembles, and LptA and its anchor at the OM, the LptD protein, are degraded. Under these conditions, the stability of LptD, but not LptA, is controlled by the periplasmic chaperone/protease DegP.
METHODS
Bacterial Strains and Growth Conditions
E. coli strains used in this work are described in Table 1. Luria-Bertani-Lennox (LB-Lennox) medium (Ghisotti et al., 1992) has been described. 25 mg/ml kanamycin and 0.2% arabinose were added when required. Solid media contained 1% agar. Cells of BB3 strain were grown in 50 ml of LB-Lennox medium supplemented with 0.2% arabinose until OD600 0.2. Then, the cells were harvested, washed three times with fresh LB-Lennox, diluted one hundredfold in fresh medium either with arabinose (permissive condition) or without arabinose (non-permissive condition), and incubated with aeration at 37°C. Cell growth was monitored by OD600 measurements.
TABLE 1 | Escherichia coli strains.
[image: Table 1]Strain Construction
degP and bepA deletion strains were obtained by P1 phage transduction (Silhavy et al., 1984) moving kan-marked alleles from the Keio E. coli single-gene knockout library (Baba et al., 2006). The kan cassette was removed by pCP20-encoded Flp recombinase to generate unmarked deletions (Datsenko and Wanner, 2000). The removal of the kan gene was verified by replica plating and colony PCR.
Growth Conditions of E. coli Cells Treated With Several Chemicals/Antibiotics
E. coli cells were grown in the LB-Lennox medium. At OD600 of 0.1, the cells were treated with 0.031 μg/ml of LPC-058, 20 mM ethylene-diaminetetraacetic acid (EDTA) (Falchi et al., 2018), 0.6 μg/ml polymyxin B, 25 mM ammonium metavanadate (NH4VO3) (Tam and Missiakas 2005), 30 μg/ml aztreonam (Georgopapadakou et al., 1982), and 20 μg/ml cefsulodin (Curtis et al., 1979). The minimum inhibitory concentration (MIC) for each compound was determined using the broth micro-dilution method (Wiegand et al., 2008; Table 2). Cell growth was monitored by OD600 measurements. When treated cells decreased the growth rate compared to untreated cells (indicated in the figures with an arrow), samples for western blot analysis were collected after 5, 10, 20, and 60 min, from both cell cultures, and processed as described in SDS-PAGE and Immunoblotting.
TABLE 2 | Minimum inhibitory concentrations (MICs) of antibiotics/chemicals against E. coli strains.
[image: Table 2]Analysis of Outer Membrane Protein Profiles
The analysis of outer membrane protein (OMP) profiles by SDS-PAGE was performed as described by Yethon et al. (2000) with some modifications. After treatment with LPC-058 as described above, equal numbers of cells (standardized by measuring the optical density at 600 nm) of LPC-058–treated and untreated cultures were harvested by centrifugation. After resuspension in 20 mM Tris buffer (pH 8), the cells were lysed by a passage through a High Pressure Cell Disruptor (Constant Systems) at 21,000 psi and centrifuged (3,500 × g, for 10 min) to remove the cell debris. The total membrane fractions were collected by centrifugation (100,000 × g, for 1 h) and then resuspended in 20 mM Tris (pH 8) 2% Sarkosyl buffer. The Sarkosyl-insoluble OM fraction was collected by centrifugation (100,000 × g, for 1 h), then washed with 20 mM Tris buffer (pH 8), and recentrifuged. The resulting pellet was resuspended in 250 μL of 20 mM Tris buffer (pH 8) and analyzed by sodium dodecyl sulfate–polyacrylamide gel electrophoresis (SDS-PAGE). Input samples from each cell culture were processed to obtain the cell crude extract and analyzed by western blot, as described in SDS-PAGE and Immunoblotting.
SDS-PAGE and Immunoblotting
LptA, LptD, LptB, LptE, LptC, and OmpA steady-state levels were assessed in the BW25113, BB3, and degP and bepA deletion strains (Table 1) by western blot analysis using polyclonal antibodies against LptA, LptD, LptB, LptE, LptC, and OmpA raised in rabbit. Crude-cell extracts for protein analysis were collected and harvested by centrifugation at the time points indicated in Growth Conditions of E. coli Cells Treated With Several Chemicals/Antibiotics. The cell pellets were resuspended in a volume (in mL) of SDS sample buffer equal to 1/24 of the total optical density of the sample. The samples were processed for immunoblotting as previously described (Moura et al., 2020).
LPS Analysis From Whole-Cell Extracts
Whole-cell extract samples for LPS analysis were obtained as described in the previous section and then separated by 18% Tricine SDS-PAGE (Lesse et al., 1990). Immunodecoration was performed using anti-LPS core WN1 222-5 monoclonal antibodies (Hycult Biotech) at a dilution of 1:1,000 and using anti-LptE antibodies as the loading control. Goat anti-mouse immunoglobulin Alexa Fluor® 788 conjugate and goat anti-rabbit immunoglobulin Alexa Fluor® 688 conjugate (Li-Cor) were used as secondary antibodies at a dilution of 1:15,000.
RESULTS
Improper Assembly of the Lpt Machine Causes Selective LptA Degradation
We previously reported that, in E. coli cells, LptA is degraded in the absence of the correct IM and OM docking sites, as depletion of LptC, LptD, or LptE (involved in proper LptD folding) (Chng et al., 2012) results in decreased LptA levels (Sperandeo et al., 2011). To understand whether the lack of LptA interaction with its IM docking site affects the stability of other Lpt proteins, we evaluated the stability of representative components of the IM and OM sub-complexes upon depletion of LptC. For this purpose, the BB3 strain, in which lptC expression is under the control of the inducible araBp promoter (Sperandeo et al., 2006), was grown under permissive conditions, namely, in the presence of 0.2% arabinose, to the exponential phase and then washed to remove arabinose and shifted to media lacking arabinose to deplete LptC. Samples for protein analyses were taken from cultures grown in the presence or in the absence of arabinose at 240, 300, and 360 min after the shift to non-permissive conditions and then processed for analysis with anti-LptA, anti-LptD, anti-LptC, anti-LptE, and anti-LptB antibodies (Figure 2). We observed a decrease in the steady-state level of LptA but not of other Lpt components. Under non-permissive conditions, LptB displays a lower but stable level than that observed under permissive conditions. It should be noted that, in the presence of arabinose, lptCAB are transcribed from the araBp promoter. Therefore, under this condition, the level of LptC, LptA, and LptB is higher than that expressed from the native chromosomal promoters (Sperandeo et al., 2011; Martorana et al., 2011). Indeed, under non-permissive conditions, namely, when lptC is not transcribed, the expression of the downstream lptAB genes is driven by the lptA promoter situated within the lptC coding region (Sperandeo et al., 2006, 2008; Martorana et al., 2011) resulting in a lower expression of LptA and LptB, and while LptA undergoes degradation, LptB has a lower but stable level (Figure 2). These data suggest that when the Lpt machinery is not functional due to the lack of either IM or OM components, LptA is selectively degraded because of the improperly assembled Lpt complex.
[image: Figure 2]FIGURE 2 | Depletion of LptC does not affect the stability of the IM and OM Lpt sub-complexes. (A) Cells of BB3 were grown with 0.2% arabinose until OD600 0.2; the cells were then harvested, washed three times, and resuspended in an arabinose-supplemented (+ Ara) or arabinose-free (no Ara) medium. Samples for analysis of protein stability were collected at the time points indicated. (B) Whole-cell extracts were prepared and analyzed by western blot with anti-LptA, anti-LptD, anti-LptC, anti-LptB, and anti-LptE (as the loading control) antibodies. An equal number of cells (0.67 OD600) were loaded into each lane. Growth curves and western blot analyses shown are representative of at least three independent experiments.
Blockage of LPS Synthesis Causes LptA and LptD Degradation
The Lpt machinery functions as a single device, and blocking the LPS transport causes accumulation of LPS at the outer leaflet of the IM (Sperandeo et al., 2008; Sperandeo et al., 2011). To test whether accumulation of LPS at the outer leaflet of IM affects the assembly of the Lpt machinery, and therefore LptA stability, we assessed the LptA steady-state level in cells where LPS synthesis is blocked. For this purpose, we treated wild-type cells with LPC-058. This molecule targets the essential uridine diphosphate-3-O-(R-3-hydroxymyristoyl)-N-acetylglucosamine deacetylase (LpxC), the enzyme that catalyzes the first committed step of the lipid A biosynthetic pathway (Lee et al., 2006; Titecat et al., 2016). We observed that cells treated with 1xMIC of LPC-058 arrested growth and LptA underwent degradation (Figures 3A,B). As expected for inhibitors of LPS synthesis, the total amount of LPS in cells treated with LPC-058 decreases compared to that of non-treated cells (Figure 3C). Surprisingly, the LptD level also decreased. The degradation of LptA and LptD in treated cells was very rapid as at 210 min of growth the two proteins were already undetectable in the crude extracts. To test the kinetics of LptA and LptD degradation, we collected the treated and untreated cells just after the two growth curves separated (Figure 3B). LptA and LptD steady-state levels decreased immediately after the treated cells arrested the growth and are barely detectable after 60 min, suggesting that the two proteins underwent degradation immediately after the LPS level in the cells became insufficient to support growth. Overall, these data suggest that the accumulation of LPS at the IM due to the blockage of transport does not affect the stability and the assembly of the Lpt machinery. Moreover, these results show that, in the absence of the LPS-cargo, both LptA and LptD are degraded, suggesting that, under these conditions, the Lpt machine disassembles.
[image: Figure 3]FIGURE 3 | Inhibition of LPS synthesis affects LptA and LptD stability. (A) Escherichia coli wild-type cells were grown in the LB-Lennox medium. When cells reached OD600 of 0.1, they were treated with 1xMIC of LPC-058 (LpxC inhibitor). Untreated cells were used as the control. Cell growth was monitored by OD600 measurements. When cultures reached OD600 of 1.0, they were diluted 10-fold, and samples for western blot analysis were taken after culture dilution at the indicated times. (B) Cells were treated or not treated with LPC-058 as indicated in panel (A) but not diluted. When the growth curves of treated and untreated cells separate (arrow), samples for western blot analysis were collected. Time points indicate the minutes after the growth curves separated. (C) LPS profiles of wild-type cells treated or not treated with LPC-058. Whole-cell extracts obtained at the same time point as in panel (B) were analyzed by western blot with anti-LPS and anti-LptE antibodies. An equal number of cells (0.67 OD600 in panels (A) and (B) and 0.17 OD600 in panel (C)) were loaded into each lane. Growth curves and western blot analyses shown are representative of at least three independent experiments.
Perturbing the LPS Outer Layer Does Not Affect the Stability of the Lpt Complex
Blocking LPS transport results in the alteration of the LPS layer with local loss of OM asymmetry and compensatory accumulation of glycerophospholipids at the outer leaflet of the OM (Nikaido, 2003). We therefore examined whether perturbation of the LPS layer by chemicals or antimicrobial peptides would affect the Lpt complex assembly or stability. We monitored the steady-state level of LptA, LptB, LptC, and LptD in cells treated with ethylene-diaminetetraacetic acid (EDTA), polymyxin B, and ammonium metavanadate (NH4VO3). The ion chelator EDTA disrupts OM asymmetry by removal of LPS from the OM’s outer layer with consequent flipping of glycerophospholipids from the inner to the outer leaflet of the OM (Nikaido, 1996). Ammonium metavanadate triggers changes in the LPS structure and increases OM permeability (Zhou et al., 1999; Vinés et al., 2005; Tam and Missiakas, 2005; Martorana et al., 2011). Moreover, as metavanadate is an inhibitor of the ATP-binding proteins, it likely interferes with the LptB ATPase (Li et al., 2019). Polymyxin B disrupts the OM by interacting with LPS and displacing cations that are required for the maintenance of membrane integrity (Schindler and Osborn, 1979).
Surprisingly, none of the compounds affected the steady-state level of LptA, LptB, LptC, and LptD in treated cells in comparison with that of untreated cells (Figure 4). These data suggest that defects in LPS biogenesis, but not perturbations or disruption of the LPS layer, specifically affect the stability and assembly of the Lpt machine.
[image: Figure 4]FIGURE 4 | Disrupting the LPS layer at the OM does not affect LptA and LptD levels. Escherichia coli wild-type cells were grown in the LB-Lennox medium. When cells reached OD600 = 0.1, they were treated with EDTA, polymyxin B, or ammonium metavanadate at the concentration indicated. Untreated cells were used as the control. Cell growth was monitored by OD600 measurements. When the growth curves of treated and untreated cells separate (arrow), samples for western blot analysis were collected. Time points indicate the minutes after the growth curves separated. An equal number of cells (0.67 OD600) were loaded into each lane. Growth curves and western blot analyses shown are representative of at least three independent experiments.
Perturbing the Peptidoglycan Does Not Affect the Lpt Complex Stability
We recently showed that defects in LPS biogenesis affect the PG structure, as blocking LPS synthesis or transport activates a PG remodeling program that results in the introduction of 3-3 crosslinks in PG to avoid cell lysis (Morè et al., 2019). These data highlight the importance of synchronizing growth and division of the different cell envelope layers to preserve the structural integrity of the cell (Gray et al., 2015). Based on these data, we tested whether altering the PG layer might compromise the Lpt machinery stability. We therefore treated cells with antibiotics that target PG at different stages of cell growth, namely, aztreonam and cefsulodin. Aztreonam targets PBP3 and affects cell division (Georgopapadakou et al., 1982), while cefsulodin targets PBP1A and PBP1B, the two major bifunctional peptidoglycan synthases, and affects cell elongation (Curtis et al., 1979). Under these conditions, neither LptA nor LptD stability is affected (Figure 5), suggesting that conditions affecting the PG structure and stability do not impair the assembly of the Lpt system.
[image: Figure 5]FIGURE 5 | Disturbing the PG layer does not affect LptA and LptD levels. Escherichia coli wild-type cells were grown in the LB-Lennox medium. When cells reached OD600 = 0.1, they were treated with aztreonam or cefsulodin at the concentrations indicated. Untreated cells were used as the control. Cell growth was monitored by OD600 measurements. When the growth curves of treated and untreated cells separate (arrow), samples for western blot analysis were collected. Time points indicate the minutes after the growth curves separated. An equal number of cells (0.67 OD600) were loaded into each lane. Growth curves and western blot analyses shown are representative of at least three independent experiments.
The DegP Periplasmic Endoprotease Is Involved in LptD Degradation Upon Blockage of LPS Biosynthesis
LptD stability in the cell relies on two major proteases that act at different points of the LptD assembly pathway: the periplasmic chaperones/proteases DegP and BepA (Soltes et al., 2017; Narita et al., 2013). DegP degrades LptD to prevent initial contact with the β-barrel-assembly machinery (BAM) complex (Tomasek and Kahne, 2021), thus avoiding accumulation of non-functional proteins in the periplasm. BepA, instead, degrades the LptD mutant substrate that has engaged the BAM complex but is not fully functional or not properly folded (Soltes et al., 2017). To determine whether these proteases are involved in the degradation of LptD upon blockage of LPS biosynthesis, we tested LptD stability following LPC-058 treatment in mutants deleted for degP and bepA (Figure 6A). We found that the deletion of bepA does not increase the LptD steady-state level which is comparable to that observed in the non-treated bepA mutant (left panel) and in LPC-058–treated wild-type cells (right panel). On the contrary, the LptD level increases in degP mutant cells treated with LPC-058 (middle panel) compared to that observed in LPC-058–treated wild-type cells. These data suggest that DegP plays a major role in the degradation of LptD upon blockage of LPS biosynthesis. Interestingly, neither single degP nor bepA deletions affected LptA degradation.
[image: Figure 6]FIGURE 6 | DegP degrades LptD when the LPS biosynthesis is inhibited. Escherichia coli wild-type (wt), ΔdegP, and ΔbepA cells were grown in the LB-Lennox medium at 30°C. When cells reached OD600 = 0.1, they were treated with 1xMIC of LPC-058 (LpxC inhibitor). Untreated cells were used as the control. (A) For the analysis of the steady-state level Lpt proteins, cell growth was monitored by OD600 measurements. When the growth curves of treated and untreated cells separate (arrow), samples for western blot analysis were taken. Time points indicate the minutes after the growth curves separated. * indicates the degradation product of LptA. (B) OM fractions were purified from cells treated for 2 h with LPC-058. Equal amounts of proteins were loaded (upper panel). Crude extracts of the same cultures were analyzed by western blot, using anti-OmpA antibodies, and equal amounts of cells were loaded (lower panel, 0.67 OD600). Growth curves and western blot analyses shown are representative of at least three independent experiments.
To address whether LPC-058–induced Lpt protein changes are accompanied by alterations in the protein content of the OM, we examined the OMP profile in wild-type, ΔdegP, and ΔbepA cells grown in the presence or absence of LPC-058. Equal numbers of cells were collected and processed for OM purification with sarkosyl (Yethon et al., 2000) and analyzed by Coomassie-stained SDS-PAGE (Figure 6B, upper panel). The overall OMP profile was very similar among the three untreated strains, and disruption of degP gene had little impact on the steady-state levels of OMPs, as already shown by Krojer et al. (2008). The OMP profile shows few minor changes in the LPC-058–treated wild-type cells, where the abundance of the major OMPs is slightly lower in the treated samples and one high-molecular-weight band disappears, whereas one low-molecular-weight band increases. Changes in the protein profile are more evident in the ΔdegP strain, with the levels of OmpC/F and OmpA decreasing compared to those of wild-type and ΔbepA-treated samples.
Finally, we assessed the level of OmpA, a representative major OMP, in whole-cell lysates by western blot. The level of OmpA does not change in wild-type, degP, and bepA null strains, treated or not with the LpxC inhibitor (Figure 6B, lower panel). This suggests that blockage of LPS synthesis does not affect the overall OMP production and that the observed OMP reduction in the OM of LPC-058–treated cells is likely due to degradation by periplasmic proteases.
DISCUSSION
Previous work showed that the tight control of LptA level plays a fundamental role in the Lpt machinery assembly and stability (Benedet et al., 2006; Sperandeo et al., 2011; Sperandeo et al., 2019; Moura et al., 2020).
Here, we have further investigated the Lpt assembly requirements. We show that LptA degradation occurs also when LPS synthesis is blocked (Figure 3). Since the LptA level is a proxy for a correctly assembled Lpt complex, we propose that LPS synthesis is fundamental for the assembly of a functional Lpt export machinery. Moreover, using a specific inhibitor of LpxC, the enzyme that catalyzes the first committed step of LPS biosynthesis (Titecat et al., 2016), we discovered that not only LptA but also LptD undergoes degradation, suggesting that a proper LPS biosynthesis is a prerequisite for the assembly of LptD into the OM.
The analysis of the LptA steady-state level upon treatment with agents altering the LPS layer, such as EDTA, polymyxin B, and vanadate, is in line with our hypothesis, as disrupting the LPS layer does not affect the protein level of any of the Lpt components (Figure 4). Interestingly, vanadate treatment, which is known to inhibit LPS transport, as demonstrated by LPS decoration with colanic acid (Martorana et al., 2011), does not affect the LptA steady-state level in the cell. These data suggest that, in the presence of vanadate, the Lpt system is assembled but not functional. This effect could be due to the inhibition of LPS transport caused by vanadate trapped in the LptB2FG IM complex (Li et al., 2019). Therefore, upon vanadate treatment, LPS might be jammed in the hydrophobic interior of the Lpt proteins, supporting the idea that the LptA level and, as a consequence, the transenvelope bridge stability correlates with the availability of the LPS substrate.
We recently discovered a PG remodeling pathway essential for survival in cells with defective LPS biogenesis (Morè et al., 2019), thus highlighting the importance of synchronizing growth of these two different cell envelope layers. While it appears that disrupting the LPS biogenetic pathway has a severe impact on the PG structure, the reverse is not true. Indeed, here we show that disturbing PG biosynthesis is not detrimental to the stability of the Lpt system, as the steady-state level of the Lpt proteins is not affected (Figure 5). This result further reinforces the hypothesis that the Lpt system stability depends on the availability of its own cargo. A similar mechanism of substrate-induced assembly of a transenvelope complex is adopted by the HlyA Type 1 secretion system of E. coli, where the interaction of the sub-complex composed by the IM ABC transporter HlyB and the membrane fusion protein HlyD with the OM porin TolC is dependent on the presence of the substrate toxin HlyA (Thanabalu et al., 1998). In E. coli, additional tripartite (IM, periplasmic, and OM subunits) transenvelope systems exist, which are involved in phospholipid trafficking (Ekiert et al., 2017; Isom et al., 2020). These systems employ two distinct strategies for substrate trafficking: the LetAB system employs the so-called “tunnel” strategy with a single polypeptide bridging the IM and OM, whereas the Mla system employs the “chaperon-like” mechanism in which a soluble periplasmic protein shuttles the substrate from the OM to the IM (Malinverni and Silhavy, 2009; Powers and Trent, 2018). The Lpt system differs in that bridging between the IM and the OM is achieved by interaction of small proteins sharing the β-jellyroll fold architecture (Tefsen et al., 2005; Wu et al., 2006; Sperandeo et al., 2007, 2008; Ruiz et al., 2008; Suits et al., 2008; Okuda et al., 2012) with the LPS substrate playing a key role in maintaining the intermembrane bridge assembled.
The Lpt system assembly is finely regulated at several levels (Sperandeo et al., 2019). Our data suggest the existence of an additional control mechanism occurring when LPS biosynthesis is defective. Indeed, under such conditions, we observed the decrease of both the LptA and LptD levels. It was previously shown that only a correctly folded LptDE OM translocon allows the assembly of a functional Lpt system, since LptD mutant proteins that lack native disulfide bonds do not interact with LptA, thus preventing the formation of the transenvelope bridge (Chng et al., 2012; Freinkman et al., 2012; Okuda et al., 2016). Clearly, the proper maturation of LptD is carefully monitored by the cell and represents a key control step in the formation of the Lpt protein bridge. Here, we show that LPS biosynthesis is also a prerequisite for a proper LptD folding into the OM, and in turn for Lpt system assembly. Alongside the discovery that the OM translocon could communicate with the IM complex to arrest the LPS transport, in OM proteoliposomes that have reached the saturating amount of LPS (Xie et al., 2018), our data unveil that there are multiple control steps of assembling and functioning of the Lpt system.
We show that the stability of LptD in the degP null strain upon LPS biosynthesis blockage is increased (Figure 6), suggesting that DegP is the primary protease responsible for degrading LptD when the OM undergoes severe LPS depletion. The biogenesis and assembly of OMPs are tightly regulated processes at transcriptional and post-translational levels (Rhodius et al., 2006; Guisbert et al., 2007; Sklar et al., 2007; Merdanovic et al., 2011). The LptD biogenesis is carefully monitored in the cell, and its folding is assisted by several chaperones (Schwalm et al., 2013; Ruiz et al., 2010). In case of maturation defects, LptD is degraded by DegP to prevent initial contact with the BAM, preventing the unfolded protein from accumulating in the periplasm. In case the defective LptD has engaged the BAM complex, it is degraded by BepA to block the formation of a defective complete β-barrel (Soltes et al., 2017; Daimon et al., 2020). These quality control factors help ensure the integrity of the OM, since defective OMPs could compromise the permeability barrier properties of the OM (Ruiz et al., 2006). We hypothesize that DegP degrades LptD in order to prevent the assembly of LptD in a defective OM. LptD is the OMP with the largest lumen in E. coli (Braun and Silhavy, 2002; Botos et al., 2016); hence, its decreased level in a condition in which its lumen is empty (i.e., devoid of its cargo) can be a strategy to counteract the altered permeability of an LPS-depleted OM. Our results underscore the importance of the regulatory network controlling OM homeostasis: while defects in LPS induce the σE stress response to increase LptD transcription and counteract OMP assembly defects, as LPS is required for efficient OMP folding (Schnaitman and Klena, 1993; Missiakas et al., 1996; Klein et al., 2009), the control of LptD at a post-translational level is a fine-tuning system not only to correct defects in its maturation but also to correct OM permeability defects when the amount of LPS to be transported to the cell surface is limiting.
The LptD level in the cells does not decrease in the absence of DegP, but LptA degradation still occurs even when LptD is correctly maturated and can act as the LptA OM docking site, implying that DegP is not responsible for LptA degradation. We do not know what is the event that triggers LptA degradation; however, our data support that the LptA stability and thus Lpt protein bridge formation are correlated with the availability of LPS to be transported. It has been proposed that the Lpt machinery functions like a PEZ “candy dispenser” where the LPS “candies” are continuously pushed by LptB2FG, using the energy provided by ATP hydrolysis, into the periplasmic channel formed by LptCAD up to the LptDE translocon, which finally assembles LPS at the OM (Okuda et al., 2016). The data presented here suggest that the LPS might trigger the assembly of the Lpt system/candy dispenser, and the LPS molecules/candies pushed through the protein bridge might act as a sort of “glue” to maintain the system assembled.
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The majority of alpha helical membrane proteins fold co-translationally during their synthesis on the ribosome. In contrast, most mechanistic folding studies address refolding of full-length proteins from artificially induced denatured states that are far removed from the natural co-translational process. Cell-free translation of membrane proteins is emerging as a useful tool to address folding during translation by a ribosome. We summarise the benefits of this approach and show how it can be successfully extended to a membrane protein with a complex topology. The bacterial leucine transporter, LeuT can be synthesised and inserted into lipid membranes using a variety of in vitro transcription translation systems. Unlike major facilitator superfamily transporters, where changes in lipids can optimise the amount of correctly inserted protein, LeuT insertion yields are much less dependent on the lipid composition. The presence of a bacterial translocon either in native membrane extracts or in reconstituted membranes also has little influence on the yield of LeuT incorporated into the lipid membrane, except at high reconstitution concentrations. LeuT is considered a paradigm for neurotransmitter transporters and possesses a knotted structure that is characteristic of this transporter family. This work provides a method in which to probe the formation of a protein as the polypeptide chain is being synthesised on a ribosome and inserting into lipids. We show that in comparison with the simpler major facilitator transporter structures, LeuT inserts less efficiently into membranes when synthesised cell-free, suggesting that more of the protein aggregates, likely as a result of the challenging formation of the knotted topology in the membrane.
Keywords: protein folding, membrane proteins, co-translational folding, cell-free, cell-free (CF) protein synthesis, lipids, membranes
INTRODUCTION
Membrane proteins constitute approximately 30% of the proteome (Doerr, 2009) and command considerable attention due to their physiologically important roles and dominance of drug targets (Fagerberg et al., 2010; Lunn, 2010). Currently, most studies aimed at garnering high resolution structural or functional information on these proteins require significant amounts of pure protein sample. Classical overexpression of membrane proteins in vivo can result in experimental difficulties due to the complex topological nature, tedious preparation, low protein yields and potential toxicity (Wagner et al., 2007; Gubellini et al., 2011). Protein overexpressed in vivo can be probed using in vitro techniques. The details applicable to the native conformational states, folding pathways, mechanisms and functions that classical refolding in vitro techniques provide can be limited (Booth, 2003). In classical in vitro folding, a full length polypeptide chain is usually available via artificial denaturation for refolding, which is not representative of co-translational protein folding in vivo (Booth et al., 2001). In vitro investigations where a near-native lipid membrane environment is considered will provide experimental results more applicable to native protein states (Booth, 2005; Booth and Curnow, 2009). Membrane protein folding in non-native lipid environments must not overlook how the orientation and architectures of multispanning membrane proteins are determined during translation.
In vivo, most membrane protein biosynthesis starts on the ribosome where translation of the polypeptide chain and subsequent co-translational integration of nascent α-helices into a membrane environment is aided by the translocon (Serdiuk et al., 2019). This process occurs simultaneously whereby, in the majority of instances, a protein is co-translationally inserted via a membrane-embedded translocon apparatus into the bilayer during synthesis on the ribosome and as such a protein will fold upon biosynthesis (Skach, 2009; Liutkute et al., 2020). When using in vitro folding methods, these co-translational processes are hard to mimic (Harris and Booth, 2012; Hingorani and Gierasch, 2014). The hydrophobicity of membrane proteins, propensity to aggregation, and the chemically complex lipid composition of the surrounding native membrane environment makes experimental investigations into co-translational insertion of these proteins complicated (Bowie, 2005; Marinko et al., 2019). Probing co-translational folding is complex and the tool kits we have available to investigate this are limited.
Cell-free systems have recently provided excellent alternative techniques with the capacity to overcome the traditional problems of membrane protein production as they are not hindered by the same complications and variabilities as overexpression (Carlson et al., 2012; Findlay and Booth, 2013; Harris, 2017; Harris and Charalambous, 2018; Harris et al., 2020). We can exploit cell-free approaches to investigate membrane proteins - notably to probe co-translational folding in vitro as the nascent chain is being synthesized by the ribosome. These methods enable us to move from the current biophysical approaches employing artificially-denatured, full-length proteins to a situation that is more representative of cellular biosynthesis. This has afforded new opportunities to remedy the deficit of membrane protein folding studies (Schneider, 2010; Silverman et al., 2020).
Cell-free systems are frequently based on cellular extracts, such as the S30 Escherichia coli extract. Comprising an ensemble of the E. coli translation machinery, in addition to other chaperones, active enzymes and the T7 RNA polymerase to facilitate transcription, translation and protein folding in vitro (Kwon and Jewett, 2015; Terada et al., 2016). An issue with such extracts is that they can contain a large number of components, making it difficult to probe the influence of particular constituents (Zemella et al., 2015; Komar, 2018), as well as showing high variability (Takahashi et al, 2015), especially in extracts synthesized in non-commercial settings (Dopp and Reuel, 2018; Dopp et al., 2019).
Commercially synthesized extracts or cell-free systems containing purified elements tend to show less variability (Shimizu, 2001; Chong, 2014; Tuckey et al., 2014). As such, we have successfully utilized a defined system of purified components, namely the commercially available PURExpress system developed by the Ueda group (Swartz, 2001; Shimizu et al., 2005; Gregorio et al., 2019), and the Expressway kit; a commercial S30 system. PURExpress® constitutes purified tRNAs, amino acids, rNTPs and other small molecules, ribosomes, the T7 RNA polymerase, aminoacyl-tRNAs, translation factors, and energy regeneration enzymes. A drawback of this particular purified system is that necessary accessory proteins like SecA, FtsY, and the signal recognition particle (SRP) are not included. In the Expressway™ commercial kit, the E. coli extract contains all necessary machinery required for transcription and translation, as well as accessory proteins required by the translocon. Both systems enable the addition of membrane vesicles alongside large complexes to facilitate folding, and can enable the rapid synthesis of membrane proteins, in a variety of synthetic lipid envrionments (Figure 1B) (Shimizu, 2001; Kuruma and Ueda, 2015; Khambhati, 2019).
[image: Figure 1]FIGURE 1 | (A) LeuT crystal structure (3GJD) (Quick et al., 2009) in a monomeric conformation. LeuT seen from the side (left), and from above (right) to highlight the complex knotted conformation. (B) Schematic of reagents and components required for IVTT cell-free reactions, such as; template DNA in the form of either PCR product, RNA or dsDNA, ribosomes, rNTPs, tRNA, amino acids. In addition to IVTT components, synthetic membrane mimics like that provided by liposomes are required. Various other alternative synthetic membrane mimics can be supplemented into these reactions such as; liposomes reconstituted with other proteins, inner/inverted membrane vesicles, and nanodiscs. (C) Schematic of the sucrose gradient methodology (Harris, 2017) used to purify IVTT reactions. Upon completion, cell-free reactions are suspended with 60% (w/v) sucrose. 30% (w/v) sucrose and buffer are layered on top to provide gradient, before centrifugation at 200,000 x g. Proteoliposomes and empty liposomes float to the 30% sucrose: buffer interface, and any unreacted IVTT kit components and aggregated, truncated, or non-inserted protein remains at the bottom of the gradient. (D) Cartoon schematic to illustrate how co-translational insertion of LeuT in IVTT systems where the translocon has been reconstituted into liposomes may occur. In vivo, protein knotting like that seen in LeuT is thought to be established and promoted by cellular machinery, including the ribosome(Chwastyk and Cieplak, 2015), providing new folding routes (Dabrowski-Tumanski et al., 2018), modulating hydrophobic reactions (Especial et al., 2019), and stabilising folding intermediates during co-translation (Lim and Jackson, 2015b; Faísca, 2015). Translation may occur via the SecYEG translocon when reconstituted and present, but we have also shown that spontaneous insertion occurs when the translocon is absent.
Utilizing cell-free techniques to investigate co-translational folding and insertion of membrane proteins is an emerging field. Previous work has focused on the insertion of functional membrane proteins in liposome-assisted or nanodisc synthetic systems with cell-free methodologies, probing topogenesis using techniques such as proteolysis, substituted cysteine accessibility (SCAM), and functional assays (Sahin-Toth et al., 1995; van Geest and Lolkema, 2000; Kalmbach et al., 2007; Cappuccio et al., 2009). Further investigations are emerging, focusing on how the lipid bilayer effects nascent chain insertion using a cell-free approach, proving that these techniques are viable in probing co-translational folding in vitro (Roos et al., 2013; Harris, 2017; Harris and Charalambous, 2018; Sanders et al., 2018; Harris and Booth, 2019; Eaglesfield et al., 2021).
Lipid properties such as headgroup charge, mechanical properties and chain lateral pressures exerted by lipids can affect the insertion, folding and topology of a membrane protein (Bogdanov et al., 2014; Findlay and Booth, 2017; Vitrac et al., 2017). Manipulation of bilayer mimics by varying lipid composition of liposomes provided into in vitro transcription and translation (IVTT) cell-free systems allows for the direct investigation of lipid: protein interactions, focusing on how changes to bilayer lateral chain pressure, fluidity, polarity, charge and thickness may affect protein folding and insertion (Rigaud and Lévy, 2003; Allen et al., 2004a; Junge, 2011; Pellowe and Booth, 2019). Although liposome membrane mimics cannot be directly compared to entire membrane lipid extracts or novel polymer based nanodiscs like those produced using the developing SMALP polymer and associated techniques (Dörr, 2016; Simon et al., 2018), liposomes provide us with a system that bridges the middle ground between native environment and application of use.
Utilizing IVTT cell-free systems supplemented with liposomes also offers the potential to probe how insertion efficiency is affected by the presence of the translocon machinery. Biogenesis of nearly all alpha helical membrane proteins is governed by insertases and translocases, which provide a lower free-energy barrier for correct protein insertion and folding within a membrane (Cymer et al., 2015; Serdiuk et al., 2019). In E. coli this insertion is governed by SecYEG, a multimeric complex protein conducting channel (Veenendaal et al., 2004). Transmembrane helices of polytopic membrane proteins insert sequentially into the membrane utilizing the translocon machinery (Cymer et al., 2015; Pellowe and Booth, 2019; Mercier et al., 2021), and the SRP mediates ribosome targeting by coupling the synthesis of the translating nascent chain to correct cellular localization, ensuring integral membrane proteins are bought to the SecYEG translocon for correct co-translational integration into the membrane (Skach, 2011; Akopian et al., 2013; Saraogi and Shan, 2014).
SecYEG has previously been itself synthesized in PURE IVTT systems(Matsubayashi et al., 2014a; Matsubayashi et al., 2014b; Kuruma and Ueda, 2015), and liposomes containing reconstituted SecYEG have been implemented with the cell-free synthesis of the multidrug transporter EmrE (Ohta et al., 2016). We were subsequently interested to investigate the effect of the SecYEG translocon on the folding of the NSS transporter LeuT, looking at co-translational insertion utilizing reconstituted liposomes containing purified SecYEG (Figure 1D). This helps us ascertain how the presence of the translocon, with or without the necessary accessory factors, affects the overall percentage of LeuT inserted into liposomes during IVTT synthesis.
We target the leucine transporter LeuT, not previously investigated in cell-free, extending this co-translational approach to a protein with a complex topology, and advancing these successful investigations into the thermodynamics of folding in the co-translational arena. We do this employing the PURExpress® and Expressway™ IVTT systems.
LeuTAa functions as a sodium/leucine transporter in Aquifex aeolicus and is a member of the neurotransmitter sodium symporter (NSS or SLC6) family (Yamashita et al., 2005; Krishnamurthy et al., 2009; Navratna and Gouaux, 2019). In humans, NSS proteins are responsible for the re-uptake of neurotransmitters involved in synaptic transmission (Joseph et al., 2019; Möller et al., 2019). LeuT has been widely used as a blueprint to provide insights into the organization, mechanisms and functions of mammalian NSS transporters, as it is an orthologue of eukaryotic proteins such as the Dopamine active transporter (DAT) and the Serotonin transporter (SERT) (Torres and Amara, 2007; Cheng and Bahar, 2019). Eukaryotic NSS proteins are physiologically important in humans with NSS dysfunction being related to various chronic neurological disorders such as depression, epilepsy and Parkinson’s disease (Gotfryd et al., 2020). LeuT contains 12 transmembrane helices arranged in a coupled figure-eight (4 1) trefoil (31) slipknot (Figure 1A) (King et al., 2007; Yeates et al., 2007; Sułkowska et al., 2012), which has been postulated to be important for protein stability (Sanders et al., 2018). Knotted proteins account for 1% of known high resolution structures in the Protein Data Bank (PDB), although since membrane proteins remain underrepresented in the PDB, the extent of knotting in helical membrane proteins is unknown (Lim and Jackson, 2015a; Jarmolinska et al., 2019). Studies of knotted proteins are currently focused almost exclusively on a small number of water soluble proteins and have suggested that knots may be important for activity or increasing protein stability (Sułkowska et al., 2012; Faísca, 2015; Xu et al., 2018).
The hyperthermophile Aquifex aeolicus from which LeuT has been derived presents diverse lipid membrane structures (Braakman and Smith, 2014; Siliakus et al., 2017). Little is known about the lipid headgroups in this eubacterial species, although they are known to be vastly different to those found in E. coli membranes (Sturt et al., 2004; Jain et al., 2014; Sohlenkamp and Geiger, 2015). In addition to this, other lipids associated with eubacteria are significantly more branched (Sohlenkamp and Geiger, 2015), believed to be linked to adaptations to high temperature (Koga, 2012; Siliakus et al., 2017). Lipids, in particular sphingolipids, cholesterol and other anionic lipid species, are thought to play a significant role in regards to transporter conformational dynamics, structural stabilization, and modulating substrate interactions for eukaryotic NNS transporters (Magnani et al., 2004; Hong and Amara, 2010; Khelashvili and Weinstein, 2015; Joseph et al., 2019). An example of this is cardiolipin (CL), thought to be important in the stabilization of LeuT dimers in vitro (Gupta et al., 2017).
Our previous work concerning the cell-free synthesis of multidomain membrane proteins has involved developing a methodology in which to purify spontaneously inserted protein from cell-free kit components, to probe the effects of the lipid bilayer on co-translational folding (Figures 1B,C). (Harris et al., 2020; Findlay and Booth, 2013; Harris, 2017; Harris and Booth, 2019; Harris and Booth, 2017) Thus far, we have successfully applied this cell-free approach to multi-domain proteins such as the rhomboid protease, GlpG (Harris, 2017), and the major facilitator transporters, LacY and XylE (Harris and Booth, 2019). Our aim is to develop these methodologies and ascertain their broader applicability. We herein discuss our studies extending this to a protein with a more complex, knotted structure.
The lipid membrane environment impacts the insertion (Meijberg and Booth, 2002; Allen et al., 2004a; Lorch and Booth, 2004), folding (Allen et al., 2004b; Seddon, 2008; Findlay and Booth, 2017; Sanders et al., 2018), and function of membrane proteins (Bogdanov and Dowhan, 1999; Lee, 2004; Lee, 2005; Bogdanov et al., 2008). We have exploited this lipid influence to optimize the efficiency of our cell-free co-translational folding systems, and to provide a system more similar to that of native membranes. Here, we were interested to explore whether manipulation of synthetic lipid mixtures is sufficient to ensure efficient co-translational insertion and folding of a protein with a complex structure, or if additional cellular factors such as the translocon would be required by LeuT for insertion in cell-free systems (Phillips et al., 2009). Notably, through manipulation of the lipid composition, we show herein that on average ≤ 24% of all LeuT protein synthesized inserts and folds correctly in a synthetic lipid membrane in IVTT systems.
MATERIALS AND METHODS
All standard reagents were purchased from Sigma. The EXPRESSway™ Mini Cell-Free Expression system was purchased from ThermoFisher Scientific. The PURExpress® In Vitro Protein Synthesis kit and all molecular biology reagents were purchased from New England Biolabs unless stated otherwise. Methionine, L-[35S] was purchased from PerkinElmer. Lipids were purchased from Avanti Polar lipids, and the EnzCheck™ Phosphate Assay Kit, and NuPAGE Bis-Tris Gels were purchased from ThermoFisher Scientific.
Wild type LeuTAa was modified with a C-terminal 10x Histidine tag (10x His) (WT CHis-LeuT) in a pET28a vector. The LeuT gene was adapted and codon optimized for expression in heterologous E. coli systems using the GENEius tuning tool (Eurofins Genomics) (Sanders et al., 2018). For use in cell-free expression systems WT CHis-LeuT was further modified to include a C-terminal V5 tag (14aa) with a GSSG linker between the coding regions and the 10x His tag. SecYEHisG (donated by Prof. Ian Collinson, University of Bristol), was in a pBAD vector for in vivo overexpression, with a 6x His tag on the N-terminus of the SecE subunit coding region.
Preparation of Lipids
5 mg of 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine (DOPE), 1,2-dioleoyl-snglycero-3-phosphocholine (DOPC), 1,2-dioleoyl-sn-glycero-3-phospho-(1′-rac-glycerol) (sodium salt) (DOPG), E. coli Polar Lipid Extract, Cardiolipin (E. coli) (sodium salt) (CLE. coli), 1′,3′-bis[1,2-dipalmitoyl-sn-glycero-3-phospho]-glycerol (sodium salt) (CL16:0), 1′,3′-bis[1,2-dioleoyl-sn-glycero-3-phospho]-glycerol (sodium salt) (CL18:1), 1,2-diphytanoyl-sn-glycero-3-phosphocholine (DPhPC) and 1,2-diphytanoyl-sn-glycero-3-phospho-(1′-rac-glycerol) (sodium salt) (DPhPG) lipids were dissolved in cyclohexane at 45°C. Required ratios of lipids were mixed and flash frozen in liquid N2 before freeze drying overnight. Lipids were stored at -20°C upon removal from the freeze dryer, and N2 gas was passed over lipid films to prolong storage life and for preservation.
Liposomes were prepared for IVTT using preparation as previously described (Harris, 2017), and lipid films were resuspended at 10 mg ml−1 in 40 mM HEPES-KOH (pH 7.6) and suspensions extruded through 200 nm or 400 nm Millipore filters using a mini-extruder with a minimum of 25 pushes. Liposomes were used immediately in IVTT.
Cell-free Synthesis and Insertion of LeuT
The PURExpress® In Vitro Protein Synthesis Kit and EXPRESSway™ Mini Cell-Free Expression system were used following manufacturer’s instructions. Liposomes were supplemented instead of buffer to make up to the required reaction volume, and in each case provided a final concentration of lipids at 3 mg ml−1 in both cell-free kits. The total reaction volume for the EXPRESSway™ commercial kit is larger than that of PURExpress®; 25 µl volume for PURExpress®, and 50 µl for EXPRESSway™. Reactions were initiated with the addition of 50 ng μl−1 of plasmid DNA before incubation at 30°C for 2–4 h. DNA was added after liposomes into the kit to prevent early initiation of protein synthesis. Methionine, L-[35S], 0.04–0.1 mCi ml−1 was added at the start of each reaction, being supplemented before the addition of plasmid DNA. Protein synthesized was quantified following the PURExpress® In Vitro protein Synthesis Kit manual, using the Ultima Gold MV scintillation cocktail (PerkinElmer), with a 1600 TR Tri-Carb® Liquid Scintillation Counter (Packard) as previously described (Harris, 2017).
Insertion of LeuT
All sucrose and urea solutions used were prepared in 40 mM HEPES-KOH at pH 7.6. Following IVTT using the PURExpress® In Vitro Protein Synthesis Kit, the reaction mix was resuspended in 80 µl 60% sucrose, before 100 µl of 30% sucrose layered on top, followed by 50 µl of 40 mM HEPES-KOH pH 7.6 buffer to complete the gradient. Gradients were then centrifuged at 200,000 x g (70,000 RPM, Beckman TLA 100 rotor) to float liposomes and proteoliposomes to the interface between the 30% sucrose: 40 mM HEPES-KOH buffer, leaving unreacted IVTT kit components to pellet to the bottom of the gradient (Figure 1C). The layers of sucrose were then separated in two aliquots; top and bottom fractions, for use in further investigation and for visualization using SDS-PAGE gel analysis as previously described (Harris, 2017). When using the EXPRESSway™ Mini Cell-Free Expression System, 200 µl 6M Urea was added to each 50 µl reaction before liposomes were pelleted via centrifugation at 350,000 x g (90,000 RPM, Beckman TLA-100 rotor) for 45 min. Liposomes were resuspended in 100 µl 60% sucrose before continuing with gradient steps as above. For detection of proteoliposomes, sucrose gradient top and bottom fractions were directly run on a 12% Nu-PAGE Bis-TRIS SDS-PAGE gel before wet transferring to a nitrocellulose membrane. Membranes were placed in a cassette with phosphor screen to develop and were imaged using a Typhoon™ FLA 7000 Biomolecular Imager. To calculate radiolabeled counts using Methionine, L-[35S], a 3 µl sample from each sucrose gradient layer, and 2 × 2 µl sample from the reaction upon completion were taken and pipetted onto MF-Millipore™ 0.5 µm membrane filter (Merck Millipore) before quantification of protein within each sample could be calculated using LSC.
Calculation of Insertion Efficiencies
In each lipid condition insertion efficiencies for LeuT are calculated as a percentage of protein yielded in the top fraction of the sucrose gradient after purification (Harris, 2017). This is done using protein yields obtained via LSC counts as described above. 0% insertion is where empty liposomes reside in the top fraction, and all cell-free synthesized protein aggregated in the bottom fraction, and 100% insertion is where all protein is incorporated into proteoliposomes in the top fraction, and no cell-free synthesized protein is aggregated in the bottom fraction.
The average yield from PURExpress® IVTT reactions ranges between 0.1–1 µg protein per 25 µl reaction. In EXPRESSway™ a total protein yield of approximately 1–10 µg per 50 µl reaction is synthesized. Where ≥80% of total protein is lost during sucrose gradient purification, the experimental result is disregarded. There is a negative correlation between high initial IVTT expression yields and low proteoliposome recovery after purification (Supplementary Figure S4). A threshold was set so as to reject datasets where high aggregation and low protein recovery interferes with accurate calculation of any insertion efficiencies. Liposome aggregation during expression and purification is likely to reduce the amount of protein floated on the sucrose gradient. Low proteoliposome recovery, and the poor quality of such samples meant that individual IVTT reactions where ≥80% of total protein is lost during sucrose gradient purification was not compared to IVTT reactions where larger yields of protein was recovered.
Statistical analysis was performed using GraphPad Prism 9. Brown-Forsyth and Welch ANOVA tests were conducted with raw data sets when comparing average insertion efficiencies for each group of lipids investigated (DO, DPh, and CL mixes). Where individual p values are presented directly comparing two lipid conditions, Welch’s t test was calculated using complete data sets.
Isolation and Purification of the SecYEG Translocon
A colony from a fresh transformation of pBAD SecYEG plasmid construct in c43 competent E. coli cells was grown in LB containing 100 μg ml−1 ampicillin overnight, shaking at 37°C. This was seeded into 6 x 1L smooth flasks in LB media (100 μg ml−1 ampicillin) and grown at 37°C, shaking, till OD ∼ 0.6–0.8 before induction with 0.1% (w/v) L-(+)-arabinose. After induction the cells were grown until stationary, and then harvested by centrifugation at 4,900 x g (4,200 RPM, Beckman JS-4.2SM) at 4°C for 45 min. Cell pellets were resuspended and washed in 200 ml phosphate-buffered saline (PBS) at 4°C at 9,000 x g (6,000 RPM, Avanti JLA-8.1000) for 10 min. Supernatant was then discarded and the pellet resuspended in 50 ml PBS with cOmplete™ protease inhibitor tablet, after which 1 µl of benzonase was added to sample, before incubation at room temperature on a roller shaker for 10 min. The sample was homogenized, and cells lysed using a constant systems cell disruptor; 1 pass, before ultracentrifugation at 148,000 x g at (38,000 RPM, Beckman Type 70 Ti rotor) 4°C, for 45 min to pellet cellular membranes. The supernatant was discarded, and the pellet was resuspended in 35 ml solubilization buffer (20 mM TRIS-HCl (pH 8), 300 mM NaCl, 10% (w/v) glycerol, 0.1 mM phenylmethylsulfonyl fluoride (PMSF), 2% (w/v) n-Dodecyl β-D-maltoside (DDM), 1x cOmplete™ EDTA-free protease Inhibitor Tablet, and 20 mM imidazole) to solubilize, left to stir at 4°C for 2 h.
For affinity purification, a HisTrap™ HP column (Ni2+-chelated Sepharose prep-packed, 1 ml) was connected to an AKTA prime chromatography system (GE Healthcare) equilibrated with 0:100 Buffer B: Buffer A. Buffer A: 20 mM TRIS-HCl (pH 8), 300 mM NaCl, 10% (w/v) glycerol, 0.1 mM PMSF, (0.1% w/v) DDM, Buffer B: 20 mM TRIS-HCl (pH 8), 300 mM NaCl, 10% (w/v) glycerol, 0.1 mM PMSF, 0.1% (w/v) DDM, 500 mM Imidizole, 1 mM 2-Mercaptoethanol. Solubilized, filtered sample was loaded onto HisTrap™ HP column, and after protein binding the column was washed with 10 CV 0:100 Buffer B: Buffer A, then 25 CV 15:85 Buffer B: Buffer A. Protein was eluted with 100% Buffer B and directly injected onto a HiLoad® 16/600 Superdex® gel filtration column before fractions collected using peak fractionation and then pooled and concentrated where required. Pooled fraction concentration determined via a NanoDrop™ spectrophotometer at UV280. A sample of protein was visualized using SDS-PAGE, run on a NuPAGE Bis-Tris Protein Precast gel with MES SDS running buffer, before protein was stored at −80° (Supplementary Figure S2).
Reconstitution of SecYEG
1.2% n-Octyl-β-d-glucopyranoside (OG) was added to liposomes pre-extruded at 400 nm diameter, prepared as described above in 40 mM HEPES pH 7.6, before incubation using a rotator mixer for 30 min at room temperature. SecYEG was then subsequently added at a predetermined concentration before further incubation in a rotator mixer for 1 h, again at room temperature. Detergent was then removed using a Pierce™ Detergent Removal Spin Column (ThermoFisher). Reconstitution efficiency and protein concentration in the liposomes was then determined using a Markwell-Lowry assay (Markwell et al., 1978) before use in subsequent cell-free experiments.
Where SecYEG was reconstituted at a SecYEG: lipid ratio (w/w) of 1:50, this equates to a composition of approximately 1.7% of heterotrimeric SecYEG per liposome, assuming a theoretical 100% reconstitution efficiency and in 400 nm liposome vesicles. For conditions where SecYEG was reconstituted into 400 nm liposomes at 1 in 25, approximately 3.4% of the liposome surface area was heterotrimeric SecYEG monomers, and at 1 in 100 only 0.86%. In IVTT where the effect of SecYEG was investigated and in liposome conditions where SecYEG was absent, liposomes were mock reconstituted with the addition and removal of detergent, following the same methodology as the SecYEG condition. Liposomes were immediately used in ATPase assay after reconstitution and in IVTT experiments.
SecYEG ATPase Activity
The EnzChek™ Phosphate Assay kit (ThermoFisher) was utilized to investigate SecYEG reconstituted protein when bound with SecA. SecA was donated by Prof. Ian Collinson (Collinson Group, University of Bristol) in a pET28 plasmid. SecA was purified following methods as previously described (Gold et al., 2007). The reaction mix was set up, initially omitting the experimental substrate, ATP. Reaction mix: 10 µL 20x Reaction Buffer, 40 µl MESG substrate solution, 2 µl purine nucleoside phosphorylase (PNP), 0.05–0.03 µM SecA, 50–100 µl liposomes, X µl nuclease free water (to make up 200 µl total reaction volume). Reaction mix was preincubated for 15 min at room temperature before initiation by the addition of 1 mM ATP. Sample was inverted to mix before immediately reading the A360 in a spectrophotometer as a function of time. Reactions were run for 30 min, or until no further change in A360 was observed, where no more SecA dependent ATPase activity by SecYEG present in liposomes occurred. Only functionally active SecYEG was used in insertion IVTT cell-free experiments.
Inverted Membrane Vesicle (IMV) Preparation
Halophilic archaeal strains of Halobacterium salinarium, wild type (S9) and L33 (bR knockout) were grown aerobically in 50 ml basal salt liquid media, pH 7.2 (4 M NaCl, 100 mM Mg.SO4.7H20, 10 mM Na3C6H5O7, 25 mM KCl, 1% (w/v) Oxoid peptone) at 39°C in a shaking incubator at 150 RPM till an OD (A600) of 1.0. 10 ml of preliminary culture was subsequently seeded into a 1 L flask containing 700 ml basal salt liquid media, grown as before for another 4 days or until stationary growth was reached at an OD (A600) between 1–1.5. The crude vesicles were then harvested via centrifugation at 4,900 x g (4,200 RPM, Beckman JS-4.2SM) for 45 min. The supernatant was subsequently discarded and the pellet resuspended in buffer A (50 mM Tris-HCl (pH 7.2, 1.75 M NaCl) at v:w, buffer: pelleted cell weight of 1:1. Sample homogenized using a OneShot consistent systems cell-disruptor at 4°C, 20,000 psi, performing a total of 3 passes, keeping the crude vesicle pellet on ice at all times. Homogenized sample ultracentrifuged at 170,000 x g (40,000 RPM, Beckman Type 70 Ti rotor) for 1 h at 4°C before pellet resuspended in 5 ml of buffer A. Inverted membrane vesicles were purified on a sucrose gradient. All gradient concentrations of sucrose were made up in 2 M NaCl, 50 mM Tris-HCl (pH 7.2). 1 ml of crude vesicle membrane pellet resuspension was carefully pipetted onto a sucrose cushion comprising six steps. Sucrose density gradient composition; 1.5 ml 1 (1.5 M), 2.5 ml B (1.4 M), C (1.3 M), D (1.2 M), 2.0 ml E (1.1 M), and 1 ml F (0.9 M). Gradients centrifuged at 187,000 x g (32,000 RPM, Beckman SW 32.1 Ti rotor) for 24 h at 4°C, rotor acceleration and deceleration speed set at maximum. Bands containing IMV’s were collected and diluted into 20 ml of buffer B (50 mM Tris-HCl pH 7.2, 2 M NaCl) before centrifuging at 230,000 x g (45,000 RPM, Beckman Type 60 Ti rotor) for 2 h at 4°C. Pellets resuspended again 0.5 ml of buffer B and stored at −80°C until use.
RESULTS
Cell-free Synthesis and Insertion of LeuT Into Liposomes
Cell-free IVTT of LeuT was initially performed using the PURExpress® system, in the presence of liposomes comprising five lipid mixes (1–5) (Table 1). Following reaction incubation and IVTT, liposomes were floated on a gradient of sucrose and the insertion efficiency was calculated. Insertion efficiency is represented as a percentage of protein in the top fraction over the total protein synthesized, using liquid scintillation counts (LSC) from incorporated Methionine, L-[35S] during protein cell-free synthesis.
TABLE 1 | Lipid compositions and their respective molar ratios investigated for LeuT spontaneous insertion 1–10. In each lipid condition the average mean insertion efficiency is provided, calculated as a percentage of protein in the top fraction of the sucrose gradient after purification. 0% insertion is where proteoliposomes reside solely in the top fraction, and all protein aggregated in the bottom fraction, and 100% insertion where all protein is incorporated into proteoliposomes in the top fraction, and no protein aggregated in the bottom fraction. Average total yields for each condition are presented as the total amount of protein synthesized during IVTT before purification. Protein lost between the total yield and the yield after purification ranges from 0–0.25 µg, equating to an average loss of ≤ 25%. All mean insertion efficiencies are thus calculated from the total protein yield. The total protein yields after purification are presented in Supplementary Table S1. Both the average yield and mean insertion efficiency (%) were calculated from a minimum of three repeats (n ≥ 3), and experimental errors for mean insertion are presented as SEM. The only condition where less than 3 repeats were conducted was in the IMV condition, where n = 2. All experiments were conducted in PURExpress® except the IMV condition where Expressway™ was used.
[image: Table 1]LeuT was found to insert into liposomes with a mean insertion efficiency of 16.5–24% (Table 1). This is in a consistent range with other membrane transporters previously investigated (Long et al., 2012; Ando, 2016; Harris, 2017; Harris et al., 2020). The highest percentage of spontaneous insertion occurred in liposomes with a lipid composition of a 50:50 M ratio (DOPC:DOPG) at an insertion yield of 24 ± 6%. The lowest percentage insertion efficiencies could be seen in DOPE lipid mixes; DOPC:DOPE, DOPG:DOPE, and DOPC:DOPE:DOPG at 18.4 ± 5.8%, 17.6 ± 3.5%, and 16.5 ± 3.6% respectively. Insertion of LeuT in all mixes of DOPC, DOPG, and DOPE lipids does not appear to be heavily dictated by liposome properties, and preference to a particular bilayer is not apparent. The average insertion efficiencies for the individual DiOleoyl (DO) lipid mixes tested are unlikely to be statistically significant (p < 0.85) where each lipid composition is directly compared.
Insertion of LeuT Into Liposomes Constituting Near-Native Lipids
As LeuT is natively expressed in the hyperthermophillic, chemolithotrophic eubacterium; Aquifex aeolicus (Deckert et al., 1998; Singh and Pal, 2015), the native environment in which this protein resides is vastly different to the DO lipid environment provided in these experiments for spontaneous insertion in IVTT conditions. Isoprenoids are a major component in archaea (and eubacterium) membranes (Lange et al., 2000; Koga and Morii, 2007). Liposomes comprising DiPhytanoyl (DPh) lipids, a synthetic lipid comprising two methyl-branched acyl chains attached to a glycerol moiety to mimic the lipid physiological properties of both eubacterial and eukaryotic origin (Panov et al., 2014; Tsuchikawa et al., 2020), were subsequently employed. These lipids have been shown to produce a stable planar lipid membrane, and DPhPC forms excellent stable model bilayers (Hung et al., 2000). Various liposome conditions comprising branched lipids were studied for LeuT insertion to mimic a nearer-native membrane environment (6–10) (Table 1).
The percentage insertion of LeuT into liposomes containing DPh lipids remains in a comparable range to that with DO lipids; between 12–22% (Table 1). There is no statistical difference in the mean insertion efficiencies for these lipid conditions (p < 0.80). The highest insertion efficiency into DPh containing liposomes is seen in 66:34 DPhPG:DPhPC at 21.4 ± 4.8%. Insertion into 50:50 DPhPG:DPhPC liposomes was lower than 50:50 DOPG:DOPC liposomes at 16.3 ± 4.1%. The insertion efficiency into pure DPhPC is also lower than pure DOPC liposomes, where the percentage mean insertion efficiency for DPhPC was 17.5 ± 2.1% compared to 20 ± 6.9% in DOPC albeit these results are not within error.
The total protein yields were lower than that seen with DO lipids (Table 1). This was particularly apparent with 100% DPhPG liposomes where only 0.06–0.19 µg of total protein was synthesized in each IVTT reaction, notably lower compared to 0.3–72 µg in other lipid conditions (Supplementary Table S2). Such low yields were not reliably quantifiable above background, therefore 100% DPhPG insertion efficiencies were not compared further to conditions where protein IVTT expression yields were higher.
Insertion of LeuT Inverted Membrane Vesicles
To further investigate if a nearer-native lipid environment would increase the percentage of protein to spontaneously insert during IVTT, inverted membrane vesicles (IMVs) from Halobacterium salinarium L33 were produced. Although H. salinarium is a halophilic archaeon and not considered hyperthermophillic nor chemolithotrophic like A. aeolicus, this extremophile can be cultivated and grown using relatively standard, well documented lab conditions (Ring and Eichler, 2001; Eichler, 2019; Vauclare et al., 2020). The lipid environment of IMVs was hoped to provide a nearer-native environment than that provided by DO and DPh lipid compositions.
Purified H. salinarium IMVs were supplemented into the Expressway™ system, where the sucrose gradient was adapted for variability in IMV flotation as noted in methods. Spontaneous insertion of LeuT into IMVs using LSC counts gave a percentage insertion of 19.8 ± 1.9% (Table 1), which initially appears consistent with other IVTT reactions in Expressway™ (Table 2). It should be noted that the 2.7 µg yield of average total protein calculated using LSC counts cannot be distinguished as corresponding solely to spontaneously inserted LeuT, on account of non-specific reactions with Methionine, L-[35S] and IMV components (Supplementary Figure S1). Optimizing the use of IMVs in IVTT was thus not undertaken and different avenues of investigation were pursued.
TABLE 2 | Lipid compositions and their respective molar ratios investigated for LeuT spontaneous insertion in PURExpress® 1–6. Mean insertion efficiencies (%) and average total yields with each condition are shown for each lipid condition tested. The total protein yields after purification are presented in Supplementary Table S3. The average protein yield after sucrose gradient purification is consistent with the total yields immediately after IVTT reaction, so protein is not lost during purification steps. The average total yield and mean insertion efficiencies (%) were calculated from three repeats (n = 3) except condition 6 where n = 5. Experimental errors for mean insertion are presented as SEM.
[image: Table 2]Insertion of LeuT Into Cardiolipin Containing Liposomes
The effect of CL on the spontaneous insertion of LeuT in IVTT was also investigated as CL is postulated to play a stabilizing role in LeuT dimers (Gupta et al., 2017; Corey et al., 2019). CL has also been implicated in playing a stabilizing role for other membrane proteins, including the Na+/H+ antiporter NhaA (Gupta et al., 2017; Rimon et al., 2019). Two commercially available CL extracts were used to investigate this effect: natural E. coli CL (CLE. coli) and purified trans18:1 CL (CL18:1). The former has a varied fatty acid distribution within the natural extract, although the two most common acyl chain structures present are 16:0 (33.3%) and cyclo17:0 (27%), with trans18:1 representing 14.4% of this natural lipid extract mixture (Macias et al., 2019). DO lipid mixes at ratios previously investigated were doped with 0.5–5% of either CLE. coli or CL18:1 to investigate any effects on spontaneous protein insertion. Liposomes constituting various lipid mixes were supplemented into IVTT (Table 2). 72:22.5:5.5 DOPE:DOPC:CL18:1 was a particularly interesting composition to test as is comparable to that of an E. coli total lipid extract (Raetz and Dowhan, 1990; Sohlenkamp and Geiger, 2015; Hoyo et al., 2020).
Spontaneous insertion of LeuT into CL liposome mixes remained consistent, albeit slightly lower than that seen with DO lipids, and with greater variability comparatively across individual CL lipid conditions (p < 0.09) (Figure 2). Percentage insertion of LeuT into CL lipid mixes was found to be between 8–19% (Table 2). This general decrease in insertion can be observed in direct comparison with DO lipid mixes with and without doped CL. The most significant effect can be seen with pure DOPC bilayers where spontaneous insertion is reduced 8.3 ± 1% with 0.5% CLE. coli (p < 0.16) (Figure 2). The reduction in spontaneous insertion from lipid mixes without CL to with CL is less prominent with 5% CLE. coli where spontaneous insertion is reduced from 20 ± 6.9% in pure DOPC bilayers, to 12.9 ± 1.8%, and in 50:50 DOPC:DOPG bilayers, where the percentage insertion is 24 ± 6%, compared to 19.1 ± 1.7% in 50.5:49:0.5 DOPC:DOPG:CL18:1 and 16.2 ± 1.9% in 53:41:5.5 DOPC:DOPG:CL18:1 (p < 0.27–0.47). CL with a saturated acyl chain structure of CL18:1 does not appear to reduce the spontaneous insertion of LeuT as much as that seen with natural CLE. coli, containing a mixed distribution of acyl chain structures.
[image: Figure 2]FIGURE 2 | LeuT expressed in PURExpress® IVTT systems in the presence of liposomes comprising various lipid compositions as presented in Table 1 and Table 2. Spontaneously inserted protein was quantified using LSC counting of Methionine, L-[35S] incorporated into LeuT. Insertion efficiency is represented as a percentage of protein in the top fraction over the total yield of protein synthesized. Highlighted here are the results of lipid optimization on LeuT spontaneous insertion efficiencies, comparing various lipid species derived from DO, DPh and Cardiolipin liposome compositions. Errors presented are SEM calculated from ≥3 repeats.
SecYEG Reconstituted Liposomes to Improve LeuT Insertion in Cell-free Systems
The EXPRESSway™ system was used for investigations into the effect of the SecYEG translocon on LeuT insertion over the PURExpress® system employed for earlier lipid optimization investigations. This system was chosen to investigate the effect of the translocon on LeuT insertion as it is an E. coli extract, and as such, contains all the necessary cellular machinery required for transcription and translation, as well the associated accessory proteins required by the translocon for co-translational insertion.
SecYEG was prepared (Collinson et al., 2001) and reconstituted into liposomes at various concentrations. Liposomes contained differing amounts of CL to test the efficiency of insertion in the presence of SecYEG (Table 3). CL is required for the in vivo stability and function of the bacterial translocon, as well as DOPG (Collinson, 2019; Ryabichko et al., 2020). SecYEG activity in reconstituted liposomes was investigated using an ATPase assay, yielding consistent activity comparable with other investigations (Supplementary Figure S3, Supplementary Table S8) (Robson et al., 2009). Lipid mixes containing SecYEG were supplemented into IVTT reactions.
TABLE 3 | The individual lipid compositions used for conditions where SecYEG was either present or absent 1–4. SecYEG was reconstituted at a ratio of 1 in 50 (w/w) protein: lipid in conditions where present. Average total yields refer to the total amount of protein synthesized during IVTT, and average yield purified refers to the amount of protein recovered after sucrose gradient purification. We can consider the protein lost between synthesis and purification to be aggregated or non-inserted. The mean insertion efficiencies (%) are presented for each condition with SecYEG absent or present. Errors presented are SEM calculated from a minimum of 3 repeats, any experimental results disregarded can be found in Supplementary Table S5 and S6. All experiments were conducted in Expressway™.
[image: Table 3]The percentage insertion of LeuT in EXPRESSway™ remains consistent with efficiencies seen in PURExpress® IVTT systems, where the insertion was between 16–28% in both “empty” and SecYEG conditions (Table 3). In all lipid conditions, insertion was not improved by the presence of SecYEG, where SecYEG was reconstituted at a 1 in 50 (w/w) protein: lipid ratio. For each condition investigated, the presence of the SecYEG translocon did not alter the insertion efficiencies, and any changes are not likely to be statistically significant (p < 0.14–0.64). In 72:22.5:5.5 DOPE:DOPG:CLE. coli, the insertion efficiency of 28.3 ± 3.7% was reduced to 21.1 ± 0.1% in SecYEG containing liposomes (Table 3).
Increased SecYEG Reconstitutions to Improve LeuT Insertion in Cell-free Systems
SecYEG did not induce a significant improvement of LeuT insertion into liposomes in IVTT systems. To further investigate the effects of SecYEG on spontaneous insertion, SecYEG was reconstituted into liposomes at both 1 in 25 and 1 in 100 (w/w) protein: lipid ratios.
In both lipid mixes where SecYEG was reconstituted at 1 in 25 (w/w) protein: lipid ratio, there was an increase in LeuT insertion (Table 4). In 72:27.5:0.5 mol ratios of DOPE:DOPG:CL18:1, we see a spontaneous insertion of 23.6 ± 1.7% for 1 in 25 SecYEG conditions, compared to 20.1 ± 1.1% and 21.8 ± 0.8% for 1 in 50 and 1 in 100 conditions respectively (p < 0.17–0.31). In 72:22.5:5.5 DOPE:DOPG:CL18:1, we see a similar, yet more pronounced effect where spontaneous insertion is found to be at 32.3 ± 0.1% for 1 in 25 SecYEG, compared to 21.8 ± 2.4% and 22.8 ± 0.5% for 1 in 50 and 1 in 100 conditions respectively (Table 4). The increase in insertion for 1 in 25 SecYEG in this lipid condition is statistically significant (p < 0.040) when compared with empty liposomes of the same composition (Figure 3). In addition to the mean insertion rates, the yield of protein produced remains consistent across all SecYEG reconstitutions and are comparable to other EXPRESSway™ IVTT yields.
TABLE 4 | Investigations were conducted in lipid conditions comprising 72:27.5:0.5 and 72:22.5:5.5 mol ratios of DOPE:DOPG:CL18:1, with each protein: lipid ratio of SecYEG. The mean insertion efficiencies (%) are presented for each lipid condition where SecYEG is present at each concentration. Errors presented are SEM calculated from a minimum of 2 repeats. The total protein yields after purification are presented in Supplementary Table S4. All experiments were conducted in Expressway™.
[image: Table 4][image: Figure 3]FIGURE 3 | LeuT expression in EXPRESSway™ IVTT systems with SecYEG reconstituted liposomes, as presented in Table 3 and Table 4. CL18:1 was added into DOPE:DOPC lipid mixes at either 0.5 or 5.5% concentrations. In empty conditions, SecYEG was absent. In SecYEG conditions, SecYEG was reconstituted at a 1 in 25, 1 in 50, or 1 in 100 (w/w) protein: lipid concentration. Errors presented are SEM calculated from ≥2 repeats for 1 in 25 and 1 in 100 SecYEG conditions, and from ≥5 repeats for all other conditions.
DISCUSSION
The lipid compositions chosen for study struck a balance between lipids that would yield the formation of a stable bilayer, lipids required for SecYEG functionality, and lipids that would provide a membrane mimic suitable for protein insertion (Van Dalen and De Kruijff, 2004; Phillips et al., 2009; Sachse et al., 2014; Kuruma and Ueda, 2015). Insertion of LeuT was independent of the lipid compositions investigated, where changes in lateral pressure and charge had little to no effect. We show that percentage insertion remains consistent in DO lipid mixes, where insertion appeared to not favor any of the compositions tested. This lack of dependence on membrane lipids remains in the DPh lipids tested, where changes in bilayer properties with the addition of DPhPG to DPhPC made little difference to LeuT insertion. In contrast to this we show that liposomes containing small amounts of CL such as 0.5 and 5.5%, appeared to be less favored for LeuT insertion, especially when directly compared to DO lipid mixes. Improvement of LeuT insertion was not obtained; regardless of lipid composition, or via the presence of the bacterial translocon SecYEG at low concentrations.
The lack of lipid dependency contrasts with previous in vitro folding work with LeuT that was partly denatured in the presence of urea, where unfolding was measured in reconstituted proteoliposomes. Both lateral chain pressure and the presence of negatively charged headgroups was found to increase the thermodynamic stability of LeuT and the unfolding free energy in liposomes (Sanders et al., 2018). The results we show for LeuT also contrasts with other membrane proteins investigated using this IVTT methodology which exhibit greater dependence on the lipid membrane environment provided (Findlay and Booth, 2013; Harris, 2017; Harris et al., 2020). The percentage incorporation of LeuT into proteoliposomes was lower than other transporters such as XylE and LacY, where ≥ 5% improvement in insertion can be obtained through lipid optimization. It was shown that spontaneous insertion of LacY increased from 17.0 ± 2.7% in pure DMPC bilayers, to 25.9 ± 1.6% in pure DOPC bilayers, and then to 32.7 ± 1.7% in 50:50 DOPC:DOPE bilayers, suggesting that an increase in lateral pressure led to an improvement in the insertion yield. Conversely with XylE, spontaneous insertion was lowest in pure DOPC liposomes. Insertion efficiencies were reduced as lateral pressure was introduced by the addition of DOPC, and the greatest insertion efficiency was in pure DOPG bilayers where a spontaneous insertion of 58.7 ± 2.4% was seen (Harris et al., 2020).
There is a comparative difference between higher insertion yields previously seen with major facilitator superfamily (MFS) transporters, and lower yields seen with LeuT. This may be due to an increased propensity for aggregation during insertion linked to the complexity in LeuT conformation and the knotted topology (Harris, 2017; Harris and Booth, 2019). The lack of improvement of insertion efficiencies through lipid optimization may be due to the complex structure of LeuT hindering insertion. In addition to this, LeuT is derived from eubacterium whereas the other transporters previously investigated are integral membrane proteins found in E. coli. The native membrane conditions required by such proteins are thus inherently different and we are limited further by the complexity in simulating a near-native environment for LeuT. More is known about the lipid architectures of E. coli, and much less about the lipid species and arrangements in the eubacterium A. aeolicus.
Further investigations into function would be required to investigate the functionality of cell-free synthesized and spontaneously incorporated protein. The low yields obtained for LeuT when synthesized in cell-free IVTT systems mean that functional assays are not viable methods to probe folding and activity. With yields of ≤ 0.7 μg (PURExpress®) or ≤ 2.3 µg (EXPRESSway™) per reaction of purified LeuT proteoliposomes, it was not feasible to calculate protein activity using the functional assay as previously devised for LeuT where at least 40 μg of protein was reconstituted into liposomes for each assay (Sanders et al., 2018). Despite this, previous work with other membrane proteins such as GlpG, DsbB and LacY has shown that functional protein can be synthesized in cell-free systems using our methodologies (Findlay et al., 2016; Harris, 2017). Radiolabeled gels or western blot analysis can also be used to qualitatively ascertain the quality, purity and overall proportion of spontaneously inserted protein. Our previous work has shown that protein can be considered to be folded, and therefore likely to be functional, when incorporated into proteoliposomes, present in the top fraction on a gel after sucrose gradient purification (Harris, 2017).
Low yields of protein synthesised in IVTT are incompatible with our method of quantifying insertion efficiencies using LSC counts, as these cannot distinguish above background (Supplementary Table S2). In Expressway™, low amounts of inserted protein were recovered in sucrose gradient fractions with cardiolipin containing liposomes. In some cases, as much as ∼95% of the protein is lost. The quality of some CL samples with very low protein recovery meant that the data could not be compared, and therefore for our analysis we used a cut-off of (80%) recovered protein. This is highlighted by the negative correlation seen with high initial total protein yields, and low protein yields recovered after gradient purification in EXPRESSway™ (Supplementary Figure S4), with liposomes containing cardiolipin, in particular CLE. coli lipid species. This effect is not observed with cardiolipin containing liposomes in the PURExpress® system so is a result of an interaction between the liposomes and the reaction components (Supplementary Figure S5).
In EXPRESSway™, protein yields tend to be higher, possibly as a result of larger reaction volumes. However, because the yield of protein recovered in the gradient after purification remains consistent across both IVTT systems, it shows that high initial yields do not always equate to more inserted protein being produced. IVTT systems still prove to be useful methodologies to probe protein insertion into liposomes in a range of lipid compositions (Cheng and Bahar, 2019; Chong, 2014; Collinson, 2019; Harris and Booth, 2017; Quick et al., 2009).
LeuT Lipid Dependency
Liposomes comprising DO lipids enabled us to probe the various effects lipids can have on the synthetic lipid bilayer, and to measure what effect this has on LeuT insertion efficiency. For example, DOPC lipids assemble naturally into bilayers, and DOPE lipids do not, instead forming non-lamellar structures. Using DOPC as a standard for comparison, this lipid species has a neutral headgroup, unsaturated fatty acid chains and forms fluid bilayers. Introducing DOPE into a bilayer of DOPC is known to increase the outward lateral chain pressure, and to reduce the laterally exerted pressure in the headgroup region to create bilayers that show an increase in activation energy associated with insertion of a protein helix across a bilayer (Lorch and Booth, 2004). Addition of DOPG, a lipid species with a negatively charged headgroup introduces charge to the bilayer without significantly impacting bilayer fluidity or lateral chain pressure. Such manipulations of bilayer properties were hypothesized to affect the spontaneous insertion of LeuT, and yet we find little dependence of insertion yield on lipid composition when either DOPG or DOPE are introduced into the bilayer (Figure 2).
DPh lipids were used to provide bilayers with nearer-native properties to the A. aeolicus eubacterium. In these lipid conditions, low yields and an absence of improvement for insertion efficiency was seen. Although DPh branched lipids have a shorter fatty acid chain tail length, the thickness of bilayer produced is comparable to that of DO lipid bilayers (Tristram-Nagle et al., 2010; Kučerka et al., 2011). DOPC and DPhPC bilayers yielded comparable percentage insertion of LeuT (Figure 2). In DPhPG, the average initial total protein yield was significantly lower than yields seen in other DPh lipid mixes suggesting inhibition of protein expression when using pure DPhPG. A lack of lipid dependency is further illustrated by LeuT insertion into IMVs, where no improvement was present. The 2.7 µg of total protein in this condition (Table 1) is comparatively low to other total protein yields in Expressway™ (Table 3), even when we consider that these LSC counts correspond to both spontaneously inserted LeuT as well as other IMV components.
In PURExpress®, addition of cardiolipin species hindered LeuT insertion (Table 2). Comparing pure DOPC lipid bilayers to liposomes comprised of DOPC and either 0.5% or 5.5% CLE. coli, there is a decrease in LeuT insertion efficiency (Figure 2). Anionic phospholipids, such as CL, are understood to have a higher tendency to aggregate within IVTT buffers (Kuruma and Ueda, 2015), which is likely to increase the amount of protein lost during purification. With 0.5 and 5.5% concentrations of CL, the direct propensity for aggregation on insertion efficiency is likely to be minimal in PURExpress®. It would be more reasonable to suggest that the result seen with certain species of CL show that CL is less favored for insertion by LeuT. We would expect to see a marked decrease in insertion in liposome conditions containing 5.5% CL when compared with 0.5% CL if this was the case. CLE. coli comprises a mix of various CL species, containing only 14% CL18:1. If insertion is less negatively affected when this lipid is present than when other CL species in the natural CL extract are present, this may account for the increase in insertion efficiency between 0.5 and 5.5% CLE. coli, as more CL18:1 would be present in the latter liposome composition.
In the natural CLE. coli extract the general alkyl chain length of fatty acid tails is ≤ 19 carbons, with the most prevalent CL species being 16:0 at 33% and cyclo17:0 at 27%. Purified 16:0 CL (CL16:0) was tested in EXPRESSway™ at 0.5 and 5.5% concentrations with and without SecYEG, but there was poor proteoliposome recovery after purification (Supplementary Table S7), as seen with other CLE. coli IVTT reactions. These low recovery yields meant that LeuT insertion could not be reliably compared to the other samples in EXPRESSway™. An increase in sample loss during purification was a feature of all liposome reactions using this IVTT kit, however the type of CL present had some impact, with CL18:1 least affected. As cardiolipin is essential to the function of many membrane proteins, including the translocon (Collinson, 2019; Ryabichko et al., 2020), it is not always possible to do without it entirely. Where required, optimizing CL type to reaction conditions can help reproducibility.
SecYEG Effects on LeuT Insertion
Our previous work utilizing IVTT for the synthesis of membrane proteins has focused on spontaneous insertion in the absence of the translocon machinery. We were interested in whether insertion could be improved above that of bilayer manipulations, through the reconstitution of SecYEG into liposomes supplemented into cell-free IVTT systems. Reconstitution of SecYEG for investigating the effect of the translocon on LeuT insertion needed to strike a balance between a high enough concentration to yield an effect, whilst also leaving enough surface lipid so as not to restrict incorporation in vitro.
Initial experiments with SecYEG showed no improvement in the insertion efficiency of LeuT during IVTT. The question this poses is thus; does the presence of SecYEG directly influence or inhibit LeuT incorporation into liposomes, or does the presence of SecYEG induce other effects which make the liposomes more or less suitable for spontaneous incorporation? This would equally remain a point of contention if the results showed an improvement in LeuT insertion. Although SecYEG is present in our membrane mimics, we cannot conclude that LeuT insertion is being facilitated in vitro and indeed using this protein conducting channel for insertion. Incorporation may still occur spontaneously, avoiding the translocon altogether. It may be that reconstituted SecYEG prompts a change in the surrounding lipids, affecting the fluidity and or curvature of the liposome lipid bilayer, which in turn may be behind any observed changes to the final percentage insertion of LeuT. Although this is less likely as LeuT shows little lipid dependency. Another important point to address would be that SecYEG is part of the E. coli translocon machinery, and is thus non-native to the eubacterium A. aeolicus, even as eubacterial proteins are transported through a homologous complex (Trueman et al., 2012).
Our results showed that higher concentrations of reconstituted SecYEG (1 in 25 w/w protein: lipid) in some lipid conditions improved insertion. We highlight that 5.5% CL18:1 yielded the best improvement in LeuT insertion when the SecYEG translocon was present at the highest protein: lipid ratio investigated, where we saw the highest insertion efficiency for LeuT at 32.3 ± 0.1% (Figure 3) (Table 4). All other concentrations of SecYEG in both cardiolipin species lipid mixes showed no improvement in LeuT insertion, and in CLE. coli, spontaneous insertion appeared hindered by the presence of SecYEG (Table 3). Is the effect of SecYEG on insertion concentration dependent? When a certain concentration of SecYEG is present, is LeuT more efficiently and effectively incorporated into proteoliposomes, or, does having more or less SecYEG per liposome alter conditions for bilayer insertion? Any lipid effects instigated by the presence of SecYEG could change when variable amounts of SecYEG is reconstituted per liposome, which would require further detailed study.
CONCLUSION
We have shown that it is possible to use an in vitro cell-free approach for studies on the co-translational insertion of LeuT, which extends the applicability of this cell-free method to an important membrane protein transporter class. The resulting yields of insertion of LeuT are however lower than those previously reported for other membrane proteins. This may be due to the lipid composition being suboptimal and/or the knotted structure of LeuT. LeuT is a topologically complex protein that does not definitively require SecYEG for incorporation into liposomes under the conditions that were probed here. It is possible that the thermodynamics of insertion are as such that if a membranous environment is present, regardless of a complex topology, insertion is more favorable than aggregation in solution.
It appears that LeuT is also resilient to perturbations in the lipid composition, although further studies into a wider range of lipid compositions may start to reveal a dependence. Our results showed that co-translational insertion efficiency could not be improved above 24 ± 6% regardless of the lipid composition in the liposomes tested. The low insertion efficiencies can equally be explained by the minimal cell-free in vitro conditions not being optimized for protein insertion. We show that for DO and DPh lipids the insertion of LeuT remains consistent, and we see a general decrease in these efficiencies when CL is added at the concentrations we tested. In addition to this we show that the presence of the bacterial translocon did not consistently improve the insertion efficiency of LeuT, a result that was unexpected owing to the complex topological nature of this transporter. We can however increase the insertion efficiency to 32.3 ± 0.1% with the addition of SecYEG, above what can be achieved with lipid optimization. This builds upon previous work investigating the lipid dependency of other transporters insertion in IVTT cell-free, and contrasts with this former work which showed a high dependency on lipid environment (Harris et al., 2020; Harris, 2017; Harris and Booth, 2012; Harris and Booth, 2019).
Insertion was less favored when we included nearer-native lipids into our liposome membrane mimics. As so little is known about the lipid species and compositions of eubacterial membranes, our synthetic mimics are unlikely to be entirely representative to the native membrane environment of A. aeolicus. The membrane lipid architectures and structures favored by LeuT may be different to those tested here, or LeuT may have less dependance on an optimal lipid composition for insertion and folding. Lipids are known to play key roles in modulating protein insertion folding and function and we anticipate that while LeuT inserted is likely to be folded, this folding is likely to be fine-tuned by a lipid environment more native than that tested within the scope of this investigation.
We build upon our previous investigations using cell-free IVTT systems, expanding to include the first such study on a transporter with a topologically complex structure. By finding new avenues in which to probe this protein in vitro, we are expanding the toolkits available to investigate the co-translational folding of more complex proteins, adding to the knowledge of how these proteins may fold in vivo.
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Strain

BW25113
BB3
JWO0157
JW2479
AMMO2
AMM93

Genotype

1aCF [MMBr NaCZuus16 hSOR514 AaraBADs ArhaBAD prg

BW25113 (kan araC araBp-yrbK)1

F-, A (araD-araB)567, AdegP775kan, AlacZ4787 (rmB-3), 1", rph-1, 4 (thaD-ThaB)568, hsdR514
F-, A (araD-araB)567, AlacZ4787 (mB-3), X", AylgC742:kan, ph-1, A (thaD-rhaB)568, hsaR514
BWW25113 AdegP

BW25113 ayigC

Source or reference

Datsenko and Wanner (2000)
Sperandeo et al. (2006)

Keio collection, Baba et al. (2006)
Keio collection, Baba et al. (2006)
This work

This work
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mic*

BW25113 AMM92 AMM93
LPC-058 0031 pg mi”* 0.031 pgmi™ 0.031 pg mi™"
EDTA 20mM NT NT
Polymyxin B 1.2 ug mi~" NT NT
NH.VO5 25mM NT NT
Aztreonam 30 g mi™! NT NT
Cefsulodin 20 pg mi™! NT NT

IMIC, minimum inhibitory concentration: NT. not tested.
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Lipid Composition

DOPC
DOPC:DOPG
DOPC:DOPE
DOPE:DOPG
DOPC:DOPE:DOPG
DPhPC
DPhPG:DPhPC
DPhPG:DPhPC
DPhPG:DPhPC

MV

Lipid Molar Ratio

1
50:50
50:50
50:50

24.5:50.5:25

34:66
50:50
66:34

Mean Insertion (%)

20
24
18.4
176
16.5
175
125
16.3
214

19.8

SEM

6.9

58
35
36
21
4.0
41
4.8

1.9

Average Yield (ug/25 )

0.56
0.62
0.59
0.61
0.56
0.42
0.30
0.40
0.53

27
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DOPC:DOPE:DOPG:CLE, co

DOPE:DOPG:CL 5.1

Lipid Molar Ratio

99.5:05
95:5
24:51.5:24:0.5
50.5:49:0.5
53:41.5:5.5
72:27.50.5

Mean Insertion Efficiency (%)

83
129
13.9
191
16.2
174

SEM

1.0
18
16
17
1.9
37

Average Yield (ug/25 pL)

0.55
0.56
0.57
0.60
0.62
072
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Lipid Molar
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72:27.50.5

72:22.55.5
72:27.50.5
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72:2255.5

72:2255.5

SecYEG

no

yes
no

yes
no

yes

no

yes

Mean Insertion
Efficiency (%)

187
20.1
238
218
203

163
283

211

SEM

22
11
29
24
21

59

37

0.1

Average Total Yield
(ug/50 pt)

4.6
44
4.3
44
42

42
40

23

Average Yield Purified
(ug/50 pt)
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1.7
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15
1.7
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Antimicrobial agent tested

SMX-TMP
TLN
TOB
VAN

WT

18
32
0.5
30

0.25
<7.5

512
16
1024
0.03
512
16
0.25
16
256

CHXR1

2
18
8
0.5
30
8
0.25

A 0O b O 0 —

256
16
1024
0.03
512
16
0.25
4
512

CHXR2

512

CHXR3

256

Bold values indicate > 2-fold differences in MIC as compared to WT. ALX,
alexidine dihydrochloride; BZK, benzalkonium chloride; CAZ, ceftazidime; CDAB,
cetyidimethylethylammonium bromide; CET, cetrimide bromide; CHX, chlorhexi-
dine digluconate; CIP, ciprofloxacin; CM, chloramphenicol;, COL, colistin; CPC,
cetylpyridinium chioride; CTAB, cetyltrimethylammonium bromide; DDAB, dodecyl-
dimethylammonium bromide; DOM, domiphen bromide; DOX, doxycycline; ERY,
erythromycin; KAN, kanamycin; LZD, linezolid; MEM, meropenem,; RMP rifampicin;
SXT-TMR, sulfamethoxazole-trimethoprim; TLN, triclosan; TOB, tobramycin; VAN,

vancomycin.
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Isolate/Strain MIC of CHX (i.g/mL) after specified days without added CHX selection

Day 1 Day 2 Day 3 Day 4 Day 5 Day 6 Day 7 Day 8 Day 9 Day 10
WT 2 2 2 4 4 2 2 2 2 2
CHXRA1 8 8 16 16 8 8 8 8 16 8
CHXR2 8 8 8 8 8 8 8 8 8 4-8
CHXR3 8 8 8 8 8 8 8 8 8 4-8

WT, un-adapted wild-type BW25113; CHXR1, CHX-adapted isolate 1, CHXR2, CHX-adapted isolate 2, CHXR3, CHX-adapted isolate 3 (see Table 1).
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Coding SNVs*

Gene Isolate Type of SNV** Function Location Locus Tag Uniprot ID?
miaA/vacd CHXR1 1NS, 1A Intermembrane phospholipid transport ~ Outer membrane b2346 P76506
system; outer membrane lipoprotein
CHXR2 6NS, 1T
CHXR3 4ANS, 1T
yohQ CHXRA1 10NS, 2F, 28 Putative multidrug/oligosaccharidyl- Plasma membrane b2983 Q46841
lipid/polysaccharide (MOP) flippase
superfamily transporter
CHXR3 2NS, 1S
yhiS-2 CHXR2 1S, 1F, 3NS Pseudogene; putative uncharacterized  Unknown b3504 P37635
protein
yhiS-1 CHXR3 7NS
Non-coding upstream region SNVs
Gene Isolate Type of SNV** Function Location Locus tag Uniprot ID
miaA CHXR1 12 Intermembrane phospholipid transport  Outer membrane b2346 P76506
system; outer membrane lipoprotein
insH1 CHXR2 9 CP4-6 prophage; insertion sequence 5 Plasma membrane b0259 POCE49
(1S5) transposase and trans-activator
CHXR3 2
fimE CHXR1 11 Transcriptional regulator of fimbria type = Cytosol b4313 POADH7
1 fimA
CHXR2 11
CHXR3 16

*A detailed list of SNV's and their locations is provided in Supplementary Table 2. **The total number of SNVs is provided as well as their type and they are abbreviated
as follows: synonymous (S), non-synonymous (NS), frameshifted (F), truncation due to stop codon (T), altered start codon (A). In some cases, the corresponding NS
amino acid alteration is highlighted according to its translated residue number. 2ID refers to Uniprot identification number.
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Mean transformant CHX MIC values (rg/mL)

Strain/isolate transformed pCA24N pMlaA pYghQ pMarR pFimE pYhiS pCdaR pGadE
BW25113 (WT) 2 1 2 2 4 2 2 2
CHXR1 8 2 8 8 8 8 4 8
CHXR2 8 2 8 8 8 8 8 8
CHXR3 8 2 8 8 8 8 8 8
Deletion strain Mean CHX MIC values (j.g/mL)

BW25113 (WT) 2

JW2343-KC (AmlaA) 4

JW5490-KC (AyghQ) 4

JW4276-KC (AfimE) 2

JW3471-KC (AyhiS) 2

JW3480-KC (AgadE) 4

JW5013-KC (AcdaR) 2

Bold values indicate significant >2-fold MIC changes as compared to the relevant control (pCA24N or WT).
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Strain name Genotype; Description of CHX adaptation Final concentration References
of CHX used for
adaptation (rg/mL)

BW25113 F- A(araD-araB)567 AlacZ4787:rmB-3, \-, rph-1 A(rhaD-rhaB)568 hsdR514 - Baba et al., 2006

CHXR1 BW25113; Replicate isolate 1 adapted to CHX after 20 subcultures 2.4 This study

CHXR2 BW25113; Replicate isolate 2 adapted to CHX after 20 subcultures 2.4 This study

CHXR3 BW25113; Replicate isolate 3 adapted to CHX after 20 subcultures 2.4 This study

JW2343-KC F-, AlaraD-araB)567, AlacZ4787:rmB-3, \-, AmlaA:kan, roh-1, - Baba et al., 2006
A(rhaD-rhaB)568, hsdR514

JW4276-KC F-, AlaraD-araB)567, AlacZ4787:rrB-3, \-, AfimE:, rph-1, A(rhaD-rhaB)568, - Baba et al., 2006
hsdR514

JW5248-KC F-, AlaraD-araB)567, AlacZ4787:rmB-3, \-, AmarR:, rph-1, A(rhaD-rhaB)568, - Baba et al., 2006
hsdR514

JW5490-KC F-, AlaraD-araB)567, AlacZ4787:rmB-3, \-, AyghQ:, roh-1, A(rhaD-rhaB)568, — Baba et al., 2006
hsdR514

JW3471-AM F-, AlaraD-araB)567, AlacZ4787:rrB-3, '\-, AyhiS:, roh-1, A(rhaD-rhaB)568, — Baba et al., 2006
hsdR514

JW3480-KC F-, AlaraD-araB)567, AlacZ4787:rmB-3, \-, AgadE:, rph-1, A(rhaD-rhaB)568, — Baba et al., 2006
hsdR514

JW5013-KC F-, AlaraD-araB)567, AlacZ4787:rmB-3, \-, AcdaR:, roh-1, A(rhaD-rhaB)568, — Baba et al., 2006
hsdR514

Plasmid name Plasmid details Antimicrobial References

pCA24N(-)
pMiaA
pYghQ
pFimE
pYhiS
pGadE
pCdaR
pMarR

Parental; T5-lac promoter expression vector
pCA24N(-) with miaA cloned with Hisg-affinity tag fusions at the C-terminus
pCA24N(-) with yghQ cloned with Hisg-affinity tag fusions at the C-terminus
pCA24N(-) with fimE cloned with Hisg-affinity tag fusions at the C-terminus
pCA24N(-) with yhiS cloned with Hisg-affinity tag fusions at the C-terminus
pCA24N(-) with gadE cloned with Hisg-affinity tag fusions at the C-terminus
pCA24N(-) with cdaR cloned with Hisg-affinity tag fusions at the C-terminus
pCA24N(-) with marR cloned with Hisg-affinity tag fusions at the C-terminus

resistance marker

CM
CM
CM
CM
CM
CM
CM
CM

Kitagawa et al., 2005
Kitagawa et al., 2005
Kitagawa et al., 2005
Kitagawa et al., 2005
Kitagawa et al., 2005
Kitagawa et al., 2005
Kitagawa et al., 2005
Kitagawa et al., 2005

CM, Chloramphenicol; Hisg, hexahistidine.
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Strain name

N315

N315-Dap1

N315-Dal0.5

N315-Van8

Selection drug

DAP

DAL

VAN

VAN

05

1

DAP

0.125

1

Cross-resistance MIC (ug/mi)

DAL

0.0039

0.0039

0.5

NAF  LEX MEM

16 32 16

025 0.125 32

>32 8 16

05 1 8-16

CRO

512

512

2048

64

FOX

128

128

128

64-128

CPT

05

05

025

Gene Name

walK
yibH
vraS

walk
vraT
SA1741

aspl
norA

Genetic variants

Nucleotide Predicted

Change Amino
Acid
Change

784A-G  Lys262Giu
257G A GiyssAsp
353T—C  Leul18Ser

1278 G - A Met426lle
20C-T  Serrleu
22C— A AaBlAsp

841A-G  Met281val
737G —-C  Cly246Ala
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Parent

SH1000

USA300 LAC
JE2

MIC (ug/mi)

0.25

05
0.25

Mutant

SH1001
SH1000-
USA300 LAG AagrA
JE2 AagrA
JE2 AagrB
JE2 nagrC

MIC (ug/mi)

0.25
06
05

0.25

0.25
05

Mutation

Full agr KO

H174L mutation in AgrA
Full agrA KO
Transposon KOs

Source

Dr. Alexander Horswill
Dr. Andrew Edwards

Nebraska transposon mutant ibrary
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Lab code

pEBO794
pEB0267
pEB0266
pEB0227
pEB1470
pEB1966
pEB1102
pEB0232
pEB1973
pEB1983
pEB1988
pEB2021
pEBO067
pEB1975
pEB2033
pEB2099
pEB0898

pEB1120
pEB1509
pEB1981

pEB1963

Name

pJL148

pKD46

pCP20

pBAD24

pBAD-nipE

pBAD-nlpEn,

pPBAD-rpoE

pKO3

pKOS3-psd
pKOS3-psd_mutCpxR
pKO3-psd_mutPo®
pKO3-psd_mutPs®_mutCpxR
pACYC184
pACYC-psd-3Flag
PACYC-psd(S254A)-3Flag
pACYC-psd

pUAGE

Limits?
psdBis —391/457
psdPot —391/-229
psdPoFmut
psdP2 —196/+95
psdP2mutCpxR

Description

ampR, kanaR, SPA-FRT-kanaR-FRT cassette

ampR, ts, lambdaRed genes

camR, ampR, pSC101 ori, ts

ampR, colE1 ori, PBAD promoter

PCR ebm981/982 (EcoRlI/Xhol) in pBAD24 (EcoRlI/Sall)
PCR mutagenesis ebm1785/1786 on pEB1470

camR, pSC101 ori, sacB

PCR ebm1762/1763 (Bglll/Xhol) in pEB0232 (BamH|/Sall)

PCR mutagenesis ebm1777/ebm1778 on pEB1973

PCR mutagenesis ebm1808/ebm1809 on pEB1973

PCR mutagenesis ebm1777/ebm1778 on pEB1988

camR, p15A ori

PCR ebm1762/968 on EB1075 (Bglll/Xhol) in pACYC184 (BamHI/Sall)
PCR mutagenesis ebom1911/1912 on pEB1975

PCR ebm1762/1763 (Bglll/Xhol) in pACYC184(BamHI/Sall)

kanaR, pSC101 ori, GFPmut2

PCR ebm435/436 in pUAB6 Xhol/BamHI
PCR ebm435/1023 Xhol/BamHI in pUAG6
PCR mutagenesis ebm1808/1809 on pEB1509

Mutagenesis ebm1777/ebm1778 on pUA-psdP2

References

Zeghouf et al., 2004
Datsenko and Wanner, 2000
Cherepanov and Wackernagel, 1995
Guzman et al., 1995

This work

This work

Wahl et al., 2011

Link et al., 1997

This work

This work

This work

This work

Chang and Cohen, 1978
This work

This work

This work

Zaslaver et al., 2006

This work
This work
This work
Zaslaver et al., 2006
This work
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Function

Homeoviscous adaptation; Increased anteiso FA, decreased straight chain FA
Homeoviscous adaptation; A-5-FA desaturase

Surface charge modification; D-alanylation of LTA, WTA; contributes to
lantibiotic resistance

Surface charge modification; synthesis of PE (zwitterionic lipid) from anionic
phosphatidylglycerol; upregulated by 1-butanol treatment

YtpA; FA chain hydrolysis to generate lysophospholipids

YtpB; initiating enzyme in sesquarterpene synthesis

Alternative LTA synthase; induced in strains lacking the primary synthase (LtaS).

FloA and FloT flotillins (SPFH family); integral membrane proteins implicated in
lipid raft function; Induction of ygeZ-floA-yqfB operon provides resistance
against sublancin.

PspA; phage shock protein A (PspA/VIPP1/IM30/ESCRT Il family), membrane
protection and remodeling; contributes to nisin resistance.

YknWXYZ (transporter) and YfhLM provide protection against the SdpC
“cannibalism toxin.” YfhL is a paralog of the Sdpl immunity protein.

YdbST provide protection against Amylocyclicin (cyclic lipopeptide).

LiaH; a PspA paralog, anchored by Lial. Strongly induced by
membrane-perturbing antimicrobials; induced by TAT protein export.
Prototype for flux-sensing TCS (BceRS) that integrates signals from the cognate
ABC transporter (BceAB).

A flux-sensing system for induction of linearmycin and amphotericin (polyene
antibiotic) resistance.
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Lab code
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EB425
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EB544
EB780
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EB1075
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EB1113
EB1095

EB1081
EB1103
EB1112

Name

BW25113 AcpxR:kanal
MG1655

MG1655 ppGpp®

MG 1655 AdksA
MG1655 ppGpp+
MG1655 AcpxR

EH150
psd-3Flag

AcpxR psd-3Flag
Psd-3Flag_mutCpxR
Psd-3Flag_mutPoE
Psd-3Flag_mutCpxRmutPo®
MscM-SPA

Psd_mutCpxR
Psd_mutPoE
Psd_mutCpxRmutPoa®

Description

Wild-type reference. F- i- rph-1
ArelAAspoT ::cat

MG1655ArelA spoT203 zib563:tetra

P1 transduction from EB758 in MG1655. kanaR cassette removed using

pCP20.

Mutation Gly280Asp. psd-2'

PCR ebm472/448 on pJL148 recombined in MG1655pKD46, then P1
transduction in MG1655

P1 transduction from EB1075 in EB780
Recombination pEB1983 in EB1075
Recombination pEB1973 in EB1075
Recombination pEB2021 in EB1075

PCR ebm488/489 on pJL148 recombined in MG1655pKD46, then P1
transduction in MG1655

Recombination pEB1983 in MG1655
Recombination pEB1988 in MG1655
Recombination pEB2021 in MG1655
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