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Editorial on the Research Topic
 Microbial Communities of Coastal Eutrophic Systems



Although climate change influences all life, microbes are generally not considered when discussing climate change impacts. We must explore not just how microorganisms affect climate change, including production and consumption of greenhouse gases, but also how they will be affected by climate change and other human activities (Cavicchioli et al., 2019). Indeed, coastal systems worldwide are in high risk of significant anthropogenic modifications as part of urbanization and global warming leading to increased eutrophication phenomena (Rabalais et al., 2009). Especially in these systems, where land-air-sea interactions are greater than at the open sea (Genitsaris et al., 2011), the first responders of high nutrient inputs and therefore biological indicators of the environmental status of these habitats are microbial communities. Coastal microbes, through their diverse morphology, functions, ecological strategies, and genetic content, play crucial roles in biogeochemical cycles, and food webs, which directly or indirectly affect human activities (Smith, 2003). This topic explores the responses of coastal microbial communities to environmental pressures of eutrophication and describes the complex processes that shape coastal system properties.

Coastal and estuarine sediments are drawing attention in recent years as systems highly threatened by multiple anthropogenic stressors that influence microbial populations of the benthos. Species that spend part of their life cycles in sediments, often reappear in the water column via resuspension of their resting stages, can rapidly increase in abundance under favorable growth conditions and influence planktonic food webs and biogeochemical cycles. Yi et al. reported that seasonality in bacterial assemblages of intertidal sediments in a subtropical river estuary affected by wastewaters, is related to rainfall and the monsoon climate; but spatial differences are attributed to pH variability and skewed nutrient inputs in the different sampling locations. Furthermore, RNA sequencing of sediment samples revealed higher expression patterns of multiple genes involved in bacterial stress responses far from localized anthropogenic stressors in well-flushed estuarine channels in Sydney Harbor, suggesting that bacterial communities might be more tolerant to urbanized eutrophication (Birrer et al.). Both studies suggest that several of the identified taxa with unique spatial distributions in the sediments of the sampled areas can be used as contaminant bioindicators in estuarine sediments. Complementing these contributions, Wallenius et al. reviewed the recent literature on anthropogenic and environmental constraints on the microbial methane cycle in coastal sediments. Although large amounts of methane are produced in hypoxic sediments of eutrophic coastal areas by methanogenic archaea, favored by global warming, the involvement of specific groups in methanogenesis is unclear. Furthermore, methane can be oxidized by aerobic methanotrophs in the upper sediment layers or in the water column, albeit the pathways involved, the key players and the factors controlling these processes is yet to be determined. Integration of the knowledge on microbial and geochemical processes is necessary to produce accurate predictions of methane emissions from coastal zones.

Contributions in this topic included studies on the roles of protease-producing bacteria in aquacultures, and the impacts of oyster aquaculture on nitrogen removal via bacterial processes in sediments. Protease-producing bacteria participate in the degradation processes of organic matter in aquaculture systems. Wei et al. found that protease-producing bacteria were more diverse and abundant in the sediment of tropical aquaculture systems than in the water column. Dissolved oxygen, chemical oxygen demand and salinity were the main factors with positive effects on the dominant assemblages. These findings lay the basis for the development of protease-producing bacterial agents for wastewater purification and the construction of an environment-friendly tropical aquaculture model. In parallel, Mara et al. compared three of the most common oyster aquaculture methods and their potential to enhance microbial nitrogen removal from coastal systems, through oyster biomass and particulate export to underlying sediments. All three methods enhanced nitrogen removal, albeit with different rates depending on the season, choice of gear and approach, indicating that monitoring for these shifts is essential for making decisions about siting and size of aquaculture sites from year to year.

Moving on from sediment microbes, Quéméneur et al. examined the prokaryotic diversity along environmental gradients in the water column of a Mediterranean site (Tunisian coast) for the first time. Their results support further investigation on the role of bacterioplankton in the biogeochemical cycles of the region. Knowledge on bacterial community composition and structure in the water column was considered the first step to further investigate the coupling of bacterio- and phyto-plankton in coastal areas. The resource competition between these two interdependent compartments of plankton, and how this is affecting the productivity of eutrophic sites was examined at the molecular expression level during a summer bloom in the Baltic Sea (Sörenson et al.). The expression of selected pathways of carbon, nitrogen and phosphorus metabolism varied over time, independently, for both phytoplankton and bacterioplankton, indicating partitioning of the available resources and functional flexibility, which are deemed necessary to maintain phytoplankton-bacterioplankton interactions at stable environmental conditions.

Unicellular eukaryotes were examined at the taxonomic and functional levels in the last two contributions in this topic. Wang et al. explored pico- and nanoeukaryotic diversity in coastal surface waters of northern China, and the influence of environmental factors. They concluded that taxonomic composition is related to dissolved oxygen, but functional composition is shaped by limiting nutrient gradients in a regional scale. In addition, Breton et al. applied a trait-based approach to explore the mechanisms of the seasonal species succession of diatoms and copepods in a nutrient-enriched coastal system marked by recurrent spring Phaeocystis blooms. Results suggest that the trade-off between the competition advantages and the costs of defense mechanisms played important roles in promoting species richness and in triggering Phaeocystis blooms in the meso-eutrophic Eastern English Channel. The seasonal maximum of the defense trait that is the start of Phaeocystis single cells transformation into mucilaginous colonies and the timing of the bloom initiation of Phaeocystis were synchronized. Copepod assemblage homogenization coincided with the harmful, foam producing Phaeocystis bloom, confirming that eutrophication favors biotic homogenization which leads to blooms of inedible species, such as Phaeocystis.

The advances in high-throughput sequencing accompanied by the technological innovations of classical microscopy have provided the researchers contributing to the topic the tools to address questions on the diverse and complex marine microbial communities of eutrophic coastal areas. These contributions highlight the magnitude of the unexplored microbial diversity, the complex responses of marine microbes to cultural eutrophication in terms of community structure and roles, and offer insights on the who, when, where, and how they are affecting ecosystem function and biogeochemical cycles.
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Microbial communities are important indicators of aquatic ecosystem health, responsible for functional roles sustaining the ecosystem such as nutrient cycling, as well as environmental problems. Urbanized estuaries are vulnerable intersections between terrestrial and marine ecosystems and are susceptible to pressure and perturbation from both natural processes and human activities over time. The response by microbial communities toward changes in the environment should be closely monitored and studied. In this study, microbial communities in brackish intertidal sediments, sampled seasonally over a year along the coast of Yangtze River estuary, were analyzed using 16S rRNA gene sequencing. Potential compositional and functional changes in microbial communities resulting from temporal variation and associated physiochemical gradients in the environment were studied and notable patterns were observed over time. Summer season was recorded with the lowest microbial community α-diversity. For β-diversity, spatiotemporal differentiation in community structures was recorded with seasonal clustering. Proteobacteria was recorded as the most dominant phylum among all sampling sites throughout the year but its relative abundance showed no temporal changes. Instead, relative abundances of phyla Actinobacteria, Chloroflexi, and Verrucomicrobia were found to differ significantly over time, generally favoring the wet Spring and Summer. In contrast, temporal variation was observed for the class Deltaproteobacteria and some of the corresponding sulfate/sulfur-reducing bacterial genera, favoring the dry Autumn and Winter. However, there were no major temporal changes in ecological functions contributed by microbial communities throughout the study period. While results from redundancy analysis showed that the subtle changes in pH in the environment had the greatest impact on microbial community composition, the variation it explained remained relatively low. Alternatively, precipitation, distinguishing the dry and wet seasons of the subtropical monsoon climate zone, was suggested to be another potential key factor influencing microbial community composition and their relative abundances. The present study provides new data and insights on the impact of temporal variation on microbial community composition and ecological function in an urbanized estuarine ecosystem.

Keywords: Yangtze River estuary, intertidal sediments, microbial community, community composition, seasonal dynamics, ecological functions


INTRODUCTION

Microbes are important components of estuarine ecosystems responsible for driving many biogeochemical processes, ranging from regulatory functions for the cycling of nutrients, such as nitrogen, phosphorus, and sulfur (Falkowski et al., 2008), to biodegradation and decomposition of pollutants (Xie et al., 2016). However, the role and performance of microbial communities are susceptible to impact from changing environments (Suh et al., 2015).

Estuarine intertidal mudflats are known interactive zones between terrestrial and marine ecosystems. Intertidal sediment conditions can constantly change due to different natural processes such as freshwater input, terrestrial runoff, and incoming tides, as well as anthropogenic impact (Guo et al., 2018). This variability has resulted in microbial communities in intertidal sediments displaying richer composition and overall biodiversity, compared to marine ecosystems (Wang et al., 2012). In particular, the surface sediment layer has the highest microbial activity; the sensitive microbial communities from surface sediments can also be indicators of ecological health (Duarte et al., 2012; Kallmeyer et al., 2012). The status of the active and diverse microbial communities in estuarine ecosystems has great economic and ecological significance (Grizzetti et al., 2019).

In terms of environmental changes, temporal variation such as the succession of seasons can be an important factor, leading to differences in tides and precipitation. Subsequently, the amount of dissolved oxygen in surface sediments are often dynamic (Murphy et al., 2011; Peterson et al., 2013). Oxic-anoxic conditions have knock-on effects on the nutrient conditions of the environment and potential respiration rates of microbes (Karhu et al., 2014). Seasonal changes may have notable effects on microbial community composition patterns and corresponding ecological functions due to microbial adaptation (Gilbert et al., 2012; Aguirre et al., 2017). For marine ecosystems, previous long-term monitoring study showed that microbial communities can display seasonal patterns, and the data can be used to predict the effects microbial communities have on geochemical cycles (Giovannoni and Vergin, 2012). For urbanized estuarine ecosystems, spatiotemporal dynamics of microbial communities can be important indicators of water quality and ecological conditions, with human health consequences (Kaestli et al., 2017). Therefore, microbial ecology studies on community-level responses to temporal variations have important implications. They can provide beneficial data to help evaluate relevant long-term impact imposed on an ecosystem, and to identify patterns in microbial community diversity and ecological functions, especially for an ever-changing environment.

The urbanized Yangtze River estuary receives freshwater from Yangtze River and its tributaries and discharges to the East China Sea. With anthropogenic input including nutrients (Liu et al., 2003) and pollutants (Shi et al., 2014), Yangtze River estuary is a complex hydrological environment with rich fisheries resources and great economic significance (Kindong et al., 2020). Yangtze River is also a source of drinking water for nearby cities. The importance of Yangtze River estuary is well established, but to our knowledge, there are very limited field monitoring data available on the potential temporal or seasonal patterns of microbial communities in the estuarine intertidal mudflats, as previous studies have tended to focus on spatial differences or specific groups of bacteria (Guo et al., 2018; Niu et al., 2018; Xu et al., 2018). The advances in sequencing methods such as high throughput 16S rRNA gene sequencing have facilitated microbial studies on a community-level, allowing research on community composition, phylogeny, and ecology (Dyksma et al., 2016; Fan et al., 2016), as opposed to previous species-level approach. In the present study, microbial communities in the Yangtze River estuary, obtained along the brackish boundary region approaching the East China Sea, were characterized. Microbial communities were sampled seasonally over the course of one year with the aim to monitor and identify potential patterns and shifts in microbial community composition and corresponding ecological functions with changing seasons. Environmental factors which may be responsible for potential differences were evaluated to determine their correlation and contribution to compositional and functional changes. Results will help to inform and allow for timely decision making to better manage the valuable ecosystem. This study contributes to the understanding of microbial communities in coastal waters and will be a useful reference for future studies to evaluate impact on estuarine ecosystems.



MATERIALS AND METHODS


Site Description and Sample Collection

The Yangtze River estuary is the mouth of an urbanized waterway, carrying significant volumes of freshwater from Yangtze, subsidiary rivers, and lakes to the East China Sea. The Yangtze River is located in the subtropical monsoon climate zone, with warm, humid summer seasons during May to August, and cool, dry winter seasons during December to February, with an annual temperature range between 6 to 28°C, averaging at 16°C. The annual average precipitation is around 1057 mm, recorded mainly during the Summer season between May to October (Shen, 2020).

In this study, estuarine sediment samples were collected at seasonal intervals on April 12th (Spring), July 23rd (Summer), November 13th (Autumn) of 2016 and January 10th (Winter) of 2017. Five sampling sites were selected along the Yangtze River estuary (Figure 1), including Wusongkou (WSK, 31°24′ N, 121°30′ E), Shidongkou (SDK, 31°28′ N, 121°23′ E), Liuhekou (LHK, 31°31′ N, 121°17′ E), Qiyakou (QYK, 31°36′ N, 121°14′ E) and Xupu (XP, 31°45′ N, 120°57′ E) (Supplementary Figures 1–5). Sampling sites were coastal brackish intertidal mudflats. Notably, a wastewater treatment plant outlet is located near the SDK sampling site. For each season, intertidal sediments for all five sampling sites were collected on the same day. Dates and time were chosen according to the tidal table to allow efficient sample collection during low tide period for all sites.
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FIGURE 1. Map of the locations of sampling sites along the Yangtze River estuary tidal mudflats. WSK = Wusongkou; SDK = Shidongkou; LHK = Liuhekou; QYK = Qiyakou; XP = Xupu. Black and white arrows indicate direction of saltwater and freshwater, respectively. Numbers on black lines represent salinity gradients. The black star indicates the outlet of Shidongkou wastewater treatment plant.


A sterile polyethylene shovel was used for sample collection. Above surface sediments (0 - 5 cm) were removed using the shovel before collection of sediment samples (5 - 7 cm). At each site, samples were collected in triplicates and pooled together as one representative sample for subsequent analytical purposes. Over the year, a total of 60 samples were collected and pooled into 20 samples. Samples collected were placed in individual sterile plastic bags in an ice box and transported back to laboratory on the same day. At the laboratory, samples collected were separated into two portions. A portion was stored at 4°C for the characterization of physicochemical properties of the sediments. The other portion was stored at −80°C for DNA extraction. All samples were prepared and handled within seven days after collection.



Characterization of Physicochemical Properties

Physicochemical properties of sediment samples were measured either in situ or in the laboratory. Salinity of pore water was measured in situ using a portable salinity meter (Model 30, YSI Incorporated, United States). Similarly, pH of pore water was measured in situ using a portable pH meter (SIN-PH170, Hangzhou Sinomeasure Automation, China). Sediment samples were then transported to the laboratory and dried at 50°C before measurement of grain size and nutrient concentrations. The grain size of sediments was analyzed using a laser granulometer (LS 13320, Beckman Coulter Corporation, United States). Total nitrogen (TN) concentration in sediments was measured using an elemental analyzer (Vario EL III, Elementar, Germany). Total organic carbon (TOC) concentration in sediments was determined using the K2Cr2O7 redox titration method. Total phosphorus (TP) concentration in sediments was determined using the Murphy-Riley modified solution method (Murphy and Riley, 1962).



DNA Extraction and 16S rRNA Gene Sequencing

DNA extraction and isolation from sediment samples were carried out using the E.Z.N.A.TM Soil DNA Kit (D5625-01, Omega Bio-tek, Inc., United States). Extracted DNA were measured through quantitation assays with a Qubit 2.0 Fluorometer (Invitrogen, United States) for subsequent PCR. Primers used for the amplification of bacterial 16S rRNA gene were 314F (5′-CCTACGGGNGGCWGCAG-3′) and 805R (5′-GACTACHVGGGTATCTAATCC-3′), targeting the V3–V4 hypervariable regions (Herlemann et al., 2011). A 30 μL PCR was carried out, containing: 15 μL of 2 × Taq Master Mix, 1 μL of Bar-PCR primer F (10 μM), 1 μL of Primer R (10 μM), 20 μg of DNA template, and deionized water. PCR was conducted under the following cycling conditions: initial denaturation at 94°C for 3 min; followed by 5 cycles of amplification in which each cycle consisted of denaturation at 94°C for 30 s, primer annealing at 45°C for 20 s and extension at 65°C for 30 s; followed by 20 cycles of 94°C for 20 s, 55°C for 20 s and 72°C for 30 s; followed by final extension at 72°C for 5 min. Products of the first PCR were used as the template for subsequent PCR, with the addition of primers allowing for IlluminaTM Bridge Amplification. Second round of PCR was conducted under the following cycling conditions: initial denaturation at 95°C for 3 min; followed by 5 cycles of amplification in which each cycle consisted of denaturation at 94°C for 30 s, primer annealing at 55°C for 20 s and extension at 72°C for 30 s; followed by final extension at 72°C for 5 min. Amplicon products were quantified using Qubit 2.0 Fluorometer. Finally, for each sample, 10 ng (20 pmol) of the product were paired-end sequenced using the IlluminaTM MiSeq sequencing platform (Illumina, United States), conducted at Sangon Biotech (Shanghai, China). Sequences generated from the samples used in this study have been deposited in the Sequence Read Archive (SRA) database of the NCBI. Accession numbers for the 20 samples collected from the Yangtze River estuary are SRX 3851127 - 3851146.



Data Analysis


Bacterial OTU Clustering and Taxonomic Classification

Sequencing data were analyzed using the data processing tool Quantitative Insights Into Microbial Ecology 2 (QIIME2) (Bolyen et al., 2019). After importing raw sequencing data (FASTQ) into QIIME2, sequence reads from different samples were demultiplexed according to the barcode sequences. The bacterial paired-end reads were then merged using the VSEARCH pipeline (Rognes et al., 2016). After filtering chimeric and short sequences, reads were clustered into OTUs using closed-reference OTU picking based on a 98% similarity cutoff (Edgar et al., 2011; Rognes et al., 2016).

Classifying OTUs into taxonomy can allow further analysis of the microbial community composition at different taxonomic ranks (Lan et al., 2012). Representative sequences from each OTU were assigned to taxonomy according to the SILVA r138.1 reference database using QIIME2 at > 93% confidence (Quast et al., 2013). The relative abundances of bacterial communities were studied at different taxonomic levels, such as phylum, class and genus. At each level, taxa were considered dominant if the average relative abundance was above 1%.



α- and β-Diversity Analysis

An array of α- and β-diversity measures were calculated using QIIME2. The α-diversity of bacterial communities was analyzed using ACE, Chao1 and Shannon’s indices, based on the assigned OTUs. Rarefaction curve for random sampling was established to assess species richness and diversity between samples (Supplementary Figure 6). The differences in α-diversity between microbial communities under the influence of different environmental factors were evaluated using Tukey’s HSD test followed by Pearson’s correlation.

The analysis of β-diversity was conducted through an unweighted UniFrac analysis, as it is sensitive toward rare species of low abundance and is more representative of microbial community diversity in the environment. Based on the UniFrac analysis, a principal coordinate analysis (PCoA) was used to compare microbial communities (Lozupone and Knight, 2005), using the QIIME2 pipeline. Differences between microbial communities were analyzed through Permutational Multivariate Analysis of Variance (PERMANOVA, Adonis test) using QIIME2 (Anderson, 2014).



Functional Annotation of Microbial Communities

Microbial ecological functions were annotated using Functional Annotation of Prokaryotic Taxa (FAPROTAX) based on OTU classification (Louca et al., 2016). FAPROTAX is one of the common predictive methods that utilizes 16S rRNA gene sequencing, extrapolating microbial taxa into putative functions based on literature and cultured microorganism database (Kumar et al., 2019).



Statistical Analysis

Differences in physicochemical properties between collected samples were analyzed using one-way ANOVA and Tukey’s HSD test. Differences in relative abundances of microbial community compositions were analyzed using the Welch’s t-test (White et al., 2009) and Statistical analysis of metagenomics profiles (STAMP) tool (Parks et al., 2014).

Principal component analysis (PCA) and redundancy analysis (RDA) were then carried out using Canoco5 to investigate the relationships between environmental factors, microbial community composition and abundance, and ecological functions (Ter Braak and Šmilauer, 2002). PCA can reflect spatial and temporal variation in microbial communities. Based on PCA, RDA can reveal the impact of different environmental factors on the composition and abundance of microbial communities, and determine whether they contribute significantly to changes (Sun et al., 2018). The used data were log (x + 1) transformed prior to the RDA.

The correlation between environmental factors, relative abundances of bacterial taxa, and their contribution toward ecological functions were analyzed using Spearman’s correlation. Statistical analyses were carried out using the SPSS Statistics Version 22.0 (IBM Corp., United States) software. Differences were considered significant when P < 0.05.



RESULTS


Characteristics of the Estuarine Sediments

Physicochemical properties of estuarine sediments were summarized in Table 1. The salinity of pore water from sampled areas were generally low, ranging between 0.1–0.4. The pH values ranged between 7.20–7.82 and displayed no significant temporal or spatial differences. Salinity, pH, and grain size of sediments in intertidal mudflats of the Yangtze River estuary showed low variance throughout the year, whereas nutrient concentrations showed greater variability. The 20 samples were further separated into four seasonal groups to identify seasonal patterns. Results showed that only TOC concentrations displayed a significant temporal change from Spring to Summer (P < 0.05). It is suspected that anthropogenic sources of wastewater input and Liuhe River may have an impact on the environmental conditions of downstream sampling sites along Yangtze River estuary, such as WSK and SDK. By grouping the collected data based on location, results revealed that the TN concentrations of WSK and SDK region were significantly higher than its counterpart from LHK, QYK and XP region (P = 0.03). Similar patterns were found for TP, but the difference was statistically insignificant (P = 0.07).


TABLE 1. Physicochemical properties of intertidal sediments along the Yangtze River estuary at different seasons.
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Temporal Differences in Microbial Community Diversity


α-Diversity

The differences in α-diversity of microbial communities with changing seasons were calculated. A high Good’s coverage value showed that the samples could be considered representative of the intertidal sediments. Overall, the structure of microbial communities was relatively stable. When samples were grouped according to sampling season, the Shannon index showed no significant change in overall diversity across all four seasons. However, during Summer, the OTUs in microbial communities were significantly lower compared to other seasons (Tukey’s test, P < 0.05). Furthermore, the Chao1 index revealed that richness of microbial communities can show significant temporal differences, with Spring having the highest richness, followed by Winter, Autumn and Summer (Tukey’s test, P < 0.05). Notably, only the difference between Winter and Autumn was insignificant (Tukey’s test, P = 0.801). The α-diversity indices of the samples are summarized in Table 2.


TABLE 2. Summary of the richness and diversity indices of microbial communities among different seasons.
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Pearson’s correlation was used to further investigate the relationship between microbial community richness, diversity, and physicochemical properties of sediments, as summarized in Table 3. Microbial community richness and diversity indices of the 20 samples showed significant positive correlation (R = 0.503, P = 0.024), confirming that as richness increases, diversity is also expected to increase. Among all the samples collected, there is a significant positive correlation between microbial community richness and pH values (R = 0.531, P = 0.016); and a significant negative correlation with TOC (R = −0.633, P = 0.003). Furthermore, microbial community diversity showed a significant negative correlation with TP of the sample (R = −0.465, P = 0.039).


TABLE 3. Summary of Pearson’s correlation between the richness and diversity of microbial community, and physicochemical properties of sediments.
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β-Diversity

Significant spatial and/or temporal difference in microbial community structure can be observed between any two samples collected along the Yangtze River estuary, as shown in Supplementary Table 1; a score of 1 is assigned if communities were unrelated with 0% of shared sequences. When samples were grouped based on sampling season to identify seasonal patterns, PCoA results showed that microbial community structures within each seasonal group were relatively similar and clustered together, as shown in Figure 2A. Significant difference was found among the four seasonal groups (PERMANOVA, Adonis test, P = 0.003), reflected by the dispersed groups of colored points. The PCoA results were more visually distinguished when microbial community structures of collected samples were grouped based on wet and dry seasons (Spring and Summer, Autumn and Winter, respectively), as shown in Figure 2B. Microbial community structures from samples collected in Spring and Summer were shown to cluster together; samples collected in Autumn and Winter also showed similar clustering. The two clusters were found to be significantly different (PERMANOVA, Adonis test, P = 0.002), suggesting precipitation as a potential key factor determining microbial community structures.


[image: image]

FIGURE 2. The unweighted UniFrac principal coordinate analysis (PCoA) of microbial communities in intertidal sediments of Yangtze River estuary, among different (A) seasons and (B) precipitation (dry/wet season). Significant difference was identified using Adonis test in PERMANOVA, P < 0.05.




Temporal Differences in Relative Abundances of Dominant Bacterial Taxa


Dominant Phylum

The ten most dominant bacterial phyla, recorded from all sediment samples collected in this study, in descending order of mean relative abundance, were Proteobacteria (37.46%), Acidobacteria (9.38%), Planctomycetes (8.93%), Chloroflexi (8.89%), Verrucomicrobia (6.82%), Bacteroidetes (6.14%), Firmicutes (3.66%), Actinobacteria (3.24%), Patescibacteria (2.84%), and Spirochaetes (1.26%), as summarized in Figure 3. Proteobacteria, which is commonly found in estuarine sediments, had the highest relative abundance among all phyla reported from sampled microbial communities. The ten dominant bacterial phyla showed varying degree of differences in relative abundance with changing seasons, as summarized in Table 4. When the relative abundances of the ten phyla were compared between seasons and, on a broader scale, precipitation in dry and wet seasons, it is revealed that Actinobacteria, Chloroflexi, Planctomycetes and Verrucomicrobia showed occasional significant differences (Welch’s t-test, P < 0.05). Among the four phyla, relative abundance of Verrucomicrobia displayed more obvious changes with changing seasons and precipitation; relative abundance was notably higher in Spring and, therefore, wet seasons. Alternatively, the Kruskal-Wallis H-test showed that the relative abundances of Actinobacteria, Chloroflexi and Verrucomicrobia were significantly different among the four seasons (P < 0.05). Verrucomicrobia is a methanotrophic phylum found in aquatic sediments and human fecal microbiota (Op, den Camp et al., 2009). Actinobacteria is a much more diverse phylum found in both aquatic and terrestrial ecosystems, known for its economic value in producing metabolites (Barka et al., 2016).


[image: image]

FIGURE 3. Relative abundances of dominant bacterial phyla in sediments from different sampling sites among various seasons (Red = Spring, Blue = Summer, Green = Autumn, Black = Winter). Asterisks represent a significant difference among the seasons according to Kruskal-Wallis H-test from STAMP pipeline (Kruskal-Wallis H-test, P < 0.05).



TABLE 4. Summary of temporal differences in relative abundances of dominant bacterial phyla in microbial communities (Welch’s t-test, P < 0.05).
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Dominant Class

Bacterial composition at the class level was further investigated to reveal potential temporal variations in microbial communities which may have been masked by the diversity within phyla. As shown in Table 5, the relative abundances of Anaerolineae, Planctomycetacia, and Verrucomicrobiae showed occasional significant differences between particular seasons or precipitation. For Deltaproteobacteria, significant difference was found between Spring and Winter (P < 0.05), favoring Winter. Kruskal-Wallis H-test results (Figure 4) showed that only classes Anaerolineae and Verrucomicrobiae were reported with relative abundances that differed significantly among the four seasons (P < 0.05). Both classes are major subdivisions of their respective phyla Chloroflexi and Verrucomicrobia and are directly responsible for the variation recorded at the phylum level.


TABLE 5. Summary of temporal differences in relative abundances of dominant bacterial classes in microbial communities (Welch’s t-test, P < 0.05).
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FIGURE 4. Relative abundances of dominant bacterial classes in sediments from different sampling sites among various seasons (Red = Spring, Blue = Summer, Green = Autumn, Black = Winter). Asterisks represent a significant difference among the seasons according to Kruskal-Wallis H-test from STAMP pipeline (Kruskal-Wallis H-test, P < 0.05).




SRB Genus

Deltaproteobacteria is a bacterial class known for its contributions in sulfate/sulfur-reduction. The subset of bacterial genera responsible for sulfate/sulfur-reduction was selected for study. Among the 15 bacterial genera, the relative abundances of Desulfomonile and Desulfovibrio had significant differences between Spring/Autumn and dry/wet seasons, respectively (Table 6). In addition, only the relative abundances of genera Desulfuromonas and Desulfovirga showed similar patterns and had significant differences among the four seasons (Kruskal-Wallis H-test, P < 0.05), favoring the dry seasons, as shown in Figure 5. While Desulfovirga is reportedly sulfate-reducing, Desulfuromonas is characterized as a genus of Gram-negative bacteria capable of converting elemental sulfur into sulfide but does not reduce sulfate.


TABLE 6. Summary of temporal differences in relative abundances of sulfate/sulfur-reducing bacterial genera in microbial communities (Welch’s t-test, P < 0.05).
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FIGURE 5. Relative abundances of sulfate/sulfur-reducing bacterial genera in sediments from different sampling sites among various seasons (Red = Spring, Blue = Summer, Green = Autumn, Black = Winter). Asterisks represent a significant difference among the seasons according to Kruskal-Wallis H-test from STAMP pipeline (Kruskal-Wallis H-test, P < 0.05).




Dominant Phylum-Sediment Properties RDA

RDA was conducted to analyze the relationship between relative abundances of dominant bacterial compositions in microbial communities and physicochemical properties of sediments. As shown in Figure 6A, the two RDA axes explained 54.73% (49.13% and 5.60% for axes 1 and 2, respectively) of the variation. Physicochemical properties of sediments explained 62.6% of the variation in microbial compositions. The contribution of individual properties toward variation in microbial composition and abundance is summarized in Supplementary Table 2. Results showed that pH (Explains = 22.0%, F = 5.1, P = 0.016), TOC (Explains = 18.5%, F = 4.1, P = 0.02), and TP (Explains = 17.8%, F = 3.9, P = 0.018) were of significant impact. Among the three factors, pH was found to be the overall most impactful factor on microbial composition and abundance (Explains = 22.0%, F = 5.1, P = 0.016), as shown in Supplementary Table 3.
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FIGURE 6. Redundancy analysis (RDA) ordination plot of the composition and abundance of dominant bacterial (A) phyla and (B) classes in intertidal sediments of Yangtze River estuary, in relation to physicochemical properties of sediments.




Dominant Class-Sediment Properties RDA

As shown in Figure 6B, the two RDA axes explained 56.06% (51.47% and 4.59% for axes 1 and 2, respectively) of the variation. Physicochemical properties of sediments explained 62.4% of the variation in microbial composition. The contribution of individual properties toward variation in microbial composition and abundance is summarized in Supplementary Table 4. Similarly, results showed that pH (Explains = 20.1%, F = 4.5, P = 0.024), TOC (Explains = 14.2%, F = 3.0, P = 0.0.04), and TP (Explains = 14.2%, F = 3.0, P = 0.042) were of significant impact. Among the three factors, pH was also determined the overall most impactful factor on microbial composition and abundance (Explains = 20.1%, F = 4.5, P = 0.028), as shown in Supplementary Table 5.



Relationship Between Microbial Community Ecological Functions and the Environment

The ecological functions of microbial communities were annotated using FAPROTAX. From the results, approximately 20% (15217) of the total sequence records (75719) were assigned with 82 ecological functions, contributing to a variety of biogeochemical processes. As shown in Figure 7A, the major ecological functions contributed by microbial communities, in descending order of relative contribution, were chemoheterotrophy, aerobic chemoheterotrophy, respiration of sulfur compounds, sulfate respiration, nitrification, aerobic nitrite oxidation, nitrate reduction, nitrate respiration, chlorate reducers, and fermentation.


[image: image]

FIGURE 7. Summary of major ecological functions (A) and principal component analysis (PCA) of ecological functions (B) contributed by microbial communities in the intertidal sediments of Yangtze River estuary, among different seasons (Kruskal-Wallis H-test).


The major ecological functions of microbial communities in studied sampling sites included both aerobic processes, such as aerobic chemoheterotrophy, and anaerobic processes, such as sulfate respiration. PCA was conducted to investigate the temporal variation in ecological functions contributed by microbial communities among all the sampling sites. Results revealed that the ten major ecological functions contributed by microbial communities show no temporal differences (Figure 7B; Kruskal-Wallis H-test). Only nine of the 82 ecological functions assigned showed differences with changing seasons, of which only two ecological functions had an average contribution above 1% (Animal parasites or symbionts, 1.85%; Human pathogens all, 1.57%).



DISCUSSION

The present study characterized intertidal sediments from the Yangtze River estuary and evaluated the effects of temporal variation on inhabiting microbial communities. Nutrient concentrations in sediments as well as α- and β-diversity of microbial communities showed some notable variation which may be attributed to seasonal differences, with summer conditions being reportedly least favorable for microbial diversity. The Summer season was reported with the lowest pH levels, and pH correlated positively with microbial community richness. At the phylum level, relative abundances of the dominant Proteobacteria did not show significant temporal variation. Instead, abundance of Actinobacteria, Chloroflexi, and Verrucomicrobia were reported to differ more significantly, favoring the wet seasons. Most of these phylum-level changes can be associated with similar patterns observed for a major subdivision at the class-level, such as Anaerolineae and Verrucomicrobiae. Notably, Deltaproteobacteria, a class known for containing most of the sulfate/sulfur-reducing bacteria, showed a significant difference in relative abundance between Spring and Winter, favoring Winter. Upon further investigation, sulfur-reducing bacteria at the genus level were also found to favor Autumn and Winter, hence the dry seasons. However, such difference in sediment conditions, microbial diversity, and relative abundance did not translate to corresponding ecological functions showing significant temporal changes. Non-etheless, patterns recorded in the present study should not be overlooked. The composition of microbial communities was found to correlate with pH, TOC, and TP of the environment, but rainfall is proposed to be another important factor to consider, as discussed in the following sections.


Precipitation May Determine Patterns in Microbial Community Diversity

Summer seasons of the subtropical monsoon climate zone is characterized by high precipitation. Rainfall and subsequent run-off can be expected to erode and carry surface sediments, exposing sedimentary microbial community to further environmental perturbation. In this study, microbial communities sampled during the Summer season were reportedly of lower richness, despite having no significant difference in sediment physicochemical properties from succeeding seasons. Hence, it is suspected that the summer rainfall may be an unaccounted factor imposing an impact on microbial community diversity. However, throughout the year, species richness and diversity of sampled communities remained to be positively correlated. This meant that differences in microbial community structures were minor; for Yangtze River estuary, overall microbial diversity has displayed a degree of stability. The Summer season may have limited microbial species richness but did not fundamentally impact the community structures observed, reflecting the community’s ability to adapt to changes in the environment (Shade et al., 2012).

In terms of β-diversity of microbial communities, clustering was observed for samples within the same season. The observation was much more distinct between dry and wet seasons, which may be further evidence supporting precipitation as an important factor (Figure 2). With global warming being an imminent issue, it is expected that rate of hydrological cycles will be enhanced, affecting precipitation on a global scale (Park et al., 2016). Previous study by Ren et al. (2018) showed that a reduction in precipitation had no effect on the formation of microbial community. However, this reduction lowered the total sedimentary biomass and bacterial abundance; total organic carbon and respiration rate were also affected by the reduced rainfall, and the two observations were positively correlated (Ren et al., 2018). A lack of rainfall can lead to lowered available water in soil, preventing carbon and nitrogen to be effectively utilized by microbial community and ultimately lowering the biomass (Schrama and Bardgett, 2016). However, some bacterial taxa within microbial communities can withstand the pressure imposed from a loss of water, such as Gram-positive bacteria and Actinobacteria, so the realistic impact on biomass and composition in the field environment may vary. In this study, microbial community diversity under conditions of high precipitation showed decreasing trends, and vice versa. An explanation for this is suggested to be the increase in precipitation causing lowered sediment pH, frequent runoffs, and constant changes in surface sedimentary conditions, which may be costly for the overall proliferation of microbial communities. Furthermore, as tides carry nutrients into intertidal sediments, there is no obvious lack in sediment carbon or nitrogen, even in dry seasons, which mitigates the possibility of a loss in biomass due to nutrient deprivation. Consequently, the present findings highlighted the importance of precipitation for microbial community diversity and provided new insights toward understanding the response of microbial communities to precipitation in a complex environment.



Key Microbial Phyla in Yangtze River Intertidal Sediments

In terms of bacterial abundance, Proteobacteria is the most dominant and diverse phylum, consisting of bacterial taxa which play important ecological roles in the cycling of carbon, nitrogen, and sulfur (Kersters et al., 2006). The metabolic functional diversity of Proteobacteria at lower taxonomic ranks meant that close to 40% of the microbial communities can adapt to different environmental conditions, especially in complex estuarine ecosystems. The adaptability toward oxic and anoxic environments may be an important trait for sedimentary bacteria, as oxygen levels in sediments can vary with vertical depth. In general, as vertical depth increases, sedimentary oxygen content decreases and form hypoxic layer or even anaerobic layer. In the present study, surface sediments were sampled, which should be considered the aerobic layer. Considering that all sediment samples were collected at the same vertical depth of the intertidal mudflats, oxygen content may not be a significant variable for this study. However, it is important to consider the implications that may be present. Since the relative abundance of phylum Verrucomicrobia showed significant differences with change in precipitation, it may be indicative of its adaptability toward the dynamic changes in oxygen. Verrucomicrobia (6.82%) is a dominant bacterial taxon in the Yangtze River estuary. However, very few studies on intertidal sedimentary microbial communities have reported it to be high in relative abundance (Zhang et al., 2014; Obi et al., 2016). In the study of Yu et al. (2012), Verrucomicrobia was reported as a major bacterial taxon (relative abundance of 0.21%). However, its relative contribution toward community abundance was only 1/192 than that of Proteobacteria (relative abundance of 40.5%). Verrucomicrobia is more commonly found in terrestrial environments and soil. Study by Bergmann et al. (2011) showed that among 181 soil samples, 180 were found to contain Verrucomicrobia, with its average abundance reaching 23%. Similarly, in marine environments, study showed that over 98% of the 506 collected terrestrial and marine environmental samples contained Verrucomicrobia. In fact, Verrucomicrobia was also common in marine environments with a reported average abundance of 2%, and a relative abundance of 1.4% in sediments (Freitas et al., 2012). In this study, Yangtze River estuary intertidal sediments were shown to support a rich community of Verrucomicrobia, with the relative abundances of Verrucomicrobia and its subtaxa showing significant seasonal differences, especially between dry and wet seasons. A speculation would be precipitation causing water to carry terrestrial soil with relatively rich Verrucomicrobia content to move to estuarine sediments, leading to its widespread presence. The results can be important to address current gap in knowledge regarding patterns displayed by Verrucomicrobia in response to an ever-changing estuarine environment.



Limited Seasonal Change in Microbial Community Ecological Functions

Microbial communities in the Yangtze River estuary displayed diverse ecological functions, including aerobic chemosynthesis and nitrification, as well as anaerobic processes such as sulfate reduction and silver nitrate reduction. Previous study showed that sediments of intertidal mudflats at a depth range between 0–20 cm can be affected by periodic high tides, subsequently affecting microbial community composition and ecological functions (Zheng et al., 2016). Metabolic processes, both aerobic and anaerobic, of microbial communities in surface sediments tend to be more diverse and variable. However, in the present study, ecological function contributed by microbial communities in the field were shown to be stable and consistent, with insignificant temporal variations. For instance, the majority of sulfate/sulfur-reducing bacteria genus were recorded to favor Autumn and Winter in terms of relative abundances, yet the overall contributions by the functional group did not differ significantly, as seen for sulfate respiration (Figure 7). This suggests microbial communities in the Yangtze River estuary to be robust and resilient to changes in environment, instead of being vulnerable to constant perturbation. Investigating functional changes at the gene level e.g., sulfur metabolism gene dsrA can be beneficial for establishing a connection between bacterial community structure and corresponding ecological functions.

A notable factor that is not evaluated in the present study is the dissolved oxygen level in sediments. Periodic changes in tides is a key example of perturbation associated with temporal variation as it affects the utilization of sedimentary oxygen, which determines the composition and relative abundances of aerobes, facultative anaerobes, and anaerobes, in sedimentary microbial communities. Oxygen content and microbial community structure were implied to not follow any direct correlation according to previous study, which showed that aerobic methane-oxidizing bacteria have highest relative abundance and activity in surface sediments of depth range 2–3 cm, despite recording no oxygen content (Rahalkar et al., 2009). At slightly deeper (3–4 cm) sediments, relative abundance of methane-oxidizing bacteria remained at a noticeable level. However, methane-oxidizing activities were not recorded. This partly illustrates the historical problem of measuring oxygen content through instruments which were inaccurate and should be deemed inappropriate as a reference to distinguish aerobic and anaerobic bacterial communities. In addition, sedimentary oxygen may be under dynamic changes, meaning in situ measurements may not be sufficient to reflect the formation process of microbial communities under long-term selective pressure. In this study, intertidal sediment samples were collected at 5–7 cm range from surface. Although the oxygen content in sediments were not characterized, a recent study implied that intertidal sediments of 0 - 10 cm deep tend to contain a concentration of dissolved oxygen and do not form obvious oxic or anoxic layers (Wang et al., 2013). From the results of ecological functional predictions, the contributions of aerobic chemosynthesis regulated by microbial communities showed no spatial or seasonal changes. This may be evidence indicating the functional effectiveness of microbial communities under perceived perturbation.

Compared to temporal variations and potential adaptabilities displayed by the microbial communities, the significant differences in physicochemical properties resulting from different sampling sites may be more impactful for microbial communities. The heavy skew in nutrient concentrations in the SDK site made it a notable potential outlier among the five sites, suspected to be associated with input from Liuhe River. In addition, RDA had determined pH to be the most significant factor explaining the compositional differences. Although pH did not show significant spatiotemporal difference, it is possible that microbial communities were very sensitive to subtle changes. While it may be associated with anthropogenic sources, no convincing conclusion can be drawn at the current stage due to sample size at each sampling site. Spatial variation in microbial communities in estuarine ecosystems is an equally important research direction with ecological implications in human impacted areas, which can further the current understanding.

Overall, temporal variation has notable effects on intertidal sediment conditions and microbial community structure and diversity. This is thought to be related to rainfall conditions in the subtropical monsoon climate zones. At three months sampling intervals, patterns in microbial taxa were identified with respect to the environmental conditions of the intertidal sediments. Seasonality may be an explanation for the present observations but further investigations with rigorous sample collection will be required to provide confirmation. It is also shown that microbial communities and their contributions to ecological functions can be relatively robust and resilient to environmental changes. However, it should be noted that only approximately 20% of the microbial communities were functionally assigned in this study, which is an expected outcome due to limitations in analytical methods and the nature of predictive tools such as FAPROTAX. The drawback of mapping taxa inferred from short marker genes to manually constructed databases based on literature and cultured samples lies in the uncertainty with both data input and output. For 16S rRNA sequencing, results can be unclassified or identified at low specificity (e.g., to order level). Despite the relatively high taxonomic depth, the current database in use still reported 16% of the genus-level taxa to be unclassified. For output, the functional database of FAPROTAX is non-exhaustive, meaning that without frequent updates, new discoveries in the field are omitted, and assumptions have to be made. Nevertheless, the present study provided new temporal data and insights to help understand responses from microbial communities under the changing environment of the urbanized Yangtze River estuary.
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Eutrophication coupled to climate change disturbs the balance between competition and coexistence in microbial communities including the partitioning of organic and inorganic nutrients between phytoplankton and bacteria. Competition for inorganic nutrients has been regarded as one of the drivers affecting the productivity of the eutrophied coastal Baltic Sea. Yet, it is unknown at the molecular expression level how resources are competed for, by phytoplankton and bacteria, and what impact this competition has on the community composition. Here we use metatranscriptomics and amplicon sequencing and compare known metabolic pathways of both phytoplankton and bacteria co-occurring during a summer bloom in the archipelago of Åland in the Baltic Sea to examine phytoplankton bacteria resource partitioning. The expression of selected pathways of carbon (C), nitrogen (N), and phosphorus (P) metabolism varied over time, independently, for both phytoplankton and bacteria, indicating partitioning of the available organic and inorganic resources. This occurs regardless of eukaryotic plankton growth phase (exponential or stationary), based on expression data, and microbial community composition. Further, the availability of different nutrient resources affected the functional response by the bacteria, observed as minor compositional changes, at class level, in an otherwise taxonomically stable bacterial community. Resource partitioning and functional flexibility seem necessary in order to maintain phytoplankton-bacteria interactions at stable environmental conditions. More detailed knowledge of which organisms utilize certain nutrient species are important for more accurate projections of the fate of coastal waters.

Keywords: phytoplankton, bacteria, coastal, community, interactions, resource partitioning, eutrophication


INTRODUCTION

Coastal marine ecosystems have a key role of filtering nutrients and pollutants coming from land, before entering the pelagic environment (Bonsdorff et al., 1997; Rabalais et al., 2009; Carstensen et al., 2019). In coastal oceans, as along the coast of the Baltic Sea, allochthonous organic matter will get incorporated into the microbial food web, which may have large consequences for the nutrient balance between phytoplankton and bacteria (Andersson et al., 2015; Diner et al., 2016). During summer, low levels of inorganic nutrients (Nausch et al., 2018; Savchuk, 2018) limits phytoplankton growth (Granéli et al., 1990; Kivi and Setäl, 1995), while high levels of organic nutrients (Nausch et al., 2018; Savchuk, 2018) are present.

Effects of global warming including increased freshwater flow and allochtonous input of dissolved nutrients are likely to aggravate the long-term consequences of eutrophication in coastal ecosystems, such as archipelagic systems common to the brackish Baltic Sea, making it a suitable study system for the impacts of these effects. The consequences may include higher phytoplankton growth, oxygen deficiency, and a transition into a less productive ecosystem (Rönnberg and Bonsdorff, 2004; Rabalais et al., 2009). A complex interplay between autotrophic and heterotrophic marine microbes will determine how the accumulation and turnover of organic matter will be affected in a future climate scenario (Andersson et al., 2015; Zhou Y. et al., 2018). An understanding of how organic and inorganic nutrients are partitioned between phytoplankton and bacteria, and the dependence of phytoplankton on bacterial remineralization, is therefore important for predictions of status and knowledge of how to manage coastal ecosystems (Heiskanen et al., 2019).

One of the ways to investigate phytoplankton and bacteria interactions is by looking for co-occurrence patterns in the natural environment (Elifantz et al., 2005; Teeling et al., 2012; Landa et al., 2016). Several studies have investigated interactions during open water phytoplankton bloom conditions, and have shown that the different growth phases of blooms cause compositional changes in the co-occurring bacterial community, with successions of different bacterial groups assigned to Alpha-, Beta-, and Gamma-proteobacteria, Flavobacteria, Cytophagia, Actinobacteria, and Firmicutes (Teeling et al., 2012; Landa et al., 2016; Sison-Mangus et al., 2016; Camarena-Gómez et al., 2018). These changes have been attributed to the succession of exudates released by phytoplankton, differing both in quality (Cottrell and Kirchman, 2000; Elifantz et al., 2005; Camarena-Gómez et al., 2018; Mühlenbruch et al., 2018) and quantity (Sarmento et al., 2016) during their lifespan (Grossart et al., 2005; Grossart and Simon, 2007; Mühlenbruch et al., 2018). This suggests that a diverse bacterial community is important for the degradation of amino acids, proteins, extracellular polysaccharides and carbohydrates released by phytoplankton. This is also seen in the taxonomical difference among bacterial groups found either free-living or particle attached (Grossart et al., 2005; Rink et al., 2007; Sapp et al., 2007; Bagatini et al., 2014). Compositional shifts are often assumed to involve functional changes (Hunt et al., 2008; Williams et al., 2012), especially for bacteria, as different taxa are attributed with different functions, e.g., being copiotroph or oligotroph (Lauro et al., 2009), or generalists or specialists (Sarmento et al., 2016). However, composition studies alone limit the conclusions about which underlying processes and functions are selected for.

Using metatranscriptomics, capturing the actively expressed mRNA pool, with the inclusion of polyA and total mRNA, both the eukaryotic and prokaryotic transcriptional repertoire of a microbial community can be investigated (Dupont et al., 2015). Metatranscriptomics provide a glimps into the possible functions within a community at the time of sampling, while amplicon sequencing, using the ribosomal gene pool (16S and 18S rRNA gene), can be used for taxonomic identification. By combining the two methods both functional and compositional characterization of a microbial community can be made (McCarren et al., 2010; Teeling et al., 2012; Gifford et al., 2013; Alexander et al., 2015), thereby allowing for analysis of the connection between taxonomy and function. Functional analyses using transcriptomic data have suggested that bacterial species may avoid competition by ecological niche formation by having preferences for different types of algal substrates (Teeling et al., 2012) and of marine dissolved organic matter (McCarren et al., 2010). Taken together, this emphasizes the importance of resource partitioning and microbial community dynamics, encompassing both phytoplankton and bacteria, in the global carbon cycle.

In this study planktonic eukaryotes (PE <90 μm) and bacterioplankton (BAC) of an archipelagic bay in the Baltic Sea were sampled at two timepoints during late summer, with the aim of investigating carbon and nutrient (nitrogen and phosporus) utilization and partitioning between the two groups. The PE, consisting of phytoplankton (auto- and heterotrophic flagellated forms) and ciliates, and the BAC, dominated by heterotrophic bacteria with some cyanobacteria, were characterized separately, taxonomically, through both microscopic observation and amplicon sequencing, and functionally, focusing on the transcription of genes associated with uptake and assimilation of carbon, nitrogen, and phosphorus. The combination of morphological and molecular methods for characterization of the PE allows a more accurate identification of microbes, in light of known weaknesses such as high copy numbers for some protists (Gong and Marchetti, 2019) and brittleness when fixed for others (Mironova et al., 2009). Few, if any, studies have previously characterized the functional repertoire or resource partitioning of both phytoplankton and bacteria together, in such a coastal environment dominated by photosynthetic and often mixotrophic dinoflagellates.



MATERIALS AND METHODS


Field Sampling

Surface water (top 20 cm of water column, sieved through 90 μm) was collected 5–10 m off shore in a shallow bay off Lillängö, Åland archipelago, Northern Baltic Sea (60°5.86′N 20°30.3′E) at noon, on 27 July (T1) and 10 Aug (T2) 2016 (Supplementary Figure 1). Surface water temperature, salinity, and pH were recorded in situ at both occasions. Subsamples were taken for chlorophyll a measurement, filtered onto Whatman GF/C, stored at −20°C until extraction (ethanol) and fluorometric analysis (440 nm) according to Jespersen and Christoffersen (1987). Water samples for analyses of inorganic nutrients (200 mL, 2 replicates) such as nitrate, nitrite, phosphate and silica (Table 1) were kept frozen and dark until spectrophotometric analysis (UV-1600, VWR) following the method of Valderrama (1995).


Table 1. Environmental parameters at sampling site.
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For DNA and RNA collection at each sampling day, 3 replicates of 1 L of seawater were prefiltered through a 90 μm mesh, followed by filtration through a 3 μm membrane filter (Versapor, 47 mm), capturing both phytoplankton and the attached (AT) bacterial fraction. Subsequently, 300 mL of each filtrate were filtered through a 0.2 μm Supor filter (47 mm), capturing the free-living (FL) bacterial fraction. Filtrations were done using a hand operated vacuum pump. All filters were immediately placed in pre-prepared cryotubes with RNAlater (Sigma) and stored in a cooler with ice packs. Samples were then stored at −20°C until arrival in the laboratory (<30 h), where they were stored at −80°C until DNA/RNA extraction, within 7 months of sampling.



Morphological Identification and Enumeration

For phytoplankton, subsamples (50 mL) were fixed using pH neutral Lugol's solution and stored in darkness. Phytoplankton cells sedimented in Utermöhl chambers were counted at 100x magnification using an inverted microscope (Olympus CKX 41). Phytoplankton, identified according to Hällfors (2004), were grouped as planktonic eukaryotes (PE) and cyanobacteria (filamentous). Phytoplankton biomass was calculated from cell biovolume and carbon content according to Olenina et al. (2006). Bacterial abundance (BAC) was measured by flow cytometry in 1.8 mL water subsamples fixed using 200 μL formaldehyde (1.5% final concentration) stored at−20°C for transport to the laboratory, were stored at −80°C until further processing. Samples were stained with SYBR green (Life Technologies) and bacterial cells were counted using a Cube8 flow cytometer (Partec). The cytograms were analyzed using FCS Express 4 flow cytometry data analysis software.



DNA Extraction and Preparation for Sequencing

Filters were cut into 4 quarters, of which one quarter was used for DNA extraction and the remaining 3 for RNA extraction. DNA was extracted using a phenol:chloroform protocol according to Boström et al. (2004). The V3-V4 region of the 16S rRNA gene was amplified, from both the AT and the FL size fractions, using primers 341F (CCTACGGGNGGCWGCAG) and 805R (GACTACHVGGGTATCTAATCC), and the V4-V5-region of the 18S rRNA gene was amplified, from the AT size fraction, using primers 574*F (CGGTAAYTCCAGCTCYV) and 1132R (CCGTCAATTHCTTYAART). Primers were connected to Illumina adapters, in accordance with Herlemann et al. (2011) and Hugerth et al. (2014). The PCR protocol used for 16S rRNA gene amplification was: (1x[98°C, 30 s], 28x[98°C, 10 s, 54°C, 30 s, 72°C, 15 s], 1x[72°C, 2 min]), modified from Bunse et al. (2016) and the protocol used for 18S rRNA gene amplification was: (1x[98°C, 30 s], 28x [98°C, 20 s, 50.4°C, 20 s, 72°C, 15 s], 1x [72°C, 2 min]). In a second PCR, Illumina handles and indexes (i7 and i5) were attached to both the 16S and 18S products using: (1x[98°C, 30 s], 12x[98°C, 20 s, 62°C, 30 s, 72°C, 30 s], 1x[72°C, 2 min]), modified from Hugerth et al. (2014). Fusion Mastermix (ThermoScientific) was used for all PCRs. The PCR products were purified both after the first and the second amplification steps, using the EZNA Cycle Pure kit (Omega Bio-tek) according to the manufacturer's instructions. Products were quantified with Qubit fluorometer (Invitrogen) and quality checked with Nanodrop 2000 spectrophotometer (Thermo Fisher Scientific). Fragment sizes were validated using gel electrophoresis. This resulted in 18 samples [16S: 6xT1(3xFL, 3xAT), 6xT2(3xFL, 3xAT); 18S: 3xT1, 3xT2] in total, that were pooled at equimolar concentrations and sequenced using Illumina MiSeq v3, PE (Illumina Inc), 2 × 300 base pairs (bp), at SciLifeLab/NGI (Stockholm, Sweden).



RNA Extraction and Sequencing for Metatranscriptomes

Filters were placed in petri dishes, on ice, and cut into smaller wedges with scissors, then placed in MatrixE tubes (MPbio), along with RLT-buffer (Qiagen), TE-buffer, β-mercaptoethanol (0.1 %) and Lysozyme (0.04 mg mL−1). For the BAC samples, two vectors (pTZ19R, 546 bp and pFN18A, 970 bp) (Supplementary Material 1) at 0.1 ng μL−1 each, were added at this step to be used as internal standards, according to Satinsky et al. (2013). Cells were lysed using a FastPrep-24 instrument with a QuickPrep adaptor (MPbio), 3 rounds at 6 m s−1 for 40 s, with 1 min on ice in between, after which the Qiagen RNeasy mini kit was used for the extraction, according to protocol. The extracted RNA was treated with DNase to remove DNA (AMBIONTurbo DNA free, Invitrogen). The 6 samples intended for the BAC metatranscriptomes (0.2–3 μm size fraction) were rRNA depleted (RiboMinus Transcription isolation kit, Invitrogen) with a RiboMinus Concentration module, followed by cDNA to aRNA protocol (MessageAmp II-Bacteria RNA amplification kit, Invitrogen). To each of the 6 DNase treated samples intended for PE metatranscriptomes (3–90 μm size fraction) 0.02 pg spike-in ERCC Mix1 (Ambion) was added before they were sent for poly-A selection, which was followed by mRNA fragmentation and synthesis of cDNA, at SciLifeLab/NGI (Stockholm, Sweden). All 12 samples were then sequenced on one lane with Illumina HiSeq 2500 High Output mode v4, PE 2 × 125 bp, at SciLifeLab (Stockholm, Sweden).



Analysis of Sequencing Data

For the 16S and 18S gene amplicons, paired end sequences were analyzed in two separate rounds through the DADA2 pipeline, version 1.4.0 (Callahan et al., 2016) (available at https://github.com/benjjneb/dada2), implemented as a package in R, version 3.4.3. After the initial quality filtering 40% of the 16S reads and 25% of the 18S remained, resulting in 11 345 unique error corrected amplicon sequence variants (ASVs) for the 16S data and 29 642 unique error corrected ASVs for the 18S data (Supplementary Table 1). These were taxonomically assigned using Silva-128 db (Quast et al., 2013). To analyze the libraries, packages in R (version 3.4.1) were used, vegan (nMDS, beta-diversity) (Oksanen et al., 2008, 2019) and tidyR to sort ASVs by annotation, and ggplot2 for all plotting (Wickham, 2016).



Metatranscriptome

The PE and the BAC metatranscriptome data were handled separately but using a similar pipeline for both datasets. After the initial quality check with FASTQC (0.11.5) (Andrews, 2009), adapters were cut with cutadapt (1.13) (Martin, 2011), and ERNE mapping program (Del Fabbro et al., 2013) was used for trimming and filtering with a custom rRNA database, removing <1% of the reads, in both datasets (Supplementary Table 2). Reads were digitally normalized using Khmer (2.1) (Crusoe et al., 2015). Internal standards were identified and removed using blast+. Both paired and single reads were included in the assembly, made with Megahit (1.1.2) (Li et al., 2016). The reads were assigned taxonomy with RefSeq using Diamond (0.8.22) (Buchfink et al., 2015). Megan (6.10.0) (Huson et al., 2016), with SEED db (version May 2015; Overbeek et al., 2014) was used for assigning functional annotations. The raw reads were mapped to the assembly using Bowtie2 (2.3.2) (Langmead and Salzberg, 2012). Samtools (1.5) (Li et al., 2009) were used to retrieve counts (Supplementary Table 3). The data was analyzed using R (3.4.4) (Core, 2018).



Statistics and Internal Standards

Differential expression analyses were made for both the PE and BAC metatranscriptome data using the DESeq2 (Love et al., 2014) package in R (version 3.4.4), with the internal standards (controlGenes) in the estimateSizeFactors function to normalize counts between samples (Supplementary Table 3) (Beier et al., 2018). Transcriptional changes of enzymes refer to relative log2 fold changes between contrasted timepoints (including triplicates), at an adjusted p < 0.01, unless otherwise stated (Supplementary Tables 5, 7). PE transcript raw counts were normalized using transcripts per kilobase million (TPM) for relative abundance analysis (Wagner et al., 2012). Bacterial absolute counts were calculated from raw counts using the formula from Satinsky et al. (2013) and used for abundance analyses. The vegan package (Oksanen et al., 2008) was used for permanova analysis.



Data Availability

Raw amplicon and metatranscriptome sequencing reads in our study were deposited at the European Nucleotide Archive under study accession numbers ERP107850 and EPR109469, with sample accession numbers ERS2571542-ERS2571562 and ERS2572272-ERS2572283, respectively.




RESULTS


Environmental Parameters

Samples were taken during a 2-week peak in sea surface temperature (SST), general for the whole Åland archipelago, Northern Baltic Sea (Supplementary Figure 1), with similar, warm temperatures at both sampling occasions (Table 1). Salinity, Chl-a and nitrate/nitrite levels were similar, while levels of inorganic phosphate decreased from T1 to T2 along with an increase of Si, and pH (Table 1). The bacterial abundance was slightly lower at T2 compared to T1. In all, the environmental parameters indicated stable environmental conditions during the studied period.



Microbial Community Composition and Characterization of Subcommunities
 
Phytoplankton

The phytoplankton community consisted mostly of large dinoflagellates that contributed the most biomass (≈70%) to the photototrophic community at both sampling occasions. The planktonic eukaryotes (PE) community biomass increased 4-fold from T1 (50 μg C L−1) to T2 (228 μg C L−1) (Figure 1) while the proportion of dinoflagellates and green algae/Euglenoids (20–29%) remained stable. Among dinoflagellates, the potentially toxic Alexandrium ostenfeldii dominated the PE biomass (46 % of total biomass) at T2. The number of counted photosynthetic taxa increased between T1 and T2, among dinoflagellates (see list in legend of Figure 1) but also the filamentous nitrogen fixing cyanobacteria (Anabaena/Dolichospermum, 2 μg C L−1), small flagellates (1 μg C L−1) and the mixotrophic Mesodinium rubrum-like ciliate (9 μg C L−1) were observed.
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FIGURE 1. Patterns of phytoplankton and autotrophic ciliate Mesodinium-like community composition (>3 μm) and contribution to total biomass (μg Carbon L−1) at T1 and T2. Taxonomic composition was assessed by total microscopy counts and converted into biomass, using C conversion from cell to biomass as factors 0.17 for Cyanophycea (filamentous) and 0.15 for small phototrophic flagellates (Olenina et al., 2006). Carbon unit (pg C cell−1) were calculated based on cell volume for the genera Alexandrium (7,723 pg C cell−1), Gonyaulax (1,300 pg C cell−1), Heterocapsa (160 pg C cell−1), Scrippsiella (806 pg C cell−1), Gymnodinium (large: 1,730, small: 51 pg C cell−1), Euglena (120 pg C cell−1), Mesodinium (2,630 pg C cell−1) (Olenina et al., 2006). Θ denote taxa assigned to dinophycea (dinoflagellates). Twelve milliliter was counted in total at each date (T1 and T2).


Analyses of the PE (18S) amplicon sequence data with nMDS, showed a distinction between the communities at T1 and T2, though not significant (permAnova F = 5.76, R2 = 0.59, P < 0.1) (Supplementary Figure 2), while remaining at a similar diversity level [Shannon Index T1 (avg.) = 5.67, std = 0.26, T2 (avg.) = 5.87, std = 0.06] at respective timepoint (Supplementary Figure 2). contrary to direct observations, the amplicon data indicate that ciliates (Intramacronucleata) was the dominating group within the PE fraction, followed by dinoflagellates (Dinophyceae) (Figure 2). There were also lower levels of green algae (Chlorophyceae), cryptophytes (Cryptomonadales), diatoms (Diatomea), and parasitic dinoflagellates (Syndiniales). From sampling T1 to T2, there was a change in the ASVs assigned to ciliates from 46 to 36% in relative abundance, involving heterotrophic species of the class Prostomatea (higher at T2) and the orders Oligotrichida (lower at T2) while Choreotrichida remained at similar levels (Table 2). ASVs assigned to the class Dinophyceae (order Gonyaulacales e.g., Alexandrium ostenfeldii, Gonyaulax sp., subclass Gymnodiniphycidae e.g., Gymnodinium spp., order Peridiniales e.g., Heterocapsa triquetra, family Thoracosphaeraceae e.g., genus Scrippsiella, order Suessiaceae e.g., Symbiodinium) increased from 18 to 22% in relative abundance at T1 and T2, respectively (Table 2). This was paralleled by the occurrence of green algae at T1 (Tetracystis-like, 4%), and a higher occurrence of mixotrophic Cryptomonadales (2%) at T2 (Figure 2, Table 2).
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FIGURE 2. Eukaryotic community composition (18S rRNA) including ASVs with an average (of triplicates) relative abundance >0.1% per timepoint (T1 or T2). Assigned taxonomy at class level. Intramacronucleata is a subphylum of ciliates and consists of heterotrophic species.



Table 2. Taxons, at two levels, of representative PE ASVs (18S), with accession numbers for matches in GenBank with % identity.
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Bacteria

Bacterial abundance was similar (5–6 × 109 cells L−1, Table 1) at both sampling occasions. Taxonomic profiles of the domain Bacteria (BAC) in both the attached fraction (AT, > 3 μm) and the free-living fraction (FL, 0.2–3 μm) are visualized in Figure 3. Analysis with nMDS of BAC (16S) amplicon sequence data show a significant difference (permAnova F = 5.95, R2 = 0.33, P < 0.002**) between AT and FL (Supplementary Figure 3). However, within the same size fractions, no significant difference in BAC community composition was found between both sampling occasions: FL (T1 vs. T2): permAnova F = 4.72, R2 = 0.54, P < 0.1; AT (T1 vs. T2): permAnova F = 4.12, R2 = 0.51, P < 0.1. The FL fraction had a Shannon Index (avg.) = 6.41, std = 0.15, while AT (avg.) = 5.63, std = 0.57, indicating a higher diversity for the former (Supplementary Figure 3). The BAC community contained a large fraction of Actinobacteria (Acidimicrobiiaceae, Microbacteriaceae, Sporichtyaceae) mostly in the FL fraction, and Bacteroidetes (Cytophagaceae, Flavobacteriaceae, Sphingobacteriales), present in both the AT and the FL fractions (Figure 3, Table 3). The AT fraction was dominated by Gammaproteobacteria (Pseudomonadacea). Both Alpha- (Pelagibacterales, Rhodobacteraceae) and Betaproteobacteria (Alcaligenaceae, Comamonadaceae) were found in the AT and FL fractions, but they primarily occurred in the FL. There was a low occurrence of Verrucomicrobia (Opitutae) and Cyanobacteria in both size fractions (Figure 3, Table 3).
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FIGURE 3. Bacterial community composition (16S rRNA) including ASVs with an average (of triplicates) relative abundance >0.1% per timepoint (T1 or T2). Assigned taxonomy at class level.



Table 3. Taxons, at class and family level, of representative BAC ASVs (16S), with accession numbers for matches in GenBank with % identity.
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Microbial Community Functions

Metatranscriptome data from the PE and BAC parts of the community were analyzed to identify functional processes associated with uptake and assimilation of carbon, nitrogen and phosphorus, being the primary elements and nutrients utilized by both trophic levels. Differential expression (DE) analyses were made by contrasting the two timepoints (T1 and T2, in triplicates). For many of the ORFs assigned to the same functional annotation (SEED Rank1 and Rank3), the DE analysis resulted in a range of significant (padj < 0.01) log2 fold change values, spanning from positive to negative [Supplementary Tables 5 (PE), 7 (BAC)].

The taxonomic annotations of the PE metatranscriptome data did not correspond well with either the 18S rRNA gene amplicon annotations (Supplementary Figure 4) nor the microscopy counts at the family/genus level as only photosynthetic or potentially mixotrophic organisms were counted (Figure 1). Thus, no attempt was made to connect the identified PE functional processes with taxonomy. The taxonomy assigned to the BAC metatranscriptome data were more in accordance with the 16S rRNA gene amplicon results (Supplementary Figure 5), thus the assigned taxonomy from the BAC metatranscriptome was used together with that of the 16S rRNA gene amplicon-based annotation, to couple functional processes with taxonomy.



Carbon Utilization Pathways

Planktonic Eukaryotes (PE) expressed enzymes for uptake of both dissolved inorganic CO2 through carbon fixation, by the expression of ribulose bisphosphate carboxylase (EC4.1.1.39) (Rubisco), and organic carbon through the uptake, degradation and biosynthesis of amino acids, by the expression of branched-chain amino acid aminotransferase (EC2.6.1.42) and branched-chain acyl-CoA dehydrogenase (EC1.3.99.12), mainly at T1 (Figure 4A). At T1 there was likely uptake and utilization of the sugars inositol, through the expression of inositol transport system sugar-binding protein and myo-inositol2-dehydrogenase1 (EC1.1.1.18), and maltose, by the predicted maltose transporter MalT. The rate of C-fixation is determined by the activity of Rubisco (Beer et al., 1991; MacIntyre et al., 1997), which at SEED Rank3 level per timepoint, contained ORFs with both positive and negative log2 fold change values (padj < 0.01) (Supplementary Table 5), and the TPMs show very different levels of expression when comparing the replicates at each timepoints (Figure 4A). The expression analysis suggest that the rate of C-fixation was likely accelerated at T1 by the expression of carbonic anhydrase (EC4.2.1.1) (padj < 0.01) (Figure 4A). Expression levels of enzymes involved in glycolysis (NAD- and NADPH-dependent glyceraldehyde-3-phosphatedehydrogenase) (EC1.2.1.12, EC1.2.1.13) (padj < 0.01) and the pentose phosphate pathway [Fructose-bisphosphate aldolase (EC4.1.2.13), Fructose-1,6-bisphosphatase (EC3.1.3.11)] (padj < 0.01) (assimilation of carbon), indicate lower activity at T2 (Figure 4A). Also, the expression of manganese superoxide dismutase (EC1.15.1.1) (padj < 0.01) was lower at T2. Both inorganic and different organic carbon sources were utilized at a higher rate at T1 compared to T2.
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FIGURE 4. Transcripts involved in inorganic and organic carbon uptake and assimilation for (A) planktonic eukaryotes (PE), transcripts per kilobase million (TPM) (grouped by SEED Rank3) log2 transformed. TPM values with standard errors (SE) can be found in Supplementary Table 4. (B) bacterial (BAC) carbon uptake and utilization, (C) carbon cycling. Bacterial absolute transcript counts per mL (grouped by SEED Rank3), calculated according to formula in Satinsky et al. (2013) can be found in Supplementary Table 6. To account for transcript length, counts were normalized to one mRNA standard at a time: pTZ19R (546nt), pFN19R (970nt) from which the mean was calculated (Beier et al., 2018), and then log2 transformed. Bacterial absolute transcript counts per mL (grouped by SEED Rank3), with standard errors (SE), calculated according to formula in Satinsky et al. (2013) can be found in Supplementary Table 6. Asterisks indicate enzymes that significantly changed from T1 to T2 (adjusted p < 0.01). T1, first timepoint (samples S1–S3); T2, second timepoint (samples S4–S6); Cfx, carbon fixation; Glyc, glycolysis; PPP, pentose phosphate pathway; Organic C, organic carbon; Stress, response to nutrient stress; gluconeog, gluconeogenesis; gbp, glyoxylate bypass; tca, tca cycle; pyruvate metab, pyruvate metabolism.


At T1, the BAC community seemed to primarily utilize simpler carbon molecules (padj < 0.01), through the expression of trehalase (EC3.2.1.28) (Bacteroidetes), for the conversion of disaccharide trehalose into glucose; expression of high affinity ABC-transporter of monosaccharide xylose, XylF (Actinobacteria and Alphaproteobacteria), and expression of sucrosephosphorylase (EC2.4.1.7) (Actinobacteria, Betaproteobacteria, and Bacteroidetes), for uptake of disaccharide maltose (Figures 4B, 7A). At T2 the BAC mainly expressed (padj < 0.01) 6-phosphofructokinase (EC2.7.1.11) (Actinobacteria, Alpha- and Beta-proteobacteria, Bacteroidetes), for metabolism of linear monosaccharides tagatose and galactitol; predicted high-affinity ABC-transporter of the polyol erythritol (Alphaproteobacteria); myo-inositol-2-dehydrogenase (EC1.1.1.18) (Bacteroidetes and Gammaproteobacteria), for utilization of the polyol inositol; sucrose-6-phosphatehydrolase (EC3.2.1.B3) (Actinobacteria and Bacteroidetes), for metabolism of fructo-oligosaccharides and raffinose; and chitinase (EC3.2.1.14) (Bacteroidetes and other/unclassified), for utilization of high molecular weight chitin and its derivative acetyl glucosamine (Figures 4B, 7A). There was also higher expression of phospholipid-lipopolysaccharide ABC transporter (padj < 0.06) (Bacteroidetes and Cyanobacteria) and branched-chain amino acid transport permease protein LivM (TC3.A.1.4.1) (padj < 0.01) (Alpha-, Beta-, and Gamma-proteobacteria, Actinobacteria) at T1, compared to T2 (Figures 4B, 7A), for the possible uptake of alternative carbon sources.

The assimilation of carbon within the BAC community was significantly different at the two timepoints (padj < 0.01). At T1 both gluconeogenesis [fructose-1,6-bisphosphatase GlpX-type (EC3.1.3.11), fructose-bisphosphate aldolase class I & II (EC4.1.2.13) and phosphoglycerate kinase (EC2.7.2.3)] and the glyoxylate bypass (Malatesynthase G, EC2.3.3.9) were higher expressed than at T2, together accommodating for the use of other carbon sources than glucose, such as lipids and amino acids (Figure 4C). Also, the TCA-cycle [Malatedehydrogenase (EC1.1.1.37)], succinate dehydrogenase flavoprotein (EC1.3.99.1) and aconitatehydratase (EC4.2.1.3) was expressed at a higher level at T1 than at T2 (padj < 0.01) (Figure 4C). These processed were all seen in Actinobacteria, Alpha-, Beta-, and Gamma-proteobacteria, and Bacteroidetes to varying extents, while Cyanobacteria were only assigned to phosphoglycerate kinase and Acidimicrobiia to malatedehydrogenase (Figure 7B). The more complex molecules taken up at T2 seem to be channeled partly through the pentose phosphate pathway [6-phosphofructokinase (EC2.7.1.11), Ribose-phosphatepyrophosphokinase (EC2.7.6.1)] (Acidimicrobiia, Actinobacteria, Alpha-, Beta-, and Gamma-proteobacteria, and Bacteroidetes) followed by pyruvate metabolism: Aldehydedehydrogenase (EC1.2.1.3) and Pyruvatekinase (EC2.7.1.40), assigned to Actinobacteria, Alpha-, Beta-, and Gamma-proteobacteria, Cyanobacteria, and Bacteroidetes; L-lactatedehydrogenase (EC1.1.2.3) and lactoylglutathionelyase (EC4.4.1.5), assigned to primarily Alpha- and Beta-proteobacteria; Pyruvate dehydrogenase (EC1.2.4.1), subunits alpha and beta, assigned to primarily Bacteroidetes, Alphaproteobacteria, Cyanobacteria, and Actinobacteria. Both the pentose phosphate pathway and pyruvate metabolism associated enzymes were expressed at similar or slightly higher levels at T2 compared to T1 (padj < 0.01) (Figures 4C, 7B).



Nitrogen Acquisition

The PE expressed high levels of inorganic nitrogen transporters (padj < 0.01), for high-affinity uptake of ammonium (Ammonium transporter, Amt), methylammonium permease and nitrate/nitrite (Nrt) (Figure 5A). The expression of Amt and Nrt was higher at T1 than at T2, while methylammonium permease was higher at T2. Nitrogen assimilation was lower at T2 (padj < 0.01), and occurred via the activity of nitrite reductase (EC1.7.1.4), allantoicase (EC3.5.3.4), the urea cycle [acetylornithine aminotransferase (EC2.6.1.11) and argininosuccinate synthase (EC6.3.4.5)], biosynthesis of arginine and glutamine synthetase type II (EC6.3.1.2) (located in chloroplast) and type III (EC6.3.1.2) [located in mitochondrion (Siaut et al., 2007)] with the ability to assimilate [image: image] (Takabayashi et al., 2005) or [image: image] (Glibert et al., 2016), respectively (Figure 5A). Expressed were also enzymes involved in the decomposition of cyanate [Cyanate hydratase (EC4.2.1.104)], as a possible source of nitrogen, at both timepoints, albeit lower at T2 (padj < 0.01) (Figure 5A).
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FIGURE 5. Transcripts involved in nitrogen uptake and assimilation for PE (A) and BAC (B), calculated according to legend in Figure 4. Asterisks indicate enzymes that were significantly changed from T1 to T2 (adjusted p < 0.01). T1, first timepoint (samples S1–S3); T2, second timepoint (samples S4–S6); N uptake, uptake of nitrogen; N assimilation, nitrogen assimilation.


The BAC expression pattern of enzymes associated with nitrogen uptake and assimilation suggest that different strategies dominated the two timepoints (Figure 5B). Initially, at T1, nitrogen was derived from degradation of nucleotides (purines), via the highly expressed allantoicase (EC3.5.3.4) (Pomati et al., 2001) (padj < 0.01) (Gammaproteobacteria) (Figure 7B). There was also expression of nitric oxide reductase (NorQ) (Other/Unclassified), and manganese superoxide dismutase (EC1.15.1.1) (Bacteroidetes, Cyanobacteria) (padj < 0.01) (Figures 5B, 7A), which both are involved in detoxification of NO, an intermediate from denitrification, resulting in nitrous oxide (N2O) or hydrogen peroxide (H2O2), respectively. In comparison, at T2 there was higher expression of high-affinity ammonium transporters (Amt) (padj < 0.01) (Actinobacteria, Alpha- and Beta-proteobacteria) together with lower expression of high-affinity ABC-transporters of urea (padj < 0.053) (Actinobacteria and Alphaproteobacteria) and the N-rich amino acid histidine (HisPQ) (TC3.A.1.3.1) (padj < 0.013) (Betaproteobacteria) (Figures 5B, 7A). Expression of both urea cycle and arginine biosynthesis related compounds [Ornithinecarbamoyltransferase (EC2.1.3.3), Argininosuccinatelyase (EC4.3.2.1), Argininosuccinatesynthase (EC6.3.4.5), Arginase (EC3.5.3.1)] were higher at T2 than at T1 (padj < 0.01) (Actinobacteria, Alpha- and Beta-proteobacteria, Bacteroidetes, and Cyanobacteria) (Figures 5B, 7A). The expression of glutamine synthetase (EC6.3.1.2) and NAD-specific glutamatedehydrogenase (EC1.4.1.2) was higher at T2 (padj < 0.01) (Actinobacteria, Alpha-, Beta-, and Gamma-proteobacteria, Cyanobacteria, and Bacteroidetes), along with its activator uridylyltransferase (EC2.7.7.59) (padj < 0.01) (Alpha-, Beta-, and Gamma-proteobacteria) (Figures 5B, 7A), together increasing the potential for ammonium assimilation.



Phosphorus Acquisition

The PE expressed both high and low affinity transporters for uptake of either inorganic or organic phosphorus. Expressed at both timepoints (padj < 0.01) was a probable low-affinity inorganic phosphate transporter (Figure 6A). The ABC transporters of less biologically available organic phosphate (TC3.A.1.7.1, PstS), phosphonate (TC3.A.1.9.1) (padj < 0.04) and oligopeptides (TC3.A.1.5.1, OppA) (padj < 0.01) were expressed at higher levels at T1 compared to T2, along with a sodium-dependent phosphate transporter (Figure 6A). A complementary strategy for the PE to obtain biologically available inorganic phosphorus, mainly at T1 but also at T2 (padj < 0.01), was through the expression of alkaline phosphatase (EC3.1.3.1), that transform extracellular dissolved organic phosphorus to inorganic phosphorus (Pi) for subsequent transporter mediated uptake. The likely sinks for intracellular inorganic phosphate, ubiquinone (EC7.1.1.2, EC1.6.99.3) and ATP-synthase (EC3.6.3.14), which are both part of the oxidative phosphorylation/electron transport chain, were higher in one replicate at T1, otherwise at similar or higher levels at T2, indicating a similar need for phosphorus at both timepoints (Figure 6A).
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FIGURE 6. Transcripts involved in phosphorous uptake and assimilation for PE (A) and BAC (B), calculated according to legend in Figure 4. Asterisks indicate enzymes that were significantly changed from T1 to T2 (adjusted p < 0.01). T1, first timepoint (samples S1–S3); T2, second timepoint (samples S4–S6); P uptake, uptake of phosphorous; P sink, phosphorous utilization.


Among the BAC, alkaline phosphatase (EC3.1.3.1) (Actinobacteria, Alpha-, Beta-, and Gamma-proteobacteria, Cyanobacteria, and primarily Bacteroidetes) was expressed higher at T1 compared to T2 (padj < 0.01) while inorganic phosphate ABC transporter protein, PstS (TC3.A.1.7.1) (Acidimicrobiia, primarily Actinobacteria, Alpha-, Beta-, and Gamma-proteobacteria, Cyanobacteria, and Bacteroidetes), had a less distinct difference between the timepoints (padj < 0.01) (Figures 6B, 7A). At T2 oligopeptide ABC-transporter proteins, OppD and F (TC3.A.1.5.1) (Beta- and Gamma-proteobacteria, other/unclassified), were both expressed higher than at T1 (padj < 0.01), indicating uptake of organic phosphate. Also, phosphonate ABC-transporters (TC3.A.1.9.1) (Alphaproteobacteria, Cyanobacteria) were higher at T2 than T1 (padj < 0.01), along with phosphate transport system regulatory protein, PhoU (Actinobacteria, Alpha-, Beta-, and Gamma-proteobacteria) (Figures 6B, 7A), which is activated at low intracellular inorganic phosphate levels (Gardner et al., 2014). Both ATP-synthase (EC3.6.3.14) (Acidimicrobia, Actinobacteria, Alpha-, Beta-, and Gamma-proteobacteria, Cyanobacteria, and mainly Bacteroidetes) and ubiquinole (EC1.10.2.2) (Acidimicrobiia, Actinobacteria, Alpha-, Beta-, and Gamma-proteobacteria) were expressed at similar levels (padj < 0.01), indicating a similar need for energy production at both timepoints (Figures 6B, 7A).
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FIGURE 7. Taxonomical distribution of bacterial metatranscriptome ORFs grouped into SEED Rank3. Absolute counts mL−1 were log2 transformed and then relative abundances were calculated per timepoint (T1 and T2, in triplicates). Taxonomical groups are given at phylum or class level. (A) Carbon, nitrogen and phosphorous uptake and assimilation, (B) carbon cycling, n, signify the number of ORFs per Rank3 category.






DISCUSSION

In this study we show that resources (organic and inorganic forms of C, N, and P) were partitioned between planktonic eukaryotes (PE) and heterotrophic bacteria (BAC). This indicates a broad functional ability for resource acquisition and utilization within a coastal microbial community at stable environmental conditions. Our findings also reveal that changes in resource partitioning between PE and BAC does not necessarily result in large-scale taxonomic shifts in the bacterial fraction. Previously, a decoupling between function and taxonomy among bacteria has been proposed (Louca et al., 2017, 2018), suggesting that the environmental conditions select for necessary metabolic functions leading to a specific, but unpredictable, taxonomic composition of the bacterial population. Partly contradicting this, our results indicate that both environmental (nutrient conditions) and biotic (plankton species present) conditions select which bacterial taxa, with suitable metabolic functions are found at the study site. This is exemplified by that members (Flavobacteriaceae and Comamonadaceae) of the previously suggested A. ostenfeldii core microbiome, isolated from the brackish Baltic Sea (Sörenson et al., 2019), being the dominating dinoflagellate species among the PE, were found to be frequent among the BAC, both in the free-living and the attached fractions. Further, our findings indicate that while only minor BAC taxonomic shifts occurred, in both size fractions, during the dinoflagellate bloom (T1: exponential growth, T2: stationary phase), the expression of functions both related to resource acquisition and to metabolic pathways varied in relation to the availability of carbon, nitrogen and phosphorus. This can be seen in the conceptual model in Figure 8, illustrating the relevant transcripts that has been more highly expressed at either T1 or T2, or remained at similar expression levels. When compared to systems with supposed weaker biotic interactions, such as bacteria found in bromeliad cups (Louca et al., 2017), our study suggests that the interactions between PE and BAC are of importance for which plankton and bacteria are found within the community and that resource partitioning and a functional flexibility are necessary in order to maintain these interactions at stable environmental conditions, such as those seen in this coastal bay. Resource partitioning, allowing different species to coexist both temporally and spatially by the division of available resources, has previously been shown to exist among organisms within planktonic microbial communities. Hunt et al. (2008) show that within a single bacterial family there are signs of broad resource partitioning, likely dependent on nutrient utilization and season. Also, among coexisting diatom species, different inorganic and organic nitrogen and phosphorus resources have been suggested to be partitioned (Alexander et al., 2015). Previous studies have focused either on the partitioning of carbon, between primary and secondary producers on a broad scale (encompassing viruses to fish) in the Baltic Sea (Sandberg et al., 2004), and among bacteria associated with different phases of a phytoplankton bloom (Landa et al., 2016; Berg et al., 2018), or of nitrogen and phosphorus (Alexander et al., 2015).
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FIGURE 8. Model of PE and BAC C, N, and P processes at T1 and T2, with inferred nutrient transport of DOC and Pi, based on metatranscriptome data analysis. Uptake/transport by either high-affinity ABC-transporters, low-affinity transporters or permeases. Processes more highly expressed at T1 (blue), at T2 (red), or at similar levels (white), according to TPM (PE) and absolute counts (BAC) (Supplementary Tables 4, 6). GS, glutamine synthetase; MEP, methylammonium permease; DOC, dissolved organic carbon (allochtonous and autochtonous); Gln, glutamine; complex III and V, of oxidative phosphorylation/electron transport chain; Gln, glycine; Val, valine; Leu, leucine; Ile, isoleucine; His, histidine; ROS, reactive oxygen species; Mn-SOD, manganese sodium dismutase; NorQ, nitric oxide reductase Q; PE, planktonic eukaryotes; BAC, bacteria.


In this field study of a natural archipelagic environment, the microbial plankton community was dominated by mainly phototrophic dinoflagellates (Gonyaulacales, Peridiniales, Suessiaceae) including mixotrophic species, and heterotrophic ciliates (Oligotrichia, Choreotrichia) along with primarily heterotrophic bacteria [Actinobacteria (Microbacteriaceae, Sporichthyaceae), Bacteroidetes (Flavobacteriaceae, Cytophagaceae), Proteobacteria (Pseudomonadaceae, Pelagibacter, and Comamonadaceae)], in line with taxa frequently occurring in the Baltic Sea (Johansson et al., 2004; Riemann et al., 2008; Kremp et al., 2009; Herlemann et al., 2011; Wohlrab et al., 2018). Discrepancies in phytoplankton genus/taxa composition between light microscopy observations and 18S rRNA amplicon sequencing have been reported previously (Xiao et al., 2014) and illustrate the benefit of a combined approach. In our study, the discrepancies in PE community structure between observations using microscopy (dominance of Dinophycea) and those resulting from 18S rRNA (dominated by Intramacronucleata) could depend on that sequences in public database are still insufficient for identifying diverse eukaryotic microbes (Kataoka and Kondo, 2019) and that there are large differences in copy number of the 18S rRNA gene between ciliates (high copy number) and other protists such as dinoflagellates (Gong and Marchetti, 2019). Taking this into consideration, we did not pursue a function to taxonomy analysis of the PE community based on molecular results.


Carbon Partition

The functional analysis of the metatranscriptome indicated a partitioning in the acquisition and uptake of organic and inorganic carbon between the PE and BAC, which contribute to explaining the coexistence of both eukaryotes and prokaryotes (Figure 8). The microplankton PE part of the community was constituted of both phototrophic and heterotrophic taxa. Dinoflagellates were mainly phototrophic, including mixotrophic and primarily heterotrophic genera with kleptochloroplasts or algal endosymbionts (Stoecker, 1999; Gómez, 2012), while the ciliates mostly belonged to heterotrophic taxa (Johansson et al., 2004) and the mixotrophic Mesodinium rubrum (Lips and Lips, 2017). This explains the occurrence of both carbon fixation and assimilation of amino acids and uptake of sugars observed within this part of the community. During bloom development (T1), carbon uptake associated processes were highly expressed, indicating a larger need for both inorganic and organic carbon, suggesting a more rapidly growing community. This trend is supported by the higher expression of carbonic anhydrase at T1, known to accelerate the [image: image] conversion to CO2 upon inorganic carbon limitation, caused by high levels of aerobic metabolism (Rost et al., 2006). The expression of carbonic anhydrase indicates an increased efficiency of carbon fixation leading to a reduction in oxygen production (Foyer and Harbinson, 1994). This would result in the formation of reactive oxygen species and their scavenger, manganese-superoxide dismutase. Both carbonic anhydrase and manganese-superoxide dismutase were expressed at higher levels at T1 compared to T2, an expression pattern previously seen during a dinoflagellate bloom peak (Zhuang et al., 2015). In addition, the number of 18S reads after quality filtration were lower at T1 (avg.) = 213,024, std = 15,201, compared to T2 (avg.) = 222,557, std = 3,330, pointing to a higher richness among the PE during T2, which indicate that the community had progressed through the more homogenous bloom phase (Sison-Mangus et al., 2016; Zhou J. et al., 2018). Taken together, this suggested that the PE community at T1 was sampled during an exponential growth phase while the community at T2 represents a more stationary growth phase.

In comparison, BAC had similar expression levels of uptake and assimilation of organic carbon at T1 and T2 (Figure 4C), indicating an actively growing community at both timepoints. Possibly, the difference between growth phases of the phytoplankton is reflected in the variety of organic carbon sources available to the heterotrophic bacteria. During active PE growth (T1), the BAC enzymes were associated with the utilization of the monosaccharides maltose and xylose and the disaccharide trehalose, while during PE slower growth (T2) the expression levels of organic carbon utilization mechanisms encompassed mono-, di- and tri-saccharides, two polyols, of which erythritol was especially highly expressed, and chitinase. The initial bacterial uptake of simple sugars appeared to go with the uptake of lipids and amino-acids, through the expression of phospholipid-lipopolysaccharide ABC transporter and branched-chain amino acid transport permease protein LivM. These carbon sources were likely channeled through gluconeogenesis and the glyoxylate bypass, more costly pathways that allow the conversion of proteins and lipids into glucose, which had higher expression levels at T1. Concomitantly, there was also a high occurrence of transcripts of components in the tricarboxylic acid cycle (TCA), likely providing glucose for growth, via pyruvate metabolism. This implies that during PE rapid growth, the need for carbon was higher also for the BAC, leading to a functional diversification to utilize several different variants of carbon.

While the PE, containing phototrophs, mixotrophs, and heterotrophs, utilizes both inorganic and simple organic carbon sources (amino-acids and sugars), the BAC has a wider functional repertoire to acquire varied forms of organic carbon, including amino-acids and a wide range of sugars, at both timepoints. During bloom development and active PE growth, when there are indications of a higher total energy demand (T1), there are however indications that the PE and BAC possibly compete for the same types of organic carbon (sugars and amino-acids), likely derived from both allochthonous sources and phytoplankton, though the BAC primarily utilizes other sugars than the PE. Taken together, this suggest that the PE and BAC partition the available organic carbon resources, primarily during PE active growth, in order to sustain growth and avoid competition for this valuable resource.



Nitrogen and Phosphorus Partition

Nutrient conditions in the Föglö archipelago indicated inorganic nitrogen (N) limitation and low phosphate concentrations, reflecting summer conditions in the shallow coastal Baltic Sea. In these conditions, phytoplankton and bacteria have to compete for limiting nutrients (Mayali and Doucette, 2002), and coexist despite competition for essential nutrient sources. Limiting levels of inorganic nutrients promote competition between trophic levels (Tilman, 1982), and the conditions in the bay, including the presence of mixotrophic eukaryotes, suggest that nutrient-based competition between eukaryotes and prokaryotes could be expected.

During bloom development (T1), along with a high carbon demand, the actively growing PE showed a high demand for the, likely limited resource, nitrogen. The PE expressed high-affinity N transporters for the inorganic N sources ammonium and nitrate/nitrite (Morey et al., 2011). This type of expression is indicative of low nutrient availability and these transporters have previously been seen to be upregulated in N starved diatoms (Alipanah et al., 2015). Another indication of the high N demand is the expression of cyanate hydratase (Figure 5A), shown to be related to limited nitrogen access (Alipanah et al., 2015). This expression coincides with expression of components for reduction of nitrite and N assimilation via the urea cycle. The expression of cyanate hydratase, primarily at T1, indicates that cyanate was also utilized as an organic N source. Cyanate has previously been observed to be taken up by dinoflagellates (Hu et al., 2012; Zhuang et al., 2015). This broad repertoire for accessing both inorganic and organic N has previously been reported for a coastal dinoflagellate bloom (Zhuang et al., 2015). In our study, the N uptake coincided with the expression of glutamine synthetase, both located in plastids and mitochondria, which is important for both nitrate and ammonium assimilation (Glibert et al., 2016). Expression of glutamine synthetase indicate limiting levels of internal nitrogen, and has previously been shown to be highly expressed in dinoflagellates during N stress (Parker and Armbrust, 2005; Morey et al., 2011; Zhuang et al., 2015). During PE slow growth (bloom stationary phase, T2), lower expression levels of these N assimilation enzymes with the addition of ammonium/methylammonium permease point to a lower N demand. As the PE community diversity increases at T2, a broadening of PE functions is likely, which could lead to a wider N uptake repertoire (Cardinale et al., 2006; Ptacnik et al., 2008). Nitrogen limited conditions seem to enforce the use of many strategies by the PE to access both organic and inorganic N, at both timepoints (Figure 8).

Nitrogen utilization mechanisms by aquatic bacteria in N-limited conditions have been much studied (Voss et al., 2013). Recent findings highlight the diverse N utilization strategies used by microbial communities to adapt to different N conditions and the ecological importance of the urea metabolism in N-limited regimes (Li et al., 2018). Our results confirm these findings as both the PE and BAC utilize a variation of strategies to acquire N. While the bacterial N demand was similar at both timepoints, the BAC expressed different N uptake mechanisms than the PE. Early in the bloom, the enzyme allantoicase was actively expressed, meeting the N demand by the intracellular formation of urea from purines (Solomon et al., 2010), as an organic N source. This process is known to occur in cyanobacteria and belongs to purine catabolism (Pomati et al., 2001; Solomon et al., 2010). Nitric oxide reductase activation protein NorQ, along with manganese superoxide dismutase, were also expressed in parallel, which suggests that both ammonium and nitrate transporters were inhibited by nitric oxide (Glibert et al., 2016). During late bloom (T2), direct acquisition of inorganic ammonium, organic urea, and amino acid histidine prevailed in the BAC N uptake strategy, of which all represent nitrogen species frequently associated with heterotrophic bacterial nutrient uptake (Kirchman, 1994; Fouilland et al., 2007).

Altogether, these results support a clear partition of the available N resources between PE and BAC at the different PE growth phases (Figure 8). Where the actively growing PE preferably utilize the scarce inorganic N sources and/or organic N-cyanate to sustain their growth, while the BAC is restricted to degrade organic purines in order to obtain nitrogen. In comparison, the PE, in a more stationary growth phase, utilize less inorganic N while the BAC switch to acquiring N from both inorganic and diverse organic extracellular resources. This illustrates how PE and BAC partition available N resources, in different ways depending on both the PE growth phase and likely the availability of different nitrogen species.

Phosphate is the preferred P substrate for photosynthetic and heterotrophic microbial growth in aquatic systems, and ambient phosphate concentrations were relatively high in the Föglö archipelago compared to the offshore Baltic Sea during summer (Savchuk, 2018). The rapid uptake of phosphate by phytoplankton, and to a minor extent by large macrophytes (e.g., Phragmites in this study) in the coastal zone, the subsequent production of dissolved organic phosphorus (DOP), and the P uptake (adsorption) by organic matter regulate the P availability for the microbial community (White and Dyhrman, 2013). At low phosphate levels, eukaryotic phytoplankton and heterotrophic bacteria can efficiently scavenge P from DOP through hydrolysis using alkaline phosphatase (AP) enzymes, which has been observed both in the coastal Baltic Sea and elsewhere (Chróst, 1991; Tanaka et al., 2006; Traving et al., 2017). Though, during bloom development (T1) in Föglö, high levels of AP were expressed among both BAC and in PE, suggesting limiting levels of internal Pi despite relatively high external Pi (PO4) levels (>0.2 μM). This could be reflecting high carbon and nitrogen turn-over (Baltar et al., 2016) in the coastal bay, rich in dissolved organic matter (DOM). Alternatively, as dissolved organic carbon (DOC) has a contributory effect on microbial AP response (Stewart et al., 1982), the release of simple sugars during PE active growth may trigger higher expression of AP among BAC (Anderson, 2018). Whether it is to alleviate bacterial P limitation or to satisfy BAC organic C demand is unclear. Dinoflagellates, that dominate the PE fraction, have a high diversity of AP genes that can confer diverse strategies to access and utilize DOP (Lin et al., 2012). Whether actively growing mixotrophic dinoflagellates would increase their AP response in relation to organic C sources and not P limitation is unknown. In addition, the PE expressed mechanisms for uptake of several inorganic and organic P sources during active growth, which was not seen in the BAC (Figure 8). This supports that some of the PO4 transformed by BAC-AP at T1 may be directly used by the PE, and that the BAC mainly used the resulting carbon products (Benitez-Nelson and Buesseler, 1999; Santos-Beneit, 2015). During late bloom (T2), the assumed lower eukaryotic C and N demand may link to the lower AP expression by PE and their expression of a low-affinity sodium dependent Pi transporter. The fact that BAC expressed uptake of two types of high-affinity organic P transporters, along with the expression of the Pi uptake repressor PhoU, suggests that there is a higher demand for organic P, but a lower demand for Pi at this timepoint (Santos-Beneit, 2015). Our findings demonstrate partitioning of the macronutrient P between PE and BAC, over bloom phase, by type (organic or inorganic) and nutrient species, beyond the direct coupling of composition and functional shifts.



Function and Community Composition

In the archipelago of Föglö, northern Baltic Proper, the taxonomic composition, based on amplicon sequencing analyses of both the PE and the BAC, did not vary significantly during the summer bloom while significant differences in resource acquisition were observed. The decoupling between bacterial community taxonomy and function previously suggested by Louca et al. (2016) has recently been evaluated experimentally (Louca et al., 2020) and showed that taxonomy shifts do not systematically affect metabolic rates. Our findings also point toward a decoupling between taxonomic composition and function in the field. For uptake of organic C, the same BAC taxa (Bacteroidetes, Actinobacteria, Alpha- and Beta-proteobacteria) initially utilize trehalose, xylose and maltose while during stationary bloom phase they instead utilize the more complex organic C compounds tagatose/galactitol, erythritol, inositol, raffinose, and chitin. The exception is gammaproteobacterial expression associated with uptake of inositol seen only during the later bloom stage. Traditionally, Bacteroidetes and Actinobacteria are correlated to algal blooms conditions (Riemann et al., 2008) and are often associated to late bloom phase due to their metabolic capacity to degrade HMW carbon compounds (Pinhassi et al., 1997) or polyaromatic compounds such as chitin (Beier and Bertilsson, 2013). This traditional view may perhaps not be so clear cut at this coastal location. Regarding BAC uptake of N, the results suggest that distinct organic and inorganic N resources were acquired and utilized during the two bloom phases. While these transcripts were assigned to several different BAC taxa, the same groups were represented throughout the bloom (Bacteroidetes, Actinobacteria, Cyanobacteria, Alpha-, Beta-, and Gamma-proteobacteria). Similarly, the transcripts associated with BAC acquisition and metabolism of P partly varied between the bloom phases, primarily with higher expression of alkaline phosphatase during the initial stage. These processes were annotated to a variety of BAC taxa, which were all represented during the whole bloom (Acidimicrobiia, Actinobacteria, Bacteroidetes, Cyanobacteria, Alpha-, Beta-, and Gamma-proteobacteria). Taken together, these results suggest that the community composition of BAC in association with a PE bloom is stable despite distinct metabolic and functional variations in C, N, and P resource usage. Thus, a decoupling between taxonomy and function is clear, it does however seem to be dependent on both the abiotic (availability of nutrients) and biotic (PE and BAC interactions) conditions in the bay.




CONCLUSIONS

In this eutrophied archipelagic environment, with high organic:inorganic nutrient ratio, interactions in the form of competition for highly desirable inorganic (nitrate, nitrite, ammonium, Pi) and organic (sugars, amino acids, oligo-peptides, phosphonates, urea, cyanate) nutrients, was characterized by an observed resource partitioning between PE (primarily phototrophs and mixotrophs) and BAC (primarily heterotrophs). This pattern was evident both when the PE were in exponential and stationary phase, implying that uptake and assimilation of resources may be partitioned regardless of growth stage. This resulted in a range of metabolic functions, dependent on the resources available, which did not result in taxonomic shifts, suggesting a decoupling of function from taxonomy among BAC. This study shows the importance of BAC remineralization of allochthonous organic nutrients and of how PE and BAC divide available C, N, and P species, both in type and over time. At unbalanced nutrient conditions, these mechanisms likely enable phytoplankton growth, and even the development of blooms. This study reveals the potential importance of mixotrophic nutrition of PE in brackish coastal systems, which is still not taken into account in biogeochemical models. The results provide insight into how phytoplankton and bacteria in natural communities interact, and opens up for new questions such as how are resources partitioned at low organic:inorganic nutrient ratio, and what effect would a reduction of land run-off have on the microbial community and the nutrient distribution?
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Prokaryotes play an important role in biogeochemical cycling in marine ecosystems, but little is known about their diversity and composition, and how they may contribute to the ecological functioning of coastal areas in the South Mediterranean Sea. This study investigated bacterial and archaeal community diversity in seawater samples along the Tunisian coast subject to important physicochemical disturbances. The 16S amplicon sequencing survey revealed higher prokaryotic diversity in the northern Tunisian bays than in southeastern waters (Gulf of Gabès). The major taxonomic groups identified in all samples were Alphaproteobacteria (40.9%), Gammaproteobacteria (18.7%), Marine Group II Euryarchaeota (11.3%), and Cyanobacteria (10.9%). Among them, the relative abundance of Alteromonadales, Prochlorococcus, and some clades of Pelagibacterales (SAR11) significantly differed between the northern and the southern bays, whereas no difference was observed across coastal waters in the archaeal Candidatus Poseidoniales (MGII), Synechococcus, and Pelagibacteraceae (SAR11 clade Ia), for which no relationship was observed with the environmental variables. Both Pseudoalteromonas and Alteromonas levels increased with the increasing salinity, density and nutrients (NH4+ and/or PO43–) gradients detected toward the southern waters, while the SAR11 clades Ib and IV and Prochlorococcus, decreased in the shallow, salty and nutrient-rich coastal waters of the Gulf of Gabès. Rhodobacteraceae was positively correlated with Synechococcus and chlorophyll levels, suggesting a relationship with phytoplankton biomass. The present study provides the first insights into planktonic prokaryotic community composition in the South Mediterranean Sea through the analysis of Tunisian seawaters, which may support further investigations on the role of bacterioplankton in the biogeochemistry of these ecosystems.

Keywords: bacteria, archaea, bacterioplankton, diversity, Tunisia, Gulf of Gabès, seawater


INTRODUCTION

Prokaryotes are abundant in marine ecosystems, with number estimates of 1 × 1029 in oceans and concentration estimates of 103 bacteria per microliter in surface seawater (Azam and Malfatti, 2007; Flemming and Wuertz, 2019). They are the most diverse metabolically and phylogenetically organisms on Earth (Oren, 2004). They also play a central role in biogeochemical cycles, marine food chains and global climate change (Shively et al., 2001; Cotner and Biddanda, 2002; Azam and Malfatti, 2007; Falkowski et al., 2008; Strom, 2008; Liu et al., 2010; Zehr and Kudela, 2011; Bao et al., 2018). Photosynthetic prokaryotes are responsible for a large proportion of the total primary production (Azam and Malfatti, 2007; Flombaum et al., 2013), while heterotrophs play an important role in the microbial loop by the remineralization of organic compounds (Carlson et al., 2010). Photosynthetic Cyanobacteria and photoheterotrophic Alphaproteobacteria of the order Pelagibacterales (also known as SAR11) are among the most abundant prokaryotes in marine waters (Chisholm et al., 1988; Morris et al., 2002; Carlson et al., 2009; Flombaum et al., 2013; Evans et al., 2015; Giovannoni, 2017). In the Mediterranean Sea, most studies have identified SAR11 as the dominant bacteria (ranging between 25 and 45% of the reported sequences and contributing to 36 ± 6% of total prokaryotic abundance; Laghdass et al., 2012), followed by other Alphaproteobacteria (belonging to the family Rhodobacteriaceae; Zaballos et al., 2006; Alonso-Sáez et al., 2007; Feingersch et al., 2010; Salter et al., 2015). Cyanobacteria (Prochlorococcus and Synechococcus), Gammaproteobacteria (e.g., Alteromonadales) and Bacteroidetes constitute the remaining of the dominant bacterial diversity with some divergences depending on depth, seasons, and distance from land (Estrada and Vaqué, 2014). Diverse archaeal communities have also been observed in the Mediterranean Sea water column and their structure also varied depending on depth, geographic areas, and seasons (Massana et al., 2000; Galand et al., 2010; Hugoni et al., 2013; Martin-Cuadrado et al., 2015). Marine planktonic Archaea are currently classified into four main groups belonging the phyla Thaumarchaeota (formerly Marine Group I archaea) and Euryarchaeota (Marine Groups II, III, and IV; Santoro et al., 2019). Although many studies have evaluated the spatiotemporal diversity of prokaryotes in several marine regions throughout the world, including the Mediterranean Sea (Ghiglione et al., 2005; Feingersch et al., 2010; Galand et al., 2010; Techtmann et al., 2015), their responses to environmental changes remain largely unknown in many specific coastal areas, especially along the southern coasts of the Mediterranean Sea, impacted by anthropogenic activities, climatic changes, and a complex water circulation pattern (Bel Hassen et al., 2009a; Coll et al., 2010; Zouch et al., 2018; Béjaoui et al., 2019).

The Mediterranean Sea is a semi-enclosed oligotrophic sea characterized by high variations in environmental conditions (e.g., temperature, salinity, current, and nutrient availability) leading to high change in biodiversity depending on depth, seasons, and location (Coll et al., 2010). The salinity, temperature and nutrient gradients are especially pronounced off the coasts of Tunisia, comprising the Strait of Sicily, which represent the natural conjunction between the western and the eastern Mediterranean basins (Khammeri et al., 2020). This eastern basin is the most oligotrophic area of the Mediterranean Sea, and their phytoplanktonic communities were mainly composed of ultraphytoplankton (<10 μm), which play an important role in the primary production (Bel Hassen et al., 2009b; Estrada and Vaqué, 2014; Khammeri et al., 2020). In the eastern Mediterranean basin, the Gulf of Gabès is one of the most productive Mediterranean area (Ayata et al., 2018), due to the favorable climatic conditions and the high nutrient availability, contrasting with the oligotrophic waters of the eastern basin (Béjaoui et al., 2019). Changes in picoeukaryotic assemblages, phytoplankton abundance and ultraphytoplankton composition have been largely studied in the shallow waters of the Gulf of Gabès (Bel Hassen et al., 2009a, b; Rekik et al., 2014; Hamdi et al., 2015; Bellaaj-Zouari et al., 2018). Recently, the ultraphytoplankton distribution have been evaluated by flow cytometry analysis along the Tunisian coast, showing a gradual increase from the North to the South in Synechococcus, picoeucaryotes, nanoeukaryotes and cryptophytes, mainly concentrated in the Gulf of Gabès, except for Prochloroccocus more abundant in northern coast (Khammeri et al., 2020). Although prokaryotic structure and dynamics have been well studied in the North Western and Eastern Mediterranean Sea (Zaballos et al., 2006; Laghdass et al., 2012; Hazan et al., 2018; Haber et al., 2020), the diversity of planktonic prokaryotes, especially heterotrophic prokaryotes, has not yet been studied in the South Mediterranean Sea (including the Gabès Gulf), despite their potential important role in biogeochemical cycles.

In this study, we evaluated for the first time the diversity and composition of prokaryotic communities in seawater samples collected along the Tunisian coast subjected to physicochemical gradients (from the North to the South), in order to understand how environmental variables, affect both archaeal and bacterial community structure. The first step to describe the microbial communities was to determine the diversity and relative abundances of different phylogenetic groups using Illumina sequencing of 16S rRNA genes. Then, we examined the relationships between the prokaryotic community composition/distribution and the water physicochemical characteristics (i.e., salinity, nutrients, physical properties, chlorophyll content). Finally, we investigate the relationships between the dominant microbial groups to highlight their potential ecological role in this specific area of the Mediterranean Sea.



MATERIALS AND METHODS


Sample Collection

Seawater samples (n = 20) were collected at two depths (1 m below the surface and 2 to 3 m above the bottom) from 10 stations along the eastern coast of Tunisia (South Mediterranean Sea, Eastern Mediterranean basin; Figures 1A,B) in November 2013 during the INCOMMET cruise aboard the N/O Hannibal. Samples analyzed in this study were selected out of the 30 collected from 11 sites previously described in an ultraphytoplankton community study (Khammeri et al., 2020). Surface (S) and bottom (B) waters were collected using 12-L Niskin bottles fitted on a Rosette sampler equipped with conductivity, temperature, and depth (CTD) sensors (SBE 9, Sea-Bird Electronics) that led to the salinity and temperature data reported in the Figures 1C,D.
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FIGURE 1. Sampling sites along the Tunisian coast during INCOMMET cruise (A) in the South Mediterranean Sea (B) with vertical profiles of salinity (C), temperature (D), ammonium (E), orthophosphate (F), and chlorophyll a (Chla) (G) concentrations along the section defined by the station latitude from the Gulf of Tunis to the Gulf of Gabès (modified from Khammeri et al., 2020). Stations are indicated by blue or red circles (for North or South bays) on map. Stations and sample depth are indicated by line in vertical profiles.


Sampling sites were in different bays along the Tunisian coast from North (S1, S2, S3, and S4, located in the Gulf of Tunis and the Gulf of Hammamet) to South (S5, S6, S7, S8, S9, and S11, located in the Gulf of Gabès). These areas are subjected to different physical water properties: the Modified Atlantic Water mass was reported along the northeastern coasts whereas the saltier and warmer Modified Mediterranean Water (MMW) was detected in the Gulf of Gabès (Khammeri et al., 2020). Study area and methodologies used to collect and analyze environmental samples have been described in detail by Khammeri et al. (2020). Water biophysicochemical parameters, such as salinity, temperature, inorganic nutrients (i.e., nitrite: NO2–, nitrate: NO3–, ammonium: NH4+ (Figure 1E), orthophosphate: PO43– (Figure 1F), silicate: Si(OH)4, chlorophyll a (Chla) (Figure 1G) and planktonic population densities derived by flow-cytometry (i.e., Synechococcus, Prochlorococcus, pico-, and nano-eukaryotes) have been reported in Table 1.


TABLE 1. Physicochemical parameters for seawater samples collected along the Tunisian coast in November 2013.

[image: Table 1]For molecular diversity studies of prokaryotic communities, 3L seawater samples were first prefiltered through a 20-μm pore size mesh, then filtered on 2.7-μm pore size, 47-mm-diameter, GF/D filters, to remove large organisms. Picoplanktonic cells were subsequently collected on 0.2-μm pore size, 47-mm-diameter polyethersulfone (PES) filters before being transferred into cryovial tubes containing 3 mL of filtered (0.2-μm) lysis buffer (0.75 M sucrose, 50 mM Tris-HCl and 40 mM EDTA, pH = 8; Massana et al., 2004). Cryovials were immediately frozen in liquid nitrogen.



DNA Extraction, PCR, and Sequencing Analyses of 16S rRNA Gene Fragments

DNA extraction from 0.2-μm filters was carried out using a phenol/chloroform protocol detailed by Bellaaj-Zouari et al. (2018). The quality and concentration of DNA extracts was measured using a Nanodrop spectrophotometer (Nano Drop 2000 Thermo). DNA samples were stored at −80°C.

Bacterial and archaeal 16S rRNA gene V4 variable regions were amplified by PCR using the Pro341F/Pro805R prokaryotic universal primer set (Takahashi et al., 2014), with barcode on the forward primer, as previously described by Dowd et al. (2008), and were sequenced by the MiSeq Illumina (paired-end 2 × 300 bp) platform of the Molecular Research Laboratory (TX, United States).

Raw amplicon sequencing data were processed using DADA2 version 1.12.1, a model-based approach for correcting amplicon sequencing errors (Callahan et al., 2016). After the inspection of quality read profiles, the data processing steps includes quality filtering, dereplication, denoising, merging, inference of ASVs (Amplicon Sequence Variants, i.e., the true error-free sequences), and chimera removal. This process generates an error-corrected table of the abundances of ASVs in each sample. Because of low sequence number, one sample (S1S) was removed from the dataset for further analysis. The taxonomic assignment of ASVs were performed using the SILVA 16S rRNA gene reference (release 132) database (Quast et al., 2012). Finally, sub-sampling normalization, alpha and beta diversity were investigated by the Phyloseq and vegan R packages (McMurdie and Holmes, 2013; Oksanen et al., 2016).

Sequences from archaeal MGII ASVs were aligned using Muscle (Edgar, 2004) with related sequences from NCBI databases and sequences of Thaumarchaeota (MGI) which were used as outgroup. A phylogenetic tree was built with MEGA7 (Kumar et al., 2016) using the Maximum Likelihood method (Tamura and Nei, 1993). Tree topology confidence was determined by bootstrap analysis on 1000 replicates (Felsenstein, 1985).

Raw sequence data are available in the Sequence Read Archive (SRA) of NCBI under BioProject PRJNA632896, BioSamples SAMN14927758–SAMN14927776.



Statistical Analyses

Statistical analyses were performed with R version 3.6.0 (R Core Team, 2013) using R Studio environment version 1.2.1335. The alpha diversity was assessed by calculating global richness (number of observed ASVs), Shannon (Shannon and Weaver, 1949) and Simpson (Simpson, 1949) indices. The level of sequencing effort was evaluated by rarefaction curves of the observed richness using the rarecurve function implemented in the vegan R package. Principal coordinate analysis (PCoA) of beta diversity based on Bray-Curtis distance matrix (from ASVs) was performed for visualizing the distribution of samples along the Tunisian coast with the contribution of the 25 most abundant ASVs. Samples were categorized based on sampling location (North or South, i.e., Gulf of Gabès) or depth (surface, S, or bottom, B). Difference in the alpha diversity indices, the relative abundance of microbial taxa (phylum/class/order/family/genus) or water physicochemical parameters depending on sampling location or depth were assessed using the non-parametric Kruskal-Wallis test followed by Dunn’s test with Bonferroni correction (according to the results of a Shapiro-Wilk normality test). P values of <0.05 were considered as statistically significant differences. A Spearman rank correlation test was chosen to investigate the correlations among abundant bacterial taxa (at genus level >1% of sequences per sample in average) and environmental parameters, and we accepted correlation coefficients (rS) with associated p-values <0.05. Dominant genera were also analyzed by a heatmap based on Z-scores and a double hierarchical clustering (Ward method). The relationship between the dominant ASVs (selection of the top 40 ASVs, mean relative abundance >0.5%) and environmental factors was carried out by Canonical correspondence analysis (CCA) with Vegan package. The bioenv function in the vegan R package selected the best combination of all environmental factors to explain the spatial patterns in the biological matrix. The CCA function used the ASV abundance matrix (transformed by log1p function) with the best combination of environmental factors. The envfit (permutation = 999) function fitted environmental factors onto the ordination for those with a p-value <0.05.



RESULTS


16S rRNA Gene Analysis and Alpha Diversity

A total of 20 seawater samples were collected and analyzed for prokaryotic community variation along the Tunisian coast, including 12 samples from the Gulf of Gabès (Table 1). The 16S rRNA gene sequencing of samples resulted in 868,099 raw sequences, which were further reduced to 438,375 after filtering, denoising, merging, and chimera checking. The rarefaction curves reached to asymptote (Supplementary Figure S1), indicating a sufficient sequencing effort to collect the overall prokaryotic diversity from the sampling.

The number of reads for each sample is reported in Supplementary Table S1. Across all samples, a total of 1,028 unique ASVs were identified. The number of observed ASVs varied from one sampling site to another, with a maximum (290 ASVs) for the station in the Gulf of Hammamet (North bay) at more than 60 m (S3F) and a minimum (143 ASVs) for the station near Sfax (South bay, Gabès Gulf, S6S). Based on the Simpson (D) and Shannon (H) indices, the microbial diversity in the northern samples (DNorth = 0.98 ± 0.01; HNorth = 4.43 ± 0.22) was statistically higher than that in the southern samples (DSouth = 0.96 ± 0.01; HSouth = 4.06 ± 0.20; pD = 0.012; pH = 0.016; Figure 2). Regarding all surface (S) and bottom (B) waters group samples, no difference in diversity indices was observed (p > 0.05). However, within the northern waters, the diversity indices were higher at the bottom (B) than at the surface (S; pD = 0.049; pH = 0.026).
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FIGURE 2. Comparison of alpha diversity indices (Observed, Shannon, Simpson) between sampling sites and location groups (from North or South bays) along Tunisian coast.




Prokaryotic Community Composition

Eighteen different phyla were identified across the seawater samples collected along the Tunisian coast, including Acidobacteria, Actinobacteria, Bacteroidetes, Chloroflexi, Cyanobacteria, Dadabacteria, Epsilonbacteraeota, Euryarchaeota, Firmicutes, Gemmatimonadetes, Margulisbacteria, Marinimicrobia (SAR406 clade), Nanoarchaeaeota, PAUC34f, Planctomycetes, Proteobacteria, Thaumarchaeota, and Verrucomicrobia (Figure 3A). Half of them (nine phyla) were present in all sampling sites and represented more than 99.9% of prokaryotic sequences. Among these nine ubiquitous phyla, Proteobacteria was predominant in all samples (60.8 ± 8.0%, 42.8−82.5%), followed by Cyanobacteria (10.9 ± 4.4%, 5.8−20.2%) and Euryarchaeota (12.0 ± 5.5, 2.8−19.5%; Figure 3A). These three major phyla (each >10% in average) accounted for 84.0% of all prokaryotic sequences. In addition, six other ubiquitous phyla were present at lower proportions, including Actinobacteria (8.6 ± 4.0%), Bacteroidetes (3.0 ± 1.4), and Marinimicrobia (SAR406 clade; 1.6 ± 0.7%), followed by Verrucomicrobia, Chloroflexi (SAR202 cluster) and Dadabacteria (<1% in average). At lower taxonomic ranks, the prokaryotic communities were dominated by five dominant orders (each >10% in average): alphaproteobacterial Pelagibacterales (SAR11, 23.9% in average) and Rhodospirillales (11.4%), followed by archaeal Marine Group II (MGII, 11.3%), gammaproteobacterial Alteromonadales (11.0%) and cyanobacterial Synechococcales (10.9%) (Figure 3B).
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FIGURE 3. Composition of prokaryotic communities in the seawater samples along the Tunisian coast (South Mediterranean Sea). Relative abundance of all prokaryotic phyla (A) and dominant orders (>10% in average, B).




Spatial Distribution of Abundant Prokaryotic Taxa

The PCoA plot based on the Bray-Curtis distance matrix of the prokaryotic community (ASV level) showed a spatial dichotomy between the North and the South sites (Figure 4). Indeed, the northern samples were ordinated close together (on the right, except for S2S), and separated from the southern samples by the first dimension (PCo1, 54.1% of the total variation). The southern samples (Gulf of Gabès) were relatively grouped together (on the left), but higher variability in the prokaryotic composition of the samples were observed compared to the North. Moreover, the southern samples S5S and S5B (located North of the Gabès Gulf) were mainly separated from the other samples by the second dimension (PCo2, 11.8% of the total variation). Regarding the spatial distribution of samples according to depth, surface (S) vs. bottom (B), no depth-related pattern in the prokaryotic community profiles were identified, regardless of the taxonomic rank (p > 0.05).
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FIGURE 4. Principal Coordinate Analysis (PCoA) ordination based on Bray-Curtis distance matrix from the prokaryotic community (ASV level) across all seawater samples collected along Tunisian coast. Sample locations are indicated by blue (North) or red (South) symbols (squares or triangles for bottom or surface waters, respectively). The distribution of the 25 most abundant ASVs is indicated by circles of different colors and their taxonomic affiliations are given in the legend at genus-level rank.


To examine at a finer resolution the differences in the prokaryotic communities within the samples, the contribution of the 25 most abundant ASVs was also visualized on the Bray-Curtis based PCoA plot (Figure 4). A heatmap with dendrogram was constructed using the 16 dominant genera (each >1% in average and accounting for 81.8% of sequences; Figure 5). The distribution of representative ASVs of each dominant genera was visualized by histograms (Figure 6). Both PCoA and heatmap clustering analysis revealed some differences in the prokaryotic relative abundance at ASV and genus levels between the northern or the southern bays, as observed at higher taxonomic ranks, e.g., class, order (Figure 3B).
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FIGURE 5. Heatmap visualizing the Z-score distribution from the relative abundance of the dominant genera (>1% in average) in the seawater samples along the Tunisian coast (South Mediterranean Sea). The dendogram clusters according to the Bray-Curtis similarity index.
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FIGURE 6. Panel figure showing the relative abundance of dominant ASVs retrieved from the seawater samples collected along Tunisian coast. Representative ASVs of each dominant genus were selected for visualization among top 40 ASVs (mean relative abundance >.5%).


At the genus level, Prochlorococcus and proteobacterial SAR11 Ib and II, SAR86, and SAR116 were more abundant in the North than in the South waters (p < 0.005, Figure 5). On the contrary, dominant gammaproteobacterial genera Pseudoalteromonas (9.28% in average, dominated by ASVs 4 and 7) and Alteromonas (1.69%, dominated by ASV 15), significantly increased in the South (Figures 5 and 6, p = 0.002 and p = 0.035, respectively). Both Alteromonas and the deltaproteobacterial SAR324 (abundantly found in the South) were also detected in high proportion in the northern sample S2B grouped with southern samples (Figure 5), indicating that Proteobacteria seems to drive the northern site clustering with southern sites.

At ASV level, Prochlorococcus was related to the northern site clustering (in term of abundance, Figure 4), with SAR11 Ib and Candidatus Actinomarina, while both Alteromonas and Pseudoalteromonas ASVs were related to the southern site clustering (Figure 4). Pronounced differences between North and South waters were also observed at ASV level in the relative abundance of dominant archaeal MGIIb (ASV 29), and bacterial ASVs, such as AEGEAN_169 marine ASVs (e.g., ASVs 5 and 9; Figure 6). However, some difference disappeared at higher taxonomic rank (due to the ASV grouping into genus, family, and order). Indeed, no difference between the North and the South (p ≥ 0.05) was observed in the distribution of the following major bacterial groups (at the genus level): SAR11 clade Ia (mainly represented by ASV 2), Synechococcus (dominated by ASV 1), AEGEAN_169 marine group (Rhodospirillales) and Rhodobacteraceae (Figures 5, 6). No difference was also globally observed for the major archaeal order (MGII), dominated by ASV3 affiliated to the MGIIb representative, Candidatus Thalassoarchaea mediterranii (Supplementary Figure S2).



Relationships Between Prokaryotic Diversity and Environmental Variables

Canonical correspondence analysis was used to identify the biological and physicochemical environmental parameters that could influence prokaryotic composition in the coastal Tunisian waters (Figure 7). The first two constrained axes explained 49% (CCA1) and 9% (CCA2) of the total inertia (Figure 7). The first axis mostly separated the northern sites from the southern sites, while the second axis separated only the S5 site (South) from the others. The CCA analysis indicated that the prokaryotic composition was significantly related to three environmental factors including NH4+ (p = 0.049), temperature (p = 0.012) and silicates (p = 0.003). The highest levels of these three parameters were found at the southern sites (excepted S5 and S2B samples) (Table 1). The salinity parameter, which was not plotted, reaches the limit of significance (p = 0.052), and PO43– was also not significant (p < 0.05).
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FIGURE 7. Canonical correspondence analysis visualizing the relationships between physicochemical environmental variables (arrows) and sampling sites (black circles) derived from ASV abundance data. Significant environmental variables are displayed (p < 0.05). S1 to S4 sample originated from North Tunisian coast; S5 to S11 samples originate from South Tunisian coast. B and S mean Bottom and Surface waters, respectively.


A Spearman’s rank correlation analysis was also used to examine the relationships between the microbial diversity mainly represented by the abundant genera (>1%) and the environmental variables (Supplementary Table S2). Five environmental variables (Chla, density, NH4+, salinity, temperature) increased significantly in the southern samples (p < 0.05), with a more marked rise in salinity (p < 0.0001) and no significant correlation regarding the abundant Synechococcus and SAR11 clade Ia (p > 0.05; Supplementary Table S2). On the contrary, the gammaproteobacterial Alteromonas and Pseudoalteromonas proportions (r = 0.83, p < 0.05) were positively correlated with salinity (r = 0.55 and 0.70, respectively, p < 0.05), NH4+ (r = 0.66 and 0.75, respectively, p < 0.05), PO43– and water densities (for Pseudoalteromonas, r = 0.57 and 0.63, respectively, p < 0.05), found in high levels in the Gabès Gulf waters. Rather, these Alteromonadales were negatively correlated with the levels of SAR11 subclades Ib and II and Prochlorococcus (r = −0.74–0.77, p < 0.05; Supplementary Table S3), which were negatively correlated with salinity (r = −0.81–0.92, p < 0.05), NH4+ (r = −0.79–0.86, p < 0.05), PT, PO43– and water densities (r = −0.50–0.55 and r = −0.52–0.60, respectively, p < 0.05; Supplementary Table S2). Both SAR11 Ib and II were positively associated with Prochloroccocus (r = −0.82–0.83, p < 0.05; Supplementary Table S3), which were positively correlated with depth (r = −0.50–0.55, p < 0.05; Supplementary Table S2). Rhodobacteraceae was the only one to be positively correlated with the Chla levels (r = 0.63, p < 0.05), Synechococcus abundance, obtained by flow cytometry; r = 0.82, p < 0.05 (Supplementary Table S4) and Synechococcus relative abundance obtained by 16S rRNA gene sequencing analysis; r = 0.59, p < 0.05, while the archaeal MGII group was the only one to be positively correlated with temperature (r = 0.59, p < 0.05). Shannon and Simpson indices were inversely related to Synechococcus and Prochlorococcus proportions (r = −0.52–0.57, p < 0.05; Supplementary Table S4).



DISCUSSION

To date, diversity studies on prokaryotic communities using molecular approaches have received limited attention in coastal waters of the South Mediterranean Sea, despite the presence of marked physicochemical gradients and ecological threat caused by climatic changes and anthropogenic impacts, such as intensive agricultural and industrial activities, as well as international shipping and tourism development. To fill this gap, the planktonic prokaryotic diversity was investigated along the Tunisian coast. This study highlighted changes in the distribution of some microbial taxa from the northern to the southern waters depending on the following environmental variables: Chla, density, nutrients, salinity, and temperature. However, the absence of a depth-related variation in the overall prokaryotic community structure could be explained by the shallowness of the water column sampled and the absence of water stratification in all stations except the deepest station S4 (Figure 1). Indeed, the hydrodynamic conditions measured during the cruise are typically associated with the end of summer-fall stratification in the Mediterranean Sea and the beginning of winter mixing (Bel Hassen et al., 2009b; Bellaaj-Zouari et al., 2018).

The order Pelagibacteriales (SAR11) is the most relatively abundant prokaryotic component thriving in coastal Tunisian seawaters, in agreement with previous studies on other Mediterranean Sea areas (Zaballos et al., 2006; Alonso-Sáez et al., 2007; Feingersch et al., 2010; Grote et al., 2012; Laghdass et al., 2012; Viklund et al., 2013; Estrada and Vaqué, 2014; Haber et al., 2020). It was dominated by the genus Pelagibacter (SAR11 subclade Ia; 15.3% of the prokaryotes), represented by very small cultivated species adapted to nutrient-limited conditions, and involved in the remineralization of low molecular weight organic matter (Morris et al., 2002; Rappé et al., 2002; Giovannoni et al., 2005; Brown et al., 2012). Along the Tunisian coast, no significant spatial difference in the Pelagibacter proportion was observed, while the occurrences of some SAR11 subclades (Ib, II, and IV) decreased significantly from North to South (Gulf of Gabès). Since SAR11 contributed up to 25% of total prokaryotes in Tunisian waters, the distribution changes within the subclades may have important implications on the biogeochemical cycles. Despite its ubiquity and abundance, the distribution and activity of the different SAR11 subclades depending on environmental variables were still unclear, as previously reported in the northwestern Mediterranean surface waters (Laghdass et al., 2012; Salter et al., 2015). In our study, the levels of SAR11 Ib and II were negatively correlated to salinity (r = −0.85 and −0.76, respectively) and SAR11 Ib was also negatively correlated to NH4+ (r = −0.79) and PO43– (r = −0.64), suggesting that the low proportions of these SAR11 subclades in the Gabes Gulf may be due to its salty, and nutrient-rich waters. Unlike a previous study conducted along a halocline in the Balic Sea (Herlemann et al., 2014), these subclades have not been substituted in the Gabes Gulf by others oligotrophic SAR11 subclades, which prefer low-nutrient environments (Giovannoni, 2017).

Pronounced differences in the cyanobacterial relative abundances were also observed between the northern and the southern Tunisian seawaters. Changes in the Prochlorococcus distribution along the Tunisian coast were consistent with previous flow cytometry data obtained according to the described water masses (Khammeri et al., 2020). The Prochlorococcus abundance was high in the North corresponding to the MAW and considerably decreased in the shallow, salty, and nutrient-rich waters of the South (where they were absent in the samples S6F, S6S, S8S, S8F, and S11S) corresponding to the MMW. Here, Prochlorococcus proportion was negatively correlated to NH4+ (r = −0.86), PO43– (r = −0.55) and salinity (r = −0.92), found in high levels in the Gabès Gulf waters. Indeed, Prochlorococcus preferentially thrives in oligotrophic (nutrient-poor), warm, and stratified waters, usually in summer/fall and is generally absent from eutrophic areas (Chisholm et al., 1988; Partensky et al., 1999b; Durand et al., 2001; Mella-Flores et al., 2012). The highest proportions of the ubiquitous Synechococcus observed in southern samples (S5S, S5B, and S6S), suggesting that Synechococcus is more adapted than Prochlorococcus to the hydrodynamic and nutrient-rich conditions of the Gabès Gulf. Indeed, Synechococcus genus is known to be widely distributed, but it is most abundant in well-lit and nutrient-rich waters, usually in a well-mixed coastal water column (Waterbury et al., 1979; Partensky et al., 1999a; Zwirglmaier et al., 2008). Similar trend was also observed along the eastern coast of the Adriatic Sea located North of the Eastern Mediterranean basin (Šantić et al., 2011) and in other marine areas (Flombaum et al., 2013; van den Engh et al., 2017).

The gammaproteobacterial order Alteromonadales was more prevalent in the southern waters (Gabès Gulf), than in northern waters (except in S2S). Both Alteromonas and Pseudoalteromonas proportions were positively correlated with salinity, NH4+, PO43– and water densities, found in high levels in the Gabès Gulf waters. Pseudoalteromonas was more abundant than Alteromonas in the Gabès Gulf waters, especially in the surface waters S6S (near the Sfax City), where it accounted for 43.81% of the prokaryotes. These typical marine heterotrophs play important roles in the biodegradation of marine organic matter, such as organic nitrogen and phosphorous mineralization, owing to their high production of proteases and extracellular alkaline phosphatases (Thomas et al., 2008; Zhou et al., 2009; Li et al., 2015; Liu and Liu, 2020). Indeed, higher organic phosphorous in the South than in the North (Khammeri et al., 2020) may induce active biodegradation processes by these heterotrophic organisms. Other heterotrophs detected in nutrient-rich Gabès Gulf waters were related to Deltaproteobacteria (SAR324 clade, also involved in sulfur oxidation and carbon fixation, Sheik et al., 2014), as well as to Actinobacteria (Ca. Actinomarina) and Bacteroidetes (NS4 marine group) also known as key players of the organic matter processing (i.e., transport and degradation) in oceans (Kirchman, 2002; Ghai et al., 2013; Anandan et al., 2016). Several studies have reported changes in microbial community composition with a dominance of heterotrophs in marine mesocosms and Mediterranean ecosystems enriched with minerals and nutrients, such as coastal urbanized areas (Allers et al., 2007; Rekik et al., 2014; Richa et al., 2017). The Gulf of Gabès is impacted by industrial and municipal discharges that increase toxic metals (such as cadmium) and nutrients (such as PO43–) in marine environment, that cause seawater pollution (e.g., eutrophication) and microbial diversity changes (Zouch et al., 2017, 2018; Chifflet et al., 2019).

Beyond abiotic factors, heterotrophic microorganisms can impact and interact with a wide range of prokaryotic organisms in marine ecosystems. Heterotrophic Pseudoalteromonas species exhibit high extracellular activities and antimicrobial properties allowing them to hydrolyze complex molecules and to be extremely competitive for nutrients (Holmström and Kjelleberg, 1999). In our study, the relative abundance of both heterotrophic Pseudoalteromonas and Alteromonas were negatively correlated with photosynthetic Prochlorococcus (r = −0.71–0.75), accordingly to previous co-culture findings (Becker et al., 2019). On the contrary, the relative abundance of Prochlorococcus was positively correlated with some SAR11 clades (Ib and IV) (r = 0.82–0.83), in agreement with the study of Becker et al. (2019) showing that SAR11 grew faster in co-culture with Prochlorococcus, likely due to the production and release of glycine betaine by this latter. This result suggests that some SAR11 clades, detected in low abundance in the South, might be also influenced by the Prochlorococcus decrease in the Gabès Gulf. The relative abundance of Rhodobacteraceae was also positively correlated to Synechococcus and chlorophyll a (r = 0.63–0.71), suggesting a link with phytoplankton biomass, as revealed by a previous study in marine water mesocosms (Allers et al., 2007).

Archaea were well represented in all Tunisian coastal seawater samples (>10% of the prokaryotes) and were mainly composed of the candidate order “Poseidoniales” (MGII), as observed in coastal northwest Mediterranean Sea and in surface waters of different marine areas around the world (Galand et al., 2010; Hugoni et al., 2013; Pereira et al., 2019; Rinke et al., 2019; Santoro et al., 2019). In our winter study, the MGIIb group (Candidatus Thalassarchaeaceae, represented by the ASVs 3, 21, 29, 40) was more abundant that the MGIIa (represented by the ASVs 28 and 41) in seawaters. These results agree with previous data on the northwest Mediterranean Sea showing MGIIb as a major archaeal group in winter, while MGIIa predominated in summer (Galand et al., 2010; Hugoni et al., 2013; Martin-Cuadrado et al., 2015). Recent MGII genomic analyses provide evidence for a photoheterotrophic lifestyle combining phototrophy via proteorhodopsins with organic matter remineralization (Martin-Cuadrado et al., 2015; Tully, 2019). In shallow Tunisian coastal waters, both MGIII and Thaumarchaeota (mainly ammonia-oxidizing Nitrososphaera) were detected in low abundance (<1% and <0.1% of the prokaryotes, respectively), in accordance with their known prevalence in deep waters (Techtmann et al., 2015; Santoro et al., 2019). The predominance of MGIII in the surface waters of the Gulf of Hammamet (S3S, 4.56% of the prokaryotes), displaying the lowest level of PO43–, may be explained by the presence in its genomes of photolyase genes and phosphonate uptake, which may serve as a phosphorus source in inorganic phosphorus-deficient waters (Santoro et al., 2019). Finally, Nanoarchaeota were exclusively found in extremely low proportion (around 0.02%) in the bottom waters of the Gabès Gulf and they are known as small parasitic or symbiotic Archaea (Amils, 2014).

In conclusion, our findings on prokaryotic diversity in seawater samples along the Tunisian coast increase our knowledge on microbial biodiversity and potential ecosystem functioning in the understudied regions of the South Mediterranean Sea. Amplicon sequencing-based prokaryotic community analysis allowed us to identify typical dominant and ubiquitous marine taxa affiliated to phyla Proteobacteria (alphaproteobacterial SAR11 clade and gammaproteobacterial Alteromonadales), Cyanobacteria (Synechococcales), and Euryarchaeota (“Poseidoniales”). Our comparative analysis between the North and South Tunisian bays showed several changes in the prokaryotic community composition, especially within the SAR11 clade, the order Alteromonadales and the order Synechococcales. A significant increase in the levels of the genera Pseudoalteromonas and Alteromonas were observed in the southern waters (Gulf of Gabès), compared to northern bays, and was inversely related to Prochlorococcus proportion. These changes may be explained by the difference in physical water properties, mainly temperature and nutrient content and Chla concentrations, in accordance with previous studies in the Mediterranean Sea. It is worthy to continue analyzing the diversity of the microbial community in future investigations toward larger spatial and temporal scales in the South Mediterranean Sea, in order to confirm these microbial biodiversity patterns and better understand the important biogeochemical processes mediated by specific microbial groups in a context of global climatic change and/or human-induced environmental changes.
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Pico-/nanoeukaryotes (P/NEs) comprise both primary producers and bacterial predators, playing important biogeochemical and ecological roles in the marine microbial loop. Besides the difference in size, these small-sized fractions can be distinguished from microplankton by certain functional and ecological traits. Nevertheless, little information is available regarding patterns of their taxonomic and functional diversity and community composition along environmental gradients in coastal marine ecosystems. In this study, we applied high-throughput sequencing of 18S rRNA gene to assess the taxonomic species richness and community composition of P/NEs in surface waters of Bohai Sea and North Yellow Sea, northern China spanning a 600-km distance during summer and winter of 2011. The richness of operational taxonomic units (OTUs) formed a U-shaped relationship with concentration of chlorophyll a (Chl-a, a proxy of primary productivity), but a stronger, negative relationship with concentration of dissolved oxygen (DO). These two factors also significantly co-varied with the OTU-based community composition of P/NEs. The effect of geographic distance on community composition of P/NEs was negligible. Among the three functional groups defined by trophic traits, heterotrophs had the highest OTU richness, which exhibited a U-shaped relationship with both DO and Chl-a. The community of P/NEs was dominated by heterotrophs and mixotrophs in terms of read numbers, which showed a trade-off along the gradient of phosphate, but no significant changes along DO and Chl-a gradients, indicating functional redundancy. Similarly, the proportion of phototrophs was significantly and positively correlated with the concentration of silicate. Our results indicate that taxonomic and functional composition of P/NEs are decoupled on a regional scale, and limiting nutrients are important factors in modulating functional composition of these microorganisms in the studied area. These findings contribute toward gaining a better understanding of how diversity of small eukaryotes and their functions are structured in coastal oceans and the effect of environmental changes on the structuring process.

Keywords: functional redundancy, metabarcoding, mixotrophy, nutrient limitation, productivity


INTRODUCTION

Pico- (0.2–2 μm) and nano-sized (2–20 μm) eukaryotic plankton constitute important components in marine microbial food webs. They frequently comprise major primary producers (Worden and Not, 2008), parasites, symbionts, decomposers (Sherr et al., 2007), and bacterial grazers (Linley et al., 1983; Sherr and Sherr, 1994; Christaki et al., 1999; Massana et al., 2009; Hartmann et al., 2012; Unrein et al., 2014). Due to their small cell size and lack of conspicuous morphological features, pico-/nanoeukaryotes (P/NEs; 0.2–20 μm) are generally difficult to enumerate and identify with high taxonomic resolution using traditional microscopy, especially at the lower hierarchical levels (Moreira and Lopez-Garcia, 2002; Massana, 2011). In the last two decades, application of 18S rRNA gene-based molecular tools has revealed high taxonomic diversity of these small eukaryotes, and picoeukaryotes in particular, in various marine environments, e.g., deep seas (Lopez-Garcia et al., 2001), a bottom euphotic layer of the Pacific Ocean (Moon-van der Staay et al., 2001), a coastal site of English Channel (Romari and Vaulot, 2004), pan-European coastal waters (Massana et al., 2015), and open oceans (de Vargas et al., 2015). Nevertheless, research studies focused on exploring the molecular diversity and biogeography of small marine eukaryotes (Hernandez-Ruiz et al., 2018; Piwosz et al., 2018; Gong et al., 2020), particularly in eutrophic marginal oceans on a large spatial scale are limited.

Concentration of chlorophyll a (Chl-a) has been widely used as a proxy of phytoplankton biomass and primary productivity, both of which are highly variable across seasons and regions in temperate coastal ecosystems. Picoeukaryotes and nanoeukaryotes are important components in plankton biomass, and often exhibit similar ecological patterns along a productivity gradient. Increase of total Chl-a is accompanied by a corresponding increase of the biomass of both pico- and nanophytoplankton. Nevertheless, the relative contributions of these microbial eukaryotes to overall phytoplankton biomass and primary production decline systematically in marine ecosystems (Marañón et al., 2012). This contrasts with microphytoplankton, which contributes an increasing portion of biomass and productivity in more eutrophic waters (Bell and Kalff, 2001; Marañón et al., 2012). Phytoplankton release approximately 20% of their photosynthetic products as dissolved organic carbon (DOC) in surrounding waters in both oligotrophic and eutrophic aquatic habitats (Baines and Pace, 1991; Marañón et al., 2005). The high availability of DOC in eutrophic waters, results in bacterioplankton becoming more productive (Cole et al., 1988; Baines and Pace, 1991), which in turn enhances the abundance and activity of bacterivorus picoeukaryotes and heterotrophic/mixotrophic nanoeukaryotes (Burney et al., 1981; Lonsdale et al., 2006; Šolić et al., 2010). Apart from this bottom-up effect, the abundance of both bacteria and pico-/nanoeukaryotic plankton is controlled in a top-down fashion by microzooplankton (e.g., ciliates), especially under eutrophic conditions (e.g., Šolić et al., 2010; Šimek et al., 2019). Studies that have taken plankton size-fraction into account have shown that a large proportion of oxygen (O2) production came from microplankton, whereas pico- and nanoplankton consumed most of the dissolved oxygen (DO) in surface waters of the Canadian Arctic (Harrison, 1986) and a coastal upwelling system (Hernandez-Ruiz et al., 2018). The functional diversity of pico- and nano-sized protists is higher than that of microplankton in coastal oceans (Ramond et al., 2019). Therefore, pico- and nanoplankton are, to some extent, more similar to each other in ecological, physiological and functional aspects than to microplankton, which has prompted us to consider pico- and nanoeukaryotes as a whole in ecological and biogeographic studies. The relationship of overall marine phytoplankton richness with productivity is unimodal (Vallina et al., 2014) and driven by temperature and environmental variability (Righetti et al., 2019). Nevertheless, similar studies on size fractions of plankton have yet to be performed. Furthermore, variability of community composition and structure of P/NEs (including the heterotrophs) in relation to phytoplankton biomass (or productivity) and the main environmental factors driving these changes remain little explored topics.

The Bohai Sea (BHS) and the northern Yellow Sea (NYS) are two shallow and eutrophic coastal basins northwest of the Pacific. These basins are semi-closed, with an average depth of 18 and 40 m, respectively. The recent economic development in the Bohai Economic Circle has resulted in gradually increasing levels of dissolved inorganic nitrogen (DIN), as well as, DIN to phosphate ratio (N:P), thus turning the BHS and NYS into nitrogen-rich and phosphorus-limited basins (Zhao et al., 2016; Yang et al., 2018; Wang et al., 2019). The BHS and NYS ecosystems are variable and mainly controlled by physical processes, including monsoons, tides, and seasonal stratification (Guan, 1994; Wei et al., 2004). The Yellow River directly discharges into the BHS leading to lower salinity and higher nutrient levels in this basin compared to NYS (Chen, 2009). The freshwater discharge causes nutrient replenishment resulting in phytoplankton blooms in spring and August–September. The blooms are accompanied by changes in the concentration of Chl-a, which shows distinct seasonality and regional variations (Wei et al., 2004; Liu et al., 2014; Zhou et al., 2017). In general, both Chl-a and N:P ratio are higher in the BHS than NYS (Xie et al., 2012). These distinct seasonal and regional attributes of BHS and NYS provide an ideal testing ground for understanding the environmental drivers of the diversity and distribution of P/NEs in coastal oceans that are highly affected by anthropogenic activities. This knowledge is essential for optimizing ecosystem and biogeochemical models (by incorporating or parameterizing pico-/nanoplanktonic components) toward stronger predictive power and subsequent management of such ecosystems.

In this study, we investigated the temporal (summer-winter) and regional variability of diversity and community structure of pico-/nanoeukaryotic plankton in the surface waters of BHS and NYS using high-throughput sequencing of 18S rRNA genes. We hypothesized that: (i) the diversity and community structure of P/NEs would change significantly along the productivity (i.e., Chl-a) gradient; (ii) there would be substantial differences in community structure between summer and winter and between the two basins; and (iii) due to higher bioavailability of DOC and primary productivity (Chl-a) under highly eutrophic conditions, the pico-/nanoeukaryote community would become functionally more heterotrophic, which would be reflected in increased relative abundance of rRNA gene copies of heterotrophs.



MATERIALS AND METHODS


Sampling and Characterization of Environmental Variables

Samples were collected from BHS and NYS during the summer (June 21–28) and winter (November 13–19) cruises of R/V Dong Fang Hong 2 in 2011 (Figure 1). A total of 28 (16 summertime and 12 wintertime) surface water samples were collected at a depth of 3 m with a rosette of Niskin bottles attached to a conductivity, temperature, depth (CTD) probe frame. At each station, a water sample of 1.5 L was prefiltered through a 20-μm-pore-sized mesh to remove larger plankton and debris, then gently filtered using 0.22-μm-pore-sized polycarbonate membrane filters (47 mm in diameter; Millipore, United States). All membranes bearing the pico- and nano-sized plankton biomass were placed in cryovial tubes and stored in liquid nitrogen for subsequent molecular analyses.
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FIGURE 1. Map of sampling stations at Bohai Sea and North Yellow Sea.


In situ measurements of water temperature (Temp), salinity (Sal), depth, and DO concentration were recorded using CTD. Concentration of total chlorophyll a (Chl-a) was measured on site using an electronic probe (Hydrolab MS5; Hach, United States). At each site, a subsample volume of 100 ml was filtered on board the research vessel through 0.45-μm-pore-sized polyethersulfone membrane filters (25 mm in diameter; Jinteng, Beijing, China) and stored at −20°C for determination of nutrients. The concentrations of nitrate ([image: image]), nitrite ([image: image]), ammonium ([image: image]), dissolved inorganic phosphate ([image: image]), and silicate ([image: image]) in all subsamples were determined with a nutrient AutoAnalyzer (Seal, Germany). Dissolved organic nitrogen (DON) was measured with a TOC-VCPH TOC analyzer (Shimadzu, Japan). The sample ID, sampling sites and dates, as well as, environment variables are supplied in Supplementary Table 1.



DNA Preparation, Polymerase Chain Reaction (PCR) Amplification, and High-Throughput Sequencing

The FastDNA Spin Kit (MP Biomedical, United States) was used to extract and purify DNA according to the manufacturer’s instructions. The quality of extracted DNA was assessed using gel electrophoresis (1% agarose gels) and quantified using a NanoDrop 2000c spectrophotometer (Thermo Fisher Scientific, United States).

A fragment spanning the V2 and V3 regions of the 18S rRNA gene was amplified using the universal eukaryotic primers 82F (López-García et al., 2003) and 516R (Casamayor et al., 2002). A 10-bp barcode specific to each sample was added to the forward primers. The reaction solutions for PCR were made according to standard conditions for Platinum Pfx DNA polymerase (Invitrogen) with 20 ng of environmental DNA as template. Reactions were performed under the following conditions: initial denaturation at 95°C for 2 min; 20 cycles of 95°C for 30 s, 60°C for 30 s, and 72°C for 1 min; and a final extension at 72°C for 7 min. Pyrosequencing was performed with GS-FLX Titanium LV emPCR Kit (Lib-L) on a Roche 454 GS-FLX Titanium sequencer by the BGI Company (Shenzhen, China).

The raw sequencing data (246,066 reads) were processed and analyzed using QIIME (Caporaso et al., 2010) and Mothur v.1.35.1 (Schloss et al., 2009). Quality filtering was performed according to the following criteria: (i) no N’s; (ii) quality score > 25; (iii) no sequencing mismatches within the PCR primer regions; (iv) minimum sequence length of 200 bp and maximum length of 500 bp (excluding PCR primers); and (v) homopolymers ≤ 6. After quality filtering, the wintertime sample NY10W was excluded as only very few reads remained. Putative chimeras were identified with the UCHIME module of USEARCH v.6.0.203 based on the Silva database (release 119) and discarded. The remaining reads were grouped into operational taxonomic units (OTUs) based on a 97% similarity threshold using the UCLUST algorithm. Singletons were excluded from further analysis. Taxonomy annotation was performed against the PR2 database (a version based on GenBank v. 230) (Guillou et al., 2012) using UCLUST with default settings. Unassigned reads were discarded. The reads assigned to macroorganisms (e.g., Metazoa, Streptophyta, Rhodophyta, and Ulvophyceae) were treated as contaminants, and hence excluded from subsequent analysis for P/NEs.

To calculate OTU richness, 1590 reads from each sample were randomly re-sampled 10 times. The OTU richness was also partitioned into major groups (e.g., Alveolata, Stramenopiles, Hacrobia, and Opisthokonta), which were subsequently analyzed for spatial and seasonal variability and correlations with environmental variables. For beta diversity analysis, the OTU table was normalized using edgeR v. 3.12.1 package (Robinson et al., 2010) in R (R Development Core Team, 2013). This method allows for detection of differentially abundant species as appose to common normalization approaches, such as using simple proportions or rarefying of counts (McMurdie and Holmes, 2014).

The functional structure of P/NEs was assessed using a trait-based approach as previously described (Genitsaris et al., 2015; Ramond et al., 2019). We used the simplified trophic traits (autotrophy, heterotrophy, and mixotrophy) largely because the level of DO, which was mainly driven by photosynthesis and respiration by these trophic groups, was the most important environmental factor co-varying with alpha and beta diversities of P/NEs in this study. The OTU richness and read proportions of these three functional groups were calculated by accumulating those of the affiliated taxonomic groups in a given community (Supplementary Table 2).



Statistical Analyses

The normality of all variables was tested using Shapiro–Wilk analysis. Student’s t tests (for normally distributed variables) and non-parametric Mann–Whitney U test (for the variables that showed non-normal distribution) were performed to identify differences in environmental factors, alpha diversity estimators, and the relative proportion of a given taxonomic group between seasons and regions, and among trophic and DO levels. Pearson or Spearman’s correlations between alpha diversity and environmental factors were performed using SPSS v.11.5 (SPSS, Chicago, IL, United States). The statistical differences of the relative proportions of pico-/nanoeukaryotic taxa between the levels of DO and Chl-a were assessed by one-way ANOVA and least significant difference (LSD) post hoc test. Visualization of community relatedness was conducted using non-metric multiple dimensional scaling (NMDS), which was based on Bray-Curtis similarity matrices. Redundancy analysis (RDA) was used to explore the co-variations between environmental parameters and community structure of P/NEs. Only the variables (i.e., Chl-a and DO) that were statistically significant based on forward selection were plotted. Analysis of Similarity (ANOSIM) was executed to test hypotheses regarding variation of community structure of P/NEs between seasons, regions, or among different levels of environmental variables. All analyses of community structure were carried out using vegan in R (v. 2.4-3) (Oksanen et al., 2013).




RESULTS


Spatial and Seasonal Variations of Environmental Factors

Most of the environmental variables determined for the 28 surface water samples (i.e., temperature, DO, pH, Chl-a, [image: image], [image: image], [image: image], TN, DON, and P:Si) demonstrated distinct seasonality (Supplementary Table 1). The water temperature ranged from 13.15 to 21.47°C in summer and from 12.09 to 13.67°C in winter across BHS and NYS (P < 0.001). The level of Chl-a was significantly higher in summer (mean ± SE, 3.34 ± 0.32 μg L–1) than in winter (0.27 ± 0.03 μg L–1; P < 0.001), and so was the concentration of DO (7.41 ± 0.17 vs. 3.95 ± 0.04 mg L–1, P < 0.001). The concentrations of [image: image] (1.20 ± 0.16 vs. 2.49 ± 0.23 μM, P < 0.001), [image: image] (0.25 ± 0.02 vs. 0.52 ± 0.06 μM, P < 0.001), DON (9.52 ± 1.03 vs. 13.56 ± 1.71 μM, P = 0.050), and [image: image] (1.10 ± 0.16 vs. 4.30 ± 0.63 μM, P < 0.001) were relative lower in the summertime samples, due to highly abundant phytoplankton standing stock in summer and increased nutrient uptake. [image: image] was the dominant DIN species (78%). The N:P ratios varied greatly across all samples, ranging from 19.7 to 2170, with relatively higher values in winter (440 ± 175) than in summer (138 ± 20). The N:Si ratio ranged from 0.7 to 50, but was not significantly different between these two seasons (14.7 ± 3.6 vs. 8.8 ± 3.7, P = 0.070). The concentrations of Chl-a, DO, pH, [image: image], [image: image], DON, and [image: image] were higher in the BHS, while salinity, [image: image], [image: image], N:P, and N:Si tended to be higher in the NYS, but these differences were not significant.



Variations in Richness of Pico-/Nanoeukaryotes

After quality filtering, a total of 94,642 reads and 893 OTUs were retained for the 28 surface samples, among which 417 OTUs were detected in both summer and winter samples, and 611 OTUs in both basins (Supplementary Table 3). The OTU richness of P/NEs was significantly higher in the winter (198 ± 5) than in summer (131 ± 7) across the whole area studied (P < 0.001; Figure 2A). The P/NEs in NYS (167 ± 10) appeared to be more diverse than in BHS (143 ± 12), however, this basin-wise difference was not statistically supported (P = 0.147, Figure 2A).
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FIGURE 2. Variations in OTU richness of pico-/nanoeukaryotes in surface waters of Bohai Sea (BHS) and North Yellow Sea (NYS). (A) Box plots showing the OTU richness was significantly higher in winter than in summer across two basins, but not between BHS and NYS. (B,C) Regression analyses showing the relationships between OTU richness and two of the most important factors, dissolved oxygen (DO, B) and chlorophyll a (Chl-a, C). N.S., no significant differences (P > 0.05).


Both linear and non-linear regression analyses were performed to explore the relationships between OTU richness of P/NEs and the abiotic or biotic factors, among which DO and Chl-a had the highest coefficients of determination. The OTU richness linearly decreased with DO, which explained 75% of observed variance (P < 0.001; Figure 2B), whereas a lower variance (70%) was explained by Chl-a in a quadratic fitting (P < 0.001; Figure 2C). In particular, the relationship between OTU richness of P/NEs and Chl-a was U-shaped, i.e., richness decreased and then increased along the Chl-a gradient, reaching the minimum at an intermediate level (∼ 3 μg Chl-a L–1) of phytoplankton biomass (Figure 2C).

A quarter of pico-/nanoeukaryote OTUs were affiliated with Dinophyceae, of which the percentage of OTU number varied greatly (15 ∼ 44%) among samples. The OTU numbers of Hacrobia (on average 10%), Ciliophora (7%), Archaeplastida (8%), marine stramenopiles (MASTs, 6%), and Syndiniales (5%) were also abundant. Significant summer-winter differences in percentage of OTU number were observed for Dinophyceae (28 vs. 19%), Hacrobia (11 vs. 9%), Archaeplastida (10 vs. 6%), Syndiniales (5 vs. 4%), and Rhizaria (5 vs. 4%), whereas the opposite was true for Ciliophora (5 vs. 11%) and MASTs (5 vs. 7%; Figure 3A). The OTU richness of Syndiniales, Ciliophora, MASTs, Bacillariophyta, Cryptophyta, Choanoflagellida, and Apicomplexa formed U-shaped relationships with both DO and Chl-a, with the exception of Cryptophyta and Apicomplexa, which formed a negative relationship with DO (0.29 ≤ R2 ≤ 0.80, P ≤ 0.004; Supplementary Figures 1, 2).
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FIGURE 3. Variations in OTU richness and community composition of pico-/nanoeukaryotes. (A) The column chart shows the variation in OTU numbers of major taxa among samples; the pie charts summarize the OTU numbers and proportions of major taxa in summer and winter, respectively. (B) Relative proportions of pyrotags of major taxa across samples. MASTs, marine stramenopiles.




Community Structure, Seasonal, and Regional Variations

Overall, the reads of pico-/nanoeukaryotes were dominated by Alveolata (61.1%), which was comprised of Dinophyceae (33.4%), Syndiniales (24.0%), Ciliophora (3.6%), Apicomplexa (0.1%), and Perkinsida (0.01%; Figure 3B). Hacrobia (11.0%; mostly Haptophyta and Cryptophyta), Stramenopiles (10.1%), Chlorophyta (8.3%), Opisthokonta (7.2%), and Rhizaria (2.2%) were also present. Most of Stramenopiles was affiliated with MASTs (3.3%), Pelagophyceae (2.7%), Bacillariophyta (2.2%), Labyrinthulea (0.4%), Oomycota (0.4%), Chrysophyceae-Synurophyceae (0.2%), and Bicoecea (0.2%). The reads of marine Ochrophyta (MOCH), Pirsonia, Dictyochophyceae, Bolidophyceae-and-relatives, Eustigmatophyceae, and Raphidophyceae were each less than 0.1%. Over 50% of reads of Chlorophyta belonged to Mamiellophyceae. The read percentages of other higher-ranking taxa, such as Apusozoa and Amoebozoa, were on average less than 1% (Figure 3B).

The NMDS plot showed that the community structure of P/NEs in the summertime samples of both basins was more divergent and well separated from the wintertime samples (Figure 4A). The community structure of P/NEs was significantly different between summer and winter (ANOSIM, R = 0.698, P = 0.001, Table 1), whereas this was not the case between BHS and NYS (R = 0.023, P = 0.278, Table 1). The RDA plot revealed that the community structure of P/NEs co-varied significantly with DO and Chl-a (P < 0.05; Figure 4B). Correlations between paired community Bray-Curtis similarity and pairwise differences in DO and Chl-a also showed a stronger effect of the former (R = −0.65, P < 0.001) than the latter (R = −0.44, P < 0.001; Figures 4C,D). The effect of geographic distance on the taxonomic community composition of P/NEs was not significant (R = −0.05, P = 0.46; Figure 4E).
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FIGURE 4. Variations in taxonomic community composition of pico-/nanoeukaryotes. (A) A non-metric multidimensional scaling plot depicting the distinct seasonality of taxonomic community structure in NYS and BHS. (B) Plot of redundancy analysis (RDA) showing dissolved oxygen and chlorophyll a significantly (Monte Carlo test, P < 0.05) co-varied with the taxonomic community composition. (C–E) Scatter plots showing that the similarity in taxonomic community composition was significantly decreased with the differences in dissolved oxygen (C) and chlorophyll a (D), but not with that of geographic distance between samples (D).



TABLE 1. ANOSIM testing the differences in taxonomic community structure of P/NEs between seasons (summer and winter), basins (BHS and NYS), and among levels of dissolved oxygen (DO) and Chl-a.

[image: Table 1]
Comparisons between summer and winter revealed that the read percentages of many groups showed a distinct seasonality (Figure 5 and Supplementary Table 4). The proportions of Suessiales (7.2 ± 0.92 vs. 1.9 ± 0.50%) and Mesomycetozoa (9.6 ± 2.36 vs. 0.9 ± 0.25%) were much higher in the summer than in the winter (P < 0.001). In contrast, Dino-Group-II (3.4 ± 0.44 vs. 12.1 ± 1.82%), Dino-Group-III (0.2 ± 0.05 vs. 0.8 ± 0.23%), Dino-Group-IV (0 vs. 0.1 ± 0.02%), Ciliophora (1.4 ± 0.55 vs. 6.5 ± 1.02%), Mamiellophyceae (1.7 ± 0.21 vs. 8.0 ± 1.13%), Chytridiomycota (0.1 ± 0.03 vs. 0.3 ± 0.07%), Oomycota (0.1 ± 0.04 vs. 0.8 ± 0.32%), MAST-4 (0.0 ± 0.03 vs. 0.5 ± 0.10%), and MAST-7 (0.0 ± 0.01 vs. 0.3 ± 0.09%) were significantly more abundant in the winter (P < 0.05). Dino-Group-I was the most abundant among the four Dino-groups, accounting for approximately 20.5 and 10.8% of pico-/nanoeukaryotic reads in summer and winter, respectively, but this seasonal difference was not significant (P = 0.19; Supplementary Table 4).
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FIGURE 5. The pico-/nanoeukaryotic taxa of which the relative proportions were significantly different (P ≤ 0.05 by Student’s t-test or Mann–Whitney U test) between summer and winter, or between BHS and NYS. The error bars indicate standard errors. Asco, Ascomycota; Basidio, Basidiomycota; Choano, Choanoflagellida; Chytrid, Chytridiomycota; Cilio, Ciliophora; Crypto, Cryptophyta; Dino-II, Dino-Group-II; Dino-III, Dino-Group-III; Dino-IV, Dino-Group-IV; Labyri, Labyrinthulea; Mamie, Mamiellaceae; MASTs, marine stramenopiles; Mesomy, Mesomycetozoa; Oomy, Oomycota; Prasi-V, Prasino-Clade-V; Prym, Prymnesiales; Suessi, Suessiales.


Despite the community structures of P/NEs not being significantly different between BHS and NYS, basin-wise differences in relative proportion were detected for several lineages (Figure 5 and Supplementary Table 4). These included Mamiellophyceae (2.9 ± 0.76 vs. 5.3 ± 1.12%), MAST-8 (0.0 ± 0.02 vs. 0.1 ± 0.03%), Prasino-Clade-V (0.1 ± 0.03 vs. 0.3 ± 0.07%), and Cercozoa (3.8 ± 0.92 vs. 1.2 ± 0.21%) (Figure 5 and Supplementary Table 4).



Changes in Taxonomic Composition Along Dissolved Oxygen Gradient and Productivity

In order to explore how these two factors affected community structure, the relative proportions of major lineages were statistically compared among three levels of DO (low: 3–5 mg L–1; intermediate: 5–7 mg L–1; and high: 7–9 mg L–1) and Chl-a (low: 0–1 μg L–1; intermediate: 1–4 μg L–1; and high: 4–6 μg L–1; Figure 6 and Supplementary Table 5). Along the DO gradient, 11 taxonomic groups had the highest pyrotag proportions under low DO conditions. These included Dino-Group-II (mean 12.1, 3.4, and 3.5%); Bathycoccaceae + Mamiellaceae (7.9, 1.8, and 1.2%), Choreotrichia + Oligotrichia (5, 2.1, and 0.5%), Dino-Group-III (0.8, 0.3, and 0.1%); Choanoflagellida (0.7, 0.1, and 0.1%), MAST-4 (0.5%, 0.1%, and 0); Chytridiomycota (0.3, 0.1, and 0.1%); MAST-7 (0.3%, 0, and 0); MAST-10 (0.1%, 0, and 0); Dino-Group-IV (0.1%, 0, and 0); and Bolidophyceae (0.2%, 0, and 0; Figure 6). The pyrotag proportions of these taxa were the highest at the lowest level of Chl-a as well (Figure 6).
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FIGURE 6. Comparisons of the relative proportions of pico-/nanoeukaryotic taxa between the levels of dissolved oxygen (DO) and chlorophyll a (Chl-a). The error bars indicate standard errors. Different lowercase letters indicate significant differences (P ≤ 0.05 using Least-Significant Difference test) in percentage of pyrotags of a taxon between two levels of DO or Chl-a. Absence of letters indicates insignificant effect (P > 0.05 by one-way ANOVA) of DO or Chl-a on the relative proportion of a taxon. Asco, Ascomycota; Bacillario, Bacillariophyta; Basidio, Basidiomycota; Bathyco + Mamie, Bathycoccaceae + Mamiellaceae; Bolido, Bolidophyceae; Choano, Choanoflagellida; Choreo + Oligotri, Choreotrichia + Oligotrichia; Chryso, Chrysophyceae-Synurophyceae; Chytrid, Chytridiomycota; Crypto, Cryptophyta; Dictyocho, Dictyochophyceae; Dino-I, Dino-Group-I; Dino-II, Dino-Group-II; Dino-III, Dino-Group-III; Dino-IV, Dino-Group-IV; Katable, Katablepharidophyta; MASTs, marine stramenopiles; Mesomy, Mesomycetozoa; Pelago, Pelagophyceae; Picobili, Picobiliphyta; Prymnesio, Prymnesiophyceae; Suessi, Suessiales.


In contrast, among the three levels of DO, Prymnesiophyceae (2.9, 9.7, and 2.1%), Katablepharidophyta (0.5, 1.9, and 0.6%), Chrysophyceae-Synurophyceae (0.2, 0.6, and 0.1%), and Dictyochophyceae (0.1%, 0.3%, and 0) exhibited significantly higher proportions at intermediate DO (P < 0.05). However, the pyrotag proportions of these taxa were not significantly different among any of the three Chl-a levels (P > 0.05; Figure 6). Finally, only pyrotags of Mesomycetozoa (0.9, 5.6, and 12.8%) and Suessiales (1.9, 5.9, and 8.2%; Figure 6) peaked under high DO conditions and at intermediate levels of Chl-a.



Variations in Richness of Functional Groups and in Community Functional Structure

The OTU richness of heterotrophs ranged from 37 to 143, ranging from 41.5 to 69.3% across all samples. In contrast, the OTU richness of mixotrophs (20 ∼ 70) and phototrophs (10 ∼ 30) was much lower and with narrower ranges in the pico-/nanoeukaryote communities (Figure 7A). Regarding seasonal and basin-wise comparisons, a significant difference in OTU richness was only found for the heterotrophs between winter (126 ± 3.0) and summer (60 ± 2.4; P < 0.001). Among all determined environmental variables, DO (R2 = 0.92, P < 0.001) and Chl-a (R2 = 0.85, P < 0.001) were the most significant, consistently showing a U-shaped relationship with heterotrophic OTU richness (Figures 7B,C). The richness of phototrophs, mixotrophs and mixotrophs + phototrophs (i.e., pico-/nanophytoplankton) tended to be maximized at the intermediate levels of DO, while richness was minimized at the intermediate Chl-a concentrations; nevertheless, these quadratic relations were weak and not statistically supported (R2 < 0.2, P > 0.05; Figures 7D–I).
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FIGURE 7. (A) The OTU richness of heterotrophs, phototrophs, and mixotrophs. (B–I) Variations in OTU numbers of these functional groups in relation to dissolved oxygen (DO) and chlorophyll a (Chl-a) concentrations. Note that the relationships between OTU richness of heterotrophs and DO and Chl-a are highly significant and U-shaped. The abbreviation “Mixo + Photo” refers to pigmented pico-/nanoeukaryotes.


The read proportions of the three ecological groups in the pico-/nanoeukaryotic community varied greatly across the two seasons and regions (Figure 8A). The percentages of heterotrophs (Hetero%) and mixotrophs (Mixo%) in the community varied greatly, accounting for 18∼74% and 15∼67% among all samples, respectively. The contribution of phototrophs (Photo%) was consistently low (2∼36%). The pyrotag proportions of heterotrophs and mixotrophs appeared to be higher in the summer, whereas phototrophs became more abundant in the winter; however, these differences were not statistically supported (P > 0.05; Figure 8B). Similarly, the proportions of these three functional groups were not significantly different between BHS and NYS either (P > 0.05). Correlations between the proportions of functional groups and all determined environmental variables showed contrasting patterns: the Hetero% was significantly and negatively correlated with [image: image] (R = −0.42, P = 0.026), whereas both the Mixo% (R = 0.38) and the ratio of mixotrophs to heterotrophs (Mixo/Hetero; R = 0.45) were significantly and positively correlated with [image: image] (P < 0.05) (Figure 8C). The Photo% increased linearly with the concentration of [image: image] (R = 0.42, P = 0.027). Nevertheless, the correlation between the ratio of phototrophs to heterotrophs (Photo/Hetero) and [image: image] was weak and insignificant (R = 0.24, P > 0.05; Figure 8C).
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FIGURE 8. Functional composition of pico-/nanoeukaryotic community as shown by the pyrotag proportions of heterotrophs (Hetero%), phototrophs (Photo%), and Mixotrophs (Mixo%) in the communities. (A) Variation among individual samples. (B) Comparisons between two seasons and between basins, none of which was significant (P > 0.05). (C) The Hetero% was negatively correlated with concentration of phosphate, and Mixo% was positively correlated with concentration of phosphate, resulting in a higher Mixo/Hetero ratio at a higher level of phosphate (P < 0.05). Both Photo% was positively related to concentration of silicate (P < 0.05), whereas the ratio of phototrophs to heterotrophs (Photo/Hetero) was not. (D) There were no significantly differences in percentages of pyrotags (mean and standard error) of three trophic groups across the low, intermediate and high levels of dissolved oxygen (DO). (E) The humped relationship between concentrations of DO and chlorophyll-a observed in the present study.


The changes in functional groups across the three DO levels showed some general trends. Hetero% appeared to be the highest (47.6%) in the highly oxygenated waters; Photo% was highest (17.0%) at low DO level, but progressively decreased at intermediate (10.4%) and high DO levels; and Mixo% peaked (50%) at the intermediate DO level (Figure 8D). Nevertheless, the statistical comparisons among the three levels were not significant (P > 0.05). Across the gradient of phytoplankton biomass, the functional structure of P/NEs was not discernible either (data not shown), despite there being a high and positive correlation between DO and Chl-a (R = 0.78, P < 0.001). This was probably due to the fact that in the present study the increase of DO with Chl-a was not monotonic and could fit better with a parabolic curve instead (R2 = 0.90, P < 0.01; Figure 8E): when Chl-a was relatively lower (<3 μg L–1), the DO in surface waters increased along with Chl-a; whereas the slope became negative when Chl-a was beyond the turning point (>3 μg L–1; Figure 8E).




DISCUSSION

The nutrient levels in the surface waters of BHS and NYS determined in this study showed that the DIN was dominated by high concentration of [image: image] in summer and by [image: image] in winter; the on average concentration of [image: image] was very low (0.068 μM); and N:P ratio (on average 355) was much higher than the Redfield ratio (16:1). These results collectively indicate a N-rich and P-limited regime of BHS and NYS, which is largely consistent with previous reports for these regions (Yang et al., 2018; Wang et al., 2019; Xin et al., 2019). Our measurements of surface Chl-a were generally low (<1 μg L–1) in winter and higher (>1 μg L–1) in summer, indicating a higher contribution of pico-/nanophytoplankton in the total phytoplankton biomass in the winter in the studied areas (Marañón et al., 2012). The characteristics of phytoplankton size classes in BHS and NYS have been demonstrated by in situ measurements of size-fractionated Chl-a and satellite-based observations (Sun D. et al., 2019; Sun X. et al., 2019). Nevertheless, our study contributes knowledge on the genetic diversity and taxonomic community composition, as well as, seasonal and spatial variability of P/NEs. Moreover, the trophic types (autotrophs, mixotrophs, and heterotrophs) of pico-/nanoeukaryotic components in the microbial loop of the studied areas are revealed.


Operational Taxonomic Unit Richness of P/NEs Across Productivity and Dissolved Oxygen Gradients

The local and regional species richness and productivity relationship (SPR) is one of the central topics in community ecology. The curves describing SPR can be linear positive, hump-shaped (unimodal), linear negative, U-shaped, or of non-significant pattern. The unimodal relationship has been the most frequently recognized one in macroorganisms (Mittelbach et al., 2001; Scheiner and Willig, 2005; Whittaker, 2010) and marine phytoplankton (Vallina et al., 2014), while the U-shaped relationship has been found only rarely in microorganisms (Smith, 2007). Therefore, our observation of a U-shaped relationship between pico-/nanoeukaryotic richness and Chl-a is somewhat extraordinary. In this type of relationship, richness achieves a clear minimum at intermediate productivity levels. Nonetheless, the mechanisms underlying this pattern have yet to be understood. The U-shaped curve (Figure 2C) was mainly attributed to Syndiniales, ciliates and MASTs (Supplementary Figure 2), all of which comprise mostly heterotrophs. On the negative side of the curve, the OTU numbers of these three groups sharply decreased with Chl-a. This observation might be attributed to certain species getting increasingly dominant during the bloom, leading to a decrease in OTU richness temporarily. However, at the intermediate Chl-a levels, additional DOC released by phytoplankton could promote overgrowth of certain bacterial groups (for example, Gammaproteobacteria; Alonso-Sáez et al., 2009). This could lower diversity of bacterial communities, alter the overall digestibility of bacterioplankton (Gong et al., 2016), and in turn select for specific bacterivorous populations of ciliates and MAST grazers (Jürgens and Güde, 1994). On the positive side of the curve, whereby Chl-a is sustained at even higher levels, Dinophyceae are consistently present in high proportions in the communities (Supplementary Table 5), which might stimulate parasitic Syndiniales in pico-fractions (Chambouvet et al., 2008). Alternatively, the increased OTU richness of Syndiniales might be due to release of additional phylotypes into the pico-/nano-sized pool, when highly abundant infected micro-sized host cells burst. Thus, the top-down and bottom-up effects and species turnover of heterotrophs and mixotrophs seemed to determine the variation of richness of P/NEs along the Chl-a gradient in this study. This idea agrees well with Scheiner and Willig (2005), who proposed a theoretical framework to explain U-shaped patterns, i.e., the inflection point of the curve was a consequence of trade-off or shift in two dominating mechanisms that control the number of individuals.

Notably, DO had a stronger and negative relationship with the OTU richness of P/NEs than Chl-a in surface waters of the studied regions (Figures 2B,C), suggesting that oxygenation status reflects species richness of P/NEs more comprehensively than productivity. From a biological point of view, DO is usually correlated with Chl-a (i.e., a higher phytoplankton biomass and primary production tends to yield more photosynthetically produced O2 leading to higher level of DO in the water), and it is often difficult to disentangle the effects of these two factors. Nevertheless, the unimodal relationship between Chl-a and DO observed in our study (Figure 8E) indicates existence of an ecological feedback mechanism, whereby DO peaks at intermediate levels of Chl-a. Previous studies have shown that under highly eutrophic conditions (Chl-a > 3 μg L–1), both carbon fixation and O2 production were mainly contributed by microphytoplankton (Marañón et al., 2012), accompanied by release of a higher amount of DOC (Baines and Pace, 1991; Marañón et al., 2005). Under these conditions, productivity and oxygen consumption by heterotrophic prokaryotes was enhanced (Cole et al., 1988; Baines and Pace, 1991), thus lowering the DO levels in surrounding waters. Due to relatively larger sizes, protists have much higher apparent half-saturation constants for O2 uptake (Fenchel and Finlay, 2008). Thus, a high DO concentration might relieve the competitive pressure of heterotrophic eukaryotes against bacteria, leading to an increase of their proportions in biomass (Figure 8D) and contributing to low species richness. In addition to bacterioplankton, P/NEs could also contribute significantly to community respiration (Harrison, 1986; Hernandez-Ruiz et al., 2018). Therefore, the DO level reflects the balance between biological production and consumption of O2. These processes are involved in not only maintaining the standing stock of autotrophs and heterotrophs, but also their physiological activities, both of which are controlled by a range of environmental variables (e.g., light availability and temperature). Apart from these biological effects, physical processes (e.g., wind induced air-water interface exchange) and diel cycle (some of the samples herein were collected at night, when Chl-a level was relatively steady, but the DO was lower compared with that during daytime) are also among the controlling factors of DO dynamics (Hull et al., 2008). The observed stronger relationship of richness with DO rather than Chl-a in this study, along with the highly dynamic nature of DO in surface waters, suggests that DO is likely a more important environmental factor than productivity in reflecting the richness of P/NEs in coastal oceans. Nevertheless, more accurate measurements of Chl-a concentration (e.g., using high performance liquid chromatography), and direct determination of primary productivity using 14C method would be worth applying in the future to more accurately explore the richness-productivity relationship.



Limiting Nutrients Drive the Functional Composition of Pico-/Nanoeukaryote Community

A number of studies have investigated the functional traits of protistan communities based on metabarcoding data of 18S rRNA genes (e.g., Charvet et al., 2014; de Vargas et al., 2015; Genitsaris et al., 2015; Ramond et al., 2019). Using a similar approach, our study indicated functional redundancy of P/NEs in the BHS and NYS. While the taxonomic community composition of P/NEs was significantly correlated with DO (Figures 4B,C) and differed between seasons (Table 1), the functional traits (trophic strategies) of the community (Photo%, Hetero%, and Mixo% in read proportion) did not follow any of these correlations and trends (Figures 8B,D). This observed decoupling contrasts with the study by Ramond et al. (2019), who found that the taxonomic and functional diversity of marine planktonic protists of pico-, nano- and micro-size classes in the Atlantic were tightly coupled. Compared with ours, their samples were collected from stations spanning a much larger geographic distance (over 3600 vs. 600 km) and latitude gradient; it is likely that the large scale of sampling resulted in higher variability of functional diversity, as has already been observed for taxonomic diversity (Martiny et al., 2006). Our sampling of surface waters [vs. surface, deep chlorophyll maximum (DCM) and mesopelagic zone] in the open ocean (vs. open water, estuaries, and upwelling) exhibited relatively low environmental heterogeneity (e.g., in terms of irradiance, organic carbon sources, and abundance and composition of bacterial food), which might account for the observed reduced functional variability of the pico-/nanoeukaryotic communities in this study.

Unexpectedly, the functional composition of pico-/nanoeukaryotic communities was significantly related to [image: image], a limiting nutrient in the BHS and NYS basins (Figure 8C). Under conditions of P-deficit, mixotrophic eukaryotes can obtain nutrients by predating on bacteria (e.g., Nygaard and Tobiesen, 1993). Nevertheless, this switch to heterotrophy might come with a cost, in that mixotrophs might not be as competitive as strict heterotrophs in ingesting and digesting bacterial prey. When the level of [image: image] increased beyond a threshold (e.g., 0.08 μM), the use of both inorganic and bacterial resources might have led to a distinct advantage of the mixotrophs over the heterotrophs. Our observation of the trade-off between mixotrophs and heterotrophs along the nutrient gradient is in line with the model predicted by Edwards (2019). Nevertheless, the percentage of phototrophs in the pico-/nanoeukaryotic community was not significantly correlated with [image: image], which was likely due to their capability of using non-phosphorus membrane lipids for growth in the face of P-limitation (Van Mooy et al., 2009). While the concentration of [image: image] was positively correlated with Chl-a in our samples, that of [image: image] had a negative correlation with Chl-a. This suggests that uptake of [image: image] by phytoplankton (especially large-celled diatoms) led to the low level of [image: image] observed in this study. Therefore, the lower percentage of autotrophs at lower [image: image] supply might be a consequence of immobilization and competition for Si between nano- and micro-sized diatoms.
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Protease-producing bacteria play vital roles in degrading organic matter of aquaculture system, while the knowledge of diversity and bacterial community structure of protease-producing bacteria is limited in this system, especially in the tropical region. Herein, 1,179 cultivable protease-producing bacterial strains that belonged to Actinobacteria, Firmicutes, and Proteobacteria were isolated from tropical aquaculture systems, of which the most abundant genus was Bacillus, followed by Vibrio. The diversity and relative abundance of protease-producing bacteria in sediment were generally higher than those in water. Twenty-one genera from sediment and 16 genera from water were identified, of which Bacillus dominated by Bacillus hwajinpoensis in both and Vibrio dominated by Vibrio owensii in water were the dominant genera. The unique genera in sediment or water accounted for tiny percentage may play important roles in the stability of community structure. Eighty V. owensii isolates were clustered into four clusters (ET-1–ET-4) at 58% of similarity by ERIC-PCR (enterobacterial repetitive intergenic consensus-polymerase chain reaction), which was identified as a novel branch of V. owensii. Additionally, V. owensii strains belonged to ET-3 and ET-4 were detected in most aquaculture ponds without outbreak of epidemics, indicating that these protease-producing bacteria may be used as potential beneficial bacteria for wastewater purification. Environmental variables played important roles in shaping protease-producing bacterial diversity and community structure in aquaculture systems. In sediment, dissolved oxygen (DO), chemical oxygen demand (COD), and salinity as the main factors positively affected the distributions of dominant genus (Vibrio) and unique genera (Planococcus and Psychrobacter), whereas temperature negatively affected that of Bacillus (except B. hwajinpoensis). In water, Alteromonas as unique genus and Photobacterium were negatively affected by NO3−-N and NO2−-N, respectively, whereas pH as the main factor positively affected the distribution of Photobacterium. These findings will lay a foundation for the development of protease-producing bacterial agents for wastewater purification and the construction of an environment-friendly tropical aquaculture model.
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GRAPHICAL ABSTRACT. Community structure of protease-producing bacteria cultivated from aquaculture systems: potential impact of a tropical environment, in the case of Wenchang, Hainan, China.



INTRODUCTION

Aquaculture as an important food production has become an important economic activity in many countries (Hamza et al., 2017; Santos and Ramos, 2018). However, with the rapid development of aquaculture industry, a large number of animal residues, residual feed, and excrement have been produced, thereby aggravating the accumulation of organic matter in aquaculture (Lin and Chen, 2001, 2003; Kuhn et al., 2010; Guo et al., 2016; Li et al., 2020; Mariane de Morais et al., 2020). The main sources of nitrogen and carbon of aquaculture are from the particulate organic matters containing large amounts of proteins and amino acids. Generally, particulate organic matter is difficult to be dissolved, which should be first decomposed into dissolved form. In turn, the dissolved organic matter can be transformed into nitrogen gas by ammonification, nitrification, and denitrification. Bacteria play key roles in these processes by secreting degradation enzymes (Olson and Lesser, 2013; Su et al., 2020).

Protease-producing bacteria as the main degraders of organic matter can effectively hydrolyze the organic matter into peptides and amino acids by secreting extracellular proteases (Su et al., 2020). As we all know, peptides and amino acids are essential for subsequent catabolism of organisms. Reportedly, protease-producing bacteria could not only improve protein digestibility and growth of the host, but also reduce organic pollutants in aquaculture (Shi et al., 2016; Amin, 2018; Su et al., 2020). Protease-producing bacteria that belong to four major phyla, Proteobacteria, Firmicutes, Actinobacteria, and Bacteroidetes, have been identified, which are dominated by Bacillus, Pseudomonas, and Pseudoalteromonas genera (Su et al., 2020).

Many methods have been developed to enhance protein digestibility of aquafeed in aquaculture. However, the application of exogenous enzymes has been limited because of expensive and poor stability in various processing conditions. During the feed processing, dietary enzymes may lose their activities under high temperature and pressure conditions. Fortunately, an increasingly accepted method by supplementing protease-producing bacteria considered as an environment-friendly method was good for growth enhancement (Shi et al., 2016; Amin, 2018), which has been confirmed to not only enhance protein digestibility, but also reduce organic pollutants produced by undigested feed (Suzer et al., 2008; Ambas et al., 2015; Reda and Selim, 2015). Reportedly, feed by supplementing 1.0 × 1010CFU/g protease-producing bacteria could improve growth and nonspecific immune system of Nile tilapia (Selim and Reda, 2015).

Protease-producing bacteria play a vital role in degrading organic matter. However, the diversity and community of protease-producing bacteria have seldom been addressed in aquaculture. As a consequence, in this article, 1,179 cultivable protease-producing bacterial strains were isolated and screened from sediment and water samples in Wenchang (Hainan, China), and then their diversity and community structure were investigated. Additionally, the physicochemical factors related to diversity and distribution of protease-producing bacterial communities in sediment and water were comprehensively analyzed, respectively. The dominant protease-producing Vibrio owensii strains in aquaculture water were classified using enterobacterial repetitive intergenic consensus-polymerase chain reaction (ERIC-PCR).



MATERIALS AND METHODS


Study Site Description and Sample Collection

Surface sediment (2- to 3-cm thickness) and aquaculture water (1-m water depth) samples were collected from six prawn ponds (19°27'28-32''N, 110°45'13''E) and one nature sea pool (closed to the prawn ponds) located at Huiwen Town, Wenchang City, China. The special geographical position is shown in Supplementary Figure S1. The experimental ponds are summarized in Supplementary Table S1.



Isolation and Screening of Protease-Producing Bacteria

Sediment (0.5g) and water (100μl) samples were serially diluted with sterile normal saline solution (0.85% NaCl) within 24h of collection to obtain 1:10, 1:100, and 1:1,000 dilutions. One hundred microliters of each diluted sample was spread-plated on marine 2216E agar and incubated at 30°C for 18h, which was finally ascertained by preliminary selection for the condition of cultural bacteria. For screening of protease-producing bacteria, 2μl of overnight growth culture in the marine 2216E of each bacterial isolate was spot plated on casein-gelatin agar [containing 0.2% yeast extract, 0.3% xasein, sodium salt, 5% gelatin, 0.13% (NH4)2SO4, 0.05% MgSO4·7H2O, and 1.5% agar and seawater; pH 7.5–8.0]. The protease-producing bacterial isolates were further used for DNA extraction.



Quantification of Protease Activity

Protease activity was elevated in terms of hydrolytic capacity (HC); the pure bacterial isolates were cultured in 2166E broth. A solution with OD at 600 nm of 0.2ml was set, of which 1μl was pipetted out and dropped on casein-gelatin agar plate in duplicates. Diameters of bacterial colonies and related-clearance zones were measured after 24-h incubation at 28°C ± 2°C. The HC value determined the protease activity was calculated from the ratio between the diameter of the caseinolytic zone and the diameter of the bacterial colony. In this study, we selected only colonies with a ratio greater than three.



DNA Extraction and PCR Amplification

Bacterial strain with the highest protease activity was identified using genotypic assay. Genomic DNAs of culturable protease-producing bacteria were extracted using a commercial DNA extraction kit (Tiangen Biotech, Beijing, China; Sun et al., 2008; Marquez-Santacruz et al., 2010), after bacterial growth on 2216E medium and incubation at 30°C for 18h. The 16S rDNA genes were amplified from genomic DNA by PCR using the universal primers 27F (5'-AGAGTTTGATCCTGGCTCAG-3') and 1492R (5'-GGCTACCTTGTTACGACTT-3'). PCR amplifications were performed using the following conditions: initial denaturation of template DNA (95°C for 2 min), then 1cycle consisting of denaturation (30 s at 95°C), annealing (30 s at 60°C), extension (1min at 72°C), 25cycles, and a final extension at 72°C for 5 min. Bacteria sequences obtained by culture-dependent approach were compared with 16S rDNA reference gene sequences by BLAST.1



Genetic Diversity of Dominant V. owensii Using ERIC-PCR

All the dominant isolates identified and confirmed as V. owensii were chosen for further molecular typing by ERIC-PCR. One microliter of the extracted DNA was added to 12.5μl of PCR amplification mixture, containing 9.5μl ddH2O, and 2μl primers (forward and reverse). Amplification reactions were carried out in a thermal cycler (Bio-Rad, United States) using the primer set ERIC-1R 5'-AAGTAAGTGACTGGGGTGAGCG-3', and ERIC-2F 5'-ATGTAAGCTCCTGGGGATTCAC-3'. The amplification program was as follows: an initial denaturation step at 95°C for 7min, denaturation 90°C for 30min; annealing at 52°C for 1min; extension at 65°C for 8min; and after 35cycles, a final extension at 65°C for 16min. Six microliters of each amplified product was electrophoresed on 1% agarose gel with DNA safe stain (Greenview Plus, Andy Gold™, United States) 1 × TAE buffer along with 1 Kb DNA Ladder (Thermo Fischer Scientific, United States) and M2-DL2000 marker (Takara, Japan), at 180V for 50min. The amplification was repeated three times.

Gels were viewed by Gel Imaging System (Tanon3500R, Shanghai, China). The images were captured for further analysis. In turn, “1” and “0” were assigned for the presence or lack of the banding pattern and recorded in sequence according to the reading direction. The genetic patterns were calculated according to the molecular weights and quantification of the bands in each sample. Simpson’s Index of Diversity was used to calculated the discriminatory index of ERIC-PCR (Pishbin and Mehrabian, 2020), and the “unweighted pair group method with dice similarity coefficient” option in NTSYS v. 12 program (Bakhshi et al., 2018) was used to cluster the V. owensii isolates.




RESULTS


Analysis of Diversity and Distribution of Cultivable Protease-Producing Bacterial Strains

There were 1,179 cultivable protease-producing bacterial strains isolated and screened from sediment (654 strains) and water (525 strains) samples of aquaculture systems, and the bacterial counts of sediment and water varied from 2 × 104 to 2.6 × 105 CFU/g and 658 to 2.1 × 103CFU/ml, respectively (Table 1). All of the isolates belonged to three phyla, Actinobacteria, Firmicutes, and Proteobacteria, and classified into 27 genera dominated by Bacillus (37.7%) and Vibrio (28.1%) genera (Figure 1, “Water & Sediment” bars), of which Firmicutes accounted for the highest proportion. Additionally, Bacillus hwajinpoensis in Bacillus was dominant species in whole tropical aquaculture system (Figure 1B). Twenty-one genera from sediment belonged to Actinobacteria, Firmicutes, and Proteobacteria, and bacterial diversity was found to be maximum (up to about 91.6%) in the phylum of Firmicutes. The largest genus was Bacillus (B. hwajinpoensis as the dominant species, 26%), followed by Exiguobacterium in sediment (Figure 1, “Sediment” bars). Additionally, 12 unique genera were isolated only from sediment samples, namely Brachybacterium, Chryseomicrobium, Curtobacterium, Erythrobacter, Halomonas, Isoptericola, Kocuria, Marinobacter, Planococcus, Psychrobacter, Rhizobium, and Thalassobacillus. Sixteen genera from aquaculture water samples also belonged to Actinobacteria, Firmicutes, and Proteobacteria, whereas their relative abundance displayed significant differences with those in sediment samples. The relative abundance of Proteobacteria was up to about 71.6%, followed by Firmicutes (28.0%), and the largest genus was Vibrio (61.7%) as the dominant group in aquaculture water samples (Figure 1, “Water” bars). Meanwhile, there were seven unique genera from water samples, namely, Alteromonas, Micrococcus, Ornithinibacillus, Pseudoalteromonas, Pseudomonas, Salinicola, and Stenotrophomonas. Previous studies have reported that protease-producing bacteria were extremely diverse, including main genera such as Acinetobacter, Aeromonas, Enterobacter, Enterococcus, Microbacterium, Micrococcus, Pseudomonas, Staphylococcus, Stenotrophomonas, and Streptomyces, as well as other unclassified bacteria especially Bacillus and Vibrio, which were similar to our results (Dat et al., 2019). In this work, 80 V. owensii strains among the dominant Vibrio genus were isolated. It is worth noting that cultivable protease-producing bacterial diversity of sediment was generally higher than that of water (Figure 1B and Table 1).



TABLE 1. Distribution of cultivable protease-producing bacteria in tropical aquaculture systems.
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FIGURE 1. Relative abundances of cultivable protease-producing bacterial strains in water and sediment, sediment, and water of aquaculture systems at the level of phylum (A) and genus (B), respectively.


The diversity and distribution of cultivable protease-producing bacterial strains in different sampling stations were investigated (Figure 2). The results showed obviously different protease-producing bacterial community structures displayed between each aquaculture pond at the genus level. Interestingly, Vibrio from water samples was found in all sampling stations (Supplementary Table S2) and accounted for the relatively higher proportion (Figure 2). Bacillus also displayed high abundance in most sampling stations.
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FIGURE 2. Relative abundances of cultivable protease-producing bacterial strains in sediment and water of aquaculture ponds on the level of genus. The aquaculture ponds are coded 1#–6#, and Nsp represents nature seawater pool.




Comparison of Cultivable Protease-Producing Bacterial Distribution of Sediments and Water in Aquaculture Systems

As shown in Figure 3, of the 1,179 total cultivable protease-producing bacterial strains from different genera, most strains were found in both sediment and water samples, whereas the sediment and water samples harbored only 70 and 41 unique strains, respectively. Planococcus (42.9%) and Marinobacter (22.9%) were notably abundant in the unique genus of sediment samples, whereas Alteromonas (63.4%) displayed the highest relative abundance in the unique genus of water samples. Among the genera in both locations, Vibrio (31.0%) as the dominant group accounted for the highest proportion.
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FIGURE 3. Comparison of the cultivable protease-producing bacteria distribution of sediment and water samples at the genus level. Proportional Venn diagram showing the number of strains found only in sediment samples, only in water samples, and in both. These strains were used to create the relative abundance bar graphs at the genus level under the panel Venn.




Genetic Diversity of Dominant V. owensii Using ERIC-PCR

In this study, 80 V. owensii strains as the dominant cultivable protease-producing bacteria were isolated from aquaculture systems. In view of the high-importance Vibrio and their increased prevalence in aquaculture, the genetic linkage of these isolates was investigated by ERIC-PCR. In the extragenic regions of V. owensii genome, the sequences of enterobacterial repetitive intergenic consensus consist of highly conserved central inverted repeats. In this study, 80V. owensii isolates were fingerprinted by ERIC-PCR. This technique generated two to six amplification bands ranging in size from 800 to 7,500bp (Supplementary Figure S2). Adopting 58% of similarity, 80 V. owensii isolates were clustered into four clusters (Figure 4 and Supplementary Table S3), ET-1, ET-2, ET-3, and ET-4. The predominant clusters were ET-3 and ET-4, as most isolates had a common banding pattern (7,000bp; Supplementary Figure S2). Only three strains were clustered into ET-1, and nine strains were clustered into ET-2. The Simpson’s Index of Diversity was used to elevate the discriminatory power of this typing method.

[image: Figure 5]

FIGURE 4. Dendrogram obtained from ERIC-PCR fingerprinting of 80 Vibrio owensii strains. Adopting 58% of similarity, isolates were clustered into four clusters, ET-1, ET-2, ET-3, and ET-4.




Overview of Physicochemical Parameters in the Survey Area

Temperature varied among different sampling aquaculture ponds, ranging from 28.1 to 29.7°C. pH was relatively stable and varied slightly among the different sampling ponds. Salinity ranged from 20.29‰ to 29.98‰. The differences in dissolved inorganic N, such as NH4+-N, NO2—N, and NO3−-N, were obvious. Physical-chemical parameters of the survey areas were summarized in Table 2.



TABLE 2. Physical-chemical parameters of sampling stations.
[image: Table2]




DISCUSSION

With the rapid development of aquaculture industry, aquaculture system is loaded with abundant organic matter, ammonia-nitrogen, and phosphorus due to high concentration of organic and inorganic pollutants from uneaten feed and aquaculture animal excreta (Dat et al., 2019), and long-term use of antibiotics and chemicals to prevent diseases in aquaculture has led to a series of environmental problems, such as water eutrophication and atmospheric pollution (caused by volatilization of ammonia and hydrogen sulfide; Hai, 2015), which greatly hinders the sustainable development of aquaculture industry. Therefore, exploring a harmless and recyclable technology for reducing excessive organic matter in aquaculture system is necessary to ensure the sustainable development of aquaculture and for environmental protection. Microorganisms such as potential probiotic biocontrol candidates play important roles in diseases resistance and improvement of water quality (Blancheton et al., 2013; Hucheng et al., 2020). Abundant enzymes produced by microorganisms, such as protease, lipase, and amylase, can effectively decompose the excessive bait and other organic matter, which play a key role in material transformation and energy metabolism in aquaculture system. Intensive aquaculture system is a closed or semiclosed material circulation system. Protein and other high-molecular substances from bait are the main sources of pollution in aquaculture system. Therefore, aquaculture system is highly dependent on functional bacteria that can promote the decomposition of high-molecular substances, such as protease-producing bacteria. Meanwhile, tropical marine region with unique climate and environmental condition harbors diverse bacterial communities with unique metabolic and physiological capabilities (Hamza et al., 2017; Ren et al., 2018, 2019). Wenchang in Hainan Island belonging to a tropical marine region is one of the largest aquaculture production areas in China, but the knowledge of protease-producing bacterial community structure in this area, especially in aquaculture system, is extremely limited.

For this purpose, we herein communicate that protease-producing bacteria displayed high diversity and complex community structure. The diversity and relative abundance of protease-producing bacteria in aquaculture sediments were generally higher than those in aquaculture water. Similar results were also found in Guangdong (China) aquaculture system (Wenguang et al., 2015). All of the protease-producing bacteria isolates from the survey aquaculture systems belonged to three phyla, Actinobacteria, Firmicutes, and Proteobacteria, of which Firmicutes accounted for the highest proportion, and the dominant genera were Bacillus (37.7%) and Vibrio (28.1%) in aquaculture system, which were similar with that in aquacultured yellowtail (Ramírez and Romero, 2017). However, the relative abundances of these phyla in sediment and water of aquaculture had significant differences. Firmicutes (91.6%) in sediment and Proteobacteria (71.6%) in water accounted for the highest proportion, respectively. Reportedly, some cultivable members of these phyla from aquaculture systems belonged to antibiotic resistance bacteria with (fluoro)quinolone-resistant, sulfamethoxazole-resistant, and oxytetracycline-resistant and were most abundant in fish ponds (Akinbowale et al., 2010; Hoa et al., 2011; Takasu et al., 2011; Wenguang et al., 2015). Firmicutes was described as the most predominant in the intestinal content of aquacultured animals (Ramírez and Romero, 2017). Some researchers reported that the dominant phyla of aquaculture system in Guangdong, China, were Proteobacteria, Bacteroidetes, and Firmicutes in sediment and Proteobacteria, Actinobacteria, and Bacteroidetes in water (Wenguang et al., 2015). Although only less than 1% bacteria of the microbial community could be detected by culture-dependent approach, the living bacteria can be obtained (Ramírez and Romero, 2017), which is an essential method for various researches. We only focused on culturable protease-producing bacterial community structure of tropical aquaculture system in this study; it still indirectly implied significant differences in bacterial community structure between tropical aquaculture system and other regional aquaculture systems. Reportedly, the microbiome of aquaculture systems could be more similar to structure of aquatic animal microbiomes (Ramírez and Romero, 2017).

Additionally, the composition and relative abundance of protease-producing bacteria at the genus level in sediment and water also displayed significantly different in aquaculture systems. Reportedly, Bacillus, Lactobacillus, and Enterococcus as protease-producing bacteria positively affected the bait digestibility and growth of aquaculture animals (Yanbo and Zirong, 2006; Ghosh et al., 2008; Suzer et al., 2008; Iehata et al., 2009; Askarian et al., 2011). In this study, Bacillus dominated by B. hwajinpoensis displayed high relative abundance in both sediment and aquaculture water. Bacillus as probiotic has been commonly selected to improve water quality by reducing organic matter, ammonia-nitrogen, and phosphorus accumulation and inhibit certain pathogenic bacteria of fishery by producing antimicrobial peptides, thereby making them more suitable candidates compared to other probiotics (Rengpipat et al., 1998; Verschuere et al., 2000; Hai, 2015; Kumari et al., 2016; Saravanan et al., 2018; Sonune and Garode, 2018; Yi et al., 2018; Kuebutornye et al., 2019; Wang et al., 2019). SW-72T from a tidal flat of the Yellow Sea in Korea was the first reported B. hwajinpoensis (Yoon et al., 2003). The function of heterotrophic nitrification-aerobic denitrification of B. hwajinpoensis has been reported (Cheng et al., 2016), which can effectively improve water quality by removing inorganic nitrogen and total nitrogen.

The unique genera of sediment or water were also isolated in this work. Twelve unique genera were only isolated from sediment samples, Brachybacterium, Chryseomicrobium, Curtobacterium, Erythrobacter, Halomonas, Isoptericola, Kocuria, Marinobacter, Planococcus, Psychrobacter, Rhizobium, and Thalassobacillus. Meanwhile, there were seven unique genera from water samples, Alteromonas, Micrococcus, Ornithinibacillus, Pseudoalteromonas, Pseudomonas, Salinicola, and Stenotrophomonas. Although these unique genera accounted for tiny percentage in sediment or water, we reason that they played important roles in the stability of community structure. For example, Brachybacterium from Lates calcarifer showed inhibitory activities against Lysinibacillus, Paenibacillus, Pseudomonas, Escherichia coli, and Mesorhizobium (Orsod et al., 2012); Halomonas could improve the survival, growth, water quality, and robustness and modifies the gut microbial composition of shrimp (Gao et al., 2019); Kocuria as probiotic from the intestinal microbiota of rainbow trout showed resistance to sulphatriad and had health benefits in aquaculture (Sharifuzzaman et al., 2018); Marinobacter from a recycling aquaculture system could perform only aerobic denitrification but not nitrification (Liu et al., 2016); Pseudomonas showed antibiofilm properties and reduced the risk of pathogenic infection to aquaculture animals by their exopolysaccharides (Ang et al., 2020).

It is worth to note that Vibrio as the dominant genus was isolated from most aquaculture ponds (Figure 2 and Supplementary Table S2), which were dominated by V. owensii species (80 strains). The DY05T and 47,666-1 belonging to the Harveyi clade of the genus were the first reported V. owensii strains from diseased cultured crustaceans (Cano-Gomez et al., 2010). So far, most of Vibrio from aquaculture systems in southern China belonged to V. harveyi, V. alginolyticus, V. parahaemolyticus, V. splendidus, and V. fischeri, whereas no V. owensii was detected. In this study, V. owensii as dominate species in tropical aquaculture systems could be isolated from most sampling stations, indicating that V. owensii in tropical region may be a normal species and played important roles in material circulation. Reportedly, V. owensii were potential bacterial pathogens in mariculture systems (Yu et al., 2013; Liu et al., 2018), necessitating the designation of an appropriate typing approach to completely fathom their transmission tactics and control infection strategies. So far, there were many reports on the molecular types of V. alginolyticus (Kahla-Nakbi et al., 2006), V. tapetis (Rodríguez et al., 2006), and V. parahaemolyticus (Chen et al., 2012), but no reports on that of V. owensii. ERIC-PCR as an easy and cost-effective genotyping approach for discriminating different strains types (Bakhshi et al., 2018) has urged us to use this technique to inspect phylogenetic closeness of V. owensii isolates. All 80V. owensii isolates produced banding patterns after amplification by ERIC-PCR (Supplementary Figure S2), indicating the complete type ability of V. owensii using this technology, which were clustered into four clusters (ET-1–ET-4) at 58% of similarity (Figure 4). We found that all V. owensii had a common band around 7,000bp (Supplementary Figure S2), indicating that they had a similar genetic background. We reason that the common band may be an effective molecular marker for V. owensii. The predominant clusters, ET-3 and ET-4, contained most isolates, indicating that these two genotypes were representative strains in tropical aquaculture. Additionally, the V. owensii strains belonging to ET-3 and ET-4 were detected in most ponds without outbreak of epidemics in this region (Supplementary Table S1) and significantly different from V. owensii DY05T from other regions on the basis of 16S rDNA (Supplementary Figure S3), implying that V. owensii strains in this area may be potential beneficial bacteria for the wastewater purification and the construction of an environment-friendly aquaculture model in tropical region, especially in Hainan Island.

Our experimental design aimed to determine the relative influence of environmental variables of aquaculture on protease-producing microbial communities in aquaculture system. Environmental variables must play important roles in shaping protease-producing bacterial diversity and community structure in aquaculture systems (Holmström and Kjelleberg, 1999; Li et al., 2018). Therefore, Spearman rank correlation coefficient between relative abundance of protease-producing bacterial communities and environmental variables at the genus level was investigated (Figure 5). As shown in Figure 5A, DO and COD were the main factors positively affecting the distributions of dominant Vibrio in sediment, and salinity as a main factor also positively affected the distributions of unique genera of sediment, Planococcus and Psychrobacter. Planococcus spp. were associated with biological sulfamethoxazole degradation pathway, which can respond more quickly and adapt to environmental changes in aquaculture system (Kong et al., 2020). It is worth mentioning that the antagonistic effect against pathogenic species of Psychrobacter has been demonstrated and reported (Sun et al., 2009), and Psychrobacter could be commonly found in intestinal microbiota of several fish (Ringo et al., 2006; Sun et al., 2009; Yang et al., 2011; Ramirez and Romero, 2017). Reportedly, Psychrobacter could also improve immunological parameters and growth performance in tilapia (Makled et al., 2017), whereas temperature was the main factor negatively affecting the distribution of dominant Bacillus (except B. hwajinpoensis) in sediment, which was agreed with some previous studies in different regional oceans (Pomeroy and Wiebe, 2001; Fuhrman et al., 2008; Li et al., 2018). In this study, DO, COD, salinity, and temperature played important roles in shaping bacterial diversity of aquaculture sediment by affecting the key species. The conditions with low concentration of NO3−-N and NO2−-N were more suitable for the growth of Alteromonas and Photobacterium, and pH as a main factor positively affecting the distribution of Photobacterium in water (Figure 5B). Photobacterium genus was detected worldwide in aquaculture systems and identified as pathogens causing wound infections and hemorrhagic septicemia (Terceti et al., 2018; Labella et al., 2020). It is worth noticing that Alteromonas was only isolated from aquaculture water, which was identified as probiotic bacteria in aquaculture system (Kesarcodi-Watson et al., 2010; Torres et al., 2016). In conclusion, DO, temperature, salinity, and COD as the main factor could affect the protease-producing bacterial community structure of sediment, whereas pH, NO2—N, and NO3−-N were the main factors affecting that of aquaculture water.

[image: Figure 6]

FIGURE 5. Spearman rank correlation coefficient between relative abundance of bacterial communities in sediment (A) and aquaculture water (B) and environmental variables at the genus. *p < 0.05 indicates significant correlation level.




CONCLUSION

In this study, cultivable protease-producing bacterial community structures in sediment and water of tropical aquaculture systems were completely surveyed. The protease-producing bacteria displayed high diversity and complex community structure. Bacillus genera in sediment and Vibrio in aquaculture water were the dominant genera. V. owensii strains as the dominant Vibrio species were clustered into four clusters, which was identified as a novel branch of V. owensii. Additionally, temperature, DO, COD, salinity, NO3−-N, NO2—N, and pH of aquaculture system played important roles in shaping protease-producing bacterial diversity and community structure in aquaculture system. These results will help the development useful and practical strategies for the improvement of water quality in the marine recirculating aquaculture system.
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Large amounts of methane, a potent greenhouse gas, are produced in anoxic sediments by methanogenic archaea. Nonetheless, over 90% of the produced methane is oxidized via sulfate-dependent anaerobic oxidation of methane (S-AOM) in the sulfate-methane transition zone (SMTZ) by consortia of anaerobic methane-oxidizing archaea (ANME) and sulfate-reducing bacteria (SRB). Coastal systems account for the majority of total marine methane emissions and typically have lower sulfate concentrations, hence S-AOM is less significant. However, alternative electron acceptors such as metal oxides or nitrate could be used for AOM instead of sulfate. The availability of electron acceptors is determined by the redox zonation in the sediment, which may vary due to changes in oxygen availability and the type and rate of organic matter inputs. Additionally, eutrophication and climate change can affect the microbiome, biogeochemical zonation, and methane cycling in coastal sediments. This review summarizes the current knowledge on the processes and microorganisms involved in methane cycling in coastal sediments and the factors influencing methane emissions from these systems. In eutrophic coastal areas, organic matter inputs are a key driver of bottom water hypoxia. Global warming can reduce the solubility of oxygen in surface waters, enhancing water column stratification, increasing primary production, and favoring methanogenesis. ANME are notoriously slow growers and may not be able to effectively oxidize methane upon rapid sedimentation and shoaling of the SMTZ. In such settings, ANME-2d (Methanoperedenaceae) and ANME-2a may couple iron- and/or manganese reduction to AOM, while ANME-2d and NC10 bacteria (Methylomirabilota) could couple AOM to nitrate or nitrite reduction. Ultimately, methane may be oxidized by aerobic methanotrophs in the upper millimeters of the sediment or in the water column. The role of these processes in mitigating methane emissions from eutrophic coastal sediments, including the exact pathways and microorganisms involved, are still underexplored, and factors controlling these processes are unclear. Further studies are needed in order to understand the factors driving methane-cycling pathways and to identify the responsible microorganisms. Integration of the knowledge on microbial pathways and geochemical processes is expected to lead to more accurate predictions of methane emissions from coastal zones in the future.
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INTRODUCTION

Methane is an important greenhouse gas, contributing to 16% of global warming (Ciais et al., 2013). Total methane emissions to the atmosphere are estimated at 500–600 Tg CH4 yr–1 with yearly fluctuations in sinks and sources. The recently measured atmospheric concentration (1,870 ppb in June 2020; Dlugokencky, 2020) is 2.5-fold higher than that for pre-industrial times (720 ppb). Anthropogenic activity is believed to be the main cause for this rapid increase of atmospheric methane (Ciais et al., 2013), as human activity is responsible for an estimated 50–75% of total methane emissions (Conrad, 2009). Oxidation by hydroxyl radicals is the main sink for methane in the atmosphere, accounting for 90% of all removal (Kirschke et al., 2013). Microbial methane production and oxidation, which occurs both aerobically and anaerobically by bacterial and archaeal species, regulates the amount of methane released into the atmosphere (Hanson and Hanson, 1996; Knittel and Boetius, 2009).

Methane is released from various sources including the Earth’s crust (thermogenic origin), incomplete combustion of fossil fuels and biomass (pyrogenic origin), and microbial metabolism (biogenic origin; Kirschke et al., 2013). Most biogenic methane is produced by microorganisms, mainly methanogenic archaea, as the last step in the breakdown of organic matter in anoxic environments, via the process of methanogenesis. Smaller amounts of methane are produced from methylphosphonates in oxic waters by cyanobacteria and other phytoplankton, and in the ocean by Thaumarchaea (Metcalf et al., 2012; Klintzsch et al., 2019; Bižiæ et al., 2020).

Methanogens are found both in natural and human-influenced systems, frequently where all electron acceptors other than CO2 are exhausted. Anthropogenic sources include rice fields, ruminant guts, landfills and sewage systems, which are ideal habitats for methanogens and emit significant amounts of methane into the atmosphere (Conrad, 2009). Natural methane sources include wetlands, other freshwater and marine systems, termites and thawing permafrost soils. Wetlands contribute almost to a third of overall global emissions, with estimates ranging from 80 Tg CH4 yr–1 to 280 Tg CH4 yr–1 (Bridgham et al., 2013). However, while oceans cover 70% of the Earth’s surface, they contribute only 1–2% of the global emissions (6–12 Tg CH4 yr–1; Weber et al., 2019). A significant portion of this, up to 75%, originates from coastal environments, which cover only a fraction of the total ocean area (Hamdan and Wickland, 2016). Degradation of organic matter in marine sediments produces large amounts of methane, but due to efficient removal by methane oxidation over 90% of this methane is microbially filtered and removed prior to emission (Knittel and Boetius, 2009).

In marine sediments, methanogens inhabit the deep anoxic layers where methanogenesis is the terminal step in organic matter degradation (Ferry, 1992). Archaeal methanogens use the enzyme complex methyl-coenzyme M reductase (MCR) to produce methane. Methanogens use a limited number of substrates, i.e., formate, acetate, hydrogen or methylated compounds (Reeburgh, 2007). The type of substrates used depends on the microorganisms present and the quality of the organic matter being degraded, which varies in different environments (e.g., LaRowe et al., 2020).

Above the methanogenic zone in marine sediments is a layer called the sulfate-methane transition zone (SMTZ) where upward diffusing methane and downward diffusing sulfate meet and are both removed (Barnes and Goldberg, 1976). At the start of the 21st century, the pathways and responsible organisms for this removal were identified (Boetius et al., 2000; Orphan et al., 2001, 2002; Knittel and Boetius, 2009). In the SMTZ, methane is oxidized by anaerobic methane-oxidizing archaea (ANME) with sulfate-reducing bacteria (SRB) serving as the electron sink for the reaction (Knittel et al., 2018). ANME are phylogenetically related to methanogens and are divided into three clades (ANME-1, ANME-2 and ANME-3). Based on the Genome Taxonomy Database (GTDB), ANME-2 and ANME-3 belong to different Methanosarcinales clades, while ANME-1 is currently assigned to the Candidatus Syntropharchaeia class (Parks et al., 2020). All clades use a reverse methanogenesis pathway to oxidize methane, but some clades have been hypothesized to use the enzyme machinery for methane production as well (Lloyd et al., 2011). Members of the ANME-1 clade were recently identified as the main contributors to methane removal and potentially also methanogenesis in estuarine sediments, and the preferred metabolic process may be partly regulated by hydrogen concentrations (Kevorkian et al., 2020).

Sulfate-dependent anaerobic methane oxidation (S-AOM) by ANME consortia efficiently filters most of the upward diffusing methane in the SMTZ of deep marine sediments. The SRB can also couple dissimilatory sulfate reduction to organic matter degradation, and, given the sulfate concentration of 28 mM in seawater, they are the main microorganisms responsible for organic matter mineralization in these sediments (Jørgensen et al., 2019). As SRB have a high affinity for methanogenic substrates such as acetate and hydrogen, SRB can outcompete methanogens (Kristjansson et al., 1982; Schönheit et al., 1982). Therefore, methanogenesis usually does not occur above the zone of S-AOM but does dominate in deeper sediments where most, if not all sulfate, has been exhausted and still enough organic matter is present. However, cryptic methane cycling fueled by methylotrophic methanogenesis has been reported in sulfate-rich surface sediments of Aarhus Bay in Denmark (Xiao et al., 2018) and in the SMTZ at multiple sites in the Baltic Sea, where ANME-1 were hypothesized to mediate such activity (Beulig et al., 2019).

Although in most marine sediments with a well-defined SMTZ and steady ANME community methane removal is typically efficient (Knittel and Boetius, 2009), this is less so in many coastal sediments. One reason is that the SMTZ is generally located closer to the sediment-water interface, because of a lower salinity and associated lower sulfate concentrations. The smaller distance to the overlying water allows more methane to escape from the sediment through either diffusion or advection (Egger et al., 2018). Furthermore, the highly dynamic conditions in many coastal systems, i.e., linked to seasonal changes in temperature and primary production and/or variations in sedimentation rates, can impact the balance between methanogenesis and methane oxidation in the sediment. The key factors regulating methane cycling in coastal sediments are, however, not well understood (Hamdan and Wickland, 2016).

Besides S-AOM, various other pathways of methane oxidation may be quantitatively important in coastal sediments. In oxic surface sediment layers, aerobic methane-oxidizing bacteria (MOB) are expected to dominate (Rasigraf et al., 2017). MOB belonging to the phyla Proteobacteria and Verrucomicrobia use a particulate or soluble methane monooxygenase (pMMO; sMMO) to oxidize methane seeping through the SMTZ (Hanson and Hanson, 1996; Op den Camp et al., 2009). There is also accumulating evidence for anaerobic methane oxidation with nitrate, metal oxides and humic substances in freshwater and brackish coastal habitats (e.g., Raghoebarsing et al., 2006; Sivan et al., 2011; Haroon et al., 2013; Segarra et al., 2013; Egger et al., 2015b; Scheller et al., 2016; Martinez-Cruz et al., 2017; Valenzuela et al., 2017; Bai et al., 2019; van Grinsven et al., 2020). While bacteria of the NC10 candidate phylum named ‘Candidatus Methylomirabilis oxyfera’ can couple methane oxidation to nitrite reduction and nitric oxide dismutation (Ettwig et al., 2010), archaea belonging to the ANME-2 subclade ANME-2d (also known as family Methanoperedenaceae) can couple methane oxidation to reduction of nitrate (Haroon et al., 2013). Members of Methanoperedenaceae have also being identified as responsible organisms for methane oxidation coupled to iron and manganese reduction (Ettwig et al., 2016; Cai et al., 2018; Leu et al., 2020).

Coastal environments are vulnerable ecosystems that differ from open marine habitats by being more dynamic. Environmental conditions can change rapidly due to seasonal changes in temperature and salinity, in the composition of organic matter in terrestrial run-off, fluctuating rates of primary production and changes in hydrological conditions (Bauer et al., 2013). As the barrier between marine and terrestrial habitats, coastal sediments play an important role in the biogeochemical cycling of carbon, nitrogen, phosphorus, and metals (Sundby, 2006). Mineralization of organic compounds in coastal sediments is generally very rapid due to a high biodegradability of organic matter and a sufficient supply of electron acceptors, in addition to oxygen. Due to a complex network of metabolic processes, small changes in environmental factors may affect the redox zonation and biogeochemical functioning, including the methane cycle. Therefore, anthropogenic activity typically has a large impact on biogeochemical processes in coastal ecosystems. For example, eutrophication affects the redox state and microbial communities of coastal sediments (Doney, 2010).

Anthropogenically-induced nutrient inputs to coastal waters feed primary production in the form of intense algal spring blooms, which can result in bottom water oxygen depletion and high burial rates of organic matter (Diaz and Rosenberg, 2008). Additionally, climate change impacts hydrological conditions, which can lead to changes in bottom water salinity and/or water level. Global warming affects gas solubility, rates of chemical reactions and microbial activity (Doney, 2010). However, little is known about how these changes will influence element cycling in eutrophic coastal areas.

This review aims to summarize the current state of research on methane cycling in coastal sediments and the different factors driving methanogenic and methanotrophic processes. As anthropogenic eutrophication and global warming are increasing, coastal systems are severely impacted. Rapid burial of organic matter, changes in temperature and oxygen availability together with a high availability of alternative electron acceptors such as metal oxides and nitrate all alter the methane-filtering potential in coastal habitats. The impact of these changing factors is not well understood, and it is therefore difficult to estimate, let alone predict, future coastal methane emissions. However, we urgently need more accurate models to predict the role that different types of sediments have in increasing or decreasing methane emissions from coastal zones in the future.



THE EFFECT OF EUTROPHICATION AND CLIMATE CHANGE ON SEDIMENT BIOGEOCHEMISTRY AND METHANE FLUXES

Eutrophication of coastal areas is of growing concern, as human activities cause major disturbances of coastal ecosystems. Land management practices such as agriculture, dam building, peatland draining and wetland removal alter the amount and content of organic carbon delivered to coastal areas (Bauer et al., 2013). Further, constant development of coastal areas may directly affect the methane cycling in estuaries, with sediments from estuaries subject to a higher intensity of human modification potentially emitting more methane into the water column (Wells et al., 2020). Anthropogenically-driven climate change results in higher average annual temperatures and induces hydrological and oceanographic variations, such as changes in water level and river flows, and might increase greenhouse gas emissions (IPCC, 2014). Flooding events in rivers have been shown to increase estuarine stratification and hypoxia (Kerimoglu et al., 2020) as well as methane emissions (Sieczko et al., 2016), with the composition of the terrestrial organic matter possibly determining which greenhouse gases are released (Schade et al., 2016). Increased hypoxia alters biogeochemical processes, with anaerobic pathways of organic matter degradation, including methanogenesis, gaining importance. Upon mild hypoxia, however, responses may be variable and difficult to predict (Foster and Fulweiler, 2019; LaRowe et al., 2020). Eutrophication can lead to an upward shift of the SMTZ (Crill and Martens, 1983), with past eutrophication potentially affecting rates of methanogenesis observed today (Myllykangas et al., 2020a).


Influence of Sedimentation Rates on Coastal Methane Emissions

At the global scale, sedimentation rates, organic matter input, the depth of the SMTZ and the upward flux of methane to the sediment-water interface are related (Egger et al., 2018): the higher the sedimentation rate, the more organic carbon burial and the shallower the SMTZ because of increased methane production at depth. Hence, variations in sedimentation rate contribute to the difference in the average depth of the SMTZ in coastal and inner shelf sediments (≤2 m below the sea floor) when compared to sediments from more offshore areas (>4 m below the seafloor) (Egger et al., 2018). The shallower the SMTZ, the more chance of escape of methane from the sediment to the overlying water and, ultimately, to the atmosphere (Borges and Abril, 2012).

For example, elevated methane fluxes across the sediment-water interface due to high rates of sedimentation were reported for the Himmerfjärden estuary (Sweden) in the Baltic Sea (Thang et al., 2013). Porewater analysis at three sites in the estuary revealed a shallow SMTZ at 20 cm below the sediment surface, as defined by the depth of sulfate penetration (Thang et al., 2013). Overlapping sulfate and methane depth profiles indicate that the sediments at Himmerfjärden had a poor methane removal capacity in the SMTZ. Methane concentrations below the SMTZ were highest at the site closest to the shore, located directly downstream from a sewage treatment plant. At this site, the sedimentation rate and organic matter burial rates, were also highest (Table 1). This suggests that nutrients and organic matter leaking from the sewage treatment plant contributed to eutrophication in the nearby coastal areas. Organic carbon burial rates were, overall, relatively high at all stations. The high organic matter burial rates and shallow SMTZ allowed labile organic matter as well as reactive iron to be buried below the SMTZ. Active methanogenesis was observed in and below the SMTZ. Together, the weakened methane-filtering ability in the SMTZ, caused by the high sedimentation and organic matter burial rates, were suggested to increase methane emissions (Thang et al., 2013). A similar relationship between sedimentation rate and less efficient methane removal was described in a field study in Lake Grevelingen, a saline coastal reservoir suffering from eutrophication (Egger et al., 2016b). Porewater profiles combined with records of sedimentation and organic matter burial showed a link between eutrophication and rise in methane fluxes. The high rates of sedimentation and organic matter burial, when compared to many other coastal sediments (Table 1), are not unusual for coastal reservoirs and likely explain the shallow position of the SMTZ. The isotopic composition of upward diffusing methane in Lake Grevelingen sediment indicated that methanogenesis occurred within the SMTZ. Most of the methane bypassed the SMTZ and was likely either oxidized at the oxic surface of the sediment by aerobic methanotrophs or escaped to the overlying water (Egger et al., 2016b).


TABLE 1. Sedimentation rates and reported diffusive CH4 fluxes from sediments to the overlying water for selected coastal sediments.

[image: Table 1]Rapid sediment accumulation in coastal areas such as the Himmelfjärden estuary and Lake Grevelingen is associated with high organic matter input resulting from anthropogenic-driven eutrophication. The longer eutrophication persists, the more the redox zonation and biogeochemical functioning of the sediment may alter. Rapid sedimentation changes the depth of the SMTZ by bringing it closer to the sediment surface. This results in a shorter residence time of organic matter in the sulfate reduction zone, thereby leaving more substrate for methanogenesis below the SMTZ (Sundby, 2006; Dale et al., 2019).

The most common substrates for methanogens in coastal sediments are acetate (acetoclastic methanogenesis) and hydrogen (hydrogenotrophic methanogenesis; Crill and Martens, 1986). Little is known about the importance of methylotrophic methanogenesis in coastal ecosystems so far (Zhuang et al., 2017).

Methanogenesis is usually observed only in deeper sediments where all other electron acceptors have been exhausted, because SRB can outcompete methanogens on substrates such as acetate and hydrogen. Therefore, the SMTZ is usually a barrier for methane production. In many offshore marine sediments, sulfate-AOM in the SMTZ is so efficient that all methane is removed at the top of this zone (Reeburgh, 2007). Furthermore, methane could be produced in the SMTZ in addition to the layer below, due to a high abundance of methanogenic substrates. Combined with sulfate limitation, SRB can no longer outcompete methanogens for all the substrates in such a situation. In addition, methylated compounds such as dimethyl sulfide are non-competitive substrates and, therefore, methylotrophic methanogens may also be commonly present in the SMTZ (Mitterer, 2010).

In addition to the high abundance of substrates to support simultaneous sulfate reduction, AOM and methanogenesis, the SMTZ might also have a reduced ability to filter methane, regardless of the increased production. High sediment accumulation rates such as the one recorded at the Himmerfjärden estuary mean that the residence time of the microbial community in the SMTZ is only 20–30 years (Thang et al., 2013) and even shorter in Lake Grevelingen where the sedimentation rate is 10-fold higher (Egger et al., 2016b). The main organisms responsible for methane removal, ANME archaea, are known to be very slow growers (Knittel et al., 2018), and can possibly not establish enough biomass, as approximately 60 years are needed for ANME to create a steady-state AOM biomass (Dale et al., 2008a). Therefore, it is possible that the methane removal in these sediments is impaired, as the methane-oxidizing consortia cannot keep up with the rapid accumulation. The decreased ability to remove methane in the SMTZ, added to the increased methanogenic potential below this layer, strongly indicates that rapid sedimentation rates cause increased methane emissions from coastal sediments.



Impact of Spreading Coastal Hypoxia on Sediment Processes

Hypoxia occurs in water bodies that are poorly ventilated and/or receive large inputs of organic matter (Middelburg and Levin, 2009). In these systems, hypoxia can be seasonal or more long lasting depending on the balance between the oxygen supply and demand. Human impact has extended the duration and spatial extent of hypoxia in many coastal systems. Following the widespread use of fertilizers since the 1950’s, many coastal areas have seen an introduction or expansion of hypoxia (≤2 mg O2 L–1; Breitburg et al., 2018). Examples of such areas are the Baltic Sea (Carstensen et al., 2014) and East China Sea (Wang et al., 2012). Hypoxia develops as eutrophication increases organic matter input, which promotes oxygen-consuming mineralization of organic matter. The degrading organic matter releases reduced compounds such as ammonium, and leads to release of Mn (II), Fe (II), and H2S, and their oxidation can deplete the remaining oxygen (Sundby, 2006). Higher average temperatures caused by global warming decrease the solubility of dissolved oxygen in coastal waters and may increase primary production and respiration. Consequently, oxygen is depleted faster in coastal waters (Diaz and Rosenberg, 2008). The longer the hypoxia remains, the larger the consequences are for the microbial and benthic community as well as the biogeochemical cycling of elements in the sediment (Middelburg and Levin, 2009).

A decrease in bottom water oxygen alters the pathways of organic matter mineralization and methane cycling in sediments. In sediments covered by oxic bottom waters, various electron acceptors are typically available which can be used for organic matter mineralization in the following sequence (based on the Gibbs free energy yield): oxygen, nitrate (NO3–), manganese [Mn(IV)], iron [Fe(III)], sulfate (SO42–), and finally CO2, for methanogenesis (Figure 1; Froelich et al., 1979; LaRowe et al., 2020). Many of these electron acceptors are also involved in additional redox reactions, including methane oxidation (Figure 1) and cryptic cycling of Fe and S. In sediments overlain by hypoxic and anoxic bottom waters, however, the redox zonation will become more compressed and, especially upon persistent anoxia, may include only the zones of sulfate reduction and methanogenesis. Upon prolonged periods of bottom water anoxia, the mineralization of organic matter in the sediment may not be as effective (Hartnett et al., 1998; Middelburg and Levin, 2009). Seasonal bottom water hypoxia, however, could accelerate organic matter conversion, as studies have shown that alternating oxic-anoxic cycles were most efficient for mineralization (Sundby, 2006).
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FIGURE 1. Schematic presentation of microbial processes and microorganisms (left) and reaction equations with different electron acceptors (right) involved in methane cycling. N-AOM can couple either nitrate (ANME-2d) or nitrite (NC-10) to methane oxidation. MO, methane oxidation; N-AOM, nitrate/nitrite-dependent anaerobic oxidation of methane; Mn-AOM, manganese-dependent anaerobic oxidation of methane; Fe-AOM, iron-dependent anaerobic oxidation of methane; S-AOM, sulfate-dependent anaerobic oxidation of methane. References for the Gibbs free energies are the following: aerobic MO (Regnier et al., 2011), N-AOM (In’ t Zandt et al., 2018), Mn-AOM and Fe-AOM (Sturm et al., 2019), and S-AOM (Meulepas et al., 2010).


Bioturbation may also alter the sediment redox zonation. Macrofauna can transfer fresh organic matter and electron acceptors from surface sediments and the overlying seawater to deeper sediment layers, thereby changing the microbial community structure and composition and potentially accounting for the dominance of bacteria over archaea in marine sediments (Chen et al., 2017; Deng et al., 2020). In the Baltic Sea, macrofauna may increase methane release (up to eightfold) from sediments in relation to macrofauna-devoid sediments, potentially accounting for an estimated 9.5% of total emissions from this marine ecosystem (Bonaglia et al., 2017). The hypothesized mechanism for macrofauna-induced benthic methane efflux was a combination of a flush-out effect and methanogen symbionts of macrofauna. However, this does not exclude the hypothesis that macrofaunal activity could also enhance methane oxidation due to the introduction of electron acceptors into deeper sediment layers (Kogure and Wada, 2005). On the other hand, hypoxia and anoxia often disperse or completely eliminate macrofauna from coastal marine sediments, promoting the further accumulation of reduced compounds, including sulfide (Middelburg and Levin, 2009). Sulfide might not affect methanogenic activity, but could be toxic to ANME archaea (Timmers et al., 2015), potentially decreasing anaerobic oxidation of methane. The complex mechanisms and impacts of the presence or absence of macrofaunal activity remain to be fully elucidated.

A direct link between seasonal hypoxia and higher methane fluxes was recently observed in the eutrophic Chesapeake Bay, United States (Gelesh et al., 2016). Upon oxygen depletion in the bottom water following the algal spring bloom, benthic methane release increased. By the end of summer, methane was detected across the stratified water column up to the surface waters and was thus likely released to the atmosphere. However, once oxygen was reintroduced in the bottom waters, methane concentrations decreased significantly, and disappeared to background levels during winter. One possibility for the observed methane trend is that methanogenesis rates increased in the anoxic sediments, and the anaerobic oxidation was too slow to respond. Another explanation for the sudden decrease in methane levels during summer is the transport of dissolved methane from elsewhere, due to seasonal storms or algal blooms, to the measurement site (Gelesh et al., 2016). However, as biogeochemical processes regulating the sediment methane cycle are very complex and affected by changes in many factors such as sedimentation rate, temperature and availability of electron acceptors in addition to spatial and temporal depletion of oxygen, more field studies are needed to establish a connection between hypoxia and methane emissions.



Climate Change-Induced Rising Temperatures and Sediment Biogeochemistry

Human-driven climate change is increasing average seasonal temperatures globally. Since pre-industrial times, global temperature has risen 1°C, with much greater increases locally, especially in polar and sub-tropical coastal zones (IPCC, 2014). In coastal areas, increasing temperatures have been linked to increases in greenhouse gas emissions, such as elevated sediment-water fluxes of methane in coastal waters of Belgium (Borges et al., 2019) and Baltic Sea (Humborg et al., 2019) during a heatwave in 2018.

Local methane emissions may also increase due to long-term warming, as was demonstrated in artificial freshwater ponds with 4°C warming over a decade (Zhu et al., 2020). The over twofold increase in emissions was linked to disproportionate increase in methanogenesis activity, in comparison to other processes. Methanogenesis is known to strongly depend on temperature (Westermann et al., 1989; Schulz et al., 2006) and many methanogens may have a significantly higher optimum temperatures than their in situ habitat (Blake et al., 2020). Thus, a warming climate may favor methanogens and increase their activity, but the potential increase of methane production is difficult to link directly to higher emissions. Notably, Yvon-Durocher et al. (2014) used meta-analyses to show that the temperature dependence of methane production in natural ecosystems is higher than that of other carbon-cycling processes with a 4:1 ratio for CH4:CO2, resulting in potentially relatively higher global methane emissions in a warmer climate.

Methanogenesis using different substrates may also respond differently to rising temperature. Long-term warming shifted a freshwater community toward hydrogenotrophic methanogenesis, and hydrogen was favored over acetate also in incubation studies (Zhu et al., 2020). Similarly, laboratory incubations of coastal sediments from Gulf of Mexico showed the strongest effect of temperature on hydrogenotrophic methanogenesis, and methylotrophic methanogenesis were much less affected (Zhuang et al., 2018). These studies suggest that the different methanogenic clades inhabiting the sediments might determine the level of impact that temperature plays on increasing methane production rates.

Temperature dependence of methane oxidation is less understood. ANME archaea have mainly been characterized in cold, high-pressure environments such as deep sea vents (Boetius et al., 2000) where methane dissolves easier. Studies show that the optimal AOM rates vary between ANME clades, but are within a narrow range of 5–25°C (Bhattarai et al., 2018; Nauhaus et al., 2005), therefore suggesting that their activity would not increase significantly in warmer temperatures. However, more studies on the effect of temperature on AOM are needed to know whether anaerobic oxidation of methane is equally affected by global warming as methanogenesis, since this will determine the strength of the positive feedback loop of climate warming and increases in atmospheric methane concentrations.



EUTROPHICATION ALTERS THE REDOX ZONATION IN COASTAL SEDIMENTS AND COULD SUPPORT ALTERNATIVE ELECTRON ACCEPTORS FOR AOM

In freshwater environments with non-detectable amounts of sulfate, AOM has been linked to metal oxide, nitrate and nitrite reduction (Raghoebarsing et al., 2006; Segarra et al., 2013; He et al., 2016). In coastal areas with rapid rates of sedimentation and a decreased salinity, sulfate only penetrates the surface layers a few centimeters, and a large amount of reactive organic matter and metal oxides can be buried below the SMTZ (Egger et al., 2015a, 2016b; Rooze et al., 2016; Rasigraf et al., 2020). Run-off of nitrogen products from agricultural fertilizers also deliver more reactive nitrogen products to the coastal waters (Jickells, 1998). Therefore, anthropogenically-induced eutrophication might create conditions to supply AOM with alternative electron acceptors and these processes might become more important to understand the future in coastal areas affected by human activity. As the methane-removing efficiency is often compromised in coastal areas due to rapid sedimentation rates and high organic matter load (Thang et al., 2013; Egger et al., 2015b), it is important to understand how these alternative AOM processes contribute to methane removal.


Metal Oxides Buried Below the SMTZ Could Serve as Electron Acceptors for AOM

In marine sediments, ANME-1, ANME-2 and ANME-3 have been linked to S-AOM in the SMTZ and are considered key microorganisms involved in methane removal (Knittel et al., 2018). In freshwater sediments where sulfate concentrations are low to non-existent, AOM may be coupled to more energetically favorable electron acceptors such as oxides of iron (Fe-AOM) and manganese (Mn-AOM; Cai et al., 2018). Alternatively, in such environments, manganese and iron oxides could lead to the oxidation of reduced sulfur species to sulfate, sustaining S-AOM by a syntrophic consortium of Methanoperedenaceae (ANME-2d) and sulfate-reducing Desulfobulbaceae (Su et al., 2020). Due to a high salinity and, hence, high availability of sulfate in marine sediments, iron oxides are usually not available as electron acceptors in the SMTZ, as they react with dissolved sulfide formed from sulfate reduction (Reeburgh, 2007). However, the possibility for Fe-AOM and Mn-AOM in marine settings was shown already a decade ago (Beal et al., 2009), but direct evidence for this process and details on the responsible microorganisms are still scarce.

Genomic and transcriptomic analysis of a freshwater sediment enrichment culture identified ANME-2d clade members as being responsible for coupling methane oxidation to the reduction of iron and manganese oxides (Cai et al., 2018; Leu et al., 2020), but these organisms are yet to be connected to potential Fe-AOM and Mn-AOM in marine sediments. Interestingly, also aerobic Proteobacterial methanotrophs were recently reported to be capable of coupling methane oxidation to metal reduction under hypoxia (Zheng et al., 2020). Furthermore, contradictory to previous knowledge, methanogens may benefit from iron oxides (Kato and Igarashi, 2019) and have been suggested to play a role in Fe-AOM (Elul et al., 2020) and be able to switch between methanogenesis and iron reduction in varying conditions (Sivan et al., 2016). These findings reveal the complexity of iron and methane cycling in sediments, highlighting the importance of unraveling the responsible microorganisms and biogeochemical pathways used.

Egger et al. (2015b) provided geochemical evidence for Fe-AOM in brackish coastal sediments of the Bothnian Sea from porewater profiles and laboratory incubations. Sediments in this deep part of the Bothnian Sea (214 m) are characterized by a shallow SMTZ, which is attributed to high inputs of organic matter and rates of sedimentation (Table 1). Below the SMTZ, high concentrations of iron oxides and dissolved Fe2+ were observed, as well as indications for active methanogenesis, based on isotopically depleted CH4. Slurry incubations of methanogenic layers with 13C-CH4 and iron oxides in the absence of sulfate showed increased 13CO2 production compared to those supplied only with methane, suggesting sulfate-independent AOM. This suggests Fe-AOM can occur in sediments where iron oxides and reactive organic matter are buried below the SMTZ. The potential controls on Fe-AOM at this site were explored further by Rooze et al. (2016) using a transient reactive transport model. The results confirm that increased organic matter input over several decades can lead to increased rates of methanogenesis and iron reduction, and a shoaling of the SMTZ. Inputs of Fe oxide and bottom water sulfate concentrations are also major controls on Fe-AOM rates, with sulfate inhibiting both methanogenesis and Fe-AOM.

Even though the ANME-2d clade has been linked to Fe-AOM and Mn-AOM in enrichment cultures isolated from freshwater sediments (Ettwig et al., 2016; Cai et al., 2018; Leu et al., 2020), very little is known about the microorganisms involved and their abundance and significance in other environments. Aromokeye et al. (2020) enriched a different subclade of ANME-2; ANME-2a, from methanic marine sediments of the Helgoland Mud area in the North Sea in incubations with iron oxides, whereas ANME-2d reads were not detected in the sediments. The incubations showed active Fe-AOM in the absence of sulfate, albeit at a rate of only 2% of the S-AOM rate recorded in the SMTZ (Table 2). In addition, 16S rRNA gene reads of dissimilatory iron-reducing bacteria increased in relative abundance in the same incubations. While active manganese reduction was seen in the porewater profiles, incubations amended with manganese oxides showed no active methane oxidation (Aromokeye et al., 2020).


TABLE 2. Comparison of estimated Fe-AOM and S-AOM rates from selected coastal sediments.

[image: Table 2]In another study, the microbial community composition in the Bothnian Sea, ANME-2a abundance was also linked to the presence of methane and iron oxides (Rasigraf et al., 2020). However, regardless of the parallel enrichment of iron-reducing bacterial taxa with ANME-2a (Aromokeye et al., 2020), it is not clear whether ANME-2a can oxidize methane independently, possibly via an extracellular electron acceptor, or whether they need a bacterial partner similar to the SRB in S-AOM. Incubation or enrichments fed with artificial electron acceptors, or transcriptomic profile of both bacterial and archaeal species could help to gain more insight into the physiology of Fe-AOM.

The evidence for Mn-AOM in coastal sediments is less clear. Although no indication of Mn-AOM was observed in Helgoland Mud sediment incubations (Aromokeye et al., 2020), Mn-AOM was recorded in incubations of sediments from deep methane seeps (Beal et al., 2009), coastal freshwaters, and brackish wetlands (Segarra et al., 2013). These differences could be due to disparities in the microbial community composition. Sulfate reduction was deliberately inhibited only in the Helgoland Mud incubations, indicating that observed Mn-AOM rates in other studies could have resulted from S-AOM if sulfate was available. Recently, Leu et al. (2020) showed active Mn reduction coupled to methane oxidation in a bioreactor enriched with members of the ANME-2d clade. Hence, further insight is needed in the potential role of manganese oxides as electron acceptors in AOM, the ANME clades capable of Mn-AOM, and the environmental factors favoring Fe-AOM and Mn-AOM in coastal and freshwater sediments.

The rates recorded for Fe-AOM are significantly lower than S-AOM, accounting for less than 5% of methane oxidation in coastal marine sediments (Table 2). However, eutrophication causes several changes that might favor Fe-AOM in deep methanic sediments. If the SMTZ is moved upward and the organic matter load is high, iron oxides spend less time in this layer and can be buried below the SMTZ before reacting with dissolved sulfide (Figure 2; Rooze et al., 2016). Over time, iron oxides will become abundant and may serve as electron acceptors for AOM (Egger et al., 2015b). Iron oxides may also be more available for Fe-AOM in sediments of shallower coastal waters, as is suggested with a minimum 10-fold difference in iron reduction rates determined via reactive transport models from offshore sites (Table 2). Potentially, in deeper sediments the more reactive iron oxides are already exhausted, or estimated Fe-AOM rates correspond instead to dissimilatory iron reduction.
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FIGURE 2. The effect of eutrophication on the depth of the sulfate-methane transition zone (SMTZ) in coastal sediment and the potential for Fe-AOM. Upon increase of organic matter load, the depth of sulfate penetration decreases due to organic matter degradation coupled to sulfate reduction. This shifts the SMTZ upward and allows the presence of iron oxides at deeper depths, creating a niche for Fe-AOM. Fe-AOM, iron-dependent anaerobic oxidation of methane; S-AOM, sulfate-dependent anaerobic oxidation of methane.


An increased Fe input upon the expansion of eutrophication-driven hypoxia is, for example, recorded in sediments of the open Baltic Sea (Reed et al., 2016). Changes in land-use and/or climate may also lead to episodic increased terrestrial inputs of organic matter and Fe oxides to coastal sediments (Lenstra et al., 2018). As a consequence, iron oxides could be available over a wide depth interval. As the SMTZ in coastal areas is usually located at a shallow depth, a relatively wide Fe-AOM zone could increase the role of this alternative methane oxidation pathway.



Nitrate and Nitrite as Electron Acceptors for AOM

Methane oxidation coupled to nitrate/nitrite reduction (N-AOM) by both bacterial and archaeal species has been observed in freshwater sediments (Raghoebarsing et al., 2006; Luesken et al., 2011; Shen et al., 2015), and could also play a role in removing methane in coastal marine sediments (Shen et al., 2016; Wang J. et al., 2019) and marine oxygen minimum zones (Padilla et al., 2016; Thamdrup et al., 2019). The N-AOM Candidatus Methylomirabilis oxyfera bacteria can couple methane oxidation to nitrite reduction and nitric oxide dismutation (nitrite-AOM) using intracellularly produced oxygen and the aerobic methane oxidation pathway (Ettwig et al., 2010). The archaeal species belonging to the ANME-2 subclade ANME-2d (also known as family Methanoperedenaceae) can couple methane oxidation to reduction of nitrate (Haroon et al., 2013). In contrast to S-AOM, nitrate-dependent AOM (nitrate-AOM) does not require syntrophy. However, Candidatus Methanoperedens nitroreducens is often found in a community together with nitrite scavengers such as anammox and N-AOM bacteria (Haroon et al., 2013; Vaksmaa et al., 2017; Gambelli et al., 2018) to prevent inhibition by nitrite. Moreover, dissimilatory nitrate reduction to ammonium by Methanoperedenaceae has been recently reported to suffice as ammonium supply for anammox activity in a bioreactor enrichment culture (Nie et al., 2020). Several genomes of Methylomirabilis bacteria and ANME-2d archaea have been sequenced (Ettwig et al., 2010; Haroon et al., 2013; Arshad et al., 2015; Berger et al., 2017; Vaksmaa et al., 2017; Versantvoort et al., 2018) and recently the major protein complexes involved in the central metabolism of both microorganisms have been elucidated (Versantvoort et al., 2019; Berger et al., 2021).

Despite rapidly emerging new studies on N-AOM, the factors affecting the rates of nitrate- and nitrate-AOM and abundance of the responsible organisms are not well understood (Welte et al., 2016), and even less is known about the actual contribution of N-AOM to methane removal in coastal sediments. As anthropogenic eutrophication brings more organic matter to coastal sediments and increases nutrient concentrations in bottom waters, substantial amounts of nitrate and nitrite may become available as electron acceptors (Kraft et al., 2014). Increases in global eutrophication might therefore make these processes more important in methane removal, especially in sediments where sulfate concentrations are generally low and S-AOM is further compromised by shoaling of the SMTZ.

Significant rates of N-AOM were observed in coastal wetland and estuary sediments in China, with high concentrations of nitrate and nitrite in the sub-surface sediment (He et al., 2019; Wang J. et al., 2019). Molecular analysis revealed an abundant NC10 bacterial community in the layers below the oxygen penetration zone and the recorded rate for nitrite-AOM was faster than the S-AOM rate in deeper layers. Most of the methane was removed at the same depth where NC10 sequences were present, indicating their important role as a methane sink in these sediments. However, ANME-2d were also abundant and present in all samples showing N-AOM activity by isotopic tracing of 13CO2, indicating a potential niche separation of microorganisms performing nitrite- and nitrate-AOM.

The depth distribution of Ca. M. oxyfera and ANME was hypothesized to result from better oxygen tolerance of Ca. M. oxyfera bacteria. However, oxygen exposure studies showed that oxygen as low as 2% (vol/vol) for Ca. M. oxyfera (Luesken et al., 2012) and 5% for archaea Ca. Methanoperedens nitroreducens (Guerrero-Cruz et al., 2018) can cause oxidative stress and a rapid decrease in methane oxidation potential. Nevertheless, genomes of both organisms indicate the potential to counteract exposure to oxygen. Therefore, other biogeochemical factors probably play a role in the observed depth profile of nitrate- and nitrite-AOM, but further studies are needed to understand the spatial and temporal dynamics of N-AOM in coastal sediments with fluctuating oxygen concentration.

In general, N-AOM has been shown to be downregulated by the presence of sulfate (Wang J. et al., 2019) and salinity (Shen et al., 2016). In contrast, temperature, ammonia and nitrate were positively correlated to N-AOM. This could imply that regardless of the inhibiting effect of sulfate, N-AOM activity will increase in coastal areas upon an increase in nutrient load as well as higher temperatures. Curiously, S-AOM has been shown to be inhibited by exogenous nitrogen addition (Zhang et al., 2020), emphasizing the potential role of N-AOM in eutrophic sediments. Furthermore, N-AOM is energetically more favorable than S-AOM, and therefore might have a higher methane removal potential if the organisms are able to grow faster than S-AOM ANME archaea (Wang J. et al., 2019). However, more information on the community structure and methane oxidation rates under different conditions is necessary to assess how eutrophication affects N-AOM in coastal sediments and its contribution to methane removal.



RECENT ADVANCES AND CHALLENGES IN THE IDENTIFICATION AND CHARACTERIZATION OF METHANE-CYCLING MICROORGANISMS IN COASTAL MARINE SEDIMENTS

The discovery of anaerobic methanotrophs capable of converting methane with electron acceptors other than sulfate has brought us a step closer to understanding and predicting methane cycling in different coastal environments. However, the methane cycle is only a small though important fraction of an entire network of microbial metabolism involved in the decomposition of organic matter, which drives element cycling in sediments (Jørgensen et al., 2019; LaRowe et al., 2020). Geochemical porewater profiles do not reveal the complex active microbial network in sediments, as locations with a similar redox zonation might harbor an entirely different microbiome and active metabolic pathways (Grossart et al., 2020). Therefore, understanding the microbial community composition of sediments, including their metabolic potential and interactions with the abiotic environment is a major challenge.

The advances in high throughput gene sequencing and metagenomic analysis in the last decade have enabled numerous studies on the microbial community composition of diverse aquatic environments using pyro-, 16S rRNA gene, and metagenome sequencing (reviewed in Grossart et al., 2020). Yet, linking specific activity to the genes and microorganisms present is difficult. Fortunately, the database of metagenomic sequences extracted from different sediments is growing, and linking this genome information to geochemical data is increasing our understanding of factors influencing the sediment microbiome involved in biogeochemical processes such as nitrogen cycling (Rasigraf et al., 2017; Reyes et al., 2017) and iron reduction (Reyes et al., 2016; Vuillemin et al., 2018).


Anaerobic Methanotrophs

Metagenomic approaches have revealed the diversity and distribution of methane-cycling microbes such as the ANME archaea (Table 3). The ANME clades identified so far appear to prefer different conditions and substrates and are often linked to specific environments. For example, ANME-2d, which are capable of Fe-AOM/Mn-AOM, are usually found in freshwater sediments (Cai et al., 2018; Leu et al., 2020), whereas ANME-2a are observed in marine environments (Aromokeye et al., 2020). ANME-1 are traditionally classified as a marine clade performing S-AOM together with SRB (Knittel et al., 2018), but related sequences have been found in ferruginous freshwater sediments poor in sulfate, hinting at potential for Fe-AOM (Vuillemin et al., 2018). Another explanation could be that the detected ANME-1 cells are involved in methanogenesis as suggested in other studies (Lee et al., 2016; Kevorkian et al., 2020). Targeting iron-reducing microorganisms and/or genes, has increased the understanding of potential habitats for Fe-AOM activity. Furthermore, new bioinformatic tools are arising for screening of ubiquitous genes such as those involved in iron cycling (FeGenie; Garber et al., 2020), possibly enabling identification of novel taxa involved in iron reduction in coastal sediments. Similarly, genomic approaches have identified separate niches for N-AOM organisms showing that nitrate-reducing ANME archaea often prefer deeper sediments, whereas nitrite-reducing Ca. M. oxyfera-like bacteria are found closer to the oxic zone, regardless of the distribution of their substrate (He et al., 2019; Xie et al., 2020).


TABLE 3. Distribution of ANME archaea clades and their suggested metabolism in marine and freshwater sediments as found in metagenomic studies.

[image: Table 3]Metagenomic approaches can be used to gain knowledge of the metabolic potential of unclassified or poorly known microbes. Rasigraf et al. (2020) combined porewater profiles, 16S rRNA amplicon sequencing and functional gene analysis of metagenome-assembled genomes (MAGs) to study the metabolic potential and microbial community composition linked to the geochemical characteristics of Bothnian Sea sediments. The dominant bacterial and archaeal taxa followed the redox zones at the sampled sites, and ANME-2a was found to directly correlate with the presence of methane and iron oxides at two sites. However, despite this similarity in redox zonation, the microbial community composition at the sites differed noticeably. For example, an abundant community of aerobic methanotrophs was observed in the surface at the most offshore site. Dominant taxa involved in organic matter mineralization at each site also indicated that the active biogeochemical processes were different. To analyze the metabolic potential, MAG construction and functional gene analysis targeting main metabolic pathways for S, N, and C cycling was performed on one methanogenic sediment layer. The characterization of the most dominant microbes complemented the geochemical and phylogenetic data and revealed a vast metabolic potential adapted to low availability of substrates and anoxia. Main pathways for all element cycling could be identified, such as denitrification for N-reduction and three different pathways for methanogenesis (Rasigraf et al., 2020). However, a metagenomic profile of the microbiome is only a snapshot in time and fails to reveal the active metabolisms. To link a metabolic process with a gene or a group of microbes, metatranscriptomic and -proteomic methods preferably at the single cell level would give a more accurate indication. Metatranscriptomic methods reveal the transcribed genes in the community and help identifying microorganisms involved in methane cycling, as was done for ANME-2a capable of Mn-AOM and Fe-AOM (Cai et al., 2018; Leu et al., 2020), and N-AOM activity in ANME-2d (Haroon et al., 2013). They are also critical when studying the factors affecting gene expression and methane-oxidizing activity in different environments (e.g., Narrowe et al., 2019; Vigneron et al., 2019). Finally, metaproteomics, the analysis of all expressed proteins in a community, is rising as an important method to unravel the physiology of microbes involved in biogeochemical cycling in coastal sediments and the influence of environmental factors on these processes (Saito et al., 2019; Grossart et al., 2020).



Methanogens

Methanogenic archaea are better characterized than ANME, as there are several isolated representatives of different taxonomic groups. Metagenomic studies are rapidly adding new groups to the canonical methanogenic orders (i.e., Methanococcales, Methanopyrales, Methanobacteriales, Methanosarcinales, Methanomicrobiales, and Methanocellales), such as Methanomassiliicoccales, Methanofastidiosa, and Methanonatronarchaeia. In addition, the (reverse) methanogenesis marker gene mcrA has been repeatedly found outside Euryarchaeota in diverse environments, expanding the methanogenic metabolic potential in other archaeal phyla (Evans et al., 2019). Bathyarchaeota are some of the most dominant archaeal phyla in anoxic marine sediments and they are speculated to be important in degradation of diverse organic compounds as well as carbon cycling, potentially via methane metabolism (Zhou et al., 2018).

The methanogenic groups found in sediments depend greatly on physiochemical conditions such as salinity, pH, temperature, and available substrates (Webster et al., 2015). A global meta-analysis on biogeographical distribution of mcrA sequences showed that estuaries harbor the highest diversity of methanogenic lineages (Wen et al., 2017), potentially due to availability of various substrates of terrestrial and marine origin as well as a salinity gradient, which could create micro niches with ideal conditions for several lineages. Conventionally, methanogens are thought to inhabit and produce methane only in the deep methanic zones below the SMTZ via acetoclastic and hydrogenotrophic methanogenesis (Reeburgh, 2007), and this view is often supported by porewater methane profiles. However, vertical depth profiles of 16S rRNA gene sequences and MAGs combined with gas flux measurements and activity assays have questioned this view. Especially in eutrophic coastal sediments, methanogens are not necessarily outcompeted by SRB and may produce methane even close to the sediment-water interface due to a high abundance of both competitive (i.e., acetate) and non-competitive (i.e., methanol) substrates (Maltby et al., 2016; Zhuang et al., 2016; Sela-Adler et al., 2017; Kallistova et al., 2020). Therefore, methylotrophic methanogenesis may be an important but previously overlooked methane source in coastal shallow sediments (Conrad, 2020), and trimethylamine, dimethylsulfide, and dimethylsulfoniopropionate may be more common methanogenic substrates in marine sediments than currently thought (Zhuang et al., 2017), especially under higher salinity. Methylotrophic methanogens can co-exist with acetogens, SRB and ANME in OMZ sediments (Bhattacharya et al., 2020) and deep sea methane seeps (Li et al., 2020; Xu et al., 2020), and methanogenesis in the sulfate-reducing zone has been identified in coastal sediments (Maltby et al., 2016). However, whether these microorganisms compete for the same substrates or exist in separate niches remains unclear.



Aerobic Methanotrophs

Aerobic MOB are widespread and active in marine ecosystems, with lineages that appear to thrive exclusively in marine environments, such as Methylomicrobium japanense-like organisms, and lineages deep sea-1 to -5 (Lüke and Frenzel, 2011). MOB have been detected in deep methane seepage sediments (Case et al., 2017), shallow hydrothermal systems (Hirayama et al., 2014), and in marine animals as symbionts (Petersen and Dubilier, 2009). MOB communities seem to differ between high methane seepage sediments and the overlying water column, the latter potentially hosting novel, poorly understood MOB lineages (Tavormina et al., 2008). In coastal areas of the Baltic Sea, aerobic methane oxidation rates in the water column achieve a maximum of 11.6 nmol L–1 d–1 over summer, when oxygen concentrations are lowest, highlighting that methanotrophs adapted to hypoxia may contribute significantly to mitigating methane emissions in such ecosystems (Steinle et al., 2017).

However, in coastal sediments, MOB seem to be present at low abundances. For instance, while in coastal sites of the Bothnian Sea only few Type I methanotrophic Methylococcaceae sequences were detected, the relative abundance of this group reached 6% of total bacterial reads at an offshore site (Rasigraf et al., 2020). Similarly, in coastal sediments of the Baltic Sea, the relative abundance and RNA transcripts attributed to the aerobic methanotrophy marker protein pMMO of the dominant methanotroph Methylococcales were significantly higher in deeper coastal offshore areas compared to adjacent shallow zones, which had higher surface water methane concentrations (Broman et al., 2020). The authors hypothesized that, in coastal sites, ebullition prevented the access of MOB to methane, limiting their growth, and that light might inhibit methanotrophic activity. Nonetheless, experimental oxygenation of Baltic Sea sediments resulted in increased MOB activity, as suggested by pmoAB RNA transcripts and 16S rRNA genes matching Methylococcales (Broman et al., 2017), indicating that MOB in coastal sediments may become active under favorable conditions. Similarly, MOB were found at maximum relative abundances of 0.012% in top sediments of the East China Sea coast, but were enriched after incubation with methane (He et al., 2019). Given that the most abundant MOB affiliated to the Type II methanotroph Methylosinus, which have a high affinity for methane, the authors hypothesized that these MOB could be surviving on “methane leftovers” after the activity of ANME and NC10 microorganisms. Moreover, MOB, at low abundances, may be found together with ANME in coastal sediments, suggesting potential effects of bioturbation (Myllykangas et al., 2020b).

Marine MOB may utilize alternative terminal electron acceptors. Methylococcales were identified as partially denitrifying methanotrophs in the OMZ of Gulfo Dulce via 16S rRNA gene analyses, metagenomics and metatranscriptomics (Padilla et al., 2017). It has been experimentally shown that aerobic MOB can couple methane oxidation to nitrate reduction under oxygen limitation (Kits et al., 2015). More recently, pure cultures of Methylomonas and Methylosinus were shown to couple methane oxidation to ferrihydrite reduction under oxygen limitation (Zheng et al., 2020). Such metabolisms are poorly investigated in marine ecosystems. Moreover, MOB in coastal sediments may have distinct biochemistry and be phylogenetically diverse. Some novel MOB isolated from North Sea sediments, including the first cultivated marine Alphaproteobacterial methanotroph, rely solely on a soluble methane monooxygenase for methane oxidation (Vekeman et al., 2016a), while others utilize a lanthanide-dependent XoxF5-type methanol dehydrogenase for methanol oxidation (Vekeman et al., 2016b). MOB affiliated to the phylum Verrucomicrobia (Ca. Methylacidiphilum) have been identified at low abundances in the coastal sediments of the Baltic Sea (Myllykangas et al., 2020b). Additionally, poorly classified Verrucomicrobia sequences have been identified in coastal sediments of the Bothnian Sea (Rasigraf et al., 2020), which were used for inoculation of a methane and iron-fed bioreactor that enriched Verrucomicrobia under oxygen limitation (Dalcin Martins et al., 2020). Further studies are needed to elucidate the roles as well as metabolic and phylogenetic diversity of MOB in coastal sediments.



Identifying and Understanding Responses of Methane-Cycling Microbial Communities to Anthropogenic Disturbances

As the metabolic potential of most microorganisms is still not known, it is difficult to understand how complex biogeochemical cycles and microorganisms of coastal sediments are linked. Studies using 16S rRNA genes for phylogenetic analysis have shown a quite similar vertical diversity of bacterial and archaeal sequences both in freshwater (Borrel et al., 2012; Rissanen et al., 2019) and marine sediments (Petro et al., 2017; Rasigraf et al., 2020). The microbial diversity is highest in surface sediments, while it decreases in deeper layers, with only a few key taxa abundant in all layers. Methanogenic Euryarchaeota often dominate the deepest sediments, which harbor a large fraction of unclassified or less known taxa, such as Bathyarchaeota (Evans et al., 2015; Rissanen et al., 2019). The physiology of these recently identified archaea is poorly understood, and without cultivated representatives, phylogenetic studies do not tell us about the active metabolic pathways in the deep methanogenic zones.

Sediment redox zones can change rapidly upon variations in bottom water salinity, temperature, oxygen and nutrient concentrations and/or the input and composition of organic matter. While microbial activity in sediments is sensitive to these changes, the response could be delayed because of a lack of sufficient biomass for a given reaction (Dale et al., 2008a). In addition, bacterial and archaeal species may react to changes differently, e.g., archaea may be less sensitive to salinity changes but may respond to increases in organic carbon (Swan et al., 2010). Therefore, to estimate the effect of anthropogenic eutrophication and climate change on coastal methane emissions, the factors driving changes in the microbial community need to be understood. Increased hypoxia in eutrophic areas may have long-term effects on the microbiome, promoting methane emissions (Egger et al., 2016b). However, Broman et al. (2017) showed that restoration efforts for re-oxygenation may reverse increased methane fluxes. Metatranscriptomic analysis found elevated levels of transcripts for methanotrophic genes already one month after the return of oxic conditions in Baltic Sea sediment incubations.

Natural coastal areas are also affected by human-induced modifications, and, in recent years, many areas such as salt marshes and wetlands are being restored to their previous state. A microbiome investigation of salt marshes, habitats rich in organic matter and potential greenhouse gas sources, saw vast differences between the sediment microbiomes in nearby locations before and after restoration (Morris et al., 2019). In Jamaica Bay (United States), native salt marshes harbored higher taxonomic diversity than restored marshes. The younger the restored marsh was, the more distinct the bacterial communities were when compared to the microbiome of the natural, degraded marsh. In addition to loss of diversity in restored coastal sediments, Thomas et al. (2019) observed a loss of the SRB community in newly amended marshes in the US East coast. As sulfate reduction is the main pathway for organic matter degradation in salt marshes and an inhibitor/competitor of methanogenesis (Giani et al., 1996), the change in the microbiome might alter the metabolic pathways possibly resulting in increased methanogenesis in anoxic sediments below the oxic sediment layer. As the microbial community is very sensitive to changes in sediment redox zones, oxygenation, and organic matter composition, it is important to understand the consequences of restoration effects of different coastal areas. Even though reoxygenation may mitigate methane emissions via aerobic methane oxidation, restoring other areas to their natural state may disturb a stable microbial community and the functioning metabolic pathways, which may have unforeseen effects on the biogeochemical cycling and greenhouse gas emissions.



ESTIMATING METHANE EMISSIONS FROM COASTAL SEDIMENTS

Eutrophication and climate change resulting from anthropogenic activity are strongly affecting coastal ecosystems, their biogeochemical functioning and microbiome. High rates of sedimentation combined with a high organic matter input, bottom water oxygen depletion and rising temperatures alter rates of organic matter burial and the electron acceptors available for its mineralization in coastal sediments. All of these processes affect methane production and oxidation. In order to mitigate emissions from coastal sediments, it is important to have a quantitative understanding of how methane-cycling processes respond to environmental change.

Whereas in offshore marine sediments methane emissions are regulated by a stable SMTZ (Weber et al., 2019), estimating methane sinks and sources across more complex coastal systems is challenging. Frequently, fluctuating hydrological conditions and seasonality affect sulfate concentrations, salinity, nutrient input and the type and abundance of organic matter, which all have an influence on methanogenic and –trophic processes.

Rapid sediment accumulation can be a cause for both increased methanogenesis and decreased AOM, as more labile organic carbon substances are buried below a shallow SMTZ with poorly constructed ANME consortia (Egger et al., 2016b). For instance, S-AOM can be replaced by Fe-AOM and/or N-AOM, which often occur in coastal sediments with low sulfate concentration (Egger et al., 2015b; Shen et al., 2016). ANME-2 archaea and NC10 bacteria responsible for N-AOM and Fe-AOM can also exist in the methanogenic zone and outcompete methanogens for their substrates, thereby mitigating the effects of increased methanogenesis. However, these methane oxidation pathways are regulated by the abundance of sulfate, methane, iron oxides and salinity, among many factors, and therefore the local conditions will determine their effectiveness.

Methanogens can use various substrates for methane production, thus the rate of methanogenesis can be difficult to estimate without knowing the sediment composition in the methanogenic layers (Reeburgh, 2007). Furthermore, in coastal sediments, methanogenic archaea and anaerobic methanotrophs can co-exist across the sediment profile. This leads to an overlap in redox zones, shoaling of the SMTZ and burial of more labile organic matter in the methanic zone (Rooze et al., 2016). In addition, the microbial community composition can play an important role, as ANME-1 may be capable of both methanogenesis and AOM, depending on the amount of hydrogen/methane being available (Kevorkian et al., 2020). All these interactions contribute to the methane cycle in sediments and make the potential processes difficult to predict.

Reactive transport models are useful in integrating geochemical data from field studies to quantify methane dynamics in sediments (e.g., Dale et al., 2008b; Regnier et al., 2011; Mogollón et al., 2012; Rooze et al., 2016). Reactive transport models can be used to reconstruct changes in sediment biogeochemistry and methane dynamics on time scales of decades (Rooze et al., 2016) to millennia (Mogollón et al., 2012; Egger et al., 2017). This can help to estimate how the effects of eutrophication will be propagated. Additionally, eutrophication can cause many local changes depending on hydrological conditions, oxygen concentration, water level and for example the location of sewage treatment plants close by Thang et al. (2013). These local differences can make the model predictions less reliable. Another factor making the model outcome less precise is seasonality. As shown in the Gulf of Mexico (Gelesh et al., 2016), methane emissions are affected by seasonal hypoxia, but many other factors such as sudden weather changes also affect the amount of methane released. Therefore, both spatial and temporal trends of methane emissions are difficult to capture by upscaling local data with reactive transport models. To allow the development of larger scale models, better recording of sediment profiles together with better understanding on the factors regulating the microbial methane production and oxidation in eutrophic conditions are needed.

Microorganisms play a critical role in controlling biogeochemical processes in sediments. At present, we cannot predict how these processes will respond to environmental change, because this may depend on the composition of the active microbial community. Gene-centric models, which are biogeochemical models that include an explicit representation of microbial processes, have the potential to greatly enhance our insights in coupled elemental cycling in sediments (Reed et al., 2014; Louca et al., 2016; Kreft et al., 2017). As the functional genes involved in methane production and oxidation are well known, meta-omics could be applied to target key genes and active metabolic processes. Combined with 16S rRNA gene analyses and geochemical profiles, these improved models could make better predictions of methane emissions from coastal sediments. To achieve this, a major focus of future research should be on understanding of the complex network of the microbial methane cycle and identifying the responsible microorganisms.



CONCLUSION

Methane cycling in coastal environments is a complex process with many factors regulating both methane production and oxidation. Anthropogenic eutrophication and climate change are greatly impacting coastal ecosystems and are likely enhancing methane emissions from these environments in the future. Rapid sedimentation rates, bottom water oxygen depletion and rising temperatures can all contribute to increased methane production in coastal sediments. Further increased organic matter inputs and lower salinity reduce the rates of S-AOM which decreases the methane-filtering potential of coastal sediments. Influx of nutrients, especially nitrate and metal oxides on the other hand can serve as electron acceptors for alternative AOM pathways Taken together the consequences of eutrophication and climate change most likely will increase overall methane emissions. Establishing better gene-centric models including the activity of the responsible microorganisms will be an important study area to better understand and predict the microbial methane cycle in coastal systems.
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Coastal ecosystems are impacted by excessive nutrient inputs that cause degradation of water quality and impairments of ecosystem functioning. Regulatory and management efforts to enhance nutrient export from coastal ecosystems include sustainable oyster aquaculture that removes nitrogen in the form of oyster biomass and increases particulate export to underlying sediments where increased organic material may enhance microbial denitrification. To better understand the impacts of oyster aquaculture on nitrogen removal, we examined bacterial processes in sediments underlying three of the most common aquaculture methods that vary in the proximity of oysters to the sediments. Sediment samples underlying sites managed with these different aquaculture methods were examined using the 16S rRNA gene to assess microbial community structure, gene expression analyses to examine nitrogen and sulfur cycling genes, and nitrogen gas flux measurements. All sites were located in the same hydrodynamic setting within Waquoit Bay, MA during 2018 and 2019. Although sediments under the different oyster farming practices showed similar communities, ordination analysis revealed discrete community groups formed along the sampling season. Measured N2 fluxes and expression of key genes involved in denitrification, anaerobic ammonium oxidation (anammox), and dissimilatory nitrate reduction to ammonium (DNRA) increased during mid-summer and into fall in both years primarily under bottom cages. While all three oyster growing methods enhanced nitrogen removal relative to the control site, gene expression data indicate that the nitrogen retaining process of DNRA is particularly enhanced after end of July under bottom cages, and to a lesser extent, under suspended and floating bags. The choice of gear can also potentially increase processes that induce nitrogen retention in the form of ammonia in the underlying sediments over time, thus causing deviations from predicted nitrogen removal. If nitrogen removal is a primary objective, monitoring for these shifts is essential for making decisions about siting and size of aquaculture sites from year to year.

Keywords: nitrogen removal, oyster cultures, denitrification, anammox, DNRA


INTRODUCTION

Coastal bays and estuaries receive excessive nutrient inputs from anthropogenic activities that have profound negative effects upon water quality (Smith, 2003). Over the past decades the use of chemical fertilizers has expanded, and population densities have increased along coastal zones. These have accelerated nutrient pollution and eutrophication has become a broad-scale concern for nearshore coastal and estuarine ecosystems (Howarth et al., 2011; Glibert et al., 2018; and discussed in Clements and Comeau, 2019). Coastal communities are now challenged to meet goals to decrease nitrogen inputs to coastal waters. Nitrogen controls primary production in coastal ecosystems and nitrogen in the form of nitrate (a common fertilizer component) can serve as a nutrient for many aquatic microorganisms that can utilize it as an energy source under both aerobic and anaerobic conditions (Howarth, 1988). Excessive inputs of nitrate can result in reduced oxygen levels (hypoxia) (Rabalais et al., 2014), enhanced algal growth, and increased duration and severity of harmful algal blooms (HABs) (Anderson et al., 2002; Glibert et al., 2005). The altered balance between nitrogen inputs and exports has potentially severe ecological and economic impacts and requires appropriate management to reduce eutrophication in coastal ecosystems (Humphries et al., 2016; Clements and Comeau, 2019).

Coastal areas in New England are impacted by nitrogen loads carried by sewage outfalls and river discharges, but the primary source of excess nitrogen is groundwater contaminated with septic fluids, fertilizers, and other contaminants that contribute to eutrophication (Correll et al., 1992; Valiela et al., 1997). While sewering can address significant fractions of these inputs, additional mitigation tools are needed to extract nutrients from coastal ecosystems. One potential tool for removing nitrogen from coastal estuaries and bays is shellfish aquaculture, and specifically oyster farming. Oysters are filter-feeders and their harvesting can remove nutrients from the water column because oysters filter blooms of primary producers and convert those nutrients into oyster biomass. As such, the harvesting of oysters can be beneficial for nitrogen removal, so-called “bio-extraction,” in New England’s estuaries and bays (Feinman et al., 2018; Clements and Comeau, 2019). The efficiency of oysters to assimilate and digest various sources of organic matter varies over the season which can lead to significant amounts of undigested particulate organic nitrogen (PON) being transported via their feces and pseudofeces to the sediment surface (Newell and Jordan, 1983). This biodeposition may enhance the microbial process of denitrification in underlying sediments (Kellogg et al., 2013). Denitrification releases nitrogen from the ecosystem in the form of nitrogen gas (N2) and this process naturally occurs in marine sediments. Oyster biodeposits can alter sediment chemistry since they contain twice as much the concentrations of carbon, nitrogen, and phosphorus compared to particles settling-out naturally from the water column (Jordan, 1987) and thus enhance denitrification rates of sediment bacterial communities (Newell et al., 2002).

Denitrification is a four-step metabolic process that converts nitrate to N2. The denitrification genes are assembled in clusters and encode functions for nitrate (narG/napA), nitrite (nirS/nirK), nitric oxide (norB/norC), and nitrous oxide (nosZ) reduction largely unique to denitrifying bacteria (Zumft, 1997). The process occurs in the membranes and the periplasm of the microbes and constitutes one of the basic energy flow pathways under anaerobic conditions. The energy for microbial denitrification in marine sediments derives from organic matter oxidation under suboxic (near-zero O2 values) or anoxic conditions by facultative heterotrophic anaerobes that use nitrate, nitrite, and nitrous oxide as terminal electron acceptors (Tiedje, 1988; Devol, 2015). Nitrate availability is important for denitrification, although denitrifiers are equipped with nitrate reduction enzymes (NapA and NarG) that share the same function but are induced at low (napA at <0.5 mM nitrate) and higher nitrate (narG at >1 mM of nitrate) concentrations based on experimental studies (Wang et al., 1999).

The importance of sediment denitrification underneath oyster aquaculture sites has been extensively debated, with studies suggesting different levels of significance of the process (Ray et al., 2020 and references therein). Rates measured at both bottom-planted and off-bottom oyster aquaculture sites in New England showed increased denitrification (Humphries et al., 2016; Vieillard, 2017; Feinman et al., 2018) that occasionally was comparable to the denitrification rates of restored oyster reefs (Humphries et al., 2016). This suggests that oyster farm biodeposits (e.g., faces, pseudofaces, particles) could enhance bacterial denitrification in marine sediments (Feinman et al., 2018), perhaps at rates equal to that of wild oyster beds.

Oyster biodeposits might also have the potential to promote alternative anaerobic metabolic processes, including dissimilatory nitrate reduction to ammonium (DNRA) or anaerobic ammonium oxidation (anammox). The process of DNRA reduces nitrate to nitrite (narG) and then nitrite to ammonium via the ammonia-forming nitrite reductase NrfA. DNRA is an active nitrate reduction process that can dominate over dentification in sediments below farmed bivalves, and it generates ammonium that can be partially regenerated into the water column (Nizzoli et al., 2006; Carlsson et al., 2012; Murphy et al., 2016). Enhanced fluxes of benthically produced ammonium into the water column has been documented below oyster aquaculture sites (Mazouni et al., 1996; Chapelle et al., 2000; Higgins et al., 2013; Lunstrum et al., 2018) may lead to retention rather than removal of reactive nitrogen (Lunstrum et al., 2018). However, to date, DNRA rates have been measured in association with three oyster aquaculture studies that show DNRA can either dominate over benthic denitrification (Erler et al., 2017; Lunstrum et al., 2018) or can have an insignificant (if any) role (Vieillard, 2017). The factors that control the competition between DNRA and denitrification and the impact oyster aquaculture can have on the balance of these processes needs further study (Burgin and Hamilton, 2007). Both processes are found across many different microbial lineages (Burgin and Hamilton, 2007; Braker et al., 2010) and there has been some suggestion that increased hydrogen sulfide concentrations in the environment may favor DNRA over denitrification (An and Gardner, 2002).

The impact of oyster biodeposits on sediment anaerobic ammonia oxidation is also not extensively characterized. Under anaerobic conditions anammox converts nitrite and ammonia to N2 that is removed from the marine sediments (Devol, 2015). Anammox usually involves the reduction of nitrite to nitric oxide (nirS/nirK) which is used for the oxidation of ammonia to hydrazine (Kartal and Keltjens, 2016). The last step of anammox involves hydrazine oxidoreductase (hzo) that oxidizes hydrazine to nitrogen gas (Hu et al., 2019). Both DNRA and anammox are strictly anaerobic processes that can be inhibited at oxygen concentrations as low as ∼1–2 μM (Mohan and Cole, 2007; Dalsgaard et al., 2014). Direct measurements of denitrification and anammox rates in sediments underneath bivalve farming have estimated that the contribution of anammox to nitrogen removal is minor (Carlsson et al., 2012; Erler et al., 2017; Lunstrum et al., 2018).

Microbial denitrification and other nitrogen cycling processes can be influenced by redox changes and sediment oxygen demand (SOD), temperature and salinity, availability of organic matter, and local hydrodynamics (Hoellein and Zarnoch, 2014). Also, the oyster stocking density and the available space for oyster aquaculturing can affect the quantity and quality of particles and thus impact nitrogen removal via “bio-extraction” and denitrification (Carmichael et al., 2012). Redox changes induced via hydrogen sulfide concentrations can alter rates of denitrification, DNRA, and anammox. The sulfur cycle via the oxidation and/or reduction of sulfides, sulfur intermediates, as well as via disproportionation influences the nitrogen cycle in marine sediments (e.g., Caffrey et al., 2019 and references therein; Jørgensen et al., 2019). Diverse aquaculture settings can potentially influence the above parameters and thus enhance or inhibit different nitrogen cycling processes in the underlying sediments. The type of gear used for aquaculture can also have an impact. Oyster aquaculture systems utilized in areas of New England include surface or floating bags, suspended oysters (oyster are suspended under a buoy), and bottom cage oysters (5–6 cm above the sediments). In this study, we examined net N2 release from sediments under different oyster aquaculture systems, whether the presence of oyster aquaculture altered sediment microbial community composition, and we investigated evidence for expression of genes involved in bacterial nitrogen metabolisms that impact N removal, including bacterial denitrification, anammox, and potentially, chemolithotrophic DNRA. We hypothesized that overall nitrogen production and individual nitrogen cycling processes might be differentially affected by different oyster culturing systems that hold oysters at different distances from the sediment, resulting in differences in net N2 release from underlying sediments. To test this hypothesis, we installed three different farming practices that included floating and suspended bags, and bottom cages within the same hydrodynamic setting in Waquoit Bay, MA, United States during the aquaculture season in two consecutive years. We collected sediment cores for 16S rRNA gene analyses, quantitative reverse transcription PCR (RT-qPCR), of denitrification, anammox, dissimilatory nitrate reduction to ammonium and sulfur oxidation genes, and metatranscriptome analyses addressing dissimilatory sulfate reduction (dsr genes). We also monitored nitrogen production fluxes under the different aquaculture sites. Waquoit Bay is typical of the setting of many oyster aquaculture sites in the region.



MATERIALS AND METHODS


Site Description

Our study site was established in Waquoit Bay, Falmouth Massachusetts (41°34′49″N, 70°31′27″W; Waquoit, MA, United States), within the boundaries of the Waquoit Bay National Estuarine Research Reserve in an area relatively undisturbed by human impacts. Waquoit Bay is a shallow bay encompassing approximately 825 acres. The bay has an average depth of 0.79 m (with a maximum depth of 2.7 m and tidal height of ∼0.5 m) and is tidally flushed through a narrow opening (∼115 m) to Vineyard Sound to the south of the study site (∼3.2 km) with salinity ranging from 0 (in the tributaries) to 32 PSU, with the highest salinities occurring in the center of the bay. Nitrogen loading is a major concern in the bay and is likely the driver behind the collapse of the Waquoit Bay eelgrass population over recent decades. Nitrogen enters the bay through atmospheric deposition, rivers (e.g., Childs River and Great River) and groundwater (accounting for 50%–80% of the N-load) (Talbot et al., 2003; Kroeger et al., 2006; Bowen et al., 2007). Our study site was carefully selected to best allow us to isolate the effects of using different aquaculture gear by co-locating sites for each of the three types of aquaculture gear as well as our control site at a location where all would be in the same hydrodynamic setting (exposure to winds, waves, and currents), have the same sediment characteristics, be the same distance from shore, and in the same depth of water in an area free of seagrass beds.



Experimental Design

We used three commercially available oyster growth methods (surface, suspended, and bottom oyster aquaculture methods) that result in different proximity of oysters to the sediment. The different oyster methods were first installed in early March 2018 and 2019, with each treatment site covering an area of 80 m2 (Floating Bags), 108 m2 (Oyster Gro’), or 108 m2 (Bottom Cages) (Figure 1). Year old oysters were added in late April of each year. Oysters and all gear were removed in October 2018 and 2019 for over wintering.
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FIGURE 1. Aerial image of oyster deployments and the sediment sampling sites in Waquoit Bay, MA (41°34′49″N, 70°31′27″W). Within the yellow box from left to right are the bottom cages, the floating bags, and the floating Oyster Gro cages (Image from Google Earth).


Between each gear type deployment there was a 5 m gap. For the Bottom Cage (BC) method we deployed 1.2 × 0.9 × 0.4 m3 cages that rested on the bottom and held the oysters 5–6 cm above the sediment. The BC setups allowed oysters to grow on the ocean bottom similar to wild oysters. The Floating Bag (FB) method utilized 0.5 × 0.8 m2 rigid floating bags with 6 mm2 mesh, attached to foam floats and aligned into a floating system that ensured adequate water circulation. The suspended Oyster Gro’ method (OG) utilized 0.46 × 0.89 m2 rigid grow-out bags with 6 mm2 mesh held within rigid metal wire frames suspended below buoys that allowed the oysters to be held about 30 cm below the sea surface and 0.5–2.0 m above the seafloor, depending on the tide. The BC oysters were constantly on the seafloor, while the FB and OG gear were exposed to intertidal changes but always in the water (Figure 2). For each growth method initial stocking weights of 1-year old oysters were 2.28 kg of oysters, targeting approximately 225 oysters per bag. This resulted with ∼200 kg of oysters initially in the FB, ∼205 kg in the OG and BC. Bottom cages and Oyster Gro’ systems hold six bags per unit. Our experimental design also included a control site (Figure 1). As mentioned, all sites (including the control site) were separated by approximately 5 m to limit effects of lateral transport of biodeposits between sites.
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FIGURE 2. Schematic for the three different oyster aquaculture gear tested and their proximity to the sediment in Waquoit Bay. The Floating Bags and Oyster Gro’s were approximately 1–3 m and 0.5–2.0 m above the seafloor, depending on the tide, respectively.




Sample Collection

Samples were collected bi-weekly during 2018 (May–September) and 2019 (April–October). Water column profiles for dissolved oxygen, temperature, and salinity were obtained in 15 cm intervals along the water column (max depth 60 cm) using a YSI Pro2030 handheld meter (YSI, Inc., yellow Springs, OH, United States) (Supplementary Table S1). We collected three sediment cores as biological replicates under each oyster method site and at the control site using a pole coring device (Aquatic Research Instruments, Hope, ID, United States) and polycarbonate core liners (internal diameter, 9.5 cm; total length, 0.5 m). All triplicate cores were collected near the center of each site (avoiding edge effects), directly under FB’s, OG’s, or BC’s, 0.5–3 m apart to limit spatial dependence between replicate cores (Figure 1). The top 3 cm of each core were sectioned immediately (within 5 min) in the field and homogenized for RNA, DNA, and porewater nutrient analyses. An extra set of two sediment cores per study site were collected for the measurements of N2 fluxes using flux chambers (see below). The same number of sediment cores were collected from our control site.



Nutrient, Total Carbon, and Nitrogen Analyses

Replicate bottom water samples (∼50 ml) were collected from each core, filtered through a 0.45 μm sterivex filter (Fisher Scientific, United States) and frozen until analysis for nitrate, nitrite, and ammonium. Porewaters were collected from the upper 3-cm of sediments into 50 ml Falcon tubes. The Falcon tubes were stored on ice in the field and then at 10°C in the laboratory. For nitrate and nitrite measurements, 10 g of sediment were placed in Macrosep centrifuge tubes with a 0.45 μm membrane (Fisher Scientific, United States) and centrifuged for 5 min at 3000 rpm. The resulting filtrate was analyzed colorimetrically for nitrate + nitrite (NOx) using a salt compensated resorcinol method (Zhang and Fischer, 2006). Nitrite was measured colorimetrically according to Pai et al. (1990). Extractable ammonium was measured by incubating 10 g of sediment with 10 ml of a 1 M KCl and separating sediments from the aqueous solution using the 0.45 μm Macrosep tubes. The resultant ammonium was measured using the phenolhypochlorite method (Solorzano, 1969). Standards were salt matched and analyzed along with samples. The remaining sediments were oven-dried (80°C), ground with a mortar and pestle (<250 μm), weighed and encapsulated in Al cups, and analyzed for total carbon and total nitrogen using a Micro-Dumas (flash) combustion method at the Stable Isotope Ecology Laboratory at the University of Georgia.



Flux Chambers and N2/Ar Measurements

The replicate sediment cores were collected to measure N2 fluxes. Collected cores from each site were submerged in a cooler containing site water and allowed to equilibrate for at least 1 h. After equilibration, cores were sealed with a cap that contained a magnetic stir bar and an oxygen optode (PSt3 sensor) attached to an Oxy10 SMA meter (PreSens Precision Sensing GmbH, Germany), that allowed real-time monitoring of oxygen concentrations using the PreSens Measurement Studio 2 software. The temperature of the incubation water was monitored continually. The sediment height and water height (no headspace) were recorded. Initial N2/Ar samples (t0) were collected with no headspace into 12-ml exetainers (739 W, Labco Ltd, Austin, TX, United States) containing 300 μl of saturated ZnCl2 (for preservation) from the incubation waters immediately after capping all the cores. Cores were incubated in the dark until 20%–25% of the oxygen in the overlying waters had been consumed. Then the overlying water from the core was collected into exetainers with no headspace as before and 50 ml of water was filtered through a 0.45 μm sterivex filter and prepared for NOx and ammonium analysis as described above. Exetainers were refrigerated (below in situ temperatures) until analysis. N2/Ar was measured on a membrane inlet mass spectrometer equipped with a water bath on the inlet, set to match sample collection temperature, a liquid nitrogen trap for CO2, a Cu-reduction column heated to 600°C to remove O2, and a quadrupole mass analyzer (RGA100, Stanford Research Systems, Sunnyvale, CA, United States). N2/Ar standards were made by equilibrating salinity matched waters at 4°C, room temperature (as measured, typically 21°C) and 30°C. Standards were analyzed every 10–15 samples to correct for any instrument drift. Excess N2 production was calculated as production above background (t0 samples as described above), scaled to water volume and normalized to incubation time (each core had the same surface area). All results for experimental site cores were compared to N2 production from the control cores.



RNA and DNA Samples

We collected and homogenized the top 3 cm of each sediment core in ethanol-sterilized weigh boats. Homogenized sediments were aliquoted to sterile 15-ml Falcon tubes and 5-ml cryovials for subsequent extraction of bacterial RNA and DNA back in the laboratory. The RNA and DNA samples were flash frozen immediately with liquid nitrogen in the field and were stored to −80°C at the lab. All the RNA and DNA extractions occurred the day following the sampling.



RNA Extractions and Metatranscriptome Analysis

We extracted 2 g of sediment for each sample in a UV-sterilized clean hood using the RNeasy PowerSoil® Total RNA Isolation Kit (Qiagen, United States) following the manufacturer’s protocol. To remove traces of contaminating DNA we treated our RNA extracts twice (2 × 30 min) with TURBO DNA-freeTM (Invitrogen, United States) as suggested by the manufacturer. To confirm absence of DNA from the RNA solutions we ran a PCR reaction using the bacterial primers BACT 1369F and PROK 1541F targeting the 16S rRNA. Each 25 μl reaction contained 0.5 U μl–1 Taq DNA Polymerase (Thermo Fisher Scientific), 1 × Taq DNA Polymerase reaction buffer (Thermo Fisher Scientific), 0.4 mM dNTPs (Thermo Scientific dNTP Mix), and 4 μM of each primer (final concentrations). These reactions were performed at 94°C for 5 min, followed by 35 cycles of 94°C (30 s), 55°C (30 s), and 72°C (45 s).

We quantified our total RNA extracts using a QubitTM RNA HS Assay Kit (Thermo Fisher Scientific) and prepared metatranscriptome libraries on selected samples using the KAPA RNA HyperPrepKit for Illumina Sequencing Platforms (Kapa Biosystems) according to manufacturer instructions. The metatranscriptome libraries were prepared only for selected samples collected from both the control site and the different oyster treatments in May (May_23), July (July_17), and September (Sep_25) 2018 and were stored at −80°C until sequencing using 150 bp paired-end Illumina NextSeq 550 (Georgia Genomics and Bioinformatics Core; University of Georgia).

Trimmomatic (v.0.32) was used to trim adapter sequences (leading = 20, trailing = 20, sliding window = 04:24, minlen = 50). Paired reads were further quality checked and trimmed using FastQC (v.0.11.7) and the FASTX-toolkit (v. 0.0.14). Downstream analyses utilized paired reads. After co-assembling reads with Trinity (v.2.6.6) (min length 150 bp) we used Bowtie2 (v.2.3.4.1) to align all sample reads and RSEM (v.1.3.0) to estimate the expression level of these reads. TMM was used to perform cross-sample normalization and to generate a TMM-normalized expression matrix. Within the Trinotate suite, TransDecoder (v.5.3.0) was used to identify coding regions within contigs and functional and taxonomic annotations were made by BLASTx and BLASTp against UniProt, Swissprot, and RefSeq non-redundant protein sequence (nr) databases (e-value threshold of 1e – 40).



RT-qPCR

Transcript abundances of denitrification, anammox, DNRA, and sulfur oxidation genes were determined with two-step quantitative RT-qPCR. The first step of RT-qPCR involved the reverse transcription of the extracted RNA into a single-stranded copy of cDNA using the QuantiTect Reverse Transcription Kit (Qiagen, United States) following the manufacturer’s protocol. The cDNAs were quantified using the QubitTM dsDNA HS Assay Kit and normalized to 10 ng reaction–1 to avoid concentration-related PCR variations. We performed the quantitative PCR amplification steps of RT-qPCR in triplicate to all genes of interest on a StepOnePlus Real Time PCR (ThermoFisher, United States) using the SsoAdvanced Universal SYBR Green Supermix (Bio-Rad, United States). PCR protocols included 95°C (10 min) followed by 40 cycles of 95°C (30 s), annealing temperatures indicated in Supplementary Table S2 for 60 s, 72°C (30 s), and 85°C for 15 s. A melt curve was produced after each analysis. We generated the RT-qPCR standard curves with 101–107 dilutions of linearized plasmids containing known sequences of the targeted genes. The RT-qPCR efficiency ranged from 95% to 105% for all reactions, resulting in linear standard curves (r2 = 0.99%).

Genes involved in denitrification (narG, nirS/nirK, and nosZ), sulfur oxidation (soxA and soxB), DNRA (nrfA), and anammox (hzo) were amplified using the primers in Supplementary Table S2.



DNA Extractions and 16S rRNA Marker Gene Analysis

We extracted 0.5 g of sediment for each sample collected in 2018 in a UV-sterilized clean hood using the PowerSoil® DNA Isolation Kit (MOBIO) following manufacturer’s instructions. Bacterial and archaeal SSU rRNA gene fragments were PCR amplified and sequenced at Georgia Genomics and Bioinformatics Core (University of Georgia). The primers used were 515F-Y (5′-GTGYCAGCMGCCGCGGTAA-3′) and 926R (5′-CCGYCAATTYMTTTRAGTTT-3′) targeting the hypervariable region 4-5 (V4-V5) of the SSU rRNA gene (Parada et al., 2016). Paired reads were quality checked and trimmed using FastQC (v. 0.11.7). We analyzed the sediment microbiome data using the QIIME2 platform (Bolyen et al., 2019), and used the DADA2 plugin provided in the QIIME2 pipeline to denoise and optimize the merging of the forward and reverse reads. Taxonomy was assigned to amplicon sequence variants (ASVs) using the scikit-learn multinomial naive Bayes classifier (q2-feature-classifier plugin; Bokulich et al., 2018) with the SILVA v132 database as the reference (Quast et al., 2013). Sequences were deposited into the National Center for Biotechnology Information (NCBI) Sequence Read Archive (SRR13101827-SRR13101797, and SAMN16838263-SAMN16838385) database under project BioProject ID PRJNA679576.



Statistical Analyses

The relative abundances of 16S rRNA data were determined by dividing the number of sequences in each taxon by the total number of sequences for each sample. These normalized relative abundances were used to estimate the average abundances of the different bacterial taxa described in Figures 4 and 5. We also calculated the Bray–Curtis dissimilarity index using the normalized relative abundances and performed a hierarchical clustering (complete linkage) to assess potential differences between the biological triplicates collected underneath the oyster treatments and the control site. Bray-Curtis dissimilarity index and the hierarchical clustering analyses were performed using the Vegan v2.5-6 packages in R (Dixon, 2003). We used the unweighted UniFrac distance to compare the phylogenetic similarity of the sediment bacterial communities between the different oyster culture methods. We generated the unweighted UniFrac principal component ordination plot (PCoA), in R using the package ggplot2 (Wickham, 2016). Our input data for the PCoA plot were the unweighted UniFrac PCoA results and the Shannon index feature-table generated by the QIIME2 pipeline.

We tested for the effects of the individual oyster treatments on the expression of key genes associated with nitrogen cycling, and on measurements of nitrogen flux. Seasonality may have impacted measurements, in addition to oyster treatment; therefore, two-way ANOVAs were performed to compare the measurements collected at all sites and to evaluate the effect of time. Given that marine sediments are heterogeneous by nature (e.g., random deposition of large organic particles, influences of Metazoa, and other disturbances) due to processes that occur on sub-millimeter scales, homogenized core horizons from 9.5 cm ID push core capture variation that occurs at this scale and triplicate cores collected 0.5–3 m apart at each site are reasonably independent to justify their use in ANOVAs. All gene expression datasets were normalized by log transformation and calculations were performed in R (version 3.6.1), with ANOVAs evaluated using the car package (version 3.0-10). All residuals were checked for normality using the Shapiro-Wilk test using the shapiro.test function in the stats package (version 3.6.2), with outliers removed from datasets when necessary to maintain the assumption of normality. Sliced least squares means (LS means) were calculated via Dunnett’s method using the lsmeans function in the lsmeans package, comparing each oyster treatment to the control site at each time point.




RESULTS


Nitrate, Ammonia, Sedimentary Carbon and Nitrogen, Temperature, Dissolved Oxygen, and Salinity

The average porewater nitrate (Supplementary Figure S1A) and ammonia concentrations in 2018 ranged from 37 to 103 mM, and 720 to 1387 μM respectively (Supplementary Figure S1B). Nitrate concentrations between the different oyster treatments were comparable, while nitrite concentrations were below detection in all samples. Spikes of high nitrate in samples from the OG and the control site were detected in May, June and early July, while FB showed elevated nitrate concentrations in June and early July. Porewater nitrate showed a generally negative correlation with N2 flux but this trend was only statistically significant in 2018 under the FB and OG treatments (Pearson’s correlation r −0.84 to −0.91, p < 0.5).

The average porewater nutrient concentrations in 2019 were generally steady over the season at all sites. The average nitrate ranged from 23.0 to 33.2 μM, presenting the highest concentrations in late June (Supplementary Figure S2A). Nitrite was below detection in all samples. The average ammonia concentrations were also comparable between the different oyster treatments and ranged from 355 to 493 μM (Supplementary Figure S2B). We detected positive correlations between ammonia and N2 fluxes in both 2018 and 2019, however these were not significant aside from under the FB site in 2018 (Pearson correlation r 0.88, p < 0.5). Bottom water nutrients were consistent between sites.

Total carbon and nitrogen were measured monthly at each site during both 2018 and 2019 sampling periods (Supplementary Table S3). The impact of the oyster aquaculture resulted in an increase on carbon content of the underlying sediment over the course of the growing season. BC sediments showed the largest impact with %C increasing ∼14%, followed by OG (∼8%), FB (∼4%), and the C (∼3%). Literature reports average sediment grain size in the area is ∼200 μm in the upper few cm (Maio et al., 2016).

In 2018 the water column temperature at all sites ranged from ∼18°C to 28°C over the sampling period June through September (Supplementary Table S1 and Figure S3A). Salinity ranged from ∼25 to 30 PSU, and dissolved oxygen ranged from ∼3.5 to 10 mg/L over the same period (Supplementary Table S1). In 2019 the water column temperature ranged from ∼12.5°C to 28°C over the sampling period from April to October (Supplementary Table S1). Salinity ranged from ∼18.5 to 26.5 PSU, and dissolved oxygen ranged from ∼0.5 to 12.5 mg/L (Supplementary Table S1 and Figure S3B). The water column temperature in 2019 was positively correlated with the N2 fluxes at all different treatment sites and the control site (Pearson correlations r 0.62–0.75, p < 0.5).



N2 Production Rates

Flux chambers were used to estimate N2 production from the sediments across the sites. In all flux chamber experiments nitrate and ammonium flux to or from the sediments was negligible compared to concentration changes over the short incubation periods. The flux chambers showed production of N2 gas in sediments at the control as well as the different oyster aquaculture method sampling sites in 2018 and 2019 (Figures 3A,B). The N2 fluxes were comparable between the control and the different oyster treatments from late May until late June in 2018 (∼0.3 mmol N m–2 day–1). After June 2018 we observed a sudden twofold increase in N2 production at the aquaculture sites that reached up to a fivefold increase (in the case of BCs) when compared to the control. To test for significant differences between treatments over time we used a two-way ANOVA followed by the post hoc LS means analysis. In 2018, the overall comparison of the treatments and time point, as well as the interaction between the two variables, was found to be statistically significant (p < 0.05) (Figure 3A and Supplementary Table S4).
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FIGURE 3. Nitrogen production rates measured from late May until end of September 2018 (A) and 2019 (B) using in situ flux chambers. C, Control; OG, Oyster Gro’; FB, Floating Bags; BC, Bottom Cages. Statistically significant differences are marked with an asterisk (t-test, p < 0.05).


In 2019 N2 production rates were comparable between the control site and the different treatment sites from late April until June and showed a sharp and statistically significant increase in N2 production (up to a fivefold increase) especially after July that continued until the end of the 2019 sampling period (Figure 3B and Supplementary Table S4).



Phylogenetic Analysis of the Bacterial Communities Underneath the Oyster Culture Treatments

The phylogenetic analysis of the bacterial communities underneath the oyster cultures and the control site was performed for the 2018 sampling period. The number of sequences per sample ranged from 1954 to 34,716, with a mean of 16,790 ± 6387 sequences. A total of 17,176 bacterial ASVs were recovered from the Waquoit sediment libraries. Hierarchical clustering of the biological triplicates from all sampling sites using the Bray–Curtis dissimilarity index revealed consistency of the microbial community structure amongst replicates for most samples (Supplementary Figures S4, S5).

Sediment community compositions underneath the different oyster treatments were generally similar to those at the control site. The dominant phyla at all sites were Proteobacteria, Cyanobacteria, and Bacteroidetes, while Planctomycetes was among the phyla with the lowest relative abundance at all sampling sites (Figure 4).
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FIGURE 4. Average relative abundance of the bacterial communities comprising over 1% at phylum level (class level for Proteobacteria) based on 16S rRNA genesequencing per sampling date during May-September 2018. Control (A), Floating Bags (B), Bottom Cage (C), and Oyster Gro’ (D). Sampling dates are presented along the x-axis.


The relative abundance of Proteobacteria was similar, percentage-wise, between the control site and the oyster treatments throughout the sampling period (C: 41% ± 4.7%, BC: 39% ± 4.5%, OG: 38% ± 2.3%, FB: 40^ ± 3.9%). The relative abundance of Bacteroidetes was comparable between the control and different oyster aquaculture methods (C: 29% ± 5.2%, BC: 28% ± 5.4%, OG: 31.4% ± 6.8%, FB: 32.5% ± 11.5%). Planctomycetes had relative abundance of 1%–3% with higher abundances in the BC oyster treatment (C: 1.5% ± 0.5%, BC: 2.8% ± 2%, OG: 1.9% ± 0.3%, FB: 2.5% ± 0.6%). Regarding other less abundant phyla, Latescibacteria and Acidobacteria had relative abundances of 1.9%–2.5% and 2.5%–3%, respectively, and were comparable between the control and the oyster aquaculture sites. Spirochaetes were detected in the different oyster aquaculture treatments at relative abundances higher than 1% after the middle of July, while at the control site we detected Spirochetes only in August.

Within the Proteobacteria, the Deltaproteobacteria and Gammaproteobacteria classes were the most abundant, followed by the Alphaproteobacteria in all our samples (Figure 5). The ASVs affiliated with Alphaproteobacteria were primarily (∼90% of the relative abundance) within the family Mitochondria (order Rickettsiales), annotated to mitochondrial 16S rRNA gene from unicellular algae. The Gammaproteobacteria were mostly assigned to genera in Chromatiales (C: 29.3% ± 4.3%, BC: 22% ± 5.9%, OG: 29.7% ± 4.1%, FB: 22.3% ± 8.1%) and to Gammaproteobacteria incertae sedis. The most abundant classes in Deltaproteobacteria were Myxococcales (C: 9.6% ± 4%, BC: 13.6% ± 7.5%, OG: 8% ± 2.2%, FB: 15.2% ± 13.6%) and Desulfobacterales. Within Desulfobacterales, highly abundant taxa were in the Desulfobacteraceae family (C: 67.9% ± 6.5%, BC: 64% ± 11%, OG: 71.5% ± 7.2%, FB: 60.4% ± 14.2%). Flavobacteriales (C: 49.4% ± 12%, BC: 45.4% ± 12.7%, OG: 37.7% ± 15%, FB: 47.8% ± 13.4%) were the most abundant order within Bacteroidetes and specifically the Flavobacteriaceae family. The FB oyster site presented high (up to 68%) relative abundance of Flavobacteriales from May to June when compared to the control site and the rest of the oyster aquaculture treatments. The most abundant orders within ASVs assigned to Planctomycetes were the Phycisphaerales, Pirellulales, and Planctomycetales.
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FIGURE 5. Average relative abundance of the bacterial communities comprising over 1% at order level (family level for Deltaproteobacteria) from May until September 2018 for Control (A), Floating Bags (B), Bottom Cages (C), and Oyster Gro’ (D) samples based on 16S rRNA gene sequencing. Planctomycetes: black, Bacteroidetes: red, Alphaproteobacteria: blue, Deltaproteobacteria: yellow, Gammaproteobacteria: green.


We used ordination analyses to identify possible (dis)similarities in community composition in sediments under the different oyster aquaculture treatments. The unweighted UniFRac principal coordinate analysis (PCoA) showed taxonomic overlap of the ASVs under the different oyster treatments as well as between the treatments and the control site (Figure 6). PCoA showed discrete phylogenetic groups that were formed at different times across the sampling season (Figure 6). A similar result was obtained when we generated a weighted UniFrac ordination plot using relative abundances.
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FIGURE 6. Principal coordinates analysis (PCoA) of bacterial phylogenetic similarity based on the unweighted UniFrac results and the Shannon index.




RT-qPCR


Expression of Denitrification Genes

Analyses of gene expression by microbial communities can provide significant insights into microbial activities and interactions. Our RT-qPCR results for 2018 showed expression of the denitrification genes nirS, nirK, nosZ, and narG in sediments from all oyster treatments and the control site (Figure 7A). To estimate statistically significant effects of the oyster treatments on the expression of denitrification genes, we performed a two-way ANOVA for each denitrification gene comparing the three oyster treatments and control site measurements across the time series (Supplementary Table S5). Findings from the least squares means (LS means) showed that narG expression was similar between the control and the sediment samples collected below the Bottom Cage (BC), Oyster Gro’ (OG), and Floating Bag (FB) sites from May until middle of July 2018. However, at the end of July, we detected a sharp increase of narG expression relative to the control site under all aquaculture sites that continued until the end of September (Figure 7A). These increases were statistically significant when compared to the control based on the results of least squares means comparisons (p < 0.05). The number of narG transcripts detected under the different oyster treatments after the end of July was higher when compared to the number of copies detected earlier in the sampling period (May until mid of July 2018; Supplementary Figure S6). Elevated expression of narG after July was also detected in sediments at the control site, but was lower when compared to samples from under the aquaculture sites (Supplementary Figure S6). Differences in the narG expression were significant after July in both 2018 and 2019; however, t-ratios were greater in 2018, suggesting a larger deviation from the gene expression baseline detected in the control site. Elevated gene expression relative to the control was also detected for nirS, nirK, and nosZ (where measurable differences occurred) under the three oyster treatments (Figure 7A and Supplementary Figure S6). Expression of nosZ in sediments under the bottom cages was significantly lower than nosZ expression measured at the control site from late May to mid-July of 2018, with similar patterns observed in 2019.
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FIGURE 7. Expression of denitrification genes above control levels (gene expression values from the control were subtracted from the values from the treatments) during 2018 (A) and 2019 (B). FB, Floating Bags; BC, Bottom Cages and OG, Oyster Gro’. Statistically significant differences are shown with an asterisk (t-test, p < 0.05).


Similar patterns of expression of denitrification genes were also observed in 2019 (Figure 7B). Sliced LS means showed that narG expression was significantly higher under all treatments when comparing treatments to the control site at individual time points from mid-August to late September and overall comparisons of the treatments across the time series were found to be significant (Figure 7B and Supplementary Table S6). We detected elevated gene expression of nosZ under FB and OG oyster treatments that was statistically significant (primarily under the OG treatment) when compared to the control site on individual sampling days (p < 0.05). The two-way ANOVA results showed no statistically significant differences in nirS across all treatments. In 2019, nosZ also had significantly lower overall rates of expression in sediment samples collected under the BC.



Expression of nrfA (DNRA)

We estimated expression of nrfA, the key gene in DNRA, both in 2018 and 2019. Our results showed that differences in expression levels of nrfA across treatments were statistically significant when compared to the control for both sampling seasons (Figure 8 and Supplementary Tables S5, S6). Closer examination of sampling dates reveals different nrfA expression trends between the three oyster treatments. In 2018, expression of nrfA was consistently elevated relative to the control site in sediments collected under the BC treatment, starting at the end of June. nrfA expression was also relatively elevated in samples collected under the FB site beginning in July, with statistically significant differences observed in late July through the end of sampling period. The expression levels of nrfA in the OG samples were significantly reduced relative to the control site (p < 0.05) from late July onward in 2018.
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FIGURE 8. Average copy number of nrfA for the three cores collected under the three oyster treatments and at the control site over the course of the sampling period in 2018 (A) and 2019 (B). C, Control; OG, Oyster Gro’; FB, Floating Bags; BC, Bottom Cages. Statistically significant differences are marked with an asterisk (t-test, p < 0.05).


Trends in nrfA expression by sampling day were similar in 2019 (Figure 8B). We detected elevated expression of nrfA in BC and FB oyster treatment samples relative to the control site. OG sediment samples exhibited decreased expression relative to the control site across all sampling dates in 2019. The decreased nrfA expression levels were statistically significant across the time series (Figure 8B).



Expression of hzo (anammox)

We estimated the expression of hzo genes, responsible for the final step of anammox, across all sites (Figure 9 and Supplementary Tables S5, S6). hzo expression across the three oyster treatment sites was found to be statistically significant for both 2018 and 2019 sampling seasons (Supplementary Tables S5, S6). In 2018, expression of hzo was relatively similar between the control site and the BC and FB treatments from May to late June (Figure 9A). Elevated expression of hzo was detected from mid-July through the end of the 2018 sampling period in BC sediments which was statistically significant when compared to the control. The hzo expression in FB sediments remained similar to the control site even after July, with the greatest change in expression levels observed in early September (Figure 9A). Patterns of hzo expression were the opposite in OG sediments relative to the other treatments and the control site. hzo expression in OG was slightly elevated primarily in May and early June when compared to the control and was followed by a sharp and statistically significant decrease from mid-July through the end of the 2018 sampling.
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FIGURE 9. Average copy number of hzo for the three cores collected under the three oyster treatments and at the control site over the course of the sampling period in 2018 (A) and 2019 (B). C, Control; OG, Oyster Gro’; FB, Floating Bags; BC, Bottom Cages. Statistically significant differences are marked with an asterisk (t-test, p < 0.05).


Samples collected in 2019 demonstrated similar trends with 2018. t-ratios indicated similar hzo expression between the BC, FB, and the control site from April until June, with exception in May where we detected slightly reduced expression of hzo in BC and FB relative to the control. A sudden and statistically significant increase in hzo expression levels was detected in the BC sediments from late July and through the end of the 2019 sampling period. FB sediments had similar or significantly reduced hzo expression across the time series. Similar to 2018, expression of hzo in OG oyster site was slightly elevated early in the time series (primarily in June) when compared to the control, followed by a sharp and statistically significant decrease in expression levels from the end of July through the end of 2019 sampling period.



Expression of Sulfur Oxidizing Genes (sox Genes)

We detected similar expression levels of sulfur oxidizing genes, soxA (Figure 10A) and soxB (Figure 10B) in samples collected underneath the different oyster aquaculture methods and the control sites. Expression of both sox genes showed a gradual increase in the middle of July that continued until the end of September. Slightly enhanced expression levels of soxB were detected in samples collected from BC and FB sediments, when compared to the controls.
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FIGURE 10. Average copy number of soxA (A) and soxB (B) for the three cores collected under the three oyster treatments and at the control site over the course of the sampling period in 2018. C, Control; OG, Oyster Gro’; FB, Floating Bags; BC, Bottom Cages. Statistically significant differences are marked with an asterisk (t-test, p < 0.05).


Expression of sox genes expression in 2019 was comparable between the samples collected at the different oyster treatments and the control site. Increase in expression was detected in all samples after the middle of July (data not shown).





DISCUSSION

Excessive nitrogen loading in coastal waters is a growing topic of concern to coastal communities. Many communities see aquaculture as a potential method of removing nitrogen from the coastal waters, by growing and removing biomass. However, nitrogen removed by biomass harvesting is only part of the equation. Farming activities can also impact the sediment chemistry and microbial communities. A recent study suggests that in coastal systems with excess nitrogen loading from anthropogenic activity, oyster aquaculture may have a positive long-term effect on sediment denitrification that persists over the years (Ray et al., 2020). In most coastal sediment-hosted microbial communities nitrogen removal is a natural result of the net activities of denitrification, DNRA, and anammox processes in coastal sediments. Here we investigate how the activity of these process, as reflected by net nitrogen removal and changes in gene expression for key nitrogen cycling processes may change as function of three popular oyster aquaculture methodologies; Bottom Cages (BC), Oyster Gro’ (OG), and Floating Bags (FB).


Gene Expression Within Sediment Microbial Communities and Links to Nitrogen Removal

Our analyses of expression of genes for denitrification, DNRA, and anammox showed that genes associated with nitrogen cycling respond to changes that occur in the sediments underneath the different oyster treatments. BC, OG, and FB presented distinct expression patterns of key nitrogen-cycling genes over the season. We detected a statistically significant increase in the expression of narG under all sites relative to the control site after the end of July in both years (comparisons of LS means for each sampling event). This enhanced expression of narG could potentially be linked to enhanced N2 production rates and is consistent with greater and statistically significant N2 production detected in the sediments underneath the oyster aquaculture treatments relative to the control site. Although the presence of aquaculture increased expression of narG and resulted in greater production of N2 relative to background, the increase in N2 production at all sites over the installation period indicates that environmental factors (e.g., temperature), could also contribute to the enhanced N2 removal in Waquoit Bay. The expression of nirS, nirK, and nosZ were relatively consistent over the course of the growing season at all sites. Overall, our data do not show a clear link between N2 production and the expression of nirS, nirK, and nosZ, although the gene expression of nosZ presented statistically significant differences primarily between the OG treatment and the control site. This can be partially explained by the modular nature of denitrification since it is a nitrogen cycling process that can be performed in sediments in a cooperative way by a variety of phylogenetically unrelated microorganisms that participate in different steps of the process, and to differing degrees (Dalsgaard et al., 2014; Graf et al., 2014). Bacterial denitrifiers can host in their genome the full suite of denitrification genes or they can perform truncated denitrification that lacks the final step of the pathway (reduction of N2O to N2) (Braker et al., 2010; Graf et al., 2014). The expression of denitrification genes is controlled by parameters not yet fully understood that can vary among individual strains (Zumft, 1997; Wallenstein et al., 2006). Additionally, the sensitivity of denitrification gene transcripts (nirS, nosZ) to oxygen is known (Dalsgaard et al., 2014). Although our handling of sediments from the time cores were brought to shore and subsamples frozen was short (∼5–10 min), the process of subsampling may introduce enough oxygen to suppress nirS and nosZ transcription, as has been previously described (Dalsgaard et al., 2014). Collectively, these complexities illustrate the challenges of directly linking rates of nitrogen biogeochemical processes with gene expression data which can follow non-linear dynamics (Bowen et al., 2014), especially in natural ecosystems that usually host diverse bacterial communities. Finally, we need to point out that the commonly used gene-specific primer sets for RT-qPCR studies related to denitrification genes are usually designed based on sequence alignments found in publicly available database and for cultured microbes (Wallenstein et al., 2006). This can limit the RT-qPCR ability to target all variants of key denitrification genes (nirS, nirK, nosZ, norB/C), especially those deriving from uncultured taxa. Our Illumina-sequenced marker gene data (iTAGs) data showed that almost 60% of our ASVs were affiliated with uncultured taxa, which makes it difficult to assess to what degree our RT-qPCR primers were able to represent all variants of the key denitrification genes.

Our RT-qPCR data showed that the narG expression levels at the aquaculture sites were different when compared to those at the control site especially after July (Figure 7 and Supplementary Figure S6). This indicates that the different oyster treatments were able to trigger and maintain elevated narG expression in the underlying sediments after July. This might have occurred due to increasing carbon and nitrogen content in the underlying sediment, via the release of oyster biodeposits which are known to deliver organic nitrogen and carbon to the sediments (Newell et al., 2002; Smyth et al., 2013). Organic matter is a prerequisite for heterotrophic denitrification since denitrifiers oxidize organic carbon inputs using nitrate as electron acceptors to gain energy. Moderate organic additions to the sediments can increase activity of benthic denitrification while high inputs of organic matter can decrease denitrification rates (Caffrey et al., 1993). The biodeposits from bivalve cultures contain 2–3 times more carbon and nitrogen than unaggregated particles (Feinman et al., 2018 and references therein) and similarly to what observed in experimental studies (Caffrey et al., 1993), their moderate or excessive release to the sediments underneath bivalve cultures can enhance or diminish denitrification (Carlsson et al., 2012). Carlsson et al. (2012) suggested that the decline of denitrification under excessive organic matter inputs from bivalve farming is due to the production of hydrogen sulfide that can inhibit denitrification (Jensen et al., 2008), nitrification (Joye and Anderson, 2008), and anaerobic ammonia oxidation (anammox) (Porubsky et al., 2009), but also can favor dissimilatory nitrate reduction to ammonium (DNRA) (Caffrey et al., 2019).

While we did not directly measure rates of DNRA, our gene expression data for nrfA showed that DNRA is a process that likely occurs naturally in the Waquoit Bay. However, the expression of nrfA increased primarily under the BC site over the season whereas nrfA in sediments under the OG site significantly declined in both 2018 and 2019 sampling periods (Figures 8A,B). The expression of nrfA under the FB treatments was lower than under the BC treatment and comparable to what we observed in control sediments especially before the end of July. This may indicate that DNRA is an active process in the sediments underlying oyster treatments (especially for BCs), but that the suspended (primarily), and to a lesser extent, the floating oyster culturing methods limit or inhibit DNRA. The role of DNRA has been extensively debated with regard to whether or not oyster aquaculture can promote nitrogen retention over nitrogen release (denitrification). DNRA was identified as the dominant nitrate reduction process (∼80%–96%) under suspended oyster systems, and it was suggested that limited denitrification was due to competition for nitrate between denitrification and DNRA, and the labile nature of organic matter that favors DNRA (Erler et al., 2017; Lunstrum et al., 2018). Mortazavi et al. (2015) also detected low rates of net denitrification and high ammonium fluxes in sediments underneath cages and indicated DNRA as a potential process due to the high presence of hydrogen sulfide. Vieillard (2017) found low DNRA rates (< 130 μmol m–2 h–1) in the sediments underlying suspended nets and bottom bags/cages, with insignificant differences between oyster aquaculture sites and controls. Confounding interpretation of the role of DNRA in these systems is the observation of DNRA bacteria isolated from soils that contain “atypical” (due to their presence in non-denitrifying phyla) but functional nitrous oxide reductases genes (nosZ) that can contribute to nitrogen gas production (Sanford et al., 2012; Orellana et al., 2014). We do not know if these “atypical” nosZ genes are also expressed in marine sediment DNRA bacteria, but we argue that if they exist, then nitrogen cycling underneath bivalve cultures can be more complicated than previously anticipated.

The enhanced expression of nrfA detected after July, primarily in the BC oyster aquaculture, suggests that the biodeposits released from oyster treatments in close proximity to the sediment can enhance ammonium regeneration in the sediment. We hypothesize that this enhanced expression of nrfA especially in the BC sediments could be attributed to chemolithotrophic or fermentative DNRA, with the latter being less prominent. Fermentative DNRA couples nitrate reduction with organic matter fermentation and occurs under high carbon, non-sulfidic, and nitrate-limited conditions (Burgin and Hamilton, 2007; van den Berg et al., 2015). Oyster biodeposits, and/or active nitrification across oxic/anoxic interfaces can provide significant amounts of nitrate in the underlying sediments (Jensen et al., 1994; Newell et al., 2005 and references therein); thus, we consider that fermentative DNRA may not be the primary form of DNRA occurring underneath BC in our study. This is supported by our iTAG data that show low relative abundances (<0.5%) of fermentative bacteria that can perform DNRA and influence the competition between denitrification and DNRA in favor of DNRA (e.g., taxa affiliated to Clostridia, Vibrio, Desulfovibrio, Bacillus, and Pseudomonas sp.; Burgin and Hamilton, 2007; van den Berg et al., 2017).

Chemolithotrophic DNRA can dominate under sulfidic conditions in coastal sediments since it can couple nitrate reduction to the oxidation of reduced sulfur forms, including free sulfide (H2S, HS–, and S2–) and elemental sulfur (S0) (Burgin and Hamilton, 2007 and references therein). While seasonal sulfide concentration dynamics are not available because we did not measure sulfide concentrations directly during both 2018 and 2019 field seasons, sediments under the BC site had visibly greater accumulations of organic material including algae, and produced a noticeable sulfidic smell from mid-summer onward. This suggests that organic matter in biodeposits released from oysters accumulates at higher concentrations under BCs, possibly enhancing sulfate reduction, and increasing production of hydrogen sulfide and other sulfur species (e.g., S0, thiosulfates, and sulfites) below the BC site. Available metatranscriptome data was searched for expression of dsr genes. Expression of dsr genes supports the notion of active dissimilatory sulfate reduction under all treatments and also at the control site (Supplementary Table S7). The RT-qPCR results showed similar patterns of expression of the sulfur oxidizing genes soxA and soxB, under the different aquaculture sites and the control site (Figure 10). Both our metatranscriptome and RT-qPCR results indicate that sulfide production and oxidation occur naturally in Waquoit Bay sediments and also under the different oyster treatments.

Redox changes due to hydrogen sulfide accumulation can alter the rates of denitrification, anammox, and DNRA (Caffrey et al., 2019). Background hydrogen sulfide (H2S) measured in October (2020) at our study site when the aquaculture sites were not present was 53.2 ± 2.7 μM. Caffrey et al. (2019) estimated that exposure of hypoxic sediments to low sulfide (S–2) concentrations (∼52 μM) can promote DNRA in the expense of denitrification, with the latter remaining still active but with lower nitrogen production rates. We believe that the possible sulfide accumulation (if occurs) in the BC oyster aquaculture method via enhanced biodeposition was not critical to inhibit oyster-mediated N2 production via denitrification as has been previously described (Carlsson et al., 2012). A possible explanation for this can be the in situ biogeochemistry of the sediments in Waquoit Bay that can allow the oxidation of the sulfides that accumulate in the sediment with Mn and Fe oxides under anoxic conditions. Mn, and especially Fe, oxidants form metal-bound sulfides (e.g., iron sulfide; FeS) that do not inhibit denitrification (Brunet and Garcia-Gil, 1996). Downcore analyses of Waquoit sediments have shown black FeS underneath the oxic sediment layer (Charette et al., 2005). Mn and Fe, oxides are the dominant oxidants of sulfides in the coastal sediments with an active role on sulfur sediment dynamics (Jørgensen et al., 2019). Another possible explanation for the continuation of high N2 production rates underneath the BC site despite the potential sulfide accumulation can be the tolerance of the in situ microbial community to suboptimal sulfide conditions. Microbial communities from hypoxic sediment or the oxic/anoxic interfaces of estuarine and coastal sediments seem to tolerate periodic redox fluctuations that would occur with disturbances (weather events, animal burrowing, human activities, etc.) and are able to recover from sporadic exposure to oxic or highly sulfidic conditions (Marchant et al., 2017; Caffrey et al., 2019). This can be an adaptation of the in situ communities to overcome tidal cycles or periodic events that affect the redox regime of the sediments. We suggest that the proximity of the oyster gear to the seafloor can influence the fate of the nitrogen transformations since it can affect oxygen circulation or promote redox changes. Our data show that DNRA appears depressed under the OG site possibly due to the increased aeration caused by that gear, as discussed below.

The same explanations can apply to the enhanced hzo levels that we detected underneath the BC site. hzo is the key gene of anaerobic ammonium oxidation (anammox), and sulfide, at micromolar concentrations, has an inhibitory effect on anammox activity (Jensen et al., 2008). However, under our BC treatments we detected enhanced expression of hzo coincident with seasonal expression of narG, indicating possibly active anammox over the sampling season despite potential sulfide accumulation. Similar hzo expression levels between FBs treatments and at the control site were observed for most of the 2018 and 2019 sampling periods, while statically significant depressed expression levels of both hzo and nrfA were detected almost throughout the 2018 and 2019 sampling periods under the OG treatment (Figures 8 and 9). This suggests that the OG equipment may introduce oxygen to the underlying sediments by creating a “piston-pumping” activity in response to wind and waves that aerate the underlying sediments. While this action has not been quantified it could limit and/or inhibit the strictly anaerobic anammox and DNRA processes. Floating bags also appear to permit enough bottom water circulation to aerate surficial sediments enough to suppress these two processes relative to BCs, although not to the extent of the OG gear. Figure 5 shows that the control and FB and OG sites share high relative abundance of the order Pirellulales (Planctomycetes), compared to sediments below BCs. Bacterial representatives affiliated to this order can be aerobes (Dedysh et al., 2020), which can support our hypothesis of suppressed anammox activity under the OG and FB systems due to sufficient oxygen circulation underneath these gear.

Anammox is reported to have less influence than denitrification on nitrogen release from coastal ecosystems (Dalsgaard et al., 2005; Trimmer and Engström, 2011). This is consistent with observations at bivalve farming sites (Carlsson et al., 2012; Erler et al., 2017; Lunstrum et al., 2018). Our iTAGs indicate the relative abundance of Planctomycetes in our sediments is low (1%–3%); thus, we can infer that anammox makes a limited contribution to nitrogen removal in Waquoit Bay, however this requires further investigation. The potentially low anammox activity in Waquoit Bay may be insignificant when compared to the overall benefit of promoting nitrogen removal and possibly limiting or inhibiting ammonia regeneration using either the OG or FB oyster aquaculture methods. However, depending on in situ sediment biogeochemistry anammox activity can vary, so loss of anammox under oyster aquaculture activities might have a significant impact on overall nitrogen loss in other settings.

The possible “piston-pumping” caused by the OG gear (and to a lesser extent the FB) and consequent O2 circulation in surficial sediments did not appear to have a negative effect on the N2 production rates possibly induced via bacterial denitrification underneath OG and FB treatments at our study site. Denitrifiers are primarily facultative anaerobes in surficial sediments, with strict anaerobes appearing at increasing sediment depths where anoxia is more consistent (Tiquia et al., 2006). This idea is consistent with observations that denitrification in coastal sediments can be stimulated by frequent switches between oxic and anoxic conditions (influenced perhaps by tidal cycles and storm events), with denitrification occurring even under O2 exposure (Marchant et al., 2017 and references therein). Finally, as already discussed, denitrification is a modular process where distinct groups of microorganisms can mediate different steps of the process (Dalsgaard et al., 2014; Graf et al., 2014). Thus, a metabolic strategy that can be more resistant to sporadic changes in oxygen at coastal sediments. Finally, we note that sample handling (subsampling of cores in the field and dispensing to sterile containers prior to freezing) exposes sediment microbiota to oxygen, and while handling was consistent for all samples in this study, expression of genes for some oxygen-sensitive processes may be negatively affected to an unknown degree, and thus, be higher than we report.



Bacterial Sediment Communities and Nitrogen Fluxes

The structure and composition of sediment bacterial communities were similar underneath the different aquaculture practices and the control site, and were dominated by three highly abundant phyla; Bacteroidetes, Cyanobacteria, and Proteobacteria (Figure 4). Bacteroidetes is a cosmopolitan phylum colonizing marine and freshwater sediments (Klier et al., 2018) with high abundances especially in coastal areas (Fernández-Gómez et al., 2013). Generally, Bacteroidetes are known for their ability to grow in association with particles and for their capacity to degrade polymers (Fernández-Gómez et al., 2013). Bacteroidetes may also be able to colonize biodeposits released from the oysters, however, this requires further investigation. Within Bacteroidetes there were five dominant orders including Bacteroidales, Flavobacteriales, Cytophagales, Chitinophagales, and Sphingobacteriales at both control and oyster aquaculture sites. Bacteroidales was the only taxon that showed a seasonal trend with elevated relative abundances after the end of June under all the examined aquaculture treatments (Figure 5). The seasonal increase of Bacteroidales can be due to increased presence of particles (biodeposits) and/or related to nitrogen cycling processes. For the latter we can only speculate that it is denitrification, since we know that Bacteroidetes have the nirK/nirS and nosZ genes in their genomes and thus, can perform specific steps of denitrification (Graf et al., 2014). These possibilities, however, require further investigation.

Proteobacteria were dominated by the classes Deltaproteobacteria, Gammaproteobacteria, and Alphaproteobacteria (Figure 4). Genera that belong to Proteobacteria can do denitrification sensus stricto (complete denitrification; they host nir/nor/nosZ genes in their genomes) while the majority of Proteobacteria have mainly the nir/nor genes (Graf et al., 2014). In Alphaproteobacteria, besides the family Mitochondria (order Rickettsiales) that dominated at all sites, the other less abundant taxa (<10% relative abundance) were Rhodobacterales (Rhodobacteraceae) and Rhizobiales. Members of the Rhodobacteraceae family are abundant in coastal sites with high nutrient availability and anoxic, or anoxic/sulfidic (euxinic) regimes (Pohlner et al., 2019). Genera that belong to Rhizobiales have nirS and nirK genes so they are also potential denitrifiers (Rasigraf et al., 2017).

Within Gammaproteobacteria the dominant order at all sites including our control site was Chromatiales. Genera and species affiliated to Chromatiales are sulfur oxidizers known to utilize the accumulated sulfides, or thiosulfates to produce S0 (Imhoff, 2005). Chromatiales can proliferate when sediments are nitrate-replete, possibly performing chemolithotrophic denitrification (Aoyagi et al., 2015). Chemolithotrophic denitrification might be a naturally occurring process at the Waquoit Bay sediments, and we suggest that it can take place underneath the different oyster treatments especially after July. Other dominant orders within Gammaproteobacteria were aerobic ammonia oxidizers (Nitrosococcales; Ward and O’Mullan, 2002), heterotrophic denitrifiers (Oceanospiralles; Llorens-Marès et al., 2015; Marchant et al., 2017), and other taxa related with sulfur/hydrogen sulfide oxidation (Thiotrichales, Thiomicrospirales, and Ectothiorhodospiraceae; Robinson et al., 2016). Finally, our iTAG data showed dominant sulfate reducing microorganisms (SRM) within the order Desulfobacterales (Desulfobacteraceae) under the different oyster aquaculture treatments and at the control site.

The taxonomic composition of our bacterial communities is consistent with previous studies of Waquoit Bay (Coskun et al., 2019), and with studies of bacterial communities underneath oyster aquaculture sites (Azandégbé et al., 2012). The principal component ordination analysis (PCoA) based on bacterial phylogenetic similarity of communities collected from all sites (control and oyster aquaculture) over the season indicated discrete groups formed along the sampling season, that cannot be explained solely by observed minor differences at the class/order level. A significant portion of our ASVs (∼60%) below the order/family taxonomic levels is affiliated with “uncultured” taxa, about which little is known. The observed discrete groups could be be driven by changes in these uncultured taxa. These taxa may also contribute (together with our assigned denitrifying and anammox phyla) to elevated nitrogen production rates that occurred after the end of June in both 2018 and 2019. Some of these uncultured taxa in Waquoit Bay have been described as “microbial dark matter” with micro-aerophilic and anaerobic lifestyles, and show metabolic flexibility under anoxic and euxinic conditions (Coskun et al., 2019). This supports further the idea that bacterial communities in coastal sediments might be more tolerant than previously assumed of fluctuations in oxygen and sulfide (Marchant et al., 2017; Caffrey et al., 2019), and with possible consequences for nitrogen cycling processes that occur underneath aquaculture sites.

Bacterial communities underlying our aquaculture systems enhanced nitrogen removal when compared to control sediments. Observable accumulations of organic material below each aquaculture site were evident, particularly under the BC’s (Supplementary Table S3). Future investigations would benefit from photo-documentation of the time-course evolution of increasing organic material below study sites due to oyster biodeposits and biofouling of gear. Additionally, from this study we have learned that sulfide concentration data prior to site installation and then gathered throughout the season in 2 or more years at the same site would be tremendously valuable for understanding biogeochemical shifts in sediments underlying oyster aquaculture, whether biodeposits drive sediments toward sulfide concentrations that start to depress the sulfide-sensitive processes of denitrification and anammox, and start to favor DNRA. While N2 production rates also increase over the course of the summer at the control site, this pattern is magnified at each of the treatment sites. The last two months of the growing season during both 2018 and 2019, had significant increases in N2 flux from the sediments under each of the aquaculture treatments compared to the control sediments with the daily flux rates increasing ∼two- to four-fold over the referenced control site (Figure 3). The variability of flux measurements within a particular site likely represents the inherent heterogeneity of the sediments (i.e., presence/absence of bioturbators, disturbances, local concentrations of organic matter, etc.). Additionally, we observe an increase in the carbon content at each site over the growing season (Supplementary Table S3). The addition of carbon to the sediments is constituent with the measured N2 production fluxes. Moreover, the overall patterns are consistent year to year. Flux rates, and carbon and nitrogen content of the sediments at our control site were on par with rates under each of our treatment sites at the beginning of the second aquaculture season (2019) when oysters were returned to the site, indicating that sediments under aquaculture sites in Waquoit Bay returned to control conditions during the winter. Taken together with the molecular data we view this system as primed for nitrogen removal, that is enhanced through the activity of the overlying oyster aquaculture. The activity of the oysters does not change the structure of the underlying microbial but rather increases the activity of the natural community, with individual gear types influencing the balance between different nitrogen cycling processes.




CONCLUSION

This study examines the effect of different oyster aquaculture methods to stimulate nitrogen removal from the underlying sediments. We show that all three aquaculture methods stimulated nitrogen removal (i.e., greater N2 flux relative to a control site). An increase in the abundance of genes associated with nitrogen cycling was observed under our aquaculture sites which suggests that underlying microbial communities actively respond to changes caused by the deployments. A smaller magnitude seasonal increase in the expression of nitrogen cycling genes at our control site was observed. We acknowledge that our control site could be influenced by our nearby oyster deployments via the tidal cycles that can transport suspended material. However, the shallow depths and east-west fetch of the bay would minimize these influences at our control site location. Additionally, N2 production rates were significantly different between the control site and the different treatment sites, which indicates that nitrogen removal processes are affected by released organic material from the oysters (and possibly accumulation of additional organic material under the BCs). Floating bags and the suspended oyster deployments (OG) can distribute biodeposits over larger areas than BCs, diluting the impact of denitrification and thus nitrogen removal (Lunstrum et al., 2018), but we argue OGs and FBs (to a lesser extent) can also limit DNRA because they increase oxygenation of surface sediments. The consequence of this is that OG and FB (to a lesser extent) methods can limit nitrogen retention in the overlaying sediment in the form of ammonium.

The hydrodynamic setting (water depth, bottom characteristics, exposure to wind and waves), the method of oyster cultivation, and the stocking density of the oysters, can all affect nitrogen cycling via influences on availability of organic matter, nitrate, and O2 (Lunstrum et al., 2018). More work is needed to understand the effect of these factors on net nitrogen removal. Sulfur and sulfur-speciation can affect nitrogen cycling and therefore should be considered prior to the deployment of oysters at potential aquaculture sites where nitrogen removal is a priority. Here, we show that nitrogen removal underneath the different oyster treatments is active and that DNRA, which can be counter-productive to nitrogen removal because it leads to retention of nitrogen in sediments in the form of ammonium, can be influenced by the oyster farming method. The dynamic complexity of these many factors can be the reason behind the diverse results researchers have obtained regarding impact of oyster culturing on nitrogen removal from coastal settings. Monitoring of sulfide and organic content of sediments at aquaculture sites can help stakeholders to predict whether anticipated nitrogen removal rates at their site will follow patterns observed in Waquoit Bay, or whether nitrogen-retaining processes may be favored over time. One way to combat nitrogen retention that should be the topic of further study is the relocation of the aquaculture site in subsequent years to optimize microbially mediated nitrogen removal.



DATA AVAILABILITY STATEMENT

Amplicon and RNA-Seq sequences were deposited into NCBI SRA BioProject # PRJNA579576 under accessions SRR13101311–SRR13101212 and SRR13101827–SRR13101797 respectively.



AUTHOR CONTRIBUTIONS

PM wrote the first version of the draft with contributions from DR and VE. PM, DR, VE, and TS incorporated changes after reviewers suggestions. VE, CM, and DR conceived and planned the experiments. CM and CL installed the aquaculture systems. PM, VE, DB, RC, MC, CF, PG, SL, KP, AP, NS, and DR conducted field and laboratory analyses. TS contributed to statistical analyses. TR was the collaboration lead. All authors contributed to the article and approved the submitted version.



FUNDING

This work was supported by the National Oceanic and Atmospheric Administration and National Estuarine Research Reserve System Science Collaborative, award NAI4NOS4190145 (subaward 3004686666) to DR and VE.



ACKNOWLEDGMENTS

We acknowledge Dr. Andrew Solow at WHOI for invaluable advice on applications of statistical analyses to our data. We would also like to acknowledge Dr. Maria G. Pachiadaki (WHOI) for her assistance with metatranscriptome and iTAG analyses and graphics. Dr. Lindsay Hinkle, Adam Ziegler, Fatima Seuffert (Stonehill College), and Nan Trowbridge (NOSAMS, WHOI) for their field assistance.



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fmars.2021.633314/full#supplementary-material

Supplementary Figure 1 | Average porewater nitrate (A) and ammonia (B) concentrations in 2018.
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Supplementary Figure 3 | Water temperature, salinity, and oxygen measurements at 30 cm depth in 2018 (A) and 2019 (B). Uniform/consistent values were recorded at other depths in both years (Supplementary Table S1).

Supplementary Figure 4 | Hierarchical clustering of the three biological replicates from Control (A) and Floating Bags (B) oyster treatments using the Bray–Curtis dissimilarity index.

Supplementary Figure 5 | Hierarchical clustering of the three biological replicates from the Bottom Cages (A) and the Oyster Gro’ (B) oyster treatments using the Bray–Curtis dissimilarity index.

Supplementary Figure 6 | Average normalized abundance of denitrification genes expressed in the underlying sediments of the three oyster deployments during the biweekly sampling over the 2018 (A–D) and 2019 (A–D) sampling periods.
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Although eutrophication induced by anthropogenic nutrient enrichment is a driver of shifts in community composition and eventually a threat to marine biodiversity, the causes and consequences on ecosystem functioning remain greatly unknown. In this study, by applying a trait-based approach and measuring niche breadth of diatoms and copepods, the drivers and underlying mechanisms of the seasonal species succession of these ecological communities in a coastal system dominated in spring by Phaeocystis blooms were explored. It is suggested that the seasonal succession of diatoms and copepods is the result of several trade-offs among functional traits that are controlled by the seasonal abiotic and biotic pressure encountered by the plankton communities. The results of this study highlight that a trade-off between competition and predator, i.e., weak competitors are better protected against predation, plays an important role in promoting plankton species richness and triggers the Phaeocystis bloom. As often observed in eutrophicated ecosystems, only the biotic homogenization of the copepod community and the shift in the diet of copepods toward Phaeocystis detrital materials have been detected during the Phaeocystis bloom. The diatom and copepod communities respond synchronously to fluctuating resources and biotic conditions by successively selecting species with specific traits. This study confirms the key role of competition and predation in controlling annual plankton succession.

Keywords: diatoms, copepods, Phaeocystis, biodiversity, functional traits, seasonality, trade-off


INTRODUCTION

Coastal eutrophication induced by anthropogenic nutrient enrichment is one of the major threats to biodiversity (Vitousek et al., 1997; Halpern et al., 2008; Howarth, 2008). However, assessing the impact of eutrophication on biodiversity is a difficult task, because the multiple drivers shaping biodiversity interact and operate at different interconnected temporal and spatial scales (e.g., White et al., 2010; Dray et al., 2012; Hill et al., 2016). Eutrophication may not only cause excessive blooms of opportunistic species, species loss (Smith and Schindler, 2009) but also, subtle changes in functional trait composition; and may even lead to a loss of functional diversity (FD) caused by a biotic homogenization by favoring generalist (species with broad environmental tolerances) over specialist (species well adapted to particular habitats) species: the latter showed narrower niche breadth and a lower tolerance to high nutrient levels (e.g., Clavel et al., 2011; Nelson et al., 2013; Villéger et al., 2014; Wengrat et al., 2018; Chihoub et al., 2020). Functional traits are biological characteristics that influence the performance and survival of organisms (Violle et al., 2007). Biotic changes may alter biodiversity by selecting species that possess functional traits that confer to them a selecting advantage. For instance, light limitation, which typically occurs under high primary production events, may select species with morphological features that allow them to enhance their buoyancy (Naselli-Flores et al., 2021 and references therein). Communities mainly composed of functionally redundant species may improve ecosystem resilience and stability (e.g., Biggs et al., 2020), but the loss of FD and/or specialist species may deteriorate ecosystem functioning (Olden et al., 2004; Pan et al., 2016; Alexander et al., 2017). Understanding how functional traits relate to associated ecological strategies (i.e., a combination of functional attributes reflecting how species cope with their environment) and ecological specialization across productivity gradients, which defines the degree of tolerance to changing environmental conditions, is, therefore, important to better measure ecosystem functioning and health.

Over the last decade, trait-based approaches have been increasingly used in plankton ecology to understand the drivers of biodiversity changes along environmental gradients and to propose ecological generalities and predictions across ecosystems. Because functional traits mediate the responses of the species to their abiotic and biotic environment (Violle et al., 2007), they help to: (i) better understand how organisms interact with their surrounding environment; and (ii) identify key processes that influence biodiversity such as trait trade-offs (e.g., Kneitel and Chase, 2004; Litchman et al., 2007). While functional identity informs on competitiveness and ecological strategies (e.g., predation avoidance, Shipley, 2010; Muscarella and Uriarte, 2016), FD, in combination with null modeling, informs on the degree of functional convergence of a community and detects mechanisms of community assembly (e.g., abiotic filtering and competitive interactions, Mason et al., 2013). As it may influence conclusions, trait choice is a critical issue (Zhu et al., 2017) when: studying resource traits (e.g., nutrient uptake and light absorption); under-dispersion of traits reflects environmental filtering and/or hierarchical competition (Mayfield and Levine, 2010); and over-dispersion of traits is related to a competition governed by niche differences (Macarthur and Levins, 1967; Cornwell and Ackerly, 2009). When focusing on defense traits against predation (e.g., setae and toxin production), under-dispersion is related to a high predation pressure by generalists, and over-dispersion to a high predation pressure by specialists (Cavender-Bares et al., 2009).

The Eastern English Channel (EEC) is a well-mixed meso-eutrophic sea undergoing multiple environmental disturbances such as temperature rise (McLean et al., 2019) and nutrient enrichment, mainly from the Seine and Somme rivers (Thieu et al., 2009) as a result of anthropogenic activities in the watersheds, especially intensive agriculture practices (e.g., Garnier et al., 2019). This nutrient enrichment is known to trigger the recurrent spring Phaeocystis blooms of EEC (Lancelot et al., 1987; Lancelot, 1995; Breton et al., 2000, Breton et al., 2017; Grattepanche et al., 2011a,b; Bonato et al., 2016; Ménesguen et al., 2018). By affecting the diatom and copepod communities, two interacting key compartments of the ecosystem trophodynamics (Smetacek, 1999; Tréguer and Pondaven, 2000; Beaugrand et al., 2003; Kiørboe, 2011; Mitra et al., 2014; Steinberg and Landry, 2017), this prymnesiophyte can disrupt the structure of the food web (Schoemann et al., 2005; Nejstgaard et al., 2007), especially during the late winter/spring and summer/autumn periods (Gasparini et al., 2000; Antajan, 2004).

By applying a functional trait-based approach to diatom and copepod communities collected over the period 2007–2013, and by measuring niche breadth of resources used and environmental conditions tolerated both at the species- and community level, the aims were to: (i) understand how diatoms and copepods in coastal waters of the EEC respond to seasonally changing environmental conditions; (ii) determine what drives plankton species richness and ecological specialization; and (iii) test whether taxonomic (species richness) and FD [functional richness (FRic), functional evenness (FEve), and functional divergence (Rao Quadratic entropy, RaoQ)] of plankton communities were affected by Phaeocystis blooms. Protozooplankton biomass (i.e., the sum of heterotrophic dinoflagellate, ciliate, and tintinnid biomass) and co-occurring phytoplankton groups were also considered in this study because of: (i) the diverse trophic regimes and feeding strategies of copepods depend on their food environment (Kleppel, 1993); (ii) diatoms may also be the prey of other predators other than copepods (e.g., Grattepanche et al., 2011b); and (iii) knowledge of the whole community composition may help to better depict trade-offs.



MATERIALS AND METHODS


Datasets

Hydrological and phytoplankton samples were collected at high tide at coastal station “C” (50°40′75 N; 1°31′17 E, 20–25 m maximum depth), which belongs to the French monitoring network SOMLIT1. Sampling was carried out on an average of every 3 weeks from February 2007 to December 2013. Subsurface (2 m depth) temperature (SST, °C) and salinity (S) were measured with a conductivity temperature depth (CTD) Seabird profiler equipped with photosynthetically active radiation (PAR, E m–2 d–1) sensor (QSP 2300; Biospherical Instruments Inc.). Dissolved inorganic phosphorous (DIP, μM), inorganic silica (DSi, μM), and inorganic nitrogen [the sum of nitrates, nitrites, and ammonium; (DIN, μM)], total suspended matter (TSM, mg L–1), chlorophyll a (Chla, μg L–1), particulate organic carbon (POC, μgC L–1), phytoplankton, and protozooplankton were measured by means of a Niskin Water Sampler (8 L). Nutrient concentrations were quantified according to Aminot and Kérouel (2004) using autoanalyzer systems (Technicon, Alliance, and Seal Instruments), except for ammonium concentrations (NH4), which were assessed by fluorimetry according to Holmes et al. (1999) and Taylor et al. (2007). TSM was determined by filtrating a known volume of seawater through 47 mm precombusted and preweighed glass fiber filters (Whatman, GF/F, 47 mm), and drying it at 50°C for 24 h. POC was determined using a NA2100 Frisons CHN analyzer after filtration of 100–500 ml subsamples through precombusted glass fiber filters (Whatman, GF/F, 25 mm), then dried for at least 48 h at 50°C and exposed to HCl 1 N vapors for 5 h. Chla was estimated by fluorometry (Lorenzen, 1967) from subsample (100–250 ml) of seawater filtrated through glass fiber filters (Whatman, GF/F, 25 mm) and free of pigment (extraction in acetone 90% in the dark at 4°C for 12 h). The minimal volume values corresponded to the Phaeocystis bloom period that leads quickly to filter clogging. The maximal volume value corresponds to the maximal value fixed by the SOMLIT network. The average daily PAR experienced by phytoplankton in the water column, for 6 days before sampling, was obtained from a diffuse fraction (kd, m–1) and global solar radiation (GSR, Wh m–2) from the Copernicus Atmosphere Monitoring Service (CAMS) radiation service2 using the formula of Riley (1957). GSR was converted into PAR by assuming PAR to be 50% of GSR and by considering 1 W m–2 = 0.36 E m–2 d–1 (Morel and Smith, 1974). Wind stress (Pa) and direction (i.e., eastward and northward components of horizontal winds), as proxies of regional turbulence (e.g., MacKenzie and Leggett, 1991), were obtained from the National Center for Atmospheric Research (NCAR, United States)3 and the National Centers for Environmental Prediction (NCEP, United States). Subsurface and near-bottom environmental values were averaged for niche analysis (refer below “Ecological specialization”).

Copepods were collected on 96 separate occasions (sampling frequency of 4 weeks) with vertical hauls from the bottom (ca. ∼ 20–25 m depth) to the surface using a 200-μm mesh size working party (WP) 2 plankton net. The volume filtered was measured with a Tsurumi – Seiki (TSK) flowmeter (Tokyo Seimitsu Co. Ltd) and mounted on the mouth of the net (0.25 m2 mouth area). The volume of filtered seawater varied between 1 and 11 m3, the lowest values being recorded during the Phaeocystis bloom (from mid-April to mid-May) as a result of rapid net clogging. All copepod samples were preserved with 4% formaldehyde buffered with borax. The composition and abundance of copepods were determined under stereomicroscopy (Nikon SMZ1500) with 10–100x magnification in Dollfus chambers according to the determination key provided by Rose (1933). Copepod carbon biomass was calculated from (i) the median of the minimum and maximum weights for the CV and CVI copepodite stages; and (ii) the regression equations relating wet weight and dry weight (mg) to carbon (mg C, Wiebe, 1988). The minimum and maximum weights were estimated from the range values of copepodite length reviewed by Conway (2006) for the North Atlantic sector and species-specific length-weight relationships (Durbin and Durbin, 1978; Cohen and Lough, 1981; Williams and Robins, 1982; Dam and Peterson, 1991; Zakaria et al., 2018). The list of the copepod species identified in this study, the final carbon conversion factor values and their corresponding frequencies (%) and average biomasses (μgC L–1), are shown in Supplementary Table 1. Diatom, Phaeocystis, and dinoflagellate samples were fixed with Lugol-glutaraldehyde solution (1% v/v, a fixative that does not disrupt Phaeocystis colonies; Breton et al., 2006) and were kept at 4°C in the dark until microscopy analysis. Other protozooplankton samples, i.e., ciliates and tintinnids, were fixed with formaldehyde (Grattepanche et al., 2011a). Samples were examined using an inverted microscope (Nikon Eclipse TE2000-S) with 100–400x magnification after sedimentation in 5–25 ml and 25–100 ml Hydrobios chambers for phytoplankton and protozooplankton, respectively. Identifications were identified at the species level when possible, according to taxonomic literature (Halse and Syvertsen, 1996; Hoppenrath et al., 2009, for phytoplankton; Schiller, 1931–1937; Maar et al., 2002; Gómez and Souissi, 2007, for heterotrophic dinoflagellates; Kofoid and Campbell, 1929; Plankton Ciliate Project, 2002, for ciliates). For Synechococcus spp., picoeukaryotes, and cryptophytes, 5 ml samples were fixed with glutaraldehyde (1.33% v/v) and kept at −80°C until flow cytometry analysis (FACScan, BD Biosciences, Marie et al., 1999). Biovolumes were estimated using standard geometric forms according to Hillebrand et al. (1999). The number of Phaeocystis cells in the colonial stage of life was counted according to biovolume measurements of the colonies (Rousseau et al., 1990). Carbon biomass (μgC l–1) of phytoplankton and heterotrophic dinoflagellates was calculated using the carbon conversion factors of Menden-Deuer and Lessard (2000). For Phaeocystis solitary cells, Synechococcus spp., and picoeukaryotes, the values of 89.5 pg C cell–1 (van Rijssel et al., 1997), 154 fg cell–1, and 1319 fg cell–1 (Buitenhuis et al., 2012) were used, respectively. For flagellated and solitary colonial cells, only discriminated since 2007, the carbon conversion factors of 10.8 and 14.15 pg C/cell were applied, respectively (refer Table 1 in Schoemann et al., 2005). The biomass of ciliates and tintinnids was calculated using a conversion factor of 0.19 pg μm–3 (Putt and Stoecker, 1989; refer Supplementary Tables 1–4 and Supplementary Data for species list and biomass estimates).


TABLE 1. List of the diatom and copepod traits used in this study and their functional meaning.
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Phytoplankton and Copepod Species Traits

Information on resource traits is scarce in the literature for most phytoplankton species (Litchman and Klausmeier, 2008; Breton et al., 2017). Consequently, an a posteriori approach to defining resource use and requirement traits was used. For each species, biovolume (V, μm3), maximum linear dimension (MLD, μm), and the surface to biovolume cell ratio (S/V ratio) were calculated from the median values of a series of microscopic measures over the entire 1996–2019 diatom datasets acquired at Station “C” (Breton unpublished data). The apparent degree of silicification (1: slight; 2: medium; 3: heavy) and Tychopelagic/benthic habit (0: pelagic; 1: tychopelagic/benthic) was based on information from phytoplankton taxonomic literature (e.g., Halse and Syvertsen, 1996; Hoppenrath et al., 2009). The potential degree of coloniality (0: None; 1: <5 cells; 2: 5–20 cells; 3: >20 cells) was assessed through the cultivation of each diatom species under F/20 medium and with a light: dark cycle of 12:12 h at an irradiance of 400 μmol photons m–2 s–1 (Daylight HQIT-WD 250 W F, OSRAM GmbH, Munich, Germany).

Biovolume is a key trait because it relates to the various ecophysiological attributes for resource acquisition, reproduction, and predator avoidance (Litchman and Klausmeier, 2008; Table 1). Species with high S/V cell ratio and long cellular chain length that favor cell suspension in the water column and increase nutrient flux have a great competitive ability under nutrient limitation (Grover, 1989; Karp-Boss et al., 1996; Takabayashi et al., 2006; Musielak et al., 2009; Lovecchio et al., 2019). Higher S/V cell ratio and weaker silicified species have also been related to lower silica requirement under laboratory conditions [(Leynaert et al., 2004) and to DSi limitation (Martin-Jézéquel et al., 2000; Martin-Jézéquel and Lopez, 2003)]. Cell elongation enhances both cell buoyancy (Grover, 1989; Naselli-Flores et al., 2021) and protection against photoinhibition, especially for larger cells (Key et al., 2010; Schwaderer et al., 2011). The binary trait “Tychopelagic/benthic habit” may be informative of resource use and requirement, as benthic diatoms are often highly photosynthetic efficient species and potentially facultative heterotrophs (Cahoon, 1999). This trait may be also an indicator of ecosystem health, as demonstrated by the positive relationship between the FD of benthic diatoms and the productivity of coastal waters in the Baltic Sea (Virta et al., 2019). Besides reflecting resource use and/or requirement, prey biovolume (Litchman and Klausmeier, 2008), the degree of coloniality (Bjærke et al., 2015), and the apparent degree of silicification (Pančić et al., 2019) mirror ecological processes/functions linked to predation. By including: (i) the capacity to produce mucous or toxins; (ii) the presence of setae and/or spicules (that also favor buoyancy; Van den Hoek et al., 1995); (iii) the degree of silicification; and (iv) coloniality, the composite of defense traits reflect alteration of copepod grazing (Pančić and Kiørboe, 2018). The composite trait was obtained by summing the scores of each of these traits (refer Supplementary Table 5 and Supplementary Data).

The carbon-to-chlorophyll ratio for phytoplankton (C/Chla ratio, in μgC μgChla–1) and timing of bloom initiation of diatoms (in months) were then calculated. Although not being traits per se (Litchman and Klausmeier, 2008), they are the outcome of processes linking the actual traits of species and the alleviation, or accentuation, of external limiting factors, such as grazing pressure or nutrients/light availability (Thackeray et al., 2008; Jakobsen and Markager, 2016). The C/Chla ratio was calculated using microscopic counts and the cell carbon was computed from the equations of Menden-Deuer and Lessard (2000). Timing of bloom initiation of diatoms at Station “C” (refer Supplementary Data) was based on the cumulative biomass-based threshold method (Brody et al., 2013), using mean monthly diatom abundances over the period 1996–2019 and a limit value of 20%.

For copepods: (i) maximum size (mm); (ii) trophic preference (herbivory, carnivory, detritivory, and omnivory); and (iii) feeding mode (0: passive, 1: active, and 0.5: mixed feeding) were selected, as they directly/indirectly influence species fitness through growth, reproduction, and/or survival (Litchman et al., 2013; Kiørboe and Hirst, 2014). Most of them are responsive to changes in environmental conditions (McGinty et al., 2018). Data were obtained from the copepod trait database constructed by Benedetti et al. (2016) and completed by Brun et al. (2017), and references therein. For each copepod species, all available information on species size was compiled, and the maximum size value as representative of adult species was kept, note that sexual dimorphism was not considered. The degree of herbivory (carnivory, detritivory, or omnivory) was coded following Mondy and Usseglio-Polatera (2014). In this study, a coefficient of (i) 1/3 for omnivore; (ii) 2/3 for omnivore-herbivory (dominance of herbivory in copepod diet) or 2/3 for omnivore-carnivory (dominance of carnivory in copepod diet), with 1/4 for the two other diet categories; and (iii) 1 for species with carnivore/herbivore/detritivore diets, and 0 for the two other diet categories (refer Chihoub et al., 2020 for more details) was applied.



FD Metrics

In this study, four metrics (Step 1, refer Supplementary Figure 1 for a description of the five main steps of the statistical method) to characterize the functional structure and diversity of diatom and copepod communities were used as follows: (i) community-weighted mean (CWM); (ii) FRic, (iii) FEve; and (iv) Rao Quadratic entropy (RaoQ) as a proxy of functional divergence. CWM, the mean trait value among each community weighted by the relative biomass of each species (Garnier et al., 2004), is a proxy of functional identity. FRic corresponds to the volume of functional niche space filled by a species within a community (Villéger et al., 2008). FEve corresponds to the regularity with which species biomass in a community is distributed along the minimum spanning tree that links all species in the multidimensional trait space (Mason et al., 2005). RaoQ is the sum of pairwise distances between species, weighted by the relative biomass within the multidimensional trait space. This index was selected over the functional divergence metric for its stronger ability to detect assembly rules (Botta-Dukát, 2005; Botta-Dukát and Czúcz, 2016). The FD indices of the diatom community were calculated from the biovolume, the apparent degree of silicification, coloniality, the S/V cell ratio, MLD, and defense traits (as shown in Supplementary Table 5). For each observation (i.e., sampling unit), functional metrics were computed on log-transformed species biomass, to reduce a potential influence of outliers, using the R package (R version 3.5.3, 2019) “FD” (Laliberté and Legendre, 2010). A preliminary principal coordinate analysis (PCoA; “vegan” package; and Oksanen et al., 2011) was performed to calculate the multidimensional trait space for each sampling day and FD was calculated from a dissimilarity matrix calculated using both the PCoA axis, as new functional traits, and the Gower distance (Gower, 1971). The Gower distance allows us to combine traits of different types, including ordinal (Podani, 1999; Table 1). A square root transformation (“sqrt”), or a Lingoes correction for negative values (Lingoes, 1971), was applied when the distance matrix “species × species” was not Euclidean. The quality of the functional space (i.e., the similarity between the functional space and initial functional trait values) based on the corrected distance matrix varied from 0.64 to 0.94. The inference of environmental filtering and biotic interactions (Step 2, Supplementary Figure 1) was estimated from the deviation [standardized effect size (SES); Gotelli and McCabe, 2002] between functional metrics calculated on a given (i.e., observed) diatom community and functional values obtained from a random community: for each sampling date, trait data were randomized 999 times (“permatfull” in the “vegan” package), while maintaining species richness and abundance constant. SES was calculated as follows:
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where xobs is the observed values of the functional metric at a given date; [image: image] is the mean, and σran is the SD of the FD of randomly assembled communities. Assuming a normal distribution of the random communities, the traits derived from the sampling dates falling into the 95th (or higher) percentile of the random distribution were considered “over-dispersed” (i.e., niche differentiation being the major process driving community assembly) and trait falling into the 5th (or lower) percentile were considered “under-dispersed” (i.e., environmental filtering as the major process).



Ecological Specialization

Ecological specialization (Step 3, Supplementary Figure 1) was estimated by means of the multidimensional outlying mean index (OMI, hereafter called “environmental tolerance,” Dolédec et al., 2000) and unidimensional niche breadth analysis using the “ade4” (Chessel et al., 2004; Dray et al., 2007) and “hypervolume” packages (Blonder et al., 2014). The OMI was selected because it does not rely on any expected species response curves to environmental gradients and outperforms classical methods such as canonical correspondence or redundancy analysis (Dolédec et al., 2000). The OMI analysis seeks combinations of environmental variables that maximize average species marginality, i.e., the squared Euclidean distance between the mean environmental conditions used by a species and the mean environmental conditions available to this species. Hypervolume estimates the niche breadth of one or several dimensions from the calculation of uni or multivariate kernel density. This method captures irregular shapes and does not require a specific density function, unlike OMI analysis that requires normal distribution: estimation of the hypervolume is, therefore, more accurate when high-dimensional or holey datasets are considered. An accurate estimate of kernel density requires high amounts of trait/environmental data, which rises as dimensionality increases, however (e.g., about >67 and >770 for three and five dimensions, respectively, Silverman, 1986). For a comprehensive assessment of environmental gradients, the calculation was, therefore, based on the ecological specialization of long-term diatom and copepods datasets, collected between 1996 and 2019 at the station “C,” and from 2001 to 2017, respectively, in the downstream part of the Gironde estuary (Breton et al., 2000; Schapira et al., 2008; Breton et al., 2017; Richirt et al., 2019).

Environmental tolerance was based on species biomass, considering: (i) SST, S, Pa, nutrients, and PAR for diatoms; and (ii) SST, S, Pa, TSM, and POC for copepods. Unidimensional niche breadth related to resources (DIN, DIP, DSi, and light for diatoms; TSM and POC for copepods) was determined from kernel density using the environmental conditions encountered by species when present with a Silverman bandwidth estimator and a 0% quantile threshold (Blonder et al., 2014). An increase in these two indices of ecological specialization mirrors an decrease in the degree of specialization of the diatom or copepod community. Trophic homogenization within the copepod community was assessed from trophic preferences and feeding mode, as recommended by Mondy and Usseglio-Polatera (2014). For each copepod species and trophic trait, we first calculated the taxon specialization index (TSI) using the Gini-Simpson index (Gini, 1912; Simpson, 1949). Each TSI, where the trophic preference (the feeding mode) describes the degree of omnivory (the capacity to alternate between passive and active feeding), was then scaled by its respective minimum and maximum values to account for the different number of categories among traits (Mondy and Usseglio-Polatera, 2014). The community specialization index (CSI) was finally computed as the CWMs of each TSI: a value of 0 (1) corresponds to truly generalists (truly specialists).

All analyses were performed with R (R Development Core Team), version 3.5.3.



Exploratory Analyses

First, box plots (Step 4, Supplementary Figure 1) were computed combined with a locally weighted scatterplot smoothing (LOESS; Jacoby, 2000) curve in association with a 95% confidence interval (function “geom_smooth,” package “ggplot2,” Wickham, 2016) to depict the seasonal variations. Monthly differences were assessed by a Kruskal–Wallis test, followed by a post hoc Nemenyi test (Legendre and Legendre, 1998; package “PMCMRplus,” Pohlert, 2014). To explore and summarize seasonal changes in the abiotic environment, a principal component analysis (PCA) was performed with the “ade4” package. To explore seasonal variations in both the mean values of key biological traits and in the degree of ecological specialization of the diatom and copepod communities, a PCoA (Step 4, Supplementary Figure 1) was computed on a community dissimilarity matrix (Gower distance) using monthly data of niche breadth and CWMs of different functional attributes. The coupling (Step 5, Supplementary Figure 1) between the environment and key biological attributes (species biomass, functional structure, ecological specialization, and FD of diatoms and copepods) was then estimated by computing two separated co-inertia analysis (COIA; Dolédec and Chessel, 1994; Dray et al., 2003) on monthly means using the “ade4” package. Prior to all multivariate analysis, and for each variable, skewness of the data was removed to reach normality and all variables were to have a mean of zero and a SD of one (“caret” package; Kuhn et al., 2016). The principle of COIA consists of finding co-inertia axis by maximizing the covariance between the row coordinates of two matrices (in this study, the environmental variables and either diatoms or copepods). It defines axis that simultaneously explain the highest possible variance in each of the two matrices and describes their closest common structure. First, a PCA was performed on each matrix, and then applied the COIA (Dray et al., 2003). Explanatory environmental variables were: Pa and direction, S, SST, DIN, DIP, DSi, and protozooplankton biomass. While PAR and copepods biomass were included as additional explanatory environmental variables for diatoms, diatom biomass was added, the defense trait against predation (expressed as CWM) for copepods, and the abundance of their main predators (i.e., Chaetognaths, fish larvae and jellyfish; Hirst and Kiørboe, 2002). The COIA was sequentially built for: (i) environment vs. diatoms; and (ii) environment vs. copepods, with a manual backward selection of the significant variables to obtain the highest coupling coefficients, the strength of the coupling being based on the multidimensional correlation coefficient (RV; Robert and Escoufier, 1976). The variables included in the final COIA were selected (i) only if they displayed a significant seasonal trend in box-plots (refer the final list above), and depending on both (ii) the RV value and (iii) the contribution of variables to the construction of the co-inertia axis. The latter was estimated by means of Pearson correlation calculated between the variables and the scores of samplings on the COIA axis. Although the loadings describe how each variable contributes to each co-inertia axis, such information can be retrieved by the correlation coefficient between the variables and the co-inertia axis. A Monte Carlo permutation procedure (1,000 permutations) was applied to compute the RV and statistical significance. For PCA, PCoA, and COIA analyses, an ascending hierarchical classification (AHC) was used with Ward’s aggregation criterion on the two first component coordinates (“hclust” function of the “ade4” package) to reveal monthly clusters.

A variation partitioning (VP) analysis (Step 5, Supplementary Figure 1; “vegan” package; Borcard et al., 1992; Legendre and Legendre, 2012) was finally performed to estimate the contribution of Phaeocystis blooms, water masses, hydrometeorological (Pa and/or direction as proxies), and local environmental conditions (S, nutrients, PAR, and predator and/or prey biomass) on changes in the functional structure (i.e., the CWMs), ecological specialization (i.e., environmental tolerance and niche breadths), and FD (SES-RaoQ) of the diatom and copepod communities. To explain variations in species richness of the diatom and copepod communities, the contribution of assembly rules was added using SES-RaoQ as a proxy. SES-RaoQ is known to be the most appropriate FD index (Botta-Dukát and Czúcz, 2016) to detect both environmental filtering (trait convergence) and competition based on niche difference (trait divergence). As for the COIA, variables that attest to the hydrometeorological and local environmental conditions (abiotic and prey biomass) were selected backward to obtain the lowest residual proportion. To explore the effect of Phaeocystis blooms on species richness, functional structure, ecological specialization, and FD of the diatom community, a Kruskal–Wallis test was performed using different classes of Phaeocystis biomass [1: <100; 2: (100, 500); 3: (500, 1000); 4: >1,000 μgC L–1] coming from the 1996 to 2019 dataset (refer “Ecological specialization”).



RESULTS


Abiotic Environment and Plankton Composition and Biomass

The first principal component (PC1, 48.5% of the total variance) showed a seasonal gradient from relatively high turbulent (Pa as a proxy), less saline, nutrient-rich (DIN, DIP, and DSi), and poor PAR winter conditions to calm and relatively lighted, but nutrient-limited (DSi < 2 μM, DIN < 1 μM, and DIP < 0.2 μM), and saline summer conditions (Figure 1 and Supplementary Figure 2). The second principal component (PC2, 18% of the total variance) was mainly driven by wind direction (both north and eastward winds) and SST, suggesting that SST increased as north and eastward winds increased. The temperature-salinity diagrams mainly discriminated water masses according to temperature (Supplementary Figure 3). The vertical structure of water masses also showed seasonal variations; the spring-summer water masses (from March to August) being saltier and colder at the bottom depth; autumn-winter conditions (from September to February) were reversed.
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FIGURE 1. Principal Component Analysis showing the seasonal variations of the abiotic environment in coastal waters of the eastern English Channel over the period 2007–2013. Projection of the variables and of the observations (from January to December) on the factorial map (Eigenvalues are given into brackets, 66.5% of the total inertia). Blue and red arrows: significant Pearson correlation with the first (PC1) and second (PC2) principal components. Blue, purple, pink and green ellipses: Hierarchical Agglomerative Clustering (HAC) of the observations on the factorial map using the Ward’s linkage. Photosynthetic Active Radiation (PAR m–2 d–1), Salinity (S, n.u), Sea Surface Temperature (SST, °C), Dissolved Inorganic Nitrogen (DIN, μM), Phosphorus (DIP, μM), Silica (DSi, μM), Northward and Eastward winds (m s–1).


Phytoplankton biomass was mainly composed of diatoms, except when Phaeocystis colonies prevailed (from March to mid-May, Figure 2A). Zooplankton biomass was mainly composed of copepods, except during the seasonal outburst of the meroplankton that was mainly composed of Echinodermata (in May, mainly Pluteus larvae, Figure 2B). While a slight decrease was observed during the peak of Phaeocystis, the biomass of diatoms followed the same seasonal dynamics as protozooplankton (sum of heterotrophic dinoflagellates and ciliates) and copepods (Figures 3A–D). Protozooplankton and copepod biomass progressively increased from winter months to May–June (Figures 3C,D), before decreasing. The C/Chla ratio showed strong seasonal variations, with maxima in April–May and minima in winter (Figure 3E).
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FIGURE 2. Seasonal variations in panel (A) phytoplankton composition (carbon biomass frequency) and total phytoplankton biomass (black line, μgC L–1), and (B) zooplankton composition (abundance frequency) and total zooplankton abundance (black line,103 ind. L–1). A-M, Auto- Mixotrophic; H, Heterotrophic. Teleostean included fish larvae and eggs. Jellyfish included Cnidaria and Ctenaria.
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FIGURE 3. Seasonal variations in the biomass (mgC L–1) of panel (A) diatoms, (B) Phaeocystis, (C) protozooplankton (ciliates and dinoflagellates), (D) copepods (mgC m–3), and (E) the C/Chla ratio in coastal waters of the eastern English Channel over the period 2007–2013. Black horizontal line inside box: median; box: first to third quartiles; whiskers: 1.5 times the interquartile range (IQR); dots: monthly data including outliers (>1.5 times IQR). The labels a and b show significant differences between months (p = 0.05, Nemenyi test). The solid line and ribbon represent LOESS smoothing and the 95% confidence interval, respectively.




Functional Structure and Ecological Specialization of the Diatom and Copepod Communities

Seasonal variations in the functional structure and ecological specialization of the diatom community characterized with LOESS over the period 2007–2013 (Supplementary Figures 4A,C,E,G,I,K,M,O and Supplementary Figures 5A,C,E,G,I,K) were similar to those obtained over the period 1996–2019 (Supplementary Figures 4B,D,F,H,J,L,N,P and 5B,D,F,H,J,L). However, Nemenyi tests revealed that monthly changes were more pronounced when using the 24-year time series. The PC1 of the PCoA (PCoA1; 51% of the total variance) (Figure 4A) suggested a seasonal shift in the functional structure and ecological specialization of diatom communities from the autumn fall winter to the spring period. This shift was characterized by a seesawing from communities exhibiting high silicification, low S/V ratio, presence of tychopelagic/benthic species, PAR specialization, and generalists relative to nutrient use, to more environmentally tolerant diatom communities (from May to July). During early spring and the Phaeocystis bloom period, communities exhibited an intermediate position (Figure 4A). The PC2 (PCoA2; 15% of the total variance) revealed that large-size diatom species with defense against predation prevailed from January to March and in October (Figure 4A). Although weakly associated with the first two principal components, we detected, for both time series, that CWM-MLD values peaked during the maximum of the Phaeocystis bloom (i.e., April; Supplementary Figures 4E,F).
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FIGURE 4. Principal coordinates analysis (PCoA) of the functional structure and ecological specialization of the (A) diatom and (B) copepod community in coastal waters of the eastern English Channel over the period 2007–2013. The percentage of the total variance explained by each axis is shown in parentheses. Months are grouped together following the results of a Hierarchical Agglomerative Clustering (HAC) using the Ward’s linkage and the two first coordinates of the PCoA. Each point represents a monthly averaged community sample. The ellipses show a 95% confidence level. H, niche breadth; PAR, Photosynthetic Active Radiation; DIN, DIP, DSi, Dissolved Inorganic Nitrogen and Phosphorous, and Silica; Chla, Chlorophyll a; S/V cell ratio, Surface to Volume cell ratio; MLD, Maximum Linear Dimension; Env. Tolerance, environmental tolerance; CSI, Community Specialization Index; TSM, Total Suspended Matter; POC, Particulate Organic Carbon. Thermal tolerance in panel (A) is not shown given its central position on the PCoA plane.


For copepods, the PCoA (the PCoA1 and PCoA2 explaining 56% and 22% of the total inertia, respectively, Figure 4B) showed that the communities were mainly composed, from February to May, of large omnivorous active feeders (i.e., high CWM-feeding mode values), omnivores with a relatively high propensity to detritivory and environmentally tolerant species, and generalists for TSM and POC. A contrasting pattern between the CWM-omnivorous and the CSI-trophic regime was detected. From June to September, communities were mainly composed of small and passive feeders with a low propensity to detritivory and specialists for both TSM and POC. In October, carnivorous copepods, with specialized feeding modes and specialized environmental requirements, dominated the community.

Accordingly, the CSIs of copepods for trophic regime and feeding mode had high values. Concerning the functional structure of the copepod community (Supplementary Figures 6A–M), significant monthly changes were only seen for maximum size (Supplementary Figure 6A) and feeding mode (Supplementary Figure 6B).



Species Richness and FD of Diatom and Copepod Communities

The annual cycle of diatom species richness exhibited a bimodal pattern (Figure 5A and Supplementary Figure 7A), with a peak in February–March and September–October. No significant monthly change was detected (Nemenyi test, p > 0.05). The annual cycle of copepod species richness was unimodal, peaking in August–September (Figure 5B). No monthly variation was detected between the volume of filtered seawater and copepod species richness (N = 96, r2 = 10–5, p > 0.05).
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FIGURE 5. Seasonal variations in the panels (A,B) species richness, (C–E) functional richness (SES-Fric), (E,F,J) functional divergence (SES-RaoQ), and (G,H,K) functional evenness (SES-Feve) of the diatom (A–H, in green) and copepod (B,I–K, in red) community in coastal waters of the eastern English Channel over the period 2007–2013. Def: defence traits against predation. Black horizontal line inside box: median; box: first to third quartiles; whiskers: 1.5 times the interquartile range (IQR); dots: monthly data including outliers (>1.5 times IQR). The solid line and ribbon represent LOESS smoothing and the 95% confidence interval. No difference between months (p > 0.05, Nemenyi test) was found between boxes for any of the variables.


Patterns of FD of the diatom community (Figures 5C–H, refer Supplementary Table 5 and “diatom.defense.traits” in Supplementary Data for more details on the calculation), differed among functional indices, independently of the sampling period (Supplementary Figures 7B–G). FRic (SES-FRic, Figures 5C,D and Supplementary Figures 7B,C) and divergence (SES-RaoQ, Figures 5E,F and Supplementary Figures 7D,E) for resource use and predation avoidance were lower than expected by chance. FEve values (SES-FEve, Figures 5G,H and Supplementary Figures 7F,G) were also not different from those expected by chance. The SES-FRic and SES-RaoQ were significantly negatively correlated to species richness for both resource use and predation avoidance (SES-FRic: r = −1, p < 0.001 and r = −0.98, p < 0.001, respectively; SES-RaoQ: r = −0.78, p < 0.001, r = −0.77, p < 0.001, respectively). SES-FEve was not correlated with species richness (r = 0.21, p > 0.05 and r = 0.01, p > 0.05, respectively).

For copepods, the SES-FRic (Figure 5I) and SES-RaoQ (Figure 5J) were also significantly negatively correlated with species richness, but to a lesser extent (r = −0.43, p < 0.001, r = −0.34, p < 0.001, respectively). Omnivory and herbivory, because of their respective high significant correlation with detritivory (r = 0.9, p < 0.001) and carnivory (r = −0.91, p < 0.001), were discarded from the calculation. The SES-FRic (Figure 5I) values for copepods were not different from those expected by chance. SES-RaoQ (Figure 5J) and SES-FEve (Figure 5K) values were mostly lower and higher, respectively, than expected by chance. FD indices did not show seasonal patterns (e.g., note the large 95% confidence intervals of the LOESS fits in Figures 5I–K and Supplementary Figure 6A–M).



Relationships Between the Functional Structure, Ecological Specialization, and FD, and the Abiotic and Biotic Environment

Co-inertia analysis showed a significant coupling (n = 63, RV = 0.49, p = 10–3) between the structure of diatom communities and abiotic/biotic conditions (Figures 6A,B, Supplementary Figures 8A,B, and Supplementary Table 6A). A seasonal pattern was delineated by the COIA (Supplementary Figures 8A,B). Although all environmental parameters were significant in structuring the seasonality of diatom communities, some were more important than others (Supplementary Table 6A). The first COIA axis (explaining 86% of the total inertia, Figure 6A) showed that diatom communities, composed predominantly of slightly silicified species, with a relative high S/V cell ratio, and the ability to form colonies, were associated to calm weather conditions and more saline seawater with relatively higher PAR, but low nutrients. Diatom communities, with mainly specialist species for nutrients but generalists for PAR, were also sensitive to environmental variations (relatively low “Tol” values); slightly silicified species bloomed later in the year. According to the second COIA axis (8% of the total inertia; Figure 6A), most diatoms with high defense levels against predation and DIN generalists were associated with colder seawater, rich in Phaeocystis biomass and characterized by a high C/Chla ratio, and large-bodied generalist omnivore copepod species. Under such conditions, diatom biomass was maximal. The third COIA axis (3% of the total inertia; Figure 6B) showed that species-rich diatom communities, characterized by the dominance of small MLD species, were associated with copepod communities dominated by specialist species. The SES-FRic and SES-RaoQ of the diatom community were the lowest for both resource use and predation avoidance (Figure 6B).


[image: image]

FIGURE 6. Projection of the environmental variables, species richness, functional structure, ecological specialization and functional diversity of (A,B) diatoms (N = 63, RV = 0.49, p = 10–3) and (C) copepods (N = 63, RV = 0.36, p = 10–3) on the factorial maps (A: 1–2, B: 1–3 and C: 1–2) of the co-inertia analysis performed on the diatom and copepod community in coastal waters of the eastern English Channel over the period 2007–2013. Bold labels: “environmental” variables. Only the variables that contribute the most to the construction of the axes are labelled (see Supplementary Table 6 for details). Gray arrows: no or low (r < 0.5) significant Pearson correlation between the variables and the first (blue arrows), second (red arrows) or both first and second or third (purple arrows) co-inertia axes. PAR, Photosynthetic Active Radiation; DIN, DIP, DSi, Dissolved Inorganic Nitrogen, Phosphorous, and Silica; SST, Sea Surface Temperature; S/V ratio, Surface to Volume cell ratio; MLD, Maximum Linear Dimension; CSI, Community Specialization Index; SES-FRic, the functional richness, SES-RaoQ, the functional divergence; def., defence against predation.


The coupling strength between functional structure (i.e., the CWMs), ecological specialization (i.e., environmental tolerance and niche breadth), and FD (SES-RaoQ and SES-FRic) of copepods, and environmental conditions (refer section “Materials and Methods”) was low but significant (n = 63, RV = 0.36, p = 0.001, Figure 6C). The seasonality of the coupling was unclear (Supplementary Figure 8C). The first co-inertia axis (explaining 84% of the total inertia) revealed that large, active-feeding, and omnivore copepod species (i.e., low CSI-trophic regime values) were associated with relative calm weather conditions, more saline Phaeocystis-rich waters, characterized by higher proportions of diatoms with defense levels against predation (Figure 6C and Supplementary Table 6B), and relative high abundance of jellyfish and fish larvae, but low abundance of chaetognaths. Copepods were tolerant to environmental fluctuations, with a propensity to detritivory. The second co-inertia axis (12% of the total inertia) exhibited that species-rich copepod communities were mainly composed of passive-feeding and trophic specialist species (i.e., high CSI-trophic regime values) with a low propensity to detritivory. Copepod species were also sensitive to environmental variations, especially under warm conditions and a high protozooplankton and jellyfish biomass (Figure 6C); this coincides with the lowest SES-FRic and SES-RaoQ values occurring in the copepod communities.

Variation partitioning analysis (VP, Figure 7A) exhibited that seasonal variations of the functional structure and ecological specialization of the diatom and copepod communities were not related to seasonal changes in environmental conditions, as shown by the high residual values. It was detected that the local environment contributed the most to the explained variance (i.e., 49%) in the functional structure and ecological specialization of the diatom community (adjusted r2 = 0.18, p = 0.001, i.e., 18% of the total variations of the diatom community), followed by hydrometeorological features (3%, p = 0.001) and the interaction between the local environment and hydrometeorological features is 16% (Figure 7A). The variations in the structure of the diatom community were also explained, but to a lesser extent, by the Phaeocystis bloom (1%, p = 0.001), predator biomass, and size (1%, p = 0.001), and their interactions (2%). The Phaeocystis bloom was the most contributing process to the functional structure and ecological specialization of the copepod community (15%, p = 0.001, Figure 7B). Hydrometeorological features (5%, p < 0.05) and their interaction with the Phaeocystis bloom (4%), and the interaction between the local environment and predators (3%), played a minor role. In contrast to the functional structure and ecological specialization of diatom and copepod communities, the proportion of unexplained variance was low (3%) for diatom species richness. Diatom species richness was mainly explained by the convergence of a combination of traits: SES-RaoQ decreased as species richness decreased (92% of the total variations in diatom species richness, p = 0.001, Figure 7C). As for the functional structure and ecological specialization, most of the variations of copepod species richness remained unexplained (69%), and the most contributing drivers are both the convergence of a combination of traits (Figure 7D) and its indirect influence through interaction with the local environment (27%).
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FIGURE 7. Variation partitioning of the effect of water masses movement and hydrometeorological features (wind stress and direction, white circle), local environment (abiotic and prey biomass, blue circle), Phaeocystis biomass (light green circle), predator patterns (light brown: maximum.size of copepods, and biomass of copepods and protozooplankton for diatoms; dark brown: biomass of fish larvae, chaetognaths and jellyfish for copepods), biotic interaction (trait clustering as a proxy; dark green: diatoms, orange: copepods; using SES-RaoQ), the interactions, and the residual proportion on the (A,B) functional structure and the ecological specialization and (C,D) species richness of the (A,C) diatom and (B,D) copepod communities in coastal waters of the eastern English Channel over the period 2007–2013. Proportions of variations [adjusted r2 calculated from redundancy analysis (rda)] in the response variables explained by the explanatory ones are shown. The statistical significance of proportions is calculated by permutation test for rda (∗∗∗p = 0.001, ∗∗p = 0.005, and ∗p < 0.05). Variance values below are not shown. Note that the shared partitions cannot be tested for statistical significance.


Phaeocystis biomass had no significant effect on the diatom species richness, biomass, FD (i.e., SES-FRic, SES-FEve, and SES-RaoQ), ecological specialization (i.e., niche breadths), or the functional structure (i.e., CWMs) of the diatom community (Supplementary Figure 9).



DISCUSSION

In this study, we investigated the challenging questions of linking the seasonal succession of planktonic organisms with resource and defense traits, and the identification of the conditions that shape species richness. The results showed that the diatom and copepod communities of the EEC respond synchronously to varying abiotic and biotic conditions. We highlighted that some environmental drivers acted on some trait combinations, through environmental filtering, leading to temporal succession in species composition. Such a pattern was possible through the expression of several well-established functional trait trade-offs that allowed us to optimize the fitness of a species in a particular environment. The results strongly suggested that the competition-defense trade-off (e.g., Hillebrand et al., 2000; Chase et al., 2002), a mechanism that favors weak competitors, better protected against predation, played a key role, not only in driving diatom and copepod species richness but also in triggering the Phaeocystis bloom (as shown below). We also revealed the key role of nutrient levels and competition for nutrients, and of prey-predator interactions in the seasonal succession of diatoms and copepods in the coastal waters of the EEC.

The seasonal succession of trait values within the diatom community along with the seasonal gradient of resource, turbulence, and grazing intensity, resulted from several trait trade-off effects: (i) a trade-off in the competitive ability for light vs. nutrients (i.e., S/V cell ratio, coloniality, and specialization for nutrients in opposition to silicification and specialization for light; as shown in Figure 4A; Huisman and Weissing, 1994; Leibold, 1997; Klausmeier and Litchman, 2001); (ii) a defense-competition trade-off (e.g., Hillebrand et al., 2000; Chase et al., 2002); and (iii) an opportunistic-gleaner strategy trade-off (Grover, 1990). We revealed a clear opposition in the dominance between r- and K-strategists: species with high maximum growth rate and photosynthetic efficiency adapted to low light but high nutrient and turbulent conditions on the one hand (e.g., diatoms: Armbrust, 2009, and Phaeocystis colony: Rousseau et al., 2007; Seuront et al., 2007; Nissen and Vogt, 2021), and species which have low maximum growth rate but high competitiveness for nutrients, such as Synechococcus and picoeukaryotes (Stawiarski, 2014), on the other hand. The defense-competition trade-off was deduced from the fact that the diatom communities with the highest proportion of level against predation species matched with periods of (i) high grazing intensity [i.e., late winter/spring (February–March) and late summer/autumn (September–October)] (Gasparini et al., 2000; Stelfox-Widdicombe et al., 2000; Antajan, 2004; Grattepanche et al., 2011b); and (ii) low competitiveness for nutrients (i.e., high silicification but low specialization for nutrients and low S/V cell ratio). The association between the defensive trait and cell biovolume was consistent with this functional trait trade-off (Figure 4A). To invest in defensive traits against predation, is generally metabolically costly, in such a way that prey with high defense levels has generally lower maximum growth rate, maximum resource uptake, and/or resource uptake affinity (Pančić and Kiørboe, 2018; Cadier et al., 2019; Ehrlich et al., 2020), all these types of defense costs being related to cell biovolume (Litchman and Klausmeier, 2008; Marañón, 2015).

We observed seasonal successions of copepod species of varying maximum size values, feeding strategies, trophic regimes, and vulnerability to predation along a seasonal gradient of turbulence, food level and composition, and predator abundance (Figures 2A,B, 3A–D, 4B, 6C), in line with a competition-defense trade-off. Actively feeding copepods feed more efficiently on non-motile than on motile preys (i.e., competitive specialists), but they are more at predation risk than ambush feeders (i.e., defense specialists) (Almeda et al., 2018). This suggests that the shift toward the dominance of ambush copepod feeders (i.e., predators) during summer might result from strong predation pressure on active-feeding copepods by zooplanktivorous organisms, especially jellyfish (i.e., Cnidaria and Ctenaria). The increasing abundance of jellyfish during summer (Figure 6C) is known to exert strong top-down control on copepods (Hirst and Kiørboe, 2002). Ambush copepod feeders, mainly carnivores (Figure 4B), were also smaller, and with a lower metabolic cost (Kiørboe, 2011 and references therein) than actively feeding copepods. The presumed strong predation pressure of jellyfish on active-feeding copepods, in combination with the shift toward dominance of motile prey, might also explain the shift in maximum size and diet change that we observed for the copepod community from July (Supplementary Figures 6A,C–F). The dominance of active feeding-current feeders observed during the first quarter is consistent with the dominance of non-motile prey of high food level (i.e., the spring bloom), their higher metabolic needs (Kiørboe, 2011 and references therein), and a lower abundance of zooplanktivore predators (Figure 6C). The prevalence of omnivory in winter and spring, which results from higher detritivory, is consistent with the high quantity of detrital material in winter, and both Phaeocystis aggregates and ghost colonies in spring (Becquevort et al., 1998; Mari et al., 2005). The significant decline in the grazing rate of copepods, often reported during a Phaeocystis bloom (Gasparini et al., 2000; Nejstgaard et al., 2007 and references therein), might result from a shift in the diet of copepods toward Phaeocystis detrital material.

We hypothesize that the increase in diatom species richness in early spring and autumn resulted from high grazing pressure by generalist copepods, which grazed the dominant highly competitive diatoms that displayed weak defensive traits. Annual maxima of diatom species richness (Figure 5A and Supplementary Figure 7A) matched with periods of annual maxima of defense level (Figure 6B and Supplementary Figures 4O,P) and high grazing pressure occurred at this time of the year (Gasparini et al., 2000; Antajan, 2004). Seasonal variations in diatom species richness were inversely related to functional divergence linked to resource and defense (SES-RaoQ and SES-RaoQdef) (Figures 5A,E,F and Supplementary Figures 7A,D,E). This indicates that species richness increased as the diatom community converged toward species of similar traits for resource and defense. Trait convergence, which results from abiotic stress (Cornwell and Ackerly, 2009) and/or competitive dominance and ensuing species exclusion (Mayfield and Levine, 2010), is unlikely given the increase in diatom biomass and species richness in early spring and autumn. Cavender-Bares et al. (2009) demonstrated that generalist consumers are expected to cluster prey communities toward species with high defense levels. Although we observed a pattern in line with Cavender-Bares et al. (2009) during the spring period, the autumnal peak in diatom species richness that we observed in the data was associated with specialist ambush and carnivore feeders: such a discrepancy may result from the high predation pressure exerted by jellyfish on generalist and actively feeding copepods (Figure 6C), which are more vulnerable to predation in comparison to passive ambush feeders (Kiørboe, 2011 and references therein). Copepod species richness also peaked in autumn, when the copepod community converged toward species of the similar maximum size, trophic preference, and feeding mode (Figure 6C) and when we observed dominance of copepod species less vulnerable to predation (i.e., passive ambush feeders; Kiørboe, 2011 and references therein, Almeda et al., 2018; refer also “feeding mode” in Figure 6C and Supplementary Table 6). However, the seasonal succession of copepod species was by far less evident than for diatoms. The lack of identification of the different copepodite stages, with sizes varying by one order of magnitude between the different copepodite stages (i.e., CI–CVI, Durbin and Durbin, 1978; Cohen and Lough, 1981), probably explained the result. Moreover, copepods live much longer than diatom cells (several months/up to 1 year for copepods, but a few days for diatoms) and their traits enable them to survive in unfavorable conditions. Large unexplained variance (>50%), as we quantified in the VP analysis, is common in ecological studies (Brasil et al., 2020 and references therein) and is often the result of (i) unmeasured environmental drivers, such as trace metals (Chappell et al., 2019); and (ii) potential antagonistic responses among species within a community (Brasil et al., 2020). Brasil et al. (2020) have also recently provided evidence that the assessment of biodiversity and FD is influenced by the presence/lack of rare species: rarity can contribute to large residuals when varpart models are computed. The uncertainty in plankton counts [estimated to be 10% for diatoms based on the table of Lund et al. (1958), and 3–40% for zooplankton (Mack et al., 2012; Kwong and Pakhomov, 2021) with an average of 30% (Frontier, 1969)] could have contributed to the large unexplained discrepancies found in the VP analyses (Brasil et al., 2020). Uncertainty in the species carbon conversion factors that we used for the calculation may have also influenced the estimations and the initial assumptions on how to capture the biological responses, such as linearity of the relationships between the response and explanatory matrices or statistical normality.

Despite potential shortcomings inherent to both the nature of the data and methodological assumptions, we characterized the important role of prey-predator interaction in shaping autumnal copepod community as a consequence of a strong predation pressure by jellyfish on the actively feeding copepods, which in turn induces relaxation of prey-prey competitive interactions. Because of the dominance of phytoplankton r- strategists in spring and autumn, generalist consumers might have grazed mainly on the dominant diatom species that displayed higher growth rates than diatom species with strongly defended cells. Several studies have suggested that species coexistence is possible only under both high grazing pressure and nutrient level conditions to allow the strongly grazed species to regrow after grazing (e.g., Proulx and Mazumder, 1998; Leibold, 1999; Worm et al., 2002). This could explain why diatom species richness declined in summer when nutrients are growth-limiting and the grazing pressure much lower than in spring and autumn (Gasparini et al., 2000; Stelfox-Widdicombe et al., 2000; Antajan, 2004; Grattepanche et al., 2011b). The defense-competition trade-offs could have reduced the frequency of well-defended, but poor-competitive, species and reduced diatom species richness in nutrient-limiting conditions that favor competitive exclusion. The relatively high S/V cell ratio and chain length values, but lowest silicification and defense level, observed in summer, reinforce this idea of the prevalence of competitive exclusion during this period. The concomitant shift toward niche differentiation through the tendency toward a decrease in functional divergence (e.g., Cornwell and Ackerly, 2009), according to the principle of limiting similarity (Macarthur and Levins, 1967), also suggested competitive exclusion. Such shift toward niche differentiation, paralleled by a decrease in species richness, started in April from the maximum of the Phaeocystis bloom. It suggests that the unbalancing of the defense-competition trade-off toward competitive exclusion began at the time Phaeocystis is a poor competitor for nitrate (Lancelot et al., 1998), has, in average, a lower maximum growth rate than diatoms (e.g., Breton et al., 2017 and reference therein), but strong protection against grazing by forming colonies that grow larger in the presence of predators (Jakobsen and Tang, 2002; Long et al., 2007; Nejstgaard et al., 2007, and references therein). Phaeocystis might have consequently benefited from the grazing preference of generalists toward poor-defended, but highly competitive, species (Figure 8). The seasonal maximum of the defense trait value (Figure 8A), the start of the transformation of Phaeocystis flagellate cells into colonial cells embedded into a mucopolysaccharide matrix (Figure 8B, orange arrow), as well as the timing of bloom initiation of Phaeocystis (Figure 8C, blue arrow), were synchronized. The results highlight the potential key role in the defense-competition trade-off besides nutrient level in triggering the Phaeocystis bloom, and more generally, the cardinal role of generalist consumers in the initiation of the bloom. As observed for other ecological communities [Chihoub et al., 2020 (copepods); Wengrat et al., 2018 (diatoms); Villéger et al., 2014; Menezes et al., 2015; Alexander et al., 2017 (fish); Rogalski et al., 2017 (daphniids); Donohue et al., 2009; Zhang et al., 2019 (benthic invertebrates)], eutrophication favors biotic homogenization, which in turn may favor blooms of inedible species such as Phaeocystis. We did not detect any negative effect of the Phaeocystis bloom on the plankton community (Supplementary Figure 9), but a shift of the copepod community toward biotic homogenization was detected.
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FIGURE 8. Winter-spring variations in panel (A) the Community-Weight mean of Defence against predation of the diatom community (standardized value; black line and dark green shading), and (B,C) Phaeocystis colonial cell frequency and biomass (standardized value; black line and green shading) in coastal waters of the eastern English Channel over the (A,B) 2007–2019 and (C) 1996–2019. The solid line and ribbon represent LOESS smoothing and the 95% confidence interval, respectively. Standardized values were calculated per year. Note that (A) the seasonal maximum of the defense trait value, (B) the start of the transformation of Phaeocystis flagellate cells into colonial cells embedded into a mucopolysaccharide matrix (orange arrow) and (C) the start Phaeocystis bloom timing (blue arrow) are synchronised. Note that the S/V cell ratio of diatoms as proxy of competitiveness is low at this time (C).




CONCLUSION

The application of a trait-based approach, combined with the assessment of ecological specialization, has made possible a better understanding of seasonal succession and biodiversity patterns in plankton along gradients of resources, turbulence, and grazing pressure. We have shown that species succession is driven by different trade-offs among functional traits, under the functional constraints dictated by the environmental pressure encountered by plankton communities across the seasons. We suggest that the competition-defense trade-off plays an important role in promoting plankton species richness and in triggering the Phaeocystis bloom in coastal waters of the EEC. By successively favoring species with ecological strategies that match environmental conditions, the diatom and copepod communities in coastal waters of the EEC respond synchronously to varying resources and biotic conditions.
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Coastal systems such as estuaries are threatened by multiple anthropogenic stressors worldwide. However, how these stressors and estuarine hydrology shape benthic bacterial communities and their functions remains poorly known. Here, we surveyed sediment bacterial communities in poorly flushed embayments and well flushed channels in Sydney Harbour, Australia, using 16S rRNA gene sequencing. Sediment samples were collected monthly during the Austral summer-autumn 2014 at increasing distance from a large storm drain in each channel and embayment. Bacterial communities differed significantly between sites that varied in proximity to storm drains, with a gradient of change apparent for sites within embayments. We explored this pattern for embayment sites with analysis of RNA-Seq gene expression patterns and found higher expression of multiple genes involved in bacterial stress response far from storm drains, suggesting that bacterial communities close to storm drains may be more tolerant of localised anthropogenic stressors. Several bacterial groups also differed close to and far from storm drains, suggesting their potential utility as bioindicators to monitor contaminants in estuarine sediments. Overall, our study provides useful insights into changes in the composition and functioning of benthic bacterial communities as a result of multiple anthropogenic stressors in differing hydrological conditions.
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INTRODUCTION

Estuaries are diverse and productive ecosystems that support many human activities. However, the diversity and functioning of these ecosystems are increasingly threatened by multiple anthropogenic stressors including contamination and habitat modification (Johnston et al., 2015a; Mayer-Pinto et al., 2017; Vadillo Gonzalez et al., 2019). Industrial contamination and pulses of stormwater carrying urban contaminants are some of the greatest threats to estuarine health and stability. Upon entering the waterway, the distribution and concentrations of contaminants in estuaries is largely dependent on hydrological conditions (Birch and Rochford, 2010; Mayer-Pinto et al., 2015; Machado et al., 2016; Nystrand et al., 2016). Specifically, under low flow conditions, any contaminants entering a waterway are likely to be retained for longer compared to the rapid transit and dilution that occur under high flow conditions (Sutherland et al., 2017). Hotspots of contamination have been documented where low flow estuarine environments exist naturally, such as at the ends of embayments (Birch and Rochford, 2010; Sutherland et al., 2017), or those created by built structures such as break-walls surrounding marinas (Floerl and Inglis, 2003; Johnston, 2011; Sim et al., 2015). Understanding the consequences of these hydrological differences for the distribution and potential impacts of contaminants is important to manage the health and stability of estuarine ecosystems.

Bacterial communities play a key role in ecosystem stability and functioning (Falkowski et al., 2008). Moreover, several bacteria are important for the biodegradation of contaminants such as excess nutrients, or petroleum hydrocarbons and speciation of metals (Hammack and Edenborn, 1992; Das and Chandran, 2011). Allison and Martiny (2008) proposed that changes in microbial communities in response to different environmental disturbances may directly influence ecosystem functions. Due to their importance for ecosystem function and their sensitivity to altered environmental conditions, bacterial communities can be used to monitor environmental perturbations (Sun et al., 2012; Aylagas et al., 2017; Glasl et al., 2017). It is therefore important to identify factors that influence bacterial communities and, as a result, alter the ecosystem functions they provide (Sun et al., 2013).

In the past decade, bacterial communities in coastal sediments and their responses toward anthropogenic stressors have received significant attention (Liu et al., 2014; Lawes et al., 2017; Beale et al., 2018; Birrer et al., 2018; Su et al., 2018). For instance, significant changes in bacterial community composition and predicted functions in surface sediments of Hangzhou Bay (China) in response to nutrients and metal contaminants were recorded by Su et al. (2018). In another study, the community composition and richness of benthic bacterial communities in chemically polluted sites along the coast of Italy were altered by polychlorinated biphenyls (PCBs), polycyclic aromatic hydrocarbons (PAHs) and metals (Quero et al., 2015). Sun et al. (2013) investigated the response of sediment bacterial communities to contaminant disturbance across six estuaries with differing levels of modification along the coast of New South Wales, Australia. They observed that sediment metals and silt content explained most of the variation seen in the community composition, while PAHs explained little of the variance. However, functional responses of bacterial communities in estuarine sediments to multiple urban stressors (e.g., metals and excess nutrients) are still not well-understood, as many previous studies have focused on community changes only (but see Lu et al., 2017; Birrer et al., 2018; Su et al., 2018).

The aim of the present study was to investigate how the diversity, community composition and functions of benthic bacteria in Sydney Harbour (Australia) change in relation to multiple contaminants and estuarine hydrology. Sydney Harbour is one of the largest estuaries in the world and a hotspot for biological diversity (Johnston et al., 2015b; Mayer-Pinto et al., 2015). In a previous study, Sutherland et al. (2017) assessed contaminant hotspots and biogeochemical processes in sediment communities at four locations in Sydney Harbour that were either poorly flushed (low flow and high retention) embayments or well-flushed (high flow and low retention) channels. For this purpose, sediment samples were taken monthly from two embayment and two channel locations at increasing distances (approximately 0, 200, and 1,000 m away) from a large storm drain. The authors observed significant differences in biogeochemical processes between the two retention types and changes in benthic metabolism with distance from storm drains. They suggested that embayments are particularly vulnerable to the negative effects of contaminant retention, while the apparent resilience of fast-flowing channels may mean that these locations are more suitable for handling stormwater inputs due to the potential for rapid dilution and transit.

In the present study, we assessed benthic bacterial communities by Illumina (MiSeq) sequencing targeting the bacterial 16S rRNA genes using the same sediment samples analysed by Sutherland et al. (2017). We further examined differences in gene expression patterns and in the composition of the potentially active bacterial community targeting embayment sediments at sites close to and far from storm drains by RNA-Seq analysis. Our main hypotheses were that bacterial alpha diversity measures and community composition differ between channels and embayments, and bacterial community structure and function in embayment systems differ depending on proximity to storm drains.



MATERIALS AND METHODS


Sampling Design

Sediment samples were collected monthly in the Austral summer-autumn between February 2014 and June 2014 (four sampling times) in Sydney Harbour (Port Jackson; 33°50‘S, 151°15‘E, Figure 1). Sydney Harbour is a drowned river valley (Roy et al., 2001) situated on the temperate south-east coast of New South Wales, Australia. It comprises a complex network of embayments and inlets connected through channels adjacent to a winding and increasingly larger channel opening to the Tasman Sea. Over the past 200 years, human activities including the dredging of shipping channels and land reclamation have extensively modified the bathymetry and shoreline of Sydney Harbour (Birch et al., 2009). Past urban stormwater inflows and historical industrial practices have left a legacy of contamination in surrounding sediments (Chariton et al., 2010; Dafforn et al., 2012).


[image: Figure 1]
FIGURE 1. Sampling locations in Sydney Harbour, New South Wales, Australia. Map shows (A) Australia, (B) Sydney Harbour estuary, and (C) locations sampled within the estuary. The Upper Parramatta River (100 km2; PR) and Lane Cove River (80 km2; LC) locations are well flushed channels with low retention. The embayments Hen and Chicken Bay (< 10 km2; HC) and Iron Cove (14 km2; IC) experience very little flushing and were therefore selected as high retention sites. Samples were taken monthly from February to May 2014. Sampling sites within each location (n = 3) are indicated by approximate proximity to a large storm drain (i.e., 0, 200, 1,000 m). Sites highlighted in red were selected for metatranscriptomics analysis (collected in February and March).


Four locations in the central portion of Sydney Harbour were randomly selected to represent different hydrology and water retention (Figure 1). Two locations were in well-flushed channels with low retention (Lane Cover River and Upper Parramatta River) and two locations were in poorly flushed embayments with high retention (Hen and Chicken Bay and Iron Cove River). The embayments contain high concentrations of contaminants (Irvine and Birch, 1998). Within each location, sampling was done at increasing distances from major stormwater outlets (0, 200, and 1,000 m), representing a potential gradient away from a contaminant hotspot. The three distances were selected based on hydrodynamic modelling by Lee et al. (2011) who described freshwater-plume penetration into the Sydney Harbour estuary during significant rainfall events (> 50 mm/day).



Sample Collection and Chemical Analyses

Sediment samples were collected during relatively dry conditions (<5 mm rainfall/day, Bureau of Meteorology, 2014). As a consequence, ongoing stormwater inputs into the estuary were minimal (<0.1 m3/s) (Birch and Rochford, 2010). The sampling and chemical analyses were described in detail by Sutherland et al. (2017). In brief, surficial sediments (<5 cm depth) were collected subtidally using a Van Veen sediment grab from a water depth of approximately 1.5–2.5 m at each distance. Two sediment grabs per distance were collected approximately 3 m apart and sub-sampled for the surface (<2 mm depth) microbial community in sterile, DNase- and RNase-free 2 mL cryo tubes. The surface 2 mm of sediment was sampled for the bacteria to target the most oxygenated layer that would be in contact with both the water and sediment to allow for comparisons with physicochemical measures collected from both media. To ensure that the transcription was directly related to environmental conditions, sediment samples for molecular analyses were immediately frozen in liquid nitrogen in the field. Samples remained in liquid nitrogen until returning to the laboratory and were then stored at −80°C until extractions were performed within 4 weeks of sampling.

The remaining grab sample was then homogenised in a clean tray and sub-sampled for metal, carbon, nitrogen and grain size analyses. Sediments from the whole grab (i.e., 0–5 cm depth) were used to determine sediment properties because a greater quantity is required compared to the microbial analysis. Plasticware used to collect sediment for metal analyses was previously soaked in 5% HNO3 for a minimum of 24 h and then rinsed in deionised water (Milli-Q™). Samples were kept in the dark on ice for transport to the laboratory. Samples for chemical analyses were frozen at −20°C. In brief, total organic carbon and total nitrogen were analysed at Isoenvironmental (South Africa) using 5–20 mg of dried, homogenised sample in a 20-20 IRMS linked to an ANCA SL element analyser (Europa Scientific). Metal analyses followed Dafforn et al. (2012). Sediments were oven-dried (50°C) and homogenised to a fine powder with mortar and pestle before microwave digestion according to method 3051A (USEPA, 2007). Metal concentrations were analysed using ICP-AES (Perkin Elmer, OptimaOptima7300DV, USA). Grain size analyses were performed on wet sediments using a Malvern laser particle size analyser (Mastersizer 2000, USA) and the percentage of silt content (% <63 μm) was calculated. All environmental properties are provided as Supplementary Table 1.



Extraction and Purification of Nucleic Acids

Environmental RNA and DNA were extracted from 2 g of wet sediment using the RNA PowerSoil® Total RNA Isolation Kit and the RNA PowerSoil® DNA Elution Accessory Kit (Mo Bio Laboratories Inc., Carlsbad, CA, USA, now Qiagen), respectively, according to the manufacturer recommendations (http://www.qiagen.com, accessed 25/01/21). Extracted DNA was purified using Agencourt AMPure XP (Agencourt Bioscience Corporation, Beverly, MA, USA) following manufacturer recommendations (https://www.beckmancoulter.com/wsrportal/techdocs?docname=B37419, accessed 25/01/21). DNA concentrations of all purified samples were quantified using a NanoDrop ND-1000 spectrophotometer (NanoDrop Technologies, Wilmington, DE, USA). To remove residual DNA from RNA samples, the TURBO DNA-freeTM Kit (Life Technologies, Carlsbad, CA, USA) was used following manufacturer recommendations for routine DNase treatment (https://assets.thermofisher.com/TFS-Assets/LSG/manuals/1907M_turbodnafree_UG.pdf, accessed 21/01/21). Subsequently, RNA was purified with the Agencourt® RNAClean® XP (Agencourt Bioscience Corporation, Beverly, MA, USA). The RNA integrity number (RIN) was measured for each sample to control for RNA degradation. The mean RIN for all samples was 7.72, where a RIN of 10 represents no degradation.

The absence of DNA in RNA samples was confirmed by PCR using the primers 515FB (5′-GTGYCAGCMGCCGCGGTAA-3′) and 806RB (5′-GGACTACNVGGGTWTCTAAT-3′) from the earth microbiome project (https://earthmicrobiome.org/protocols-and-standards/16s/, accessed 25/01/21). The PCR reaction mixture (50 μL) contained 10 μL of five-fold MyTaq Reaction Buffer (Bioline, Alexandria, NSW), 0.4 μM of each primer, 1 U of MyTaq DNA Polymerase (Bioline, Alexandria, NSW), and approximately 10 ng of purified RNA as template. The following thermal cycling scheme was used: initial denaturation at 95°C for 2 min, 28 cycles of denaturation at 95°C for 30 s, annealing at 50°C for 30 s, followed by extension at 72°C for 1 min. The final extension was carried out at 72°C for 2 min. Negative controls were performed by using the reaction mixture without template. Genomic DNA from Escherichia coli DH5α was used in the positive control. The success of the PCR was controlled by gel electrophoresis. No PCR signals were detected for the RNA samples.



Sequencing and Processing of the 16S rRNA Gene Data

Bacterial communities in sediments were assessed by paired-end sequencing targeting the 16S rRNA gene at the Molecular Research DNA (MRDNA) Lab (https://www.mrdnalab.com, Shallowater, TX, USA). The V2-V3 region was amplified with primers 104F (Bertilsson et al., 2002) and 530R (Lane, 1991) for consistency with our previous research to provide comparable results to the bacterial diversity investigations undertaken in the same estuary (Sun et al., 2013). PCRs were done using the HotStarTaq Plus Master Mix Kit (Qiagen, Valencia, CA, USA) under the following conditions: 94°C for 3 min, followed by 28 cycles of 94°C for 30 s, 53°C for 40 s, and 72°C for 1 min, after which a final elongation step at 72°C for 5 min was performed. After amplification, PCR products were checked in 2% agarose gel to determine the success of amplification and the relative intensity of bands. Samples were pooled together in equal proportions based on their molecular weight and DNA concentrations. Pooled samples were purified using calibrated Agencourt AMPure XP beads (Agencourt Bioscience Corporation, Beverly, MA, USA). The purified PCR products were used to prepare DNA library by following Illumina TruSeq DNA library preparation protocol using the MiSeq reagent kit V2 (Illumina Inc., San Diego, CA, USA). Sequencing was performed at the MRDNA lab (https://www.mrdnalab.com, Shallowater, TX, USA) on a MiSeq Sequencing platform (Illumina Inc., San Diego, CA, USA) following the manufacturer recommendations.

Obtained sequencing data were initially quality filtered with the Trimmomatic tool version 0.36 (Bolger et al., 2014). Low quality reads were truncated if the quality dropped below 10 in a sliding window of 4 bp. Subsequently, all reads shorter than 100 bp and orphan reads were removed. Remaining sequences were subsequently processed with USEARCH version 10.240 (Edgar, 2010). Paired-end reads were merged and quality-filtered. Filtering included the removal of reads shorter than 350 bp or longer than 470 bp as well as the removal of low-quality reads (maximum number of expected errors >1 or 1 ambiguous base). Processed sequences of all samples were concatenated into one file and subsequently dereplicated into unique sequences. Obtained unique sequences were denoised and clustered into zero-radius operational taxonomic units (zOTUs) with the unoise3 algorithm implemented in USEARCH (Edgar, 2010).

Chimeric sequences were removed de novo using the UCHIME algorithm during clustering (Edgar et al., 2011). Additionally, the unoise3 algorithm removed all unique sequences which appeared <8 times in the entire data set. Remaining chimeric sequences were removed using UCHIME (Edgar et al., 2011) in reference mode with the SILVA SSU Ref NR 99 132 database (Quast et al., 2013). To assign taxonomy of bacteria, unique and chimaera-free sequences were classified by BLAST alignment (Camacho et al., 2009) against the SILVA database with an e value cutoff of 1e-20. Processed sequences were mapped onto zOTU sequences to calculate the distribution and abundance of each zOTU in every sample using the otutab command with maxrejects and maxaccepts options disabled. All non-bacterial zOTUs were removed based on their taxonomic classification in the SILVA database. In addition, all zOTUs consisting of one single sequence (singletons) were removed prior to statistical analysis. The final OTU table is provided as Supplementary Table 2. Sequence characteristics are provided for each sample in Supplementary Table 3.



Sequencing and Processing of Metatranscriptomic Data

Based on patterns in the bacterial community composition observed from the amplicon sequencing, sediment samples collected at 0 and 1,000 m from the storm drain in the embayments at two sampling times (Feb/Mar 2014, n = 16) were selected for RNA sequencing. RNA libraries with fragment lengths of approximately 200 bp were prepared. Prior to library preparation, the quality of the total RNA samples was assessed on a Bioanalyzer 2100 using an RNA 6000 Nano Chip (Agilent Technologies, Santa Clara, CA, USA). Sample quantitation was carried out using Invitrogen's Ribogreen assay (Invitrogen, Carlsbad, Ca, USA). Library preparation was then performed according to the TruSeq Stranded mRNA protocol (Illumina Inc., San Diego, CA, USA) with the following modifications: the oligo-dT mRNA purification step was omitted and instead, 200 ng of total RNA were directly added to the Elution2-Frag-Prime step. The amplification step of the PCR was performed according to the manufacturer's recommendations, but the number of amplification cycles was reduced to 12. Each library was uniquely tagged with one of Illumina's TruSeq LT RNA barcodes and quantified using Invitrogen's Picogreen assay (Invitrogen, Carlsbad, Ca, USA). The average library size was determined on a Bioanalyzer 2100, using a DNA 7500 chip (Agilent Technologies, Santa Clara, CA, USA). Library concentrations were then diluted to 2 nM, and the concentrations were validated by qPCR on a ViiA-7 real-time thermocycler (Applied Biosystems, Foster City, CA, USA), using qPCR primers recommended in Illumina's qPCR protocol, and Illumina's PhiX control library as standard. The libraries were then pooled at equimolar concentrations and sequenced across two lanes on an Illumina HiSeq2500 sequencer in rapid mode at a read-length of 100 bp paired-end as recommend by the manufacturer. Sequencing was performed at the Singapore Centre for Environmental Life Sciences Engineering (SCELSE).

Generated sequencing data were initially quality filtered and residual adaptor sequences were removed with Trimmomatic version 0.36 (Bolger et al., 2014). The quality of the RNA data and the absence of adaptor sequences were controlled using FastQC version 0.11.7 (Andrews, 2010). Ribosomal RNA (rRNA) was removed in silico using SortMeRNA version 2.1 (Kopylova et al., 2012). Residual sequences were assembled using rnaSPAdes version 3.12.0 (Bankevich et al., 2012). The occurrences and abundance of each assembled transcript was determined by mapping the unassembled reads on the assembled transcripts using Bowtie version 2.3.2 (Langmead and Salzberg, 2012) with RSEM version 1.3.0 (Ferrari et al., 2011). Because RSEM cannot handle paired and unpaired data simultaneously, they were mapped individually, and the mean expected count was calculated from both assemblies taking the numbers of paired and unpaired reads into account. mRNA reads of all samples were assembled together and individual reads of each sample were mapped on obtained contigs. As we only compared transcription levels of individual genes between samples, gene length did not differ and thus was not considered in the analysis.

Prodigal version 2.6.3 (Hyatt et al., 2010) was used to predict open reading frames (ORFs) and protein sequences. Predicted protein sequences were functionally annotated using UPRoC version 1.2 (Meinicke, 2014) and the KEGG database (Kanehisa, 2002) implemented in UPRoC. To taxonomically classify assembled transcripts, we used Kaiju version 1.6.2 (Menzel et al., 2016) and the NCBI NR release with eukaryotic sequences (2018-02-23). Only bacterial transcripts were considered in the functional analysis. To obtain a deeper, PCR-unbiased insight into the active community, rRNA sequences identified with SortMeRNA were mapped on unique and chimaera-free sequences obtained from the 16S rRNA amplicon data using bowtie2 (Langmead and Salzberg, 2012). The final zOTU and transcript tables for the active bacterial community dataset can be found in Supplementary Table 4.



Statistical Analyses

All statistical analyses were performed in R version 3.4.0 (R Core Team, 2018) as well as in PRIMER 7 with the PERMANOVA add-on (PRIMER-E, Plymouth Marine Laboratory, UK). Differences were considered as statistically significant with p ≤ 0.05.

Environmental data (water and sediment characteristics) were normalised prior to statistical analyses. Multivariate datasets were initially explored with pairwise correlations between variables (Draftsman Plot). Where variables were strongly correlated (r > 0.9), a single variable was selected as representative for further analyses (e.g., Zn was strongly correlated with Al, As, Cd, Fe, Ni, Pb). Principal Components Analysis (PCA) was performed on normalised data to visualise relationships between retention type and proximity to storm drain as well as their interaction on environmental properties.

Differences in sequencing depth were tested by Kruskal-Wallis test. There were no significant differences in library size among distances, locations or sampling month. Hence, data were not normalised prior to further analyses (except for the alpha diversity analysis). Alpha diversity indices (richness, Shannon index of diversity, Faith's phylogenetic diversity, Chao1 and Michaelis-Menten Fit) were calculated using the R packages vegan 2.4.-4 (Oksanen et al., 2017), picante version 1.7 (Kembel et al., 2010) and drc version 3.0-1 (Ritz et al., 2015). Sample coverage was estimated using the Michaelis-Menten Fit calculated in R (Hughes et al., 2001). For this purpose, richness and rarefaction curves were calculated using the specnumber and rarecurve function, respectively, in picante. The Michaelis-Menten Fit was subsequently calculated from generated rarefaction curves using the MM2 model within the drc package. Faith's phylogenetic diversity was generated using Fasttree version 2.1.10 (Price et al., 2010). Prior to tree calculation, sequences were aligned using PyNAST against the aligned version of the SILVA database. All alpha diversity indices were calculated 10 times. The OTU tables were rarefied to 29,919 sequences in each iteration using the rrarefy function in vegan. The average of all iterations was used for further statistical analyses. Bacterial alpha diversity values are provided as Supplementary Table 3.

Changes in alpha diversity values, environmental properties and abundant bacterial families/genera were evaluated by linear mixed effects models using the R packages lmerTest version 3.0-1 (Kuznetsova et al., 2018) and MuMIn version 1.42.1 (Barton, 2018). As fixed effects, we entered retention type (two levels: channel, embayment) and proximity to storm drain (three levels: 0, 200, 1,000 m) as well as their interaction term into each model. The random factors considered in each model were sampling month (four levels: February, March, April, May) and location (nested within retention: LC, PR, HC, IC). The exception was for water properties, where months were the replicates. A reduced model including proximity to storm drain (0 and 1,000 m) and location (HC and IC) was applied to abundant bacterial genera from the entire (amplicon) and active (rRNA) datasets. The best model was chosen according to lowest Akaike information criterion (AIC). The sample size was relatively small in comparison to the number of estimated parameters. As a consequence, AICc was used for model selection in the R package MuMIn (2018). Visual inspection of residual plots did not reveal any obvious deviations from homoscedasticity or normality. The final model was calculated using the function lmer provided within “lmerTest” with restricted maximum likelihood.

P-values were obtained by likelihood ratio tests of the full model against models without each of the fixed effects. Significance levels for fixed factors and their interaction are based on F-values, calculated by a type III analysis of variance with Satterthwaite approximation for degrees of freedom within the R package lmerTest (Kuznetsova et al., 2018). Statistically significant results were followed up with Tukey's HSD comparison tests, with p-value adjustment (p < 0.01) due to multiple comparisons. For random factors, an ANOVA-like table with likelihood ratio test statistics was generated using the ranova function in R package lmerTest (Kuznetsova et al., 2018).

Overall patterns of the entire bacterial community composition were analysed by permutational multivariate analysis of variance (PERMANOVA; Typ III) with 999 random permutations using the PRIMER 7 statistical package with the PERMANOVA + add-on (PRIMER-E, Plymouth Marine Laboratory, UK). The factors considered in each model were retention type (two levels: channel, embayment), proximity to storm drain (three levels: 0, 200, 1,000 m) as well as their interaction term, and sampling month (two levels: February, March) and location (nested within retention: HC, IC). analyses were done with Bray-Curtis dissimilarity measures. Differences in community composition among the distance gradient in each retention type (retention type * proximity to storm drain) were tested using pairwise tests. Bacterial zOTUs were analysed with the environmental properties using distance-based linear modelling (DistLM). R2 selection criteria and all specified selection procedure were used in the analysis. Results were visualised with distance-based redundancy analysis (dbRDA).

Potential differences in the composition of the active bacterial community as well as of transcripts were investigated by PERMANOVA with 1000 random permutations using the vegdist and adonis function within the vegan package in R using Bray-Curtis dissimilarities. Differences in community composition were tested using pairwise PERMANOVA (https://github.com/bwemheu/pairwise.adonis). Transcripts being differently expressed between the two investigated distances were detected using DESeq2 (Love et al., 2014). Prior to testing for differential abundance, an independent philtre was used to exclude genes absent with <10 counts in the entire data set. We controlled the false discovery rate using the Benjamini–Hochberg procedure for multiple comparisons (FDR = 0.1).

To identify bacterial zOTUs that were differentially associated with sediments close to or far from storm drains in embayments, multi-pattern analyses were applied with functions multipatt and r.g from the indicspecies package (De Cáceres and Legendre, 2009). To enhance reliability of the indicator analysis, only bacterial zOTUs found in at least two samples and with an abundance ≥ 0.001 in the active bacterial community were considered. In addition, we performed this analysis for the entire bacterial community using the same samples as for the metatranscriptomic analysis. The results of the indicator analysis with regard to the distance gradient are provided as Supplementary Table 5.



Sequence Data Deposition

Sequence data were deposited in the sequence read archive (Ghosh et al., 2006) of the National Center for Biotechnology Information (NCBI) under accession numbers SUB7398817 (amplicons) and SUB7403872 (metatranscriptomes).




RESULTS


General Sediment Characteristics

To investigate the effect of multiple anthropogenic stressors and estuarine hydrology on benthic bacterial communities, a total of 96 sediment samples were collected in embayments and channels once a month in the Austral summer-autumn between February 2014 and June 2014 (Figure 1 and Supplementary Table 1). Environmental properties were checked for co-linearity with a Draftsman Plot and the dataset was reduced to include temperature, salinity, Co, Cr, Cu, Ni, Zn (as representative of Al, As, Cd, Fe, Pb), %TOC, %TN and silt content. We analysed the effect of retention type and proximity to storm drain as well as their interaction on water and sediment properties with linear mixed-effect models (Table 1) and visualised these differences with Principal Components Analysis (PCA) ordination (Supplementary Figure 1 and Supplementary Table 1). The first two axes of the PCA ordination explained 63.4% of the total variance. PC1 explained 45.6%, mainly in relation to higher metal concentrations and silt content in the sediments 0 m and 200 m away from storm drains in embayments. PC2 explained 17.8%, mainly in relation to higher %TOC and %TN in embayments compared to channels. Channel sediments and those from embayments collected at 1,000 m from storm drains clustered together.


Table 1. Environmental characteristics (mean ± sd).
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These results are supported by the statistical analyses. In general, sediment properties differed with retention type and distance from storm drain (Table 1 and Supplementary Table 6). Specifically, in embayments we observed significantly lower concentrations of several metals such as Cu, Ni, and Zn in 1,000 m samples compared to those from 0 and 200 m samples. We also observed greater organic carbon and nitrogen content in embayment sediments 0 and 200 m away from the storm drain compared to 1,000 m sediments. In contrast, metal concentrations, total organic carbon and total nitrogen did not differ with distance from storm drains in channels and tended to be similar to samples collected at 1,000 m in embayments. The silt content (grain size) did not differ between channel and embayment sediments and was variable with distance within these retention types. Sediment properties also varied spatially (i.e., among locations within retention type), but showed almost no temporal variation (i.e., among sampling times). Water temperature and salinity were consistent among retention types and with distance from storm drains although there was some spatial variation among locations within retention type.



Sediment Bacterial Community Composition

A total of 4,538,134 sequences with a mean of 47,272 (range: 29,919 to 69,706) sequences per sample were obtained after merging, quality filtering, denoising and removal of chimeric and non-bacterial sequences as well as singletons (Supplementary Table 3). Sequences were assigned to 15,954 bacterial zOTUs (Supplementary Table 2). A calculated rarefaction curve (Supplementary Figure 2A) as well as Michaelis-Menten Fit (Supplementary Table 3) confirmed that the sampling efforts of all samples were sufficient to represent the majority of the bacterial diversity (coverage: 77.4%). Species accumulation curves further indicated that more than 94% of all zOTUs (maximum number of zOTUs calculated = 16,928) were recovered by the surveying effort (Supplementary Figure 2B).

Six phyla dominated (>1% of all sequences across all samples) the entire bacterial community and accounted for more than 97% of all sequences analysed in this study (Supplementary Table 2). Approximately 60% of sequences across all samples were affiliated to Proteobacteria with Gammaproteobacteria (32.02%) as the predominant class, followed by Deltaproteobacteria (24.02%) and Alphaproteobacteria (3.39%). The other abundant phyla observed in this study were Chloroflexi (21.70%), Bacteroidetes (7.40%), Actinobacteria (3.22%), Acidobacteria (2.95%), and Epsilonbacteraeota (1.77%). The five dominant bacterial families were Desulfobulbaceae (11.58%), Anaerolineaceae (11.39%), Woeseiaceae (9.90%), Desulfobacteraceae (7.66%), and Flavobacteriaceae (4.58%; Figure 2).
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FIGURE 2. Abundant bacterial families in embayment and channel sediments as determined by 16S rRNA gene amplicon sequencing. Only families with an average abundance >1% in the entire data set are shown. 1, February; 2, March; 3, April; 4, May.




Bacterial Communities Differ in Relation to Estuarine Hydrology and Proximity to Storm Drain

We used linear mixed-effects models and pairwise comparisons to investigate the hypothesis that bacterial communities would differ between channels and embayments and would differ with proximity to storm drain only in embayments. Bacterial diversity, richness and Faith's PD varied as a result of the interactive effect of retention type and proximity to storm drain, and there was also significant spatial (among locations) and temporal (among sampling times) variation (Figure 3 and Supplementary Table 6). OTU richness, diversity and Faith's PD tended to be lowest in the 0 m samples from embayments compared to 200 and 1,000 m away from the storm drain (Figure 3 and Table 2). Similarly, bacterial diversity tended to be lower in 0 m samples of embayments compared to 0 m samples of channels, although this was not significant (Figure 3 and Table 2). In contrast, sediments sampled in channels did not differ in diversity with distance from storm drains (Figure 3 and Table 2). Sediments for microbial analyses were collected from the surface (<2 mm depth) to reflect exposure to changes in both the dynamic water column and more stable sediments. This may be why the microbial communities varied over time, but the sediment properties were generally constant.


[image: Figure 3]
FIGURE 3. Alpha diversity measures (mean ± min/max) for benthic bacterial communities. Bacterial diversity was measured at increasing distance from storm drains (0, 200, and 1,000 m away) in embayments and channels. For all results of the statistical analyses (see Table 2).



Table 2. Statistical results of the pairwise comparisons investigating differences in bacterial (a) richness, (b) diversity and (c) Faith's PD.
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Several predominant families differed with distance from stormdrains, with the strongest patterns occurring in embayments (Supplementary Figure 3 and Supplementary Table 7). Flavobacteriaceae, Sulfurovaceae, Desulfobacteraceae, Sedimenticolaceae, and Thiotrichaceae were most abundant next to storm drains and decreased in relative abundance with distance from the storm drain. The opposite trend was observed for Desulfobulbaceae, Woeseiaceae, Actinomarinales, Ardenticatenales, SBR1031, Syntrophobacteraceae, B2M28, Ectothiorhodospiraceae and Thioalkalispiraceae. In contrast, the relative abundances of the Anaerolineaceae, Rhodobacteraceae, and Halieaceae, were similar among retention types. Hence, we analysed the influence of proximity to storm drain and retention type as well as their interaction on bacterial community composition by permutational multivariate analysis of variance (PERMANOVA) and dbRDA analyses based on Bray-Curtis dissimilarities (Figure 4 and Supplementary Table 6). We observed a clear separation of sediment bacterial communities by proximity to storm drain, which was more pronounced for embayment than channel communities (p > 0.001, Figure 4). This was detected even accounting for significant spatial (among locations within retention type) and temporal (among sampling times) variation in bacterial community composition (Supplementary Table 6).


[image: Figure 4]
FIGURE 4. Distance-based redundancy analysis (dbRDA) of bacterial communities in embayments (A) and channels (B) with regard to the distance from storm drains fitted to predictor variables. Ordination is colour-coded by site (proximity to storm drain) and retention type. Blue symbols are channel locations and orange symbols are embayment locations. The gradient in colour from lighter to darker represents the distances 0, 200, 1,000 m from a storm drain. Lengths of vector overlays indicate the relative influences of fitted predictor variables.




Bacterial Communities in Channels and Embayments Are Related to Different Environmental Variables

To identify the potential drivers of bacterial community composition in channels and embayments, we performed separate statistical analyses for each retention type. Fitting the environmental variables to the bacterial zOTUs with dbRDA revealed metal concentrations, total nitrogen, total organic carbon and silt content in the sediments explained 42% of the variation in bacterial communities in embayments (Figure 4A, Table 3, and Supplementary Table 8) and 39% in channels (Figure 4B, Table 3, and Supplementary Table 8). Fewer environmental properties measured in this study were significant predictors of bacterial community composition in channels compared to embayments (Figure 4, Table 3, and Supplementary Table 8). Notably, several important sediment properties (Zn and total nitrogen) were only significant predictors of bacterial community composition in embayments.


Table 3. Statistical results of the PERMANOVA investigating potential drivers of benthic bacterial community composition.
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Active Bacterial Community in Embayments Differed With Proximity to Storm Drain

We analysed samples collected close to and far from storm drains in two locations (Hen and Chicken Bay and Iron Cove) over 2 months (February and March 2014) by metatranscriptomics to test for differences in the community composition of the active bacteria among sites. Active bacterial communities across all samples were dominated by a few bacterial genera, such as Thiogranum (7.60%), Woeseia (6.82%), the Sva0081 sediment group (5.23%) and the B2M28 group (4.06%) (Figure 5 and Supplementary Table 4). At the DNA level, uncultured bacteria of the Desulfobulbaceae (10.90%) and Anaerolineaceae (11.20%) were predominant. Other abundant genera were, for example, Woeseia (8.30%), uncultured members of the Sva0081 sediment group (5.84%) and Thiogranum (3.08%). Several bacterial genera including Lutimonas, Actibacter, or Sulfurovum were abundant (>1% of the abundance in the DNA dataset) in the entire bacterial community, but rare (<1% of the abundance in the RNA dataset) in the active bacterial community. In contrast, Sedimenticola, Desulfosarcina, Desulfatiglans, and members of the OM190 group were highly abundant in the active, but not in the entire bacterial community.
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FIGURE 5. Abundant bacterial genera in embayments. Only genera with an average abundance > 1% in the 16S rRNA gene amplicon sequencing (entire) or in the rRNA (active) dataset, respectively, are shown. Entire and active bacterial communities were assessed by barcoding and mapping of rRNA reads on denoised unique sequences, respectively. HC, Hen and Chicken Bay; IC, Iron Cove; 1, February; 2, March.


Several of the predominant bacterial genera also differed in their relative abundances with distance from storm drains (Supplementary Figures 4, 5 and Supplementary Table 9). Consequently, we performed an indicator species analysis to identify bacterial zOTUs significantly associated with 0 and 1,000 m in embayments (Figure 6 and Supplementary Table 5). The number of bacterial zOTUs that differed with proximity to a stormdrain was higher in the entire (DNA) community compared to the active (RNA) bacterial community. Several bacteria including two zOTUs belonging to Lutimonas vermicola and three zOTUs of the genus Sulfurovum were significantly associated with 0 m samples of embayments, whereas others including zOTUs belonging to the genera Halioglobus, Woeseia and Thiogranum were uniquely associated with 1,000 m samples. In the rRNA dataset, three zOTUs belonging to Candidatus Electrothrix, one zOTU affiliated with Candidatus Electrothrix aarhusiensis as well as uncultured members of the Sedimenticolaceae and Thiotrichaceae were significantly associated with 0 m samples. Two zOTUs belonging to BD2-11 terrestrial group, OM190, the Pla3 lineage, Geothermobacter and Thiohalophilus showed unique associations with 1,000 m samples.


[image: Figure 6]
FIGURE 6. Bipartite association network of significantly associated bacterial taxa close to and far from storm strains in embayment sediments. Only uniquely associated taxa from entire (DNA) and active (RNA) bacterial communities are shown. For further information see Supplementary Table 5.


The active bacterial community differed significantly with proximity to storm drain and this was consistent among sampling times (Figure 7A). Specifically, the bacterial community composition differed significantly between sites close to and far from storm drains in February (p = 0.03, R2 = 38.6%) and March (p = 0.03, R2 = 38.6%) and this pattern was consistent among locations (Figure 7A).
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FIGURE 7. Ordination analyses of the composition of the active bacterial community [rRNA; (A)] and assembled non-rRNA transcripts (B). Only transcripts with known functional annotation were included in the analysis. Ordination is based on Bray-Curtis dissimilarities between samples and is colour-coded by distance from storm drain. Different symbols represent the two sampling months, February or March. Note that the nMDS axes have different scales for each ordination. The ordination plot for all (total) non-rRNA transcripts and those transcripts without known functional annotation can be found as Supplementary Figure 6. Data included in Supplementary Table 4. IC, Iron Cove; HC, Hen and Chicken Bay.


We further expected that gene expression of bacterial communities in embayments would differ between sediments close to and far from storm drains. To investigate this, we performed ordination analyses based on Bray-Curtis dissimilarities for assembled non-rRNA transcripts with known functional annotation (Figure 7B). We found a clear separation by proximity to storm drain and sampling month. Similar results were obtained when investigating all assembled transcripts as well as transcripts without known functional annotation. Statistical analysis by PERMANOVA revealed that the compositon of assembled transcripts with known functional annotation differed with distance from storm drains (p = 0.001, R2 = 7.06%) and sampling time (p = 0.04, R2 = 7.20%). In addition, these transcripts differed significantly among sites in February (p = 0.03, R2 = 16.5%) and March (p = 0.04, R2 = 16.9%).

We additionally identified 56 bacterial transcripts that were differentially expressed (p ≤ 0.001) between 0 and 1,000 m samples (Figure 8). The majority of these transcripts belonged to the HSP20 family (Heat shock proteins). Most transcripts encoding for the HSP20 family as well as multiple transcripts including those encoding for iron(III) transport system substrate-binding protein (K02012), nitrite reductase (NO-forming)/hydroxylamine reductase (K15864) and spore coat protein A (manganese oxidase; K06324) were expressed more at 1,000 m sites than other sites closer to stormwater outlets. By contrast, higher expressions of transcripts encoding for formyl-CoA transferase (K07749]) were detected in embayments close to storm drains. The transcripts for peptide/nickel transport system substrate-binding protein and for adenylylsulfate reductase, subunit A (K00394) and subunit B (K00395), were expressed significantly more at sites close to the storm drain at Hen and Chicken Bay, while a significantly higher expression of transcripts encoding for the arylsulfatase (K01130) were detected in Iron Cove samples collected at 1,000 m.
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FIGURE 8. Heatmap showing transcripts which were differentially expressed between 0 and 1,000 m samples of embayments. IC, Iron Cove; HC, Hen and Chicken Bay; A, 0 m; C, 1,000 m; 1_1, February Replicate 1; 1_2, February Replicate 2; 2_1, March Replicate 1; 2_2, March Replicate 2. The colour scale refers to log2 fold change normalised to the mean in each sample.





DISCUSSION

Over the past decade, the growing problem of contamination in marine systems, particularly urban estuaries, has resulted in an increase in research focused on understanding the impact of anthropogenic stressors such as metals or excess nutrients on bacterial communities (e.g., Liu et al., 2014; Beale et al., 2018; Birrer et al., 2018; Su et al., 2018). To date, most studies have focused on changes in diversity and community composition. Consequently, the functional responses of these communities to contaminant stressors are poorly understood. Here, we showed that alpha diversity measures and the composition of bacterial communities were affected by the hydrology that influences retention of water and sediment contaminants. We further demonstrated that bacterial communities in embayments differed more among the distance gradient from storm drains than in channels. These findings support our hypotheses that bacterial communities in channels and embayment systems respond differently to proximity to stormwater inputs. Further we found that the composition and functions of the active bacterial community in embayments differed between sites close to and far from storm drains. In addition, we found greater expression of several genes involved in bacterial stress response at sites further away from than close to storm drains. These findings suggest that bacterial communities in sites close to storm drains may be better adapted to anthropogenic stressors.


Relationships Between Estuarine Hydrology and Benthic Bacterial Diversity

Ecological monitoring studies in soft sediments have traditionally used diversity metrics as indicators of anthropogenic disturbance with the expectation that effects of contaminants might include decreased richness and evenness of communities (Johnston and Roberts, 2009). Our previous work has established that bacteria are as sensitive, if not more sensitive than archaea and eukaryotic microbes to the stressors examined in this study (Sun et al., 2012, 2013; Birrer et al., 2018, 2019). Here we showed that alpha diversity measures and the overall composition of bacterial communities were affected by retention type (hydrology). Specifically, bacterial diversity tended to be lower in the embayments compared to channels and was lowest in proximity to storm drains. This pattern of reduced diversity occurred where contaminant concentrations including Cu, Ni, Pb, and Zn were highest, and sediments were also highly enriched with organic carbon and nitrogen. Thus, contaminants accumulating in the sediments adjacent to stormdrains in poorly flushed embayments may be contributing to loss of sensitive species and increased dominance of more tolerant taxa (Johnston and Roberts, 2009). Some specific groups of bacteria also differed with respect to retention type. We found that Desulfobacteraceae and Desulfobulbaceae were more abundant in embayments, with Desulfobacteraceae most abundant next to storm drains. Members of the families Desulfobacteraceae and Desulfobulbaceae are well known sulphate-reducing bacteria (Leloup et al., 2005; Gittel et al., 2008). Sulphate-reducing bacteria display a certain degree of metal tolerance as a secondary outcome of their metabolism (Valls and De Lorenzo, 2002). Our findings highlight the abundance of sulphate-reducing bacteria in embayments in Sydney Harbour and how their distributions might be related to hydrological conditions in estuaries. While Sydney Harbour is a large and complex natural harbour, future studies that include multiple estuaries under a range of rainfall conditions would be useful to investigate the broader applicability of our findings.



Legacy Contamination Near Storm Drains in Embayments Linked to Altered Bacterial Community Composition and Functioning

Our analyses also revealed that benthic bacterial communities were related to various natural and anthropogenic properties such as metals and nutrients in both channels and embayments. A study by Yan et al. (2018) observed that TN and TC of the sediment samples significantly affected bacterial communities in mudflat sediments from the Dongtan wetland of Chongming Island. Partly in line with our and the above-mentioned study, TN had no effect on benthic bacterial communities along the Pearl Estuary (China), while TOC significantly correlated with these communities (Liu et al., 2014). Interestingly, in our study metal concentrations better predicted bacterial community composition in embayments than channels. Specifically, bacteria from embayments but not in channels differed among the distance gradient from storm drains and we observed significantly lower concentrations of several metals and nutrients in embayment samples 1,000 m away from the storm drain compared to those from 0 and 200 m. This supports our hypothesis that bacterial communities in channel and embayment systems respond differently to proximity to legacy stormwater contamination, and is in agreement with previous observations that nutrients and metals accumulate close to input sources (Liebens, 2001; Birch and Rochford, 2010). Differences may be occurring because the bacterial community living in close proximity to storm drains in embayments has recruited under prevailing contaminant concentrations. Thus, high metal concentrations may have selected for those microorganisms more tolerant to metals as proposed by Gillan et al. (2005). Alternatively, the effect of metals on the bacterial community may be altered by the presence of excess nutrients in a so-called “antagonistic” interaction of multiple stressors. This might be supported by the higher total nitrogen and total organic carbon content found at 0 and 200 m in embayments compared to other embayment and channel sediments although only total nitrogen was a significant predictor of community composition. It should also be acknowledged that the microbial communities were sampled from the surface sediments (<2 mm depth) and thus variation may also reflect water or sediment properties that were not measured here such as light attenuation and pore water, respectively. However, experimental studies by the authors have identified direct causal impacts of metals and nutrients in sediments changing microbial communities (Birrer et al., 2018, 2019), and these stressor variables were statistically correlated with changes in this survey study and related studies (Sun et al., 2012, 2013; Dafforn et al., 2014).

In this study, the predominant genera between entire and active bacterial community differed significantly, which is in line with previous studies (Campbell and Kirchman, 2013; Wemheuer et al., 2017). While we cannot directly compare active and entire bacterial communities, as we used different approaches for the assessment, we observed that the uniquely associated zOTUs based on RNA-Seq analysis differed from those based on 16S rRNA gene sequencing. Nonetheless, consistent with our hypotheses and patterns in the entire bacterial community, the composition and functions of the active bacterial community in embayments differ between sites close to and far from storm drains. Such shifts may be explained by differences in metal and nutrient concentrations observed in the present study. Similarly to our study, significant changes in bacterial community composition and predicted functions, such as altered activity of genes involved in the nitrogen cycle as a response to anthropogenic activities, were recorded in a recent study on bacterial communities in surface sediments of Hangzhou Bay (Su et al., 2018). Dell'anno et al. (2003) showed in their study on the impact of metal contaminants on bacterial activities in coastal marine sediments that bacterial metabolism and turnover was inhibited by high metal concentrations. Our results together with previous studies (Wemheuer et al., 2015; Su et al., 2018) suggest that shifts in bacterial community composition result in altered community function.

Given the significant contamination found at sites close to storm drains, we also expected that the communities present would be highly stressed. Instead we found that several genes involved in bacterial stress response were more expressed at sites further away from storm drains. Further analysis revealed that the majority of differentially expressed transcripts belonged to the Hsp20 family. Heat shock proteins are involved in a universal molecular stress response and play an important role for cell growth and viability (Jung and Lee, 2012; Li, 2017). Previous studies showed that Hsp20 is involved in cellular defence under environmental stress conditions. In a study on the marine ciliate Euplotes crassu, many Hsps such as Hsp20 were up-regulated after metal exposure (Kim et al., 2018). Interestingly, these previous findings do not match our patterns in stress responses since metal concentrations tended to be higher near storm drains in embayments. However, this could be because the communities living in these degraded conditions are already tolerant to the contaminants present or less tolerant taxa have been subject to environmental filtering.

In addition to transcripts involved in stress response, we identified several other differentially expressed transcripts involved in the sulphur cycle such as the adenylylsulfate reductase (adenosine 5′-phosphosulfate [APS] reductase) or the arylsulfatase. The adenylylsulfate reductase plays an important role in catalysing APS to sulfite in the dissimilatory sulphate reduction pathway and thus represents a key enzyme in the energy metabolism of sulphate-reducing prokaryotes. The higher expression of adenylylsulfate reductase close to the storm drain in Hen and Chicken Bay may be related to higher organic content. In another study on arylsulfatase activity and arylsulfatase-producing bacteria in sediment samples collected from marine, estuarine and mangrove biotopes, higher substrate concentrations tended to inhibit the arylsulfatase activity (Chandramohan et al., 1974). This is supported by the present study, as a significantly higher expression of transcripts encoding for the arylsulfatase were detected in Iron Cove samples collected at 1,000 m where organic enrichment was lower.

In total, 96 and 16 sediment samples were analysed by 16S rRNA gene sequencing and RNA-Seq analysis, respectively. Calculated rarefaction and species accumulation curves confirmed that the library size was large enough to reflect the bacterial diversity in sediments investigated in the amplicon-based dataset. Nonetheless, the results of the current study are only valid for the proportion of the bacterial community covered by the surveying effort.



Bacterial Indicators for Biomonitoring at Storm Drains

Biomonitoring indicators need to fulfil several objectives (Rainbow, 1995). Firstly, they should be sensitive to the stressor of interest (e.g., metals and/or nutrients) and need to provide ecologically relevant information. Secondly, biomonitoring indicators need to produce repeatable information (i.e., low variability in the results from different replicates of the same treatment) and be reproducible in other systems with different contaminant concentrations. Finally, biomonitoring indicators should be transferable from the scientific sector to monitoring programs for easy and cost-effective application (Bourlat et al., 2013). Through indicator analysis, we identified several zOTUs belonging to the important sulphur-oxidising bacterial genera Thiogranum or Sulfurovum (Inagaki et al., 2004), which were significantly associated with 1,000 or 0 m samples, respectively. Furthermore, several bacterial zOTUs belonging to Candidatus Electrothrix showed unique associations with sites close to storm drains. These cable bacteria are long, multicellular filaments, that can conduct electric currents over centimetre-scale distances (Trojan et al., 2016). Taxa associated with 1,000 m sites could indicate sensitivity to elevated metal and nutrient concentrations since these decreased with distance from storm drains. Likewise, taxa significantly associated with 0 m sites might be more tolerant to multiple anthropogenic stressors. These are initial patterns and further testing including experimental manipulation would be needed to determine if these are important bacterial indicators for contaminants in estuarine sediments and could be applied more broadly for biomonitoring.




CONCLUSION

Our results indicate that the impact of environmental properties on benthic bacterial communities is largely determined by estuarine hydrology. Furthermore, higher nutrient and metal concentrations close to storm drains in embayments are important predictors of benthic bacterial community structure and function. These patterns were detectable over and above significant spatial and temporal variation suggesting wider applicability than just Sydney Harbour. Our results therefore contribute to a better understanding of benthic bacterial responses to different retention types and associated anthropogenic stressors and have implications for future management practices in highly urbanised estuaries. An appropriate management action might be to redirect stormwater discharge points into faster flowing waters where any associated contaminants will be diluted and flushed, thus lessening any localised impacts. Future studies should assess how benthic bacterial communities and their functions in estuaries are affected upon large storm events and additional studies in estuaries with varied morphology and flushing characteristics would lend weight to our conclusions.
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Acidobacteria
Actinobaceria
Bacteroidetes
Chloroflexi
Firmicutes
Patescibacteria
Planctomycetes
Proteobacteria
Spirochaetes
Verrucomicrobia

Spr:Sum

0.568
0.181
0.868
0.831
0.288
0.776
0.741
0.283
0.063
0.037

Spr:Aut

0.963
0.547
0.311
0.458
0.212
0.141
0.059
0.209
0.062
0.002

Spr:Win

0.719
0.217
0.550
0.078
0.747
0.329
0.262
0.703
0.301
0.028

Sum:Aut

0.531
0.269
0.085
0.287
0.934
0.145
0.033
0.528
0.713
0.100

Spr = Spring; Sum = Summer; Aut = Autumn; Win = Winter. The number is bold when P < 0.05.

Sum:Win

0.389
0.034
0.415
0.008
0.343
0.353
0.281
0.106
0.348
0.576

Aut:Win

0.748
0.009
0.322
0.003
0.273
0.327
0.487
0.074
0.492
0.359

Dry:Wet

0.472
0.125
0.162
0.288
0.987
0.064
0.022
0.867
0.698
0.008
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Spr:Sum Spr:Aut Spr:Win Sum:Aut Sum:Win Aut:Win Dry:Wet

Alphaproteobacteria 0.583 0.367 0.975 0.648 0.621 0.397 0.736
Anaerolineae 0.778 0.504 0.073 0.465 0.008 0.004 0.238
Bacteroidia 0.552 0.181 0.365 0.087 0.507 0.276 0.103
Clostridia 0.273 0.435 0.472 0.683 0.217 0.333 0.591
Deltaproteobacteria 0.164 0.340 0.029 0.954 0.182 0.263 0.112
Gammaproteobacteria 0.110 0.091 0.576 0.689 0.307 0.258 0.546
Phycisphaerae 0.704 0.791 0.238 0.529 0.168 0.295 0.165
Planctomycetacia 0.767 0.059 0.539 0.049 0.646 0.097 0.061
Subgroup 6 0.285 0.416 0.546 0.927 0.698 0.820 0.643
Verrucomicrobiae 0.037 0.002 0.028 0.100 0.576 0.359 0.008

Spr = Spring; Sum = Summer; Aut = Autumn; Win = Winter. The number is bold when P < 0.05.
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0.288
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0.028
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Spr = Spring; Sum = Summer; Aut = Autumn; Win = Winter. The number is bold when P < 0.05.
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Sample Salinity pH TOC (%) TN (mg/kg) TP (mg/kg) Sand (%) Silt (%) Clay (%)

WSK-spring 0.3 7.76 0.701 570.41 784.64 13.3 73.6 13.1
SDK-spring 0.2 7.67 1.178 1062.94 877.96 20.3 62.9 16.9
LHK-spring 0.3 7.52 0.573 653.37 892.15 3.5 76.6 19.9
QYK-spring 0.3 7.44 0.567 684.11 764.47 4.7 Féixs 17.5
XP-spring 0.2 7.82 0.685 562 757.24 5.3 73.0 21.8
WSK-summer 0.2 7.31 1.882 699.39 1238.77 6.6 722 212
SDK-summer 0.1 72 1.838 1328.17 1747.41 5.5 68.4 26.0
LHK-summer 0.2 7.43 0.946 596.87 942.06 7.8 70.7 21.4
QYK-summer 0.1 7.47 0.983 673.03 996.25 3.7 79.7 16.7
XP-summer 0.1 7.71 1.191 487.34 911.68 5.9 734 21.0
WSK-autumn 0.4 7.21 0.902 569.14 681.4 5.3 77.9 16.9
SDK-autumn 0.3 7.45 1.308 1767.83 1894.5 3.1 79.3 17.5
LHK-autumn 0.3 7.71 0.765 575.61 673.6 6.7 722 21«1
QYK-autumn 0.1 7.45 0.783 494.39 612.97 41 78.9 17.0
XP-autumn 0.2 7.62 1.224 350.57 796.2 4.8 70.7 24.5
WSK-winter 0.1 7.36 0.950 683.76 941.04 219 74.6 3.5
SDK-winter 0.1 7.4 0.920 907.44 1095.03 10.1 67.4 225
LHK-winter 0.2 7.67 1.102 1043.56 934.62 1.4 70.2 18.4
QYK-winter 0.1 7.52 0.888 666.94 785.36 5.6 75.3 19.1

XP-winter 0.2 7.44 1.069 769.02 782.42 3.5 69.3 272
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Sample Sequence OTUs Shannon Chao1 Coverage
number
WSK-spring 28216 4555 6.03 14957.26 0.89
SDK-spring 28809 6998 7.47 17844.58 0.85
LHK-spring 27131 5860 717 16069.85 0.86
QYK-spring 27792 7293 7.42 20425.93 0.83
XP-spring 29604 7049 7.31 19901.36 0.84
WSK-summer 27475 3097 6.39 4340.68 0.96
SDK-summer 28743 2476 5.93 3168.70 0.97
LHK-summer 30856 4268 6.96 5582.99 0.95
QYK-summer 28161 4024 6.93 5575.10 0.94
XP-summer 25333 3913 6.90 5157.06 0.94
WSK-autumn 61897 5680 6.63 7803.74 0.97
SDK-autumn 44830 5706 6.69 8937.88 0.94
LHK-autumn 54322 6378 6.89 9559.89 0.95
QYK-autumn 53658 6089 6.74 9395.95 0.95
XP-autumn 64510 7738 6.98 10809.38 0.95
WSK-winter 61042 6551 6.91 9959.52 0.95
SDK-winter 54951 5989 6.48 8507.48 0.96
LHK-winter 65719 7826 7.28 11497.49 0.95
QYK-winter 55954 7819 7.65 10888.70 0.95
XP-winter 70256 7834 7.66 9983.19 0.96
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OTU richness Shannon

R P R P
Chaot 1 - 0.503 0.024
Shannon 0.503 0.024 1 -
Salinity 0.376 0.102 —0.01 0.966
pH 0.531 0.016 0.332 0.153
TOC —0.633 0.003 —0.41 0.073
TN —-0.117 0.624 —0.169 0.475
LI —0.421 0.064 —0.465 0.039
Sand 0.204 0.388 —0.021 0.93
Silt —0.018 0.94 —0.037 0.876
Clay -0.197 0.405 0.058 0.808

The number is bold when P < 0.05.
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Traits Type? Range/Category Ecological process/Functional References
meaning
Phytoplankton/diatoms
Biovolume Numerical (R and D) The “master trait” for resource Litchman and Klausmeier, 2008
acquisition, reproduction, and predator
avoidance
S/V cell ratio Numerical (R) 0.02-4.62um~" Competitive ability under nutrient Grover, 1989; Karp-Boss et al., 1996;
limitation, silica requirement Leynaert et al., 2004; Takabayashi
et al., 2006; Musielak et al., 2009;
Lovecchio et al., 2019
Coloniality Ordinal (R and D) 0: No, 1: <5 cells, 2:[5-20], Competitive ability under nutrient Grover, 1989; Karp-Boss et al., 1996;

Apparent degree of
signification

Tychopelagic/Benthic

occurrence

Maximum Linear
Dimension (MLD)

Defense

Copepods
Maximum size

Trophic regime

Feeding mode

aR and D: Resource and Defense trait, respectively.

Ordinal (R and D)

Binary

Numerical (R and D)

Ordinal (D)

Numerical (R and D)

Fuzzy coded (R)

Ordinal (R and D)

3:[20, 100], 4:>100

0: <500; 1:>501um
1: Slightly, 2: Medium, 3: Heavily

0: Pelagic; 1:
Tychopelagic/Benthic
3-447 pm

04 (0: No defence, 4 many
defence traits)P

1z <1 mm, 23 [1; 2], and 8
>2 mm
Carnivory, Herbivory, Detritivory,
Omnivory®
0: Passive, 0.5: Mixed, 1: Active

bSee Supplementary Table 3 and Supplementary Data.
®See Chihoub et al. (2020) for more details.

limitation

vulnerability to predation
Silica requirement, vulnerability to
predation

Use of resources and habitat

Cell buoyancy, vulnerability to
photo-inhibition

Capacity at capturing the fluctuating
light and persisting in subsurface
waters

Predator avoidance

Feeding, growth, reproduction, survival

Feeding, growth, reproduction, survival

Feeding, survival

Takabayashi et al., 2006; Musielak
et al., 2009; Bjeerke et al., 2015;
Lovecchio et al., 2019

Djeghri et al., 2019
Martin-Jézéquel et al., 2000;
Martin-Jézéquel and Lopez, 2003;
Panci¢ et al., 2019

Grover, 1989; Key et al., 2010;
Schwaderer et al., 2011;
Naselli-Flores et al., 2021

Naselli-Flores et al., 2021

Panci¢ and Kierboe, 2018

Litchman et al., 2013

Litchman et al., 2013

Kigrboe, 2011; Litchman et al., 2013
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Location Fe-AOM rate (nLmol S-AOM rate in SMTZ Method References

CHscm=3yr ) (wmol CHy

cm~3yr 1)

North Sea 0.035 2.0 Laboratory incubations Aromokeye et al., 2020
Bothnian Sea (US5B) 1.3 ~ Laboratory incubations Egger et al., 2015a
Bothnian Sea (US5B) 0.08 0.79 Reactive transport model Rooze et al., 2016
Bothnian Sea Ore estuary (NBS) 0:15 9.5 Reactive transport model Lenstra et al., 2018; Rasigraf et al., 2020
Dover Bluff salt marsh 1.4 2.4 Laboratory incubations Segarra et al., 2013
Black Sea 1.46"107° 0.073 Reactive transport model Egger et al., 2016a
Baltic Sea, Bornholm Basin 9.1*104 0.029 Reactive transport model Dijkstra et al., 2018; Ash et al., 2019
Baltic Sea Landsort Deep 117103 0.27 Reactive transport model Egger et al,, 2017
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Location (mbsf)

Sediment characteristics

Method

Detected ANME clades

Suggested AOM-pathway

References

Gulf of California Guaymas
basin hydrothermal
sediment (2011)

Gulf of Mexico, cold seep
(>1,000)

South China Sea, Dongsha
area (1,024)

East Sea of Korea, Ulleung
Basin (>1,000)

Nyegga cold seep,
Norwegian Sea (746)

Bothnian Sea (Ore estuary
21-33; offshore 214)

Baltic Sea, Aarhus Bay (27)

Marine Lake Grevelingen,
the Netherlands (45)
Pojo Bay estuary, Finland
(7-34)

Lake Towuti, Indonesia,
ferruginous lake (60; 200)
Gold Creek Reservorr,
Australia (10)

Ferruginous terrestrial mud
volcano, Taiwan (0)

Hydrothermal, hydrocarbon rich
sediment; SMTZ/SR; 4-6,
8-11 cm deep

Biogenic methane seep;

Thermogenic methane seep,
top layer (0-15 cm)

High methane flux (methane
clathrates below); above SMTZ;
10-330 cm deep

SMTZ, methane
hydrate-bearing sediment

Methane seep; top 15 cm

Methanic; rich in Fe-oxides;
below SMTZ (16S first 50 cm)

SMTZ

SMTZ

SMTZ and below

Top 50 cm

Enrichment culture of top
sediment layer

0-160 cm depth profile

Metagenomics and
metatranscriptomics

Metagenomics,
metatranscriptomics, 16S rRNA
gene sequencing

Metagenomics, 16S rRNA gene
sequencing

etagenomics

etagenomics and
metaproteomics

etagenomics (Ore estuary)
16S rRNA gene sequencing (all)

etagenomics

16S rRNA gene sequencing,
batch incubations
Metagenomics, 16S rRNA gene
sequencing, batch incubations
Metagenomics, 16S rRNA gene
sequencing

Metagenomics,
metatranscriptomics, 16S rBNA
gene sequencing (enrichment
culture)

Metagenomics, 16S rRNA gene
sequencing

ANME-1, ANME-2¢

ANME-1(b)

ANME-1b

ANME-2a

ANME-1

ANME-3

ANME-2a/b

ANME-1

ANME-2d

ANME-2a

S-AOM; multi-carbon alkane
oxidizing archaea

SRB-independent S-AOM

S-AOM in syntrophy with SRB

S-AOM and Fe-AOM based on
presence of Fe(lll)/Fe(ll) and
Fe-reduction genes (supported
by geochemical data)

S-AOM

SRB-independent S-AOM

Fe-AOM; ANME-2a correlates
to methane and Fe-oxides
below SMTZ

S-AOM and methanogenesis
(cryptic CHy cycling)
SRB-independent S-AOM
Fe-AOM

Unclear — Fe-AOM?

Fe-AOM

Fe-AOM (possibly with a
synthrophic bacterial partner)

Dombrowski et al., 2017,
Wang V. et al., 2019

Vigneron et al., 2017, 2019

Vigneron et al., 2019

Lietal., 2019

Lee et al., 2016

Stokke et al., 2012

Rasigraf et al., 2020

Beulig et al., 2019

Bhattarai et al., 2017

Myllykangas et al., 2020b

Vuillemin et al., 2018

Caiet al., 2018

Tuetal., 2017
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Location (water depth (m)) Sedimentation Organic matter Diffusive CH4 References

rate (cm yr~1) accumulation rate efflux (mol

(molC m~2yr1) m-2yr-1)*

Lake Grevelingen (45) 13 91 0.2-0.8 Egger et al., 2016b
Himmerfijarden estuary station H5; downstream from sewage plant (25) 0.98 9.5 0.37 Thang et al., 2013
Himmerfjarden estuary station H3 (50) 0.82 9.3 0.25 Thang et al., 2013
Himmerfjarden estuary station H2 (30) Q.77 8.9 0.1 Thang et al., 2013
Average Inner shelf** (0-50) 0.56 7.8 0.21 Egger et al., 2018
Average Outer shelf** (50-200) 0.14 3.4 0.05 Egger et al., 2018

*Diffusive fluxes are calculated from porewater profiles and bottom water concentrations and do not include ebullition. **Based on literature review. For a recent overview

of benthic release of CHy in coastal systems, see Egger et al. (2016b).
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Sediment Water

Ponds
x10°CFU/g  Isolates  x10°CFU/ml lIsolates

1# 2340 148 1.000 79
24 4.7 62 0.728 93
34 104.7 54 1.050 105
a# 205 148 1.450 45
54 285.0 132 0.658 76
64 8.3 75 2.10 113
Nsp 260.0 35 1.820 14
Total 654 525

The aquaculture ponds are coded 1#-6#, and Nsp represents nature seawater pool.
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7.28
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312
2.82
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261

3.01

1.42

The aquaculture ponds are coded 14-64#, and Nsp represents nature seawater pool.
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R
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0.931
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0.662
0.828
0.676
0.069

0.001
0.278
0.001
0.001
0.001
0.001
0.001
0.001
0.001
0.265

Significant P-values (<0.05) are highlighted in bold.
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Distance (m)
Al (mg/kg)
As (mg/kg)
Cd (mg/kg)
Co (mg/kg)
Cr(mg/kg)
Cu (mg/kg)
Fe (mg/kg)
Mn (mg/kg)
Ni (mg/kg)
Pb (mg/kg)
Zn (mg/kg)
N (%)

TOG (%)

Silt content (% <63pum)

Pseudo-F

1.86
825
3.00
431
272
404
1.30
1.40
1.88
1.26
1.72
119
151
1.98
326

Channels

p-value

0.0004
0.0001
0.0002
0.0001
0.001
0.0001
0.1303
0.078
0.0087
0.1529
0.0208
0.2081
0.0597
0.0054
0.0002

Pseudo-F

231
4.93
5.26
8.77
224
229
3.98
1.94
224
197
212
2.57
3.05
124
1.08

Embayments

p-value

0.0001
0.0001
0.0001
0.0001
0.0002
0.0001
0.0001
0.0012
0.0002
0.0017
0.0002
0.0001
0.0001
0.1397
0.3239

Bacterial community composition was measured at increasing distance from storm dains (0, 200, and 1,000m away) in embayments and channels. Significant diferences (b < 0.05)
along the distance gradient in channels and embayments are indicated in bold.
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Embayment 200m vs. Channel Om
Embayment 200 m vs. Channel 200m
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Embayment 1,000m vs. Channel 0m
Embayment 1,000m vs. Channel 200m
Embayment 1,000m vs. Channel 1,000m
Channel Om vs. Channel 200m

Channel Om vs. Channel 1,000m

Channel 200m vs. Channel 1,000m

t-value

2.16
-3.10
—2.49
-0.53
-1.34

0.61

0.83
—-0.81
-0.01

1.09
-0.54

0.27

381

1.90
-1.91

Richness

p-value

0.1336
0.0028
0.0151
0.6410
0.2844
0.5444
0.4769
0.4875
0.9908
0.3667
0.6294
0.8044
0.0003
0.0616
0.0606

t-value

327
-2.83
-1.02
—1.61
—1.44

1.81

1.47
-0.19

0.36

262

0.96

0.79

262

2.89

027

Diversity

p-value

0.0343
0.0060
0.3102
0.1887
0.2294
0.0744
0.2202
0.8587
0.7375
0.0632
0.3960
0.4780
0.0108
0.0051
0.7890

1.556
—0.05
—-0.48

1.36
-0.24

0.30

3.48

232
147

Faith’s PD

p-value

0.0827
00145
0.0049
0.3605
0.2108
0.6918
0.2294
0.9603
0.6668
0.2752
0.8293
0.7871
0.0009
0.0233
0.2478

Bacterial communities were sampled at increasing distance from storm drains (0, 200, and 1,000 m away) in embayments and channels. Significant differences (p < 0.01) are indicated

in bold.
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Co (mg/kg)

Cr (mg/kg)

Cu (mg/kg)

Ni (mg/kg)

Zn (mg/kg)

TN (%)

TOC (%)

Silt content [<63 pm (%))
Temperature (°C)

Salinity

om

65£32*
61.5 4 31.8%
238 + 119*
165 +8.2%
920 + 580*
03+0.12
6.4£23
722+22.7°
222£33
342413

Embayment

200 m

68220
99.1 £ 559
323 £ 166°
1624 6.8°
819 £ 406°
03012
43+13®

o7 £22°
222433
342£12

1,000 m om
34416 5.6+2.8%°
46 + 40.2° 63.9 £ 56.6%
124 £ 122° 60.6 +34.3°

6440 103 +5.4%

251 & 142.8° 288 + 220°
0.1£0.1° 0.140.1°
17£07° 28+1.3%

798+ 14.5% 788+ 15.1%°
221+31 221432
302£13 382:£17

Channel

200 m

38+32°
4624642
424£325°
74610
197 £ 178°
0.1:£0.4°
2619
80.7 £ 16.7%
221£33
331£18

1,000 m

52£22%
66.1 £ 45.5%
78.5 4 29.2°
98+ 4.9°
293 + 157°
02010
4440
89.4 +8.6%
222433
38417

Sediment semples and water properties were measured at increasing distence from storm drains (0, 200, and 1,000m away) in embayments and channels. Significant differences
(b < 0.05) of water and sediment properties among al sites are indicated with different lowercase letters. Parameters included water qualty measurements (temperature, sanity),
sediment metals (Co, Cr; Cu, N, and Zn), seciment properties [total nitrogen (TN, total organic carbon (TOC), and silt content (% <63 m)]. For all results of the statistical analyses see

Supplementary Table 6.
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Temp (°C)

Sal (PSU)

pH

Chla (g Chla L")

NO;z + NO2 (nM)

PO (M)

Si (WM)

Bacterial abundance (108 x cells/ml)

T

225
59
789
35
o1
0.41
284
5.73std 0.16

T2

18.7
58
8.44
3
o1
0.18
411
5.25 std 0.06
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Repr. ASV GenBank (%id) Relative abundance of
triplicates (%)

T T2
Intramacronucieata Prostomatea (class) seq 20 Paraspathidium_apofuscum 031 388
(subphylum) FJB75140.1 (97)
Oligotrichia (subclass) seq 2 Strombidium_basimorphum 39.25 17.74
FJ480419.1 (100)
Choreotrichia (subclass) seq 13 Cyttarocylis_acutiformis 447 383
KY290816.1 (97.5)
Haptoria (subclass) seq 68 Monodinium_sp. 057 1.44
DQ487196.1(96.8)
Nassophorea (class) seq 54 Paraspathidium_apofuscum 138 063
FU875140.1 (97)
Oligohymenophorea seq79 Paraspathidium_apofuscum - 082
(class) FJ875140.1 (97)
Phyllopharyngea (class) seq 339 Paraspathidium_apofuscum - 025
FU875140.1(97)
Unclassified seq_20 Paraspathidium_apofuscum 0.40 712
FU875140.1(97)
Total: 46.08 35.71
Dinophyceae (class) Gonyaulacales (order) seq 99 Amphidiniella_sedentaria 267 0.09
LC057317.1(93.5)
Gymnodinium (genus) seq 59 Gymnodinium_sp. 021 0.22
KT860954.1 (100)
Peridiniales (order) seq 5 Heterocapsa_rotundata 371 7.60
KY980397.1 (100)
Suessiaceae (farmily) seq 4 Suessiaceae_sp. 586 10.09
LN898222.1 (100)
Thoracospaeraceae seq 28 Stoeckeria_sp. 390 432
(family) HGO05132.1(99.7)
Gymnodiniphycidae 56059 Gymnodinium_sp. 1.48 005
(family) KT860954.1 (100)
Unlassified seq 179 Dissodinium_pseudolunula 0.15 008
MK626523.1 (97.9)
Total: 17.98 2245
Chiorophyceae Tetracystis (genus) seq 22 Tetracystis_vinatzeri 377 029
(class) MH102326.1 (97.2)
Unclassified seq 24 Chlamydomonas_sp. 214 1.04
AB701511.2 (100)
Cryptomondales Teleaulax (genus) seq 78 Teleaulax_sp. 0.18 098
(order) MF179478.1 (100)
Unclassified seq_52 Teleaulax_acuta 0.72 1.09
LC334057.1 (100)
Diatomea (class) Nitzschia (genus) seq_119 Nitzschia_sp. 038 0.11
KU179129.1 (100)
Unclassified seq 333 Thalassiosira_pseudonana - 0.13
MN080330.1 (100)
Syndiniales (order) Amoebophrya (genus) seq_111 Amoebophrya_sp. 029 1.56
MK367927.1 (100)
Unclassified seq_158 Amoebophrya_sp. - 037

MK368189.1 (100)

Average relative abundance (in triplicates) of ASVs (>0.1% relative abundance) per timepoint. Totals provide sums of relative abundances for the two dominating taxonomic groups
(Intramacronucleata and Dinophyceae).
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Class Family Repr. ASV GenBank (%id) Relative abundance of triplicates (%)

AT FL
™ T2 T T2
Actinobacteria Acidimicrobiacoae seq 81 Actinobacterium - 034 043 377
HQB63610.1 (99.8)
Microbacteriaceae seq_12 Candidatus_Aquiluna_rubra 661 207 2084 827
AMO9977.1(99.5)
Sporichthyaceae 56035 Actinobacterium - 063 176 9.22
HQB63229.1 (94.7)
Flavobacteria Flavobacteriaceae seq_23 Flavobacterium 304 463 707 396
HQB836451.1 (99.6)
Cryomorphaceae 56058 Cryomorphaceae 181 076 143 120
KM279028.1 (94.2)
Cytophagia Cytophagaceae seq_101 Arcicella 5.44 - 077 -
AMO88939. 1 (99.3)
Cyclobacteriaceae s6q_28 Algoriphagus_BAL317 008 066 102 432
KIM586916.1 (99.6)
Sphingobacteria NST1- seq_80 Uncultured_Sphingobacteriales 090 - 057 031
12_marine_group MF042627.1 (99.8)
Gammaproteobacteria  Pseudomonadaceae seq_tseq 3 Pseudomonas 4045 4768 986 7.06
MHO18004.1 (99.6)
Other/Unclassified 027 168 075 154
Alphaproteobacteria Chesapeake- seq_18 Pelagibacterales 0.08 039 1.40 697
Delaware_Bay MK603696.1 (99.3)
Rhodobacteraceae seq_79 Rhodobacter 281 = 250 075
KT720393.1 (99.1)
Other/Unclassified 001 - - 128
Betaproteobacteria Comarmonadaceae Seq 43seq 27  Betaproteobacterium_BAL58 157 017 851 621
AY317112.1 (99.6)
Hydrogenophaga
AM110076.2 (99.9)
Alcaligenaceae seq_104 Burkholderiales - 009 051 161
KU382376.1 (99.6)
Opitutae Unclassified seq_39 Verrucomicrobia 021 058 138 150
HQB63618.1 (98.3)
Cyanobacteria Family | seq 77 Aphanizomenon_flos-aquae 168 418 381 148

AJ630442.1 (99.5)

Average relative abundance (in triplicates) of ASVs (>0.1% relative abundance) per timepoint and size fractions: FL (freeliving, 0.2-3 wm), AT (attached, 3-90 um).
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Samples Location Coordinates Chla Depth Density Tempera- Salinity NO,~ NO;~ NH4+ P03~ NT PT Si(OH)4
(ng/L) (m) (mg/m3) ture (g/L) (M) (M) (M) (M) (M) (M) (M)
(W]
S1B Tunis Gulf! 36.90N 10.49 E 0 52 26.00 22.73 37.62 0.26 0.89 0.32 0.13 9.95 357 1.81
S2B Hammamet Gulf! 36.80N 11.23 E 0 59 26.05 22.68 37.66 0.11 1.13 0.33 0.07 9.38 3.39 2.59
S2S8 Hammamet Gulf! 36.87 N 11.23 E 0 1 26.01 22.69 37.62 0.23 0.71 0.45 0.11 8.82 335 3.38
S3B Hammamet Gulf' 36.09N 11.18 E 0 74 26.30 21.53 37.55 0.06 1.16 0.37 0.17 8.99 2.57 1.44
S3S Hammamet Gulf' 36.09N 11.18 E 0 1 26.03 22.56 37.60 0.10 0.79 0.37 0.10 7.85 2/52 1.66
S4B Hammamet Gulf! 35.48N 11.54 E 0 78 26.94 18.85 37.45 0.10 1.09 0.35 0.14 8.69 313 2.46
S48 Hammamet Gulf' 35.48N 11.54 E 0 78 26.94 18.85 37.45 0.10 1.09 0.35 0.14 8.69 313 2.46
S5B Gabés Gulf 34.58N 11.79 E 10.2 42 26.10 24.19 38.32 0.10 1.14 0.22 0.13 8.62 3.14 2.03
S5S8 Gabés Gulf? 34.58N 11.79 E 0 1 26.11 24.18 38.32 0.14 0.79 0.27 0.11 9.15 3.06 2.67
S6B Gabés Gulf 34.60N 10.78 E 0 13 27.32 22.02 39.09 0.25 0.77 0.63 0.24 9.01 3.46 2121
S6S Gabés Gulf 34.60N 10.78 E 13.4 1 27.32 22.05 39.09 0.25 0.93 0.65 0.27 8.78 3.23 3.00
S7B Gabes Gulf? 34.42N 10.63 E 0 26 26.75 23.67 38.97 0.16 0.90 0.49 0.18 8.97 4.12 3.02
S7S Gabés Gulf 34.42N 10.63 E 0 1 26.75 23.68 38.97 0.17 1.10 0.43 0.18 8.26 3.18 1.20
S8B Gabés Gulf 34.30N 10.58 E 0 33 26.94 23.12 39.01 0.25 0.57 0.53 0.17 8.40 313 3.87
S8S Gabes Gulf? 34.30N 10.58 E 13.2 1 26.87 23.31 38.99 0.26 0.66 0.67 0.25 8.99 3.84 3.64
S9B Gabés Gulf 34.31N11.07 E 17.2 25 27.01 22.63 38.91 0.11 0.67 0.49 0.13 8.95 4.04 3.91
S9S Gabés Gulf 34.31 N 11.07 E 6.2 1 26.82 22.95 38.78 0.14 0.64 0.37 0.17 9.82 3.69 3.61
S11B Gabeés Gulf? 34.43N10.77 E 18.2 35 26.96 23.03 39.00 0.08 0.76 0.47 0.12 9.54 4.14 3.32
S11S Gabés Gulf 34.43N10.77 E 14.0 1 26.87 23.29 38.98 0.11 0.96 0.52 0.14 8.69 4.33 4.61

"Tunisian northern bays.
2Tunisian southern bay.
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