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Hearing impairment is the most common sensory disorder in humans. So far, rehabilitation of profoundly deaf subjects relies on direct stimulation of the auditory nerve through cochlear implants. However, in some forms of genetic hearing impairment, the organ of Corti is structurally intact and therapeutic replacement of the mutated gene could potentially restore near natural hearing. In the case of defects of the otoferlin gene (OTOF), such gene therapy is hindered by the size of the coding sequence (~6 kb) exceeding the cargo capacity (<5 kb) of the preferred viral vector, adeno-associated virus (AAV). Recently, a dual-AAV approach was used to partially restore hearing in deaf otoferlin knock-out (Otof-KO) mice. Here, we employed in vitro and in vivo approaches to assess the gene-therapeutic potential of naturally-occurring and newly-developed synthetic AAVs overloaded with the full-length Otof coding sequence. Upon early postnatal injection into the cochlea of Otof-KO mice, overloaded AAVs drove specific expression of otoferlin in ~30% of all IHCs, as demonstrated by immunofluorescence labeling and polymerase chain reaction. Recordings of auditory brainstem responses and a behavioral assay demonstrated partial restoration of hearing. Together, our results suggest that viral gene therapy of DFNB9—using a single overloaded AAV vector—is indeed feasible, reducing the complexity of gene transfer compared to dual-AAV approaches.

Keywords: gene therapy and therapeutic delivery, deafness/hearing loss, AAV (adeno-associated virus), Auditory Neuroscience, otoferlin, preclinical, in vivo, organotypic culture model


INTRODUCTION

According to the World Health Organization, ~466 million people world-wide suffer from disabling hearing loss (WHO, 2019). In the majority of these cases, hearing impairment is caused by exposure to damaging noise levels as well as aging, likely with a contribution of a genetic predisposition. Defects of individual so-called “deafness genes” explain at least 50% of hereditary hearing impairment, which affects 1–2 in 1,000 newborns. Currently, more than 150 non-syndromic gene loci have been identified in humans (Willems, 2000; Bowl et al., 2017; Michalski and Petit, 2019). At present, no curative therapeutic approaches are available for these patients. Hence, hearing aids or cochlear implants represent the standard of rehabilitation, but fail to fully recover normal hearing function. While novel gene therapeutic approaches for this and other conditions are currently in development, these treatments are not yet clinically available. However, several recent preclinical studies demonstrate that AAV-mediated gene replacement can restore hearing in mouse models for various deafness genes (e.g., Akil et al., 2012, Askew et al., 2015; Jung et al., 2015; György et al., 2017; Pan et al., 2017; Dulon et al., 2018; Akil et al., 2019; Al-Moyed et al., 2019; reviewed in Kleinlogel et al., 2020).

Among the targets for future gene therapy is the OTOF gene, which encodes the multi-C2-domain protein otoferlin. OTOF mutations lead to autosomal recessive non-syndromic prelingual deafness DFNB9 (Yasunaga et al., 1999) or hearing impairment that can be temperature sensitive (Varga et al., 2006). The prevalence of OTOF-related deafness accounts for up to 5–8% of autosomal recessive non-syndromic hearing loss cases in some Western populations (Rodríguez-Ballesteros et al., 2008) and hence, resides within the top five of genetic hearing disorders that require therapeutic intervention (Angeli et al., 2012). Otoferlin is abundantly expressed in sensory inner hair cells (IHCs) of the cochlea and serves a key role in the final steps of synaptic vesicle fusion at IHC ribbon synapses with afferent spiral ganglion neurons (Roux et al., 2006). Here, several functions of otoferlin have been proposed [reviewed in Moser and Starr (2016), Moser et al. (2019)], such as a role in (i) presynaptic Ca2+-sensing to trigger vesicular exocytosis upon IHC depolarization (Roux et al., 2006; Johnson and Chapman, 2010; Michalski et al., 2017) and (ii) efficient vesicular priming and replenishment of synaptic vesicles to the release site to ensure indefatigable and temporally-precise neurotransmitter release during periods of prolonged stimulation (Pangrsic et al., 2010; Jung et al., 2015; Vogl et al., 2015, Strenzke et al., 2016; Vogl et al., 2016). Mouse mutants serve as a valuable model system to investigate synaptic disease mechanisms (Moser and Starr, 2016) and together with clinical data [reviewed in Santarelli et al. (2015), Moser and Starr (2016)] indicate that preservation of cochlear morphology and function make otoferlin-related auditory synaptopathy amenable to clinical gene therapy.

Medical need and permissive cochlear status have generated great interest in gene therapy approaches to otoferlin-related auditory synaptopathy. However, due to the large OTOF coding sequence of ~6 kb and the restricted packaging size of standard adeno-associated viral vectors (AAV; <4.7 kb), (Grieger and Samulski, 2005) that are commonly employed for gene therapeutic applications based on their favorable biosafety profile, the delivery of full-length OTOF remains challenging. Recently, two independent studies have overcome this problem by using a dual-AAV approach and could show partial rescue of hearing in Otof-KO mice (Akil et al., 2019; Al-Moyed et al., 2019). Yet, the complexity of this approach makes clinical translation more challenging than in cases where a single AAV serves as the molecular therapeutic [reviewed in Kleinlogel et al. (2020)].

Here, we aimed to establish a simplified strategy for delivering the coding sequence for full-length Otof (fl-Otof-CDS) to IHCs of Otof-KO mice using a single AAV “overloading” strategy (Allocca et al., 2008; Grose et al., 2012; Hirsch et al., 2013; Pryadkina et al., 2015). Conceptually, this approach is based on attempting to package a CDS, which theoretically exceeds the predicted maximum insert capacity of the employed AAV—in this particular case, the fl-Otof-CDS (~6 kb) into a standard AAV (maximum capacity: 4.7 kb)—thereby technically “overloading” the virus. In fact, to establish the proof-of-principle for this approach for future cochlear gene therapy, we packaged the fl-Otof-CDS into not only one, but rather several naturally-occurring, as well as more recently developed and highly potent synthetic AAV serotypes. We then tested the potential of these overloaded AAVs for expressing functional otoferlin in IHCs of the mouse organ of Corti in organotypic cultures as well as in living mice upon early postnatal AAV injection. We show expression of fl-Otof in IHCs of Otof-KO mice that went along with partial hearing restoration, thereby demonstrating that single AAV overloading provides a feasible gene-therapeutic strategy for otoferlin-related auditory synaptopathy. Moreover, our data indicate that successful gene transfer by overloaded AAVs can be achieved independent of the employed AAV capsid composition.



MATERIALS AND METHODS


Molecular Cloning

Full-length mouse otoferlin (fl-Otof) was subcloned from a previously generated cDNA clone (pcDNA3-mOtof-IRES-EGFP) into a pAAV vector. The cloning procedure was done by in-fusion cloning according to manufacturer instructions (TaKaRa/Clontech, In-Fusion HD Cloning kit). Owing to the size of fl-Otof we amplified three overlapping otoferlin fragments which complement fl-Otof by high fidelity PCR using the HiFi-PCR-premix provided by the kit and fused into the linearized pAAV target vector to generate pAAV_fl-Otof. The corresponding vector map of pAAV_fl-Otof with ubiquitous CMV-β-Actin (CMV/hbA) hybrid promoter is shown in Supplementary Figure 1. Due to the lack of suitable restriction sites within the otoferlin coding region and the substantial length of the fl-Otof cDNA we refrained from using traditional T4 ligase-based cloning techniques. Instead, we applied in fusion cloning strategy to generate a fl-Otof plasmid. To this end we linearized the target vector for virus expression (pAAV) by digestion with the restriction enzymes NheI and HindIII (Fermentas). We amplified three otoferlin fragments complementing fl-Otof [fragment A (primer pair A_F2/R1), fragment B (B_F1/R1), and fragment C (C_F1/R2)], which contained overlapping regions with each other and with the linearized target vector (see Appendix A1). This step required fragment and primer optimization [e.g., by determining optimal fragment sizes and ratios and by using “split overlaps” to reduce primer lengths (primers see Appendix A1.1 and A1.2)]. Thus, the linearized vector and three fragments were simultaneously fused together using the TaKaRa/Clontech In-Fusion HD Cloning kit, following manufacturer's instructions. This approach yielded the final fl-Otof viral vector (pAAV_fl-Otof) used for subsequent virus production (Supplementary Figure 1B). Target pAAV vector linearized by NheI/HindIII digest and PCR-amplified otoferlin fragments A, B, C using the primer pairs are shown in Supplementary Figure 1A and Appendix A1.2. Note that primer A_F2 contains a 15 bp overlap with the target vector at the 5'-end and encodes the START-codon for expression of otoferlin, while C_R2 encodes the STOP codon and a 15 bp overlap with the AAV vector at the 3'-end. Restriction enzyme digestions and Sanger sequencing (SeqLab, Germany) was employed to verify the correct fl-Otof insert. The length of the otoferlin coding region is 5,979 kb comprising the mouse transcript variant 1 which contains the alternative Exon5B (NCBI accession numbers NP_001093865.1, Appendix A4). This sequence shows 94% identity to the human otoferlin sequence (NP_001274418.1), as determined by using the BLASTP algorithm (NCBI). A protein alignment of mouse and human otoferlin is shown in the Appendix A4 [CLUSTAL O(1.2.4)]. The CDS size (5,979 kb) is beyond the packaging capacity of adeno-associated virus of 4.7 kb (according to (Grieger and Samulski, 2005). A truncated otoferlin, consisting only of the C2E and C2F including the transmembrane domain (TM)—named in this study as “miniOtoferlin” (Supplementary Figures 2, 3A)—was generated in a similar way. Briefly, two overlapping fragments covering the C-terminal part of Otof were amplified from the cDNA clone (pcDNA3-mOtof-IRES-EGFP) by high fidelity PCR using the HiFi-PCR-premix provided (TaKaRa/Clontech, In-Fusion HD Cloning kit) and overlapping primer pairs (G_F1/B_R1 and C_F1/R1 for fragments G and C2, respectively) (see Appendix A1). For linking to EGFP, both fragments were fused simultaneously into pEGFP-C2 linearized by SacI (Thermo Fisher Scientific) using the in-fusion reaction according to the manufacturer's instructions (TaKaRa/Clontech, In-Fusion HD Cloning kit). The resulting EGFP-miniOtof fusion construct was subcloned to the linearized pAAV vector. Insert and vector were restricted using NheI and HindIII (Thermo Fisher Scientific) and complementary ends were ligated using T4 ligase. This approach yielded the final EGFP-miniOtof viral vector (pAAV_EGFP-miniOtof) used for subsequent virus production. Restriction enzyme digestion and Sanger sequencing (SeqLab, Germany) was employed to verify the correct EGFP-miniOtof insert.



Virus Production and Purification

AAVs were generated in HEK 293 T cells (ATCC) using polyethylenimine transfection (25,000 MW, Polysciences, USA) (Gray et al., 2011; Deverman et al., 2016). In brief, triple transfection of HEK 293 T cells was performed using pHelper plasmid (TaKaRa/Clontech), trans-plasmid providing viral capsid PHP.B (generous gift from Ben Deverman and Viviana Gradinaru, Caltech, USA), PHP.eB (gift from Viviana Gradinaru, Addgene plasmid # 103005; http://n2t.net/addgene:103005; RRID:Addgene_103005), Anc80L65AAP (gift from Luk Vandenberghe, Addgene plasmid # 92307; http://n2t.net/addgene:92307; RRID:Addgene_92307), AAV2/8 (gift from James M. Wilson (Addgene plasmid # 112864; http://n2t.net/addgene:112864; RRID:Addgene_112864), or AAV2/9 (Penn Vector Core, University of Pennsylvania) and cis-plasmid providing fl-Otof (see Supplementary Figure 1B). The cell line was regularly tested for mycoplasma. We harvested viral particles 72 h after transfection from the medium and 120 h after transfection from cells and the medium. Viral particles from the medium were precipitated with 40% polyethylene glycol 8000 (Acros Organics, Germany) in 500 mM NaCl for 2 h at 4°C and then after centrifugation at 4,000 g for 30 min combined with cell pellets for processing. The cell pellets were suspended in 500 mM NaCl, 40 mM Tris, 2.5 mM MgCl2, pH 8, and 100 U/mL of salt-activated nuclease (Arcticzymes, USA) at 37°C for 30 min. Afterwards, the cell lysates were clarified by centrifugation at 2,000 g for 10 min and then purified over iodixanol (Optiprep, Axis Shield, Norway) step gradients (15, 25, 40, and 60%) (Zolotukhin et al., 1999; Grieger et al., 2006) at 58,400 rpm for 2.25 h. Using this approach, empty AAV particles, cellular proteins, and deoxycholate residues are immobilized in the 40 and 25% iodixanol fraction and subsequently discarded. Finally, viruses were concentrated using Amicon filters (EMD, UFC910024) and formulated in sterile phosphate-buffered saline (PBS) supplemented with 0.001 % Pluronic F-68 (Gibco, USA) and titers measured using a AAV titration kit (TaKaRa/Clontech) according to manufacturer's instructions by determining the number of DNase I resistant vg using qPCR (StepOne, Applied Biosystems). Purity of produced viruses was routinely checked by silver staining (Pierce, Germany) after gel electrophoresis (Novex™ 4–12% Tris-Glycine, Thermo Fisher Scientific) according to manufacturer's instruction. The presence of viral capsid proteins was positively confirmed in all virus preparations. Viral stocks were kept at −80°C until the experimental day.



Organotypic Culture Preparation and AAV Inoculation

Organ of Corti explant cultures were essentially prepared as previously described (Kroll et al., 2019). In brief, cochleae were harvested from p5 Otof-KO mice and organs of Corti of the apico-medial cochlear turn micro-dissected in modified HBSS [HBSS (Thermo Fisher), 10 mM HEPES (Thermo Fisher), 250 ng/ml fungizone (Thermo Fisher), and 10 μg/ml penicillin G (Sigma Aldrich)]. Finally, the explants were mounted on CellTak (BD Bioscience) -coated coverslips in serum-free DMEM/F12 medium [DMEM/F12, 1% N2 supplement (Thermo Fisher) and ampicillin (Sigma Aldrich)] and cultured overnight in a humidified incubator (37°C; 5% CO2). After 12 h, the coverslips were transferred to 24-well plates for AAV inoculation in growth medium (48 h; DMEM/F12, 1% N2 supplement, 1% ampicillin, 1% newborn calf serum [Thermo Fisher]), with the following AAV titers: AAV2/8: 3.2 × 1012 genome copies/ml; AAV2/9: 2.4 × 1012 genome copies/ml; Anc80L65: 6.0 × 1012 genome copies/ml; PHP.B: 1.3 × 1012 genome copies/ml; PHP.eB: 5.8 × 1012 genome copies/ml in 10 μl/well. Subsequently, the growth medium was exchanged 50:50 every 2 days prior to fixation and histological evaluation at DIV9-11.



Postnatal AAV-Injection

Postnatal AAV-injection into the scala tympani of the left ear via the round window was performed at p5-7 essentially as described in Akil et al. (2012). In this study, we used PHP.B-derived viral capsids in combination with a (CMV/hbA) promoter to drive transgenic expression of fl-Otof in cochlear IHCs. Both female and male animals were used equally during the study. Briefly, around 1-1.5 μl of PHP.B_CMV/hbA-fl-Otof (1.3 × 1012 genome copies/ml) or PHP.eB_CMV/hbA-fl-Otof (5.0 × 1012 genome copies/ml), AAV2/9_CMV/hbA-fl-Otof (2.4 × 1012 genome copies/ml), Anc80L65_CMV/hbA-fl-Otof (6.0 × 1012 genome copies/ml), and PHP.eB_CMV/hbA_eGFP-mini-Otof (4.9 × 1012 genome copies/ml) were injected into the left ear via the round window. 4 weeks after injection, animals were used in auditory brainstem (ABR) recording experiments or Intellicage experiments. All experiments were done in compliance with the national animal care guidelines and were approved by the board for animal welfare of the University Medical Center Goettingen and the animal welfare office of the state of Lower Saxony (AZ33.9-42502-04-14/1391).



Immunohistochemistry and Confocal Microscopy

Acutely dissected or organotypically-cultured cochlear explants were fixed in 4% formaldehyde in PBS on ice for 1 h. Strongly ossified cochleae of adult mice were decalcified in 10% EDTA solution (prepared in PBS) for 10–11 days prior to dissection. After extensive washing, permeabilization (30 min; 0.5% Triton X-100 in PBS) and a blocking step with a goat serum dilution buffer (GSDB; 1 h; 16% normal goat serum, 450 mM NaCl, 0.3% Triton X-100 and 20 mM phosphate buffer at pH 7.4), the following primary antibodies were applied in GSDB overnight at 4°C: mouse anti-otoferlin (Cat.-Nr. ab53233; Abcam) or rabbit anti-otoferlin (Vogl et al., 2015; Al-Moyed et al., 2019), chicken anti-calretinin (Cat.-Nr. 214 106; Synaptic Systems), guinea pig anti-parvalbumin (Cat.-Nr. 195 004; Synaptic Systems) and rabbit anti-Ribeye (Cat.-Nr. 192 103; Synaptic Systems). For visualization, secondary AlexaFluor-488,−568 and−647-conjugated antibodies (Cat.-Nr. A-11034, A-11011 or A-11075 and A-21236; Thermo Fisher Scientific) were applied the following day (1 h; room temperature). After mounting the specimen in Mowiol mounting medium, images were acquired in confocal mode on an Abberior Instruments Expert Line STED microscope controlled by Imspector software, with excitation lasers at 485, 561, and 640 nm and either a UPlanSApo 20x 0.85 NA or UPlanSApo 100x 1.4 NA oil immersion objectives. Image stacks were acquired with voxel sizes of 350 × 350 × 5,000 nm (20x) or 80 × 80 × 200 nm (100x).

Transduction efficiency was manually quantified either (i) across the entire organotypically-cultured organ explant, or (ii) along the entire length of the acutely dissected apical to medium cochlear turn (the average length of the analyzed fragments as measured from the cochlear apex: Group 1: 1966.4 ± 113.3 μm, n = 459 IHCs, N = 2; Group 2: 1988.4 ± 53.7 μm, n = 704 IHCs, N = 3;). Ribbon counts were established per IHC in the parvalbumin channel and cells were then assigned either to the transduced (i.e., otoferlin-positive) or non-transduced (i.e., otoferlin-negative) group, based on the observed otoferlin immunoreactivity.

Synapse counts were taken from clearly identifiable positively or adjacent negatively transduced IHCs. Data normality was established using a Shapiro-Wilk test. Normally distributed data sets were then analyzed using a one-way ANOVA followed by a post-hoc Tukey test to assess individual statistical significances.



Chemical Tissue Clearing and Lightsheet Microscopy

The osseous labyrinth—i.e., cochlea and vestibular system—was dissected from the mouse temporal bone and fixed in 4% formaldehyde (diluted in PBS) for 1 h on ice. Subsequently, samples were decalcified in 10% EDTA for ~2 weeks at 4°C. For chemical tissue clearing and immunostaining protocol, we followed an adapted version of the iDISCO+ approach (Renier et al., 2016). Here, all washing and incubation steps were performed at 37°C with the samples continuously rotating. First, samples were incubated for 3 h in a permeabilization solution (0.5% Triton X-100 in PBS), which was followed by an overnight incubation in blocking solution (0.5% Triton X-100 + 10% v/v goat serum in PBS). Then, primary antibodies against Calretinin (Cat.-Nr. 214 106; Synaptic Systems) and Otoferlin (Cat.-Nr. 178 003; Synaptic Systems) were diluted in blocking solution and samples were incubated in the primary antibody solution for 48 h. After primary incubation, samples were washed in PBS for 24 h. The secondary antibodies goat anti-chicken 488 (Thermo Fisher, #A-11039) and goat anti-rabbit 647 (Thermo Fisher, #A-21244) were diluted in blocking solution and applied for 48 h. Finally, specimen were washed for 48 h and prepared for tissue clearing according to the iDISCO+ protocol (Renier et al., 2016).

Images were acquired with the LaVision UltraMicroscope II using the LaVision BioTech ImSpector Software. The numerical aperture was set to 0.148 which resulted in a sheet thickness of 5 μm. Stacks were acquired with a z step of 3 μm, a total zoom of 8x (2x objective plus 4x optic zoom) and an individual range for each cochlea that was covering all IHCs.

For analysis, images were imported into Imaris software (version 9.5.1, Oxford Instruments) to create a surface that contained all IHCs. This surface was as a mask to generate a new stack containing only the IHC row signal. Within this region of interest, we used a custom Matlab code that employed Greenwood's function (Greenwood, 1961) for tonotopic mapping of the IHC row, using parameters reported for the mouse cochlea in Müller et al. (2005). As an output of this code, we obtained 500 interpolated coordinates equally distributed along the tonotopic axis together with their corresponding frequency labels. By displaying the interpolated coordinates that most closely matched the frequency labels 4, 8, 12, 16, 24, and 32 kHz, we defined our frequency regions along the IHC row. IHCs within the respective frequency bands were finally counted in ImageJ/Fiji (Schneider et al., 2012) using the Cell Counter tool.



RNA Isolation and Reverse Transcription

Total RNA was isolated from 8- to 10-weeks-old mice organs of Corti with the Invitrogen™ TRIzol™ Plus RNA Purification Kit (#12183555, Thermo Fisher Scientific) following the manufacturer's instructions. The SuperScript® IV First-Strand Synthesis System (#18091050, Thermo Fisher Scientific) served to synthesize cDNA according to manufacturer's instructions (see Appendix A2 for specific primer sets).



Auditory Brainstem Responses and Otoacoustic Emissions

For recordings of ABR, mice were anesthetized with a combination of ketamine (125 mg/kg) and xylazine (2.5 mg/kg) i.p. The core temperature was maintained constant at 37°C using a heat blanket (Hugo Sachs Elektronik–Harvard Apparatus). For stimulus generation, presentation, and data acquisition, we used the TDT II System and BioSig software (Tucker Davis Technologies). Tone bursts (4/6/8/12/16/24/32 kHz, 10 ms plateau, 1 ms cos2 rise/fall) or clicks of 0.03 ms were presented at 40 Hz (tone bursts) or 20 Hz (clicks) in the free field ipsilaterally using a JBL 2402 speaker. The difference potential between vertex and mastoid subdermal needles was amplified 50,000 times, filtered (400–4,000 Hz), and sampled at a rate of 50 kHz for 20 ms, 1,300 times, to obtain two mean ABR traces for each sound intensity. Hearing thresholds were determined with 10 dB precision as the lowest stimulus intensity that evoked a reproducible response waveform in both traces by visual inspection. The injected ear of virus-injected Otof-KO was recorded first and then plugged with electrode gel and tissue paper to achieve a conductive hearing impairment of 30–40 dB (Pauli-Magnus et al., 2007). This limited acoustic cross-talk while recording from the non-injected contralateral ear, though some remaining activation via reflected sound waves and bone conduction is still possible. Tone burst thresholds exceeding the maximal loudspeaker output (80 dB for tone bursts, 100 dB for Clicks) were assigned a value of 90 and 110 dB, respectively, for the calculation of means and SEMs. Saturation of amplitude growth functions was defined as the intensity at which the amplitude (peak to trough of the entire waveform) reached 80% of the value obtained at 100 dB.



Behavioral Tests of Hearing Function

In the Intellicage/Audiobox (New Behavior), operant conditioning of transponder-injected mice was performed 24/7 under computer control for 15 days. Mice visited the corner on average 60 times per day. In 90% of these visits, no stimulus was presented and the mice were allowed free access to water. In 10% of visits, 20 Hz click trains (5 clicks over 0.2 s, 0.3 s pause) at 100 dB were presented for the whole duration of the visit. Drink attempts during these visits were punished by a mild air puff to the neck of the mouse (0.7 bar) and access to water was denied. Two cages were run in parallel: one with two male Otof-KO siblings, and one with five Otof-KO females (age 14.4 ± 2.4 weeks), all with a successful ABR rescue (click threshold 50 dB). Sex matched WT controls (C57Bl/6 background, 16.0 ± 2.6 weeks) were measured as a separate dataset.



Data Analysis and Figure Preparation

Data was analyzed and figures were prepared using Microsoft Excel, Igor Pro and custom written Matlab routines. Figures were assembled using Adobe Illustrator, Affinity Designer, SnapGene and BioRender.com software (Figures 1, 2, 5 and Supplementary Figure 3 were partially Created with BioRender.com).


[image: Figure 1]
FIGURE 1. Overload AAV construct design and AAV preparation. (A) Cloning strategy with primers located at their bindings sites. (B) Schematic representation of fl-Otof-CDS-overload construct (inset: domain overview) flanked by two inverted terminal repeats (ITRs). (C) Surface model of a single AAV particle. (D) Comparable titers from several independent AAV preps demonstrate batch to batch consistency. (E) Viral capsid proteins VP1, VP2, and VP3 with their expected ration 1:1:10 in one representative virus preparation after conventional silver staining. (F) Purified AAV particles carrying fl-Otof-CDS were used in postnatal injections of P6 mice via the round window membrane. (G) Once matured, injected animals were further studied in various experimental settings including ABR recordings, behavioral tests, immunohistochemistry, and RNA isolation for sequencing purposes.
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FIGURE 2. fl-Otof-overloaded AAVs can reproducibly transduce hair cells in vitro. (A) Schematic illustration of the experimental paradigm: cochlear explant cultures were dissected from p5 Otof-KO mice and kept in culture for up to 11 days. On the first day in vitro (DIV) a range of different fl-Otof-AAV variants were applied for 48 h in cell culture medium. After 6–8 days, the explant cultures were fixed and immunostained for the hair cell-specific cytosolic Ca2+ buffer parvalbumin (PV) and otoferlin. (B) Representative maximum projections of cochlear explant cultures after transduction with the indicated AAVs. The respective otoferlin immunofluorescence is presented with an intensity-coded look-up table below the merged images for clarity. (C) Quantification of the respective transduction rates for each tested AAV capsid carrying fl-Otof-CDS (3–4 explants from 3 to 4 animals per condition from two independent culture runs). Scale bars in (B): 25 μm.





RESULTS


AAVs Can Efficiently be Overloaded With the Full-Length Otof Coding Sequence

Successful packaging of fragments larger than 4.7 kb into standard AAVs had been reported in the past (Allocca et al., 2008; Grose et al., 2012; Hirsch et al., 2013; Pryadkina et al., 2015). Encouraged by these results, we packaged the fl-Otof-CDS and regulatory elements into various AAVs. When designing the experimental strategy, we decided against attaching an additional fluorescent reporter tag considering the large size of the fl-Otof-CDS. Therefore, analysis of transduction efficiency relied on post-mortem otoferlin immunohistochemistry. The fl-Otof-CDS used for this study was generated in several steps by performing in-fusion cloning strategies (Figure 1A, for details see Material and Methods section and Appendix A1). Integrity of the obtained construct was validated by Sanger sequencing. In the final construct, we decided to employ a hybrid CMV/hbA promoter that is known to drive strong transgene expression in mammalian tissues (Figure 1B). Although this promoter does not offer IHC-specificity per se, we expected that the combination of capsid, promoter and target gene would favor expression in IHCs (Akil et al., 2012; Jung et al., 2015; Al-Moyed et al., 2019). Moreover, due to otoferlin's highly specific function in the final steps of IHC exocytosis, we reasoned that potential ectopic expression in adjacent supporting cells, etc. should not interfere with hearing restoration in Otof-KOs. In addition, for enhancement of expression the Woodchuck Hepatitis Virus Posttranslational Regulatory Element (WPRE) and for stability of the transcript the bovine growth hormone (bGH) polyadenylation sequence were included between the inverted terminal repeats (ITRs). The entire sequence between the two ITRs was around 7.5 kb (Figure 1B and Supplementary Figure 1B) exceeding the regular packaging capacity of AAVs (4.7 kb). We successfully packaged the construct into the novel virus serotype PHP.eB with consistent titers (Figures 1C,D and Supplementary Table 1). Packaging was also successful in our hands with several other AAV serotypes with reproducible titers (Figure 1D). We checked all virus preparations for the purity by conventional silver staining and, in most cases, detected excellent purity with three most important viral capsid proteins VP1, VP2, and VP3 (Figure 1E, one representative virus preparation). The virus preparations were then employed for transduction efficiency assessment on otoferlin-deficient hair cells—initially in organotypically-cultured organs of Corti and subsequently in cochleae of newborn Otof-KO mice (Figure 1F). Animals typically recovered well following injection and assessment of hearing as well as expression analysis were performed 4–5 weeks and 5 months later (Figure 1G).



fl-Otof-Overloaded AAVs Transduce Hair Cells in vitro

To test if the fl-Otof-CDS-overloaded AAVs are capable of transducing mammalian IHCs, we first tested our different virus preparations on organotypically-cultured cochlear explants of Otof-KO mice (Figure 2). In these experiments, we dissected the organs of Corti at postnatal day (p) 5, cultured them overnight in serum-free medium and subsequently incubated them for 48 h with AAV-containing growth medium. After additional 6–8 days in vitro (DIV), we fixed the explants and processed them for immunohistochemistry, finally probing them with an otoferlin-specific antibody (Figures 2A,B). Here, all AAV preparations successfully and reproducibly transduced cultured IHCs—though at varying degrees—as well as some OHCs and various types of supporting cells, with AAV2/8 consistently performing the worst and PHP.eB the best (Figure 2C; mean transduction rates: AAV2/8: 7.1 ± 1.6% [n = 4 organs from N = 4 animals]; AAV2/9: 27.3 ± 3.7% [n = 4 organs from N = 4 animals]; Anc80L65: 17.0 ± 3.6% [n = 4 organs from N = 4 animals]; PHP.B: 17.9 ± 6.7% [n = 3 organs from N = 3 animals] and PHP.eB: 31.9 ± 2.0% [n = 4 organs from N = 4 animals]). This finding shows that the principle of AAV-overloading is not limited to a single serotype/capsid variant and reproducible across trials.



fl-Otof-Overloaded AAVs Successfully Transduce IHCs of Neonatal Mice in vivo

Encouraged by these promising in vitro results, we now selected the best-performing PHP.eB virus construct for subsequent in vivo analyses. Initially, we evaluated the in vivo transduction efficiency of the rAAV PHP.eB vectors carrying fl-Otof via immunohistochemical analysis (Figure 3). Importantly, cochlear and vestibular anatomy appeared to remain largely intact in the injected ears, with no obvious signs of persistent inflammation, malformation or other morphological anomalies, suggesting that neither the surgical procedure nor AAV transduction itself did exert any major adverse effects. In an attempt to address stability of transgenic otoferlin expression, we dissected and analyzed the apical turns of two distinct age groups (Group 1: directly post-hearing onset, i.e., 3 weeks; Group 2 at ~6 months old; Figures 3A,A') and found a comparable transduction rate in both age groups of ~30% (Group 1: 31.3 ± 2.4%, N = 2; Group 2: 29.1 ± 5.0%, N = 3; Figure 3C). Interestingly, our data indicate that insert size is indeed a main determinant of transduction rate and/or transgenic protein expression, since a truncated and GFP-tagged, C-terminal fragment of otoferlin (“miniOtof ”) that was packaged using the identical capsid/promoter construct as the fl-Otof-CDS—and thus solely differs in insert size—achieved much higher transduction rates. Yet, consistent with a previous report using a similar approach (Tertrais et al., 2019) our mini-Otof construct failed to restore hearing in Otof-KO mice (Supplementary Figure 3).


[image: Figure 3]
FIGURE 3. In vivo transduction efficiency and synapse counts of fl-Otof-transduced IHCs. (A,A') Representative confocal maximum projections of acutely-dissected apical turn organs of Corti from (A) a p16 and (A') a 27 weeks-old Otof-KO mouse after PHP.eB-injection at p5 to assess viral transduction rates. Hair cells were immunostained for the cytosolic Ca2+-buffer parvalbumin and counterstained against otoferlin. (B,B') Higher magnification confocal maximum projections of IHCs immunohistochemically-labeled against parvalbumin, otoferlin, and ribeye to establish ribbon counts per IHC in (B) the young and (B') older age group. (C) Quantification of IHC transduction rates: mean ± SEM and estimate from individual mice (blue spheres). (D) Ribbon counts in fl-Otof-transduced and non-transduced IHCs. No statistically significant differences could be detected between fl-Otof-transduced and non-transduced IHCs in the different age groups (Shapiro-Wilk normality test; one-way ANOVA with post-hoc Tukey). Scale bars in (A,A'): 100 μm, in (B,B'): 10 μm; insets: 1 μm.


Since it is well-established that afferent synapses of Otof-KOs degenerate with advancing age (Roux et al., 2006), we also assessed synapse numbers in fl-Otof-transduced and adjacent non-transduced IHCs using immunohistochemical analysis (Figures 3B,B'). Consistent with previous studies that also aimed to gene-therapeutically restore hearing in Otof-KOs via early postnatal injections via a dual-AAV approach (Akil et al., 2019; Al-Moyed et al., 2019), our analysis showed a clear decrease of ribbon numbers in aging Otof-KO IHCs that was comparable between transduced and non-transduced IHCs and, hence, could not be recovered with PHP.eB-fl-Otof delivery at p5-7 (Figure 3D; non-transduced 3 weeks-old 12.1 ± 0.6 synapses/IHC, n = 25, N = 2; fl-Otof-transduced: 13.9 ± 0.9 synapses/IHC, n = 14, N = 2; non-transduced 27 weeks-old 8.1 ± 0.5 synapses/IHC, n = 22, N = 2; fl-Otof-transduced: 8.0 ± 0.5 synapses/IHC, n = 16, N = 2; one-way ANOVA with post-hoc Tukey).

To now further extend this analysis and establish if fl-Otof transduction rates varied along the tonotopic axis, we set out to determine fl-Otof transduction rates across the entire cochlear spiral, using chemical tissue clearing and subsequent lightsheet imaging approach of the whole immunostained cochlea in situ (Figure 4). In these experiments, AAV-injected cochleae were harvested after 3–4 weeks post injection and processed for immunohistochemistry. We labeled IHCs against otoferlin and the cytosolic Ca2+-buffer calretinin as a context marker (Figure 4A). Calretinin immunoreactivity was then used to define our region of interest for analysis and served to determine reference points for frequency-mapping according to a previously published model [Figure 4A'; (Müller et al., 2005)]. Subsequently, we counted otoferlin-positive IHCs within the calculated frequency bands (Figures 4B,C). Consistent with our confocal analysis of the apical cochlear turn, these data suggest a remarkably stable transduction rate of ~23–30% until the 24 kHz region (~4–8 kHz: 29.4%, limited to N = 1 due to limited structural preservation; ~8–12 kHz: 23.4%, n = 3 cochleae; ~12–16 kHz: 29.7%, n = 4 cochleae; ~16–24 kHz: 27.1%, n = 4 cochleae). At higher frequencies beyond ~24 kHz, the transduction rate appeared to drop below 20% (~24–32 kHz: 17.1%, n = 3 cochleae). If this latter observation is indeed of biological significance or rather a technical artifact due to poorer antibody penetration, etc. remains to be determined.


[image: Figure 4]
FIGURE 4. Tonotopic analysis of fl-Otof transduction rates. (A) Representative 3D maximum projection of a lightsheet fluorescence microscopy data set of an Otof-KO mouse cochlea (p24, injected with PHP.eB-CMV/HBA-fl-Otof at p6). For context marking, IHCs and SGNs—including the afferent auditory nerve fibers—were stained against the cytosolic calcium buffer calretinin. (A') Tonotopic mapping of the masked IHC row based on Greenwood's function (Greenwood, 1961). Parameters were set according to Müller et al. (2005) resulting in a frequency range from a minimum of 5.1 kHz to a maximum of 83.1 kHz. The blue dotted line indicates reference points for the frequency-mapping algorithm in which a total of 500 coordinates were interpolated to fit the cochlear spiral. Selected frequency labels indicating the projected boundaries of the defined frequency bands (white dots) are indicated in the figure panel. Please note that the 4–8 kHz region was structurally less well-preserved in several of the processed cochleae, thus preventing meaningful analysis of this particular frequency band using this approach. (B) Representative maximum projections of the indicated frequency regions at higher magnification. IHCs were immunohistochemically-labeled against calretinin and otoferlin to assess viral transduction rates. (C) Quantification of IHC transduction rates in the indicated frequency regions using this approach: mean ± SEM and estimate from individual mice (blue spheres). Scale bars. (A) 200 μm; (B) 50 μm.


Next, total RNA isolation from fl-Otof-injected and contralateral non-injected cochleae (n = 5, Figure 5) confirmed full-length wild-type otoferlin expression in the injected cochleae of these Otof-KO mice, as we were able to detect several otoferlin regions covering multiple exons from the N- to C-terminus using PCRs with region-specific primers (Appendix A2). As the KO-strategy deletes exon 14 (Figure 5D, black square), the finding of residual otoferlin mRNA fragments from PCR1 and PCR4 in the non-injected ear is expected, while the faint bands of PCR2 and 3 likely relates to spread of virus during the early postnatal injections.


[image: Figure 5]
FIGURE 5. cDNA sequencing with primers specific to various distinct otoferlin sequences. (A) Schematic overview of the injection procedure and subsequent experimental procedure. (B) RNA isolation from cochleae. (C) cDNA reverse transcription of RNA. (D) Full-length otoferlin sequence with all exons and primer binding sites used for PCRs. Exon 14, which was removed in Otof-KO mice is labeled as a black square. (E) PCR runs covering various otoferlin exons. (F) Obtained results from non-injected as well as injected ears and wild-type mice brain using the primers specific for various otoferlin sequences.




fl-Otof-Overloaded AAVs Partially Restore Hearing in Otof-KO Mice

Next, we injected Otof-KO mice with fl-Otof-PHP.eB at p5-7 and then measured the auditory brainstem response (ABR) at the age of 5.5 ± 0.2 weeks. In these experiments, we found partly recovered ABRs to click stimulation in 18/25 tested mice with an average threshold of 58 ± 3 dB. In response to tone burst stimulation, only 10 injected ears showed reproducible responses (Figures 6A,B). As expected for a partial rescue, the ABR wave amplitudes were smaller than in WT mice. Like in other mutant mice with deficits of the IHC ribbon synapse (Buran et al., 2010; Strenzke et al., 2016), waves II, IV, and V were preserved better than waves I and III (Figure 6C). Non-injected contralateral ears also showed reproducible responses to click stimulation with an average threshold of 93 ± 3 dB (Figure 6D). We believe that this response mainly reflects viral spread to the non-injected ear during early postnatal development but cannot completely exclude acoustic cross-talk. The amplitude of click-evoked ABRs rose with intensity (Figure 6E) and approached its maximum from 74 ± 2 dB (n = 14). This suggests that like in WT, the recruitment of IHC/SGNs and the activation of individual SGNs saturates at high intensities. Partial viral rescue of hearing function persisted for several months, as demonstrated by sizeable ABRs recorded at an age of 5.5 ± 0.2 months (Figure 6F). Other overloaded AAVs also partially rescued hearing function, albeit with a lower success rate (Supplementary Table 1 and Supplementary Figure 4).


[image: Figure 6]
FIGURE 6. Rescue of hearing function in Otof-KO mice: auditory brainstem responses. (A) Grand averages of ABR waveforms 100 dB Click stimulation in Otof-KO mice following injection of PHP.eB fl-Otof AAV in one ear (blue, n = 18, excluding the seven animals with no reproducible click response) and non-injected Otof-Ko mice (black, n = 8). (B) ABR thresholds to clicks and 6, 12, and 24 kHz tone bursts in injected and contralateral ears (n = 18). Each symbol represents one animal. (C) The amplitude of rescued ABR waveforms [blue, same as in (A)] is much smaller than in a representative trace from a single non-injected C57Bl/6 WT mouse (black) but latencies are comparable. SP denotes the summating potential, the presumptive inner hair cell receptor potential. Roman numerals on top indicate ABR waves I-V (Jewett et al., 1970). (D) ABRs from successfully rescued [blue, same as in (A,C)] and non-injected contralateral ears of the same animals (red) and a are shown for comparison. (E) Amplitude growth function of rescued ears (grand averages of ABR waveforms to 50–100 dB click stimulation, n = 17). (F) Grand averages of ABR waveforms to 80 dB click stimulation from ears with successful viral rescue, measured at an age of 5.5 weeks (blue, n = 18) and 5.5 months (green, n = 8). All blue traces are from the same dataset of PHP.eB fl-Otof AAV injected ears, age 5.5 weeks. Shaded areas represent means ± SEM.


Finally, to assess the restoration of auditory perception in PHP.eB fl-Otof AAV-treated mice, we used operant conditioning under automated control in the “intellicage” system (de Hoz and Nelken, 2014; Strenzke et al., 2016) and trained mice to discriminate between click trains and silence (Figure 7). During 10% of visits to the experimental “corner,” 100 dB click trains were presented and drink attempts were punished by an air puff. In 90% of visits, no sound was presented and access to water was allowed. All six tested Otof-KO mice with partial rescue of cochlear function (ABR thresholds of 50 dB) successfully learned the task with an average discrimination performance of 27.6 ± 3.0%. Matched normal-hearing C57Bl/6 WT control mice had a slightly better discrimination performance of 49.1 ± 3.5%.


[image: Figure 7]
FIGURE 7. Rescue of hearing function in Otof-KO mice: operant conditioning. Successful discrimination between silence (water access) and 100 dB click trains (no water access, air puff punishment) was achieved in all six tested Otof-KO mice with successful viral rescue (blue colors), albeit with lower discrimination performance than in five C57Bl/6 WT controls (black and gray colors).





DISCUSSION

Here, we investigated the potential of single AAV overloading for the future gene therapy of otoferlin-related auditory synaptopathy. Packaging of fl-Otof-CDS into several AAV variants was feasible at high titers (1012 genome copies/ml) and purities. While all tested overloaded AAV variants successfully transduced IHCs in vitro and led to otoferlin expression in IHCs of cultured cochlear explants, the synthetic PHP.eB fl-Otof AAV performed the best in our initial screen. Subsequent in vivo analyses revealed that (i) the efficiency of otoferlin expression, (ii) specificity of transgene expression in IHCs, and (iii) rescue of auditory brainstem responses in Otof-KO mice upon early postnatal injection of PHP.eB fl-Otof AAV appeared largely comparable to that previously reported for the dual-AAV approach using the same age of injection (Al-Moyed et al., 2019), rendering our simplified approach highly interesting for further clinical development. Finally, for the first time to our knowledge, using operant conditioning, we could further demonstrate auditory percepts in Otof-KO mice that had undergone viral gene therapy.

The small size and consequently good tissue penetration, low immunogenicity, lack of pathogenicity and episomal (extrachromosomal) DNA organization in the host cell make AAVs attractive vectors for gene therapy of sensory disorders (recently reviewed in Kleinlogel et al., 2020). For example, the recent approval of AAV-RPE65 gene therapy (Luxturna) of Lebers' congenital amaurosis 2, AAV-mediated vision restoration has been hailed a major breakthrough in this field (Bennett, 2017; Ledford, 2017).

In the past, coding sequences exceeding the transgene capacity of AAVs (4.7 kb) have been placed into lentiviruses or adenoviruses, which are plagued by issues such as insertional mutagenesis, mobilization, and vector replication or immunogenicity (Kleinlogel et al., 2020). More recently, split-AAVs (Duan et al., 1998, Duan et al., 2001; Maddalena et al., 2018) and “overloaded AAVs” (Allocca et al., 2008; Grose et al., 2012; Hirsch et al., 2013; Pryadkina et al., 2015) have been employed in preclinical studies to circumvent these issues. In split-AAVs, the expression cassette is separated into two (dual-AAV) or three (triple-AAV) pieces, containing highly recombinogenic sequences and then packaged into two or three AAVs, respectively. Upon co-transduction the contained DNAs recombine into one single CDS. Dual AAV vectors have been successfully employed for expressing full-length otoferlin in IHCs of Otof-KO mice (Akil et al., 2012; Al-Moyed et al., 2019) achieving expression in up to 50% [injection at p6-7, (Al-Moyed et al., 2019)] and above 80% [injection at p17 or p30, (Akil et al., 2019)] of IHCs. Although our AAV overloading approach appears to be inferior in regards to transduction efficiency at this stage, it is highly encouraging that we observed homogeneous transduction rates along the tonotopic axis—at least until the 24 kHz range. Here, the large insert size seems to be the main limiting factor of transgenic otoferlin expression, as a substantially smaller mini-Otoferlin construct—packaged into the exact same promoter/capsid combination—achieved drastically improved AAV transduction rates. Here, we used the efficient CMV-hbA promoter which despite its broad scope for driving expression in various cells, led to relatively specific transgenic expression of otoferlin in IHCs. In future studies, higher viral titers, IHC-specific promoters—such as Myosin 15—or combinatorial virus application approaches (Lee et al., 2020) may help improve the efficiency and specificity of transgenic expression of otoferlin in IHCs. In addition, some other approaches coming into the focus of gene therapy studies—such as non-integrating lentiviruses (Suwanmanee et al., 2014; Snowball et al., 2019) or novel oversized AAVs, namely XL-AAVs (Ding and Gradinaru, 2020), with much larger packaging capacity—might overcome this limitation and finally lead to the full functional rescue of otoferlin-related hearing deficits.

The need to combine multiple distinct rAAVs presents an additional biosafety burden that may hinder clinical translation of such a treatment. This issue motivated us to explore the potential use of “overloaded AAVs” for future gene therapy of otoferlin-related auditory synaptopathy. Here, the omission of a fluorescent marker from the transgene is beneficial from a translational point of view, but presented a drawback for this preclinical study as it hampered the easy identification and more detailed analysis of IHC exocytosis by cell physiology. This was particularly critical given that otoferlin expression was post-hoc detectable in, on average, only a third of the IHCs with the present protocol. Future studies should compare the efficiency of both, AAV-overloading and split-AAV approaches using the same serotype/capsid and promoter combination as well as equal titers and virus administration protocols. Cell-physiological analysis, an important objective for future work, will be facilitated by employing a small tag for easy identification of transduced IHCs. Moreover, next to assessing otoferlin protein expression at various time points, single IHC sequencing should ideally be used to reveal the Otof DNAs generated by both approaches.

Finally, the extent of hearing restoration should be scrutinized using several complementary approaches. Partial restoration of synaptic function achieved with AAV-mediated Otof gene transfer into IHCs of Otof-KO mice has been demonstrated by recordings of ABRs (Akil et al., 2012; Al-Moyed et al., 2019 and this study), patch-clamp recordings from IHCs (Al-Moyed et al., 2019) and, finally, behavioral experiments (this study). Clearly, these results are very promising and indicate that clinical translation might eventually enable unaided hearing in people affected by OTOF mutations. Given the auditory synaptopathy phenotype (Moser and Starr, 2016) that is sensitively reported by lack or impairment of the population responses of SGNs [ABRs and electrocochleography (Moser and Starr, 2016)], the remaining ABR deficit might lead to an overestimation of the hearing impairment. Indeed, normal acoustic sensitivity has been reported for patients with some OTOF missense mutations (for review see: Santarelli et al., 2015) and the respective mouse model (Strenzke et al., 2016). Obviously, the more functional otoferlin remains present in case of missense mutations affecting the abundance of otoferlin at the plasma membrane—such as those causing the Ile515Thr substitution (Varga et al., 2006) or the Ile1967 deletion (Vogl et al., 2016)—the more likely it is that the transgenic supplementation of otoferlin expression in IHCs is going to restore normal hearing. Future preclinical work should aim to increase the certainty of predicting the outcome of hearing restoration in the clinical application of gene-therapeutic approaches to otoferlin-related auditory synaptopathy. For example, studies of temporal processing and of loudness adaptation will be helpful to assess potential remaining deficits (Strenzke et al., 2016). Eventually, work with species more closely related to humans, such as non-human primates, will help to prepare and accompany clinical trials.



DATA AVAILABILITY STATEMENT

The raw data supporting the conclusions of this article will be made available by the authors, without undue reservation.



ETHICS STATEMENT

The animal study was reviewed and approved by board for animal welfare of the University Medical Center Goettingen and the animal welfare office of the state of Lower Saxony (Animal protocol Nr. 14_1391).



AUTHOR CONTRIBUTIONS

VR, CV, NS, and TM designed the study and wrote the manuscript with contributions of all other authors. VR, CV, IB, ND, CD-A, AT, TW, and KK performed experiments and/or analyzed data. All authors contributed to the article and approved the submitted version.



FUNDING

This work was supported by funding from the Deutsche Forschungsgemeinschaft via the collaborative research center 889 (to CV, NS, and TM) and under Germany's Excellence Strategy—EXC 2067/1- 390729940 (to TM) and a grant of a University Medical Center Göttingen (UMG)-based donation of Dr. Grun (to TM). CV is an Otto Creutzfeldt Fellow of the Helmut and Elisabeth Uhl Foundation and ND was supported by a scholarship of the Göttingen Promotionskolleg für Medizinstudierende, funded by the Jacob-Henle-Programm or Else-Kröner-Fresenius-Stiftung (Promotionskolleg für Epigenomik und Genomdynamik, 2017_Promotionskolleg.04).



ACKNOWLEDGMENTS

The authors would like to thank Christiane Senger-Freitag for the help with virus injections, molecular cloning, and plasmid preparation, Nadine Dietrich for ABR recordings, Daniela Gerke for help with virus production, Sandra Gerke for her help with molecular cloning and plasmid preparation, and Dr. Fritz Benseler for his help with cDNA sequencing.



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fnmol.2020.600051/full#supplementary-material



REFERENCES

 Akil, O., Dyka, F., Calvet, C., Emptoz, A., Lahlou, G., Nouaille, S., et al. (2019). Dual AAV-mediated gene therapy restores hearing in a DFNB9 mouse model. Proc. Natl. Acad. Sci. U. S. A. 116, 4496–4501. doi: 10.1073/pnas.1817537116

 Akil, O., Seal, R. P., Burke, K., Wang, C., Alemi, A., During, M., et al. (2012). Restoration of hearing in the VGLUT3 knockout mouse using virally mediated gene therapy. Neuron 75, 283–293. doi: 10.1016/j.neuron.2012.05.019

 Allocca, M., Doria, M., Petrillo, M., Colella, P., Garcia-Hoyos, M., Gibbs, D., et al. (2008). Serotype-dependent packaging of large genes in adeno-associated viral vectors results in effective gene delivery in mice. J. Clin. Invest. 118, 1955–1964. doi: 10.1172/JCI34316

 Al-Moyed, H., Cepeda, A. P., Jung, S., Moser, T., Kügler, S., and Reisinger, E. (2019). A dual-AAV approach restores fast exocytosis and partially rescues auditory function in deaf otoferlin knock-out mice. EMBO Mol. Med. 11:e9396. doi: 10.15252/emmm.201809396

 Angeli, S., Lin, X., and Liu, X. Z. (2012). Genetics of hearing and deafness. Anat. Rec. 295, 1812–1829. doi: 10.1002/ar.22579

 Askew, C., Rochat, C., Pan, B., Asai, Y., Ahmed, H., Child, E., et al. (2015). Tmc gene therapy restores auditory function in deaf mice. Sci. Transl. Med. 7:295ra108. doi: 10.1126/scitranslmed.aab1996

 Bennett, J. (2017). Taking stock of retinal gene therapy: looking back and moving forward. Mol. Ther. 25, 1076–1094. doi: 10.1016/j.ymthe.2017.03.008

 Bowl, M. R., Simon, M. M., Ingham, N. J., Greenaway, S., Santos, L., Cater, H., et al. (2017). A large scale hearing loss screen reveals an extensive unexplored genetic landscape for auditory dysfunction. Nat. Commun. 8:886. doi: 10.1038/s41467-017-00595-4

 Buran, B. N., Strenzke, N., Neef, A., Gundelfinger, E. D., Moser, T., and Liberman, M. C. (2010). Onset coding is degraded in auditory nerve fibers from mutant mice lacking synaptic ribbons. J. Neurosci. 30, 7587–7597. doi: 10.1523/JNEUROSCI.0389-10.2010

 de Hoz, L., and Nelken, I. (2014). Frequency tuning in the behaving mouse: different bandwidths for discrimination and generalization. PLoS ONE 9:e91676. doi: 10.1371/journal.pone.0091676

 Deverman, B. E., Pravdo, P. L., Simpson, B. P., Kumar, S. R., Chan, K. Y., Banerjee, A., et al. (2016). Cre-dependent selection yields AAV variants for widespread gene transfer to the adult brain. Nat. Biotechnol. 34, 204–209. doi: 10.1038/nbt.3440

 Ding, X., and Gradinaru, V. (2020). Structure-guided rational design of adeno-associated viral capsids with expanded sizes. Mol. Ther. 28, 226–227. doi: 10.1016/j.ymthe.2020.04.019

 Duan, D., Sharma, P., Yang, J., Yue, Y., Dudus, L., Zhang, Y., et al. (1998). Circular intermediates of recombinant adeno-associated virus have defined structural characteristics responsible for long-term episomal persistence in muscle tissue. J. Virol. 72, 8568–8577.

 Duan, D., Yue, Y., and Engelhardt, J. F. (2001). Expanding AAV packaging capacity with trans-splicing or overlapping vectors: a quantitative comparison. Mol. Ther. J. Am. Soc. Gene Ther. 4, 383–391. doi: 10.1006/mthe.2001.0456

 Dulon, D., Papal, S., Patni, P., Cortese, M., Vincent, P. F. Y., Tertrais, M., et al. (2018). Clarin-1 gene transfer rescues auditory synaptopathy in model of Usher syndrome. J. Clin. Invest. 128, 3382–3401. doi: 10.1172/JCI94351

 Gray, S. J., Choi, V. W., Asokan, A., Haberman, R. A., McCown, T. J., and Samulski, R. J. (2011). “Production of recombinant adeno-associated viral vectors and use in in vitro and in vivo administration,” in Current Protocols in Neuroscience, eds J. N. Crawley, C. R. Gerfen, M. A. Rogawski, D. R. Sibley, P. Skolnick, and S. Wray (Hoboken, NJ: John Wiley & Sons, Inc), 57, 4.17.1–4.17.30.

 Greenwood, D. D. (1961). Critical bandwidth and the frequency coordinates of the basilar membrane. J. Acoust. Soc. Am. 33, 1344–1356. doi: 10.1121/1.1908437


 Grieger, J. C., Choi, V. W., and Samulski, R. J. (2006). Production and characterization of adeno-associated viral vectors. Nat. Protoc. 1, 1412–1428. doi: 10.1038/nprot.2006.207

 Grieger, J. C., and Samulski, R. J. (2005). Packaging capacity of adeno-associated virus serotypes: impact of larger genomes on infectivity and postentry steps. J. Virol. 79, 9933–9944. doi: 10.1128/JVI.79.15.9933-9944.2005

 Grose, W. E., Clark, K. R., Griffin, D., Malik, V., Shontz, K. M., Montgomery, C. L., et al. (2012). Homologous recombination mediates functional recovery of dysferlin deficiency following AAV5 gene transfer. PLoS ONE 7:e39233. doi: 10.1371/journal.pone.0039233

 György, B., Sage, C., Indzhykulian, A. A., Scheffer, D. I., Brisson, A. R., Tan, S., et al. (2017). Rescue of hearing by gene delivery to inner-ear hair cells using exosome-associated AAV. Mol. Ther. 25, 379–391. doi: 10.1016/j.ymthe.2016.12.010

 Hirsch, M. L., Li, C., Bellon, I., Yin, C., Chavala, S., Pryadkina, M., et al. (2013). Oversized AAV transductifon is mediated via a DNA-PKcs-independent, Rad51C-dependent repair pathway. Mol. Ther. 21, 2205–2216. doi: 10.1038/mt.2013.184

 Jewett, D. L., Romano, M. N., and Williston, J. S. (1970). Human auditory evoked potentials: possible brain stem components detected on the scalp. Science 167, 1517–1518.

 Johnson, C. P., and Chapman, E. R. (2010). Otoferlin is a calcium sensor that directly regulates SNARE-mediated membrane fusion. J. Cell Biol. 191, 187–197. doi: 10.1083/jcb.201002089

 Jung, S., Maritzen, T., Wichmann, C., Jing, Z., Neef, A., Revelo, N. H., et al. (2015). Disruption of adaptor protein 2μ (AP-2μ) in cochlear hair cells impairs vesicle reloading of synaptic release sites and hearing. EMBO J. 34, 2686–2702. doi: 10.15252/embj.201591885

 Kleinlogel, S., Vogl, C., Jeschke, M., Neef, J., and Moser, T. (2020). Emerging approaches for restoration of hearing and vision. Physiol. Rev. 100, 1467–1525. doi: 10.1152/physrev.00035.2019

 Kroll, J., Jaime Tobón, L. M., Vogl, C., Neef, J., Kondratiuk, I., König, M., et al. (2019). Endophilin-A regulates presynaptic Ca2+ influx and synaptic vesicle recycling in auditory hair cells. EMBO J. 38:e100116. doi: 10.15252/embj.2018100116

 Ledford, H. (2017). FDA advisers back gene therapy for rare form of blindness. Nature 550:314. doi: 10.1038/nature.2017.22819

 Lee, J., Nist-Lund, C., Solanes, P., Goldberg, H., Wu, J., Pan, B., et al. (2020). Efficient viral transduction in mouse inner ear hair cells with utricle injection and AAV9-PHP.B. Hear. Res. 394:107882. doi: 10.1016/j.heares.2020.107882

 Maddalena, A., Tornabene, P., Tiberi, P., Minopoli, R., Manfredi, A., Mutarelli, M., et al. (2018). Triple vectors expand AAV transfer capacity in the Retina. Mol. Ther. 26, 524–541. doi: 10.1016/j.ymthe.2017.11.019

 Michalski, N., Goutman, J. D., Auclair, S. M., Boutet de Monvel, J., Tertrais, M., Emptoz, A., et al. (2017). Otoferlin acts as a Ca2+ sensor for vesicle fusion and vesicle pool replenishment at auditory hair cell ribbon synapses. eLife 6:e31013. doi: 10.7554/eLife.31013

 Michalski, N., and Petit, C. (2019). Genes involved in the development and physiology of both the peripheral and central auditory systems. Annu. Rev. Neurosci. 42, 67–86. doi: 10.1146/annurev-neuro-070918-050428

 Moser, T., Grabner, C. P., and Schmitz, F. (2019). Sensory processing at ribbon synapses in the retina and the cochlea. Physiol. Rev. 100, 103–144. doi: 10.1152/physrev.00026.2018

 Moser, T., and Starr, A. (2016). Auditory neuropathy—neural and synaptic mechanisms. Nat. Rev. Neurol. 12, 135–149. doi: 10.1038/nrneurol.2016.10

 Müller, M., von Hünerbein, K., Hoidis, S., and Smolders, J. W. T. (2005). A physiological place-frequency map of the cochlea in the CBA/J mouse. Hear. Res. 202, 63–73. doi: 10.1016/j.heares.2004.08.011

 Pan, B., Askew, C., Galvin, A., Heman-Ackah, S., Asai, Y., Indzhykulian, A. A., et al. (2017). Gene therapy restores auditory and vestibular function in a mouse model of Usher syndrome type 1c. Nat. Biotechnol. 35, 264–272. doi: 10.1038/nbt.3801

 Pangrsic, T., Lasarow, L., Reuter, K., Takago, H., Schwander, M., Riedel, D., et al. (2010). Hearing requires otoferlin-dependent efficient replenishment of synaptic vesicles in hair cells. Nat. Neurosci. 13, 869–876. doi: 10.1038/nn.2578

 Pauli-Magnus, D., Hoch, G., Strenzke, N., Anderson, S., Jentsch, T. J., and Moser, T. (2007). Detection and differentiation of sensorineural hearing loss in mice using auditory steady-state responses and transient auditory brainstem responses. Neuroscience 149, 673–684. doi: 10.1016/j.neuroscience.2007.08.010

 Pryadkina, M., Lostal, W., Bourg, N., Charton, K., Roudaut, C., Hirsch, M. L., et al. (2015). A comparison of AAV strategies distinguishes overlapping vectors for efficient systemic delivery of the 6.2 kb dysferlin coding sequence. Mol. Ther. Methods Clin. Dev. 2:15009. doi: 10.1038/mtm.2015.9

 Renier, N., Adams, E. L., Kirst, C., Wu, Z., Azevedo, R., Kohl, J., et al. (2016). Mapping of brain activity by automated volume analysis of immediate early genes. Cell 165, 1789–1802. doi: 10.1016/j.cell.2016.05.007

 Rodríguez-Ballesteros, M., Reynoso, R., Olarte, M., Villamar, M., Morera, C., Santarelli, R., et al. (2008). A multicenter study on the prevalence and spectrum of mutations in the otoferlin gene (OTOF) in subjects with nonsyndromic hearing impairment and auditory neuropathy. Hum. Mutat. 29, 823–831. doi: 10.1002/humu.20708

 Roux, I., Safieddine, S., Nouvian, R., Grati, M., Simmler, M.-C., Bahloul, A., et al. (2006). Otoferlin, defective in a human deafness form, is essential for exocytosis at the auditory ribbon synapse. Cell 127, 277–289. doi: 10.1016/j.cell.2006.08.040

 Santarelli, R., Del Castillo, I., Cama, E., Scimemi, P., and Starr, A. (2015). Audibility, speech perception and processing of temporal cues in ribbon synaptic disorders due to OTOF mutations. Hear. Res. 330, 200–212. doi: 10.1016/j.heares.2015.07.007

 Schneider, C. A., Rasband, W. S., and Eliceiri, K. W. (2012). NIH Image to ImageJ: 25 years of image analysis. Nat. Methods 9, 671–675. doi: 10.1038/nmeth.2089

 Snowball, A., Chabrol, E., Wykes, R. C., Shekh-Ahmad, T., Cornford, J. H., Lieb, A., et al. (2019). Epilepsy gene therapy using an engineered potassium channel. J. Neurosci. 39, 3159–3169. doi: 10.1523/JNEUROSCI.1143-18.2019

 Strenzke, N., Chakrabarti, R., Al-Moyed, H., Müller, A., Hoch, G., Pangrsic, T., et al. (2016). Hair cell synaptic dysfunction, auditory fatigue and thermal sensitivity in otoferlin Ile515Thr mutants. EMBO J. 35, 2519–2535. doi: 10.15252/embj.201694564

 Suwanmanee, T., Hu, G., Gui, T., Bartholomae, C. C., Kutschera, I., Kalle, C., et al. (2014). Integration-deficient lentiviral vectors expressing codon-optimized R338L human FIX restore normal hemostasis in hemophilia B Mice. Mol. Ther. 22, 567–574. doi: 10.1038/mt.2013.188

 Tertrais, M., Bouleau, Y., Emptoz, A., Belleudy, S., Sutton, R. B., Petit, C., et al. (2019). Viral transfer of mini-otoferlins partially restores the fast component of exocytosis and uncovers ultrafast endocytosis in auditory hair cells of otoferlin knock-out Mice. J. Neurosci. 39, 3394–3411. doi: 10.1523/JNEUROSCI.1550-18.2018

 Varga, R., Avenarius, M. R., Kelley, P. M., Keats, B. J., Berlin, C. I., Hood, L. J., et al. (2006). OTOF mutations revealed by genetic analysis of hearing loss families including a potential temperature sensitive auditory neuropathy allele. J. Med. Genet. 43, 576–581. doi: 10.1136/jmg.2005.038612

 Vogl, C., Cooper, B. H., Neef, J., Wojcik, S. M., Reim, K., Reisinger, E., et al. (2015). Unconventional molecular regulation of synaptic vesicle replenishment in cochlear inner hair cells. J. Cell Sci. 128, 638–644. doi: 10.1242/jcs.162099

 Vogl, C., Panou, I., Yamanbaeva, G., Wichmann, C., Mangosing, S. J., Vilardi, F., et al. (2016). Tryptophan-rich basic protein (WRB) mediates insertion of the tail-anchored protein otoferlin and is required for hair cell exocytosis and hearing. EMBO J. 35, 2536–2552. doi: 10.15252/embj.201593565

 WHO (2019). Deafness and Hearing Loss. Available online at: https://www.who.int/news-room/fact-sheets/detail/deafness-and-hearing-loss (accessed January 7, 2020).

 Willems, P. J. (2000). Genetic causes of hearing loss. N. Engl. J. Med. 342, 1101–1109. doi: 10.1056/NEJM200004133421506

 Yasunaga, S., Grati, M., Cohen-Salmon, M., El-Amraoui, A., Mustapha, M., Salem, N., et al. (1999). A mutation in OTOF, encoding otoferlin, a FER-1-like protein, causes DFNB9, a nonsyndromic form of deafness. Nat. Genet. 21, 363–369. doi: 10.1038/7693

 Zolotukhin, S., Byrne, B. J., Mason, E., Zolotukhin, I., Potter, M., Chesnut, K., et al. (1999). Recombinant adeno-associated virus purification using novel methods improves infectious titer and yield. Gene Ther. 6, 973–985. doi: 10.1038/sj.gt.3300938

Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2021 Rankovic, Vogl, Dörje, Bahader, Duque-Afonso, Thirumalai, Weber, Kusch, Strenzke and Moser. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.












	 
	ORIGINAL RESEARCH
published: 11 March 2021
doi: 10.3389/fnmol.2021.635897





[image: image]

Developing Fast, Red-Light Optogenetic Stimulation of Spiral Ganglion Neurons for Future Optical Cochlear Implants

Antoine Tarquin Huet1,2†, Tobias Dombrowski1,3,4†‡, Vladan Rankovic1,2,5, Anupriya Thirumalai1,6 and Tobias Moser1,2,4,7*

1Institute for Auditory Neuroscience and InnerEarLab, University Medical Center Göttingen, Göttingen, Germany

2Auditory Neuroscience and Optogenetics Laboratory, German Primate Center, Göttingen, Germany

3Department of Otolaryngology, Head and Neck Surgery, St. Elisabeth Hospital, Ruhr University Bochum, Bochum, Germany

4Collaborative Research Center 889, University of Göttingen, Göttingen, Germany

5Restorative Cochlear Genomics Group, Auditory Neuroscience and Optogenetics Laboratory, German Primate Center, Göttingen, Germany

6Göttingen Graduate School for Neurosciences and Molecular Biosciences, University of Göttingen, Göttingen, Germany

7Multiscale Bioimaging Cluster of Excellence (MBExC), University of Göttingen, Göttingen, Germany

Edited by:
Thomas Matthew Coate, Georgetown University, United States

Reviewed by:
Ruili Xie, The Ohio State University, United States
Elizabeth Anne McCullagh, Oklahoma State University, United States

*Correspondence: Tobias Moser, tmoser@gwdg.de

†These authors have contributed equally to this work

‡Present address: Tobias Dombrowski, Department of Otolaryngology, Head and Neck Surgery, University Medical Center Göttingen, Göttingen, Germany

Received: 30 November 2020
Accepted: 26 January 2021
Published: 11 March 2021

Citation: Huet AT, Dombrowski T, Rankovic V, Thirumalai A and Moser T (2021) Developing Fast, Red-Light Optogenetic Stimulation of Spiral Ganglion Neurons for Future Optical Cochlear Implants. Front. Mol. Neurosci. 14:635897. doi: 10.3389/fnmol.2021.635897

Optogenetic stimulation of type I spiral ganglion neurons (SGNs) promises an alternative to the electrical stimulation by current cochlear implants (CIs) for improved hearing restoration by future optical CIs (oCIs). Most of the efforts in using optogenetic stimulation in the cochlea so far used early postnatal injection of viral vectors carrying blue-light activated channelrhodopsins (ChRs) into the cochlea of mice. However, preparing clinical translation of the oCI requires (i) reliable and safe transduction of mature SGNs of further species and (ii) use of long-wavelength light to avoid phototoxicity. Here, we employed a fast variant of the red-light activated channelrhodopsin Chrimson (f-Chrimson) and different AAV variants to implement optogenetic SGN stimulation in Mongolian gerbils. We compared early postnatal (p8) and adult (>8 weeks) AAV administration, employing different protocols for injection of AAV-PHP.B and AAV2/6 into the adult cochlea. Success of the optogenetic manipulation was analyzed by optically evoked auditory brainstem response (oABR) and immunohistochemistry of mid-modiolar cryosections of the cochlea. In order to most efficiently evaluate the immunohistochemical results a semi-automatic procedure to identify transduced cells in confocal images was developed. Our results indicate that the rate of SGN transduction is significantly lower for AAV administration into the adult cochlea compared to early postnatal injection. SGN transduction upon AAV administration into the adult cochlea was largely independent of the chosen viral vector and injection approach. The higher the rate of SGN transduction, the lower were oABR thresholds and the larger were oABR amplitudes. Our results highlight the need to optimize viral vectors and virus administration for efficient optogenetic manipulation of SGNs in the adult cochlea for successful clinical translation of SGN-targeting gene therapy and of the oCI.
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INTRODUCTION

Sensorineural hearing impairment, the most common form of hearing impairment, is typically characterized by a dysfunction or loss of hair cells transducing sound signals and generating a neural code at their synapses with spiral ganglion neurons (SGNs). The etiology of sensorineural hearing impairment ranges from genetic defects to aging, external factors as noxious sounds, ototoxic antibiotics, and chemotherapeutic agents. Typically, disorders converge in a dysfunction and loss of sensory hair cells (see recent review in Kleinlogel et al., 2020). As of today, causal treatment options such as gene therapy or hair cell regeneration are not yet available for clinical use. Hence, hearing aids and cochlear implants have remained the leading means of hearing rehabilitation. The electrical cochlear implant (eCI) directly stimulates SGNs electrically (Zeng et al., 2008; Lenarz, 2018). eCIs partially restore hearing and enable open speech intelligibility to most of its ∼700,000 users, making the eCI the most successful neuroprosthesis. Nonetheless, hearing in more complex acoustic scenes such as speech in noise or music is impeded by the wide spread of electrical current from each electrode contact, thus recruiting a large portion of SGNs and limiting the maximum number of independent channels to ≤10 (Kral et al., 1998; Zeng and Galvin, 1999; Friesen et al., 2001; Middlebrooks, 2005).

Optical stimulation presents an attractive alternative, as light can be better confined in space (Richter and Tan, 2014; Kleinlogel et al., 2020). Photosensitization of neurons can be achieved by optogenetics, i.e., expressing Channelrhodopsins (ChRs) in the plasma membrane of neurons (Nagel et al., 2003; Boyden et al., 2005). Optogenetic stimulation of the SGNs was shown to activate the auditory pathway (Hernandez et al., 2014; Duarte et al., 2018; Keppeler et al., 2018; Mager et al., 2018; Wrobel et al., 2018; Dieter et al., 2019, 2020b; Keppeler et al., 2020; Thompson et al., 2020) and to restore hearing in various models of deafness (Hernandez et al., 2014; Mager et al., 2018; Wrobel et al., 2018; Keppeler et al., 2020). Recent studies, characterizing the cochlear spread of excitation by recordings from the inferior colliculus, validate the advantage of optogenetic SGN stimulation over conventional electrical stimulation (Dieter et al., 2019, 2020b; Keppeler et al., 2020). Introduction of a given opsin (i.e., a photosensitive protein) into neurons can be performed by viral gene transfer (for review, Kleinlogel et al., 2020). Wrobel et al. (2018) pioneered intramodiolar AAV- injection into the cochlea of adult gerbil to transduce SGNs with CatCh (i.e., Channelrhodopsin variant showing an enhanced Ca2+ permeability; Kleinlogel et al., 2011). This approach enabled optically evoked auditory brainstem responses (oABR) in 46% of the injected gerbils (Wrobel et al., 2018). The cochleae of responsive animals showed an average SGN transduction rate of ∼30% with relatively even distribution across all cochlear turns. The observed low transduction efficiency highlights the need to improve the optogenetic modification of adult SGNs for the development of the oCI toward clinical translation. Additionally, generating and characterizing ChRs appropriate for restoring sound encoding in SGNs is critical. The ideal candidate ChR (for reviews, see Jeschke and Moser, 2015; Dombrowski et al., 2019; Dieter et al., 2020a) should combine (i) large ion conductance: to confer high light sensitivity to SGNs via large photocurrents while keeping the number of expressed ChRs low; (ii) fast kinetics: to enable firing rates as found in physiology, ∼200–300 spike/s (Heil and Peterson, 2015; Huet et al., 2016) and phase-locking of firing up to ∼ few hundreds Hz of stimulation (Heil and Peterson, 2016); (iii) a red-shifted action spectrum for lowering the risk of phototoxicity (Kerstein et al., 2014) and for deeper light propagation (Jacques, 2013). The Chrimson (Klapoetke et al., 2014) variants f-Chrimson and vf-Chrimson, obtained from mutagenesis of helix 6, showed good photocurrents (f-Chrimson > vf-Chrimson), fast kinetics (τoff at body temperature of 3.2 and 1.6 ms for f-Chrimson and vf-Chrimson, respectively), and a red-shifted action spectrum making them interesting candidates for the development of the oCI (Mager et al., 2018). Indeed, f-Chrimson was successfully expressed in SGNs of mice following an early postnatal viral cochlear injection and enabled SGN stimulation at few hundreds Hz at the population and single neuron levels (Mager et al., 2018). This study used early postnatal AAV2/6 injection into the scala tympani and achieved high SGN transduction rates in most injected mice (approximately 75% of SGNs transduced on average across all turns).

In order to further evaluate the potential of f-Chrimson for future optogenetic hearing restoration, we employed the Mongolian gerbil as a preclinical rodent model with a larger cochlea and a hearing frequency range more similar to humans than found in mice (Dieter et al., 2020a). Specifically, in order to bridge the successful early postnatal SGN transduction in mice (e.g., Duarte et al., 2018; Keppeler et al., 2018; Mager et al., 2018) and the less efficient SGN manipulation in the adult cochlea of gerbils (e.g., Wrobel et al., 2018; Dieter et al., 2019, 2020b) we compared early postnatal (P8) and adult (>8 weeks) cochlear administration of a potent AAV vector: AAV-PHP.B (Deverman et al., 2016) carrying f-Chrimson. Thereby, we aimed to distinguish the hypotheses that the difference in transduction efficiency between previous studies in mice and gerbils was (i) due to the age at AAV-administration or (ii) due to species differences. We compared scala tympani injections into the postnatal cochlea to intramodiolar injection into the adult cochlea, since AAV injection into scala tympani of adult gerbils was previously found to be rather inefficient (Wrobel et al., 2018) and intramodiolar injection of the early postnatal rodent cochlea seems intractable. We evaluated f-Chrimson expression in SGNs by recordings of optically evoked auditory brainstem (oABR) as well as by post-mortem immunohistochemistry to probe transduction rate and f-Chrimson expression in the SGN plasma membrane. Moreover, we analyzed adult injections with AAV2/6 at higher titer and compared it to AAV-PHP.B from the first set of experiments. Finally, we employed adult intramodiolar AAV2/6 administration at different speeds in order to assess the particular affection of transduction rate and pressure-induced SGN loss (Wrobel et al., 2018).



RESULTS


Early Postnatal vs. Adult Optogenetic Manipulation of Spiral Ganglion Neurons via Cochlear Injection of AAV-PHP.B-f-Chrimson

Several studies aiming at optogenetic manipulation of SGNs were performed using AAV injection into the scala tympani of mice aged between 3 and 8 days (Duarte et al., 2018; Keppeler et al., 2018; Mager et al., 2018). This approach enabled oABRs in the majority of the injected animals (>90%) and achieved a high transduction rate across the 3 cochlear turns often exceeding ∼70% on average. In contrast, when directly injecting the AAV suspension into the scala tympani of adult gerbils (>8 weeks), little or no transduction of SGNs was found (Wrobel et al., 2018 and Supplementary Figure S1A). Considering lower SGN accessibility for AAVs from scala tympani of the fully ossified mature cochlea, direct intramodiolar AAV-administration toward the SGN somata via a minute drilled hole was implemented. Still, only 46% of the intramodiolarly injected adult gerbils showed oABRs. In those animals an average transduction rate of ∼30% of SGNs was found across the cochlear turns (Wrobel et al., 2018). To address the reasons for the different outcome of transduction for postnatal AAV-injection into the mouse cochlea and for AAV-injection into the adult gerbil cochlea, we established the postnatal AAV injection (8th postnatal day, n = 6) in gerbils and compared the results to those of intramodiolar AAV injection in the adult gerbil (>8 weeks, 11.54 ± 0.63 weeks old, n = 11). AAV-PHP.B was chosen for its neurotropic potency (Deverman et al., 2016) and carried f-Chrimson (Mager et al., 2018) linked to the reporter enhanced yellow fluorescent protein (EYFP) under control of the human synapsin promoter. Approximately 10 weeks after injection (early postnatal: 10.92 ± 1.34 vs. adult: 9.25 ± 0.77 weeks, p = 0.42, Wilcoxon rank sum test), the SGN density and their expression of f-Chrimson-EYFP were analyzed by confocal microscopy of mid-modiolar cryosections immunolabeled for GFP and calretinin (Figure 1A and Supplementary Figure S1A) in both groups, regardless of the presence or absence of oABRs. For efficient analysis of the large number of neurons under study, a semi-automatic approach was developed to analyze the confocal sections. Specifically, we determined SGN density (i.e., the ratio between the number of SGN somata and the cross-sectional area of Rosenthal’s canal housing the spiral ganglion) and the density of GFP-positive SGN somata (GFP+ SGNs, Supplementary Figure S2). As illustrated in Supplementary Figure S1A, for a high proportion of cochleae included in this study the marker calretinin, calb2, did not support robust SGN detection. Therefore, SGN somata were manually detected based on background fluorescence in the GFP (green) channel by the experimenter using a touchscreen. Identified SGNs were then segmented automatically in a ∼20 ×∼20 μm window centered on the position marked by the user and the median green fluorescence of somatic SGN was measured. Second, we fitted a Gaussian mixture model with typically 1–3 components to the distribution of median somatic SGN fluorescence. The fluorescence threshold above which an SGN cell was considered being transduced was set as the mean + twice the standard deviation of the Gaussian with the lowest mean (considered as representing the background, see Supplementary Figure S2 and section “Materials and Methods” for more details).
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FIGURE 1. Comparison of f-Chrimson expression in spiral ganglion neurons (SGNs) and optically evoked auditory brainstem responses (oABR) between early postnatally and adult injected cochleae using AAV-PHP.B as a viral vector. (A) Representative maximum projection of confocal images obtained from immunolabeled mid-modiolar cochlear cryosections (cochlear apical, middle and basal turn) following early postnatal (P8, top, orange) or adult (>8 weeks, bottom, blue) cochlear pressure injection of AAV-PHP.B-f-Chrimson. GFP (green) marks transduced SGNs and calretinin (magenta) was used as a generic SGN marker (scale bar = 50 μm). (B,C) Magnified view on single SGN somata (from A) in the GFP channel from early postnatally (B) and adult (C) injected cochleae. The color code was changed to “fire” and dynamically adjusted to highlight in white the GFP peak expression (Scale bar = 5 μm). (D,E) SGN density (B) and density of GFP-positive SGNs (C) measured at the cochlear apical, middle and basal turn and average of the 3 turns for early postnatally (n = 6) and adult (n = 11) AAV-PHP.B-f-Chrimson injected cochleae. Wilcoxon rank sum test (*p ≤ 5 × 10–2, ****p ≤ 10–4). Box plots show minimum, 25th percentile, median, 75th percentile, and maximum with individual data point overlaid. (F) Normalized line profiles, from early postnatally (orange, N = 6 cochleae, n = 27 SGNs) and adult (blue, N = 9 cochleae, n = 28 SGNs) injected cochleae, were measured for calretinin (Calr, dashed lines) and GFP (plain lines) channels, normalized and aligned at 30% of Calretinin rise. (G) Quantification of the distance between the estimated cell membrane (i.e., 30% of Calretinin rise) and the peak of the GFP line profile from early postnatally (orange) and adult (blue) injected cochleae (data presented in D). Wilcoxon rank sum test (**p ≤ 1 × 10–2). Box plots show minimum, 25th percentile, median, 75th percentile, and maximum. (H) Largest recorded oABR of gerbils following early postnatal (top, orange) and adult (bottom, blue) injected cochleae for various light radiant flux (λ = 594 nm, pulse duration = 1 ms, repetition rate = 10 Hz). oABRs could be recorded in 6 out of 6 early postnatally injected gerbils vs. 3 oABRs out of 11 adult injected gerbils. The color scale encodes the radiant flux. (I–K,M) oABR threshold (E), P1-N1 amplitude (at 14 mW, F), P1 latency (at 14 mW, G) and P2-N2 amplitude (at 14 mW, I) obtained from gerbils following early postnatal (orange) or adult (blue) cochlear AAV injection. (L) P1-N1 amplitude growth function of oABRs from early postnatally (orange) and adult (blue) injected gerbils. Amplitude were normalized relative to the amplitude at 14 mW. Average ± SEM.


The SGN density (Figure 1D) was similar between both groups across the 3 cochlear turns and amounted to an average per injected cochlea of 15.11 ± 1.15 and 15.69 ± 1.89 SGNs/104 μm2 (p = 0.37, Wilcoxon rank sum test) for early postnatal (n = 6) and adult (n = 11) AAV injections, respectively. For both groups, the SGN density, averaged over the 3 cochlear turns, was significantly lower in the injected compared to the non-injected ear (Supplementary Figure S3A, quantified on a subset of animals for which histological data were available for both cochleae). The SGN density of early postnatally injected ears amounted to 15.11 ± 1.15 SGN/104 μm2 compared to 22.94 ± 1.71 SGN/104 μm2 in the contralateral non-injected ears (n = 6, p = 0.03, Wilcoxon signed rank test) and for adult injected ears: 14.81 ± 2.49 SGN/104 μm2 vs. 20.28 ± 0.82 SGN/104 μm2 in the contralateral non-injected ears (n = 7, p = 0.04, Wilcoxon signed rank test). While we anticipated neural loss for the injection into the adult Rosenthal canal probably due to the transient pressure increase during the injection (Wrobel et al., 2018), no such loss was previously reported for postnatally scala tympani injection into mouse ears (Keppeler et al., 2018; Mager et al., 2018). Moreover, the observed SGN densities were lower by 5–10 SGNs/104 μm2 than reported in Wrobel et al. (2018), which we attribute to methodological differences (Supplementary Figure S1, see section “Materials and Methods,” histological quantification for more details).

We found transduced SGNs (GFP+ SGNs, Figure 1E) in all early postnatally injected ears (n = 6) and in ∼90% of adult injected ears (n = 11). The density of GFP+ SGNs was significantly higher across all cochlear turns for the early postnatally injected compared to the adult injected ears (Table 1).


TABLE 1. Density of GFP+ SGNs per cochlear turn and injection age (Wilcoxon rank sum test).

[image: Table 1]
Expressed as transduction rate, this corresponds to overall rates of 58.62 ± 4.46% and 12.99 ± 3.85% SGNs being transduced via the early postnatal and the adult injection, respectively. When only considering cochleae of adult injected gerbils from which an oABR (see below) could be measured, the transduction rate remained lower (19.27 ± 6.6%, 3.1 ± 1.14 GFP+ SGNs/104 μm2) than found for early postnatal injection. Finally, investigating the presence of GFP+ SGNs in the non-injected cochleae revealed, in some cases, a spread of the virus to the contralateral ear upon early postnatal injection (Supplementary Figure S3B), whereas no GFP+ SGNs were found in ears contralateral to the adult injection side. The cochlear aqueduct and/or the endolymphatic duct were previously discussed as potential routes of viral spread via the cerebrospinal fluid space (Lalwani et al., 1996; Keppeler et al., 2018).

Next, we assessed the subcellular distribution of f-Chrimson-EYFP (Figure 1B,C) by measuring line profiles in GFP+ SGNs of injected cochleae (Figure 1F; i.e., GFP immunofluorescence intensity along a line orthogonal to the somatic SGN plasma membrane, measured from single confocal sections of SGNs immunolabeled for GFP and calretinin). The shorter distance between the intensity peak of the GFP immunofluorescence and the estimated position of the cell membrane (operationally defined as 30% of calretinin immunofluorescence rise) indicated a significantly greater plasma membrane expression of f-Chrimson-EYFP for early postnatally injected cochleae (0.88 ± 0.09 μm) compared to adult injected cochleae (1.37 ± 0.13 μm, p = 8.2 × 10–3, Wilcoxon rank sum test, Figure 1G). This result suggests a more efficient f-Chrimson-EYFP trafficking to the plasma membrane when transducing SGNs at an early age compared to adulthood.

Animals were tested for oABRs by inserting a 50 μm optical fiber coupled to an orange laser (λ = 594 nm) into their round window. Positive oABRs could be measured in 100% of the cochleae that received an early postnatal injection compared to 27.27% of adult injected cochleae. oABR traces, generally, showed heterogeneous morphology and were characterized by 2–4 positives waves (P1-P4; Figure 1H: traces with largest oABR amplitudes, Supplementary Figures S4A,B: all traces, black). Compared to animals that received an adult injection (n = 3/11), oABRs in early postnatally injected animals (n = 6/6) tended to have lower thresholds for light (Figure 1I, early postnatal injection: 1.2 ± 0.57 mW vs. adult injection: 5.33 ± 1.76 mW, we refrained from significance testing given the small number of oABR-positive adult injected animals), larger amplitudes (first wave: P1, Figure 1J, 2.17 ± 0.89 vs. 0.74 ± 0.37 μV; P2, Figure 1M, 2.59 ± 0.47 vs. 0.34 ± 0.28 μV), and shorter P1 latency (Figure 1K, 0.83 ± 0.07 vs. 1.38 ± 0.15 μV). The superior oABR responses of early postnatally injected animals are evident also from the growth of P1 amplitude with radiant flux (Figure 1L). This difference is in accordance with the larger number of transduced SGNs and the better f-Chrimson-EYFP SGN plasma membrane expression revealed by immunohistochemistry in early postnatally injected animals. The correlation between the histological and functional data is discussed below.



Comparing AAV-PHP.B and AAV2/6 for Optogenetic Manipulation of Adult Gerbil SGNs

Given the limited transduction efficiency observed upon intramodiolar AAV administration into the adult cochlea, we compared the above described outcome of AAV-PHP.B (titer: 1.51 × 1012 genome copies/ml) to those obtained with a higher titer (9.9 × 1012 genome copies/ml) of AAV2/6, also carrying f-Chrimson-EYFP under the control of the human synapsin promoter. Figure 2 shows the AAV2/6 data (green) next to the AAV-PHP.B data (blue, replotted from Figure 1). AAV2/6 injected gerbils were slightly younger (9.88 ± 0.18 weeks old, n = 34) than the AAV-PHP.B group (11.54 ± 0.63 weeks old, n = 11, p = 0.02, Wilcoxon rank sum test). Representative confocal sections of mid-modiolar cryosections of AAV-PHP and AAV2/6 injected cochleae, immunolabeled for GFP (green) and calretinin (magenta), are shown in Figure 1A (lower panels) and Figure 2A, respectively. The SGN density in the injected ears (Figure 2B) was similar for both groups across the 3 cochlear turns and amounted to an average across the cochlea of 16.60 ± 0.72 SGNs/104 μm2 for AAV2/6 vs. 15.69 ± 1.89 SGNs/104 μm2 for AAV-PHP.B (p = 0.97, Wilcoxon rank sum test). At least one GFP+ SGN was found in 96.3% (26 out of 27) and 90.91% (10 out of 11) of mid-modiolar cryosections from AAV2/6 and AAV-PHP.B injected gerbil cochleae, respectively. The density of GFP+ SGNs (Figure 2C) tended to be higher for AAV2/6 (2.86 ± 0.44 SGNs/104 μm2, transduction rate = 17.39 ± 2.64%) than for AAV-PHP.B (1.85 ± 0.51 SGNs/104 μm2, transduction rate = 12.99 ± 3.85%), which however did not reach statistical significance (p = 0.33, Wilcoxon rank sum test). Despite the trend toward higher transduction rate, oABRs could only be recorded in 14.81% of AAV2/6 injected animals compared to 27.27% for AAV-PHP.B. The largest oABRs recorded are shown in Figure 2D for AAV2/6 and Figure 1H (lower panel) for AAV-PHP.B respectively. oABR thresholds (Figure 2E), P1-N1 amplitudes (Figure 2F), P1 latencies (Figure 2G), and P1-N1 growth functions (Figure 2H) were similar for both groups.
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FIGURE 2. Comparison of f-Chrimson expression in SGNs and oABRs between AAV-PHP.B and AAV2/6 cochlear injections in adult gerbils. (A) Representative maximum projection of confocal images obtained from immunolabeled mid-modiolar cochlear cryosections (cochlear apical turn) following adult pressure cochlear injection of AAV2/6-f-Chrimson. GFP (green) marks transduced SGNs and calretinin (magenta) was used as a generic SGN marker (scale bar = 50 μm). (B,C) SGN density (B) and GFP-positive SGNs density (C) measured at the cochlear apical, middle and basal turn and average of the 3 turns for AAV-PHP.B (n = 11) and AAV2/6 (n = 28) f-Chrimson injected cochleae. Box plots show minimum, 25th percentile, median, 75th percentile, and maximum with individual data point overlaid. (D) Largest oABR recorded following AAV2/6 adult injected cochleae (λ = 594 nm, pulse duration = 1 ms, repetition rate = 10 Hz). oABRs could be recorded in 4 out of 27 gerbils. The color scale encodes the radiant flux. (E–G) oABR threshold (E), P1-N1 amplitude (at 14 mW, F), and P1 latency (at 14 mW, G) measured from PHP.P (blue) and AAV2/6 (green) adult injected gerbils. (H) P1-N1 amplitude oABR growth function of AAV-PHP.B (blue) and AAV2/6 (green) injected gerbils. Amplitude were normalized relative to the amplitude at 14 mW. Average ± SEM. For all panels AAV-PHP.B data (blue) are replotted from Figure 1.




Can Low Speed Injection Preserve SGNs Density?

In order to reduce the mechanical stress resulting from intramodiolar pressure injection and to better control the volume of virus suspension administered into the cochlea, we turned to a microsyringe pump-driven application. This allowed us to investigate the effect of different speeds of injection of 3 μl of AAV2/6 (titer = 9.9 × 1012 genome copies/ml; speed: 0.15 μl/min, n = 5; 0.3 μl/min, n = 3; 0.6 μl/min, n = 6). We administered the virus suspension via the intramodiolar route and, to promote the sealing of the pipette at the injection side, applied a droplet of hyaluronic acid hydrogel to the round window niche after insertion of the injection pipette into the drilled hole. 6 weeks after AAV2/6 administration (6.02 ± 0.41 weeks), immunohistochemistry, indeed, revealed a significantly higher SGNs density for injections at 0.15 μl/min compared to 0.3 and 0.6 μl/min (Figure 3A). This was evident for the cochlear apex (0.15 μl/min: 25.14 ± 3.29 SGNs/104 μm2; 0.3 μl/min: 4.18 ± 2.75 SGNs/104 μm2, p = 5.7 × 10–3; 0.6 μl/min: 7.98 ± 3.33 SGNs/104 μm2, p = 8.9 × 10–3, Kruskal-Wallis test followed by a Tukey’s multiple comparison test) and when averaging the results of all three cochlear turns (0.15 μl/min: 22.77 ± 2.09 SGNs/104 μm2; 0.3 μl/min: 8.09 ± 4.04 SGNs/104 μm2, p = 1.8 × 10–2; 0.6 μl/min: 10.66 ± 1.81 SGNs/104 μm2, p = 3.1 × 10–4; Kruskal-Wallis test followed by a Tukey’s multiple comparison test). Interestingly, the average SGN density following the slowest injection (22.77 ± 2.09 SGNs/104 μm2) was similar to what observed for adult non-injected cochleae (20.28 ± 0.82 SGN/104 μm2, Supplementary Figure S3, p = 0.22, Wilcoxon rank sum test). Nonetheless, the SGN density found with the slowest administration was not significantly greater than that of the pressure injection group (see above). The administration via the microsyringe pump did not offer an obvious advantage regarding the achieved transduction rate. Only few SGNs expressing f-Chrimson-EYFP (Figure 3B) tended to be found at the apex of the cochlea for the microsyringe pump administration for all three speeds in contrast to the pressure injected cochleae, while transduction rates were more comparable at the base of the cochlea. Too few positive oABRs were detected following the slow AAV2/6 injection to be quantified. Those we could record (Supplementary Figures S4D,E) were similar in shape, amplitude, and latency to oABRs following pressure injection and reported earlier in this study. These results suggest an advantage of the intramodiolar pressure injection in terms of number of transduced cells compared to the slow injection technique, at the expense of a mild SGNs loss. The SGNs loss seems to be avoidable by perfusing at ≤0.15 μl/min.
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FIGURE 3. Comparison of f-Chrimson expression in SGNs following pressure or slow (0.6, 0.3, 0.15 μl/min) AAV2/6 intramodiolar injection. (A,B) SGN density (A) and density of GFP-positive SGNs (B) measured in the cochlear apical, middle, basal turns and averages across the 3 turns for pressure (green, n = 27) and slow injection: 0.6 μl/min (light gray, n = 6), 0.3 μl/min (gray, n = 3), 0.15 μl/min (black, n = 5). Kruskal-Wallis test followed by a Tukey’s multiple comparison test (*p ≤ 5 × 10–2, **p ≤ 10–2). Box plots show minimum, 25th percentile, median, 75th percentile, and maximum with individual data point overlaid.




Correlating oABRs to the Fraction of f-Chrimson Transduced SGNs

Next, we related the transduction rate and oABR results for every animal included in this study, for which both the immunohistochemistry and oABR analysis were performed (postnatal AAV-PHP.B, n = 6; adult pressure-injected AAV-PHP.B, n = 11; adult pressure-injected AAV2/6, n = 27; adult 0.6 μl/min AAV2/6, n = 6; adult 0.3 μl/min AAV2/6, n = 6; adult 0.15 μl/min AAV2/6, n = 5). The average transduction rate (averaged across the cochlear turns, Figure 4A and pooled over all modes of injections and viral vectors) was significantly higher for cochleae from which an oABR could be recorded (39.43 ± 4.9%, n = 16) than for cochleae of gerbils without oABR response (9.84 ± 1.71%, n = 46, p = 2.73 × 10–6, Wilcoxon rank sum test). An oABR could already be observed for transduction rates of 6.35% (1.08 GFP+ SGN/104 μm2). Surprisingly, also 19.57% of the negative animals had a transduction rate higher than 15%, suggesting a potential lack of sensitivity of the oABR elicited by optical stimulation from a 50 μm fiber measure as a screening method or that some transduced cells could have been not photosensitized (i.e., transduced but lacking proper membrane expression of the ChR, Keppeler et al., 2018; Wrobel et al., 2018). This later point was addressed by measuring the expression profile of f-Chrimson (Supplementary Figure S5A) relative to the estimated position of the cell membrane (i.e., 30% of calretinin immunofluorescence rise). The average distance between GFP peak and the estimated cell membrane position was similar between cochleae from which an oABR could be measured or not (Supplementary Figure S5B, negative oABR: N = 7 cochleae, n = 33 SGNs, 1.39 ± 0.15 μm; positive oABR: N = 5 cochleae, n = 38 SGNs, 1.37 ± 0.16 μm, p = 0.66, Wilcoxon rank sum test). We found a significant negative correlation between oABR threshold and transduction rate (TR, Figure 4B, y [in mW] = −7.88 ∗ TR + 6.3, r = −0.61, p = 0.011). Moreover, we obtained a significant positive correlation between the oABR amplitude and the transduction rate (Figure 4C, y [in μV] = 5.64 ∗ TR – 1, r = 0.70, p = 0.0027). Both regressions confirm the plausible hypothesis that the lowest threshold and biggest amplitude of oABRs are observed for cochleae with the highest proportion of SGNs expressing f-Chrimson.
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FIGURE 4. Correlating the rate of SGN transduction to f-Chrimson-mediated oABRs. (A) Transduction rate (defined as the ratio between the GFP+ SGN density and the SGN density) for gerbils lacking (Neg) or showing (Pos) an oABR. Wilcoxon rank sum test (****p ≤ 1 × 10–4). (B,C) Relationship between oABR threshold (B), amplitude (C) and the transduction rate (TR). Dashed lines are fitted using linear models: (B) y (in mW) = –7.88 * TR + 6.3 (linear correlation test: r = –0.61, p = 0.011); (C) y (in μV) = 5.64 * TR – 1 (linear correlation test: r = 0.70, p = 0.0027). The color code for the different injection conditions is represented on the right of the figure.





DISCUSSION

Here, we used the Mongolian gerbil as preclinical model to further develop f-Chrimson-mediated optogenetic stimulation of SGNs. The Mongolian gerbil is of particular interest for auditory preclinical studies because its middle ear and cochlea are relatively large and, similarly to humans, hearing extends to the low frequency range (Huet et al., 2018). The achieved f-Chrimson expression enabled optical activation of the auditory pathway as indicated by recordings of oABRs. This set-up allowed us to test different time points and procedures for cochlear AAV administration as well as the impact of serotype and titer. Finally, we found a positive relationship between the strength of optogenetic activation of the auditory nerve and the rate of SGN transduction.

Different from previous studies, we systematically scrutinized viral transduction and membrane ChR expression of gerbil SGNs regardless of whether oABR could be recorded or not. We used f-Chrimson, a fast gating variant of the red-light activated ChR Chrimson because it has translational potential for optogenetic hearing restoration, similar to ChrimsonR used in the PIONEER clinical trial on optogenetic vision restoration (ClinicalTrials.gov, 2017, 03326336). Counting injected ears only, we analyzed a total of 17,749 SGNs from 66 cochleae. To do this efficiently, we developed a computer-assisted approach that also standardized and improved the determination of ChR–expressing SGNs. As calretinin was shown to be expressed only in a subset of SGNs (Petitpré et al., 2018; Shrestha et al., 2018; Sun et al., 2018; Wrobel et al., 2018) and calretinin staining was partially inconsistent in our samples (Supplementary Figure S1A), the detection of SGNs was more reliable when based on the background fluorescence in the GFP channel. Comparing to parvalbumin immunolabeling for detecting SGNs, we missed 5.56 SGN/104μm2 (19.15%) by our approach based on background fluorescence. This likely led us to overestimate the transduction rate, such that we decided to also present number of transduced SGNs per unit area of the Rosenthal canal. Future studies should use more general neuronal markers as parvalbumin (Supplementary Figure S1B, Eybalin and Ripoll, 1990; Pack and Slepecky, 1995), β-III tubulin (Hallworth and Ludueña, 2000), or Na/K ATPase alpha 3 (McLean et al., 2009).

SGNs expressing f-Chrimson were found in the majority of the cochleae while an average transduction rate of 10% was also found in negative oABR cochleae, thus revealing a fair success of the viral gene transfer approaches used in this study. For comparison, Wrobel et al. (2018), using similar viral vector, titer, injection age, and injection route, did not find any transduced cells in the 4 negative oABR cochleae investigated for immunohistochemistry. In the current study, oABR could not be recorded in 19.5% of animals despite a SGN transduction rate higher than 15% (2.09 GFP+ SGNs/104 μm2). This suggests a lack of sensitivity of the oABR in this particular setting, potentially owing to difficulties to find the optimal light projection from the small caliber (50 μm) optical fiber.

For the first time, to our knowledge, this study compared the optogenetic SGNs manipulation at an early postnatal stage (p8) and at the adult stage (>8 weeks) by cochlear AAV administration (AAV-PHP.B-hSyn-f-Chrimson). Similar to early postnatal AAV administration in mice (AAV2/6, Mager et al., 2018), we found oABRs with low thresholds in 100% of the early postnatally injected gerbils, high transduction rates (>50%), and a clear plasma membrane expression of f-Chrimson. The oABR threshold radiant flux was low (1.2 mW) similar to the previous findings in mice (0.5 mW, Mager et al., 2018). In contrast, adult injected cochleae showed a lower oABR success rate (∼30%), and, when present, smaller oABR amplitudes and higher threshold radiant flux (5.1 mW), as well as low transduction rate (∼10% for all cochleae and ∼20% for positive oABR cochleae). Those values are lower than previous reported on adult gerbil SGN using AAV2/6-CatCh (Wrobel et al., 2018) and the reasons for the difference are not obvious.

So why is the viral gene transfer into SGNs less efficient in the adult cochlea, despite direct intramodiolar injection close to the spiral ganglions rather than injecting more indirectly into the perilymph as for the immature scala tympani injections? Possible reasons for lower efficiency of transduction of older neurons include (i) a decrease of receptor-mediated endocytosis with age (Sato et al., 2001; Sasaki et al., 2002; Polinski et al., 2016) and (ii) a reduction of the neuronal surface availability due to the development of extracellular matrix and glial cells. Disruption of the perineural nets with hyaluronidase in vivo was shown to increase the motor cortex neurons transduction rate by 20% of 11 weeks old rats (Wanisch et al., 2013). Future studies should focus on optimizing virus tropism and ability to reach SGNs, e.g., by using rational design and directed evolution of AAVs (Dalkara et al., 2013) and investigate the effect of co-injection of drugs increasing virus access to the SGN surface by loosening up the extracellular matrix (Dalkara et al., 2009). In addition, SGNs of adult injected cochleae showed a reduced plasma membrane expression of f-Chrimson compared to those in early postnatally injected cochleae, suggesting a less efficient ChR trafficking in mature neurons. This result might not be generalizable, as Wrobel et al. (2018) reported excellent plasma membrane expression of CatCh in SGNs optogenetically modified at adult age (Supplementary Figure S1). Nonetheless, considering that the early postnatal injection occurs during the maturation of the SGNs, one might reason that f-Chrimson trafficking benefits from the overall dynamic cell sorting of ion channels in maturing SGNs (Kim and Rutherford, 2016). Strategies to enhance membrane trafficking of f-Chrimson in mature neurons include appending sequences to improve exit from the endoplasmic reticulum and trafficking to the plasma membrane of opsins (Gradinaru et al., 2010; Keppeler et al., 2018).

Next, highly neurotropic AAV-PHP.B (1.51 × 1012 genome copies/ml) and AAV2/6 at higher titer (9.9 × 1012 genome copies/ml) were compared for their efficiency to optogenetically modify adult SGNs using f-Chrimson. Cochleae injected with AAV2/6 showed a trend to a higher number of transduced SGNs compared to AAV-PHP.B, similar SGNs density but fewer oABR positive gerbils. A previous study using early postnatal injection into the mouse cochlea showed improved SGNs transduction using AAV-PHP.B compared to AAV2/6 both in terms of transduction rate and oABR success rate (Keppeler et al., 2018). Another study injecting adult gerbil cochleae with both vectors showed similar light threshold and strength of responses of the inferior colliculus to optogenetic SGN stimulation (Dieter et al., 2019). The common bias across those studies was to use AAV-PHP.B at lower titer than AAV2/6. Therefore, future work should compare these and other vectors at the same titer to decipher the one having the highest efficiency for transducing adult SGNs.

Finally, we showed that using a slow injection speed (≤0.15 μl/min) via a micropump allowed to preserve the SGN density compared to a pressure injection, for which a fraction of neurons was lost (Figure 3 and Wrobel et al., 2018). We propose that loss of SGNs results from cell death upon mechanical stress causing an immediate structural breakdown (Galluzzi et al., 2015) but cannot rule out other reasons. Nonetheless, using slow injection, only a small proportion of SGNs were transduced. These results suggest that a slow injection may be favorable to improve cell survival once efficient transduction is established. For example, future work could combine a slow injection with an additional cochlear vent for efficient exposure of the spiral ganglion to the virus suspension. This might increase the transduction rate while securing SGN survival. Approaches reported in the literature mostly aimed at administration to the perilymphatic space, combining, for example, round window injection with posterior semicircular canal fenestration (PSCC) or injection from the PSCC to the round window (Yoshimura et al., 2018; Talaei et al., 2019).

The present study highlights challenges that general cochlear gene therapy and specifically optogenetic approaches face to make their way to efficient and safe viral gene transfer into SGNs and expression of a transgene of interest. Future studies on developing an oCI toward clinical application should aim to efficiently and safely transduce SGNs with a red-shifted, fast-gating channelrhodopsin that traffics well to the plasma membrane for low-light intensity stimulation with a high temporal precision. Additionally, future studies should aim to develop red-light microscale emitters in order to develop fiber- or LED-based implementations of an optical cochlear implant.



MATERIALS AND METHODS


Animals

All experiments were done in compliance with the German national animal care guidelines and were approved by the board for animal welfare of the University Medical Center Göttingen and the animal welfare office of the state of Lower Saxony (agreement 2014/1726 and 2017/2394). Experiments were performed on 69 Mongolian gerbils (Meriones unguicalatus) of both sexes. Early postnatal injections were performed at P8 and adult injections in animals older than 8 weeks (11.9 ± 0.82 weeks). Optically evoked auditory brainstem responses were recorded at least 8 and 4 weeks after injection for the early postnatal and adult injection, respectively.



Virus Purification

The virus purification procedure is extensively described in Huet and Rankovic (2021). In brief, triple transfection of HEK-293T cells was performed using pHelper plasmid (TaKaRa/Clontech), trans-plasmid providing viral capsid PHP.B (generous gift from Ben Deverman and Viviana Gradinaru, Caltech, United States) and cis plasmid providing f-Chrimson. AAV2/6 AAV was purchased from UNC Vector Core. Viral particles were harvested 72 h after transfection from the medium and 120 h after transfection from cells and the medium. Precipitation of the viral particles from the medium was done with 40% polyethylene glycol 8000 (Acros Organics, Germany) in 500 mM NaCl for 2 h at 4°C and then after centrifugation at 4,000 g for 30 min combined with cell pellets (already processed by salt-activated nuclease (SAN, Arcticzymes, United States) for additional 30 min SAN incubation at 37°C. Afterward, the cell lysates were clarified by centrifugation at 2,000 g for 10 min and then purified over iodixanol (Optiprep, Axis Shield, Norway) step gradients (15, 25, 40, and 60%) (Zolotukhin et al., 1999; Grieger et al., 2006) at 58,400 rpm for 2.25 h. Finally, viral particles were concentrated using Amicon filters (EMD, UFC910024) and formulated in sterile phosphate-buffered saline (PBS) supplemented with 0.001% Pluronic F-68 (Gibco, Germany). Virus titers were obtained according to manufacturer’s instructions by determining the number of DNase I resistant vg using qPCR (StepOne, Applied Biosystems) and AAV titration kit (TaKaRa/Clontech). Purity of produced viruses was routinely checked by silver staining (Pierce, Germany) after gel electrophoresis (NovexTM 4–12% Tris-Glycine, Thermo Fisher Scientific) according to manufacturer’s instruction. The presence of viral capsid proteins was positively confirmed in all virus preparations. Viral stocks were kept at −80°C until experiment day.



Virus Injection

Approximately 3 μl of virus were injected per cochlea via quartz micropipettes (tip diameter ∼20 μm, Science products; pulled with a P-2000 laser puller, Sutter Instruments) connected to a pressure microinjector (100–125 PSI, PLI-100 pico-injector, Harvard Apparatus) or a microsyringe pump (Micro4, World Precision Instruments). In this study, 2 capsids containing the same plasmid were compared: PHP.B (1.51 × 1012 genome copies/ml) and AAV 2.6 (9.9 × 1012 genome copies/ml). The plasmid contained the opsin f-Chrimson linked to the reporter protein enhanced yellow fluorescent protein under control of the promoter human synapsin.



Early Postnatal Injection of the Cochlea

Injections in the scala tympani of the left cochlea were performed at P8 essentially as described in Huet and Rankovic (2021). In brief, anesthesia was obtained by isoflurane (5% for anesthesia induction, 1–2% for maintenance, frequent testing of the absence of hind-limb withdrawal reflex) and analgesia using subdermal injection of buprenorphine (0.1 mg/kg body weight) and carprofen (5 mg/kg body weight, repeated 48 h after procedure). Body temperature was maintained warm by placing the animal on a remote-controlled custom-build heating blanket. Following a retro-auricular approach, the facial nerve was exposed in order to determine where to puncture the cartilaginous bulla with the injection pipette and target the scala tympani where virus suspension (1–1.5 μl) was injected. Following the injection, the surgical situs was closed by suturing the skin.



Adult Injection of the Cochlea

Adult injections were performed as described in Wrobel et al. (2018). In brief, anesthesia was obtained by isoflurane (5% for anesthesia induction, 1–2% for maintenance, frequent testing of the absence of hind-limb withdrawal reflex) and proper analgesia by subdermal injection of buprenorphine (0.1 mg/kg body weight) and carprofen (5 mg/kg body weight, repeated 48 h after procedure). Body temperature was maintained warm by placing the animal on a remote-controlled custom-build heating blanket. The left cochlea was exposed following a retro-auricular approach and a bullostomy. A 200 μm hole was drilled into the basal modiolus using a Kflex dental file (no. 15) bypassing the scala tympani. Then, 3 μl of virus suspension was injected through the drilling hole. In the case of the slow injection using the injection pump, the sealing of the pipette tip to the inner ear was guaranteed by sealing the surrounding of the pipette tip with hyaluronic acid hydrogel (1%). After the injection, the opened bulla was covered by retro-auricular autologous connective tissue and the skin sutured.



Optically Evoked Auditory Brainstem (oABR) Response

oABRs were recorded under anesthesia using isoflurane (5% for anesthesia induction, 1–2% for maintenance, frequent testing of the absence of hind-limb withdrawal reflex) and proper analgesia by subdermal injection of buprenorphine (0.1 mg/kg body weight) and carprofen (5 mg/kg body weight). The negative impact of isoflurane showed on acoustically evoked ABR (Ruebhausen et al., 2012) was considered to be of limited if of any relevance on optogenetically evoked ABR, as (i) the optogenetic activation of the SGNs do not rely on glutamate released by the IHCs and (ii) the oABR threshold was determined mostly on wave I. The body temperature was maintained at ∼37°C by a remote-controlled custom-made heating pad. The round window of the cochlea was exposed following a retro-auricular approach as described above for the adult injection preparation. Light delivery into the cochlea was ensured by inserting in the round window a 50 μm optical fiber coupled to a 594 nm laser (OBIS LS OPSL, 100 mW, Coherent Inc., Santa Clara, CA, United States). Laser power was calibrated prior to each experiment using a laser power meter (LaserCheck, Coherent Inc., Santa Clara, CA, United States). oABRs were recorded using 3 needle electrodes inserted bellow the left pinna, at the vertex and on the back of the animal near the tail. oABRs were amplified using a custom-made physiological amplifier, sampled at a rate of 50 kHz (NI PCI-6229, National Instrument), digitally filtered (300–3,000 Hz), and averaged 1,000 times. Stimulus generation and data acquisition were made using a custom-written software (MATLAB, MathWorks) employing National Instrument data acquisition cards in association with custom-build laser-controller. Recordings were performed in a soundproof chamber (IAC Acoustics, Illinois, United States). oABR traces were analyzed offline using a custom-made software (MATLAB, MathWork) allowing detection of oABRs waves I, II, and III. The oABRs threshold was determined as the lowest light intensity for which one of the 3 waves was reliably visible. The latency of a given wave was defined as the delay between the stimulus onset and the wave of interest.



Immunohistochemistry and Confocal Microscopy

Following puncture of the oval and round windows, cochleae were fixed using formaldehyde (4%) in PBS for 1 h, decalcified using EDTA (0.12 M) for 7 days, and cryosectioned. Sections were then incubated for 1 h in donkey serum dilution buffer, overnight at 4°C in primary antibody solution, and 1 h at room temperature in secondary antibody solution. For injected cochleae, the following primary antibody was used: goat anti-Calretinin (CG1, Swant, 1:300) and the following AlexaFluor-labeled secondary antibodies were used: rabbit anti-GFP Alexa fluor 488 (A-21311, Thermo Fisher Scientific, 1:500), donkey anti-goat 568 IgG (H + L) (A-11057, Invitrogen). For some control cochleae, anti-calretinin primary antibody was replaced by guinea pig anti-parvalbumin (195004, Synaptic Systems, 1:300) and goat anti-guinea pig 568 IgG (H + L) (A1107, Thermo Fisher Scientific, 1:200). Confocal images were collected using either a SP5 microscope (Leica, Hamburg, Germany) or a LSM510 (Zeiss, Jena, Germany).



Histological Quantification

The quantification of the number of SGNs was made using a self-written algorithm (MATLAB, MathWorks) allowing a computer assisted thresholding. Calretinin initially employed in this study as a neuronal marker was recently shown to not be expressed in every SGNs subtypes (Petitpré et al., 2018; Shrestha et al., 2018; Sun et al., 2018). Additionally in a high proportion of the samples, calretinin immunofluorescence was barely visible (Supplementary Figure S1A). Therefore, SGN somas were manually detected in the background fluorescence of GFP immunolabeling (Supplementary Figures S1A, S2A,B). The detection was made using a touch screen. On additional control cochleae (Supplementary Figures S1B,C, n = 11) stained for the neuronal marker parvalbumin, we quantified to miss 19.15% of the SGNs by using the background fluorescence of GFP immunolabeling (23.43 ± 1.71 SGNs/104 μm2) compared to parvalbumin immunolabeling (29.03 ± 1.49 SGNs/104 μm2, p = 9.77 × 10–4, Wilcoxon signed rank test).

In a 22.72 × 22.72 μm (SP5, Leica) or 18.64 × 18.64 μm (LSM510, Zeiss) window centered on the cell position (defined by the user in the first step), in an iterative process SGN somas were segmented using a custom-written function based on the Otsu’s thresholding method and the segmented object was validated using 2 criterions: (i) superimposition of the segmented object and the position given by the user; (ii) segmented object centroid not further than 3.78 μm from the position given by the user (Supplementary Figure S2C1–4). For each SGN median somatic GFP immunofluorescence were measured. Using a Gaussian mixture model (Supplementary Figure S2D, number of components adjusted by the user, typically between 1 and 3) fitted to the GFP immunofluorescence distribution, a threshold defined as the mean plus 2 times the standard deviation of the distribution with the lowest mean (i.e., background fluorescence of GFP immunolabeling) was used to define GFP positive SGNs (Supplementary Figure S2E).



Data Analysis

Data was analyzed using Matlab (MathWorks). Averages were expressed as mean ± SEM in text and figures. Data were tested for normality using a Jarque-Bera test. As all data in this study were not normally distributed, only non-parametric statistical tests were used. For statistical comparison between two independent groups, a Wilcoxon rank sum test was used; for statistical comparison between more than two independent groups, a Kruskal-Wallis test followed by a Tukey’s multiple comparison test were used; for statistical comparison between two paired groups, a Wilcoxon signed rank test was used.
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Supplementary Figure 1 | Advantages and limitations of using background fluorescence of the GFP channel to detect and count SGN somas. (A,B) Immunolabelled mid-modiolar cryosections stained for GFP/calretinin (A) and GFP/parvalbumin (B). Note that more SGN somas can be detected from GFP channel than from calretinin. In contrast, SGN somas are easier to detect using parvalbumin immunolabeling than background fluorescence of GFP (B). (C) Quantification of the SGN density measure from GFP and parvalbumin (PV) immunolabeling from 11 control cochlear turns. Wilcoxon signed rank test (****p ≤ 1 × 10–4).

Supplementary Figure 2 | GFP-positive SGN detection based on a computer-assisted thresholding approach. (A,B) From the maximum projection of the GFP immunofluorescence (A), the users clicked on the SGNs position using a touchpad (B), green dots correspond to SGNs positions). (C) Example of automatically segmented SGNs in a 22.72 μm window centered on the position given by the user in (B). Scale bar = 5 μm. (D) Distribution of the immunofluorescence measured for all SGNs detected by the user in (B). A Gaussian mixture model is fitted in order to define the threshold for GFP-positivity as the average + 2 x the standard deviation of the distribution with the smallest mean. (E) GFP-positive SGNs defined as the SGNs for which the average brightness is higher than the threshold defined in (D). Scale bar in (A,B,E) = 50 μm.

Supplementary Figure 3 | Non-injected ear SGNs density and GFP+ SGN density following early postnatal (n = 6) and adult (n = 7) injected cochleae using AAV-PHP.B-f-Chrimson. (A,B) SGN density (B) and GFP positive SGNs density (C) measured at the cochlear apical, middle and basal turn and average of the 3 turns following early postnatal (orange, n = 6) and adult (blue, n = 7) injected cochleae of AAV-PHP.B-f-Chrimson. Wilcoxon signed rank test (∗p ≤ 1 × 10–2). Box plots show minimum, 25th percentile, median, 75th percentile, and maximum with individual data point overlaid.

Supplementary Figure 4 | oABR (black, 14 mW radiant flux, 10 Hz repetition rate, 1 ms light pulse, 1,000 repetitions) and acoustically evoked ABR (gray, 300 μs acoustic click, 50 dB SPL, 10 Hz, 1,000 repetitions) traces for all positive oABR animals in this study, divided by injection group: (A,B) Early postnatal (A) and adult (B) pressure injected cochlea using AAV-PHP.B-f-Chrimson; (C–E) Adult pressure (C), slow injection 0.6 μl/min (D) and slow injection 0.15 μl/min (E) injected cochlea using AAV2/6-f-Chrimson.

Supplementary Figure 5 | Subcellular distribution of f-Chrimson-EYFP in SGNs from cochleae lacking or showing an oABR following an AAV2/6-f-Chrimson intramodiolar injection. (A) Normalized line profiles were measured on single SGN somata for calretinin (calb2, dashed lines) and GFP (plain lines) immunolabeling at the 3 cochlear turns, normalized and aligned at 30% of calretinin rise for SGN somatas from gerbils lacking (Neg, black, N = 7 cochleae, n = 33 SGNs) or showing (Pos, green, N = 5 cochleae, n = 38 SGNs) an oABR following an AAV2/6 injection at adult age. (B) Quantification of the distance between the estimated cell membrane (i.e., 30% of calretinin rise) and the GFP maximum peak of the line profile for negative (black) and positive (green) oABRs cochleae (data presented in A). Box plots show minimum, 25th percentile, median, 75th percentile, and maximum.



REFERENCES

Boyden, E. S., Zhang, F., Bamberg, E., Nagel, G., and Deisseroth, K. (2005). Millisecond-timescale, genetically targeted optical control of neural activity. Nat. Neurosci. 8, 1263–1268. doi: 10.1038/nn1525

ClinicalTrials.gov (2017). A Phase 1/2a, Open-Label, Non-Randomized, Dose-Escalation Study to Evaluate the Safety and Tolerability of GS030 in Subjects With Retinitis Pigmentosa. Available online at: https://clinicaltrials.gov/ct2/show/NCT03326336 (accessed October 26, 2018).

Dalkara, D., Byrne, L. C., Klimczak, R. R., Visel, M., Yin, L., Merigan, W. H., et al. (2013). In vivo-directed evolution of a new adeno-associated virus for therapeutic outer retinal gene delivery from the vitreous. Sci. Trans. Med. 5:189ra76. doi: 10.1126/scitranslmed.3005708

Dalkara, D., Kolstad, K. D., Caporale, N., Visel, M., Klimczak, R. R., Schaffer, D. V., et al. (2009). Inner limiting membrane barriers to aav-mediated retinal transduction from the vitreous. Mol. Ther. 17, 2096–2102. doi: 10.1038/mt.2009.181

Deverman, B. E., Pravdo, P. L., Simpson, B. P., Kumar, S. R., Chan, K. Y., Banerjee, A., et al. (2016). Cre-dependent selection yields AAV variants for widespread gene transfer to the adult brain. Nat. Biotechnol. 34, 204–209. doi: 10.1038/nbt.3440

Dieter, A., Duque-Afonso, C. J., Rankovic, V., Jeschke, M., and Moser, T. (2019). Near physiological spectral selectivity of cochlear optogenetics. Nat. Commun. 10:1962.

Dieter, A., Keppeler, D., and Moser, T. (2020a). Towards the optical cochlear implant: optogenetic approaches for hearing restoration. EMBO Mol. 12:e11618. doi: 10.1038/s41467-019-09980-7

Dieter, A., Klein, E., Keppeler, D., Jablonski, L., Harczos, T., Hoch, G., et al. (2020b). μLED-based optical cochlear implants for spectrally selective activation of the auditory nerve. EMBO Mol. Med. 12:e12387. doi: 10.15252/emmm.202012387

Dombrowski, T., Rankovic, V., and Moser, T. (2019). Toward the optical cochlear implant. Cold Spring Harb. Perspect. Med. 9:a033225. doi: 10.1101/cshperspect.a033225

Duarte, M. J., Kanumuri, V. V., Landegger, L. D., Tarabichi, O., Sinha, S., Meng, X., et al. (2018). Ancestral adeno-associated virus vector delivery of opsins to spiral ganglion neurons: implications for optogenetic cochlear implants. Mol. Ther. 26, 1931–1939. doi: 10.1016/j.ymthe.2018.05.023

Eybalin, M., and Ripoll, C. (1990). [Immunolocalization of parvalbumin in two glutamatergic cell types of the guinea pig cochlea: inner hair cells and spinal ganglion neurons]. C R. Acad. Sci. III 310, 639–644.

Friesen, L. M., Shannon, R. V., Baskent, D., and Wang, X. (2001). Speech recognition in noise as a function of the number of spectral channels: comparison of acoustic hearing and cochlear implants. J. Acoust. Soc. Am. 110, 1150–1153. doi: 10.1121/1.1381538

Galluzzi, L., Bravo-San Pedro, J. M., Vitale, I., Aaronson, S. A., Abrams, J. M., Adam, D., et al. (2015). Essential versus accessory aspects of cell death: recommendations of the NCCD 2015. Cell Death Differ. 22, 58–73. doi: 10.1038/cdd.2014.137

Gradinaru, V., Zhang, F., Ramakrishnan, C., Mattis, J., Prakash, R., Diester, I., et al. (2010). Molecular and cellular approaches for diversifying and extending optogenetics. Cell 141, 154–165. doi: 10.1016/j.cell.2010.02.037

Grieger, J. C., Choi, V. W., and Samulski, R. J. (2006). Production and characterization of adeno-associated viral vectors. Nat. Protoc. 1, 1412–1428. doi: 10.1038/nprot.2006.207

Hallworth, R., and Ludueña, R. F. (2000). Differential expression of beta tubulin isotypes in the adult gerbil cochlea. Heart Res. 148, 161–172. doi: 10.1016/S0378-5955(00)00149-0

Heil, P., and Peterson, A. J. (2015). Basic response properties of auditory nerve fibers: a review. Cell Tissue Res. 361, 129–158. doi: 10.1007/s00441-015-2177-9

Heil, P., and Peterson, A. J. (2016). Spike timing in auditory-nerve fibers during spontaneous activity and phase locking. Synapse 71, 5–36. doi: 10.1002/syn.21925

Hernandez, V. H., Gehrt, A., Reuter, K., Jing, Z., Jeschke, M., Mendoza Schulz, A., et al. (2014). Optogenetic stimulation of the auditory pathway. J. Clin. Invest. 124, 1114–1129. doi: 10.1172/JCI69050

Huet, A. T., and Rankovic, V. (2021). Application of targeting-optimized chronos for stimulation of the auditory pathway. Methods Mol. Biol. 2191, 261–285. doi: 10.1007/978-1-0716-0830-2_16

Huet, A., Batrel, C., Tang, Y., Desmadryl, G., Wang, J., Puel, J.-L., et al. (2016). Sound coding in the auditory nerve of gerbils. Heart Res. 407, 83–92. doi: 10.1016/j.heares.2016.05.006

Huet, A., Desmadryl, G., Justal, T., Nouvian, R., Puel, J.-L., and Bourien, J. (2018). The interplay between spike-time and spike-rate modes in the auditory nerve encodes tone-in-noise threshold. J. Neurosci. 38, 5727–5738. doi: 10.1523/JNEUROSCI.3103-17.2018

Jacques, S. L. (2013). Optical properties of biological tissues: a review. Phys. Med. Biol. 58, R37–R61. doi: 10.1088/0031-9155/58/11/R37

Jeschke, M., and Moser, T. (2015). Considering optogenetic stimulation for cochlear implants. Heart Res. 322, 224–234. doi: 10.1016/j.heares.2015.01.005

Keppeler, D., Merino, R. M., Morena, D. L., Bali, B., Huet, A. T., Gehrt, A., et al. (2018). Ultrafast optogenetic stimulation of the auditory pathway by targeting-optimized chronos. EMBO J. 37:e99649. doi: 10.15252/embj.201899649

Keppeler, D., Schwaerzle, M., Harczos, T., Jablonski, L., Dieter, A., Wolf, B., et al. (2020). Multichannel optogenetic stimulation of the auditory pathway using microfabricated LED cochlear implants in rodents. Sci. Transl. Med. 12:eabb8086. doi: 10.1126/scitranslmed.abb8086

Kerstein, R. L., Lister, T., and Cole, R. (2014). Laser therapy and photosensitive medication: a review of the evidence. Lasers Med. Sci. 29, 1449–1452. doi: 10.1007/s10103-014-1553-0

Kim, K. X., and Rutherford, M. A. (2016). Maturation of NaV and KV channel topographies in the auditory nerve spike initiator before and after developmental onset of hearing function. J. Neurosci. 36, 2111–2118. doi: 10.1523/JNEUROSCI.3437-15.2016

Klapoetke, N. C., Murata, Y., Kim, S. S., Pulver, S. R., Birdsey-Benson, A., Cho, Y. K., et al. (2014). Independent optical excitation of distinct neural populations. Nat. Meth. 11, 338–346. doi: 10.1038/nmeth.2836

Kleinlogel, S., Feldbauer, K., Dempski, R. E., Fotis, H., Wood, P. G., Bamann, C., et al. (2011). Ultra light-sensitive and fast neuronal activation with the Ca2+-permeable channelrhodopsin CatCh. Nat. Neurosci. 14, 513–518. doi: 10.1038/nn.2776

Kleinlogel, S., Vogl, C., Jeschke, M., Neef, J., and Moser, T. (2020). Emerging Approaches for restoration of hearing and vision. Physiol. Rev. 100, 1467–1525. doi: 10.1152/physrev.00035.2019

Kral, A., Hartmann, R., Mortazavi, D., and Klinke, R. (1998). Spatial resolution of cochlear implants: the electrical field and excitation of auditory afferents. Heart Res. 121, 11–28. doi: 10.1016/S0378-5955(98)00061-6

Lalwani, A. K., Walsh, B. J., Reilly, P. G., Muzyczka, N., and Mhatre, A. N. (1996). Development of in vivo gene therapy for hearing disorders: introduction of adeno-associated virus into the cochlea of the guinea pig. Gene Ther. 3, 588–592.

Lenarz, T. (2018). Cochlear implant – state of the art. GMS Curr. Top. Otorhinolaryngol. Head Neck Surg. 16:Doc04.

Mager, T., Lopez de la Morena, D., Senn, V., Schlotte, J., Errico, A. D., Feldbauer, K., et al. (2018). High frequency neural spiking and auditory signaling by ultrafast red-shifted optogenetics. Nat. Commun. 9:1750. doi: 10.1038/s41467-018-04146-3

McLean, W. J., Smith, K. A., Glowatzki, E., and Pyott, S. J. (2009). Distribution of the Na,K-ATPase α subunit in the rat spiral ganglion and organ of corti. J. Assoc. Res. Otolaryngol. 10, 37–49. doi: 10.1007/s10162-008-0152-9

Middlebrooks, J. C. (2005). Auditory cortex cheers the overture and listens through the finale. Nat. Neurosci. 8, 851–852. doi: 10.1038/nn0705-851

Nagel, G., Szellas, T., Huhn, W., Kateriya, S., Adeishvili, N., Berthold, P., et al. (2003). Channelrhodopsin-2, a directly light-gated cation-selective membrane channel. PNAS 100, 13940–13945. doi: 10.1073/pnas.1936192100

Pack, A. K., and Slepecky, N. B. (1995). Cytoskeletal and calcium-binding proteins in the mammalian organ of corti: cell type-specific proteins displaying longitudinal and radial gradients. Heart Res. 91, 119–135. doi: 10.1016/0378-5955(95)00173-5

Petitpré, C., Wu, H., Sharma, A., Tokarska, A., Fontanet, P., Wang, Y., et al. (2018). Neuronal heterogeneity and stereotyped connectivity in the auditory afferent system. Nat. Commun. 9:3691. doi: 10.1038/s41467-018-06033-3

Polinski, N. K., Manfredsson, F. P., Benskey, M. J., Fischer, D. L., Kemp, C. J., Steece-Collier, K., et al. (2016). Impact of age and vector construct on striatal and nigral transgene expression. Mol. Ther. Methods Clin. Dev. 3:16082. doi: 10.1038/mtm.2016.82

Richter, C.-P., and Tan, X. (2014). Photons and neurons. Heart Res. 311C, 72–88. doi: 10.1016/j.heares.2014.03.008

Ruebhausen, M. R., Brozoski, T. J., and Bauer, C. A. (2012). A comparison of the effects of isoflurane and ketamine anesthesia on auditory brainstem response (ABR) thresholds in rats. Heart Res. 287, 25–29. doi: 10.1016/j.heares.2012.04.005

Sasaki, T., Akimoto, Y., Sato, Y., Kawakami, H., Hirano, H., and Endo, T. (2002). Distribution of sialoglycoconjugates in the rat cerebellum and its change with aging. J. Histochem. Cytochem. 50, 1179–1186. doi: 10.1177/002215540205000904

Sato, Y., Akimoto, Y., Kawakami, H., Hirano, H., and Endo, T. (2001). Location of sialoglycoconjugates containing the Sia(alpha)2-3Gal and Sia(alpha)2-6Gal groups in the rat hippocampus and the effect of aging on their expression. J. Histochem. Cytochem. 49, 1311–1319. doi: 10.1177/002215540104901014

Shrestha, B. R., Chia, C., Wu, L., Kujawa, S. G., Liberman, M. C., and Goodrich, L. V. (2018). Sensory neuron diversity in the inner ear is shaped by activity. Cell 174:1229–1246.e17. doi: 10.1016/j.cell.2018.07.007

Sun, S., Babola, T., Pregernig, G., So, K. S., Nguyen, M., Su, S.-S. M., et al. (2018). Hair cell mechanotransduction regulates spontaneous activity and spiral ganglion subtype specification in the auditory system. Cell 174:1247–1263.e15. doi: 10.1016/j.cell.2018.07.008

Talaei, S., Schnee, M. E., Aaron, K. A., and Ricci, A. J. (2019). Dye tracking following posterior semicircular canal or round window membrane injections suggests a role for the cochlea aqueduct in modulating distribution. Front. Cell Neurosci. 13:471. doi: 10.3389/fncel.2019.00471

Thompson, A., Wise, A. K., Hart, W., Needham, K., Fallon, J. B., Gunewardene, N., et al. (2020). Hybrid optogenetic and electrical stimulation for greater spatial resolution and temporal fidelity of cochlear activation. J. Neural. Eng. 17:056046. doi: 10.1088/1741-2552/abbff0

Wanisch, K., Kovac, S., and Schorge, S. (2013). Tackling obstacles for gene therapy targeting neurons: disrupting perineural nets with hyaluronidase improves transduction. PLoS One 8:e53269. doi: 10.1371/journal.pone.0053269

Wrobel, C., Dieter, A., Huet, A., Keppeler, D., Duque-Afonso, C. J., Vogl, C., et al. (2018). Optogenetic stimulation of cochlear neurons activates the auditory pathway and restores auditory-driven behavior in deaf adult gerbils. Sci. Trans. Med. 10:eaao0540. doi: 10.1126/scitranslmed.aao0540

Yoshimura, H., Shibata, S. B., Ranum, P. T., and Smith, R. J. H. (2018). Enhanced viral-mediated cochlear gene delivery in adult mice by combining canal fenestration with round window membrane inoculation. Sci. Rep. 8:2980. doi: 10.1038/s41598-018-21233-z

Zeng, F.-G., and Galvin, J. J. I. (1999). Amplitude mapping and phoneme recognition in cochlear implant listeners. Ear. Heart 20, 60–74. doi: 10.1097/00003446-199902000-00006

Zeng, F.-G., Rebscher, S., Harrison, W. V., Sun, X., and Feng, H. (2008). Cochlear implants:system design, integration and evaluation. IEEE Rev. Biomed. Eng. 1, 115–142. doi: 10.1109/RBME.2008.2008250

Zolotukhin, S., Byrne, B. J., Mason, E., Zolotukhin, I., Potter, M., and Chesnut, K. (1999). Recombinant adeno-associated virus purification using novel methods improves infectious titer and yield. Gene Therapy 6, 973–985. doi: 10.1038/sj.gt.3300938


Conflict of Interest: TM is a co-founder and CEO of OptoGenTech company.

The remaining authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2021 Huet, Dombrowski, Rankovic, Thirumalai and Moser. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.











	 
	ORIGINAL RESEARCH
published: 23 March 2021
doi: 10.3389/fnmol.2021.651935





[image: image]

RIM-Binding Proteins Are Required for Normal Sound-Encoding at Afferent Inner Hair Cell Synapses
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The afferent synapses between inner hair cells (IHC) and spiral ganglion neurons are specialized to faithfully encode sound with sub-millisecond precision over prolonged periods of time. Here, we studied the role of Rab3 interacting molecule-binding proteins (RIM-BP) 1 and 2 – multidomain proteins of the active zone known to directly interact with RIMs, Bassoon and CaV1.3 – in IHC presynaptic function and hearing. Recordings of auditory brainstem responses and otoacoustic emissions revealed that genetic disruption of RIM-BPs 1 and 2 in mice (RIM-BP1/2–/–) causes a synaptopathic hearing impairment exceeding that found in mice lacking RIM-BP2 (RIM-BP2–/–). Patch-clamp recordings from RIM-BP1/2–/– IHCs indicated a subtle impairment of exocytosis from the readily releasable pool of synaptic vesicles that had not been observed in RIM-BP2–/– IHCs. In contrast, the reduction of Ca2+-influx and sustained exocytosis was similar to that in RIMBP2–/– IHCs. We conclude that both RIM-BPs are required for normal sound encoding at the IHC synapse, whereby RIM-BP2 seems to take the leading role.

Keywords: RIM-BP, calcium, exocytosis, active zone (AZ), cochlea, hearing, ribbon synapse


INTRODUCTION

The ribbon-type active zones (AZ) of inner hair cells (IHCs) are molecularly specialized to ensure temporally precise encoding of incoming sound stimuli into high-frequency firing of postsynaptic spiral ganglion neurons (SGNs). In mature mouse IHCs, neurotransmitter release from synaptic vesicles (SV) is controlled by the tight spatial coupling of CaV1.3 voltage-gated L-type Ca2+-channels and the SV release machinery (Brandt et al., 2005; Wong et al., 2014; Pangrsic et al., 2015). A small, defined SV pool with fast release kinetics, referred to as the readily releasable pool (RRP), is much less sensitive to the slow-binding Ca2+-buffer EGTA than to the fast-binding Ca2+-buffer BAPTA, emphasizing the Ca2+-nanodomain-like control of SV release (Moser and Beutner, 2000; Brandt et al., 2005; Pangrsic et al., 2015). There is also evidence for Ca2+ nanodomain-like coupling in hair cells of other species, such as in frog auditory hair cells (Graydon et al., 2011), in rat IHCs (Goutman and Glowatzki, 2007) and IHCs of the low frequency apical cochlea of the gerbil, while a looser Ca2+ microdomain-like coupling was reported for the high-frequency basal IHCs (Johnson et al., 2017) and immature mouse IHCs (Wong et al., 2014).

Aside from the sophisticated Ca2+-channel complex (reviewed in Pangrsic et al., 2018), the release of SVs in auditory IHCs also requires a finely coordinated, complex presynaptic protein network including bassoon, piccolo, Rab3-interacting molecule (RIM) 2α/2ß/3γ and RIM-binding protein (RIM-BP), organizing the precise AZ topography of Ca2+-channels and SV release sites (reviewed in Moser et al., 2019). RIM-BPs seem to take a central role in a large presynaptic multiprotein-complex involving voltage-gated Ca2+-channels, RIMs and bassoon (Hibino et al., 2002; Kaeser et al., 2011; Davydova et al., 2014; Acuna et al., 2015; Ortner et al., 2020). Specifically, the RIM-BPs’ two C-terminal SH3 domains interact with proline-rich motifs in the C-terminus of the CaVα1D subunit and RIMs (Wang et al., 2000; Hibino et al., 2002; Kaeser et al., 2011; Ortner et al., 2020; Petzoldt et al., 2020), while the N-terminal SH3 domain interacts with the proline-rich motif of bassoon (Davydova et al., 2014). Morphological and functional studies from mouse IHCs suggest that these interactions are likely also applicable to IHC ribbon-type AZs. On the one hand, super-resolution microscopy studies on immunolabeled IHCs showed a specific stripe-like arrangement of the above mentioned interaction partners bassoon (Wong et al., 2014; Neef et al., 2018), RIM2 (Jung et al., 2015), RIM-BP2 (Krinner et al., 2017), and CaV1.3 Ca2+-channels (Frank et al., 2010; Neef et al., 2018) at IHC AZs. On the other hand, the individual genetic deletion of bassoon (Khimich et al., 2005; Frank et al., 2010; Neef et al., 2018), RIM2α and -ß (Jung et al., 2015) and RIM-BP2 (Krinner et al., 2017) significantly reduced the number of IHC presynaptic CaV1.3 Ca2+-channels. While these data show that all three proteins are important for Ca2+-channel clustering, none of the mentioned mutants exhibit a complete loss of synaptic CaV1.3 Ca2+-channels or exocytosis, suggesting partially overlapping and compensatory function between these presynaptic AZ proteins to ensure normal presynaptic IHC function. In the retina, for example, RIMs were found to be upregulated upon loss of RIM-BP1/2 (Luo et al., 2017), while nonetheless a significant reduction of synaptic Ca2+-channels was observed at rod bipolar cell ribbon-type AZs (Luo et al., 2017). The spectrum of effects of RIM-BP deletion on presynaptic function ranges across synapses. In Drosophila melanogaster neuromuscular junctions (NMJ), genetic disruption of DRPB (RIM-BP orthologue) causes a severe impairment of Ca2+-channel clustering (Liu et al., 2011; Müller et al., 2015), while at conventional synapses of the mammalian CNS or Caenorhabditis elegans synapses, the number of P/Q- or N-type Ca2+-channels was not affected by the loss of RIM-BPs (Acuna et al., 2015; Grauel et al., 2016; Kushibiki et al., 2019). Genetic disruption of DRPB in D. melanogaster NMJ further affected the structural AZ integrity and functional coupling between Ca2+-channels and SVs, resulting in a drastically reduced SV release probability (Liu et al., 2011; Müller et al., 2015). Such looser SV-Ca2+-channel coupling upon RIM-BP-disruption was also observed in conventional CNS synapses and retinal ribbon synapses (Acuna et al., 2015; Grauel et al., 2016; Luo et al., 2017), whereas the tight nanodomain-like coupling remained unaltered in IHC ribbon synapses at least after recovery of the RRP from depletion (Krinner et al., 2017).

RIM-BPs also contribute to the efficient replenishment of readily releasable SVs. In D. melanogaster NMJ, the N-terminal deletion of DRBP lead to impaired SV recruitment to release sites, mediated via DRBP – Bruchpilot (BRP)/ELKS/CAST interaction (Petzoldt et al., 2020). Impaired SV replenishment was also reported for calyx of Held (Acuna et al., 2015) and ribbon synapses (Krinner et al., 2017; Luo et al., 2017). For IHC AZs, this has been suggested to reflect a role of RIM-BP2 in registering new-coming SVs in nanoscale proximity of Ca2+ channels (Krinner et al., 2017). Recently, a role of RIM-BP in SV priming via interaction with Munc13-1 has been suggested (Brockmann et al., 2020). As priming of SVs in IHCs seems to operate without Munc13 and CAPS priming proteins (Vogl et al., 2015), other protein interactions such as the one with CAST/ELKS (Petzoldt et al., 2020) remain to be studied for a potential involvement in SV replenishment. In support of the relevance of this interaction at mammalian synapses, we note that RIM-BP expression levels are linked to CAST/ELKS abundance. In hippocampal neurons, ELKS and RIM deletion caused reduced protein levels of RIM-BP2 (Wang et al., 2016), while ELKS was found to be upregulated in RIM-BP1/2 deficient retinae (Luo et al., 2017).

In vivo experiments on RIM-BP2 knockout mice (RIM-BP2–/–) revealed a mild synaptopathic hearing impairment (Krinner et al., 2017). Likewise, the genetic deletion of the above mentioned AZ proteins and RIM-BP interaction partners bassoon (Khimich et al., 2005) and RIM2α (Jung et al., 2015) caused a significant, yet limited, elevation of hearing thresholds. Hence, the auditory system phenotype suggests overlapping and compensatory function of these AZ proteins, which is in agreement with the cell physiology. Yet, the consequences of RIM-BP2 loss-of-function might have been attenuated by the presence of other RIM-BP variants, such as RIM-BP1 or -3. Hence, we tested the presence and potential role of RIM-BP1 in cochlear function by comparing RIM-BP1/2 double-knockout mouse line (RIM-BP1/2–/–) (Grauel et al., 2016), to the previously studied RIM-BP2–/– mice (Krinner et al., 2017). We employed expression analysis, electrophysiology and systems physiology and, indeed, found a synaptopathic hearing impairment in RIM-BP1/2–/– mice that exceeds that of RIM-BP2–/– mice. In IHC physiology, additional deletion of RIM-BP1 caused a subtle impairment of RRP exocytosis not found in RIM-BP2–/– IHCs, suggesting that both RIM-BPs (-1 and -2) are required for normal hearing and sound encoding at the IHC ribbon synapse.



MATERIALS AND METHODS


Animals

RIM-BP1/2 double-knockout mice (RIM-BP1/2–/–) (Grauel et al., 2016) and C57BL/6 mice of either sex were used for experiments. Previously published data from RIM-BP2 knockout mice (RIM-BP2–/–) and their RIM-BP2 wild-type littermates (RIM-BP2+/+) were used for comparison as indicated (Krinner et al., 2017). Electrophysiology, RNAscope and immunohistochemistry experiments were performed in 2–3 week-old mice (i.e. after hearing-onset). Systems physiology was carried out in 8–10 week-old mice. All experiments complied with national animal care guidelines and were approved by the University of Göttingen board for animal welfare and the animal welfare office of the state of Lower Saxony.



Immunohistochemistry and Confocal Microscopy

Immunohistochemistry was carried out essentially as described in Khimich et al. (2005). If not stated differently, all steps were carried out at room temperature. Apical turns of 2–3 week-old RIM-BP1/2–/– and C57BL/6 mouse organs of Corti were dissected in phosphate buffered saline (PBS) and fixed with 4% formaldehyde (FA) in PBS on ice for 10 min. After fixation, the organs of Corti were washed 3 × 10 min in PBS and incubated in goat serum dilution buffer (GSDB: 16.7% normal goat serum, 450 mM NaCl, 0.3% Triton X-100, 20 mM phosphate buffer, pH 7.4) in a wet chamber. Thereafter, primary antibodies were applied overnight in a wet chamber at 4°C. After washing the organs of Corti 3 × 10 min (wash buffer: 450 mM NaCl, 20 mM phosphate buffer, 0.3% Triton X-100), they were incubated with secondary antibodies for 1 h in a wet and light-protected chamber. Finally, organs of Corti were washed 3 × 10 min in wash buffer, 10 min in 5 mM phosphate buffer and mounted on glass microscopy slides with a drop of fluorescence mounting medium (Mowiol). The following antibodies have been used: mouse-IgG1-anti-CtBP2 (also recognizing the ribbon protein RIBEYE, BD Biosciences, 1:200), guinea pig-anti-synapsin1/2 (Synaptic Systems, 1:500), guinea pig-anti-bassoon (Synaptic Systems, 1:500), rabbit-anti-RIM-BP1 (Synaptic Systems, 1:200), rabbit-anti-calretinin (Swant, 1:1,000) and AlexaFluor647 goat-anti-rabbit (Invitrogen, 1:200), STAR470spx-, STAR580-, and Star635P-labeled goat-anti-rabbit, goat-anti-mouse and goat-anti-guinea pig antibodies (Abberior, 1:200). All antibodies were diluted in GSDB. Mutant and wild-type samples were treated in parallel. Confocal images were acquired with 488, 561, and 640 nm excitation lasers, and a 100× oil immersion objective (1.4 NA, Olympus) using an Abberior Expert Line STED microscope (Abberior Instruments, Göttingen, Germany). Images were acquired, using identical laser power and microscope settings. Images were analyzed using ImageJ and assembled in Adobe Illustrator software.



RNAscope

Cochleae from 2-week-old C57BL/6 mice were fixed for 2 h on ice in 4% FA in DEPC-treated PBS. Apical turns of the organs of Corti were dissected in DEPC-treated PBS. Free floating organs of Corti were dehydrated with EtOH (1× 50% 5 min, 1× 70% 5 min, 2× 100% 5 min) and left to dry for a few minutes. The RNAscope assay was performed in accordance with the manufacture’s protocol (RNAscope® Multiplex Reagent Kit User Manual, 320293-USM, ACDbio). Protease III was applied and incubated for 30 min at 40°C. Afterward, samples were washed twice for 5 min in water (DEPC-treated, autoclaved). The probes (RIM-BP1-C1, Otoferlin-C2, ACDbio) were applied (1:50 dilution, 50–70 μl) and incubated for 2 h at 40°C. Tissue was washed twice with wash buffer for 2 min. Finally, amplification steps were performed at 40°C: Amp 1-FL 30 min, Amp 2-FL 15 min, Amp 3-FL 30 min, Amp 4-FL (Variant A: RIM-BP1-C1 with Alexa 488 fluorophore, Otoferlin-C2 with ATTO 550 fluorophore) 15 min. Samples were washed in wash buffer for 2 min and twice in PBS for 2 min. Then, immunohistochemistry and confocal imaging were performed as described above. The RIM-BP1 RNAscope probe was custom made by ACDbio targeting the region 5565–5927 of RIM-BP1 (NM_172449.2).



RT-PCR and Single-Cell Nested RT-PCR

C57BL/6 mice at the age of postnatal days (p) 14 through 16 were used to determine the general expression of RIM-BPs in the organ of Corti and in single IHCs. For RT-PCR of organs of Corti we isolated total RNA from preparations of the organ of Corti and brain (control) using TRIzolReagent (Invitrogen). Reverse transcription was performed with SuperScriptII RT according to the manufacturer’s instructions using oligo (dT) primers. Sequences of RIM-BP-specific primers are listed in Table 1 and only the first PCR was run with less than 30 cycles. For single-cell PCR, individual IHCs from the apical coils of freshly dissected organs of Corti were harvested after cleaning off supporting cells at a high bath perfusion rate (3 ml/min). Ten IHCs per trial were collected to check the expression of RIM-BP1 and -2. Each individual IHC was aspirated into a glass pipette and the pipette content was transferred into first strand cDNA synthesis mix containing after the dilution: 50 mM Tris–HCl, pH 8.3, 75 mM KCl, 5 mM MgCl2, 5 mM DTT, 100 units of SuperScript II Reverse Transcriptase (Invitrogen, Carlsbad, CA, United States) and 40 units RNaseOUT Ribonuclease inhibitor (Invitrogen). Reverse transcription was performed with oligo (dT) primers according to the manufacturer’s instructions. Each cDNA mix was used as a template for two subsequent PCR reactions with nested primers specific for RIM-BP1 or RIM-BP2 cDNA. Instead of cDNA, distilled water was used in the negative control reaction. Single-cell nested RT-PCR was performed three times.


TABLE 1. Primers for nested RT-PCR.
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Patch-Clamp Recordings From Inner Hair Cells and Analysis

Perforated patch-clamp recordings were essentially carried out as described in Moser and Beutner (2000). Apical turns of 2–3 week-old RIM-BP1/2–/– mouse organs of Corti were freshly dissected and whole-cell Ca2+-current and exocytosis from IHCs were recorded at room temperature (22–24°C). The extracellular patch-clamp solution contained (in mM): 110 NaCl, 35 TEA-Cl, 2.8 KCl, 2 CaCl2, 1 MgCl2, 10 NaOH-HEPES, 11.3 D-glucose, pH 7.3. The internal pipette solution contained (in mM): 130 Cs-gluconate, 10 TEA-Cl, 10 4-AP, 10 HEPES, 1 MgCl2, amphotericin B (300 μg/ml), pH 7.2. The patch-clamp used an EPC-10 amplifier and Patchmaster software (HEKA Elektronik, Lambrecht, Germany). Voltages were corrected for liquid junction potentials (14 mV) and currents were leak-corrected using a p/10 protocol. For analysis Igor Pro software (Wavemetrics, Lake Oswego) was used. For membrane capacitance (Cm) measurements, IHCs were stimulated by depolarizations to −14 mV with intervals of 60–120 s to allow for recovery of IHC exocytosis. For current–voltage relationships (IVs) measurements, currents were evoked by 10 ms step depolarizations to various potentials from −100 to +30 mV in 5 mV increments. IVs were calculated from the currents during the last 8 ms of the step depolarization. From these, fractional activation curves were calculated by calculating the Ca2+ conductance from the Ca2+-current (ICa) as [image: image], with V the command potential and Vrev the reversal potential of the current obtained from the x-axis crossing of an extrapolating line fit to the currents from 6 to 26 mV. After normalizing these traces to the maximum conductance in the range of −20 to 10 mV, they were fit with a Boltzmann equation [image: image] with Gn,max, the maximum conductance, V the command potential, Vhalf the voltage of half-maximal activation, and k the slope factor. We measured Cm changes (ΔCm) using the Lindau-Neher technique (Lindau and Neher, 1988) as previously described (Moser and Beutner, 2000). Briefly, the exocytic ΔCm was quantified as the difference of the averaged Cm 400 ms before and after the depolarization. To avoid impact of Cm-transients related to conductance or gating of ion channels on ΔCm estimation (Moser and Beutner, 2000; Neef et al., 2007) we skipped the first 100 ms of post-depolarization Cm for estimating the average. Mean ΔCm and Ca2+-current estimates present grand averages calculated from the mean estimates of individual IHCs, where each depolarization was repeated 2-3 times. This avoided dominance of IHCs contributing more sweeps.



Systems Physiology: Auditory Brainstem Responses and Distortion Product Otoacoustic Emissions

Auditory brainstem responses (ABR) and distortion product otoacoustic emissions (DPOAE) were performed as described in Jing et al. (2013) and Strenzke et al. (2016). In this study, 8–10 week-old RIM-BP1/2–/– mice were anesthetized with ketamine (125 mg/kg) and xylazine (2.5 mg/kg) i.p. and the core body temperature was maintained constant at 37°C using a heat blanket (Hugo Sachs Elektronik–Harvard Apparatus). A TDT II System run by BioSig software (Tucker Davis Technologies) was used for stimulus generation, presentation, and data acquisition. With a JBL 2402 speaker, tone bursts (4/6/8/12/16/24/32 kHz, 10 ms plateau, 1 ms cos2 rise/fall) or clicks of 0.03 ms were presented ipsilaterally in the free field at 40 Hz (tone bursts) or 20 and 100 Hz (clicks). The difference potential between vertex and mastoid subdermal needles was amplified 50,000 times, filtered (400–4,000 Hz) and sampled at a rate of 50 kHz for 20 ms, 1,300 times, to obtain two mean ABR traces for each sound intensity. Hearing thresholds were determined with 10 dB precision as the lowest stimulus intensity that evoked a reproducible response waveform in both traces by visual inspection by two independent observers. For DPOAE, continuous primary tones [frequency f2 = 1.2∗f1, intensity l2 = l1 − 10 decibel (dB) Sound pressure levels (SPL)] were delivered through the MF1 speaker system (Tucker Davis Technologies) and a custom-made probe containing a MKE-2 microphone (Sennheiser). The microphone signal was amplified (DMX 6Fire, Terratec) and the DPOAE amplitude at 2∗f2-f1 was analyzed by fast Fourier transformation using custom-written Matlab software (Mathworks). SPL are provided in dB SPL root mean square (RMS) (tonal stimuli) or dB SPL peak equivalent (clicks).



Statistical Data Analysis

For statistical data analysis, Igor Pro software (Wavemetrics) and Origin software (Originlab) were used. Normality of distribution was tested with the Jarque-Bera test and variances were compared with the F-test. Unpaired, two-tailed Wilcoxon rank test (Mann–Whitney U test) was used to compare non-normal data or data with unequal variances, else Student’s t-test was employed. For patch-clamp capacitance, ABR and DPOAE data, a one-way ANOVA was used for multiple comparisons followed by post hoc Tukey’s test. Data are presented as mean ± SEM. Data from RIM-BP1/2 double-knockout mice (RIM-BP1/2–/–) are presented in magenta, data from RIM-BP2 knockout mice (RIM-BP2–/–) are presented in green, and data from their wildtype littermates (RIM-BP2+/+) are presented in black.



RESULTS


RIM-BP1 Is Expressed in the Mouse Organ of Corti

Previous studies showed a localization of RIM-BP2 to ribbon-type AZs of IHCs and presynaptic terminals of efferent lateral olivocochlear neurons (Krinner et al., 2017; Ortner et al., 2020). Such RIM-BP2 immunofluorescence was abolished in RIM-BP2-deficient IHCs demonstrating a specific labeling by the RIM-BP2 antibody. Here, we tested the hypothesis of a comparable expression pattern of RIM-BP1 in the mouse organ of Corti. For that we performed immunolabeling and confocal microscopy of mouse IHCs with two different triple antibody stainings for RIM-BP1, CtBP2/RIBEYE (marking the presynaptic ribbon), and either the presynaptic density marker bassoon (Supplementary Figure 1A) or synapsin 1/2 (Supplementary Figure 1B), marking the conventional presynaptic terminals of efferent lateral olivocochlear neurons (Safieddine and Wenthold, 1999). We found colocalizing immunofluorescence of RIM-BP1, CtBP2/RIBEYE and bassoon (Supplementary Figure 1A) as well as of RIM-BP1 with synapsin1/2 (Supplementary Figure 1B). Labeling for RIM-BP1, however, was also present in the RIM-BP1/2-deficient IHCs, questioning the antibody specificity. In an attempt to further clarify this issue, we investigated the expression of RIM-BP1 in IHCs on the mRNA level with two different approaches. We performed (i) the RNAscope mRNA detection assay using fluorescent RNA probes with consecutive immunohistochemistry (Supplementary Figure 2; Salehi et al., 2018) and (ii) nested RT-PCR from 2-week-old C57Bl/6 mouse organs of Corti and individual IHCs (Supplementary Figure 3). In the nested RT-PCR, both RIM-BP1 and -2 were detected in brain tissue and the organ of Corti (Supplementary Figures 3A,B). However, while RIM-BP2 mRNA was detected in individual IHCs (Supplementary Figure 3B), RIM-BP1 was not (Supplementary Figure 3A). This finding is consistent with our results from the RNAscope assay using fluorescent RNA probes targeting RIM-BP1 (Supplementary Figure 2D) and Otoferlin (Supplementary Figure 2C) as a positive control and consecutive immunohistochemistry in which we used calretinin labelling (Supplementary Figure 2B) to visualize IHCs. While the Otoferlin RNA probe showed a clear signal around all IHC nuclei, the RIM-BP1 RNA probe resulted in sparse if any signal (Supplementary Figure 2A, merge image).



RIM-BP2 Dominates the Function of RIM-BPs at the IHC Ribbon Synapse

Next, we addressed the question, whether additional genetic disruption of RIM-BP1 in mice aggravates the deficit in presynaptic function of sensory IHCs beyond that found for RIM-BP2 single-knockout mice (RIM-BP2–/–). Specifically, using constitutive RIM-BP1/2 double-knockout mice (RIM-BP1/2–/–), we aimed to test whether RIM-BP1, just like RIM-BP2 (Krinner et al., 2017), promotes the synaptic CaV1.3 Ca2+-channel abundance and/or whether RIM-BP1 might directly regulate the exocytosis machinery. To address these points, we performed perforated-patch whole-cell recordings from IHCs of RIM-BP1/2–/– mice to characterize IHC voltage-gated Ca2+-influx (Figure 1) and exocytosis (Figure 2). We compared the whole-cell Ca2+-current amplitude evoked by step depolarizations to various potentials of IHCs from mice lacking both RIM-BP1 and 2 (RIM-BP1/2–/–) to IHCs from control mice (RIM-BP2+/+) (Figure 1A), which was significantly reduced (p = 0.02; Wilcoxon rank test) (Figure 1B and Table 2). However, no statistically significant difference was found between the IHCs of RIM-BP1/2–/– mice and RIM-BP2–/– mice (data from Krinner et al., 2017). Further, consistent with the findings in RIM-BP2-deficient IHCs (Krinner et al., 2017), no difference in the voltage-dependence of Ca2+-channel activation was observed in RIM-BP1/2-deficient IHCs (Figure 1C and Table 2). The integral of the voltage-gated Ca2+-current (QCa), obtained for step depolarizations of varying length, showed no significant reduction for RIM-BP1/2-deficient IHCs compared to control IHCs (RIM-BP2+/+) and was comparable to RIM-BP2-deficient IHCs (Figure 2B). Hence, while RIM-BP2 is a positive regulator of synaptic CaV1.3 Ca2+-channel abundance (Krinner et al., 2017) and stabilizes physiological gating properties of CaV1.3 Ca2+-channels (Ortner et al., 2020) at IHC ribbon synapses, RIM-BP1 seems to play a minor – if any – role in regulating the number of synaptic CaV1.3 Ca2+-channels.


[image: image]

FIGURE 1. Additional RIM-BP1 disruption does not alter voltage-dependent Ca2+-influx. (A) Schematic drawing of an IHC during perforated patch-clamp experiment and raw traces of Ca2+-current-voltage relationships (IVs) of RIM-BP1/2-deficient (RIM-BP1/2–/–, magenta) and control (RIM-BP2+/+, black) IHCs. IVs were calculated from the last 8 ms of currents evoked by step depolarizations to various potentials. (B) Mean ± SEM from IVs of RIM-BP1/2-deficient (RIM-BP1/2–/–, n = 15, magenta), RIM-BP2-deficient (RIM-BP2–/–, n = 16, green) and control (RIM-BP2+/+, n = 17, black) IHCs in panel (A). Compared to control IHCs, Ca2+-current amplitudes were significantly reduced in RIM-BP1/2-deficient IHCs (p = 0.02). However, no significant difference was found between RIM-BP1/2-deficient and RIM-BP2-deficient IHCs. (C) Fractional activation curves of the whole-cell Ca2+-current: A Boltzmann function was fit to the normalized conductance curve (C) calculated from the IVs (A). Average fit data are displayed for all three genotypes (dashed traces: RIM-BP1/2–/–, n = 15, magenta, RIM-BP2–/–, n = 16, green and RIM-BP2+/+, n = 17, black). Dashed vertical line indicates Vhalf, reporting the voltage of half-maximal activation of the whole-cell Ca2+-current. (A–C) Mean ± SEM and statistical p-values are displayed in Table 2. Data information: Data (B,C) represent IHC grand averages, mean ± SEM; Data (A) represent raw data from individual IHCs. Significance level: n.s. p ≥ 0.05, *p < 0.05; n = number of IHCs; age of mice: p14-p16. Data of RIM-BP2-deficient (RIM-BP2–/–) and control (RIM-BP2+/+) IHCs were adapted from Krinner et al. (2017).



TABLE 2. Summary of Ca2+-current (ICa) data from perforated patch-clamp recordings.
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FIGURE 2. RIM-BP1 promotes exocytosis of the RRP. (A) Representative Cm traces and their corresponding Ca2+-currents (ICa) from an individual RIM-BP1/2-deficient IHC in response to various depolarization durations to −14 mV (indicated by different gray values) from a perforated patch-clamp recording. The Cm data of the first 100 ms after the depolarization containing a non-exocytic Cm transient have been removed as they are discarded for the analysis of the exocytic Cm change (ΔCm). The horizontal lines represent the average Cm before and after the depolarization. Scale bar: 50 ms, 25 fF (Cm), 100 pA (ICa). (B) Relationship of ΔCm (top) and the corresponding whole-cell Ca2+-current integrals (QCa, bottom) of RIM-BP1/2-deficient (RIM-BP1/2–/–, n = 8, magenta), RIM-BP2-deficient (RIM-BP2–/–, n = 10, green) and control (RIM-BP2+/+, n = 12, black) IHCs for various depolarization durations to −14 mV. (C) Responses to short depolarizations [black box in panel (B)] are magnified for better display. For various depolarization durations, exocytic ΔCm of RIM-BP1/2-deficient IHCs differed significantly from control IHCs (indicated by asterisk on top of traces, 5 ms: p = 0.003, 10 ms: p = 0.04). Compared to RIM-BP2-deficient IHCs, a difference in exocytic ΔCm of RIM-BP1/2-deficient IHCs was detected for 5 ms IHC depolarization duration (indicated by asterisk and bracket, p = 0.03). (B,C) Data information: Data represent IHC grand averages, mean ± SEM; one-way ANOVA and for multiple comparisons, post-hoc Tukey’s test, p-values are summarized in Table 3. Significance levels: n.s. p ≥ 0.05, *p < 0.05, **p < 0.01; n = number of IHCs; age of mice: p14-p16. Data of RIM-BP2-deficient (RIM-BP2–/–, n = 10, green) and control (RIM-BP2+/+, n = 12, black) IHCs were adapted from Krinner et al. (2017).


In order to address the relevance of RIM-BP1 for IHC exocytosis, we measured the exocytic membrane capacitance changes (ΔCm) in response to voltage-gated Ca2+-influx triggered by step depolarizations to -14 mV of varying length (Figure 2A). It is thought that short IHC depolarization durations up to 20 ms (Figure 2C) primarily trigger exocytic release of the RRP (Moser and Beutner, 2000), while longer IHC depolarization durations (>20 ms) (Figure 2B) also probe the sustained phase of SV release that involves SV replenishment to the RRP and subsequent SV fusion (Moser and Beutner, 2000; Schnee et al., 2005; Goutman and Glowatzki, 2007; Meyer et al., 2009; Neef et al., 2009). Sustained exocytosis was not significantly different in RIM-BP1/2–/– IHCs when compared to control RIM-BP2+/+ IHCs or RIM-BP2-deficient IHCs (Figure 2B, p-values are summarized in Table 3). However, RRP exocytosis, probed by short depolarizations (≤20 ms, Figure 2C) was mildly but significantly reduced in RIM-BP1/2-deficient IHCs (p5ms = 0.003, p10ms = 0.04; one-way ANOVA and post hoc Tukey’s test, Table 3), not seen in RIM-BP2-deficient IHCs (Krinner et al., 2017). The effect was largest for 5 ms step depolarizations, where also a significant difference between the RIM-BP1/2-deficient and RIM-BP2-deficient IHCs was detected (p5ms = 0.03; one-way ANOVA and post hoc Tukey’s test) (Figure 2C and Table 3). The reasons for not finding a significant reduction in sustained exocytosis in RIM-BP1/2–/– IHCs that we previously found in RIM-BP2–/– IHCs remain unclear. One might speculate that SVs not released by short depolarizations in RIM-BP1/2–/– IHCs get recruited later, partially masking the SV replenishment deficit reported for RIM-BP2–/– IHCs. Moreover, we note that cell-to-cell variability is high for exocytosis in response to longer stimuli, which might also contribute to this discrepancy. In conclusion, our data indicate that both RIM-BPs contribute to SV exocytosis at the IHC ribbon synapse. Among RIM-BPs at the IHC ribbon synapse, RIM-BP1 seems to be required for exocytosis of the RRP, while RIM-BP2 takes a prevailing role in clustering Ca2+-channels at the IHC AZ and enabling efficient SV replenishment (Krinner et al., 2017).


TABLE 3. Summary of statistical analysis of patch-clamp data.
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Both RIM-BP1 and 2 Are Required for Normal Hearing

Finally, we investigated whether additional genetic disruption of RIM-BP1 would cause a synaptopathic hearing impairment exceeding that found in mice lacking RIM-BP2 alone (Krinner et al., 2017). For that, we recorded ABRs from RIM-BP1/2–/– mice. ABR waves reflect the compound neural action potential firing along the auditory pathway initiated at the first auditory synapse between sensory IHCs and SGNs. Hearing thresholds (Figure 3A) were determined as the lowest stimulus intensity that evoked a reproducible response ABR waveform. Compared to the hearing thresholds of RIM-BP2+/+ control mice, we found a significant threshold elevation by on average 20 dB SPL (SD ± 4.0 dB SPL) for all recorded frequencies in RIM-BP1/2–/– mice (p4kHz = 0.0007, p6kHz = 0.01, p8kHz = 0.0001, p12kHz < 0.0001, p16kHz < 0.0001, p24kHz = 0.002, p32kHz = 0.003; one-way ANOVA and post hoc Tukey’s multiple comparison test). Interestingly, there was a significant threshold elevation also compared to RIM-BP2–/– mice (p12kHz = 0.003, p16kHz = 0.004, p24kHz = 0.03, p32kHz = 0.02; one-way ANOVA and post-hoc Tukey’s multiple comparison test). Along the same lines, the ABR wave amplitudes (Figure 3B and Table 4) were strongly reduced in RIM-BP1/2–/– mice compared to RIM-BP2+/+ during 20 Hz click stimulation (wave I: p = 0.0006, wave III: p = 0.001, wave IV: p = 0.005; one-way ANOVA and post-hoc Tukey’s multiple comparison test). When we compared the ABRs of RIM-BP1/2–/– mice to RIM-BP2–/– mice at 20 Hz click stimulation, we found a significant ABR wave amplitude decrease in wave IV (p = 0.03; one-way ANOVA and post hoc Tukey’s multiple comparison test), which likely reflects additional deficits in synaptic transmission in the auditory brainstem. In addition, the ABR wave I amplitude difference between RIM-BP1/2–/– mice and RIM-BP2–/– mice reached statistical significance when increasing the rate click stimulation to 100 Hz (p = 0.03; one-way ANOVA and post hoc Tukey’s multiple comparison test; Table 4). Since ABR wave I reflects synchronized firing of the SGNs induced by synaptic transmission from sensory IHCs, these data suggest a role of RIM-BP1 either in the sensory IHCs themselves or in the SGNs, downstream of the IHC ribbon synapse. To exclude that the hearing threshold elevation of RIM-BP1/2-deficient mice is caused by impaired outer hair cell-mediated cochlear amplification, we also recorded DPOAEs (Figure 3C). We found normal DPOAE amplitudes in RIM-BP1/2–/– mice (for all F2 intensities: p > 0.05; one-way ANOVA and post hoc Tukey’s multiple comparison test), indicating preserved outer hair cell function, which is keeping with our previous findings in RIM-BP2-deficient mice (Krinner et al., 2017).


[image: image]

FIGURE 3. Both RIM-BP1 and -2 are required for normal hearing. (A) Compared to control mice (RIM-BP2+/+, black), auditory brainstem response (ABR) thresholds of RIM-BP1/2-deficient mice (magenta) were elevated for all recorded frequencies (indicated by asterisk on top of traces: 4 kHz: p = 0.0007, 6 kHz: p = 0.01, 8 kHz: p = 0.0001, 12 kHz: p < 0.0001, 16 kHz: p < 0.0001, 24 kHz: p = 0.002, 32 kHz: p = 0.003). Additionally, ABR thresholds differed significantly between RIM-BP2-deficient (green) and RIM-BP1/2-deficient mice at frequencies ≥12kHz (indicated by asterisk and bracket: 12 kHz: p = 0.003, 16 kHz: p = 0.004, 24 kHz: p = 0.03, 32 kHz: p = 0.02). Click thresholds of RIM-BP1/2-deficient mice showed significant difference to both, control as well as RIM-BP2-deficient mice (p = 0.01 and p = 0.03, respectively). (B) ABR waves represent the compound action potential of different neuronal populations along the auditory pathway during 20 Hz stimulation. Compared to control mice (black), ABR waveforms (80 dB peak equivalent, 20 Hz stimulation rate) of RIM-BP1/2-deficient mice (magenta) showed significantly smaller amplitudes (indicated by asterisk on top of traces: wave I: p = 0.0006, wave III: p = 0.001, wave IV: p = 0.005). In addition, ABR wave IV amplitude differed significantly between RIM-BP2-deficient (green) and RIM-BP1/2-deficient mice (indicated by asterisk and bracket: p = 0.03). (C) Mechanoelectrical transduction and cochlear amplification at the frequency of strongest hearing threshold increase [16 kHz, see panel (A)] were assessed through recordings of otoacoustic emissions (DPOAE) (F1: 13.3 kHz, F2: 16 kHz). DPOAE amplitudes were unaltered in RIM-BP1/2-deficient mice compared to control mice, suggesting normal function upstream of synaptic sound encoding at IHC synapses. (A–C) RIM-BP1/2–/– (n = 7), RIM-BP2+/+ (n = 11), RIM-BP2–/– (n = 8); Data information: Data represent grand averages, mean ± SEM; one-way ANOVA and post hoc Tukey’s multiple comparison test, p-values are summarized in Table 4. Significance level: n.s. p ≥ 0.05, *p < 0.05, **p < 0.01, ***p < 0.001; n = number of mice; age of mice: 8–10 weeks. Data of RIM-BP2-deficient (RIM-BP2–/–) and control (RIM-BP2+/+) mice were adapted from Krinner et al. (2017).



TABLE 4. Summary of statistical analysis of ABR data.
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DISCUSSION

Here we probed for a role of RIM-BP1 in synaptic sound encoding at the IHC-SGN synapse. Building on our prior analysis of mice lacking RIM-BP2 (Krinner et al., 2017), we now studied the effects of additional deletion of RIM-BP1. RIM-BP1/2–/– mice showed an aggravation of the auditory synaptopathy (Moser and Starr, 2016) phenotype, with further elevation of the hearing threshold and stronger reduction of ABR wave amplitudes than found in RIM-BP2–/– mice, despite normal cochlear amplification. Our recent work suggests that, indeed, RIM-BP1 and 2 both play a role in mammalian hearing with a leading role of RIM-BP2 and partial functional redundancy of RIM-BP1 and 2. Scrutinizing the requirement for the presence of both RIM-BPs indicated a role for high frequency synaptic transmission in vivo, where the effect of additional RIM-BP1 deletion on ABR thresholds and amplitudes was enhanced at higher stimulation frequencies.

Mechanistically, such a hearing impairment could be caused by either a deficit in presynaptic transmitter release from sensory IHCs or a functional defect of the postsynaptic SGNs. On the presynaptic side, a reduction of IHC transmitter release could be caused indirectly via impaired Ca2+-influx and/or directly via immediate effects on SV release. We found that at IHC ribbon synapses, additional deletion of RIM-BP1 did not further alter voltage-gated Ca2+-influx beyond the reduction found in RIM-BP2 deficient IHCs. In contrast to our data on IHCs, combined genetic deletion of RIM-BP1 and -2 in rod bipolar cell AZs, reduced the number of Ca2+-channels more strongly than the deletion of the individual RIM-BPs (Luo et al., 2017). The same study also showed a significant compensatory elevation of RIM protein levels in RIM-BP1/2-deficient retinae (Luo et al., 2017). Other studies pointed toward redundant functions of RIMs and RIM-BPs in promoting the synaptic abundance of Ca2+-channels: The combined deletion of RIMs and RIM-BPs reduced Ca2+-channel abundance (Kushibiki et al., 2019) or Ca2+-triggered release (Acuna et al., 2016) more drastically than would have been expected from the effects observed upon the deletion of individual genes. Since the impact of RIMs (Jung et al., 2015) and RIM-BP2 (Krinner et al., 2017) on synaptic CaV1.3 Ca2+-channel abundance in IHCs has been shown, one could argue, that either RIM-BP1 has only a minor role on synaptic Ca2+-channel abundance or that its effect was masked by an increased abundance of other AZ proteins like RIMs due to compensatory upregulation upon the combined loss of both RIM-BP1 and 2. Such compensatory upregulation of other multidomain proteins of the AZ should be tested in future studies that might also test the possibility of an upregulated expression of RIM-BP1 in RIM-BP2-deficient IHCs.

Then, the aggravation of the auditory synaptopathy observed in RIM-BP1/2–/– mice might point to a direct involvement of RIM-BP1 in SV exocytosis. Indeed, upon RIM-BP1/2 deletion, we found a subtle but significant reduction of synchronous SV exocytosis triggered by brief step-depolarizations not found in RIM-BP2–/– mice (Figure 2B) likely resulting in less synchronized SGN activation and, hence, smaller ABR wave I amplitude in RIM-BP1/2–/– mice (Figure 3B). A correspondence of impaired RRP exocytosis and reduced wave amplitude has previously been reported for bassoon-deficient IHCs (Khimich et al., 2005; Buran et al., 2010). However even though exocytosis is nearly completely abolished during in vitro capacitance measurements with 5 ms step depolarization, the ABR wave I recorded in vivo did not show such a dramatic amplitude reduction. We consider several possible and non-exclusive explanations for the discrepancy of the in vivo and in vitro data. (i) There is greater experimental variability at the level of in vitro patch-clamp recordings from individual IHCs containing just a dozen of synapses with stimulation repeated only 2–3 times per IHC, while ABR in response to 80 dB click reflect sound encoding of thousands of IHC-SGN synapse averaged over 1,000 trials. (ii) The age differs between the recordings of the in vitro patch-clamp Cm measurements (2–3 week-old mice) and the in vivo ABR measurements (8–10 week-old mice) which could influence synaptic transmission due to synapse maturation beyond 2–3 weeks. Morphological studies pointed out that cochlear thresholds and the subdivisions of SGNs according to their spontaneous firing rate are mature only after 28 days, which is especially critical for in vivo studies (Liberman and Liberman, 2016). (iii) The in vitro patch-clamp Cm measurements were done at room temperature, whereas ABR recordings were done at 37°C (mammalian body temperature). In vitro experiments done in frog and mammalian auditory hair cells showed, that at higher temperatures, the Ca2+-current activation kinetics were accelerated and amplitudes increased, which reduces synaptic delay of glutamate release and supports synchronization of SV release (Nouvian, 2007; Chen and von Gersdorff, 2019). In addition, the authors found a temperature-dependent increase in synchronous exocytosis, which was not only due to the accelerated Ca2+-current, but likely due to a temperature-dependent increase in efficiency of Ca2+ influx triggered SV exocytosis (Nouvian, 2007). These differences could explain the discrepancy between the strongly reduced response to 5 ms depolarization and the lesser reduction of ABR wave I amplitude. Thus, it would be interesting to perform the patch-clamp recordings at physiological temperature. (iv) The peak preceding wave I in Figure 3B is likely the summating potential (SP), thought to reflect the synchronous depolarization of IHCs (Whitfield and Ross, 1965; Dallos et al., 1972). That the SP is unaffected by loss of RIM-BP1 and/or RIM-BP2 indicated that the mechanotransduction machinery is unaffected, supporting a conclusion that the reduction in wave I amplitude is not due to a deficit upstream of the ribbon synapse, but rather reflects reduced activation of SGNs or desynchronization of SGN activation. Indeed, the link of RRP exocytosis in IHCs to synchronous SGN activation and ABR wave I amplitude has been established (Khimich et al., 2005; Wittig and Parsons, 2008; Buran et al., 2010; Rutherford et al., 2012; Li et al., 2014).

As for other synapses, RIM-BPs might be involved in a tight Ca2+-channel-SV coupling (Liu et al., 2011; Acuna et al., 2015; Grauel et al., 2016; Luo et al., 2017). While tight Ca2+-channel-SV coupling seems preserved in RIM-BP2–/– IHCs at least after RRP recovery from depletion (Krinner et al., 2017), deletion of both RIM-BP1 and 2 might impair this coupling and, consequently, synchronous SV release (Figure 2C). Alternatively, subpools of the RRP might exist (Goutman and Glowatzki, 2007) and be differently dependent on RIM-BP1 and 2. Future experiments, e.g., using paired recordings (Goutman and Glowatzki, 2007) or dual color imaging of presynaptic Ca2+ signals and glutamate release (Özçete and Moser, 2020) should address these possibilities for individual IHC synapses. The better preserved sustained exocytosis in RIM-BP1/2–/– double-knockout IHCs compared to RIM-BP2–/– single knockout IHCs might then simply reflect a partial masking of impaired SV replenishment (Krinner et al., 2017) by the protracted release of the RRP in the absence of both RIM-BPs.

Another remaining task for future experiments is to further scrutinize RIM-BP1 expression in the organ of Corti. As described the RIM-BP1 antibodies at our disposal did not provide sufficient specificity to address this point. Interestingly, a recent transcript analysis of mouse IHCs reported expression of RIM-BP2 and -3, but not RIM-BP1 in IHCs (Ortner et al., 2020). This is consistent with our findings from two different approaches of expression analysis where we failed to detect RIM-BP1 mRNA in IHCs by single-cell RT-PCR and the RNAscope data did not strongly support RIM-BP1 mRNA expression in IHCs. However, our RT-PCR data showed a clear mRNA expression of RIM-BP1 in the organ of Corti. Future experiments should revisit a putative RIM-BP1 expression in IHCs e.g., by using RIM-BP1 specific immunolabeling or RNA sequencing of IHCs and also address a potential upregulated expression of RIM-BP1 in RIM-BP2-deficient IHCs. Moreover, alternative mechanisms explaining the aggravated hearing impairment found in RIM-BP1/2-deficient mice should be addressed which could involve a potential functional RIM-BP1 expression in SGNs or efferent olivocochlear neurons. If expressed in SGNs, it would be interesting to check for a putative postsynaptic function of RIM-BP1, e.g., by interacting and regulating postsynaptic receptor- or ion channel properties (Nirenberg and Yifrach, 2020). More speculatively, one could consider of a transsynaptic regulation from SGNs towards IHC AZs, leading to an impairment in synchronous exocytosis of the RRP in IHCs due to the loss of RIM-BP1. Such transsynaptic coupling of IHCs and SGNs was described for the AMPA receptor – PSD-95 complex, which is required for the correct spatial alignment of CaV1.3 Ca2+-channels across the synaptic cleft (Fell et al., 2016).



AUTHOR’S NOTE

RIM-binding proteins are multidomain proteins of the presynaptic active zone that interact with Ca2+ channels and other proteins forming release sites for synaptic vesicles. At the inner hair cell (IHC) ribbon synapse, RIM-BP2 tethers voltage-gated Ca2+-channels and promotes sustained exocytosis. In the present study, we probed for a function of RIM-BP1, another RIM-BP family member. We found that disruption of RIM-BPs 1 and 2 in mice causes a synaptopathic hearing impairment exceeding that of mice lacking only RIM-BP2. While the reduction of Ca2+-influx seemed comparable between IHCs of both mutant genotypes, deletion of both RIM-BPs caused an additional impairment of synchronous exocytosis of the readily releasable pool of synaptic vesicles. Hence, while RIM-BP2 appears to be the dominant isoform, both RIM-BPs are required for normal sound encoding at the inner hair cell ribbon synapse.
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Supplementary Figure 1 | Efforts to establish immunohistochemistry for RIM-BP1 in the mouse cochlea. Maximum projections of confocal stacks after immunohistochemistry from apical organ of Corti whole-mount explants from 2-week-old C57BL/6 and RIM-BP1/2–/– mice. RIM-BP1 immunofluorescence (green) co-localizes with presynaptic ribbons (CtBP2/RIBEYE, magenta) and either (A) Bassoon (blue) or (B) Synapsin1/2 (blue) in C57BL/6 IHCs. Synapsin1/2 marks presynaptic terminals of efferent lateral olivocochlear neurons projecting onto type I SGN synapses. RIM-BP1 is not absent in parallel processed RIM-BP1/2–/– IHCs, questioning the RIM-BP1 antibody specificity. Scale bar: 5 μm.

Supplementary Figure 2 | RNA Analysis of RIM-BP1 expression in the organ of Corti. Maximum projection of confocal stack after RNAscope experiment and consecutive immunohistochemistry from apical organ of Corti whole-mount explant from 2-week-old C57BL/6 mouse. Calretinin [(B), blue in merge image (A)] marks IHCs. Otoferlin RNAscope probe [(C), magenta in merge image (A)] was used as positive control. Otoferlin mRNA is present in IHCs, mainly localized around the IHC nuclei. RIM-BP1 mRNA could not be detected by the RNAscope probe [(D), green in merge image (A)]. Scale bar: 10 μm.

Supplementary Figure 3 | RIM-BP1 is expressed in the mouse organ of Corti. Nested RT-PCR from organs of Corti, brain, and 10 individual IHCs from 2-week-old C57Bl/6 mice. In the negative control cDNA was omitted from the reaction. Nested PCR primers were specific for RIM-BP1 (A) or RIM-BP2 (B) cDNA. The following DNA bands were expected: 196 bp for RIM-BP1 (A), 408 bp for RIM-BP2 (B). Both RIM-BPs were detected in brain tissue. RIM-BP2 mRNA was detected in individual IHCs. RIM-BP1 was detected in the organ of Corti, but not in individual IHCs.
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Plants of the genus Cannabis have been used by humans for millennia for a variety of purposes. Perhaps most notable is the use of certain Cannabis strains for their psychoactive effects. More recently, several biologically active molecules within the plants of these Cannabis strains, called phytocannabinoids or simply cannabinoids, have been identified. Furthermore, within human cells, endogenous cannabinoids, or endocannabinoids, as well as the receptors and secondary messengers that give rise to their neuromodulatory effects, have also been characterized. This endocannabinoid system (ECS) is composed of two primary ligands—anandamide and 2-arachidonyl glycerol; two primary receptors—cannabinoid receptors 1 and 2; and several enzymes involved in biosynthesis and degradation of endocannabinoid ligands including diacylglycerol lipase (DAGL) and monoacylglycerol lipase (MAGL). Here we briefly summarize cannabinoid signaling and review what has been discerned to date with regard to cannabinoid signaling in the auditory system and its roles in normal physiological function as well as pathological conditions. While much has been uncovered regarding cannabinoid signaling in the central nervous system, less attention has been paid to the auditory system specifically. Still, evidence is emerging to suggest that cannabinoid signaling is critical for the development, maturation, function, and survival of cochlear hair cells (HCs) and spiral ganglion neurons (SGNs). Furthermore, cannabinoid signaling can have profound effects on synaptic connectivity in CNS structures related to auditory processing. While clinical cases demonstrate that endogenous and exogenous cannabinoids impact auditory function, this review highlights several areas, such as SGN development, where more research is warranted.
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INTRODUCTION

Humans have used products derived from Cannabis plants for millennia. Traditional uses of these plants include the derivation of fibers for textiles, rope, and article, and the use of other parts of the plants as a source of food, for medicinal purposes, and for psychoactive effects in spiritual or recreational use (Ren et al., 2019). Though there is some debate of the exact taxonomy, as many as four different strains or varieties of Cannabis have been classified, including Cannabis sativa, C. indica, C. ruderalis, and C. afghanica (Clarke and Merlin, 2013; Small, 2015). All four strains can contain psychoactive compounds. However, these designations may not be overly informative with regard to the amounts of bioactive molecules as natural and artificial selection have led to vast differences within and across strains (Clarke and Merlin, 2013). In the past few decades, extensive research has focused on isolating and characterizing cannabinoid compounds, as well as their receptors and biological functions. Originally the term “cannabinoids” referred to more than 60 C21 terpenophenolic compounds produced by Cannabis plants. Δ9-tetrahydrocannabinol (THC), the major psychoactive compound produced by this plant, was first isolated and characterized by Mechoulam and Gaoni (1967). Currently, there are 120 pharmacologically distinct compounds identified as being produced by these plants which are broadly known as phytocannabinoids (Reekie et al., 2018). Some of the other important phytocannabinoids include cannabidiol (CBD), cannabinol (CBN), cannabichromene (CBC), and cannabigerol (CBG; Morales et al., 2017). Shortly after the discovery of phytocannabinoids, Howlett et al. provided compelling evidence that pharmacological activities of phytocannabinoids are modulated by G-protein coupled receptors (GPCRs) which were later cloned and characterized as cannabinoid receptor 1 (CB1) and cannabinoid receptor 2 (CB2; Howlett and Fleming, 1984; Matsuda et al., 1990; Munro et al., 1993; Howlett et al., 2002). The endogenous cannabinoid ligands or endocannabinoids (ECBs) are lipophilic molecules that are synthesized as a product of arachidonic acid metabolism. The principal components of the endocannabinoid system (ECS) include: (1) the ECB ligands, (2) the enzymes involved in the biosynthesis and degradation of ECB ligands, (3) the ECB receptors, and (4) the ECB membrane transporter proteins (EMTs).

Despite the rapidly growing body of information pertaining to the physiological roles of the ECS in different tissues including the brain, significantly less is known about the distribution and function of the ECS in the peripheral and central tissues of the auditory system. Here we will review the different components of ECB signaling in general and what is currently known about the physiological and pathophysiological role of this system in the auditory circuit. Furthermore, this review will consider hypotheses of putative roles the ECS may have in cochlear development and maturation, based on potentially analogous roles of ECB signaling in other tissues.



THE ENDOCANNABINOID SYSTEM: A CLASSICAL VIEW


Biosynthesis, Transportation, and Degradation of Endocannabinoids (ECBs)

Most of our knowledge of ECB synthesis comes from studies in the central nervous system (CNS) of rodent models, where the two main ECBs are anandamide (N-arachidonoyl ethanolamine, or AEA) and 2-arachidonoyl glycerol (2AG). AEA and 2AG are synthesized in a spatiotemporally regulated manner “on-demand” from their phospholipid precursor molecules present in the plasma membrane (Di Marzo et al., 1999; Kim et al., 2002). According to this classical view, depolarization or G-protein coupled signaling in neural cells can induce ECB production from lipid precursors via activation of the calcium-dependent enzymes involved in their biosynthesis (Basavarajappa, 2007a; Nyilas et al., 2008). In the canonical pathway (Figure 1A), AEA is synthesized from the precursor molecule n-arachidonylphosphatidylethanolamine (NAPE) by catalytic actions of N-acetyl transferase and phospholipase D (Di Marzo et al., 1994; Kim et al., 2002; Lu and MacKie, 2016). Even though AEA and 2AG share a common arachidonic acid backbone, 2AG is generated by a different two-step process (Figure 1B) beginning with phosphatidylinositol-4, 5-bisphosphate (PIP2). First, PIP2 is cleaved by phospholipase C (β or γ) to generate inositol-1,4,5 triphosphate, and diacyl glycerol (DAG). DAG is then hydrolyzed by serine hydrolase diacylglycerol lipase (DAGL) α or β to produce 2AG (Baggelaar et al., 2018). Once released into the intercellular space, ECBs can act at adjacent cell membranes via their receptors, or possibly via other, receptor-independent mechanisms (Chicca et al., 2012). Upon being transported intracellularly, both AEA and 2AG have very short half-lives and are almost instantly catabolized to arachidonic acid and ethanolamine or arachidonic acid and glycerol, respectively (Deutsch and Chin, 1993; Dinh et al., 2002). AEA is primarily degraded by fatty acid amide hydrolase (FAAH) in the central nervous system (CNS) (Lu and MacKie, 2016) to produce arachidonic acid and ethanolamine. Alternatively, AEA can either be oxidized by cyclooxygenase-2 (COX2) to produce prostamide (Woodward et al., 2008) or be hydrolyzed by N-acylethanolamine-hydrolyzing acid amidase (NAAA) (Tsuboi et al., 2005). In the CNS, 2AG can be hydrolyzed by four different enzymes namely monoacylglycerol lipase (MAGL), which accounts for the majority of 2AG hydrolysis, but also α/β-Hydrolase domain containing 6 (ABHD6), α/β-Hydrolase domain containing 12 (ABHD12), or COX2. These enzymes are located in different cellular and subcellular compartments. MAGL is a soluble enzyme, distributed at the presynaptic terminal, while ABHD6 and ABHD12 are integrated in the membrane. ABHD6 is primarily found in neuronal dendrites whereas ABHD12 is abundantly expressed in microglia (Cravatt et al., 2001; Blankman et al., 2007; Kano et al., 2009; Marrs et al., 2010). 2AG can also be oxidized by COX2 to produce prostaglandin E2 glycerol ester (PGE2-GE) which has been implicated in the modulation of synaptic transmission and synaptic plasticity in the hippocampus (Sang et al., 2006; Yang et al., 2008; Urquhart et al., 2015). For more detailed information on ECB metabolism, transport and signaling, readers are referred to the review by Lu and MacKie (2016).
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FIGURE 1. Biosynthesis and degradation of N-arachidonoyl ethanolamine (AEA) and 2-arachidonoyl glycerol (2AG). (A) In the canonical pathway for AEA synthesis and catabolism, an N-acetyl group is added to phosphatidyl ethanolamine (PE) to produce N-arachidonoyl PE, or NAPE, which is then converted to AEA by the enzyme NAPE-PLD. In a non-canonical pathway, NAPE can be hydrolyzed by PLC to produce pAEA, and subsequently dephosphorylated by PTPN22N to produce AEA. Alternatively, NAPE can be converted to lyso-NAPE by the catalytic activity of either ABHD4 or sPLA2, and subsequently, lyso-NAPE is hydrolyzed by ABHD4 and GDE-1 to produce AEA. AEA is hydrolyzed by fatty acid amide hydrolase (FAAH) to produce AA and NAA or, AEA can be oxidized by COX2 to produce prostamide F(2)α. (B) In the canonical biosynthesis pathway for 2AG, PIP2 is hydrolyzed by PLCβ to DAG which is subsequently hydrolyzed by DAGL to produce AG. In the non-canonical pathway, 2-ALPI is synthesized from either PIP2 or 2-API, which is subsequently hydrolyzed by lyso-PI-PLC to generate 2-AG. Degradation of 2AG occurs by hydrolysis by either MAGL or ABHD6 or ABHD12 to produce arachidonic acid and glycerol. Alternatively, 2AG can be oxidized by COX2 to generate to PGE2-G. Abbreviations: NAT, N-acetyltransferase; NAPE-PLD, N-acyl phosphatidylethanolamine-specific phospholipase D; PLC, Phospholipase C; PTPN22, Protein tyrosine phosphatase, non-receptor type 22 (lymphoid); ABHD4, α/β-Hydrolase domain containing 4; sPLA2, Secretory phospholipases A2; GDE-1, Glycerophosphodiester phosphodiesterase-1; FAAH, Fatty acid amide hydrolase; COX2, Cycloxygenase2; DAGL, Diacylglycerol lipase; Lyso-PI-PLC, Lyso phosphatidyl inositol phospholipase C; MAGL, Monoacylglycerol lipase; ABHD6, α/β-Hydrolase domain containing 6; ABHD12, α/β-Hydrolase domain containing 12.





Cannabinoid Receptors and Signaling Pathways

According to the classical model, all cannabinoids, including endogenous, synthetic, and phyto-cannabinoids, mediate their actions by binding to two types of receptors- cannabinoid receptors and non-cannabinoid receptors. There are primarily two types of cannabinoid receptors, the CB1 and CB2 receptors, which are encoded by the CNR genes, CNR1 and CNR2 respectively. At the protein level, the human CB1 receptor shares 44% sequence homology with the CB2 receptor. In terms of conservation across species, CB1 receptors are highly similar in rodents and humans (97–99%) compared to the CB2 receptor which is less well conserved (~80%; Goedert et al., 1998; Buckley, 2008; Liu et al., 2009; Zhang et al., 2015). Differential isoforms or splice variants of both of the receptors can be distinctly expressed across various tissues (Ryberg et al., 2005; Liu et al., 2009; González-Mariscal et al., 2016). The CB1 receptor is abundantly expressed in the CNS where it acts largely as a neuromodulator (Lovinger, 2008). These CB1 receptors are predominantly found at presynaptic inhibitory GABAergic terminals and to a lower extent at the presynaptic terminals of excitatory glutamatergic and dopaminergic neurons. CB1 receptors can also be found in postsynaptic terminals in the cerebral cortex, and in glial cells (Salio et al., 2002; Bacci et al., 2004; Kushmerick et al., 2004; Domenici et al., 2006; Degroot et al., 2006). Outside of the nervous system, CB1 receptors have also been detected in cardiac tissues, ovaries, adrenal glands, and immune cells (Cecconi et al., 2014; Maccarrone et al., 2015; Hillard et al., 2016). Somewhat in contrast to CB1 receptors, CB2 receptors are predominantly found in immune cells including CNS microglia and in numerous cells of the immune system and the gastrointestinal tract. Accordingly, CB2 signaling has been shown to regulate immune cell survival, cytokine production, and stress response and thus it acts as a major immunomodulator (Basu and Dittel, 2011). In addition to the cannabinoid receptors, multiple non-CB1/CB2 receptors have also been identified in recent decades as potential mediators of cannabinoid signaling, including capsaicin-sensitive transient receptor potential (TRP) channels, including TRP vanilloid 1 (TRPV1) and other members of the TRPV family. Orphan G-protein coupled receptor 55 (GPR 55) and nuclear receptor peroxisome-proliferator-activated receptors (PPAR) have also been identified as receptors that can be bound by cannabinoids and initiate downstream signaling cascades (Sun and Bennett, 2007; Muller et al., 2009).

In terms of the ECB ligands, 2AG levels tend to be much higher than AEA in the CNS, and thus 2AG is suspected to be the primary endogenous ligand in nervous tissues. Elevated Ca2 +  or activated Gq/11 coupled GPCR triggers the release of 2AG from the postsynaptic terminal, where it then traverses the synaptic cleft and binds to CB receptors at the presynaptic terminal (Castillo et al., 2012; Zou and Kumar, 2018). Both CB1 and CB2 receptors mediate their biological effects via pertussis toxin-sensitive G protein-coupled receptors (Figure 2) Gi and Go (Howlett et al., 2002). Upon ligand binding, the Gi/o α subunit gets dissociated from Gi/o βγ. The GTP-bound α subunit reduces the activity of cAMP and protein kinase A via inhibition of adenylate cyclase. Meanwhile, the Gβγ subunit inhibits Ca2+ influx through voltage-gated Ca2+ channels (Wilson et al., 2001) and activates inwardly rectifying potassium channels (Figure 3), in a cell-dependent manner (Howlett et al., 2002). Additionally, ligand binding to CB1 or CB2 receptors can activate mitogen-activated protein kinases (MAPK) including c-Jun NH2-terminal kinases (JNK), extracellular signal related kinase (ERK), and p38 (Figure 2). Upon ligand binding, CB1 receptors can also induce PI3K/Akt activation in many cell types including glial cells where it promotes cell survival (Galve-Roperh et al., 2002; Gomez et al., 2011). The ECB mediated retrograde signaling can regulate short-term synaptic plasticity (Figure 3) via depolarization-induced suppression of inhibition (DSI) or depolarization-induced suppression of excitation (DSE). ECB signaling can also mediate long-term synaptic plasticity by either long-term depression (LTD) or long-term potentiation (LTP) (Marsicano et al., 2002; Basavarajappa, 2007b). Furthermore, AEA can also induce LTD by binding to the non-CB receptor TRPV1 thereby decreasing glutamate signaling (Grueter et al., 2010) and negatively regulating 2AG synthesis and 2AG-mediated signaling (Maccarrone et al., 2008). Modulation of synaptic signaling in these ways is well-known to affect motor behavior, anxiety, and memory formation but is likely equally important for sound sensation, perception, and comprehension.


[image: image]

FIGURE 2. Canonical endocannabinoid signaling pathways. Upon binding of a CB ligand to a Gi/o-coupled GPCR, the Gi/o-α receptor subunit gets detached from the βγ subunits. The liberated Gi/o-α inhibits adenylate cyclase (AC) causing subsequent decreases in cAMP-mediated PKA and CREB activation, leading to downregulation of CREB-induced gene expression. The βγ subunits activate either MAPK or PI3K to regulate gene expression. Alternatively, they can also regulate Ca2+ levels via activation of PLC. Inhibition of PKA can also affect other MAPK pathways (not shown). Abbreviations: GPCR, G protein-coupled receptors; AC, Adenylate Cyclase; cAMP, Cyclic adenosine monophosphate; PKA, Protein Kinase A; CREB, cAMP response element-binding protein; MKK, MAP kinase kinase; MAPK, Mitogen-activated protein kinase; ERK, Extracellular signal-related kinase; JNK, c-Jun N-terminal kinase; Raf1, Rapidly Accelerated Fibrosarcoma1; PI3K, Phosphoinositide 3-kinases; Akt, Protein kinase B; mTORC1, mammalian target of rapamycin complex 1; PLC, Phospholipase C.
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FIGURE 3. Endocannabinoid-mediated synaptic suppression. Depolarization and/or calcium influx into a postsynaptic cell leads to endocannabinoid synthesis. ECS ligands are then released into the extracellular space where they can bind cell autonomously to membrane-bound CB receptors (1), or to receptors on presynaptic cells (2,3), or to receptors on glial processes (not shown). Cell autonomous binding of ECS ligands (1) can modulate the strength of post-synaptic responses by self-inhibition via potassium efflux. In presynaptic terminals (2,3) ECS ligands bind to CB receptors which are Gi/o-coupled GPCRs. The binding of these GPCRs leads to Gi/o-α receptor subunit detachment from βγ subunits. The detached Gi/o-α then inhibits adenylate cyclase (AC), which would otherwise drive cAMP-mediated activation of PKA and CREB. However, with AC inhibited the decreased activation of PKA results in decreased vesicle release of neurotransmitters. The presynaptic release is also inhibited by the βγ subunits which inhibit Ca2+ entry that would also otherwise drive neurotransmitter release. When inhibitory neurotransmitters are prevented from being released by ECS it is termed depolarization-induced suppression of inhibition (DSI) and when ECS acts on excitatory presynaptic boutons, the inhibition of vesicle release is termed depolarization-induced suppression of excitation (DSE). In addition to DSI and DSE, the inhibition of AC and PKA can lead to decreased activation of CREB thus altering the expression of CREB dependent genes. Furthermore, the GPCR subunits and their effects on PKA and PKC can also activate either MAPK or PI3K signaling cascades to regulate gene expression (see Figure 2).






ENDOCANNABINOIDS IN THE AUDITORY SYSTEM

The mammalian auditory system collects sound energy via the external ear, where it is subsequently transitioned through solid and then liquid media in the middle and then inner ear. Within the inner ear, the mechanical energy of the acoustic stimulus displaces the basilar membrane of the cochlea causing the stereocilia of mechanosensory hair cells to be deflected against the tectorial membrane. The deflection of the stereocilia leads to increased opening of mechanoelectrotransduction channels thus converting the sound stimuli to electrical depolarization and subsequent chemical neurotransmission from cochlear hair cells in the inner ear to the cochlear nucleus (CN) of the brainstem. Afferent sensory input is then transmitted from the CN to the auditory cortex via the superior olivary complex (SOC), lateral lemniscus (LL), inferior colliculus (IC), and medial geniculate body (MGB). The ECB system is distributed throughout this entire auditory circuit where it has been shown to influence various glycinergic, glutaminergic (Kushmerick et al., 2004; Zhao et al., 2009), and cholinergic signals (Kushmerick et al., 2004; Zhao and Tzounopoulos, 2011) to modulate auditory function and perception.


CB Signaling in the Cochlea and SGNs

The organ of Corti within the cochlea of the inner ear is comprised of two types of sensory hair cells (HCs), inner hair cells (IHC) and outer hair cells (OHC), and also non-sensory cells called supporting cells (SCs). Critical to cochlear function are a number of additional cell types that line the cochlear duct and perform numerous mechanical and physiological functions including maintenance of the endocochlear potential. Sound is transduced by the HCs, and in particular the IHCs which, upon depolarization, release glutamate which binds to postsynaptic receptors at the primary afferents of SGNs.

A number of studies over the past 15 years have demonstrated the expression of several ECS components in the mammalian cochlea (Figure 4). A preliminary study by Fauser and colleagues first provided evidence of presynaptic expression of CB1 receptors in both type I and type II SGNs in the adult gerbil cochlea. Immunohistochemical studies suggested that CB1 receptor expression was higher in animals treated with salicylate and glutamate via round window application compared to saline-treated control animals suggesting possible involvement in glutamatergic signaling or synaptic repair (Fauser et al., 2005, AROMWM abstract 352). Datasets from subsequent RNAseq experiments in mice appear to corroborate these findings with Cnr1 transcripts being detectable in both type I and type II SGNs across multiple ages from E15.5 to P30 (Shrestha et al., 2018; Li et al., 2020). Bhatta et al. reported CB1 receptor immunoreactivity in various cochlear cell types including SGNs, OHCs, IHCs, Dieters’ cells, and in the stria vascularis (SVA) of the lateral wall in adult male Wistar rats (Bhatta et al., 2019). Subsequent transcriptomic analyses also suggest Cnr1 may be expressed in the mouse cochlea lateral wall where it was detected in fibrocytes and intermediate cells by scRNA-seq (Hoa et al., 2020). The first functional evidence of the role of CB1 receptors in hearing came from a study by Toal et al. (2015) in homozygous CB1 receptor knockout mice. Compared to wild-type controls, mice with homozygous deletion of Cnr1 showed reduced sensitivity/increased thresholds in a behavioral audiogram task for frequency regions above 8 kHz but had improved Gap detection thresholds on noise that was low-passed at 8 kHz. There was no obvious difference in frequency sensitivity between the control and knockouts as indicated by frequency difference limens (Toal et al., 2015). Although this study clearly indicated a role for CB1 receptors in auditory detection and processing, future experiments are clearly warranted to dissect the functions of CB1 receptor mediated signaling in the adult cochlea particularly with regard to the diversity of potential CB1 ligands that have already been characterized. Furthermore, CreER-mediated conditional deletion or overexpression of Cnr1 can be employed to determine cell-specific functions and to better understand the extent to which CB1 receptor-mediated signaling is required for SVA, HC, SC, or neuronal functions in the cochlea.
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FIGURE 4. Distribution of endocannabinoid components in the adult cochlea. Based on immunohistochemical data and gene expression studies from previously published reports, CB1 and CB2 receptors (proteins) and CB1 transcripts (Cnr1) are distributed in the outer hair cells (OHC), inner hair cells (IHC), lateral wall (LW) cells and spiral ganglion neurons (SGN, cell bodies, and axonal projections). Cnr1 transcripts were also found in the pillar cells (PC) and Dieter’s cells (DC). While CB2 receptors appear fairly widely distributed, immunolabeling suggested possible greater intensities of staining around the base of the IHCs where the SGN nerve fibers and the IHC ribbon synapses are located. Transcripts of Dagla are expressed in the sensory HCs, PCs, Deiters cells (DC), and SGN. TRPV1 is expressed in both inner and outer HCs.



Similar to CB1 receptors, CB2 receptors are also widely distributed throughout the cochlea. Immunohistochemical studies in adult rat cochlea revealed expression of CB2 in the SCs including outer and inner pillar cells, and in the HCs, particularly around the presynaptic ribbon area of IHCs, and also in the SGNs (Martín-Saldaña et al., 2016; Ghosh et al., 2018). Consistent with its known pattern of expression in immune cells, scRNA-seq of adult mouse cochlea lateral wall also suggests that in this area of the cochlea, Cnr2 is primarily expressed in B-cells and macrophages (Hoa et al., 2020). It is conceivable that such widespread distribution of CB2 receptors may be important for normal hearing. Indeed, pharmacological targeting of CB2 receptor activation by the inverse agonist AM630 or knockdown of Cnr2 by small interfering RNAs in the inner ear results in significant ABR threshold shifts at 8, 16, and 32 kHz suggesting that tonic activation of CB2 receptors is important for normal hearing (Ghosh et al., 2018). One of the conclusions of these studies was that these hearing deficits might be attributable to loss of ribbon synapses. Indeed, such synaptopathy was observed in response to AM630 and Cnr2 knockdown and could be reversed by pre-treatment with the CB2 selective synthetic agonist JWH-015 (Ghosh et al., 2018).

In addition to CB1 and CB2 receptors, TRPV1, TRPV2, TRPV3, TRPV4, TRPA1, and TRPM8 have all been shown to respond to CB ligands (Muller et al., 2009). All of these, with the exception of TRPM8, have been shown by quantitative real-time PCR and/or by immunostaining to be readily expressed in the cochlea (Muller et al., 2009; Asai et al., 2010 Asai et al., 2010). Immunostaining studies of TRPV1, 2, 3, and 4 suggest they are enriched in HCs and SCs of the organ of Corti and in the SGNs, while TRPV2 and 4 are also prominent in the SVA (Ishibashi et al., 2008, 2009). Genetic knockout studies in mice reveal that loss of TRPV1, 3, or 4 leads to hearing impairments (Zheng et al., 2003; Tabuchi et al., 2005; Wang et al., 2019) suggesting key roles for these receptors, and thereby ECB signaling, in normal hearing function. In addition, the expression of all four of the TRPV channels can be modulated by ototoxic aminoglycosides (Kitahara et al., 2005; Ishibashi et al., 2009). TRPV1 and TRPV4 in particular have been shown to mediate or mitigate the ototoxic effects of these drugs (Karasawa et al., 2008; Lee et al., 2013; Jiang et al., 2019). Similarly, TRPA1 has been shown to be expressed in the cochlea and in HCs in particular. While genetic knockout of TRPA1 suggests it does not play a major role in normal hearing ability, a subsequent study has revealed that TRPA1 activation facilitates entry of aminoglycosides into cochlear OHCs (Kwan et al., 2006; Stepanyan et al., 2011). Thus TRPA1 represents another possible route by which CB signaling may influence the response to ototoxic insult (Jiang et al., 2019). To summarize, these studies indicate that the ECS is active in the cochlea and contributes to normal hearing function and also to pathological conditions. To further understand the physiological roles of ECB signaling in the auditory periphery, much additional study is likely required. Audiometric functional tests such as ABR and DPOAE must be performed while either inhibiting ECS by pharmacological interventions or in mouse models such germline or conditional knockouts of key receptors or enzymes. Additionally, overexpression models can be brought to bear on these questions. As noted above, conditional models where HC-, neuron-, stria-, or macrophage-specific gene targeting is undertaken can provide greater resolution of cell-specific functions of these molecules.



ECB Signaling in the Cochlear Nucleus

The cochlear nucleus (CN) serves as the first auditory signal processing hub where information is relayed from the cochlea and then onward along the ascending central auditory pathway. Despite differences with regard to the number of layers of the dorsal CN (DCN) among various species, the laminar DCN can generally be divided into three primary layers: layer 1- the outermost layer or molecular layer, layer 2- the fusiform or pyramidal layer, and layer 3- the polymorphic layer (for reviews, see Brawer et al., 1974; Hackney et al., 1990; Pillsbury, 1996; Oertel and Young, 2004). All the layers consist of various cell types, and generally four types of excitatory glutamatergic projections: those coming from unipolar brush cells, granule cells, and fusiform cells (FC) in layer 2, and those coming from giant cells in the polymorphic layer. Inhibitory inputs originate from either GABAergic interneurons of Golgi cells and stellate cells or, glycinergic interneurons of cartwheel cells (CWC) and tuberculoventral cells (Baizer et al., 2012). The granule cells receive inputs from multiple sources including unmyelinated type II SGNs (Brown et al., 1988), afferent neurons of Scarpa’s ganglion (Burian and Gstoettner, 1988), projections from the octopus cells that detect and encode temporal precision of acoustic stimuli in the VCN, projections from the external cortex of IC (Caicedo and Herbert, 1993) and the auditory cortex (Feliciano et al., 1995). The parallel fibers (PF) from the granule cells send auditory information to the basal dendrites of the FC and also project onto CWCs which in turn send inhibitory inputs to the FCs via feed-forward mechanisms. 2AG acts as the primary ECB ligand in the DCN which is synthesized by the activation of either α or β isoform of the DAGL enzyme. Both DAGLα and DAGLβ are expressed in the soma and dendrites of both FCs and CWCs whereas DAGLβ is enriched in the spines of the CWCs and absent in the FC spines. Herkenham et al. first demonstrated very sparse distribution of CB1 receptors in both the DCN and ventral cochlear nucleus (VCN) by radiolabeled ligand binding studies (Herkenham et al., 1991). Later, a detailed quantitative study was performed by Zheng et al. who showed the expression of CB1 receptors in the cytoplasm of different cell types of DCN and VCN including FCs, CWCs, and globular bushy cells in Wistar rats (Zheng et al., 2007). Unique spatial and anatomical distribution of CB1 receptors and DAGL enzymes in the DCN circuit modulate cell-specific short-term plasticity and spike time dependent (STDP) long-term synaptic plasticity (Tzounopoulos et al., 2007; Zhao et al., 2009). Electron microscopy using immunogold labeling revealed that CB1 receptors are distributed in the presynaptic terminals of the PFs that synapse on the FCs and CWCs (Tzounopoulos et al., 2007). Unlike what has been reported in various other parts of the CNS, in the DCN, a higher density of CB1 receptor was observed in the excitatory glutamatergic terminals compared to inhibitory glycinergic terminals. Consistent with this, postsynaptic depolarization caused modulation of excitatory, but not inhibitory, inputs (Zhao et al., 2009). Thus, preferential DAGL expression in CWCs and the resulting CB1 receptor signaling in their presynaptic glutamatergic terminals likely results in suppression of the CWCs. This in turn causes reduced inhibition/increased excitability of the FCs (Zhao et al., 2009). Application of CB1 receptor antagonist AM251 did not affect the basal synaptic transmission in CWCs, suggesting there is no tonic ECB signaling present in these cells. The strength of retrograde ECB signaling can be determined by its ability to briefly reduce synaptic strength of excitatory (DSE) or inhibitory (DSI) inputs. In response to excitatory inputs from parallel fibers, CWCs in the DCN fire rapidly which leads to feedforward inhibition of FCs. Either depolarization or the pairing of an excitatory postsynaptic potential (EPSP) with an action potential (AP) can evoke ECB signaling which preferentially induces DSE at the parallel fiber synapses with CWCs vs. FCs which eventually shifts the balance towards the excitatory output. It is hypothesized that this ECS-mediated lessening of feedforward inhibition may provide ample time for the fusiform cells to incorporate incoming excitatory signals and alter synaptic plasticity by attuning spike time (Zhao et al., 2009). Interestingly, the auditory nerve synapses in the FCs of the DCN are devoid of CB1 receptors and therefore, postsynaptic depolarization of FCs to 10 mV for 1 s did not induce any DSE, suggesting no ECS dependent synaptic strength modulation occurs at the auditory nerve-FC synapses (Zhao et al., 2011). Taken together, the existing literature suggests that components of ECS are readily expressed throughout the CN and can regulate short-term and long-term synaptic plasticity in certain cells and under certain conditions.



ECB Signaling in the Superior Olivary Complex (SOC), Inferior Colliculus (IC), and Auditory Cortex (AC)

Binaural auditory information first converges in the SOC, which is comprised of three nuclei- the lateral superior olive (LSO), the medial superior olive (MSO), and the medial nucleus of the trapezoid body (MNTB). Excitatory projections from CN project onto LSO of the ipsilateral side, onto MNTB on the contralateral side, and onto MSO bilaterally. Inhibitory glycinergic neurons from MNTB project onto ipsilateral MSO (Grothe et al., 2010). ECB signaling plays a critical role in regulating GABA- and Glycinergic neurotransmission at the MNTB-LSO synapse. Age-dependent expression of CB1 receptors has been reported in the MNTB-LSO circuit. Prior to hearing onset, presynaptic CB1 receptors are ubiquitously found in the MNTB synapses on LSO, MNTB cell bodies, and axons (Chi and Kandler, 2012). The calyx of held is a specialized excitatory glutamatergic synaptic terminal of the axons of bushy cells that project onto inhibitory glycinergic MNTB principal cells (Joris and Trussell, 2018). CB1 receptors are expressed both in the developing soma and calyx in the premature brain, however, CB1 expression becomes restricted to the calyx after hearing onset (Kushmerick et al., 2004; Chi and Kandler, 2012). A tonotopic axis-dependent gradient of CB1 receptor expression is observed in the LSO with lower expression in the high frequency region and higher expression in the low frequency region (Chi and Kandler, 2012). This kind of distribution provides functional benefits in regulating excitatory postsynaptic currents (EPSCs; Chi and Kandler, 2012). The CB1 agonist WIN55,212-2 has been shown to inhibit glutamate release at the calyx and modulate the activity of presynaptic P type Ca2+ channels. ECB release in the MNTB is a Ca2+-dependent process and ECB released from one synapse can only regulate the activity of the synapse where it was originated, without affecting the neighboring synapses (Kushmerick et al., 2004). CB1 receptors and the endogenous ligand synthesizing enzymes DAGLα/β are also distributed in both glutamatergic and glycinergic terminals in LSO where the ECS functions to balance the release of these excitatory and inhibitory neurotransmitters.

From the SOC, auditory information is next routed via the LL to the IC which plays a critical role in auditory processing and also receives afferent inputs from axonal collaterals of the DCN of both ipsilateral and contralateral sides. Both CB1 receptors and CB2 receptors are expressed in the IC and appear to play a role in haloperidol induced catalepsy (Medeiros et al., 2016), however, the function of ECB signaling in acoustic information processing in the IC was not directly explored in this study. In a different study, it was shown that cannabinoid agonists AEA and/or AM251 reduced stimulus-specific adaptation in auditory neurons in the IC of rats (Valdés-Baizabal et al., 2017). Though not a lot to go on, when added to what is known about ECS in the rest of the CNS, it is reasonable to postulate that CB1 (and possibly CB2) receptor signaling can mediate synaptic signaling and plasticity in the IC. However, much more work is needed to more fully elucidate the roles of the ECS in the IC.

The primary auditory cortex is located in the superior temporal gyrus. Immunohistochemical studies in macaques (Macaca fascicularis) show distribution of intermediate CB1 receptor immunoreactivity in core auditory cortex areas such as primary auditory cortex A1 and rostral auditory area, and higher CB1 receptor immunoreactivity in the auditory associated belt regions (Eggan and Lewis, 2007). A functional study in mouse cortical slices showed that acute activation of CB1 by the synthetic agonist WIN55,212-2 altered GABA-mediated postsynaptic currents, thus regulating synaptic transmission in the layer 2/3 pyramidal cells in the auditory cortex by inhibiting suppression (Trettel and Levine, 2002). Cannabinoid-mediated influences on suppression were also observed in humans. In a fMRI-based human subject study, Winton-Brown et al. (2011) illustrated that a single acute dose of THC and CBD can modulate neural processing in this area (Winton-Brown et al., 2011). THC administration decreased activation in both primary and secondary auditory regions compared to control and this attenuation of the neural signal was associated with psychosis induction. Unlike THC, another phytocannabinoid, CBD, enhanced activation in the right temporal cortex during auditory processing. Thus, these data suggest that THC and CBD may have opposing effects in auditory stimuli processing which could be due to the fact that CBD can act as a negative allosteric modulator of CB1 receptor (Laprairie et al., 2015). Given the differential responses to these two phytocannabinoids, it is reasonable to speculate that there may also be the complexity of GABAergic responses to ECS and therefore much more careful study is likely required.

Combined, these studies demonstrate widespread expression of ECS components throughout the auditory brain areas. ECB-mediated retrograde signaling regulates both excitatory and inhibitory signaling, thus regulating synaptic signaling and plasticity. Specifically, ECS affects depolarization dependent suppression of excitation (DSE) in the DCN, MNTB, and LSO (Kushmerick et al., 2004; Zhao and Tzounopoulos, 2011; Trattner et al., 2013), and spatially restricted ECS appears critical for sound localization (Trattner et al., 2013). However, further studies are clearly needed to gain higher resolution information regarding the anatomical distribution of ECS components in auditory CNS areas and their roles in hearing.




CANNABINOIDS IN AUDITORY DYSFUNCTION AND TINNITUS


Congenital Hearing Loss Associated With ECS Related Genes

ABHD12 catalyzes the hydrolysis of 2AG, which acts as a primary ligand for both CB1 and CB2 receptors. Loss of function mutations of ABHD12 in humans, and homozygous knockout of this gene in mice, cause polyneuropathy, hearing loss, ataxia, retinitis pigmentosa, and cataract (PHARC) syndrome, which is characterized by early onset of the listed symptoms which notably include hearing loss (Fiskerstrand et al., 2010; Blankman et al., 2013). An Abhd12 knockout mouse model has revealed that the absence of ABHD12 increases the levels of lysophosphatidylserine in the brain resulting in inflammation (Ogasawara et al., 2018; Leishman et al., 2019) and escalation of microglial activation in the brain in an age-dependent manner (Blankman et al., 2013). These mice also exhibit reduced acoustic startle responses and increased ABR latencies compared to wild type counterparts, though it is unclear the extent to which hearing sensitivity is affected since auditory sensitivity was not tested below 65 dB in the original study (Blankman et al., 2013). Interestingly pharmacological inhibition of ABHD12 did not result in hearing loss in mice, suggesting PHARC-like phenotypes could be associated with Abhd12 functions in development, as appears to be the case in humans with ABHD12 mutations (Fiskerstrand et al., 2010). Analysis of Abhd12 expression based on transcriptomic datasets in the umgear.org database shows that at E16.5, vestibular epithelial cells have higher expression of Abhd12 compared to the cochlear sensory epithelia. Also, in early postnatal stages (P0 and P1) Abhd12 is expressed in both sensory hair cells and non-sensory SCs, and in both cochlea and utricle, albeit at higher levels in the utricular SCs (Cai et al., 2015; Kolla et al., 2020). In the adult cochlea Abhd12 is expressed in the lateral wall, in sensory HCs, and in SCs, though the highest expression appears to be in the IHCs (Liu et al., 2018; Korrapati et al., 2019). In the SGNs, expression of Abhd12 begins as early as E15.5 and steadily increases until P30 (Li et al., 2020). These expression patterns suggest that some of the pathologies for loss of Abhd12 function may reside in the cochlea and not just in the CNS. Indeed, an Abhd12 mutant zebrafish model suggests that loss of Abhd12 function results in the development of fewer numbers of neuromasts and reduced numbers of hair cells per neuromast (Tingaud-Sequeira et al., 2017). Both mouse and zebrafish models, as well as PHARC symptomology in humans, suggest that demyelination is a primary factor in the observed neurodegeneration which also suggests that myelination of SGNs and other neurons throughout the auditory system might be affected by the loss of ABHD12 function. Indeed, Abhd12 transcripts are also found in the auditory brainstem including medial geniculate and primary auditory cortex (A1; Guo et al., 2016), and demyelination of neurons in the CNS structures of the auditory system could explain the increased latencies noted in the ABRs of the Abhd12 knockout mice (Blankman et al., 2013).

To date, there is scant evidence as to whether mutations in other ECS-related genes can cause congenital hearing loss. However, loss of function mutations in ECS-related genes appear to be rare and can cause other significant neurological and neurodevelopmental defects (Smith et al., 2017) which suggests that severe loss of function of some ECS components may be embryonically lethal. Alternatively, loss of function mutations may exhibit only minor or slowly progressive decreases in hearing function and thereby go unnoticed or undiagnosed.



ECB Signaling in Central Auditory Processing Deficits and Tinnitus

Active ECB signaling in the central auditory pathway has been implicated in regulating selective attention tasks and auditory modulation pathogenesis in schizophrenia. Schizophrenia patients showed larger peak 1 amplitudes while responding to speech sounds compared to healthy subjects, indicating increased auditory nerve activation in the patients (Mathalon et al., 2004). Relatedly, brain event-related potential recordings in cannabis users showed that chronic cannabis use decreases the ability to discern the location, duration, and frequency of a specific tone (Kempel et al., 2003), also suggesting deficits in central auditory processing. This type of altered sensory modulation can be frequently observed in chronic cannabis users who are simultaneously suffering from schizophrenia (Hajós et al., 2008). Related studies in rats suggest that auditory sensory gating can be disrupted by CB1 selective agonists WIN55,212-2 or CP-55940 with possible involvement of the hippocampus, medial prefrontal cortex, and entorhinal cortex (Dissanayake et al., 2008). Combined, these data indicate that disruption of ECB signaling by schizophrenia, long-term phytocannabinoid use, or the combination of these, may lead to disruption of central auditory processing. While more work is needed to better elucidate the mechanisms and potential involvement of ECB signaling in the auditory symptomology of schizophrenia, the body of evidence for ECS involvement in tinnitus (see below) suggests that ECB signaling may not only be important for auditory sensation, but for perception as well, including perception in the absence of physical stimuli which, in the form of auditory hallucinations, is a known symptom of schizophrenia.

Tinnitus is a pathological condition characterized by the perception of non-speech sounds in the absence of acoustic stimuli. These percepts are often characterized in popular culture as tonal “ringing”, but may not always present in this manner. Tinnitus can be acute or chronic and range from mild to severe with chronic suffering often adversely affecting the quality of life. Primary etiological factors of tinnitus include acoustic trauma, head and neck injuries, ear infections, ototoxicity, or high doses of salicylates. While tinnitus is often caused by these factors which include cochlear HC loss, many cases can also be caused by factors unrelated to HC survival or maybe idiopathic. Subjective tinnitus is thought to arise from hyperactivity of the neurons in certain nuclei in the central auditory pathway such as CN, IC, thalamus, or cortex. As the ECS is present in these areas and is known to regulate several synaptic processes including neurotransmission and neuronal activity, it is reasonable to hypothesize that cannabinoid-induced modulation of synaptic function or plasticity could be involved in tinnitus pathogenesis. Unfortunately, human studies to discern the effect of cannabinoids on tinnitus are limited and not wholly consistent in their findings. One case study reported that the administration of dronabinol, the (−)-trans isomer of Δ-9-THC relieved tinnitus associated with elevated intracranial pressure (Raby et al., 2006). Though dronabinol seemed to exert a positive effect in that case a separate study using NHANES cross-health survey data found an opposing action of regular marijuana use which was associated with increased prevalence of tinnitus. However in the latter case dose-response was not correlated with the degree frequency or severity of tinnitus (Qian and Alyono, 2020). Counter to the NHANES study another two-year survey the National Survey on Drug Use and Health collected data from more than 29,000 participants between the ages 35 and 49 and showed no association between marijuana consumption and tinnitus (Han et al., 2010). Given the number of potentially psychoactive phytocannabinoids that have been identified in Cannabis plants and the differential effects some of these CB ligands can have it may be difficult to determine the influence of CB signaling in tinnitus without better controlling for separate ligands individually. Considering this and other caveats as well as the mixed outcomes of published studies additional work is needed to more accurately dissect the effects of the different CBs and how they might influence auditory perception and tinnitus in humans.

In laboratory animals tinnitus can be modeled by bolus injections of salicylate (Berger et al., 2017) or by noise trauma. Zheng et al. (2010) showed that subcutaneous injection of CB agonists WIN55,212-2 and CP55,940 could not mitigate tinnitus associated behavior, but rather exacerbated such behavior in rodents. Similarly, a subsequent study by this group reported that subcutaneous administration of a 1:1 mixture of Δ-9-THC and CBD could not attenuate acoustic trauma-induced tinnitus (Zheng et al., 2015). Salicylate administration decreases auditory brainstem-evoked responses and alters cortical alpha-band EEG activity. These aspects of salicylate treatment could be reversed by pre-treatment with arachidonyl-2′-chloroethylamide (ACEA) a selective CB1 full agonist, however, ACEA could not attenuate either salicylate or acoustic trauma-induced tinnitus in guinea pigs (Berger et al., 2017). Interestingly, the number of CB1 positive principal neurons appeared to be reduced in the VCN in response to CB1 agonist treatment and remained unaltered in the DCN compared to control animals. While it is difficult to dissect the reason why CB1 expression was differentially regulated in DCN vs. VCN, it is evident that cannabinoid signaling components can be modulated by certain aspects of these tinnitus models. The current existing evidence from multiple studies therefore suggests that activation of CB1 does not mitigate tinnitus, but rather likely exacerbates both acoustic and salicylate-induced tinnitus. These findings appear consistent with reports cited in “ECB Signaling in the Cochlear Nucleus” section of this review that demonstrate increased excitability in DCN in response to cannabinoid signaling. However, there are other non-auditory neuronal networks such as the limbic circuit, and memory and dorsal attention circuits, that can influence tinnitus outcomes (Husain, 2016; Shahsavarani et al., 2021), and these can also be modulated by activation of the CB system. Therefore, additional research is warranted to understand the effects of exogenous CB agonists on tinnitus or on auditory perception particularly given the relatively widespread use of Cannabis products and the growing incidences of their use as therapeutics for a variety of conditions including epilepsy and pain management.



Cannabinoids and Otoprotection in the Cochlea

CB2 receptors are ubiquitously expressed in immune cells and CB2-mediated signaling is considered to be the primary component of the ECS in regulating immune responses. 2AG and AEA binding to CB2 receptors regulates the release of inflammatory cytokines and has been implicated in preventing neuronal damage by suppressing inflammation in neurodegenerative diseases and autoimmune disorders (Achiron et al., 2000; Pryce et al., 2003; Carrier et al., 2004). Activation of CB1 receptors in the CNS can also mitigate inflammation and offer neuroprotection in neurodegenerative diseases like multiple sclerosis (Pryce et al., 2003). CB1 receptors are also expressed along with CB2 in some immune cells such as macrophages (Han et al., 2009; Mai et al., 2015), mast cells (Facci et al., 1995), and dendritic cells (Svensson et al., 2010) and can participate in immunomodulation. ECB ligands also bind to capsaicin-sensitive TRPV1 channels which can modulate immune responses in rheumatoid arthritis (Lowin and Straub, 2015), hyperalgesia and chronic pain (Maione et al., 2006), and gastrointestinal function (Acharya et al., 2017). Not much is known about immunomodulation in the auditory system, though more and more evidence are emerging regarding the roles of immune cells and cytokine signaling in cochlear development and otoprotection (Hu et al., 2018). Thus, herein, the discussion of ECB signaling will be on otoprotection, though readers are referred to Pandey et al. (2009) for further information on ECB signaling in immune function.

Emerging evidence in the past decade has shown that resident immune cells are essential for cochlear function and immune surveillance to maintain homeostasis and function in the cochlea. Bone marrow-derived macrophages populate the cochlea in the adult stage, and these resident macrophages respond to cochlear insults via fractalkine receptor CX3CR1 mediated signaling (Okano et al., 2008; Hirose et al., 2017). These cells are primarily distributed in the auditory nerve and lateral wall, though smaller numbers of macrophages have been noted in the spiral limbus, inner and outer sulci, and surrounding the basilar membrane. During homeostatic conditions, the OC is largely devoid of macrophages. However, in response to damage mediated by various otototoxic insults including noise, trauma, and ototoxic drugs, reactive oxygen species (ROS) are produced. The ROS production in turn leads to upregulation of pro-inflammatory cytokines such as TNF-α, COX2, and multiple interleukins, including IL-1β and IL-6, in the OC, lateral wall, and SGNs (Fujioka et al., 2006; So et al., 2007; Huth et al., 2011; Hwang et al., 2011; Ghosh et al., 2018). In turn, this cytokine signaling recruits macrophages to these areas of the cochlea, including the OC. During the initial phase of the immune response, CX3CR1+ resident macrophages are activated to ameliorate inflammation and remove cellular debris (Gregory and Devitt, 2004). However, sustained immune activation results in apoptosis of HCs and the apoptotic cells release CX3Cl1 which signals the systemic CX3CR1+ CD45+ macrophages and monocytes to infiltrate the cochlea which can then cause further damage to HCs and SGNs (Kaur et al., 2015). Activation of CB signaling by the endogenous ligands, AEA or 2AG, or by synthetic agonists such as HU-308, CP55,940, or WIN55,212-2, attenuates such pro-inflammatory cytokine production in various inflammatory pathological conditions like lipopolysaccharide (LPS)-mediated inflammation, arthritis, ischemia, and reperfusion injuries (Cabral et al., 1995; Berdyshev et al., 1997; Rajesh et al., 2007; Selvi et al., 2008). Indeed, it has been shown that activation of CB2 signaling by the synthetic cannabinoid JWH-015 mitigated cisplatin-induced pro-inflammatory cytokine production in the rat cochlea and exerted otoprotective effects (Ghosh et al., 2018). Specifically, activation of CB2 receptors by local administration of JWH-015 protected against cisplatin-induced hearing loss in male Wistar rats by mitigating inflammation, preventing cisplatin-mediated loss of ribbon synapses and limiting OHC death via inhibition of ERK/MAPK signaling (Ghosh et al., 2018).

Moreover, cisplatin treatment and other ototoxic insults can activate factors such as ERK and NF-κB, which in turn increase the production of pro-inflammatory cytokines like TNF-α, IL-1β, and IL-6 (So et al., 2007). Though not yet directly shown in the ear, these cytokines can be inhibited in other systems via activation of the CB2 receptor (Liu et al., 2014). Activation of TRPV1 and CB2 receptors by capsaicin and/or AEA has been implicated in the regulation of macrophage infiltration in the gut (Acharya et al., 2017), and reduced macrophage chemotaxis in mice (Sacerdote et al., 2000, 2005). In the brain, CB receptors cannot be detected in resting microglia, but their expression is upregulated in pathological conditions like multiple sclerosis and Alzheimer’s disease. This upregulation can be therapeutically targeted to mitigate inflammation (Stella, 2010). Future studies in knockout mouse models or by pharmacological modulation of CB signaling components, can therefore further unravel the role of CB signaling in cochlear inflammation. Understanding the function of different components of the ECS is therefore likely critical for designing therapeutic targets to ameliorate cochlear inflammation.

In addition to CB receptors, transient receptor potential (TRP) channels have also been shown to be bound and activated by CB ligands. In fact, the first endogenous ligand to be discovered for TRPV1 was AEA (Muller et al., 2009). Similar to the canonical CB receptors, TRPV1 is also thoroughly distributed throughout the cochlea, being detected in the apical membranes of hair cells, neighboring SCs, and in the stria vascularis (Zheng et al., 2003; Mukherjea et al., 2011; Jiang et al., 2019). Capsaicin, a component of hot chili pepper and known activator of TRPV1 has been shown to protect against cisplatin-mediated hearing loss by mitigating OHC cell death (Bhatta et al., 2019). Intriguingly, this otoprotective effect was at least partly mediated by CB2 signaling suggesting that ligands such as capsaicin which can be targeted to both CB2 receptors and TRPV1 may provide otoprotection via multiple mechanisms. Though, it has been suggested by multiple studies that TRPV1 activation can actually exacerbate cisplatin-induced ototoxicity (Mukherjea et al., 2008; Di et al., 2020). Thus, while it is possible that otoprotective effects of capsaicin or other CB-like ligands may be mediated by CB2 receptors rather than TRPV1, it is also possible that TRPV1 may have differential responses to different modes of activation. Indeed, while both cisplatin and capsaicin can activate TRPV1, capsaicin appears to elicit different downstream effects, tilting the balance between pro-apoptotic Ser727 phosphorylation of Signal transducer and activator of transcription 1 (STAT1) and anti-apoptotic Tyr705 phosphorylation of STAT3 towards cell survival (Bhatta et al., 2019). Conversely, systemic administration of cisplatin or bacterial LPS causes upregulation of TRPV1 and STAT1 expression in the cochlea, but does not result in altered phosphorylation states of STAT1 and STAT3 in the same manner as capsaicin. Thus cisplatin activation of TRPV1 induces inflammation, apoptosis, and hearing loss (Mukherjea et al., 2008, 2011; Ghosh et al., 2018; Jiang et al., 2019), but capsaicin or other CB ligands might activate TRPV1 in ways that are otoprotective. Furthermore, cisplatin-mediated TRPV1 upregulation can be blocked by transtympanic administration of the CB2 selective agonist JWH-015 suggesting potential feedback mechanisms that may limit the negative effects of TRPV1 on hair cell survival (Ghosh et al., 2018). As several reports have suggested that TRPV1 activation, in a manner similar to cisplatin, may also mediate aminoglycoside uptake and toxicity in the cochlea (Jiang et al., 2019) it is reasonable to speculate that CB ligands may exert protective effects under these conditions as well. However, this has yet to be directly tested. In summary, there are currently only a few direct studies that demonstrate otoprotective effects of ECS or exogenous cannabinoids; however, these early results are promising and suggest that CBs may have potential as therapeutic agents for the prevention of HC loss.




ECB SIGNALING IN THE DEVELOPMENT OF THE AUDITORY SYSTEM

Currently, there is limited information regarding cannabinoid signaling during inner ear development. However, with the recent publication of several different transcriptomic studies that have profiled the developing inner ear it is possible to arrive at a rudimentary description of the expression and distribution of ECS components. Furthermore, given what is known about ECB signaling in the development of other parts of the nervous system, it is possible to provide some insight into the potential roles the ECS may play during otic development.

Specifically, research from the brains of both mice and rats suggest that ECS components are expressed fairly early in terms of neurological development and contribute to the regulation of neural stem cell and progenitor proliferation, glial and neuronal differentiation, neurite formation, axonal growth and pathfinding, and synaptic connectivity (Galve-Roperh et al., 2006). In support of the critical involvement of ECS in neural development, studies of rat brain tissues suggest that 2AG expression is highest during late embryological development, and perinatally, declining thereafter into adulthood (Berrendero et al., 1999). This expression of 2AG is mirrored by its precursor molecules and its degradation enzymes. The lipases sn1-DAGLα/β, which are necessary for the synthesis of 2AG, are expressed as early as E10 in mouse axonal tracts and E14.5 in long-range telencephalic axons. At E18.5 the expression becomes localized to postsynaptic dendrites of glutamatergic pyramidal cells, where it likely influences axonal growth cone pathfinding of presynaptic cells. Indeed, it has been shown in neonatal rodent models that CB1 receptor signaling induced by 2AG is critical for axonal growth and pathfinding (Williams et al., 2003; Berghuis et al., 2005). This includes activation of CB1 in cerebellar neuron cultures where treatment with agonists promoted neurite outgrowth in a dose-dependent manner (Williams et al., 2003). Furthermore, this process could be inhibited by blocking DAGLα/β activity by tetrahydrolipstatin (Bisogno et al., 2003). Additionally, (endo) cannabinoid signaling can negatively influence neurite extension in the CNS in some cases by inhibiting TrkB signaling (Berghuis et al., 2005). In retinal ganglion cells, ECB signaling can modulate growth cone organization by interacting with the proteins netrin and deleted in colorectal cancer (DCC) (Argaw et al., 2011; Duff et al., 2013). Similarly, activation of cannabinoid signaling by 2AG promotes Slit2 and Robo1 accumulation in oligodendrocyte end-feet and axonal growth cones respectively and modulates steering of axonal growth direction in the forebrain (Alpár et al., 2014). In addition to these roles in axon elongation and pathfinding, CB signaling has been shown to promote neurosensory progenitor cell proliferation and neurogenesis in both the embryonic and adult hippocampus (Jiang et al., 2005). Cortical neurogenesis appears to be similarly regulated by CB signaling which again has been shown to promote the generation and maturation of new neurons and to influence cell fate decisions between deep layer or upper layer neurons (Paraíso-Luna et al., 2020). CB signaling is also important in glial development, in particular promoting the differentiation of oligodendrocytes and subsequent levels of myelination (Huerga-Gómez et al., 2021). As similar processes, including oligodendrogliogenesis, neurogenesis, axonal pathfinding, and synaptic innervation, occur during the development of the cochlea (Webber and Raz, 2006) it is suggestive that ECB signaling may be critical for the establishment and function of the inner ear.


Expression of ECS Components in the Developing Inner Ear

The sensory structures of the inner ear first develop from a placodal thickening of the lateral ectoderm (the otic placode) that subsequently invaginates to form the otic cup which is then fully internalized to form the otic vesicle. The vesicle then elongates, undergoing morphogenesis that ultimately leads to the formation of the endolymphatic sac, the spiral-shaped cochlear duct, the vestibule, the semicircular canals, and the nonsensory and sensory tissues of the auditory and vestibular periphery. In mice, the otic placode forms around embryonic day (E) 8.5, the otic cup around E9, and the vesicle around E9.5. Subsequently, the vestibular tissues begin to develop (becoming established between E12.5 and E13.5) and the cochlear epithelium also begins to develop and differentiate with hair cells appearing between E13.5 and E15. Both auditory and vestibular end-organs subsequently continue their maturation beyond gestation and into the first two postnatal weeks. Hearing onset in mice occurs around postnatal days (P) 9–14 generally becoming fully mature by around 3–4 weeks of age. Herein we examined gene expression patterns of ECS receptors and metabolic enzymes from four studies. Hartman et al. (2015) utilized a >19,000 unique gene microarray to profile gene expression from microdissected otic vesicles, periotic tissues, and the remainder of the embyros of E10.5 mice. Muthu et al. (2019) performed RNA-seq on otic vesicles derived from E11.5 mouse embryos. Kolla et al. (2020) performed single cell RNA-seq from murine cochlear epithelia isolated at E14, E16, P1, and P7. Finally, Li et al. (2020) sorted SGNs from mouse embryos at E15.5 and from postnatal mice at P1, P8, P14, and P30, while also isolating glial cells from the inner ear at P8.

Data from experiments conducted using E10.5 and E11.5 otic vesicles (Hartman et al., 2015; Muthu et al., 2019) suggest that several of the ECS components are not detectable or are expressed at very low levels. However, Cnr1, Trpv4, Napepld, Daglb, Faah, and Abhd12 do appear to be expressed at physiologically relevant levels (Tables 1, 2). In particular, Faah and Abhd12 demonstrated fairly robust levels of expression at E11.5 (Table 2). As these two transcripts encode for enzymes that degrade CB ligands, the general trend in the data suggest that ECB signaling is not highly active and perhaps even specifically inhibited during OV development at E10.5–E11.5. Looking at cells remaining within the cochlear duct from E14 onward (i.e., not neurons that have delaminated or their surrounding glia), it is clear that a number of ECS components are expressed throughout the cochlear epithelium (Figure 5). Most notably, Cnr1 appears to be expressed in the medial portion of the cochlear duct (in interdental cells, the greater epithelial ridge (GER), and Oc90 positive cells), and Trpv4 appears to be expressed everywhere except the hair cells. Aside from these, expression of the rest of the receptors (Cnr2 and the other Trpv transcripts) appears low or undetectable. With regard to CB enzymes, Dagla appears to be expressed in both IHCs and OHCs postnatally (P1 and P7), but is low to undetectable at embryonic stages. In contrast, Daglb, appears widely distributed from E14–P7, though it is also largely absent from the HCs at embryonic stages. Mgll appears to be fairly widely distributed from E14–P1 and is then largely downregulated in PCs and the lateral GER, though it is interesting that Mgll was not readily detected in OHCs at any of the time points. Abhd6 and Abhd12 a had fairly widespread distribution from E14 to P7. In general, the levels of expression and the numbers of cells with detectable transcripts could be described as moderate, with none of the components being expressed as highly as transcripts such as Gata3, Sox9, Tecta, or Hes5 which are known to be highly expressed in the cochlear epithelium. However, the expression levels of ECS components, when present, were consistent with levels that have been observed for other transcripts known to play vital roles in cochlear development like Lfng, Prox1, Cdh2, and Cdh23.

TABLE 1. Expression of ECS-related transcripts from reported RNA-seq values using E10.5 otic vesicles and surrounding tissues. Data from E10.5 was obtained from Hartman et al. (2015) and are presented as untransformed microarray probe intensities. The last four rows demonstrate values obtained for transcripts known to be highly expressed (Fbxo2, Gata3) or low to undetectable (Atoh1, Cdkn1b) at these stages of otic vesicle (OV) development. Dashes in grayed-out boxes indicate cases where values were not found in the original dataset. It is important to note that since this report utilized a microarray, undetectable values may not represent lack of expression, but possibly lack of a probe and therefore these were not assigned a zero value or included in the heat map.
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TABLE 2. Expression of ECS-related transcripts from reported RNA-seq values using E11.5 otic vesicles. Data from E11.5 embryos were obtained from Muthu et al. (2019) and is presented as reads per kilobase million (RPKM). The last four rows demonstrate values obtained for transcripts known to be highly expressed (Fbxo2, Gata3) or low to undetectable (Atoh1, Cdkn1b) at these stages of otic vesicle (OV) development.
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FIGURE 5. In pseudo hue-visualization of the patterns of expression of ECS components in late embryonic and early postnatal cochlear duct. Using data from Kolla et al. (2020); the distribution of several ECS component transcripts are plotted onto a schematic of the mammalian cochlear duct. Purple color indicates areas where transcripts are likely to be detected based on bioinformatic grouping of scRNA-seq data from mouse cochlear epithelia at embryonic days E14 and E16, and postnatal days P1 and P7.



In the developing SGNs, there are also a fair number of ECS components that have been detected through transcriptomic profiling. Some of the components are even expressed at very high levels and in intriguing patterns. For example, Cnr1 is expressed in E15.5 SGNs at a level of 9,161 counts per million (CPM, Table 3) which is about the same level of expression one finds for the transcript that codes for parvalbumin (Pvalb) in mature SGNs and greater than 4-fold higher than the expression level of the glutamate receptor AMPA type subunit 2 (Gria2). Interestingly, Cnr1 expression then appears to steadily decrease in the SGNs by more than 7-fold from E15.5 to P14.

TABLE 3. Expression of ECS-related transcripts in the developing spiral ganglion. Data were obtained from Li et al. (2020) and are presented as counts per million (CPM) mapped reads. Transcripts presented in the bottom five rows are not known to be directly related to ECB signaling, but are presented to provide reference values for transcripts that are expressed in the SGNs at higher (NeuroD1, Gria2, Pvalb) and lower (Sox2, Gjc3) levels, and expressed in glial cells in an inverse manner.
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While the level of expression of Cnr1 at P14 is still certainly high enough for it to continue to exert physiological function (1,218 CPM), the remarkably high expression embryonically and its subsequent downregulation hint that it may be playing a key developmental role. Indeed, the fact that several of the ECS components are so readily detected in the cells and tissues of the developing inner ear suggests that ECS may be playing a vital role in several key developmental processes, most likely the establishment and refinement of the neuronal connections to the HCs (Bisogno et al., 2003).



Putative Functions of ECB Signaling in Otic Development

During otic vesicle development, both Dagla and Daglb are expressed at E15.5 and persist throughout hearing onset and maturation in the spiral ganglion. Therefore, it is conceivable that 2AG mediated CB signaling plays a role in radial migration and pathfinding of auditory nerve fibers. The 2AG signaling pathway has been shown to be important for oligodendrocyte progenitor cell proliferation, maturation, and myelination (Gomez et al., 2010). Along these lines, Dagla and Daglb genes are also expressed in the glial cells at P8, suggesting 2AG mediated signaling in glial cells could regulate oligodendrogliogenesis and myelination, though such a hypothesis would be better founded on expression data from earlier ages and, of course, direct testing of this hypothesis with loss of function experiments.

Transcripts for the receptor Cnr1 are expressed in the developing SGNs at least as early as embryonic day (E)10.5, but become extremely plentiful at E15.5 and decline thereafter, though are still readily expressed at P14. During this period, the SGNs undergo critical development including significant refinement, functional maturation, and synaptic pruning. Around E15, peripheral axons extend to the cochlear epithelium, indicating CB1 may be involved in axon growth cone formation and migration as it is seen in radially migrating glutamatergic neurons traveling to the cortical preplate, and in migrating interneurons (Saez et al., 2014). In addition to functioning in the migration and connection of the afferent fibers, cannabinoid signaling may also be playing a role presynaptically in the IHCs during this time. Ribbon synapses are specialized electron-dense structures that allow for rapid transmission of information via rapid docking and release of multiple neurotransmitter containing vesicles. These specialized presynaptic structures are found in retinal cells and in inner ear hair cells. Mature IHCs, contain one ribbon per active zone, anchored to the membrane, which tethers a single layer of vesicles (Schmitz et al., 2000; Nouvian et al., 2006). The number of ribbon synapses not only varies among the auditory organs of various species, but it also changes during the development and hearing maturation of an organism (Voorn and Vogl, 2020). ECS receptors and enzymes are canonically found in both pre and post-synaptic terminals in the brain and regulate synaptic strength and plasticity (Castillo et al., 2012). However currently, we have rudimentary knowledge on the distribution and function of ECS components in the development or function of cochlear ribbon synapses. However, a recent study in the developing (3-day post-fertilization) zebrafish has shown that Cnr2 is expressed in both the sensory epithelia (SE) of the inner ear and lateral line neuromast. Loss of function of the cnr2 gene resulted in the formation of immature synapses and irregular tethering of ribbons as well as changes in size, shape, and number of the neurotransmitter containing vesicles and resulted in accelerated vesicular trafficking (Colon-Cruz et al., 2020). So far, it remains unknown, whether CB2 activation plays similar roles in rodents or other mammals, but the study is suggestive that ECB signaling could play a critical role in the establishment and maintenance of ribbon synapses in cochlear IHCs. In rodents, from embryonic development at E15.5 until hearing onset, numerous numbers of dynamic changes take place in the SGN including axonal branch refinement, axon myelination, and synaptic pruning, that could potentially influence ribbon synapse formation (Coate et al., 2019). Transcriptomic data analysis showed that several major components of canonical CB signaling, e.g., Cnr1 and Dagla, are expressed in the SGN around this time, making it conceivable to hypothesize roles for endocannabinoid signaling in axonal guidance, and synaptic maturation in the cochlea. Additionally, prior to hearing onset, during the first two postnatal weeks of development in mouse cochleae, calcium spikes are generated in the IHCs inducing spontaneous firing of the SGN (Tritsch et al., 2007; Wang and Bergles, 2015). These calcium spikes incite electrical activity in the entire auditory circuit and play a crucial role in maturation and formation of auditory circuits (Kandler et al., 2009; Clause et al., 2014). As described above, retrograde cannabinoid signaling regulates synaptic strength by DSE and DSI at the cochlear nucleus and MNTB-LSO which can modulate the strength of spontaneous activity and possibly modulate the development of MNTB-LSO prior to hearing onset (Chi and Kandler, 2012). Additionally, activation of the ECS through Gq coupled GPCR was shown to increase calcium release in astrocytes in a tripartite synapse, which could induce glutamate release and binding to postsynaptic NMDA receptors (Navarrete and Araque, 2008). Given the fact that ECS components appear to be expressed in developing SGN and cochlear tissues during these stages of development and maturation, it is also plausible to hypothesize that cannabinoid signaling is involved in regulating calcium signaling in the greater epithelial ridge, which needs to be investigated.

While the primary functions of ECS have been thought to be relating only to synaptic and immune function, a growing body of evidence suggests that cannabinoid signaling regulates the survival and proliferation of neural progenitor cells (NPCs) and neural stem cells (NSCs) in a dose-dependent manner (Zorina et al., 2010; Gaffuri et al., 2012; Prenderville et al., 2015). Primarily, CB1/CB2 receptor downstream signaling activates PI3/Akt and ERK to promote NPC proliferation and differentiation (Rueda et al., 2002; Molina-Holgado et al., 2007; Palazuelos et al., 2012; Compagnucci et al., 2013) or regulate the expression of genes that contribute to self-renewal or cell fate decisions by CREB phosphorylation (Isokawa, 2009). Administration of the synthetic CB agonist HU-210 to embryonic mice leads to increased proliferation of cerebellar granular cells. in vitro studies suggest that CB1 receptor binding may promote proliferation through the PI3K/AKT/GSK/3β/β-catenin signaling pathway (Trazzi et al., 2010). Cannabinoid receptors can also interact with cytokine signaling pathways such as IL-6/JAK-STAT3 and IL-1β to regulate neurite outgrowth and NSC proliferation, respectively (Zorina et al., 2010; García-Ovejero et al., 2013). These cytokines are implicated in inflammatory immune responses to noise trauma and other pathological conditions such as tinnitus and otitis media (Fujioka et al., 2006; Hwang et al., 2011; MacArthur et al., 2011; Vethanayagam et al., 2016), but could also be important in the generation of SGNs or other neurons in auditory CNS structures. Activation of CB1 by (R)-(+)-Methanandamide enhanced self-renewal of Sox2 positive subventricular zone cells in vitro via interaction with Notch signaling (Xapelli et al., 2013). Notch signaling plays critical role in the establishment of the inner ear sensory epithelia and in cell fate decisions during later inner ear development (Brown and Groves, 2020). Thus, it is enticing to speculate that ECS may play a role in the development of the organ of Corti, or of HCs or SCs. However, studies that directly probe these putative roles for ECS in cochlear development are currently lacking. Also, the relatively lower levels of expression of ECS components at E10.5 and E11.5 when much of the proliferation and differentiation of neuronal and sensory epithelial precursors is occurring suggests that perhaps ECB signaling is not as critical in these processes as it is during later stages of development. However, there is currently limited data that could illuminate the distribution or expression of ECS factors between E11 and E14 in mice. This makes it difficult to assess the extent to which ECB signaling may play a role in the formation of the spiral ganglion and otic vesicle as much of the delamination of neuroblasts from the OV takes place during this time and proliferation of neural cells contributing to the SGN ceases around E14.5 (Fritzsch et al., 2015). Similarly, this window is thought to be critical for hair cell and supporting cell differentiation. Future studies are therefore warranted to more fully elucidate whether CB signaling plays a role in neurogenesis or in hair cell development in the inner ear.




DISCUSSION

Here we review what is currently known about the distribution of endocannabinoid components including the receptors and metabolizing enzymes in the auditory circuit based on immunohistochemical evidence, transcriptomic data, and functional studies present in the literature. Cannabinoid receptors CB1, CB2, and non-canonical cannabinoid receptors of the TRP channel family are expressed throughout the peripheral and central structures of the auditory system. In the central auditory system, retrograde cannabinoid signaling regulates synaptic plasticity and synaptic strength by modulating both excitatory and inhibitory synapses. However, very little is known about the function of the ECS in the auditory periphery particularly with regard to developmental studies. Recent reports suggest that an endogenous cannabinoid tone may be present in the cochlea which is required for normal hearing. Furthermore, recent work suggests that boosting of this endogenous system can protect against ototoxic insults like cisplatin by ameliorating inflammation and inducing anti-apoptotic signals that prevent OHC death. While a number of studies in humans and in animal models suggest many beneficial aspects of ECS signaling or the potentiation thereof for hearing function, there does seem to be an exception to this in the case of tinnitus or other cases where auditory hypersensitivity or hallucinations may occur. Indeed, while there may be complexities yet to be resolved regarding cannabinoid signaling and tinnitus, so far, the results suggest that CBs may worsen tinnitus, or, at best, have no effect.

Of particular note and focus for this review, it is important to highlight more recent findings that demonstrate how the endocannabinoid system can influence neuronal cell growth, proliferation, and differentiation in the CNS. This adds significantly to the established understanding that ECS components are also localized in the axon growth cones and regulate axon guidance and trafficking as well as synaptogenesis and synaptic function. However, currently, the role of cannabinoid signaling in the auditory system is not well explored, particularly with regard to traditional functions in axonal pathfinding and establishment and maintenance of synapses in the spiral ganglion, but also with regard to possible roles in the proliferation or differentiation of auditory sensory cells, supporting cells, neurons, or oligodendrocytes. Transcriptomic data reveals that multiple components of the ECS are present in the developing otic vesicle at least as early as E10.5 and the expression of many ECS components persists until hearing matures. Loss of function mutations in ECS genes in zebrafish, mice, and human populations all suggest critical developmental roles, including important functions in the establishment and innervation of sensory epithelia and therefore it is critical that future studies more closely examine the role of ECS in these processes and in otic development and function.
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The two types of spiral ganglion neurons (SGNs), types I and II, innervate inner hair cells and outer hair cells, respectively, within the mammalian cochlea and send another process back to cochlear nuclei in the hindbrain. Studying these two neuronal types has been made easier with the identification of unique molecular markers. One of these markers, peripherin, was shown using antibodies to be present in all SGNs initially but becomes specific to type II SGNs during maturation. We used mice with fluorescently labeled peripherin (Prph-eGFP) to examine peripherin expression in SGNs during development and in aged mice. Using these mice, we confirm the initial expression of Prph-eGFP in both types I and II neurons and eventual restriction to only type II perikarya shortly after birth. However, while Prph-eGFP is uniquely expressed within type II cell bodies by P8, both types I and II peripheral and central processes continue to express Prph-eGFP for some time before becoming downregulated. Only at P30 was there selective type II Prph-eGFP expression in central but not peripheral processes. By 9 months, only the type II cell bodies and more distal central processes retain Prph-eGFP expression. Our results show that Prph-eGFP is a reliable marker for type II SGN cell bodies beyond P8; however, it is not generally a suitable marker for type II processes, except for central processes beyond P30. How the changes in Prph-eGFP expression relate to subsequent protein expression remains to be explored.

Keywords: peripherin, Prph-eGFP, type II spiral ganglion neurons, outer hair cells, cochlear nucleus


INTRODUCTION

The mammalian auditory sensory organ, the cochlea, contains the neurosensory cells specific for the transduction and transmission of sound stimuli to the brain. Bipolar spiral ganglion neurons (SGNs) innervate two different types of mechanosensory hair cells at the periphery and send a process centrally to cochlear nuclei in the hindbrain (De No, 1981). The two types of hair cells, inner hair cells (IHCs) and outer hair cells (OHCs), are innervated by two types of SGNs, myelinated type I and unmyelinated type II, respectively (Brown et al., 1988; Hafidi, 1998; Nayagam et al., 2011). While type I SGNs are the primary auditory neurons for encoding sound stimuli, the function of type II SGNs is to summate and integrate OHC activity to confer cochlear sensitivity and tuning (Guinan and Gifford, 1988). Even though OHCs outnumber IHCs threefold, their innervation by type II SGNs constitutes only about 5–8% of total auditory afferent neurons; the remaining approximately 95% of neurons are type I that innervate IHCs (Spoendlin, 1971). The pattern of innervation delineates the inequality in numbers between the two types of SGNs. A single IHC is innervated by multiple type I fibers, whereas a single type II neuron may innervate 10 or more OHCs (Hafidi, 1998; Simmons and Liberman, 1988; Rubel and Fritzsch, 2002; Weisz et al., 2009; Coate and Kelley, 2013). Centrally, both types I and II SGNs project to three regions of the cochlear nucleus: the anteroventral cochlear nucleus (AVCN), posteroventral cochlear nucleus (PVCN), and the dorsal cochlear nucleus (DCN), maintaining the tonotopic organization reflected in the cochlea (Brown et al., 1988; Nayagam et al., 2011; Fritzsch et al., 2019).

Studying the two different types of SGNs and their projections has been made easier by discovering unique molecular markers (Petitpre et al., 2018; Shrestha et al., 2018; Sun et al., 2018). The prevailing type II neuronal markers are tyrosine hydroxylase (Th), calcitonin-related polypeptide alpha (Cgrpα), and nerve growth factor receptor (Ngfr). However, these markers are not exclusive to type II SGNs, as they have been shown to overlap with type I SGN expression (Vyas et al., 2017, 2019; Wu et al., 2018). In addition to these markers, an intermediate filament protein, peripherin, is exclusively expressed in mature type II SGNs (Hafidi, 1998; McLenachan et al., 2008; Froud et al., 2015). Peripherin has also been identified in select groups of sensory, motor, and autonomic neurons (Escurat et al., 1990); however, its exact function remains controversial (Lariviere and Julien, 2004). Most of the work on peripherin in type II SGNs has been studied using antibodies. Initially, peripherin protein was shown to be present in all SGNs but becomes restricted to type II SGNs during maturation after birth (Hafidi et al., 1993). Peripherin labeling was detected in both the soma and peripheral and central processes of type II SGNs (Hafidi et al., 1993; Hafidi, 1998; Maison et al., 2016). While antibody work has uncovered some information regarding peripherin protein expression in type II SGNs; not much is known about how peripherin expression changes over time.

To consolidate past research and to expand the range of studies from embryos to adults, we aim to provide a detailed investigation of peripherin expression in type II SGNs during development and aging by demonstrating their peripheral and central projections over time. For this, we used mice with fluorescent labeling of peripherin (Prph-eGFP). Our data show a delayed selective identification of type II neurons, as expected. Furthermore, approximately 2 weeks after birth, while the type II cell bodies retain intense labeling, the peripheral processes begin progressively losing Prph-eGFP expression. In the brain, we show an initial moderate Prph-eGFP expression in the central projection of SGNs that reduces in expression with age.



MATERIALS AND METHODS


Mice

To examine peripherin expression over time in the murine auditory system, peripherin-EGFP (hPRPH1-G) genomic reporter transgenic mice were used (McLenachan et al., 2008). This peripherin-eGFP (Prph-eGFP) transgenic mice were backcrossed to the CBA/CaJ background (Erway et al., 1996; Johnson et al., 2000). PCR confirmed genotyping on tail DNA with the following primers: B10Screen5b 5′-TGCCAGGACCCCACCATTTC-3′, B10Screen3b 5′-AGCTGAGACTACAGGCGCGTGCCA-3′, and EGFP-ProbeR 5′-GACAACCACTACCTGAGCACCCAGT-3′.

To visualize both types I and II peripheral processes in the cochlea at E18.5, we used the Neurod1-cre; tdTomato transgenic construct (Neurod1-cre, Jackson Laboratory stock #028364; tdTomato, Jackson Laboratory stock #007914). PCR confirmed genotyping on tail DNA with the following primers: tdTomato—IMR9105 5′-CTGTTCCTGTACGGCATGG-3′, IMR 9103 5′-GGCATTAAAGCAGCGTATCC-3′, IMR9020 5′-AAGG GAGCTGCAGTGGAGTA-3′, and IMR9021 5′-CCGAAAATC TGTGGGAAGTC-3′; and Neurod1-cre—IMR0042 5′-CTAGG CCACAGAATTGAAAGATCT-3′, IMR0043 5′-GTAGGTGGA AATTCTAGCATCATCC-3′, CRE1 5′-CCTGTTTTGCACGTT CACCG-3′, and CRE3 5′-ATGCTTCTGTCCGTTTGCCG-3′.

All animal work was performed as required by the United States Animal Welfare Act and the National Institutes of Health’s policy to ensure proper care and use of laboratory animals for research and under established guidelines, supervision, and approved protocols by the Institutional Animal Care and Use Committee (IACUC) of The University of Nevada, Reno, and The University of Iowa.



Fixation and Tissue Preparation

Mice were anesthetized, culled, and transcardially perfused at various stages (E18.5, P4, P7, P8, P15, P30, P40, and 9 Mo) with 4% paraformaldehyde in phosphate-buffered saline (PBS) (pH 7.6) with 0.3 M sucrose to maintain neuronal structural integrity (Fritzsch, 1979; Cragg, 1980). The head was removed and shipped in 0.4% paraformaldehyde (PFA) with 0.3 M sucrose on ice protected from light. The head was then bisected, and the brain halves and temporal bones were removed. The brain was cryoprotected in 30% sucrose overnight, embedded in Tissue-Tek OCT medium (Sakura Finetek Inc., 4583), and quick frozen in a dry ice ethanol bath. The sample blocks were wrapped in foil and stored briefly at –80°C until sectioning. To section, the blocks were acclimated to –20°C, trimmed, and mounted on the specimen holder of a Leica CM1800 cryostat with OCT. The sample was sectioned coronally at a thickness of 50–60 μm, and the sections were collected on Superfrost Plus slides (Thermo Fisher Scientific 12-550-15). The slides were stored briefly at –80°C until ready to view. To view, the slides were washed in PBS for approximately 4 min to remove the embedding medium and coverslipped using Fluoromount-G with DAPI (Thermo Fisher Scientific 00-4959-52). Care was taken to protect the samples from light at all procedural stages.

The temporal bones were decalcified in 0.25 M ethylenediaminetetraacetic acid (EDTA) solution (RPI E57020) for up to 5 days (>P8) with daily solution changes. Decalcified cochleae were washed in PBS and microdissected, and the tectorial membrane was removed. Cochlear turns were flat mounted in glycerol or Fluoromount-G with 4′,6-diamidino-2-phenylindole (DAPI) for viewing.



Immunofluorescence

Whole-mount, dissected cochleae were blocked and permeabilized with 5% NGS (Sigma-Aldrich G9023) in PBST (PBS + 0.5% Triton X-100) for 1 h then incubated in primary antibody solution (PBS + 0.1% Triton X-100 + antibodies) for 24–48 h at 4°C. Primary antibodies used were as follows: rabbit anti-Myosin-VIIa (Myo7a; Proteus BioSciences 25-6790, 1:300), mouse antineuronal nuclear antigen (NeuN; Millipore MAB377, 1:500), and rabbit antiperipherin (Millipore AB1530, 1:100). After several PBS washes (3 × 1 h) at room temperature, the samples were incubated in species-specific secondary antibody solution at 4°C for 12–24 h. The secondary antibodies used were as follows: Alexa Fluor 488 goat antirabbit immunoglobulin G (IgG) (Thermo Fisher Scientific A11008, 1:500), Alexa Fluor 647 goat antirabbit IgG (Thermo Fisher Scientific A32733, 1:500), and Alexa Fluor 647 goat antimouse IgG (Thermo Fisher Scientific A11007, 1:500). Hoechst 33258 (Thermo Fisher Scientific H1399, 1:2,000) or DAPI (Sigma-Aldrich D9542, 1 μg/ml) nuclear counterstain was used in some samples. Finally, the samples were washed several times (3 × 1 h) in PBS before viewing.



Imaging

Images were acquired using a Leica SP8 scanning laser confocal microscope, analyzed with Leica LAS X software and processed with CorelDRAW graphics suite. Images were taken at 1–6-μm thick optical sections to compile a given stack, in up to four different colors (405, 488, 552, and 638 nm laser lines) using three different magnifications (10× with a 0.6 NA; 20× with a 0.95; 63× with a 1.4 NA).



Quantification

For analysis of the distribution of peripherin-positive neurons within the cochlea, we quantified the number of peripherin-positive neurons in the proximal, middle, and distal regions for the apex, middle, and base. Three 150-μm wide boxes were drawn randomly around the spiral ganglia region, each for the base, middle turn, and apex per animal. The box’s length was the distance from the most proximal SGN to the most distal SGN cell body. Each box was divided into equal thirds, separating the proximal, middle, and distal regions, and the number of Prph-eGFP-positive neurons was manually counted within each region. We quantified four P15, four P30, and three 9-months-old cochleae.

For the analysis of peripherin labeling within the hindbrain, the peripherin signaling intensity level was quantified within the AVCN, PVCN, DCN, and the vestibular nucleus, adjacent to its entry point E18,5, P4, P30, and 9-months-old mice. Three 100 × 100 μm boxes were drawn at random within maximum projection images of coronal sections of the AVCN, PVCN, DCN, vestibular nucleus, and trigeminal nucleus. This size was selected as a compromise between maximizing the area quantified and having the box fit within the different brain regions’ boundaries. The trigeminal nucleus was chosen. It had a high level of peripherin expression throughout the entire nucleus and was located within each coronal section containing the AVCN, PVCN, DCN, or vestibular nucleus. In addition, three 100 × 100 μm boxes were drawn randomly in areas of background per image. Images were cropped along the boxes in CorelDraw and exported as individual TIFF files. Individual TIFF files were analyzed using the histogram function in ImageJ software. The resulting analysis calculates the mean fluorescent intensity of the entire TIFF file. The background’s mean fluorescent intensity was subtracted from respective images of the AVCN, PVCN, DCN, vestibular nucleus, and trigeminal nucleus. The fluorescent intensity of the trigeminal nucleus (minus background) was set at 100%, and the fluorescent intensities of the AVCN, PVCN, DCN, and vestibular nucleus (minus backgrounds) were calculated as a percent of the portion of the trigeminal nucleus from the image in which they were obtained. The mean intensities were averaged, and the standard error was calculated using Microsoft Excel. Statistical significance was performed with one-way ANOVA with the Tukey honestly significant difference (HSD) post hoc test. The confidence level was set at 95%.



RESULTS


Spiral Ganglion Neurons

All SGN cell bodies are initially positive for Prph-eGFP at E18.5 (Figure 1A), consistent with previous work using peripherin antibodies (Hafidi et al., 1993; Hafidi, 1998; Nayagam et al., 2011). The level of Prph-eGFP remains relatively high in all SGNs at P4 (Figures 1B,B′), although some SGNs begin to have less expression than others (Figure 3C). At P8, Prph-eGFP has become restricted to the type II SGNs, with no expression observed in type I cell bodies (Figures 1C–C″). These type II cell bodies continue to express Prph-eGFP through at least 9 months of age (Figures 1D–F″).
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FIGURE 1. Expression of Prph-eGFP in spiral ganglion neuron (SGN) cell bodies in the spiral ganglia. (A) Cochlea from an E18.5 mouse showing Prph-eGFP expression (green) in all SGNs. (B,B′) Cochlea from a P4 mouse showing Prph-eGFP expression in most SGNs at the base in panel (B) and apex in panel (B′). (C–C″) Cochlea from a P8 mouse showing Prph-eGFP expression restricted to only a subset of cells, the type II SGNs at the base in panel (C), middle turn in panel (C′), and apex in panel (C″). (D–D″) Cochlea from a P15 mouse showing Prph-eGFP expression restricted to only a subset of cells, the type II SGNs at the base in panel (D), middle turn in panel (D′), and apex in panel (D″). (E–E″) Cochlea from a P30 mouse showing Prph-eGFP expression restricted to only a subset of cells, the type II SGNs at the base in panel (E), middle turn in panel (E′), and apex in panel (E″). (F–F″) Cochlea from a 9-months mouse showing Prph-eGFP expression restricted to only a subset of cells, the type II SGNs at the base in panel (F), middle turn in panel (F′), and apex in panel (F″). Note the expression of Prph-eGFP-positive cells is primarily at the distal region of the spiral ganglia, adjacent to the radial fibers (RF) in P15, P30, and 9-months mice, especially at the base and middle turn. Scale bars are 100 μm.


These Prph-eGFP-positive type II cell bodies are not uniformly located throughout the spiral ganglion. Instead, these Prph-eGFP-positive cell bodies appear to be more concentrated along the distal region of the spiral ganglion (Figures 1C–F″), consistent with reports using antibody labeling (Hafidi, 1998; Nayagam et al., 2011; Defourny et al., 2013; Grandi et al., 2020). This asymmetrical distribution was better visualized with NeuN labeling of Prph-eGFP mice to label all SGN nuclei (Figure 2A). To confirm that these Prph-eGFP-positive type II SGNs are indeed asymmetrically located, we quantified the number of Prph-eGFP-positive neurons within 150-μm-wide representative areas of the spiral ganglia, dividing each area into proximal, middle, and distal regions for P15, P30, and 9-month animals (Figure 2B). This was repeated for each area of the cochlea: base, middle turn, and apex. For the base, middle turn, and apex of all three ages, there were significantly more Prph-eGFP-positive cells in the distal third than in the proximal third regions (ANOVA, p < 0.01, n = 3–4 animals with three measurements per animal) (Figures 2C–C″). In addition, for the base and middle turn, there were significantly more Prph-eGFP-positive cells in the distal third as compared with the middle-third regions for all ages (ANOVA, p < 0.01, n = 3–4 animals with three measurements per animal) (Figures 2C,C′). However, the asymmetrical distribution of Prph-eGFP-positive cells was less defined at the apex as compared with the near absence of Prph-eGFP-positive cells in the proximal or middle regions at the base or middle turn (Figures 1C–F″, 2). While there was a significant difference between distal and proximal regions in all ages, only at P15 and 9 months was there a significant difference between the distal and middle regions in the apex (ANOVA, p < 0.01, n = 3–4 animals with three measurements per animal, Figure 2C″). Interestingly, unlike the asymmetrical distribution of Prph-eGFP-positive cells in the spiral ganglion, there is a wide distribution of Prph-eGFP-positive cells in the vestibular ganglion (Supplementary Figure 1), suggesting that there may be some significance to the distribution.
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FIGURE 2. Quantification of the distribution of Prph-eGFP-positive spiral ganglion neurons (SGNs). (A) Prph-eGFP-positive cells (green) are located along the more distal end of the spiral ganglion, of which all SGN nuclei were labeled with an antibody against NeuN (red). (B) Schematic shows how the number of Prph-eGFP-positive cells within representative regions of the spiral ganglion, proximal, middle, and distal, was quantified. (C–C″) Means and standard errors of the means of the percent of Prph-eGFP-positive neurons present within each subregion: proximal, middle, or distal, as compared with the total number of Prph-eGFP-positive neurons within the whole boxed area, at the base in panel (C), mid-turn in panel (C′), and apex in panel (C″) at P15 (blue, n = 4), P30 (green, n = 4), and 9 months (magenta, n = 3). Colored horizontal bars represent significant differences (p < 0.01). Scale bars are 100 μm.
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FIGURE 3. Peripheral projections of Prph-eGFP-positive neurons. (A–B″) E18.5 cochlea showing a high level of Prph-eGFP expression in peripheral processes to inner hair cells (IHC) and most outer hair cells (OHC). Prph-eGFP-positive processes to IHCs can be observed at the base in panel (B), middle turn in panel (B′), and apex in panel (B″), whereas Prph-eGFP-positive processes to OHCs are only observed in the base in panel (B) and mid-turn in panel (B′), not yet in the apex in panel (B″). (C–D″) P4 cochlea showing a high level of Prph-eGFP expression in all peripheral processes. At this stage, type I and II peripheral processes to IHCs and OHCs, respectively, express robust levels of Prph-eGFP throughout the base in panel (D), middle turn in panel (D′), and apex in panel (D″). (E–F″) P8 cochlea showing a high level of Prph-eGFP expression in processes to all IHCs and apical OHCs. At this stage, type I processes to IHCs express a strong level of Prph-eGFP throughout the cochlea in panel (F–F″); however, type II processes to the basal in panel (F) and middle turn in panel (F′) OHCs express less Prph-eGFP than processes to apical OHCs in panel (F″). (G–H″) P15 cochlea showing a decrease in Prph-eGFP expression in all processes at the base and middle turn. At this stage, both type I and II processes to IHCs and OHCs, respectively, in the base in panel (H) and mid-turn in panel (H′) express lower levels of Prph-eGFP. In the apex, the Prph-eGFP expression level remains high in type I processes to IHCs but has decreased in type II processes to OHCs in panel (H″). (I,J) P30 cochlea showing a reduced expression Prph-eGFP. At this stage, both type I and II peripheral processes to IHCs and OHCs, respectively, show low expression levels of Prph-eGFP at the apex in panel (J). (K–L) Nine-months cochlea showing almost no expression of Prph-eGFP in peripheral processes. At this stage, only the cell bodies retain Prph-eGFP expression; however, in the base, ramified cells of unknown origin were observed in panel (L). (M) Diagram of the organ of Corti showing the location of IHCs and OHCs (red) as well as their innervation from type I and II SGNs (green), respectively. (N) Myo7a antibody labeling (red) and Hoechst nuclear staining (cyan) to show the location of IHCs and OHCs within the cochlea of an approximately 1-month-old mouse. (N′) Same cochlea as N showing Prph-eGFP-positive SGNs projecting stereotypically to the regions of the IHCs and OHCs. Scale bars are 100 μm.


In summary, these results show a significant asymmetrical distal distribution of mature Prph-eGFP-positive type II SGNs in all cochlea regions, with a more robust distal distribution in the base and middle turn.



Peripheral Processes to Hair Cells

We next examined the peripheral processes to the hair cells in Prph-eGFP-positive neurons (Figure 3). At E18.5, peripheral processes of both type I and II neurons strongly express Prph-eGFP (Figures 3A–B″). Prph-eGFP-positive processes are observed projecting to OHCs only in the base and middle turn at E18.5 (Figures 3B–B″). Using a tdTomato reporter line driven by Neurod1-cre, we labeled all type I and II SGNs and showed that while there is no Prph-eGFP labeling yet to OHCs in the apex (Figure 3B″), the type II SGNs innervate these OHCs at E18.5 (Supplementary Figure 2), suggesting a delay in Prph-eGFP expression after hair cell innervation. Prph-eGFP-positive processes to IHCs can be seen in each region of the cochlea at this stage (Figures 3B–B″). Four days after birth, the peripheral processes of both type I and II neurons have maintained strong expression of Prph-eGFP (Figures 3C–D″). In addition, at P4, Prph-eGFP-positive processes to OHCs are now observed at the apex in addition to the base and middle turn (Figures 3D–D″). Prph-eGFP-positive processes to IHCs are observed in all areas of the cochlea as well (Figures 3D–D″). We note that at P7, selective antiperipherin-positive peripheral processes can be observed (Supplementary Figure 3), consistent with previous work showing peripherin antibody expression in postnatal stages (Hafidi, 1998; Vyas et al., 2017). At P8, while type I processes to IHCs express a strong level of Prph-eGFP throughout the cochlea, type II processes to basal and middle turn OHCs express less Prph-eGFP than type II processes to apical OHCs (Figures 3E–F″). By P15, the relative level of Prph-eGFP expression in both type I and II peripheral processes at the base and middle turn is less than that in the type II cell bodies, with expression in type II to OHCs being less than in type I to IHCs. Furthermore, expression of Prph-eGFP in type II peripheral processes to apical OHCs has also decreased some, although the expression of Prph-eGFP in type I SGNs to IHCs remains high (Figures 3G–H″). The intensity of expression in type I apical peripheral processes appears similar to that in type II Prph-eGFP-positive cell bodies (Figure 3G′). By P30, however, the level of Prph-eGFP in type I SGNs to IHCs in the apex has decreased (Figures 3I,J). There is minimal Prph-eGFP expression in peripheral processes at 9 months, and labeled type II processes out to OHCs were not observed (Figures 3K,L). Interestingly, there are highly ramified cells of unknown origin located among the peripheral processes at the base in the 9-months cochlea that express high levels of Prph-eGFP (Figure 3L).

Together, these results suggest that Prph-eGFP expression in the peripheral processes progresses in a basal to apical wave, beginning first with its upregulation at late embryonic stages, followed by its downregulation approximately 2 weeks later, the onset of hearing. After this point, the level of Prph-eGFP in the peripheral processes continues to decrease until it is at a barely detectable level compared with that in the cell bodies by 9 months.



Central Projections of Spiral Ganglion Neurons

Next, we examined the central processes of the cochlear nuclei in Prph-eGFP-positive SGNs. At E18.5, Prph-eGFP-positive processes were observed in each of the three regions of the cochlear nucleus, AVCN, PVCN, and the DCN (Figures 4A–A’″). However, by P4, the Prph-eGFP-positive projections to the DCN were noticeably downregulated compared with E18.5 and compared with the AVCN and PVCN, suggesting that Prph-eGFP expression is downregulated or the Prph-eGFP is no longer being transported along with central processes to the DCN (Figures 4B–B″). Similarly, at P30, while the AVCN and PVCN receive input from processes expressing Prph-eGFP, the DCN does not (Figures 4C–C″′). However, by 9 months, central processes to all regions of the cochlear nucleus do not express Prph-eGFP (Figures 4D–D″′). In contrast to SGNs, Prph-eGFP-positive vestibular neurons were observed projecting to vestibular nuclei and trigeminal neurons to trigeminal nuclei at all stages (Figure 4). The latter expressed very strong levels of Prph-eGFP throughout development and in the aged, 9-months mice. Given the Prph-eGFP labeling in both type I and II peripheral processes beyond when the Prph-eGFP labeling is confined to only type II cell bodies, we cannot be certain of the central processes’ origin. However, specific labeled central processes of these labeled type II cells can be observed by P30 and remains at 9 months (Figures 4E″″,E″″′), suggesting that after this time point, the Prph-eGFP-positive central processes are most likely type II fibers. Between P4 and P30, while type II SGNs have a stronger expression of Prph-eGFP, lower expression levels are observed in central processes of type I SGNs (Figures 4E′–E″′). At E18.5, all central processes are strongly labeled (Figure 4E).
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FIGURE 4. Expression of Prph-eGFP in SGN central projections. (A–A″′) Coronal sections of an E18.5 brain showing the projection of Prph-eGFP-positive neurons (green). At this stage, Prph-eGFP-positive neurons project to the AVCN, PVCN, and DCN. (B–B″′) Coronal sections of a P4 brain showing the projection of Prph-eGFP-positive neurons. At this stage, projections to the DCN express very little Prph-eGFP. (C–C″′) Coronal sections of a P30 brain showing the projection of Prph-eGFP-positive neurons. (D–D″′) Coronal sections of a 9-month brains showing the projection of Prph-eGFP-positive neurons. By 9 months, very little Prph-eGFP expression is found in projections to the AVCN, PVCN, or DCN, while projections to the vestibular nucleus retain some Prph-eGFP expression. (E–E″″′) Spiral ganglia of E18.5, P4, P8, P15, P30, and 9-months mice, respectively, showing the progression of Prph-eGFP expression from all central fibers (top of images) in E18.5, to selective expression in P30 and 9 months. Central processes of type II SGNs are labeled with arrowheads, and those of type I are marked with arrows. AVCN, anteroventral cochlear nucleus; PVCN, posteroventral cochlear nucleus; DCN, dorsal cochlear nucleus; Vn, vestibular nerve; VN, vestibular nucleus; MVN, medial vestibular nucleus; SVN, superior vestibular nucleus; IVM, Inferior vestibular nucleus; LVN, lateral vestibular nucleus; dV, descending tract of the trigeminal nucleus; MesV, the mesencephalic nucleus of the trigeminal; Vmn, trigeminal motoneurons; RB, the restiform body; ST, solitary tract; Grac, gracile; CN, cochlear nerve; SGNs, spiral ganglion neurons; DMN, dorsal motor neurons; Hyp, hypoglossal somatic motoneurons; Amb, ambiguous branchial motoneurons; FBM, facial branchial motoneurons. Magenta color is 4′,6-diamidino-2-phenylindole (DAPI) to show cell bodies. Scale bars are 100 μm.


To confirm these observational differences between the different regions of the cochlear nucleus and the vestibular nucleus across development and aging, we determined the mean fluorescent intensity for sample regions within the AVCN, PVCN, DCN, and vestibular nucleus adjacent to its entry point. Since neurons within the trigeminal nucleus expressed high levels of Prph-eGFP continuously, we used it as our reference point. We calculated the relative percent of fluorescent intensity of afferents innervating the AVCN, PVCN, DCN, and vestibular nucleus relative to the trigeminal nucleus for each time point (Figure 5). In the AVCN, the level of expression of Prph-eGFP remained relatively unchanged in early development, through at least P30, but by 9 months, expression was significantly lower (ANOVA, p < 0.05, n = 3 measurements; Figure 5B). Similarly, the expression of Prph-eGFP in the PVCN at 9 months was significantly lower than the other three earlier time points (ANOVA, p < 0.05, n = 3 measurements; Figure 5B). However, in the DCN, the level of Prph-eGFP significantly dropped at a much earlier time point of P4 (ANOVA, p < 0.05, n = 3 measurements; Figure 5B). While the level of Prph-eGFP in the vestibular nucleus also significantly dropped by P4 (ANOVA, p < 0.05, n = 3 measurements), this decrease was markedly less than in the DCN (Figure 5B). We next wanted to compare differences between the different cochlear nuclei within a given age. At E18.5, there was a slightly significant difference between Prph-eGFP expression between the AVCN and PVCN but no significant difference between either of those with the DCN (ANOVA, p < 0.05, n = 3 measurements; Figure 5B). At P4 and P30, the Prph-eGFP expression levels within the AVCNs and PVCNs were significantly higher than that in the respective DCNs (ANOVA, p < 0.05, n = 3 measurements; Figure 5B), although by 9 months, the level of Prph-eGFP was at an equally low level in all three areas of the CN (Figure 5B).
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FIGURE 5. Quantification of Prph-eGFP positivity in different hindbrain regions. (A) Representative 100 × 100 μm areas within each of the brain regions from which the fluorescence intensity level of Prph-eGFP expression was quantified: trigeminal nucleus (dV), anteroventral cochlear nucleus (AVCN), posteroventral cochlear nucleus (PVCN), dorsal cochlear nucleus (DCN), and the vestibular nucleus (VN). Images were acquired from coronal sections of E18.5, P4, P30, and 9-month brains, as shown in Figure 4, and three 100 × 100 μm boxed areas per region were used for fluorescence intensity quantification. (B) Relative fluorescence intensities of Prph-eGFP in each brain region normalized to the trigeminal nucleus, set at 100% fluorescent intensity. Fluorescent intensities for the AVCN, PVCN, DCN, and VN are shown as percentages of the total fluorescence intensity in the trigeminal nucleus. Bold horizontal bars represent significant differences (p < 0.05). Scale bars are 10 μm.


Together these results suggest that, like in the peripheral processes to the hair cells, central processes of SGNs to the cochlear nuclei downregulate the expression of Prph-eGFP by 9 months; however, the specific timeline of when this happens for projections to a given region of the cochlear nucleus is variable.



DISCUSSION

Our data expand upon previous studies using antibodies (Hafidi et al., 1993; Hafidi, 1998; Nayagam et al., 2011) to describe the gain and loss of Peripherin expression across several time points in development and 9-months-old mice. Using the Prph-eGFP mouse line (McLenachan et al., 2008), we examined expression in SGN cell bodies, their distal processes to hair cells, and the central projections to the cochlear nuclei. Our results here confirm previous antibody labeling, which demonstrated selective peripherin labeling of mature type II SGNs (Hafidi et al., 1993). In our study, Prph-eGFP becomes restricted to type II SGN cell bodies between P4 and P8 (Figure 1). Similarly, peripherin antibody staining also becomes restricted to type II SGN cell bodies after P3 in the rat (Hafidi et al., 1993). As in this previous study with peripherin antibodies, once Prph-eGFP became restricted, specifically type II SGN cell bodies, they remained restricted throughout adulthood (Figure 1), suggesting that Prph-eGFP is a useful marker for mature type II SGN perikarya. The unique localization to the distal region of the spiral ganglia (Figure 2) has been reported (Berglund and Ryugo, 1987; Hafidi, 1998; Nayagam et al., 2011; Maison et al., 2016; Grandi et al., 2020); however, we observed that this primarily distal distribution of type II SGNs was not uniform along the cochlea.

Interestingly, while Prph-eGFP-positive type II neurons are located primarily in the distal third of the spiral ganglion, there was a broader distribution at the apex than the base or middle turn (Figure 2). This broader distribution in the apex was more similar to the overall distribution of Prph-eGFP-positive cells in the vestibular ganglion (Supplementary Figure 1). Like the unmyelinated type II SGNs innervating type II cochlear hair cells, the unmyelinated vestibular afferents also express peripherin (Leonard and Kevetter, 2002). Given that the apex of the cochlea is converted into a vestibular/lagena-like epithelial arrangement with the loss of N-Myc (Kopecky et al., 2011), this might suggest an evolutionary relationship between the distribution of Prph-eGFP-positive cells in the vestibular ganglion and the spiral ganglion at the apex. However, the significance of the distribution of Prph-eGFP-positive perikarya in the two different ganglia is not known. Furthermore, there is heterogeneity in type II SGNs in the specific genes they express depending upon their location in the cochlea (Vyas et al., 2019). Thus, the different genetic makeup of the SGNs located at the base versus the apex may also play a role in their specific distribution, although it remains to be explored.

Remarkably, while Prph-eGFP expression became restricted only to type II SGN cell bodies, the expression of Prph-eGFP in peripheral processes was not (Figure 3). Similarly, peripherin protein expression in type I SGNs peripheral processes to IHCs has also been shown in adult animals (Hafidi, 1998). Furthermore, the expression is not restricted to only type II peripheral processes as it is to the cell body, but the relative level of Prph-eGFP expression in both type I and II SGN peripheral processes changes over time (Figure 3). The expression of Prph-eGFP appears to come on as a wave from base to apex after the peripheral processes have innervated the hair cells (Supplementary Figure 2). Before the onset of hearing, Prph-eGFP expression decreases in the same base to apex progression, first with the type II SGNs followed by type I SGNs. By P30, minimal Prph-eGFP expression in SGN peripheral processes remains (Figure 3). Peripherin protein can be identified in adult rats (Hafidi, 1998); however, the colabeling of peripherin antibodies with other type II SGN markers has shown that some type II SGNs do not express peripherin (Vyas et al., 2017). What remains to be explored is how changes in Prph-eGFP expression in type II peripheral processes correlate with potential protein expression changes, especially within different cochlea regions already known to express different genes (Vyas et al., 2019).

Centrally, at E18.5, all three regions of the cochlear nucleus, AVCN, PVCN, and DCN are innervated by Prph-eGFP-positive type I and II SGNs (Figures 4, 5). This finding is unsurprising given that even before this stage, lipophilic dye labeling has shown that SGNs reach all areas of the cochlear nucleus (Fritzsch et al., 1997; Schmidt and Fritzsch, 2019; Filova et al., 2020). Interestingly, by P4, central processes to the DCN are no longer positive for Prph-eGFP and remain that way through at least 9 months. Whether this has anything to do with the unique function of the DCN from that of the AVCN and PVCN remains to be explored. By 9 months, virtually no Prph-eGFP-positive central projections are detected in any of the cochlear nuclei. However, since at 9 months, only the type II SGNs appear to express Prph-eGFP in their central processes, and given that these neurons only make up about 5% of the total neuronal population (Spoendlin, 1971), the ability to distinguish their projections may be that they are below the level of reliable fluorescence detection in the brain. More likely, since P30 central processes also appear to be specific to type II SGNs and Prph-eGFP expression is detected in the AVCN and PVCN at this stage, the level of Prph-eGFP in the central most aspect of the central processes may decrease from P30 to 9 months as it does in peripheral processes over time.

Collectively, these results show that Prph-eGFP is a reliable marker for type II SGN cell bodies beyond P8; however, it is not completely specific to peripheral or central processes. Still, type II central processes appear to exclusively express Prph-eGFP at P30 and beyond and could serve as a reliable marker in these older animals providing further confirmation of specificity through colabeling with other markers known to be exclusively expressed in mature type II SGNs.
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Maturation of Heterogeneity in Afferent Synapse Ultrastructure in the Mouse Cochlea
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Auditory nerve fibers (ANFs) innervating the same inner hair cell (IHC) may have identical frequency tuning but different sound response properties. In cat and guinea pig, ANF response properties correlate with afferent synapse morphology and position on the IHC, suggesting a causal structure-function relationship. In mice, this relationship has not been fully characterized. Here we measured the emergence of synaptic morphological heterogeneities during maturation of the C57BL/6J mouse cochlea by comparing postnatal day 17 (p17, ∼3 days after hearing onset) with p34, when the mouse cochlea is mature. Using serial block face scanning electron microscopy and three-dimensional reconstruction we measured the size, shape, vesicle content, and position of 70 ribbon synapses from the mid-cochlea. Several features matured over late postnatal development. From p17 to p34, presynaptic densities (PDs) and post-synaptic densities (PSDs) became smaller on average (PDs: 0.75 to 0.33; PSDs: 0.58 to 0.31 μm2) and less round as their short axes shortened predominantly on the modiolar side, from 770 to 360 nm. Membrane-associated synaptic vesicles decreased in number from 53 to 30 per synapse from p17 to p34. Anatomical coupling, measured as PSD to ribbon distance, tightened predominantly on the pillar side. Ribbons became less spherical as long-axes lengthened only on the modiolar side of the IHC, from 372 to 541 nm. A decreasing gradient of synaptic ribbon size along the modiolar-pillar axis was detected only at p34 after aligning synapses of adjacent IHCs to a common reference frame (median volumes in nm3 × 106: modiolar 4.87; pillar 2.38). The number of ribbon-associated synaptic vesicles scaled with ribbon size (range 67 to 346 per synapse at p34), thus acquiring a modiolar-pillar gradient at p34, but overall medians were similar at p17 (120) and p34 (127), like ribbon surface area (0.36 vs. 0.34 μm2). PD and PSD morphologies were tightly correlated to each other at individual synapses, more so at p34 than p17, but not to ribbon morphology. These observations suggest that PDs and PSDs mature according to different cues than ribbons, and that ribbon size may be more influenced by cues from the IHC than the surrounding tissue.

Keywords: ribbon synapse ultrastructure, postsynaptic density, synaptic vesicles, modiolar, pillar, presynaptic density, FIB-SEM, developmental maturation


INTRODUCTION

Auditory nerve fibers (ANFs) connect the ear to the brain. They are anatomically and functionally heterogeneous, but the relationships between anatomical and functional diversity are not completely understood. Each ANF is excited by a single ribbon synapse on an inner hair cell (IHC). Each IHC is frequency-tuned to a characteristic frequency (CF) and presynaptic to several ANFs (Liberman, 1980). Fibers with very similar or identical CF, likely excited by the same IHC or adjacent IHCs, can have very different spontaneous and evoked spike rates (Sachs and Abbas, 1974; Liberman, 1978; Jean et al., 2020). Each IHC is a sensory receptor driving synaptic release by a transmembrane potential that is graded over time and thought to be iso-potential due to the approximately cylindrical shape and relatively compact morphology of the IHC synaptic compartment (∼10 × 10 × 20 μm). Spontaneous (i.e., in silence) and sound-evoked spikes in ANFs rely on Ca2+-dependent exocytosis of glutamate from IHCs, evoking one spike per release event (Sewell, 1984; Robertson and Paki, 2002; Rutherford et al., 2012). Thus, IHC-afferent synaptic heterogeneities are posited to underlie the functional diversity of ANFs observed in one tonotopic location, at CF (Frank et al., 2009; Grant et al., 2010; Liberman et al., 2011; Wichmann and Moser, 2015; Rutherford and Moser, 2016). Synaptic sources of ANF diversity may arise from differences in the shapes and sizes of cytoplasmic ribbons, the presynaptic pool of vesicles they harbor, or the properties of the membrane densities containing presynaptic voltage gated Ca2+ channels and postsynaptic glutamate receptors.

Current knowledge about the relationships between IHC-afferent synaptic structure and ANF physiology come mainly from landmark studies in cat. There are interspecies similarities and differences in auditory nerve physiology which may or may not be related to synaptic anatomy. Some interspecies differences may be related to mechanisms of high-frequency vs. low-frequency hearing. In species with good low-frequency hearing like cat, guinea pig, chinchilla, and rabbit most ANFs have high spontaneous rate (SR) and low-threshold, while a smaller group of fibers has low-SR and hi-threshold (Liberman, 1978; Borg et al., 1988; Temchin et al., 2008; Furman et al., 2013). In contrast, animals like mice and rats that don’t hear well at low frequency (below 4 kHz, where phase-locking occurs and where response synchrony may encode stimulus strength) have compressed SR distributions that are not clearly bimodal and are shifted to lower SR (El Barbary, 1991; Taberner and Liberman, 2005). In gerbil and chinchilla, when SR for ANFs with CF less than or greater than 3 – 4 kHz are plotted, separately, the low-frequency SR distributions are clearly bimodal and the hi-frequency distributions are not (Ohlemiller and Echteler, 1990; Temchin et al., 2008). Differences between high- and low-frequency hearing may be correlated with structural differences between high- and low-frequency tonotopic regions, or between cochleae from animals that specialize in high- vs. low-frequency hearing.

Some observations of auditory nerve physiology and cochlear anatomy may transcend cochlear location or species, for example, the inverse relationship between SR and threshold (Liberman, 1978; Borg et al., 1988; Ohlemiller and Echteler, 1990; Taberner and Liberman, 2005; Temchin et al., 2008; Furman et al., 2013) and the modiolar-pillar gradient in synaptic ribbon size (Kantardzhieva et al., 2013; Michanski et al., 2019). Studies in cat and subsequently in many mammalian species established that ANFs fire action potentials at different SRs, and can be classified as low-SR (≤ 1 spike s–1) or hi-SR (> 1 spike s–1; summarized in Taberner and Liberman, 2005, their Figure 13). The SR, or rate of firing in the absence of an applied sound, is correlated with sound-response threshold: hi-SR fibers respond already to very soft sounds; low-SR fibers respond only to relatively loud sounds (Liberman, 1978). It was also established in cat that hi-SR fibers are thicker in caliber, have smaller presynaptic ribbons, and tend to be positioned on the pillar- or abneural-side of the IHC. Low-SR fibers are thinner, have larger presynaptic ribbons, and tend to be positioned on the modiolar- or neural-side of the IHC facing the spiral ganglion (Merchan-Perez and Liberman, 1996). The extent to which these structure-function relationships observed in cat generalize across mammalian species is unclear. To better understand how ANF diversity is achieved in a genetically tractable species widely used in auditory neuroscience, here we sought to better understand the ultrastructural maturation of cochlear ribbon synapses in C57BL/6J mice during late postnatal development with attention to position of innervation on the IHC.



METHODS


Animals

Mice were studied in accordance with protocols approved by the Animal Studies Committee of Washington University in St. Louis. C57BL/6J background mice were obtained from The Jackson Laboratory. In this study we reconstructed three (IHCs) from one mouse aged p17, ∼3 days after the onset of hearing, and three IHCs from one mouse aged p34 when the cochlea is considered functionally mature.



Tissue Processing and Embedding

Temporal bones were harvested, and cochleae were perfused via the round window with 0.15 M cacodylate buffer (pH 7.4) containing 2.5% glutaraldehyde, 2% paraformaldehyde, and 2 mM CaCl2. The cochleae were left in the cacodylate buffer fixative overnight at 4°C. The cochleae were then washed in cold cacodylate buffer containing 2 mM CaCl2. Without decalcification, the sample was then dissected to isolate pieces of the mid-cochlear organ of Corti from the surrounding bone using forceps and a ceramic blade. The staining procedure was modified from a previously described protocol (Deerinck et al., 2010). Briefly, the pieces were incubated in a solution containing 1.5% potassium ferrocyanide and 2% osmium tetroxide, 0.15 M cacodylate buffer with 2 mM CaCl2 on ice for 1 h. After this incubation, the sample was washed in double-distilled water (ddH2O), incubated in a filtered 0.1%thiocarbohydrazide (TCH) solution for 20 min at room temperature, washed in ddH2O again, and then placed in 2% osmium tetroxide for 30 min at room temperature. The samples were washed in ddH2O and incubated in 1% aqueous uranyl acetate at 4°C overnight, then incubated in 30 mM L-aspartic acid, 20 mM lead nitrate solution for 30 min in a 60°C oven, then washed again in ddH2O and dehydrated in dilutions (20, 50, 70, 90, 100, and 100%) of cold ethanol for 5 min each. After the dehydration step, the samples were left in ice-cold acetone for 10 min. For the embedding procedure, the samples were microwave irradiated (BioWave Pro, Ted Pella) at 300 W with 20 inches of Hg for 5 min prior to each incubation step. The samples were placed in a series of Durcapan ACM resin and acetone solution starting with 25% Durcapan:acetone for 2 h, 50% Durcapan:acetone for 2 h, and then 75% Durcapan:acetone for 2 h. Afterward, the cochleae were placed in 100% Durcapan for 2 h then embedded in fresh resin and baked at 60°C for 48 h.



Focused Ion Beam Scanning Electron Microscopy

After embedding, we targeted approximately the 18 kHz region of the cochlea by facing the resin block with a diamond knife in a mid-modiolar radial orientation, verified by visualizing the tissue with a thick section containing organ of Corti and osseous spiral lamina. The sample was then loaded into a focused ion beam – scanning electron microscope (FIB-SEM; Crossbeam 540, Carl Zeiss; Figure 1) for 3D analysis as described previously (Narayan et al., 2014). In brief, the IHCs were located by imaging at 10 KeV with secondary electron detection. The region of interest was protected with a 30 μm × 20 μm platinum and carbon pad containing etched fiducial marks for focus and drift correction purposes. After capping, an approximately 50 μm deep trench was milled into the inner border cell region, along the tonotopic axis immediately to the modiolar side of the synaptic neuropil of the inner spiral plexus, using a 30 KeV gallium beam at 30 nA, followed by polishing at 7 nA at the same voltage. Images were then acquired of the newly formed block at 1.75 KeV and 1.2 nA using the Energy selective Backscattered (EsB) detector with a grid voltage of 1200 V, with 7 nm pixels, a dwell time of 3 μs and a line average of 3. Between each image acquisition, 7 nm of the block face was removed with the FIB using a 30 KeV, 1.2 nA beam.


[image: image]

FIGURE 1. Block face imaging with Focused Ion Beam Scanning Electron Microscopy (FIB-SEM). Schematic of the dual beam method for serial block face imaging of inner hair cell (IHC) ribbon synapses. The milling beam and the imaging beam are offset by 52°. A protective pad made of carbon and platinum (C, Pt) was built over the IHCs by plasma-enhanced chemical vapor deposition using the gallium (Ga) FIB. The FIB was then used to bulk-trench the tissue in front of the IHCs, exposing these cells to the SEM. Images were acquired of this face at a resolution of 7 nm/pixel using backscatter detection. After collecting an image of the block face, the milling beam removed 7 nm of the sample from the surface before collecting the next image. This process was repeated until the sample was milled through the IHCs to the tunnel of Corti.




Image Processing and Segmentation

The collected images were then grayscale inverted, cropped, and aligned using the integrated Fibics software on the FIB-SEM. Images were collected with 7 nm isotropic voxels of the synaptic region from the bottom of the IHC nuclei to the habenula perforata, containing three IHCs from the modiolar-side facing the ganglion to the pillar-side facing the tunnel of Corti. The p17 raw data volume was cropped to a pixel format of 3,114 × 3,794 × 2,287 corresponding to approximately 22 × 27 × 16 μm in X, Y, and Z. The p34 raw data volume was cropped to 2,883 × 4,335 × 2,658 pixels corresponding to approximately 20 × 30 × 19 μm in X, Y, and Z. Before segmentation, the dataset was denoised using a non-local means filter with a sigma of 10 and a smoothing factor of 1 (Amira). Individuals familiar with ribbon synapse anatomy but blinded to mouse age and tissue orientation segmented all ribbons, presynaptic densities, postsynaptic densities, and the plasma membrane of the central IHC by hand using Amira software (Thermo Fisher). The IHC plasma membrane was segmented every 5–10 sections using the interpolation function. The first layer of synaptic vesicles surrounding the ribbon were marked manually in every 5th section (35 nm spacing) and counted using the Cell Counter Plugin in Image J. For movies of synaptic sub-volumes, image stacks were further aligned using the Linear Stack Alignment plugin (SIFT) in Image J. For display, fully segmented objects were smoothed for 20 iterations and a lamda (λ) = 0.6 to reduce the number of vertices, but maintain hard edges using the Surface Simplification Editor.



Three-Dimensional Quantitative Analysis of Synaptic Structures

Segmented structures were analyzed in Amira using the Material Statistics module to obtain geometric measurements. We used Ferret Measures to determine the longest and shortest axes through the center of gravity of each synaptic ribbon. The long and short axes of the ribbons were not constrained to be orthogonal to each other. To measure the surface area of the ribbons, we used the Voxel Face Area module. For PDs and PSDs, we used Ferret Measures to determine the long and short axes through the center of gravity without constraining the measurements to be orthogonal. These measurements were then used to estimate surface area of the 3D projection on a 2D plane by modeling each synapse as an ellipse. To measure anatomical coupling between the PSD and the ribbons, we developed a workflow in Amira to measure the shortest distance to the ribbon surface from each vertex of each voxel comprising the ribbon-facing surface of the PSD, in order to construct histograms of proximity between the ribbon and the synaptic cleft. We used these ribbon-cleft proximity histograms as measurements of spatial coupling to compare sizes and shapes of synapses.



Mapping Synapse Position

The XY imaging plane was similar to the orientation typically used when collecting optical sections in confocal microscopy of ribbon synapses in the organ of Corti whole-mount surface preparation (Khimich et al., 2005). The tonotopic dimension was oriented horizontally on the X axis. The habenular-cuticular (H-C) dimension of the IHC (from the basal synaptic pole to apical hair-bundle pole) was oriented vertically on the Y axis. The modiolar-pillar (M-P) dimension of the organ of Corti was traversed with sequential image sections along the Z axis. Synapse positions on the M-P and H-C axes were determined in two ways: (1) Native view - The Cartesian coordinates relative to the full range of positions in the tissue, with the most modiolar synapse and the most pillar synapse being equidistant from the origin at the center of the M-P axis, and the most habenular synapse defining the origin at the bottom of the H-C axis. In the native view, due to the relative positions of the cells within the tissue, synapses on the modiolar face of one IHC may reside in the same M-P position as synapses on the pillar face of an adjacent IHC. (2) Translated view – For each IHC, separately, the synapses were translated together along the H-C axis such that the most habenular synapse of each IHC was at the origin, and along the M-P axis such that the most modiolar synapse and the most pillar synapse of each IHC was equidistant from the origin at the center of the M-P axis. In the translated view, the synapses of each IHC were superimposed onto a common cell-centric reference frame, as illustrated in the text. In the native and the translated views, synapses were assigned as modiolar for coordinates < 0 or pillar for coordinates > 0 along the M-P (Z) axis.



Statistical Analysis

Data sets were exported into Excel. All statistical values are presented as median ± standard deviation (SD) unless otherwise noted. All data sets were tested for normality using a Kolmogorov-Smirnov test with reference to a normal distribution. Wilcoxon rank-sum test (two-tailed) was used for pairwise comparisons between groups. Exact p-values are given. Effect size was calculated as Hedge’s g = difference between medians/pooled SD, where the pooled SD (s∗) is computed as
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where n1 is the number of units in group 1, n2 for group 2, s1 is the SD of group 1, and s2 for group 2. Spearman’s rho (ρ) was used to determine strength of association. Graphs labeled with rho has a significant p-value based on a two-tailed t-test. Graphs were plotted and statistics were performed in Igor Pro 7 (Wavemetrics).



RESULTS

Previous reports of cochlear synaptic morphology at the level of electron microscopy have focused mainly on embryonic and early postnatal development (Wong et al., 2014; Michanski et al., 2019), adult properties (Liberman, 1980; Merchan-Perez and Liberman, 1996; Slepecky et al., 2000; Kantardzhieva et al., 2013; Bullen et al., 2015), aging (Stamataki et al., 2006), or noise exposure (Bullen et al., 2019). Here, we focused on late postnatal development in unexposed wild-type C57BL/6J mice, from just after the onset of hearing function to maturation of cochlear function, which in mice happens from 2 – 4 weeks postnatal.

Ribbons, presynaptic densities (PDs), and post-synaptic densities (PSDs) were segmented (Figure 2) along with the cytoplasm of the central IHC. PDs and PSDs were identified by a dark thickening of the membrane density on the surface of the IHC or the afferent bouton terminal, respectively (Supplementary Movie 1, 2). At p17 and p34, each bouton terminal contacting an IHC had a PSD juxtaposed to a PD. Each synaptic ribbon was anchored to a PD juxtaposed to a PSD. We did not observe any PD/PSDs without ribbons (i.e., no ribbonless synapses) nor any lone ribbons either anchored to the membrane or floating in the cytoplasm (i.e., no orphaned ribbons). The reconstructed volumes contained the basolateral compartment of one IHC in the center, plus parts of two adjacent IHCs. The p17 volume fully contained 38 synapses including 16 on the central IHC, plus 16 and 6 synapses on the two adjacent IHCs. Three of these synapses contained two ribbons each (i.e., double ribbons; Supplementary Movie 3). The p34 volume fully contained 32 synapses including 16 on the central IHC, plus 8 synapses on each of the two adjacent IHCs. Two of these synapses contained double ribbons. In our methodology the 7 nm pixel size in XY was matched by 7 nm resolution in the Z dimension, enabling visualization of the raw data in three orthogonal planes without anisotropic distortion (Supplementary Movies 4–6). In Figure 2, the raw data of several ribbon synapses is shown in both the original orientation, as the images were collected, as well as an orthogonal virtual section, demonstrating the benefit of isotropic voxels for 3-dimensional reconstructions. The reconstructed synapses from p17 and p34 are shown in the en face orientation and the side view in Figure 3.


[image: image]

FIGURE 2. Segmentation of ribbons and membrane densities to generate 3-dimensional models of cochlear ribbon synapses. (A) Each of the 5 rows of images illustrates one ribbon synapse from the p17 sample. The volume of tissue surrounding each synapse was cropped in 3 dimensions. Column 1 shows images from the center of the stack, oriented with the presynaptic IHC on top, the postsynaptic afferent bouton on bottom, and the ribbon synapse in the center. The faint yellow dashed line in column 1 of row 1, passing through the center of the ribbon and parallel to the synaptic cleft, indicates the position of an orthogonal plane or section shown in column 2. The area inside the faint yellow dashed box in column 2 is enlarged in column 3, where the segmentation of synaptic structures is demonstrated. Column 4 contains a 2-dimensional representation of the 3-dimensional model generated from the series of segmented images. (B) Same as (A), for the p34 sample. Red, presynaptic ribbon; green, pre-synaptic density; blue, post-synaptic density. Scale bars are 1 μm.



[image: image]

FIGURE 3. Ribbon synapse reconstructions from inner hair cells at p17 and p34. (A) 2-dimensional renderings of 3-dimensional reconstructions for p17 synapses. Each synapse is shown in, both, the en face or top-down view (upper) and a side view (lower). (B) Same as in (A), for p34. Red, presynaptic ribbon; green, pre-synaptic density; blue, post-synaptic density. Scale bars are 1 μm.



Trans-Synaptic Coordination of Morphological Maturation in the Membrane Densities

For each PD and PSD we measured its longest axis, shortest axis, and surface area. From p17 to p34, the surface area (SA) of the median PSD decreased significantly by ∼ 50% (0.58 ± 0.36 vs. 0.31 ± 0.30 μm2), due to significant shortening of PSD short-axis by ∼ 50% (0.66 ± 0.29 vs. 0.36 ± 0.14 μm) while PSD long-axes were unchanged (1.12 ± 0.34 vs. 1.15 ± 0.42 μm2; Figures 4A–C). See Table 1 for group medians and ranges, as well as p-values and effect sizes of group comparisons. These differences in morphology of the PSD between p17 and p34 were accompanied by even larger developmental reduction in SA and short axis of the PD, on average (Table 1; SA effect sizes of 0.8 for PSD and 1.29 for PD). At p17, PDs were 29% larger than PSDs, while at p34 the SA of PDs and PSDs was nearly identical (0.33 ± 0.24 vs. 0.31 ± 0.29 μm2). At individual paired synapses, PD and PSD SA were positively correlated at both ages. The goodness of fit remained relatively stable from p17 to p34 with correlations of 0.90 and 0.87 respectively (Spearman’s rho), suggesting a mirroring of morphologies between paired pre- and post-synaptic membrane densities that was refined from p17 to p34 (Figure 4D). Synapses with greater long: short (L:S) axis ratios of the PD tended to have greater L:S axis ratios of the PSD, at both ages (Figure 4E). From p17 to p34, PDs and PSDs became less rounded. L:S axis ratios predominantly increased on both sides of the synaptic cleft, approximately doubling on average from p17 (median ratio: PD, 1.49; PSD, 1.69) to p34 (PD, 2.97; PSD, 3.19), again suggesting coordination of morphological maturation between pre- and post-synaptic membrane densities during late postnatal development.
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FIGURE 4. Morphological maturation of pre- and post-synaptic membrane densities and presynaptic ribbons. (A) Binned histogram of post-synaptic density surface areas (PSD SA) at p17 (filled gray bars) and p34 (hollow black bars). (B) Scatter plot of PSD SA vs. PSD short axis shows reduction in both metrics from p17 to p34 (SA, p = 6.5e–4; short axis, p = 7.9e–6; Wilcoxon). (C) PSD SA vs. PSD long axis shows that long axes are relatively unchanged between p17 and p34 (p = 0.97). (D) Pre-synaptic density (PD) SA vs. PSD SA for p17 and p34 (ρ = 0.90 and 0.87, respectively, Spearman’s Rho). (E) Long: short axis ratio of the PD vs. Long: Short axis ratio of the PSD shows positive correlation at both ages and an increase in both ratios from p17 to p34. (F) Binned histogram of synaptic ribbon volumes at p17 to p34, showing change in shape of distribution without significant difference of the mean (p = 0.07; Wilcoxon). (G) Scatter plot of ribbon volume vs. ribbon SA for p17 and p34. Neither changed significantly with maturation (p = 0.6). (H) PSD short axis vs. ribbon long axis. From p17 to p34, narrowing of the PSD short axis distribution and significant shortening (p = 7.9e–6) was accompanied by an increase in the upper range of ribbon long axes, although the increase in central tendency was not significant (p = 0.07). (I) Ribbon volume vs. PSD SA shows no clear relationship at p17 or p34. (J) Ribbon Long: Short axis ratio vs. PSD Long: Short axis ratio shows a developmental shift toward less spherical ribbons and less round PSDs from p17 to p34, but the degree of elongation on one side of the synapse is not well predicted by the degree of elongation on the other side.



TABLE 1. Median volume (nm3 × 106), surface area (SA, μm2), axis length (nm), PSD to ribbon distance (nm), and number of vesicles per synapse at p17 and p34 by Modiolar-Pillar position in the translated view. For p17: N = 41 (23M/18P); p34: N = 34 (19M/15P).

[image: Table 1]Presynaptic ribbons are amorphous ellipsoid-like cytoplasmic dense-bodies anchored to the active zone and decorated with glutamate-filled synaptic vesicles. For each ribbon we measured its volume, surface area, and the lengths of the longest and shortest dimensions through the center of mass (Table 1). On average, the p17 and p34 ribbon volumes were similar (4.3 ± 1.9 vs. 3.3 ± 2.6 e6 nm3), with an apparent shift to a bimodal distribution at p34 (Figure 4F). The plot of ribbon volume vs. SA deviated from the superlinear relationship defined by the geometry of a sphere, particularly at p34 when ribbons with the greatest SA had smaller volumes than expected from a linear trend (Figure 4G). This is consistent with a pattern of maturation in which some of the largest ribbons become less spherical as they elongate in one or two dimensions from p17 to p34. While the difference in ribbon SA between p17 and p34 was not significant, the median and the mean changed in opposite directions (median: 0.36 ± 0.11 vs. 0.32 ± 0.26 e6 nm2; mean: 0.39 vs. 0.46), consistent with a maturational process in which many ribbons become slightly smaller while a few ribbons become or remain larger. At p34, the ribbon long axes were broadly distributed relative to those at p17 (range: 263 – 480 at p17 vs. 271 – 813 nm at p34), again suggesting that some ribbons elongated with maturation, while PSD short axes became shorter on average and more narrowly distributed (range: 0.11 – 1.28 at p17 vs. 0.21 – 0.89 at p34; Table 1 and Figure 4H). Whereas the SA of the PD and PSD were clearly positively correlated (Figure 4D), there was no such correlation between ribbon volume and PSD SA (Figure 4I) or PD SA (not shown). Similarly, whereas the L:S axis ratios of the PD and PSD were clearly positively correlated (Figure 4E), there was no such correlation between the L:S axis ratios of the ribbon and the PSD (Figure 4J). Thus, in contrast to the apparent transsynaptic coordination between PDs and PSDs at p17 and p34, with maturation dominated by shortening of the short axes, ribbon morphology had no clear relationship to the PD or PSD at either age. In common, ribbons and membrane densities became less rounded with maturation from p17 to p34.



Spatial Gradient of Ribbon Morphology Emerges With Cochlear Maturation

Next, we sought to measure spatial gradients in the sizes of ribbons, PDs, and PSDs, and to determine if the overall developmental changes tended to occur with a spatial preference. Each IHC resides in a position within the organ of Corti, and each synapse resides in a position on the IHC surface (Figures 5, 6, Supplementary Movies 7–10). A spatial gradient of decreasing ribbon size from the modiolar-side to the pillar-side of the IHC has been well-described with electron microscopy in the adult cat and developing mouse organ of Corti (Liberman, 1980; Merchan-Perez and Liberman, 1996; Kantardzhieva et al., 2013; Michanski et al., 2019). This modiolar-pillar (M-P) spatial gradient, also seen in confocal microscopy with antibodies to CtBP2/Ribeye, is typically quantified by splitting the synapses into two groups by position on either side of a plane dividing the modiolar-side from the pillar-side (Liberman and Liberman, 2016, 2015; Ohn et al., 2016). Although IHCs reside as a single row of cells located between the inner border cells (to the modiolar side) and the inner pillar cells (to the pillar side), sometimes the basolateral membranes of IHCs are not perfectly aligned along the M-P axis (Figure 6). Particularly in the mid-cochlea of the mouse, the basolateral membranes of neighboring IHCs tend to alternate relative positions along the M-P axis, which is apparent in top and side views of the dataset (Figures 6B,C). This IHC positioning in the tissue can cause some synapses on the modiolar face of one IHC to occupy the same M-P position in the tissue as synapses on the pillar face of a neighboring IHC. We therefore defined space in two ways (see section “METHODS”). In the “native” view, synapse position was calculated relative to the positions of all the other synapses in the region of imaging. In the “translated” view, synapse positions from each IHC were transformed onto a common, virtual central axis. In both cases, the middle point along the M-P axis (corresponding to the center of the tissue in the native view or the center of the IHC in the translated view) defined the position of the orthogonal plane dividing the modiolar (M) and pillar (P) groups.
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FIGURE 5. Inner hair cell segmentation and 3-dimensional reconstruction of ribbon synapse position in the organ of Corti. The diagram on the left indicates three orthogonal planes (A, B, and C) through the basolateral compartment of the IHC demonstrated in panels A, B, and C, respectively. The hair bundle is on the apical side (top) and the synapses are on the basal side (bottom). The cochlear spiral extends to the left and right. The modiolar-pillar axis is perpendicular to the page. (A) Original view–from the microscope perspective as the images were collected–for p17 (upper) and p34 (lower). On left, the central IHC (pink) is shown with segmented synapses overlaid on the raw data in the XY plane. On right, the IHC is colored in gray in a 2-dimensional rendering of the 3-dimensional reconstruction, oriented with the modiolar face in front. Red, presynaptic ribbon; green, pre-synaptic density (PD); blue, post-synaptic density (PSD). (B) The virtual XZ plane, showing the top-down view of the image in panel (A). The modiolar side is on bottom and the pillar side is on top. (C) The virtual ZY plane, showing the side view of the image in panel (A). Isotropic voxels enabled virtual sectioning in any orientation without distortion. Scale bars are approximately 3 μm.
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FIGURE 6. Translation of synapse positions to a common IHC reference frame. (A) Lower: Schematic indicating the three orthogonal planes demonstrated in panels A, B, and C (as in Figure 5). X-axis is the cochlear spiral; Y-axis is apical-basal; Z-axis is modiolar-pillar. Upper: Image acquired in the XY plane (original view) from the p17 sample. Two IHCs are colored light blue and blue; two afferent fibers are colored yellow and green; one synaptic ribbon is colored orange. Green dashed line indicates plane of virtual section displayed in panel (B). (B) Upper: Virtual section indicated in panel A, showing top-down view in the ZX plane. Z-axis is the modiolar-pillar dimension. IHCs shifted to the modiolar side are light blue; IHCs shifted to the pillar side are darker blue; inner border cells are orange; inner pillar cells are violet. The terminal of the green fiber contacts the orange ribbon on the dark blue IHC. The terminal of the yellow fiber contacts a magenta ribbon on the light blue IHC. Black dashed line indicates plane of virtual section displayed in panel (C). Lower, left: Schematic of IHCs in the native positions from the top view. Right: Translated positions, after aligning IHCs in the modiolar-pillar dimension. (C) Virtual section indicated in panel B, showing side view in the ZY plane. Lower, left: Schematic of IHCs in the native positions from the side view. Right: Translated view, after aligning IHCs in the modiolar-pillar and apical-basal dimensions. Scale bars are approximately 5 μm.


In the native view, the M-P axis ranged over approximately 14 μm (Figures 7A,B, upper subpanels). In the translated view, the M-P axis ranged over the width of one IHC, approximately 8 μm (Figures 7A,B, lower subpanels). At p17 there was no apparent gradient of ribbon SA along the M-P axis in either the native or translated views (Figure 7B, left subpanels), and there was no significant difference in SA between modiolar and pillar ribbons (Table 1, translated view; Supplementary Table 1, native view). At p34, a M-P gradient of ribbon SA was apparent in the translated view but not in the native view (Figure 7B, right subpanels; significant linear trend, Spearman’s rho = -0.48). Comparisons of SA between modiolar and pillar ribbons did not reach statistical significance even at p34 in the translated view, in which the median modiolar ribbon had nearly twice the SA of the median pillar ribbon (Table 1; 0.49 ± 0.29 vs. 0.28 ± 0.1 μm2). Modiolar ribbon volume was significantly larger than pillar ribbon volume only at p34 in the translated view (4.9 ± 2.6 vs. 2.4 ± 1.5 μm3), as pillar-side ribbons became significantly smaller from p17 to p34 (p = 1.3e–4) while modiolar-side ribbon volumes were unchanged (p = 0.55; Table 1 and Figure 7C).
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FIGURE 7. Ribbon morphology by modiolar-pillar position. (A) Synapse position along the basal – apical (or habenular – cuticular) axis of the IHC versus synapse position along the modiolar – pillar (M-P) axis of the organ of Corti (native view, upper) or of the superimposed IHCs (translated view, lower) for p17 (left) and p34 (right). Marker diameter is proportional to ribbon volume; marker color identifies the ribbon with one of 3 IHCs in the imaging region. In the translated view, a schematic of an IHC (light blue) and its afferents (light yellow) is overlaid to indicate the modiolar and pillar halves of the IHC. (B) Ribbon surface area versus M-P position in the native view (upper) or the translated view (lower) for p17 (left) and p34 (right). Gold and purple markers correspond to modiolar and pillar groups, respectively. Ribbon SA showed a significant M-P gradient in the translated view at p34 (p = 4.4E-03; rho = –0.48). (C) Ribbon volume versus M-P position in the translated view at p17 (left) and p34 (right). Ribbon volume showed a significant M-P gradient at p34 (p34: p = 6.4E-11; rho = –0.51). (D) Ribbon Long axis: Short axis ratios for modiolar (gold) or pillar (purple) ribbons in the translated view for p17 and p34. Within each box, horizontal line denotes the median; box extends the interquartile range; vertical line denotes the 10-90 percentile range. Significant difference in ratios over development (p = 5.3E-06) came mainly from significant changes on the modiolar side (p = 5.2E-05). (E) Ribbon long axis (filled circles) and short axis (open circles) versus M-P position in the translated view for p17 (left) and p34 (right). The ribbon long axis showed a significant M-P gradient at p34 (p = 1.1E-03; rho = –0.54). *p < 0.05, ***p < 0.001, ****p < 0.0001.


The ribbon long-axis was significantly longer in the modiolar group than the pillar group at p17 (p = 1.7e–2, effect size = 0.7), and more so at p34 with larger effect size (p = 1.0e–3, effect size = 1.39) due to lengthening of the long-axis specifically on the modiolar side from p17 to p34 (372 ± 52 vs. 541 ± 179 nm; Table 1, Figures 7D,E), with synapses in the translated view. In the native view, this comparison was significant only at p34 (Supplementary Table 1 and Supplementary Figures 1A,B). The range of long axes increased 3-fold as the upper end was extended from p17 (263 – 480 nm) to p34 (271 – 813 nm). Ribbon short-axis was significantly longer in the modiolar group than the pillar group only at p34 in the translated view (p = 1.2e–2, effect size = 0.96) after significant shortening of the short-axis on the pillar side from p17 to p34 (183 ± 20 vs. 150 ± 28 nm, p = 2.3e–4, effect size = 1.38).

To determine if there were gradients in synapse size along the dimension from the basal pole of the IHC (near the habenula perforata) to the apical pole of the IHC (near the cuticular surface of the organ of Corti), we plotted the data as a function of habenular-cuticular position. There was no apparent spatial gradient of ribbon axes at p17 in either the native or translated view (Supplementary Figures 2A,C). However, an increasing habenular-cuticular gradient did emerge at p34 in the translated view for ribbon long axes (Supplementary Figure 2C), although it was not a significant correlation nor was there a significant difference between habenular and cuticular groups (p = 0.65). In conclusion, ribbon long axes increase over development, predominantly on the modiolar side, while ribbon short axes became shorter on the pillar side. Orthogonal to the M-P axis, the ribbons with the longest long-axes were located in the cuticular half of the distribution of synapses, toward the apical part of the IHC, placing the longest ribbons in the modiolar/cuticular quadrant.



Spatial Gradient of PSD Morphology Diminishes With Cochlear Maturation

In Figure 8, we treated PSDs the way we treated ribbons in Figure 7. As seen in Figure 4 and Table 1, the SA of the PSD and the PD are significantly reduced from p17 to p34. In the native view, this reduction was significant on the pillar side only (Supplementary Table 1). In the translated view, this developmental reduction in SA was predominantly on the modiolar side (Table 1) for the PD (0.87 ± 0.36 vs. 0.34 ± 0.28 μm2) and the PSD (0.66 ± 0.35 vs. 0.34 ± 0.29 μm2). At p17, a significant spatial gradient in PSD SA in the native view (increasing modiolar to pillar, Spearman’s rho = 0.28) was reversed in the translated view (decreasing modiolar to pillar, Spearman’s rho = −0.36, Figure 8B, left subpanels), but modiolar-side PSDs were not significantly different from pillar-side PSDs in either view. Differences were slightly larger for PDs than PSDs, reaching marginal significance only at p17, and in opposite directions in the native and translated views like the PSDs (Table 1 and Supplementary Table 1; p = 0.045 and 0.04, respectively).
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FIGURE 8. Post-synaptic density (PSD) morphology by modiolar-pillar position. (A) Synapse position along the basal – apical (or habenular – cuticular) axis of the IHC versus synapse position along the modiolar – pillar (M-P) axis of the organ of Corti (native view, upper) or of the superimposed IHCs (translated view, lower) for p17 (upper) and p34 (lower). Marker diameter is proportional to PSD surface area; marker color identifies the PSD with one of 3 IHCs in the imaging region. In the translated view, a schematic of an IHC (light blue) and its afferents (light yellow) is overlaid. (B) PSD surface area versus M-P position in the native view (upper) or the translated view (lower) for p17 (left) and p34 (right). Gold and purple markers correspond to modiolar and pillar groups, respectively. Significant gradients were observed at p17 in native (p = 7.6E-02; rho = 0.28) and translated views (p = 1.9E-02; rho = –0.36). (C) PSD (left) and PD (right) Long axis: Short axis ratios for modiolar (gold) or pillar (purple) ribbons in the translated view for p17 and p34. Significant difference in the PSD Long: Short axis ratio over development (p = 8.8E-09) came from changes on the modiolar side (p = 6.6E-09). Significant difference in the PD Long: Short axis ratio over development (p = 7.0E-07) came from changes on the modiolar side (p = 3.8E-09). (D) PSD long axis (filled circles) and short axis (open circles) versus M-P position in the translated view for p17 (left) and p34 (right). *p < 0.05, ***p < 0.001, ****p < 0.0001.


At p34, modiolar side PDs and PSDs had very similar SA, on average, as pillar side PDs and PSDs, in either view (Figure 8B, right subpanels; overall range 0.16 – 1.4 μm2). For the 8 groupings (PD or PSD, modiolar or pillar, native or translated) the medians ranged 0.30 – 0.34 μm2, p = 0.53 – 0.86. The overall reduction in SA of PDs and PSDs from p17 to p34 was associated with a significant shortening of the short-axes of the membrane densities, not the long axes (Figures 4B,C; Table 1). This reduction in PD and PSD short axes occurred on the pillar side in the native view (Supplementary Figure 1C) and on the modiolar side in the translated view (Figures 8C,D). However, the modiolar vs. pillar difference in short axes at p17 was significant only in the translated view for the PD (0.84 ± 0.24 vs. 0.55 ± 0.28 μm, p = 2e–3) and the PSD (0.77 ± 0.26 vs. 0.54 ± 0.26 μm, 3.8e–3). Unlike presynaptic ribbons in which the variance of long: short axis ratios increased with lengthening of the long axis on the modiolar side from p17 to p34 (Figures 7D,E), the variance of long: short axis ratios of PDs and PSDs decreased from p17 to p34 with shortening of the short axis on the modiolar side (Figures 8C,D). Along the habenular-cuticular dimension, there was no apparent spatial gradient of axis length at p17 or p34 in either the native or translated view (Supplementary Figure 2B,D). In conclusion, pre- and post-synaptic membrane densities grow narrower over the course of development, predominantly on the modiolar side of the IHC as seen in the translated view (Figure 8D and Table 1).



Spatial Dependence of Pre- and Post-Synaptic Relationship

Next, we examined the relationships between ribbons, PDs, and PSDs at paired synapses with respect to modiolar and pillar groups. From herein, we refer to the translated view only, unless otherwise noted. PD and PSD surface areas tended to be very similar at individual synapses (Figure 9A, left; Spearman’s rho = 0.90 at p17, and 0.94 at p34 with the removal of one outlier). The slopes of the linear fits were: p17 modiolar, 0.89; p17 pillar, 0.69; p34 modiolar, 0.97; and p34 pillar, 1.1. As the SA of PDs and PSDs became smaller with maturation, the long: short axis ratios became larger. These changes were largest for the modiolar synapses between p17 and p34 because the modiolar group at p17 had smaller long: short ratios than the pillar group (Figure 9B), suggesting the pillar-side synapses had a more mature morphology at p17 than the modiolar-side synapses. Although the relationships between SA of PDs and PSDs were well-described by linear trends, the SA of the ribbon was not a good predictor of PSD SA (Figure 9A, right).
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FIGURE 9. Maturation of pre- and post-synaptic morphological relationships by modiolar-pillar position. (A) PSD SA vs. PD SA (left) or Ribbon SA (right). The correlations between PSD SA and PD SA were significant at p17 (p = 3.7E-03; rho = 0.9) and p34 (p = 3.3E-03; rho = 0.94). In all panels: open circles are p17, filled circles are p34; gold circles are modiolar, purple circles are pillar. (B) PSD L:S axis ratio vs. PD L:S axis ratio (left) or Ribbon L:S axis ratio (right). (C) PSD SA (left) or PD SA (right) vs. Ribbon volume. (D) PSD short axis (left) or PD short axis (right) vs. Ribbon long axis.


We plotted the long: short PSD axis ratios vs. the long: short ribbon axis ratios and did not see any clear relationship between ribbon shape and PSD shape for modiolar or pillar synapses at p17 (Figure 9B, right). For example, while the pillar-side PSDs had more mature-like morphologies than the modiolar-side PSDs at p17 (i.e., larger L:S ratios), the pillar-side ribbons did not (Figure 9B, right), suggesting that PDs may take maturational cues from the PSD (or vice versa) rather than the ribbon. Similarly, there was no clear systematic variation in morphology of the PSD or the PD with ribbon volume (Figure 9C). The variation within or across the four groups of PDs or PSDs was not well described by linear functions of ribbon size. To ask if there was coordination between ribbon elongation and narrowing of the membrane densities over postnatal maturation, seen particularly on the modiolar side, we explored the relationship between PSD short axis and ribbon long axis (Figure 9D). Although the largest ribbons tended to be on the modiolar side of p34 IHCs, those ribbons were not paired with particularly large PDs or PSDs (Figure 9D). In conclusion, the apparent coordination of morphology between pre- and post-synaptic membrane densities did not appear to extend to the ribbon, suggesting separate IHC and neuronal cues for maturation of synaptic heterogeneity over late postnatal development.



Pillar-Side Maturation in Spatial Coupling Between the Ribbon and PSD

When viewing ribbon synapse ultrastructure, we observed a variety of membrane curvatures at the PD/PSD apposition near the ribbon. The membrane curvature is often concave around the ribbon, then becoming more convex with further distance from the ribbon. However, the shape of the curvature of the synaptic cleft was complex, ranging from extremely convex or concave to relatively flat at the same synapse, depending on the section and the orientation, making them difficult to classify (Figures 10A–D). We therefore created 4 virtual synapses to span the range of shapes observed within and across synapses: the hemi-sphere, the disk, the ring, and the donut (Figures 10E,F). In each of the 4 models, the ribbon was a sphere with diameter of 300 nm. The edge of the ribbon was positioned 84 nm (12 voxels) away from the center of the PSD. The PSDs were constrained to have the same diameter (diameter of 3D projection on the 2D plane = 1400 nm). The hemi-sphere model has extreme concave curvature, in which the ribbon sits inside the “bowl” shape of the PSD. The disk model is flat, having no curvature. The ring is the disk with a hole in the center of 250 nm diameter. The donut includes the 250 nm diameter hole in the center, then has a concave curvature near the ribbon, becoming convex with further distance. Below, we will compare the shapes of these models with the shapes of ribbon synapses.
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FIGURE 10. Comparing synapse morphology with models of synapse geometry. (A–D) Left: Observations of diversity in PSD shape in the raw data. Each row is one synapse shown from different perspectives. Right: Reconstructions in side views and top views. (E–F) Geometric models used for comparison with PSD shape, shown from the side (E) and top views (F). Yellow lines show measurements of shortest distance from points on the PSD to the ribbon. Scale bars are approximately 1 μm.


We developed a novel, objective measurement of synapse shape and size. For the ribbon-facing surface of each segmented PSD, we measured the shortest distance from each vertex of the segmented model to the surface of the synaptic ribbon (Figure 10E). From the list of distance measurements for each synapse, we generated a histogram. Displayed as normalized cumulative histograms or probability density functions (Cum. PDF) for each synapse, each curve shows the distances measured from the PSD to the surface of the ribbon on the X-axis (Figure 11A: p17 modiolar (upper), p17 pillar (lower); Figure 11B: p34 modiolar (upper), p34 pillar (lower). For group comparisons, we extracted the median distance for each synapse and the 15th percentile distance for each synapse (Figure 11C). From p17 to p34, the range of median distances per synapse was significantly reduced from 103 – 723 nm to 42 – 466 nm (Table 1, median of medians reduced from 259 to 191 nm, p = 2.8e–3). In both the native and translated views, this developmental reduction in median distance was significant only on the pillar side (p = 1.1e–2, native; p = 2.6e–3, translated, Figure 11C). However, there was no significant modiolar-pillar difference at either age in either view (Figure 11C, Table 1 and Supplementary Table 1). Unlike the medians, the 15th percentile distances were not significantly changed overall from p17 to p34, however, like the medians, there was a developmental reduction specifically on the pillar side (Figure 11C, lower). Therefore, like the reduction in PSD SA and short axes, the distances between PSDs and ribbons is reduced from p17 to p34. However, unlike the reduction in PSD SA and short axes on the modiolar side in the translated view, the maturational reduction in PSD-ribbon distance was found on the pillar side, suggesting that these measurements captured a different aspect of morphological maturation. For each of the four groups (p17 M, p17 P, p34 M, p34 P) we calculated the mean Cum. PDF for the native view (Figure 11D) and translated view (Figure 11E) displayed on a log-log scale (upper) or linear-linear scale (lower). Developmental effects (p17 vs. p34) were larger than spatial effects (M vs. P), and the largest developmental effect was on the pillar side, as is most clearly seen for the longest distances on the linear scale in the translated view (Figure 11E, lower).
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FIGURE 11. Post-synaptic density (PSD) shape measurements and comparison with geometric models. (A,B) Proximity of the ribbon and the synaptic cleft was quantified with shortest-distance measurements from points on the PSD to the synaptic ribbon, expressed as cumulative probability density functions (Cum. PDF). Synapses were grouped as modiolar (top) or pillar (bottom), according to the translated view, for p17 (A) and p34 (B). The red lines in panels (A,B) denote synapses assigned as pillar in the native view; the blue lines denote synapses assigned as modiolar in the native view. (C) Box plots of the median distance (top) and 15% percentile distance (bottom) from PSD to Ribbon at p17 and p34. Gold is modiolar; purple is pillar. Significant shortening of median distances between p17 and p34 (p = 2.8E-03) came mainly from the pillar side (2.6E-03) which was also significant for the 15th percentile distance (4.7E-02). (D,E) Average cumulative probability density functions of each group in the native (D) and translated (E) views. Top graphs are on a log scale and bottom graphs are on a linear scale. (F) Cumulative probability density functions of the four model synapses from Figure 10 (solid lines). Dashed lines are data from synapses depicted in Figure 10: Black dashed line is 10A; Green dashed line is 10B; Blue dashed line is 10C; Red dashed line is 10D. *p < 0.05, ***p < 0.001.


To model synapse shape with this approach, we made these PDF measurements also on the four virtual synapses created from geometric shapes in Figures 10E,F. These PDFs are displayed alongside the group means on both the log scale and the linear scale (Figure 11F, solid lines). Overlaid in dashed lines are PDFs from four synapses resembling each of the four models represented by different colors. The PDF of the hemi-sphere has distances constrained to a very narrow range, but not identical distances as would be the case if the ribbon and the hemi-sphere had identical centers (Figure 11F, black line). The PDFs of the disk and the ring are very similar, particularly on a linear scale (Figure 11F, green and blue lines). On a log scale, they are seen to diverge at the low end because the ring is missing the shortest distances that are present on the disk (Figure 11F, upper). The PDF of the donut begins near that of the ring, due to the hole, but then rises more slowly like the hemi-sphere due to membrane curvature allowing for more short distances. The shapes of the PDFs for the real synapses appeared to most closely resemble the models that included curvature – the hemi-sphere and the donut. The PDFs of the flat models (disk and ring) had a feature not seen in the data – an ever-increasing slope – most clearly visible when displayed on the linear scale (Figure 11F, lower). Upon inspection of the pillar-side PDFs at p17 and p34 (Figures 11A,B, lower) the most obvious difference is a reduction in synapses with shapes that most closely resemble the disk and the ring models on the log scale (Figure 11F, upper, blue and green lines). This may reflect emergence of membrane curvature and/or a shift toward more compact synapses as they mature on the pillar side, possibly toward tighter spatial coupling.



Modiolar/Pillar Difference in Ribbon-Associated Vesicles Emerges With Ribbon Gradient as Membrane-Associated Vesicles Are Reduced

The numbers of synaptic vesicles within 80 nm of the surface of the ribbon (i.e., the number of ribbon-associated vesicles) did not change significantly from p17 to p34, either overall or on the modiolar or pillar sides in either view (Table 1 and Supplementary Table 1, Supplementary Figures 3A,B). Neither was there a significant habenular-cuticular gradient (Supplementary Figure 3C,D). However, in the translated view at p34 only, we found significantly more ribbon-associated vesicles at synapses on the modiolar side than the pillar side (Figure 12A, 171 ± 59 vs. 102 ± 34 vesicles per ribbon; p = 1.4e–3; Table 1), and a significant modiolar-pillar gradient (Supplementary Figure 3B, right side, Spearman’s rho = −0.55, p = 1.3e–3). We found no such differences or spatial gradients along the habenular-cuticular axis (Supplementary Figure 3C,D). There was a strong positive correlation between ribbon-associated vesicles and ribbon SA at p17 (Spearman’s rho = 0.56) and p34 (Spearman’s rho = 0.50; Figure 12B). When splitting synapses between modiolar and pillar, only the modiolar side correlations were significant (Figure 12B, Spearman’s rho = 0.36 at p17 and 0.8 at p34). As a function of PSD or PD SA, no significant correlation was found with ribbon-associated vesicles (Figure 12C).
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FIGURE 12. Vesicle content vs. synapse size by M-P position at p17 and p34. (A) Box plots of ribbon associated vesicles. (B,C) p17 (left) and p34 (right) ribbon-associated synaptic vesicles per synapse vs. Ribbon SA (B) or PSD SA (C) for modiolar (gold) or pillar synapses (purple). The correlations between #Vesicles/synapse and Ribbon SA were significant (p17 Pillar, p = 3.0E-04; Modiolar, p = 3.1E-02; p34 Pillar, p = 1.7E-09; Modiolar, p = 3.4E-04). (D) Box plots of membrane-associated vesicles. (E,F) p17 (left) and p34 (right) membrane-associated synaptic vesicles per synapse vs. ribbon SA (E) and PD SA (F). (G,H) Reconstructions of synapses in the top (G) and side views (H). Ribbon is red; PD is green; PSD is blue; Ribbon-associated vesicles are yellow; Membrane-associated vesicles are magenta. Scale bars are approximately 1 μm. **p < 0.01, ****p < 0.0001.


The numbers of synaptic vesicles within 20 nm of the PD were counted as the membrane-associated pool, which was reduced significantly from p17 to p34 (Figure 12D, p = 2.1e–6) with changes occurring predominantly on the pillar side in the native view and on both the modiolar and pillar side in the translated view (Table 1 and Supplementary Table 1). The range of membrane-associated vesicles was larger at p17 (21 – 128 vesicles/synapse) than p34 (17 – 54 vesicles/synapse). No M-P or H-C gradients or group difference was detected, except for p17 in the native view, where the pillar side synapses had more vesicles than those on the modiolar side (Supplementary Figure 4A). There was a positive slope in the relationship between membrane-associated vesicles and ribbon SA on the pillar side and a negative slope on the modiolar side at p17 (Figure 12E), but these correlations were not significant. There was a slight positive slope in the relationship between membrane-associated vesicles and ribbon SA at p34, and with PD SA at p17 and p34, but none were significant with or without a few double-ribbon outliers removed (Figures 12E,F).

In conclusion, the large developmental reduction in the pool of membrane-associated vesicles was not seen in the ribbon-associated pool. The significant positive correlation between ribbon SA and ribbon-associated vesicles was not seen between ribbon SA and membrane-associated vesicles, nor between PD or PSD SA and ribbon-associated vesicles. Neither was there a significant correlation between PD or PSD SA and membrane-associated vesicles, although it was slightly positive as expected if the packing density of docked vesicles is similar at PDs of different sizes.



DISCUSSION

These observations of late postnatal development characterize the properties of mature synapses by comparing samples from the ears of mice at two ages: p17, just after hearing onset, and p34, when the cochlea is fully developed. Studies underway will compare synaptic anatomy with afferent and efferent fiber morphologies from the same data set. Subsequent studies should address morphological synaptic plasticity with manipulation of auditory inputs, as well as relate synaptic and afferent fiber morphologies to the physiological response properties of ANFs, as has been done in the cat (Merchan-Perez and Liberman, 1996).

Cochlear ribbon synapses are glutamatergic, like most excitatory chemical synapses in the brain. Synaptic membrane densities in the cochlea are much larger than those in the brain. In the rat visual cortex, glutamatergic synapses are approximately 300 nm in diameter with a surface area of ∼0.1 μm2, on average (Aoki et al., 2001). In the rat somatosensory cortex, they are approximately 0.05 – 0.07 μm2 (Santuy et al., 2018). For cochlear ribbon synapses, PSD surface area from 2D measurements in the cat ranged 0.2 – 0.5 μm2 (Liberman, 1980; Merchan-Perez and Liberman, 1996), and in the mouse PSD length ranged up to ∼1500 nm (Michanski et al., 2019). Consistent with this, in the mouse cochlea we found median PSD surface areas of 0.58 μm2 at p17 and 0.31 μm2 at p34, without any correction for tissue shrinkage. Large synaptic membrane densities may be important for supporting high rates and/or amplitudes of synaptic transmission. Although afferent PSDs of the cochlea are generally large, we observed a considerable 10-fold range from 0.13 to 1.36 μm2. Assuming a constant packing density of 900 AMPA-type glutamate receptors per μm2 (Momiyama et al., 2003), these cochlear synapses would contain between 117 and 1224 receptors per afferent terminal, whereas a typical central synapse of 0.1 μm2 would have only ∼90 receptors.


Coordinated Maturation of Pre- and Post-Synaptic Membrane Densities After Hearing Onset

Here, we focused on comparisons of pre- and post-synaptic morphologies during cochlear maturation after hearing onset, by reconstruction of all afferent synapses in the acquired FIB-SEM volume, with attention to synapse position on the IHC. We observed large differences in cochlear synapse morphology between p17 and p34 including reduction in PD and PSD size, and a change in the distribution of ribbon sizes from unimodal to bimodal (Table 1 and Figure 4). The size and shape of the PD was very similar to that of the PSD at individual paired synapses, despite the large range of sizes at both ages, suggesting that paired PDs and PSDs changed in a coordinated fashion as they became smaller and less rounded, overall. This trans-synaptic coordination of membrane density morphology does not appear to extend to the ribbon. We did not see a correlation of ribbon morphology with pre- or post-synaptic morphology (Figures 4G–J, 9C,D). This suggests that different signals may influence developmental changes in synapse morphology between the local environment of the afferent terminal in the tissue and the cytoplasmic environment of the IHC ribbon.

Cochlear synaptic maturation in mice continues beyond the 2nd postnatal week while synapse number remains unchanged. Studies of early postnatal development through the onset of hearing function in the second and third postnatal weeks have assessed ultrastructural changes at the synapse with EM and assessed molecular anatomical changes using fluorescence with antibodies to presynaptic voltage-gated Ca2+ channels (CaV1.3) and postsynaptic AMPARs (Meyer et al., 2009; Frank et al., 2010; Wong et al., 2014; Neef et al., 2018). These studies demonstrated that CaV1.3 channels are located throughout the basolateral membrane of the IHC in the first postnatal week. Around the end of the second postnatal week, these channels become confined to stripe-like arrays at active zones where ribbons are located. At the same time, ribbons become fewer in number and larger in size, and AMPARs consolidate to form smaller, denser plaques that often form a ring-like structure with a void in the center. In the present study, we observed consolidation of the PSD from p17 to p34 with shortening of the short axis. The long axis of the PSD remained relatively constant from p17 to p34, and the length of the long axis on average (∼ 1.1 μm) was very similar to the length of the AMPAR cluster measured with STED microscopy. On the presynaptic side, the PD short axis shortened from ∼ 0.66 to 0.36 μm, on average, from p17 to p34. In comparison, CaV1.3 immuno-labeled clusters have long and short axes of approximately 0.25 and 0.075 μm, on average, at p15-p18. We conclude that consolidation of membrane densities, as seen in other studies during early postnatal development, continued throughout late postnatal development after the onset of hearing function. Taken together, these studies suggest that CaV1.3 channels occupy a more restricted region in the PD relative to the occupancy of AMPARs in the PSD.



Synapse Position on the IHC, and IHC Position in the Organ of Corti

Traditionally, in electron microscopy the modiolar-side (M) and pillar-side (P) synapses have been identified, one IHC at a time, based on which hemisphere the synapse resides. More recently with confocal microscopy of cochlear whole-mounts, this is done by rotating the image volume 90 degrees for projection onto the ZY plane, to view a row of ∼10 IHCs superimposed on each other in a row, and then applying a user-defined line on the ZY plane to best capture the differences in ribbon size between two groups of synapses: one positioned on the modiolar and/or basal side of the line; and the other positioned on the pillar and/or apical side of the line (Liberman et al., 2011, see their Figure 4b; Liberman and Liberman, 2015). This method includes any spatial differences due to relative position of adjacent IHC basolateral membranes along the M-P axis in the tissue, which can obscure cell-centric M-P trends. Modiolar and pillar position has also been assigned by superimposing synapses from each IHC individually onto a common central axis (as if the IHC were a cylinder) for group analysis, using the IHC central axis on the ZY plane to define an orthogonal plane (XY) dividing modiolar-side from pillar-side synapses along the M-P (Z) axis (e.g., Ohn et al., 2016). The latter method seeks to disambiguate IHC position in tissue from synapse position on the IHC.

In this study, we determined modiolar-side and pillar-side synapses using both methods, referring to them as the native view and the translated view. Synapses can change modiolar or pillar groups depending on the view because synapses on the modiolar face of one IHC can occupy the same M-P position in the tissue as synapses on the pillar face of an adjacent IHC (Figure 6). For p17: 4 synapses (6 ribbons) assigned M in the native view became P in the translated view; and 12 synapses assigned P in the native view became M in the translated view. For p34: 6 synapses assigned M in the native view became P in the translated view; 7 synapses (8 ribbons) assigned P in the native view became M in the translated view.

We found a significant M-P gradient in ribbon size only at p34 in the translated view (Figure 7), demonstrating that cell-centric M-P differences can be obfuscated by relative positions of the cells in the tissue. With a larger sample size, it is likely we would have detected significant M-P gradients in the native view, as well. This M-P gradient in ribbon size is consistent with trends observed in EM of the adult cat (Liberman, 1980; Kantardzhieva et al., 2013) and in the developing postnatal mouse from p9 to p34, although M vs. P comparisons in previous studies are often not significantly different (Michanski et al., 2019), perhaps due to obfuscation by cell position in the tissue. Specifically, Kantardzhieva et al. (2013) reported average ribbon volumes of 3.1 vs. 3.3 nm3 × 106 for the two groups of synapses deemed hi- or low-spontaneous-rate, for a difference of only ∼4% in adult cat. Michanski et al. (2019) reported average ribbon volumes of ∼8 vs. ∼6.5 nm3 × 106 in modiolar vs. pillar groups, for a difference of ∼18% in the p34 mouse. Here, we found much larger differences, as much as 100%: average ribbon volumes were 4.9 and 2.4 nm3 × 106 in modiolar and pillar groups, respectively, in the p34 mouse after translating synapse position. Before translation, differences were smaller: 3.9 vs. 3.0 nm3 × 106.

Confocal analysis in mouse has used immunohisto- fluorescence to demonstrate spatial gradients of ribbon size (using anti-CtBP2) and post-synaptic density size (using anti-GluA2). Such gradients in the sizes of synaptic puncta may depend on when during development, where in the cochlea, and what strain of mouse one is observing. For example, ribbon volumes were greater on the pillar side at p14, then greater on the modiolar side at p28 in most cochlear regions, while postsynaptic volumes were greater on the pillar side at p14 and at p28 in most cochlear regions of CBA/CaJ mice (Liberman and Liberman, 2016). The size of M-P differences in ribbon volume and the existence of M-P differences in GluA2 volume seem to depend on the rodent species or mouse strain. For example, although CBA/CaJ mice have opposing gradients of CtBP2 and GluA2 volume, in comparison the C57BL/6 mice, FVB/NJ mice, and gerbils have concurrent gradients (Liberman et al., 2011; Zhang et al., 2018; Reijntjes et al., 2020).



Ribbon Long Axes Elongate on the Modiolar Side With Maturation After Hearing Onset

Our analysis utilizes the 7 nm isotropic voxels from FIB-SEM which allowed us to completely reconstruct the ribbon synapses without distortion and to obtain the longest and shortest axis of each ribbon from its 3D model (Figures 2–4). We determined that ribbon long axes grow over the course of development, becoming less rounded, predominately on the modiolar side of the IHCs (Figures 7, 9). Consistent with this, previous studies of serial EM on adult mid-cochlear mouse synapses found columnar ribbons on the modiolar side and ovular ribbons on the pillar side (Stamataki et al., 2006). In studies of ribbon size in the mouse from EM ultrathin sections, 2D measures of ribbon axes (the height and width) of mature ribbons ranged ∼50 – 400 nm (Michanski et al., 2019). Our observed ranges (p17: 263 – 478 nm; p34: 271 – 813 nm) are larger than those reported previously in the adult mouse and cat (Kantardzhieva et al., 2013), presumably because we used a 3D reconstruction to measure the longest axes, which should provide more realistic estimates from ribbon long-dimensions that are difficult to capture without serial reconstruction. Reported short axis measurement for ribbons at p17 were ∼120 nm, on average, using 2D measures (Meyer et al., 2009). Our average short axis measures (p17, 178 nm; p34, 159 nm) are larger than those reported previously, presumably because our short axis was constrained to intersect with the center of mass of the entire 3D object.

Previous work using schematic reconstruction of serial micrographs of the adult cat reported low SR fibers synapsing on the modiolar side and having greater ribbon long-axes than ribbons of medium or high SR fibers synapsing on the pillar side (Merchan-Perez and Liberman, 1996). Our finding of longer ribbon long axes on the modiolar-side suggests that modiolar-side synapses may correspond to low-SR fibers also in the mouse. However, the localization of low-SR and high-SR fibers around the circumference of the IHC in mouse still needs to be investigated. Interestingly, there may be important differences between mice and cats in this regard. Recently, studies of the physiology of ANF’s in mouse following noise exposure suggested that the population fraction of low-SR and high-SR fibers did not change after noise (Suthakar and Liberman, 2020; abstract #73 of the 2020 Midwinter meeting of the Association for Research in Otolaryngology). This would be different from observations in guinea pig, where noise exposure selectively reduced the population of low SR ANFs (Furman et al., 2013). In the gerbil, there are fewer low-SR fibers with age (Schmiedt et al., 1996). More work is needed to understand if mice and men follow this pattern of low-SR ANF vulnerability to noise and aging.



PD and PSD Short Axes Shorten on the Modiolar Side With Maturation After Hearing Onset

Interestingly, PD and PSD short axes narrow over development from p17 to p34 predominantly on the modiolar side, becoming more like pillar-side PDs and PSD’s, while long axes remain unchanged (Figure 8). This may suggest the pillar side PSDs began to narrow already before p17, consistent with the birth order of the ANFs beginning with those that differentiate into type-Ia, which tend to synapse on the pillar side and are hypothesized to correspond with the hi-spontaneous rate/low-threshold fibers (Shrestha et al., 2018). Curiously, our PSD-ribbon proximity measurements (Figures 10, 11) revealed significant changes with maturation predominantly on the pillar side, which may reflect shape changes not captured by measures of surface area or axis length. The maturational changes to the PD and PSD were larger than M-P differences at either age (Figures 8, 11). We observed a range of PSD shapes on both the modiolar and pillar sides, without any obvious segregation, suggesting that overall synapse shapes are heterogeneous regardless of position of ANF terminal innervation onto midcochlear IHCs of the mouse. More work is needed to characterize synapse shape and membrane curvature, and to understand its relationship to fiber properties.



Membrane-Associated Vesicle Pool Matures as a Modiolar/Pillar Difference in Ribbon-Associated Vesicles Emerges

The organization of synaptic vesicle pools around the ribbon and how vesicles are replenished during continuous stimulation of ribbon synapses is not well understood. There are three broad classes of synaptic vesicles: ribbon-associated vesicles that are tethered or near the ribbon, docked vesicles that are near the pre-synaptic density and can be released rapidly, and the recycling pool of vesicles that are ready to replenish the store of vesicles at the synapse (Chakrabarti and Wichmann, 2019). These morphological pools have physiological correlates measurable by membrane capacitance (for review, see Glowatzki et al., 2008). Most comparisons of morphological vesicle pools and their physiological correlates have focused on early postnatal development before and after the onset of hearing function around p14. Here we focused on later postnatal maturation of vesicle pools after the onset of hearing.

We found a significant maturational decrease in the number of membrane-associated vesicles from p17 to p34 (from 53 to 30 vesicles per synapse; Figure 12; Table 1) on both the modiolar and pillar sides. This reduction was similar in proportion to the decrease in PD surface area from p17 to p34 (0.75 to 0.33 μm2). There was no M-P difference in membrane-associated vesicles or surface area of the PD. Although there was significant heterogeneity in membrane-associated vesicle number per synapse at p17 and p34, we found no clear relationship between vesicle number and ribbon, PD, or PSD size within those groups. The physiological correlate of the maturational reduction in membrane associated vesicles is unknown. However, we note that in the rat cochlea, from p14 otoferlin expression increases to reach mature levels in the IHCs at p24 (Schug et al., 2006). The decrease in membrane-associated vesicles over development could be related to otoferlin’s role in calcium-mediated exocytosis. Perhaps more membrane-associated vesicles are present at p17 because otoferlin levels are lower. In general, if the molecular machinery is not yet fully in place to facilitate mature exocytosis or endocytosis, then vesicle turnover could be slower with vesicles spending longer times at the PD before exocytosis, and thus more are visible at p17 than p34.

We found no maturational decrease in the number of ribbon-associated vesicles (Figure 12). In contrast, in studies of moues IHCs from the apical cochlea, counting all the synaptic vesicles within 80 nm of the surface of the ribbon, the numbers of vesicles per synapse ranged ∼50 – 160 at p17 and ∼30 – 100 at p34, demonstrating a developmental decrease in the ribbon-associated pool (Michanski et al., 2019). We found somewhat larger numbers from IHCs of the mid-cochlea, where we found no developmental reduction in ribbon-associated vesicles. This difference may be related to the observation that mid-cochlear synapses have greater numbers of ribbon-associated vesicles compared to apical-cochlear synapses in p17 mice (Meyer et al., 2009). As the surface area of the ribbon increases, there is more space for ribbon-associated vesicles. As expected, we found a strong correlation between ribbon size and the ribbon-associated vesicle pool, as previously reported (Stamataki et al., 2006). Finally, at p34 we found greater numbers of ribbon-associate vesicles on the modiolar than the pillar side, consistent with the significant spatial difference in ribbon size. If, as in the cat, larger ribbons provide input to the low-spontaneous rate/high-threshold synapses, then we must understand how ribbons with more vesicles drive fibers at lower rates. One potential mechanism involves differences in voltage-dependence of Ca2+ current activation, whereby modiolar synapses activate only for larger stimuli (Ohn et al., 2016). Future work in mice should (1) determine the innervation pattern around the IHC circumference with respect to ANF spontaneous rate, (2) correlate ultrastructural properties of synapses and fibers, and (3) relate these observations to ANF subtype Ia, Ib, Ic molecular identity.
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Hearing depends on glutamatergic synaptic transmission mediated by α-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid receptors (AMPARs). AMPARs are tetramers, where inclusion of the GluA2 subunit reduces overall channel conductance and Ca2+ permeability. Cochlear afferent synapses between inner hair cells (IHCs) and auditory nerve fibers (ANFs) contain the AMPAR subunits GluA2, 3, and 4. However, the tetrameric complement of cochlear AMPAR subunits is not known. It was recently shown in mice that chronic intracochlear delivery of IEM-1460, an antagonist selective for GluA2-lacking AMPARs [also known as Ca2+-permeable AMPARs (CP-AMPARs)], before, during, and after acoustic overexposure prevented both the trauma to ANF synapses and the ensuing reduction of cochlear nerve activity in response to sound. Surprisingly, baseline measurements of cochlear function before exposure were unaffected by chronic intracochlear delivery of IEM-1460. This suggested that cochlear afferent synapses contain GluA2-lacking CP-AMPARs alongside GluA2-containing Ca2+-impermeable AMPA receptors (CI-AMPARs), and that the former can be antagonized for protection while the latter remain conductive. Here, we investigated hearing function in the guinea pig during acute local or systemic delivery of CP-AMPAR antagonists. Acute intracochlear delivery of IEM-1460 or systemic delivery of IEM-1460 or IEM-1925 reduced the amplitude of the ANF compound action potential (CAP) significantly, for all tone levels and frequencies, by > 50% without affecting CAP thresholds or distortion product otoacoustic emissions (DPOAE). Following systemic dosing, IEM-1460 levels in cochlear perilymph were ~ 30% of blood levels, on average, consistent with pharmacokinetic properties predicting permeation of the compounds into the brain and ear. Both compounds were metabolically stable with half-lives >5 h in vitro, and elimination half-lives in vivo of 118 min (IEM-1460) and 68 min (IEM-1925). Heart rate monitoring and off-target binding assays suggest an enhanced safety profile for IEM-1925 over IEM-1460. Compound potency on CAP reduction (IC50 ~ 73 μM IEM-1460) was consistent with a mixture of GluA2-lacking and GluA2-containing AMPARs. These data strongly imply that cochlear afferent synapses of the guinea pig contain GluA2-lacking CP-AMPARs. We propose these CP-AMPARs may be acutely antagonized with systemic dosing, to protect from glutamate excitotoxicity, while transmission at GluA2-containing AMPARs persists to mediate hearing during the protection.

Keywords: Ca2+-permeable AMPA receptor, auditory nerve fiber, cochlear synapse, intracochlear drug, blood labyrinth barrier, hearing protection, non-competitive open-channel block, IEM-1460 and IEM-1925


INTRODUCTION

To send information about sound to the brain, cochlear inner hair cells (IHCs) excite the auditory nerve by exocytosis of glutamate onto AMPA-type receptors at afferent ribbon synapses (Ruel et al., 1999; Glowatzki and Fuchs, 2002; Figure 1A). Each auditory nerve fiber (ANF, or spiral ganglion neuron) is driven by a single, large afferent synapse where the post-synaptic density (PSD) measured with electron microscopy is ~ 850 nm in length, on average, and the two-dimensional surface area ranges 0.1–1.5 μm2 [cat: Liberman, 1980; Merchan-Perez and Liberman, 1996; mouse: Meyer et al., 2009; see also Payne et al. (2021) in this special issue]. Glutamatergic synapses in the brain are considerably smaller, where PSDs are ~ 300 nm in length, on average, and most have surface area <0.1 μm2 (Aoki et al., 2001; Qu et al., 2009; Santuy et al., 2018). Assuming a packing density of 900 AMPA receptors per μm2 (Momiyama et al., 2003), these cochlear synapses would contain up to ~1,350 receptors per afferent terminal, whereas a typical central PSD of 0.1 μm2 would have only ~ 90 receptors. The PSD of the ANF supports excitatory postsynaptic currents (EPSCs) hundreds of picoamps in amplitude in response to each presynaptic release event. Spikes are evoked at the nearby heminode, one EPSC at a time, at sustained rates of hundreds of spikes per second (Sachs and Abbas, 1974; Siegel, 1992; Rutherford et al., 2012). The spike-generating heminode of each ANF is separated from its afferent synapse by only ~20 μm of dendrite with a diameter <1 μm (Hossain et al., 2005; Kim and Rutherford, 2016; Figure 1B, see yellow and magenta asterisks positioned at the ribbon synapses and heminodes, respectively). Such tight spatial coupling between synapse and spike generator may be essential for precise encoding of acoustic information represented in the temporal pattern of synaptic transmission (Rutherford and Moser, 2016). At the same time, high activity rates such as those that occur during acoustic overexposure may render this unmyelinated small-volume segment of the ANF within the organ of Corti vulnerable to ionic imbalance (Figure 1C). Immediately after a 90-min exposure to 4–8 kHz octave band noise at 109 dB SPL, we observed some dendritic fragmentation between the ribbon synapses in the inner spiral plexus (ISP) and the heminodes at the habenula perforata (HP, vertical arrowheads), consistent with synapse loss and osmotic damage seen after synaptopathic noise exposure in confocal and electron microscopy that can be blocked with the glutamate receptor antagonist kynurenic acid (Robertson, 1983; Puel et al., 1998; Furman et al., 2013; Hickman et al., 2020).
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FIGURE 1. Glutamatergic ribbon synapses and afferent fibers are vulnerable to noise exposure. (A) Square tiles (~1 μm2) show 16 individual afferent ribbon synapses from the 2nd cochlear turn of a control cochlea. The presynaptic ribbon (red) is a cytoplasmic density anchored to the presynaptic membrane of the IHC. The main synaptic ribbon protein, Ribeye, is labeled with an antibody to CtBP2 which is the B-domain of Ribeye, and itself a nuclear transcription factor (Schmitz et al., 2000). The ribbon is juxtaposed to a large postsynaptic array of AMPARs (green). (B) The glutamatergic ribbon synapses in the ISP (red) are ~20 μm from the spike-generating heminodes at the HP (green). (C) Immediately after a 90-min exposure to 4–8 kHz octave band noise at 109 dB SPL. Heminodes (red) are positioned at the habenula perforata (HP), just before ANFs become myelinated as they enter the osseous spiral lamina (OSL) toward the ganglion. Some dendrites in the ISP appear to be severed from their heminodes at the HP (vertical arrowheads). Spike-generating heminodes and nodes on ANFs express voltage-gated Na+ channels (anti-Pan-NaV, red). In all panels, yellow and magenta asterisks indicate positions of ribbon synapses and heminodes, respectively.


Severe acoustic trauma can kill hair cells and permanently elevate hearing thresholds. Moderate exposures that only temporarily elevate hearing thresholds, with no immediate loss of hair cells, may nonetheless result in immediate damage to or loss of afferent synapses (Kujawa and Liberman, 2009; Lin et al., 2011). Noise-induced cochlear synaptopathy is defined as synapse loss or dysfunction as a result of acoustic trauma (Moser and Starr, 2016; Liberman, 2017), and is associated with reduction in the amplitude of wave-I of the auditory brainstem response (ABR) while otoacoustic emissions and auditory thresholds are unchanged. The auditory nerve compound action potential (CAP) is an analog of ABR wave-I, a metric of cochlear output in animals including human (Relkin et al., 1995; Murnane et al., 1998). Noise-induced cochlear synaptopathy triggers or accelerates primary neuronal degeneration that precedes hair cell loss and, in mice, is associated with an increased rate of subsequent age-related permanent threshold shift (Kujawa and Liberman, 2006; Stamataki et al., 2006). The pattern of ANF degeneration seen in the organ of Corti and osseous spiral lamina of animal models following synaptopathic noise exposure, and cell death in the spiral ganglion with hair cells intact, is seen also in human postmortem cochleae (Viana et al., 2015; Wu et al., 2019). This noise-induced cochlear synaptopathy is a form of excitotoxicity that appears to depend on synaptic release of glutamate from inner hair cells (IHCs), as demonstrated in the vesicular glutamate transporter type-3 (Vglut3) knockout mouse (Kim et al., 2019). In the guinea pig, synaptopathic noise exposure resulted in synaptic reorganization, impaired temporal processing, and selective reduction in the proportion of ANFs with the low-spontaneous rate/high-threshold phenotype thought to be important for the encoding of suprathreshold sounds in noisy environments (Furman et al., 2013; Shi et al., 2013; Hickman et al., 2020). Higher doses of noise can result in cochlear synaptopathy accompanied by immediate loss of outer hair cells and permanent threshold shifts (Fernandez et al., 2020). A better understanding of ANF excitability could enable development of therapies for synaptopathy by targeting excitotoxicity; however, the molecular mechanisms of glutamate excitotoxicity are unclear.

AMPARs are tetramers comprised of combinations of subunits GluA1−4 in the brain. Curiously, the mature cochlea appears to express only GluA2−4 (Niedzielski and Wenthold, 1995; Matsubara et al., 1996; Parks, 2000; Shrestha et al., 2018). In the adult brain, the overwhelming majority of AMPARs contain an RNA-edited form of the GluA2 subunit rendering the channel relatively impermeable to Ca2+, resulting in Ca2+-impermeable AMPARs (CI-AMPARs; Sommer et al., 1991; Higuchi et al., 1993). AMPARs lacking edited GluA2 are called Ca2+-permeable AMPARs (CP-AMPARs) because they have greater permeability to Ca2+ and larger overall ionic conductance, carried mainly by Na+ (Hollmann et al., 1991; Geiger et al., 1995). The expression of GluA2-lacking CP-AMPARs is downregulated in the developing brain (Pickard et al., 2000; Kumar et al., 2002; Henley and Wilkinson, 2016). However, they persist in some neurons of the auditory brainstem where they may be important for fast transmission of acoustic signals (Raman et al., 1994; Trussell, 1997; Wang et al., 1998; Gardner et al., 1999, 2001; Lawrence and Trussell, 2000; Sugden et al., 2002; Wang and Manis, 2005; Youssoufian et al., 2005; Lujan et al., 2019). Some studies have implicated CP-AMPARs in mechanisms of long-term potentiation, long-term depression, and homeostatic scaling; however, this remains controversial as several recent studies failed to find specific involvement of CP-AMPARs in these processes (for review, see Henley and Wilkinson, 2016). In any case, aberrant regulation of CP-AMPARs has been implicated in many disorders of the central and peripheral nervous system in which excessive activity results in oxidative stress and neurodegeneration (Cull-Candy et al., 2006; Kwak and Weiss, 2006; Liu and Zukin, 2007; Weiss, 2011).

The extent to which CP-AMPARs exist in the ear is not entirely clear. They may be downregulated over development in the rat cochlea (Eybalin et al., 2004), as in the brain. In rodents, cochlear afferent synapses are typically quantified with confocal microscopy by counting the juxtaposition of immunohistofluorescence of the presynaptic ribbon paired with postsynaptic GluA2 (Khimich et al., 2005; Meyer et al., 2009; Liberman et al., 2011; Figure 1). All cochlear afferent synapses appear to express GluA2, leading to the supposition that CP-AMPARs are not present in the cochlea, if cochlear GluA2 RNA is edited as in the brain. Although GluA2 may be present at every synapse, each cochlear afferent synapse is thought to contain hundreds to thousands of AMPARs. We hypothesize that a subset of the AMPARs at each synapse lack GluA2 in the tetramer. High-resolution confocal microscopy of cochlear afferent synapses has suggested GluA2-lacking nanodomains within the large PSDs on ANFs (Sebe et al., 2017; Hu et al., 2020). Moreover, chronic local delivery of an antagonist (IEM-1460), selective for CP-AMPARs at low μM concentrations, prevented noise-induced glutamate excitotoxicity in the mouse cochlea (Hu et al., 2020). This study suggested GluA2-lacking CP-AMPARs could be therapeutic targets at mature cochlear afferent synapses; however, the concentration of IEM-1460 in perilymph was not measured, thus the selectivity of the blockade was uncertain.

IEM-1460 and IEM-1925 are dicationic compounds that are non-competitive open-channel blockers selective for the pore of GluA2-lacking CP-AMPARs (Magazanik et al., 1997; Tikhonov et al., 2000). A non-competitive blocking mechanism should not interfere with glutamate binding to the ligand-binding domain of AMPA, NMDA, kainate, or metabotropic glutamate receptors, thus reducing the potential for off-target effects at other glutamate receptors. Open-channel blockers are use-dependent, requiring channel activation for access to the pore region of the transmembrane domain, thus the blocking effect develops exclusively in the presence of an agonist (Tikhonova et al., 2008; Twomey et al., 2018). Here, in guinea pig, with intracochlear perfusion of defined concentrations of the compound in artificial perilymph, we measured the immediate concentration-dependent effects of IEM-1460 on ANF activity. Further, with systemic dosing in vivo and with cell-based assays we assessed pharmacokinetics, metabolic stability, and toxicity of IEM-1460 and IEM-1925, both of which are known to be selective CP-AMPAR antagonists.



MATERIALS AND METHODS


Animals

This study utilized 21 NIH-strain, pigmented guinea pigs weighing from 400 to 650 g, in accordance with policies and protocols approved by the Institutional Animal Care and Use Committee at Washington University in St. Louis (20180133, 20190035). Animals were anesthetized with intraperitoneal (IP) injection of 100 mg/kg sodium thiobutabarbital (Inactin, Sigma, St. Louis, MO). Once anesthetized, the fur from the head and neck was shaved and a tracheal cannula was placed. The animal was maintained on 0.8–1.2% isoflurane in oxygen using a mechanical ventilator. The ventilator's tidal volume was adjusted to maintain a 5% end-tidal CO2 which was monitored with a CapnoTrue AMP (Bluepoint Medical, Zevenaar, The Netherlands). Body temperature was maintained at 38 degrees C with a DC-powered heating blanket-rectal thermometer (Model 50-7079; Harvard Apparatus). Heart rate and oxygen saturation were monitored with a pulse oximeter (Surgivet, Waukesha, WI). The auditory bulla was exposed ventrally for placement of recording electrodes. The jugular vein was cannulated to maintain hydration with 0.5 mL per hour of Lactated Ringer's solution. To prevent middle ear muscle contractions, vecuronium bromide (0.2 mg/kg) was administered immediately prior to data collection and every 1.5 h thereafter.



Immunostaining of Cochlear Synapses

Following cardiac perfusion of 4% PFA in 0.1 M phosphate buffer and cervical dislocation, the temporal bone was immediately harvested, and the cochlea was isolated. Each cochlea was post-fixed for 20 min at 4°C in a dish with 4% PFA, where a small fenestration was made in the round window, oval window, and the apex of each cochlea to gently flush with 1 mL of fixative. Each cochlea was then decalcified in 10% EDTA at room temperature for 6 h, exchanging EDTA every 2 h. The decalcified outer bone was removed to reveal the underlying cochlear spiral. Small pieces of cochlear turns were placed in buffer overnight at 4°C in Triton X-100 with donkey serum. The following primary antibodies were used: anti-C-terminal binding protein-2 to label presynaptic ribbons (CtBP2 mouse IgG1, 1:300, BD Biosciences #612044, RRID AB_399431); anti-AMPA receptor subunit-3 to label post-synaptic densities (GluA3 goat, 1:200, SCBT, RRID AB_2113895); anti-myosin VII-A to label inner hair cell cytoplasm (Myo7a rabbit, 1:400, Fisher Scientific #NC0165634, RRID AB_2553946); anti-vesicular glutamate transporter-3 (Vglut3 goat, 1:400, SCBT RRID AB_2187701); anti-adenosine triphosphate-dependent sodium/potassium exchanger-α3 to label neuronal membranes (NaKATPase mouse IgG1, Life Tech MA3-915, RRID AB_2274447); anti-pan voltage-gated sodium channel-α1 to label heminodes and nodes (NaV1 mouse IgG2a, AB Inc. 75-405, RRID AB_2314861). The primary antibodies were labeled with species-appropriate secondary antibodies conjugated to Alexa Fluor 488, 555, or 647 (1:200, Life Technologies Corp.). Digital images were obtained using a Zeiss LSM700 confocal microscope with 63× oil immersion objective, 1.4 N.A., with pixel size of 50–100 nm in X and Y, and Z step size of 0.3–0.5 μm.



Stimulus Generation and Recording for Experiments With Intracochlear Drug Delivery

The head was stabilized in a head-holder with a solid ear bar on the left side and hollow ear bar on the right side, a bite bar, and a snout clamp. Sound calibration, stimulus generation, and recording methods have been detailed previously (Lichtenhan et al., 2016a, 2017). Briefly, cochlear function measurements were made using MATLAB software (The MathWorks, Natick, MA) and the software utility Playrec. The stimulus was first generated in MATLAB, digitized at 96 kHz, presented to a 24-bit sound card (RME: Fireface802; Sweetwater, Fort Wayne, IN), and then routed to an acoustic probe system (ER-10X; Etymotic Research, Fort Wayne, IN). The ER-10X microphone was calibrated using a reference microphone (1/8” GRAS type 40P) and a custom-made coupling system was used for setting stimulus levels. Sound was presented through the hollow ear bar on the right side via the ER-10X microphone probe.

Cochlear output was recorded as a field potential between a Ag/AgCl ball electrode in the cochlear round window niche and a platinum needle electrode at the vertex of the cranium. Responses to 20 tone bursts (10 with reversed polarity) were averaged for each CAP measurement at a given frequency and level. The CAP audiogram was measured (1–22 kHz, 1/4 octave steps) at the beginning and end of the experiment to determine CAP threshold as a function of tone-burst frequency. Prior to and immediately after IEM-1460 perfusions via the apical cochlear fenestration (see below), CAPs were evoked by tone bursts at selected frequencies and levels. Measurements were repeated at 1- to 2-min intervals to monitor cochlear output and to ensure response stationarity for at least 25 min prior to drug delivery. Data with baseline changes >20% were excluded. The round window niche was monitored for accumulation of fluid.



Stimulus Generation and Recording for Experiments With Systemic Drug Delivery

As described for local delivery, cochlear output was measured similarly for systemic delivery of IEM-1460 and IEM-1925. Complete details have been previously published (Salt et al., 2013). Briefly, acoustic tone bursts were applied in a closed sound system. The plastic extension tube of the acoustic assembly (Etymotic Research, ER-10 C) was coupled to the end of the hollow ear bar with the tube tip positioned ~1.5 mm from the tympanic membrane. Stimulus generation and data collection were performed with Tucker Davis System 3 hardware controlled by a custom written program (Microsoft Visual Basic). Stimulus waveforms were routed through a programmable Tucker Davis PA5 attenuator and HB7 headphone amplifier. Stimuli were calibrated from 0.125 to 26 kHz in 1/4 octave steps. A CAP audiogram was obtained at the beginning and end of the experiment. Up to 60 min of baseline audiometric data were obtained prior to drug delivery. Data with baseline changes >20% were excluded. A 13-level tone probe series, at selected frequencies, was repeated at 2-min intervals. Distortion product otoacoustic emissions (DPOAEs) were measured using an ER10C probe system. The two primary tone frequencies were set at 6 kHz (f1) and 7.4 kHz (f2), for a f2/f1-ratio of 1.23, with levels of 65 dB SPL (L1) and 55 dB SPL (L2).



Electrophysiological Data Analysis and Statistics

At each probe frequency, CAP peak-to-peak amplitudes were measured from the first trough (N1) to the first peak (P1). Latencies were measured to the trough of N1. Cochlear output was compared before and after intraperitoneal drug delivery. The data were tested for normality using a Kolmogorov-Smirnov test. For CAP amplitude and latency, significance was assessed with the Mann-Whitney U-test. The Wilcoxon signed rank test was used to assess CAP threshold. Friedman test was used to compare concentrations of drug between perilymph and CSF. A p < 0.05 was considered statistically significant. A Bonferroni correction was used when performing multiple comparison testing. All statistical tests were performed with IBM SPSS Statistics Version 27 (SPSS Inc., Chicago, IL, United States).



Intracochlear Drug Delivery

The method of apical intracochlear drug delivery has previously been well-detailed (Lichtenhan et al., 2016a). IEM-1460 or kainic acid (KA) in artificial perilymph (in mM: 127.5 NaCl, 3.5 KCl, 25 NaHCO3, 1.3 CaCl2, 1.2 MgCl2, 0.75 NaH2PO4, and 11 glucose) was injected into scala tympani from a glass pipette that was sealed into the cochlear apex. We refer to this method, below, as the apical perfusion technique. To insert the injection pipette, the mucosa on the bone of the fourth cochlear turn was removed with a moist, cotton wrapped applicator. A thin layer of cyanoacrylate glue was then applied to the dried area (no. 101; Permabond) followed by a layer two-part silicone elastomer to make a hydrophobic cup-shaped dike (Kwik-Cast; World Precision Instruments). A fenestration was then made through the cup-shaped elastomer (~100–150 μm) with a 30° pick (Storz N170580, 1/3 mm 30° oval window pick, Bausch & Lomb Surgical, St. Louis, MO, USA). The size of the fenestration was just large enough to insert a glass pipette (~50 μm diameter tip) which was then sealed into the fenestration with the application of additional cyanoacrylate glue to form a seal and prevent the possible leakage of perilymph. Solutions in the injection pipette were programmatically driven by a 50 or 100 μL gastight syringe (1710TLL; Hamilton Syringe) mounted on a computer-controlled ultrapump (UMP3, World Precision Instruments, Sarasota, FL). Injection of drug solution at a rate of 500 nL/min for 15 min drives drug solution toward the cochlear aqueduct, filling scala tympani from the apex to the base, controlling drug concentration by minimizing physiological dilution. Here, the apical perfusion technique was applied for 15 min, with the scala tympani being fully loaded within 12 min. Response waveforms were recorded immediately prior to apical drug perfusion to establish a baseline, throughout perfusion which took 6 min, and then immediately after perfusion, from a round window electrode. Cochleae were prepared for fixation immediately following perfusion.



Intraperitoneal Drug Delivery

After at least 30 min of baseline data, 1 mL of Lactated Ringer's was injected into the peritoneal space of the guinea pig as a vehicle control. Then, 13.5 mg/kg IEM-1460 or 8 mg/kg IEM-1925 in Lactated Ringer's was injected into the peritoneal space of the guinea pig. The entire experiment took ~3 h to complete: 1 h for anesthetic induction and surgery, 30 min for sound calibration and CAP threshold measurements, and 2 h for drug delivery, DPOAE and CAP measurements. After collection of perilymph and CSF, the animal was euthanized via saturated KCl delivered directly into the jugular vein.



Collection of Blood, Perilymph, and CSF After IP Drug Injection

General surgical scissors were used to clip the toenail at a 45° angle to collect blood with a premarked glass capillary tube during the baseline period and after drug injection. The exact volume was determined by measurement of the fluid meniscus in a calibrated capillary tube. Sampling of perilymph from the cochlear apex was performed to measure drug concentrations once the CAP amplitude had decreased, suggesting that there had been drug penetration within the cochlea. Complete details used to perform apical fluid sampling are presented elsewhere and are only briefly provided here (Mynatt et al., 2006). Similar to the apical cochlear fenestration used to deliver drugs (described above), the mucosa on the cochlea was cleared from two apical turns using a small cotton swab, and the bone at the apex was allowed to dry. A droplet of thin cyanoacrylate adhesive was applied and cup formed over the apex with silicone adhesive. A small perforation (50–100 μm diameter) was then made in the bone over scala vestibuli at the apex using a 30° pick. Upon perforation, fluid immediately started emerging, driven by intralabyrinthine pressure from CSF, and formed a bead within the hydrophobic silicone cup. A calibrated 5 μL capillary micropipette (VWR #5342-706, S. Plainfield, NJ) was held by hand in contact with the fluid at the apex, so that fluid was drawn into the capillary in ~30 s. The exact volume was determined by measurement of the fluid meniscus. Perilymph from the opposite ear was sampled prior to euthanizing the animal, then ~2 μL of CSF was aspirated by inserting a micropipette through the dura mater into the cisterna magna. After the fluid meniscus from the capillary tube was measured, the capillary tube was then flushed with 25.0 μL 50:50 methanol-water solvent to ensure that all the sample was collected.



Liquid Chromatography and Mass Spectroscopy (LC/MS)

The concentration of IEM-1460 in perilymph, blood, and CSF was analyzed using LC-MS (Confluence Life Sciences, St. Louis, MO). LC-MS-grade acetonitrile, LC-grade methanol, formic acid, sodium hydroxide 0.1 M, perfluoroheptanoic acid, formic acid, and hydrochloric acid were purchased from Sigma-Aldrich (USA). Deionized water (R > 18 MΩ/cm, TOC <10 ppb) was used throughout all these experiments. IEM-1460 and IEM-1925 were purchased from Tocris Bioscience (Bristol, UK). A 10 mM stock solution was made for both IEM-1460 and IEM-1925 in 50% aqueous methanol. For calibration of the specific compound concentration in the tested matrix (i.e., plasma or CSF/perilymph), a set of standard solutions were prepared by diluting concentrated stock solutions with 50% aqueous methanol into guinea pig plasma matrix or artificial perilymph (in mM: 127.5 NaCl, 3.5 KCl, 25 NaHCO3, 1.3 CaCl2, 1.2 MgCl2, 0.75 NaH2PO4, and 11 glucose) to have a set of standards from 1 to 300 ng/mL. Figure 2 shows the calibration curves and chromatograms in both blood and CSF for compounds IEM-1460 and IEM-1925. Calibration standard samples using verapamil were prepared for each batch of samples ranging from 1 to 300 ng/mL and injected at both the beginning and end of the sample sequence. The methodology for LC-MS for blood has previously been described (Da Silva et al., 2016; Guiraud et al., 2017). Separation and analysis were performed on a LC instrument (Exion LC AD, AB SCIEX, USA) coupled to a Sciex QTRAP5500 with TurboV Ion Source (SCIEX, Concord, ON, Canada) equipped with a heated electrospray ionization (H-ESI) source. Chromatographic separation was obtained using a gradient elution on a reversed-phase Kinetex F5 (Phenomenex, Aschaffenburg, Germany) column (2.1 × 50 mm), packed with 1.7 μm diameter particles. The injection volume was 5 μL, and the total run time for this analysis was 6 min.
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FIGURE 2. LC/MS calibration curves for IEM-1925 and IEM-1460. (A) The LC/MS calibration curve showing the relative area of IEM-1925 to internal standard (verapamil) in blood is plotted against IEM-1925 concentration. Replicates for each concentration were obtained with duplicate injections. The 1 ng/mL standard in blood chromatogram with S/N ~ 3.1 is shown in the inset that eluted at 1.73 min. (B) Similarly, LC/MS calibration curve showing IEM-1925 in CSF matrix is plotted against the internal standard. The 1 ng/mL standard in CSF with S/N ~3.2 is shown in the inset eluting at 1.74 min. (C) IEM-1460 calibration curve in blood with inset showing 1 ng/mL IEM-1460 in blood with S/N ~3.8 eluting at 1.78 min. (D) IEM-1460 calibration curve in CSF with inset showing 1 ng/mL IEM-1460 in CSF with S/N ~ 4.2 eluting at 1.78 min.


Immediately after collection of the guinea pig samples of blood, CSF, and perilymph obtained following IP injection, the samples were diluted in 25 μL of 50:50 methanol-water solvent and were subsequently stored at −80°C. Prior to LC/MS analysis, perilymph, blood, and CSF samples were thawed and vortexed for 2 min. Approximately 25 μL of the diluted sample was transferred into a 0.5 mL microcentrifuge tube. The tube was then placed into a multitube vortexer for 15 min at 1,350 rpm at 4°C and then centrifuged at 14,800 rpm for 10 min. The supernatants were then pipetted and filtered through a 0.22 μm filter and placed into a 96-well plate for LC-MS analysis. To assess the matrix effects of the column, a sample containing the internal standard analyte added to the extracted matrix and another sample containing the internal standard analyte in the mobile phase solvent were used. The same concentration of the internal standard analyte was used in both samples. Matrix effect values were calculated by (%) = B/A * 100 (A = mean of external solution peak area, B = post-extraction sample peak area). The LC/MS procedure was validated using specificity and selectivity, linearity, trueness, precision, recovery, limit of detection (LOD), and limit of quantification (LOQ). The mass spectrum profile and retention time of pure standards were used to assess specificity and selectivity by comparing this value to unspiked CSF and plasma samples. LOD was assessed by ensuring that the samples were at least three times higher than the signal-to-noise ratio (SNR) and LOQ was assessed by ensuring that analytes were 10 times higher than the SNR. Calibration curves were constructed for each concentration level by calculating the chromatographic peak area ratio of the analyte in comparison to the internal standard area. Repeatability was assessed by spiking the plasma and perilymph standard solutions with low, medium, and high levels of IEM. Six replicates were performed for each standard solution by the same operator on three separate occasions.



In vitro Microsomal Stability Assay

The stability of IEM-1460 in the presence of guinea pig liver microsomes (BioIVT, PN: X008070) or IEM-1925 in the presence of human (BioIVT, PN: M00101), mouse, or guinea pig liver microsomes was evaluated (Paraza Pharma, Inc., Montreal, Quebec, Canada). Both IEM-1925 and IEM-1460 were incubated with microsomes at 37°C for a total of 45 min. Working solutions were prepared in 100 mM potassium phosphate buffer and the final reaction was performed at pH 7.4 in 100 mM potassium phosphate buffer containing 0.5 mg/mL liver microsomal protein. Phase I metabolism was assessed by adding NADPH to a final concentration of 1 mM and collecting samples at time points 0, 5, 15, 30, and 45 min. All collected samples were quenched 1:1 with ice-cold stop solution (1 μM labetalol and 1 μM glyburide in acetonitrile) and centrifuged to remove precipitated protein. Resulting supernatants were further diluted 5-fold with water. Samples were analyzed by LC-MS/MS using a Thermo Vanquish UPLC and a Thermo Quantis triple quadrupole mass spectrometer. Analytes were injected into a Phenyl column and chromatographed using a reverse phase gradient with 0.1% formic acid in water and 0.1% formic acid in 20/80 Isopropanol/Acetonitrile mobile phases. Reference compounds were also assessed to ensure accuracy and precision of experimental protocol: imipramine and verapamil for human liver microsomes, diphenhydramine and verapamil for mouse liver microsomes, and warfarin and verapamil for guinea pig liver microsomes. Calculations for half-life, in-vitro clearance, and percentage of hepatic blood flow were performed using Microsoft Excel. Half-life was determined from a plot of the natural logarithm of the peak area ratio (remaining compound peak area/internal standard peak area) against time.



Radioligand Binding Assays

Binding assays were conducted to evaluate the affinity of test compounds IEM-1460 and IEM-1925 (Eurofins Scientific, Inc.) for 15 targets: the human alpha-1 adrenergic (A1) receptor, histaminergic (H)-2 and−3 receptors, and muscarinic acetylcholine receptors-1 to−5 in transfected CHO cells by radioligand binding. The neuronal α4β2 and neuronal α7 cholinergic acetylcholine receptors were tested in transfected SH-SY5Y cells. The histaminergic-1 and−4 receptors were tested in transfected HEK-293 cells. Ion channel testing for AMPA and N-methyl-D-aspartate (NMDA) was performed in cells from the rat cerebral cortex. For alpha-1 adrenergic receptor (Townsend-Nicholson and Schofield, 1994), cell membrane homogenates (~23 μg protein) were incubated for 1 h at 37°C with 1 nM of [3H]DPCPX in the absence or presence of IEM-1460 or IEM-1925 in a buffer containing the following in mM: 25 HEPES/KOH (pH 7.0), 100 NaCl, 1.5 CaCl2, 1 MgSO4, and 0.2 g/L 1.10 phenanthroline and 0.1% BSA. Non-specific binding was determined in the presence of 1 μM of DCPX. Following incubation, the samples were filtered rapidly under vacuum through glass fiber filters (GF/B, Packard), presoaked with 0.3% PEI and rinsed several times with ice-cold 50 mM Tris-HCl using a 96-sample cell harvester (Unifilter, Packard). The filters were dried and then counted for radioactivity in a scintillation counter (Topcount, Packard) using a scintillation cocktail (Microscint 0, Packard). The results are expressed as a percent inhibition of the control radioligand specific binding: 100-[(measured specific binding)/(control specific binding) × 100]. IEM-1460 or IEM-1925 was tested at 1 μM to determine the percent inhibition of binding when compared to the reference compound (a known agonist) for each specific receptor. These steps were repeated for H1 (Smit et al., 1996), H2 (Leurs et al., 1994), H3 (Lovenberg et al., 1999), H4 (Liu et al., 2001), M1-2 (Dörje et al., 1991), M3 (Peralta et al., 1987), M4-5 (Dörje et al., 1991), N-α4β2 (Gopalakrishnan et al., 1996), N-α7 (Sharples et al., 2000), AMPA (Murphy et al., 1987), and NMDA (Sills et al., 1991) receptors.




RESULTS


Destruction of Ribbon Synapses and Afferent Terminals With Intracochlear Perfusion of Glutamate Receptor Antagonist

Previous studies perfused the cochlea with glutamate receptor agonists and antagonists through cochleostomy in the basal turn of the cochlea (Puel et al., 1994). To demonstrate the effectiveness of our apical injection technique to target the entire cochlea from apex to base, we perfused the guinea pig cochlea with artificial perilymph with or without the AMPA/kainate receptor agonist kainic acid (KA), followed by immunohistofluorescence and confocal microscopy (Figure 3). Perfusion of artificial perilymph into scala tympani from the cochlear apex resulted in images like those taken from naïve controls, showing dense innervation in the neuropil of the organ of Corti under IHCs in the ISP (Figures 3A–C, see yellow asterisks). Perfusion of artificial perilymph containing 2 mM KA resulted in a void of innervation in the ISP and ribbon synapse disintegration (Figures 3D–F, see yellow asterisks), consistent with terminal swelling and dendrite retraction seen with chemical lesion in electron microscopy (Puel et al., 1994). Disintegration of synapses in turn one (Figure 3F) confirms that the apical injection method perfuses the scala tympani all the way to the base of the cochlea.


[image: Figure 3]
FIGURE 3. Apical cochlear perfusion of kainic acid lesions ANF dendrites throughout the cochlear spiral. (A,B) Whole-mount preparation from the apical turn (turn four) of guinea pig cochlea. Inner hair cells (IHCs) are labeled with anti-Vglut3 (blue); Type-I auditory nerve fibers innervating IHCs in the inner spiral plexus (ISP) and tunnel-crossing medial olivocochlear efferent neurons are labeled with anti-Na+/K+-ATPase (green). In all panels, yellow asterisk indicates location of ribbon synapses in the ISP. (C) Whole-mount preparation from the basal turn (turn one). In control samples, presynaptic ribbons (anti-CtBP2, red) of IHCs (anti-Myosin7a, blue) are paired with postsynaptic AMPA receptors (anti-GluA3, green) in the ISP. Anti-CtBP2 also labels cell nuclei. Perfusion of artificial perilymph into scala tympani from the cochlear apex resulted in images like those taken from naïve controls, showing dense innervation in the neuropil of the organ of Corti under IHCs (in the inner spiral plexus, ISP). (D–F) Disintegration of synapses from the cochlear apex (turn four) to the base (turn one) confirms the apical perfusion solution accessed the scala tympani all the way down the length of the cochlea.




Dose-Dependent Reduction of Auditory Nerve Activity With Intracochlear Perfusion of Selective CP-AMPAR Antagonist IEM-1460

Previously, we blocked noise-induced synapse loss and concomitant reduction of ABR wave-I with chronic intracochlear delivery of IEM-1460 via a cannula inserted through the round window, connected to an osmotic minipump implanted in the middle ear of mice (Hu et al., 2020). The concentration of IEM-1460 eluted from the minipump was 500 μM; however, the intracochlear concentration of the diluted compound was not known. At high concentration, IEM-1460 will block GluA2-lacking and GluA2-containing AMPARs (IC50 = ~500–1,100 μM on GluA2-containing AMPARs) (Magazanik et al., 1997; Buldakova et al., 1999). At low concentration, it is selective for GluA2-lacking receptors. Cells expressing GluA2-lacking AMPARs exhibit high sensitivity to IEM-1460 (IC50 = ~1–3 μM). Cells expressing a combination of CP-AMPARs and Ca2+-impermeable receptors (CI-AMPARs) have intermediate sensitivity.

Auditory nerve activity is triggered by the activation of AMPARs by glutamate. Thus, to interrogate AMPAR subunit composition in the guinea pig, we asked if IEM-1460 could reduce sound-evoked auditory nerve activity at concentrations consistent with antagonism of GluA2-lacking CP-AMPARs. First, we used the apical perfusion technique to test the effect of different concentrations of IEM-1460 on cochlear responses to sound. When a tone burst is applied to the ear, synchronous exocytosis of glutamate from IHC ribbon synapses triggers synchronous depolarization of ANFs through activation of AMPARs, triggering action potentials. The amplitude of the auditory nerve field potential, the CAP, reflects the number of contributing ANFs (Earl and Chertoff, 2010).

At 10 μM IEM-1460, the amplitude of the tone-evoked CAP was reduced by ~25%. With increasing concentration, the CAP progressively decreased. For 80 dB SPL tones at 2 and 16 kHz, on average, the CAP amplitude was reduced by ~55% with 100 μM IEM-1460 in the perfusion pipette (Figure 4A). Relative to the pre-drug baseline recording, the reduction in CAP amplitude with 100 μM IEM-1460 was greater for lower-frequency tones (~ 60% at 2 kHz) than for higher-frequency tones (~30% at 16 kHz) (Figures 4C,D, left). Although we don't know the reason for this difference, it would be expected if either the mechanical disturbance of the injection was greater or if the IEM-1460 concentration was greater near the perfusion pipette in the apex, and/or if AMPARs of apical ANFs had less GluA2 and thus greater Ca2+-permeability. Relative to pre-drug measures, CAP latencies increased by ~10% (additional delay of ~0.3 ms) across tone levels and frequencies in the presence of 100 μM IEM-1460 (Figure 4D, right). There was a trend toward longer relative latency shifts in response to higher-level tones than lower-level tones.
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FIGURE 4. Auditory nerve compound action potential (CAP) measurements before and after cochlear perfusion with IEM-1460. (A) IEM-1460 dose-response inhibition curve shows relative reduction in CAP amplitude with increasing concentration of IEM-1460 varying from 0.1 to 4,000 μM (N = 6 female guinea pigs, 8–9-weeks-old). Probe level was 80 dB SPL. Fractional reduction from baseline was averaged for responses to 2 and 16 kHz tones. IC50 = ~ 73 μM. (B) CAP thresholds across frequencies before and after perfusion of 100 μM IEM-1460 in artificial perilymph into scala tympani from an injection pipette sealed to the cochlear apex. C) CAP waveforms in response to 70 dB SPL tone bursts at 2, 8, and 16 kHz. Gray traces were recorded before perfusion, and black traces were recorded after perfusion of 100 μM IEM-1460 in artificial perilymph. (D) Baseline normalized CAP amplitudes (N1-P1, left) and N1 latencies (right) as a function of probe level for the three probe frequencies. Perfusion with 100 μM IEM-1460 reduced CAP amplitude and increased CAP latency.


The dose-response inhibition plot for relative CAP reduction with increasing concentration of IEM-1460 was fit with a Boltzmann sigmoidal equation to obtain the concentration for a 50% CAP reduction (IC50) of 73 μM. Thus, at ~73 μM IEM-1460, the AMPAR-mediated excitatory postsynaptic current (EPSC) of the guinea pig cochlea was antagonized enough to reduce the amplitude of the auditory nerve field potential by 50%. Assuming linear summation, this suggests that ~ 50% of ANFs failed to spike at sound onset under this condition. We note this 50% reduction in the CAP does not imply a 50% reduction of the EPSC (see Discussion).

For a given tone frequency, the sound level needed to evoke a 10 μV CAP waveform amplitude is considered the “threshold level” (dB SPL). CAP thresholds correlate very closely with behavioral thresholds for auditory perception in rodents (Dallos et al., 1978; Lichtenhan et al., 2013). With 100 μM IEM-1460, changes in CAP threshold across frequencies from 1 to 20 kHz were very small (<5 dB SPL; Figure 4B) and within test-retest variability, despite considerable reduction in CAP amplitudes at 2, 8, and 16 kHz (Figures 4C,D). For tones at levels within 5–10 dB of threshold, baseline-normalized CAP amplitude reduction and baseline-normalized CAP latency increase tended to be smaller than for tones at 45–50 dB super-threshold levels (Figure 4D), suggesting that responses to low-level tones may have been inhibited less than responses to high-level tones.



Reduction of Auditory Nerve Activity With Systemic Delivery of IEM-1460

Next, we asked if IEM-1460 would produce similar effects when administered systemically (Figure 5). Responses to IP injection of IEM-1460 (13.5 mg/kg) generally consisted of a 20–50 min delay followed by a CAP reduction of 20–50% from baseline within 10–30 min that persisted for up to 2 h at termination of the experiment (e.g., Figure 5A). Blood was sampled throughout the experiment and drug levels were measured using LC/MS. The concentration of IEM-1460 in blood plasma reached a plateau within ~30 min to a level of ~7 μg/mL, on average, that was maintained for the duration of the experiment (Figure 5C). Approximately 2 h after IP injection of IEM-1460, perilymph was collected from the right and then the left cochlea, followed by collection of CSF. LC/MS measured perilymph levels at 17–45% of blood levels, significantly greater than CSF at 8–23% of blood levels (Figure 5F; p = 0.029, N = 3). Seven μg/mL IEM-1460 corresponds to 23.8 μM in blood, and ~4–11 μM of IEM-1460 in perilymph (see Discussion).
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FIGURE 5. Pharmacokinetic analysis and auditory functional measurements with systemic IEM-1460. (A) After baseline recording, IEM-1460 was injected (IP, 13.5 mg/kg) at time zero. CAP amplitude measured every 2 min for 90 dB SPL tones at 4, 8, and 13 kHz. At the end of the experiment, perilymph samples were taken from right (R) and left (L) cochleae before taking the CSF sample at times indicated. CAP N1-P1 amplitude decreased after drug injection. (B) Distortion product otoacoustic emissions (2f1-f2) remained stable after drug injection. (C) Blood plasma levels of IEM-1460 increased to a sustained maximum within 30 min of injection (N = 3 animals). (D) CAP P1 latency was not significantly different (p = 0.421, Wilcoxon, N = 4) after drug injection (upper) while CAP N1-P1 amplitude was significantly reduced (p < 0.001, Wilcoxon, N = 4) (lower). (E) CAP threshold as a function of cochlear frequency was not significantly different (p > 0.100 across all frequency comparisons, Mann-Whitney U, N = 4) before and after systemic injection of IEM-1460. (F) Perilymph and CSF levels, as % of IEM-1460 concentration in blood, were not significantly different from each other (p = 0.670; Friedman test; N = 3). *p < 0.05; ***p < 0.001.


To assess the effect of systemic IEM-1460 on cochlear output (CAP threshold, amplitude, and latency) we compared responses during stable periods before and after IP injection (i.e., before and after the delayed reduction in CAP amplitude induced by the compound). The data were not normally distributed (Kolmogorov-Smirnov test), thus, the Wilcoxon signed-rank test was used to compare CAP amplitudes and latencies, before and after drug injection, in response to tones at different levels for a given frequency. For all frequencies, the CAP amplitude was reduced after drug injection, significantly for each tone level (p < 0.001; Wilcoxon with Bonferroni correction for adjusting alpha = 0.05/16, N = 4). In the exemplary recording shown in Figure 5D, lower, the mean difference between pre- and post-injection CAP amplitudes ranged 19.1–269 μV across tone levels. The differences scaled with tone level, such that the relative reduction of CAP amplitude was similar (~50%) for probes of 40–90 dB SPL. For CAP latency, there was no statistically significant difference at any tone level (p > 0.100 for all tone levels; Wilcoxon with Bonferroni correction, N = 4) (Figure 5D, upper). While CAP amplitude was reduced, distortion product otoacoustic emissions (DPOAEs) were unaffected (Figure 5B), suggesting that cochlear mechanics and outer hair cell function were relatively unaffected by IP injection of 13.5 mg/kg IEM-1460. CAP thresholds at each frequency tested from 1 to 22 kHz were not statistically different after IEM-1460 administration (p > 0.100 across all frequency comparisons; Mann-Whitney U-test, N = 4; Figure 5E). In conclusion, like cochlear perfusion (Figure 4), systemic IEM-1460 (Figure 5) reduced CAP amplitude by as much as 50% with minimal effect on CAP threshold. In contrast to local delivery, where a 10% increase in CAP latency was seen with IEM-1460 perfusion, we did not observe a significant CAP latency shift for systemic dosing.



Systemic IEM-1925 Is Similarly Potent and Potentially Less Toxic Than IEM-1460

The adamantane derivative IEM-1460 is less potent on CP-AMPARs than the phencyclidine derivative IEM-1925, but the two compounds have similar apparent selectivity for CP- over CI-AMPARs (~300-fold) (Tikhonov et al., 2000). We asked if the more potent IEM-1925 could reduce CAP amplitude after systemic injection, like IEM-1460, at a lower dose. Systemic delivery of IEM-1925 (8 mg/kg, IP) reduced CAP amplitude to a similar extent as IEM-1460 (13.5 mg/kg, IP). On average, CAP amplitude reduction began within 10–15 min and was reduced by ~ 20% after ~1 h (Figure 6A, N = 4 animals per compound). The CAP amplitude after injection of IEM-1925, similarly to IEM-1460, was significantly reduced after drug injection for all tone levels and frequencies (p < 0.001 across all tone levels, Wilcoxon signed-rank test with Bonferroni correction for adjusting alpha = 0.05/3, N = 4). Blood oxygenation and heart rate were monitored along with cochlear physiology during the time course of the experiment. Changes in blood oxygenation were <5% and not synchronized to drug injection (p = 0.562, Wilcoxon signed-rank test, N = 4). However, IEM-1460 produced a temporary, significant reduction in heart rate (Figure 6B) by as much as 15% (p < 0.001, Wilcoxon signed-rank test, N = 4). No such reduction in heart rate was observed for IEM-1925. Like IEM-1460, systemic injection of IEM-1925 had minimal effect on CAP thresholds (p > 0.100 across all frequency comparisons, Mann-Whitney U-test, N = 4; Figure 6C).


[image: Figure 6]
FIGURE 6. Cochlear and cardiopulmonary physiology during systemic IEM-1460 or IEM-1925. (A) CAP amplitude over time, showing significant reduction after intraperitoneal (IP) injection of drug (p < 0.001, Wilcoxon, N = 4). Stimuli were 8 kHz tone bursts at 90 dB SPL. N = 4 animals per compound. (B) Heart rate and blood oxygen level before and after IP injection of drug or vehicle control in an exemplary experiment where heart rate was temporarily reduced by 15% (p < 0.001, Wilcoxon, N = 4) following IP injection of 13.5 mg/kg IEM-1460 (red trace). (C) CAP threshold as a function of cochlear frequency was not significantly different after systemic injection of IEM-1925 (p > 0.100 across all tested frequencies, Mann-Whitney U, N = 4).


We tested the metabolic stability of the compounds with in vitro liver microsome stability assays (Table 1, right). In mouse, guinea pig, and human liver microsomes, IEM-1460 and IEM-1925 were very stable, exhibiting half-lives of >300 min. We evaluated the compounds for potential toxicity with assays that test for inhibition of off-target ion channels and receptors. With radioligand binding assays, we screened for activity of the test compounds IEM-1460 and IEM-1925 on a set of ion channels and receptors to be avoided in the heart and central nervous system (Table 1, left). Ion channels and ionotropic receptors included voltage gated KV11.1 (delayed rectifier K+ channel in cardiomyocytes), the ionotropic NMDAR and AMPAR, and the nicotinic acetylcholine receptors (AChR) alpha 4/2 and alpha 7. Metabotropic receptors included adenosine, histamine, and metabotropic AChRs. At a concentration of 1 μM, IEM-1460 inhibited radioligand binding to the M4 and M3 AChRs by 37 and 15%, respectively. All other off-target interactions were inhibited by <5%. For IEM-1925 at 1 μM, also, the M4 AChR was the biggest hit at 19% inhibition. Inhibition of AMPA binding to AMPARs by IEM-1925 was 9.5%, while all other competitive binding interactions were inhibited by <5% (Table 1). This panel of off-target binding assays suggests that IEM-1925 may have an enhanced safety profile relative to IEM-1460.


Table 1. In vitro off-target binding assays and metabolic stability of IEM-1460 and IEM-1925.

[image: Table 1]




DISCUSSION


Antagonizing CP-AMPARs to Prevent Glutamate Excitotoxicity?

Ischemia, noise exposure, or perfusion of the guinea pig cochlea with glutamate, kainate, or the specific agonist AMPA produces osmotic swelling of ANF postsynaptic terminals in the organ of Corti underneath IHCs (Puel et al., 1994, 1998; Figure 3). Landmark studies used electron microscopy after perfusion of glutamate receptor agonists and antagonists into the basal cochlear turn. These chemical lesion experiments showed that ANF terminal swelling was prevented by pre-perfusion with DNQX, a pan-AMPAR antagonist, but not with the N-methyl-D-aspartate receptor (NMDAR) antagonist D-AP5, demonstrating that glutamatergic excitotoxicity is mediated via AMPARs (Puel et al., 1994). AMPAR agonists bring positive ions into the ANF terminal and dendrite. The resulting depolarization of the nearby heminode triggers additional Na+ influx into the thin fiber through voltage-gated channels. The spike-generating heminodes are located at the habenula perforata (HP), just before the myelin begins, where ANFs enter the osseous spiral lamina (OSL; Figures 1B,C). These myelinated peripheral axons propagate spikes toward bipolar cell bodies in the spiral ganglion. Unlike a conventional neuron, the spike-generating heminode of the ANF is separated from the excitatory ribbon synapse not by a cell body but instead by only a ~20 μm length of dendrite with submicron diameter (Figures 1B,C). The tight anatomical and electrical coupling between the synapse and spike generator, as well as the alignment of heminodes at the HP where the myelin begins, is important for synchronous activation of ANFs in response to sound (Rutherford et al., 2012; Kim and Rutherford, 2016; Wan and Corfas, 2017). This may also render the ANF dendrite vulnerable during high rates of activity, when influx of positive ions at the synapse and heminode leads to osmotic terminal swelling and synapse disintegration.

AMPARs mediate most of the fast excitatory chemical transmission in the brain. As GluA2 is the 1st or 2nd most abundant subunit, the great majority of AMPAR tetramers are thought to include at least one GluA2 subunit, >99% of which are Q/R edited at a critical residue in the pore's selectivity filter to reduce overall channel conductance and relative Ca2+ permeability (Geiger et al., 1995; Schwenk et al., 2012; Shanks et al., 2012; Wright and Vissel, 2012). Thus, AMPARs are generally of the relatively low-conductance variety and impermeable to Ca2+ due to inclusion of edited GluA2 in the tetramer. An exception to this general rule are some neurons in the ascending auditory pathway, where synapses with fast kinetics of transmission support rapid and precise signaling of auditory information using AMPARs that appear to rely mainly on GluA3 and GluA4 (Otis et al., 1995; Yang et al., 2011; Rubio et al., 2017; Lujan et al., 2019). Absence of GluA2 in the tetramer results in an AMPAR with larger currents, faster kinetics, and greater permeability to Ca2+. While some synaptic mechanisms appear to utilize CP-AMPARs, aberrant expression of CP-AMPARs has been implicated in many neurological disorders where excessive activity leads to neurodegeneration (Weiss, 2011), including but not limited to epilepsy (Grooms et al., 2000; Rajasekaran et al., 2012; Malkin et al., 2016), ischemia (Kwak and Weiss, 2006), traumatic brain injury (Spaethling et al., 2008), and illicit substance addiction and withdrawal (Pistillo et al., 2016; Wolf, 2016). The in vitro binding assays (Table 1) suggest that CNS toxicity of IEM-1925 may be limited based on weak interference of binding of CNS receptors to their natural ligands. However, subsequent studies of IEM-1925 or its derivatives must evaluate binding to the pore of off-target channels. It will be imperative to thoroughly evaluate CNS toxicity of any drug candidates with behavioral studies as well.

The fish lateral-line organ and the mammalian organ of Corti are examples of peripheral sensory organs that mediate fast acoustic signals via synapses between sensory hair cells and primary afferent neurons which appear to utilize GluA2-lacking, CP-AMPARs (Sebe et al., 2017; Hu et al., 2020). The faster, larger currents of CP-AMPARs are expected to drive the postsynaptic neuron to spike threshold more precisely with respect to temporal changes in the hair cell receptor potential, which may be important for mechanisms of sensory encoding such as sound source localization in the horizontal plane mediated by phase-locking (Goutman, 2012; Rutherford et al., 2012, 2021; Li et al., 2014). In fish and mammals, excessive activation of AMPARs can lead to postsynaptic terminal swelling and synaptic disintegration, suggesting that CP-AMPARs may be targeted for prevention of glutamatergic excitotoxic damage. Indeed, local delivery of the CP-AMPAR antagonist IEM-1460 prevented damage induced by chemical lesion or acoustic trauma (Sebe et al., 2017; Hu et al., 2020). However, the selectivity of IEM-1460 for CP-AMPARs is concentration dependent (Tikhonov et al., 2000). At high concentration it will block all AMPARs thus preventing all auditory nerve activity and hearing itself, as demonstrated by perfusion of different drug concentrations into scala tympani (Figure 4A). For prevention of damage to hearing, local delivery of therapeutic agents to the inner ear is likely too invasive. Therefore, here we asked if systemic administration of CP-AMPAR antagonists could safely reduce afferent synaptic activity in the inner ear without elevating auditory thresholds. We further asked if the level of drug in perilymph was consistent with selective blockade of CP-AMPARs.



Reduction of Auditory Nerve Activity Without Elevation of Hearing Threshold

We found that systemic administration of the CP-AMPAR antagonists IEM-1460 or IEM-1925 reduced CAP amplitude (Figures 5A,D, 6A) without significantly affecting auditory thresholds (CAP audiogram, Figures 5E, 6C) or otoacoustic emissions (i.e., DPOAEs, Figure 5B). Local or systemic dosing of IEM-1460 attenuated CAP amplitudes in response to low-level and high-level tones (Figure 4D). In contrast, the medial olivocochlear (MOC) efferent reflex inhibits the CAP primarily in response to low-level sounds and is thus thought to provide only limited protection against acoustic trauma (Puria et al., 1996; Guinan, 2006; Lichtenhan et al., 2016b). While middle ear muscle reflexes are activated at high sound levels and protectively attenuate sound transmission through the middle ear, these muscles fatigue over prolonged exposure and have a long latency (i.e., 10–15 ms) that does not seem to protect against sudden loud sounds or prolonged exposure (Simmons, 1960; Ryan et al., 1994). Attenuation of the CAP at high sound levels, as seen here with antagonism of CP-AMPARs, could be protective when the MOC or middle ear reflexes are ineffective.

In animal models, noise exposure can permanently change cochlear physiology in part through effects on synapses that don't necessarily cause an immediate permanent threshold shift but do reduce CAP or wave-I amplitude. Such effects of noise which may be compounded by aging have been termed “hidden hearing loss” because they aren't detected by pure-tone audiometry (Liberman, 2020). Data from audiometrically normal adults shows that people with smaller auditory nerve or subcortical responses perform relatively poorly on hearing speech in the presence of background noise (Bharadwaj et al., 2015; Bramhall et al., 2015; Stamper and Johnson, 2015; Grant et al., 2020). However, this is still controversial as many studies in humans have failed to find significant relationships between speech perception and the amplitude of the auditory nerve action potential (Prendergast et al., 2017; Guest et al., 2018; for review see Bramhall et al., 2019). An outstanding question is if pharmacologic reduction of auditory nerve activity, without threshold elevation, reduces intelligibility of speech and other sounds. If not, then it may be possible to protect hearing by dampening activity without compromising hearing function. If sound intelligibility is reduced during protection, the benefits of protection may outweigh the disadvantage of temporarily reduced audibility. Subsequent studies should evaluate the time course of reduced auditory nerve activity after systemic administration, as the current studies were terminated before the effect wore off.



Relationship Between CP-AMPARs and ANF Physiology

Each cochlear afferent synapse has a relatively large PSD, parts of which appear to lack GluA2 based on subunit-specific pharmacology and microscopy (Sebe et al., 2017; Hu et al., 2020). In mouse, after ~2.5 days of sustained intracochlear delivery of IEM-1460, Hu et al. (2020) found prevention of synapse loss following exposure to synaptopathic noise. Interestingly, IEM-1460 prevented synapse loss and loss of wave-I amplitude without significantly reducing wave-I amplitude during the protection. This suggested that GluA2-containing AMPARs can mediate hearing function without reduction of auditory nerve activity alongside chronic, protective antagonism of GluA2-lacking CP-AMPARs. Here, acute local or systemic drug delivery reduced sound-evoked activity (i.e., the CAP amplitude) when IEM-1460 was delivered at concentrations selective for CP-AMPARs (Figures 4–6). This is somewhat surprising, given the lack of ABR wave-I reduction during protection in Hu et al. (2020).

To explain the difference between the present findings and those in Hu et al. (2020), specifically the effect of IEM-1460 on suprathreshold hearing, one possibility is a species difference. If the guinea pig cochlea has more CP-AMPARs, and thus more block of transmission by CP-AMPAR antagonists, then IEM-1460 may reduce ANF activity in the guinea pig and not the mouse. A 2nd possibility is the effect of chronic vs. acute drug delivery. If synaptic adaptation compensated during chronic dosing by inserting more GluA2-containing, CI-AMPARs that are insensitive to IEM-1460, then ABR wave-I (or CAP) amplitudes may have been maintained in the continuous presence of the drug. A 3rd possibility is a difference in the concentration of compound between experiments. In Hu et al. (2020) the concentration of drug in perilymph was unknown as a minipump was used to elute the compound into scala tympani. In the present study, drug concentration was controlled by local perfusion of known concentrations into scala tympani (Figure 4) or by measuring concentrations in cochlear fluid samples (Figure 5). If the concentration was considerably lower in the minipump experiment, this could explain the lack of wave-I reduction. We find this possibility unlikely because a well-established simulation model of drug concentration in scala tympani of the mouse suggested a mean concentration of ~ 58 μM (https://alecsalt.com/index.php/simulations/fluidsim4). A fourth consideration is different anesthesia. Here we used isoflurane, whereas Hu et al. (2020) used ketamine/xylazine.

A separate question is: how were the mouse synapses protected in the absence of reduced ABR wave-I during chronic presence of the drug (Hu et al., 2020)? Subunit adaptation may have resulted in fewer CP-AMPARs, in which case less Ca2+ entry relative to Na+ entry could reduce noise-induced excitotoxicity. As well, if the ANF EPSC is much larger than required to reach spike threshold, as suggested by ex vivo electrophysiology (Rutherford et al., 2012), then the excitotoxic EPSC may be safely reduced in level without inhibiting action potential generation. In this scenario, the number of active ANFs would not be reduced, but the smaller EPSC may increase spike latency. Interestingly, CAP latency was slightly increased with local delivery of IEM-1460 in guinea pig (Figure 4D), although not significantly for systemic delivery (Figure 5D).



A Mixture of Ca2+-Permeable and Ca2+-Impermeable AMPARs at the Hair Cell Afferent Synapse

Tight spatial coupling between the ribbon synapse and spike-generating heminode (Figure 1), along with small fiber diameter and high rates of activity, results in ANF dendritic vulnerability to osmotic imbalance that may be exacerbated by the presence of CP-AMPARs. The larger Na+ and Ca2+ currents through CP-AMPARs, while presumably important for fast signaling, also place greater metabolic demands on the ANF through energy consumption by the pumps that maintain ionic gradients. The Na+/K+-ATPase on the ANF plasma membrane (labeling ANFs in Figures 1C, 3, abbreviated NKA) uses energy to pump Na+ out of the cytoplasm (Chow and Forte, 1995; Blanco and Mercer, 1998). Calcium is particularly expensive to handle. The Na+/Ca2+ exchanger is an antiporter membrane protein that removes Ca2+ from cells by allowing Na+ to flow into cells. A single Ca2+ ion is exported for the import of three Na+ ions (Fettiplace and Nam, 2019) which must then be pumped out by the Na+/K+-ATPase. We suggest this is one way that excessive activity of CP-AMPARs produces oxidative stress through energy consumption.

In rat hippocampus, on non-pyramidal cells (expressing mainly GluA2-lacking CP-AMPARs) the IC50 for IEM-1460 and IEM-1925 is ~3 and ~1 μM, respectively, while on pyramidal cells (expressing mainly GluA2-containing CI-AMPARs) the IC50 is > 500 and > 200 μM, respectively (Tikhonov et al., 2000). Here, in guinea pig, with CAP measurements during measured or defined concentrations of the compounds in perilymph, we found reduction of ANF activity at concentrations consistent with the presence of a mixture of CP- and CI-AMPARs. Figure 5C shows that IEM-1460 was sustained in blood at ~7 μg/mL, on average after IP injection. Figure 5F shows that perilymph levels were ~30% of blood levels. IEM-1460 at 2 μg/mL is ~7 μM, near to the IC50 for CP-AMPARs but far from the IC50 for CI-AMPARs. This level of systemic dosing reduced the CAP by ~20%, on average, consistent with the presence of CP-AMPARs. In other experiments, cochlear perfusion of nominally 100 μM IEM-1460 (Figure 4) reduced CAP amplitude by ~55%. This concentration is still well below the IC50 for CI-AMPARs (>500 μM), and well above the IC50 for CP-AMPARs (~3 μM). Taken together, we conclude that afferent synapses in the guinea pig cochlea contain a mixture of CP- and CI-AMPARs, as in the mouse (Hu et al., 2020). It will be important to test this directly with patch-clamp recordings of EPSCs from ANF postsynaptic terminals in the cochlea, in subsequent studies.



Physicochemical Properties of IEM-1460 and IEM-1925 for Oral Bioavailability and Inner Ear Permeation

There are currently no FDA-approved drugs for prevention of noise-induced hearing loss or other noise-induced hearing disorders. A limited understanding of unique targets within the inner ear hinders drug design for systemic delivery, thus much of current focus has been on local delivery (McCall et al., 2010; Nyberg et al., 2019). Unfortunately, intracochlear delivery (i.e., directly to the inner ear) is too invasive for chronic or sub-chronic dosing for prevention of damage to healthy ears. Middle ear delivery may introduce drugs into the cochlea if they permeate the round window into scala tympani, however, infiltration of CSF into perilymph at the base of the cochlea near the round window prevents drugs from making it very far up the cochlea resulting in a gradient from base to apex in guinea pig that effectively limits drug delivery to the base. When drugs enter the cochlea through blood, there is no such gradient. For systemic dosing, a favorable inner ear drug candidate would target a specific receptor within the inner ear with limited CNS expression, while reaching the inner ear at efficacious concentrations.

The data in this study show that IEM-1460 and IEM-1925 may have favorable pharmacokinetic properties for targeting CP-AMPARs in the inner ear with systemic dosing (Figures 5C,F), and that IEM-1925 may be less toxic than IEM-1460 (Figure 6B; Table 1). Based on their computed hydrophilicity (CLogP or WLogP, Wildman and Crippen, 1999) and polarity (tPSA), IEM-1460 and IEM-1925 are predicted to be absorbed by the gastrointestinal tract and cross the blood brain barrier (BBB) (Figure 7). In Figure 7B, the egg-white region is the physicochemical space of molecules with highest probability of being absorbed by the gastrointestinal tract, and the egg-yolk region is the physicochemical space of molecules with highest probability to further permeate into the brain (Zoete et al., 2016; Daina et al., 2017). Like the non-selective AMPAR antagonists Perampanel and GYKI-52466, the selective IEM-1460 and IEM-1925 are in the egg-yolk (i.e., predicted to cross the BBB). These compounds are non-competitive AMPAR antagonists, meaning they don't compete for glutamate's binding site on the ligand-binding domains of other glutamate receptors. Instead, they inhibit by blocking the ion channel pore. Unlike Perampanel and GYKI-52466, IEM-1460 and IEM-1925 are selective for GluA2-lacking AMPARs, restricting their activity to CP-AMPARs. In addition, IEM-1460 and IEM-1925 are open-channel blockers, meaning the channel must open before it can be accessed by the antagonists. Non-competitive, open-channel antagonists block slowly such that the initial component of the response may be weakly affected. They require the channel to spend time in the open conformation for blockade to develop, and thus they should be more effective at blocking AMPAR channels that are stimulated at high frequency. By selectively targeting the most frequently active GluA2-lacking AMPARs, it may be possible to inhibit excitotoxicity more so than normal synapse function.
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FIGURE 7. Molecular structures and CNS accessibilities of AMPAR antagonists (rectangles). (A) The agonists glutamate and GABA are small but not very lipophilic. CNQX, DNQX, and NBQX are competitive AMPAR antagonists likely too polar to pass the gut. Perampanel, GYKI-52466, and GYKI-53655 are non-competitive and non-selective AMPAR antagonists that function as negative allosteric modulators. IEM-1460, IEM-1925, NASPM, and PhTx-74 are non-competitive and selective CP-AMPAR antagonists that function as open-channel pore blockers. (B) The so-called “boiled egg plot” uses a hydrophilicity metric developed by Wildman and Crippen (Y-axis, WLogP) and topological polar surface area (X-axis, tPSA) to predict gastrointestinal absorption and brain penetration. Egg-white region: high probability of absorption by the gastrointestinal tract; Egg-yolk region: highest probability of permeation through the blood-brain barrier (BBB). The drugs Perampanel and Diazepam are well within the egg yolk. Glutamate and GABA, although made in the brain, are predicted not to penetrate the BBB. IEM-1460 and IEM-1925 are less potent than NASPM and PhTx-74 (μM vs. nM potency) but more likely to permeate the CNS.


The mechanism by which compounds enter perilymph is not clear. Compounds that penetrate the BBB can potentially enter perilymph via the cochlear aqueduct, neuronal pathways, or lymphatic pathways (Salt and Hirose, 2018). The blood-labyrinth barrier (BLB) regulates the chemical composition of endolymph and perilymph via the stria vascularis and spiral ligament (Juhn and Rybak, 1981; Suzuki et al., 2002). It has been hypothesized through experiments in guinea pigs that noise exposure may increase macromolecular transport in the stria vascularis such that systemically administered macromolecules can be more readily transported into the inner ear by noise exposure (Suzuki et al., 2002). This phenomenon can potentially be used for drug design and targeting. The BLB may be leakier than the BBB, in general (Hirose et al., 2014; Wu et al., 2014). After systemic injection of IEM-1460, perilymph levels trended somewhat higher than CSF levels (Figure 5F). Nonetheless, for an oral drug the challenge will be to find compounds without significant CNS side effects. Although IEM-1925 (8 mg/kg) produced similar CAP reduction as IEM-1460 (13.5 mg/kg), LC/MS did not detect significant IEM-1925 in perilymph or CSF. Very low levels of IEM-1925 were detected in blood, despite successful calibration of concentrations in artificial perilymph and blood plasma (Figure 2), suggesting the IEM-1925 may have been metabolized, bound to tissue, or otherwise masked in vivo. Both compounds had very long half-lives in liver microsome stability assays (Table 1), suggesting IEM-1925 metabolism in the guinea pig that was not accounted for in liver microsomes. Future studies should investigate candidate metabolites with activity at CP-AMPARs. Analysis of our PK data from Figure 5C estimates an elimination half-life of 118 min for IEM-1460 in blood. Although levels of IEM-1925 in blood were low, we were still able to estimate a half-life of 68 min. Subsequent studies will measure the recovery of CAP amplitudes in the hours after drug administration.

In addition to CLogP and tPSA, other molecular properties important for a drug's pharmacokinetics in the human body including their absorption, distribution, metabolism, and excretion (ADME) are molecular weight (MW), acidity (pKa), number of hydrogen bond donors (HB-donor) and acceptors (HB-acceptor), and the number of rotatable bonds (Table 2). Lipinski's rule of five, also called Pfizer's rule of five, is a rule of thumb to determine how likely a compound is to be an orally active drug in humans (Lipinski et al., 2001). The rule states that there should be no more than five hydrogen bond donors, no more than 10 hydrogen bond acceptors, a MW <500 Daltons, and CLogP <5. Table 2 shows that IEM-1460 and IEM-1925 have good physicochemical properties for drug-likeness.


Table 2. Physicochemical properties for drug-likeness.
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Deficiency of otoferlin causes profound prelingual deafness in humans and animal models. Here, we closely analyzed developmental deficits and degenerative mechanisms in Otof knock-out (Otof–/–) mice over the course of 48 weeks. We found otoferlin to be required for proper synapse development in the immature rodent cochlea: In absence of otoferlin, synaptic pruning was delayed, and postsynaptic boutons appeared enlarged at 2 weeks of age. At postnatal day 14 (P14), we found on average ∼15 synapses per inner hair cell (IHC) in Otof–/– cochleae as well as in wild-type controls. Further on, the number of synapses in Otof–/– IHCs was reduced to ∼7 at 8 weeks of age and to ∼6 at 48 weeks of age. In the same period, the number of spiral ganglion neurons (SGNs) declined in Otof–/– animals. Importantly, we found an age-progressive loss of IHCs to an overall number of 75% of wildtype IHCs. The IHC loss more prominently but not exclusively affected the basal aspects of the cochlea. For outer hair cells (OHCs), we observed slightly accelerated age-dependent degeneration from base to apex. This was associated with a progressive decay in DPOAE amplitudes for high frequency stimuli, which could first be observed at the age of 24 weeks in Otof–/– mice. Our data will help to plan and predict the outcome of a gene therapy applied at various ages of DFNB9 patients.
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INTRODUCTION

Mutations in the gene OTOF encoding for the protein otoferlin cause hearing impairment with autosomal recessive inheritance, DFNB9 (Yasunaga et al., 1999). To date, more than 200 pathogenic mutations have been identified in the OTOF gene (Vona et al., 2020). While most mutations lead to profound deafness, a few non-truncating mutations result in mild to moderate progressive or temperature sensitive forms of hearing loss (reviewed in Vona et al., 2020).

The deficiency in otoferlin causes a defect in synaptic transmission from auditory sensory cells, the inner hair cells (IHCs), to the SGNs (Roux et al., 2006; Pangrsic et al., 2010; Strenzke et al., 2016; Michalski et al., 2017). Initially, OHCs, the active elements of the cochlear amplifier, are intact. This can be readily assessed by recordings of otoacoustic emissions (OAE). Due to the presence of OAEs but the absence of signal transmission in the auditory pathway, this form of hearing impairment was classified as “auditory neuropathy,” and since identification of the primary defect at the level of IHC synapses more precisely as “auditory synaptopathy.”

The current treatment of choice for patients with mutations in OTOF and profound hearing loss is cochlear implantation (CI). This device bypasses the affected IHC synapses by directly activating SGNs electrically. Indeed, the outcome of CI in early-treated DFNB9 is excellent (reviewed in Zheng and Liu, 2020). Recent experimental studies aim toward the development of a gene therapy to restore natural hearing in DFNB9 by transducing IHCs with the cDNA of otoferlin using adeno-associated viruses (AAVs). As the length of the otoferlin coding sequence exceeds the cargo capacity of AAVs, either an overload viral vector or a combination of two viruses (dual-AAV) were injected into the cochlea, which successfully rescued hearing function in Otof–/– mice (Akil et al., 2019; Al-Moyed et al., 2019; Rankovic et al., 2020). Since overloading AAVs results in a mixture of truncated AAV genomes (Dong et al., 2010; Lai et al., 2010; Wu et al., 2010), this technique is rather difficult to be translated to human application. In contrast, clinical trials for dual-AAV treatment of human DFNB9 are currently being prepared, promoted by three different companies (Reisinger, 2020). DFNB9 seems to be an ideal candidate for gene therapy, since the pre-and postnatal development of the inner ear sensory epithelium and the morphology of IHC synapses judged by EM appeared initially normal (Roux et al., 2006). The same study unraveled a reduction in the number of intact ribbon-type synapses to 50% in Otof–/– IHCs by immunofluorescence microscopy (Roux et al., 2006). More recent immunohistochemical studies found indications for an abnormal development of IHC synapses (Al-Moyed et al., 2019). As each IHC ribbon synapse is normally contacted by a single SGN, such a reduction in ribbon synapse numbers would be expected to be accompanied or followed by a decay of spiral ganglion neurons (SGNs), adversely affecting the outcome of treatments by CI or gene therapy.

In addition to a reduction in the number of afferent synapses, several studies revealed that OHC function deteriorates over time in people affected from OTOF mutations (Starr et al., 1996; Rodríguez-Ballesteros et al., 2003, 2008; Rouillon et al., 2006; Kitao et al., 2019). In about one third of the patients, OAEs vanished already within the first 2 years of life, and of the remainders, most lost OAEs by the age of 20 years (Rodríguez-Ballesteros et al., 2003, 2008; Kitao et al., 2019). While this loss of OHC function does not matter for cochlear implantation, it would be a great obstacle for the gene therapy, since a deficiency of OHC function would cause a sensitivity loss of up to 50–60 dB hearing level (HL).

To date, it is unclear why OAEs vanish. Kitao et al. (2019) proposed that expression of otoferlin in immature OHCs of normal hearing individuals might render those cells less susceptible to noise at later maturational stages. This hypothesis is based on the observation of otoferlin expression in immature OHCs in mice, which was found to decrease in the second postnatal week down to a level where it is not unambiguously detectable by immunohistochemistry or functional tests any more (Roux et al., 2006; Beurg et al., 2010). How the expression of otoferlin in immature OHCs might change the properties of mature OHCs to protect these from environmental factors such as noise remains to be determined. Nevertheless, a potential low-level expression of otoferlin in mature OHCs, if present, might play a role for prevention of OAE loss. This would be of significance for the design of the gene therapy, since, in this case, targeting not only IHCs but also OHCs would be required to restore hearing life-long. Another hypothesis argues that efferent down-regulation of OHC activity is missing in DFNB9 patients, which potentially leads to higher susceptibility to noise (Starr et al., 1996; Vona et al., 2020). Accordingly, the use of hearing aids was suspected to be causative or at least contribute to the loss of OAEs (Starr et al., 1996; Rouillon et al., 2006). Indeed, a longitudinal study in auditory neuropathy patients found indications supporting this hypothesis, though it was not conclusive if the use of hearing aids was really causative for the OAE decay (Kitao et al., 2019).

Here, we studied the development and degeneration of hair cells, synapses and SGNs in Otof–/– mice from birth to 48 weeks of age. Our data unravels developmental deficiencies and degenerative processes in the inner ear in absence of otoferlin, which will be important for consulting patients prior to a gene therapy, and for planning the time point and refining the design of the gene therapy for DFNB9.



MATERIALS AND METHODS


Animals, Animal Welfare and Handling

Animal handling and experiments complied with national animal care guidelines and were approved by the board for animal welfare of the University Medical Center Göttingen and the animal welfare office of the state of Lower Saxony, Germany.

Otof–/– mice (Reisinger et al., 2011) were backcrossed onto C57BL/6N or CD1 background for at least 5 generations. Littermate Otof+/+ mice were used as controls. For hair cell counts, we used C57BL/6N-Otof–/– mice, Otof–/– mice derived from homozygous matings of CD1 Otof–/– females and C57BL/6N Otof–/– males, and other Otof+/+ mice of C57BL/6N or C57BL6/J background, as indicated by color labeling in Figures 1C,D. Animals of both genders were used in the experiments. Mice were housed in social groups in individually ventilated cages in a specific pathogen-free facility with free access to water and food and a 12/12 h light/dark-cycle.
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FIGURE 1. Inner and outer hair cell degeneration in absence of otoferlin. (A) Maximum projections of confocal micrographs of immunolabelled Otof–/– whole mount organs of Corti in four regions of the cochlea with IHCs labeled for parvalbumin (green) and OHCs labeled for oncomodulin (magenta). Representative example of an Otof–/– specimen at 24 weeks of age, scale bar: 100 μm. (B) schematic drawing of the mouse organ of Corti, with the regions analyzed in this study indicated in magenta. (C) number of OHCs per mm basilar membrane at 8, 24, 36, and 48 weeks of age in Otof+/+ (gray, mean ± SEM black) and Otof–/– (magenta, mean ± SEM dark magenta) mice. Otof–/– mice at 36 weeks of age were of mixed background (F1-CD1xC57BL6), all other mice of C57BL/6 background. Across all age groups and tonotopic regions, the number of OHCs in Otof–/– is reduced to 88% of Otof+/+ counts (p = 0.0705, 2way ANOVA followed by Sidac test). (D) number of IHCs per mm basilar membrane indicated a strong decay of the number of IHCs in the absence of otoferlin (reduction to 69% of WT, p < 0.0001, 2way ANOVA). *** indicate age groups in which the reduction in IHC numbers across tonotopic regions was significant (p < = 0.0001, post hoc Sidac test after 2way ANOVA). E-H, Amplitude of the 2f1-f2 distortion product across four different stimulation frequencies (60 dB sound pressure level) at the age of 8 weeks (E), 12 weeks (F), 24 weeks (G), and 48 weeks (H). In panels (F–H), the values obtained at 8 weeks are plotted in light colors for comparison. Note that both mouse lines are of C57BL/6 background, explaining the decline of DPOAE amplitudes in the wild-type controls at 48 weeks of age. The amplitude reduction in Otof–/– compared to Otof+/+ is significant at 24 (p < 0.0001, n = 5/6) and 48 weeks (p = 0.0205, n = 4 each) of age but not at 8 (n = 6 each) and 12 weeks (n = 5/3) (2way ANOVA for genotype effect across frequencies). Dotted line: noise floor.




Recording of Distortion Product Otoacoustic Emissions

Distortion product otoacoustic emissions (DPOAE) were recorded from mice anesthetized with ketamine (125 mg/kg) and xylazine (2.5 mg/kg) i.p. in a soundproof box as described previously (Jing et al., 2013). Briefly, a custom designed probe was inserted in the ear canal, containing a sensitive microphone (MKE-2, Sennheiser, Hannover, Germany) and silicone tubes connected to two speakers (MF1-S, Tucker Davis Technologies, Ft Lauderdale, FL, United States). Primary stimuli f1 and f2 were presented over 16 s at a frequency ratio f2 = 1.2xf1 and intensity ratio f1 = f2 + 10 with f1 frequencies of 6–23 kHz, controlled by a custom Matlab routine and TDT system III hardware (Tucker Davis Technologies, Alachua, FL, United States). Recorded emissions were fast-Fourier transformed and amplitudes of DPOAE at 2xf1-f2 measured and averaged over both ears.



Immunohistochemistry

Cochlear whole mounts of mice at the age of postnatal day 4 (P4) to 48 weeks were immunostained as previously described (Strenzke et al., 2016). The cochleae were perfused and fixed with 4% formaldehyde for 10–30 min or 45 min (Figure 3B) at 4°C. Cochleae of mice older than 4 weeks were decalcified in Morse’s solution (10% sodium citrate, 22.5% formic acid) for 15 min or in 0.5 M EDTA overnight before dissecting the whole organ of Corti including basal turns. For cryosections of the cochlea, samples were perfused and fixed in 4% formaldehyde for 30 min and decalcified in Morse’s solution for 2–24 h. Cochleae were kept in 20% sucrose until embedding and cutting into 20 μm sections (Cryotome 2800 Frigocut, Reichert-Jung, Austria).

The following antibodies were used: mouse anti-Ctbp2 (#612044, BD Bioscience, 1:50–1:200) for labelling synaptic ribbons, rabbit anti-Na/K-ATPase (SC28800, Santa-Cruz Biotech, 1:200) or rabbit anti-Shank1a (#RA19016, Neuromics, 1:300) for labelling postsynaptic boutons (Huang et al., 2012), guinea pig anti-parvalbumin (#195004, Synaptic Systems, 1:200) to label IHC and OHC as well as SGN cell bodies and afferent fibers, guinea pig anti-Vglut3 (#135204, Synaptic Systems, 1:300) to label IHCs, goat anti-calretinin (CG1, Swant, 1:300) to label IHC and OHC, mouse anti-neurofilament (N5389, Sigma, 1:400) to label afferent fibers and SGN cell bodies, mouse anti-MyoVI (#H00004646-M02, Novus Biological, 1:200) or rabbit anti-MyoVI (#25-6791, Proteus, 1:200) antibodies for labelling hair cells, and rabbit anti-oncomodulin (OMG4, Swant, 1:300–1:1,000) for labelling OHC.

The following secondary antibodies were used: DyLight 405 donkey anti-guinea pig (Jackson Immuno, 1:200), Alexa Fluor 568 IgG H + L goat anti-mouse, Alexa Fluor 633 IgG goat anti-rabbit (MoBiTec, 1:200), Alexa Fluor 488 goat anti-guinea pig, Alexa Fluor 488 goat anti-mouse IgG, IgA IgM (H + L), Alexa Fluor 647 donkey anti-rabbit, Alexa Fluor 568 donkey anti-goat, Alexa Fluor 488 donkey anti-mouse (Invitrogen, 1:200). Hoechst 34580 (1:1,000, H21486, Fisher scientific) or To-Pro-3 Iodide (642/661, 1:800, T3605, ThermoFisher) were used as nuclear stains.

Confocal images were acquired using a laser scanning confocal microscope (Leica TCS SP5, Leica Microsystems GmbH, or QuadScan Super-Resolution Microsocope, Abberior Instruments, Göttingen, Germany) with a 10× air objective (low magnification), 20× or 40× oil immersion objective (medium magnification) or 63× oil (Figures 2 and 3A: 63× glycerol) immersion objectives for high magnification images. Z-stacks were acquired at 9, 15, 28, and 50 kHz frequency regions with high magnification for synaptic ribbon quantification and medium magnification for quantification of IHC, OHC, and SGN.


[image: image]

FIGURE 2. Immunohistochemistry of IHC synapses in the first two postnatal weeks. Two left columns: Otof+/+ controls, two right columns, Otof–/– IHCs. In column 1 and 3, IHCs are visualized by Vglut3 immunostaining. Afferent synapses of Otof+/+ and Otof–/– IHCs were immunolabelled for Ctbp2, which is identical to the B-domain of the ribbon component ribeye. Antibodies against Shank1a labeled postsynaptic boutons. Insets show higher-magnification views of representative synapses. Note that postsynapses of Otof+/+ controls become smaller during maturation, but not in Otof–/– IHCs. Maximum projections of high-resolution confocal micrographs, scale bar 10 μm; scale bar of insets: 2 μm. P6 and P14 data are partially replotted from Al-Moyed et al. (2019).



[image: image]

FIGURE 3. Decline of afferent synapses over time. (A) Quantification of afferent synapses (as juxtaposed signals of Ctbp2 and Shank1a) between postnatal day 4 and 14 (P4, P14) from immunolabeling as presented in Figure 2; n = 30–73 IHCs, as indicated in the figure, apical region with exception of the most apical ∼640 μm (P6 and P14 re-plotted from Al-Moyed et al., 2019). Only statistically different results between Otof+/+ and Otof–/– IHCs are indicated (black p values), as well as significant changes during development within Otof+/+ (gray) and within Otof–/– samples of different ages (magenta). (B–D) Numbers of synapses (as juxtaposed immunolabeling of Ctbp2 punctae with Na/K-ATPase labeled boutons); (B) between 8 and 48 weeks of age, averaged from synapse counts in the four regions of the cochlea indicated in Figure 1B (Otof–/–: 8 weeks: N = 7 cochleae; 12 weeks N = 5, 24 weeks: N = 8, 48 weeks: N = 4; wildtype: 8 weeks N = 5; 12 weeks: N = 3; 24 weeks: N = 4; 48 weeks: N = 4; IHC numbers are indicated in the figure). (C,D) Numbers of synapses per IHC plotted against cochlear frequency region for Otof+/+ (C) and Otof–/– (D) IHCs. Statistics: (A) Kruskal-Wallis test followed by Dunn’s multiple comparison test; (B) F-test followed by Student’s t-test. ∗p < 0.05; ∗∗p < 0.01; ∗∗∗p < 0.001.


Images were processed and analyzed using ImageJ (NIH,1). In samples from adult mice, synaptic ribbons (immunolabelled for Ctbp2) and postsynapses (immunolabelled for Na/K-ATPase) were manually counted in 5–15 μm z-stacks (0.2 μm step size, 3.3× digital zoom) using ImageJ. In P4-P14 organs of Corti, synapses were counted as Ctbp2 spots adjacent to Shank1a immunolabels using the “Spots” tool in Imaris 7.6.5 (Bitplane Scientific Software). For quantification of synapse size at P14, we segmented the confocal stacks for Ctbp2- and Shank1a-positive spots, respectively, using the surface function in Imaris. The expected spot sizes were set to 0.55 μm for Ctbp2 and 0.8 μm for Shank2. Background subtraction and the rejection thresholds in terms of intensity, size, sphericity and quality of spots were optimized for each image to detect as many true synapses as possible in which Ctbp2 and Shank1a were juxtaposed with a maximal distance of 600 nm. We clearly acknowledge that the results of the volume calculations can easily be influenced by the subjectivity of these settings. We focused on correctly segmenting the Shank1a channel and are thus less sure about an observed smaller increase in Ctbp2 spot size by 20% (Otof+/+: 0.297 ± 0.006 μm3, n = 1,287; Otof–/– 0.342 ± 0.006 μm3, n = 1,135; p < 0.0001).

Inner hair cell and OHC cell bodies were identified by nuclear and/or cell body staining (MyoVI/Parvalbumin and Hoechst) and manually counted along a defined length of basilar membrane measured along the row of IHC. Areas with dissection-induced damage to the preparation were carefully excluded from analysis. Hair cells with preserved cytoplasmic staining were counted as present even if they showed an irregular shape or position. For SGN quantification, we measured the area of the canalis spiralis cochleae and manually counted the density of SGN cell bodies (Hoechst staining co-immunolabeled with Parvalbumin).



Statistics

All experiments were performed with at least three independent replicates. Data are plotted as mean ± standard error of the mean (s.e.m.) and graphics were designed using Igor Pro 6 (WaveMetrics). Statistical analysis was performed by means of GraphPad Prism 7.03 (GraphPad Software) or Excel (Microsoft Office). The Brown-Forsythe test or the F-test were used to test for equal variance. Statistical tests and number of replicates are indicated in the figures or figure legends.



RESULTS


Degeneration of Inner and Outer Hair Cells

In this study, we assessed the integrity of cochlear structures from birth to mid-aged Otof–/– mice and wild-type C57BL/6 controls. We first quantified the number of inner and outer hair cells and of afferent synapses in four frequency regions, termed apical (best encoding frequencies around 9 kHz), middle (∼15 kHz), midbasal (∼28 kHz) and basal turns (∼50 kHz, Figures 1A,B; Müller et al., 2005). At the age of 8 weeks, Otof–/– mice display a near-normal complement of a single row of IHCs and three rows of OHCs over the entire cochlea (Figures 1C,D). From 24 weeks of age on, a decay in numbers of IHCs and OHCs becomes apparent in Otof–/– cochleae. While OHC numbers remain normal in the apical aspects of the cochlea in both genotypes, there is age-dependent loss of OHCs progressing from the base toward the middle of the cochlea, which is accelerated in Otof–/–mice compared to Otof+/+ controls. For example, in the midbasal and basal regions of Otof–/–mice at age 24 weeks, there was a reduction to 84 and 28% of Otof+/+ OHC numbers, respectively (Figure 1C). However, in the C57BL/6 mouse background strain, age-progressive hearing loss has previously been described and was attributed to the Cdh23ahl allele (Kane et al., 2012; Mianné et al., 2016), explaining the almost complete loss of all OHCs in the 50 kHz regions by 48 weeks of age in both genotypes. As a result, the overall OHC numbers per age group were not significantly different between genotypes, despite the midbasal and basal OHC degeneration appeared more pronounced in Otof–/–mice compared to Otof+/+ controls.

In Otof+/+ mice, the row of IHCs was generally completely preserved, except for limited age-dependent degeneration of IHC in the basal turn. In contrast, scattered loss of IHCs was noted in Otof–/– mice over all frequency regions (Figure 1D) from 24 weeks of age on. Like for OHC, the loss of IHC in mutants was more pronounced in the midbasal and basal regions, where at 24 weeks of age IHC numbers were reduced to 56 and 64% of Otof+/+ IHC counts, respectively, compared to 80 and 76% in the apical and middle aspects.

In summary, there is age-dependent loss of OHCs in control C57BL/6 Otof+/+ animals which is mostly restricted to the basal aspects of the cochlea and accompanied by only minimal loss of IHCs. In Otof–/–mice, IHC and OHC are initially present, but show a more pronounced age-dependent degeneration. While the loss of OHCs predominantly affects the basal and midbasal regions, IHCs degenerate also in the middle and apical turns to some extent, starting already at 6 months of age.



Degeneration of the Cochlear Amplifier Over Time

Most patients with pathogenic OTOF mutations lose DPOAE within their first two decades of life. Here, we first tested if the loss of DPOAE is reproduced in the mouse models for DFNB9 (Figures 1E–H). At the age of 8 and 12 weeks, we found DPOAE to be of comparable amplitude in Otof+/+ and Otof–/– mice. At the age of 24 weeks, DPOAEs were significantly reduced in Otof–/– mice for stimulus frequencies (f2) of 12, 16 and 24 kHz compared to Otof+/+ mice, indicating a role for otoferlin in preserving OHCs and active cochlear amplification. Thereafter, DPOAE amplitudes declined further between 24 and 48 weeks of age for both genotypes. In Otof+/+ mice a mild reduction of DPOAE was observed for stimulus frequencies of 16 and 24 kHz, which can likely be attributed to the Cdh23ahl allele in the C57BL/6 mouse background strain which is known to cause age-progressive high-frequency hearing loss (Kane et al., 2012; Mianné et al., 2016). A more severe DPOAE decline appeared in Otof–/– mice between 12 and 24 kHz. Thus, the functional decline of cochlear amplification assessed as DPOAE was accelerated in absence of otoferlin and preceded the loss of OHCs. For both DPOAE loss and OHC degeneration, the high frequency regions were affected earlier and more severely than the low frequency regions of the cochlea.



Maturation and Degeneration of Afferent IHC Synapses and SGNs in Absence of Otoferlin

A recent study indicated developmental deficits in Otof–/– afferent synapses (Al-Moyed et al., 2019). This led us to count ribbon type synapses in frequent intervals during the maturation of IHCs shortly before the onset of hearing, which in rodents is at 2 weeks of age. In this period, the Shank1a-labeled postsynaptic boutons of wildtype IHC gradually become smaller and restricted to a small structure close to the ribbon, and extensive synaptic pruning occurs (Figures 2, 3A). Remarkably, postsynaptic boutons at Otof–/– IHCs appeared morphologically different from age-matched wild-type boutons: The same immunostaining reveals that postsynaptic Shank1a-labeling remains in large patches throughout early postnatal development (Figure 2). At P14, Shank1a spot volume was increased by 50% (Otof+/+: 0.532 ± 0.012 μm3; n = 1,306 spots from 4 animals; Otof–/– 0.802 ± 0.019 μm3, n = 1,068/N = 4; p < 0.0001; mean ± s.e.m, Wilcoxon rank sum test).

In two-day intervals, we determined the number of synapses in IHCs of the apical region, defined as Ctpb2 immunoreactive spots juxtaposed to Shank1a labeled postsynapses. In Otof–/– IHCs of the apical region, we found an initially higher number of synapses between postnatal day 4 (P4) and P12, but a faster decay of ribbon synapse numbers in the absence of otoferlin compared to wild-type IHCs (Figures 2, 3A). Previous studies from our and other labs indicate that in the third and fourth postnatal weeks, ribbon synapse numbers in Otof–/– IHCs decrease to 60% of the numbers in wild-type IHCs (Roux et al., 2006; Al-Moyed et al., 2019).

Together, our data reveal that the presence of otoferlin is required for synaptic maturation before the onset of hearing.

We next assessed the long-term effect of otoferlin-deficiency on synapse numbers in the four regions of the cochlea described in Figure 1B. Along the length of the cochlea, at 8 weeks of age, we found ∼7 synapses per Otof–/– IHC. Between 12 and 48 weeks of age, we counted on average ∼6 synapses per Otof–/– IHC, with no obvious decay in synapse numbers over time (Figure 3B). While synapse numbers in Otof+/+ IHCs for different frequency regions declined rather constantly over time (Figure 3C), no gross difference was apparent for the different turns of the cochlea regarding synapse numbers in Otof–/– mice (Figure 3D).

We next counted the number of spiral ganglion neurons (SGNs) at the age of 8 and 48 weeks (Figure 4). At 8 weeks of age, despite afferent boutons from these SGNs already being reduced to about half of wild-type numbers, the numbers of SGNs were comparable for Otof–/– and Otof+/+ mice. Since studies of age-dependent and noise-induced synaptopathy revealed that a loss of SGN bodies occurs with a delay of several months or even years (Kujawa and Liberman, 2009, 2015; Sergeyenko et al., 2013), we counted SGN cell bodies again at the age of 48 weeks. Here, we found a slight but significant loss of SGN cell bodies at the age of 48 weeks in Otof–/– mice to an overall of 79% of Otof+/+ SGN counts (p = 0.038, 2way ANOVA genotype difference across tonotopic regions). In terms of cochlear implantation and gene therapy, the long-term presence of SGNs is promising, since the remaining SGNs can be electrically stimulated and a re-growth of dendrites could potentially be initiated by endogenous or supplemented nerve growth factors.


[image: image]

FIGURE 4. Number of SGN cell bodies at 8 and 48 weeks of age. Cochleae were cryosectioned (N = 3 to 5 cochleae, as indicated) and immunolabelled for parvalbumin, neurofilament, oncomodulin and nuclear stain (Hoechst). (A) Overview of a cochlear section (scale bar of inset: 30 μm), Note that since imaging settings were optimized for the brightest fluorescence, which is for parvalbumin in hair cells, the weaker expression of parvalbumin is hardly visible in SGNs. (B,C) Higher magnification view of Rosenthal’s canal in the apical cochlea, (D) Cell bodies were counted in 20 μm thick cryosections. SGN counts revealed a small but significant reduction in SGN numbers (p = 0.038, 2way ANOVA genotype difference across tonotopic regions) in Otof–/– compared to Otof+/+ cochleae at age 48 weeks. Scale bar, 100 μm.




DISCUSSION

In this study, we set out to analyze potential developmental defects and degenerative processes due to the absence of otoferlin in mice. For the first time, we unraveled a remarkable degeneration of IHCs between 8 and 48 weeks of age in Otof–/– mice. Moreover, we found morphologically altered postsynapses and delayed synaptic pruning in the first two postnatal weeks of Otof–/– IHC. The decay in OAEs in our mouse models over the time course studied well reflects the observed spontaneous loss of OAEs in human patients. The degradation of OAEs in Otof–/– mice first affects the higher frequencies and proceeds to the frequencies of best hearing within months. It is followed by the loss of OHCs, IHCs and SGNs later on, all starting at the base of the cochlea. According to our data, it would be preferable to apply any gene therapeutical intervention as early as possible to yield maximal benefit and hopefully to prevent degradation of IHCs. However, the mouse model for DFNB9 analyzed here comprises a large genomic deletion of exons 14 and 15, causing a subsequent frameshift (Reisinger et al., 2011), and might not model the phenotypes of all DFNB9 patients accurately. Indeed, minimal auditory evoked responses were recorded in patients with premature STOP mutations, but not in patients with frameshift mutations (Santarelli et al., 2015; Vona et al., 2020). Thus, our Otof–/– mouse line might reflect the phenotype of DFNB9 patients with frameshift mutations or large genomic deletions more closely than the one of DFNB9 patients with missense or point mutations.


Developmental Deficit of Synaptic Maturation in Otof–/– IHCs

Synaptic transmission is independent of otoferlin in immature IHCs up to postnatal day 3 (Beurg et al., 2010). From P4-5 on, hardly any Ca2+-triggered synaptic transmission can be recorded in Otof–/– IHCs (Beurg et al., 2010). Up to postnatal day 6, spontaneous action potentials can be recorded from IHCs, giving rise to synaptic activation (Kros et al., 1998; Marcotti et al.,2003a,b). Thus, during early postnatal development, transsynaptic activity is supposed to be wild-type like in absence of otoferlin, but will be greatly diminished from P5 on in Otof–/– mice. We found that synaptic maturation differs in absence and presence otoferlin from P6 on. Synaptic pruning in otoferlin-deficient IHCs started between P6 and P8, with a delay of 2 days compared to wild-type controls (Figure 3A). In Otof+/+ IHCs, synapse numbers remained mostly constant from P12 on, while they declined further in Otof–/– IHCs. From the third and fourth postnatal weeks, ∼40–50% fewer synaptic contacts are present in Otof–/– IHCs compared to littermate controls (Roux et al., 2006; Al-Moyed et al., 2019). A similar loss of approximately 40% of the ribbon synapses and delayed loss of SGNs has been described in Vglut3–/– mice, in which IHC synaptic vesicles are not loaded with glutamate (Seal et al., 2008). Later, mRNA sequencing suggested that the low spontaneous rate/high threshold SGNs were missing in this mouse line (Shrestha et al., 2018). If glutamatergic signaling was the key factor for retaining low spontaneous rate/high threshold synaptic contacts, then presumably also in Otof–/– cochleae this type of synapses would degenerate during development. Remarkably, 6 out of 7 synapses remaining at 8 weeks of age in each Otof–/– IHC persist for at least 40 weeks. Possibly, the rare spontaneous synaptic events present in Otof–/– mice, recorded as excitatory postsynaptic potentials in postsynaptic boutons (Pangrsic et al., 2010; Takago et al., 2019) support their maintenance, either by glutamatergic or by neurotrophic signaling. In contrast, a 90% reduction in voltage gated Ca2+ current in Cav1.3 knockout mice not only reduced the number of synapses to ∼60% within the first 4 weeks of life, but also to a further decay down to ∼2 synapses per IHC at the age of 29 weeks (Nemzou et al., 2006).

Given the early maturational stage where an effect of otoferlin-deficiency on synapse development becomes apparent, a gene replacement would need to be applied even prenatally to ensure proper synaptic development. After successful gene substitution in rodents at P6-P7, the number of ∼7 synaptic contacts was unchanged, which was sufficient to elicit auditory responses after gene substitution (Al-Moyed et al., 2019). As a result, although in humans OTOF-gene therapy will take place at a time point when synapse numbers are presumably already reduced, a rescue of hearing function is likely to be successful.

In addition to the alteration in synapse numbers, postsynaptic boutons appear to be larger in absence of otoferlin. While Shank1a immunolabeling in P14 wild-type controls was confined to small postsynaptic patches, Shank1a immunofluorescence appeared expanded in Otof–/– cochleae. Similarly, Kim et al. (2019) demonstrated enlarged postsynapses labeled for GluA3 in Vglut3–/– mice, in which inner hair cells exocytose vesicles lacking glutamate. We presume that neurotransmitter release from presynaptic ribbon synapses regulates the size of the postsynaptic density.

Despite a reduction in synapse numbers in the third and fourth postnatal week, the number of SGNs was wild-type like in 8 week old Otof–/– cochleae. Even at 48 weeks of age, only about half of the animals displayed a loss in SGN density (Figure 4D). Despite mRNA of otoferlin could be detected in (immature) SGNs (Yasunaga et al., 1999) and in brain (Yasunaga et al., 2000; Schug et al., 2006), our immunostainings of whole mount organs of Corti do not indicate that SGNs express significant amounts of otoferlin. Moreover, since cochlear implants that bridge only the IHC-SGN synapse have good long-term outcomes in DFNB9 patients, SGNs and neurons of the central auditory pathways seem not to functionally depend on otoferlin. We hypothesize that SGN cell bodies in Otof–/– cochleae persist despite the loss of the IHC ribbon synapse for several months, similar to the long delay between a noise trauma leading to a 40% reduction in synapse numbers and the death of SGN cell bodies (Kujawa and Liberman, 2009, 2015; Sergeyenko et al., 2013). Due to the shorter life span, mice age much faster than humans do, such that we presume that SGNs might persist in DFNB9 patients for years even without therapeutic intervention. A re-growth of the dendrites, induced by application of nerve growth factors, is experimentally addressed in mouse models to initiate recovery of synaptic contacts (Chen et al., 2018; Hashimoto et al., 2019). More studies will be required to test if a re-establishment of afferent synapses could be achieved in Otof–/– IHCs by a similar approach in the future.



Degeneration of Inner and Outer Hair Cells and Decay of OAEs

Previous studies, some of which with longitudinal studies, found OAEs to degenerate in DFNB9 patients (Rodríguez-Ballesteros et al., 2003, 2008; Kitao et al., 2019). This is the first study addressing long-term effects in mouse models for DFNB9. Similar as in human patients, DPOAEs were wild-type like in the first weeks of life. In Otof–/– mice, first signs of OAE decay were found at 24 weeks of age. At 48 weeks of age, a major deterioration of DPOAEs was observed for the 12 and 16 kHz region. In the basal turn, OAEs were strongly decreased also in Otof+/+ controls, most likely due to the Cdh23Ahl allele leading to progressive hair cell degeneration (Kane et al., 2012; Mianné et al., 2016). While a more detailed study using mouse strains with a corrected Cdh23Ahl would be useful to analyze OHC degeneration solely due to otoferlin deficiency, we demonstrate here that the loss of OHCs in Otof–/– clearly precedes the one in Otof+/+ mice of the same background. At 24 weeks of age, wild-type Otof+/+ littermates and non-littermate controls of C57BL/6 background displayed consistently more OHCs around 28 and 50 kHz than Otof–/– mice (Figure 1C). In addition, at 48 weeks of age, no loss of OHCs was apparent in the 28 kHz region of Otof+/+ mice, but ∼70% of OHCs were lost in Otof–/– mice.

Importantly, our study is the first to elucidate the loss of IHCs in Otof–/– mice. This loss was found along the length of the cochlea, with a shallow basal to apical gradient. In contrast to Otof–/– cochleae, IHCs were mostly preserved in Otof+/+ controls even at 48 weeks of age, despite the presence of the Cdh23Ahl allele. To date, it is unclear why Otof–/– IHCs and OHCs degenerate, and whether the loss of hair cells can be prevented by a gene replacement approach. Long-term observational studies with morphological analysis of treated and untreated Otof–/– organs of Corti will be required to predict a long-term outcome of gene therapy for DFNB9 patients.
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Previous work in animals with recovered hearing thresholds but permanent inner hair cell synapse loss after noise have suggested initial vulnerability of low spontaneous rate (SR) auditory nerve fibers (ANF). As these fibers have properties of response that facilitate robust sound coding in continuous noise backgrounds, their targeted loss would have important implications for function. To address the issue of relative ANF vulnerabilities after noise, we assessed cochlear physiologic and histologic consequences of temporary threshold shift-producing sound over-exposure in the gerbil, a species with well-characterized distributions of auditory neurons by SR category. The noise exposure targeted a cochlear region with distributed innervation (low-, medium- and high-SR neurons). It produced moderate elevations in outer hair cell-based distortion-product otoacoustic emission and whole nerve compound action potential thresholds in this region, with accompanying reductions in suprathreshold response amplitudes, quantified at 24 h. These parameters of response recovered well with post-exposure time. Chronic synapse loss was maximum in the frequency region initially targeted by the noise. Cochlear round window recorded mass potentials (spontaneous neural noise and sound-driven peri-stimulus time responses, PSTR) reflected parameters of the loss not detected by the conventional assays. Spontaneous activity was acutely reduced. Steady-state (PSTR plateau) activity was correlated with synapse loss in frequency regions with high concentrations of low-SR neurons, whereas the PSTR onset peak and spontaneous round window noise, both dominated by high-SR fiber activity, were relatively unaltered across frequency in chronic ears. Together, results suggest that acute targets of noise were of mixed SR subtypes, but chronic targets were predominantly low-SR neurons. PSTRs captured key properties of the auditory nerve response and vulnerability to injury that should yield important diagnostic information in hearing loss etiologies producing cochlear synaptic and neural loss.

Keywords: auditory nerve fiber, cochlear synaptopathy, cochlear neural degeneration, hair cell, noise-induced hearing loss, peri-stimulus time response, sensorineural hearing loss, spontaneous rate


INTRODUCTION

Sound coding by the cochlea must accurately represent the very large spans of level and frequency information present in the original sound stimulus. It must do so while preserving temporal information and by extracting these details in non-ideal coding environments, for example in a signal degraded by noise or other distortions. This is supported through the activation of populations of auditory nerve fibers (ANFs) that are distinguished by different spontaneous rates (SR) of firing and demonstrate different thresholds and dynamic ranges of rate coding responses. These ANFs, through their direct and highly specialized synaptic communications with the sensory inner hair cells (IHCs) of the cochlea, comprise the vast majority of fibers responsible for carrying this information toward the brain.

Over the last decade, a number of investigations have provided evidence that the synapses between IHCs and ANFs that provide for this information flow are the most vulnerable elements in several etiologies of sensorineural hearing loss (SNHL) common in humans, including noise and aging. These studies showed that many synapses disappear acutely after noise, even for exposures that cause only transient threshold shifts and no hair cell loss (Kujawa and Liberman, 2009; Lin et al., 2011; Fernandez et al., 2015). They revealed, in aging, that declines occur gradually over the lifespan, beginning before either outer hair cell (OHC) loss or the resultant cochlear threshold shifts first appear (Sergeyenko et al., 2013; Parthasarathy and Kujawa, 2018). Loss of synapses renders associated ANFs silent.

Initially studied in mouse models, similar observations have now been made in multiple mammalian species (Kujawa and Liberman, 2015 for review). In humans, studies of age-graded archival temporal bones have revealed that loss of ANFs outstrips IHC loss by a factor of two in “normal aging” cases (Wu et al., 2019) and that acoustic injury accelerates this age-related primary neural degeneration (Wu et al., 2021). Although assessment of human temporal bone histopathology can provide direct documentation of the deafferentation, assessment of possible consequences to human auditory function remains in early stages. Thus, given the fundamental role of ANFs in sound coding, understanding properties of ANF responses in health, and the relative vulnerabilities of ANF fiber subtypes to injury, is key to studying auditory deficits.

Initial studies hypothesized that a subset of ANFs was chronically most vulnerable to noise, and, based on subtotal losses and post-exposure recovery of thresholds, low-SR neurons were suggested as possible initial targets (for review, Liberman and Kujawa, 2017). Neurophysiological study supported this hypothesis; at a steady-state time after recovery from noise-induced threshold shifts, low-SR ANFs appeared reduced in cochlear regions tonotopically appropriate to the noise insult. In contrast, high-SR fibers were well represented, with sensitive thresholds and well-preserved properties of tuning and suprathreshold response (Furman et al., 2013). These high-SR neurons are largely responsible for coding lowest-level signals in quiet, whereas low-SR neurons, which maintain robust responses in continuous noise backgrounds (Costalupes et al., 1984), are suggested to be the key to recognition of complex signals in noise. Such an outcome might help explain speech-in-noise difficulties that are commonly reported, even in individuals with normal thresholds (Bharadwaj et al., 2014), and may help explain performance differences in ears with similar audiometric thresholds.

Low-SR neuron activity, however, is difficult to extract from the ‘whole-nerve’ responses typically captured to assess auditory nerve function in experimental and clinical settings. By virtue of their generally elevated thresholds (Liberman, 1978), delayed first spike onset (Rhode and Smith, 1985; Versnel et al., 1990), and broad distribution (jitter) of first spike latencies (Oliver et al., 2006; Buran et al., 2010; Bourien et al., 2014; Huet et al., 2016), low-SR neuron loss can be particularly well hidden from detection by conventional assessments of hearing and of neural function, creating significant diagnostic challenges (Huet et al., 2019).

Recent work has suggested a promising approach to clarifying neural targets of noise, using a round-window recorded peri-stimulus time response (PSTR) of ANFs to sound (Batrel et al., 2017). The PSTR resembles the classically recorded PST histogram of a single ANF response, with its prominent onset response (peak) decaying exponentially to a lower steady-state value (plateau). The PSTR does not estimate directly the proportion of low- vs. high-SR based fiber loss; however, in simultaneous recordings of single ANF PST histograms and round-window PSTRs, the PSTR peak-to-plateau ratio correlated positively with the mean SR of the fibers tuned to the PSTR probe frequency (Huet et al., 2021). Consequently, a targeted loss of low-SR fibers after noise may elevate the mean SR of surviving fibers, inducing a potential change on the PSTR peak and/or plateau. In complement to such sound-driven responses, the neural “noise” that can be detected from the round window in the absence of acoustic stimulation (Dolan et al., 1990; Cazals and Huang, 1996; McMahon and Patuzzi, 2002) is characterized by a broad spectral peak centered near 0.8–1.0 kHz. Because the amplitude of this peak reflects the overall spontaneous firing of the ANFs, which is dominated by high-SR fibers, it may provide an indirect estimate of high-SR fiber survival (Batrel et al., 2017).

Here, we established a gerbil model of temporary noise-induced threshold shift with cochlear synaptopathy. In gerbil, the SR-based distribution of ANFs is well characterized. It varies as a function of cochlear location and displays a higher proportion of low-SR fibers than in mouse (Schmiedt, 1989; Ohlemiller and Echteler, 1990; Taberner and Liberman, 2005; Bourien et al., 2014; Petitpré et al., 2020). This specificity makes the gerbil a useful model in which to study different SR-based pools of ANFs within the same cochlea for their vulnerability to noise. We recorded distortion product otoacoustic emissions (DPOAE) to evaluate the functional integrity of the OHCs and compound action potentials (CAP) of the auditory nerve to assess ANF firing synchrony at the onset of the acoustic stimulation. Our electrophysiological approach also included the recording of ensemble ANF spontaneous activity at the level of the cochlear round window (e.g., Dolan et al., 1990) and sound-evoked PSTRs to assess their sensitivity to synapse loss and their ability to reflect the relative vulnerability of low-vs. high-SR fibers to noise.



MATERIALS AND METHODS


Animals and Groups

Mongolian gerbils (Meriones unguiculatus) of both sexes were used for all experiments. Animals were born and housed in a colony from breeders obtained from Charles River Laboratories. At age 14 weeks (wk; ±5%) gerbils were noise-exposed and assigned to groups to be tested at various post-exposure times (24 h, 2 wk, or 4 wk after noise). Age-matched, unexposed animals otherwise held identically served as controls. All procedures were approved by the Institutional Animal Care and Use Committee of the Massachusetts Eye and Ear.



Noise Exposure

Awake gerbils were placed, singly and unrestrained, in a small wire mesh cage suspended directly below the acoustic horn of a sound delivery loudspeaker that extended into a reverberant exposure chamber. A one-octave band of noise (2.8–5.6 kHz) was delivered at 100 dB SPL for 2 h. Calibration to the target level was accomplished immediately preceding each exposure session. Sound levels at different locations within the holding cage varied within 1 dB of the target level.



Physiology

Physiologic testing was conducted in an acoustically and electrically shielded chamber heated to 34°C. Gerbils were anesthetized with ketamine (100 mg/kg ip) and xylazine (5 mg/kg ip). Anesthesia was maintained with periodic administration of ketamine (33–50 mg/kg ip). Heart rate, temperature, and oxygen saturation were monitored throughout testing. A National Instruments PXI-based system with 24-bit digital input/output boards generated all stimuli and captured all responses, controlled by custom LabVIEW-based software (details at: https://masseyeandear.org/research/otolaryngology/eaton-peabody-laboratories/engineering-core). Signals were delivered using a custom, closed acoustic assembly comprising two miniature sound delivery speakers (CDMG15008-03A, CUI) and a detection microphone (FG-23329-PO7) to measure sound pressure in the ear canal. Responses were amplified (10,000×; Grass P511) with a 10–3,000 Hz (CAP) or 3–10,000 Hz (PSTR) pass band. The left ear of each animal was tested.


DPOAE

Distortion product otoacoustic emissions were elicited with stimuli consisting of two pure tones (f1 and f2) presented at frequencies defined by f2/f1 = 1.2 and at levels defined by L1 = L2 + 10 dB. Captured from ear canal pressure measurements, DPOAEs of the frequency 2f1-f2 were recorded as functions of increasing stimulus level (L2 = 0–80 dB SPL, 5 dB steps) at 10 f2 frequencies from 2 to 44 kHz. From the growth functions, iso-response curves were interpolated to determine DPOAE thresholds, defined as the minimum level required to elicit a DPOAE of −5 dB SPL.



CAP

Compound action potentials of the auditory nerve were recorded using a wire recording electrode (platinum-iridium) placed at the round window niche, with subdermal needle electrodes at the vertex (reference) and tail base (ground). CAPs were elicited by tone pips (0.5 ms rise-fall, 5 ms plateau, 16/s). Stimulus frequencies matched DPOAE f2 values, and the level was increased in 5 dB steps from below threshold to 90 dB SPL. Opposite-polarity stimulus pairs (128 tone pips/polarity) were presented for each frequency-level combination. Responses were amplified (10,000×), filtered (10–3,000 Hz), and averaged. Offline, peaks corresponding to N1 and P1 of the action potential were identified visually from stacked waveforms, aided by custom software. The threshold was defined as the lowest level at which repeatable response peaks were evident, and peak-to-peak values of the N1-P1 components were used to calculate response amplitudes.



Round Window Noise

Electrical activity from the round window in the unstimulated condition (e.g., round window “noise”) was recorded with the same electrode used for CAP assessment. The detected activity was captured over 40 s, amplified (10,000×), and its overall power spectral density (PSD) was estimated using Welch’s method (pwelch function using MATLAB language, 2,048 samples per segment, 0% overlapped, rectangular window, sampling rate 100,000 samples/s). The coordinate (frequency, x-axis; amplitude, y-axis) of the spectral peak occurring in the 900 Hz range of the PSD was detected using the max MATLAB function (search window 300–1,200 Hz). The amplitude of the 900-Hz component in the round window noise was also estimated by applying a bandpass filter (300–1,200 Hz, 2nd-order Butterworth filter) to the 40-s trace and calculating the overall root-mean-square (RMS) level. Spectral peak amplitude, frequency, and RMS level were compared across groups of noise-exposed animals and controls.



PSTRs

Peri-stimulus time responses were elicited using 1/3 octave band noise bursts (trapezoidal envelope, 200 ms duration, 1 ms rise/fall) with center frequencies at each of the 10 CAP test frequencies, levels from 0 to 80 dB SPL in 10 dB steps, and 50 presentations per frequency-level combination. Each “presentation” comprised a pair of bursts presented in opposite polarities to minimize the hair cell-based cochlear microphonic. The seed of the pseudorandom noise generation was refreshed at the first burst of each pair to ensure independence of the stimulus waveform across presentations. Half sums from each presentation pair were filtered (300–1,200 Hz) and the temporal envelope extracted by full-wave rectification and smoothing (1-ms time span). PSTRs were then obtained by averaging the resulting signals as in Huet et al. (2021). The onset-peak amplitude of the PSTR was estimated using the max MATLAB function, during the first 6 ms of the response. The plateau amplitude of the PSTR was measured by averaging the PSTR samples during the last 50 ms of the response.


Immunostaining of Cochlear Whole Mounts

Immediately following the testing, subsets of animals from each group were transcardially perfused with 4% paraformaldehyde in 0.1 M phosphate buffer, followed by intralabyrinthine perfusion of fixative through the oval and round windows. Cochleae were post fixed for 2 h at room temperature and decalcified in 0.12 M EDTA for 72 h. The left (tested) cochlea was processed for these studies.

The organ of Corti was microdissected into nine pieces, transferred to a sucrose solution (30% sucrose in PBS), permeabilized by freeze/thawing, and blocked in 5% normal horse serum with 0.3% Triton X-100 in PBS for 1 h. Pieces were incubated for ~20 h at 37°C with primary antibodies then incubated for 2 h at 37°C with secondary antibodies. All antibodies were diluted in 1% normal horse serum with 0.3% Triton X-100 in PBS. IHC bodies were labeled with an antibody against myosin VIIa, a component of hair cell stereocilia and cytoplasm (rabbit anti-myosin VIIa, Proteus Biosciences, 1:200; AlexaFluor 647 donkey anti-rabbit, 1:200). Presynaptic ribbons were labeled with an antibody against a predominant ribbon component, C-terminal binding protein 2 (mouse IgG1 anti-CtBP2, BD Biosciences, 1:200; AF 568 goat anti-mouse IgG1, 1:1,000). Post-synaptic glutamate patches were labeled with an antibody against the GluR2 subunit of AMPA-selective glutamate receptors (mouse IgG2a anti-GluA2, Millipore, 1:2,000; Alexa Fluor 488 goat anti-mouse IgG2a, 1:1,000). Cochlear segments were mounted in Vectashield (Vector Laboratories) on a glass microscope slide, arranged from apex to base.



Hair Cell and Synapse Quantification

Immunostained cochlear segments were imaged at low power (Leica DM5500 epifluorescence microscope, 10× air objective, N.A. 0.4) for quantification of inner and outer hair cell loss. A cochlear frequency map was produced from the same images for each organ of Corti using a custom plug-in for Image J, based on the place-frequency map for gerbil (Müller, 1996). For synapse quantification, confocal z-stacks were acquired (Leica TCS SP5) using a glycerol-immersion objective (63×, N.A. 1.3) and 3.17× digital zoom. The x-y dimensions were fixed for all stacks at 1,024 × 512 pixels. The y dimension included and extended slightly beyond the tectorial-to-basilar membrane length of IHCs. The z dimension was selected manually for each stack to capture the full modiolar-to-pillar extent of every IHC in the x-y frame. Approximately 15–17 IHCs were imaged at each frequency location by acquiring two adjacent z stacks (0.33 μm spacing).

Image stacks were imported to Amira (ThermoFisher Scientific) to quantify hair cells, pre-synaptic ribbons, and post-synaptic glutamate receptor patches. IHCs were inspected for overall morphology based on their myosin-stained cell bodies and quantified based on their CtBP2-stained nuclei. In Amira, a 3D representation of each stack was produced and rotated during quantification to avoid undercounting ribbons obstructed by each other at certain viewing angles. Synapses were quantified as paired pre-synaptic ribbon/post-synaptic glutamate receptor patch puncta at seven cochlear locations from 0.5 to 32 kHz.






RESULTS


Noise-Induced DPOAE and CAP Threshold Shifts Were Similar and Reversible

Threshold sensitivity was assessed in groups of gerbils held 24 h, 2 wk or 4 wk after exposure (2.8–5.6 kHz, 100 dB SPL, 2 h) and in age-matched animals held identically except for the single exposure. Our aim was to produce robust, but reversible, threshold elevations as characterized previously (Kujawa and Liberman, 2009; Lin et al., 2011). In Figure 1, the effects of the exposure on DPOAEs and CAPs are shown in threshold audiograms (Figures 1A,B) and as shifts from control values (Figures 1C,D). Twenty-four hours after exposure, threshold shifts were maximum at 16 kHz for both DPOAEs and CAPs (30.1 ± 2.3 dB and 37.3 ± 2.9 dB, respectively) and fell rapidly below 4 kHz and above 20 kHz, consistent with the parameters of the overexposure stimulus and known nonlinearities in the cochlear response to sound (e.g., Robles and Ruggero, 2001; Kujawa, 2016 for review). We ran ANOVA models at two frequencies within this range, 8 and 16 kHz, where hierarchical tests showed a significant effect of exposure (control vs. exposed groups) in both DPOAE and CAP response thresholds at both frequencies (p < 0.001 for all comparisons). Thresholds recovered significantly with post-exposure time: comparisons of the 24 h group with the 2 and 4 wk groups, by both measures and at both 8 and 16 kHz, were significant (p < 0.001 for all). DPOAE and CAP thresholds at 2 wk and 4 wk post-exposure were not different at either frequency. The comparable magnitude of threshold shift in the two response types is consistent with OHC involvement in the acute injury.


[image: image]

FIGURE 1. Response thresholds and shifts from control. Thresholds of DPOAEs (A) and CAPs (B) are shown as response means ± SEM for unexposed controls (white/black) and groups of gerbils held 24 h (magenta), 2 wk (orange), and 4 wk (blue) after noise (2.8–5.6 kHz, 100 dB SPL, 2 h). Corresponding shifts from control values are shown in panels (C) and (D). The exposure noise band is indicated in light gray. Group sizes were: control (14), 24 h (7), 2 wk (7), 4 wk (9). For some group means, error bars do not exceed symbol boundaries. The color scheme applies to all figures. ANOVA models were run at 8 and 16 kHz using hierarchical tests at each frequency in a predefined sequence. Control vs. exposed groups was significant for both DPOAE and N1-P1 at both 8 and 16 kHz (p < 0.001 in all four comparisons). 24 h vs. 2 and 4 wk groups was significant by both measures and at both frequencies (p < 0.001 in all four comparisons). DPOAE and CAP thresholds at 2 wk and 4 wk post-exposure were not different at either frequency (p = 0.80 and p = 0.45 at 8 kHz and 16 kHz, respectively). For all threshold analyses, alpha = 0.05.





Response Amplitudes Revealed Different Patterns of Recovery After Noise

Response amplitudes, as functions of increasing stimulus level, were recorded for DPOAEs and CAPs at all threshold test frequencies. Figure 2 displays results for five frequencies ranging from below (2 kHz; Figures 2A–F) to above (32 kHz; Figures 2E–J) the region of temporary threshold shift at each of the three post-exposure times, as compared to controls. Consistent with the pattern of injury revealed by the threshold measures at 24 h post-exposure, DPOAE growth functions were shifted to the right and linearized at 4, 8, and 16 kHz (Figures 2B–D), most dramatically at the frequency of maximum threshold shift, 16 kHz (Figure 2D). In contrast, response alterations were small for frequencies outside this region (Figures 2A–E). CAP response amplitudes at 24 h were largely reduced from control at all frequencies shown (Figures 2F–J). Effects of noise were assessed at 30 dB SL for CAPs, to allow comparison with PSTR metrics, and in DPOAEs, for consistency. Statistical analyses were performed on amplitude data at 4, 8, and 16 kHz. As in threshold analyses (Figure 1), hierarchical testing began by considering all four groups for an effect of exposure.
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FIGURE 2. Suprathreshold response amplitudes. Amplitude vs. stimulus level functions for DPOAEs (L2 = 0–80 dB SPL) and CAPs (10–90 dB SPL) in unexposed and exposed gerbils 24 h, 2 wk and 4 wk after noise. 2f1-f2 DPOAE (A–E) and N1-P1 of the CAP (F–J) at 2, 4, 8, 16, and 32 kHz. All data points are group means ± SEM; group sizes are as given in the Figure 1 caption. Statistical tests were performed for amplitude data at 4, 8 and 16 kHz, at 30 dB SL to facilitate comparison with peri-stimulus time response (PSTR) responses shown in Figure 6. Control vs. exposed groups (alpha = 0.05): DPOAE amplitudes differed at 8 kHz (p < 0.001) and 16 kHz (p < 0.001) but not 4 kHz (p = 0.07); N1-P1 amplitudes were reduced in exposed groups at all three frequencies (p < 0.001). 24 h vs. 2 wk, 4 wk (alpha = 0.025): DPOAE amplitudes were significantly different at 8 and 16 kHz (p < 0.001 for both) but not at 4 kHz (p = 0.37); N1-P1 amplitudes recovered significantly with post-exposure time at 4, 8, and 16 kHz (p < 0. 001 at each frequency). Control vs. 2 wk, 4 wk (alpha = 0.025): DPOAE amplitudes of the exposed groups were less than control at 8 kHz (p = 0.018) but not at 4 or 16 kHz (p = 0.20 and p = 0.64, respectively); similarly, neural responses of the exposed groups were less than control at 8 kHz (p = 0.02) but not at 4 or 16 kHz (p = 0.16 and p = 0.28, respectively). Two week and 4 wk amplitudes were not different at 4, 8, or 16 kHz in the DPOAE (p = 0.65, p = 0.91, and p = 0.54) or the N1-P1: (p = 0.86, p = 0.25, and p = 0.07) responses.



In these comparisons, control DPOAE amplitudes differed significantly from the exposed groups at 8 kHz (p < 0.001) and 16 kHz (p < 0.001) but not 4kHz (p = 0.07). Similarly, amplitudes of the 24 h group were significantly different from the longer-held groups for f2 frequencies of 8 and 16 kHz (p < 0.001 for both) but not 4 kHz (p = 0.37). When these longer-held groups were compared to control, there was a difference in DPOAE amplitudes at 8 kHz (p = 0.018) but not at 4 or 16 kHz (p = 0.20 and p = 0.64, respectively). Across all three frequencies, N1-P1 amplitudes of the control group were significantly different from those of the exposed groups (p < 0.001). Amplitudes of the longer-held groups (2 wk and 4 wk) differed from the 24 h group at all frequencies (p < 0. 001 at each frequency) and from the control group at 8 kHz (p = 0.02) but not at 4 or 16 kHz (p = 0.16 and p = 0.28, respectively). At all tested frequencies, amplitudes of the 2 and 4 wk groups were not significantly different by either metric.



Synapse Loss Persisted in Region of Maximum Acute Noise Injury

Structures supporting sensory-to-neural communication include glutamate-releasing presynaptic ribbons of IHCs and postsynaptic glutamate receptor patches of ANF terminals. To quantify these elements, we immunostained these structures, as seen in confocal xy projections (Figure 3A). These immunolabeled IHC-ANF synapses are schematized in Figure 3B and quantified in Figure 3C. Noise effects on IHC synapses (Figure 3C) were concentrated in cochlear regions corresponding to frequencies of maximum TTS. To analyze these effects, ANOVA models were run at 8 and 16 kHz using hierarchical tests at each frequency in a predefined sequence. Synapses per IHC in exposed cochleae were significantly reduced from controls (p = 0.02 at 8 kHz; p < 0.001 at 16 kHz). At 16 kHz, despite significant recovery with post-exposure time (2 and 4 wk vs. 24 h, p = 0.005) values remained reduced compared to control (2 and 4 wk vs. control, p = 0.001). A similar pattern is apparent, but not statistically significant, at the 8 kHz cochlear location (p = 0.1, p = 0.07). Synapse counts at 2 and 4 wk were not different from each other at 8 or 16 kHz. Synapse counts above and below these frequencies appeared unaffected by the band-limited noise at any post-exposure time assessed. We note that synapse counts in control ears at 1 kHz are slightly smaller than lab norms and may account for the apparent elevations from control at 1 kHz in the noise-exposed ears. In the same ears, outer and inner hair cell losses were <5% at all cochlear locations assessed for all groups.
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FIGURE 3. Synapse counts. (A) Confocal maximum projection of six adjacent inner hair cells (IHCs) in the 2 kHz cochlear location, immunolabeled for presynaptic ribbons (CtBP2, red), postsynaptic receptor patches (GluA2, green), and IHCs (myosin VIIa, blue). At the base of one hair cell, a small white rectangle indicates the region displayed below at higher magnification. (B) Schematic of the IHC area showing presynaptic and postsynaptic elements. (C) Synapses per IHC at cochlear locations corresponding to CAP test frequencies, plotted as group means ± SEM in unexposed and exposed gerbils 24 h, 2 wk, and 4 wk after noise, n = 4 animals/group. ANOVA models were run at 8 and 16 kHz using hierarchical tests at each frequency in a predefined sequence. Comparison of control vs. all exposed groups (alpha = 0.05) indicated a significant effect of exposure at both 8 kHz (p = 0.02) and 16 kHz (p < 0.001). At 8 kHz, 24 h vs. 2 wk, 4 wk (alpha = 0.025) was not significant (p = 0.11), nor was control vs. 2 wk, 4 wk (p = 0.07). At 16 kHz, 24 h vs. 2 wk, 4 wk (alpha = 0.025) was significant (p = 0.005), as was control vs. 2 wk, 4 wk (p < 0.001). Pairwise comparison of 2 wk vs. 4 wk was not significant at either frequency.





Spontaneous Round Window-Recorded Neural Activity Was Acutely Reduced After Noise

The electrical activity that can be detected by a round window electrode in the absence of intentional stimulation (round window noise; Dolan et al., 1990; Cazals and Huang, 1996; McMahon and Patuzzi, 2002; Batrel et al., 2017) reflects the unsynchronized, spontaneous discharge of ANFs. This activity can be highlighted by computing the power spectrum density (PSD) of the round window noise. The PSD shows a spectral peak in the vicinity of 900 Hz, as seen in Figures 4A–D. In gerbil, due to the close proximity of the auditory nerve to this recording site (Chamberlain, 1977), the unitary contributions of ANFs to the 900 Hz peak is assumed to be independent of the fiber’s characteristic frequency (i.e., weak base-to-apex gradient of contribution) but significantly dominated by the high-SR fibers (i.e., strong low-to high-SR gradient of contribution).
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FIGURE 4. Power spectral density (PSD) of spontaneous round window activity. (A–D) PSD in unexposed (A) and exposed gerbils 24 h (B), 2 wk (C), and 4 wk (D) after noise. (E,F) Amplitude (E) and frequency (F) of the spectral peak in the same groups. (G) Root-mean-square (RMS) amplitude of the PSD after applying 300–1200 Hz band-pass filter. In all panels, data are shown as means ± SEM, with group sizes as given in the Figure 1 caption. (E–G) Groups were compared using a one-way ANOVA and a post hoc test for multiple comparisons of groups; ***p < 0.001.



We considered whether this spontaneous activity was acutely and/or chronically altered by noise exposure by comparing the amplitude and nominal center frequency of this spectral peak activity among noise-exposed groups (at 24 h, 2 wk, or 4 wk; Figures 4B–D) with unexposed controls (Figure 4A). Results quantified at 24 h revealed a dramatic reduction, to about 34% of control, in PSD peak amplitude, without significant change in the frequency location of the spectral peak (Figures 4E,F). By 2 weeks post-exposure, these parameters of the activity had returned to control levels and were largely stable at 4 weeks. Expressed as RMS amplitudes of the 300–1,200 Hz band-pass filtered signal, the same time-dependent relationships hold, with a large decline in RMS amplitude evident at 24 h, followed by recovery to control levels (Figure 4G). Together, results suggest significant declines in the activity of high-SR neurons in the acute post-exposure time frame, with good recovery evident in chronic ears. Such recordings provide little direct information concerning the functional integrity of low-SR ANFs.



PSTRs Tracked Synapse Loss After Mild Noise Exposure

Peri-stimulus firing adaptation is an important feature of ANF response, largely determined by the IHC-ribbon synapse machinery (Moser and Beutner, 2000; Beutner et al., 2001; Goutman and Glowatzki, 2007). Peri-stimulus time histograms (PSTHs) of single ANF responses to sound (Westerman and Smith, 1984) reveal a peak of activity at the onset of stimulation followed by adaptation to a steady-state firing plateau that persists with continued stimulation. These features of the PSTH are remarkably well-preserved in the global ANF electrical activity accessible at the level of the cochlear round window, the peri-stimulus time response, PSTR.

Here, with the same RW electrode used to record the CAP and the spontaneous round window activity, we recorded PSTRs evoked by a train of narrow-band noise bursts centered at the probe frequencies used to elicit the CAP. To avoid an excessive spread of excitation, we adjusted the sound level at 30 dB above the threshold, which has been shown to be sufficient to recruit low-SR fibers in the gerbil (Huet et al., 2016). In Figure 5, we considered several characteristics of the PSTR recorded 2 and 4 wk after moderate noise exposure, as compared to unexposed controls. At these post-exposure times, PSTR thresholds (Figure 5G) and DPOAE and CAP thresholds (Figure 1) were not different from control levels; thus, noise-induced shifts and OHC dysfunction are not confounds to interpretation.


[image: image]

FIGURE 5. PSTR peak and plateau after noise exposure. (A,B) Population PSTRs obtained in response to noise bursts centered at 4 kHz (A) and 16 kHz (B), for sound levels 10–50 dB SPL, in 10 dB steps. Group sizes are as listed in the Figure 1 caption. (C–F) The amplitude of the PSTR peak at 4 kHz (C) and 16 kHz (D) and of the PSTR plateau at 4 kHz (E) and 16 kHz (F) as a function of level. Insets in (C,E) indicate the relevant measurements. (G) PSTR derived threshold. For reference, the gray dashed line indicates the sound levels at 30 dB above PSTR threshold (i.e., 30 dB SL). (H) The amplitude of the PSTR plateau at 30 dB SL as a function of the probe frequency. Data are means ± SEM; *p < 0.05, Student’s t-test.



Two frequencies were selected for comparison; 4 kHz, in a cochlear region where no synapse loss was seen, and 16 kHz, where the maximum synapse loss occurred (see Figure 3). In unexposed animals, the onset-sensitive PSTR peaks, shown in Figures 5A,B (black traces) and quantified in Figures 5C,D (black lines), display amplitudes that grew with level and varied by frequency. PSTR peak amplitudes were not persistently altered by the noise either within (16 kHz) or outside (4 kHz) the cochlear region maximally injured by the noise. In contrast, the steady-state plateau of the response showed persistent declines at 16 kHz but not 4 kHz (compare Figures 5E,F), summarized in Figure 5H for stimulation at 30 dB SL. Although outcomes relative to SR subtype vulnerability after noise can be influenced by the expected frequency/cochlear location of the noise injury and OHC involvement at short post-exposure times, effects on the PSTR plateau isolated to the 16 kHz region, in combination with the complete lack of chronic noise effects on PSTR peak responses at either frequency, together suggest persistent dysfunction of low-SR fibers.

It is widely accepted that sound-evoked gross potentials recorded at the round window are dominated by the response of ANFs populating the cochlear region tuned to the probe frequency (Kiang et al., 1965; Ozdamar and Dallos, 1978). Unitary responses at the gerbil round window appear independent of fiber CF (Batrel et al., 2017). However, estimating the number of fibers contributing to gross metrics remains difficult (Bourien et al., 2014). In control gerbils, the number of synapses (fibers) per IHC was well matched at 4 and 16 kHz (20.8 ± 0.3 at 4 kHz vs. 20.9 ± 0.8 at 16 kHz; Figure 3C). However, CAP amplitude differences were large (80.8 ± 6 μV at 4 kHz vs. 45.6 ± 2.9 μV at 16 kHz, measured 30 dB above threshold; Figure 2). Similar differences were observed in the PSTR, with a peak of 12.6 ± 1.3 μV at 4 kHz vs. 5.2 ± 0.4 μV at 16 kHz and plateau of 1.7 ± 0.2 μV at 4 kHz vs. 0.9 ± 0.1 μV at 16 kHz (Figure 5). These differences in CAP and PSTR amplitudes at 4 and 16 kHz may be strongly influenced by frequency-dependent differences in the shapes of their respective neural tuning curves (Schmiedt, 1989; Ohlemiller and Echteler, 1990). Fibers tuned to 16 kHz display narrower tuning curves than those tuned to 4 kHz, especially evident at lower levels of stimulation (i.e., 30 dB above threshold). Sound stimulation at 16 kHz will therefore recruit a more restricted number of fibers sharply tuned to the probe stimulation than 4-kHz stimulation, which will recruit a larger number of fibers and thus display broader tuning. Fibers tuned to 16 kHz also exhibit higher saturation firing rates compared to 4 kHz-tuned fibers (Ohlemiller et al., 1991; Huet et al., 2016); however, this difference is probably not sufficient to counterbalance the tuning curve effect.

To circumvent these inherent frequency-dependent effects, we normalized the CAP and PSTR amplitudes measured in exposed animals relative to values from unexposed animals. Because noise-induced synaptopathy does not change the neural tuning curve and rate- vs.-intensity functions of remaining fibers (Furman et al., 2013), we assume that the decrease of the CAP and PSTR normalized amplitudes can be attributed to synapse loss.

As displayed in Figure 6A, CAP amplitudes in the 8–16 kHz region showed persistent declines at 2 wk post-exposure, with some recovery occurring by 4 wk (see also Figure 2). PSTR peak amplitudes over the same range of frequencies (Figure 6B) showed non-significant changes from control at both post-exposure times. This onset-dominated response was a poor predictor of synapse survival in these ears (Figure 6E). CAP N1-P1 amplitudes (Figure 6D) fared somewhat better, with outcomes that varied with frequency, and a generally moderate predictive value for synapse loss. In comparison, PSTR plateau, representing activity from a population of ANFs distributed across SR groups, including low-SR fibers, showed persistent, ~ 40% declines in tonotopically-appropriate regions (Figure 6C) and correlations with synapse survivals at both 2 and 4 wk after noise (Figure 6F).
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FIGURE 6. Correlations between electrophysiological indices and synapse survival. (A–C) N1-P1 CAP amplitude (A), PSTR peak (B), and PSTR plateau (C) in unexposed and exposed gerbils 2 wk and 4 wk after noise. Means (± SEMs) are normalized to unexposed group values. CAP and PSTR measured at 30 dB above PSTR threshold. (D–F) Individual data (small symbols), group means (large symbols), and linear fits (dashed lines) for 2- and 4-wk held animals compared to control, for the electrophysiological indices shown in panels (A–C) and synapse survival data shown in Figure 3. Means are ± SEM, n = 4 animals/group. Correlations were tested using the Pearson correlation coefficient; r and p-values are given on the individual panels (D–F).



In Figure 7, we focused on PSTRs obtained at 16 kHz, the region of maximum synaptic loss. Direct comparisons of the PSTR stimulus waveform (Figure 7A), PSTR peak and plateau amplitudes, and their derived peak-to-plateau ratios clearly reveal the sensitivity, particularly of the ratiometric response, in capturing this hidden noise-induced injury (Figures 7B–D). These parameters of the PSTR are plotted for the 2 wk post-exposure, 4 wk post-exposure, and unexposed control groups. Peak PSTR values (Figure 7B) did not differ significantly among the control and noise-exposed groups. In contrast, significantly smaller PSTR plateaus (Figure 7C), driving significantly larger PSTR peak-to-plateau ratios (Figure 7D), were seen for both groups of noise-exposed ears. These results suggest a preferential vulnerability of low-SR neurons which is not well captured by the onset-driven PSTR peak and CAP (see also Figure 6).
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FIGURE 7. PSTR peak, plateau, and peak-to-plateau ratio after noise exposure at 16 kHz. (A) PSTRs in response to a burst of third-octave band noise presented at 30 dB above PSTR threshold. (B–D) PSTR peak (B), plateau (C), and peak-to plateau ratio (D) in unexposed and exposed animals, with group sizes as given in the Figure 1 caption. Closed circles indicate individual data. (B–D) Data are shown as means ± SEM and compared using a one-way ANOVA and a post hoc test for multiple comparisons of groups; *p < 0.05.






DISCUSSION


Development of a Gerbil Model of Noise-Induced Cochlear Synaptopathy

Sound overexposure can result in hair cell damage or loss, associated with threshold elevation, degraded frequency tuning, and loss of critical cochlear nonlinearities (Liberman and Kiang, 1978; Schmiedt, 1984). We now know that noise exposure also can lead to extensive cochlear neuronal degeneration. This primary cochlear deafferentation is initially seen as the loss of IHC synapses with primary ANFs.

Synaptic losses after noise can be dramatic; up to ~50% of synapses can disappear within minutes of exposure in tonotopically-relevant cochlear regions (Kujawa and Liberman, 2009; Fernandez et al., 2020), silencing affected fibers. The condition has been labeled “hidden hearing loss,” because substantial synaptic and neural losses can be present in ears with normal or recovered thresholds. Beyond the relative insensitivity of the threshold audiogram to such loss, commonly utilized whole nerve responses like the CAP and ABR wave 1 are not ideally suited to reflect the loss of hypothesized primary targets of noise, the low-SR ANFs (Schmiedt, 1989; Ohlemiller and Echteler, 1990; Bourien et al., 2014; Batrel et al., 2017).

To facilitate the study of this deafferentation and to provide insights regarding ANF vulnerabilities by SR subtype, we established a model of noise-induced cochlear deafferentation in gerbil, a species with well-characterized distributions of auditory neurons by SR subtype and a range of hearing significantly overlapping that of humans (Ryan, 1976). The exposure used in these studies produced acutely moderate elevations in hair cell- and neural-based response thresholds and reduced suprathreshold amplitudes that showed good recovery with post-exposure time. Effects on these responses were maximum for stimulus frequencies corresponding to cochlear regions with a distributed representation of ANFs with low, medium, and high spontaneous rates of firing, at least as observed in unexposed ears. As with other species studied, we observed post-noise synapse loss in the same frequency region demonstrating maximal post-noise neural response declines. For the exposure we tested, chronic losses were small.



ANF Populations in Normal Ears and Vulnerability to Insult

Sound coding relies on auditory nerve fibers, the majority of which communicate singly with a single IHC, initiating the neural spike trains that carry information toward the brain. These ANFs display spontaneous rates of firing ranging from ~0 to over 100 spikes per second (Kiang et al., 1965). Their driven rates differ by their thresholds of activation and saturation characteristics, supporting intensity coding over a large dynamic range. Auditory nerve fibers comprise three SR-based pools, as described by Liberman (1978) in the cat: high-SR (>18 spikes/s) fibers evidenced the lowest thresholds, medium-SR (0.5–18 spikes/s) fibers had higher thresholds, and the low-SR (<0.5 spikes/s) population had the highest minimum, mean, and maximum thresholds. The dynamic ranges of low-SR fibers are shifted to higher levels by their thresholds and are larger than those of medium- and high-SR fibers (Winter et al., 1990; Taberner and Liberman, 2005).

Distributions of high-, medium- and low-SR fibers remain incompletely described in multiple mammalian species and are virtually uncharacterized in humans. In gerbil, the majority of afferents apical to the 3–4 kHz cochlear location are high-SR fibers, whereas SR subtypes are more evenly distributed basally, where low-SR fibers are concentrated (Schmiedt, 1989; Ohlemiller and Echteler, 1990; Müller, 1996; Bourien et al., 2014; Huet et al., 2016, 2019). Sound-driven response properties of ANFs also demonstrate this transition, yielding different distributions of slopes, saturation rates, and dynamic ranges, as well as different interactions among these response parameters (Ohlemiller et al., 1991). With a roughly 4–5× greater proportion of low-SR fibers in the cochlear base compared to the apex, and the differing regional phenotypes that result, the gerbil provides a powerful means to address questions of ANF vulnerability and regenerative potential.

We have hypothesized that the relative insensitivity of thresholds to cochlear synaptopathy/deafferentation arises because cochlear neurons most vulnerable to noise are those with high thresholds and low spontaneous firing rates (Furman et al., 2013; Kujawa and Liberman, 2015). These low-SR fibers do not contribute to normal thresholds in quiet but are key to coding transient stimuli in continuous background noise that saturates the responses of sensitive high-SR fibers. Such SR-varying responses have led to speculation that low-SR neuropathy is a major contributor to the classic impairment in SNHL, i.e., difficulties with speech discrimination in difficult (noisy) listening environments, which can impair performance with or without threshold elevation.



Detecting and Characterizing Auditory Neuropathies

Understanding relative vulnerabilities of ANFs to injury is fundamental to clarifying functional consequences of the neural loss. We are faced with challenges, however, in capturing information about low-SR neuron survival and function. Although the CAP of the auditory nerve and wave I of the auditory brainstem response are commonly used to assess the functional integrity of cochlear neurons, these responses best capture the onset responses of ANFs, which are dominated by high-SR fibers. The activity of low-SR neurons, with generally higher thresholds, delayed first spike onset and broad distribution (jitter) of first spike latencies, is not as well reflected in such responses to sound (Bourien et al., 2014).

The global peri-stimulus time response (PSTR) captures key properties of AN response that should yield important diagnostic information in hearing loss etiologies producing IHC synaptic and neural loss (Batrel et al., 2017; Huet et al., 2021). In recent work, simultaneous recordings of single ANF responses and of the round window recorded PSTR showed comparable onset and adaptation kinetics (Huet et al., 2021). The time constant of the PSTR peak decreased with the level of stimulation, whereas short-term kinetics were level-independent. The peak-to-plateau ratio decreased with probe frequency. When compared with SRs of the single fibers, peak-to-plateau ratios reflected the heterogeneity of ANF distribution in gerbil; that is, a majority of high-SR fibers in the apex, and a more balanced distribution at the base (Huet et al., 2021). This modeling and experimental work suggests that the PSTR onset peak is dominated by the synchronous activation of the high-SR fibers, whereas the PSTR plateau reflects more broadly/equally the fiber subtypes. In studies reported here, we show that the PSTR tracks synaptic/neural loss after noise injury, even for relatively small losses, and does so with sensitivity to SR subtype.



Sensitivity to Low-SR Neuropathy

The recordings of spontaneous activity obtained in control and noise-exposed gerbils in this series suggest acute noise effects on ANFs with high spontaneous rates of firing. In gerbil, the cochlear portion of the auditory nerve runs in close proximity to the round window (Sokolich and Smith, 1973; Chamberlain, 1977), and activity measured there reflects contributions from all fiber subtypes but should be dominated by high-SR neuron activity, by virtue of the more frequent spiking of these fibers. It also reflects activity from an extended range of cochlear locations, within and outside the region most affected by the noise band we used.

Here, recordings obtained acutely revealed spontaneous activity reductions of greater than 50%. By 2 and 4 weeks, this activity had returned to control levels. These results suggest significant declines in the activity of high-SR neurons in the acute post-exposure time frame, with good recovery evident in chronic ears. Such recordings provide little direct information concerning the functional integrity of other fiber subtypes at this acute time point, as their spontaneous activity is not well-represented in the round window recorded signal. The sound-driven PSTRs are not helpful in disambiguating relative involvements at 24 h post-exposure, due to the effects of the noise on hair cells. At 2 and 4 weeks after noise, however, OHC-based thresholds and suprathreshold response levels are well recovered at all frequencies tested. The PSTR onset peaks, reflecting high-SR-dominated activity, are also at control levels, whereas the PSTR plateau, which captures low-SR activity, and the derived peak-to-plateau ratio are persistently and significantly altered. Together, results suggest good functional recovery of high-SR, but not low-SR neurons. Persistent loss of IHC synapses in the damaged region supports this hypothesis.



Noise-Induced Cochlear Synaptopathy: Mice and Gerbils

The phenomenon of noise-induced and/or age-related primary cochlear neural degeneration has been documented in mice (Kujawa and Liberman, 2009; Sergeyenko et al., 2013), guinea pigs (Lin et al., 2011; Furman et al., 2013), chinchillas (Hickox et al., 2017; Hickman et al., 2018), gerbils (Gleich et al., 2016), rats (Lee et al., 2021) and rhesus macaques (Valero et al., 2017), as well as in humans (Wu et al., 2019, 2021). However, species and even strain differences in the permanence of noise-induced losses have been reported (Shi et al., 2013; Wang et al., 2015; Kaur et al., 2019; Hickman et al., 2020).

In the mouse, persistent CAP amplitude declines after noise have been highly correlated with persistent loss of synapses (Fernandez et al., 2020), whereas post-exposure recovery of neural function, as reflected in the recovery of CAP or ABR wave 1 amplitude toward control levels, has been observed when synapse counts return toward control levels with time and/or treatment (Fernandez et al., 2015, 2020, 2021; Suzuki et al., 2016; Kaur et al., 2019). In the current gerbil series, amplitudes of the whole nerve CAP recovered more completely than did synapse counts in the same frequency region. Recovery, in turn, must be shaped by characteristics of the exposure and vulnerabilities of the individual. As in most studies, a single exposure level is reported here, and exposure differences of only a few dB can have dramatic effects on the nature and degree of acute and chronic noise-induced injury (Kujawa, 2016; Kujawa and Liberman, 2019). Further clarification is needed on this key issue.

The auditory nerve CAP best reflects the activity of ANFs with robust, aligned onset responses, which should apply to both mouse and gerbil. In the final analysis, recovery differences may argue that ANFs of multiple SR subtypes, some with greater vulnerability and/or better recovery profiles, may have been acutely injured by exposure, as implied by the PSTR measures discussed above. We turn to single ANF recordings in these two species for additional insight.

In the CBA/CaJ mouse, the SR-based distribution of fibers appears homogenous along the cochlea, with around 10% of the units below 0.5 spike/s and around 50% above 20 spikes/s (see Taberner and Liberman, 2005, Figures 4, 5). In contrast, gerbils show a strong SR distribution gradient, with low-SR fibers accounting for about 9% of ANFs below 3.6 kHz and about 25% above 3.6 kHz. High-SR fiber proportions in these regions are ~75% and ~35%, respectively (see Figure 1C in Huet et al., 2016; Figure 5B in Huet et al., 2019). The larger proportion of low-SR fibers in the basal part of the gerbil cochlea, along with the weak contribution of this fiber pool to the CAP (Bourien et al., 2014), may help explain the recovery of the CAP to nearly normal amplitudes despite a ~30% synaptic loss. A similar amount of synaptic loss in mice (i.e., 30%) may include medium and/or high-SR fibers (only ~10% are low-SR), reducing CAP amplitudes. This SR-based difference between species may be an interesting working hypothesis to reconcile puzzling/inconsistent observations in studies of noise induced-hearing loss across species, including humans. In this framework, the use of the PSTR may prove informative as a tool to probe the auditory nerve in etiologies with synaptic and neural compromise.
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Immune system dysregulation is increasingly being attributed to the development of a multitude of neurodegenerative diseases. This, in large part, is due to the delicate relationship that exists between neurons in the central nervous system (CNS) and peripheral nervous system (PNS), and the resident immune cells that aid in homeostasis and immune surveillance within a tissue. Classically, the inner ear was thought to be immune privileged due to the presence of a blood-labyrinth barrier. However, it is now well-established that both vestibular and auditory end organs in the inner ear contain a resident (local) population of macrophages which are the phagocytic cells of the innate-immune system. Upon cochlear sterile injury or infection, there is robust activation of these resident macrophages and a predominant increase in the numbers of macrophages as well as other types of leukocytes. Despite this, the source, nature, fate, and functions of these immune cells during cochlear physiology and pathology remains unclear. Migration of local macrophages and infiltration of bone-marrow-derived peripheral blood macrophages into the damaged cochlea occur through various signaling cascades, mediated by the release of specific chemical signals from damaged sensory and non-sensory cells of the cochlea. One such signaling pathway is CX3CL1-CX3CR1, or fractalkine (FKN) signaling, a direct line of communication between macrophages and sensory inner hair cells (IHCs) and spiral ganglion neurons (SGNs) of the cochlea. Despite the known importance of this neuron-immune axis in CNS function and pathology, until recently it was not clear whether this signaling axis played a role in macrophage chemotaxis and SGN survival following cochlear injury. In this review, we will explore the importance of innate immunity in neurodegenerative disease development, specifically focusing on the regulation of the CX3CL1-CX3CR1 axis, and present evidence for a role of FKN signaling in cochlear neuroprotection.
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INTRODUCTION

The immune system is the body’s defense mechanism against pathogens and tissue injury. The immune system consists of an intricate network of cells and molecules that work together to protect the body from damage. These cells include lymphoid cells, such as T-cells, B-cells, and NK cells, and myeloid cells, such as monocytes, dendritic cells, macrophages, and granulocytes. Most immune cells, including T/B-cells, monocytes, and macrophages can be found under physiological conditions circulating in the blood. These cells have surface receptors that act in surveillance of the body searching for chemical signals that are released from damaged cells and tissues (Chaplin, 2010). These “find me” signals work to activate immune processes and recruit additional immune cells to the site of injury to initiate the inflammatory response, including phagocytosis (Ravichandran, 2010; Elliott et al., 2017). Many somatic tissues throughout the body have a resident population of macrophages that establish in the tissue embryonically originating from the yolk sac and fetal liver, playing a pivotal role in immune surveillance, tissue development, homeostasis, physiology, and response to injury (Gomez Perdiguero et al., 2015). Examples of these resident macrophages include Langerhans cells (skin), Alveolar macrophages (lungs), Kupffer cells (liver), and microglia [central nervous system (CNS) and peripheral nervous system (PNS)], among many others (Hashimoto et al., 2013; Frodermann and Nahrendorf, 2018; Xie et al., 2019).

Classically, the study of neurodegenerative diseases has focused on the pathological progression of the disease, specifically targeting toxic protein aggregation leading to neuronal dysfunction and death, rather than the underlying disease mechanism (Aguzzi and O’Connor, 2010). Alzheimer’s disease (AD), Parkinson’s disease (PD), Multiple sclerosis (MS), and many other neurodegenerative disorders of the CNS are hallmarked by disruption of memory, sensory, and motor functions due to widespread loss of neurons and their vital communication networks. However, over the past couple of decades, more focus has been centered on the role of neuroinflammation in the development and progression of these diseases (Stephenson et al., 2018; Hammond et al., 2019). Genetic, histological, and mechanistic studies have all brought forth evidence that dysregulation of normal immune pathways can lead to an increase in neurotoxic pro-inflammatory cytokine production, untethered immune cell reactivity and proliferation, and altered phagocytic capabilities, all of which can contribute to the disease states associated with many of these conditions. Furthermore, although immune dysfunction was once thought of as secondary to the underlying primary disease mechanism, recent evidence suggests that immune dysfunction can play a central role in the development of many neurodegenerative diseases (Lucin and Wyss-Coray, 2009; Heneka et al., 2014; Ising and Heneka, 2018). Understanding the immune processes that are shaped by cytokine, chemokine, and growth factor production is an important aspect of therapeutic development for many disease states. Therefore, it is vital for researchers to investigate the roles of normal and dysfunctional immune signaling pathways during neurodegenerative disease to determine novel targets for altering disease development and progression.

Of particular interest in recent studies of neurodegenerative disease is the role of the chemokine fractalkine (CX3CL1, FKN) and its cognate receptor (CX3CR1). FKN is a unique transmembrane protein that is constitutively expressed by neurons and endothelial cells (Bazan et al., 1997; Harrison et al., 1998). FKN is unique in that it exclusively signals through its receptor, CX3CR1, which is expressed on certain leukocytes including monocytes, macrophages, and microglia (Julia, 2012; White and Greaves, 2012). Functionally, FKN acts as both a chemotactic molecule for the CX3CR1-expressing immune cells for extravasation to areas of tissue damage, as well as promote adhesion of circulating immune cells to the endothelium (Haskell et al., 1999; Hermand et al., 2008). In addition to its chemokine functions, FKN signaling has a role in dampening microglial activation in the diseased brain (Paolicelli et al., 2014), and also regulate neuron homeostatic functions and maintenance, synapse plasticity, and synapse pruning during development (Cardona et al., 2006; Paolicelli et al., 2011). Based on FKN’s involvement in controlling the inflammatory process, its role in disease states of tissues expressing high levels of resident immune cells needs to be further explored.

Classically, the inner ear has been thought of as immune privileged, due to the presence of a blood-labyrinth barrier, analogous to the blood-brain barrier in the CNS, and lack of lymphatic drainage (Harris, 1983, 1984; McCabe, 1989). However, over the past couple of decades, as better animal models and imaging techniques have been developed, studies have shown that in response to noise trauma, ototoxic drug administration, normal aging (Frye et al., 2017; Noble et al., 2019), or genetic manipulation, the epithelial, neuronal, and mesenchymal regions of the cochlea experience an augmented immune and inflammatory response. Furthermore, under static conditions, a population of tissue-resident macrophages, analogous to the microglia of the CNS, reside in the cochlea that become activated following insult (Lang et al., 2006; Okano et al., 2008; Sato et al., 2008; Shi, 2010). In addition, following cochlear trauma, these resident macrophages may play a critical role in the recruitment of immune cells from the blood circulation to provide support during the inflammatory process (Hirose et al., 2005). Despite growing evidence, the signaling mechanisms responsible for immune cell activation and recruitment and in particular, the functions of immune cells in the injured cochlea and hearing loss, remains unclear.

In this review, we aim to better understand FKN signaling and how it relates to immune activation during neurodegenerative disease development and progression. Importantly, we will review the evidence of immune activation, specifically through FKN signaling, as being oto- and neuroprotective in the injured cochlea. This will include evaluation of the emerging role of macrophages and FKN signaling regulation in promoting sensory hair cell and neuron viability and spontaneous repair of cochlear ribbon synapses following Sensorineural hearing loss (SNHL). Finally, we will postulate further work that needs to be conducted to determine the mechanisms by which macrophages and FKN signaling mediate neuroprotection during cochlear damage, to harness these protective capabilities clinically.



COCHLEAR MACROPHAGES

First discovered by Elie Metchnikoff in the late 19th century, macrophages are the main effector cells of innate immunity that are derived from precursor monocytes (Tauber, 2003; Cooper and Alder, 2006; Epelman et al., 2014). The main function of macrophages, or “big eaters,” is to phagocytose or engulf foreign material or cellular debris during injury to maintain tissue homeostasis and promote wound repair (Mosser et al., 2021). Macrophages also participate in antigen presentation to adaptive immune cells such as T cells, production of reactive species, trophic molecules, cytokines, and chemokines to promote or resolve the inflammatory process, as well as play vital roles in tissue development and physiology (Gordon and Martinez-Pomares, 2017; Gordon and Pluddemann, 2017). Despite the known protective functions of macrophages, under certain conditions macrophages can be toxic through the excess uncontrolled production of reactive oxygen species (ROS) and reactive nitrogen species (RNS) and pro-inflammatory mediators or non-selective phagocytosis of healthy cells due to dysregulation in the resolution of macrophage inflammatory and phagocytic response (Arango Duque and Descoteaux, 2014; Dantzer, 2018; Oved et al., 2019). This dichotomy of macrophages having a role in protection and damage has led to significant research about macrophage activation and function in various disease development and progression.


Macrophages in a Developing Cochlea

Studies using mouse models have shown that in a developing cochlea, macrophages originate from two sources, the yolk sac and the fetal liver (Ginhoux and Guilliams, 2016; Kishimoto et al., 2019). These two separate lineages are distinguished by the dependence of colony stimulating factor 1 (Csf1) which is a cytokine required for differentiation of hematopoietic stem cells into macrophages and labels yolk sac-derived macrophages. Alternatively, fetal liver-derived macrophages differentiate from the cluster of differentiation molecule 11b (CD11b) expressing progenitor monocytes. Yolk sac-derived macrophages originate around mouse embryonic day 7.5 (E7.5) and travel to the otocyst around mouse E10.5. Fetal liver-derived macrophages travel to the developing cochlea around mouse E14.5 (Ginhoux and Guilliams, 2016). Studies in Csf1- knockout (KO) mice revealed drastically reduced density of macrophages in the spiral ligament and spiral ganglion, suggesting that these macrophages predominantly originate from the yolk sac (Ginhoux et al., 2010; Hoeffel et al., 2012). Cochlear macrophages have been shown to self-renew throughout their lifetime (Hashimoto et al., 2013) and can also be slowly replaced by bone-marrow-derived circulating monocyte-derived macrophages (Liu et al., 2018). However, whether it is the yolk sac- and fetal liver-derived macrophages that establish embryonically persist or are replaced by bone-marrow-derived monocyte-derived macrophages in an adult cochlea, remains to be established. During development, cochlear macrophages expand, peak during neonatal stages, and decline after P3 (Kishimoto et al., 2019). Nevertheless, the mechanisms of macrophage colonization, expansion, and maintenance in both developing and adult cochlea are completely unknown.

During development, studies have found that aside from their known function of immune surveillance and phagocytosis, macrophages may play an important role in cochlear ribbon synapse formation through synaptic pruning, akin to what microglia do in the brain (Dong et al., 2018; Coate et al., 2019). This is supported by data showing the presence of macrophages near ribbon synapses throughout postnatal cochlear development (Dong et al., 2018). In addition, macrophages play a role in spiral ganglion neuron (SGN) development, through the clearance of apoptotic neuronal precursors during development (Echteler et al., 2005). Together, these data suggest that macrophages may play a vital role in cochlear development. Further understanding of the role of macrophages during cochlear development could help to determine therapeutic targets for SGN protection or regeneration and cochlear ribbon synapse regeneration following trauma.



Macrophages in the Cochlea During Steady-State and Pathology

In a mature cochlea, under steady-state, a resident population of macrophages can be found in multiple regions, including osseous spiral lamina (OSL), stria vascularis (SVA), spiral ligament, spiral limbus, basilar membrane, and spiral ganglion (Hirose et al., 2005). These resident macrophages are thought to play a vital role in maintaining tissue homeostasis, as well as being the main cells responsible for initiating an immune response following cochlear injury (Okano and Kishimoto, 2019). Notably, under steady-state, macrophages are absent from the organ of Corti, in which reside the sensory hair cell receptors and non-sensory supporting cells. According to Hirose et al. (2005) in 2005, this lack of macrophages in the organ of Corti could be attributed to the high potassium (K+) content of cochlear endolymph, creating an environment that is likely toxic for macrophage survival. Under normal conditions, resident macrophages in the cochlea display site-specific morphology. Apical macrophages are characterized by dendritic morphology with long and thin processes (pseudopodia). This dendritic morphology is characteristic of macrophages in surveillance mode (Nimmerjahn et al., 2005; Cao et al., 2015; Gordon and Pluddemann, 2017). Macrophages in the middle turn of the cochlea are characterized by a transitional morphology, between dendritic and amoeboid shapes. This amoeboid shape is characteristic of an activated macrophage (Hirayama et al., 2017). Finally, basal region macrophages are found to have an amoeboid morphology (Yang et al., 2015; Frye et al., 2017). Beyond morphology, the main question surrounding cochlear macrophages during steady-state is how they are maintained throughout life. Data from Okano and Kishimoto (2019) suggests that intact Csf1 signaling plays a major role in cochlear macrophage maintenance during life. However, the precise mechanisms of how cochlear macrophages maintain themselves during steady-state, how macrophages interact with other cochlear cells, and what specific function macrophages have in the cochlea during steady-state is largely unknown and requires further investigation.

Following cochlear sensory hair cell damage caused by ototoxic drug toxicity or noise trauma, there is a significant increase in the numbers of macrophages, likely due to infiltration of macrophages from the blood vasculature (Fredelius and Rask-Andersen, 1990; Hirose et al., 2005; Zhang et al., 2012; Fujioka et al., 2014; Kaur et al., 2015, 2018, 2019; Tan et al., 2016; Wood and Zuo, 2017). To address whether such an increase is due to hair cell loss alone, Kaur et al. (2015) using the Pou4f3-huDTR mouse model that expresses the human diphtheria toxin receptor (huDTR) on POU class 4 transcription factor 3 (Pou4f3) expressing inner hair cells (IHCs) and outer hair cells (OHCs) to selectively ablate hair cells upon diphtheria toxin (DT) administration (Golub et al., 2012; Tong et al., 2015), found that selective hair cell ablation without additional trauma to the sensory epithelium or spiral ganglion was sufficient to increase macrophage numbers in the injured cochlea. Evidently, macrophage numbers increased in the sensory epithelium at the same time when hair cells begin to die (i.e., ~3 days after DT administration). Interestingly, macrophage numbers also increased in the spiral ganglion at ~7 days after DT administration without any evident loss of SGNs. More recently, it has been shown that macrophages’ density increases in the IHC-synaptic region following moderate synaptopathic noise trauma that does not lead to any evident hair cell death (Kaur et al., 2019). Together, these studies suggest that there is a distinct temporal and spatial distribution pattern of macrophages and that macrophage response is both specific and non-specific to hair cell death following cochlear trauma. In addition, studies have shown that these infiltrating macrophages, in coordination with other cells in the cochlea, may instigate the transition to a pro-inflammatory environment, through the production of proinflammatory mediators, such as cytokines and ROS (Lang et al., 2016). However, the molecular signals regulating macrophage activation, migration, and infiltration from the blood circulation and the precise role of these macrophages in the cochlea after damage remains elusive (He et al., 2020). For the remainder of this review, we will focus on research pointing to the neuroimmune FKN signaling potentially playing a vital role in macrophage infiltration and regulation during cochlear trauma, as well as research that suggests a neuroprotective role for FKN signaling in the injured cochlea.




THE CHEMOKINE FRACTALKINE AND ITS SIGNALING

Chemokines are a family of small chemoattractant cytokines, or signaling proteins, secreted by cells to induce migration of leukocytes from blood into the tissue and vice versa and in the induction of cell movement in response to chemical gradients, a process known as chemotaxis. There are more than 50 known chemokines that play a role in inflammation or homeostasis (Hughes and Nibbs, 2018; Mollica Poeta et al., 2019). Under pathological conditions, any stimulus that results in an altered state of cellular homeostasis can result in the release of chemokines promoting the recruitment of immune cells to sites of inflammation. This recruitment occurs via receptor signaling through complementary chemokine receptors that belong to the vast family of G-protein coupled receptors present on innate immune cells (Zlotnik et al., 2006). There are two main families of known chemokine receptors: the conventional chemokine receptors (cCKRs), which include 18 known receptors that mainly signal through G-proteins, and atypical chemokine receptors (ACKRs), which include four receptors that do not use signal transduction pathways associated with cCKRs. cCKRs are associated with cell migration and adhesion while ACKRs are associated with regulation of inflammation, specifically through acting as a chemokine scavenger, promoting chemokine transcytosis, and regulating chemokine gradient formation (Salvi et al., 2017). These chemokine receptors are heptahelical surface molecules, containing seven transmembrane domains, and average around 40 kDa in size (Roy et al., 2014). There are four subclasses of chemokines, differentiated by their cysteine structural motifs (C, CC, CXC, CX3C), with the X representing the presence of an amino acid (Zlotnik and Yoshie, 2000).

Discovered by Bazan et al. (1997) in the late 1990s, and soon after confirmed by Pan et al. (1997), one of the four subclasses (CX3C) is unique in that it only contains one analog, FKN (CX3CL1; Koch, 2005). FKN, found constitutively expressed on neurons in the CNS and endothelial cells is unique as it exists both as a soluble protein, which is how most chemokines exist, and also as a cell membrane bound protein (Bazan et al., 1997). In the cochlea, FKN is expressed on SGNs and IHCs (Kaur et al., 2015; Liu et al., 2018). Structurally, FKN is a large transmembrane protein (373 aa) containing an extracellular chemokine domain (76 aa), a mucin-like stalk (241 aa), a transmembrane domain (19 aa), and an intracellular cytoplasmic tail (37 aa; Umehara et al., 2004; Figure 1). The soluble form of FKN is generated by proteolytic cleavage of the mucin-like stalk from the extracellular side of the cell membrane by two members of the disintegrin and metalloprotease family, a disintegrin and metalloprotease domain-17, also referred to as Tumor Necrosis Factor, Alpha (TNF-α), Converting Enzyme (ADAM17/TACE) and ADAM10, or Cathespin-s, a cysteine protease (Hundhausen et al., 2003; Jones et al., 2013). This results in a soluble product containing an N-terminal chemokine domain attached to a mucin-like stalk (Figure 2). ADAM17/TACE cleavage is enhanced by cell stimulation via cytokines TNF-α and interleukin-6 (IL-6) signaling, where ADAM10 cleavage is constitutive in unstimulated cells (Hundhausen et al., 2003; O’Sullivan et al., 2016). Cathepsin-s cleavage, like ADAM17/TACE, is associated with pathological conditions, including pain (Clark and Malcangio, 2012).


[image: image]

FIGURE 1. Schematic depicting the structural components of fractalkine (FKN; CX3CL1). FKN is a large (373aa) transmembrane protein found exclusively on neurons in the central nervous system (CNS)/peripheral nervous system (PNS), and on SGNs and inner hair cells in the cochlea. Structural components that form FKN include the extracellular chemokine domain (76aa), extracellular mucin stalk (241aa), the transmembrane domain (19aa), and the intracellular cytoplasmic tail (37aa).
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FIGURE 2. Schematic depicting CX3CL1-CX3CR1 signaling. CX3CL1 of FKN (ligand) is constitutively expressed by neurons in the CNS, PNS and by SGNs and IHCs in the mature cochlea. The CX3CR1 (receptor) is present on immune cells, including monocytes, macrophages, and microglia. In response to damage, CX3CL1 is proteolytically cleaved from the extracellular side of the neuronal cell membrane via ADAMs 17/10 or Cathespin-s. This cleavage produces the soluble form of CX3CL1 (containing the chemokine signaling domain and mucin like stalk). Soluble CX3CL1 binds to its unique receptor CX3CR1, resulting in macrophage chemotaxis to sites of injury. The membrane bound form of CX3CL1 plays a role in leukocyte adhesion. This signaling, when intact, induces neuroprotection during neuroinflammation and neurodegeneration.



FKN’s receptor, CX3CR1, belongs to the cCKR family and is a class A rhodopsin-like 7-transmembrane G-protein coupled receptor found on leukocytes including monocytes, macrophages, microglia, dendritic cells, NK cells, and a subset of T-cells (Jung et al., 2000; Hughes and Nibbs, 2018; Lee et al., 2018). In the cochlea, CX3CR1 is expressed on macrophages (Hirose et al., 2005; Sato et al., 2010). In mice, CX3CR1 expression on macrophages is divided into two subsets; chemokine receptor type 2 (CCR2) high expressing monocytes have low levels of CX3CR1, and CCR2 low expressing monocytes express high levels of CX3CR1 (Geissmann et al., 2003). In humans, this differential expression of CX3CR1 is analogous to classical human monocytes (cluster of differentiation (CD), CD14highCD16−) which express low levels of CX3CR1, and non-classical monocytes (CD14lowCD16+) which express high levels of CX3CR1 (Geissmann et al., 2003; Meghraoui-Kheddar et al., 2020). CX3CR1 exclusively binds to its ligand, FKN (Imai et al., 1997). This is unique to the vast family of chemokines, as of the 50 known chemokines in the body, all except FKN have an affinity for multiple chemokine receptors (Kakinuma and Hwang, 2006). Expression of FKN and CX3CR1 is enhanced during inflammatory conditions, suggesting a role for this signaling pathway during inflammatory diseases (Jones et al., 2010).

In the periphery, the membrane-bound form of FKN plays an integral role in leukocyte adhesion to the vascular endothelium. Expression of the membrane-bound form of FKN by endothelial cells provides a high affinity adhesion target, allowing for tight binding to leukocytes despite physiological blood flow (Kerfoot et al., 2003; Schulz et al., 2007). This tight adhesion propagates leukocyte extravasation through the vascular wall and into sites of tissue damage due to the presence of a chemokine gradient. Following proteolytic cleavage, the soluble form of FKN acts as a chemoattractant for leukocytes, including monocytes and macrophages, promoting the recruitment of immune cells to sites of inflammation (Klosowska et al., 2009; Wojdasiewicz et al., 2014). Thus, FKN is considered a “find-me signal” to recruit immune cells to sites of damage (Ravichandran, 2010, 2011).



THE ROLE OF FKN SIGNALING IN DEVELOPING AND DISEASED BRAIN

In the CNS, FKN plays an important role in neuronal function during physiological conditions (Ransohoff, 2009). In the CNS, FKN is exclusively expressed on neurons and signals through its receptor, CX3CR1, expressed exclusively on microglia, the resident macrophages of the CNS (Jung et al., 2000; Cardona et al., 2006). The FKN signaling axis provides microglia with a direct line of communication with the neuronal environment, ensuring homeostatic conditions are preserved during steady-state, and an immune response is mounted during damage or disease. In the adult CNS, microglia play a main role of immune surveillance, mediating the immune response and phagocytosing cellular debris and dead neurons (Colonna and Butovsky, 2017). However, recent studies have shown that microglia also play a major non-immune role in the CNS both during development and during adulthood. These functions range from neurogenesis to synaptic pruning and ultimately play a vital role in the shaping of neuronal circuitry and synaptic plasticity (Schafer and Stevens, 2015). In this section, we will look at the role FKN plays in mediating CNS development, preserving homeostasis during steady-state, and mounting a defense during disease pathology.


Role of FKN in the Developing Brain

During early development, neurons are forming billions of synaptic connections with each other. However, the number of synaptic connections that are formed far exceed the amount needed for proper brain function. The synapses that are not used must be removed through a process called synaptic pruning, in order to ensure the efficient functioning of the neuronal circuit (Hua and Smith, 2004; Sheridan and Murphy, 2013). Early research by Paolicelli et al. (2011) demonstrated that microglia expressing CX3CR1 played a vital role in synaptic pruning during the initial weeks of mouse CNS development, such that disruption of FKN signaling via genetic loss of CX3CR1 resulted in fewer microglia and excessive synaptic densities on dendritic spines in the hippocampus during postnatal development. Other studies have shown evidence for the role FKN signaling plays in a multitude of vital components to CNS development, including neuronal development and maturation (both through the death of neurons during development, and the protection of neurons during life; Ueno et al., 2013), development of neuronal circuits, and synaptic maturation (Hoshiko et al., 2012; Zhan et al., 2014). The FKN signaling mechanism allows for neuron-glia crosstalk, providing a platform for bidirectional interaction that facilitates communication between neurons and the immune cells that protect them. Research has also shown that after development, microglia can be found in the hippocampus serving in a non-inflammatory role, potentially aiding in synaptic plasticity, and therefore could be important in the processes of learning and memory (Maggi et al., 2011). In addition, constitutive expression of FKN on neurons has been shown to modulate microglial activation, preventing excessive and uncontrolled stimulation which can result in neurotoxicity (Cardona et al., 2006; Biber et al., 2007). Together, these results suggest a vital role for FKN signaling in synaptic remodeling during development.



Role of FKN in Diseased Brain and Neurodegenerative Diseases

Recent work has suggested that intact FKN signaling plays a critical role in regulating neuronal survival, repair, and regeneration following neuronal injury (Kaur et al., 2015, 2018). Due to FKN being a chemokine and playing an important role in facilitating crosstalk between neurons and microglia, the FKN signaling axis has emerged as an interesting target for researchers studying immune modulation in neurodegenerative diseases. Following the generation of a reporter mouse that replaced endogenous CX3CR1 on all cells with green fluorescent protein (GFP), also known as CX3CR1GFP/GFP or CX3CR1 KO (referred to as CX3CR1 global KO for the rest of the manuscript; Jung et al., 2000), researchers have been able to investigate the effects of FKN signal disruption on neuronal function, including during development, aging, and disease. The following sections will explore different neurodegenerative diseases, and how FKN signaling has been implicated in their disease pathology.


Glutamate-Induced Excitotoxicity and Epilepsy

Glutamate is the main excitatory neurotransmitter in the brain, playing a pivotal role in the proper physiological function of the CNS (Palmada and Centelles, 1998). Glutamate signals through three types of ionotropic glutamate receptors (GluR), including N-methyl-D-aspartate (NMDA), α-amino-3-hydroxy-5-methylisoxazole-4-propionate (AMPA), and kainic acid (KA; Lauro, 2015). Glutamate signaling via these GluRs results in neuronal depolarization and subsequent action potential firing. This process is vital in proper neuronal function, allowing for neuron-to-neuron communication to occur. However, excess glutamate release, leading to over-activation of GluRs, a phenomenon termed glutamate excitotoxicity, can be detrimental and is associated with a number of neurodegenerative diseases, including AD, PD, and various neurological disorders, such as epilepsy (Sheldon and Robinson, 2007; Noda et al., 2011; Lauro, 2015). Glutamate excitotoxicity results in neuronal dysregulation, dysfunction, and death due to increased intracellular calcium levels leading to impaired mitochondrial function and accumulation of oxidizing free radicals. In response to an excitotoxic environment, neurons upregulate, cleave, and release soluble FKN (Chapman et al., 2000). Furthermore, under neuronal injury conditions, intact FKN signaling has been shown to prevent neuronal damage caused by glutamate excitotoxicity (Limatola et al., 2005; Cardona et al., 2006). In these studies, they found that intact FKN signaling resulted in reduced NMDA- or glutamate-mediated elevation of intracellular calcium levels (Deiva et al., 2004; Sheridan et al., 2014) and increased glutamate removal from synaptic clefts via glutamate transporter-1 (GLT-1) on astrocytes (Catalano et al., 2013). Furthermore, work from Noda et al. (2011) suggests that FKN inhibits excitotoxicity by promoting microglia phagocytosis of damaged neurons and through the production of the antioxidant enzyme heme oxygenase-1 (HO-1). Together, these data suggest that intact FKN signaling protects neurons against glutamate excitotoxicity.

Epilepsy is a neurological disorder highlighted by uncontrolled seizures (Fisher et al., 2005). These seizures are thought to occur due to abnormal hypersynchrony of neuronal action potential firing, due to an imbalance of excitatory and inhibitory neurotransmitters (Dalby and Mody, 2001; Sharma et al., 2007). Furthermore, it has been shown that neurons under epileptic conditions lack γ-aminobutyric acid (GABA) inhibition efficacy, thus leading to an excitotoxic environment (Roseti et al., 2013). Recent work has suggested a role for neuroinflammation in the pathological progression of epilepsy, as studies have shown neuronal hyperactivity trigger microglia process extension and interaction with neurons (Kato et al., 2016; Eyo et al., 2017). Because of the neuroinflammatory role, research has started to investigate the role FKN signaling has in mediating epilepsy, through neuron-microglia interactions. In a 2016 study, Eyo et al. (2016) showed that deficient FKN signaling resulted in increased seizure phenotype. This was attributed to a reduction in microglia-neuron convergence following seizure. In addition, they showed that treatment with FKN resulted in increased microglia-neuron convergence and reduced seizure phenotype, suggesting FKN signaling can mediate neuro-immune interaction following seizures, thus reducing seizure severity. Furthermore, work by Roseti et al. (2013) showed that FKN signaling led to microglia modulation of GABA currents by reducing GABA rundown and promoting GABA current recovery. This modulation has been theorized to occur via FKN signaling, promoting a phosphorylation cascade resulting in stabilized GABA receptors on neurons. In this work, they found that FKN signaling modulation of GABA currents counteract neuronal hyperexcitability by preserving inhibitory GABA signaling. Together, these data suggest that FKN signaling is protective during epilepsy, specifically by promoting neuro-immune communication and modulating GABA inhibitory currents to reduce hypersynchronous firing.



Alzheimer’s Disease

AD is a progressive neurodegenerative disease affecting memory and cognitive functions. AD is hallmarked by molecular and cellular changes in the brain resulting in neuronal death. These include abnormal levels of extracellular amyloid beta plaque deposition resulting in disruption of neuronal crosstalk and intracellular hyperphosphorylation of the major microtubule associated protein tau forming toxic neurofibrillary tangles within neurons (Finneran et al., 2019). It has also been found that AD patients suffer from chronic neuroinflammation due to dysfunctional microglia. FKN expression in the hippocampus and cortex is drastically reduced in an AD brain (Cho et al., 2011). Paradoxically, conflicting studies have shown both beneficial and detrimental effects of knocking out CX3CR1 in terms of AD development and progression. In one study, lack of CX3CR1 resulted in diminished amyloid beta plaque formation and increased microglia phagocytosis (Liu et al., 2010). Alternatively, in a mouse model overexpressing human tau (hTau), disruption of FKN signaling exacerbated pathology leading to increased neurofibrillary tangle aggregation (Lee et al., 2014). Interestingly, recent studies have shown that tau can potentially bind to CX3CR1, acting as an antagonist against FKN signaling by preventing CX3CL1 from binding to its cognate receptor (Bolos et al., 2017). Studies have shown that FKN signaling has anti-inflammatory properties during neurodegenerative diseases, suggesting attenuated FKN signaling could result in diminished anti-inflammatory cytokine production by microglia. Therefore, in this study, FKN signaling antagonism seems to prevent neuronal-microglia crosstalk and subsequent microglia overactivation, resulting in a reduction of anti-inflammatory signaling, and progression of neuroinflammation seen during AD (Finneran and Nash, 2019). This current evidence suggests a duality in the effects of FKN signaling during AD, with both neuroprotective and neurotoxic outcomes at different points during pathology development.



Parkinson’s Disease

PD is a neurodegenerative disease characterized by loss of dopaminergic neurons (DA) in the substantia nigra pars compacts (SNpc) of the midbrain, resulting in severe motor, balance, and coordination deficits. In PD, loss of dopaminergic neurons is precipitated by intraneuronal aggregation of α-synuclein, commonly referred to as Lewy bodies (Polymeropoulos et al., 1997; Ross et al., 2008), resulting in neuronal damage and death. Neuroinflammation has been discovered to play an integral function in PD pathogenesis, as microglia dysfunction has been found to exacerbate dopaminergic neuron degeneration. In multiple models of PD, increasing the concentration of soluble FKN has proven to be neuroprotective by inhibiting microglial activation, downregulating pro-inflammatory cytokine production, and protecting DA neurons from degeneration (Cardona et al., 2006; Pabon et al., 2011; Morganti et al., 2012). Additionally, in a study using the CX3CR1 global KO mouse model, where CX3CR1 is replaced by GFP on all cells expressing CX3CR1, Cardona et al. (2006) showed that disruption in FKN signaling resulted in an increased loss of neurons in the 1-methyl-4-phenyl-1,2,3,6-tetrahydropyridine (MPTP) model of PD. Finally, studies have shown that in PD models overexpressing α-synuclein, FKN diminished DA neurodegeneration (Nash et al., 2015; Thome et al., 2015). Taken together, these results suggest FKN signaling is neuroprotective in PD.



Multiple Sclerosis

MS is a neurodegenerative demyelinating disease resulting from the destruction of myelin and oligodendrocytes insulating neurons in the brain and spinal cord. Demyelination of neuronal axons results in diminished neuronal signal firing, leading to symptoms ranging from motor, sensory, and cognitive dysfunction. Endpoint pathology of MS includes neuronal degeneration resulting in paralysis (Ridderstad Wollberg et al., 2014). While the direct cause of MS is still unknown, recent studies have shown evidence that immune dysfunction plays a key role in disease development (Cardona et al., 2018). However, in MS, microglia have been found to play an integral role in myelin destruction. This is supported by work showing that in a model of autoimmune encephalomyelitis (EAE), CX3CR1 deficient mice have enhanced demyelination and subsequent neuronal damage (Garcia et al., 2013). Interestingly, there is little to weak evidence to suggest that FKN signaling acts as a “find me” signal for microglia in the brain. Rather, data suggests that FKN signaling functions as a checkpoint, preventing the uncontrolled activation of microglia (Cardona et al., 2006). In these studies, when FKN signaling is disrupted, this checkpoint is removed, and microglia pro-inflammatory and phagocytic activity becomes dysregulated, leading to neurotoxicity. Therefore, this evidence supports data suggesting a neuroprotective role for microglia induced by intact FKN signaling during MS-associated demyelination.



Retinal Neurodegeneration

Diabetic retinopathy (DR) is a common microvascular disorder associated with diabetes and a leading cause of blindness worldwide (Antonetti et al., 2012). In this disease there is a breakdown of the blood-retinal barrier, leading to loss of cells in the retina (Barber, 2003). Although the etiology of the disease is not well understood, uncontrolled retinal cell death will eventually lead to vision loss and blindness. Interestingly, a number of studies have observed microglia activation in the early stages of DR, promoting the production and release of proinflammatory cytokines, exacerbating the development of retinal cell death (Liang et al., 2009; Tang and Kern, 2011). Because of this, the FKN signaling axis has been examined for its ability to control neuroimmune signaling between retinal neurons and microglia, and thus prevent over-activation of microglia. In 2015, Cardona et al. (2015) crossed the Insulin2Akita mouse model of DR with CX3CR1 deficient mice to determine the role FKN signaling plays in DR pathology. In this study, they found that the DR mouse without intact FKN signaling had microglia with prolonged activity in the retina. This prolonged activity was accompanied by increased retinal ganglion cell (RGC) death and increased levels of proinflammatory interleukin 1 beta (IL-1β). These results suggest that in a DR mouse model, intact FKN signaling is neuroprotective towards RGCs by reducing microglia activity and diminishing proinflammatory mediator production. Furthermore, in a 2016 study by Mendiola et al. (2016), they found that in the same mouse model of DR, intact FKN signaling reduced the clustering of microglia around retinal microvasculature, and in turn prevented vascular leakage and edema, a hallmark of DR development. In addition, when FKN was disrupted, they again found that there was an increased production of proinflammatory IL-1β by microglia and astrocytes in the retina. This supports the previously mentioned results in a model of MS, where intact FKN signaling acts as a checkpoint to prevent neurotoxic overactivation of microglia, including the chronic production of pro-inflammatory mediators.

Retinitis pigmentosa (RP) is a genetic mutation disease characterized by the progressive degeneration of photoreceptors and is a main cause of blindness worldwide, specifically in children (Hartong et al., 2006). Evidence suggests that the development and progression of RP are associated with microglia activation. Peng et al. (2014) in 2014 found that in the rd10 mouse model of RP, disrupted FKN signaling resulted in increased photoreceptor degeneration, caused by increased microglia activation. In addition, in 2016, using the same RP mouse model, Zabel et al. (2016) found that this increased photoreceptor degeneration was caused by increased microglia phagocytosis and increased production of proinflammatory cytokines by microglia. This microglia activity was found to be controlled by the FKN axis, where when intact, reduced photoreceptor degeneration was observed.

Glaucoma is a progressive neurodegenerative disease of the eye resulting in irreversible vision loss, precipitated by RGC death (Almasieh et al., 2012; Nickells et al., 2012). Although little is known about the molecular mechanisms responsible for glaucoma development, growing evidence suggests a neuroinflammatory role mediated by microglia (Cui et al., 2009; Ebneter et al., 2010; Bosco et al., 2011). Therefore, in 2014 Wang et al. (2014) performed a study to determine the role FKN signaling had in modulating retinal microglia activation during glaucoma. In this study they found that disruption of FKN signaling enhanced the neurotoxic behavior of retinal microglia, leading to increased RGC death. Furthermore, they found that intact FKN signaling prevented microglia activation in the retina, thus increasing RGC survival. Together, these studies suggest that intact FKN signaling plays a neuroprotective role in the diseased retina by decreasing microglia neurotoxicity and enhancing RGC and photoreceptor survival.



Human CX3CR1 Polymorphisms and Neurodegeneration

Polymorphisms in CX3CR1 have been attributed to a number of inflammatory diseases, including age-related macular degeneration (AMD) and MS. CX3CR1 has two single nucleotide polymorphisms (SNPs) in humans: V249I and T280M (Faure et al., 2000; Chan et al., 2005). These polymorphisms are present in approximately 20% of the population, and result in reduced affinity for FKN to its receptor, leading to ineffective signaling (McDermott et al., 2003; Cardona et al., 2018) or reduced expression of CX3CR1 (Chan et al., 2005). Due to the resultant defective neuronal-glia communication, these SNPs have been studied for their effects in the development and progression of many inflammatory diseases.

AMD is one of the most common age-related eye diseases leading to vision loss. In this disease, there is a progressive degeneration of the macula in the retina, leading to loss of the center field of vision. This is either termed dry AMD, where the retina itself deteriorates, or wet AMD where leaky blood vessels grow under the retina. Although the etiology is largely unknown, the development of AMD is heavily linked with a combination of environmental and genetic factors. One such genetic factor that confers increased susceptibility to AMD is CX3CR1 SNPs (Tuo et al., 2004; Chan et al., 2005; Ma et al., 2015). Possible explanations for CX3CR1 SNP susceptibility for developing AMD could be attributed to the significant role macrophage activity has been shown to play in the pathogenesis of AMD (Ambati et al., 2003). Specifically, through over-activity and improper immune activation, resulting in excessive inflammation and uncontrolled phagocytosis of retinal cells. Thus, altered neuro-immune communication, through reduced FKN affinity or reduced CX3CR1 expression caused by CX3CR1 SNPs, could lead to altered immune cell activation and increased susceptibility to developing AMD.

In addition to AMD, studies have investigated the role of CX3CR1 SNPs in the susceptibility of developing MS. Studies have shown that there are significantly different levels of CX3CR1 expression in MS patients compared to healthy individuals (Infante-Duarte et al., 2005). Thus, this suggests a role for CX3CR1 in the development of MS. In a 2011 study by the International Multiple Sclerosis Genetics Consortium and the Wellcome Trust Case Control Consortium et al. (2011) using a genome-wide association study (GWAS) of 9,772 cases, they sought to determine any genetic risk factors associated with MS development. Although they found numerous genetic risk factors associated with MS, CX3CR1 SNPs were not implicated. Furthermore, in studies of MS patients expressing single nucleotide polymorphisms in the CX3CR1 locus (CX3CR1M280), Stojkovic et al. (2012) found no association of CX3CR1 SNPs with MS susceptibility. Interestingly, in this study, CX3CR1 SNPs seemed to confer protection in MS patients, preventing the switch to a more progressive form of the disease. This could potentially be due to reduced demyelination caused by the modulation of microglia activity. However, in a mouse model of EAE, used to emulate MS disease progression in mice, disrupted FKN signaling through the CX3CR1M280 SNP, exacerbated EAE progression, including microglia dysfunction, and subsequent inflammation, demyelination, and degeneration of neurons (Cardona et al., 2018). Thus, in a mouse model of EAE, CX3CR1 SNPs seem to exacerbate demyelinating pathology, suggesting FKN genetic variants indeed confer MS susceptibility. These conflicting results can most likely be explained by the differing models used to explore MS susceptibility, however, more work needs to be done to determine the role CX3CR1 SNPs signaling has in MS susceptibility, development and progression.





EMERGING ROLES OF FRACTALKINE SIGNALING IN THE INJURED COCHLEA

SNHL occurs due to loss of the sensory hair cells, IHC-SGN ribbon synapses, or loss of SGNs. Such loss can occur due to sterile traumas such as loud and prolonged noise exposure and ototoxic drug administration, infection, or normal physiological processes such as aging. Until recently, it was not known whether there was an inflammatory component in SNHL development and progression. In tissues throughout the body, macrophages play a key role in cellular development, homeostasis, and disease development and progression. However, it is not clear whether macrophages play a similar role in the cochlea during physiological and pathological conditions. To determine the role of macrophages in cochlear pathology and SNHL, one must understand the mechanisms vital for immune cell communication within the cochlea. In the following sections, we will look at emerging evidence showing that FKN signaling between IHCs and SGNs that express FKN ligand and cochlear macrophages that express CX3CR1 receptor is chemotactic and neuroprotective following cochlear injury.


FKN as a Macrophage “find-me” Signal in the Injured Cochlea

FKN is a chemokine that is constitutively expressed by IHCs and SGNs in the mature cochlea and its level increases following cochlear trauma (Sato et al., 2010; Kaur et al., 2015; Sun et al., 2015). Is FKN the chemotactic molecule that allows local or blood circulating macrophages to locally migrate or infiltrate from the circulation into the damaged cochlea? To address this, numerous studies have used the mouse that lacks CX3CR1 (CX3CR1 global KO) on all cells as a model to disrupt FKN signaling to understand its function in macrophage chemotaxis in the injured cochlea (Jung et al., 2000). In 2010, Sato et al. (2010) treated CX3CR1 global KO (disrupted FKN signaling) and CX3CR1 heterozygous (intact FKN signaling) mice with aminoglycoside kanamycin to induce ototoxicity. The number of macrophages increased after kanamycin-induced hair cell death however, the degree of increase was not significantly different between CX3CR1 heterozygous and KO mice, and rather was found to be higher in the spiral ligament in certain cochlear frequency locations of the CX3CR1 global KO mice (Tuo et al., 2004). Another study in 2008 by Sato et al. (2008) reported similar findings following loud acoustic trauma. Similarly, Kaur et al. (2019) in 2019 observed in a model of mild acute acoustic trauma (90 dB SPL, 8–16 kHz, 2 h), that absence of CX3CR1 on macrophages did not alter the density of resident macrophages that migrated into the noise-damaged IHC-synaptic region when compared to mice with intact FKN signaling. On the contrary, in a 2015 study, Kaur et al. (2015) reported that disruption of FKN signaling in CX3CR1 global KO mice resulted in a significant reduction in the macrophage density in both sensory epithelium and spiral ganglion after selective hair cell ablation. Furthermore, in 2018 Kaur et al. (2018) observed a 36% reduction in macrophage density in the sensory epithelium following kanamycin-furosemide treatment when FKN signaling was disrupted. Interestingly, in this study, they observed that disruption of FKN signaling had no significant effect on macrophage density in the spiral ganglion following kanamycin treatment, or anywhere in the cochlea following very loud acoustic trauma. However, at this time, the origin of these macrophages following cochlear trauma is unclear. In their 2015 study, Kaur et al. (2015) addressed macrophage origin following cochlear trauma by using BrdU labeling to determine if resident macrophages proliferate after selective hair cell ablation. In this study, no BrdU labeled macrophages were reported suggesting that resident macrophages do not proliferate and that the increase in macrophage density following trauma is a result of infiltration of macrophages from the circulation. Therefore, the conflicting results of the aforementioned studies suggest that perhaps FKN signaling act as a “find-me” signal for the blood circulating macrophages, but not for resident (local) macrophages in the injured cochlea and that such FKN-mediated macrophage chemotaxis could be dependent on the type and extent of the cochlear injury. Additionally, these results could also suggest an important role for additional neuroimmune signaling pathways, including CD200/CD300R and CD47/SIRP, in macrophage activity following cochlear trauma (Marinelli et al., 2019). Further work using fate-mapping or lineage tracing tools that distinguishes resident and recruited macrophages is required to determine whether FKN signaling regulates the chemotaxis of resident or recruited macrophages in the injured cochlea. Furthermore, work characterizing the activity of additional neuroimmune signaling pathways needs to be done to determine the extent of FKN signaling role in macrophage activity within the damaged cochlea. It is important to note that disruption of FKN signaling due to the absence of CX3CR1 on macrophages did not affect macrophage numbers in the normal cochlea (Sato et al., 2008, 2010; Kaur et al., 2018, 2019), suggesting that this signaling is not critical for the maintenance and survival of cochlear resident macrophages.



FKN Promotes the Survival of Sensory Hair Cells in the Injured Cochlea

The most common histological evidence of SNHL is loss of cochlear sensory hair cells or damage to their stereocilia bundles. Loss of hair cells or hair cell function prevents the transduction of environmental sound waves into receptor (IHC) potentials which is necessary for the release of excitatory glutamate from IHC. This, in turn, inhibits action potential generation in afferent cochlear SGN fibers, and therefore hearing is lost (Liberman, 1984). With recent evidence suggesting a neuroinflammatory element in SNHL, understanding the mechanisms responsible for communication between cochlear hair cells and immune cells could be vital in determining therapeutic targets for hair cell protection following cochlear trauma. In a model of aminoglycoside ototoxicity, Sato et al. (2010) showed that intact FKN signaling protected cochlear hair cells. Here, following kanamycin treatment, disruption of FKN signaling, due to genetic deletion of CX3CR1 (using the CX3CR1 global KO mouse model), resulted in a significant loss of OHCs in the 5–16 kHz range of the cochlea. This loss of OHCs correlated to elevated ABR thresholds in CX3CR1 global KO animals in the same tonotopic cochlear regions (Sato et al., 2010). Sato et al. (2008) also found similar results after acoustic trauma. Similarly, in 2019, Kaur et al. (2019) showed that following a mild synaptopathic noise trauma (90 dB SPL, 8–16 kHz, 2 h), lack of CX3CR1 resulted in damage and loss of IHCs, specifically from the middle and basal region of the cochlea (Kaur et al., 2019). Together, these results suggest that intact FKN signaling is protective towards OHCs and IHCs following cochlear trauma, including acoustic damage and aminoglycoside drug toxicity. Further research work is needed to determine the specific mechanisms responsible for FKN-signaling mediated inner and outer hair cell protection following cochlear trauma, especially when FKN is only expressed by IHCs and not OHCs (Sato et al., 2010; Kaur et al., 2015).



FKN Promotes Survival of Spiral Ganglion Neurons in the Injured Cochlea

Historically, many studies have demonstrated that degeneration and loss of SGNs follow the death of sensory hair cells due to acoustic trauma or ototoxic drugs (secondary degeneration; Dupont et al., 1993; Gillespie and Shepherd, 2005). However, recent studies have shown that SGNs can die without hair cell loss (primary degeneration; Stankovic et al., 2004; Kujawa and Liberman, 2009). Both primary and secondary SGN degeneration are gradual processes, with peripheral axon degeneration occurring within days and SGN somata death occurring within weeks, with some studies even suggesting SGNs can survive months to years post-trauma (Zilberstein et al., 2012). Beyond our current understanding of the protective roles played by neurotrophic factors released by supporting and glial cells and intrinsic electrical activity of SGNs, our understanding of the non-neuronal factors that regulate SGN degeneration and survival in the damaged cochlea is limited. In their 2015 work, the Kaur group (Kaur et al., 2015) showed that in the Pou4f3huDTR mouse model of selective hair cell ablation, disruption of FKN signaling, due to genetic lack of CX3CR1 receptor on macrophages, resulted in an increase in SGN death at 2 months after selective hair cell ablation compared to animals with intact FKN signaling. Interestingly, this increase in SGN death was observed throughout the cochlea, and directly correlated with fewer numbers of macrophages present in the spiral ganglia. Furthermore, in their 2018 study, Kaur et al. (2018) examined whether genetic disruption of FKN signaling would affect SGN survival in clinically and biologically relevant mouse models of cochlear trauma. Here, they utilized a model of loud acoustic trauma, where mice were exposed to 8–16 kHz octave band noise at 120 dB SPL for 2 h (Wang et al., 2002). In this model, noise trauma results in permanent hearing loss, resulting from widespread hair cell loss 7-days post-noise exposure. Following acoustic trauma, they observed approximately a 29% reduction in SGN density in animals with disrupted FKN signaling (CX3CR1 global KO) when compared to animals with intact FKN signaling. Additionally, in this study, they also used a model of Kanamycin/Furosemide-induced ototoxicity (KF; Oesterle et al., 2008; Hirose and Sato, 2011; Hirose et al., 2014). In this model, administration of KF caused significant hearing loss resulting from widespread hair cell death 14 days following drug administration. Following KF treatment, disrupted FKN signaling caused by genetic deletion of CX3CR1 resulted in a ~31% reduction in SGN density when compared to CX3CR1 heterozygous controls that have intact FKN signaling. Importantly, in both biological models of SNHL, reduction in SGN survival correlated to the reduced density of macrophages in the spiral ganglia of the injured CX3CR1 global KO mice. Finally, in their 2019 study, Kaur et al. (2019) demonstrated that following mild acute acoustic trauma that did not cause any evident hair cell loss or any significant increase in macrophage numbers in the spiral ganglia, the absence of CX3CR1 on macrophages still resulted in a robust and gradual SGN death. Of note, the lack of CX3CR1 alone did not cause loss of SGNs in any of these above-mentioned studies. Interestingly, the precise mechanisms by which intact FKN signaling, and macrophages promote SGN survival in the injured cochlea remains unknown and are under investigation. However, FKN signaling seems to play dual roles, as a chemokine, to recruit anti-inflammatory and pro-healing circulating macrophages, and as checkpoint molecule, to regulate the inflammatory and phagocytic phenotype of resident and circulating macrophages. However, more work needs to be done to determine the precise mechanisms of FKN-mediated SGN neuroprotection.

Kaur et al. (2018) further demonstrated an increase in the expression of pro-inflammatory cytokine IL-1β in the spiral ganglion and macrophages of mice lacking CX3CR1 compared to mice with intact CX3CR1 following aminoglycoside ototoxicity (Kaur et al., 2018). Similarly, studies in the CNS have found that altered FKN signaling affects microglia production of cytokines, including the enhanced expression of IL-1β (Cardona et al., 2006, 2015). Together, these studies suggest that macrophages serve a neuroprotective role in the injured cochlea via FKN signaling possibly by regulating the production of pro-inflammatory mediators from cells in the cochlea including macrophages. This is in line with previously mentioned studies of neurodegenerative diseases, where FKN signaling affects macrophage activity, acting as a checkpoint to prevent microglia overactivation (Cardona et al., 2006). Furthermore, this is in line with previously mentioned contradictory evidence where studies have shown both beneficial and detrimental effects of FKN signaling and macrophage/microglia activity or phenotype during neurodegenerative disease development and pathology, ultimately suggesting a context-dependent role in the cochlea. Regardless, whether these pro-inflammatory molecules are toxic to SGNs survival after cochlear injury needs validation.



FKN Promotes the Repair of Damaged Ribbon Synapses

The idea of “hidden hearing loss” was first described by Kujawa and Liberman (2009) in 2009, where they found that a moderate acoustic trauma (100 dB SPL, 8–16 kHz, 2 h) induced a reversible loss of hearing function (via auditory brainstem response (ABR) and distortion product otoacoustic emissions (DPOAE) thresholds) without causing sensory hair cell death. Interestingly, despite the complete recovery of ABR and DPOAE thresholds, they found that suprathreshold ABR Wave 1 amplitudes never fully recovered. This was supported by histological analysis showing permanent loss of IHC ribbon synapses, and progressive SGN death. Clinically, the loss of IHC ribbon synapses causing SGN death has profound effects on sound localization and understanding speech in noisy environments (Liberman and Kujawa, 2017). Kaur et al. (2018) reported an immediate increase in macrophage numbers in the damaged IHC synaptic region following synaptopathic acoustic trauma. In their 2019 work, they further examined the effects disruption of FKN signaling has on degeneration and repair of the synaptic connections between IHCs and SGNs (Kaur et al., 2019). Here, they exposed mice with intact FKN signaling and those that lacked CX3CR1 to a moderate noise level (90 dB SPL, 8–16 kHz octave band, 2 h). Such noise trauma resulted in a rapid degeneration of ~50% of IHC-ribbon synapses in the mid-basal and basal regions of the cochlea and an increase in macrophage numbers in the IHC synaptic region despite any evident hair cell death. The noise-damaged synapses gradually repaired in mice with intact FKN signaling, however the absence of CX3CR1 impaired such spontaneous synaptic repair that correlated with reduced ABR Wave 1 input-output function (amplitudes). Altogether, this work suggests that FKN signaling also plays a vital role in the spontaneous repair of damaged ribbon synapses. However, further work needs to be done to determine the exact roles of macrophages and FKN signaling in ribbon synapse degeneration and repair in order to develop novel immuno-therapies for hidden-hearing loss. In the final section, we will look at some of the work being done examining the therapeutic benefits of FKN overexpression on a variety of neurodegenerative diseases.




FKN AS A THERAPEUTIC TARGET FOR NEUROPROTECTION

The previous sections outlined the multitude of studies surrounding the role FKN signaling has in modulating the immune response during neurodegenerative disease development and progression. Due to the role of FKN signaling in microglia/macrophage activation, as well as FKN’s exclusivity for its receptor CX3CR1, this signaling axis has the potential to be an intriguing therapeutic target for any disease involving chronic neuroinflammation. In this section, we will investigate some of the work being done on targeting the FKN signaling to treat neurodegenerative diseases.

In 2013, Nash et al. (2013) investigated the role of FKN overexpression by using recombinant adeno-associated virus (AAV) vectors to deliver soluble FKN to reduce tau pathology in a mouse model of tauopathy. AAV serotype 9-expressing soluble FKN (AAV9) increased FKN levels up to two-fold over endogenous levels in the mouse hippocampus and reduced neurofibrillary tangles (Nash et al., 2013). Despite the increase in FKN expression, they did not observe any significant rescue in cognitive function as measured by radial arm water maze, possibly attributed to the aggressive tauopathy associated with the mouse model, or limited transduction of AAV9 vectors in the hippocampus. However, in a 2019 study by Finneran et al. (2019), they found that CNS-wide overexpression of soluble FKN via AAV serotype 2 (AAV2) delivery led to a rescue in cognitive function, as seen through novel recognition tasks and radial arm water maze behavior, in the same mouse model of tauopathy. This suggests exogenous FKN expression can rescue pathology associated with tauopathy. Furthermore, a 2011 study by Pabon et al. (2011) found that in the 6-hydroxydopamine (6-OHDA) rat model of PD, striatal delivery of exogenous recombinant FKN proved to be neuroprotective by reducing the size of the dopaminergic lesion, as well as reduced neuronal loss. This was further supported by a 2012 study by Morganti et al. (2012), where AAV9 delivery of soluble FKN was neuroprotective in the MPTP model of PD, treatment with AAV overexpressing FKN resulting in reduced neurotoxic effects. This was through preserved motor functions, reduced neuronal loss, and reduced proinflammatory cytokine release by activated microglia. Also, work led by the Nash group in 2014 found that the use of AAV2 to deliver soluble FKN reduced α-synuclein-mediated neurodegeneration in the MTPT model of PD in rats (Nash et al., 2015). Finally, using a mouse model of RP, Wang et al. (2019) showed that AAV serotype 8 (AAV8) delivery of soluble FKN prolongs cone cell survival and improves visual function. This neuroprotection occurred despite FKN overexpression not reducing cytokine levels or microglia activation in the retina. Although the mechanisms by which FKN overexpression led to neuroprotection in a model of RP remains unknown, these results further support the viability of FKN as a therapeutic target and could have implications for other neurodegenerative diseases of the eye, including AMD, DR, and glaucoma. Together, these examples are just a few studies that have explored the possibility of using FKN overexpression as a therapeutic measure for various neurodegenerative diseases. Although more work needs to be done to determine the therapeutic viability of FKN overexpression, these studies suggest that the use of targeted viral vectors, therapeutic peptides, or potentially pharmacological CX3CR1 receptor agonists, to target the FKN signaling axis could prove to be a viable treatment option for a variety of neurodegenerative diseases.



CONCLUSIONS AND FUTURE DIRECTIONS

The study of immune dysfunction continues to accumulate evidence for a primary role in the development and progression of neurodegenerative diseases. Specifically, interest in immune signaling pathways has grown, due to their involvement in tissue development, tissue homeostasis, and immune surveillance. Dysfunction in these communication pathways can result in neurotoxicity, resulting from unregulated immune activation. Evidence in several neurodegenerative diseases, including AD, PD, MS, and diseases of the retina suggests FKN signaling is responsible for dampening microglia activation, resulting in neuroprotection. Emerging research also suggests FKN signaling plays an important role in inner ear neuroprotection. However, the question remains, what is the specific role of macrophages and FKN signaling in cochlear pathology as well as other neurological conditions? We hypothesize that FKN signaling plays dual roles during cochlear pathology, as a chemokine and a checkpoint molecule. As a chemokine, FKN signaling mediates cochlear sensory and neuron protection by recruitment of anti-inflammatory and pro-healing macrophages from the circulation to the site of damage, which may be context or injury dependent. As a check point molecule, FKN signaling modulates the cochlear inflammatory state by regulating the inflammatory and phagocytic phenotype of resident and circulating macrophages. These functions may be inclusive or exclusive (Figure 3). However, if FKN signaling is disrupted, which in humans can occur through the previously mentioned CX3CR1 SNPs, there is diminished recruitment of peripheral macrophages and dysregulated production of proinflammatory mediators, leading to unregulated phagocytosis and SGN death. If accurate, these hypotheses would support the viability of exogenous FKN as a therapeutic mechanism to treat inner ear pathology. However, to fully determine the role of FKN signaling in cochlear physiology and pathology, the following questions need to be carefully addressed:


[image: image]

FIGURE 3. The proposed model for fractalkine-mediated neuroprotection after cochlear injury. Following cochlear damage there is a sustained increase in the numbers of macrophages in the spiral ganglion. This increase in numbers is likely due to infiltration of blood-derived macrophages from the vasculature. (A) Following cochlear trauma, CX3CL1 is proteolytically cleaved from SGNs/IHCs and soluble CX3CL1 binds to its unique receptor CX3CR1 expressed by macrophages. Activation of fractalkine signaling induces an immune response characterized by recruitment of anti-inflammatory and pro-healing macrophages from the vasculature into the injured cochlea, regulation of cochlear inflammation, and preserved SGNs. (B) When FKN signaling is disrupted, i.e., due to loss of function in humans carrying CX3CR1 polymorphisms, there is a lack of macrophage recruitment and a sustained proinflammatory state following trauma. This results in SGN death, due to unregulated inflammation and phagocytosis by macrophages.




1.   What is the role of the FKN ligand in normal and damaged cochlea? To this point, FKN’s role in modulating cochlear pathology has only been investigated in terms of the presence or absence of its cognate receptor CX3CR1. Therefore, determining the effects of presence and absence of FKN ligand in the normal and damaged cochlea and in oto- and neuroprotection and the factors that regulate the endogenous levels of soluble and membrane-bound FKN in the injured cochlea are equally vital.

2.   What is the precise role of CX3CR1 expressing resident and recruited macrophages in SGN survival? CX3CR1 is expressed on both cochlear resident macrophages and on macrophages that migrate to the damaged cochlea from blood circulation. However, to what extent CX3CR1-expressing resident and/or recruited macrophages contribute towards the long-term survival of SGNs in the damaged cochlea remains to be determined.

3.   Is FKN a chemotactic signal for resident or recruited macrophages in the injured cochlea? The FKN signaling has been explored elsewhere in the body for its role in chemotactic signaling to recruit additional immune cells to sites of tissue damage. Following cochlear trauma, there is an infiltration of circulating monocyte-derived macrophages to the site of injury. However, it is unclear if the FKN signaling axis is responsible for this migration of macrophages to the cochlea. Additionally, it is unclear if within the cochlea, FKN signaling acts as a chemotactic signal to draw additional resident macrophages from other regions of the cochlea to the site of cellular damage.

4.   oes CX3CR1 regulate cochlear inflammation and immune response to promote SGN survival following injury? It is not known if FKN signaling is directly responsible for protecting SGNs following trauma, and furthermore, if this neuroprotection is related to its regulation of proinflammatory mediator production and macrophage phagocytosis in the injured cochlea.

5.   What is the association of human CX3CR1 SNPs in acquired SNHL? Studies have shown a causal link between human CX3CR1 SNPs and increased susceptibility to various neurodegenerative diseases. However, it remains unknown if these SNPs are also associated with the development, progression, or severity of cochlear pathology and hearing loss in humans.

6.   Can FKN overexpression or increase in CX3CR1 activity be used as a viable therapeutic target for SGN survival and ribbon synapse regeneration? Based on the number of studies indicated above on the therapeutic viability of using AAV or peptides to overexpress soluble FKN for the treatment of neurodegenerative diseases, it will be of great interest to examine the effects of overexpression of FKN as a viable treatment option for the survival of SGNs and regeneration of damaged ribbon synapses following cochlear trauma. Such putative therapeutics options may be a viable treatment for hidden-hearing loss.



Addressing the above questions, we will better understand the role FKN signaling has on immune regulation in the inner ear during cochlear trauma. By doing so, we can begin to develop therapeutic targets for not only prophylactic protection but post-trauma recovery. Together, understanding the role of FKN signaling in inner ear pathology has great promise for unraveling the mysteries tied to the treatment of hearing loss.
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Influence of Mpv17 on Hair-Cell Mitochondrial Homeostasis, Synapse Integrity, and Vulnerability to Damage in the Zebrafish Lateral Line
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Noise exposure is particularly stressful to hair-cell mitochondria, which must produce enough energy to meet high metabolic demands as well as regulate local intracellular Ca2+ concentrations. Mitochondrial Inner Membrane Protein 17 (Mpv17) functions as a non-selective cation channel and plays a role in maintaining mitochondrial homeostasis. In zebrafish, hair cells in mpv17a9/a9 mutants displayed elevated levels of reactive oxygen species (ROS), elevated mitochondrial calcium, hyperpolarized transmembrane potential, and greater vulnerability to neomycin, indicating impaired mitochondrial function. Using a strong water current to overstimulate hair cells in the zebrafish lateral line, we observed mpv17a9/a9 mutant hair cells were more vulnerable to morphological disruption than wild type (WT) siblings simultaneously exposed to the same stimulus. To determine the role of mitochondrial homeostasis on hair-cell synapse integrity, we surveyed synapse number in mpv17a9/a9 mutants and WT siblings as well as the sizes of presynaptic dense bodies (ribbons) and postsynaptic densities immediately following stimulus exposure. We observed mechanically injured mpv17a9/a9 neuromasts were not more vulnerable to synapse loss; they lost a similar number of synapses per hair cell relative to WT. Additionally, we quantified the size of hair cell pre- and postsynaptic structures following stimulation and observed significantly enlarged WT postsynaptic densities, yet relatively little change in the size of mpv17a9/a9 postsynaptic densities following stimulation. These results suggest chronically impaired hair-cell mitochondrial activity influences postsynaptic size under homeostatic conditions but does not exacerbate synapse loss following mechanical injury.

Keywords: Mpv17, mitochondrial homeostasis, hair cell, neuromast, damage


INTRODUCTION

Hair cells, the sensory receptors of the inner ear, rely on mitochondria to generate energy to meet the high metabolic demands of mechanotransduction and synaptic transmission (Puschner and Schacht, 1997). Hair-cell mitochondria also produce reactive oxygen species (ROS) and contribute to the homeostatic control of intracellular Ca2+ (Matlib et al., 1998; Zenisek and Matthews, 2000; Collins et al., 2012; Wong et al., 2019). Disruption of mitochondrial dynamics can affect hair-cell vulnerability to damage from ototoxic drugs, as well as interfere with the maintenance of hair-cell synapses (Esterberg et al., 2014, 2016; Wong et al., 2019).

Zebrafish have emerged as a powerful tool to study the roles of mitochondria in hair-cell damage (Holmgren and Sheets, 2020). In addition to their ears, zebrafish have hair cells in their lateral line organs (neuromasts), which are composed of clusters of innervated hair cells and supporting cells. Zebrafish use their lateral line organs to detect local water currents and mediate behaviors such as escape responses and rheotaxis, or counter-flow swimming (Dijkgraaf, 1963; Olszewski et al., 2012; Suli et al., 2012; Stewart et al., 2013; Olive et al., 2016). Unlike cochlear hair cells, lateral-line hair cells are superficially located on the surface of the body and are therefore pharmacologically and optically accessible in an intact fish. Zebrafish became established as a model system for studying hair-cell development and function due to the identification of numerous conserved genes involved in hearing and balance (Nicolson, 2017).

Hearing loss is common in patients with mitochondrial disorders (Hsu et al., 2005). One gene that has been associated with mitochondrial disease in mammals and is conserved in zebrafish is mpv17 (Müller et al., 1997; Krauss et al., 2013). mpv17 encodes Mitochondrial Inner Membrane Protein 17 (Mpv17), which is a non-selective cation channel that modulates the mitochondrial potential and contributes to mitochondrial homeostasis (Antonenkov et al., 2015; Jacinto et al., 2021). Mice lacking Mpv17 show severe defects in the kidney, including glomerulosclerosis and nephrotic syndrome, and inner ear, including degeneration of outer hair cells and the stria vascularis (Müller et al., 1997; Meyer zum Gottesberge et al., 2001, 2012). In contrast, zebrafish lacking Mpv17 appear healthy and have normal life spans. Two zebrafish lines containing a spontaneous mutation in mpv17 [roy orbison (mpv17a9/a9) and transparent (mpv17b18/b18)] both contain the same 19 bp deletion leading to aberrant splicing and a premature stop codon (Krauss et al., 2013; D’Agati et al., 2017). Notably, the mpv17a9/a9 mutation is carried in the Casper strain of zebrafish, which are commonly used for imaging studies because they lack iridophores and thus have transparent skin (White et al., 2008; Martorano et al., 2019). Mpv17 has been shown in zebrafish to localize to mitochondria in multiple cell types, including lateral-line hair cells (Krauss et al., 2013). Although Casper fish are commonly used in research, how the loss of Mpv17 affects mitochondrial function in hair cells of the zebrafish lateral line has not yet been characterized. Moreover, as mitochondrial dysfunction is known to contribute to the pathologies underlying noise-induced hearing loss (Bottger and Schacht, 2013), we further wanted to examine the role of mitochondrial homeostasis in mechanically induced hair-cell damage.

In this study, we investigated how the loss of Mpv17 affects mitochondrial function in zebrafish lateral line hair cells as well as vulnerability to mechanical injury. In mpv17a9/a9 hair cells, we observed elevated ROS and mitochondrial Ca2+, reduced FM1–43 uptake, and increased sensitivity to neomycin-induced hair-cell death. We have previously reported a protocol using a strong water current stimulus to induce mechanical damage to zebrafish lateral-line organs (Holmgren et al., 2021). When exposed to the same stimulus as WT siblings, mechanically overstimulated mpv17a9/a9 neuromasts were more vulnerable to morphological disruption and hair-cell loss but showed similar degrees of de-innervation and synapse loss. Our results suggest that genetic disruption of mitochondrial homeostasis influences vulnerability to ototoxic or mechanically induced hair-cell death but does not exacerbate mechanically induced hair-cell synapse loss.



MATERIALS AND METHODS


Zebrafish

All zebrafish experiments and procedures were performed in accordance with the Washington University Institutional Animal Use and Care Committee. Adult zebrafish were raised under standard conditions at 27–29°C in the Washington University Zebrafish Facility. Embryos were raised in incubators at 28°C in E3 media (5 mM NaCl, 0.17 mM KCl, 0.33 mM CaCl2, 0.33 mM MgCl2; Nüsslein-Volhard and Dahm, 2002) with a 14 h:10 h light:dark cycle. After 4 dpf, larvae were raised in 100–200 ml E3 media in 250-ml plastic beakers and fed rotifers daily. The sex of the animal was not considered for this study because sex cannot be determined in larval zebrafish.

The transgenic lines TgBAC(neurod1:EGFP), Tg(scm1:EGFP), and Tg(myo6b:mitoGCaMP3) were used in this study (Obholzer et al., 2008; Behra et al., 2009; Esterberg et al., 2014). Fluorescent transgenic larvae were identified at 3–5 days post-fertilization (dpf) under anesthesia with 0.01% tricaine in E3 media. The TgBAC(neurod1:EGFP), Tg(scm1:EGFP), and Tg(myo6b:mitoGCaMP3) lines were crossed into Casper compound mutants (mitfaw2/w2, mpv17a9/a9, White et al., 2008). Homozygous mpv17a9/a9 mutants were identified at 3–5 dpf by phenotype under a brightfield dissecting microscope based on the severe reduction of iridophores in the eyes (D’Agati et al., 2017).



Experimental Apparatus

This experimental device was previously described in Holmgren et al. (2021). In brief, 6-well plates containing larvae were clamped to a custom magnesium head expander (Vibration and Shock Technologies, Woburn, MA, USA) on a vertically-oriented Brüel + Kjær LDS Vibrator, V408 (Brüel and Kjær, Naerum, Denmark). The apparatus was housed in a custom sound-attenuation chamber. An Optiplex 3020 Mini Tower (Dell) with a NI PCIe-6321, X Series Multifunction DAQ (National Instruments) running a custom stimulus generation program (modified version of Cochlear Function Test Suite) was used to relay the stimulus signal to a Brüel + Kjær LDS PA100E Amplifier that drove a controlled 60 Hz vibratory stimulus along the plate’s dorsoventral axis (vertically). Two accelerometers (BU-21771, Knowles, Itasca, IL) were mounted to the head expander to monitor the vertical displacement of the plate. The output of the accelerometers was relayed through a custom accelerometer amplifier (EPL Engineering Core). A block diagram for the EPL Lateral Line Stimulator can be found here http://www.masseyeandear.org/research/otolaryngology/eaton-peabody-laboratories/engineering-core.



Mechanical Overstimulation of Zebrafish Larvae

Larval zebrafish were exposed to strong water current as previously described (Holmgren et al., 2021). At 7 dpf, free-swimming zebrafish larvae were placed in untreated 6-well plates (Corning, Cat# 3736; well diameter: 34.8 mm; total well volume: 16.8 ml) with 6 ml E3 per well, pre-warmed to 28°C. Up to 20 larvae were placed in each well. Individual wells were sealed with Glad® Press ‘n Seal plastic food wrap prior to placing the lid on the plate. An additional metal plate was fitted to the bottom of the multi-well dish to fill a small gap between the bottoms of the wells and the head expander.

Exposures (stimulus parameters: 60 Hz, 46.2 ± 0.3 m/s2) were conducted at room temperature (22–24°C) up to 2 h after dawn. Exposure consisted of 20 min of stimulation followed by a 10-minute break and 2 h of uninterrupted stimulation. During the entire duration of exposure, unexposed control fish were kept in the same conditions as noise-exposed fish i.e., placed in a multi-well dish and maintained in the same room as the exposure chamber. After exposure, larvae were immediately fixed for histology.



Pharmacology

To assess hair-cell sensitivity to aminoglycosides, 5 dpf larvae were exposed to 1–100 μM neomycin (Sigma) in E3 for 30 min at 28°C. Larvae were then rinsed in E3 and allowed to recover for 2 h at 28°C before being fixed in 4% paraformaldehyde in PBS overnight at 4°C and mounted on slides with elvanol (13% w/v polyvinyl alcohol, 33% w/v glycerol, 1% w/v DABCO (1, 4 diazobicylo[2,2,2] octane) in 0.2 M Tris, pH 8.5).

To verify that entry of MitoTracker dyes into hair cells was not dependent on mechanotransduction, larvae were treated with BAPTA, which breaks hair-cell tip links. Seven dpf larvae were exposed to 5 mM BAPTA (Invitrogen) in E3 for 10 min, then rinsed in E3. MitoTracker probes were calibrated by treating fish with cyclosporin A (TCI America). Larvae were exposed to 200 nM cyclosporin A alone in E3 with 0.1% DMSO for 5 min prior to co-exposure with MitoTracker probes and drug for 30 min.



Live Hair-Cell Labeling

Hair cell nuclei were specifically labeled by briefly exposing free-swimming larvae to 4′,6-Diamidino-2-Phenylindole (DAPI; Invitrogen/ThermoFisher) diluted to 2.5 μg/ml in E3. Prior to exposure to mechanical stimulation or incubation with other indicators, larvae were exposed to DAPI working solution for 4 min, then rinsed three times in E3.

CellROX Green (Invitrogen) was used to quantify levels of ROS in hair cells. Larvae were exposed to 5 μM CellROX Green in E3 for 30 min at 28°C, protected from light. Larvae were then rinsed twice in E3 and prepared for live imaging. Larvae were maintained in the dark prior to imaging.

The fixable vital dye FM1-43FX (Invitrogen) was used to quantify hair-cell mechanotransduction as previously described (Holmgren et al., 2021). In brief, 7 dpf larvae were exposed to 3 μM FM1-43FX in E3 for 20 s then rinsed in E3. Larvae were then fixed (4% paraformaldehyde, 4% sucrose, 150 μM CaCl2 in 0.1 M phosphate buffer) overnight at 4°C and mounted on slides with elvanol.

We chose to use MitoTracker Red CMXRos and MitoTracker Deep Red (Invitrogen) to measure mitochondrial membrane potential because they are well retained after fixation, which allowed a higher temporal resolution than probes that require live imaging (Pendergrass et al., 2004; Mot et al., 2016). 7 dpf larvae were exposed to 500 nM MitoTracker Red CMXRos and 500 nM MitoTracker Deep Red concurrently in E3 for 30 min at 28°C, protected from light. Larvae were then rinsed in E3, fixed in 4% paraformaldehyde in PBS overnight at 4°C, and mounted on slides with elvanol.



Whole-Mount Immunohistochemistry

Larvae were briefly sedated on ice and fixed (4% paraformaldehyde, 4% sucrose, 150 μM CaCl2 in 0.1 M phosphate buffer) for 5 h at 4°C. Larvae were then permeabilized in ice-cold acetone, blocked (2% goat serum, 1% bovine serum albumin, 1% DMSO in PBS), and incubated with primary antibodies diluted in blocking buffer. The following commercial primary antibodies were used in this study: GFP (1:500; Aves Labs, Inc; Cat# GFP-1020), Parvalbumin (1:2,000; Thermo Fisher; Cat# PA1-933), Parvalbumin (1:2,000; Abcam; Cat# ab11427), Parvalbumin (1:500; Sigma-Aldrich; Cat# P3088), MAGUK (K28/86; 1:500; NeuroMab, UC Davis; Cat# 75-029), CtBP (1:2,000; Santa Cruz Biotechnology Cat# sc-55502. Custom affinity-purified antibody generated against Danio rerio Ribeye b was also used (mouse IgG2a; 1:2,000; Sheets et al., 2011). Following primary antibody incubation, larvae were washed and incubated with diluted secondary antibodies conjugated to Alexa Fluor 488, Alexa Fluor 546, Dylight 549, Alexa Fluor 555, and Alexa Fluor 647 (Invitrogen). Larvae were then counterstained with DAPI (Sigma) and mounted on slides with elvanol.



Live Imaging

Live imaging of zebrafish larvae was performed as previously described (Holmgren et al., 2021). In brief, zebrafish larvae were anesthetized with 0.01% tricaine in E3, then mounted lateral-side up on a thin layer of 1.5–2% low-melt agarose in a tissue culture dish with a cover-glass bottom (World Precision Instruments) and covered in E3 media. Z-stack images with a z step of 1 μm (CellROX) or 0.5 μm (mito-GCaMP3) were acquired via an ORCA-Flash 4.0 V3 camera (Hamamatsu) using a Leica DM6 Fixed Stage microscope with an X-Light V2TP spinning disc confocal (60 micron pinholes) and a 63×/0.9 N.A. water immersion objective. Z- acquisition parameters w/ X-light spinning disc: 488 laser “20% power”, 150 ms per frame. The perimeter of each neuromast for subsequent analysis was captured using differential interference contrast imaging following fluorescent image acquisition. Image acquisition was controlled by MetaMorph software.



Confocal Imaging of Fixed Specimens

Fixed sample images were acquired using an LSM 700 laser scanning confocal microscope with a 63× 1.4 NA Plan-Apochromat oil-immersion objective (Carl Zeiss). Confocal stacks were collected with a z step of 0.3 μm over 7–10 μm with pixel size of 100 nm (x–y image size 51 × 51 μm). Acquisition parameters were established using the brightest control specimen such that just a few pixels reached saturation in order to achieve the greatest dynamic range in our experiments. For quantitative measurements such as particle volume or fluorescence intensity, parameters including gain, laser power, scan speed, dwell time, resolution, and zoom, were kept consistent between comparisons.



Confocal Image Processing and Analysis

Analysis was performed on blinded images of posterior lateral-line neuromasts L3, L4, and L5. Digital images were processed using ImageJ software (Schneider et al., 2012). To correct for drift in the z direction, images were adjusted using StackReg when appropriate (Thevenaz et al., 1998). Subsequent image processing for display within figures was performed using Illustrator software (Adobe).

To measure the volume of synaptic puncta, raw images containing a single immunolabel were subtracted for background using a 20-pixel rolling ball radius. Whole neuromasts were delineated based on the Parvalbumin label in maximum-intensity projections using the freehand selection and “synchronize windows” tools. Puncta were defined as regions of immunolabel with pixel intensity above a determined threshold: threshold for Ribeye label was calculated using the Isodata algorithm (Ridler and Calvard, 1978) on maximum-intensity projections, the threshold for MAGUK label was calculated as the product of seven times the average pixel intensity of the whole NM region in a maximum-intensity projection. A common threshold calculation for both channels could not be used due to differences in background staining intensity between Ribeye and MAGUK labels. Particle volume was measured using the 3D object counter using a lower threshold and minimum particle size of 10 voxels (Bolte and Cordelieres, 2006). To normalize for differences in intensity across experimental trials, volume measurements were normalized to the median WT control volume for each trial for each individual channel. Intact synapses were manually counted and defined as colocalized or adjoining MAGUK and Ribeye or CtBP puncta. The number of intact synapses per hair cell was approximated by dividing the number of synapses by the number of hair cells in the neuromast.

To measure the fluorescence intensity of indicators across whole neuromasts, images containing single channels were background-subtracted using a rolling ball radius of the following sizes: images containing celllROX label or mitoGCaMP3 (50-pixel), images containing FM1-43FX label (100-pixel), and images containing individual MitoTracker labels (200-pixel). Whole neuromasts were delineated based on DIC images (celllROX label and mitoGCaMP3) or hair cell specific DAPI label in maximum-intensity projections, and the mean intensity of the indicator was measured. Measurements from each experimental trial were normalized to the WT control median value.



Statistical Analysis

Statistical analyses were performed using Prism 9 (Graphpad Software Inc). Datasets were confirmed for normality using the D’Agostino-Pearson test when appropriate. Statistical significance between two groups was determined by an unpaired Student’s t-test or a Mann–Whitney U test, depending on the normality of the dataset. Statistical significance between multiple groups with normal distributions was determined by one-way ANOVA and appropriate post hoc tests, and statistical significance between multiple groups with non-normal distributions was determined by a Kruskal-Wallis test and appropriate post hoc tests. For datasets dependent on multiple independent variables, statistical significance was determined using two-way ANOVA and appropriate post hoc tests.

Individual afferent neurons innervate multiple hair cells per neuromast as well as multiple neuromasts per fish. As such, events such as de-innervation and synapse loss could not be considered independent. To account for this influence, measurements from multiple neuromasts (L3–L5), including hair-number, synapse number, and hair-cell innervation, were recorded from individual fish and the average values for each fish were used for our analysis.




RESULTS


Mitochondrial Homeostasis Is Disrupted in mpv17a9/a9 

It has been previously reported that zebrafish lacking Mpv17 have impaired mitochondrial function and that Mpv17 protein localizes to hair-cell mitochondria (Krauss et al., 2013; Martorano et al., 2019). We thus characterized how the loss of Mpv17 affected mitochondrial homeostasis in hair cells of the lateral line. To quantify ROS levels in lateral-line hair cells, we exposed mpv17a9/a9 larvae and their WT siblings to the probe CellROX Green (Figures 1A,B). We observed increased fluorescence in mpv17a9/a9 neuromasts relative to WT, indicating elevated ROS in mpv17a9/a9 hair cells (Figure 1C; Mann-Whitney test ****P < 0.0001). We then quantified baseline mitochondrial Ca2+ levels using the genetically encoded indicator mitoGCaMP3 (Figures 1D,E; Esterberg et al., 2014). Relative to WT siblings, mpv17a9/a9 neuromasts had increased mitoGCaMP3 fluorescence, indicative of elevated mitochondrial Ca2+ (Figure 1F; Mann-Whitney test ****P < 0.0001).
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FIGURE 1. Mitochondrial homeostasis in WT and mpv17a9/a9 neuromasts. (A,B) Maximum-intensity projections of confocal images showing CellROX Green staining in WT siblings (A) and mpv17a9/a9 (B) neuromasts. Neuromast boundaries were delineated based on DIC images (not shown). (C) Mean CellROX intensity is elevated in mpv17a9/a9 neuromasts (****P < 0.0001). n = 21–23 neuromasts; N = 2 experimental trials. (D,E) Maximum-intensity projections of confocal images showing mitoGCaMP3 fluorescence in WT (D) and mpv17a9/a9 (E) neuromasts. (F) Mean mitoGCaMP3 intensity is increased in mpv17a9/a9 neuromasts (****P < 0.0001). n = 30–35 neuromasts (L3, L4, and L5); N = 2 experimental trials. Scale bars: 5 μm. Error bars: SEM.



It has been shown in murine fibroblasts that loss of Mpv17 results in hyperpolarized mitochondria (Antonenkov et al., 2015). To measure mitochondrial membrane potential (ΔΨm) of lateral-line hair cells, we exposed mpv17a9/a9 and sibling larvae to the dyes MitoTracker Red CMXRos and MitoTracker Deep Red (Figures 2A–C, E–G). Both of these dyes are well-retained after fixation and their accumulation in mitochondria is dependent on ΔΨm (Pendergrass et al., 2004; Mot et al., 2016). We verified that these probes could be used to detect hyperpolarized ΔΨm by treating WT larvae with cyclosporin A (Supplementary Figures 1A,B). While MitoTracker uptake is not specific to hair cells, we also verified that MitoTracker entry into hair cells is not dependent on hair-cell mechanotransduction by briefly treating larvae with BAPTA to disrupt tip links prior to MitoTracker exposure (Supplementary Figures 1A,B). With both probes, we observed increased fluorescence in mpv17a9/a9 neuromasts relative to WT, indicating mpv17a9/a9 hair cells have hyperpolarized mitochondria (Figures 2D,H; *P = 0.0469 MitoTracker Red CMXRos; ****P < 0.0001 MitoTracker Deep Red).
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FIGURE 2. mpv17a9/a9 hair cells have hyperpolarized mitochondria. (A–C, E–G) Maximum-intensity projections of confocal images displaying WT (A–C) and mpv17a9/a9 (E–G) neuromasts with DAPI-labeled hair cells (A–E) and staining with MitoTracker Red CMXRos (B–F) and MitoTracker Deep Red (C–G). (D–H) Mean intensities for both MitoTracker Red CMXRos (D) and MitoTracker Deep Red (H) are elevated in mpv17a9/a9 neuromasts (*P = 0.0469; ****P < 0.0001). n = 29–31 neuromasts (L3, L4, and L5); N = 4 experimental trials. Scale bar: 5 μm. Error bars: SEM.



To determine the effect of Mpv17 deficiency on hair-cell function, we next exposed mpv17a9/a9 and WT larvae to the vital dye FM1–43FX (Figures 3A,B). Labeling of hair cells following brief exposure to FM1–43 occurs via active mechanotransduction, and reduced labeling indicates reduced driving force for cations through mechanotransduction channels (Gale et al., 2001; Toro et al., 2015). We observed significantly reduced uptake of this dye in mpv17a9/a9 neuromasts relative to WT (Figure 3C; Unpaired t-test ***P = 0.0002), suggesting impaired mechanotransduction in mpv17a9/a9 hair cells. Collectively, these results support that mitochondrial homeostasis is disrupted in mpv17a9/a9 hair cells, and that hair-cell transduction is also reduced.
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FIGURE 3. FM1-43 uptake is reduced in mpv17a9/a9 hair cells. (A,B) Maximum-intensity projections of confocal images showing WT (A) and mpv17a9/a9 (B) neuromasts exposed to FM1-43FX. (C) Mean intensity of FM1-43FX is reduced in mpv17a9/a9 neuromasts (***P = 0.0002). n = 42–44 neuromasts (L3, L4, and L5); N = 4 experimental trials. Scale bar: 5 μm. Error bars: SEM.





mpv17a9/a9 Hair Cells Are More Susceptible to Neomycin-Induced Death

A recent study demonstrated that zebrafish mutants with elevated ROS are more vulnerable to neomycin-induced hair-cell loss (Alassaf et al., 2019). It has also been shown that elevated mitochondrial Ca2+ or ΔΨm increases sensitivity to neomycin, and that a hair cell’s cumulative mitochondrial activity can predict its sensitivity to neomycin (Esterberg et al., 2014; Pickett et al., 2018). On the other hand, it is known that neomycin enters hair cells through mechanotransduction channels, and blocking mechanotransduction can reduce neomycin sensitivity (Owens et al., 2009; Alharazneh et al., 2011; Hailey et al., 2017). We therefore exposed mpv17a9/a9 and WT sibling larvae to a range of doses of neomycin to determine whether mpv17a9/a9 larvae are more or less sensitive to neomycin-induced hair-cell death. At all doses tested, mpv17a9/a9 neuromasts lost significantly more hair cells following exposure than WT (Figure 4; repeated measure two-way ANOVA ***P = 0.001 1 μM; ****P < 0.0001 3 μM; ****P <0.0001 10 μM; ****P < 0.0001 30 μM; *P = 0.0115 100 μM). Thus, loss of Mpv17 increases sensitivity to neomycin-induced hair-cell death.
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FIGURE 4. mpv17a9/a9 larvae are more sensitive to neomycin-induced hair-cell loss. (A–D) Maximum-intensity projections of confocal images of WT (A,B) and mpv17a9/a9 (C,D) control neuromasts (A–C) or exposed to 10 μM neomycin (B,D). Hair cells were visualized with immunolabel of Parvalbumin (magenta), afferent neurites are expressing GFP (green), and all cell nuclei are labeled with DAPI (blue). (E) Dose-response curves showing hair cell survival as a percentage of control in both WT and mpv17a9/a9 neuromasts (*P = 0.0115; ***P = 0.0001; ****P < 0.0001). n = 67–86 neuromasts (L3, L4, and L5); N = 3 experimental trials. Scale bar: 5 μm. Error bars: SD.





mpv17a9/a9 Hair Cells Are More Vulnerable to Mechanically-Induced Morphological Disruption

We have previously reported a protocol to mechanically overstimulate zebrafish lateral line organs using a strong water current (Holmgren et al., 2021). This stimulation resulted in phenotypes including mechanical disruption of neuromast morphology, loss of hair cells, neurite retraction, and loss of hair-cell synapses. To determine the effects of impaired mitochondrial homeostasis on mechanically induced lateral-line damage, we exposed 7-day-old mpv17a9/a9 larvae and WT siblings to strong water current then fixed them for immunohistochemical labeling of hair cells, neurites, and synaptic components (Figures 5A–C). As indicated in our previous study, image analysis was performed on blinded samples. As in our previous study, in fish exposed to strong water current, we observed two distinct morphological profiles of the neuromasts: “normal” in which the neuromasts appeared identical to controls with the hair cells arranged in a typical rosette structure (Figure 5B), or “disrupted,” in which the neuromasts were displaced on their sides with elongated and misshapen hair cells and the apical ends of the hair cells oriented posteriorly (Figure 5C). In stimulus exposed WT fish, we observed disrupted morphology in 46% of the neuromasts surveyed (Figure 5E). We observed this morphological change more frequently in the more posterior L5 neuromasts compared to the more anterior L3 neuromasts (Figure 5F; 29% L3; 37% L4; 70% L5). We observed in mpv17a9/a9 larvae a similar trend of increased morphological disruption in the more posterior neuromasts (49% L3; 68% L4; 76% L5), however, the frequency of disrupted neuromasts was higher in mechanically injured mpv17a9/a9 larvae compared to WT siblings concurrently exposed to the same stimulus (Figure 5E; 64%; Paired t-test *P = 0.0232). Thus, mpv17a9/a9 neuromasts appear to be more vulnerable to morphological disruption resulting from mechanical injury.
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FIGURE 5. Mechanical overstimulation results in morphological disruption of neuromasts more frequently in mpv17a9/a9 larvae than in WT. (A–C) Maximum-intensity projections of confocal images showing hair cells labeled with Parvalbumin and all nuclei labeled with DAPI in control neuromasts (A) and strong water current exposed neuromasts with normal (B) or disrupted (C) morphology. (D) Schematic of larval zebrafish indicating the placement of neuromasts (pink dots) and afferent nerves (green lines). Neuromasts L3, L4, and L5 (dashed rectangle) were examined in this study. (E,F) Quantification of disrupted neuromasts, both overall (E) and separated by position on the body (F). Each point indicates the percentage of neuromasts with disrupted morphology in a single experimental trial. The frequency of disrupted neuromasts was higher in the more posterior L5 neuromasts; mpv17a9/a9 neuromasts showed disrupted morphology more frequently than WT (*P = 0.0232). n = 9–64 neuromasts (L3, L4, and L5) per trial; N = 6 experimental trials. Scale bar: 5 μm. Error bars: SEM.



We then compared hair-cell numbers between mechanically injured mpv17a9/a9 and WT neuromasts. Both WT and mpv17a9/a9 larvae sibling fish exhibited a slight decrease in the number of hair cells per neuromast (Figure 6G; Repeated measure two-way ANOVA P = 0.1033 WT; P = 0.0764 mpv17a9/a9). In both groups, this reduction in hair-cell number was specific to disrupted neuromasts; hair-cell numbers in exposed neuromasts with “normal” hair-cell morphology were comparable to control (Figure 6H; repeated measure two-way ANOVA P = 0.7933 WT normal; P = 0.0969 WT disrupted; P > 0.9999 mpv17a9/a9 normal; **P < 0.0037 mpv17a9/a9 disrupted). We also observed a significant reduction in the percentage of hair cells per neuromast with neurod:EGFP labeled afferent contacts in both WT and mpv17a9/a9 neuromasts (Figure 6I; one sample Wilcoxon test **P = 0.0020 WT; ***P = 0.0010 mpv17a9/a9). Similar to the reduction in hair-cell number, this neurite retraction phenotype was evident only in “disrupted” neuromasts of both groups (Figure 6J; one sample Wilcoxon test **P = 0.0039 WT disrupted; **P = 0.0020 mpv17a9/a9 disrupted). Taken together, these results demonstrate that mpv17a9/a9 neuromasts are more susceptible to mechanically induced morphological disruption, but that impaired mitochondrial function does not affect sensitivity to afferent retraction resulting from mechanical injury.
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FIGURE 6. WT and mpv17a9/a9 neuromasts show loss of hair cells and afferent innervation following mechanical overstimulation. (A–F) Maximum-intensity projections of confocal images showing neuromasts with Parvalbumin-labeled hair cells (blue) and Ribeye b-labeled presynaptic ribbons (magenta). Neurod:GFP-labeled afferent neurites are also shown (green). Unexposed control neuromasts are shown in (A; WT) and (D; mpv17a9/a9); exposed neuromasts with normal morphology are shown in (B; WT) and (E; mpv17a9/a9); and exposed neuromasts with disrupted morphology are shown in (C; WT) and (F; mpv17a9/a9). Arrows indicate hair cells lacking afferent innervation. (G,H) Quantification of average hair cells per neuromast shows a trend of hair cell loss in exposed neuromasts (G), which is specific to disrupted neuromasts (H; **P = 0.0037). n = 32–66 fish (neuromasts L3, L4, and L5); N = 9 experimental trials. (I,J) The average percentage of hair cells with GFP-labeled contacts. We observed significant neurite retraction [I; **P = 0.0020 (WT); ***P = 0.0010 (mpv17a9/a9)], which is also specific to disrupted neuromasts only [J; **P = 0.0039 (WT); **P = 0.0020 (mpv17a9/a9)]. n = 15–30 fish (neuromasts L3, L4, and L5); N = 6 experimental trials. Scale bar: 5 μm. Error bars: SEM. “ns” = not significant.





WT and Mpv17a9/a9 Hair Cells Show Comparable Synapse Loss Following Mechanical Overstimulation

Recent studies indicate hair-cell mitochondrial activity plays a key role in synaptic maintenance (Wang et al., 2018; Wong et al., 2019). We have previously shown that mechanical overstimulation resulted in the loss of hair-cell synapses, as well as changes in synapse morphology (Holmgren et al., 2021). To determine the effect of impaired mitochondrial function on synapse number following mechanical overstimulation, we exposed mpv17a9/a9 fish and their WT siblings, then immunolabeled synaptic components and quantified intact synapses, defined as presynaptic ribbons colocalized with postsynaptic densities (PSD; Figures 7A–F). In mechanically overstimulated WT neuromasts, we observed a statistically significant decrease in the number of intact synapses per hair cell (Figure 7G; repeated measure two-way ANOVA **P = 0.0020 WT). In agreement with our previous study, this loss of synapses occurred in all exposed neuromasts i.e., both normal and disrupted morphologies (Figure 7H; repeated measure two-way ANOVA *P = 0.0483 WT normal; *P = 0.0272 WT disrupted), suggesting that synapse loss may be a consequence of hair-cell overstimulation rather than physical injury. In mechanically overstimulated mpv17a9/a9 fish, we observed a similar reduction in synapse number (Repeated measure two-way ANOVA *P = 0.0313), and this trend of synapse loss occurred in all exposed neuromasts (Repeated measure two-way ANOVA P = 0.2806 mpv17a9/a9 normal; P = 0.1048 mpv17a9/a9 disrupted). The similarity in synapse loss between mutants and WT siblings suggests loss of Mpv17 does not dramatically affect mechanically induced synapse loss. Also notable was that unexposed control WT and mpv17a9/a9 fish had a comparable number of synapses per hair cell (Figure 7G; P = 0.9893) indicating that chronic mitochondrial dysfunction in mpv17a9/a9 hair cells does not affect synaptic maintenance.
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FIGURE 7. Both WT and mpv17a9/a9 neuromasts experience mechanically induced hair-cell synapse loss. (A–C) Maximum-intensity projections of confocal images showing neuromasts with Parvalbumin-labeled hair cells (blue), Ribeye b-labeled presynaptic ribbons (magenta), and MAGUK-labeled PSD (green). Unexposed control neuromasts are shown in (A; WT) and (D; mpv17a9/a9); exposed neuromasts with normal morphology are shown in (B; WT) and (E; mpv17a9/a9); and exposed neuromasts with disrupted morphology are shown in (C; WT) and (F; mpv17a9/a9). (G,H) Quantification of average numbers of intact synapses per hair cell. Each data point refers to the average number of intact synapses per hair cell in one neuromast per fish. Synapse number is reduced in both WT and mpv17a9/a9 neuromasts (G; **P = 0.0020 WT; *P = 0.0313 mpv17a9/a9). This reduction was consistent in both normal and disrupted neuromasts (H; *P = 0.0483 WT normal; *P = 0.0272 WT disrupted). n = 13–36 fish (neuromasts L3, L4, and L5); N = 7 experimental trials. Scale bar: 5 μm. Error bars: SEM. “ns” = not significant. PSD, postsynaptic density.



Studies in mammals have shown that noise exposures modulate the sizes of inner hair cell pre- and postsynaptic components (Song et al., 2016; Kim et al., 2019). We have also previously demonstrated that mechanical overstimulation of the lateral line resulted in enlarged PSDs (Holmgren et al., 2021). We thus measured the relative volumes of presynaptic ribbons and PSDs in mpv17a9/a9 larvae and WT siblings following mechanical overstimulation. We observed no significant change in the sizes of presynaptic ribbons in either WT or mpv17a9/a9 exposed neuromasts immediately following exposure (Figure 8E; Kruskal-Wallis test P = 0.6165). When we compared PSD volumes, we observed enlarged PSD in unexposed mpv17a9/a9 control neuromasts relative to WT (Figures 8C–F; Dunn’s multiple comparison test *P = 0.0100). In mechanically overstimulated WT neuromasts, there was a dramatic increase in PSD size relative to control (Figures 8B–F; Dunn’s multiple comparison test ****P < 0.0001). By contrast, in exposed mpv17a9/a9 neuromasts, there was a modest, nonsignificant increase in PSD size relative to control, and the increase was less dramatic than in WT (Figures 8D–F; Dunn’s multiple comparison test P = 0.1787). These results reveal mpv17a9/a9 mutant hair cells possess somewhat enlarged PSDs under homeostatic conditions and undergo less dramatic changes in PSD size following mechanical overstimulation relative to WT.


[image: image]

FIGURE 8. PSDs are enlarged in mpv17a9/a9 neuromasts but do not significantly change upon mechanical overstimulation. (A–D) Maximum-intensity projections of confocal images of WT (A,B) and mpv17a9/a9 (C,D) neuromasts, either unexposed (A–C) or exposed to strong water current (B,D). (E) Quantification of presynaptic ribbon volume relative to unexposed WT control. n = 1013–1087 presynaptic particles; N = 7 experimental trials. (F) Quantification of PSD volume relative to WT control. PSDs are enlarged in unexposed mpv17a9/a9 neuromasts and mechanically overstimulated WT neuromasts, but there is no significant change in PSD size in mechanically overstimulated mpv17a9/a9 neuromasts (****P < 0.0001 WT exposed; *P = 0.0100 mpv17a9/a9 control). n = 486–683 PSD particles from neuromasts L3, L4, and L5; N = 5 experimental trials. Scale bar: 5 μm. Whiskers: min. to max. values; “+” indicates mean value. “ns” = not significant.






DISCUSSION


Effects of Mpv17 Deficiency in Zebrafish Lateral-Line Hair Cells

In this study, we have characterized the effects of Mpv17 deficiency on lateral-line hair cells, both under homeostatic conditions and in response to mechanical overstimulation. Mitochondrial homeostasis appeared to be disrupted, as we observed in mpv17a9/a9 mutant hair cells elevated ROS and mitochondrial Ca2+, as well as hyperpolarized ΔΨm. Mpv17-deficient hair cells showed reduced FM1–43 uptake and were more susceptible to neomycin-induced death. Following mechanical overstimulation, mpv17a9/a9 neuromasts were more vulnerable to morphological disruption than WT siblings, but showed similar degrees of de-innervation and synapse loss.

To our knowledge, while the transparent Casper mutant line of zebrafish is commonly used in research, this is the first investigation of the role of Mpv17 in lateral-line hair-cell mitochondrial dynamics. Mpv17 function has been studied more extensively in mammalian models (Müller et al., 1997; Binder et al., 1999; Meyer zum Gottesberge et al., 2001, 2012). In mice, loss of Mpv17 results in severe defects in the kidney and inner ear. In humans, severe MPV17 deficiency has been associated with a hepatocerebral form of mitochondrial DNA depletion syndrome which results in death due to liver failure at young ages, while less severe mutations have been linked to juvenile-onset peripheral neuropathy (Spinazzola et al., 2008; El-Hattab et al., 2018; Baumann et al., 2019). The phenotypes observed in mpv17a9/a9 zebrafish are much milder than those reported in mammals, as homozygous mutants appear healthy and have normal lifespans. Paralogous genes in zebrafish may provide compensatory mechanisms for the loss of Mpv17 (Glasauer and Neuhauss, 2014). Zebrafish have two mpv17-like genes, mpv17l and mpv17l2, and mpv17l2 is upregulated in mpv17a9/a9 fish (Krauss et al., 2013; Martorano et al., 2019). While it is known that mpv17l2 is strongly expressed in the larval zebrafish liver (Thisse and Thisse, 2004), it remains to be determined whether mpv17l2 is expressed specifically in hair cells.



Mitochondrial Homeostasis in Mpv17a9/a9 Hair Cells

Mpv17-deficient hair cells showed elevated ROS and mitochondrial Ca2+, as well as a more negative ΔΨm (Figures 1, 2). Mitochondrial Ca2+, ROS production, and ΔΨm are tightly linked in the cell (Brookes et al., 2004; Adam-Vizi and Starkov, 2010; Ivannikov and Macleod, 2013; Esterberg et al., 2014; Gorlach et al., 2015). ROS are generated in the mitochondria as a consequence of oxidative phosphorylation, which depends on a negative ΔΨm. Negative ΔΨm is also maintained by removing protons from the mitochondrial matrix as electrons flow through the electron transport chain. A more negative ΔΨm thus results in more ROS (Kann and Kovacs, 2007; Zorov et al., 2014). Mitochondrial Ca2+ regulates oxidative phosphorylation, so the elevated mitochondrial Ca2+ observed in mpv17a9/a9 hair cells also contributes to increased ROS and ΔΨm (Brookes et al., 2004).

Similar hair-cell phenotypes were recently reported in pappaap170 mutant zebrafish: pappaap170 hair cells had elevated mitochondrial Ca2+, elevated ROS, and hyperpolarized mitochondria (Alassaf et al., 2019). Additionally, these mutants were more sensitive to neomycin-induced hair-cell loss, similar to what we observed in mpv17a9/a9 neuromasts (Figure 4). One notable difference between pappaap170 and mpv17a9/a9 mutant hair cells is that the significantly reduced FM1–43 uptake we observed in mpv17a9/a9 mutants (Figure 3) was not observed in pappaap170 mutants, indicating that the driving force for cations through mechanotransduction channels is decreased in mpv17a9/a9 but not pappaap170 mutants. As Ca2+ is involved in intracellular signaling, it is also possible that other cellular processes such as transcription or intracellular transport could be altered in mpv17a9/a9 mutants, leading to changes in expression, assembly, or stability of mechanotransduction channel components. Given that neomycin uptake is likely reduced in mpv17a9/a9 mutant hair cells (Hailey et al., 2017), our observations support that mitochondrial dysfunction is the main source of increased vulnerability to neomycin. In pappaap170 mutants, this susceptibility was rescued by treatment with the ROS scavenger mitoTEMPO, suggesting that attenuating oxidative stress could rescue mpv17a9/a9 susceptibility to neomycin. Additionally, a study defining neomycin-induced hair-cell death showed that mitochondrial Ca2+ uptake in zebrafish neuromast hair cells is a precursor to cell death, so it is possible that the elevated mitochondrial Ca2+ observed in mpv17a9/a9 hair cells may contribute to the heightened sensitivity (Esterberg et al., 2014). This study also demonstrated that ΔΨm plays a role in neomycin ototoxicity such that partially depolarizing the mitochondria with sub-lethal levels of FCCP offered a protective effect. Cumulatively, our observations in mpv17a9/a9 hair cells provide additional support to the idea that mitochondrial dysfunction underlies enhanced susceptibility to neomycin-induced hair-cell death, and that drugs targeting ROS or that uncouple mitochondrial phosphorylation may provide therapeutic protection.

In larvae exposed to strong water current stimulus, mpv17a9/a9 neuromasts displayed mechanical disruption of morphology more frequently than WT siblings exposed to the same stimulus (Figure 5). We also observed, in disrupted neuromasts, a significant decrease in hair-cell number (Figure 6). In our previous study, we reported intact mechanotransduction was not required for stimulus-induced displacement of neuromasts, indicating this observed phenotype is a result of mechanical injury (Holmgren et al., 2021). While it is unclear why mpv17a9/a9 neuromasts are more susceptible to mechanically induced displacement, it is possible that mitochondrial dysfunction in hair cells of disrupted mpv17a9/a9 neuromasts sensitizes them to mechanically induced damage. It would be interesting to know whether pharmacological manipulation of ΔΨm could affect a neuromast’s vulnerability to mechanical injury and hair-cell loss. As mpv17a9/a9 hair cells also showed elevated ROS (Figure 1), oxidative stress could also play a role in morphological disruption and hair-cell loss. Further examination of ROS levels in mechanically overstimulated hair cells will be important to fully understand these mechanisms.



Mechanical Overstimulation and Hair-Cell Synapse Loss

It has been established that moderate noise exposure results in a loss of hair-cell synapses in the cochlea, but the mechanisms underlying noise-induced synapse loss are not completely understood (Kujawa and Liberman, 2009). Recent studies have defined the roles of mitochondrial Ca2+ in synaptic maintenance and noise-induced synapse loss (Wang et al., 2018; Wong et al., 2019). One mechanism by which Ca2+ is taken up by mitochondria is via the mitochondrial Ca2+ uniporter (MCU; Wong et al., 2019). Both inhibition of MCU by Ru360 and genetic deletion of MCU have been shown to prevent hair-cell synapse loss in noise-exposed mice (Wang et al., 2018). These observations support that mitochondrial Ca2+ uptake plays a critical role in noise-induced synapse loss. We have shown here that mpv17a9/a9 hair cells have elevated mitochondrial Ca2+ levels, as measured by the genetically encoded mitochondrial Ca2+ indicator MitoGCaMP3 (Figure 1; Esterberg et al., 2014). It would therefore be unsurprising if elevated mitochondrial Ca2+ in mpv17a9/a9 hair cells contributed to more severe hair-cell synapse loss following mechanical overstimulation. However, here we did not see a greater degree of synapse loss in overstimulated mpv17a9/a9 hair cells. Instead, we observed similar degrees of synapse loss in both WT and mpv17a9/a9 stimulus exposed neuromasts (Figure 8), suggesting an alternate mechanism is at play.

It has recently been shown that Vglut3−/− null mutant mice do not lose hair-cell synapses following noise exposure, supporting a role for synaptic transmission in noise-induced synapse loss (Kim et al., 2019). Additionally, in our previous study of mechanical injury in the zebrafish lateral line, we observed significantly more severe mechanically-induced hair-cell synapse loss in fish when glutamate clearance from the synapse was pharmacologically blocked, suggesting synapse loss can be exacerbated by excess glutamate in the synaptic cleft (Holmgren et al., 2021). Our results here show that mpv17a9/a9 hair cells have reduced FM1-43 uptake indicating reduced hair-cell transduction (Figure 3), which suggests synaptic transmission may also be impaired in mpv17a9/a9 hair cells. It is possible that there is a balancing act in mpv17a9/a9 hair cells, with elevated mitochondrial Ca2+ potentially tipping the scales toward more severe synapse loss, yet counter balanced by reduced hair-cell activity providing protection from glutamate excitotoxicity. Further studies will be necessary to determine the relative contribution of mitochondrial activity to mechanically induced hair-cell synapse loss.




CONCLUSION

We have shown here that mitochondrial homeostasis is disrupted in mpv17a9/a9 hair cells of the zebrafish lateral line. Consequently, mpv17a9/a9 neuromast hair cells are more vulnerable to neomycin-induced hair-cell death but are not more susceptible to synapse loss from overstimulation. This model will be useful for future studies examining not only the relative contributions of mitochondrial function to hair-cell damage but also the roles of mitochondrial homeostasis in subsequent repair following damage.
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Two Photon Fluorescence Microscopy of the Unstained Human Cochlea Reveals Organ of Corti Cytoarchitecture
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Sensorineural hearing loss (SNHL) is the most common sensory deficit worldwide, and it typically originates from the cochlea. Methods to visualize intracochlear cells in living people are currently lacking, limiting not only diagnostics but also therapies for SNHL. Two-photon fluorescence microscopy (TPFM) is a high-resolution optical imaging technique. Here we demonstrate that TPFM enables visualization of sensory cells and auditory nerve fibers in an unstained, non-decalcified adult human cochlea.
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INTRODUCTION

Diagnostics and therapies for sensorineural hearing loss (SNHL) remain limited in part because of a historical lack of methods for visualizing the cochlea’s interior at the cellular level in living patients. While conventional computed tomography (CT) and magnetic resonance imaging (MRI) can reveal gross anatomical defects of the cochlea and may be sufficient for guiding otologic surgeons in planning their surgical access to the middle and inner ear regions, they do not afford the resolution necessary to enable visualization of the individual cells and auditory nerve fibers that are known from animal and human autopsy studies to be damaged in the progression of SNHL.

Recent advances in high resolution, deep penetration fluorescence microscopy techniques and the interfacing of these systems with miniature clinical endoscopes motivate investigation into whether these tools might be useful for intracochlear diagnostic applications; indeed, the abundance of endogenous fluorophores in the inner ear (e.g., flavin adenine dinucleotide (Sewell and Mroz, 1993) and nicotinamide adenine dinucleotide (Tiede et al., 2009) makes the cochlea a promising candidate for future fluorescence endoscopy. Following up on previous work in a mouse model by us (Yang et al., 2013; Romito et al., 2019) and others (Bae et al., 2020), here we demonstrate the ability of two-photon fluorescence microscopy (TPFM) to facilitate visualization of sensory cells and auditory nerve fibers in an unstained, non-decalcified cochlea from a former adult patient.



MATERIALS AND METHODS

The patient’s temporal bone was harvested at autopsy and fixed in formaldehyde according to previously described procedures (Merchant and Nadol, 1993). For TPFM imaging, the otic capsule over the cochlea’s apical, middle, and basal turns was slowly and carefully drilled away using sub-millimeter cutting and diamond burrs, revealing the organ of Corti’s surface in its entirety. The resulting specimen with exposed sensory epithelium was fixed to a glass petri dish with dental cement, submerged in phosphate buffered saline solution, and observed under a light microscope to confirm that (a) the structure had remained grossly intact during the drilling process, and (b) bone dust had been adequately flushed away. The dish was then secured to the surface of a 3-axis goniometer to allow precise tip and tilt manipulation in addition to rotation, and the entire system was then positioned under a Thorlabs Bergamo II Series Multiphoton microscope (Thorlabs, Newton, NJ, United States) for investigation using TPFM. The light source was a Spectra-Physics Mai Tai HP Ti:Sapphire laser (Spectra-Physics, Santa Clara, CA, United States) tuned to 830 or 836 nanometers and maintaining a pulse width of less than 100 femtoseconds. Emitted fluorophores were detected using Hamamatsu photomultiplier tubes (Hamamatsu Photonics, Hamamatsu City, Shizuoka, Japan). The objective lenses used were the Nikon CF175 LWD 16X and Apochromat 25XC water immersion lenses (Nikon, Minato, Tokyo, Japan).

To verify images obtained using TPFM, cochlear wholemounts were prepared for confocal immunohistochemistry. Specifically, a bone plug containing the inner ear was drilled down to the otic capsule and decalcified in EDTA. The cochlea was microdissected, and wholemounts of the organ of Corti prepared. Cochlear pieces were frozen in 30% sucrose until further use. The specimens were thawed to permeabilize and incubated in blocking buffer for 1 h. Hair cells were stained by incubating the specimen with rabbit anti-Myosin VI and VIIa (Proteus Biosciences, Ramona, CA, United States; #25-6791 and 25-6790, respectively) at 1:100 overnight at 37°C. After washing in PBS, wholemounts were incubated with a fluorescently labeled anti-rabbit secondary antibody twice for 60 min, and mounted onto glass slides in Vectashield (Vectorlabs, Burlingame, CA, United States). Images were taken on a Leica SP5 (Wetzlar, Germany) confocal microscope with a 20× glycerol objective.

This research was exempt by the Massachusetts Eye and Ear Institutional Review Board because it was based on deidentified cadaveric specimens.



RESULTS

Despite the lack of applied fluorescent stain, a strong endogenous fluorescence signal facilitated imaging of the organ of Corti’s surface features with high levels of detail (Figure 1A). Individual sensory cells and bundles of auditory nerve fibers were clearly visualized (Figures 1A,B), in addition to winding vasculature containing small donut-shaped cells consistent with erythrocytes in regions more proximal to the modiolus (Figure 1A). The identity of the sensory cells detected with TPFM in the unstained specimen was confirmed using confocal microscopy applied to the specimen immunostained for hair cells (Figure 1D). Because access to human inner ear tissue is limited and post-mortem times are variable, and on the order of hours, preservation of human inner ear tissue is typically not as good as in animal experiments where all variables can be precisely controlled and post-mortem time is only a few minutes.
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FIGURE 1. (A) Two-photon fluorescence microscopy (TPFM) of the unstained, in situ organ of Corti. Low magnification (16×) view of the basal turn of the organ of Corti. The green arrow indicates the row of inner hair cells, the yellow outline indicates auditory nerve fiber bundles, and the red arrow indicates vasculature. (B) TPFM high magnification (25×) view of the region depicted in panel (A), revealing auditory nerve fiber bundles (yellow outline) and individual sensory (green arrows) and supporting cells (asterisk). (C) High magnification (25×) view of the organ of Corti’s inner hair cell (IHC) region in cross-section, revealing individual IHCs (green arrows). (D) Maximum projection confocal image of the organ of Corti stained with myosin VI and VIIa at the row of inner hair cells shows a similar appearance to panel C. Scale bars: 100 μm in panel (A), 50 μm in panels (B–D), respectively.




DISCUSSION

For over 130 years, the gold standard method for studying the cellular basis of human SNHL has been post-mortem histology (Politzer, 1892). This has required lengthy processing that typically takes many months to complete and includes decalcification, embedding, sectioning, and staining with hematoxylin and eosin—with the collection of temporal bones often being long post-mortem (Merchant and Nadol, 1993).

A scarce opportunity to collect fresh human tissue are life-threatening diseases that require the removal of the inner ear for surgical access. During these surgeries, fresh inner ear specimens can be collected and subsequently molecularly or histologically analyzed, e.g., by RNA-seq (Schrauwen et al., 2016), immunohistochemistry, transmission electron microscopy (TEM) microscopy (Liu et al., 2015), or super-resolution structured illumination microscopy (SR-SIM) (Liu et al., 2017). Another opportunity to better understand human cochlear biology is the collection of perilymph, which can be done safely during surgeries that expose the round window or labyrinth (Lysaght et al., 2011; Schmitt et al., 2017). Imaging the cochlea in living humans today relies on CT and MRI. Although significant advances have been made, clinical CT and MRI do not afford cellular or microstructural resolution (Pearl et al., 2014; van Egmond et al., 2014; Thylur et al., 2017). While synchrotron radiation phase contrast imaging (SR-PCI) could visualize the organ of Corti’s cellular architecture in intact human temporal bones in situ (Iyer et al., 2018), the intense radiation currently required for this type of imaging post mortem makes it unsafe for imaging in alive humans.

Here, we demonstrate that TPFM obviates the need for such laborious, lengthy, and artifact-prone processing by providing cellular and subcellular resolution of the cochlea’s interior in a non-decalcified, unstained specimen. This strongly motivates further investigation into the sources of endogenous fluorescence in the inner ear and how they might be tapped for diagnostic imaging without contrast dyes or radiation in living humans, e.g., via intracochlearly inserted microendoscope. In conclusion, TPFM could accelerate progress in understanding cellular-level pathology in precious human temporal bone specimens and may lead the way toward much-needed personalized therapy recommendations in living patients suffering from SNHL.
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In CBA/CaJ mice, confocal analysis has shown that acoustic overexposure can immediately destroy synapses between auditory-nerve fibers (ANFs) and their peripheral targets, the inner hair cells (IHCs), and that years later, a corresponding number of ANF cell bodies degenerate. In guinea pig, post-exposure disappearance of pre-synaptic ribbons can be equally dramatic, however, post-exposure recovery to near-baseline counts has been reported. Since confocal counts are confounded by thresholding issues, the fall and rise of synaptic ribbon counts could represent “regeneration,” i.e., terminal retraction, re-extension and synaptogenesis, or “recovery,” i.e., down- and subsequent up-regulation of synaptic markers. To clarify, we counted pre-synaptic ribbons, assessed their juxtaposition with post-synaptic receptors, measured the extension of ANF terminals, and quantified the spatial organization and size gradients of these synaptic elements around the hair cell. Present results in guinea pigs exposed as adults (14 months), along with prior results in juveniles (1 month), suggest there is post-exposure neural regeneration in the guinea pig, but not the CBA/CaJ mouse, and that this regenerative capacity extends into adulthood. The results also show, for the first time, that the acute synaptic loss is concentrated on the modiolar side of IHCs, consistent with a selective loss of the high-threshold ANFs with low spontaneous rates. The morphological similarities between the post-exposure neurite extension and synaptogenesis, seen spontaneously in the guinea pig, and in CBA/CaJ only with forced overexpression of neurotrophins, suggest that the key difference may be in the degree of sustained or injury-induced expression of these signaling molecules in the cochlea.

Keywords: ribbon synapse, synaptopathy, regeneration, noise overexposure, cochlea, spiral ganglion, aging, spontaneous rate


INTRODUCTION

Most hearing impairment among adult humans, including noise-induced hearing loss, involves damage to either cochlear hair cells or their afferent innervation, the auditory nerve fibers (ANFs). Ultrastructural work in cat and guinea pig in the early 1980’s (Liberman and Mulroy, 1982; Robertson, 1983) showed swelling and rupture of ANF terminals at their synaptic connections with inner hair cells (IHCs) when examined within 24 h of acoustic overexposure. This neural damage could be mimicked in guinea pigs by perfusing the cochlea with glutamate agonists, and it could be partially blocked by perfusion with glutamate antagonists, suggesting neural excitotoxicity at this highly active, glutamatergic synapse (Puel et al., 1998; Ruel et al., 2007). Furthermore, mice with genetic or pharmacologic blockade of glutamatergic neurotransmission showed reduced susceptibility to noise-induced synaptopathy (Kim et al., 2019; Hu et al., 2020).

This acute noise-induced damage was seen after exposures that were completely reversible with respect to cochlear thresholds in animals with longer post-exposure survival. Furthermore, swollen ANF terminals in cats were no longer seen a few days after overexposure, and the synaptic ultrastructure on surviving IHCs appeared normal (Liberman and Mulroy, 1982). These observations suggested that the myelinated peripheral axons of these bipolar neurons (as well as their cell bodies and central axons) survive the loss of their unmyelinated peripheral terminals and can extend new neurites to re-establish synaptic connections with their IHC targets (Ruel et al., 2007).

However, the ultrastructural studies of acute and chronic acoustic injury did not count ANF terminals and/or synapses. Thirty years later, studies in noise-damaged mice used immunostaining for pre- and post-synaptic markers along with confocal imaging to count synapses in large numbers of IHCs before and after noise exposures causing large acute, but ultimately reversible, threshold shifts (Kujawa and Liberman, 2009; Fernandez et al., 2015; Liberman L. D. et al., 2015). These confocal studies showed immediate loss of up to 50% of the synapses between IHCs and ANFs. The loss remained stable from 1 day to 8 weeks post exposure, and when animals survived for 2 years post exposure, loss of ANF cell bodies closely approached the 50% value of synaptic loss seen at day 1 (Kujawa and Liberman, 2009).

The apparent discrepancy between ultrastructural studies in guinea pig and confocal studies in CBA/CaJ mice could be explained as follows: (1) a 50% synaptic loss could have been undetected in random-section ultrastructural studies, and (2) silencing 50% of ANFs would not elevate cochlear electrophysiological thresholds by more than 10 dB (Lobarinas et al., 2013; Bourien et al., 2014), because activity spreads so rapidly along the cochlear spiral as sound pressure is increased. Thus, the acute noise-induced threshold shifts were dominated by outer hair cell (OHC) dysfunction (Darrow et al., 2007), and thresholds recovered because hair cell function recovered. Although the ANF synaptic damage was irreversible, cochlear threshold measures were insensitive to this primary neural degeneration.

Despite this reasonable resolution, a subsequent confocal study suggested that noise-damaged ANF terminals actually do regenerate in guinea pig (Shi et al., 2013). After an exposure that produces massive loss of pre-synaptic ribbons at 1 day post-exposure, ribbon counts return to near-normal levels within a few weeks. Although counting immunostained ribbons is a powerful way to sample large numbers of hair cells, the disappearance and reappearance of immunofluorescent puncta could reflect down- and up-regulation of the pre-synaptic immunomarker rather than degeneration and regeneration of ANF terminal dendrites followed by synaptogenesis. The distinction is critical, especially in the context of designing therapies to elicit neurite extension and synaptogenesis in humans, where the ANF peripheral axon has degenerated although the IHC targets survive (Liu et al., 2015; Wu et al., 2020).

We addressed this with a confocal study of noise-induced synaptopathy in guinea pig by adding immunomarkers for post-synaptic receptors and ANF terminals, and by analyzing the locations and sizes of synaptic complexes around the IHC (Hickman et al., 2020). By showing that the post-exposure repopulation of IHCs with pre-synaptic puncta is accompanied by the appearance of neurites and post-synaptic receptor patches far from their normal locations, we provided evidence for synaptic plasticity as well as post-exposure neurite extension and synaptogenesis in this noise damage model.

However, several key questions remained, including the role of age-at-exposure. Noise vulnerability in mice decreases as animals mature from pre- to post-pubescent (Bock and Saunders, 1977; Henry, 1983; Kujawa and Liberman, 2006), and cochlear regenerative capacity decreases with postnatal age, at least within the first few weeks (Martinez-Monedero et al., 2007; Cox et al., 2014). These age-at-exposure differences can be dramatic: e.g., 40 dB more permanent threshold shift in animals exposed at 6 weeks vs. 16 weeks (Kujawa and Liberman, 2006). Prior guinea pig studies by our group (Hickman et al., 2020) and others (Shi et al., 2013), noise-exposed animals as juveniles, around the onset of puberty, whereas the original mouse work on cochlear synaptopathy (Kujawa and Liberman, 2009) exposed mice as mature post-pubescents (∼16 weeks). The mouse data is further complicated by inter-strain differences. The original work (showing no regenerative capacity) was done in CBA/CaJ, whereas more recent studies in C57BL/6 mice report substantial recovery of ribbon counts in animals exposed at 5–6 weeks (Shi et al., 2015; Kaur et al., 2019) and more limited recovery in ear exposed at 8–12 weeks (Kim et al., 2019). Intriguingly, one of the C57BL/6 studies reports that, while ribbons recovered from an exposure at 6 weeks, they do not after a second exposure at 10 weeks (Luo et al., 2020). Although the role of age vs. repeat-exposure in generating this difference was not explored, the results emphasize the need to clarify the effects of age-at-exposure on the regenerative capacity of the inner ear, which was one aim of the present study.

Another aim was to resolve the discrepancy between physiological and morphological evidence as to the differential vulnerability among ANF functional subgroups. Our 2013 neurophysiological study of single ANFs in synaptopathic guinea pigs (Furman et al., 2013) suggested that ANFs silenced by synaptic loss were predominately those with high thresholds and low spontaneous rates (SRs). However, low-SR ANFs make synaptic contacts exclusively on the “modiolar” side of the IHC (Liberman, 1982), and our prior neurophysiological study of synaptopathic guinea pigs saw no difference in the number of ribbons lost from the two sides of the IHC (Furman et al., 2013). However, both the neurophysiological and histopathological analyses of these noise-exposed guinea pigs were carried out at 3 – 5 wks post exposure and therefore must have been complicated by the ongoing synaptic re-organization during this active regenerative phase. Thus, the present study also evaluated the synaptic architecture acutely post-exposure to look for more clear-cut differences between the damage on the two sides of the IHCs.



MATERIALS AND METHODS


Subjects and Groups

Female Hartley guinea pigs, received from the animal supplier (Elm-Hill Labs) at ages of either 1 month (juveniles) or 14 months (mature), were used in this study. Data from the juveniles included a mix of new subjects and subjects from a prior report (Hickman et al., 2020). After an acclimation of 2 weeks to the animal care facility, animals were placed awake and unrestrained in a wire-mesh cage on a rotating platform within a reverberant chamber and exposed to noise (4–8 kHz, 106 dB SPL, 2 h), designed to induce large threshold shifts with minimal hair cell loss. Animals were allowed to recover for 1 day (mature and juvenile); 1, 4, or 8 weeks (juvenile); or 6 weeks (mature) before cochlear function tests, i.e., CAPs (compound action potentials) and DPOAEs (distortion product otoacoustic emissions), immediately followed by tissue harvest. Mice from the CBA/CaJ strain were exposed awake and unrestrained for 2 h to an octave-band noise (8–16 kHz) at either 8 or 16 weeks of age, at 98 or 100 dB SPL, respectively, and allowed to recover for varying periods before cochlear function tests (DPOAEs and either CAPs or ABRs) immediately followed by tissue harvest.

At the time of cochlear function testing, roughly half of the mature guinea pigs, both control and exposed, showed abnormally high CAP thresholds at frequencies ≤2 kHz, and DPOAE thresholds at such high levels that the responses were indistinguishable from system distortion (Figure 1). Because such a pattern was never observed in the juveniles, and because this pattern strongly suggested the presence of conductive hearing loss, the high-threshold animals were removed from the study. In the final mature dataset, the number of ears were seven controls, 10 at 1-day post exposure, and four at 6-week post exposure. In the final juvenile dataset, the number of ears was 13 in the control group and 6 each in the 1-day, 1-week, 4-week, and 8-week groups, respectively. Unexposed controls were housed with exposed animals of the same age. All procedures were approved by the IACUC of the Massachusetts Eye and Ear and were performed in accordance with the “Guide for Care and Use of Laboratory Animals.”
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FIGURE 1. Animals with exceptionally high DPOAE thresholds at low frequencies were excluded from the study. Thresholds for CAPs (A) and DPOAEs (B) for all the animals tested are coded for experimental group, as indicated in the key, and separated into two non-overlapping groups (dashed vs. solid curves) according to their DPOAE thresholds near 2 kHz. DPOAE thresholds at and above 75 dB SPL are indicated as “system distortion,” because DPOAEs were generated in a passive coupler when the intensity of the primaries reached this level. Group sizes before case exclusion were: control n = 14 ears of 7 animals, 1 day n = 14 ears of 7 animals, 6 weeks n = 8 ears of 4 animals.




Cochlear Function

Cochlear function tests were carried out in an electrically shielded and sound-attenuating chamber, maintained at 32°C. Animals were deeply anesthetized with ketamine (100 mg/kg) and xylazine (8 mg/kg). Acoustic stimuli were delivered through a closed acoustic system, consisting of two sound sources (CDMG15008- 03A, CUI) and an electret condenser microphone (FG-23329-PO7, Knowles) as an in-dwelling probe microphone. Stimuli for CAPs were 4-msec tone pips (0.5 ms rise-fall, 19/s repetition rate). CAP responses were recorded with a silver-ball electrode on the round window, referred to a ground in the neck muscle near the vertex. Threshold was defined as the sound level, at each frequency, required to produce a response of 10 μV peak to peak, as determined by a computer-driven algorithm. DPOAEs were recorded in response to a pair of pure tones (f1 and f2), in a frequency ratio (f2/f1) of 1.2, and a level separation of 10 dB (f1 level > f2 level). DPOAE threshold was defined as the level of f2 required to produce a distortion product in the ear canal of 0 dB SPL, as determined by interpolation between 5 dB level steps at each f2 frequency.



Tissue Fixation, Immunostaining and Image Acquisition

Animals were deeply anesthetized with fatal-plus solution (300 mg/kg pentobarbital sodium), and then tissues were fixed by intravascular perfusion of 4% paraformaldehyde following a saline wash-out; cochleae were flushed through the scalae with the same fix and then post-fixed for 2 h, decalcified for 2–3 weeks in 0.12 M EDTA, and dissected into pieces, each containing a fraction of the sensory epithelium. Tissue was permeabilized by freezing on dry ice in 30% sucrose and blocked for 1 h at 22°C in PBS with 1% Triton X + 5% normal horse serum. Tissue was then incubated overnight at 37°C in the following primary antibodies, diluted in 1% normal horse serum and 1% Triton X in PBS: (1) mouse isotype IgG1 anti-C-terminal binding protein 2 (CtBP2, 1:50, BD Transduction Laboratories #612044), (2) mouse isotype IgG2a anti-glutamate receptor 2 (GluA2, 1:1000, Millipore #MAB397), (3) rabbit anti-myosin VIIa (Myo7a, 1:100, Proteus BioSciences #25–6790), and (4) mouse anti-neurofilament H (NFH, 1:500, Millipore #AB5539). After washing in PBS, the tissue was incubated twice for 1 h each in the following secondaries, diluted in 1% normal horse serum and 1% Triton X in PBS: (1) Alexa Fluor 568 goat anti-mouse IgG1 (1:1000, Thermo Fisher #A21124), (2) Alexa Fluor 488 goat anti-mouse IgG2a (1:500, Thermo Fisher #A21131), (3) Pacific Blue goat anti-rabbit (1:200, Thermo Fisher P10994), and (4) Alexa Fluor 647 goat anti-chicken (1:200, Thermo Fisher #A21449).

Low-power images of the myosin channel in each microdissected piece were obtained with a 10x objective (N.A. 0.4) on a Leica DM5500 epifluorescence microscope at sufficient magnification to count hair cells. Cytocochleograms were constructed from these images by tracing the cochlear spiral and superimposing hash marks at each 2% length increment using a custom ImageJ plugin (Hickman et al., 2018). Frequency correlates were assigned based on the cochlear frequency map for guinea pig (Tsuji and Liberman, 1997) or mouse (Taberner and Liberman, 2005), and the organ of Corti was imaged at half- to one-octave intervals with a Leica confocal microscope using a 63× glycerol immersion objective (N.A. 1.3). At each of the desired locations (11 cochlear regions at log-spaced intervals from 0.5 to 45.2 kHz for guinea pig, and 8 cochlear regions from 5.6 to 64 kHz in mouse), in each case, two adjacent microscopic fields (∼10 IHCs per field) were imaged with a 4-channel z-stack spanning the height of the hair cells to faithfully capture all synaptic puncta in that region of interest (1024 pixels × 512 pixels in x and y, at roughly 80 nm per pixel with z- spacing at 0.33 μm per slice).



Image Analysis

The numbers and volumes of ribbons were analyzed with Amira software (v 6.4, Visage Imaging) using the connected components feature to automate the identification of puncta in three-dimensional space, and the notation of their locations, sizes and numbers. The pairing of pre-synaptic ribbons with post-synaptic receptors and/or auditory nerve terminals was assessed with custom C++ software that re-projected the voxel space immediately around each ribbon (i.e., within 1 micron) as an array of thumbnail images, from which an observer can evaluate the post-synaptic staining around each ribbon: see Figure 3 in a prior report (Liberman et al., 2011) for further details. The x-, y-, z- coordinates of ribbons in each z-stack were transformed into a coordinate system based on the modiolar-pillar polarity of the IHCs, using a custom LabVIEW program. This program required user input only to define the line bisecting the subnuclear portion of the IHCs into pillar vs. modiolar halves, as seen in the maximum zy projection of each z-stack. This bisector became the transformed y-axis; an x-axis was created perpendicular to it, and was placed such that the ribbons farthest from the cuticular plate were at y = 0. This manual operation was performed by an observer blinded to the exposure-group/survival-time information on each ear.



Statistics

Statistical analyses were made using Graphpad Prism v8. Each animal was considered a replicate for statistical purposes. For intergroup comparisons of metrics obtained at multiple frequencies or cochlear regions, 2-way ANOVAs were adjusted for missing values with Prism’s mixed-effects-model that calculates a compound symmetry covariance matrix, fitted using restricted maximum likelihood. This method accounts for rare, random missing values. Within the mixed-effects-model, fixed effects were defined as frequency and recovery time, while random effects were defined as subjects (animals) and residuals. The Geisser–Greenhouse correction method was used to account for unequal variance between repeated measures, and D’Agostino–Pearson’s omnibus K2 normality tests were used to verify the normality of the data. 2-way ANOVA post hoc multiple comparisons were calculated using the Holm–Sidak multiple comparisons method. When comparing across three groups, a Brown–Forsythe and Welch ANOVA test was performed without assuming equal standard deviations, and post hoc multiple comparisons were made using Dunnett’s T3 multiple comparisons test. A non-parametric two-tailed Mann-Whitney test was used to calculate pairwise comparisons.



Data Availability

The datasets generated and analyzed in this study are available from the corresponding author on request.




RESULTS


Threshold Shifts and Hair Cell Loss

Cochlear function was assessed by recording CAPs via a round-window electrode and DPOAEs via an ear-canal sound-pressure monitor. As summarized in Figure 2, the absolute thresholds in control ears showed the expected U-shaped pattern, with maximum sensitivity between 8 and 22.6 kHz, depending on group and test. Both DPOAE and/or CAP threshold functions showed small (mean ≤ 10 dB), but significant threshold elevations in the mature ears (aged 1.3 years), at low (≤4 kHz, CAP: group p = 0.0055, DPOAE group: p = 0.0003) and high (>4 kHz, CAP group: p = 0.040, DPOAE group p = 0.34) frequencies, compared to similar measures from juveniles (aged ∼1 month).
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FIGURE 2. Pre-exposure thresholds were slightly higher in mature animals than in juveniles (A–D), but IHC synaptic counts were statistically indistinguishable (E,F; group p = 0.48). Threshold data are shown for CAPs (A,B) and for DPOAEs (C,D). Each metric is plotted for individual animals (B,D,F) and as group means ± SEMs (A,C,E). Group sizes for (A–D) were: mature control n = 7 ears of 4 animals, juvenile control n = 8 ears of 4 animals. Group sizes for (E–F) were: mature control n = 7 ears of 4 animals, juvenile control n = 13 ears of 7 animals. Juvenile synapse data (E–F) are from a prior study (Hickman et al., 2020).


As in prior studies, the noise exposure we used to induce cochlear synaptopathy was designed to produce a severe, but ultimately reversible, elevation of cochlear thresholds in the basal half of the cochlea. When measured 1 day post exposure, this 4–8 kHz octave-band noise produced peak threshold elevations near 22.6 kHz ranging, across animals, from 18 to 49 dB, by CAP, and from 8 to 35 dB when measured by DPOAEs (Figure 3). The interanimal differences in severity of threshold elevation scaled similarly in both CAP and DPOAE measures (data not shown).
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FIGURE 3. Acute threshold shifts, measured 1 day post exposure, were smaller in mature guinea pigs than in the juvenile animals from a prior report (Hickman et al., 2020). Threshold shifts are measured re mean control data for the same age group (see Figure 2). Data are shown for CAPs (A,B) and for DPOAEs (C,D), and each metric is plotted for individual animals (B,D) and as group means ± SEMs (A,C). The gray bar indicates the passband of the noise exposure used to create synaptopathy. Group sizes were: mature control n = 7 ears of 4 animals, juvenile control n = 14 ears of 7 animals, mature 1 day n = 10 ears of 5 animals, juvenile 1 day n = 5 ears of 3 animals.


The magnitude of the acute threshold elevations was significantly smaller in the mature animals than those seen after identical exposures in juveniles (Figure 3; CAP group: p = 0.0018, group × frequency: p < 0.0001; DPOAE group: p = 0.0006, group × frequency: p < 0.0001). The threshold shifts in the juveniles peaked at a lower frequency (16 vs. 22 kHz) and signs of acute damage spread to significantly lower frequency regions (2 kHz vs. 8 kHz). Enhanced noise vulnerability in immature animals has also been reported in mice (Kujawa and Liberman, 2006).

When mature animals were allowed to survive for 6 weeks post exposure, thresholds had returned to control values at all frequencies (Figure 4), even at 22.6 kHz where the acute threshold shifts were maximal. The apparent improvement of low-frequency thresholds arises because each exposed group is compared to its age-matched controls. In fact, the mean low-frequency thresholds (1–8 kHz) in the exposed-recovered mature animals are nearly identical to those in juvenile controls (mean difference = 1 dB). We suspect that this reflects a subtle manifestation of the low-frequency threshold issues we encountered in these mature ears (Figure 1).
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FIGURE 4. Chronic threshold shifts, measured 6 weeks post exposure, were smaller in the mature guinea pigs than in juveniles from a prior report (Hickman et al., 2020). Threshold shifts are measured re the mean control data for the same age group (see Figure 2). Data are shown for CAPs (A,B) and for DPOAEs (C,D), and each metric is plotted for individual animals (B,D) and as group means ± SEMs (A,C). The gray bar indicates the passband of the noise exposure used to create synaptopathy. Group sizes were: mature control n = 7 ears of 4 animals, juvenile control n = 14 ears of 7 animals, mature 6 weeks n = 4 ears of 2 animals, juvenile 8 weeks n = 6 ears of 3 animals.


As expected, based on the complete threshold recovery in the affected high-frequency cochlear regions, there was no significant loss of either IHCs or OHCs in the exposed ears (Figure 5). This differs from the noise-induced hair cell loss in the juvenile animals, where 25% (3/12) of the ears showed focal losses >48% of IHCs and ≥70% OHCs in the high-frequency regions, a phenomenon never observed in unexposed controls (Figure 5). Unexpectedly, there was a small (4.1%) but significant (Mann–Whitney p = 0.0006) increase in OHC loss in the apical half of the cochlea in the unexposed mature ears re the juvenile controls, even though our mature animals, at 1.3 years, had only aged to 25% of the 5-year mean lifespan for the laboratory guinea pig (Quesenberry and Donnelly, 2005).
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FIGURE 5. Mature controls show more baseline OHC loss than juveniles in the apical cochlea (B), but, in the mature ears, noise exposure did not cause any further loss of either IHCs (A) or OHCs (B). Data are shown both as mean values (±SEMs; thick lines), and individual cases (thin lines): both are binned in 2% increments of cochlear location. Data from juvenile animals are from a prior study (Hickman et al., 2020). Group sizes were: mature control n = 5 ears of 4 animals, juvenile control n = 6 ears of 5 animals, mature 6 weeks n = 4 ears of 2 animals, juvenile 1 weeks n = 6 ears of 5 animals, juvenile 4 weeks n = 6 ears of 3 animals.




Loss and Recovery of IHC Synapses

Each auditory nerve fiber (ANF) contacts a single IHC via a single terminal swelling, forming a single synaptic plaque consisting of apposed pre- and post-synaptic active zones along with one, or (rarely) two closely spaced pre-synaptic ribbon(s) (Liberman, 1980, 1982; Liberman et al., 1990, 2011). Thus, accurate counts of the number of ANFs contacting each IHC can be obtained by immunostaining for CtBP2, a major protein in the pre-synaptic ribbon (Schmitz, 2009), and GluA2, a major AMPA receptor subunit in the post-synaptic active zone (Matsubara et al., 1996).

The CtBP2 staining is typically robust enough (Figure 6) that ribbon counts can be mostly automated. The assessment of pairing between pre- and post-synaptic puncta is then facilitated by post-processing software that re-projects the 3D voxel space around each ribbon (e.g., insets to Figures 6A,B) and displays the ribbon set from each confocal stack as a thumbnail array, that can be ordered, for example, according to the overall intensity of the signal in the GluA2 channel (Liberman et al., 2011). Visual inspection of these thumbnails reveals any “orphan” ribbons, i.e., those unpaired with post-synaptic puncta: compare insets in Figures 6A,B.


[image: image]

FIGURE 6. Confocal projections show the loss and recovery of synaptic ribbons after noise exposure. (A,B) Maximum projections from the 22.6 Hz area of nine adjacent IHCs from a control ear (A) and an exposed ear at 1 day post noise (B). Only the CtBP2 and myosin 7a channels are shown, for clarity. Insets in each panel show nine selected ribbons from the respective z-stack, with only CtBP2 and GluA2 channels visible: arrowheads in (B) show tiny remnants of GluA2 signal in the 1-day post-exposure ear. (C–E) Reprojections of the z-stacks into the zy plane. Panels (C,D) are reprojections of (A,B), respectively; (E) is from an ear 6 weeks post noise. Panel (D) also shows the axis transformation used to superimpose data on ribbon position and size across multiple cases (see Figure 8). Scale bar in (B) also applies to (A); axis scales in (D) are in microns and also apply to (C,E).


In the normal guinea pig cochlea, the number of synapses, i.e., closely paired CtBP2/GluA2-positive puncta, varies between 10 and 20 per IHC, depending on cochlear location, peaking at the region tuned to 11.3 kHz (Figures 2E,F). When examined 1 day after noise exposure, there is dramatic loss of synapses in the basal half of the cochlea. Normalizing to the control counts shows that the synapse loss peaks, on average, in the region between the 22.6 and 32-kHz loci (Figure 7A). Examination of the individual-case traces shows that the loss is sometimes restricted to regions close to the 22.6-kHz place, whereas in other cases the loss extends as far apical as the 4-kHz place, i.e., to the low-frequency edge of the exposure band (Figure 7B). The acute loss of ribbons is less than the loss of synapses, because 1 day post exposure there are numerous orphan ribbons (Figures 7C,D), a phenomenon that is extremely uncommon in juvenile or mature control ears. For example, in the case illustrated in Figures 6B,D, none of the surviving ribbons was paired with robust GluA2 immunoreactivity, and the set of ribbons selected for the inset comprises those with the strongest GluA2 signal.
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FIGURE 7. Post-exposure synapse loss and recovery are similar in juvenile and mature ears, although the acute loss is smaller in the mature cases. Panels (A,B) show loss of synapses, i.e., closely apposed CtBP2/GluA2 puncta, expressed re mean values from the appropriate unexposed control group. Panels (C,D) show orphan ribbon counts per IHC, i.e., CtBP2 puncta unpaired with a post-synaptic GluA2 patch. Data are shown for individual animals (B,D) and as group means ± SEMs (A,C). Data from juvenile animals are from a prior study (Hickman et al., 2020). Group sizes were: mature control, n = 7 ears of 4 animals; juvenile control, n = 13 ears of 7 animals; mature 1 day, n = 8 ears of 5 animals; juvenile 1 day, n = 6 ears of 3 animals; mature 6 week, n = 4 ears of 2 animals; and juvenile 8 weeks, n = 6 ears of 3 animals. The inset to (B) shows the synaptic loss for each z-stack sampled in each mature ear at its region of peak loss. ****p < 0.0001 and **p = 0.003 by Dunnett’s T3 multiple comparisons test, comparing peak synaptopathy per animal.


In other animals allowed to survive for 6 weeks post exposure, there is a dramatic recovery in the synapse counts, e.g., from a mean loss at 32 kHz of 73% on day 1 to a mean loss of only 13% at 6 weeks. The pattern and, to a lesser extent, degree of the synaptic loss and recovery in the present study of mature guinea pigs is similar to that seen in our prior study of juveniles (Hickman et al., 2020), as can be seen in Figure 7.

Whereas, in the juveniles, the acute synaptic loss was similar (80–90%) across basal-turn sampling regions from 11.3 to 32 kHz, the loss in mature ears was patchy: each ear showed peak loss near 90%, but the peaks were at different basal-turn locations. The peak values from each case are plotted, by group, in the inset to Figure 7B: the differences between control and acute (1 day) and between acute and chronic (6 weeks) are each highly significant (p < 0.0001 and p = 0.0028, respectively, by Dunnett’s T3 multiple comparisons test), whereas the differences between control and chronic are not (p = 0.14), indicating virtually full recovery of synaptic counts.



Noise-Induced Changes in Synaptic Morphology and Spatial Organization

Single-fiber labeling experiments showed, decades ago, that ANF synapses are morphologically polarized around the IHC circumference such that most fibers with low thresholds and high spontaneous rates (SRs) are found on the side of the IHC closer to the pillar cells, whereas most of those with low SR and high thresholds are found opposite, on the modiolar side (Liberman, 1982; Tsuji and Liberman, 1997). This morphological polarization is easily seen in yz projections of confocal z-stacks (e.g., Figures 6C,E), because the pre-synaptic ribbons associated with low-SR (modiolar) synapses are larger than high-SR pillar-side synapses (Merchan-Perez and Liberman, 1996). The ribbon-size gradient is also obvious in the quantitative analyses in Figure 8, where we have pooled ribbon-size data from a large number of cases by defining a coordinate system aligned to the IHC row in each z-stack (Figure 6D). The synaptic puncta in the control ears are almost exclusively restricted to the basalmost 1/4 of the flask-shaped IHCs, and there is a clear gradient at all CF regions wherein larger ribbons are found on the modiolar side and smaller ribbons toward the pillar side of the IHCs.
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FIGURE 8. The normal ribbon-size gradient in IHCs is severely disrupted 1 day post noise, but has largely recovered 6 weeks later. Panels are organized into columns by cochlear frequency, and into rows by post-exposure time, as indicated. The locations of synaptic ribbons are shown along hair-cell-relative axes (see Figure 6D and dashed outline of 16 kHz controls for orientation): ribbon size is indicated by color and symbol size, as indicated in the key: size is normalized to the median value in each confocal z-stack. Each panel includes data from 2 image stacks (averaging 9.7 IHCs per stack – see Figures 6A,B) at each cochlear location from each ear. Data from 4 ears from 4 animals in control and 1-day group, and 4 ears from 2 animals in the 6-weeks-post-exposure group.


The pooled data in Figure 8 also show the noise-induced disruption of the spatial organization of the ribbons and of the ribbon-size gradient at 1 day post exposure, especially at 22.6 kHz, the peak damage region, and the re-establishment of normal ribbon locations and a more normal gradient 6 weeks later. One day post exposure, many pre-synaptic puncta appear farther from the basolateral tip of the IHCs than in normal ears. As suggested by the confocal images in Figure 6, and as shown more rigorously in Figure 9, many of those migrated ribbons are orphans, i.e., no longer paired with post-synaptic GluA2 patches. This migration reverses, and the post-synaptic puncta reappear as the ear recovers. These patterns are similar to those seen in juvenile guinea pigs (Hickman et al., 2020).
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FIGURE 9. At 1 day post-exposure, many of the ribbons abnormally distant from the IHC habenular pole are unpaired with post-synaptic GluA2 patches, especially on the modiolar side of the IHC. Insets in each panel show the mean percentage of synapses (±SEMs) on the pillar vs. modiolar sides of the IHCs across all cases from the relevant group. Data are from 4 ears from 4 animals in control and 1-day groups, and 4 ears from 2 animals in the 6-weeks group. Two ears in the 1 day post exposure group that showed little synaptopathy at 22 kHz were identified as outliers (ROUT method Q = 1%), and were not included in this figure, but were included in all other figures displaying 1-day data.


The synaptic disruption is more intense on the modiolar side of the IHC (Figure 9), as expected if the noise-induced damage is biased toward ANFs with low SRs (Furman et al., 2013). Although the percentage of ribbons on modiolar vs. pillar sides is unaffected by exposure at either 1 day or 6 weeks post (Figure 10A), the percentage of modiolar synapses is reduced at 1 day post exposure, as seen in the histogram insets to each panel in Figure 9. These differences in modiolar-pillar synapse distributions between both control and 6 weeks post exposure vs. 1 day post exposure are each statistically significant (p ≤ 0.046 by Dunnett’s T3 multiple comparisons test), whereas those between control and 6 weeks post are not (p = 0.83). The changes are consistent with the idea that the synaptopathy is focused primarily on post-synaptic elements, and particularly on the terminals of low-SR ANFs.
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FIGURE 10. The modiolar-pillar ratio of ribbon counts is unaffected by noise exposure (A), but the ribbon gradient is reduced 6 weeks after noise exposure (B). Data are means (±SEMs) as extracted from the following group sizes: control n = 7 ears of 4 animals, 1 day n = 8 ears of 5 animals, 6 weeks n = 4 ears of 2 animals.


The decreasing percentage of modiolar ribbons with increasing cochlear frequency in all groups (Figure 10A) reflects the “clockwise” migration of the synaptic-contact cloud around the IHC basolateral pole, visible in the frequency-based progression of ensemble zy projections in Figure 8. Alterations in ribbon sizes (Figure 10B) suggest there are synaptic pathologies at locations apical to the regions with obvious ribbon loss. At 6 weeks post exposure, mean size is reduced by 15% on the modiolar side for frequencies ≤5.6 kHz (group p = 0.21). The size increase at high frequencies on the pillar side further weakens the normal modiolar-pillar size gradient in the frankly synaptopathic region (>8 kHz) and shows that morphological recovery of synapses is incomplete at 6 weeks. At 1 day post exposure, ribbons show a frequency-dependent size reduction (apex) and elevation (base) on both sides of the IHCs (Figure 10B, frequency × group p ≤ 0.0047).




DISCUSSION


Synaptic Loss and Recovery in Different Mammalian Models

The phenomenon of cochlear synaptopathy, i.e., the degeneration of ANF synaptic contacts on surviving IHCs, has now been documented in numerous mammalian species, including mouse (Kujawa and Liberman, 2009; Liberman L. D. et al., 2015), rat (Bauer et al., 2007), guinea pig (Lin et al., 2011; Shi et al., 2013; Hickman et al., 2020), chinchilla (Hickox et al., 2017), gerbil (Gleich et al., 2016), rhesus monkey (Valero et al., 2017), and human (Viana et al., 2015; Wu et al., 2020). This primary neural degeneration has been observed in response to continuous noise exposures (Kujawa and Liberman, 2009), impulse noise exposures in chinchillas (Hickman et al., 2018), certain ototoxic drugs in humans and mice (Hinojosa and Lerner, 1987; Ruan et al., 2014) and simple aging of the ear in mice, gerbils, and humans (Sergeyenko et al., 2013; Gleich et al., 2016; Wu et al., 2020). In humans, it may be exacerbated by conditions such as Ménière’s disease (Nadol, 1988), and in mouse it can be brought on by chronic conductive hearing loss (Liberman M. C. et al., 2015). Noise-induced synaptic loss can be dramatic, e.g., as much as 50% in mouse (Kujawa and Liberman, 2009), even in cases where there has been no loss of hair cells, and no permanent threshold elevations. In rhesus macaques it can be even greater, with peak synapse losses averaging 75% in cases where the noise damage is severe enough to cause massive OHC loss and thus a significant permanent threshold shift (Valero et al., 2017). In the normal-aging human, the loss of ANF peripheral axons, which can occur subsequent to loss of the synaptic terminals in the organ of Corti, can also be dramatic, e.g., as great as 70% in aged individuals despite survival of virtually all the IHCs (Wu et al., 2019).

The data from older humans, gerbils and mice show that, at least in the “normal-aging” ear, synaptopathy is, to some extent, irreversible (Sergeyenko et al., 2013; Gleich et al., 2016; Wu et al., 2019), although there may be an ongoing balance between synaptic degeneration and regeneration. Likewise, in the noise-exposed rhesus ear, massive IHC synaptic loss has been observed as long as 8 months post exposure (Valero et al., 2017), thus whatever balance exists between ongoing degeneration and regeneration, it must bias toward degeneration.

Guinea pig studies from the Wang laboratory were the first to suggest, based on ribbon counts, that there might be significant post-exposure regeneration of noise-damaged synapses, by 1 month post exposure (Shi et al., 2013). In prior mouse work, we studied the development and possible recovery from noise-induced synaptopathy over an extended time course. We used CBA/CaJ mice, since this inbred strain shows minimal age-related threshold shift until late in life (Zheng et al., 1999; Sergeyenko et al., 2013). We varied age-at-exposure, since mice show larger noise-induced threshold shifts (and hair cell damage) when exposed as juveniles vs. adults (Henry, 1983; Kujawa and Liberman, 2006), and in vitro studies show a reduction of cochlear neural regeneration with increasing age after drug-induced synaptic destruction (Green et al., 2012). Specifically, we studied (1) animals exposed at 6–8 wks and then followed from 0 h to 16 months post exposure (Jensen et al., 2015; Liberman L. D. et al., 2015) and (2) animals exposed at 16 weeks and followed for up to 2 years post exposure (Kujawa and Liberman, 2009; Fernandez et al., 2015). Neither group showed appreciable recovery of the noise-induced synaptic loss (Figure 11A). The synaptopathy was fully manifest immediately after the termination of the 2-h noise exposure (Liberman L. D. et al., 2015). There was no recovery of synaptic counts at longer post-exposure times, and, at the longest post-exposure survival times, the fractional loss of spiral ganglion cells, the cell bodies of the ANFs, closely approaches the fractional loss of synapses observed immediately post exposure (Kujawa and Liberman, 2009). The simplest interpretation of this close correspondence is that there is no ongoing regenerative process in this mouse model.
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FIGURE 11. Noise-induced synaptic loss is effectively irreversible in CBA/CaJ mouse (A), whereas there is significant post-exposure recovery in both juvenile and mature guinea pigs (B). Data in (A) are replotted from prior publications in which mice were exposed for 2 h at either 8 weeks (juvenile) or 16 weeks (mature) to the octave-band noise at either 98 or 100 dB, respectively (Kujawa and Liberman, 2009; Fernandez et al., 2015; Liberman L. D. et al., 2015). Data from juvenile guinea pigs are from a prior report (Hickman et al., 2020). Data from mature guinea pigs are from the present report.


In contrast, other mouse studies (Shi et al., 2015; Kaur et al., 2019) have reported significant post-exposure synaptic recovery in C57BL/6, an inbred strain often used because of the availability targeted genetic manipulations or because wildtype animals show an early-onset, age-related hearing loss (Henry and Chole, 1980). However, the ears in these C57BL/6 synaptopathy studies were exposed as juveniles (5–6 weeks), as were the guinea pigs in the first report of synaptic regeneration (Shi et al., 2013) and in our prior study (Figure 11B; Hickman et al., 2020). Intriguingly, a third study of noise-induced synaptopathy in C57BL/6 mice reports almost complete recovery of synaptic counts after a noise exposure at 6 weeks of age, but virtually no recovery in mice exposed once at 6 weeks and then again at 10 weeks (Luo et al., 2020). Although the authors attribute the difference to the effects of repeated exposure, the confound of age-at-exposure was unresolved.

Uncovering the reason(s) for the differences in post-exposure synaptic recovery is important to our understanding of the mechanisms underlying the generation and progression of cochlear synaptopathy, and to the possible development of therapeutic approaches to prevent or reverse it in humans (e.g., Suzuki et al., 2016). Thus, a major aim of the present study was to compare synaptic regeneration in juvenile vs. mature animals. The present results suggest that differences in regenerative capacity are not directly attributable to a difference in age-at-exposure.



Degeneration and Regeneration vs. Down- and Up-Regulation of Synaptic Proteins

Although examining the role of age does not exhaust the list of possible reasons for the discrepant outcomes re post-exposure synaptic recovery, it strengthens the suggestion that there are important interspecies or interstrain differences in the inherent regenerative capacity of cochlear neurons, even in adult ears. However, there is a fundamental confound in the interpretation of confocal images that also needs to be considered. Disappearance and reappearance of immunostaining, e.g., for pre- and post-synaptic puncta, is not unambiguous evidence for degeneration and regeneration of synapses or synaptic terminals. As illustrated in the high-power insets to Figure 6, careful examination of noise-exposed tissue commonly reveals extremely faint synaptic puncta that would be missed at lower power or with immunostaining protocols that produce lower signal-to-noise ratios. These images suggest downregulation of GluA2 protein expression at many synapses, rather than a frank loss of post-synaptic terminals. Such an inference is consistent with prior reports, using totally different methodology, suggesting that glutamate receptors at the ANF/IHC synapse are transiently internalized during an acoustic overexposure (Chen et al., 2007). The further observation that orphan ribbons are rare both in controls and by 4–6 weeks post exposure (Figure 7C; Hickman et al., 2020) suggests that many orphan ribbons at 1 day post exposure could reflect intact synaptic contacts that express extremely low numbers of glutamate receptors. The same caveat applies to the ribbon counts. CtBP2 expression is reduced post exposure such that mean ribbon volume falls even outside the main synaptopathic zone (Figure 10B). Thus, within the damage focus, CtBP2 expression in smaller ribbons could fall below the threshold for detection, depending entirely on the robustness of the immunostaining protocols.

Thus, the reduction and subsequent recovery of synaptic counts from ≤1 day to several weeks following exposure, per se, is not evidence for degeneration/regeneration of synaptic terminals and true synaptogenesis. There is a fundamental distinction between a scenario where terminals die back, resprout and reform synapses with the IHCs vs. an alternate scenario in which there is simply down- and subsequent up-regulation of synaptic proteins. This distinction is critical in the context of designing therapies for cochlear synaptopathy. To address this inherent limitation of confocal imaging, we supplemented our ribbon counts with (1) analysis of the pairing between pre- and post-synaptic puncta, and (2) a mapping procedure to reveal the spatial distribution of these orphaned and paired puncta around the IHC soma. These analyses clearly showed the synaptic machinery to be dynamic, even in the fully developed ear. In both juvenile and mature ears, ribbons and synaptic complexes must either migrate to, or regenerate at, locations quite distant from their normal mature positions lining the basolateral pole of the IHC (Figure 8).

To gain further insight into the nature of the recovery process occurring after synaptopathic noise, in our prior study of juvenile guinea pigs, we added a fourth immunomarker, i.e., for neurofilament, to assess the loss and/or recovery of ANF terminals in close apposition to the pre- and post-synaptic puncta at various positions around the IHC basolateral surface. As illustrated by the confocal projections in Figure 12, many of the “displaced” synaptic puncta at positions close to the IHC cuticular plate are close to NF-positive terminals that extend much higher up the IHC membrane than in the normal ear. Furthermore, these putative ANF extensions contain significantly more neurofilament immunoreactivity, a possible marker of outgrowing neurites. Such thickened and elongated ANF terminals do not appear spontaneously in the noise-exposed CBA/CaJ mouse (Figure 12E), which also shows minimal recovery of synaptic counts post exposure, but are present in great numbers in mice pre-treated with a virus that elicits overexpression of the neurotrophin NT3 in IHCs (Figure 12F) and enhances synaptic recovery post exposure (Hashimoto et al., 2019).
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FIGURE 12. The neurite extension seen spontaneously in the noise-exposed guinea pig (B) has a similar morphology to the neurite extension seen in mouse ears treated with virally mediated NT3 overexpression, both exposed (F) and unexposed (not shown). Panels (A–C) are from the 22.6 kHz region and are taken from a prior study of noise-induced synaptopathy in juvenile guinea pigs (Hickman et al., 2020). Panels (D–F) are from the 32 kHz region and are taken from a prior study of noise-induced synaptopathy in CBA/CaJ mice pre-treated with AAV virus particles carrying an NT3 gene sequence (Hashimoto et al., 2019). Panels (A,D) are from unexposed controls; panels (B,C,E,F) are from exposed animals at the survival times indicated. All images are zy projections of confocal z-stacks, all very similar in xy field of view to the projections shown in Figures 6A,B.


Neurotrophins such as NT3 and BDNF are key to neuronal survival in the adult inner ear (Stankovic et al., 2004). NT3, which is especially critical for ANFs, is expressed by neonatal IHCs and their surrounding supporting cells, and its expression levels fall steadily from apex to base and with increasing age (Sugawara et al., 2007). Endogenous neurotrophin expression in adulthood or post injury could be a key determinant of the degree of synaptic recovery after noise, and there could be important differences between guinea pig and mouse, and/or between CBA/CaJ and C57BL/6 mice. If the slow age-related NT3 decline seen in CBA/CaJ is recapitulated in humans, it could be a major driver of the slow age-related decline in ANF survival observed in the absence of significant IHC loss (Wu et al., 2019).



Selective Low-SR Fiber Loss and the Modiolar/Pillar Gradients in Synaptic Morphology

In a prior study of juvenile guinea pigs studied 3–6 weeks after an identical acoustic overexposure to that used here, ANF responses of surviving ANFs were normal in threshold, tuning, and a variety of suprathreshold response measures (Furman et al., 2013). Sampling statistics suggested a selective loss of fibers with low SRs and high thresholds. Since these low-SR fibers are particularly important in extending the dynamic range of the auditory periphery and in maintaining AN response to signals in the presence of masking noise (Costalupes et al., 1984), the idea that acoustic trauma selectively eliminates the low-SR fibers would help explain why many with noise-induced hearing loss have particular problems understanding speech in difficult listening environments (Gordon-Salant and Cole, 2016).

In prior studies, the morphological analyses of synaptopathy failed to find damage patterns consistent with the selective loss of low-SR fibers (Furman et al., 2013; Hickman et al., 2020). Single-fiber labeling studies have shown that low-SR fibers preferentially contact the modiolar side of the IHCs, where they form synapses with larger pre-synaptic ribbons than those opposite the high-SR fibers on the pillar side of the IHC (Merchan-Perez and Liberman, 1996; Tsuji and Liberman, 1997). Thus, the distinction between modiolar- and pillar-side synapses as well as the normal ribbon-size gradient in confocal zy projections (e.g., Figures 6C,E) are robust morphological markers of this important functional distinction among ANFs. Prior studies reported reduced synaptic counts, but restricted their spatial analyses of modiolar-pillar distinctions to consideration of ribbon counts and sizes. With respect to these pre-synaptic elements, prior studies agree that ribbons become larger in the synaptopathic region, as shown here in Figure 10 for both modiolar -and pillar-side ribbons, however, there was no compelling evidence that the noise-induced loss was greater on the modiolar side. The spatial analysis of synaptic puncta before and after exposure presented here, and the preferential reduction in the numbers of modiolar-side synapses it revealed (Figure 9) represents the most definitive morphological corroboration to date of the idea that noise exposure chiefly targets ANFs with low-SRs and high thresholds. One key insight appears to be that the post-synaptic disruption is more extensive than the pre-synaptic disruption. The second is the revelation that synapses are migrating and reforming in first few weeks post exposure. This can explain why the initial single-fiber study failed to find clear-cut morphological evidence for a polarization of damage around the IHC circumference, given that all the histopathology was performed at least 3 weeks post exposure.

Other morphological characteristics of the low-SR fibers include their smaller caliber and lower mitochondrial content (Liberman, 1980); the latter may contribute to their vulnerability to noise, given that the noise-induced synaptopathy is thought to arise from glutamate excitotoxicity and the excess Ca2+ entry it allows (Hu et al., 2020), and mitochondria are a key source of intracellular Ca2+ buffering (Szydlowska and Tymianski, 2010). The lack of complete morphological recovery of the architecture of surviving synapses, as seen in the confocal data extracted from thousands of synaptic puncta (Figure 10B), suggests that more careful physiological analysis of larger numbers of ANF might reveal subtler pathophysiologies in the neurons surviving after these severe, but ultimately reversible noise-induced threshold shifts.
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Clinical management of auditory synaptopathies like other genetic hearing disorders is currently limited to the use of hearing aids or cochlear implants. However, future gene therapy promises restoration of hearing in selected forms of monogenic hearing impairment, in which cochlear morphology is preserved over a time window that enables intervention. This includes non-syndromic autosomal recessive hearing impairment DFNB93, caused by defects in the CABP2 gene. Calcium-binding protein 2 (CaBP2) is a potent modulator of inner hair cell (IHC) voltage-gated calcium channels CaV1.3. Based on disease modeling in Cabp2–/– mice, DFNB93 hearing impairment has been ascribed to enhanced steady-state inactivation of IHC CaV1.3 channels, effectively limiting their availability to trigger synaptic transmission. This, however, does not seem to interfere with cochlear development and does not cause early degeneration of hair cells or their synapses. Here, we studied the potential of a gene therapeutic approach for the treatment of DFNB93. We used AAV2/1 and AAV-PHP.eB viral vectors to deliver the Cabp2 coding sequence into IHCs of early postnatal Cabp2–/– mice and assessed the level of restoration of hair cell function and hearing. Combining in vitro and in vivo approaches, we observed high transduction efficiency, and restoration of IHC CaV1.3 function resulting in improved hearing of Cabp2–/– mice. These preclinical results prove the feasibility of DFNB93 gene therapy.

Keywords: hair cell, calcium channel, gene therapeutics, adeno-associated virus, hearing, restoration, DFNB93


INTRODUCTION

According to the World Health Organization, ∼466 M people worldwide are affected by disabling hearing loss, which can have a big functional, emotional and socio-economic impact on their life, and society. Besides factors like aging or noise, a large proportion of hearing impairment is caused by genetic factors, and has mostly monogenic origins (reviewed in Korver et al., 2017; Wrobel et al., 2021). At present, the treatment of sensorineural hearing loss is limited to the use of conventional hearing aids or, in cases of severe and profound deafness, cochlear implants. Despite their phenomenal success, cochlear implants have their drawbacks. The spread of electric current limits their frequency resolution, which together with a low dynamic range hampers music perception and speech intelligibility in noisy environment. Furthermore, cochlear implants can typically not prevent or stop degeneration of spiral ganglion neurons (SGNs) that is often observed in malfunctioning ears. Thus, novel methods for improved hearing restoration are currently being developed, including gene replacement, and editing or silencing as well as optogenetics (reviewed in Kleinlogel et al., 2020). In the recent years, the potential of a therapeutic approach using AAV-mediated gene transfer has been tested in a few animal deafness models (e.g., Akil et al., 2012, 2019; Jung et al., 2015; Pan et al., 2017; Al-Moyed et al., 2019; Nist-Lund et al., 2019; Rankovic et al., 2021; Taiber et al., 2021).

So far, to our knowledge, no gene-therapy study has targeted the Cabp2 gene, which encodes calcium binding protein 2, a potent modulator of voltage-gated CaV1.3 channels in inner hair cells (IHCs). Pathologic mutations in CABP2 have been identified in Iranian, Turkish, Italian, Czech, and Pakistani families (Tabatabaiefar et al., 2011; Schrauwen et al., 2012; Bademci et al., 2016; Marková et al., 2016; Picher et al., 2017; Koohiyan et al., 2019; Park et al., 2020; Safka Brozkova et al., 2020) that lead to autosomal recessive moderate to severe non-syndromic hearing impairment DFNB93. Audiological assessment in those patients revealed an auditory synaptopathy phenotype with often intact otoacoustic emissions signifying outer hair cell (OHC) function being present at least in some patients (Picher et al., 2017). The underlying disease mechanism was recently studied in a knock-out mouse model that suggested enhanced steady-state inactivation of CaV1.3 channels at the IHC ribbon synapse (Picher et al., 2017). Consequently, fewer CaV1.3 channels are available to trigger exocytosis and support IHC neurotransmission, which results in lower temporal precision of sound encoding, and elevated hearing thresholds (Picher et al., 2017; Yang et al., 2018). In contrast to several other deafness mouse models, hair cells of these mice appear to have normal mechanotransduction and synaptic development and show no signs of early secondary degeneration (Picher et al., 2017; the current study; but see Yang et al., 2018), thus suggesting an extended window for gene therapy interventions.

In this study, we tested the potency of two AAV vectors [AAV2/1 and AAV-PHP.eB, abbreviated to PHP.eB in the following, (Chan et al., 2017)] to rescue hearing in Cabp2–/– mice. AAV containing the coding sequence of wild-type Cabp2 was injected through a round window into the cochlea of early postnatal mice. Gene transfer by either AAV capsid improved hearing in a majority of 5–8-week-old Cabp2–/– animals. Furthermore, AAV-mediated expression of Cabp2 restored the typical “non-inactivating” IHC CaV1.3 current properties. This likely underlies partial rescue of hearing and further supports the hypothesis of increased calcium channel inactivation as the key disease mechanism of DFNB93. Collectively, our data suggests that AAV-mediated gene therapy might be a well-suited option to treat DFNB93-related hearing impairment. Normal hair cell development and retained overall hair cell morphology in DFNB93 underline the potential of this approach, and make it particularly interesting for translational approaches in humans.



RESULTS

Hearing restoration using gene therapy offers great hope for causative therapy of genetic forms of severe hearing impairment. Here, we asked whether AAV-mediated gene therapy could be applicable in a knock-out mouse model of non-syndromic hearing impairment DFNB93 (Picher et al., 2017), characterized by moderate to severe hearing loss in patients (Tabatabaiefar et al., 2011; Schrauwen et al., 2012; Bademci et al., 2016; Marková et al., 2016; Picher et al., 2017; Koohiyan et al., 2019; Park et al., 2020; Safka Brozkova et al., 2020). Plasmids encoding for bicistronic expression of Cabp2 and eGFP via the P2A peptide driven by the hCMV/hBA promoter and followed by the WPRE and bGH posttranscriptional elements were packaged into AAV2/1, and PHP.eB capsids (Figure 1A and Supplementary Figure 1). Mice received unilateral round window injections at the age of 5–7 days after birth and were tested for hearing, hair cell physiology or cochlear morphology 4–7 weeks afterward (Figure 1B).
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FIGURE 1. Experimental design and hearing improvement in calcium-binding protein 2 (Cabp2)–/– animals injected with AAV2/1-Cabp2. (A) Schematic representation of the plasmid construct: An hCMV enhanced hBA promotor with the WPRE enhancer drives the expression of Cabp2 and eGFP, which are separated by a self-cleaving P2A peptide. The construct was inserted in two viral vectors, AAV2/1 and synthetic AAV-PHP.eB. (B) Mice of either sex received virus injections at postnatal day P5-7 and were tested for hearing at 5–8 weeks of age. Afterward, cochleae were harvested for patch-clamp experiments or processed for immunohistochemistry. (C) Representative image of an apical coil of the organ of Corti from an animal injected with AAV2/1-Cabp2-eGFP as observed under a fluorescent microscope. Several images were taken and stitched together to reconstruct the whole apical turn. A row of fluorescent IHCs can be observed, indicating high transduction efficiency of the virus. Please note that the fluorescence line of the IHCs is broken three times due to the nylon grid holding the explant in place. (D) Representative images of the midcochlear region of two AAV2/1-Cabp2-eGFP injected cochleae immunolabeled for eGFP and a hair cell marker parvalbumin alpha. A row of transduced IHCs is clearly visible due to strong staining with both antibodies. (E) Average ABR thresholds for tone bursts and clicks. Contralateral non-injected ears of each animal served as controls. Out of all 24 injected animals (solid lines; asterisk: two-way RM ANOVA with Šidak’s multicomparisons test; p = 0.002, 0.01 and 0.03 for the 6, 12 and 24-kHz tone burst, respectively), 16 showed improved thresholds (dotted lines; two-way RM ANOVA with Šidak’s multicomparisons test; p < 0.0001 for all tone bursts). (F) Example ABR response to an 80-dB click stimulus (presented at 20 Hz repetition rate) from an injected (green) and the contralateral ear (blue) of the same animal. The ABR waves are marked with roman numbers. (G) ABR wave I amplitude in response to 20-Hz clicks of different intensities. (H) Summated amplitude of the first four ABR waves in response to 20-Hz clicks of different intensities. Note increased ABR amplitudes in injected Cabp2–/– ears as compared to contralateral non-injected controls (p < 0.001 and < 0.0001 in panel G and H, respectively; asterisks; two-way RM ANOVAs with Šidak’s multicomparisons tests). Asterisks denote p-values of less than 0.05.


We first tested the potency of the AAV2/1 vector carrying the Cabp2 coding sequence (titer: 2.0 × 1013 genome copies/ml) for restoration of hearing in Cabp2–/– mice. Examination of native eGFP fluorescence in acute cochlear preparations or eGFP immunofluorescence in fixed organs of Corti revealed high transduction efficiency of the AAV2/1 vector (Figures 1C,D and Supplementary Figure 2A) with the large majority of IHCs being eGFP positive. Qualitative inspection of the injected cochleae showed no malformations nor hair cell degeneration, suggesting no gross adverse effects of the viral gene delivery. To evaluate the extent of hearing restoration, we examined auditory brainstem responses (ABRs) to tone bursts and clicks in 5–8-week-old mice (Figure 1E). Hearing thresholds of the injected and non-injected contralateral ears were compared using two-way repeated measures (RM) ANOVA and Šidák’s multiple comparisons test. Over all, the injected ears showed lower thresholds for tone burst frequencies (p = 0.002-0.03; N = 24 animals). In 67% of the AAV2/1-Cabp2-injected animals (16 out of 24 animals), the improvement reached 20 dB SPL or more at least for one of the tested frequencies (p < 0.0001 for each tone burst frequency; N = 16). Moreover, injected ears showed increased amplitudes of click-evoked ABRs (Figures 1F–H and Supplementary Figure 2; RM ANOVA and Šidák’s multiple comparisons test; p < 0.001 for summated as well as individual ABR wave I-IV amplitudes; wave I amplitudes of 1.3 ± 0.2 vs. 0.8 ± 0.1 μV in injected vs. contralateral non-injected Cabp2–/– ears at 80 dB SPL). Improvement of hearing at least at lower frequencies was also observed when compared to control, non-injected Cabp2–/– animals, where any potential spread of virus from contralateral injected ears could be excluded (Supplementary Figure 2B; two-way ANOVA, and Šidák’s multiple comparisons test; p < 0.03 and 0.001 for 6 and 12 kHz, respectively). Overexpression of Cabp2 in Cabp2+/– mice did not alter hearing thresholds, suggesting no adverse effects of viral transduction (Figure 1E).

To evaluate the impact of the chosen AAV capsids, we then performed the same experiments using the PHP.eB vector (titer: 8.2 × 1012 genome copies/ml) that transduces hair cells with high efficiency (Rankovic et al., 2021). Cochleae of injected animals were harvested at 5–6 weeks of age. Preparations were immunostained and eGFP fluorescence levels were analyzed as a proxy of successful transduction (Figure 2). As with the AAV2/1, strong eGFP immunofluorescent signal was detected but not limited to the IHCs (Figure 2A). On average, 98% of IHCs in the injected ears were eGFP positive (Figures 2B,C). Injection of PHP.eB additionally led to transduction of the contralateral non-injected ears albeit with lower efficiency of IHC transduction, declining from the apex toward the cochlear base. ABR recordings revealed lower average hearing thresholds in injected Cabp2–/– mice when compared to Cabp2–/– mice that received no viral injections (Figure 3; two-way ANOVA). Partial hearing restoration was found in both, injected and contralateral non-injected ears (Figure 3A, N = 9, see Table 1A for statistical analysis). The latter is consistent with the observation of significant hair cell transduction of the contralateral ears when using the PHP.eB vector (Figure 2). Seven out of nine injected animals (78%) displayed ABR thresholds (at least for one tone burst frequency) that were at the border or lower than the mean – 2xSD of the thresholds in the non-injected knock-out control animals (Figure 3B and Table 1B). Furthermore, PHP.eB-mediated expression of Cabp2 increased the amplitudes of click-evoked ABRs (Supplementary Figure 3; Tukey’s multi-comparisons test, p < 0.0001; Table 2). This was particularly pronounced in Cabp2–/– injected mice (Figures 3C–E and Table 2) with improved thresholds (Figure 3B). Partial viral rescue of the wave I amplitude supports the hypothesis of improved auditory function at the level of IHCs/SGNs [2.2 (and 2.0) ± 0.3 vs. 1.2 ± 0.3 μV in injected (and non-injected contralateral) vs. control Cabp2–/– ears at 80 dB SPL; Figures 3C–E]. To assess cochlear amplification, we recorded distortion product otoacoustic emissions (DPOAEs). These showed comparable thresholds in injected Cabp2–/– and wild-type control animals, suggesting unaltered OHC function (Figure 3F). Finally, we tested the effects of Cabp2 overexpression in wild-type animals. Using the PHP.eB vector, we observed normal ABR amplitudes (Figures 3C–E, Table 2, and Supplementary Figure 3; 5.4 ± 0.7 and 5.5 ± 0.5 μV in injected, and control Cabp2+/+ animals at 80 dB SPL), but, for unknown reasons, elevated thresholds of tone burst-evoked ABRs compared to non-injected wild-type controls (Figure 3B). The latter finding contrasts our results with the AAV2/1-Cabp2 in heterozygous animals. Given the lack of antibodies suitable for Cabp2 immunohistochemistry (Picher et al., 2017), we could not directly compare the expression levels of Cabp2 in these animals. However, we suspect that high concentration of Cabp2, which likely occurs in the presence of two functional Cabp2 alleles and with high virus-mediated Cabp2 expression by the PHP.eB vector, may hamper IHC function, e.g., by excessive Ca2+-buffering. DPOAE recordings revealed no systematic effect of viral injection in the wild-type animals (Figure 3F). Five out of eight PHP.eB-injected wild-type animals displayed normal DPOAE thresholds (Supplementary Figure 3H). We note that DPOAEs were strongly impaired in three animals despite well preserved ABR click thresholds of 30–40 dB. We can thus not exclude a possibility of a low-mid-frequency OHC defect in a selection of wild-type injected animals. This may be due to mis-expression of (too high concentrations of) Cabp2 in the OHCs, where eGFP was also detected (Figure 2A), or potential complications of the viral injection itself.
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FIGURE 2. High transduction efficiency of PHP.eB-calcium-binding protein 2 (Cabp2) in Cabp2–/– mice. (A) Examples of PHPeB-Cabp2 injected and contralateral non-injected cochleae immunolabeled for eGFP and parvalbumin alpha [note that the apical portion of the injected side (represented by white dotted line) was used for patch-clamp experiments and is thus missing in the reconstruction]. When using a PHP.eB vector, eGFP expression was also observed in the non-injected contralateral ears albeit at reduced levels. EGFP immunosignal is very strong, but not limited to IHCs (also labeled by parvalbumin alpha). (B) Based on eGFP immunofluorescence signal, the transduction efficiency in the IHCs was close to 100% over the entire length of the injected cochleae. In the contralateral ears, the transduction rates were more variable and decreased progressively from the apex toward the base. (C) Overall transduction rates were 98 ± 1% (N = 10) for injected and 56 ± 6% (N = 11) for non-injected cochleae. All values are given as mean ± SEM.
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FIGURE 3. PHPeB-mediated calcium-binding protein 2 (Cabp2) gene transfer improves ABR thresholds and amplitude responses in Cabp2–/– animals. (A) Mean ABR thresholds of 5-week-old mice plotted as a function of stimulus frequency for WT (black), Cabp2–/– controls (blue), and Cabp2–/– mice injected with PHP.eB-Cabp2 (injected ears – green; non-injected contralateral ears – cyan). Partial improvement of hearing was observed in injected Cabp2–/– mice. See Table 1A for statistical analysis. (B) Seven out of nine injected Cabp2–/– animals showed hearing thresholds, which were significantly decreased as compared to non-injected Cabp2–/– animals (six animals) or on the border of significance (one animal). ABR click responses of these animals are displayed in panels (C–E) (see Supplementary Figure 3 for all animals). Overexpression of Cabp2 (or eGFP) in WT animals resulted in increased tone burst ABR thresholds (yellow asterisk). See Tables 1B,C for the statistical analysis. (C) Increased average ABR responses to an 80-dB click stimulus (presented at 20 Hz repetition rate) in Cabp2–/– animals injected with PHP.eB-Cabp2. (SP, summating potential; I-IV, ABR waves I-IV) (D,E) ABR wave I (D) and cumulative ABR wave I-IV amplitudes (E) of all groups. PHP.eB-Cabp2 significantly improved ABR wave amplitudes of Cabp2–/– mice and did not significantly attenuate amplitude responses in injected wild-type compared to wild-type animals (D - ABR wave I: p < 0.0001 for all asterisks except injected ears vs. Cabp2–/– controls (p = 0.001); Tukey’s multiple comparisons test; E – see Table 2 for p-values). (F) Outer hair cell function was assessed by DPOAEs. Injection of PHP.eB-Cabp2 did not significantly affect DPOAE thresholds in Cabp2–/– and a majority of wild-type animals as compared to wild-type controls. On the other hand, DPOAEs were strongly impaired in three out of eight injected wild-type animals. Asterisks denote p-, q-values of less than 0.05.



TABLE 1A. Statistical analysis of ABR thresholds in animals injected with the PHP.eB-calcium-binding protein 2 (Cabp2) with the respective controls, including all injected Cabp2–/– animals.
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TABLE 1B. Statistical analysis of ABR thresholds in PHP.eB-Cabp2-injected animals with the respective controls, including only injected Cabp2–/– animals with improved thresholds.
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TABLE 1C. Statistical analysis of ABR thresholds in wild-type animals injected with the PHP.eB-Cabp2 with the respective controls.
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TABLE 2. Tukey’s multicomparisons tests for ABR amplitude growth functions, referring to Figure 3E and Supplementary Figure 3.
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In the last set of experiments, we addressed the function of Cabp2 in modulating IHC CaV1.3 channels by suppressing calcium- and voltage-dependent channel inactivation (Cui et al., 2007; Schrauwen et al., 2012; Picher et al., 2017). We tested whether AAV-mediated delivery of Cabp2 restores CaV1.3 channel function in the IHCs of Cabp2–/– animals. For this, we dissected the organs of Corti of the PHP.eB-Cabp2-injected Cabp2–/– animals at 5–6 weeks of age and investigated IHC function using the perforated patch-clamp technique (Figure 4). In order to closely match physiological conditions, recordings were performed at 33.0 ± 0.1°C, at an extracellular calcium concentration of 1.3 mM and holding potential of −65 mV. Using short depolarizations to increasing membrane potentials, we first examined calcium current-voltage relationships in IHCs of different test groups (Figure 4B). In line with a previous study (Picher et al., 2017), calcium currents in Cabp2-deficient IHCs had maximal amplitudes comparable to age-matched controls (Figure 4B), but showed pronounced inactivation upon 500-ms long step depolarizations (Figures 4C–E; p = 0.0001 when testing residual currents using Wilcoxon rank test). In IHCs from injected ears of Cabp2–/– mice, the inactivation of calcium currents was significantly attenuated and residual currents restored to close to wild-type levels (I500 values in wild-type IHCs: 76 ± 2%, Cabp2–/– IHCs: 58 ± 2%, and PHP.eB-Cabp2-injected Cabp2–/– IHCs: 72 ± 1% of initial current; p < 10–5 and 0.04 for IHCs of PHP.eB-Cabp2-injected Cabp2–/– vs. Cabp2–/– mice or vs. wild-type mice, respectively; Figure 4E). Finally, we probed exocytosis of Cabp2–/– IHCs following viral rescue using membrane capacitance recordings. 10- and 100-ms long depolarization steps to maximal calcium current potentials were applied to inspect fast and slow components of exocytosis (example trace in Figure 4F). We found comparable IHC exocytosis in all tested groups (Figure 4G). This implies that the rescue of Cabp2 expression via viral delivery did not interfere with the synaptic physiology of IHCs. However, IHCs of injected wild-type animals showed slightly reduced calcium current amplitudes (Supplementary Figures 4A–C) and consequently a tendency toward decreased calcium charge transfer (Figure 4G). This could be explained by potential harmful effects of Cabp2 overexpression that may reduce the viability of the system. Furthermore, slight adverse effects of viral injections, or of the presence and overexpression of eGFP cannot be excluded. In this respect, it has to be noted that upon inspection of immunohistochemical preparations no hair cell loss was apparent (Supplementary Figure 4D), suggesting that partially elevated ABR thresholds in wild-type injected animals are not due to extensive hair cell death.
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FIGURE 4. PHP.eB-calcium-binding protein 2 (Cabp2)-mediated restoration of IHC CaV1.3 channel inactivation kinetics. (A) Representative brightfield and corresponding fluorescence image showing eGFP-expressing IHCs of a 5-week old Cabp2–/– animal injected with PHP.eB-Cabp2. Scale bar = 10 μm. (B) Current-voltage relationships show slightly decreased calcium current amplitudes in IHCs of injected Cabp2–/– animals. Recordings were performed at 33 ± 0.1°C with 1.3 mM Ca2+ in the bath solution. Cells were held at a slightly depolarized voltage of −65 mV. (C) Average absolute and (D) normalized calcium current responses elicited by 500-ms depolarization steps to the peak calcium current potential. Cabp2-deficient IHCs show significantly enhanced calcium current inactivation that recovers almost completely upon virally induced expression of Cabp2. (E) Residual calcium currents after 500 ms of ongoing depolarization (Student’s t-test or Wilcoxon rank test; p < 0.05; asterisks; see also main text). (F) Representative calcium current traces (top) and respective capacitance increments (ΔCm; bottom) of non-injected Cabp2+/+, Cabp2–/– IHCs and IHCs from PHP.eB-Cabp2-injected Cabp2–/– animals upon 100-ms depolarizations to peak calcium current potential. Note that maximal calcium current amplitudes in IHCs from injected Cabp2–/– animals were 10–15% reduced as compared to non-injected controls. (G) Capacitance changes and calcium charge transfer for 10- and 100-ms depolarization steps. No significant differences (N.S.) between the groups were observed. IHCs of PHP.eB-Cabp2 injected wild-type animals showed a trend toward lower calcium charge transfer and exocytosis. Asterisks denote p-values of less than 0.05.




DISCUSSION

In this study, we investigated the potential of an AAV-mediated gene therapeutic approach for DFNB93 hearing impairment. We demonstrate efficient gene delivery with partial rescue of hearing in the Cabp2–/– mouse model of DFNB93 using two viral capsids, AAV2/1, and synthetic PHP.eB. Both capsids very efficiently transduced IHCs and showed partial improvement of hearing thresholds as well as increased ABR amplitudes in high proportions (ca. 70%) of injected animals. Upon injection of PHP.eB significant transduction along with partial rescue of hearing was also detected in contralateral, non-injected ears. AAV-mediated expression of Cabp2 in the IHCs of Cabp2–/– animals efficiently inhibited IHC CaV1.3 channel inactivation. Hearing impairment in DFNB93 was suggested to be caused by steady-state inactivation of these channels resulting in hampered synaptic transmission at the first auditory synapse (Schrauwen et al., 2012; Picher et al., 2017). Our data suggests that inhibition of calcium channel inactivation underlies hearing improvement in the injected Cabp2–/– animals, thereby corroborating the proposed DFNB93 disease mechanism, and provides preclinical proof of concept for future gene therapy of DFNB93.

Both AAV variants partially restored hearing thresholds as well as click-evoked ABR amplitudes in Cabp2–/– animals. Here, improvement of the ABR wave I amplitudes, which reflect synchronized activity of the SGNs, is of particular importance (see Figures 1F-G, Figures 3C-D and Supplementary Figure 3C). To elucidate the mechanisms underlying heterogeneous effectiveness of these AAV-based rescue approaches, in particular with respect to different frequency ranges, a direct correlation of Cabp2 expression level with IHC physiology, and exact tonotopic position will be required in the future. The results of the current analysis of PHP.eB transduction efficiency and ABR analysis suggest that gene therapy matching the native Cabp2 concentration may be most critical toward the cochlear base. In situ hybridization mRNA probes suggested no major concentration differences along the tonotopic axis (Yang et al., 2016), however proper estimation of the Cabp2 protein concentrations in the IHCs in general and along the tonotopic axis more specifically, is still missing. This is relevant, since Cabp2, as other members of the EF-hand protein family, binds calcium ions and may thus act as a calcium buffer (Pangrsic et al., 2015), in particular when present at high concentrations (Picher et al., 2017). Previous work has shown similar endogenous buffer concentration in the apical and basal IHCs of gerbils and rats (Hackney et al., 2005; Johnson et al., 2008), but different coupling of calcium channels to synaptic vesicle fusion (Johnson et al., 2017). Due to looser coupling, exocytosis of the high-frequency basal gerbil IHCs may be more sensitive to calcium buffering as compared to the apical IHCs (Johnson et al., 2017). Hence, basal IHCs may be more susceptible to potentially altered calcium buffering by overexpression of Cabp2. Here, development of promoters and regulatory elements to more closely meet endogenous expression levels of Cabp2 might be of great benefit for the future gene therapeutic studies. Connected to that, our current analysis of the Cabp2 expression was limited to the observation of the fluorescence of eGFP, which is not covalently linked to the protein of interest to not interfere with its functionality. In the future, improved labeling of the Cabp2 (e.g., via sensitive and specific Cabp2 antibodies) is required to support further development of the DFNB93 gene therapy.

This is further motivated by the observation that wild-type animals injected with the same viral construct as the Cabp2–/– animals showed modest elevation of hearing thresholds as well as somewhat reduced IHC calcium currents as compared to non-injected controls. The underlying cause is currently unknown, but may include potential harmful effects of the viral vector, overexpression of a large tracer protein eGFP (Eckrich et al., 2019; but see also Askew et al., 2015; György et al., 2017; Landegger et al., 2017; Suzuki et al., 2017; Dulon et al., 2018; Lee et al., 2020), and the injection procedure itself (Chien et al., 2016) or overexpression of the Cabp2 in either IHCs or other cochlear cell types (e.g., SGNs). The latter would most strongly affect IHCs in injected wild-type animals. For example, in the presence of CaBP2, the CaV1.3 calcium current density in HEK cells may be decreased (e.g., Yang et al., 2006; but see Picher et al., 2017), suggesting a potential role of Cabp2 in regulating CaV1.3 expression levels. Although maximal current amplitudes in IHCs from Cabp2–/– animals were comparable to wild-type controls, the consequences of Cabp2 overexpression may be stronger. Furthermore, whereas no hair cell loss and no OHC defect was observed in injected Cabp2–/– animals, DPOAEs were defective in a fraction of injected wild-type animals. Potential reasons include mis-expression of Cabp2 in OHCs and manipulation of the ear during viral injection itself, and could have contributed to elevated tone burst ABR thresholds in these animals. Finally, potential harmful effects of Cabp2 on SGNs or supporting cells have not yet been studied. Further development of more selective promoters for a targeted expression of Cabp2 in IHCs but not OHCs or other cell types may be crucial for the future therapy development.

Re-introduction of Cabp2 in Cabp2–/– IHCs prevented strong inactivation of CaV1.3 channels typically observed in untreated Cabp2-deficient IHCs. As hypothesized previously, enhanced steady-state CaV1.3 channel inactivation likely hampers IHC synaptic transmission (Picher et al., 2017). We were, however unable to observe reduced exocytic responses in Cabp2-deficient IHCs. As previously (Picher et al., 2017), we hypothesize this could be due to (i) potentially increased extra-synaptic exocytosis due to the loss of Cabp2-dependent calcium-binding capacity as observed in IHCs deficient in mobile calcium buffers (Pangrsic et al., 2015) or to (ii) a failure to mimic in vivo conditions (with likely higher IHC activity evoking steady-state inactivation) in the isolated organs of Corti (where calcium channels can recover from inactivation between consecutive stimuli).

The results of the current study, demonstrating that hearing rescue in the Cabp2-deficient animals is possible, are encouraging. However, future studies with improved specificity of viral targeting as well as better control of expression levels of the transgene(s) are required to further improve the extent of hearing rescue. Moreover, a previous study suggested the alternative splice variant Cabp2-alt as the most abundant isoform of Cabp2 in the IHCs (Yang et al., 2016). So far, it is not known whether the two long splice variants (Cabp2-L, used in this study; and Cabp2-alt) differ in their biochemical properties, interactions, or function. A future study should address this question and test whether the choice of the splice variant can affect the extent of hearing rescue. Importantly, Cabp2–/– animals show normal cochlear development and no early degeneration of stereocilia, ribbon synapses or SGNs, nor hair cell loss (Picher et al., 2017), which suggests a prolonged temporal window for therapeutic intervention in mice and humans may exists, a notion that should be tested in the future. If so, once improved for specificity and with a better dose control, gene therapy holds great promise for success in adult DFNB93 patients.



MATERIALS AND METHODS


Animals

Mice with an exchange of the Cabp2 exons three and four with the LacZ trapping cassette to obtain global Cabp2–/– animals (Cabp2LacZ/LacZ) were used together with the wild-type controls (Picher et al., 2017). All experiments complied with national animal care guidelines and were approved by the University of Göttingen Board for animal welfare and the animal welfare office of the state of Lower Saxony.



Molecular Cloning of the Construct, Virus Production, and Purification

Viral vectors contained a hybrid hCMV/hBA (human beta actin) promoter to support strong transgene expression of the long isoform of mouse Cabp2 (Cabp2-L; NCBI Reference Sequence: NP_038906.2). A P2A peptide sequence was implemented for bicistronic expression of the Cabp2 and eGFP. For enhanced expression and better stability of the transcript the woodchuck hepatitis virus posttranslational regulatory element (WPRE), and the bovine growth hormone (bGH) polyadenylation sequence were added in the construct. Including the additional regulatory domains the total length of the sequence measured 3.4 kB (Figure 1A). The construct was then packaged into two capsids: AAV2/1 (2.0 × 1013 genome copies/ml; purchased from Penn Vector Core, United States) and AAV9-PHP.eB (8.2 × 1012 genome copies/ml). PHP-eB particles were generated using our standard AAV purification procedure previously described in a more detail in Huet and Rankovic (2021). In brief, triple transfection of HEK-293T cells was performed using pHelper plasmid (TaKaRa/Clontech), trans-plasmid providing viral capsid PHP.eB [generous gift from Viviana Gradinaru (Addgene plasmid #1030051 ; RRID:Addgene_103005)], and cis plasmid providing wtCabp2-P2A-eGFP. PHP.eB viral particles were harvested 72 h after transfection from the medium and 120 h after transfection from cells, and the medium. Precipitation of the viral particles from the medium was done with 40% polyethylene glycol 8,000 (Acros Organics, Germany) in 500 mM NaCl for 2 h at 4°C and then after centrifugation at 4,000 g for 30 min combined with cell pellets (already processed by salt-activated nuclease (SAN, Arcticzymes, United States) for additional 30 min SAN incubation at 37°C. Afterward, the cell lysates were clarified by centrifugation at 2,000 g for 10 min and then purified over iodixanol (Optiprep, Axis Shield, Norway) step gradients (15, 25, 40, and 60%) at 58,400 rpm for 2.25 h (Zolotukhin et al., 1999; Grieger et al., 2006). Finally, viral particles were concentrated using Amicon filters (EMD, UFC910024) and formulated in sterile phosphate-buffered saline (PBS) supplemented with 0.001% Pluronic F-68 (Gibco, Germany). Virus titers were obtained according to manufacturer’s instructions by determining the number of DNase I resistant vg using qPCR (StepOne, Applied Biosystems) and AAV titration kit (TaKaRa/Clontech). Purity of produced viruses was routinely checked by silver staining (Pierce, Germany) after gel electrophoresis (NovexTM 4–12% Tris-Glycine, Thermo Fisher Scientific) according to manufacturer’s instruction. The presence of viral capsid proteins was positively confirmed in all virus preparations. Viral stocks were kept at −80°C until the day of the experiment. Plasmid vector map is given in Supplementary Figure 1.



Virus Injections

Mice of either sex were injected at postnatal day P5-7 using the round window approach as described in earlier studies (Huet and Rankovic, 2021; Rankovic et al., 2021). In brief, anesthesia was obtained by isoflurane (5% for anesthesia induction, 2–3% for maintenance, and frequent testing of the absence of hind-limb withdrawal reflex) and analgesia using subdermal injection of buprenorphine (0.1 mg/kg body weight), and carprofen (5 mg/kg body weight, repeated 24 h after procedure) or application of Xylocain (10 mg spray). Body temperature was maintained warm by placing the animal on a remote-controlled custom-build heating blanket. Following a retro-auricular approach, the facial nerve was exposed in order to determine where to puncture the cartilaginous bulla with the injection pipette and target the scala tympani where virus suspension (1–1.5 μl) was injected. Following the injection, the surgical situs was closed by suturing the skin. After injections, 5–8-week-old mice were tested for hearing employing auditory brainstem recordings (ABRs) and distortion product optoacoustic emissions (DPOAEs). Then, the cochleae were processed for electrophysiology and/or immunohistochemistry.



Systems Physiology

Mice of 5–8 weeks of age were anesthetized by intraperitoneal injections of ketamine (125 mg/kg) and xylazine (2.5 mg/kg), and placed on a heating pad (Hugo Sachs Elektronik – Harvard Apparatus) that kept the body temperature at 37°C. During the measurements, the vitality was checked via ECG recordings. A TDT III system (Tucker Davis Technologies) together with BioSig software was used for stimulus generation, presentation and data acquisition. A JBL2402 speaker presented tone bursts at 6, 12, and 24 kHz (10 ms plateau, 1 ms cos2 rise/fall) at 40 Hz and clicks of 0.03 ms at 20 Hz or 100 Hz in a free-field configuration. For each measurement, the difference potential between mastoid and vertex was sampled 1,300 times for 20 ms at 50 Hz, amplified 50,000 times and filtered from 400 to 4,000 Hz, to obtain two separate mean ABR traces. The lowest stimulus intensity that resulted in a reproducible waveform in the two traces was considered to represent the ABR threshold value.

Distortion product otoacoustic emissions were measured using the same TDT III system to generate and present stimuli. Two MF-1 speakers presented the primary tones (frequency ratio f2/f1, 1.2; intensity f2 = intensity f1 + 10 dB). Signals were captured with a MKE-2 microphone (Sennheiser), then amplified and digitalized (DMX 6 Fire, Terratec) and analyzed by Fast Fourier Transformation, and a custom written Matlab routine.



Immunohistochemistry and Confocal Microscopy

Cochleae were fixed in 4% FA on ice for 1 h, rinsed in PBS and decalcified overnight in 120 mM EDTA. After that, Organs of Corti were dissected into 3–4 pieces followed by a blocking step of 1 h in goat serum dilution buffer (GSDB; 16% normal goat serum, 450 mM NaCl, 0.3% Triton X-100, and 20 mM phosphate buffer at pH 7.4) and incubated in primary antibodies in GSDB overnight at 4°C. The following antibodies were used: guinea pig anti-parvalbumin (Cat.-Nr. 195 004; Synaptic Systems), chicken anti-GFP (Cat.-Nr. ab13970; Abcam). Matching Alexa fluorophore conjugated secondary antibodies were then incubated for 1 h at room temperature. Explants were mounted in Mowiol mounting medium and imaged using an Abberior Expert line confocal/STED microscope with a UPlanSAPO 20 × 0.85 NA oil immersion objective, and controlled by Imspector software. For eGFP-fluorescence analysis, organs were processed in parallel and image stacks acquired with the same laser settings, and the pixel size of 800 × 800 nm. Max-projections of image stacks were stitched together by the built-in “pairwise stitching” function of ImageJ/Fiji (Schneider et al., 2012). Then, eGFP immunofluorescence was analyzed over the entire length of the cochlea using a custom written Matlab-routine. To estimate the transduction rates, background, unspecific IHC eGFP immunofluorescence was acquired from the cochleae of control, non-injected animal, and processed in the same run as the injected cochleae. Distribution of the eGFP immunofluorescence amplitude in the non-injected control organs was plotted and the value at the 95th percentile taken as the threshold of positive eGFP immunofluorescence. IHCs displaying eGFP immunofluorescence levels above this value were considered as being transduced by the two transgenes.



Electrophysiology and Fluorescent Imaging

Apical coils from the right (PHP.eB-Cabp2 injected) cochleae of 5–6 week old mice (P35-42) were dissected in HEPES-HANKS solution which contained (in mM): 10 HEPES, 5.35 KCl, 141.7 NaCl, 0.5 MgSO4, 1 MgCl2, 11.1 D-glucose, and 3.42 L-glutamine. pH was adjusted to 7.2. The explants were then transferred into a bath solution and kept under constant perfusion at a temperature of 33.0 ± 0.1°C containing (in mM): 111 NaCl, 35 TEA-Cl, 2.8 KCl, 1 CsCl, 1 MgCl2, 10 NaOH-Hepes, 11.3 D-Glucose, and 1.3 CaCl2 (pH 7.2, 300–310 mOsm). 100 μM apamin (Peptanova, Germany) was added to the solution to block any potential remaining SK2 channels. The pipette solution contained the following (in mM): 137 mM Cs-gluconate, 10 mM TEA-Cl, 10 mM 4-AP, 10 mM Cs-HEPES, 1 mM MgCl2, and 300 μg/ml amphotericin B (pH 7.2 and 290 mOsm). An EPC-9 amplifier controlled by Pulse software (HEKA Elektronik, Germany) was used for membrane current and capacitance recordings from the IHCs. The holding potential was set to −65 mV. The recordings of calcium currents and exocytosis in perforated-patch configuration were performed, and analyzed as described before (Moser and Beutner, 2000). Calcium currents were sampled at 50 kHz, low-pass filtered at 2.9 kHz and leak corrected using a P/N-protocol. Voltage was corrected for liquid junction potential of 15 mV. Fluorescent imaging of the eGFP signal was performed using a narrow band light source (Polychrome IV, Till Photonics, Germany) at a wavelength of 488 nm and a CCD camera (Till Photonics, operated by Till-Vision software). Images were taken with an exposure time of 200 ms.



Data and Statistical Analysis

Data analysis was performed using MATLAB (Mathworks), Igor Pro (Wavemetrics), and ImageJ (NIH) software. Means and grand averages are expressed as ±SEM. Statistical analysis was performed using the Igor Pro and Prism (GraphPad). The Jarque–Bera and F test were used to determine whether the samples have normal distribution, and equal variance. These tests were then followed by two-tailed Student’s t-test, or—when data were not normally distributed and/or variance was unequal between samples—the Mann–Whitney–Wilcoxon test for statistical comparisons between two samples. For matched comparisons of the ABR data in AAV2/1-injected animals two-way RM ANOVA, followed by Šidak’s multicomparisons test was performed. ABR thresholds in PHP.eB-injected animals were inspected using Student’s t-tests, and two-way ANOVA with a correction for the multiple comparisons by Dunnett’s multicomparisons tests and by controlling the false rate discovery (FRD) using the two-stage linear step-up procedure of Benjamini, Krieger, and Yekutieli at the 0.05 level of FRD. For ABR wave analysis Tukey’s multicomparisons tests were applied.
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Supplementary Figure 1 | Calcium-binding protein 2 (Cabp2)-P2A-eGFP construct assembly and pAAV vector used for AAV packaging of Cabp2-P2A-eGFP. pAAV cis-plasmid providing Cabp2 and eGFP with a P2A peptide sequence for bicistronic expression of the two proteins. Asterisks denote impaired ability of the restriction enzyme to cleave at the restriction site.

Supplementary Figure 2 | ABR responses and eGFP expression in AAV2/1-Cabp2-injected animals. (A) Reconstructions of native eGFP fluorescence of AAV2/1-Cabp2-injected organs of Corti observed under a fluorescence microscope. An almost continuous line of eGFP fluorescence in IHCs is observed. Please note that the fluorescence can not be observed where a nylon grid crosses the explants. (B) Mean ABR thresholds of AAV2/1-Cabp2-injected Cabp2–/– vs. non-injected Cabp2–/– animals. Hearing was improved for 6 and 12-kHz tone bursts (two-way ANOVA with Šidak’s multicomparisons test). (C) ABR wave II-V amplitudes in injected and contralateral, non-injected ears of AAV2/1-Cabp2-injected Cabp2–/– animals to an 80-dB 20-Hz click stimulus. Note increased amplitudes of injected ears for waves II, III, and IV (Šidak’s multicomparisons test, p < 0.001 for wave II and III, and < 0.0001 for wave IV). Asterisks denote p-values of less than 0.05.

Supplementary Figure 3 | 20-Hz click ABR amplitudes including all PHP.eB-calcium-binding protein 2 (Cabp2)-injected animals. (A) Average responses to an 80-dB click stimulus presented at the repetition rate of 20 Hz. (B) Combined wave I-IV and (C–G) single ABR wave amplitudes to an 80-dB 20 Hz click stimulus of all animals. Note increased amplitudes from injected Cabp2–/– ears as compared to control Cabp2–/– animals for waves I, II, III, and IV (Tukey’s multicomparisons test, see Table 2 for p-values). ABR wave amplitudes in injected Cabp2+/+ animals were comparable to the non-injected Cabp2+/+ controls. (H) DPOAE thresholds in the individual injected and non-injected Cabp2+/+ animals. Asterisks denote p-values of less than 0.05.

Supplementary Figure 4 | The effects of calcium-binding protein 2 (Cabp2) overexpression on the IHC calcium currents and morphology in wild-type animals. (A) Current-voltage relationship in IHCs of injected wild-type animals vs. non-injected controls. (B,C) Average absolute (B) and normalized (C) calcium current responses upon 500-ms depolarization steps to the peak calcium current potential in injected and non-injected wild-type IHCs. Overexpression of Cabp2 (or eGFP) results in partially reduced calcium current amplitudes. (D) Representative example of PHPeB-Cabp2 injected cochlea of a wild-type animal immunolabeled for eGFP and parvalbumin alpha. No significant loss of hair cells was observed upon viral injection and overexpression of Cabp2 and eGFP.
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Noise-induced hearing loss has gained relevance as one of the most common forms of hearing impairment. The anatomical correlates of hearing loss, principally cell damage and/or death, are relatively well-understood histologically. However, much less is known about the physiological aspects of damaged, surviving cells. Here we addressed the functional consequences of noise exposure on the capacity of inner hair cells (IHCs) to release synaptic vesicles at synapses with spiral ganglion neurons (SGNs). Mice of either sex at postnatal day (P) 15–16 were exposed to 1–12 kHz noise at 120 dB sound pressure level (SPL), for 1 h. Exocytosis was measured by tracking changes in membrane capacitance (ΔCm) from IHCs of the apical cochlea. Upon IHC depolarization to different membrane potentials, ΔCm showed the typical bell-shaped curve that mirrors the voltage dependence of Ca2+ influx, in both exposed and unexposed cells. Surprisingly, from IHCs at 1-day after exposure (d.a.e.), we found potentiation of exocytosis at the peak of the bell-shaped curve. The increase in exocytosis was not accompanied by changes in whole-cell Ca2+ influx, suggesting a modification in coupling between Ca2+ channels and synaptic vesicles. Consistent with this notion, noise exposure also changed the Ca2+-dependence of exocytosis from linear to supralinear. Noise exposure did not cause loss of IHCs, but did result in a small reduction in the number of IHC-SGN synapses at 1-d.a.e. which recovered by 14-d.a.e. In contrast, a strong reduction in auditory brainstem response wave-I amplitude (representing synchronous firing of SGNs) and distortion product otoacoustic emissions (reflecting outer hair cell function) indicated a profound hearing loss at 1- and 14-d.a.e. To determine the role of glutamate release in the noise-induced potentiation of exocytosis, we evaluated vesicular glutamate transporter-3 (Vglut3) knock-out (KO) mice. Unlike WT, IHCs from Vglut3KO mice showed a noise-induced reduction in ΔCm and Ca2+ influx with no change in the Ca2+-dependence of exocytosis. Together, these results indicate that traumatic noise exposure triggers changes of IHC synaptic function including a Vglut3-dependent potentiation of exocytosis.

Keywords: noise exposure, hair cells, exocytosis, Vglut3KO, synapse loss


INTRODUCTION

Among the diverse etiologies of hearing loss, one of the most prevalent in modern societies is acoustic trauma, which is typically observed after the acute, or chronic, exposure to loud sounds (Śliwińska-Kowalska and Zaborowski, 2017). The anatomical consequences of noise exposure to the inner ear are varied and have been studied over decades, establishing several important consequences such as damage to mechanosensory hair cells and/or their stereocilia, auditory neurons and other specialized cells in the inner ear (Spoendlin, 1971; Liberman and Kiang, 1978; Robertson and Johnstone, 1980; Wang et al., 2002). The degree of damage, as well as the identity of the injured structures, depends on the intensity and the duration of the noise exposure.

Hair cell loss is particularly detrimental because they are the sensory cells in the inner ear, responsible for the detection and transduction of acoustic signals. Out of the two types of hair cells that co-exist in mammalian inner ears, outer hair cells (OHCs) have shown the highest sensitivity to noise exposure, especially at the basal turn (Spoendlin, 1971; Robertson and Johnstone, 1980; Wang et al., 2002). A critical characteristic of OHCs loss due to any cause (noise, ototoxic drugs, age) is the inability of mammalian sensory cells to regenerate (Edge and Chen, 2008), leading to a permanent elevation of hearing thresholds. While intense noise exposure leads to hair cell death, more moderate exposures that spare the cells still produce damage to structures such as the stereocilia of both OHCs and IHCs (Robertson and Johnstone, 1980; Liberman and Dodds, 1984; Saunders et al., 1985). For example, overstimulation of the hair bundle can disrupt or break the tip links, uncoupling the mechano-transduction channel complex from mechanical stimuli and leading to hair cell dysfunction (Pickles et al., 1987; Assad et al., 1991).

Synapses between inner hair cells (IHCs) and spiral ganglion neurons (SGNs), connecting the auditory periphery with the brain, are also sensitive to low or moderate sound overexposure. Massive swelling of SGN terminals at the contact point with IHCs has been shown to occur early after exposure, followed by a partial recovery within days (Spoendlin, 1971; Robertson, 1983). This phenomenon was prevented with the application of specific AMPA receptors antagonists during the noising protocol and could also be mimicked in experiments of acute perfusion of agonists in the absence of sound, suggesting a critical role for glutamate in producing damage to SGN terminals (Puel et al., 1991, 1998; Ruel et al., 2000, 2007). Moderate noise exposures that preserve hair cells and hearing thresholds may nonetheless reduce supra-threshold responses through immediate elimination of some IHC-SGN synapses followed by delayed SGN loss (Kujawa and Liberman, 2009). This noise induced synaptopathy was not observed in mice lacking the vesicular glutamate transporter type-3 (Vglut3KO), reinforcing the idea that synaptopathy is a form of glutamate excitotoxicity (Kim et al., 2019). Interestingly, in Vglut3WT mice moderate noise exposure triggered synapse loss followed by partial recovery/regeneration as well as changes in synapse morphology, suggesting alterations in synapse function.

AMPA type receptors at SGN postsynaptic terminals generate excitation that is propagated to the central nervous system (CNS) (Matsubara et al., 1996; Ruel et al., 1999; Sebe et al., 2017). Multiple SGNs innervate each cochlear IHC forming individual synaptic contacts that are characterized by the presence of an intracellular extension of the presynaptic density called the synaptic ribbon to which synaptic vesicles are tethered (Matthews and Fuchs, 2010; Moser et al., 2020). Exocytosis of these glutamate-filled vesicles depends on Ca2+ influx through CaV1.3 Ca2+ channels and is virtually inexhaustible due to efficient vesicle cycling (Moser and Beutner, 2000; Brandt et al., 2003; Johnson et al., 2005). A close “nanodomain” coupling between CaV1.3 channels and synaptic vesicles has been demonstrated for synapses located in the apical region of the cochlea, whereas a more distant “microdomain” coupling has been described for mid-cochlear synapses (Brandt et al., 2005; Johnson et al., 2005, 2017). Functionally, this difference in physical coupling translates into a linear relation between exocytosis and Ca2+ influx for nanodomain coupling, and a supralinear relation for microdomain coupling.

To probe the immediate functional consequences of noise exposure to surviving and/or recovering ribbon synapses in IHCs, here we noise exposed juvenile mice just after hearing onset [postnatal day (P) 15–16] and then proceeded to count IHC-SGN synapses and compare synaptic exocytosis with patch-clamp recordings of membrane capacitance relative to unexposed littermates at one day after exposure (1 d.a.e.). Our noise exposure protocol (120 dB SPL, 1–12 kHz, for 1 h) targeted the apical end of the cochlea, where presynaptic exocytosis and postsynaptic transmission have been well-studied (Moser and Beutner, 2000; Glowatzki and Fuchs, 2002; Johnson et al., 2005; Goutman and Glowatzki, 2007), and where IHCs are relatively more accessible for patch-clamp recordings. Interestingly, our results show an enhancement of exocytosis in IHCs at 1 d.a.e. compared to unexposed cells, but unchanged Ca2+ currents. These findings were accompanied by a transient reduction in synapse number and a permanent elevation of hearing thresholds. Using Vglut3KO mice, in which Ca2+-triggered release from IHCs is functional although glutamate is not concentrated in the synaptic vesicle lumen (Ruel et al., 2008; Seal et al., 2008), we also asked if glutamate release could play a role in the noise induced changes we observed. Our results add to the previously described histological modifications in the cochlea caused by noise exposure, indicating that IHCs can undergo acute functional changes that are important for understanding the phenomenon of acoustic trauma.



MATERIALS AND METHODS


Animals

Mice were used in accordance with protocols approved by the Animal Studies Committee of Washington University in St. Louis as well as INGEBI and Facultad de Medicina, Universidad de Buenos Aires (UBA) Institutional Animal Care and Use Committee (IACUC) guidelines, and best practice procedures. Vglut3 mice (Slc17a8tm1Edw) on C57BL/6J background were obtained from The Jackson Laboratory (RRID:IMSR_JAX:016931). Mice of either sex in a similar male/female ratio were used at postnatal age 15–22 (P15-P22).



Acoustic Overexposure

Unrestrained mice were exposed to a 1–12 kHz band noise for 1 h at 120 dB sound pressure level (SPL) at P15. Mice were placed in individual cages on a suspended shelf in a custom-made acrylic chamber in which no sides were parallel. The sound stimulus was produced by an RX6 processor (Tucker-Davis Technologies, TDT), filtered (Frequency Devices, Inc.), amplified (Crown 75A power amplifier), and delivered to the acrylic 132 chamber via a speaker horn (JBL). The SPL was measured through a 1/4-inch free-field microphone (ACO Pacific) calibrated with a 124-dB SPL pistonphone (Bruel and Kjaer, Denmark). Prior to the experimental noise exposure, four quadrants of the chamber were sampled with the 1/4- inch microphone and sound pressure was confirmed to vary by no more than 0.5 dB SPL across these measurement positions.



Cochlear Function Tests

Hearing function was assessed in unexposed animals at P16 (“Unexposed” group), 1-day after noise exposure (NE) and at 2-weeks after exposure. Auditory Brainstem Responses (ABR) were recorded from subcutaneous electrodes located at the vertex (active electrode) and behind the right pinna (reference electrode), with ground electrode placed on the back, under ketamine (100 mg/kg)/xylazine (20 mg/kg) anesthesia, using a sampling frequency of 25 kHz. ABR thresholds at frequencies presented in half-octave intervals (5.6, 8, 11.2, 16, 22.6, 32, 45.2 kHz) were determined using 5 ms tone pips (including 0.5 ms cosine2 rise/fall) at a repetition rate of 40 s–1. The responses were amplified (×10,000), filtered (100 Hz–3 kHz), and averaged using custom computer software (System 3; TDT). Stimuli were presented in 5 dB steps from 15 to 100 dB SPL in ascending order to the right ear. At each level, 1,024 responses were averaged, with stimulus polarity alternated. Response waveforms were rejected if the peak-to-peak voltage exceeded 15 μV. Threshold was defined as the lowest sound level at which a recognizable waveform was present. Waveforms were confirmed by their larger amplitudes and decreasing latencies at increasing stimulus levels. If hearing threshold was not detected at 100 dB SPL, the threshold value was assigned as >100 dB. For wave-I measurements, ABRs were evoked with tone pips presented at a rate of 21 s–1 and measured using TDTTM hardware (Tucker Davis) in conjunction with BiosigRZ software (TDT). Responses to 500 stimulus presentations at each level were used to construct average ABR waveforms. ABR wave-I amplitudes were quantified offline at 8 and 22.65 kHz as the difference between the pre-stimulus baseline and the first positive peak.

Distortion Product Otoacoustic Emissions (DPOAEs) were recorded from the right ear using Emav software (S. Neely, Boys Town National Research Hospital) in conjunction with TDTTM and custom hardware, with a sampling rate of 192 kHz. We measured cochlear emissions at 2f1-f2, using 8 and 22.65 kHz as f2 frequencies. The f1/f2 ratio was 1.22 and the f2 level 10 dB lower than the f1 level. The DPOAE threshold was defined as the lowest f2 level in which the signal-to-noise floor ratio is >1.



Isolation of the Organ of Corti and Electrophysiological Recordings

Apical cochlear explants were isolated from P16-17 exposed and unexposed mice using the following dissection solution (in mM): NaCl 155, KCl 5.8, CaCl2 1.3, MgCl2 0.9, NaH2PO4 0.7, D-glucose 5.6, HEPES 10, pH 7.4, 295–305 mOsm. This solution was also used for patch-clamp recordings. After removing the tectorial membrane, organ of Corti sections were placed in a chamber for electrophysiological recordings mounted on the stage of a Zeiss Axioskop FS microscope and viewed with differential interference contrast (DIC) using a 40X water-immersion objective and a camera with contrast enhancement Leica Mc120 HD (Leica, Germany). Preparations were used within 2 h. Tissue was continuously perfused with fresh extracellular solution. Recording pipettes were fabricated from 1 mm borosilicate glass and Sylgard coated. Electrode resistances in the recording solutions were typically 5.5–6.5 MΩ. Once whole-cell configuration was obtained, the preparation was perfused with an extracellular solution containing TEA 30 mM to inhibit potassium currents. Intracellular solution had the following composition (in mM): CsMeSO3 115, TEA 13, MgCl2 6, CaCl2 0.4, EGTA-Cs 1, HEPES 5, Na2ATP 5, NaGTP 0.3, phosphocreatine 5, pH 7.2, 283–290 mOsm. Currents were recorded 5 min after whole-cell configuration was established using an EPC-10 patch-clamp amplifier driven by PatchMaster software (HEKA Electronics, Germany). Holding potentials were not corrected for liquid junction potentials. Recordings were made at room temperature (22–25°C).



Membrane Capacitance Measurements and Analysis

Membrane capacitance was measured using a software-based method of a Lock-in amplifier (Patchmaster, HEKA), combined with compensation of pipette and resting cell capacitances by the EPC-10 circuitries. 1-kHz, 50-mV peak-to-peak sinusoid waves were applied for 400 ms at a DC holding potential of −80 mV before and after the test pulse. The sine wave was small enough to not activate any significant membrane current since accurate membrane capacitance calculation requires a high and constant membrane resistance (Rm). The capacitance signal from EPC10 was filtered at 5 kHz and sampled at 50 kHz. The mean Cm of IHCs was 10.63 ± 0.40 pF (random sample of 34 cells) and mean holding current at −70 mV was −49.49 ± 3.32 pA. Cells in which holding current exceeded −100 pA or access resistance was higher than 15 MΩ were excluded from the analysis.

IHC changes in membrane capacitance (ΔCm) and currents were analyzed off-line with custom-written routines in IgorPro 6.37 (Wavemetrics). ΔCm was estimated as the difference of the mean Cm after the test pulse (skipping the initial 40 msec) and the mean of prepulse Cm. Post-stimulus endocytosis was not observed. For leak subtraction of IHC currents, IHC membrane resistance was calculated from voltage steps between −80 and −60 mV. Ca2+ charge (QCa2+) was calculated as the integral of the Ca2+ current from its onset time to the end of the pulse (i.e., not including the tail current).



Immunofluorescence, Confocal Microscopy, Synaptic Counts, Volume, and Intensity Measurements

P16-17 exposed and unexposed mice were sacrificed and temporal bones were collected for immunostaining. Cochleae were fixed in PFA 4% for 30 min and decalcified in EDTA 0.12 M for 15 min. Microdissected pieces were then blocked overnight in 5% normal donkey serum at room temperature. CtBP2 mouse (BD Biosciences; RRID:AB_399431), CaV1.3 rabbit (Alomone Labs; RRID:AB_2039775), GluA3 goat (Santa Cruz Biotechnology; RRID:AB_2113895) and Myo7a rabbit (Proteus Biosciences; RRID:AB_2314838) primary antibodies were used with the appropriate Alexa Fluor-conjugated secondary antibodies (Life Tech.) as previously described (Jing et al., 2013; Sebe et al., 2017; Kim et al., 2019). Samples were batch processed using the same reagent solutions in six cohorts, each including exposed and unexposed WT and Vglut3 KO mice.

Confocal stacks were collected without saturation of pixel intensity and sampled with a Z-step of 0.38 μm and pixel size of 50 nm in X and Y, on a Zeiss LSM 700 with a 63 × 1.4 NA oil objective lens. For quantitative analysis of IHC synapses, images were collected at the cochlear region delimited by the tonotopic characteristic frequencies of 8–12 KHz (Müller et al., 2005). Image stacks were imported to Imaris software (Bitplane) where the different labeled puncta in the IHC region were segmented as “surface” objects, using identical settings for each image stack including the “local contrast background subtraction” algorithm for calculating threshold. This built-in automatic thresholding algorithm compensates for differences in overall luminance between stacks and eliminates potential subjective bias of setting a user-defined arbitrary threshold value. Synapses were identified as juxtaposed pairs of presynaptic ribbons (labeled with anti-CtBP2) and postsynaptic AMPA-type glutamate receptor puncta (labeled with anti-GluA3). The total number of synapses, as well as the total number of CtBP2, GluA3, and CaV1.3 puncta per z-stack were counted and then divided by the number of IHCs in the image. The volume of each labeled punctum was obtained directly from Imaris.

In the 14 days after exposure experiments, anti-CaV1.3 was replaced with anti-Myosin7a in order to perform OHC counting. In this case, images were acquired at different cochlear locations spanning the whole cochlea. We counted the number of missing OHCs in each stack and consequently calculated the percentage of OHC survival per stack.



Statistical Analysis

Data were tested for normality with the Shapiro-Wilk test or assumed to be not normally distributed due to sample size. Parametric or non-parametric tests were applied as appropriate. Data that passed normality tests is shown as mean ± standard error of the mean (SEM), whereas median ± interquartile range was employed for not normally distributed data. ABR and DPOAE data were compared using Kruskal-Wallis non-parametric tests followed by Dunn’s post-tests. OHC survival as well as the quantification of synaptic elements and volumes in control and exposed mice were compared using Mann-Whitney tests. Two-way ANOVA followed by Holm-Sidak multiple comparisons test were employed to compare changes in membrane capacitance, peak of calcium currents and the integral of the calcium currents. ANCOVA analysis was utilized to compare the linear fits of the Log ΔCm vs. Log QCa2+ data. N is the number of animals or cochleae, as indicated in each figure legend. Except for the Mann-Whitney test used to compare % OHC survival at each cochlear location, all statistical tests were 2-sided and evaluated at the α level of 0.05 in R Statistical Software (RRID:SCR_001905). Graphs were plotted in RStudio and in GraphPad Prism 8 (GraphPad, RRID:SCR_002798).



RESULTS


Noise Exposure Produces Auditory Threshold Elevation, Outer Hair Cell Damage, and Inner Hair Cell Synapse Loss

Hearing sensitivity was evaluated by ABR recordings before and after exposing awake mice at P15 to P16 to a broadband loud noise (Figure 1A, 1–12 kHz, 120 dB SPL for 1 h). With this protocol we aimed at producing acoustic trauma to the most apical area of the cochlea in animals at the beginning of their third postnatal week, provided that IHCs physiological properties are best characterized at this region and age range (Moser and Beutner, 2000; Brandt et al., 2003, 2005; Johnson et al., 2005; Ruel et al., 2008). As is shown in Figure 1A, we found a significant increase in ABR thresholds 1 day after exposure (1 d.a.e.) across all tested frequencies that lasted for at least 2 weeks after exposure (14 d.a.e.) being both groups compared to P16-17 unexposed mice (nUnexposed = 5, n1d.a.e. = 8, n14d.a.e. = 8, see Supplementary Table 1 for the p-values of the different comparisons). Additionally, the analysis of suprathreshold ABR peak 1 amplitudes (Figure 1B), which reflect the summed sound-evoked activity of SGNs, showed a sharp reduction 1 d.a.e. (p = 0.0013 at 8 kHz; p = 0.0004 at 22.65 kHz, 80 dB SPL). This decrease in the amplitude of the sound-evoked response also remained 14 days after noise exposure (14 d.a.e.) (p = 0.0004 at 8 and 22.65 kHz), suggesting permanent threshold shift.
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FIGURE 1. Exposure to 120 dB sound pressure level (SPL) noise at P15 induces a severe reduction in hearing sensitivity in P16-17 mice. (A) Auditory Brainstem Responses (ABR) thresholds for P16-17 control (Unexposed), P16-17 1 day after exposure (1 d.a.e.) and P29-30 14 days after exposure (14 d.a.e.) mice. (B) ABR wave-I baseline to peak amplitudes at 80 dB SPL for 8 and 22.65 kHz. (C) Distortion Product Otoacoustic Emission (DPOAE) thresholds in the same experimental groups for 8 and 22.65 kHz. Noise exposure triggers an elevation of cochlear thresholds which lasts for at least 14 days. In all cases, median ± interquartile ranges (IQRs) are shown, and the comparisons were made by Kruskal-Wallis non-parametric ANOVA followed by Dunn’s post-test (*p < 0.05, **p < 0.01, ***p < 0.001).


To address the impact of our noise-exposure protocol into the functional integrity of OHCs we measured DPOAE, the sound-evoked otoacoustic emissions generated by these cells. We detected an elevation of DPOAE thresholds in mice at 1 and 14 d.a.e. (Figure 1C, p = 0.0098 1 d.a.e. at 8 kHz; p = 0.0194 1 d.a.e. at 22.65 kHz; p = 0.0232, 14 d.a.e. at 8 kHz, same sample sizes than for ABRs). Therefore, the reduction in hearing sensitivity after noise exposure was at least partially due to dysfunction of OHC-driven cochlear amplification, leading to a reduced sound-driven excitation of IHC synapses at low sound levels. Provided this strong rise in DPOAE threshold, the integrity of OHCs in the 14 d.a.e. tissue was evaluated by myosin7a cochlear whole mount immunostaining, which specifically stain sensory cells of the inner ear (Figure 2). Representative pictures of the OHC region from P29 mice, either unexposed or 14 d.a.e., showed a slight reduction of OHC number in the apical region of noise-exposed cochleae, with a greater loss in the mid-basal region (Figure 2A). As can be seen in Figure 2B, noise-induced OHC degeneration followed a basal to apical gradient, showing a reduction of 14.15% in OHCs in regions corresponding to 16–20 kHz, 7.87% at 12–16 kHz, 1.03% at 8–12 KHz, but no significant change for 4–8 kHz (p = 0.0065 for the 16–20 kHz region, nUnexposed = 6 images from 2 mice, n14d.a.e. = 6 images from 3 mice, p = 0.0229 for the 12–16 kHz region, nUnexposed = 5 images from 3 mice, n14d.a.e. = 13 images from 7 mice, p = 0.0276 for the 8–12 kHz region, nUnexposed = 14 images from 4 mice, n14d.a.e. = 25 images from 8 mice, p > 0.05 for the 4–8 kHz region, nUnexposed = 9 images from 4 mice, n14d.a.e. = 8 images from 5 mice).
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FIGURE 2. A small reduction in the number of outer hair cells (OHCs) was detected after exposure to loud noise for apical and mid-cochlear regions. (A) Representative images of the OHC region of cochlear turns from control (Unexposed) and 14 d.a.e. mice with MyoVIIa immunostaining. Top and middle panels correspond to images obtained from the cochlear region that has a characteristic frequency of 11 kHz for Unexposed and 14 d.a.e., respectively. Picture in lower panel was collected from the 20 kHz region from a 14 d.a.e. mice. Scale bar: 10 μm. (B) Percentage of OHC survival per z-stack for different cochlear segments. In the noise-exposed tissue there is a significant but small reduction in OHC survival for cochlear regions above 8 kHz. In all cases, median ± IQRs are shown, and the comparisons were made by Mann-Whitney unpaired test. *p < 0.05, **p < 0.01.


It is well-established that moderate to loud noise exposures to adult rodents produces a sudden loss of synaptic contacts between IHC and SGNs, leading to reduced excitation of type I SGNs (Kujawa and Liberman, 2009, 2015; Kim et al., 2019; Hickman et al., 2020, 2021). To ask if our more intense, lower frequency noise protocol (Figure 3A) also produced alterations of IHC-SGN contacts, we performed synaptic counts in P16-17 control and noise-exposed animals (1 d.a.e.). Figure 3B shows representative images of a group of IHCs marked with antibodies against CtBP2-Ribeye, the major component at the presynaptic ribbon (Khimich et al., 2005; Rutherford, 2015); GluA3, a postsynaptic AMPA-type glutamate receptor subunit (Matsubara et al., 1996; Meyer et al., 2009; Liberman et al., 2011) and CaV1.3 to label the voltage-gated calcium channels (Frank et al., 2010; Wong et al., 2014). Juxtaposed pairs of presynaptic ribbons (labeled with anti-CtBP2) and postsynaptic AMPA-type glutamate receptor puncta (labeled with anti-GluA3) were taken as a structural sign of a functional synapse, and therefore used as criteria for the identification of IHC-SGN synapses (Khimich et al., 2005; Liberman et al., 2011; Rutherford, 2015). Focusing the analysis to the 8–12 kHz region of the apical turn of the cochlea that was used for electrophysiological recording (see below), in control conditions an average number of 15.07 ± 0.72 synapses per IHC were observed (n = 9 images from 3 mice). One day after noise exposure we observed a reduction in the synapses count with an average of 13.05 ± 0.50 per IHC (Figure 3C, p = 0.0262, n = 15 images from 5 mice). Figure 3C also reveals that 1 day after exposure there was a decrease in both the number of ribbon puncta per IHC (average values of 17.37 ± 0.60 for unexposed mice and 14.72 ± 0.39 for 1 d.a.e mice, p = 0.0007) and GluA3 patches per IHC (average values of 18.25 ± 0.63 for unexposed mice and 15.8 ± 0.63 for 1 d.a.e mice, p = 0.0253). The number of CaV1.3 labeled puncta were also computed per IHC in both control and exposed cochleae. We observed a significant reduction in the number of CaV1.3 spots 1 d.a.e., from 22.51 ± 1.05 in controls to 18.29 ± 0.67 in exposed ears (p = 0.0101), representing a reduction of 19.75% in CaV1.3 clusters (Figure 3D).
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FIGURE 3. Noise exposure triggered a small but reversible synapse loss and a persistent increase in ribbon volume. (A) Scheme of the apical cochlear turn. Red area indicates the scanned region. (B) Representative images from Unexposed (upper panel) and 1 d.a.e. (lower panel) inner hair cells (IHCs). White dashed lines indicate the approximate contour of one IHC. Scale bar = 10 μm. (C) Mean number of Ribbons (CtBP2 positive puncta), GluA3 patches and Synapses (double positive puncta) per IHC in each confocal image for cochleae collected 1 and 14 days after exposure at P15 (1 and 14 d.a.e, respectively). (D) Mean number of CaV1.3 positive puncta per IHC for unexposed and 1 d.a.e mice. Median volumes per stack for Ribbons (E) and GluA3 (F) for the four experimental groups. Line and whiskers indicate the median and the interquartile range, respectively. *p < 0.05, **p < 0.01, Mann-Whitney test.


Two weeks after noise exposure (14 d.a.e., P29-30) the number of synapses and ribbons showed a complete recovery (synapse counts: 15.58 ± 0.47 in unexposed mice, 14.98 ± 0.26 in exposed mice, p = 0.26; ribbon counts: 16.63 ± 0.51 in unexposed mice, 17.05 ± 0.34 in exposed mice, p = 0.41, nUnexposed P29–30 = 13 images from 4 mice, n14d.a.e = 18 images from 8 mice) (Figure 3C). On the contrary, the number of GluA3 patches did not come back to control values when evaluated 14 d.a.e. (unexposed mice at P29-30: 17.06 ± 0.57 in P29-30, 14 d.a.e. 15.10 ± 0.27, p = 0.0008) (Figure 3C). This mismatch in the number of recovered synapses and GluA3 puncta at 14 d.a.e. can be explained considering that: (i) as indicated before, the total number of GluA3 puncta is always larger than the number of synapses, i.e., some GluA3 puncta can be found not co-localizing to presynaptic elements (ribbonless synapses) (same for the reciprocal relation between ribbon and GluA3 puncta); (ii) at 14 d.a.e. there is a relatively larger loss of ribbonless synapses than those found co-localizing with ribbons (i.e., forming synapses) (1.57 ± 0.22 in unexposed P29-30 and 0.63 ± 0.09 in 14 d.a.e., p = 0.0001). It should also be noted that during development there is a pruning of postsynaptic terminals occurring over the first few postnatal weeks (Nemzou et al., 2006; Wong et al., 2014) that could be accelerated by noise exposure.

It has been shown that noise exposure can also affect the volume of ribbons and AMPA receptor patches in adult mice (Liberman and Liberman, 2015; Paquette et al., 2016; Kim et al., 2019), thus we sought to determine if these noise-induced alterations also took place with our exposure protocol. Therefore, the median volumes for ribbons (Figure 3E) and GluA3 (Figure 3F) were analyzed per stack for the four experimental groups mentioned above. We found no difference in the volumes of either ribbons or GluA3 patches after exposure except at 14 d.a.e. when ribbon volume was larger (average values of 0.10 ± 0.01 μm3 for unexposed mice and 0.13 ± 0.01 μm3 for exposed mice, p = 0.0014).

Taken together, results in Figures 1–3 confirmed that our noise exposure protocol produced a permanent increase in ABRs and DPOAES thresholds, and a transient reduction in the number of paired synapses between IHCs and SGNs.



Potentiated Inner Hair Cell Exocytosis After Noise Exposure

We tested the functional status of IHC neurotransmitter release capacity by evaluating Ca2+-triggered fusion of IHC synaptic vesicles from 1 d.a.e. mice and age-matched controls (Figure 4). The noise exposure protocol was designed to target low frequency areas of the cochlea, thus all IHCs recorded in this study were located in the apical coil. Representative traces of Ca2+ currents and changes in membrane capacitance (ΔCm) in response to pulses of 50 ms to −50, −30, and +10 mV are shown in Figure 4A. For unexposed mice, the complete curve for potentials between −50 and +30 mV shows the expected bell shape with a maximum ΔCm of 14.24 ± 1.80 fF at −20 mV (Figure 4B1). As expected, IHC Ca2+ currents showed a similar relation with Vm (Figure 4B2) with a maximum of −102.97 ± 6.51 pA at −20 mV, in accordance with previous reports (Moser and Beutner, 2000; Johnson et al., 2005). Interestingly, ΔCm in exposed IHCs (n = 10) was significantly higher than in unexposed cells (n = 9) and the ΔCm vs. Vm curved peaked at −30 mV with an average of 20.23 ± 3.24 fF representing 58.66% of enhancement (Figure 4B1; p = 0.0389, at −30 mV). A significant increase in Ca2+ current amplitudes were observed only at +20 and +30 mV steps of noise exposed IHCs (Figure 4B2; p = 0.0326, for both potentials) (Kros and Crawford, 1990). Therefore, these results reveal an enhanced neurotransmitter release after noise exposure with unchanged Ca2+ currents for voltage pulses <−20 mV, suggesting a noise-induced increase in vesicle release efficiency at the presynaptic ribbon, specifically for stimuli within the physiological range of membrane potentials (Russell and Sellick, 1983; Dallos, 1985). We further investigated the Ca2+ dependence of exocytosis for both groups by looking at the relation between ΔCm and Ca2+ currents integral (QCa2+) (Figure 4C, note the double logarithmic plot), for depolarizing pulses between −50 and −20 mV. For unexposed IHCs, the slope of the linear regression fitted to data was 0.98 ± 0.17, a value that is in agreement with previous reports showing a linear relationship between exocytosis and Ca2+ entry for apical IHCs after hearing onset (i.e., an exponent of 1 in the power relation, ΔCm = a ICab) (Brandt et al., 2005; Johnson et al., 2005). In contrast, noise exposed IHCs showed a significantly higher slope value of 1.74 ± 0.22 (p = 0.0079), indicating an increased apparent Ca2+ cooperativity for vesicle release.


[image: image]

FIGURE 4. Increased exocytosis and altered Ca2+-dependence of release were found in noise-exposed inner hair cells (IHCs). (A) Calcium currents (ICa2+) and membrane capacitance (Cm) traces of representative control (Unexposed) and 1 d.a.e. IHCs elicited by 50 ms depolarizations at different voltages. (B1) Measurement of exocytosis (ΔCm) and (B2) corresponding Ca2+ currents (ICa2+) for control (Unexposed, black traces) and 1 d.a.e.(red traces) IHCs obtained during the application of 50 ms pulses at different voltages. Statistical comparisons were made using Two-way ANOVA followed by Holm-Sidak multiple comparisons test. *p < 0.05. (C) Analysis of Ca2+ dependence of vesicle release in control and exposed IHCs. Gray and red filled circles correspond to the mean exocytic responses triggered by pulses in the range of −50 to −20 mV plotted vs. the mean corresponding Ca2+ current integrals for each potential in a double-logarithmic scale for unexposed and 1 d.a.e mice, respectively. Linear regressions were fitted using all the observations (empty gray and red circles) of each group and slopes of the linear fit (m) were obtained. Slope comparisons were made using ANCOVA test. **p < 0.01. Data is shown as mean ± standard error of the mean (SEM).


Having electrophysiological and immunofluorescence data corresponding of the same cochlear regions from the same mice allowed us to estimate how much exocytosis occurs per synaptic ribbon in control and noise exposed IHCs, assuming that CtBP2-Ribeye positive puncta reveal the ribbon sites whereby vesicles would fuse. With steps to −30 mV, in control conditions the ratio of ΔCm/# ribbons is 0.75 fF/ribbon, whereas in noise exposed cells this value increased by 81% to 1.36 fF/ribbon [representing 19 and 34 vesicles/ribbon respectively, considering an intrinsic capacitance of 40 aF for a single vesicle (Grabner and Moser, 2018)]. Therefore, the per synapse increase in vesicle release after noise exposure is even larger than what is shown in Figure 4, which in turn suggests a more Ca2+-efficient exocytosis in IHCs after noise exposure.

The high temporal precision of sound encoding relies on the continuous release of synaptic vesicles by IHCs, engaging multiple synaptic vesicle pools (Moser and Beutner, 2000; Johnson et al., 2005; Ruel et al., 2008). We addressed the impact of noise exposure in the kinetics of neurotransmitter release using depolarizing pulses to −20 mV of different durations (Figure 5). No differences in Ca2+ entry was found between control and exposed IHCs for the whole range of stimulus durations (10–1,000 ms) (Figure 5B; p > 0.05, for all stimulus durations). Using pulse durations of 50 ms, which triggers vesicle release exclusively from the readily releasable pool (RRP) (Moser and Beutner, 2000; Johnson et al., 2005; Ruel et al., 2008), we observed no changes in IHCs exocytosis after noise exposure (Figure 5C2, p > 0.05). For 100, 300, and 500 ms pulses we did not find differences in exocytosis (p > 0.05), although it was significantly enhanced for 1,000 ms depolarizing pulses (Figure 5C1; p < 0.0001), suggesting a noise-induced alteration of the slow secretory component.
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FIGURE 5. Exocytosis triggered by long pulses is increased 1 d.a.e. to 120 dB noise. (A) Voltage protocol (top), Ca2+ currents (ICa2+) (middle), and membrane capacitance (Cm) (bottom) traces of representative control (Unexposed, black traces) and 1 d.a.e. (red traces) inner hair cells (IHCs) elicited by −20 mV test pulses of 40 ms (left panel), 300 ms (middle panel), and 1,000 ms (right panel). (B1,C1) Ca2+ current integrals (QCa2+) and exocytosis (ΔCm) corresponding to −20 mV pulses of different durations. (B2,C2) Expansion of B1 and C1 depicting the calcium entry and exocytosis triggered by −20 mV pulses between 5 and 50 ms. Data is presented as mean ± standard error of the mean (SEM). Statistical comparisons were made using Two-way ANOVA followed by Holm-Sidak multiple comparisons test. ****p < 0.0001.


Altogether, results in Figures 4, 5 indicate that exposure to loud noise led to a potentiation in the evoked vesicle release from fewer IHC synaptic ribbons with superlinearization in the Ca2+ influx-to-release coupling and unaltered Ca2+ influx.



Exocytosis Potentiation Is Absent in Noise Exposed Inner Hair Cell From Vglut3 Knock-Out Mice

Previous evidence indicated that the activation of AMPA receptors during noising protocols results in SGN terminal swelling (Puel et al., 1991, 1998; Ruel et al., 2000), and also that the absence of glutamate concentration in the lumen of IHCs synaptic vesicles prevents synapse losses (Kim et al., 2019). These observations led us to investigate the consequences of the absence of glutamate signaling on the changes of IHC release mechanisms after noise exposure. To this end, we made use of Vglut3 deficient mice that lack glutamate release from IHCs resulting in complete deafness, slowly progressing loss of IHC–SGN synapses but with relatively preserved synaptic contacts with SGN in 2 weeks old animals (Ruel et al., 2008; Seal et al., 2008).

Ca2+-triggered exocytosis was not impaired in Vglut3KO IHCs (Ruel et al., 2008). As reported previously, Vglut3KO IHCs presented unchanged ΔCm but larger Ca2+ influx (see unexposed data from WT and KO cells in Figures 5, 6: ΔCmWT vs. ΔCmVglut3 KO: p > 0.05 and QCa2+WT vs. QCa2+Vglut3 KO: p < 0.05 for all pulse durations). Vglut3KO mice were noise exposed with the same protocol as used for WT, and at 1 d.a.e cochleas were dissected and IHCs were patch-clamped. Figure 6A shows ΔCm and Ca2+ currents amplitudes elicited by voltage pulses between −50 and +10 mV, for both unexposed (n = 8) and 1 d.a.e. IHCs (n = 7). In contrast to our observations in WT mice (Figure 4), no increase in exocytosis was observed after noise exposure in Vglut3KO IHCs. Instead, ΔCm and Ca2+ influx were reduced, but not significantly (Figure 6A, 44% reduction for ΔCm and 41% for Ca2+ currents, p > 0.05 for all stimulus voltages). No differences were found in the slope of the linear fit to the ΔCm vs. QCa2 + plots with values of 0.75 ± 0.21 and 0.86 ± 0.29 for control and exposed, respectively (Figure 6B, p = 0.78), indicating that no changes occurred in the Ca2+-release coupling after exposure of Vglut3KO IHCs.
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FIGURE 6. Noise-induced increase in exocytosis capacity is absent in Vglut3KO mice. (A) Measurement of exocytosis (ΔCm, upper panel) and corresponding Ca2+ current integrals (QCa2+, lower panel) for Vglut3 knock-out (KO) control (Unexposed, dark green traces) and 1 d.a.e. Vglut3KO (green traces) inner hair cells (IHCs) obtained during the application of 50 ms pulses of different voltages. Statistical comparisons were made using Two-way ANOVA followed by Holm-Sidak multiple comparisons test. (B) Mean exocytic responses triggered by pulses in the range of −50 to −20 mV plotted vs. the mean corresponding Ca2+ current integrals for each potential in a double-logarithmic scale. Linear regressions were fitted as in Figure 2C and slopes of the linear fit (m) were calculated. Slope comparisons were made using ANCOVA test. (C) Exocytosis (ΔCm) and Ca2+ current integrals (QCa2+) corresponding to −20 mV pulses of different durations for experimental groups mentioned above (n = 6 for both groups). (D) Expansion of panel C depicting the exocytosis and calcium entry triggered by −20 mV pulses between 5 and 50 ms. Data is presented as mean ± standard error of the mean (SEM). Statistical comparisons were made using Two-way ANOVA followed by Holm-Sidak multiple comparisons test. *p < 0.05, **p < 0.01, ****p < 0.0001. Data is shown as mean ± SEM.


Functional kinetic components were also evaluated in noise exposed and control Vglut3KO mice, as shown in Figures 6C,D. No differences were found in either ΔCm or QCa2 + for pulses up to 50 ms, indicating that RRP vesicles were not affected by exposure (Figure 6D). Longer pulses in exposed Vglut3KO IHCs reflected a reduced capacity to release neurotransmitter (Figure 6C) that was accompanied by a smaller Ca2+ influx. Considering that the slope in the ΔCm vs. QCa2 + plot did not change after noise exposure in Vglut3KO cells (Figure 6B), and that the reduction in exocytosis is similar to the decrease in Ca2+ currents amplitude (∼40% reduction in average for ΔCm and Ca2+ currents in Figure 6A and a reduction of 36.5% for ΔCm and 30.5% for QCa2 + in Figure 6C), it can be proposed that noise exposure did not produce changes in release mechanisms of Vglut3KO IHCs downstream of Ca2+ influx. This observation contrasts to what was observed in WT cells after acoustic trauma, indicating that glutamate release has an important role in the reconfiguration of the release-Ca2+ influx coupling in IHCs of exposed mice.



DISCUSSION

The nature of the injury that acoustic overexposure produces to the inner ear has been intensively investigated over decades (Spoendlin, 1971; Robertson, 1983). Nonetheless, the physiological consequences of noise exposure to IHC synaptic function have been less investigated. In our current study, we found that noise exposure triggers changes in the mechanisms of exocytosis. These changes are likely dependent on glutamate signaling as they were absent in Vglut3KO mice.


Noise Exposure Potentiated Exocytosis and Altered Coupling to Ca2+ Influx

As described previously for intense exposures of octave-band noise, damage to the cochlea is typically found in characteristic frequency regions half an octave above the noise band and in more basal regions (Liberman and Kiang, 1978; Robertson and Johnstone, 1980; Kujawa and Liberman, 2009; Kim et al., 2019). In this study, the frequency band of our noise exposure protocol was lowered in order to target the most apical region of the cochlea where IHCs are more accessible to electrophysiological recordings and mechanisms of release have been thoroughly studied (Moser and Beutner, 2000; Brandt et al., 2005; Johnson et al., 2005; Goutman and Glowatzki, 2007). As shown in Figure 3, significant synapse loss was found in exposed IHCs at the 8–12 kHz cochlear region that was used to evaluate exocytosis by capacitance measurements. Although the number of presynaptic active zones (CtBP2 colocalized with CaV1.3) was reduced 1 d.a.e., no reduction in exocytosis was observed in IHCs. Rather, exocytosis increased by as much as ∼60% compared to unexposed IHCs (e.g., −30 mV pulses in Figure 4; 1,000 ms pulses in Figure 5). Considering that cellular capacitance measurements detect changes in exocytosis across all active zones of an IHC, and that the number of active zones was reduced at 1 d.a.e., the enhancement per active zone was ∼81% for steps to −30 mV. Therefore, after noise exposure, IHC exocytosis appears to be more Ca2+ efficient, given that no significant changes in Ca2+ influx were observed (Figure 4B2).

On the other hand, our results also indicate that after noise exposure the relationship between ΔCm and QCa2 + escapes the typical linearity found in unexposed IHCs from the cochlear apex (Brandt et al., 2005; Johnson et al., 2005; Goutman and Glowatzki, 2007), suggesting that physical coupling between vesicles and Ca2+ entry is more “loose.” It is possible that Ca2+ channels redistributed such that a constant number of channels per cell would be shared among fewer synapses, resulting in a larger average distance between channels and vesicles. However, our CaV1.3 immunostainings do not show evidence for puncta with larger volumes which would be expected under this scenario assuming a constant packing density. Alternatively, vesicles could be re-positioned around Ca2+ channels after noise exposure. Changes in the accumulation of intracellular membranes and counts of synaptic vesicles have been observed recently in afferent synapses of IHCs after noise exposure (Bullen et al., 2019). The RRP size, as determined in Figure 5, does not show changes compared to control using pulses to −20 mV. However, results in Figure 4 using pulses of 50 msec at −30 mV might indicate a higher number of available vesicles per active zone after exposure. Changes in the vesicular Ca2+ sensor due to acoustic trauma could also underlie these phenomena if, for example, the expression levels of otoferlin or synaptotagmin-IV are affected (Beurg et al., 2010; Johnson et al., 2010).

It was recently shown that despite the linear relation between Ca2+ influx and release, measured across all synapses within a given IHC, individual active zones can be heterogeneous in the mode of excitation-secretion coupling, with some showing a highly supralinear release mechanism (Heil and Neubauer, 2010; Özçete and Moser, 2020). If one hypothesized that synapses with linear coupling are more vulnerable to noise and the first to be functionally altered or lost, it could be proposed that the remaining ones would “push” the ensemble coupling relation to a more supralinear mode. According to Özçete and Moser (2020), “linear synapses” are more likely to occur on the pillar side of the IHC where contacts with high spontaneous rate SGNs are typically found, at least in cats (Liberman, 1982). However, previous evidence (from guinea pigs) indicates that the low spontaneous rate SGNs are the most sensitive to noise and the first to die (Furman et al., 2013). More work is needed to show if the higher vulnerability of “linear synapses” is a true physiological phenomenon.

We observed drastic DPOAEs threshold elevation that persisted to at least 14 d.a.e., indicating a highly impaired OHC function after exposure to noise. These results point to a more permanent injury to OHCs, although very few were lost in the 8–12 kHz region. Thus, the large elevation of DPOAEs thresholds we observed might be caused by alterations in the functional properties of surviving OHCs, such as, mechanotransduction due to stereocilia disarray, or disruption of the physical association between the tectorial membrane and the stereocilia (Saunders et al., 1985). It has been recently hypothesized that hi-level noise exposure protocols producing permanent thresholds elevations from OHC damage could reduce excitation to the IHC and thus reduce synaptopathy relative to more moderate exposures (Fernandez et al., 2020). Thus, it can be argued that at least part of the synaptic changes observed throughout our study result from OHCs dysfunction (see below).

The effects of noise trauma on synaptic function may depend on the animal species or strain of mice, the details of the exposure protocol (SPL, duration, frequency), or the age of the animals at exposure. In a recent study in mature CBA/CaJ mice, it was shown that after moderate noise exposure (2–20 kHz at 98 dB SPL) causing only temporary threshold shifts, sustained exocytosis and vesicle replenishment was reduced (Liu et al., 2019). In the current study we exposed C57BL/6 mice at P15-16. Thus, it is likely that acoustic overexposure at this early stage could produce stronger inner ear effects than those already reported in mature animals. Several studies have shown that exposure to loud noise early during development greatly alters the functional maturation of the auditory system (Sanes and Bao, 2009; Lauer and May, 2011). More work is needed to determine if our findings in young mice can be replicated in more mature animals, or if the same exposure to adult mice would have different effects on exocytosis.



Potentiation of Inner Hair Cells Exocytosis as a Compensatory Mechanism?

Results from Figures 4, 5 indicate that IHCs present a potentiated exocytotic capacity when evaluated 1 d.a.e. It can be proposed that this enhancement is related to the loss of synapses after noise exposure, suggesting that some form of homeostatic plasticity occurs at IHCs afferent synapses to compensate for the loss of release sites (Delvendahl and Müller, 2019). An alternative interpretation of these results is that the exocytosis enhancement is not due to synaptopathy but rather a compensatory adaptation of IHC synapses due to reduced mechanical drive to IHCs resulting from OHC damage (see Figures 1, 2). It should be emphasized that homeostatic plasticity is not rare in the auditory system. The endbulbs of Held of noise-reared mice (with non-damaging acoustic stimuli) show an increase in the number of release sites, together with a reduction in release probability (Ngodup et al., 2015). Adaptations in neuronal mechanisms have also been described as a consequence of auditory deprivation (Oleskevich and Walmsley, 2002; Kuba et al., 2010; Zhuang et al., 2017). Thus, it could be hypothesized that the auditory system responds with homeostatic adaptations to drastic changes in the level of acoustic input, and that these changes would operate to maintain a well-balanced synaptic signaling. Under this scenario, IHCs release more neurotransmitter to compensate for the synapse loss and/or the reduced excitation due to OHC dysfunction.

It seems reasonable to think that a mechanism to adapt to environmental changes in sound intensity provided evolutionary fit to vertebrate’s auditory systems. However, it could be contradictory that IHCs underwent a process of release potentiation after noise exposure if excessive glutamate is potentially harmful for SGNs (Puel et al., 1991). It is important to consider that overintense stimuli typically used to noise-expose mice is an experimental manipulation that would hardly be found in the natural history of these animals, only after the appearance of big cities and industrialization. Thus, evolutionary thinking may not apply to interpret biological responses to this type of treatment.



No Change in Exocytosis From Noise-Exposed Inner Hair Cells of Vglut3KO

It has been suggested that sound overexposure leads to excessive release of glutamate because dendrite damage is very similar to that seen after perfusion of the cochlea to glutamate receptor agonists (Puel et al., 1991, 1995). Noise exposure may also activate several damage pathways by releasing adenosine, aspartate and proinflammatory cytokines (Kurabi et al., 2017). Studies with the Vglut3KO mice have shown that synaptic release of glutamate is required for noise-induced cochlear synaptopathy (Kim et al., 2019). We found that noise exposure produced a reduction of vesicle exocytosis in mice with genetic ablation of Vglut3, suggesting that noise-induced increase in IHC exocytosis in WT may be dependent on synaptic release of glutamate from IHCs or some other function of Vglut3 transporter. The mechanism of glutamate-dependent potentiation of vesicle release is not clear but might involve local circuits such as retrograde glutamate signaling through mGluRs, which have been recently detected functionally and anatomically at IHC ribbon synapses (Ye et al., 2017; Klotz et al., 2019). Alternatively, glutamate dependent activation of the auditory brain by the auditory nerve may have resulted in efferent activity that caused the potentiation of exocytosis from IHCs. This possibility could be tested in future studies using mice that lack efferent signaling. Taking the results in WTs and KOs together, it can be speculated that the reduction in vesicle release and Ca2+ currents in exposed Vglut3KO could be triggered by factors other than glutamate. One possible mechanism is that large Ca2+ influx during exposure triggers a spike in the concentration of reactive oxygen species and/or activate intracellular signaling cascades that mediate cell stress resulting in a reduced exocytosis capacity (Kurabi et al., 2017). In WT IHCs these effects might be out compensated by the glutamate mediated enhancement.

In summary, our results show that noise exposure triggers an increase in IHC exocytosis together with a change in the coupling between Ca2+ influx and exocytosis. If this is a compensatory response to reduced cochlear amplification, or alternatively due to the synapse loss, is still an open question. Experiments in Vglut3KO mice indicate that this phenomenon is dependent on glutamate signaling.
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Macrophages Are Dispensable for Postnatal Pruning of the Cochlear Ribbon Synapses
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Ribbon synapses of cochlear hair cells undergo pruning and maturation before the hearing onset. In the central nervous system (CNS), synaptic pruning was mediated by microglia, the brain-resident macrophages, via activation of the complement system. Whether a similar mechanism regulates ribbon synapse pruning is currently unknown. In this study, we report that the densities of cochlear macrophages surrounding hair cells were highest at around P8, corresponding well to the completion of ribbon synaptic pruning by P8–P9. Surprisingly, using multiple genetic mouse models, we found that postnatal pruning of the ribbon synapses and auditory functions were unaffected by the knockout of the complement receptor 3 (CR3) or by ablations of macrophages expressing either LysM or Cx3cr1. Our results suggest that unlike microglia in the CNS, macrophages in the cochlea do not mediate pruning of the cochlear ribbon synapses.

Keywords: ribbon synapse, synaptic pruning, cochlear macrophages, hair cells, CX3CR1


INTRODUCTION

Hearing involves neural transmission mediated by the ribbon synapses between the auditory hair cells and spiral ganglion neurons (SGNs). Ribbon synapses continue to mature after birth. At the end of the first postnatal week, the density of ribbon synapses reaches its highest level compared to those at adulthood or onset of hearing (around P12 in the mouse). Therefore, from P6 to P12, the immature synapses would either be enhanced or eliminated, leading to about a 50% reduction in the total number of synapses (Delacroix and Malgrange, 2015; Brown et al., 2017). This process, also termed synaptic pruning, involves neurite refinement and retraction of the immature SGN terminals (Barclay et al., 2011). The remaining ribbons undergo varied morphological and molecular changes to acquire a functional response to sound stimulation (Safieddine et al., 2012). As the ribbon synapses mature at the 2nd postnatal week, the Cav1.3-dependent Ca2+ current reduces, which contributes to increased exocytosis. Such maturation of synaptic exocytosis is important for encoding continuous and finely graded signals necessary for the temporal acuity and fidelity of acoustic information (Brandt et al., 2005; Frank et al., 2010; Delacroix and Malgrange, 2015).

Immuno-homeostasis within the mammalian cochlea is supported by cells of both innate and adaptive immune systems (Rai et al., 2020). Macrophages, the monocyte-derived phagocytes, are the major players of the cochlear innate immune system mediating pathogen detection and elimination, tissue homeostasis, and injury responses (Warchol, 2019). Macrophages have been found in various cochlear regions, including the sensory epithelia, spiral ligament, spiral limbus, Rosenthal’s canal, and stria vascularis (Dong et al., 2018). While the cochlear resident macrophages may be derived from either yolk sac hematopoiesis or the fetal liver (Shi, 2010; Kishimoto et al., 2019), bone marrow-derived macrophages can infiltrate cochlea upon injuries by noise exposure or ototoxicity (Wood and Zuo, 2017). Functions of macrophages were in part regulated by the complement system, which comprises over 35 cell-associated and soluble molecules, including C1q, mannan-binding lectin, ficolins, and their activation products C3, C4, C5 etc. (Bohlson et al., 2014). Activation of the complement receptors expressed on macrophages leads to modulation of cytokine production, inflammatory responses, and increased phagocytosis (Bohlson et al., 2014).

The molecular mechanisms for the pruning and maturation of ribbon synapses is unclear now. However, recent studies indicate that microglia, the brain-resident macrophages, play instructive roles in synaptic pruning of the central nervous system (CNS). It has been reported that progranulin deficiency in the CNS resulted in upregulation of lysosomal and innate immunity genes and increased complement production, which promoted synaptic pruning by complement-dependent microglial phagocytosis (Lui et al., 2016). Specifically, engulfment of presynaptic inputs by microglia in the postnatal retinogeniculate system was dependent on neural activity and the microglia-specific phagocytic signal pathway, complement receptor 3 (CR3)/C3 (Schafer et al., 2012). However, whether macrophages are involved in the pruning of cochlear ribbon synapses remains to be determined.

In this study, we applied genetic mouse models to specifically eliminate either the macrophages or complement receptor 3 and provided strong evidence that cochlear macrophages do not mediate ribbon synaptic pruning in the cochlea. Our results highlight the differential involvement of macrophages in the pruning of the central and peripheral synapses and point to a yet to be defined mechanism for the pruning and maturation of cochlear ribbon synapses.



MATERIALS AND METHODS


Animal Models

Cx3cr1-CreER-IRES-EYFP (Cx3cr1-CreER-YFP) mice (Stock: 021160), Itgam-KO (CR3-KO) mice (Stock: 003991), Lyz2-Cre (LysM-Cre) mice (Stock: 004781), Rosa26-ACTB-mTdTomato-mGFP (mTmG) mice (Stock: 007676), Rosa26-DTA mice (Stock: 006331) were obtained from the Jackson Laboratory. Wildtype C57BL/6J and FVB/N mice were purchased from Gempharmatech Inc, China. Mice were injected intraperitoneally with tamoxifen (Sigma, T5648, dissolved in corn oil) daily at 33 mg/kg. Both male and female animals in mixed C57BL/6J and FVB/N backgrounds were used in this study. Animals were housed at the Model Animal Research Center of Nanjing University and were protected from overt noise exposure from the surrounding environment for the duration of the investigation. All experiments were approved by the Institutional Animal Care and Use Committee and carried out in accordance with the animal protocol of the Model Animal Research Center of Nanjing University (permit number #WGQ01).



Cochlear Tissue Preparation

Cochlear tissues were harvested at two main time frames, P0-P12 and 3–4 weeks. After dissection, the cochleae were perfused gently through the oval window using a 1 ml syringe with 4% paraformaldehyde in PBS, pH 7.4, followed by post-fixation with the same fixative at room temperature for 2 h. Cochlear samples were then flushed three times with PBS and placed in 5% EDTA in PBS on the rocker at room temperature for 3–4 days for decalcification. Once fully decalcified, the specimens were washed in PBS twice for 10 min on the rocker.



Cochlear RNA Extraction and RT-qPCR

Whole cochlear tissues from postnatal wildtype mice, CR3(+/–) or CR3(−/−) mice were used for total RNA isolation using Trizol reagent (Takara, 9108). Reverse transcription of total RNA was performed with the Primescript RT reagent kit (Takara, RR047A). Quantitative PCR was performed with the Hieff UNICON® qPCR SYBR Green Master Mix (YEASEN, 11198ES03) on LightCycler 96 instrument (Roche). Details of the primers were as follows: GAPDH, forward primer 5’-ACC ACG AGA AAT ATG ACA ACT CAC-3’, reverse primer 5’-CCA AAG TTG TCA TGG ATG ACC-3’; C3, forward primer 5’-CAG GAT GGC GAT AAG AAG ATT-3’, reverse primer 5’-ATG ACA GTG ACG GAG ACA-3’; CR3, forward primer 5’-ATG ACT CTT AAA GCT CTT CTG GTC-3’, reverse primer 5’-TTA ACA GCC TTT GCC TCC T-3’. Data are normalized to GAPDH, and fold changes are calculated by using 2−ΔΔCT method.



Immunofluorescence

For cryo-section analysis, the inner ear tissues were embedded and frozen in OCT media (Sakura Finetek, Torrance, CA, USA), followed by cryo-sectioning at 14 μm thickness. The sections were dried at 37°C for 1 h, rinsed with PBS before subsequent immunostaining. For wholemount immunofluorescence, cochlear tissues were micro-dissected and permeabilized by freeze-thawing in 30% sucrose. The cry-sections or micro-dissected pieces were blocked in 5% normal horse serum (NHS) with 1% Triton X-100 in PBS for 1 h, followed by incubation in primary antibodies (diluted in blocking buffer) at 4°C for 16 h. The primary antibodies used in this study were anti-myosin VIIa (rabbit anti-Myo7a IgG, 25-6790, Proteus Biosciences, 1:500); anti-C-terminal binding protein 2 (mouse anti-CtBP2 IgG1, 612044, BD Biosciences, 1:200); anti-glutamate receptor 2 (mouse anti-GluA2 IgG2a, MAB397, Millipore, 1:2,000); anti-shank1a (rabbit anti-Shank1a IgG, RA19016, NEURONS, 1:1,000), anti-neurofilament H (chicken anti-NFH IgY, AB5539, Millipore, 1:1,000); anti-Iba1 (rabbit anti-Iba1 IgG, 019-19741, WAKO, 1:2,000). Secondary antibodies were Alexa Fluor 488, 568, or 647-conjugated goat antibodies (Life Technologies, USA).



Confocal Microscopy

All pieces of each cochlea were imaged at low power to convert cochlear locations into frequencies using a custom ImageJ plugin1. Confocal z-stacks of the 5.6, 8, 11.3, 16, 22.6, and 32 kHz regions from each cochlea were imaged using a Zeiss LSM880 (Zeiss, Germany) or Leica TCS SP5II microscopes (Leica, Germany). Analyses of cochlear ribbon synapses were performed as previously described (Wan et al., 2014). ImageJ software (version 1.51j8, NIH, MD) was used for image processing and three-dimensional reconstruction of z-stacks.



Mouse Auditory Phenotyping

Animals were anesthetized by intraperitoneal injections of xylazine (10 mg/kg) and ketamine (100 mg/kg), prior to auditory brainstem response (ABR) and distortion-product otoacoustic emission (DPOAE) tests. For ABR tests, three needle electrodes were inserted under the skin: one at the dorsal midline of the head between the two ears, one behind the left pinna, and one grounding electrode at the base of the mouse tail. ABR potentials were evoked with 5 ms tone pips (0.5 ms rise-fall, with a cos2 envelope, at 33/s) delivered to the eardrum at log-spaced frequencies from 5.6–32 kHz. The responses were amplified (10,000×) and filtered (0.3–3 kHz) with an analog-to-digital board in a PC-based data-acquisition system. Sound pressure levels (SPLs) were raised at 5 dB-step from 10–80 decibels (dB). At each level, 1,024 responses were averaged (with alternating polarity) after “artifact rejection”. The DPOAE signal in response to primary and secondary tones with frequencies f1 and f2 respectively was recorded at the third frequency (2 × f1) − f2, with f2/f1 = 1.2, and the f2 level 10 dB lower than the f1 level. SPLs at the ear canal were amplified and digitally sampled at 4 ms intervals. DPOAE thresholds were defined as the f1 level required to evoke a response at −10 dB SPL. Both DPOAE and ABR recordings were carried out using EPL cochlear function test suite software (Mass Eye and Ear, Boston, MA, USA). ABR peak 1 (P1) amplitudes, P1 latencies, P2 latencies, and P1-P2 inter-peak latencies were analyzed with ABR peak analysis software (Mass Eye and Ear), as previously reported (Wan and Corfas, 2017).



Statistical Analyses

Statistical tests were carried out using Graphpad Prism 8 (Graphpad Software Inc., La Jolla, CA). Data points were reported as mean ± SD or SEM as specified in the figure legends. Statistical significance values were analyzed using unpaired Student’s t-test, one-way ANOVA, or two-way ANOVA as indicated in the figure legends.




RESULTS


Cochlear Ribbon Synapses Undergo Dynamic Pruning After Birth

To investigate the dynamics of synaptic pruning and maturation after birth, F1 progenies (generated from C57BL/6J and FVB/N mating pairs) aged at postnatal days (P) 4, 6, 7, 8, 9, 10, 11, 12, 14, and 21 were used for synaptic counts. Pre-synaptic ribbons and post-synaptic structures were labeled with CtBP2 and Shank1a, respectively. Consistent with previous reports (Huang et al., 2012; Michanski et al., 2019), extensive synaptic pruning and refinement were observed in the postnatal cochlea (Figure 1A). Quantitative analyses of both presynaptic ribbons and putative synapses (co-localized CtBP2 and Shank1a) suggested that synaptic pruning was mostly completed by P7–P8 along the cochlear turns (Figures 1B–G). However, although the synaptic density was reduced to the same level as that in the mature cochlea by P8, the spatial orientation and refinement continued to undergo dynamic maturation from P8 to P14 (Figure 1A). These results indicate that while cochlear synapses continued to refine and mature until hearing onset, the pruning of ribbon synapses was largely completed by P8 in the mouse cochlea.
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FIGURE 1. Dynamic changes of IHC ribbon synapse densities during postnatal development. (A) Representative images of presynaptic and postsynaptic specializations from inner hair cells at different postnatal ages. The images were taken at the middle cochlear frequency (16 kHz). Synapses within the entire length of the images were counted. (B–G) Quantitative analyses of synaptic ribbon counts (B,D,F) and putative ribbon synapses (C,E,G) at 8 kHz (B,C), 16 kHz (D,E), and 32 kHz (F,G) cochlear regions. N = 3–6, error bars represent mean ± SEM. (B,D,F) **p < 0.01 and ***p < 0.001 comparing to data at P21; (C,E,G) *p < 0.05, **p < 0.01 and ***p < 0.001 comparing to data at P11 by one-way ANOVA.





Dynamic Changes of the Postnatal Cochlear Macrophages

To investigate whether cochlear macrophages were involved in ribbon synaptic pruning, we collected cochleae at P4, P6, P8, P10, P12, and immunolabeled macrophages and SGN neurites with Iba1 and NFH, respectively (Figure 2A). Macrophages were observed throughout the cochlear sensory epithelia, including the organ of Corti and spiral lamina (Figure 2A). Particularly, Iba1+ macrophages were found to wrap the auditory nerve fibers beneath the habenula perforata (Figure 2B) as well as in close contact with the synaptic ribbons (Figure 2C) and the nerve terminals (Figure 2D). We then counted the macrophages in the inner hair cell (IHC) region and found that the densities of macrophages increased significantly from P6 to P8 (Figure 2E), coincident with the completion of synaptic pruning at P8-P9 (Figure 1). Similarly, the number of macrophages around the outer hair cells (OHCs; Figure 2F) and OHC synaptic ribbons (Figure 2G) were also highest at P8. Cochlear macrophages reduced in number gradually after P8 and were scarcely localized in the adult cochlea (Figure 2H). The proximal and dynamic correlations between the macrophages and synaptic structures suggest that macrophages may potentially be involved in the pruning and refinement of cochlear ribbon synapses and nerve terminals.


[image: image]

FIGURE 2. Localizations of macrophages in the postnatal cochlea. (A) Dynamic localization of macrophages in P4, P6, P8, P10, P12 cochleae. Dashed red lines indicate regions around OHCs or IHCs. (B) Macrophages surrounding spiral neuron axons in proximity to the habenula perforata. (C,D) Macrophages localized around the (C) IHCs and (D) tunnel of Corti. Dotted lines indicate positions for zy projections. Dotted boxes show colocalizations of macrophagic processes with (C) pre-synaptic ribbon or (D) nerve terminal. (E,F) Quantification of the dynamic changes in the densities of Iba1+ macrophages around IHCs (E) and OHCs (F) from P4 to P12. N = 5–6, error bars represent mean ± SEM. ns: not significant, *p < 0.05, **p < 0.01 and ***p < 0.001 by one-way ANOVA. (G) Quantification of the dynamic changes in the number of OHC synaptic ribbons from P8 to P12. N = 6–12, error bars represent mean ± SEM. **p < 0.01 and ***p < 0.001 by one-way ANOVA. (H) Reduced density of macrophages in the adult cochlea. The Cx3cr1-driven YFP (yellow) co-localized with Iba1 immunostaining in cochlear macrophages (red).





Ablation of Cochlear Macrophages Did Not Affect Auditory Function and Ribbon Synapses Pruning

Synaptic pruning in the CNS is dependent on neural activity and the microglia-specific phagocytic signaling pathway, complement 3 (C3), and its receptor CR3 (Schafer et al., 2012). Using RT-qPCR, we found that both C3 and CR3 showed temporal increases in the postnatal cochleae, where the expression of C3 increased significantly from P7 to P14 (Figure 3A) and the expression of CR3 showed a marked increase from P1 to P7 (Figure 3B). These results suggest that both C3 and CR3 were dynamically expressed and may play a physiological role in the postnatal cochlea. To investigate the role of C3/CR3 in cochlear synaptic pruning, we analyzed the changes of ribbon synapses in the CR3 knockout mice. Complete knockout of CR3 was validated by RT-qPCR in the CR3(−/−) cochlea (Figure 3C). Unexpectedly, densities of both pre-synaptic ribbons and putative ribbon synapses were normal in the CR3(−/−) mice (Figures 3D–G). In addition, auditory functions of the CR3-deficient mice were unchanged compared to the littermate controls (Figures 3H–L). These results suggest that complement receptor CR3 was not involved in cochlear synaptic pruning.
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FIGURE 3. Complement receptor CR3 was not required for pruning of cochlear ribbon synapses and auditory function. (A,B) RT-qPCR analyses of (A) C3 or (B) CR3 expression in P1, P7, P14, and P28 cochleae. N = 3, error bars represent mean ± SD. *p < 0.05 and **p < 0.01 by one-way ANOVA. (C) RT-qPCR analyses of CR3 knockout in the cochlea. N = 3, error bars represent mean ± SD. *p < 0.05 by unpaired Student’s t-test. (D,E) Quantitative analyses of OHC (D) and IHC (E) synaptic ribbons in P21 wildtype and CR3 knockout cochlea. (F) Quantitative analyses of putative IHC ribbon synapses (colocalized GluA2 and CtBP2 signals) in P21 wildtype and CR3 knockout cochlea. N = 4–8, error bars represent mean ± SEM. (G) Representative confocal images of P21 wildtype and CR3 knockout cochlea at 16 kHz. Myo7a, hair cells; GluA2, postsynaptic receptors, and CtBP2, pre-synaptic ribbons. (H–L) ABR tests of P21 wildtype and CR3 knockout mice. (H) ABR thresholds, (I) ABR P1 amplitudes, (J) ABR P1 latencies, (K) ABR P2 latencies, and (L) ABR P1-P2 inter-peak latencies. ABR amplitudes and latencies were analyzed at 80 dB SPL. N = 8 (CR3 KO) or 14 (wildtype), error bars represent mean ± SEM.



An interesting possibility is that macrophages may regulate ribbon synaptic pruning in a CR3-independent mechanism, as previously discussed (Warchol, 2019). Therefore, we ablated macrophages by expressing Diphtheria toxin fragment A (DTA) in LysM-expressing cells. LysM-Cre drives recombination in myeloid cell lineage, including monocytes, mature macrophages, and granulocytes (Clausen et al., 1999). The efficiency of recombination in the cochlea was first verified in P8 LysM-Cre:mTmG mice, which showed about 50% recombination of cochlear macrophages labeled with Iba1 (Supplementary Figure 1A). We then crossed LysM-Cre mice with Rosa-DTA mice to specifically and persistently ablate the macrophages. Interestingly, partial ablation of cochlear macrophages did not affect the synaptic density at P12 in the LysM-Cre:Rosa-DTA mice (Supplementary Figure 1B–D). In addition, the auditory functions, including DPOAE thresholds, ABR thresholds, P1 amplitudes, P1 latencies, P2 latencies, and P1-P2 inter-peak latencies were also normal in the adult LysM-Cre:Rosa-DTA mice (Supplementary Figure 1E–J). This result indicates that partial but constitutive ablation of cochlear macrophages did not affect ribbon synapse pruning and auditory function.

To better eliminate the cochlear macrophages in a controlled manner, we then crossed Rosa-DTA with Cx3cr1-CreER-YFP mice, which allows tamoxifen-inducible recombination and expression of DTA in macrophages and microglial cells (Parkhurst et al., 2013). Cx3cr1-dependent YFP labeling was validated by co-immunostaining with Iba1, while DTA-mediated ablation of cochlear macrophages was achieved in Cx3cr1-CreER-YFP:Rosa26-DTA mice by tamoxifen injections (Figures 4A,B). As the cochlear ribbon synapses underwent dynamic regulation from P4 to P10 (Figure 1), we ablated the macrophages at this critical period by daily tamoxifen injections from P4 to P10, followed by synaptic counts at P12 and auditory function tests at P22 (Figure 4C). Similarly, we found that the pruning of ribbon synapses in Cx3cr1-CreER-YFP:Rosa26-DTA mice was also unaffected (Figures 4D–F). As almost all presynaptic ribbons were associated with adjacent postsynaptic Shank1 patches, counts of ribbon puncta (Figure 4E) and co-localized synaptic puncta (Figure 4F) were highly corroborative. DPOAE thresholds, ABR thresholds, and P1 amplitudes were also normal in macrophage-depleted mice (Figures 4G–I). Intriguingly, unlike CR3(−/−) or LysM-Cre:Rosa-DTA mice, complete ablation of macrophages from P4 to P10 resulted in prolonged ABR P1, P2, and P1-P2 inter-peak latencies (Figures 4J–L). This result is consistent with a previous report that cochlear macrophages regulated glial homeostasis, SGN myelination, and nerve conduction (Brown et al., 2017).
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FIGURE 4. Temporary complete elimination of postnatal macrophages did not affect ribbon synapses pruning and auditory function. (A,B) Schematic diagram (A) and confocal images (B) showing conditional elimination of postnatal macrophages in Cx3cr1-CreER-YFP:Rosa26-DTA (macrophage-deficient) cochleae at 16 kHz region. (C,D) Schematic diagram (C) and confocal images (D) showing effects of postnatal macrophage elimination on cochlear ribbon synapses. Presynaptic ribbons and postsynaptic structures on P12 mice at 16 kHz were immunolabeled with CtBP2 (red) and Shank1a (green), respectively. (E,F) Quantitative analyses of IHC synaptic ribbons (E) and putative ribbon synapses (F) in P12 control and macrophage-deficient cochleae. N = 4–6, error bars represent mean ± SEM. (G–L) DPOAE thresholds (G), ABR thresholds (H), ABR P1 amplitudes (I), ABR P1 latencies (J), ABR P2 latencies (K), and ABR P1-P2 inter-peak latencies (L) of P22 control and macrophage-deficient mice. Cx3cr1-CreER-YFP:Rosa26-DTA mice were injected with tamoxifen (TMX) from P4 to P10. Controls mice were either Cx3cr1-CreER-YFP mice injected with TMX or Cx3cr1-CreER-YFP:Rosa26-DTA injected with corn oil. N = 10 (TMX) or 16 (corn oil), error bars represent mean ± SEM. *p < 0.05 and ***p < 0.001 by two-way ANOVA.



In summary, we provide compelling evidence that cochlear macrophages were not required for pruning of the postnatal ribbon synapses.




DISCUSSION

Ribbon synapses play a crucial role in transmitting sound-evoked signals from the sensory hair cells to the SGNs. Degeneration of the ribbon synapses underlies age-related and noise-induced sensorineural hearing loss, a pathology termed cochlear synaptopathy (Wan and Corfas, 2015). Similar to the CNS synapses, cochlear ribbon synapses also underwent postnatal pruning and maturation (Huang et al., 2012; Michanski et al., 2019). Understanding the cellular and molecular basis of ribbon synapse pruning may help identify strategies for regeneration and functional restoration of the cochlear synapses. In this study, we found that the maximal density of cochlear macrophages corresponds well to the completion of ribbon synaptic pruning at P8-P9. Surprisingly, unlike the critical role of microglia in CNS synapse pruning, the cochlear macrophages are not involved in the postnatal pruning of ribbon synapses.

Based on previous reports, functional and structural maturation of ribbon synapses took place at around P6 to P12 in mice (Huang et al., 2012; Michanski et al., 2019). By interrogating the dynamics of ribbon synapses at higher temporal resolution, we found that synaptic pruning proceeds from P4 to P8 and completes at P8-P9. This refined time course provides important temporal information for the identification of potential mechanisms involved in synaptic pruning.

In the CNS, postnatal synaptic pruning was primarily mediated by microglia, the brain-resident macrophages, via activation of the C3 complement system (Schafer et al., 2012; Lui et al., 2016). Since macrophages are also localized to the postnatal and adult cochlea, it has been hypothesized that the macrophages may promote the pruning of postnatal cochlear ribbon synapses in C3 complement-dependent manner (Coate et al., 2019; Warchol, 2019). Indeed, we found that both C3 and CR3 were dynamically expressed in the postnatal cochlea and that the densities of the cochlear macrophages in proximity to the hair cells were highly correlated with the reduction of ribbon synapses, with apparent colocalizations of both processes from macrophages and nerve fibers. Despite such remarkable correlation, deletion of the complement receptor CR3 or elimination of cochlear macrophages did not seem to affect the synaptic density or auditory function, excluding the involvement of macrophages in postnatal ribbon synapse pruning.

In addition to C3, other complement proteins, including C1q, C1ql1, and C4, were also implicated in the pruning of CNS synapses (Stevens et al., 2007; Kakegawa et al., 2015; Sekar et al., 2016). C1q in CNS neurons can be induced by immature astrocytes and also participated in synaptic elimination (Stevens et al., 2007). C1ql1, a member of the C1q family of proteins, was produced by climbing fibers of the motor cerebellum to mediate selective elimination of nerve fibers and synapses (Kakegawa et al., 2015). C4 is a schizophrenia risk gene in humans and also mediates synapse elimination during postnatal development in mice (Sekar et al., 2016). However, the involvements of C1q and C1ql1 in postnatal pruning of cochlear ribbon synapses have been excluded in knockout mouse models (Calton et al., 2014; Qi et al., 2021). While C4 is also expressed in the postnatal cochlea and is induced by Slc26a4 deficiency, whether it plays a role in cochlear synapse pruning remains to be determined (Jabba et al., 2006).

Nevertheless, functional contributions of cochlear macrophages to other aspects of the peripheral auditory system cannot be overlooked. Dendrites of SGNs, similar to ribbon synapses, were also eliminated during postnatal development, likely via sequential retractions of the immature SGN processes (Druckenbrod and Goodrich, 2015). Interestingly, macrophages appeared to play a homeostatic role by engulfing glial cells and the fragments of auditory nerve fibers (Brown et al., 2017), resulting in altered nerve conduction velocities, as we have also observed. Macrophages play even more prominent roles in the cochlea following insults, such as noise exposure or ototoxicity (Warchol, 2019). Immune cells would be recruited to cochleae following acoustic trauma (Tornabene et al., 2006) and bone marrow-derived macrophages would migrate to the spiral ligament, perilymphatic compartment walls, and limbus regions (Tan et al., 2008). Recruitment of the Cx3cr1-expressing macrophages to the cochleae was likely mediated by the fractalkine signaling (Kaur et al., 2015; Sun et al., 2015; Yang et al., 2015; Mizushima et al., 2017), although Sato et al. (2010) reported that the absence of Cx3cr1 would lead to more macrophages migrating to the cochleae after kanamycin exposure.

The precise roles of macrophages in the injured cochleae are two folds. When cochleae were exposed to ototoxic drugs or noise stimulation, macrophages would induce hair cell loss and impair auditory function (Sato et al., 2010; Sun et al., 2015; Yang et al., 2015; Mizushima et al., 2017). However, it appears that the cochlear resident macrophages also could protect hair cells from the damaging effects of the infiltrating immune cells (Wood and Zuo, 2017). Furthermore, macrophages could promote SGN survival after selective hair cell lesion (Kaur et al., 2015, 2018). Most importantly, expression of Cx3cr1 in macrophages was required for spontaneous recovery of ribbon synapses after moderate noise trauma in C57BL/6 mice (Kaur et al., 2019). It is now evident that macrophages may play distinct and context-dependent roles in cochlear pathophysiology. Our data suggest that cochlear macrophages are not required for postnatal pruning of ribbon synapses; whether and how these macrophages are involved in myelination, neuronal activity and other aspects of cochlear plasticity remains to be determined.

While the cellular basis of postnatal cochlear ribbon synapses remains elusive, a couple of signaling pathways were reported to affect ribbon synaptic plasticity. For example, in the postnatal cochlea, Neurotrophin-3 (Ntf3) was required for the formation and maintenance of ribbon synapses. Ntf3 derived from supporting cells also promoted ribbon synapse regeneration after acoustic trauma (Wan et al., 2014; Wan and Corfas, 2015). In addition, thyroid hormone was necessary for synaptic pruning and maturation, while dispensable for synapse formation (Sendin et al., 2007; Ng et al., 2013; Delacroix and Malgrange, 2015; Sundaresan et al., 2016). As thyroid hormone receptor α was expressed in both SGNs and IHCs in rats (Lautermann and Ten Cate, 1997), it is possible that thyroid hormone could mediate ribbon synaptic pruning by directly regulating genes expressions in hair cells and SGNs. In the absence of thyroid hormone signaling, the number of morphologically immature synapses was increased. Such defect was associated with impairment of IHC differentiation, which prevented upregulation of the BK potassium channels required to cease the prehearing spontaneous activity (Delacroix and Malgrange, 2015; Sundaresan et al., 2016). However, whether these signaling pathways play deterministic roles in structural and functional maturation of the cochlear ribbon synapses remains to be investigated.
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SUPPLEMENTARY FIGURE 1 | Persistent partial elimination of macrophages did not affect ribbon synapses pruning and auditory function. (A) A subset of cochlear macrophages was labeled by crossing LysM-Cre with mTmG mice. mGFP (green), Iba1 (red). (B) Representative confocal images of P12 LysM-Cre control and LysM-Cre:Rosa26-DTA cochlear ribbon synapses at 16 kHz. (C,D) Quantitative analyses of IHC synaptic ribbons (C) and putative ribbon synapses (D) in P12 LysM-Cre control and LysM-Cre:Rosa26-DTA cochleae. N = 4–6, error bars represent mean ± SEM. (E–J) DPOAE thresholds (E), ABR thresholds (F), ABR P1 amplitudes (G), ABR P1 latencies (H), ABR P2 latencies (I), and ABR P1-P2 inter-peak latencies (J) of P22 LysM-Cre control and LysM-Cre:Rosa26-DTA mice. N = 10 (LysM-Cre:Rosa26-DTA) or 12 (LysM-Cre control), error bars represent mean ± SEM.



REFERENCES

Barclay, M., Ryan, A. F., and Housley, G. D. (2011). Type I vs. type II spiral ganglion neurons exhibit differential survival and neuritogenesis during cochlear development. Neural. Dev. 6:33. doi: 10.1186/1749-8104-6-33

Bohlson, S. S., O’conner, S. D., Hulsebus, H. J., Ho, M. M., and Fraser, D. A. (2014). Complement, c1q and c1q-related molecules regulate macrophage polarization. Front. Immunol. 5:402. doi: 10.3389/fimmu.2014.00402

Brandt, A., Khimich, D., and Moser, T. (2005). Few CaV1.3 channels regulate the exocytosis of a synaptic vesicle at the hair cell ribbon synapse. J. Neurosci. 25, 11577–11585. doi: 10.1523/JNEUROSCI.3411-05.2005

Brown, L. N., Xing, Y., Noble, K. V., Barth, J. L., Panganiban, C. H., Smythe, N. M., et al. (2017). Macrophage-mediated glial cell elimination in the postnatal mouse cochlea. Front. Mol. Neurosci. 10:407. doi: 10.3389/fnmol.2017.00407

Calton, M. A., Lee, D., Sundaresan, S., Mendus, D., Leu, R., Wangsawihardja, F., et al. (2014). A lack of immune system genes causes loss in high frequency hearing but does not disrupt cochlear synapse maturation in mice. PLoS One 9:e94549. doi: 10.1371/journal.pone.0094549

Clausen, B. E., Burkhardt, C., Reith, W., Renkawitz, R., and Forster, I. (1999). Conditional gene targeting in macrophages and granulocytes using lysMcre mice. Transgenic. Res. 8, 265–277. doi: 10.1023/a:1008942828960

Coate, T. M., Scott, M. K., and Gurjar, M. (2019). Current concepts in cochlear ribbon synapse formation. Synapse 73:e22087. doi: 10.1002/syn.22087

Delacroix, L., and Malgrange, B. (2015). Cochlear afferent innervation development. Hear. Res. 330, 157–169. doi: 10.1016/j.heares.2015.07.015

Dong, Y., Zhang, C., Frye, M., Yang, W., Ding, D., Sharma, A., et al. (2018). Differential fates of tissue macrophages in the cochlea during postnatal development. Hear. Res. 365, 110–126. doi: 10.1016/j.heares.2018.05.010

Druckenbrod, N. R., and Goodrich, L. V. (2015). Sequential retraction segregates SGN processes during target selection in the cochlea. J. Neurosci. 35, 16221–16235. doi: 10.1523/JNEUROSCI.2236-15.2015

Frank, T., Rutherford, M. A., Strenzke, N., Neef, A., Pangršič, T., Khimich, D., et al. (2010). Bassoon and the synaptic ribbon organize Ca2+ channels and vesicles to add release sites and promote refilling. Neuron 68:1202. doi: 10.1016/j.neuron.2010.10.027

Huang, L. C., Barclay, M., Lee, K., Peter, S., Housley, G. D., Thorne, P. R., et al. (2012). Synaptic profiles during neurite extension, refinement and retraction in the developing cochlea. Neural. Dev. 7:38. doi: 10.1186/1749-8104-7-38

Jabba, S. V., Oelke, A., Singh, R., Maganti, R. J., Fleming, S., Wall, S. M., et al. (2006). Macrophage invasion contributes to degeneration of stria vascularis in Pendred syndrome mouse model. BMC Med. 4:37. doi: 10.1186/1741-7015-4-37

Kakegawa, W., Mitakidis, N., Miura, E., Abe, M., Matsuda, K., Takeo, Y. H., et al. (2015). Anterograde C1ql1 signaling is required in order to determine and maintain a single-winner climbing fiber in the mouse cerebellum. Neuron 85, 316–329. doi: 10.1016/j.neuron.2014.12.020

Kaur, T., Clayman, A. C., Nash, A. J., Schrader, A. D., Warchol, M. E., and Ohlemiller, K.K. (2019). Lack of fractalkine receptor on macrophages impairs spontaneous recovery of ribbon synapses after moderate noise trauma in C57BL/6 mice. Front. Neurosci. 13:620. doi: 10.3389/fnins.2019.00620

Kaur, T., Ohlemiller, K. K., and Warchol, M. E. (2018). Genetic disruption of fractalkine signaling leads to enhanced loss of cochlear afferents following ototoxic or acoustic injury. J. Comp. Neurol. 526, 824–835. doi: 10.1016/j.jaccao.2021.05.006

Kaur, T., Zamani, D., Tong, L., Rubel, E. W., Ohlemiller, K. K., Hirose, K., et al. (2015). Fractalkine signaling regulates macrophage recruitment into the cochlea and promotes the survival of spiral ganglion neurons after selective hair cell lesion. J. Neurosci. 35, 15050–15061. doi: 10.1523/JNEUROSCI.2325-15.2015

Kishimoto, I., Okano, T., Nishimura, K., Motohashi, T., and Omori, K. (2019). Early development of resident macrophages in the mouse cochlea depends on yolk sac hematopoiesis. Front. Neurol. 10:1115. doi: 10.3389/fneur.2019.01115

Lautermann, J., and Ten Cate, W.-J. F. (1997). Postnatal expression of the α-thyroid hormone receptor in the rat cochlea. Hear. Res. 107, 23–28. doi: 10.1016/s0378-5955(97)00014-2

Lui, H., Zhang, J., Makinson, S. R., Cahill, M. K., Kelley, K. W., Huang, H. Y., et al. (2016). Progranulin deficiency promotes circuit-specific synaptic pruning by microglia via complement activation. Cell 165, 921–935. doi: 10.1016/j.cell.2016.04.001

Michanski, S., Smaluch, K., Steyer, A. M., Chakrabarti, R., Setz, C., Oestreicher, D., et al. (2019). Mapping developmental maturation of inner hair cell ribbon synapses in the apical mouse cochlea. Proc. Natl. Acad. Sci. 116, 6415–6424. doi: 10.1073/pnas.1812029116

Mizushima, Y., Fujimoto, C., Kashio, A., Kondo, K., and Yamasoba, T. (2017). Macrophage recruitment, but not interleukin 1 beta activation, enhances noise-induced hearing damage. Biochem. Biophys. Res. Commun. 493, 894–900. doi: 10.1016/j.bbrc.2017.09.124

Ng, L., Kelley, M. W., and Forrest, D. (2013). Making sense with thyroid hormone–the role of T(3) in auditory development. Nat. Rev. Endocrinol. 9, 296–307. doi: 10.1038/nrendo.2013.58

Parkhurst, C. N., Yang, G., Ninan, I., Savas, J. N., Yates, J. R., 3rd, Lafaille, J. J., et al. (2013). Microglia promote learning-dependent synapse formation through brain-derived neurotrophic factor. Cell 155, 1596–1609. doi: 10.1016/j.cell.2013.11.030

Qi, Y., Xiong, W., Yu, S., Du, Z., Qu, T., He, L., et al. (2021). Deletion of C1ql1 causes hearing loss and abnormal auditory nerve fibers in the mouse cochlea. Front. Cell Neurosci. 15:713651. doi: 10.3389/fncel.2021.713651

Rai, V., Wood, M. B., Feng, H., Schabla, N. M., Tu, S., and Zuo, J. (2020). The immune response after noise damage in the cochlea is characterized by a heterogeneous mix of adaptive and innate immune cells. Sci. Rep. 10:15167. doi: 10.1038/s41598-020-72181-6

Safieddine, S., El-Amraoui, A., and Petit, C. (2012). The auditory hair cell ribbon synapse: from assembly to function. Annu. Rev. Neurosci. 35, 509–528. doi: 10.1146/annurev-neuro-061010-113705

Sato, E., Shick, H. E., Ransohoff, R. M., and Hirose, K. (2010). Expression of fractalkine receptor CX3CR1 on cochlear macrophages influences survival of hair cells following ototoxic injury. J. Assoc. Res. Otolaryngol. 11, 223–234. doi: 10.1007/s10162-009-0198-3

Schafer, D. P., Lehrman, E. K., Kautzman, A. G., Koyama, R., Mardinly, A. R., Yamasaki, R., et al. (2012). Microglia sculpt postnatal neural circuits in an activity and complement-dependent manner. Neuron 74, 691–705. doi: 10.1016/j.neuron.2012.03.026

Sekar, A., Bialas, A. R., De Rivera, H., Davis, A., Hammond, T. R., Kamitaki, N., et al. (2016). Schizophrenia risk from complex variation of complement component 4. Nature 530, 177–183. doi: 10.1038/nature16549

Sendin, G., Bulankina, A. V., Riedel, D., and Moser, T. (2007). Maturation of ribbon synapses in hair cells is driven by thyroid hormone. J. Neurosci. 27, 3163–3173. doi: 10.1523/JNEUROSCI.3974-06.2007

Shi, X. (2010). Resident macrophages in the cochlear blood-labyrinth barrier and their renewal via migration of bone-marrow-derived cells. Cell Tissue Res. 342, 21–30. doi: 10.1007/s00441-010-1040-2

Stevens, B., Allen, N. J., Vazquez, L. E., Howell, G. R., Christopherson, K. S., Nouri, N., et al. (2007). The classical complement cascade mediates CNS synapse elimination. Cell 131, 1164–1178. doi: 10.1016/j.cell.2007.10.036

Sun, S., Yu, H., Yu, H., Honglin, M., Ni, W., Zhang, Y., et al. (2015). Inhibition of the activation and recruitment of microglia-like cells protects against neomycin-induced ototoxicity. Mol. Neurobiol. 51, 252–267. doi: 10.1007/s12035-014-8712-y

Sundaresan, S., Balasubbu, S., and Mustapha, M. (2016). Thyroid hormone is required for the pruning of afferent type II spiral ganglion neurons in the mouse cochlea. Neuroscience 312, 165–178. doi: 10.1016/j.neuroscience.2015.11.020

Tan, B. T., Lee, M. M., and Ruan, R. (2008). Bone-marrow-derived cells that home to acoustic deafened cochlea preserved their hematopoietic identity. J. Comp. Neurol. 509, 167–179. doi: 10.1002/cne.21729

Tornabene, S. V., Sato, K., Pham, L., Billings, P., and Keithley, E. M. (2006). Immune cell recruitment following acoustic trauma. Hear. Res. 222, 115–124. doi: 10.1016/j.heares.2006.09.004

Wan, G., and Corfas, G. (2015). No longer falling on deaf ears: mechanisms of degeneration and regeneration of cochlear ribbon synapses. Hear. Res. 329, 1–10. doi: 10.1016/j.heares.2015.04.008

Wan, G., and Corfas, G. (2017). Transient auditory nerve demyelination as a new mechanism for hidden hearing loss. Nat. Commun. 8:14487. doi: 10.1038/ncomms14487

Wan, G., Gomez-Casati, M. E., Gigliello, A. R., Liberman, M. C., and Corfas, G. (2014). Neurotrophin-3 regulates ribbon synapse density in the cochlea and induces synapse regeneration after acoustic trauma. eLife 3:e03564. doi: 10.7554/eLife.03564

Warchol, M. E. (2019). Interactions between macrophages and the sensory cells of the inner ear. Cold Spring Harb. Perspect. Med. 9:a033555. doi: 10.1101/cshperspect.a033555

Wood, M. B., and Zuo, J. (2017). The contribution of immune infiltrates to ototoxicity and cochlear hair cell loss. Front. Cell Neurosci. 11:106. doi: 10.3389/fncel.2017.00106

Yang, W., Vethanayagam, R. R., Dong, Y., Cai, Q., and Hu, B. H. (2015). Activation of the antigen presentation function of mononuclear phagocyte populations associated with the basilar membrane of the cochlea after acoustic overstimulation. Neuroscience 303, 1–15. doi: 10.1016/j.neuroscience.2015.05.081

Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Publisher’s Note: All claims expressed in this article are solely those of the authors and do not necessarily represent those of their affiliated organizations, or those of the publisher, the editors and the reviewers. Any product that may be evaluated in this article, or claim that may be made by its manufacturer, is not guaranteed or endorsed by the publisher.

Copyright © 2021 Yu, Gao and Wan. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.












	 
	ORIGINAL RESEARCH
published: 17 December 2021
doi: 10.3389/fncel.2021.733004





[image: image]

Physiopathological Relevance of D-Serine in the Mammalian Cochlea

Jing Wang1,2, Nicolas Serratrice1, Cindy J. Lee3, Florence François1, Jonathan V. Sweedler3, Jean-Luc Puel1†, Jean-Pierre Mothet4† and Jérôme Ruel1,5*

1Institute for Neurosciences of Montpellier (INM), University Montpellier, Institut National de la Santé et de la Recherche Médicale (INSERM), Montpellier, France

2ENT Department, Hospital and University of Montpellier, Montpellier, France

3Department of Chemistry, Beckman Institute, University of Illinois at Urbana-Champaign, Urbana, IL, United States

4Laboratoire LuMin, Biophotonics and Synapse Physiopathology Team, Université Paris-Saclay, Centre National de la Recherche Scientifique (CNRS), ENS Paris Saclay, Centrale Supélec, Gif-sur-Yvette, France

5Aix-Marseille Université, Centre National de la Recherche Scientifique (CNRS), Laboratoire de Neurosciences Cognitives, Marseille, France

Edited by:
Tejbeer Kaur, Creighton University, United States

Reviewed by:
Mark A. Rutherford, Washington University in St. Louis, United States
Tina Pangrsic, University Medical Center Göttingen, Germany

*Correspondence: Jérôme Ruel, jerome.ruel@univ-amu.fr

†These authors have contributed equally to this work

Specialty section: This article was submitted to Cellular Neurophysiology, a section of the journal Frontiers in Cellular Neuroscience

Received: 29 June 2021
Accepted: 29 November 2021
Published: 17 December 2021

Citation: Wang J, Serratrice N, Lee CJ, François F, Sweedler JV, Puel J-L, Mothet J-P and Ruel J (2021) Physiopathological Relevance of D-Serine in the Mammalian Cochlea. Front. Cell. Neurosci. 15:733004. doi: 10.3389/fncel.2021.733004

NMDA receptors (NMDARs) populate the complex between inner hair cell (IHC) and spiral ganglion neurons (SGNs) in the developing and mature cochlea. However, in the mature cochlea, activation of NMDARs is thought to mainly occur under pathological conditions such as excitotoxicity. Ototoxic drugs such as aspirin enable cochlear arachidonic-acid-sensitive NMDAR responses, and induced chronic tinnitus was blocked by local application of NMDAR antagonists into the cochlear fluids. We largely ignore if other modulators are also engaged. In the brain, D-serine is the primary physiological co-agonist of synaptic NMDARs. Whether D-serine plays a role in the cochlea had remained unexplored. We now reveal the presence of D-serine and its metabolic enzymes prior to, and at hearing onset, in the sensory and non-neuronal cells of the cochlea of several vertebrate species. In vivo intracochlear perfusion of D-serine in guinea pigs reduces sound-evoked activity of auditory nerve fibers without affecting the receptor potentials, suggesting that D-serine acts specifically on the postsynaptic auditory neurons without altering the functional state of IHC or of the stria vascularis. Indeed, we demonstrate in vitro that agonist-induced activation of NMDARs produces robust calcium responses in rat SGN somata only in the presence of D-serine, but not of glycine. Surprisingly, genetic deletion in mice of serine racemase (SR), the enzyme that catalyzes D-serine, does not affect hearing function, but offers protection against noise-induced permanent hearing loss as measured 3 months after exposure. However, the mechanisms of activation of NMDA receptors in newborn rats may be different from those in adult guinea pigs. Taken together, these results demonstrate for the first time that the neuro-messenger D-serine has a pivotal role in the cochlea by promoting the activation of silent cochlear NMDAR in pathological situations. Thus, D-serine and its signaling pathway may represent a new druggable target for treating sensorineural hearing disorders (i.e., hearing loss, tinnitus).

Keywords: NMDA receptors, cochlea, acoustic trauma, neuroprotection, d-serine


INTRODUCTION

N-methyl D-aspartate receptors (NMDARs) are major excitatory ligand-gated ion channels in the central nervous system (CNS), and are critical mediators for synaptic plasticity, learning, and memory. Native GluN1-GluN2 containing NMDAR are tetraheteromeric assemblies (Paoletti et al., 2013) whose activation require the binding of both L-glutamate and a co-agonist (Paoletti et al., 2013; Hansen et al., 2018). Although glycine was first proposed to serve as the coagonist of NMDARs (Johnson and Ascher, 1987; Forsythe et al., 1988; Kleckner and Dingledine, 1988) further evidence indicated that at many central excitatory synapses within different brain areas, the amino acid D-serine is the primary endogenous co-agonist of NMDARs (Mothet et al., 2000). Therefore, both D-serine and glycine can support NMDAR-dependent long-term changes in synaptic plasticity and cognitive processes (Le et al., 2013; Neame et al., 2019). Synthesis of D-serine is carried out by serine racemase (SR), an enzyme that converts L- into D-serine (Wolosker et al., 1999; Wolosker, 2018), while D-amino acid oxidase (DAAO), a peroxysomal enzyme, degrades D-serine (Pollegioni et al., 2018; Wolosker, 2018).

In striking contrast to the retina, where the role of D-serine has garnered extensive attention (Stevens et al., 2003; Dun et al., 2008; Kalbaugh et al., 2009; Sullivan et al., 2011), the functions of D-serine in other sensory organs remain enigmatic. The cochlea of the inner ear, however, is the primary structure for sound perception that conveys sound information to the brain and may provide an interesting model to examine the relative roles of D-serine and glycine. The cochlea houses the organ of Corti, which is made up of both supporting cells and mechanosensory hair cells whose primary function is the transduction of auditory signals to the central nervous system via chemical synapses on dendrites of spiral ganglion neurons. Indeed, the cochlear sensory inner hair cells (IHCs) use L-glutamate as a primary neurotransmitter to afferent type I auditory spiral ganglion neurons (SGNs) and use L-glutamate as a primary neurotransmitter for transforming acoustic information into electrical signals (Puel, 1995; Glowatzki et al., 2008; Fettiplace, 2020; Moser et al., 2020). SGNs express a variety of glutamate receptors types, including the NMDARs (Ruel et al., 2008; Zhang-Hooks et al., 2016), kainate (Fujikawa et al., 2014), and metabotropic receptors (Klotz et al., 2019), although fast glutamatergic neurotransmission is mainly conveyed by postsynaptic α-amino-3-hydroxy-5-methylisoxazole-4-propionic acid (AMPA) receptors (Ruel et al., 1999, 2000; Glowatzki and Fuchs, 2002; Sebe et al., 2017). Under physiological conditions, NMDARs are not functional at mature IHC-SGN synapses (Ruel et al., 1999; Glowatzki and Fuchs, 2002), despite the suggestions that they regulate surface expression of AMPARs (Chen et al., 2007; Sanchez et al., 2015), and that they participate in glutamatergic synaptic transmission in the developing cochlea by promoting spontaneous activity and survival of SGNs (Zhang-Hooks et al., 2016).

Conversely, NMDARs may be activated under pathological conditions such as drug- or sound-induced ototoxicity. Indeed, studies show that NMDARs promote neosynaptogenesis and cochlear ribbon synapse rearrangement at SGN dendritic terminals, enabling partial restoration of hearing after acute injury (D’Aldin et al., 1997). They are also involved in the genesis of salicylate-induced tinnitus (Guitton et al., 2003; Ruel et al., 2008). The evidence that NMDA receptors are activated after acoustic trauma comes from previous experiments conducted using the behavioral model of peripheral tinnitus in rats (Guitton et al., 2004). In addition, the therapeutic potential of cochlear NMDARs was tested in a randomized, double-blind clinical trial using an intratympanic injection of an NMDAR antagonist, on cochlear tinnitus caused by acute acoustic trauma (Van De Heyning et al., 2014).

However, the molecular mechanisms behind the pathological activation of NMDAR in the mature cochlea are not well understood. Activation of the NMDARs at the IHC-SGN ribbon synapse is thought to be primarily promoted by synaptic glutamate released from IHC (Zhang-Hooks et al., 2016), but whether a co-agonist such as D-serine or glycine may contribute or not remains unknown.

In the present study, we aimed to explore the functions of D-serine as an endogenous modulator of cochlear NMDARs, using several vertebrate species as models, and to characterize the potential mechanisms of action by which D-serine modulates cochlear neurotransmission. By combining analytical chemistry, molecular biology, immunocytochemistry, cochlea ultrastructural evaluation, in vivo electrophysiology, and calcium imaging, we demonstrate the presence of D-serine in the cochlea. We show that this unconventional amino acid plays a central role in the activation of silent cochlear NMDARs and that genetic deletion of D-serine, as occurring in serine racemase null-mutant mice, provides protection against noise-induced long term damage. Together, our results provide a new molecular mechanism for future therapeutic modulation of NMDARs, aiming at treating abnormal activation of NMDAR-induced hearing loss and tinnitus in humans.



MATERIALS AND METHODS


Animals and Ethics Statements

Experiments were carried-out on three rodent species: mice, rats, and guinea pigs. Male serine racemase knockout (Ser–/–) mice and their heterozygous (Ser+/–) and wild-type (Ser+/+) littermates in the isogenic C57BL/6J genetic background were bred at the AnimEX facility (Université Paris-Saclay) and were 2 months old at the time of the experiments. Male adult Wistar rats and C57BL/6J mice were purchased from Janvier Laboratories (Le Genest Saint Isle, France) and used when 2 months old. One- to two-month-old tricolor adult guinea pigs were obtained from Charles River (L’Arbresle, France). Animals were housed on a 12 h light/dark cycle and were provided food and water ad libitum. The animals were bred in pathogen-free animal care facilities accredited by the French Ministry of Agriculture and Forestry (INM: C-34-172-36; December 19, 2014; AnimEX: C92-019-01). Experiments were conducted in accordance with European and French directives on animal experimentation and with local ethical committee approval (agreements C75-05-18 and 01476.02, license #6711).



In vivo Perilymphatic Perfusion Technique

Adult pigmented guinea pigs, free of middle-ear infection, were anesthetized with urethane (1.4 g/kg i.p; Sanofi, France) and ventilated during the experiment. Supplemental doses (0.35 g/kg, i.p) were administered every 2 h, or more often if the animal withdrew its paw in response to deep pressure. A tracheotomy was performed, the electrocardiogram was monitored, and the core temperature was regulated at 38 ± 1°C by a regulated heating blanket. The pinna and external auditory meatus were resected to ensure good close-field acoustic stimulation.

The method used to monitor the effect of multiple perilymphatic perfusions on sound-evoked potentials has been extensively described previously (Puel, 1995). The cochlea was exposed ventrally, and two holes (0.2 mm in diameter) were gently drilled in the scala vestibuli and scala tympani of the basal turn of the cochlea. Intracochlear perfusions through the hole in the scala tympani flowed at 2.5 μl/min and exited the cochlea through the hole in the scala vestibuli. All perfusions lasted 10 min. The artificial perilymph solution had the following composition (in mM): 137 NaCl, 5 KCl, 2 CaCl2, 1 MgCl2, 1 NaHCO3, 11 glucose, and 10 HEPES (pH 7.4; 300 mOsm/kg H2O).



Auditory Brainstem Response Recordings

Mice were anesthetized by an intraperitoneal injection of a mixture of Rompun 2% (3 mg/kg) and Zoletyl 50 (40 mg/kg). ABRs were recorded from three subcutaneous needle electrodes placed on the vertex (active), on the pinna of the tested ear, and in the neck muscles (ground) of the mice. The acoustical stimuli delivered at a rate of 10/s were generated by a NI PXI-4461 signal generator (National Instruments) and consisted of 10 ms tone-bursts with a 1 ms rise- and fall time. Sound was generated by a JBL 075 loudspeaker (James B. Lansing Sound) positioned at 10 cm from the tested ear in a calibrated free-field condition. Voltage amplification (20,000) was achieved via a Grass P511 differential amplifier, and responses were averaged 1,000 times (Dell Dimensions). Level-amplitude functions of the ABRs were obtained at each frequency tested (2, 4, 6.3, 8, 10, 12.5, 16, 20, 24, and 32 kHz) by varying the level of the tone bursts from 0 to 100 dB SPL, in 5 dB incremental steps. The ABR thresholds were defined as the minimum sound level necessary to elicit a well-defined and reproducible wave II.



Compound Action Potential of the Auditory Nerve Recordings

CAP was elicited in adult pigmented guinea pigs using tone bursts generated by an arbitrary function generator (type 9100R; LeCroy Corporation) with a 1 ms rise/fall time and a 9 ms total duration. The signals were passed through a programmable attenuator and presented to the ear in the free field via a JBL 075 earphone. Functional assessment was realized at 8 kHz sound frequency, with increasing levels of 5 dB from 0 to 100 dB sound pressure level (SPL) (reference 2.10–5 Pa). The rate of presentation was 10 bursts per second. Cochlear responses were amplified (gain of 2,000) by a differential amplifier (Grass P511K; Astro-Med), and the signals filtered (bandpass, 100–3 kHz) and averaged (256 repeats) on a Pentium personal computer (Dell Computer Company). The sampling rate of the analog-to-digital converter was 50 kHz, with a dynamic range of 12 bits and 1,024 samples per record. CAPs were measured peak-to-peak between the first negative (N1) and the following positive value (P1). The thresholds were defined as the level needed to elicit a measurable response between 2 and 5 μV.



Distortion Product Otoacoustic Emission Recordings

Distortion Product Otoacoustic Emissions (DPOAEs) were recorded in the external auditory canal using an ER-10C S/N 2528 probe (Etymotic research Inc., Elk Grove Village, IL, United States.). The two primary tones of frequency f1 and f2 were generated with a constant f2/f1 ratio of 1.2, and the distortion product 2f1-f2 processed by a Cubdis system HID 40133DP (Mimosa Acoustics Inc., Champaign, IL, United States). The probe was calibrated for the two stimulating tones before each recording. f1 and f2 were presented simultaneously, sweeping f2 from 20 to 2 kHz in quarter-octave steps. For each frequency, the distortion product 2f1-f2 and the neighboring noise amplitude levels were measured and expressed as a function of f2.



In vitro Calcium Imaging in Spiral Ganglion Neurons

Postnatal 1–4-day old rat pups were decapitated and both inner ears removed from the base of the cranium for further dissociation. After the cochleae were extracted from the outer bony labyrinth, the outer ligament/stria vascularis and organ of Corti were dissected away from the central core of the cochlea that contained the spiral ganglion. The samples were then incubated with an enzymatic solution (collagenase type IV, 0.5 mg/ml and trypsin, 2.5 mg/ml) at 37°C for 1 h, shaken every 10 min. The enzymatic dissociation was stopped by a wash in a solution free of Ca2+ and Mg2+. Spiral ganglia were then dissociated mechanically using a Pasteur pipette whose tip had been flame-polished. The spiral ganglion neurons were centrifuged and then plated onto a poly-ornithine- and laminin-treated glass bottom dish (FluoroDish, World Precision Instrument, Inc., Sarasota, Florida, United States).

Two hours after plating, the spiral ganglion neurons were loaded with 3 μM fura-2 AM in a Locke buffer that had the following composition (in mM): 137NaCl, 3KCl, 2CaCl2, 1MgCl2, 10Glucose, 10Hepes, (pH = 7.35; osmolarity 300-303mOsm/kg H2O) at 37°C for 30 min. Images were acquired with a Cool SNAP CCD camera coupled to an inverted microscope (Axiovert 200; Zeiss). The neurons were illuminated at 340 nm and 380 nm with a monochromator (Lambda DG-4 Diaphot; Sutter Instruments, Burlingame, CA) controlled by the software Metafluor (Universal Imaging Corporation, West Chester, PA). Fura-2 fluorescence images were continuously acquired, giving 4–5 data points per second. The emitted fluorescence images were obtained through a dichroic mirror and an emission filter of 510 nm. After subtraction of the background obtained in a region of interest (ROI) where no neurons were present, the changes in intracellular calcium levels were monitored in neurons defined as ROI. The emission ratio (340/380 nm) was converted into Ca2+ concentrations using the equation developed by Grynkiewicz et al. (1985).



Noise Trauma

SR–/– mice (n = 6) and their corresponding wild-type (n = 6) counterparts aged at 2 months were placed under anesthesia [Rompun 2% (3 mg/kg) and Zoletil 50 (40 mg/kg)] into a small cage. The cage was suspended directly below the horn of the sound-delivery loudspeaker in a small, reverberant chamber. They were then exposed to noise in the 4–8 kHz band at a level of 100 dB SPL for 2 h. The noise was generated by a PCI 4461 generation card (National instruments) controlled by LabVIEW software. The sound level was calibrated before each exposure session using a 1/4-inch microphone (# 46BE, GRAS Sound and Vibration) controlled by a PCI 4461 card and LabVIEW software, ensuring that there was no more than a 1 dB difference between the center and the edge of the cage.



In vitro Measurements of Amino Acid Content in Cochleae

1-month old SR+/+ mice (n = 8) were deeply anesthetized by i.p. injection of sodium pentobarbital (60 mg/kg body weight, Sanofi, Libourne, France), their cochleas were rapidly removed and placed individually in sterile eppendorf tubes in the presence of methanol. Extracted cochlea were then stored at −80°C until analysis. Cochlea were homogenized using a Precellys Evolution bead homogenizer. The supernatants were collected and dried using a Speedvac, and the pellets rinsed with 1,000 μL of purified water. The solution was combined with the original dried supernatant and evaporated to dryness in a Speedvac. All samples were reconstituted in purified water. Protein quantification was performed using the Micro BCA Protein Assay Kit (Thermo Fisher Scientific). The amino acids were pre-column derivatized with Nα-(2,4-Dinitro-5-fluorophenyl)-L-valinamide and analyzed with liquid chromatography coupled to tandem mass spectrometry (LC-MS/MS) to quantify D-serine, L-serine, glycine, and L-glutamate levels. This system used an EVOQ Elite Triple Quadrupole Mass Spectrometer coupled with an Elute UHPLC module (Bruker Daltonics) using a reversed-phase Kinetex phenyl-hexyl HPLC column [2.6 μm particle size, 100 Å pore size, 100 mm (length) × 2.1 mm ID (Phenomenex, Torrance, CA, United States)] with mobile phase A: 25 mM ammonium formate, mobile phase B: methanol, and flow rate 300 μL/min. Each analyte retention time and fragmentation parameter were established from the corresponding standard. The resulting chromatograms were analyzed by Data Reviewer 8 (Bruker Daltonics).



Western-Blot Analysis

Brain and cochleae were homogenized in sample buffer [0.1 M NaCl, 20 Mm Tris, 5 Mm EDTA, 1 Mm PMSF, 1% SDS, with Complete protease inhibitor cocktail (Roche)]. Protein extracts (15 μg/lane) were separated on 10% (vol/vol) SDS-polyacrylamide gel and electro-blotted onto nitrocellulose membranes (0.45 μm, Thermo Fisher Scientific). Blots were incubated overnight at 4°C with goat polyclonal antibody against a peptide mapping the C-terminus of mouse SR (1/2,000, Santa Cruz Biotechnology, United States), or a rabbit polyclonal antibody against porcine kidney DAAO (1/1,000, Nordic Immunological Laboratories, The Netherlands). β-actin (1/10,000, Sigma-Aldrich) served as a loading control. The secondary antibodies used were horseradish peroxidase-conjugated donkey anti-goat IgG antibodies (1/3,000, Jackson ImmunoResearch Laboratories, United States) or donkey anti-rabbit IgG antibodies (1/3,000, Jackson ImmunoResearch Laboratories, United States). Immunodetection was accomplished by enhanced chemiluminescence (ECL) using the WesternBright Sirius femtogram-detection reagent (advansta). Molecular sizes were estimated by separating pre-stained molecular weight markers (10–260 kDa) in parallel (Fisher Scientific). Digital images of the chemiluminescent blots were captured using the chemidoc system (Biorad) with the Labimage acquisition software. To ascertain the expression of SR and DAAO in the cochlea, as a positive control, we used brain tissues known to express high levels of SR and DAAO (Verrall et al., 2007). Demonstration of the specificity of the polyclonal anti-SR antibody was achieved by using protein brain extracts from SR–/– and WT (SR+/+) control mice (Supplementary Figure 2). Western-blot analysis required 12 cochleae per species. All experiments were performed in triplicate. All results were normalized by β-actin expression.



Immunostains

Adult rat cochleae were prepared according to a standard protocol for fixation and embedding (Dememes et al., 2006). Cochlear slices of 60–80 μm were obtained using a vibratome and collected in ice-cold 0.1 M phosphate buffered saline (PBS). Adult mouse cochlear cryostat sections were prepared (Ladrech et al., 2004), and immunofluorescence procedures carried out as previously described (Dememes et al., 2006). After pre-incubation in the blocking buffer containing 10% normal donkey serum and 0.3% Triton X-100, sections were incubated at 4°C overnight with the primary antibodies including a rabbit polyclonal antibody raised against D-serine cross-linked to BSA with glutaraldehyde (GemacBio, Cenon, France) and diluted in PBS at 1/1,000 for D-serine, goat polyclonal antibody raised against the C-terminal part of the mouse SR (Santa Cruz Biotechnology, United States) diluted at 1/200, or a rabbit polyclonal antibody against porcine kidney DAAO (Nordic Immunological Laboratories, The Netherlands) diluted at 1/500. Anti-Vglut3 (Synapic Systems, #135204, RRID:AB_2619825) diluted at 1/500 and anti-neurofilament (NF 200, Sigma-Aldrich #N0142 RRID:AB-477257) diluted at 1/600 were used to identify the inner hair cells and spiral ganglion neurons, respectively. Rhodamine-conjugated phalloidin (1:1,000, Sigma) was used to label actin. After three PBS rinses, the cochleae were then incubated for 2 h at room temperature in PBS containing the secondary antibodies (Jackson ImmunoResearch Laboratories, PA, United States) diluted at 1/100 in PBS, as follows: Fluorescein isothiocyanate (FITC)-conjugated donkey anti-goat IgGs or FITC-conjugated donkey anti-rabbit IgGs and rhodamine-conjugated phalloidin (1/100 dilution; R-415, Molecular Probes) to double label for actin. DAPI (0.002% wt:vol, Sigma, Missouri, United States) was used to stain DNA. Fluorescence was acquired sequentially using a confocal microscope (LSM 5 Live Duo, Zeiss) with a 40x oil-objective, except for Figures 1E,H that were observed with a 10x-objective. Z stacks of optical sections were then projected onto a single plane using ImageJ and imported into Adobe Photoshop for adjustment of contrast and brightness. These optical sections were 0.25–0.5 μm thick, so that the reconstructed image roughly corresponded to a section thickness of 2.5–3 μm. In control specimens without primary antibodies, no FITC fluorescence signal was observed (Supplementary Figure 1). Immunocytochemistry analysis required 4 animals per species. All experiments were performed in triplicate.
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FIGURE 1. Expression and localization of D-serine, SR and DAAO in mouse, rat and guinea-pig cochleae. (A–F) Confocal images showing the cryostat transversal sections of the basal region of the cochleae from C57BL/6J (A,B), Ser +/+ (C,D) and Ser –/– (E,F) mice. The sections were immunolabeled for D-serine (green in A,B) or serine racemase (SR, green in C–F), Vglut3 (red in C,E) and NF 200 (red in D,F) to identify the inner hair cells and spiral ganglion neurons, respectively, rhodamine-phalloidin to identify actin (red in A,C,E) and counterstained with DAPI to stain the nuclei (blue). (G–K) Confocal images showing the vibratome transversal sections of the basal region of adult rat organ of Corti immunolabeled for D-serine (G–I), SR (J) and DAAO (K). Scale bars: (A,H,I) = 10 μm, (BG) = 20 μm. (L–N) Representative western blot analysis using antibodies against SR, DAAO, and β-actin in whole cochlear extracts from P0 to P20 rat cochlea and brain (L), adult mouse, and guinea-pig cochlea and brain (M,N). IHCs, inner hair cells; OHCs, outer hair cells; DCs, Deiters cells; Hcs, Hensen’ cells; Rm, Reissner’s membrane; tm, tectorial membrane; sv, stria vascularis; sl, spiral ligament; I, inner hair cell; SCs, supporting cells; sg, spiral ganglion; n, neuron.




Transmission Electron Microscopy Analysis of the Organ of Corti

At the end of the in vivo electrophysiological session, cochleae were fixed by intracochlear perfusion of 3.5% glutaraldehyde in phosphate buffer (0.1 M, pH 7.4) through the perilymph compartment for 20 min, then removed and immersed in the same fixative overnight. The next day, fixed cochleae were rinsed in phosphate buffer and post-fixed in a 2% osmic acid solution for 1 h. After two rinses in phosphate buffer, the cochleae were dehydrated in a graded series of ethanol (30–100%), then in propylene oxide, and embedded in Epon resin at 60°C overnight. After trimming the cochleae to separate the different coils and to select samples of various positions along the organ of Corti (from base to apex), thin transverse sections (70–100 nm) were cut using a Leica-Reichert Ultracut E, counterstained with uranyl acetate and lead citrate, and observed using a transmission electron microscope (Hitachi 100) (n = 4 cochleae).



Drugs

All chemicals and drugs were purchased from Sigma Chemical Company, except for AMPA, which was purchased from RBI and GYKI 53784 (LY303070) which was a generous gift of Margaret H. Niedenthal. Stock solutions were made and stored at -20°c before use, and final concentrations of the drug vehicle for GYKI in the bathing solution was kept at 0.4%.



Statistics

Data were analyzed using MATLAB software. All values are expressed as means ± the standard error of mean (S.E.M) and were compared by the two-tailed Mann-Whitney Wilcoxon test or Student’s t-test. Significance was assessed at P < 0.05. Symbols used are as follows: *P < 0.05, **P < 0.01, and ***P < 0.001.




RESULTS


D-Serine Is Present and Metabolized by the Cochlear Cells

We first investigated whether D-serine is present in mouse cochlear tissues. Liquid chromatography coupled to tandem mass spectrometry (LC-MS/MS) analysis revealed its presence, along with L-serine, glycine, and L-glutamate. Representative chromatograms of D-serine and L-serine in cochlear samples and the standard are shown in Figures 2A,B. Quantification analyses indicated that the level of D-serine (0.68 ± 0.09 pmol/μg protein; n = 8) represented ∼2.3% of L-serine (30.00 ± 5.00 pmol/μg protein; n = 8). Levels of cochlear glycine (31.00 ± 4.00 pmol/μg protein; n = 8) were ∼45 times higher than D-serine, while L-glutamate (89.00 ± 14 pmol/μg protein; n = 7) was by far the most abundant amino acid in the mouse cochlea. These results demonstrated that D-serine is present in the adult mouse cochlea at a relatively low level compared to L-serine, glycine, or glutamate (Figure 2C).
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FIGURE 2. D-serine content in adult mouse cochleae. (A,B) Liquid chromatography coupled to tandem mass spectrometry analysis of D-serine content in adult mouse cochlea. Representative LC-MS/MS chromatograms of L- and D-serine in mouse cochlea sample (A) and standard (B) acquired using LC-MS operating in multiple reaction monitoring (MRM) mode. Quantifier (384.3→162 m/z) and qualifier (384.3→321.7 m/z) transitions are denoted by solid black and dashed red lines, respectively. (C) Summary of quantification of D-serine, L-serine, glycine, and L-glutamate expressed in pmol/μg total cochlear protein. All values are expressed as means ± standard error (S.E), (n) number of cochlear specimens.


We next examined the cellular distribution of D-serine in the mouse cochleae. We foresaw two possible scenarios. Either D-serine present in some cochlear cells could reflect the site of synthesis, or its presence would correspond to D-serine originating from peripheral sources and taken up by specific cells to be further degraded. In the brain, D-serine is synthetized from L-serine by SR (Wolosker et al., 1999). Intense D-serine immunoreactivity was mainly observed in the cytoplasm of the sensory inner and outer hair cells and their supporting cells (Figure 1A), and of some cells located in the spiral ganglion region (Figure 1B). Serine racemase (SR) immunoreactivity was also pronounced in the cytoplasm of the same types of cochlear cells: i.e., sensory inner and outer hair cells and spiral ganglion neurons, and to a lesser extent, supporting cells of the organ of Corti (Figures 1C,D) of Ser+/+ mouse cochleae, but not Ser–/– (Figures 1E,F). These results therefore confirmed the specificity of the polyclonal anti-SR antibody. In rat cochleae, D-serine immunoreactivity was concentrated in IHCs and their supporting cells, and in the supporting cells surrounding the outer hair cells (OHCs) (Figures 1G,H). D-serine was homogeneously distributed in the cytoplasm of most cells, but not in the sensory OHCs (Figures 1H,I). In addition, the immunoreactivities of SR and D-amino acid oxidase (DAAO), the enzyme involved in the degradation of D-serine (Puyal et al., 2006; Pollegioni et al., 2018) were also concentrated in IHCs (Figures 1J,K).

Western-blot analyses revealed the presence of SR in homogenates of rat cochleae and of brain during early development (P0-P10) and an adult stage (P20, Figure 1L). Strikingly, a weak expression of SR was observed during the developmental stages of the cochlea (P0-P5), whereas its expression increased considerably at the onset of hearing (P10; Figure 1L). In addition, we also found SR in adult mouse and guinea-pig cochleae (Figure 1M). We also observed the presence of DAAO in the adult guinea-pig cochlea and brain (Figure 1N). Altogether, these results indicate that D-serine and its synthesis and metabolic enzymes are expressed in the cochlea throughout Rodentia, indicating that it might play important functions.



Genetic Deletion of Serine Racemase Does Not Impair Hearing Function in Mice

To uncover the role of D-serine in hearing function, we next took advantage of SR null mutant (SR–/–) mice, which display 85% reduction of D-serine (Basu et al., 2009). Recording of auditory brainstem responses (ABR), which indicated the information transfer into the auditory pathway showed that ABR thresholds and wave I amplitudes in both SR–/– (n = 7) and SR+/– (n = 11) mice were virtually identical to those of SR+/+ (n = 7) mice (Figures 3A,B). Distortion-product otoacoustic emissions (DPOAEs), reflecting OHC function, showed no significant difference in amplitude in the three strains (n = 5 per strain), suggesting that the function of OHCs is not altered at any of the stimulus frequencies and levels tested (Figure 3C). Taken together, these results indicate that the absence of endogenous D-serine in SR–/– mice does not affect the normal mechanoelectrical transduction of hair cells nor synaptic transmission mechanisms.
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FIGURE 3. Genetic deletion of serine racemase and hearing in adult mice. (A) Auditory brainstem response (ABR) audiograms for SR–/– (n = 7), SR+/– (n = 11) and SR+/+ (n = 7) mice obtained by plotting ABR thresholds as a function of the stimulation frequency (2, 4, 6.3, 8, 10, 12.5, 16, 20, 24, and 32 kHz tone bursts). Compare to SR+/+ (black circles) mice, SR–/– (red circles) and SR+/– (white circles) mice showed normal sound evoked-response at any stimulating frequency and intensity. (B) Normal input-output functions of the ABR wave I evoked by 16 kHz tone-bursts from 0 to 100 dB SPL in SR–/– (n = 6), SR+/+ (n = 6) and SR+/– (n = 6) mice. (C) Recordings of distortion product otoacoustic emissions (2f1-f2) reflect the cochlear non-linearity in outer hair cell function. No significant change was measured between SR–/– (n = 5), SR+/+ (n = 5) and SR+/– (n = 5) mice. The thick gray line indicates the background noise level of the recording system in the absence of sound. Values are mean ± SE, and n indicates the number of animals tested. There were no statistically significant differences between groups.




Intracochlear Perfusions of D-Serine Reduce the Amplitude of Cochlear Compound Action Potential

The pharmacological effects of D-serine on gross cochlear potentials were probed in adult guinea pigs (n = 5). The compound action potential of the auditory nerve, which reflects the synchronous activation of the afferent fibers (CAP amplitude: N1-P1), the N1 latency and the cochlear microphonic (CM) that reflects the receptor activity of the OHCs, were recorded after cumulative 10-min intra-cochlear perfusions of increasing doses of D-serine (Figure 4A). We showed that the initial perfusion of artificial perilymph (AP) did not induce significant changes in CAP amplitude or N1 latency, nor in CM amplitude (Figures 4A–C). The D-serine effects were therefore compared with the cochlear potentials recorded after this initial control perfusion. D-serine (1–100 μM) induced a dose-dependent reduction in CAP amplitude (Figure 4A), but no significant changes in N1 latency or in CM amplitude (Figures 4B,C). To facilitate the comparison of the effects of D-serine concentrations across animals, CAP amplitudes were expressed as the percentage of the control value obtained after the control perfusion at each level (100–40 dB). These percentages were then averaged across levels to provide an overall average percent change for each concentration of D-serine tested. The dose-response data obtained was then fitted to a curve using a non-linear least-squares logistic equation (Figure 4D) revealing an IC50 for D-serine of 75 μM. However, a saturation effect of D-serine with higher doses i.e., 100 and 200 μM was observed and produced a maximal reduction in the mean amplitude of the CAP only to 54.4 ± 3.4% and 57.5 ± 4.2% at these two doses, respectively (Figure 4D). Finally, CAP amplitudes returned to control values after washing D-serine out of the cochlea with artificial perilymph (data not shown). Altogether, these results suggest that D-serine may act on the cochlear NMDARs.
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FIGURE 4. Cochlear functional and morphological consequences of the effects of a 10 min intra-cochlear perfusion of D-serine in adult guinea pig. (A–C) Shown are the changes on input–output functions of the compound action potential (CAP), N1 latency, and cochlear microphonic (CM) evoked by 8 kHz tone-bursts following either the control perfusion of artificial perilymph (filled circles), 1 μM D-serine (open circles), 30 μM D-serine (open squares), or 100 μM D-serine (open triangles). All points represent mean ± S.E values calculated from five animals. Note that D-serine caused a dose-dependent reduction in CAP amplitude (A) but no significant change in N1 latency (B) or CM (C). (D) Shown is a dose-response curve for D-serine. The dose-response data obtained was fitted to a curve using a non-linear least-squares logistic equation. The IC50 value for D-serine was calculated to be 75 μM. Note that saturating effects of higher doses of D-serine, i.e., 100 and 300 μM were observed, leading to a limited reduction of CAP. (E) Shows a high magnification of the basal pole of the sensory inner hair cell (IHC) surrounding by the border cell (BC) and the inner phalangeal cell (IPhC) close to the pillar cell (PC). Note that the afferent (a) and the efferent nerve endings (e) appear normal. (F) Shows a high magnification of normal basal poles of two outer hair cells (O) in contact with one larger efferent terminal (e); Deiters’ cell (D). (G) No pathological damage was observed in the organization of the stria vascularis; Marginal cell (Mc); Intermediate cell (Ic); Basal cell (Bc). Scale bars: (E,F) = 5 μm, (G) = 10 μm.


Because the suppressing effect of D-serine on CAP could reflect cell damage or excitotoxicity, we next used transmission electron microscopy (TEM) to explore possible ultrastructural changes resulting from intracochlear perfusions of D-serine. As shown in Figures 4E,F, both IHCs and OHCs show a normal morphology and cytoplasm with a well-positioned nucleus, rather apically in the cell body of the IHC (Figure 4E) and basally in the OHC (Figure 4F). In both types of hair cells, mitochondria also had a normal aspect. Both types of hair cells showed well-formed synaptic contacts at their basal poles, the IHCs being contacted by dendrites from type I SGNs (Figure 4E). The OHCs essentially showed one or two large synapses with the axons from the medial efferent system (e in Figure 4F). These efferent synapses showed the classical presynaptic vesicle aggregates and an extended postsynaptic cistern. In addition, no evident ultrastructural abnormality was detected in the stria vascularis (Figure 4G). TEM examination of the cochlea perfused with increasing and cumulative doses of D-serine revealed no structural abnormalities such as damage to sensory hair cells, to the stria vascularis or any early signs of excitotoxicity of auditory-nerve dendrites. These data further support the idea that any functional effect of D-serine on hearing function is physiological, caused by the modulation of fast cochlear synaptic transmission.



Application of D-Serine Enables Activation of Silent N-Methyl D-Aspartate Receptors in the Cochlea

For exploring the modulation of SGN activity, we next used cochlear neural calcium imaging of SGNs loaded with Fura 2-AM (inserts) (Figure 5A). Pharmacological stimulation with glutamate or AMPA, but not NMDA, induced calcium responses in SGNs. Glutamate (100 μM) application in the vicinity of SGN somata transiently increased the resting [Ca2+]i (59.9 ± 4.9 nM; n = 59; Figure 5B). In contrast, a greater increase in [Ca2+]i of 89.6 ± 4.7 nM (n = 59) was observed in the presence of 100 μM AMPA (Figure 5B). Note that NMDA (100 μM) produced only a very marginal increase in [Ca2+]i of 6.8 ± 0.5 nM (n = 59; Figure 5B). These results are consistent with previous reports, demonstrating that fast cochlear synaptic transmission is preferentially mediated by AMPA but not NMDA receptors (Ruel et al., 1999, 2000, 2008; Glowatzki and Fuchs, 2002).
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FIGURE 5. (A) Postnatal 1–4 day-old rat spiral ganglion neuron (SGN) somata loaded with Fura-2 AM during sequential pharmacological stimulation with lock buffer containing either 100 μM glutamate, 100 μM AMPA, or 100 μM NMDA. Right inserts: representative images of Fura-2 AM-loaded SGNs before (control condition) and during bath application of glutamate, AMPA, and NMDA. (B) Histograms summarizing changes in [Ca2+]i after stimulation with glutamate (100 μM; n = 59), AMPA (100 μM; n = 59), and NMDA (100 μM; n = 59). (C) 100 μM D-serine potentiated glutamate-induced [Ca2+]i increases (n = 23). This effect was blocked by adding the selective antagonist of the glycine site of NMDAR 7-CKA (50μM; n = 23) to the bath solution. (D) Histograms summarizing changes in [Ca2+]i after sequential stimulation with 100 μM glutamate alone (n = 23), 100 μM glutamate plus 100 μM D-serine (n = 23), and 100 μM glutamate plus 100 μM D-serine in presence of 50 μM 7-CKA (n = 23). (E) Dose-response curve showing the excitatory effects of bath application of 100 μM D-serine on glutamate-induced [Ca2+]i (glutamate concentration ranging from 1 to 1,000 μM). The calculated EC50 for glutamate was reduced from 45.8 μM in the absence, to 35.6 μM in the presence of D-serine (n = 212). (F) Typical calcium images showing a group of SGNs before (control condition; 1), at the maximum response to 100 μM glutamate (2), at rest in the presence of 100 μM D-serine (3), and finally during the maximum response to 100 μM glutamate plus 100 μM D-serine (4). Inserts (A) Scale bar:100 μm. (n) number of neurons, *(p < 0.05), (NS) (not significant).


To probe the possible modulatory action of D-serine on cochlear glutamate receptors, SGNs were bathed with classical ionotropic glutamate receptor agonists in the presence or absence of 100 μM D-serine (Figure 5C). Application of D-serine alone in the bathing solution was ineffective in changing [Ca2+]i (Figure 5C), but significantly increased the glutamate-induced [Ca2+]i (60.3 ± 2.5 nM vs. 75.6 ± 5.0 nM, respectively; n = 23; Figures 5C,D). The effect of D-serine on glutamate responses was blocked by bath application of 7-chlorokynurenic acid (7-CKA, 50 μM), a selective antagonist of the glycine site of NMDAR (Zhu et al., 2016) (53.6 ± 3.5 nM; n = 23; Figures 5C,D). Similarly, blockade of D-serine-potentiated glutamate responses was observed in the presence of the competitive glutamate binding site antagonist D-APV (Zhu et al., 2016) (50 μM; n = 25; not shown).

As shown in Figures 5E,F, dose-response curves of glutamate-induced calcium responses obtained in the presence or absence of 100 μM D-serine revealed that the amino acid significantly increased the responses compared to glutamate alone. Thereby, EC50 for glutamate was reduced from 45.8 μM in the absence, to 35.6 μM in the presence of D-serine (n = 212; Figure 5E). By contrast, the AMPA (100 μM)-induced increase of [Ca2+]I (81.3 ± 5.0 nM; n = 29) was not affected by the presence of 100 μM D-serine (82.3 ± 4.6 nM; n = 29; Figures 6A,B). The pharmacological specificity of the AMPAR stimulation in the presence of D-serine was further verified by blocking the AMPA-induced response with the selective AMPAR antagonist GYKI 53784 (Ruel et al., 2000) (40μM; Figures 6A,B). These data suggest that the potentiating effect of D-serine on glutamate responses is most likely mediated by turning on silent NMDAR.
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FIGURE 6. D-serine and not glycine enabled NMDA-induced [Ca2+]i responses on postnatal 1–4-day rat SGNs. (A) AMPA-induced [Ca2+]i increases (100 μM; n = 29) were unaffected by the presence of 100 μM D-serine (n = 29). The pharmacological specificity of the AMPAR stimulation was verified by using the selective stereoisomer AMPAR antagonist GYKI 53784 (40 μM; n = 29). (B) Histograms summarizing changes in [Ca2+]i after a sequential stimulation with 100 μM AMPA alone (n = 29), 100 μM AMPA plus 100 μM D-serine (n = 29), and in the presence of GYKI 53784 (n = 29). (C) Co-application of 100 μM D-serine with 100 μM NMDA unmasked a large [Ca2+]i increase, leading to an increase of 540% compared to NMDA alone (n = 21). Pharmacological blockade of the D-serine excitatory effect was suppressed by using the selective NMDAR antagonist 7-CKA (50 μM; n = 21). (D) Histograms summarizing changes in [Ca2+]i after a sequential stimulation with 100 μM NMDA alone (n = 21), 100 μM NMDA plus 100 μM D-serine (n = 23), and in the presence of 7-CKA (50 μM; n = 23). *(p < 0.05). (E) 100 μM NMDA in the presence of 20 μM glycine did not elicit any response or basal [Ca2+]i changes (n = 28). (F) Increasing concentrations of glycine (0.1, 1, 10, 30, 50 μM) did not change basal [Ca2+]i (n = 25) in SGN somata compare to the control condition. (n) number of neurons, *(p < 0.05), (NS) (not significant).


To further examine this scenario, we next investigated the effect of D-serine on NMDA-evoked calcium responses. When applied alone, both NMDA and D-serine did not evoke a significant [Ca2+]i response (Figures 6C,D). In contrast, co-application of D-serine (100 μM) with NMDA (100 μM) evoked a strong increase in [Ca2+]i (57.7 ± 3.6 nM; n = 21) compared to NMDA alone (14.7 ± 1.5 nM; n = 21; Figures 6C,D). The pharmacological specificity of the D-serine to modulate NMDAR was confirmed by blocking its potentiating effects with 7-CKA (50 μM; n = 21; Figures 6C,D). Finally, because NMDAR could be also sensitive to glycine, which can act as a putative co-agonist, we tested the effect of glycine. Application of NMDA (100 μM) in the presence of 20 μM glycine never induced calcium responses in SGNs in the 28 neurons tested. Moreover, increasing concentrations of glycine (0.1–50 μM) did not change basal [Ca2+]i (Figures 6E,F). We thus concluded that cochlear D-serine, but not glycine, unsilences NMDAR responses located on SGN somata.



Mice With an Serine Racemase Deletion Are Protected From Noise-Induced Permanent Hearing Loss

Because aberrant NMDAR activation has been consistently found to contribute to trauma-induced cochlear damage (Guitton et al., 2003; Ruel et al., 2008; Bing et al., 2015; Sanchez et al., 2015), we next examined the role of D-serine in noise-induced hearing loss (NIHL). Acoustic overstimulation sharply increases ABR thresholds (temporary threshold shift, TTS) equally in both SR–/– (mean TTS: 64.8 ± 1.2 dB) and control SR+/+ (mean TTS: 60.4 ± 0.7 dB) mice; regardless of the tested frequency (Figure 7A). In contrast, threshold recovery at the frequencies from 4 kHz to 10 kHz was significantly better (p < 0.05 or 0.01) in SR–/– (mean PTS: 18.7 ± 1.5 dB) than SR+/+ (mean PTS: 35.2 ± 0.4 dB) mice (Figure 7B). These results indicate that SR–/– mice displayed greater capacity for recovery from NIHL than WT, suggesting that deletion of SR might favor the functional recovering of the cochlear nerve endings of SGNs from acoustic damage by preventing the harmful accumulation of D-serine and subsequent over-activation of NMDARs.
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FIGURE 7. Serine racemase deletion improved hearing recovery after noise exposure in adult mice. (A,B) ABR threshold shift in the SR+/+ (black filled circle) and SR–/– (red filled circle) measured 1 day (A) and 3 months (B) after exposure to an 4–8 kHz octave-band noise at 100 dB for 2 h. Note that the threshold shift was similar 1 day after noise exposure in both strains. Interestingly, a better recovery of hearing ∼16.5 dB was observed in SR–/– mice 3 months after noise exposure. *(p < 0.05) and **P < 0.01.





DISCUSSION

How NMDARs in the adult cochlea are activated remains enigmatic. In the present study, we report for the first time that D-serine, a well-known endogenous co-agonist of NMDAR, is metabolized by SR and DAAO in the cochlear sensory IHCs and their supporting cells, in the SGNs and glial cells of several rodent species. In addition, we reveal that this amino acid is a necessary for the full NMDAR activation at the IHC-SGNs complex. Importantly, we demonstrate that D-serine plays an important role in promoting long-term cochlear damage following acoustic trauma.

Although the role of D-serine at synapses in the CNS has been studied in detail, except for the retina its function in sensory organs and in information processing remains remarkably poorly explored. Using LC-MS/MS, we established that the steady background level of D-serine in the adult cochlea is relatively low (0.680 nmol/mg protein) compared to L-glutamate, L-serine, or glycine. This is ∼10 times lower than the average retrieved levels in the adult mouse brain, but still comparable to the levels found in the retina (Stevens et al., 2003), where D-serine has been found to fully activate NMDARs. Although present at relatively low level in the adult mammalian cochlea, our bulk measurements do not reflect local amounts in the vicinity of the synaptic cleft and thus preclude any conclusion about the functional ability of D-serine to putatively activate NMDAR under physiological conditions. Nevertheless, the involvement of D-serine could be critical in pathological conditions such as excitotoxicity and acoustic trauma-induced upregulation of GluN1 mRNAs and overexpression of the heavy C2’ form of GluN1 and GluN2B subunits, respectively (Puel, 1995; Eybalin et al., 2010). Thus, such a local amount of D-serine could induce long-term deleterious effects on primary auditory neurons.

Our immunolabeling revealed that D-serine populates the cytoplasm of different cells populations inside the organ of Corti, including the sensory IHCs, pillar cells, Deiters’ cells, and the cytoplasm of some SGNs and their glial cells that also express SR. These observations indicate that D-serine is a metabolite produced by the cochlea tissue itself, but also demonstrate that D-serine is produced at some specific sites where it could reach threshold concentration to activate NMDARs. SR immunoreactivity was also pronounced in the spiral limbus, in the myelin enveloping the auditory neurons, and in their glial cells, suggesting that SR in glia may play specific roles related to inflammatory insults (Perez et al., 2017; Ivanov and Mothet, 2019). Therefore, D-serine and SR are localized in the same subsets of cochlear cells, except the SGNs, where SR is absent. This suggests that these latter cells may uptake (and package) the amino acid, but do not have the ability to synthesize it. These results are consistent with a previous study that showed expression of D-serine and SR in rat vestibular sensory epithelia (Dememes et al., 2006), but also support the idea of a metabolic compartmentalization in which some cells have the ability to synthesize and release D-serine, while others reuptake it and degrade it through the intervention of DAAO. Pillar and Deiters’ cells are supporting cells that provide a structural scaffold to enable mechanical stimulation of sensory hair cells, but also actively regulate the homeostasis of ion composition of the perilymph and endolymph (Wan et al., 2013). Therefore, the presence of D-serine in these supporting cells suggests that D-serine may be secreted into and taken up from inner-ear fluids. D-Serine is transported by five amino acid transporters, SLC1A4/ASCT1, SLC1A5/ASCT2, SLC7A10/Asc-1, Slc38a1/2/SNAT1/2 in the brain (Rosenberg et al., 2013; Foster et al., 2016) and the SLC6A14/ATB0+ in the intestine (Ruffin et al., 2020). Intriguingly, many of these transporters are expressed by cochlear cells (Espino Guarch et al., 2018). However, whether these transporters are involved in regulating the levels of D-serine in the cochlea is not known and awaits future studies.

Strikingly, we observed that the expression of SR coincides with the development of the cochlea, with levels being low (or negligible) at P0–P5, while reaching its peak at the onset of hearing (∼P10). These observations suggest that D-serine might play a major role in the development and maturation of the hearing system during postnatal development and adult stages. Nevertheless, analysis of SR–/– mice showed no obvious sensory deficit, which could reflect the persistent residual concentration of D-serine that has been previously described in SR–/– mice (Miyoshi et al., 2012).

We demonstrated that D-serine and SR were mainly localized at the level of the IHC-synaptic complex. Together, these results suggest that D-serine may play a functional role in the modulation of cochlear NMDARs. In the cochlea, NMDARs play an important neurotrophic function in neuronal regeneration and synapse formation in response to excitotoxic injury (D’Aldin et al., 1997), and a critical role before hearing onset (Zhang-Hooks et al., 2016). Previous studies showed that the NMDAR subunits GluN1 and GluN2A-D (Safieddine and Eybalin, 1992; Kuriyama et al., 1993; Niedzielski and Wenthold, 1995; Usami et al., 1995), but not GluN2A, are expressed in mature cochleae and localized at the postsynaptic density of sensory IHC synapses (Ruel et al., 2008). Also, several other studies have shown that application of NMDA in presence of glycine in Mg2+ free solution failed to elicit detectable current on SGN somata or a change in calcium concentration in postsynaptic afferent boutons (Nakagawa et al., 1991; Ruel et al., 1999, 2008; Glowatzki and Fuchs, 2002).

Multiple intracochlear perfusions of D-serine in adult guinea pigs in vivo allowed us to study the functional impact of an increase in the amount of D-serine at the level of the IHC-synaptic complex. A consistent decrease in CAP amplitude in response to sound during intracochlear perfusions of cumulative and increasing doses of D-serine, without affecting the receptor potentials, indicated that D-serine acts on the auditory nerve terminals, leaving sensory hair-cells and the stria vascularis unaffected. The CAP is an indirect monitor of auditory-nerve activity, as a decrease in its amplitude indicates that fewer auditory nerve fibers discharge in synchrony in response to a tone. This situation could be due to either inhibition or excitation in the spontaneous (asynchronous) firing of single auditory neurons (Ruel et al., 2001).

Finally, a decrease or even an abolition of the CAP amplitude may be due to the development of cochlear excitotoxicity observed during perilymphatic perfusions of cumulative doses of glutamate receptor agonists (Puel et al., 1991b). Close electron microscopic examination of cochleae perfused in vivo with increasing and cumulative doses of D-serine did not reveal any cochlear structural damage or any early signs of excitotoxicity of the auditory nerve endings below the sensory inner hair cells. These results are not in agreement with our previous neurotoxicity experiments made from CA1 pyramidal cells in the hippocampal in vitro slice preparation, demonstrating that activation of D-serinergic NMDARs is responsible for acute excitotoxicity and neuronal cell death (Papouin et al., 2012). This major difference could be explained by a different density and distribution of NMDAR at the cellular level.

To determine the mechanism, i.e., decrease or increase of auditory neuronal firing, by which D-serine modulates auditory gross cochlear responses, calcium imaging experiments on neonatal rat spiral ganglion neurons were performed. In the prehearing cochlea, spiral ganglion neurons contain functional NMDA receptors that prolong synaptic currents, enhance postsynaptic depolarization and the probability of action potential generation (Zhang-Hooks et al., 2016). A developmental switch of NMDAR subunits from GluN2B to GluN2A is a common feature among CNS neurons (Cull-Candy et al., 2001; Futai et al., 2001; Liu et al., 2004), but this feature is not always shared in the lower auditory pathway (Puel, 1995; Ruel et al., 2008). During cochlear development, changes in subunit composition and density of NMDARs could alter the affinity for D-serine, as demonstrated in hippocampal slices (Le Bail et al., 2015). Finally, NMDAR-mediated currents can be induced by chemical stimuli such as salicylate in neonatal spiral ganglion neurons (Peng et al., 2003; Ruel et al., 2008), suggesting the presence of a latent pool of NMDAR in the immature and mature cochlea.

Focal application of D-serine in the vicinity of the somata of spiral ganglion neurons greatly potentiated the glutamate response. The D-serine-enabled glutamate response could be mimicked by the application of NMDA in the presence of D-serine and was selectively blocked by 7-chlorokynurenic acid (7-CKA), a competitive antagonist at the glycine binding site of NMDARs (Kemp et al., 1988). Similar results were obtained in the presence of the competitive NMDAR antagonist D-AP5, which binds at the glutamate site of the GluN2 subunit.

We draw three conclusions from these functional data. First, they show that the glycine binding site is not saturated. Second, they show that D-serine, but not glycine, enables cochlear NMDA excitatory responses by acting specifically at the co-agonist site of the GluN1 subunit and that of the NMDARs. Third, the NMDARs on which D-serine is acting are canonical GluN1-GluN2 NMDARs. Therefore, the decrease in CAP amplitude observed during perilymphatic perfusions of D-serine could be explained by an excitatory effect of D-serine on single auditory nerve fibers unable to respond in synchrony to the sound stimulation. In contrast, glycine was ineffective in unmasking NMDAR responses, and did not modify the level of basal [Ca2+]i up to concentrations of 50 μM. These results are in agreement with those of Puel et al. (1991a) showing that intracochlear perfusions of Mg2+-free perilymph containing 100 or 1000 μM glycine have no effect on gross cochlear potentials. Together, our results suggest that D-serine unmasks silent “D-serinergic” NMDARs in the mammalian cochlea. Here, we demonstrated that SR suppression in mice improves hearing recovery from noise-induced PTS compared to WT mice. These results suggested that D-serine is involved in noise-induced cochlear injuries, probably through potentiating cochlear NMDARs. Indeed, glutamate and NMDARs may have an important neurotrophic function in neuronal regeneration and synapse formation in response to excitotoxic injury, comparable to noise-induced trauma injury in the guinea-pig cochlea (D’Aldin et al., 1997). During this re-innervation process, a clear overexpression of the GluN1 subunit was observed in SGNs (Puel, 1995), which could reflect changes in the density of NMDAR or of subunits constituting channel complexes, increasing neuronal excitability. Molecular studies also suggest changes in the electrophysiological properties of NMDARs, such as an increase in calcium permeability during neuronal plasticity in adult brain (Pellegrini-Giampietro et al., 1991). This greater excitability of SGNs enables the cochlea to promote neurite regeneration and synapse formation after noise trauma. On the other hand, changes in the density and functional properties of cochlear NMDARs could create neuronal vulnerability to injury in the critical periods observed during neural plasticity and development (Ikonomidou et al., 1989; Mcdonald et al., 1990). Further studies are now necessary to distinguish the protective mechanisms against noise trauma observed in SR–/– mice.



CONCLUSION

Aberrant NMDAR activation and related auditory nerve excitation are suspected factors of cochlear tinnitus induced by salicylate or noise exposures (Guitton et al., 2004; Van De Heyning et al., 2014; Bing et al., 2015). Accordingly, NMDAR inhibition is a promising pharmacological approach for the treatment of synaptopathic tinnitus (Bing et al., 2015). Here, we discover that D-serine is a necessary component of full NMDAR activation in the cochlea. These results may have important clinical implications by offering new opportunities in the modulation of NMDARs, to prevent some cochlear pathologies such as auditory neuropathy.
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All injected injected Cabp2~/~ animals Il 1l %
Cabp2~/~ animals with improved thresholds only
(N=9) N=7)
injected ears of Cabp2—/— Contralateral non-injected ears 0.009 * 0.6 * 0.2 0.05
animals vs. of injected

Cabp2~/~ animals

Cabp2~/~ animals 0.02 0.002
Contralateral non-injected Cabp2~/~ animals 0.2 0.01 0.5 0.7 0.1 0.8
ears of injected Cabp2~/~
animals vs.
Wild-type animals vs. Wild-type injected animals 0.1 >0.06 0.3 0.8 0.9

For simplicity, comparisons between different genotypes (irrespective of the treatment) have been omitted from the table. Note that apart from the ABR wave Il amplitude
in injected wild-type vs. injected Cabp2~/~ animals (p = 1), other omitted comparisons show highly significant differences. p < 0.0001 (***), p < 0.001 (**).
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g-values of BKY procedure

Wild-type injected vs. 0.05 0.01* (w) 0.0009* n.s. n.s.
non-injected animals <0.05* 0.01* <0.0001* 1 0.8
0.007* 0.002* <0.0001* 0.2 0.2

Note that the three values in the table cells always represent (from top to bottom): p-value of the Student’s t-test (no correction for multiple comparison), adjusted p-value
of Dunnett’s multicomparisons test upon two-way ANOVA, and q value of the two-stage linear step-up procedure of Benjamini, Krieger, and Yekutieli at the 0.05 level
of false discovery rate. The values that may be considered as significant (in case of control of false discovery rates termed discoveries) are marked by asterisks. Note
increased thresholds of tone bursts but not clicks in wild-type injected animals.
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p-value of Student’s t-test 6 kH tone 12 kHz 24 kHz 20-Hz 100-Hz
p-value of Dunnett’s test burst tone burst tone burst click click
g-values of BKY procedure

injected ears of Cabp2~/~ <0.05* 0.0007* n.s. 0.003* 0.002*
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vs. Cabp2~—/~ control animals 0.005* 0.008* 0.7 0.2 0.1

Note that the three values in the table cells always represent (from top to bottom): p-value of the Student’s t-test (no correction for multiple comparison), adjusted p-value
of Dunnett’s multicomparisons test upon two-way ANOVA, and g-value of the two-stage linear step-up procedure of Benjamini, Krieger, and Yekutieli at the 0.05 level of
false discovery rate. The values that may be considered as significant (in case of control of false discovery rates termed discoveries) are marked by asterisks. Depending
on the approach (without, or with more or less conservative correction for multiple comparison), the ABR thresholds at 6- and/or 12-kHz tone burst and clicks in injected
Cabp2~/~ animals (injected and/or contralateral ear) may be viewed as significantly improved/considered true discoveries.
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p-value of Dunnett’s test burst tone burst tone burst click

click

g-values of BKY procedure
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Note that the three values in the table cells always represent (from top to bottom): p-value of the Student’s t-test (no correction for multiple comparison), adjusted p-value
of Dunnett’s multicomparisons test upon two-way ANOVA, and g-value of the two-stage linear step-up procedure of Benjamini, Krieger, and Yekutieli at the 0.05 level of
false discovery rate. The values that may be considered as significant (in case of control of false discovery rates termed discoveries) are marked by asterisks. Depending
on the approach (without, or with more or less conservative correction for multiple comparison), the ABR thresholds at 6- and/or 12-kHz tone burst and clicks in injected
Cabp2~/~ animals (injected and/or contralateral ear) may be viewed as significantly improved/considered true discoveries.
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Radioligand binding assays

Receptor/Channel
hERG potassium (K, 11.1), human
NMDA glutamate, rat

AMPA glutamate (GIuA2-containing), rat
Al adenosine GPOR, human

H1 histamine GPCR, human

H2 histamine GPCR, human

H3 histamine GPCR, human

H4 histamine GPCR, human

M1 acetylcholine GPCR, human

M2 acetylcholine GPCR, human

M3 acetylcholine GPOR, human

M4 acetylcholine GPCR, human

M5 acetylcholine GPOR, human

nAChR alphad/beta2, human

NAChR alpha?, human

Antagonist: IEM-1925 (1 uM)

Mean% inhibition (V = 2)
<1
<1
95
<1
<1
<1
<5
<5
<1
<1
<5
19
<5
<1
<2

Antagonist: IEM-1460 (1 .|

Mean% inhibition (N = 2)
<5
<1
<1
<1
<1
<1
<1
<1
<1
<1
15
37
52
<1

<1

Liver microsome stability
assays

Human

IEM-1460
IEM-1926

Guinea pig

IEM-1460
IEM-1926

Mouse

IEM-1460
IEM-1925

Half-life
(min)

Mean (N =2)

>300
>300

>300
>300

>300
>300

Left: Radioligand binding assays shows% inhibition of binding of the receptor-specific radioligand (see Methods) to the off-target ion channel or receptor by 1M IEM-1460 or IEM-1925.
Right: Stability of 1 M IEM-1460 or IEM-1925 in the presence of mouse, guinea pig, or human liver microsomes at 37°C.
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Wave | amplitude = Wave Il amplitude = Wave lll amplitude = Wave IV amplitude = Wave V amplitude

20 Hz RIM-BP1/2=/~ vs. RIM-BP2+/+ 0.0006™* 0.9 0.001* 0.005** 0.5
RIM-BP1/2~/~ vs. RIM-BP2~/~ 0.2 0.9 0.6 0.08" 0.8
100Hz  RIM-BP1/2~/~ vs. RIM-BP2*/+ 0.0004* 0.8 0.002** 0.002** 0.5
RIM-BP1/2=/~ vs. RIM-BP2~/~ 0.03* 0.8 0.008™ 0.05 0.7

Summary of statistical analysis of ABRs (Figure 3B): Wave |-V amplitudes were compared between RIM-BP1/2~/~ (n = 7), RIM-BP2*/+ (n= 11) and RIM-BP2~/~ (n=8)
mice for 20 or 100 Hz click stimulation. p-values from one-way ANOVA and post hoc Tukey'’s test; significance level: n.s. p > 0.05, *p < 0.05, **p < 0.01, **p < 0.001.
Data of RIM-BP2-deficient (RIM-BP2~/~) and control (RIM-BP2+/~) mice were adapted from Krinner et al. (2017).
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Amplitude (pA) Vhair (MV)

RIM-BP2+/+ (n = 17) —157+6 —29.9+0.9
RIM-BP2=/= (n = 16) —126+9 —-30.0+1.5
RIM-BP1/2=/= (n = 15) —131 + 1 —28.3+0.1
p-value(RIM-BP1/2=/ = vs. RIM-BP2+/%) 0.02* Wilcoxon rank test 0.3 Student’s t-test
p-value(RIM-BP1/2~/~ vs. RIM-BP2~/~) 0.7 Student’s t-test 0.2 Student’s t-test

Slope factor k

6.9+ 0.1
6.7 +0.2
6.9+ 0.1
0.7 Wilcoxon rank test
0.4 Student’s t-test

Summary of IHC grand average data from perforated patch-clamp recordings of Ca2*-currents (Ica) from RIM-BP1/2~/ =, RIM-BP2+/+ and RIM-BP2~/~ IHCs (Figure 1).
Whole-cell Ic,4 was analyzed regarding amplitude, voltage of half-maximal activation (Vhair) and voltage-dependence of Ca?*-channel gating (slope factor k representing
voltage-sensitivity of Ca2*-influx). Data represent IHC grand averages, mean + SEM; n = number of IHCs; p-values and statistical test are depicted for each dataset,
significance level: n.s. p > 0.05, *p < 0.05. Data of RIM-BP2-deficient (RIM-BP2~/~) and control (RIM-BP2*/+) IHCs were adapted from Krinner et al. (2017).
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ACy RIM-BP1/27/= vs. 0.003** 0.04* 0.07 0.3 0.3 0.2
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RIM-BP1/2=/~ vs. 0.03* 0.5 0.8 0.2 0.2 0.3
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Summary of statistical analysis of patch-clamp measurement data (Figure 2B):
Membrane capacitance changes (ACm, upper columns) and the corresponding
whole-cell Ca2*-current integrals (Qca, lower columns) during various depolariza-
tion durations (5—200 ms) were compared between IHCs of different genotypes:
RIM-BP1/2-deficient (RIM-BP1/2=/=, n = 8), RIM-BP2-deficient (RIM-BP2~/~,
n = 10) and control (RIM-BP2+/*, n = 12). p-values from one-way ANOVA and
post hoc Tukey'’s test; significance level: n.s. p > 0.05, "o < 0.05, p < 0.01. Data
of RIM-BP2-deficient (RIM-BP2~/— ) and control (RIM-BP2+ /+) mice were adapted
from Krinner et al. (2017).
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