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Bacteria live in different environments and are subject to a wide variety of fluctuating conditions. During evolution, they acquired sophisticated systems dedicated to maintaining protein structure and function, especially during oxidative stress. Under such conditions, methionine residues are converted into methionine sulfoxide (Met-O) which can alter protein function. In this review, we focus on the role in protein quality control of methionine sulfoxide reductases (Msr) which repair oxidatively protein-bound Met-O. We discuss our current understanding of the importance of Msr systems in rescuing protein function under oxidative stress and their ability to work in coordination with chaperone networks. Moreover, we highlight that bacterial chaperones, like GroEL or SurA, are also targeted by oxidative stress and under the surveillance of Msr. Therefore, integration of methionine redox homeostasis in protein quality control during oxidative stress gives a complete picture of this bacterial adaptive mechanism.
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INTRODUCTION

Environmental and cellular stresses can trigger perturbations in protein homeostasis, leading to misfolding and/or damage and making protein quality control an essential process in living cells. Protein oxidation generally results in structural modifications and can trigger aggregation, leading to loss of function that can impair cellular functions (Schramm et al., 2020). Oxidation can also result in protein degradation. However, chaperones contribute to protein protection and refolding, restoring their initial structure and/or biological functions. Interestingly, chaperones might act in concert with antioxidant enzymes dedicated to the repair of oxidized amino acyl residues. This combined action is poorly understood and little documented and will be the focus of the present review.

Within proteins, several amino acids can be oxidized by reactive oxygen species (ROS) and reactive chlorine species (RCS), the sulfur-containing amino acids cysteine (Cys) and methionine (Met) being particularly susceptible to oxidation. The rate at which HO° and hypochlorous acid (HOCl) react with these residues is rapid whereas it is slower with hydrogen peroxide (H2O2) (Buxton et al., 1988; Pattison and Davies, 2001; Davies, 2005). All living cells possess an intricate network of repair systems controlling the redox state of these residues that are highly prone to oxidation. Among them, methionine sulfoxide reductases (Msr) catalyze the reduction of methionine sulfoxide (Met-O) into methionine residues (Sourkes and Trano, 1953; Black et al., 1960). This activity places the Msr system at the heart of protein quality control. In Escherichia coli, the combined action of two enzymes, MsrA and MsrB, is required to repair the cytoplasmic protein-bound Met-O whereas only one enzyme, MsrP, deals with the periplasmic oxidized-proteins (Brot et al., 1981; Grimaud et al., 2001; Gennaris et al., 2015). This difference can be explained by the fact that, apart from some exceptions, Met residue oxidation relies on a racemic distribution in two diastereomers of R- and S-Met-O. Thereby, MsrA and MsrB exhibit a stereospecificity toward the S-form and the R-form, respectively, whereas MsrP reduces both isoforms (Brot et al., 1981; Grimaud et al., 2001; Gennaris et al., 2015). Another fundamental difference between MsrA/MsrB and MsrP relies on their catalytic mechanism. MsrA/MsrB catalyze a Cys-based redox mechanism involving a thioredoxin/thioredoxin reductase network (Boschi-Muller and Branlant, 2014) whereas MsrP relies on a molybdopterin-based reaction depending on the haem-containing membrane-bound MsrQ (Gennaris et al., 2015). Finally, a common feature arises from different studies reporting that bacterial strains lacking MsrA/MsrB or MsrP were affected in their virulence (Hassouni et al., 1999; Alamuri and Maier, 2006; Hitchcock et al., 2010; Mahawar et al., 2011; Singh et al., 2015). A more detailed description of Msr catalytic mechanisms and bacterial virulence can be found in a recent review (Ezraty et al., 2017).

Other oxidoreductases like fRMsr/MsrC, BisC, or TorZ/MtsZ specifically reduce free Met-O residues but are inactive toward protein-bound Met-O (Ezraty et al., 2005; Lin et al., 2007; Dhouib et al., 2016); they therefore can’t be part of the oxidized protein repair system. The DMSO reductase of E. coli, DmsA, has been reported to reduce Met-O residues mimicking substrates (Makukhin et al., 2019). Nevertheless, DmsA was not demonstrated to reduce Met-O within proteins. Recently, the Rhodobacter sphaeroides periplasmic DMSO reductase DorA-type has been elegantly shown to reduce protein-bound S-Met-O (Tarrago et al., 2020). In conclusion, MsrA, MsrB, MsrP, and DorA can reduce protein-bound Met-O residues and, per se, are involved in protein quality control processes.

In this review, we will present various and complementary approaches used to identify Msr targets and we will list bacterial proteins identified so far. We will also describe the combined effects played by chaperones and reductases in order to cope with oxidative stress and restore protein functions. Finally, we will highlight the Kafkaesque scenario where chaperones involved in protein quality control can be oxidized and inactivated by ROS and RCS, therefore becoming targets for the Msr system and conferring to the latter the role of ultimate sentinel in the cell.



BACTERIAL MSR SUBSTRATES

Methionine is a hydrophobic residue containing an unbranched side chain with ample flexibility. This structural feature allows proteins containing Met-rich domains to interact with other partners. As Met-O is more hydrophilic than Met and exhibits an additional oxygen atom, its presence can modify the chemical environment as well as the steric hindrance inside proteins. Therefore, in most cases, oxidation of Met residues results in loss of protein structure and/or function. But this post-translational modification has also been reported to have a neutral or even a positive functional impact on the protein in a few cases. The high oxidation susceptibility of Met led to the concept that some Met residues might help to protect the rest of the protein from oxidation and act as an efficient endogenous antioxidant shield (Levine et al., 1996; Berlett and Levine, 2014). This feature of Met residues is now commonly called “The Stadtman theory.” Moreover, increasing evidence supports the idea that Met-O modifications can promote a transition from the inactive to the active form of a protein, acting as an on-off switch. The substitution of Met by glutamine (Gln), a mimetic of Met-O, is often used to test the functional consequences of oxidation of specific Met residues. This strategy was exploited to demonstrate the activation of HypT (hypochlorite-responsive transcription factor) through Met oxidation. Substitution of three Met residues to Gln resulted in a constitutively active HypT variant (Jo et al., 2019). Whatever the consequence on the protein activity (negative, positive, or neutral), the presence of Met-O in a polypeptide is a bona fide substrate for the Msr repair system. This latest family of proteins will be referred to as Msr substrates or Msr targets. It includes proteins which are under the surveillance of Msr for maintenance of their native structure and/or biological activity via Met redox homeostasis.

To identify this repertoire, many approaches have been used over recent decades. Bioinformatic analyses have been carried out to identify methionine-rich proteins in many bacterial proteomes. This enrichment can be global, leading to a high Met percentage (Met average = 2.9% in E. coli), or local, leading to Met hot spots in a short protein domain (Maisonneuve et al., 2009). Thereby, an in silico analysis of different proteomes allowed the in vitro identification of putative Msr substrates (Liang et al., 2012). Nevertheless, these candidates have to be confirmed by in vivo assays. Biochemical tests have been carried out on purified proteins, which were first subjected to different ROS or RCS in vitro (i.e., H2O2 or HOCl), and secondly repaired by Msr enzymes. Taking advantage of mass spectrometry analysis, the level of oxidation of each Met was measured, as well as the repair efficiency of Msr proteins. Historically, such experiments have been conducted with cytoplasmic substrates and repaired by MsrA and/or MsrB (Table 1). More recently, they have been carried out using periplasmic proteins and repaired by MsrP (Gennaris et al., 2015; Tarrago et al., 2018). Other tests rely on the comparison between a wild-type strain and msr mutants, different techniques being used such as two-dimensional electrophoresis or gel shift analysis as oxidized proteins exhibited a slower migration compared to their reduced form (Table 1; Liang et al., 2012; Ugarte et al., 2013; Gennaris et al., 2015).


TABLE 1. List of bacterial Msr substrates.
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A crucial study was published in 2017 by Madeira and collaborators. Using a proteomic approach, the authors identified the Met-O content enrichment of the Bacillus cereus proteome in the msrA msrB mutant, giving an exhaustive view of the potential Msr substrates in this bacterium (Madeira et al., 2017). But the most convincing experiments in identifying Msr substrates have been the demonstration of the contribution of the Msr system in vivo. The inactivation of genes encoding the Msr system is predicted to exhibit a similar phenotype to the deletion of a gene encoding an Msr substrate. This observation was first made with the E. coli Signal Recognition Particle (SRP) as the ffh and the msrA msrB mutant strains were both affected in SRP-dependent protein export (Ezraty et al., 2004). Recently, the recombinase A (RecA) was found to be targeted by ROS and RCS, which converted four out of nine RecA Met residues to Met-O. The biological activity of the oxidized form of RecA was reported to be highly altered, but MsrA and MsrB were shown to reduce Met-O, restoring RecA catalytic activity in vivo and in vitro (Henry et al., 2021). Similar results were obtained with different substrates (AhpC, HypT, SspB) and in different bacteria (Helicobacter pylori, Streptococcus gordonii) (Table 1; Lei et al., 2011; Benoit et al., 2013; Drazic et al., 2013). Finally, a very important tool was put into place in 2019 with the publication of the MetOSite database1 which provides updated and manually curated data of sulfoxidation sites (Valverde et al., 2019). In early 2021, the database contained 7573 methionine sulfoxide sites found in 3701 different proteins identified in 30 species.



CROSSTALK OF CHAPERONES AND MSR SYSTEMS DURING HOCI STRESS

Hypochlorous acid is the active ingredient of household bleach, but it can also be produced by neutrophils by the specific and abundant myeloperoxidase enzyme (Aratani, 2018). Its production is an efficient weapon against pathogens. HOCl is a strong oxidant which preferentially targets proteins and exhibits a high reactivity toward the sulfur-containing residues Cys and Met. Over the last decade, the Leichert, Jakob, and Collet groups have obtained important insight into the protection of bacterial proteins against aggregation during HOCl stress at the molecular level (Voth and Jakob, 2017; Goemans and Collet, 2019; Varatnitskaya et al., 2020). Extensive literature on this topic is available and in the following section, we will integrate Met-O reduction via the Msr system within the bacterial proteome protection network under HOCl stress. During this stress, proteins are oxidized and structurally modified, ultimately resulting in their aggregation. The ATP-dependent foldases GroEL/ES (Hsp60/Hsp10) and the DnaK/J/GrpE (Hsp70/Hsp40) systems simultaneously lose their activity via a drastic decrease in the cellular ATP amount and/or via their direct oxidation. To counterbalance foldase inactivation, bacteria rely on HOCl stress-induced ATP-independent holdases like Hsp33, RidA, and CnoX, which are activated either by oxidation or chlorination (Winter et al., 2005; Müller et al., 2014; Goemans et al., 2018). These chaperones prevent protein aggregation by binding unfolded proteins but have no protein refolding capacity. Moreover, inorganic polyphosphate (polyP) synthesized from ATP, acts as a chemical chaperone in a complementary way to the holdases (Xie and Jakob, 2019). Once the stress abates, holdases/polyP transfer their substrates to the GroEL/ES and DnaK/J/GrpE, which retrieve their activity in a scenario that operates like a well-oiled machine.

How the orchestration of the protection/refolding process with the redox control of the proteins occurs, including the reduction of Met-O by the Msr system, is still an open question. Work from the Maier group has provided some information as they identified in Helicobacter pylori a tripartite complex formed of KatA (a catalase as well as an Msr substrate), GroEL and MsrAB (MsrA and MsrB are fused in this organism) (Alamuri and Maier, 2006). Treatment of KatA with HOCl led to the oxidation of six Met residues, all of them being reduced by Msr in vitro. Nevertheless, no catalase activity has been recovered without the addition of GroEL to the MsrAB repair mixture (Mahawar et al., 2011). These results suggest that MsrAB and GroEL act in a cooperative manner to repair oxidatively damaged catalase and to maintain its enzymatic activity.

To recover the reduced level and the tridimensional structure of a protein, three scenarios can be considered: (1) Met-O are first reduced into Met by the Msr system during or just after the holding step, and the ATP-dependent foldases then fold the protein to restore its initial structure, (2) ATP-dependent foldases act first in shaping the unfolded protein, followed by the reduction of Met-O residues into Met, and (3) both systems act simultaneously (Figure 1). It is tempting to rule out the third hypothesis due to a possible steric hindrance between the Msr enzymes and the chaperones. Nevertheless, MsrAB and GroEL were previously demonstrated to form a complex in vivo and to act in a cooperative manner in vitro (Alamuri and Maier, 2006; Mahawar et al., 2011), making this scenario possible. In 2012, Tarrago and Gladishev published an elegant article showing (i) that in vitro MsrA and MsrB were more efficient in reducing Met-O in unfolded than in folded proteins and (ii) that their activities increased with the unfolding state of their substrates (Tarrago et al., 2012). This increased activity was due to better access to oxidized Met in unfolded proteins. It also indicates that Msr serves a critical function in the folding process by repairing oxidatively damaged unfolded proteins. Thereby, the first scenario in which Met-O residues can first be reduced into Met before a final folding step catalyzed by ATP-dependent foldases might also be considered. However, all these hypotheses remain speculative as no specific study tackling this question has been carried out. In vitro protein repair with sequential addition of enzymes or interaction between holdases/foldases and the Msr enzymes could and should be considered in the future.
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FIGURE 1. Orchestration of the protection/refolding process with methionine redox control. Reactive Oxygen/Chlorine Species (ROS/RCS) can oxidize proteins, leading to unfolded and oxidized molecules (containing Met-O residues). At this stage, proteins can aggregate and/or be degraded (red arrows). An alternative pathway involves the stress-induced holdase proteins (Hsp33, RidA, CnoX) or the chemical chaperone polyphosphate (black arrow) which prevent irreversible aggregation. After stress, these substrates are refolded by specialized foldases (DnaK/J/GrpE, GroEL/ES) and reduced by oxidoreductase (MsrA/B). Three possibilities are shown: (1) Met-O reduction followed by refolding (left), (2) refolding followed by Met-O reduction (right), and (3) simultaneous action of both systems (center). These three scenarios lead to a refolded and reduced protein.




THE KAFKAESQUE SCENARIO: MOLECULAR CHAPERONES ARE THEMSELVES UNDER MSR SURVEILLANCE

As previously mentioned, cellular housekeepers like GroEL or DnaK can be themselves targeted by ROS or RCS, leading to their inactivation and increasing their substrate’s susceptibility to oxidation and chlorination (Khor et al., 2004; Winter et al., 2005; Mahawar et al., 2011). Upon exposure of E. coli to HOCl or H2O2 combined with elevated temperature, DnaK loses its ability to protect proteins against aggregation (Winter et al., 2005). However, DnaK (15 Met/638 aa) was not shown to be protected from inactivation by the MsrA and MsrB enzymes. GroEL (23 Met/548 aa), another chaperone, is rather insensitive to H2O2 but efficiently modified and inactivated by HOCl (Khor et al., 2004). Under such conditions in E. coli, MsrA, and MsrB were demonstrated in vitro to restore a significant fraction of inactivated GroEL (Khor et al., 2004). In Helicobacter pylori, the MsrAB enzyme was shown to interact with the oxidized form of GroEL, this chaperone belonging to the repertoire of Msr substrates (Alamuri and Maier, 2006; Table 1). This interconnection between chaperone and Msr was also found in the periplasmic compartment. Indeed, the MsrP enzyme was shown to take care of the major periplasmic chaperone SurA (16 Met/428 aa), whose function is to escort β-barrel proteins to the outer membrane (Gennaris et al., 2015). In vitro HOCl-oxidized SurA loses its chaperone activity but this form can be repaired by MsrP, restoring the ability of SurA to protect unfolded substrates from aggregation. Moreover, remarkable in vivo evidence has been reported in monitoring for the first time oxidized protein repair by motility gel shift assay (Gennaris et al., 2015). All together, these results give Msr a central role in protein quality control homeostasis.

In conclusion, Msr enzymes are found in most living organisms, including species that are unlikely to encounter oxidants (in general) and HOCl (in particular) in their natural habitats. In the absence of exogenous stress, an open question remains on whether proteins exposed to low levels of ROS still need the Msr enzymes to maintain their biological activities. Therefore, a better understanding of the physiological importance of Msr during other types of stress will highlight the central role played by this ubiquitous oxidoreductase system. Future work will aim at integrating methionine redox homeostasis in protein quality control during oxidative stress to give a complete picture of this bacterial adaptative mechanism.
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The evolutionarily conserved Sec machinery is responsible for transporting proteins across the cytoplasmic membrane. Protein substrates of the Sec machinery must be in an unfolded conformation in order to be translocated across (or inserted into) the cytoplasmic membrane. In bacteria, the requirement for unfolded proteins is strict: substrate proteins that fold (or misfold) prematurely in the cytoplasm prior to translocation become irreversibly trapped in the cytoplasm. Partially folded Sec substrate proteins and stalled ribosomes containing nascent Sec substrates can also inhibit translocation by blocking (i.e., “jamming”) the membrane-embedded Sec machinery. To avoid these issues, bacteria have evolved a complex network of quality control systems to ensure that Sec substrate proteins do not fold in the cytoplasm. This quality control network can be broken into three branches, for which we have defined the acronym “AID”: (i) avoidance of cytoplasmic intermediates through cotranslationally channeling newly synthesized Sec substrates to the Sec machinery; (ii) inhibition of folding Sec substrate proteins that transiently reside in the cytoplasm by molecular chaperones and the requirement for posttranslational modifications; (iii) destruction of products that could potentially inhibit translocation. In addition, several stress response pathways help to restore protein-folding homeostasis when environmental conditions that inhibit translocation overcome the AID quality control systems.
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GRAPHICAL ABSTRACT. Overview of the AID quality control pathways.




INTRODUCTION

In bacteria, a significant subset of proteins is localized to the cell envelope, which in the Gram-negative bacterium Escherichia coli consists of the cytoplasmic membrane, the outer membrane, and the soluble compartment sandwiched in-between known as the periplasm (Tsirigotaki et al., 2017; Cranford-Smith and Huber, 2018). For most of these proteins, the Sec machinery is responsible for the first step in their correct localization, which is translocation across the cytoplasmic membrane (Cranford-Smith and Huber, 2018). Protein substrates of this machinery must be in an unfolded conformation in order to pass through the membrane-embedded Sec machinery and across the cytoplasmic membrane (Randall and Hardy, 1986; Tani et al., 1989; Hardy and Randall, 1991; Uchida et al., 1995). However, many Sec substrate proteins are capable of folding, misfolding, or aggregating in the cytoplasm, and the proteins that do fold (or misfold) prior to translocation become irreversibly trapped in the cytoplasm (Randall and Hardy, 1986;

Kumamoto and Gannon, 1988). Consequently, protein folding presents a predicament for Sec-dependent protein translocation: Sec substrate proteins must fold at their final destination to carry out their function, but premature folding prevents their correct localization.

The two core components of the bacterial Sec machinery are SecYEG and SecA (Cranford-Smith and Huber, 2018). During translocation, substrate proteins pass through a protein-conducting channel in the cytoplasmic membrane formed by the integral cytoplasmic membrane protein (IMP) SecY, which is stabilized by the IMPs SecE and SecG (SecYEG) (Van den Berg et al., 2004; Cannon et al., 2005). The requirement for unfolded proteins is a consequence of the dimensions of the SecYEG channel: proteins must be almost completely unfolded in order to pass through the central constriction in the channel (Randall and Hardy, 1986; Tani et al., 1989; Uchida et al., 1995; Gumbart and Schulten, 2006; Tian and Andricioaei, 2006; Cranford-Smith and Huber, 2018). SecA is an ATPase that drives the translocation of substrate proteins through SecYEG through repeated rounds of ATP binding and hydrolysis (Lill et al., 1989; Brundage et al., 1990). Several mechanisms have been proposed for SecA-mediated translocation and reviewed elsewhere (Cranford-Smith and Huber, 2018; Allen et al., 2020; Catipovic and Rapoport, 2020). In addition to SecYEG and SecA, a number of evolutionarily conserved IMPs, including SecD, SecF, YidC, and YajC, form a supercomplex with SecYEG in vivo known as the holotranslocon and assist the core Sec machinery (Schulze et al., 2014; Botte et al., 2016; Komar et al., 2016).

Folding (or misfolding) of a Sec substrate protein in the cytoplasm prior to translocation inhibits Sec-dependent translocation both directly and indirectly. Most obviously, folding inhibits translocation of the protein itself (Randall and Hardy, 1986; Teschke et al., 1991; Huber et al., 2005b). However, folded proteins that are partially translocated across the membrane can become stuck and block (or “jam”) the SecYEG channel (Bieker et al., 1990). The jammed SecYEG is rapidly degraded, which can inhibit translocation indirectly when the jamming occurs on a large scale (van Stelten et al., 2009). Finally, substrate proteins that accumulate in the cytoplasm competitively inhibit translocation by making non-productive interactions with the cytoplasmic Sec machinery (Valent et al., 1997; Drew et al., 2003; Wagner et al., 2007; Klepsch et al., 2011). Inhibition of translocation also results in the accumulation of misfolded Sec substrates in the cytoplasm, which disturbs the protein-folding homeostasis of the cell (Wild et al., 1992, 1993). Cells have evolved a complex network of quality control systems to prevent or address these issues. The mechanisms of this quality control network can be divided into three branches, which we refer to by the acronym “AID.”

1. Mechanisms that avoid the existence of unfolded cytoplasmic intermediates through efficient delivery of newly synthesized substrate proteins to the Sec machinery,

2. Mechanisms that inhibit the folding of Sec substrate proteins that transiently reside in the cytoplasm,

3. Mechanisms that result in the destruction of products that could inhibit translocation.

In this review, we focus on the quality control network of E. coli because it is the most extensively investigated bacterial system. However, because the basic mechanism of bacterial protein translocation is evolutionarily conserved, the quality control networks of other bacterial species will fit the AID rubric even when there are some additional or absent mechanisms.



AVOIDANCE OF CYTOPLASMIC INTERMEDIATES THROUGH COTRANSLATIONAL TARGETING

In bacteria, proteins can be transported through SecYEG by one of the two mechanisms: (i) translationally coupled translocation (CT) (Figure 1A) or (ii) translationally uncoupled translocation (UT) (Figure 1B; Rapoport, 2007; Steinberg et al., 2018). During CT, protein translocation is obligately cotranslational: ribosomes are directly bound to SecYEG from an early stage in protein synthesis, which allows the Sec substrates to be synthesized directly into the protein-conducting channel and across the cytoplasmic membrane (Schierle et al., 2003; Jomaa et al., 2016, 2017). Consequently, CT avoids the presence of a cytoplasmic intermediate entirely. During UT, protein translocation can be either co- or post-translational, but it is not directly coupled to protein synthesis (Josefsson and Randall, 1981a, b; Randall, 1983). In addition, many proteins exported by the UT mechanism are fully synthesized before translocation begins (Josefsson and Randall, 1981a, b). In most publications, CT is commonly referred to as the “cotranslational” pathway, while UT is commonly known as the “posttranslational” pathway. However, because UT substrates can engage SecYEG cotranslationally (Josefsson and Randall, 1981a), this terminology is potentially confusing and we have avoided it.
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FIGURE 1. Cotranslational recognition of nascent Sec substrate proteins by the SRP or SecA allows cells to avoid the existence of cytoplasmic intermediates. Nascent Sec substrates are recognized by ribosome-bound SRP or SecA. (A) In translationally coupled translocation (CT), the SRP recognizes the targeting signal of a subset of Sec substrates (primarily IMPs) from an early stage in protein synthesis. The SRP targets the translating ribosome to SecYEG by interacting with its receptor protein FtsY at the membrane, which results in the binding of the translating ribosome to SecYEG and direct coupling of translocation to protein synthesis. (B) Sec substrates that fail to be recognized by the SRP are targeted for translationally uncoupled translocation (UT) by SecA. SecA recognizes the targeting signal of a nascent Sec substrate when it is about 120 amino acids from the peptidyl transferase site in the ribosome. SecA then recruits SecB to the nascent chain. Upon recruitment of SecB, nascent substrates of the UT pathway can either engage SecYEG cotranslationally or can be held in a translocation-competent conformation by the “Inhibit” branch of the quality control network.



Cotranslational Targeting to the CT Pathway

Protein substrates of the CT pathway are initially recognized by the signal recognition particle (SRP), a ribonucleoprotein complex that consists of the Ffh protein and the 4.5S SRP-RNA (Figure 1A; Saraogi and Shan, 2014; Steinberg et al., 2018) (An SRP-independent recognition mechanism has also been proposed but is not discussed here; Bibi, 2012). The SRP binds to the 23S ribosomal RNA on the large subunit of the ribosome near the opening of the polypeptide exit channel at a site that also includes the ribosomal proteins uL23, uL24, and uL29 (Gu et al., 2003; Halic et al., 2006; Schaffitzel et al., 2006; Jomaa et al., 2016, 2017). Binding at this site allows Ffh to sample nascent chains and bind to the exposed targeting signal of its substrate proteins just as they emerge from the ribosome (Jomaa et al., 2016; Denks et al., 2017). In eukaryotes, binding of the SRP to a targeting signal induces a transient translational pause, which is relieved upon transfer to the membrane-bound machinery (Walter and Johnson, 1994). The Bacillus subtilis SRP may also induce translational pausing (Beckert et al., 2015). However, SRP-induced translational pausing has not been observed in E. coli, and the E. coli SRP-RNA lacks the domain that induces pausing in other species (Powers and Walter, 1997). Ffh targets the translating ribosome to the cytoplasmic membrane by interacting with its receptor protein FtsY, and coordinated guanosine diphosphate (GTP) hydrolysis by Ffh and FtsY results in coupling of the translating ribosome to SecYEG (Zhang et al., 2010; Saraogi and Shan, 2014).



Cotranslational Targeting to the UT Pathway

Nascent protein substrates of the UT pathway are recognized cotranslationally by SecA (Figure 1B; Huber et al., 2017; Wang et al., 2017). SecA binds to the ribosome near the opening to the polypeptide exit channel at a site near the SRP binding site, which includes the ribosomal proteins uL23 and uL29 (Huber et al., 2011; Singh et al., 2014; Jamshad et al., 2019; Wang et al., 2019). A portion of SecA may also protrude into the polypeptide exit channel when it is bound to the ribosome (Knupffer et al., 2019). Mutations that disrupt the interaction between SecA and the ribosome cause a defect in UT in vivo (Huber et al., 2011).

SecA binds a wide range of nascent Sec substrate proteins in vivo (Chun and Randall, 1994; Huber et al., 2017; Wang et al., 2017). SecA can bind to nascent polypeptides when they reach a length of approximately 120 amino acids (Huber et al., 2017), which is consistent with the positioning of SecA in cryo-electron microscopic (EM) structures of the SecA-ribosome complex (Singh et al., 2014; Wang et al., 2019). Binding to nascent polypeptides requires a conformation change in SecA: the C-terminal tail of SecA autoinhibits the protein when it is not bound to a substrate protein (Gelis et al., 2007; Jamshad et al., 2019). Interaction of SecA with the ribosome destabilizes this autoinhibited conformation and activates SecA to binding to nascent substrates (Jamshad et al., 2019). SecA then recruits the molecular chaperone SecB to the nascent polypeptide chain (see the section on SecB below for more details) (Huber et al., 2017). Recruitment of SecB is required for the cotranslational targeting to SecYEG (Kumamoto and Gannon, 1988; Huber et al., 2017). Some early studies suggested that SecB can directly recognize nascent polypeptides (Kumamoto and Gannon, 1988; Kumamoto and Francetic, 1993; Fekkes et al., 1998), and binding to SecB can activate SecA to bind to substrate proteins (Gelis et al., 2007). However, binding of SecB to nascent clients is dependent on SecA in vivo, suggesting that it is SecA that normally recognizes nascent substrates of the UT pathway (Huber et al., 2017).



Sorting to the CT and UT Pathways

Sec substrate proteins are recognized by virtue of an internally encoded targeting signal (Bassford and Beckwith, 1979; Ulbrandt et al., 1997; Schierle et al., 2003; Hegde and Bernstein, 2006). In the case of IMPs, this targeting signal is a transmembrane helix (or, occasionally, multiple transmembrane helices) (Ulbrandt et al., 1997; Schibich et al., 2016). For outer membrane proteins (OMPs), soluble periplasmic proteins (PPs), and lipoproteins (LPs), the targeting signal is an N-terminal signal sequence, which is proteolytically removed from the protein during translocation (von Heijne, 1990; Hegde and Bernstein, 2006). Most IMPs are targeted to the CT pathway (Ulbrandt et al., 1997; Schibich et al., 2016), and although the CT pathway does recognize a small subset of cleavable signal sequences, most OMPs, PPs, and LPs are targeted to the UT pathway (Huber et al., 2005a). The distinguishing feature of the targeting signals recognized by the CT pathway is that they are more hydrophobic than those that target proteins to the UT pathway (Lee and Bernstein, 2001; Schierle et al., 2003; Huber et al., 2005a; Schibich et al., 2016; Cranford-Smith and Huber, 2018). Mutations that increase the hydrophobicity of a UT signal sequence can re-route translocation to the CT pathway (Lee and Bernstein, 2001; Bowers et al., 2003).

Sorting to the CT or UT pathway appears to be determined by a triaging mechanism: if a targeting signal is sufficiently hydrophobic, the substrate protein will be channeled into the CT pathway, while proteins containing less hydrophobic targeting signals are channeled into the UT pathway by default (Lee and Bernstein, 2001; Schierle et al., 2003). The physiological basis for the evolution of a bifurcated targeting pathway is likely complex. For example, some proteins may be targeted to the CT pathway because they are prone to aggregation in the cytoplasm (such as IMPs) (Ulbrandt et al., 1997). Others may fold too rapidly to be exported by the UT pathway (Huber et al., 2005a) or are toxic in the cytoplasm. The choice of pathway can also affect the folding pathway of a protein in the periplasm (Kadokura and Beckwith, 2009). However, high levels of CT could potentially be toxic under conditions that inhibit translocation elongation (van Stelten et al., 2009), and the rate of CT is probably inherently slower than that of UT because it is limited by the rate of translocation elongation (Pugsley, 1993; Cranford-Smith and Huber, 2018). Finally, the existence of two pathways may allow the UT pathway to serve as a backup pathway for CT when the CT pathway is defective (Lee and Bernstein, 2001; Schierle et al., 2003; Zhao et al., 2021).



Trigger Factor Delays Delivery of UT Substrate Proteins to SecYEG

The ribosome-associated molecular chaperone Trigger Factor (TF) delays the delivery of many nascent Sec substrates to SecYEG (Lee and Bernstein, 2002; Ullers et al., 2007; Oh et al., 2011). TF binds to the ribosome near the polypeptide exit channel at a site that includes uL23 and hunches over the opening to the channel (Kramer et al., 2002; Ferbitz et al., 2004). This ribosome-binding activity facilitates the interaction of TF with nascent polypeptides (Kramer et al., 2002, 2004, 2019). Although SecA and TF bind to similar sites on the ribosome (Kramer et al., 2002; Huber et al., 2011), binding is not mutually exclusive and both proteins can bind to the same nascent chain simultaneously (Huber et al., 2017). TF binds to hydrophobic patches in non-native nascent polypeptides with relatively low specificity and can begin to interact with nascent polypeptides when they reach a length of approximately 110 amino acids in vivo (Patzelt et al., 2001; Kramer et al., 2002; Oh et al., 2011; Bornemann et al., 2014). The binding of TF to nascent chains is thought to delay the folding of most nascent polypeptides, which facilitates the correct folding of cytoplasmic proteins by preventing off-pathway folding intermediates (Deuerling et al., 1999; Kramer et al., 2004, 2019; Hoffmann et al., 2006; Kaiser et al., 2006; Merz et al., 2008; Martinez-Hackert and Hendrickson, 2009; Nilsson et al., 2016; Liu et al., 2019).

TF was initially identified in biochemical screens for proteins that promote Sec-dependent protein translocation (Crooke and Wickner, 1987; Crooke et al., 1988; Lill et al., 1988; Lecker et al., 1989), and ribosome profiling experiments indicate that TF binds to many nascent Sec substrates, particularly OMPs (Oh et al., 2011). Strains deficient in TF have a mild outer membrane biogenesis defect (Oh et al., 2011), and TF can enhance translocation in vitro (Crooke et al., 1988; De Geyter et al., 2020), which has led to the suggestion that TF can inhibit the folding of Sec substrates (see below). However, strains lacking TF do not have an obvious defect in Sec-dependent protein translocation (Lee and Bernstein, 2002). Indeed, mutations that disrupt the gene encoding TF (tig) suppress many translocation defects by allowing nascent UT substrates to engage SecYEG cotranslationally (Lee and Bernstein, 2002; Ullers et al., 2007; Oh et al., 2011), suggesting that TF prevents nascent Sec substrates from engaging SecYEG cotranslationally. It has been suggested that TF could compete with the SRP for binding to substrate proteins (Eisner et al., 2003, 2006; Ariosa et al., 2015). However, a growing body of evidence suggests that TF does not play a role in the choice of pathway (i.e., CT vs. UT); rather, the binding of TF to nascent UT substrates prevents them from engaging SecYEG cotranslationally (Lee and Bernstein, 2002; Ullers et al., 2007; Huber et al., 2017). Thus, the role of TF in Sec-dependent translocation is to enhance the bifurcation of the two translocation pathways, potentially for the reasons discussed above.




INHIBITION OF PROTEIN FOLDING OF SEC SUBSTRATES IN THE CYTOPLASM

Because many substrates of the UT pathway are fully synthesized (or nearly fully synthesized) before they engage SecYEG, these proteins have the potential to fold (or misfold) in the cytoplasm prior to translocation. Cells prevent the premature folding of Sec substrate proteins via two mechanisms: (i) molecular chaperones, which bind to unfolded Sec substrate proteins and hold them in a translocation-competent conformation in the cytoplasm (Figures 2A–C); and (ii) requirements of posttranslational modifications that can only be made upon translocation for stable folding (Figures 2D,E). By convention, we refer to proteins as “clients” of molecular chaperones and “substrates” of the Sec machinery.
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FIGURE 2. Inhibition of the folding of synthesized Sec substrate proteins by molecular chaperones and posttranslational modifications. Fully synthesized Sec substrate proteins (or domains of Sec substrate proteins) are prevented from folding stably in the cytoplasm by molecular chaperones, such as (A) SecB, (B) DnaK or DnaJ, and (C) GroELS. Alternatively, many Sec substrate proteins require posttranslational modification that can only be made in the periplasm to fold stably, such as (D) disulfide bonds and (E) proteolytic removal of the N-terminal signal sequence.



Inhibition of Folding by SecB

SecB is a tetrameric molecular chaperone that binds to a subset of unfolded substrates of the UT pathway and prevents them from folding in the cytoplasm (Figure 2A; Collier et al., 1988; Hartl et al., 1990; Zhou and Xu, 2003). Mutations disrupting the secB gene cause defective translocation of this subset in vivo (Kumamoto and Beckwith, 1983, 1985; Baars et al., 2006). SecB binds to hydrophobic patches in its non-native client proteins in an ATP-independent fashion (Randall and Hardy, 2002; Huang et al., 2016). SecB binds to clients with relatively low specificity in vitro (Randall et al., 1998a, b; Knoblauch et al., 1999) but with high selectivity in vivo (Kumamoto and Beckwith, 1985; Kumamoto and Francetic, 1993). This difference could be explained by the dependence of SecB on SecA for binding to nascent substrates in vivo since SecA does display an increased affinity for proteins containing N-terminal signal sequences (Kebir and Kendall, 2002; Gouridis et al., 2009; Huber et al., 2017). SecB can bind to full-length proteins and target them for translocation in a reconstituted system in vitro (Fekkes et al., 1998). However, it is not clear whether this is also the case in vivo. If so, recognition likely requires clients to fold slowly enough for SecB to bind cooperatively to multiple low-affinity binding sites (Hardy and Randall, 1991; Randall et al., 1998b).

SecB ultimately delivers its client proteins to the translocation machinery by binding to SecA (Gannon and Kumamoto, 1993; Fekkes et al., 1998). The interaction between SecA and SecB is driven by at least two sites of interaction (Woodbury et al., 2000; Randall et al., 2004; Crane et al., 2005; Randall and Henzl, 2010): first, the small metal-binding domain (MBD) at the extreme C-terminus of SecA binds to an evolutionarily conserved binding surface on SecB (Fekkes et al., 1997, 1999; Zhou and Xu, 2003); second, the C-terminal α-helix of SecB interacts with the catalytic core of SecA (Woodbury et al., 2000; Randall et al., 2004; Randall and Henzl, 2010). SecB transfers its client proteins to SecA by destabilizing the autoinhibited conformation of SecA (Gelis et al., 2007). Because the steady state affinity of SecA for non-native translocation-competent Sec substrates is at least an order of magnitude lower than that of SecB, the transfer of client proteins from SecB to SecA also likely requires a conformation change in SecB that reduces the affinity of SecB for its client (Randall et al., 1998b; Woodbury et al., 2000; Gouridis et al., 2009). Nearly all α-,β-, and γ-Proteobacteria species contain a SecB homolog, but SecB is conspicuously absent from many bacterial phylogenetic groups (even those containing a SecA protein with an MBD) (van der Sluis and Driessen, 2006; Jamshad et al., 2019). However, some phylogenies contain proteins that are structurally related to SecB and that could have a similar function, suggesting that the presence of SecB-like proteins could be a universal feature of Sec-dependent protein translocation in bacteria (Sala et al., 2014).

Although SecB is not essential for viability in E. coli (Kumamoto and Gannon, 1988; Shimizu et al., 1997), deficiencies in SecB-dependent quality control cause collateral defects in protein translocation and protein-folding homeostasis. For example, mutations that inactivate the secB gene cause defects in the translocation of proteins that do not normally bind to SecB in vivo (Francetic and Kumamoto, 1996), suggesting that a lack of quality control causes a translocation defect that has knock-on consequences for non-client proteins. Mutations in secB also result in induction of the heat shock response (Wild et al., 1993), indicating a perturbation in the protein-folding homeostasis. Deletion of the secB gene causes a cold-sensitive growth defect (Shimizu et al., 1997), which is likely caused by the combined effect on protein translocation and the protein-folding homeostasis (Altman et al., 1991; Ullers et al., 2007; Sakr et al., 2010).



Inhibition of Folding by General Chaperone Systems

Two general chaperone systems, the DnaK/DnaJ (Figure 2B) and the GroEL/GroES (Figure 2C) systems, have been implicated in Sec-dependent protein translocation. Unlike SecB, whose role is normally restricted to Sec-dependent translocation (Kumamoto and Beckwith, 1985; Kumamoto and Francetic, 1993), the DnaK/DnaJ and GroEL/GroES systems assist the folding of a wide range of soluble cytoplasmic proteins (Kim et al., 2013; Dahiya and Buchner, 2019). In the DnaK/DnaJ system, DnaJ (Hsp40) binds to non-native or misfolded client proteins and delivers them to the ATPase DnaK (Hsp70), and this interaction stimulates a conformational change in DnaK, driven by ATP hydrolysis, that promotes folding of the client protein (Rosenzweig et al., 2019). GrpE-stimulated nucleotide exchange releases the client protein and promotes refolding (Rosenzweig et al., 2019). Mutations disrupting the DnaK chaperone system cause a defect in the translocation of a subset of Sec substrate proteins and cause growth defects when combined with mutations that inactivate secB (Altman et al., 1991; Wild et al., 1992, 1996; Lee and Bernstein, 2002; Ullers et al., 2007), suggesting that DnaK can compensate for the loss of SecB. Overexpression of DnaK or DnaJ individually can suppress these defects and even enhance the efficiency with which some proteins are exported (Phillips and Silhavy, 1990; Sakr et al., 2010). However, overexpression of both proteins simultaneously cannot suppress the phenotype of a secB mutant (Sakr et al., 2010), suggesting that DnaK and DnaJ promote protein translocation by holding Sec substrates in a translocation-competent conformation (Figure 2B).

Several early studies suggested that the GroEL/GroES chaperone system could also assist the Sec machinery (Crooke et al., 1988; Kusukawa et al., 1989; Lecker et al., 1989). In this system, GroEL binds to misfolded client proteins, and the binding of GroES to GroEL stimulates an ATP-dependent conformational change in GroEL that promotes protein folding (Horwich et al., 2006). GroEL binds to non-native Sec substrates in vitro (Lecker et al., 1989), and mutants that are deficient in GroEL or GroES are defective in the translocation of UT substrates (Kusukawa et al., 1989), suggesting that GroEL/GroES can assist Sec-dependent translocation. In support of this notion, the overproduction of GroEL enhances the translocation efficiency of LamB-LacZ (Phillips and Silhavy, 1990). In addition, GroEL localizes to the cytoplasmic membrane, and localization is dependent on SecA (Bochkareva et al., 1998), suggesting that GroEL could bind to non-native translocation-competent Sec substrates and target them to SecA (Figure 2C). However, the involvement of GroEL/GroES in protein translocation is debated (Altman et al., 1991).



Posttranslational Modifications That Facilitate Protein Folding

The Sec quality control network has also exploited some posttranslational modifications that facilitate protein folding or stabilize the final folded structure, which can only be made upon protein translocation. For example, disulfide bonds create covalent links between cysteine amino acid side chains that stabilize the tertiary structure of the protein (Manta et al., 2019). In E. coli, disulfide bonds are formed by the periplasmic Dsb machinery, which passes the electrons from the oxidized cysteines in the client protein to a reduced quinone in the cytoplasmic membrane via a series of disulfide exchange reactions (Landeta et al., 2018; Manta et al., 2019). Many proteins, such as alkaline phosphatase (PhoA), require structural stabilization from disulfide bonds in order to fold into an active conformation (Figure 2D; Sone et al., 1997). A highly redundant network of thiol redox pathways actively reduces disulfide bonds in the cytoplasm (Ezraty et al., 2017), which prevents proteins like PhoA from folding stably while they transiently reside in the cytoplasm. In some bacteria, the folding of exported proteins can also be stabilized by other types of covalent linkages between amino acid side chains, such as isopeptide bonds (Kang et al., 2007; Kang and Baker, 2011).

A second posttranslational modification that can facilitate folding is proteolytic removal of the N-terminal signal sequence. The signal sequences of some proteins, such as maltose-binding protein (MBP) and ribose binding protein (RBP), slow the folding of their cognate proteins (Park et al., 1988), and the reduction in the rate of folding is required for efficient interaction with SecB (Liu et al., 1989). However, signal sequences are removed during translocation by signal peptidase (Josefsson and Randall, 1981a, b; von Heijne, 1990; Hegde and Bernstein, 2006; Figure 2E). Biophysical experiments suggest that the signal sequence of MBP slows MBP folding by binding to the hydrophobic core of the non-native protein (Beena et al., 2004), and the conserved architecture of signal sequences suggest that this anti-folding activity may be a general property (von Heijne, 1990). If so, the effect of the signal sequence on folding is moderate since the MBP signal sequence cannot sufficiently retard the folding of at least two normally cytoplasmic proteins (thioredoxin-1 and DARPin) to allow efficient translocation by the UT pathway (Schierle et al., 2003; Steiner et al., 2006).




DESTRUCTION OF PRODUCTS THAT INHIBIT PROTEIN TRANSLOCATION

Proteins that escape the “Avoid” and “Inhibit” branches of the Sec quality control network are “Destroyed” by proteases. Two cytoplasmic proteases, Lon and FtsH, appear to be responsible for most of the turnover of potentially toxic Sec substrates in the cytoplasm (van Stelten et al., 2009; Sakr et al., 2010). Both Lon and FtsH are general proteases that belong to the AAA+ (ATPase associated with cellular activities) family of proteases, which also includes ClpXP, ClpAP, and HslUV proteases (Sauer and Baker, 2011). AAA+ proteases contain ATPase motor domains that unfold substrate proteins and feed them into the proteolytic active site of a protease module (Sauer and Baker, 2011). In addition, a cytoplasmic peptidase, PrlC, with specificity for N-terminal signal sequences assists Sec-dependent protein translocation in vivo (Conlin et al., 1992).


Destruction of Cytoplasmic Sec Substrates by Lon Protease

Lon protease degrades missorted Sec substrate proteins that accumulate in the cytoplasm (Figure 3A). For example, Lon degrades mutant M13 procoat protein when it is mislocalized to the cytoplasm (Kuhn et al., 1986). In addition, mutations in the prlF gene can enhance the translocation of Sec substrate proteins in vivo by influencing the activity of Lon (Kiino et al., 1990; Snyder and Silhavy, 1992; Minas and Bailey, 1995). PrlF is the antitoxin component of a toxin–antitoxin system in E. coli and is normally degraded by Lon protease (Schmidt et al., 2007). Mutations that inactivate Lon suppress the cold-sensitive viability defect caused by a ΔsecB deletion mutation but also cause the accumulation of aggregated Sec substrates in the cytoplasm (Sakr et al., 2010), suggesting that Lon normally degrades Sec substrate proteins that escape the other quality control pathways.


[image: image]

FIGURE 3. Proteolytic destruction of products that are detrimental to protein translocation. (A) Lon protease prevents mislocalized Sec substrates from inhibiting the Sec machinery by turning over Sec substrates that accumulate in the cytoplasm. (B) FtsH degrades SecYEG channels that have been jammed (e.g., by arrested ribosomes synthesizing Sec substrate proteins). (C) The peptidase PrlC could potentially remove the signal sequences from the Sec substrate proteins that have accumulated in the cytoplasm and prevent them from competitively inhibiting translocation.




Destruction of Jammed SecYEG Complexes by FtsH

FtsH is a membrane-anchored protease that turns over uncomplexed, misfolded, or jammed SecY channels (Figure 3B; Kihara et al., 1995, 1996; van Stelten et al., 2009). FtsH-mediated degradation of SecY can be inhibited by the expression of YccA (van Stelten et al., 2009). It has been suggested that FtsH-mediated degradation clears SecY channels blocked by the arrested ribosomes translating Sec substrate proteins (e.g., due to truncated mRNAs), which may be required to recycle the arrested ribosome (van Stelten et al., 2009). The prevalence and redundancy of ribosome rescue systems suggest that translational arrest is relatively common (Keiler, 2015). In addition, cells deficient in FtsH are defective for Sec-dependent protein translocation (Akiyama et al., 1994), suggesting that rapid clearance of “dead” SecYEG complexes is required to maintain the efficiency of translocation under normal growth conditions.



Other Peptidases

A cytoplasmic peptidase, PrlC (oligopeptidase A), also assists Sec-dependent protein translocation in vivo (Conlin et al., 1992; Kato et al., 1992). Certain mutations in prlC enhance the translocation of Sec substrate proteins containing defective signal sequences in vivo (Emr and Bassford, 1982; Trun and Silhavy, 1987). Biochemical studies suggest that PrlC has specificity for Sec signal sequences (Novak and Dev, 1988; Conlin et al., 1992). However, the molecular mechanism is not known. One possibility is that PrlC degrades free, proteolytically processed signal sequences, which competitively inhibit protein translocation. Alternatively, PrlC could remove signal sequences from Sec substrates that are mislocalized to the cytoplasm, which is an idea that is supported by the accumulation of N-terminally processed Sec substrate in the cytoplasm of some prlC mutants (Figure 3C; Trun and Silhavy, 1989).




CELL STRESS RESPONSES THAT RESTORE PROTEIN-FOLDING HOMEOSTASIS

Environmental stresses that inhibit translocation can cause a detrimental feedback loop that can overcome the AID quality control systems and disturb protein-folding homeostasis. In an example scenario, Sec substrate proteins that accumulate in the cytoplasm could partially fold and cause wide-scale jamming of SecYEG, which would result in the quantitative destruction of SecY by FtsH, enhancing the accumulation of Sec substrate proteins in the cytoplasm (Oliver et al., 1990; Wagner et al., 2007; van Stelten et al., 2009; Klepsch et al., 2011). In E. coli, there are at least two stress response pathways that can break this cycle: the σ32 pathway and the Cpx pathway (Wild et al., 1993; Cosma et al., 1995). σ32 is an alternative sigma factor that recognizes the transcriptional promoters of genes involved in adapting to conditions that perturb protein-folding homeostasis, and the σ32 pathway is induced by the accumulation of unfolded and misfolded proteins in the cytoplasm (Roncarati and Scarlato, 2017). Defects in Sec-dependent protein translocation (e.g., caused by mutations in secB) result in the accumulation of unfolded or misfolded Sec substrate proteins in the cytoplasm and induction of the σ32 pathway (Wild et al., 1992, 1993). σ32 controls expression of many proteins that are involved in the AID quality control network (e.g., DnaK/DnaJ, GroELS, PrlC, Lon, and FtsH among others), and its induction can suppress defects caused by inhibition of Sec-dependent protein translocation (Grossman et al., 1987; Altman et al., 1991). In addition, the regulatory circuit that governs the induction of the σ32 pathway incorporates signals from FtsH (Tomoyasu et al., 1995) and the SRP (Lim et al., 2013), suggesting that translocation defects are a physiological source of disruptions in protein-folding homeostasis.

Induction of the Cpx pathway suppresses the toxicity caused by jamming of SecYEG (Cosma et al., 1995; Pogliano et al., 1997). The Cpx pathway is induced by conditions that disturb protein-folding homeostasis in the periplasm (Cosma et al., 1995). The suppression of jamming toxicity is due, at least in part, to the inhibition of FtsH by induction of the yccA gene (van Stelten et al., 2009).



OUTLOOK

The number of quality control mechanisms that assist Sec-dependent protein translocation suggests that there is strong evolutionarily pressure to prevent the folding (or misfolding) of Sec substrate proteins in the cytoplasm. However, there are significant gaps in the understanding of this quality control network. For example, the mechanism of CT is not fully understood. SecA is required for efficient CT (Schierle et al., 2003), but it is not clear whether it is involved in the recognition of substrate proteins or the mechanism of translocation across the membrane. In addition, recent work indicating that the SRP is not strictly essential raises fundamental questions about the mechanism of targeting to the CT pathway (Zhao et al., 2021).

It seems likely that there are additional quality control pathways that have not yet been identified. For example, recent work suggests that TF cooperates with the ClpXP protease, raising the possibility that TF could channel misfolded OMPs to ClpXP for destruction (Rizzolo et al., 2021). In addition, there could be previously unidentified components that facilitate these pathways. For example, there are two E. coli proteins of unknown function, YecA and YchJ, that contain MBDs that are nearly identical to that of SecA (Cranford-Smith et al., 2020a), and un-peer-reviewed work by Cranford-Smith et al. (2020b) suggests that one of these proteins, YecA, is a molecular chaperone that can interact with SecB. The Pfam database contains at least a dozen other proteins of unknown function that contain SecA-like MBDs in other bacterial species (Finn et al., 2014), raising the possibility that there are many additional accessory Sec components. If so, many of these components could assist with one of the AID mechanisms.

Furthermore, it is possible that there are additional quality control mechanisms that do not fit neatly within the AID rubric. For example, DnaK/DnaJ can work in concert with the AAA+ protein ClpB to resolubilize aggregated proteins in the cytoplasm (Schlieker et al., 2004; Rosenzweig et al., 2013; Mogk et al., 2018), raising the possibility that DnaK or another chaperone could cooperate with ClpB to resuscitate folded or aggregated Sec substrates for protein translocation.

Finally, there are still a number of questions about how quality control components distinguish between the substrate and non-substrate proteins. Genetic studies suggest that SecB could directly recognize full-length substrate proteins in vivo (Liu et al., 1988), but if so, by what mechanism? Are Sec substrates targeted to Lon protease, or does Lon degrade misfolded or aggregated Sec substrates as part of its normal house-keeping activity (Sauer and Baker, 2011)? How does FtsH distinguish between jammed SecYEG complexes and those that are actively translocating substrate proteins (van Stelten et al., 2009)? Clearly, additional research is required to fully elucidate the quality control network of the Sec machinery.
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The spatial and temporal coordination of protein transport is an essential cornerstone of the bacterial adaptation to different environmental conditions. By adjusting the protein composition of extra-cytosolic compartments, like the inner and outer membranes or the periplasmic space, protein transport mechanisms help shaping protein homeostasis in response to various metabolic cues. The universally conserved SecYEG translocon acts at the center of bacterial protein transport and mediates the translocation of newly synthesized proteins into and across the cytoplasmic membrane. The ability of the SecYEG translocon to transport an enormous variety of different substrates is in part determined by its ability to interact with multiple targeting factors, chaperones and accessory proteins. These interactions are crucial for the assisted passage of newly synthesized proteins from the cytosol into the different bacterial compartments. In this review, we summarize the current knowledge about SecYEG-mediated protein transport, primarily in the model organism Escherichia coli, and describe the dynamic interaction of the SecYEG translocon with its multiple partner proteins. We furthermore highlight how protein transport is regulated and explore recent developments in using the SecYEG translocon as an antimicrobial target.
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INTRODUCTION

The dynamic control of protein synthesis, folding and degradation under different environmental conditions is essential for maintaining a functional proteome in eu- and prokaryotic cells (Mogk et al., 2011; Song et al., 2020). Protein trafficking pathways expand this proteostasis network and target proteins into subcellular compartments with specific folding conditions (Figure 1; Kudva et al., 2013; Tsirigotaki et al., 2017). Cell compartmentalization is a unifying principle in all cells and diversifies their metabolic activity by generating membrane-bordered reaction chambers. Prokaryotes lack the sophisticated intracellular organization that is usually observed in eukaryotes, but still maintain distinct compartments like the cytosol, the inner membrane, the periplasm and in Gram-negative bacteria also the outer membrane (Figure 1). Each extra-cytosolic compartment contains a dedicated protein composition which can only be maintained due to the presence of protein transport systems that export proteins out of the cytosol. The Gram-negative model organism Escherichia coli synthesizes approx. 4.400 different proteins1 and contains a predicted total number of 3–4 × 106 proteins per cell, calculated based on cell volume, average protein mass and average cellular protein concentration (Milo, 2013). Ribosome profiling studies suggest that roughly one third of these proteins, accounting to approx. 1.5 × 106 proteins per cell, execute their function outside of the cytosol (Li et al., 2014). The STEPdb databank of subcellular topologies of E. coli polypeptides2 lists approx. 1,000 different inner membrane proteins, approx. 400 periplasmic proteins and approx. 160 outer membrane proteins (OMPs) (Loos et al., 2019), all of which have in common the requirement for dedicated protein transport systems. N-terminal, cleavable signal sequences in secretory proteins and non-cleavable signal anchor sequences in inner membrane proteins provide the means to identify those proteins that have to be exported (Pugsley, 1990; von Heijne, 1994; Hegde and Bernstein, 2006; Steinberg et al., 2018).
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FIGURE 1. The proteostasis network in bacteria. For details see text. Secretion systems refer to the type I–IX protein secretion systems that have been identified in bacteria, although some of these secretion systems are only found in some species (Christie, 2019). IM, inner membrane; PP, periplasm; OM, outer membrane.


The majority of exported proteins engage the SecYEG translocon, a universally conserved protein transport channel that resides in the inner bacterial membrane and facilitates the insertion of membrane proteins into the inner membrane as well as the translocation of proteins across the inner membrane into the periplasm (Figure 1; Kudva et al., 2013; Denks et al., 2014). The heterotrimeric SecYEG translocon consists of SecY, SecE, and SecG as core proteins, but constitutes only a passive and sealed pore that connects the cytoplasm to the periplasm and the lipid phase of the membrane. For being active in protein transport, the SecYEG translocon depends on the coordinated interaction with multiple partner proteins that select potential SecYEG substrates (Lill et al., 1990; van der Does et al., 1996; Angelini et al., 2005), provide the driving force for protein transport (Tsukazaki et al., 2011; Knyazev et al., 2018), coordinate substrate release from the SecYEG channel (Beck et al., 2001; Houben et al., 2004; Sachelaru et al., 2017) and communicate with components of the proteostasis network (Kihara et al., 1996; Schäfer et al., 1999; Jauss et al., 2019). The SecYEG translocon also cooperates with additional protein transport systems (Figure 1), like the YidC insertase (Scotti et al., 2000; Sachelaru et al., 2015, 2017; Dalbey et al., 2017; Petriman et al., 2018), the Tat transport machinery (Keller et al., 2012; Kudva et al., 2013; Tooke et al., 2017) and the Bam complex (Wang et al., 2016; Alvira et al., 2020), which inserts β-barrel proteins into the outer membrane. Additional partner proteins of the SecYEG translocon have been recently identified by proteomic approaches (Chorev et al., 2018; Carlson et al., 2019; Jauss et al., 2019), further highlighting the dynamic nature of the SecYEG translocon, which is probably the basis for its ability to transport a large variety of highly different substrates.



TARGETING THE SECYEG TRANSLOCON

The selective recognition of SecYEG substrates is achieved by two protein targeting systems that operate in parallel in bacterial cells (Koch et al., 2003; Rapoport, 2007; Driessen and Nouwen, 2008; Kudva et al., 2013; Smets et al., 2019). SecA-dependent protein targeting primarily acts on secretory proteins that contain a cleavable N-terminal signal sequence and this pathway is generally described as post-translational event (Figure 2). In contrast, inner membrane proteins with non-cleavable signal anchor sequences engage the signal recognition particle (SRP)-dependent targeting pathway, which operates primarily co-translationally and involves the ribosome-bound SRP (Pool et al., 2002; Gu et al., 2003; Halic et al., 2004; Schaffitzel et al., 2006) and the SecYEG-bound SRP receptor FtsY (Angelini et al., 2005, 2006; Kuhn et al., 2015; Draycheva et al., 2016; Steinberg et al., 2018; Figure 2). The SRP pathway can deliver membrane proteins also to the YidC insertase (Welte et al., 2012; Dalbey et al., 2017; McDowell et al., 2021), which can insert membrane proteins independently of SecYEG but also cooperates with the SecYEG translocon (Houben et al., 2000; Scotti et al., 2000; Serek et al., 2004; du Plessis et al., 2006; Yuan et al., 2007; Sachelaru et al., 2015, 2017; Dalbey et al., 2017). It is important to emphasize that the classification into post-translational targeting by SecA and co-translational targeting by SRP does not apply to all substrates. A co-translational targeting by SecA has been observed for the inner membrane protein RodZ, which contains a large cytosolic domain preceding its single transmembrane domain (Rawat et al., 2015; Wang et al., 2017), and for the periplasmic maltose binding protein MBP (Huber et al., 2017). This is in line with the ability of SecA to interact with translating and non-translating ribosomes (Eisner et al., 2003; Karamyshev and Johnson, 2005; Huber et al., 2011; Knupffer et al., 2019; Origi et al., 2019; Wang S. et al., 2019). On the other hand, a post-translational interaction of SRP has been shown for the small bacterial membrane proteins YohP and YkgR (Steinberg et al., 2020) and for the tail-anchored proteins DjlC, Flk, and SciP (Pross et al., 2016; Peschke et al., 2018).
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FIGURE 2. SecA- and SRP-dependent protein targeting in bacteria. The SecA- and SRP-dependent protein targeting pathways constitute the two main protein targeting pathways in bacteria and both can operate in a co- or post-translational mode. However, post-translational targeting of secretory proteins by SecA and co-translational targeting of membrane proteins by SRP are the preferred modes. Substrates of the post-translational SecA pathway are kept in a translocation competent state by chaperones, like the ribosome-bound TF or the cytosolic SecB. SecA serves as receptor for signal sequences (shown in red) of secretory proteins and is bound to the SecYEG translocon, which serves as main protein transport channel in bacteria. Repetitive ATP hydrolysis cycles by SecA allows for the translocation of the polypeptide across the SecY channel. SecA can also associate with the ribosome and target potential substrates co-translationally to the SecYEG translocon. The subsequent ATP-dependent translocation likely occurs then post-translationally, i.e., after the substrate is released from the ribosome. SRP binds with high affinity to translating ribosomes and traps the signal anchor sequence of a membrane protein when it emerges from the ribosomal peptide tunnel. SRP then delivers the translating ribosome (ribosome-associated nascent chain, RNC) to the SRP receptor FtsY. FtsY serves as SecYEG-bound receptor for nascent membrane proteins and engages similar binding sites as SecA on the SecYEG translocon. After SRP-FtsY contact, the translating ribosome docks onto the SecYEG translocon and ongoing translation inserts the protein into the lipid phase. FtsY can also associate with the YidC insertase and SRP can deliver less complex membrane proteins co-translationally to the YidC insertase for insertion. Small membrane proteins (<50 amino acids) and likely tail-anchored membrane proteins are post-translationally bound by SRP and targeted to SecYEG or YidC only after they have been released from the ribosome. This post-translational insertion by SRP is likely initiated by a so far largely uncharacterized mRNA-targeting step (Steinberg et al., 2020), which is not depicted in this cartoon.



Targeting by SecA

The ATPase SecA is a multi-domain protein of 102 kDa that is found exclusively in bacteria and chloroplasts (Pohlschroder et al., 1997; Figure 3A). In E. coli it is present in about 2,000–5,000 copies per cell (Kudva et al., 2013; Smets et al., 2019) and therefore much more abundant than the SecYEG complex, which exists in about 500 copies (Kudva et al., 2013). SecA binds with high-affinity to the cytosolic loops of SecY (Douville et al., 1995; Mori and Ito, 2006; Kuhn et al., 2011) and to negatively charged phospholipids (Lill et al., 1990; Gold et al., 2010; Koch et al., 2016, 2019). In addition, a fraction of SecA is located in the cytosol (Chun and Randall, 1994; Hoffschulte et al., 1994), where it can exist as dimer (Woodbury et al., 2002; Banerjee et al., 2017a). The oligomeric state of membrane-bound SecA is controversially discussed. Liposome studies indicate that only the SecA monomer binds to phospholipids (Roussel and White, 2020), but a SecA dimer is functional in protein translocation (de Keyzer et al., 2005) and can function as receptor for preproteins (Gouridis et al., 2013). It has been suggested that one protomer is required for docking onto the SecYEG complex, while the second copy is involved in the downstream translocation upon ATP-dependent dissociation of the dimer (Or et al., 2002; Gouridis et al., 2013).
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FIGURE 3. Structures of SecA and SecA bound to the ribosome. (A) Structure of B. subtilis SecA (PDB 5EUL), showing its multiple domains. The two nucleotide-binding domains NBD1 and NBD2 are shown in cyan and in olive, respectively. The peptide-binding domain (PBD) is shown in raspberry-red, the helical wing domain (HWD) and the helical scaffold domain (HSD) in gray and the two-helix finger (2HF) in red. (B) Structure of E. coli SecA bound to a translating ribosome (PDB 6S0K). The 50S ribosomal subunit is shown in light-blue and the nascent RodZ chain in green. Ribosomal proteins that are in contact with SecA [uL23 (blue), uL29 (pink), and uL24 (green)] and the different domains of SecA are labeled and shown in the same color-code as in (A).


SecYEG-bound SecA primarily recognizes its substrates after they have been released from the ribosome (Randall, 1983; Hartl et al., 1990; Swidersky et al., 1990; Chun and Randall, 1994; Fekkes et al., 1998). N-terminal signal sequences are bound via a shallow groove within the preprotein-binding domain (PBD) of SecA, also called preprotein cross-linking domain (PPXD) (Gelis et al., 2007; Grady et al., 2012). The PBD domain is located close to the two nucleotide binding domains (NBD1 and NBD2) and dynamic movements within the PBD link substrate recognition to ATP binding and hydrolysis (Karamanou et al., 2007; Gouridis et al., 2013; Figure 3A). Although signal sequences are probably the most important determinants for SecA-dependent targeting (Hegde and Bernstein, 2006), additional sequences within the mature domain of a secretory protein can also contribute to the specificity of the targeting reaction (Chatzi et al., 2017). Binding of SecA to sequences within the mature domain might be in particular important for keeping substrates in a translocation competent state, e.g., largely unfolded. Translocation competence is furthermore supported by chaperones like Trigger factor (TF) (Saio et al., 2014, 2018; Can et al., 2017; De Geyter et al., 2020) or SecB (Bechtluft et al., 2010; Huang et al., 2016; Figure 2). Due to its high affinity to ribosomes and its ability to bind to the ribosomal protein uL23 (Kramer et al., 2002), TF is one of the first contacts of the emerging nascent chain (Deuerling et al., 1999; Bornemann et al., 2014). Different to SecA, TF does not specifically bind to signal sequence-containing proteins but also binds to cytosolic proteins, although β-barrel OMPs appear to be the preferred target (Teter et al., 1999; Oh et al., 2011). It has been shown that protein translocation of some substrates is accelerated upon TF deletion and it was suggested that this reflects prolonged contact between TF and these outer membrane substrates (Lee and Bernstein, 2002). TF can also interact with SecB and the SecYEG-bound SecA, which probably helps to connect protein folding and protein transport (De Geyter et al., 2020). SecB is present in proteobacteria only and like TF not essential (Deuerling et al., 2003; Crane and Randall, 2017). It forms a tetramer with surface-exposed hydrophobic areas, which are involved in substrate binding (Knoblauch et al., 1999). SecB binds only to a small number of secretory proteins and releases its substrates upon binding to the C-terminus of SecA (Baars et al., 2006; Crane et al., 2006; Castanie-Cornet et al., 2014).

In addition to this post-translational substrate recognition, SecA can bind to its substrates also co-translationally (Eisner et al., 2003; Karamyshev and Johnson, 2005; Huber et al., 2011, 2017; Figure 2). This was observed for secretory proteins, like MBP (Chun and Randall, 1994; Huber et al., 2017), but also for the membrane protein RodZ (Rawat et al., 2015; Wang et al., 2017). SecA binds to the ribosome close to the ribosomal tunnel exit, which is formed by the ribosomal proteins uL23, uL24, and uL29 (Huber et al., 2011; Knupffer et al., 2019; Wang S. et al., 2019; Figure 3B). This is also the binding site for SRP and for many ribosome-associated chaperones and processing factors (Kramer et al., 2002, 2009; Denks et al., 2017; Knupffer et al., 2019). Importantly, it is the N-terminus of SecA that interacts with both the ribosome and with SecYEG or phospholipids (Knupffer et al., 2019; Origi et al., 2019) and thus SecA binding to ribosomes or to SecYEG appears to be mutual exclusive. This suggests that co-translational targeting by SecA is followed by a post-translational translocation across the SecYEG translocon. This assumption is also in line with the observation that SecA and ribosomes use almost identical binding sites on SecY (Prinz et al., 2000; Mori and Ito, 2006; Kuhn et al., 2011; Banerjee et al., 2017b) and that SecA and ribosomes compete for SecYEG binding (Wu et al., 2012).



Targeting by the SRP Pathway

The SRP pathway is a universally conserved targeting system that bacteria primarily use for inner membrane proteins (Figure 2) (Ulbrandt et al., 1997; de Gier et al., 1998; Valent et al., 1998; Cristobal et al., 1999; Koch et al., 1999, 2003; Koch and Muller, 2000). In E. coli, SRP consists of the protein Ffh and the 4.5S RNA (Figure 4A) and thus represents a basic version of the eukaryotic SRP, which consists of six protein subunits bound to the 7SL RNA (Koch et al., 2003). Still, the bacterial SRP and its receptor FtsY are sufficient to support protein targeting to mammalian endosomal membranes (Powers and Walter, 1997). The SRP pathway in bacteria not only targets the SecYEG translocon, but also the YidC insertase (Welte et al., 2012; Petriman et al., 2018), which inserts less-complex membrane proteins (Samuelson et al., 2000; Dalbey et al., 2017). Ffh and FtsY share a homologous NG domain with highly similar architecture and amino acid sequence (Freymann et al., 1997; Montoya et al., 1997). The respective N-domains form a four-helix bundle that is followed by the Ras-like GTPase domain (G-domain) (Figure 4A). The NG-domain of Ffh is C-terminally continued by the M-domain, which forms a flexible groove that is able to accommodate signal anchor sequences of different lengths and hydrophobicities. This flexibility explains why the bacterial SRP recognizes the hydrophobic signal anchor sequences of basically all inner membrane proteins and also the signal sequences of some secretory proteins and amphipathic helices of integral and membrane-associated proteins (Beha et al., 2003; Huber et al., 2005; Maier et al., 2008; Lim et al., 2013; Schibich et al., 2016). Substrate recognition by SRP is a multi-step process that is initiated by SRP binding to the ribosome, where it contacts primarily uL23, uL29, and the 23S rRNA close to the tunnel exit (Halic et al., 2006a, b; Schaffitzel et al., 2006; Figure 4B). SRP binds to vacant ribosomes with high affinity (Kd 50–60 nM) (Bornemann et al., 2008; Holtkamp et al., 2012) and the flexible C-terminus of Ffh protrudes into the ribosomal tunnel where it contacts the intra-tunnel loop of uL23 (Jomaa et al., 2016, 2017; Denks et al., 2017). This scanning mode allows SRP to screen ribosomes for potential substrates. When translation is initiated and the nascent chain reaches a length of approx. 25 amino acids, SRP is displaced from the intra-tunnel loop, which now contacts the nascent chain (Denks et al., 2017). However, SRP maintains contact to the surface-exposed domain of uL23 and this anticipatory or stand-by mode further increases the affinity (Kd 1 nM) and likely orients the M-domain for binding to the signal anchor sequence. When the nascent chain reaches a length of approx. 45–50 amino acids and the signal anchor sequence is exposed to the outside of the ribosome, SRP forms a stable complex with the ribosome-associated nascent chain (RNC) (Kd ≤ 1 nM) (Holtkamp et al., 2012; Schibich et al., 2016; Denks et al., 2017). The SRP-RNC complex is then targeted to the SRP receptor FtsY. Although some initial studies proposed that the SRP-RNC complex interacts with FtsY already in the cytosol (Shan et al., 2007; Saraogi et al., 2014), FtsY in Gram-positive and Gram-negative bacteria is almost exclusively membrane-bound (Mircheva et al., 2009).
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FIGURE 4. Structures of the SRP-FtsY-complex and the SRP-ribosome complex. (A) Structure of the E. coli SRP-FtsY complex (PDB 2XXA) (Ataide et al., 2011). Ffh, the protein component of the bacterial SRP is shown in yellow and the 4.5S RNA in dark-blue. The domains of Ffh are indicated. The NG-domain of FtsY is shown in green; the structure of the N-terminal A-domain of FtsY has not been solved yet and is shown as green box. (B) Structure of an SRP-RNC complex (PDB 5GAH). The 50S ribosomal subunit is shown in light-blue and the ribosomal proteins that provide the contact site for SRP are indicated, uL23 (blue), uL29 (pink), uL24 (green), and bL32 (light-green). Ffh is shown in yellow and the 4.5S RNA in dark-blue. The nascent PhoA chain is shown in dark red.


Membrane binding of FtsY is mediated by the A-domain, which precedes the NG-domain (Figure 4A), and by a membrane-targeting sequence at the interface of the A- and NG-domains (de Leeuw et al., 2000; Parlitz et al., 2007; Weiche et al., 2008; Braig et al., 2009; Erez et al., 2010; Kuhn et al., 2011). The A-domain is highly variable in length and sequence and so far no structural information is available, suggesting intrinsic flexibility (Montoya et al., 1997). The A-domain is not essential for protein targeting in E. coli (Eitan and Bibi, 2004), which is explained by the presence of additional binding sites for SecY and phospholipids in the N-domain of FtsY (Parlitz et al., 2007; Weiche et al., 2008; Braig et al., 2009; Erez et al., 2010; Kuhn et al., 2011). However, the A-domain is important for increasing the fidelity of the targeting reaction because it shields the SRP binding site when FtsY is not in contact with the SecYEG complex (Draycheva et al., 2016; Lakomek et al., 2016) and it thus prevents futile SRP-FtsY interactions. Binding of SRP-RNCs to the FtsY-SecYEG complex generates a transient quaternary complex (Kuhn et al., 2015; Jomaa et al., 2017; Draycheva et al., 2018; Figure 5). Subsequent movements of SRP expose the SecY binding site on the ribosome (Halic et al., 2006b) and simultaneous movements of FtsY expose the ribosome binding site on SecY (Halic et al., 2006b; Kuhn et al., 2015). This then allows for the docking of the RNC onto the SecYEG translocon and subsequent GTP hydrolysis by the FtsY-SRP complex (Egea et al., 2004; Focia et al., 2004; Saraogi et al., 2014). GTP-hydrolysis induces the dissociation of the FtsY-SRP complex and allows for the next round of targeting (Egea et al., 2004; Shan et al., 2004; Akopian et al., 2013a).


[image: image]

FIGURE 5. Structure of the quaternary RNC-SRP-FtsY-SecYEG complex. Structure of the quaternary complex (PDB 5NCO), depicting an early state of co-translational protein insertion. The subunits SecY, SecE and SecG of the SecYEG translocon are indicated by green, orange and blue color, respectively. The color code of the FtsY-SRP complex is as in Figure 4 and the nascent PhoA is shown in dark-red. Please note that in this structure, the SecYEG translocon is only tentatively fitted and would have to tilt by ∼20° to be accommodated within the membrane (Jomaa et al., 2017).


Importantly, the SecA and SRP pathways have several features in common: (1) SecA and SRP engage the same docking site on the ribosome and both protrude into the ribosomal tunnel (Denks et al., 2017; Knupffer et al., 2019; Wang S. et al., 2019). (2) FtsY and SecA are activated upon binding to anionic phospholipids and SecY (Mircheva et al., 2009; Kuhn et al., 2011; Stjepanovic et al., 2011; Draycheva et al., 2016; Koch et al., 2016). (3) FtsY, SecA and the ribosome use largely identical binding sites on SecY (Mori and Ito, 2006; Kuhn et al., 2011, 2015). A computational approach for investigating the early evolutionary history of protein transport systems indicates that the SRP/FtsY targeting pathway is the most ancient protein delivery system that probably even existed before the last universal common ancestor (LUCA) (Harris and Goldman, 2021). As protein transport is faster than translation (Pugsley, 1990; Rodnina and Wintermeyer, 2016), the evolution of a second targeting system in fast growing bacteria probably ensures that secretory proteins are kept in a translocation-competent state, when the limited number of SecYEG translocons are co-translationally engaged by SRP-substrates.

Finally, translation-independent membrane localization of some mRNAs encoding for membrane proteins has been observed in bacteria (Nevo-Dinur et al., 2011; Kannaiah and Amster-Choder, 2014; Kannaiah et al., 2019). One example is the small membrane protein YohP, which consists of just 27 amino acids and is predicted to be involved in the bacterial stress response (Hemm et al., 2010). The yohP mRNA was found to be almost exclusively membrane localized, but membrane insertion of the YohP protein by either the SecYEG complex or YidC still required SRP and FtsY (Steinberg et al., 2020). SRP contacts YohP post-translationally both in vivo and in vitro (Steinberg et al., 2020), questioning the paradigm that SRP has to be ribosome-bound for substrate recognition. For small membrane proteins, the post-translational recognition by SRP can be easily explained by the fact that they are already released from the peptidyl transferase domain of the ribosome before they are sufficiently exposed on the ribosomal surface for co-translational SRP recognition. Considering the rapidly increasing number of small membrane proteins discovered in bacteria (Storz et al., 2014; Weaver et al., 2019), the post-translational targeting by SRP could be as abundant as the co-translational targeting and might also be executed for C-tail anchored membrane proteins in bacteria (Abell et al., 2004; Pross et al., 2016; Peschke et al., 2018; Figure 2).



THE SECYEG COMPLEX IN THE RESTING AND ACTIVE STATE

The first X-ray structure of the Sec translocon was obtained for the homologous SecYEβ complex from the archaeon Methanococcus janaschii and represented the resting state with a sealed pore (Van den Berg et al., 2004). In this resting conformation, which was later also obtained from other species (Li et al., 2007; Tsukazaki et al., 2008; Tanaka et al., 2015), SecY is organized in two halves formed by transmembrane helices (TMs) 1 to 5 and 6 to 10, respectively, which are connected by a loop between TM5 and 6, termed the hinge (Figure 6). In this clamshell-like structure, SecY forms two vestibules with a central constriction, called the pore ring, in the middle. The pore ring is formed by six bulky and hydrophobic isoleucine residues in E. coli and is sealed on the periplasmic side by a short helix (TM2a; the plug) (Figure 6B). The plug and the pore ring are important for maintaining the membrane barrier in the resting state and during translocation (Saparov et al., 2007; Park and Rapoport, 2011). This structural arrangement provided a first glimpse into how the SecY channel is able to translocate proteins across the membrane, but also to insert proteins into the membrane (Van den Berg et al., 2004). At the front of SecY, TMs 2/3, and 7/8 constitute a flexible crevice, called the lateral gate that allows access to the lipid phase (du Plessis et al., 2009; Hizlan et al., 2012; Bischoff et al., 2014; Gogala et al., 2014; Figure 6A). Cytosolically exposed loops of SecY provide the docking sites for SecA (Mori and Ito, 2006; Das and Oliver, 2011; Kuhn et al., 2011), FtsY (Angelini et al., 2005, 2006; Kuhn et al., 2011) and ribosomes (Prinz et al., 2000; Frauenfeld et al., 2011; Kuhn et al., 2011). Although these sites are not identical, they largely overlap (Kuhn et al., 2011), which indicates that SecA, FtsY and ribosomes compete for SecY binding (Wu et al., 2012; Kuhn et al., 2015). The tilted TM3 of SecE further stabilizes the hinge at the back of SecY and this appears to be crucial for its integrity because SecY is rapidly degraded by the membrane protease FtsH in the absence of SecE (Kihara et al., 1995; Lycklama a Nijeholt et al., 2013). SecG, the third subunit of the bacterial SecYEG complex, consists of two transmembrane domains, which are connected by a cytosolic loop (Figure 6). SecG is not essential for cell viability, but ΔsecG strains of E. coli exhibit protein transport defects in vivo (Nishiyama et al., 1994, 1996).
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FIGURE 6. Structure of the SecYEG translocon in its resting state and active state. (A) Structure of T. thermophilus SecYEG in the resting state (PDB 5AWW) and the active state (PDB 5CH4). SecY is shown in green, SecE in orange and SecG in blue. The SecY transmembrane domains that constitute the lateral gate are shown in light green and the plug in magenta. The upper structures depict the front views of the SecYEG translocon and the lower structures the top view from the cytosol, respectively. (B) Schematic front view and view from the cytosol of the SecYEG translocon.


Activation of the SecYEG channel and subsequent protein transport requires opening of the lateral gate, expansion of the pore ring and movement of the plug (Collinson et al., 2015; Voorhees and Hegde, 2016b; Figure 6A). These movements have been documented by additional structures and a wealth of biochemical data. For the transport of secretory proteins, the SecYEG channel is activated by SecA, which serves a dual function: it acts as SecYEG bound receptor for proteins with cleavable signal sequences and provides the energy for translocation by multiple ATP-hydrolysis cycles (Douville et al., 1995; Manting et al., 1997; Tomkiewicz et al., 2006; Alami et al., 2007; Das and Oliver, 2011; Gold et al., 2013; Gouridis et al., 2013). A first structure of a SecYEG-SecA complex (Zimmer et al., 2008) revealed the insertion of the hairpin-like two-helix finger (2HF) of SecA into the cytoplasmic vestibule of SecY and a partial opening of the lateral gate. This opening is required for intercalation of the signal sequence within the lateral gate (du Plessis et al., 2009; Hizlan et al., 2012; Corey et al., 2016). This is depicted in the structure of the SecYEG-SecA complex with a covalently linked signal sequence (Li et al., 2016; Figure 7A). This structure shows that the hydrophobic segment of the signal sequence is located outside of the opened lateral gate. The segment following this hydrophobic part is trapped between TM3 and TM7 on the periplasmic part of the lateral gate and the signal sequence cleavage site is located within the periplasmic vestibule. Opening of the channel is further accompanied by movement of the plug to the back of the channel, where it resides close to SecE, validating previous cross-linking studies (Harris and Silhavy, 1999; Tam et al., 2005).
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FIGURE 7. Structure of the substrate-engaged SecA-SecYEG complex and model for SecA-dependent translocation across the SecYEG-translocon. (A) Structure of the SecA-SecYEG complex from B. subtilis (PDB 5EUL). SecY and SecE are shown in green and orange, respectively, and the translocating peptide in yellow. The different domains of SecA are indicated. 2HF corresponds to the two-helix finger. (B) Upon ATP binding to SecA, the 2-helix-finger (2HF) inserts into the SecY channel and pushes the polypeptide into the channel. The signal sequence is depicted in red. For preventing back-sliding, the polypeptide binding domain (PBD) of SecA rotates toward the nucleotide-binding domain (NBD2) and forms a clamp that traps the polypeptide. This step likely occurs before or simultaneously with ATP-hydrolysis. Closing the clamp also leads to the retraction of the 2HF. After phosphate release, the clamp opens again and the polypeptide can slide deeper into the channel but in principle also backward. In vivo, backsliding at this stage could be prevented by contacts of the polypeptide to periplasmic chaperones, like Skp (Schäfer et al., 1999) or the PpiD/YfgM complex (Götzke et al., 2014; Jauss et al., 2019). In addition, the membrane potential is likely important for maintaining directionality of translocation (Driessen and Nouwen, 2008; Knyazev et al., 2018). Figure was modified after (Catipovic et al., 2019).


The activation of SecYEG by SecA initiates the step-wise translocation of secretory proteins across the membrane. The reconstituted SecYEG-SecA complex was shown to generate a mechanical force of about 10pN (Robson et al., 2007; Gupta et al., 2020). Consequentially, several models were proposed on how the high conformational flexibility of SecA might be used for the ATP-dependent and stepwise translocation of a preprotein across the SecYEG channel (Erlandson et al., 2008a, b; Kusters et al., 2011; Gouridis et al., 2013; Ernst et al., 2018; Fessl et al., 2018; Corey et al., 2019; Komarudin and Driessen, 2019). Central to most models is the 2HF-domain of SecA (Erlandson et al., 2008a). The 2HF was shown to insert into the cytosolic vestibule of SecY, where it resides in close proximity to the preprotein (Zimmer et al., 2008). A highly conserved tyrosine residue at the tip of the loop is essential for SecA function, but immobilizing the 2HF on the SecYEG complex does not interfere with translocation (Whitehouse et al., 2012), suggesting that even restricted movements of the 2HF are sufficient to support translocation. Latest data support a push-and-slide mechanism of protein translocation that depends on a power stroke by SecA (Catipovic et al., 2019; Catipovic and Rapoport, 2020). In this model (Figure 7B), the 2HF moves toward the SecY channel upon ATP binding, thereby pushing the polypeptide into the channel. While the 2HF retracts during ATP hydrolysis from the channel, movement of the polypeptide-binding domain of SecA toward the nucleotide-binding domain generates a clamp that fixes the polypeptide in the channel. Phosphate release from SecA is suggested to open the clamp, which allows for some passive sliding of the polypeptide until the next ATP binds and the 2HF pushes the next segment of the polypeptide into the channel. The observation that cross-linking the 2HF to the cytosolic loop C4 of SecY does not impair protein translocation (Whitehouse et al., 2012) is possibly explained by the inherent flexibility of the large C4 loop which might still allow sufficient movements of the 2HF.

The 2HF is also central to an alternative model for SecA-dependent translocation, which suggests a Brownian ratchet mechanism (Collinson, 2019). In this model, SecA regulates channel opening via the 2HF, while substrate movement across the channel occurs via Brownian movement (Allen et al., 2016, 2020). ATP hydrolysis by SecA is suggested to prevent partial folding of substrates at the SecA-SecY interface, while the partial folding on the periplasmic side would prevent back-sliding and thus impose directionality to protein translocation (Fessl et al., 2018; Corey et al., 2019).

In both models, substrate translocation is further stimulated by the proton-motif-force (PMF), which probably adds to vectorial translocation (Brundage et al., 1990; Nouwen et al., 1996; Knyazev et al., 2018). Prior to completion of translocation, the signal sequence is cleaved off by signal peptidase and the mature domain is released into the periplasm (Josefsson and Randall, 1981a, b; Paetzel et al., 2002). This latter step is likely supported by periplasmic chaperones (Schäfer et al., 1999; Furst et al., 2018; Chum et al., 2019; Mas et al., 2019) (see below).

Inner membrane proteins are targeted to the SecYEG translocon co-translationally as RNCs by the SRP pathway (Figure 2; Koch et al., 1999; Beck et al., 2000; Neumann-Haefelin et al., 2000; Akopian et al., 2013b; Steinberg et al., 2018). The SRP receptor FtsY docks onto the SecYEG translocon and engages largely identical binding sites as SecA and the ribosome (Angelini et al., 2005, 2006; Kuhn et al., 2011, 2015). FtsY and SecA have comparable affinities for the SecYEG translocon and are present in comparable copy numbers in E. coli (Douville et al., 1995; Kudva et al., 2013; Kuhn et al., 2015) and it is currently unknown how access of either FtsY or SecA to the SecYEG translocon is regulated. Importantly, only SecY-bound FtsY exposes the SRP binding site and is thus able to direct the SRP-RNC complex to the SecYEG translocon (Mircheva et al., 2009; Draycheva et al., 2016). Structural information on the isolated FtsY-SecYEG complex is not available, but Cryo-EM structures of RNCs bound to the Sec translocon in the presence and absence of SRP and its receptor have been obtained from different species (Becker et al., 2009; Frauenfeld et al., 2011; Bischoff et al., 2014; Gogala et al., 2014; Voorhees et al., 2014; Jomaa et al., 2016, 2017; Voorhees and Hegde, 2016a; Kater et al., 2019). Binding of a non-translating ribosome to the Sec translocon, primarily via the cytosolic loop C5, results in small rearrangements which slightly open the cytosolic part of the lateral gate (Voorhees et al., 2014; Figure 8). The structure of a quaternary ribosome-SRP-FtsY-SecYEG complex revealed that FtsY aligns the ribosomal tunnel exit with the SecYEG channel (Jomaa et al., 2017; Figures 5, 8). The exposure of a short nascent membrane protein further opens the lateral gate on the cytosolic side (Kater et al., 2019) and full insertion of the signal anchor sequence leads to a rotation of helices 2–5 and 10 and allows trapping of the signal anchor sequence at the lateral gate (Voorhees and Hegde, 2016a; Figure 8). Simultaneously, the plug is displaced from its position at the pore ring and the channel is open to both the trans-side and the lipid side of the membrane. TMs downstream of the signal anchor sequence can exit the Sec translocon laterally one by one or in pairs (Heinrich and Rapoport, 2003; Houben et al., 2004; Sadlish et al., 2005). Lipid partitioning of TMs is largely determined by their hydrophobicity (Hessa et al., 2007; White and von Heijne, 2008) and moderately hydrophobic TMs possibly require the interaction with a more hydrophobic second TM to enter the lipid phase (Heinrich and Rapoport, 2003). These helix-helix interactions could occur within the Sec channel (Pitonzo et al., 2009), at the channel-lipid interface (Sadlish et al., 2005; Cross and High, 2009) or even before, at the end of the ribosomal tunnel (Tu et al., 2014; Holtkamp et al., 2015; Nilsson et al., 2015). Lateral release of transmembrane domains out of the SecY channel is further facilitated by YidC (Beck et al., 2001; Houben et al., 2002), which associates with the lateral gate of SecY to form a tetrameric protein channel (Sachelaru et al., 2015, 2017).
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FIGURE 8. Model of membrane protein insertion via the SecYEG translocon. In the resting state of the SecYEG-translocon, the lateral gate, composed of transmembrane domains (TMs) 2/3 on one side (orange) and TMs 7/8 (blue) on the other side, is closed. Binding of the translating ribosome to the cytosolically exposed loop connecting TM 6 and 7 of SecY (C5-loop, not shown), causes the lateral gate to slightly open, which is then primed for the approaching nascent chain. The emerging nascent membrane protein (red) disrupts contacts between TM 2 and TM 7 on the cytosolic side of the membrane further, while TM 7 moves closer toward TM 3 on the periplasmic side. This creates a V-shaped crevice during the early state of insertion. This state is likely further stabilized by the two N-terminal TMs of SecE (not shown). Ongoing chain elongation positions the hydrophobic core of the signal peptide (red zylinder) at the lateral gate, where it occupies approx. the same position as TM 2 in the resting SecYEG channel, before it is released into the membrane.


Although there are some variations in the translocon structure when activated by SecA or the ribosome, the step-wise channel opening during post-translational translocation or co-translational insertion appears to be a conserved feature of the Sec translocon and is in line with multiple biochemical studies (du Plessis et al., 2009; Bonardi et al., 2011; Hizlan et al., 2012; Knyazev et al., 2013, 2014; Ge et al., 2014; Mercier et al., 2020). It is, however, currently unknown how channel opening and transport across the SecYEG translocon works for membrane proteins that are co-translationally targeted by SecA, like RodZ (Rawat et al., 2015; Wang et al., 2017; Figure 3). A simultaneous binding of SecA and the ribosome to SecY appears unlikely, considering that both engage overlapping binding sites on SecY (Kuhn et al., 2011). One possibility is that SecA starts inserting RodZ only after it is released from the ribosome. In this case, only targeting would occur co-translationally, while the actual insertion would be post-translationally. A similar situation is encountered during co-translational insertion of membrane proteins with large periplasmic loops, because their translocation requires SecA (Neumann-Haefelin et al., 2000; Deitermann et al., 2005). How the access of SecA to these loops during co-translational insertion is coordinated is currently unknown. Finally, how the SecYEG translocon handles small membrane proteins that are post-translationally targeted by SRP (Steinberg et al., 2020; Figure 2), i.e., when neither the ribosome nor SecA are involved, requires further analyses.



THE SECYEG INTERACTION NETWORK

The Sec translocon in bacteria and eukaryotes is organized as a highly modular protein complex and multiple different entities have been structurally and biochemically characterized (Zimmer et al., 2008; Boy and Koch, 2009; Frauenfeld et al., 2011; Denks et al., 2014; Komar et al., 2016; Kater et al., 2019). The E. coli SecYEG translocon was found to exist as a functional monomer (Menetret et al., 2007; Kedrov et al., 2011; Park and Rapoport, 2012) and as a dimer stabilized by cardiolipin (Gold et al., 2010). SecYEG was furthermore found in heterotetrameric complexes with SecA (Zimmer et al., 2008) or YidC (Boy and Koch, 2009; Sachelaru et al., 2017), and as heterohexameric complexes with SecDFYajC (Duong and Wickner, 1997) or FtsY-SRP-RNCs (Jomaa et al., 2017). Finally, a heteroheptameric SecYEG-SecDFYajC-YidC complex was characterized and referred to as Holo-translocon (HTL) (Schulze et al., 2014; Komar et al., 2016). Several additional partner proteins have been identified, like the YfgM-PpiD chaperone complex (Antonoaea et al., 2008; Götzke et al., 2014; Sachelaru et al., 2014; Furst et al., 2018; Jauss et al., 2019), or the cytosolic protein Syd, which is suggested to serve together with the protease FtsH in quality control of the Sec translocon (Akiyama et al., 1996; Dalal et al., 2009; Table 1 and Figure 9). Non-proteinaceous partners are equally important for SecYEG function, like anionic phospholipids and cardiolipin (Prabudiansyah et al., 2015; Collinson, 2019; Bogdanov et al., 2020; Ryabichko et al., 2020) or the glycolipid MPiase, which was shown to support protein transport via the SecYEG translocon (Moser et al., 2013; Nishiyama and Shimamoto, 2014). The highly dynamic equilibrium between different SecYEG assemblies likely allows the SecYEG complex to adapt to a wide variety of different substrates and to different physiological conditions.


TABLE 1. Interaction partners of the SecYEG translocon.
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FIGURE 9. Schematic view on the protein interaction network of the E. coli SecYEG complex. Interactions within the inner membrane are shown in blue boxes, those that take place at the cytosolic phase of the inner membrane in orange boxes, those at the periplasmic side of the inner membrane in a green box, and those with the outer membrane are boxed in yellow. For details see text.



YidC

YidC is an inner membrane protein with six TMs in E. coli and a Nin-Cin-topology (Figure 10A). It belongs to a conserved group of proteins with homologues in mitochondria, chloroplasts, the endoplasmic reticulum and archaea (Borowska et al., 2015; Anghel et al., 2017; Kuhn and Kiefer, 2017; McDowell et al., 2021). Although YidC can act as SecYEG-independent insertase for some membrane proteins (Samuelson et al., 2000; Luirink et al., 2001; Serek et al., 2004; Welte et al., 2012), it also associates with the SecYEG complex (Scotti et al., 2000; Nouwen and Driessen, 2002; Li et al., 2013; Sachelaru et al., 2015, 2017).
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FIGURE 10. Structures of YidC, SecDF and a model of the holo-translocon. (A) Structure of YidC from E. coli (PDB 6AL2). The conserved transmembrane domains (TMs) 2 to 6 of YidC are indicated (TM2, light blue; TM3, yellow; TM4, orange; TM5, light pink; TM6, red), while the structure of TM1 is still unknown. The short amphipathic helix EH1 is depicted in dark blue, the periplasmic loop P1 in dark green and the cytoplasmic loop C1 in light green. (B) Structure of the SecDF complex from Thermus thermophilus (PDB 5YHF). SecDF consists of 12 TMs, six each in SecD (TM1-6, pink) and SecF (TM7-12, green), and three periplasmic domains, termed P1-head (dark blue), P1-base (light blue) and P4 (yellow). (C) Modell of the holo-translocon based on the cryo-EM structure from E. coli (PDB 5MG3). SecY is shown in green, SecE in orange and SecG in blue, its ancillary subunits SecD in pink, SecF in green and YidC in yellow.


The conserved TMs 2 to 6 of YidC are organized as a globular helix bundle that forms a hydrophilic groove within the membrane, while the structure and position of TM1 is unknown (Kumazaki et al., 2014a, b; Figure 10A). The hydrophilic groove is blocked on the periplasmic side of the membrane by the short amphipathic EH1 helix, which is oriented in parallel to the membrane surface. The EH1 helix is part of the large P1-loop that connects TM1 and TM2 on the periplasmic side (Saaf et al., 1998; Oliver and Paetzel, 2008; Ravaud et al., 2008). On the cytosolic side of TM2, the C1-loop forms a helical coiled-coil domain that is essential for YidC function (Geng et al., 2015). The hydrophilic groove likely faces the TM domains of SecY and cross-link data demonstrate that TM1, TM3 and TM5 of YidC are in close contact to the lateral gate of SecY (Sachelaru et al., 2015; Petriman et al., 2018). YidC can even enter the SecY channel (Sachelaru et al., 2017) and this is achieved via the flexible TM1 and the P1-loop that reaches deep into the periplasmic cavity of SecY, where it makes contact to the plug domain of SecY (Jauss et al., 2019). TM1 was also found in contact with SecG, supporting its intrinsic flexibility (Petriman et al., 2018). Further contacts between YidC and SecY were observed for the C1-loop, while the P1-loop also contacts SecG, SecE and SecF. The C1-loop also provides the docking site for FtsY and is essential for the insertase function of YidC (Geng et al., 2015), but SecY-YidC contacts are maintained even in the absence of the C1-loop (Petriman et al., 2018). Crystallization and molecular dynamics simulations demonstrate that the C2 loop linking TM4 and TM5 is highly flexible (Tanaka et al., 2018). Together with the C-terminus of YidC, the C2-loop provides the ribosome binding site of YidC (Geng et al., 2015) and shields the hydrophilic groove on the cytosolic side (Tanaka et al., 2018). The intimate contact between the hydrophilic groove of YidC and the lateral gate of SecY provides further support for the concept that TMs leaving the SecY channel are first bound by YidC before they are released into the lipid phase (Beck et al., 2001; Houben et al., 2002). TMs exit the SecY channel in most cases sequentially (Serdiuk et al., 2019) and the hydrophilic groove of YidC probably reduces the hydrophobicity of the adjacent lateral gate of SecY and therefore further stimulates the release of the TMs into the inner membrane by a greasy slide. The amphipathic helix EH1 could act as a mechanical switch, tilting TM3 and supporting substrate release (Dalbey et al., 2017; He et al., 2020).



The SecDFYajC Complex

The inner membrane proteins SecD, SecF and YajC form a stable complex (Pogliano and Beckwith, 1994a, b) and were shown to interact with SecYEG and YidC (Duong and Wickner, 1997; Nouwen and Driessen, 2002). Depletion of SecDF causes cold sensitivity and the accumulation of precursor proteins in the cytosol, supporting their role in stimulating protein translocation across the membrane (Pogliano and Beckwith, 1994a). SecD mutants also lead to elevated levels of SecA (Rollo and Oliver, 1988), which is a typical sign of impaired protein translocation (Ito et al., 2018).

The crystal structure of the SecDF complex shows 12 TMs, six each in SecD and SecF, and three periplasmic domains, termed P1-head, P1-base and P4 (Tsukazaki et al., 2011; Figure 10B). The P1-head can undergo a large rotation, resulting in two distinct conformations, the F- and I-form. An amphiphilic cavity within the P1-head was proposed to bind precursor proteins (Furukawa et al., 2017, 2018). As protein translocation is strongly dependent on the PMF (Driessen and Wickner, 1991; Mori and Ito, 2003; Corey et al., 2018; Knyazev et al., 2018), PMF-driven conformational changes of the P1-head could help to pull substrates out of the SecYEG channel (Tsukazaki et al., 2011; Tsukazaki, 2018). This is in line with the assumption that the SecDF complex is necessary at a later stage of protein translocation (Pogliano and Beckwith, 1994a; Tsukazaki, 2018). The predicted low abundance of the SecDFYajC complex in E. coli (Pogliano and Beckwith, 1994a, b) suggests that such a pulling is only required for particular substrates or that other proteins execute a similar function, e.g., the YfgM-PpiD complex that also associates with the SecYEG translocon (Götzke et al., 2014; Sachelaru et al., 2014; Jauss et al., 2019).

SecF interacts with the P1-loop of YidC and the non-conserved residues 215–265 in the P1-loop are sufficient for SecF interaction (Xie et al., 2006), but these residues are not required for YidC function (Jiang et al., 2003). The phenotype of a secDF depletion strain can be rescued by YidC-overproduction, further supporting a cooperation between SecDF and YidC (Nouwen and Driessen, 2002; Li et al., 2013). The SecDF complex likely stabilizes the SecYEG-YidC interaction (Nouwen and Driessen, 2002; Tsukazaki, 2018), although the SecYEG-YidC interaction is also observed in the absence of the SecDFYajC complex (Boy and Koch, 2009; Sachelaru et al., 2015). Finally, SecDF might also play a role in efficient maturation and folding of OMPs (Alvira et al., 2020) and it was proposed that SecDF is part of an inter-membrane trafficking machinery that connects transport processes across the inner membrane with those at the outer membrane (Alvira et al., 2020) (see below).



The Holo-Translocon

The existence of a HTL was first shown after co-expression and purification of its seven constituents (Schulze et al., 2014). The HTL comprises the core SecYEG translocon and its ancillary subunits SecDFYajC and YidC, forming a heteroheptameric complex (Schulze et al., 2014; Botte et al., 2016; Komar et al., 2016). The periplasmic domains of SecDF and YidC are localized on top of the SecY channel and are suggested to interact with emerging substrates, potentially preventing their backsliding (Botte et al., 2016; Figure 10C). The seven subunits of the HTL are arranged around a central lipid-filled chamber, which might provide a flexible and protected environment for TMs to fold, to acquire their final topology and to assemble (Goder et al., 1999; Dowhan et al., 2019; Martin et al., 2019). The presence of the lipid chamber could also promote the assembly of membrane protein complexes, a function that was assigned to YidC when in complex with SecYEG (Wagner et al., 2008). This concept would attribute the HTL a particular role during membrane protein insertion and indeed in vitro studies showed that the HTL was more efficient in protein insertion and less effective in SecA-dependent protein secretion than the SecYEG complex (Schulze et al., 2014). However, in these studies the HTL also increased the insertion of proteins that were classified as SecY-independent, like the phage protein Pf3 or subunit c of the F1F0 ATPase (Serek et al., 2004; van der Laan et al., 2004). The abundance of the HTL in the E. coli membrane is not entirely clear. Initial estimations suggested that the SecDF complex is present in only 30–100 copies per cell and thus about 10 times less abundant than SecYEG (Pogliano and Beckwith, 1994a, b). In contrast, ribosome profiling data indicated a 4:1 SecYEG:SecDF ratio (Li et al., 2014) and a recent proteomics study even proposed a 1:1 ratio (Schmidt et al., 2016). Considering that the HTL is only one of several SecYEG assemblies, it is important to emphasize that these absolute numbers would only predict the number of theoretically possible HTLs, but not the real number in the E. coli membrane.



The Interaction of the SecYEG Complex With Periplasmic Chaperones and the Outer Membrane

The interaction of the SecYEG complex with periplasmic chaperones was first shown for Skp and it was suggested that Skp could facilitate substrate release from the SecY channel (Schäfer et al., 1999; Harms et al., 2001; Figure 9). A similar function was also proposed for the membrane-anchored periplasmic chaperone PpiD, which was found to contact a secretory protein exiting SecY (Antonoaea et al., 2008). PpiD forms a complex with YfgM, which contains like PpiD a single TM and a large periplasmic domain (Maddalo et al., 2011; Götzke et al., 2014). YfgM was also found as contact partner of SecYEG and the PpiD-YfgM complex was suggested to mediate substrate transfer from the SecYEG complex to other periplasmic chaperones, like SurA, Skp, or DegP (Götzke et al., 2014; Furst et al., 2018). PpiD contacts the lateral gate of SecY (Sachelaru et al., 2014) and its periplasmic domain deeply inserts into the periplasmic cavity of the SecY channel (Jauss et al., 2019). When the plug domain of SecY is deleted, the interaction between SecYEG and PpiD is enhanced both at the lateral gate as well as in the channel interior which suggests that channel opening controls the SecY-PpiD contact. These SecY-PpiD contacts as revealed by site-directed in vivo cross-linking are basically identical to the detected SecY-YidC contacts, which indicates that SecY can either interact with YidC or PpiD. However, PpiD and YidC show non-competitive binding to the SecYEG translocon in vivo (Jauss et al., 2019), pointing to the possible presence of two distinct SecYEG populations. This is also supported by Blue-Native PAGE analyses, which found SecYEG either in contact with YidC or PpiD/YfgM (Götzke et al., 2014) and by data showing that the SecY-PpiD contact is lost when SecY is engaged in inserting a membrane protein (Sachelaru et al., 2014). PpiD contains an inactive prolyl-isomerase domain in its periplasmic loop (Weininger et al., 2010) and does not seem to execute any pulling force on SecY substrates (Jauss et al., 2019). Still it improves translocation efficiency and the release of newly translocated substrates into the periplasm, possibly by preventing their backsliding into the periplasmic cavity of SecY (Furst et al., 2018). PpiD was also found to cross-link to the periplasmic chaperone SurA, providing further evidence for a role of PpiD in connecting the translocation machinery to the periplasmic folding machinery (Wang et al., 2016).

After their translocation across the inner membrane, β-barrel OMPs have to be inserted into the outer membrane (Bos et al., 2007; Konovalova et al., 2017). The β-barrel assembly machinery, the BAM complex, is localized in the outer membrane (OM) and facilitates the folding and insertion of OMPs into the OM (Ranava et al., 2018; Ricci and Silhavy, 2019). The complex has a molecular mass of around 203 kDa and comprises the core protein BamA and the four additional lipoprotein subunits BamBCDE (Noinaj et al., 2017; Figure 1). BamA contains a β-barrel domain and five polypeptide-transport-associated (POTRA) domains protruding into the periplasm. Even though only BamA and BamD are essential in vivo, all five subunits are necessary for unrestrained function of the complex (Iadanza et al., 2016).

The passage of OMPs from the SecYEG translocon to the BAM complex has been analyzed in multiple studies (reviewed in (Ricci and Silhavy, 2019). A direct interaction between the SecYEG translocon and the BAM complex was first suggested when a supercomplex consisting of BamA, BamB, SurA, PpiD, SecY, SecE, and SecA was found by native gel electrophoresis (Wang et al., 2016). Furthermore, cross-links between the periplasmic chaperone SurA and BamA consolidated the idea that translocation of OMPs across the inner membrane, passage through the periplasm and the insertion into the OM could be physically linked (Wang et al., 2016). BamA was furthermore found to co-purify with the Sec translocon (Jauss et al., 2019) and interactions between SecY and BamACD were identified in a peptidisc approach combined with affinity purification/mass-spectrometry (Carlson et al., 2019). The existence of connecting structures between the inner and outer membranes (so called Bayer’s patches) that could aid the biogenesis of OMPs were first postulated by Bayer (1968). However, they were controversially discussed since their discovery, although some biochemical evidence pointed to the existence of contact points between the outer and inner membrane (Ishidate et al., 1986; Kellenberger, 1990; Malinverni and Silhavy, 2011). This was recently verified by showing the interaction of the HTL with the BAM complex. This transient contact was shown to be conferred by the periplasmic loops of SecDF, YidC, and the BAM complex (Alvira et al., 2020). The periplasmic domain of SecD has multiple contact sites with BamBCD, while YidC interacts with BamABCD. Furthermore, there might be a potential interaction between YajC and BAM (Carlson et al., 2019). In contrast, the SecYEG complex alone is not able to directly interact with the BAM complex, probably due to the lack of large periplasmic domains. The HTL-BAM complex is further stabilized by cardiolipin (Alvira et al., 2020), which was already shown to be important for SecYEG complex stability (Gold et al., 2010; Ryabichko et al., 2020). A yet unsolved question is how OMPs are transported to and inserted into the OM without any apparent energy source due to the lack of ATP in the periplasm and the absence of an ion gradient across the outer membrane (Konovalova et al., 2017). The interaction between the HTL and BAM could facilitate the energetic coupling of inner membrane with outer membrane transport. Once OMP precursors are translocated across the SecYEG complex and the signal sequence is cleaved, the mature but yet unfolded protein is bound by periplasmic chaperons, such as PpiD (Antonoaea et al., 2008) and is then recognized by the BAM complex, forming a trans-periplasmic supercomplex with SecDF as potential energy supplier (Carlson et al., 2019; Alvira et al., 2020).



Further Contacts of the SecYEG Complex

Functional and proteomic studies have identified several additional proteins as potential contact partners of the SecYEG complex (Kuhn et al., 2011; Carlson et al., 2019; Jauss et al., 2019), although the functional relevance of some of these interactions require further analyses (Table 1 and Figure 9).

The cytosolic protein Syd was shown to stabilize overexpressed SecY in E. coli (Shimoike et al., 1995) and to prevent access of SecA to an altered SecYEG translocon (Matsuo et al., 1998). Syd is suggested to bind to the C4 and C5 loops of SecY (Dalal et al., 2009), which are also part of the SecA binding site (Mori and Ito, 2006; Kuhn et al., 2011) and it appears that binding of SecA and Syd to SecY is mutually exclusive (Dalal et al., 2009). The SecY-Syd interaction could provide a quality control system for the correct assembly of the SecYEG complex, probably in conjunction with the essential zinc-metalloprotease FtsH (Kihara et al., 1995; Ito and Akiyama, 2005).

A cooperation between the SecYEG translocon and the Tat transport system for folded proteins (Kudva et al., 2013) was observed in Streptomyces coelicolor (Keller et al., 2012). Here, the first two TMs of the Rieske iron-sulfur protein are inserted via the SecYEG translocon, while TM3 is dependent on the Tat machinery. The dual requirement for the Sec- and Tat-machinery appears to be common for membrane proteins that contain globular, co-factor containing extracytoplasmic domains (Tooke et al., 2017), which are abundant in both Gram-positive and Gram-negative bacteria. TatA was also found co-purifying with the SecYEG translocon in E. coli, supporting the concept of a widespread cooperation between the Sec and Tat transport systems (Jauss et al., 2019).

The F1F0-ATPase was also shown to interact with the SecYEG complex (Chorev et al., 2018) and subunit b of F1F0-ATPase was enriched in a peptidisc approach (Young et al., 2020). The interaction of the protein translocation machinery with components of the respiratory chain has been extensively studied in the mitochondrial inner membrane (Pfanner et al., 2019), but the physiological importance of these interactions in the bacterial membrane requires further analyses.

YibN and YicN are two single-spanning membrane proteins of approx. 15 kDa that co-purify with SecYEG (Jauss et al., 2019; Young et al., 2020), but their functions have not been elucidated. A possible role of YibN in protein transport is supported by the observation that YibN is up-regulated when YidC is depleted (Wickstrom et al., 2011b) and in particular enriched when the SecYEG translocon is purified from secDF-depleted E. coli strains (Young et al., 2020). Nevertheless, the exact role of YibN/YicN in the translocation machinery and how they interact with the Sec translocon has still to be examined.



CONNECTING PROTEIN TRANSPORT TO THE PROTEOSTASIS NETWORK

The SecYEG translocon, SecA, SRP, and FtsY are essential for cell viability, but conditional depletion strains have been generated for some of the respective genes and were analyzed for transcriptomic or proteomic responses. The depletion of SRP induces the σ32-response and leads to an up-regulation of several chaperones and proteases, like DnaK, GroEL, GroES, ClpB, IbpA, and FtsH (Bernstein and Hyndman, 2001; Wickstrom et al., 2011a; Figure 11). It furthermore induces the phage-shock protein A (PspA), which is generally associated with inner membrane damage (Manganelli and Gennaro, 2017). However, it does not lead to increased levels of stress-induced periplasmic proteins, like DegP or Skp (Wickstrom et al., 2011a), suggesting that the σE-dependent cell envelope stress response is not induced (Hews et al., 2019). This is rather surprising, because the insertion of SecY is dependent on the SRP/FtsY pathway (Koch and Muller, 2000) and SRP depletion should reduce the levels of SecY, which subsequently should impair the translocation of OMPs (Kudva et al., 2013). On the other hand, by promotor fusion experiments it was shown that impaired SecY activity is not strictly linked to the induction of the cell envelope stress response (Shimohata et al., 2007). It appears likely that the σE-dependent cell envelope stress response is only induced upon prolonged SRP-depletion or when SecYEG-dependent transport largely ceased. The up-regulation of chaperones and proteases is also observed in a conditional FtsY-depletion strain. However, FtsY-depletion additionally induced ribosome-inactivation via the ribosome-modulation factor (RMF) (Bürk et al., 2009). An up-regulation of chaperones/proteases and down-regulation of translation is also observed in eukaryotic cells upon SRP depletion (Mutka and Walter, 2001). Importantly, the depletion of the SRP pathway in either bacteria or eukaryotic cells does not cause a rapid decline in the membrane proteome (Ulbrandt et al., 1997; Wickstrom et al., 2011a; Costa et al., 2018). A possible explanation for this conundrum is the intrinsic affinity of ribosomes for the SecYEG complex (Prinz et al., 2000) and the presence of alternative targeting systems in eukaryotes (Ast et al., 2013).
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FIGURE 11. Cellular response to impaired protein transport. Depletion of SRP/FtsY or SecYEG induce a multifaceted response. This includes membrane stabilization via the induction of the phage-shock response (PspABC complex), the inhibition of translation via the induction of the ribosome-modulation factor (RMF) upon FtsY depletion and the induction of the σ32-response via the accumulation of misfolded proteins. Increased chaperone and protease production reduce the cellular concentration of misfolded proteins and provide a negative feedback loop for declining the σ32 response. Chaperones inhibit σ32 directly and the membrane bound protease FtsH degrades σ32. Membrane targeting of σ32 for degradation by FtsH is dependent on SRP/FtsY and SecYEG. Thus, upon SRP/FtsY or SecYEG depletion/saturation, elevated σ32 levels persist. FtsH also degrades misfolded/aggregated membrane proteins and SecY that is not in complex with its partner protein SecE. Ffh, the protein subunit of SRP is also a substrate of the Lon protease; in particular when Ffh is in excess over the 4.5S RNA, the RNA subunit of the bacterial SRP. “+” indicates increased production, “–” indicates reduced production, inhibition or degradation.


The cellular concentration of SRP is controlled by the Lon protease, which is induced upon stress conditions. However, Lon-dependent degradation of Ffh primarily occurs when the Ffh levels exceed the concentration of the 4.5S RNA (Sauerbrei et al., 2020) and it is unclear whether Lon also reduces the Ffh levels upon stress conditions. FtsY is encoded in the ftsYEX operon, upstream of the heat-shock sigma factor σ32 (Gill and Salmond, 1987, 1990; Weinreich et al., 1994), however, they seem not to be transcriptionally coupled (Gómez-Eichelmann and Helmstetter, 1999). FtsE and FtsX are involved in the control of peptidoglycan hydrolase activity and important for cell division (Pichoff et al., 2019), explaining the filamentous phenotype of ftsYEX mutations (Luirink et al., 1994). FtsY levels have been shown to increase at low temperature (Liu et al., 2016; Zhong and Zhao, 2019) and FtsY is subject to a proteolytic event, which degrades its N-terminal membrane targeting sequence (Weiche et al., 2008). However, the responsible protease and the physiological significance of this degradation are still unknown.

Mutants lacking SecB or depleted for SecA also show an up-regulation of the σ32-response due to the accumulation of secretory protein precursors in cytoplasm (Wild et al., 1992, 1993, 1996). SecB-deficient strains also show impaired growth on rich medium (Kumamoto and Beckwith, 1985; Wild et al., 1993), however, this is likely caused by a polar effect of the secB deletion on the downstream gpsA gene, which is involved in phospholipid biosynthesis (Shimizu et al., 1997).

The σ32-response and the formation of cytosolic aggregates containing many ribosomal proteins is also induced upon SecYE depletion (Wild et al., 1992, 1993, 1996; Baars et al., 2008). However, in comparison to SRP depletion, SecYE depletion has a more drastic effect on the steady-state levels of inner membrane proteins and secretory proteins (Baars et al., 2008). SecYE-depletion primarily reduces the levels of multi-spanning membrane proteins and the levels of membrane proteins with large periplasmic domains. Intriguingly, these membrane proteins cannot engage YidC as second integration site for membrane proteins (Samuelson et al., 2000; Serek et al., 2004) and are therefore strictly dependent on SecYEG. The levels of single spanning and short membrane proteins are less impaired by SecYE-depletion, because they can use YidC as alternative integration site when SecYEG is depleted. This is also in line with the observation that the SRP pathway can target both SecYEG and YidC (Welte et al., 2012; Petriman et al., 2018).

The σ32-response in E. coli is regulated by two feedback loops. Free chaperones, like DnaK or GroEL bind and inactivate σ32, while the inner membrane protease FtsH degrades σ32. It was recently shown that membrane targeting of σ32 is dependent on SRP, FtsY, and SecY (Lim et al., 2013; Miyazaki et al., 2016; Figure 11). Thus, depletion of SRP/FtsY increases the stability of σ32 by reducing its degradation via FtsH. This allows for increased chaperone and protease production when the SRP pathway or the SecYEG translocon are saturated and links protein transport directly to the proteostasis network.

The levels of SecY and SecE in E. coli are slightly higher on rich media compared to minimal media and are reduced in stationary phase (Yang et al., 2013; Crane and Randall, 2017). Thus, the expression of secY and secE seem to mimic the expression of house-keeping genes. A similar observation was made for secDF expression in S. coelicolor (Zhou et al., 2014). This is different for SecA; here an intriguing mechanism has been identified that allows E. coli to tailor SecA-levels to reduced translocation activity of the SecYEG translocon (Ito et al., 2010; Ito and Chiba, 2013). This was first recognized by studies showing that partial inactivation of SecYEG-dependent translocation by secY mutations or by adding the SecA-inhibitor sodium azide, led to an up-regulation of SecA (Oliver and Beckwith, 1982; Rollo and Oliver, 1988). This regulation is achieved by the product of the upstream secM gene, which is co-transcribed with secA. Both genes are separated on the mRNA by a stem-loop- like sequence that overlaps with the Shine-Dalgarno sequence of secA. SecM (secretion monitor) is a signal-sequence containing polypeptide that is translocated into the periplasm, where it is rapidly degraded. A particular feature of SecM is the presence of a stalling sequence at its C-terminus, which causes a transient translation arrest that is released during translocation. However, when translocation is compromised, translational arrest persists and the formation of the stem-loop is blocked, allowing the ribosome unhindered access to the Shine-Dalgarno sequence of the secA gene and increases the production of SecA (Ito et al., 2018). The use of monitoring substrates for adjusting the protein transport capacity has also been shown in Vibrio alginolyticus, where the substrate VemP controls the switch between a sodium-coupled SecDF2 complex and a proton-coupled SecDF1 complex in low Na+ environments (Ishii et al., 2015; Miyazaki et al., 2020). Similar systems are also active in Gram-positive bacteria, like B. subtilis. Here, the monitoring substrate MifM controls the expression of the alternative YidC2 when YidC1 is compromised (Chiba et al., 2011; Chiba and Ito, 2012, 2015).

Besides the minor growth-phase dependent regulation of SecY and SecE as described above, entries in the E. coli gene expression database do not reveal a strong transcriptional regulation of the respective genes in response to different growth or stress conditions (GenExpDB3). This is also validated by a proteomic approach, which demonstrated comparable levels of SecY, SecE and SecG over the entire growth phase of E. coli (Soufi et al., 2015). This is rather surprising, because secY is encoded in the spc operon together with genes for several ribosomal proteins (Lindahl et al., 1990; Ikegami et al., 2005). These genes are significantly down-regulated during stationary phase or when cells encounter stress conditions (Coenye and Vandamme, 2005; Ikegami et al., 2005; Starosta et al., 2014). The spc operon is under control of the rplN promotor and binding of RNA-polymerase is inhibited when cells enter stationary phase by the transcription factor DksA and the alarmone ppGpp, a hyper-phosphorylated guanosine derivative (Lemke et al., 2011; Haas et al., 2020). Thus, secY expression is obviously disconnected from the regulation of the other genes within the spc operon, probably by the presence of an internal promotor.

In E. coli, the levels of the two alarmones ppGpp and pppGpp are mainly controlled by the activity of two enzymes, RelA and SpoT (Atkinson et al., 2011; Potrykus and Cashel, 2018; Pausch et al., 2020). RelA primarily responds to stalled ribosomes upon amino acid starvation (Starosta et al., 2014; Steinchen et al., 2020), while SpoT activity increases upon fatty acid or carbon starvation (Battesti and Bouveret, 2009; Figure 12). High levels of (p)ppGpp induce a process called stringent response that is associated with a significant re-programming of cellular activities (Bennison et al., 2019; Irving et al., 2020). The (p)ppGpp levels raise from approx. 40 μM during exponential phase up to approx. 1 mM at the transition into stationary phase or upon amino acid starvation (Varik et al., 2017; Haas et al., 2020; Steinchen et al., 2020). Cellular re-programming is induced by two mechanisms: allosteric regulation of target proteins, like RNA polymerase, which leads to reduced expression of the spc-operon (Liang et al., 1999; Steinchen et al., 2020), and competitive inhibition of GTP-binding proteins, like the ribosome assembly factor ObgE (Sato et al., 2005; Persky et al., 2009; Feng et al., 2014), the initiation factor IF2 (Diez et al., 2020) or elongation factor EF-G (Mitkevich et al., 2010; Steinchen et al., 2020). As a result, ribosome biogenesis and translation are adjusted to substrate limitation.
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FIGURE 12. (p)ppGpp-dependent regulation of translation and protein transport in bacteria. The alarmones ppGpp and pppGpp are synthesized upon amino acid starvation by the ribosome-associated protein RelA or by the cytosolic protein SpoT upon carbon or fatty acid starvation. Allosteric regulation of RNA polymerase by (p)ppGpp reduces ribosome biogenesis and increases the stability of the ribonuclease MazF, which degrades multiple mRNAs. This includes the mRNA encoding for Ffh, the protein component of the bacterial SRP, or the ppiD mRNA, encoding for an accessory subunit of the SecYEG translocon. (p)ppGpp also increases the activity of FtsH, which can degrade SecY and YfgM. YfgM forms a complex with PpiD that associates with the SecYEG translocon. Whether SecY is specifically degraded by FtsH upon (p)ppGpp accumulation is not shown yet. (p)ppGpp also acts as competitive inhibitor of GTP-binding proteins like translation factors (IF2 and EF-G) or ribosome biogenesis proteins (ObgE). This leads to reduced ribosome biogenesis and reduced translation upon stress. Although not yet experimentally shown, it appears likely that increasing (p)ppGpp concentrations also inhibit the two GTPases SRP and FtsY, which would fine-tune the protein targeting machinery to the reduced translation rates.


Increasing (p)ppGpp concentrations likely also interfere with the activity of the GTPases FtsY and SRP and both proteins were identified as potential targets of (p)ppGpp (Wang B. et al., 2019). This would enable cells to adjust the protein targeting machinery to the reduced protein synthesis rate upon entry into stationary phase or during nutrient limitation. However, the consequences of (p)ppGpp on SRP-dependent protein targeting have not been studied so far. The accumulation of ppGpp also activates the MazEF toxin-antitoxin system (Moll and Engelberg-Kulka, 2012) and the mRNAs of both PpiD and Ffh were identified as potential targets of the riboendonuclease MazF (Sauert et al., 2016). This provides an additional link between stress conditions and the protein targeting and transport machinery that requires further analyses. Bacteria also produce hyper-phosphorylated adenosine derivatives, like (p)ppApp, although less is known about the conditions of synthesis and potential regulatory consequences (Travers, 1978; Bruhn-Olszewska et al., 2018; Ahmad et al., 2019). Still, it is tempting to speculate that by accumulating (p)ppGpp or (p)ppApp, bacteria can adjust protein transport by an allosteric or competitive mechanism, rather than by transcriptional or translational regulation. ppGpp also induces FtsH-dependent degradation of the SecYEG-interacting protein YfgM when cells enter stationary phase (Bittner et al., 2015). This is suggested to relieve the response regulator RcsB, thereby allowing cellular protection by the Rcs phosphorelay system (Lasserre et al., 2006; Wall et al., 2018). However, this would also reduce the levels of the PpiD-YfgM complex and thus impact on the SecYEG interactome under stress conditions. How stress conditions influence the steady-state levels of the protein transport machinery and the dynamic equilibrium between the different SecYEG assemblies is largely a terra incognita, but a promising area for future research.



INHIBITORS OF SECYEG-DEPENDENT PROTEIN TRANSPORT

The rapid rise of antibiotic resistance is a major problem for treating infections and novel antimicrobial strategies are of crucial importance (Rodríguez-Rojas et al., 2013; Sulaiman and Lam, 2021). Initial studies on exploring the protein transport machinery as potential target were focused on SecA inhibitors, because SecA homologues are absent in metazoans and SecA inhibition would affect most periplasmic and OMPs as well as some inner membrane proteins (Pohlschroder et al., 2005). Azide was the first described inhibitor of SecA (Oliver et al., 1990), but has no medical relevance due to its high toxicity (Chang and Lamm, 2003). Additional small molecule SecA inhibitors with broad-spectrum activity have been developed and include compounds like SEW-05929 and CD 09529, which inhibit the ATPase activity of SecA but are inactive on wild type E. coli strains (Li et al., 2008; Figure 13). Further studies identified 4-oxo-5-cyano thiouracils (Chaudhary et al., 2015), Fluorescein analogs (Huang et al., 2012) and triazole-pyrimidine analogs (Cui et al., 2016; Jin et al., 2016) as SecA inhibitors that are active against E. coli and S. aureus (Rao et al., 2014; De Waelheyns et al., 2015; Van Puyenbroeck and Vermeire, 2018).
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FIGURE 13. Inhibitors of bacterial protein translocation. (A) Inhibitors of the ATPase SecA. (B) Inhibitors of the SecYEG-translocon. Ipomeassin F, decatransin, eeyarastatin 1 and eeyarastatin 24 also act on the homologous Sec61 complex in eukaryotes. Chemical structures were retrieved from the Sigma Aldrich web resource (https://www.sigmaaldrich.com/) or adapted from (Li et al., 2008; Van Puyenbroeck and Vermeire, 2018; Zong et al., 2019).


The first characterized inhibitors of the Sec complex were synthetic signal peptides that have been shown to inhibit the eukaryotic Sec61 complex (Austen et al., 1984). The mammalian Sec61 complex is also inhibited by lanthanum ions, which stabilize the Sec61 channel in its open state (Erdmann et al., 2009). Components that inhibit both the eukaryotic Sec61 complex and the bacterial SecYEG complex are the glycoresin Ipomoeassin F (IpomF) (Zong et al., 2019; Steinberg et al., 2020), eeyarestatin (Cross et al., 2009; Steenhuis et al., 2021) and decatransin (Junne et al., 2015; Kalies and Römisch, 2015). IpomF was isolated from the morning glory Ipomea squamosa and shown to bind most likely near the lateral gate of Sec61α (Zong et al., 2019). IpomF also inhibits SecYEG-dependent transport in vitro, but this requires significantly higher concentrations than required for inhibition of Sec61-dependent transport (Zong et al., 2019; Steinberg et al., 2020). IpomF does not prevent the initial contact of substrate proteins with the SecYEG translocon, but rather blocks later stages of translocation (Steinberg et al., 2020).

Eeyarestatin I (ESI) was initially discovered as inhibitor of the retrograde protein transport into the endoplasmic reticulum and then shown to inhibit co-translational protein transport by the Sec61 complex (Cross et al., 2009). ESI does not inhibit growth of E. coli, but a smaller variant of ESI, ES24 (Gamayun et al., 2019), is active against E. coli and several clinically relevant pathogens (Steenhuis et al., 2021). ES24 likely binds to the cytosolic part of the lateral gate (Gamayun et al., 2019), but the antibacterial activity depends on the presence of the nitroreductases NfsA and NfsB, indicating that a specific reduction step is required to activate ES24 (Steenhuis et al., 2021). Decatransin is a naturally occurring fungal decadepsipeptide that was identified in a cancer drug screen and later shown to inhibit SecYEG/Sec61. Decatransin-resistant mutations mapped to the pore ring and to the plug of the Sec channel, suggesting that decatransin interferes with channel opening (Junne et al., 2015). However, whether these SecA- and SecY-inhibiting compounds also have clinical relevance requires further investigation.



CONCLUSION AND OUTLOOK

The bacterial SecYEG translocon has been the focus of intense research for decades and served as a paradigm for genetic, biochemical and structural studies on protein transport mechanisms. The progress that has been made from the early genetic screens (Bassford et al., 1991; Beckwith, 2013) to the currently available structures is incredible (Smets et al., 2019; Tanaka and Tsukazaki, 2019). Snap-shots of the SecYEG translocon in contact with its most prominent partner proteins and of the SecYEG translocon in action during translocation or insertion of protein substrates have been attained and provide first insights into how these protein transport channels work. Still, structural information of substrate-engaged larger SecYEG assemblies, like the SecYEG-YidC complex, the SecYEG-PpiD/YfgM complex or the HTL, are needed for understanding how the SecYEG translocon handles the large variety of potential substrates. Equally needed are structures of the SecYEG translocon during the insertion of multi-spanning membrane proteins. It is also evident that the current picture of the SecYEG interactome is incomplete and includes only the most stable and abundant partner proteins. Many transient interactions only emerged upon improved mass spectrometry methods (Carlson et al., 2019; Jauss et al., 2019) and the functional characterization of these transient contacts will be a major challenge for the future. This will be particularly demanding if these contacts are only required for a specific subset of substrates, which are not in the tool box of frequently used model substrates. Analysing the transport of membrane proteins with large soluble domains at the N-terminus (Facey and Kuhn, 2003; Maier et al., 2008; Rawat et al., 2015; Wang S. et al., 2019) or very small membrane proteins, which basically consist of just a single transmembrane domain, has already revealed unexpected targeting and insertion requirements (Steinberg et al., 2018, 2020). Despite the increasing number of proteins interacting with the SecYEG translocon, the number of identified contact sites on SecY is rather low and mainly includes the cytosolic loop 5, the lateral gate and the periplasmic vestibule. This suggests that some proteins either compete for SecY binding, or interact with dedicated sub-populations of the SecYEG translocon and these subpopulations need to be further characterized. Our current view on bacterial protein transport pathways follows a rather strict dissection into multiple separate transport pathways, but recent data suggest that these pathways are intertwined. The best-studied example is of course the SecYEG-YidC interaction (Scotti et al., 2000), where YidC likely helps substrates to exit the SecY channel (Beck et al., 2001; Houben et al., 2002), although YidC can also act as SecYEG-independent insertase (Samuelson et al., 2000; Serek et al., 2004). But there are more examples, like the SecYEG-Tat interaction (Keller et al., 2012) or the SecYEG-Bam interaction (Alvira et al., 2020), and the collaboration between different transport systems needs to be further explored. Finally, it is largely unknown how the protein transport machinery responds to environmental changes or to stress conditions. Considering the multifaceted responses that down-regulate protein synthesis when cell encounter non-favorable conditions, it appears more than likely that similar, but so far unexplored mechanisms, also modulate the protein transport capacity of the cell. Thus, there is still a lot to learn about the SecYEG translocon or, to cite famous Isaac Newton: “What we know is a drop. What we don’t know is an ocean.”
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While protein aggregation is predominantly associated with loss of function and toxicity, it is also known to increase survival of bacteria under stressful conditions. Indeed, protein aggregation not only helps bacteria to cope with proteotoxic stresses like heat shocks or oxidative stress, but a growing number of studies suggest that it also improves survival during antibiotic treatment by inducing dormancy. A well-known example of dormant cells are persisters, which are transiently refractory to the action of antibiotics. These persister cells can switch back to the susceptible state and resume growth in the absence of antibiotics, and are therefore considered an important cause of recurrence of infections. Mounting evidence now suggests that this antibiotic-tolerant persister state is tightly linked to—or perhaps even driven by—protein aggregation. Moreover, another dormant bacterial phenotype, the viable but non-culturable (VBNC) state, was also shown to be associated with aggregation. These results indicate that persisters and VBNC cells may constitute different stages of the same dormancy program induced by progressive protein aggregation. In this mini review, we discuss the relation between aggregation and bacterial dormancy, focusing on both persisters and VBNC cells. Understanding the link between protein aggregation and dormancy will not only provide insight into the fundamentals of bacterial survival, but could prove highly valuable in our future battle to fight them.
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INTRODUCTION

Failure of antibiotic treatment has become a worldwide problem due to the prevalence and spread of different bacterial survival mechanisms. One way in which bacteria can survive antibiotic treatment is by becoming resistant through genetic changes that allow bacteria to grow in the presence of the antibiotic, for example, by promoting efflux of the drug, changing the antibiotic target, or directly inactivating the antibiotic (Reygaert, 2018). Apart from surviving antibiotics by acquiring genetic resistance, cells can also protect themselves without acquiring heritable genetic changes. An example of such a non-genetic antibiotic survival mechanism is becoming dormant. Dormant cells are characterized by lower metabolism and a lack of growth (Lennon and Jones, 2011). As antibiotics need active targets (Eng et al., 1991), the shutdown of some important pathways is thought to prevent the antibiotic’s corrupting effects, thereby inducing tolerance (Hu and Coates, 2012; Balaban et al., 2019). A well-known example of dormant cells are persisters. Persisters constitute a small, genetically identical subpopulation of bacteria that are transiently tolerant to antibiotics. They cannot grow in the presence of the antibiotic but can withstand antibiotic pressure as long as they reside in the persister state. These persister cells are most often thought to survive antibiotic treatment by becoming dormant, for example, by lowering ATP levels and by inhibiting important macromolecular processes like transcription and translation (Dewachter et al., 2019; Wilmaerts et al., 2019b). However, persistence has also sporadically been associated with active mechanisms like the activity of antibiotic efflux pumps and DNA repair (Nguyen et al., 2011; Orman and Brynildsen, 2013a; Völzing and Brynildsen, 2015; Pu et al., 2016). Despite being dormant, persisters can easily resume growth when antibiotics are removed (Balaban et al., 2019; Wilmaerts et al., 2019a). This regrowth has been implicated in the chronic nature of infections (Dhar and McKinney, 2010; Mulcahy et al., 2010; Goneau et al., 2014; Schumacher et al., 2015).

Besides persistence, other dormant bacterial phenotypes like the viable but non-culturable (VBNC) state exist (Xu et al., 1982). VBNC cells remain metabolically active, but they have lost the ability to grow on standard medium that would otherwise support their proliferation (Oliver, 1993). This dormancy protects VBNC cells from antibiotic and other stresses (Nowakowska and Oliver, 2013). Contrary to persisters, VBNC cells do not resume growth when provided with fresh medium, but instead, they need a specific factor to resuscitate (Li et al., 2014). Although these resuscitation factors are not always known (Yamamoto, 2000), it appears as though at least some VBNC cells can resuscitate in vivo (Colwell et al., 1996) and cause recurrent infections (Pai et al., 2000; Rivers and Steck, 2001).

Despite the difference in resuscitation, persisters and VBNC cells also share some properties. They are both tolerant to antibiotics (Nowakowska and Oliver, 2013; Balaban et al., 2019) and reside in a dormant state with no or slow growth (Xu et al., 1982; Balaban et al., 2004), a low metabolism (Shleeva et al., 2004; Amato et al., 2014), and reduced energy production (Dörr et al., 2010; Verstraeten et al., 2015; Zhao et al., 2016). Moreover, persisters and VBNC cells also show similarities regarding their formation, suggesting a link between them. Persisters and VBNC cells can both be generated stochastically in unstressed exponential phase cultures (Balaban et al., 2004; Orman and Brynildsen, 2013b). However, more often, they are induced by environmental stresses. Some examples of stresses that induce both dormant phenotypes are nutrient (Betts et al., 2002; Mishra et al., 2012), oxidative (Wu et al., 2012; Li et al., 2014), osmotic (Roth et al., 1988; Murakami et al., 2005), acid (Cunningham et al., 2009; Hong W. et al., 2012), and temperature stress (Oliver et al., 1991; Cardoso et al., 2010). Additionally, both persistence and the VBNC state are linked to the general stress response (Boaretti et al., 2003; Murakami et al., 2005), toxin-antitoxin modules (Moyed and Bertrand, 1983; Korch and Hill, 2006), and protein aggregation (Leszczynska et al., 2013; Mordukhova and Pan, 2014; Pu et al., 2019; Yu et al., 2019; Cesar et al., 2020; Dewachter et al., 2021; Huemer et al., 2021). Persisters and VBNC cells thus share many similarities. Therefore, it is hypothesized that they represent different stages of the same dormancy program with different dormancy depths; persisters and VBNC cells reside in a shallow and deep dormant state, respectively (Li et al., 2014; Ayrapetyan et al., 2015; Kim et al., 2018; Pu et al., 2019; Dewachter et al., 2021).

Recently, experimental support for this hypothesis has emerged suggesting that both persistence and the VBNC state are linked to protein aggregation and that progressive aggregation can drive the development from persistence to the VBNC state (Figure 1) (Pu et al., 2019; Dewachter et al., 2021). Indeed, previous work also demonstrated a link between aggregation and persistence (Leszczynska et al., 2013; Mordukhova and Pan, 2014; Pu et al., 2019; Yu et al., 2019; Dewachter et al., 2021; Huemer et al., 2021). In this review, we elaborate on the steadily growing number of studies linking protein aggregation and persistence. Additionally, we discuss how aggregation could induce dormancy in general.


[image: image]

FIGURE 1. A model depicting the role of protein aggregation in the formation and awakening of dormant cells. Progressive protein aggregation is proposed to induce the shift from sensitive to dormant cells. Aggregation can induce the switch from sensitive cells to the shallowly dormant persister state. Further development of the aggregates can cause a shift from persister cells to the deeper dormant VBNC state. This aggregation-induced dormancy renders cells tolerant to antibiotics. This tolerance is likely caused by the sequestration of proteins in the cell, thereby shutting down different important cellular pathways. To wake up again, these dormant cells likely first need to remove the aggregates. To perform this disaggregation, bacteria make use of chaperones.




PROTEIN AGGREGATION IN BACTERIA


Formation, Features, and Consequences of Protein Aggregates

For a cell, the amount of proteins that adopts the native state is critical as only correctly folded proteins function properly. This amount depends on the balance between the speed of translation, the rate of protein folding, and the stability of that fold (Sabate et al., 2010). When this balance is disturbed, proteins can unfold or misfold, causing their aggregation-prone regions to be exposed. These aggregation-prone regions are hydrophobic stretches that trigger protein aggregation when they are exposed (Rousseau et al., 2006). They do this by interacting with aggregation-prone regions of other non-native proteins and forming intermolecular β-sheets in a dose-dependent manner (Bednarska et al., 2013).

Two different classes of protein aggregates exist: amyloid and amorphous aggregates (Figure 2). In amyloid aggregates, the intermolecular β-sheets run perpendicular to the central axis of the aggregate, which gives them their highly ordered structure (Sunde and Blake, 1997). Next to amyloids, amorphous aggregates or inclusion bodies exist. These amorphous aggregates also contain some amyloid-like β-structures, but they miss the long-range order. This makes them unstructured in electron microscopic images (Wang et al., 2008).
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FIGURE 2. Different types of protein aggregations. When proteins are—at least partially—unfolded or misfolded, they can expose their aggregation-prone regions (APRs). Interaction of APRs of different proteins results in the formation of intermolecular β-sheets that cause aggregation. Amyloid aggregates are highly ordered as their β-sheets run perpendicular to the central axis of the aggregate. Amorphous aggregates also contain some β-structures but lack this long-range order.


The presence of amorphous or amyloid aggregates is often linked to detrimental effects, such as loss of function of the aggregated proteins (Chiti and Dobson, 2006). In extreme conditions of proteome-wide aggregation induced by frequently occurring aggregation-prone regions, this extensive loss of function can even become lethal (Bednarska et al., 2015; Khodaparast et al., 2018). Next to provoking loss of function, amyloid aggregates are also directly associated with cytotoxicity. This toxicity is most often caused by soluble oligomers that precede the formation of amyloids but not by the more inert mature amyloids themselves (Bucciantini et al., 2002). A possible mechanism by which these oligomers induce toxicity and cell death involves membrane damage and permeabilization (Bednarska et al., 2013). In contrast to amyloids, amorphous aggregates are generally not toxic (Bednarska et al., 2013).

Despite all these negative effects, the presence of aggregates is not always detrimental as some proteins remain active in amorphous or amyloid aggregates (Arié et al., 2006). Additionally, certain proteins reach their specific function only when they are structured in amyloids (Chiti and Dobson, 2006). For example, functional amyloids are needed for the robustness and adherence of biofilms, the functionality of specific toxins, and the formation of spores (Garland and Buckley, 1988; Austin et al., 1998; Bednarska et al., 2013). Due to their lower level of organization, amorphous aggregates are not related to these new functionalities (Bednarska et al., 2013). Another beneficial effect of aggregates is their ability to protect the cell against stress (Leszczynska et al., 2013; Mordukhova and Pan, 2014; Govers et al., 2018; Pu et al., 2019; Yu et al., 2019; Dewachter et al., 2021; Huemer et al., 2021). It is not known yet if this increased stress tolerance is a general property or if it is linked to a specific type and/or composition of aggregates.



Induction, Prevention, and Removal of Protein Aggregates

Since proteins need to be at least partially unfolded or misfolded to aggregate (Uversky and Fink, 2004), aggregation is promoted by increasing the amount of non-native proteins. This can be done by increasing the amount of newly-formed, unfolded polypeptides by increasing translation or decreasing the rate of protein folding (Tartaglia et al., 2009). Another way to trigger aggregation is by destabilizing the native fold (Chiti et al., 2000). Many destabilizing factors exist such as changes in the protein sequence caused by genetic mutations (Hurle et al., 1994), modifications due to oxidative stress (Dahl et al., 2015), or mistranslation (Drummond and Wilke, 2008). Additionally, protein unfolding or misfolding can also be triggered by external stresses such as heat (Litvinovich et al., 1998), high pressure (Ferrão-Gonzales et al., 2000), extreme pH (Guijarro et al., 1998), moderate concentrations of organic solvents or alcohols (Chiti et al., 1999), and osmotic (Schramm et al., 2020) and oxidative stress (Mirzaei and Regnier, 2008).

Because aggregation can render proteins dysfunctional, cells try to minimize the amount of non-native proteins through several complementary approaches. First, cells limit the amount of aggregation-prone proteins by controlling transcription, translation, and degradation even more strictly than for non-aggregation-prone proteins (Gsponer and Babu, 2012). Second, cells already start to fold their proteins during translation which minimizes the amount of unfolded peptides in the cytoplasm. Co-translational folding has been shown to be dependent on RNA structure and the presence of rare codons, which induce pauses during translation. These pauses then allow the cell to fold proteins correctly (Purvis et al., 1987; Sabate et al., 2010). Furthermore, specialized chaperones aid the folding of proteins by binding and release cycles that are repeated until the native state is reached (Hartl et al., 2011; Bhuwan et al., 2017). The three major bacterial chaperone complexes are trigger factor, the DnaK-DnaJ-GrpE, and the GroEL-GroES complexes (Sabate et al., 2010). These chaperones can work both independently and cooperatively to fold proteins correctly (Hartl, 1996; Deuerling et al., 1999). The importance of these chaperones is reflected in their conservation among bacteria, archaea, and eukaryotes (Powers and Balch, 2013).

Despite the cell’s efforts to make correctly folded proteins, some proteins will still fold wrongly and aggregate. To remove these aggregates, different chaperones often work together. After disaggregation, proteins can be refolded and reused. However, when the disaggregated proteins are damaged or unneeded, they will be degraded by proteases (Schramm et al., 2020). Taken together, cells will inevitably encounter the formation of non-native proteins and aggregates at some point. The amount of aggregation that the cell experiences depends on a variety of factors that influence the very delicate balance between proteins in the soluble and aggregated state (Carrió and Villaverde, 2001).




THE ROLE OF PROTEIN AGGREGATION IN BACTERIAL DORMANCY


Protein Aggregation and Dormancy Correlate at the Single-Cell and Population Level

Despite the detrimental effects that are commonly associated with aggregation, the presence of aggregates could also be beneficial since it has repeatedly been suggested to protect bacteria against antibiotic stress. An increasing number of studies have linked protein aggregation to different forms of bacterial dormancy, in particular persistence. Because of the tight association between both processes, we and others have hypothesized that protein aggregation drives dormancy development. This hypothesis is supported by the observation that in Escherichia coli persisters and VBNC cells more often contain aggregates than non-dormant cells (Pu et al., 2019; Yu et al., 2019; Cesar et al., 2020) and that protein aggregation in these dormant cells occurs more intensely (Dewachter et al., 2021). Moreover, the intensity of aggregation, measured by expression of IbpA-msfGFP and therefore the amount of proteins that are aggregated, appears to be correlated to dormancy depth at the single-cell level; shallowly dormant persisters carry low intensity aggregates, while deeper dormant VBNC cells contain more intense aggregates (Dewachter et al., 2021). However, not all cells with protein aggregates are dormant (Dewachter et al., 2021), which suggests that a certain level or threshold of aggregation is needed in the cells to shift to the dormant state. As aggregates were shown to develop gradually (Yu et al., 2019; Dewachter et al., 2021), the correlation between aggregate intensity and dormancy depth implies that a general dormancy program may exist in which progressive protein aggregation could induce the shift from the susceptible to the persister state and from the persister to the VBNC state (Figure 1) (Dewachter et al., 2021).

Besides the tight association between protein aggregation and bacterial dormancy demonstrated at the single-cell level, further support for the association and potentially causal relation between aggregation and dormancy was found at the population level. In clinically isolated Staphylococcus aureus cultures, persisters were shown to accumulate insoluble proteins (Huemer et al., 2021). Moreover, multiple studies performed with E. coli observed that influencing aggregation causes a similar change in dormancy, thereby revealing a direct link between them. For example, decreasing aggregation by buffering the pH of the growth medium or by adding low levels of osmolytes also decreased the persister level (Leszczynska et al., 2013). Additionally, suppressing aggregation by administering chloramphenicol reduced both aggregation and dormancy (Pu et al., 2019). On the other hand, when aggregation was increased by adding acetate, the persister level also rose (Leszczynska et al., 2013; Mordukhova and Pan, 2014). Other conditions that induce aggregation like high temperatures or the addition of streptomycin or hydrogen peroxide augmented dormancy as well (Pu et al., 2019). Besides these external triggers, genetic factors were also shown to influence both aggregation and dormancy. For example, overexpression of the persister gene obgE, which encodes a small GTPase that plays a role in ribosome assembly and functioning (Feng et al., 2014), not only accelerated persister development, but also triggered aggregation and the formation of VBNC cells (Verstraeten et al., 2015; Dewachter et al., 2021). Besides obgE, overexpression of metA, which encodes an unstable protein involved in the biosynthesis of methionine (Rowbury, 1965), resulted in more aggregation of this protein at high temperatures. This increased aggregation was accompanied by an increase in persistence. Stabilizing the MetA protein not only reduced its aggregation, but also lowered the persister level (Mordukhova and Pan, 2014). Consequently, different studies have found a direct association between aggregation and the induction of persistence and/or the VBNC state at both the single-cell and the population level.

Possibly, aggregation is more prevalent in dormancy development than currently thought because different studies have separately shown that aggregation and dormancy are induced by the same factors. Entry into stationary phase not only induces progressive aggregation (Kwiatkowska et al., 2008), but also different depths of dormancy (Pu et al., 2019; Yu et al., 2019; Cesar et al., 2020; Dewachter et al., 2021). This increased aggregation and dormancy in stationary phase may be caused by nutrient deprivation and consequently ATP depletion (Pu et al., 2019). Indeed, the ATP level in a population enriched in persister cells was shown to be reduced by 50% (Huemer et al., 2021). Moreover, ATP depletion is linked to the formation of dormant cells (Dörr et al., 2010; Kwan et al., 2013; Verstraeten et al., 2015; Zhao et al., 2016; Wilmaerts et al., 2018; Huemer et al., 2021) and protein aggregation (Pu et al., 2019; Dewachter et al., 2021). Additionally, acid stress is also known to induce aggregation (Kern et al., 2007), persistence (Hong S.H. et al., 2012), and the VBNC state (Cunningham et al., 2009). Another stress that is linked to the induction of aggregation (Schramm et al., 2020) and dormancy (Roth et al., 1988; Murakami et al., 2005) is osmotic stress. Reducing osmotic stress by adding low concentrations of osmolytes can resuscitate VBNC cells (Roth et al., 1988) and inhibit aggregation (Diamant et al., 2001). Furthermore, oxidative stress (Arana et al., 1992; Mirzaei and Regnier, 2008; Hong S.H. et al., 2012) and heat stress (Oliver, 2000; Murakami et al., 2005; Schramm et al., 2019) also induce aggregation, persistence, and the VBNC state. Finally, induction of proteotoxic mistranslation by exposing bacteria to sub-MIC concentrations of aminoglycosides like gentamycin and streptomycin (Davies et al., 1964) or by exposing them to trimethoprim, which interrupts the folate metabolism (Huang et al., 1997), increases persistence (Kwan et al., 2013) and aggregation (Laskowska et al., 2002; Lindner et al., 2008; Goltermann et al., 2013). Because a wide variety of factors influence both aggregation and dormancy, protein aggregation could possibly be a widespread phenomenon that is related to the onset of dormancy over many different inducing conditions.



Protein Aggregation Is Hypothesized to Induce Dormancy by Shutting Down Important Cellular Pathways

The clear correlation between aggregation and dormancy suggests that aggregation could be responsible for the formation of dormant cells. Indeed, it has been hypothesized that aggregation induces dormancy by shutting down different important cellular pathways (Figure 1).

Protein aggregates present in dormant cells contain a wide variety of proteins of important pathways like energy production and translation (Leszczynska et al., 2013; Pu et al., 2019; Yu et al., 2019; Dewachter et al., 2021; Huemer et al., 2021). Although antibiotic targets are also present in the aggregate, their direct sequestration is probably not important for the induction of tolerance in E. coli (Dewachter et al., 2021). Instead, the aggregation and consequent loss of function of multiple proteins may lead to a gradual shutdown of cellular metabolism, which then causes dormancy and tolerance. The hypothesis that inhibition of important pathways may induce dormancy is supported by the observation that lowering transcription or translation by toxins or the addition of antibiotics also induces persistence (Kwan et al., 2013; Cheverton et al., 2016). Although inhibition of transcription or translation by antibiotics, toxins, and aggregation might work differently, it shows that the shutdown of important pathways can indeed be an important cellular mechanism to induce antibiotic tolerance. Moreover, as it is hypothesized that aggregation needs to reach a certain threshold before a specific dormancy depth can be induced, this inhibition of important pathways might be the trigger to switch to a deeper dormant state.



Disaggregation Appears to Be a Prerequisite for Growth Resumption

When aggregation-induced dormant cells resume growth, the aggregate is being removed suggesting that disaggregation is needed for awakening (Figure 1) (Pu et al., 2019; Yu et al., 2019; Cesar et al., 2020; Huemer et al., 2021). Different chaperones play an important role in this disaggregation process. The chaperones DnaK and ClpB were shown to colocalize with the aggregates of E. coli persister cells prior to their awakening, but failed to do so in VBNC cells that remained dormant (Pu et al., 2019). Additionally, impairing the disaggregation activity of DnaK, and to a minor extent also the activity of ClpB, increased dormancy in general but reduced regrowth suggesting problems with awakening (Pu et al., 2019; Cesar et al., 2020). This indicates that disaggregation by chaperones such as DnaK, and possibly also ClpB, could be important for aggregation-induced dormant cells to resume growth. Moreover, as it was shown that the FtsZ protein can be refolded and resume its function after disaggregation (Yu et al., 2019), it is hypothesized that disaggregation is required to recover the proteins inside the aggregate to restart important cellular pathways. However, as this reactivation was only investigated for a single protein, further confirmation is still needed to see if the reactivation of aggregated proteins or the removal of the aggregates itself is important for awakening. However, the causality between disaggregation and awakening has not been fully established yet. It therefore remains possible that cells wake up by replenishing their energy levels and that the observed disaggregation is merely a side effect of the increased levels of ATP, which is needed for chaperone activity.




CONCLUSION AND FUTURE PERSPECTIVES

Even though protein aggregates are mostly known for their detrimental effects, they may also protect cells against antibiotics by inducing dormancy. Indeed, both persistence and the VBNC state, which are tolerant phenotypes with different dormancy depths, have been linked to protein aggregation (Leszczynska et al., 2013; Mordukhova and Pan, 2014; Pu et al., 2019; Yu et al., 2019; Cesar et al., 2020; Dewachter et al., 2021; Huemer et al., 2021). Additionally, as aggregates were shown to develop gradually and as the intensity of aggregation has been correlated to different dormancy depths, it has been suggested that progressive protein aggregation could induce different depths of dormancy (Dewachter et al., 2021). First, aggregation may cause sensitive cells to switch to the shallowly dormant persister state. Further development of the aggregates subsequently drives these persister cells into a deeper dormant VBNC state. At the mechanistic level, it is hypothesized that aggregation leads to the sequestration of important cellular proteins, which leads to the shutdown of cellular metabolism and consequently also to dormancy (Leszczynska et al., 2013; Pu et al., 2019; Yu et al., 2019; Dewachter et al., 2021). To resume growth, it is suggested that dormant cells first remove aggregates (Pu et al., 2019). As a protein’s functionality can be recovered following disaggregation (Yu et al., 2019), such disaggregation may lead to a restart of important cellular pathways, thereby potentially explaining why disaggregation is a prerequisite for growth resumption.

Even though the above explanation for the link between protein aggregation and bacterial dormancy seems appealing, there are still some important unanswered questions. First, despite the frequently confirmed correlation between aggregation and dormancy, conclusive proof for a causal relationship between both processes is still missing. Second, in case such a relationship exists, the molecular mechanism by which protein aggregation drives dormancy development needs to be resolved. Additionally, since not all cells that carry protein aggregates are dormant, it is hypothesized that a certain threshold of aggregation is needed to induce dormancy. It therefore needs to be investigated what this specific threshold is, if it is reached stepwise or gradually and if it depends on the composition of the aggregate. Third, the fate of disaggregated proteins needs to be investigated further to see if they are refolded and reused or if they are degraded. Clearly, addressing these current research gaps will require advanced single-cell approaches. For example, developments in microfluidics and physiological reporters will make it possible to track the aggregation and disaggregation process in real time in a high-throughput manner and correlate it to changes in cell physiology. Clearly, many questions are left unanswered. However, a link between aggregation and dormancy has been repeatedly demonstrated and may lead to breakthroughs in both the dormancy and the aggregation fields. Furthermore, if protein aggregation is revealed to form the link between several redundant persister pathways that are already known today, it might be an important starting point for the development of highly-needed anti-persister therapies in the future.
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Bacterial survival within a mammalian host is contingent upon sensing environmental perturbations and initiating an appropriate counter-response. To achieve this, sophisticated molecular machineries are used, where bacterial chaperone systems play key roles. The chaperones are a prerequisite for bacterial survival during normal physiological conditions as well as under stressful situations, e.g., infection or inflammation. Specific stress factors include, but are not limited to, high temperature, osmolarity, pH, reactive oxidative species, or bactericidal molecules. ClpB, a member of class 1 AAA+ proteins, is a key chaperone that via its disaggregase activity plays a crucial role for bacterial survival under various forms of stress, in particular heat shock. Recently, it has been reported that ClpB also regulates secretion of bacterial effector molecules related to type VI secretion systems. In this review, the roles of ClpB in stress responses and the mechanisms by which it promotes survival of pathogenic bacteria are discussed.
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INTRODUCTION AND OVERVIEW

Upon infection of a host, most bacterial pathogens experience drastic changes in their environment, e.g., with regard to pH, temperature and osmolarity. In addition, host inflammatory responses recruit phagocytic cells, subjecting pathogens to additional adverse conditions, such as oxidative and nitrosative stresses. Bacterial survival then depends on molecular adaptations, so called stress responses, to handle the adverse conditions. Essential to these responses are the heat shock proteins (Hsps) which act as molecular chaperones to stabilize proteins and assist protein refolding under stressful conditions (Neckers and Tatu, 2008). DnaJ (Hsp40), GroEL (Hsp60), DnaK (Hsp70), HtpG (Hsp90), and ClpB (Hsp100) are some of the major bacterial molecular chaperones that function in cooperation by forming complex molecular networks, thereby maintaining the overall cellular protein homeostasis (Henderson et al., 2006).

ClpB is a member of the AAA+ family (ATPases associated with diverse cellular activities) that together with the DnaK system have the ability to disaggregate stress-denatured proteins. Like other members of the Hsp100 family, ClpB constitutes a hexamer of identical monomers. The monomer of ClpB comprises four domains: an N-terminal domain connected with the remainder of the protein by a conserved linker, the first nucleotide binding domain (NBD-1) in which the unique flexible middle (M) domain is located, and a second NBD (NBD-2) (Lee et al., 2003). Translocation of unfolded protein substrates through the axial protein channel requires that NBD-1 and −2 must couple their ATPase activity (Deville et al., 2017). The M-domain is involved in the direct interaction of ClpB with DnaK (Haslberger et al., 2007), in the interaction of the monomer with neighboring ClpB monomers via their NBD-1 domains (Oguchi et al., 2012), and in the stabilization of the hexamer (del Castillo et al., 2011).

ClpB is highly conserved amongst bacteria, fungi, protozoa, and plants and its role under different stressful conditions has been much studied. It provides protection against, e.g., heat, low pH, osmotic- and oxidative stress, ethanol, and nutrient starvation (Meibom et al., 2008; Krajewska et al., 2017; Glaza et al., 2020; Tripathi et al., 2020). Thus, clpB-deficient mutants demonstrate tremendously decreased survival upon exposure to these stresses. Furthermore, ClpB has also been implicated to regulate the expression of virulence factors in several pathogenic bacteria (Frees et al., 2004; Yuan et al., 2007; Capestany et al., 2008; de Oliveira et al., 2011; Lourdault et al., 2011; Alam et al., 2018; Sangpuii et al., 2018). Therefore, ClpB is critical for survival and infectivity of a broad range of clinically relevant microorganisms.

In addition to its role in solubilizing stress-induced protein aggregates, a role of ClpB in type VI secretion (T6S) has recently been reported in the highly pathogenic bacterium Francisella tularensis (Brodmann et al., 2017; Alam et al., 2018, 2020). Here, ClpB apparently serves as a functional homolog of ClpV, harnessing energy through the hydrolysis of ATPs required for depolymerization of the IglA-IglB (homologs of Vibrio cholerae VipA-VipB) sheath for recycling and reassembly. Consequently, deletion of clpB leads to significantly reduced level of T6S and complete attenuation of F. tularensis in mice (Alam et al., 2018, 2020).

Molecular chaperones have the potential to serve as critical targets for the development of novel antimicrobials. For example, the Hsp70 and Hsp90 ATPases have been identified as drug targets for protozoan-derived infectious diseases in humans (Zininga and Shonhai, 2014, 2019). However, due to the high degree of sequence conservation among the Hsps across different domains of life, it is a challenging task (Glaza et al., 2020). ClpB is of special relevance as a drug target, since the homolog of ClpB, Skd3, also known as human ClpB, is conserved in many metazoan lineages, but differs significantly from bacterial and yeast proteins in domain structures. Skd3 lacks the characteristic microbial ClpB coiled-coil domain and contains a unique ankyrin-repeat domain (Erives and Fassler, 2015; Cupo and Shorter, 2020). In contrast, eubacteria and non-metazoan eukaryotes harbor Hsp104, which is more closely related to microbial ClpB (Oguchi et al., 2012).

This review aims to elucidate our current understanding of the ClpB chaperones of pathogenic bacteria and their potential contribution to virulence. Since ClpB affects infectivity and survival of a broad range of clinically relevant pathogenic microorganisms, the possibility of exploiting ClpB as a therapeutic target is also discussed.



THE ROLE OF ClpB IN STRESS-TOLERANCE AND VIRULENCE

One of the fundamental roles of ClpB is to mediate tolerance to stressful conditions, in particular heat, for a wide range of bacterial species (Figure 1 and Table 1), but if and how ClpB contributes to bacterial survival during infection has been less studied. The Escherichia coli ClpB has served as the prototype for studies of the essential mechanisms of Hsp100 disaggregases during heat shock and for the structural identification of the various domains (Squires et al., 1991; Mogk et al., 1999, 2015; Barnett et al., 2000; Rosenzweig et al., 2013). Due to the high degree of conservation among bacterial ClpB, the E. coli ClpB data is often being used to infer the structures and roles of ClpB proteins of other bacterial species.
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FIGURE 1. A summary of ClpB’s so-far established roles in pathogenic bacteria, including T6S (Francisella only). Schematic figure illustrating the importance of ClpB in various stress responses, T6S and virulence. Model of the T6S in extended (left), contracted (central), and disassembled (right) forms of canonical and Francisella T6S is shown, where ClpB acts as an energizer. Canonical T6S subunits from Escherichia coli are labeled in black and Francisella T6S subunits, which are encoded within the Francisella Pathogenicity Island (FPI), are labeled in blue.



TABLE 1. The impact of the chaperone ClpB on bacterial growth, survival, and virulence in various bacterial species.
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E. coli, F. tularensis, Helicobacter pylori, Pseudomonas putida, Campylobacter coli, and Campylobacter lari are some of the pathogenic bacteria for which the role of ClpB in thermotolerance has been studied (Squires et al., 1991; Allan et al., 1998; Meibom et al., 2008; Ito et al., 2014; Alam et al., 2018, 2020; Riedel et al., 2020). F. tularensis, a highly infectious pathogen and a category A bioterrorism agent, is the etiological agent of the zoonotic disease tularemia. Deletion of the clpB gene causes a severe defect in survival at elevated temperature (Meibom et al., 2008; Alam et al., 2018, 2020). A similar effect was observed for a clpB mutant of H. pylori, the causative agent of gastric ulcers (Allan et al., 1998). In addition to thermosensitivity, an inability to disaggregate aggregated proteins was demonstrated for a clpB mutant of the opportunistic human pathogen P. putida (Ito et al., 2014; Table 1). Moreover, enhanced levels of clpB gene expression were observed at elevated temperature in Campylobacter, a genus containing one of the most important food-borne pathogen globally. Transcriptomic profiles of C. coli and C. lari at elevated temperatures showed enhanced gene expression of clpB and other genes encoding chaperones such as dnaK, groES, and groEL, indicating that multiple chaperones, including ClpB, play a vital role in the thermotolerance of Campylobacter spp. (Riedel et al., 2020).

In addition to its importance for thermotolerance, ClpB also plays a role in the general stress-tolerance of bacteria (Figure 1 and Table 1). A clpB null mutant of Brucella suis, the etiological agent of swine brucellosis, showed increased sensitivity not only to high temperature, but also to ethanol and acid pH (Ekaza et al., 2001). A specific role of ClpB during antibiotic-induced stress has also been reported in Acinetobacter baumannii, a multi-resistant, opportunistic human pathogen. Levels of clpB were dramatically increased in the presence of the carbapenem meropenem, or trimethoprim/sulfamethoxazole, indicating that the chaperone may play a key role for antibiotic resistance (Lazaretti et al., 2020). Similarly, inactivation of ibpA/clpB increased the susceptibility to the aminoglycoside tobramycin in the opportunistic human pathogen P. aeruginosa (Wu et al., 2015; Table 1).

Besides promoting stress tolerance, ClpB plays an important role in invasiveness and/or host survival of multiple important bacterial pathogens (Table 1), such as Leptospira interrogans, Yersinia enterocolitica, Francisella noatunensis, F. tularensis, Piscirickettsia salmonis, Mycoplasma pneumoniae, Salmonella typhimurium, Mycobacterium tuberculosis, Porphyromonas gingivalis, Enterococcus faecalis, Listeria monocytogenes, and Staphylococcus aureus (Badger et al., 2000; Chastanet et al., 2004; Frees et al., 2004; Yuan et al., 2007; Capestany et al., 2008; Kannan et al., 2008; Conlan, 2011; de Oliveira et al., 2011; Lourdault et al., 2011; Alam et al., 2018, 2020; Sangpuii et al., 2018; Harnagel et al., 2020; Kêdzierska-Mieszkowska and Arent, 2020; Tripathi et al., 2020). In the case of L. interrogans, the causative agent of the emerging zoonotic disease leptospirosis, a clpB mutant not only showed enhanced susceptibility to high temperature, nutrient-depletion, and oxidative stress, but was also attenuated in a gerbil animal model of acute leptospirosis (Lourdault et al., 2011; Kêdzierska-Mieszkowska and Arent, 2020). Similarly, a Y. enterocolitica clpB mutant demonstrated defective invasion of human laryngeal epithelial cells, Hep-2, and reduced expression of important virulence factors, including invasin and flagellin (Badger et al., 2000). F. noatunensis ssp. noatunensis is the etiological agent of francisellosis in Atlantic cod. In the absence of ClpB, the resulting mutant showed attenuation in a zebrafish model and also provided efficient protection in zebrafish challenged with wild-type bacteria (Lampe et al., 2017). Moreover, clpB mutants of F. tularensis subspecies holarctica and tularensis were found to be defective for T6S, susceptible to elevated temperature, and completely attenuated in mice (Alam et al., 2018, 2020). Such mutants also serve as highly efficacious vaccines in animal models of tularemia (Conlan, 2011; Alam et al., 2018). P. salmonis, the etiological agent of salmonid rickettsial septicemia (SRS), a disease that affects a wide variety of cultivated fish species, demonstrated significantly higher levels of ClpB during intramacrophage growth in a salmon cell line; indicating that this permits the pathogen to adapt to the hostile intracellular conditions and facilitates replication (Isla et al., 2014). A growth-promoting status of ClpB was also observed in M. pneumoniae, an important cause of community-acquired pneumonia, since loss of ClpB resulted in impaired replication under permissive growth conditions (Kannan et al., 2008). ClpB also plays a vital role in the survival in chicken of S. typhimurium, a major cause of gastroenteritis globally, since a clpB mutant was found to display reduced survival at 42°C in poultry macrophages and during exposure to hypochloric acid and paraquat (Sangpuii et al., 2018). Moreover, the mutant showed decreased dissemination in vivo (Sangpuii et al., 2018). M. tuberculosis, the causative agent of tuberculosis, is one of the most important pathogens globally. It was demonstrated that a clpB mutant of M. tuberculosis has aberrant cellular morphology, impaired biofilm formation and reduced cellular infectivity (Tripathi et al., 2020). In addition, the mutant was sensitive to oxidative stress and defective for the maintenance of dormant bacteria (Harnagel et al., 2020; Tripathi et al., 2020). Furthermore, the purified ClpB protein from M. tuberculosis showed potent biological activity and induced release of pro-inflammatory cytokines from a human macrophage cell line (Tripathi et al., 2020). A vital role of ClpB was also observed in P. gingivalis, an important cause of chronic periodontal disease, where a clpB mutant showed defective thermotolerance and also decreased cellular invasion and marked attenuation in a mouse model (Yuan et al., 2007; Capestany et al., 2008). ClpB of the Gram-positive bacterium L. monocytogenes, an etiological agent of human meningitis, was not involved in tolerance to heat, high salt, or cold; but played a role for virulence in mice (Chastanet et al., 2004). S. aureus, a major cause of skin infections and several systemic infections, was susceptible to elevated heat stress and a clpB mutant demonstrated diminished intracellular multiplication within bovine mammary epithelial cells (Frees et al., 2004). Similarly, E. faecalis lacking ClpB demonstrated defective thermotolerance, as well as attenuation in a Galleria mellonella model (de Oliveira et al., 2011). Altogether, the published data unequivocally demonstrate that ClpB of many bacterial species play a key role for their survival during numerous forms of stress conditions and for their virulence in experimental models.



THE ROLE OF ClpB FOR T6S

The type VI secretion systems comprise the most common secretion machinery among Gram-negative bacteria, present in more than 25% of all proteobacteria. T6S is used to translocate effector molecules directly into neighboring cells, commonly a bacterial competitor (Coulthurst, 2019). The machinery is composed of 13 to 14 core components, with a set of regulatory and accessory proteins for specialized functions (Boyer et al., 2009). It is composed of a cell membrane complex anchored to a contractile bacteriophage tail-like apparatus consisting of a sharpened tube made of stacked hexameric rings ejected by the contraction of a sheath (Coulthurst, 2019). The AAA+ ATPase ClpV has been shown to act as an energizer for T6S. Its action includes physical interactions with the complexes of VipA-VipB, or their homologs, of the contracted tubular sheath, thereby promoting sheath disassembly and the dynamic recycling for repeated rounds of firing, disassembly and reassembly (Figure 1; Bönemann et al., 2009; Pietrosiuk et al., 2011; Kube et al., 2014). For some bacteria, the energy may be provided through the activity of ATPases distinct to ClpV, which are encoded outside of the T6S cluster. In support, only a partial loss of the function of T6S was observed in a V. cholerae clpV mutant, demonstrating that ClpV is an important, yet non-essential component of the V. cholerae T6S (Basler and Mekalanos, 2012; Basler et al., 2012). Moreover, Francisella spp., Campylobacter concisus, Campylobacter jejuni, Helicobacter hepaticus, and Salmonella choleraesuis, all lack ClpV, but still possess functional T6S (Shrivastava and Mande, 2008; Lertpiriyapong et al., 2012; Clemens et al., 2015; Brodmann et al., 2017; Liaw et al., 2019; Alam et al., 2020; Liu et al., 2020).

Indeed, Brodmann et al. (2017) have demonstrated that ClpB, although encoded separately from the T6S system gene cluster in Francisella, is a functional homolog of ClpV in F. tularensis, being indispensable for disassembly of the contracted T6S system sheath (Figure 1) and important for effective T6S (Alam et al., 2018, 2020). Moreover, ClpB was shown to colocalize with the VipA homolog, IglA, during sheath assembly, contraction, and disassembly (Brodmann et al., 2017). Interestingly, a conserved α-helical region at the N-terminus of VipB, including the part interacting with ClpV, is missing in the F. tularensis homolog IglB (Pietrosiuk et al., 2011), but, despite a very low overall sequence identity, IglB and VipB share a very similar structural topology (Alam et al., 2020). Though the sheath sequence(s) recognized by ClpB ATPase has not been determined, the overall similar topology may be sufficient for establishing the interaction. Interestingly, a clpB mutation that abolishes the ClpB-DnaK interaction renders F. tularensis highly susceptible to heat shock, but T6S and virulence in mice are unaffected (Alam et al., 2020). This suggests that the heat shock response and the regulation of T6S of F. tularensis are dependent on distinct regions of the ClpB protein and that the DnaK interaction is dispensable for T6S (Alam et al., 2020). ClpB-dependent secretion mechanisms could perhaps be at play also in the aforementioned species possessing functional T6S, but lacking ClpV; however, the contribution of ATPases distinct from ClpB cannot be excluded. Notably, in the malaria parasite, a ClpB-like protein of the Hsp101 family is essential for export across the parasitophorous vacuolar membrane into the erythrocyte and it was demonstrated that the protein functions in a complex that serves as a convergent step in a multi-pathway export process (Beck et al., 2014).



ClpB AS A THERAPEUTIC TARGET

The global threat of antibiotic-resistant bacteria shows no sign of being resolved and the arsenal of clinically useful antibiotics becomes more and more limited. Bacterial chaperones remain one set of underexploited targets for antibiotic development. In particular, ClpB belongs to the group of potential drug targets, since mammals do not have Hsp100 homologs, other than human ClpB/Skd3 which is significantly different from the microbial ClpB in domain structures (Erives and Fassler, 2015; Cupo and Shorter, 2020). The development of specific inhibitors of ClpB might not only be useful as a novel antibiotic for otherwise antibiotic-resistant bacterial strains, but also as a means to understand the molecular mechanism of this chaperone.

Currently, only a few ClpB inhibitors have been identified (Grimminger et al., 2004; Martin et al., 2013; Kuczynska-Wisnik et al., 2017; Glaza et al., 2020; Singh et al., 2020). Guanidinium chloride specifically inhibits the ATP hydrolysis by Hsp104 of Saccharomyces cerevisiae and also the ClpB function of Ehrlichia chaffeensis (Grimminger et al., 2004). Thus, it may serve as a general inhibitor of members of the AAA+ protein family, but this remains to be proven. Two other ClpB inhibitors, called compounds 3 and 6, inhibit the functional properties and the growth of E. coli, thus displaying antimicrobial activity under thermal or oxidative stress conditions (Martin et al., 2013). Compound 3 competes with substrate binding and modifies the ATPase activity of ClpB, while compound 6 hampers the substrate-induced improvement of its ATPase activity (Martin et al., 2013). Further, the specific interaction of the compounds with the chaperone is essential for their antimicrobial action. This, in combination with only moderate cytotoxicity, suggests that they could be used as leads for development of new antimicrobials (Martin et al., 2013). Three inhibitors of M. tuberculosis ClpB have been identified and they also inhibit the ATPase activity of E. coli ClpB and yeast Hsp104 (Singh et al., 2020). In addition, DBeQ, which is derived from an inhibitor of the human AAA+ ATPase p97, an anti-tumor target, inhibited E. coli proliferation and appeared to selectively target ClpB (Glaza et al., 2020).

Collectively, the identification of these ClpB inhibitors demonstrates the potential of the protein as a therapeutic target.



CONCLUSION

The ATP-dependent ClpB protein is a disaggregase and a key member of a multi-chaperone system that efficiently inhibits and reverses protein aggregation. As such, ClpB is critical for the survival of various microorganisms exposed to stress, but it also confers vital functions during normal physiological conditions. In bacteria, loss of ClpB is commonly associated with fatal thermosensitivity, but it may also lead to susceptibility to other forms of stress, such as reactive oxidative species, antibiotics and bactericidal molecules as well as changes in osmolarity and pH. More recent work has identified a critical role of ClpB related to T6S. Thus, in F. tularensis, the absence of ClpB leads to T6S dysfunction and impaired bacterial virulence. This also suggests that the ATPase activity of ClpB may provide the energy required for functional T6S, thereby substituting for ClpV proteins in bacteria where these are absent. In view of the many central roles of ClpB, it is a logical therapeutic target and recent work serves as proof of concept for this hypothesis.
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The asymmetric life cycle of Caulobacter crescentus has provided a model in which to study how protein quality control (PQC) networks interface with cell cycle and developmental processes, and how the functions of these systems change during exposure to stress. As in most bacteria, the PQC network of Caulobacter contains highly conserved ATP-dependent chaperones and proteases as well as more specialized holdases. During growth in optimal conditions, these systems support a regulated circuit of protein synthesis and degradation that drives cell differentiation and cell cycle progression. When stress conditions threaten the proteome, most components of the Caulobacter proteostasis network are upregulated and switch to survival functions that prevent, revert, and remove protein damage, while simultaneously pausing the cell cycle in order to regain protein homeostasis. The specialized physiology of Caulobacter influences how it copes with proteotoxic stress, such as in the global management of damaged proteins during recovery as well as in cell type-specific stress responses. Our mini-review highlights the discoveries that have been made in how Caulobacter utilizes its PQC network for regulating its life cycle under optimal and proteotoxic stress conditions, and discusses open research questions in this model.
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INTRODUCTION

The aquatic alpha-proteobacterium Caulobacter crescentus (hereafter Caulobacter) is well-established as a model of bacterial cell cycle control and development, and is also used to study how prokaryotic protein quality control (PQC) networks interface with these processes. Caulobacter reproduces by an asymmetric life cycle, where division results in one replication-competent, surface-attached stalked cell and one chemotactically-motivated, non-replicative swarmer cell (Figure 1A; Curtis and Brun, 2010). The swarmer cell is motile and travels the environment until nutritional cues prompt its differentiation into a stalked cell, thus completing the cell cycle. To achieve this dimorphic lifestyle, processes from DNA replication to chemotaxis must be correctly organized in time and space. The synthesis and degradation of the proteins that implement these processes relies heavily on the PQC network during optimal growth conditions, but the PQC network must balance these tasks with the protective tasks required to survive stresses free-living bacteria frequently encounter. Initial work on the Caulobacter PQC network sought to identify if the bacterial PQC network performs a role in bacterial development (Gomes et al., 1986; Reuter and Shapiro, 1987). Since then, the major chaperones and proteases have been discovered to perform many regulatory functions in the Caulobacter cell cycle during optimal
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FIGURE 1. Roles of the Caulobacter crescentus PQC network in cell cycle progression and development. (A) The asymmetric life cycle of Caulobacter. Points where mechanisms have been identified where specific PQC proteins contribute to cell cycle progression are indicated with colored arrows. (B) Specific tasks of individual PQC network proteins in development and cell cycle progression during optimal conditions. Client proteins are indicated in circles where they are known, and by question marks where additional substrates have yet to be identified. Holdase cycling is indicated with gray circular arrows, and degradation with dashed lines. Blue dashed arrows indicate points of interaction between PQC network proteins. Membrane and DNA images created with Biorender (Biorender.com).


conditions that are remodeled or modified during stress. These studies have collectively built a platform on which to address how a prokaryotic PQC network navigates the balance between reproductive and stress response tasks in order to mediate both growth and survival. The Caulobacter model is also used as a tool to answer questions of damage inheritance in asymmetric division, how generalist PQC networks can be specialized, and how stress responses are dynamically tailored.

As in other Gram negative bacteria, the primary energy-dependent nodes of the Caulobacter PQC network include the highly conserved chaperones and proteases GroES/EL, DnaKJ/GrpE, ClpB, ClpAP, ClpXP, Lon, FtsH, and HslUV (Figure 1B). The mechanism of action of these PQC machines are thought to be conserved among bacteria, and are reviewed in Balchin et al. (2016) and Mogk et al. (2018). Caulobacter additionally uses ATP-independent adaptor proteins, stress-specific holdases, inhibitory proteins, and specialized transcriptional regulation to further direct and specify the activities of its chaperones and proteases. In this mini-review we highlight the tasks of the Caulobacter PQC network that contribute to cell cycle progression and development during optimal conditions, and discuss how the nodes of this network reorganize during stress to perform protective tasks that are crucial for survival.



FUNCTIONS OF THE ENERGY-DEPENDENT FOLDING MACHINES IN CELL CYCLE AND STRESS ADAPTATION

Caulobacter energy-dependent folding machines are capable of interacting broadly with the proteome to assist proteins into their native conformations, and perform specific and essential tasks both in cell cycle progression and stress response. For protein folding, Caulobacter utilizes the chaperone DnaK, co-chaperone DnaJ, and nucleotide exchange factor GrpE (DnaKJ/E), and a single copy of the chaperonin GroEL and co-chaperonin GroES (GroESL). In addition to DnaKJ/E, the Caulobacter genome contains one other DnaK-like protein (CCNA_01543) and five additional DnaJ-like proteins containing the characteristic J domain (CCNA_00965, CCNA_02218, CCNA_02245, CCNA_02860, CCNA_03105); however, it is currently unknown if these proteins direct the specificity of DnaK folding toward different client protein pools (Kampinga and Craig, 2010), or if they have another role. Depletion of either DnaKJ/E or GroESL halts the Caulobacter cell cycle in distinct stages; loss of DnaKJ/E results in a block of DNA replication initiation (Jonas et al., 2013; Schramm et al., 2017), whereas depletion of GroESL results in a cell division defect (Susin et al., 2006; Schroeder et al., 2020). Mild depletion of either of these folding machines produces an increase in the other (Da Silva et al., 2003; Susin et al., 2006), suggesting some degree of compensation exists, yet neither DnaKJ/E nor GroESL can fully substitute the stress response or cell cycle functions of the other.

The Caulobacter DnaKJ/E folding machine is essential in all growth temperatures, however, its function as a chaperone is dispensable in the absence of proteotoxic stress (Schramm et al., 2017). Instead, the requirement of DnaKJ/E for viability in optimal conditions is attributed to its binding and destabilization of the heat shock sigma factor σ32 (Da Silva et al., 2003; Schramm et al., 2017). In line with this notion, suppressor mutations reducing the abundance or activity of σ32 restore viability of cells depleted of DnaKJ in optimal conditions (Schramm et al., 2017). Sequestering of σ32 by DnaKJ/E prevents the sigma factor from inducing the expression of heat shock proteins (HSPs), which collectively function as a protective response that slows growth and is counterproductive in the absence of stress (Schramm et al., 2017). The importance of maintaining σ32 sequestration is reflected during depletion of DnaKJ/E in otherwise optimal conditions, where inappropriate HSP induction leads to a block in DNA replication through degradation of the replication initiator DnaA by the protease Lon (Jonas et al., 2013). DnaKJ/E also plays a role in Caulobacter development by interacting with the holdfast inhibitor HfiA (Eaton et al., 2016). DnaKJ/E activity keeps HfiA stabilized in a folded form, and this interaction operates in a regulatory circuit where increased levels of DnaK reduce the likelihood of developing surface attachment (Eaton et al., 2016), potentially promoting dispersal away from environments with inherent proteotoxic attributes.

When proteotoxic stress conditions are encountered, DnaKJ/E is titrated away from σ32 by unfolded proteins, and here its folding activity becomes crucial to survival (Figure 2A). Under proteotoxic threat, liberation of σ32 results in induction of heat shock genes, including dnaKJ itself, which is expressed from a σ32-responsive promoter in addition to a constitutive (σ73-responsive) promoter (Avedissian et al., 1995; Reisenauer et al., 1996; Da Silva et al., 2003). The conditional switching of DnaKJ/E between its functions as a σ32 regulator and a folding catalyst is reflected by dynamic changes in its subcellular localization, as DnaKJ/E alternates between a dispersed pattern in optimal conditions and localization at foci of protein aggregation during stress (Schramm et al., 2019).
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FIGURE 2. Stress response tasks of the Caulobacter crescentus PQC network. (A) Heat stress induces unfolding of the susceptible proteome, and unfolded proteins (gray squiggles) are incorporated into insoluble protein aggregates (gray dots). Known interactions during stress are indicated by protein name in colored circles. DnaKJ/E, ClpB, and GroESL participate in protein refolding and disaggregation. The small heat shock proteins organize unfolded proteins. ClpAP and Lon participate in degradation of unfolded proteins, in addition to regulatory roles. The proteases FtsH and HslUV are upregulated in response to proteotoxic stress, but it is unknown whether they contribute to degradation of unfolded proteins or regulatory substrates. (B) Oxidative stress results in oxidation of proteins and draining of the hydrotrope ATP, which can influence folding state. The holdase CnoX interacts and is capable of reducing disulfide groups of proteins, and protects them from aggregation until active GroESL and/or DnaKJ/E are available to refold these proteins. Membrane and DNA images created with Biorender (Biorender.com).


The chaperonin GroESL is expressed from a single promoter thought to respond to both σ73 and σ32 (Avedissian and Gomes, 1996; Baldini et al., 1998). During optimal conditions Caulobacter groESL is subject to a negative regulatory loop, effected through a controlling inverted repeat of chaperone expression (CIRCE) element and the HrcA repressor (Roberts et al., 1996; Baldini et al., 1998; Susin et al., 2004). Here, GroESL activity maintains HrcA in a folded conformation, in which it can bind the CIRCE element present in the groESL promoter, to reduce expression (Roberts et al., 1996; Baldini et al., 1998; Susin et al., 2004). Through CIRCE/HrcA regulation, the groESL transcript is cell cycle-regulated (Avedissian and Gomes, 1996; Baldini et al., 1998; Fang et al., 2013), and early pulse-chase experiments suggested that chaperonin synthesis is increased in the swarmer cell (Reuter and Shapiro, 1987). However, as GroESL protein is stably detected throughout the cell cycle in synchronized cultures (unpublished data), the relevance of this boost of synthesis remains unclear.

An overview of Caulobacter proteins whose folding state, or solubility, is influenced by GroESL has recently been described (Schroeder et al., 2020). Through this approach, cell cycle-regulated proteins involved in peptidoglycan biosynthesis and cell division were identified to have an interaction with GroESL folding availability in optimal conditions, including the FtsZ-interacting proteins FtsA and FzlA, which mediate a cell division block during GroESL depletion (Schroeder et al., 2020). While the role of GroESL in cell cycle progression is beginning to be understood, the contributions of this highly stress-induced folding machine during stress conditions have not yet been uncovered. In heat and ethanol stress σ32 induces robust groESL expression (Reuter and Shapiro, 1987; Susin et al., 2006; Heinrich et al., 2016), and while it is known that this groESL induction is specifically required to survive heat stress (Da Silva et al., 2003; Susin et al., 2006), the mechanisms by which GroESL protects the proteome during stress are not currently known.



PROTEASES ARE INTEGRAL TO DRIVING CELL CYCLE PROGRESSION AND ARE TAILORED TO SPECIFIC STRESS SURVIVAL TASKS

Approximately 5% of proteins are estimated to be rapidly turned over during the Caulobacter cell cycle (Grünenfelder et al., 2001), and the use of proteolysis as a means of rapidly removing regulatory and structural proteins is fully integrated in remodeling the proteome during Caulobacter cell cycle progression. The regulatory networks and mechanisms by which proteolysis is integrated into the Caulobacter cell cycle have been discussed in detail in other recent reviews (Joshi and Chien, 2016; Vass et al., 2016). In addition to proteome curation and regulatory degradation during optimal conditions, Caulobacter proteases are stress-responsive and remove damaged proteins that accumulate during proteotoxic stresses, additionally functioning to halt the cell cycle and redirect available resources toward survival tasks.

The best-studied Caulobacter protease is ClpP, which can associate with either of the unfoldase subunits ClpX and ClpA (Figure 1B). ClpXP has many cell cycle-regulated targets, one of which is the master cell cycle regulator CtrA (Quon et al., 1996, 1998; Laub et al., 2002), and extensive work has uncovered that the regulated and coordinated activities of three specific adaptor proteins, CpdR, RcdA, and PopA, facilitate CtrA degradation at the correct time and location during the cell cycle (reviewed by Joshi and Chien, 2016). In addition to CtrA, several other proteins with critical functions in Caulobacter development are degraded by ClpXP, including PdeA (Abel et al., 2011), McpA (Tsai and Alley, 2001), TacA (Bhat et al., 2013), and FtsZ (Williams et al., 2014). Subsets of the ClpXP adaptors regulate degradation of several of these substrates (Joshi et al., 2015; Lau et al., 2015), emphasizing their importance in directing this protease toward specific substrate groups. While ClpX and ClpP are both essential in optimal conditions (Østerås et al., 1999), loss of ClpXP degradation of CtrA and other cell cycle substrates does not result in inviability. Instead, ClpXP degradation of the toxin SocB is essential to avoid inhibition of DNA polymerase activity, as suppressor mutations in socB bypass the need for ClpXP (Aakre et al., 2013). In addition to direct functions in cell cycle progression, ClpXP processing of the replication clamp subunit DnaX is required to promote DNA replication during optimal conditions, and accumulation of full length DnaX during genotoxic stress is an important factor in surviving DNA damage (Vass and Chien, 2013). Furthermore, ClpXP maintains a conserved function in degrading incompletely synthesized proteins directed from the SsrA/SspB pathway in Caulobacter (Keiler et al., 2000). Interestingly, the SsrA RNA (also known as tmRNA) of this system, which adds a degradation tag to products of stalled translation, is involved in cell cycle regulation, as deletion of ssrA delays timing of dnaA transcription and DNA replication (Keiler and Shapiro, 2003; Cheng and Keiler, 2009), however the precise mechanism remains unclear.

Unlike most other PQC network proteins, clpX expression is not induced by σ32 (Østerås et al., 1999; Schramm et al., 2017), however, both clpA and clpP expression are strongly upregulated by σ32 (Schramm et al., 2017). To accomplish this regulation, the clpP and clpX genes are separated by a 1.1 kb region containing the phosphotransferase cicA (Østerås et al., 1999; Fuchs et al., 2001), while clpA is co-transcribed with the conserved Clp protease adaptor clpS from a separate locus. A change in the ratio between ClpX and ClpA during σ32-dependent HSP induction could redirect ClpP proteolysis from ClpX-mediated functions in cell cycle regulation toward stress survival tasks mediated by ClpA (Østerås et al., 1999; Grünenfelder et al., 2004). In line with this idea, high ClpA abundance can inhibit ClpX function (Jenal, 1998), and ClpAP is competent to degrade unfolded proteins (Joshi and Chien, 2016; Liu et al., 2016). That ClpAP can degrade substrates primarily degraded by other proteases (Liu et al., 2016) has led to the suggestion that ClpAP functions as a compensatory protease. However, ClpAP performs specific tasks during optimal conditions as well, where it is the primary protease responsible for degrading the flagellar protein FliF and the division protein FtsA in the swarmer cell (Grünenfelder et al., 2004; Williams et al., 2014). The finding that ClpAP is able to curate abundances of other PQC network protein via degradation of the protease Lon (Barros et al., 2020) further indicates that regulation of ClpA, ClpX, and ClpP is complex.

The Lon protease regulates many points of Caulobacter cell cycle and development, including degradation of three essential cell cycle regulators; the methyltransferase CcrM (Wright et al., 1996), the swarmer cell-specific transcriptional regulator SciP (Gora et al., 2013), and the replication initiator DnaA (Jonas et al., 2013; Leslie et al., 2015). Lon-mediated degradation is in some cases regulated through its ability to bind DNA, as in how chromosomal DNA binding facilitates recognition and degradation of CcrM in the swarmer cell (Zhou et al., 2019). The ability of Lon to bind DNA, and the influence of DNA binding on its activity, may be particularly important in clearing damaged proteins from the chromosome during genotoxic stress (Zeinert et al., 2018). Through its ability to adjust the abundances of regulatory proteins and recognize the presence of unfolded proteins, Lon is ideally positioned to halt the cell cycle at the appearance of proteotoxic stress (Jonas et al., 2013; Leslie et al., 2015). The appearance of unfolded proteins has a dual effect on Lon degradation, firstly by increasing σ32-dependent expression of the protease, and secondly by stimulating Lon degradation of certain substrates (Jonas et al., 2013). The combined effects of this regulation provide a mechanism for halting the cell cycle during unfavorable conditions (Figure 2A), where upregulated and activated Lon degrades DnaA upon exposure to proteotoxic stress (Jonas et al., 2013). More recent work has suggested that Lon may be titrated from different substrate pools based on stress intensity, as mild temperature increases result in CcrM stabilization and increased expression of CcrM-regulated nucleotide metabolism genes that support rapid growth (Zeinert et al., 2020). In addition to roles in proteotoxic and genotoxic stress, Lon has additionally recently been found to be integrated into sensing and responding to low oxygen levels (Stein et al., 2020). How Lon activity and substrate selectivity can be targeted toward specific client protein pools in response to environmental changes remains an area of active research.

The contributions of other proteases to Caulobacter growth and survival are less well established, as in the case of the membrane-bound protease FtsH where the known substrate pool is limited to its conserved interaction with σ32 (Fischer et al., 2002). Curiously, a three amino acid deletion in the substrate recognition domain of the HslU chaperone subunit enables the HslUV protease to degrade σ32 in cells depleted of either DnaKJ or FtsH, where σ32 is normally stable (Schramm et al., 2017). This finding raises questions on if HslUV may perform redundant or degenerate roles with FtsH, however, the substrate pool and contribution of the HslUV protease to Caulobacter development and stress survival remains entirely uncharacterized. FtsH mutants exhibit growth and developmental defects during optimal conditions, and additionally are more sensitive to various stresses (Fischer et al., 2002), however, whether these phenotypes stem from the interaction of FtsH with σ32 or from degradation of other substrates remains to be discovered. In addition to the ATP-dependent proteases, Caulobacter possesses proteases specialized for degrading proteins in the membrane or periplasm, such as the membrane metalloprotease MmpA, which degrades the processed form of the polarity factor PodJ (Chen et al., 2006). Many more yet unidentified interactions between the PQC network and cell envelope proteins must be involved to coordinate stalk synthesis, divisome assembly, chemoreceptor placement, and the many other developmental events taking place across the membrane, with the requirements of optimal and stress conditions.



ENERGY-DEPENDENT DISAGGREGASES ASSIST THE PQC NETWORK IN STRESS SURVIVAL

ClpB is a disaggregase that acts specifically to remediate aggregated protein, and consistent with its expression occurring exclusively during stress (Simão et al., 2005; Schramm et al., 2019), no phenotype is associated with its absence in optimal conditions. Deletion of ClpB results in an inability to dissolve stress-induced protein aggregates, and an associated reduction in the ability of Caulobacter to tolerate proteotoxic stress (Simão et al., 2005; Schramm et al., 2019). Protein aggregates are persistent in ClpB-deficient cells, and collaboration between DnaKJ/E and ClpB is the primary mechanism of resolving aggregated protein during sublethal heat stress in Caulobacter, although it is unknown if mistranslation-inducing antibiotic stresses, which do not induce HSP expression, depend as heavily on ClpB (Schramm et al., 2019). Persistent protein aggregates in clpB mutant cells have been used to study inheritance of insoluble protein deposits (Schramm et al., 2019), which has been hypothesized to underlie replicative decline in the stalked cell (Ackermann et al., 2003). While the majority of protein aggregates are swiftly dissolved when ClpB is functional, Caulobacter was found to share persistent aggregated protein deposits between stalked and swarmer cells (Schramm et al., 2019). The fidelity with which the PQC network curates the proteome as the stalked cell ages and experiences sequential stresses remains an open question.

ClpB is also solely responsible for mediating the shutoff phase of the σ32-dependent stress response in Caulobacter (Simão et al., 2005). This process is important for tolerating sublethal stress, where unfolding and aggregation of the stress-sensitive σ73 allows σ32 to interact with the RNAP instead (Simão et al., 2005). To ensure that σ73-regulated genes are not repressed indefinitely, ClpB reactivates σ73 from protein aggregates (Da Silva et al., 2003; Simão et al., 2005). This reactivation of σ73 restores its activity and allows it to compete with σ32 for association with the RNAP, which is a crucial step in recovering from or adapting to proteotoxic stress (Simão et al., 2005).



ENERGY-INDEPENDENT HOLDASES ASSIST THE MAJOR PQC NETWORK NODES IN SURVIVING SPECIFIC STRESSES

To cope with the demands of proteotoxic stress, Caulobacter also employs energy-independent holdases that collaborate with major nodes of the PQC network and assist in survival. Two small heat shock proteins, sHSP1 (CCNA_02341, referred to also as IbpA, but not to be confused with the inositol binding protein A of Caulobacter), and sHSP2 (CCNA_03706), are induced in response to protein unfolding, and may organize unfolded proteins in a disaggregation-ready state, as aggregates dissolve more slowly in their absence (Schramm et al., 2019). While sHSP accumulation is restricted to σ32-acting stresses, the sHSP1 protein has been confirmed as a ClpXP substrate, featuring the classical C-terminal AA degron (Bhat et al., 2013). It remains unresolved if the ClpXP protease might remove the highly expressed sHSP1 during later phases of stress recovery, when cells are returning to growth in optimal conditions, or effect its turnover during optimal conditions.

The chaperedoxin holdase CnoX (CCNA_00109) is both constitutively expressed and σ32-responsive, and participates in cellular redox homeostasis during optimal conditions by reducing disulfide bonds (Goemans et al., 2018a). Oxidative stress further activates CnoX, and it functions to protect approximately 90 proteins from aggregation until they can be transferred to DnaKJ and GroESL for refolding (Goemans et al., 2018a) (Figure 2B). Similarly to what is observed with sHSP1 and sHSP2, deletion of CnoX does not affect survival of proteotoxic stress (Goemans et al., 2018a; Schramm et al., 2019), however it is unresolved if other stress conditions Caulobacter frequently encounters might exhibit a higher requirement for these holdases. As CnoX interacts with cell cycle-regulated proteins (Goemans et al., 2018a,b), many open questions remain on the function of holdases during both Caulobacter development and stress. Caulobacter also possesses a homolog of trigger factor (CCNA_02042), which likely contributes to the de novo folding of cytoplasmic proteins, but remains so far unstudied. Furthermore, holdase regulation and collaboration in compartment-specific stress (Castanié-Cornet et al., 2014; De Geyter et al., 2016), such as regulation of the holdase SecB (CCNA_03858) in membrane protein transport, remains unaddressed in Caulobacter.



CONCLUSION AND OUTLOOK

Caulobacter has become a powerful model to investigate how a prokaryotic PQC network integrates the demands of a developmental program with frequently encountered threats to proteostasis. Several mechanisms by which the highly conserved nodes of the PQC network ensure cell cycle progression during optimal conditions are known, and ongoing work has begun to reveal mechanistic insight into how these functions change when stress is encountered. Substrate trapping or depletion experiments connected to mass spectrometry have begun to characterize client proteins of the major chaperones and proteases (Bhat et al., 2013; Goemans et al., 2018a; Schroeder et al., 2020), and with this an understanding of how processes are regulated as individual proteins transit through the PQC network has become possible.

A theme emerging from recent work in Caulobacter is that the PQC network responds to a range of stress inputs and intensities with tailored and collaborative responses. For example, Caulobacter primarily dissolves aggregated protein deposits during stress recovery, except after high intensity stresses where dilution of aggregates in the growing population becomes the primary method of reducing insoluble protein (Schramm et al., 2019). Lon may also be directed toward different activities based on stress intensity; during mild temperature increases Lon has been linked to increasing dNTP pools to support DNA replication (Zeinert et al., 2020), whereas strong unfolding stress requires Lon-mediated destabilization of DnaA and prevention of DNA replication initiation until conditions improve (Jonas et al., 2013). Stress-responsive factors that tune the generalist PQC network to specific environmental conditions are also beginning to be identified, such as the chaperedoxin CnoX that responds to oxidative stress and collaborates with DnaKJ/E and GroESL (Goemans et al., 2018a). How PQC network functions change within the dynamic range of stress responses, and how nodes of the PQC network collaborate in effecting these responses is a developing area of Caulobacter PQC work.

Finally, work in Caulobacter is also beginning to address how the discrete proteomes of the swarmer and stalked cell interface with the PQC network. Cell cycle-restricted Caulobacter proteins that are particularly sensitive to aggregation have been described (Schramm et al., 2019), and as oscillations in transcriptome (Fang et al., 2013), proteome (Grünenfelder et al., 2001), and metabolome (Hartl et al., 2020) of Caulobacter during the cell cycle in optimal conditions have been identified, the field is open for investigating the interface between PQC machines and the dimorphic developmental program of Caulobacter during environmental changes.
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One of the important cellular events in all organisms is protein synthesis, which is catalyzed by ribosomes. The ribosomal activity is dependent on the environmental situation of the cell. Bacteria form 100S ribosomes, lacking translational activity, to survive under stress conditions such as nutrient starvation. The 100S ribosome is a dimer of two 70S ribosomes bridged through the 30S subunits. In some pathogens of gammaproteobacteria, such as Escherichia coli, Yersinia pestis, and Vibrio cholerae, the key factor for ribosomal dimerization is the small protein, ribosome modulation factor (RMF). When ribosomal dimerization by RMF is impaired, long-term bacterial survival is abolished. This shows that the interconversion system between active 70S ribosomes and inactive 100S ribosomes is an important survival strategy for bacteria. According to the results of several structural analyses, RMF does not directly connect two ribosomes, but binds to them and changes the conformation of their 30S subunits, thus promoting ribosomal dimerization. In this study, conserved RMF amino acids among 50 bacteria were selectively altered by mutagenesis to identify the residues involved in ribosome binding and dimerization. The activities of mutant RMF for ribosome binding and ribosome dimerization were measured using the sucrose density gradient centrifugation (SDGC) and western blotting methods. As a result, some essential amino acids of RMF for the ribosomal binding and dimerization were elucidated. Since the induction of RMF expression inhibits bacterial growth, the data on this protein could serve as information for the development of antibiotic or bacteriostatic agents.
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INTRODUCTION

In the exponential growth phase of bacteria, several proteins are synthesized by a massive amount of active ribosomes through four stages: initiation, elongation, termination, and recycling (Korostelev et al., 2008). However, under stress conditions such as nutrient starvation, ribosomal biosynthesis is repressed, and protein synthesis is suppressed by the formation of inactive 100S ribosomes (Wada et al., 1995; Yoshida and Wada, 2014). The 100S ribosome has no translational activity and is a dimer of two 70S ribosomes, which are bound via their 30S subunits (Kato et al., 2010; Ortiz et al., 2010; Polikanov et al., 2012). Ribosomal dimerization involves a small (Mr = 6,507) and basic (pI = 11.3) ribosome modulation factor (RMF). RMF has also been reported to be related to the resistance of the cell to heat stress (Niven, 2004), acid stress (El-Sharoud and Niven, 2005), and osmotic stress (Garay-Arroyo et al., 2000). In Escherichia coli, the expression of RMF is positively regulated by the stringent response alarmone (p)ppGpp (guanosine-3′,5′-bisdiphosphate or guanosine pentaphosphate) (Izutsu et al., 2001), the carbon source-sensing cAMP–cAMP receptor protein complex (cAMP-CRP) (Shimada et al., 2013), and the transcription factors stimulating biofilm formation such as McbR, RcdA, and SdiA (Yoshida et al., 2018). Another protein factor expressed during the stationary phase, hibernation promoting factor (HPF, also known as YhbH, Mr = 10,732), also binds to ribosomes and promotes 100S ribosome formation (Maki et al., 2000; Ueta et al., 2005, 2008). When the environmental conditions improve, RMF and HPF are immediately released from 100S ribosomes, which dissociate into active 70S ribosomes (Yamagishi et al., 1993; Aiso et al., 2005). Under stress conditions, ribosomes may also be inactivated by binding to the cold shock protein pY, also known as RaiA (ribosome-associated inhibitor A) or YfiA (Mr = 12,766) (Maki et al., 2000; Pietro et al., 2013). YfiA is an HPF paralog with 40% sequence homology and inhibits the formation of 100S ribosomes by blocking the binding of RMF and HPF to the active ribosome (Ueta et al., 2005). These systems of translational regulation are especially important for the survival of wild bacteria in harsh environments. We term the stage of inactivating ribosome “hibernation stage” in the ribosome cycle (Yoshida et al., 2002).

In some gammaproteobacteria, such as E. coli, RMF and HPF regulate 100S ribosome formation. Many other bacteria, such as Thermus thermophilus, do not express RMF and rely on the long HPF type (Mr = 21,550) for the 100S ribosome formation (Ueta et al., 2010, 2013; Tagami et al., 2012; Puri et al., 2014). The long HPF has a molecular weight approximately twice as high as that of the HPF expressed in gammaproteobacteria. In virtually all bacteria, except for gammaproteobacteria, 100S ribosomes are only formed by long HPF. Thus, bacteria have two distinct types of 100S ribosomes formed by RMF or long HPF. Structural studies based on cryo-electron microscopy (cryo-EM) showed that in the 100S ribosome of Bacillus subtilis and Staphylococcus aureus, the two 70S ribosomes are bridged by the C-terminus of long HPF (Beckert et al., 2017; Khusainov et al., 2017). On the other hand, RMF or HPF is not directly involved in the formation of the 100S ribosome in E. coli (Beckert et al., 2018). On the basis of these findings, it is thought that in E. coli, the formation of the 100S ribosome occurs via RMF-induced conformational changes in the 30S subunits, resulting in dimerization. Therefore, it is assumed that RMF contains functional sites contributing to ribosome binding and dimerization. The identification of these sites was the main purpose of the current study. Since many enteropathogenic bacteria, such as Yersinia pestis and Vibrio cholerae, express RMF for survival in harsh environments, these data on the functionally important sites of RMF could serve as information for the development of antibiotic or bacteriostatic agents.



MATERIALS AND METHODS


Bacterial Strains and Growth

The bacterial strains and plasmids used in this work are listed in Table 1. First, a pRham plasmid carrying the intact rmf and hpf genes of E. coli (pRham-01) was constructed, which induced the expressions of RMF and HPF together by rhamnose. Next, the rmf gene in pRham-01 was replaced by gene versions carrying terminal deletions or point mutations (pRham-02∼28). The mutations of rmf gene are confirmed by the use of Applied Biosystems 3130 Genetic Analyzer. These multicopy plasmids were transformed into the E. coli strain, YB1005, obtained by deleting rmf, hpf, and yfiA genes from the wild-type strain (W3110). Overnight 1-mL precultures were obtained in medium E containing 2% polypeptone and were supplemented with 0.5% glucose at 37°C with shaking at 120 cycles per min (Vogel and Bonner, 1956). Medium E contains MgSO4, citric acid, K2HPO4, and NaNH4HPO4, in which E. coli can efficiently form 100S ribosomes under stress conditions. Mass cultures were performed in 200 mL of the same medium at 37°C with shaking at 120 cycles per min. To induce gene expression from plasmids, 0.8 mM rhamnose was preliminarily added to the medium of mass culture. The cells were harvested 2.5, 6, 9, and 24 h after the start of mass culture for subsequent analysis by sucrose density gradient centrifugation (SDGC) and western blotting. To confirm the expressions of mutant RMF from the plasmids, 0.8 mM rhamnose was added to the medium of mass culture at 4 h after inoculation, and cells were harvested 1 h later.


TABLE 1. E. coli strain and plasmids used in this work.
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Measurement of Ribosome Profiles

The harvested E. coli cell pellets were suspended in an association buffer [100 mM CH3COONH4, 15 mM (CH3COO)2Mg.4H2O, 20 mM Tris–HCl at pH 7.6, and 6 mM 2-mercaptoethanol] and then vortexed with an approximately equal volume of glass beads (212–300 μm; Sigma-Aldrich Co., United States). The homogenate was centrifuged at 13,000 × g for 10 min at 4°C. The supernatant was layered on top of a 5–20% linear sucrose density gradient in association buffer and was centrifuged in an SW 41 Ti rotor (Beckman, United States) at 285,000 × g for 1.5 h at 4°C. After centrifugation, the absorbance of the sucrose gradient was measured at 260 nm using a UV-1800 spectrophotometer (Shimadzu, Japan).



Western Blot Analysis

The 70S and 100S ribosomal fractions in the solution after SDGC were collected using a mechanical fraction collector (AC-5700P, ATTO Co., Ltd., Japan). Proteins in each fraction were precipitated with 10% trichloroacetic acid (TCA), separated by 16% tricine-sodium dodecyl sulfate-polyacrylamide gel electrophoresis (Tricine SDS-PAGE) (Schagger and von Jagow, 1987), and transferred to PVDF membranes (Immobilon-FL transfer membrane, Millipore, German). RMF and HPF were recognized by the corresponding rabbit antisera and detected with ECF substrate (GE Healthcare, United States) using a Typhoon FLA 9000 imager (GE Healthcare, United States).




RESULTS


Conserved Amino Acids in RMF

Ribosome modulation factor, a key factor for the formation of 100S ribosome, is highly conserved among gammaproteobacteria. Figure 1 and Supplementary Figure 1 show the alignments of amino acid sequences of RMF from 10 and 50 bacteria, respectively. In many pathogens, such as Yersinia pestis and Vibrio cholerae (shown by blue backgrounds), RMF ensures survival in harsh environments. The RMF of E. coli consists of 55 amino acids, as indicated by the yellow background in the top line. Thirteen amino acids (red characters) are completely conserved among these 50 bacteria and comprise basic amino acids such as arginine (R) and lysin (K), which are expected to interact with rRNA. The conserved amino acids of RMF are relatively scattered in the 1–50 region at the N terminus. On the other hand, the sequence and the length of the C-terminal region vary slightly between bacterial species. In order to identify the functional sites in RMF involved in ribosome binding and dimerization, the ability of various RMF mutants to form 100S ribosomes was examined. Table 1 shows the plasmids expressing different RMF mutants. The pRham-02–07 plasmids were designed for the expression of partially deficient RMF lacking 5, 10, and 15 amino acids at the N- or C-terminal region of E. coli RMF (Top line in Figure 1 and Supplementary Figure 1). The pRham-08∼20 plasmids are constructed for the expression of RMF substituted conserved amino acids with alanine, in which the first methionine and the twelfth alanine are eliminated. Moreover, the pRham-21–28 plasmids carried RMF constructs in which the four non-conserved amino acids (blue characters in the top line of Figure 1 and Supplementary Figure 1) were deleted or substituted with alanine (Table 1).
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FIGURE 1. Alignment of RMF amino acid sequences between 10 species of gammaproteobacteria. Completely conserved amino acids are represented in red. RMF of the E. coli strain used in this work is shown at the top with a yellow background. The representative pathogens, Yersinia pestis and Vibrio cholerae, are indicated by blue background. The structure of RMF (PDB ID: 2JRM) in Figure 6 and Supplementary Figure 6 is that of Vibrio parahaemolyticus, which is shown with a green background. Incompletely conserved amino acids were used as references and are shown in blue characters in the E. coli sequence (top line). The alignment from 50 bacteria is shown in Supplementary Figure 1.


The plasmids were transformed into an E. coli YB1005 strain lacking the rmf, hpf, and yfiA genes, responsible for 100S ribosome formation (Yoshida and Wada, 2014), and the ability to form the 100S ribosome was examined by the SDGC method.



Conditions for 100S Ribosome Formation

Obtaining the formation of 100S ribosome by means of plasmid-encoded RMF is a difficult task. RMF that is expressed in the exponential growth phase is rapidly and efficiently degraded (Aiso et al., 2005). Furthermore, during the exponential phase, dimerization of bacterial ribosomes is less likely to occur than during the stationary phase, even in the presence of RMF (Yoshida et al., 2009). Therefore, to efficiently promote dimerization, RMF must be expressed in the stationary phase. However, forcing protein expression in the stationary phase inhibits the formation of 100S ribosomes. Therefore, it is assumed that the timing and strength of RMF expression must be precisely controlled in order to obtain efficient formation of 100S ribosomes. In fact, when exogenous expression of plasmid-encoded RMF was induced by isopropyl β-D-1-thiogalactopyranoside (IPTG) in E. coli cells, truncated RMF peptides were observed, and 100S ribosome formation was inefficient (data not shown). To solve this issue, a pRham plasmid for rhamnose-inducible expression was utilized. Since the cAMP receptor protein (CRP), involved in glucose starvation, has been identified as one of the transcription factors regulating rmf expression (Shimada et al., 2013), we reasoned that the pRham plasmid could allow for bacterial response to glucose starvation. First, conditions for efficient ribosomal dimerization were identified by changing the treatment timing and rhamnose concentration. As a result, when cells harboring the pRham plasmid were cultivated in a medium containing 0.8% rhamnose for 24 h and harvested, reproducible 100S ribosome formation was obtained to the same extent as that of the wild-type strain (Supplementary Figure 2 and Figures 2D,F). Figure 2A shows a ribosome profile obtained by the SDGC method in W3110 cells during the exponential phase (2.5 h after inoculation). The peaks of the 30S subunit, 50S subunit, 70S ribosome, and polysome were observed. On the other hand, the 100S ribosome was observed instead of the polysome during the stationary phase (24 h after inoculation), as shown in Figure 2D. The 100S ribosome could not be formed in cells with deleted rmf and hpf genes (YB1005 strain), as shown in Figures 2B,E. When rmf and hpf gene deficiency was compensated with the pRham plasmid, 100S ribosomes were efficiently formed during the stationary phase (Figure 2F) but not the exponential phase (Figure 2C). Therefore, subsequent experiments were performed under the above-described conditions, i.e., cell cultivation in EP medium containing 0.8% rhamnose, and were harvested 24 h after inoculation.
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FIGURE 2. Formation of 100S ribosome after the expression of intact rmf and hpf genes from the pRham plasmid. (A–C) Profiles of ribosomes extracted from the cells during the exponential phase (harvested 2.5 h after inoculation) after sucrose density gradient centrifugation. (D–F) Ribosome profiles during the stationary phase (at 24 h). (A,D) Represent the W3110 strain (wild-type); (B,E) Represent the YB1005 strain (obtained from W3110 by the deletion of rmf, hpf, and yfiA genes); (C,F) Represent the YB1005 strain harboring the pRham-01 plasmid (carrying intact rmf and hpf genes, as shown in Table 1). The double-headed arrows in (D–F) indicate the fractionated regions that were analyzed by western blot (see Figure 5).




Formation of the 100S Ribosome by Mutant RMF

The formation of 100S ribosome (ribosomal dimer) driven by exogenously expressed mutant RMF and intact HPF was analyzed by the SDGC method in E. coli cells (YB1005 strain) deleted for rmf, hpf, and yfiA genes (Figure 3 and Supplementary Figure 3). As shown in Figure 2F, 100S ribosomes were efficiently formed upon expression of intact RMF (see also Supplementary Figures 3A1–A3). However, the elimination of five amino acids from the N- or C-terminus of RMF drastically reduced the 100S ribosome formation (Figures 3A,B and Supplementary Figures 3B1–B6). Figures 3C–F show the SDGC patterns obtained when mutant RMF, in which the conserved amino acids had been substituted with alanine, was expressed. Surprisingly, the substitution of one conserved amino acid was sufficient to drastically reduce the 100S ribosome formation (Figures 3C–F and Supplementary Figures 3C1–C13).
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FIGURE 3. Impact of rmf mutations on the formation of 100S ribosomes. The mutant strains shown in Table 1 were cultivated in EP-medium containing 0.8% rhamnose and harvested 24 h after inoculation. The ribosome profiles were analyzed by SDGC method. (A,B) Represent the strains expressing RMF truncated by 5 amino acids at N- and C-terminus, respectively; (C–F) Represent strains expressing RMF in which the conserved amino acids, glycine (G), cysteine (C), and tryptophan (W), respectively, were substituted with alanine (A) (see Figure 1 and Supplementary Figure 1). The double-headed arrows indicate the fractionated regions that were analyzed by western blot (see Figure 5).


Are all the amino acids in the small protein RMF of E. coli essential? To answer this question, mutations affecting incompletely conserved RMF amino acids were inserted (E10, I21, T33, and M48; see Figure 1 and Supplementary Figure 1), and the 100S ribosome formation was examined. Figures 4A,F show the SDGC patterns obtained after substitution and deletion of incompletely conserved amino acids. The substitution of incompletely conserved amino acids does not significantly affect the 100S ribosome formation (Figures 4A–C and Supplementary Figures 3D1–D4), whereas the deletion of E10 (ΔE10) or T33 resulted in enhanced 100S ribosome formation (compare Figures 4D,E and Supplementary Figures 3D5, D7 with Figure 2F). From the above findings, we concluded that the completely conserved RMF amino acids examined in this study were essential for 100S ribosome formation.
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FIGURE 4. Formation of 100S ribosomes after expression of RMF with mutations involving incompletely conserved amino acids. The experimental procedures are the same as those of Figure 3. (A–C) Represent strains expressing RMF in which incompletely conserved amino acids were changed to alanine. (D–F) Represent strains expressing RMF deleted for incompletely conserved amino acids. The double-headed arrows in (A–C) indicate the fractionated regions that were analyzed by western blot (see Figure 5).




Binding of Mutant RMF and Intact HPF to Ribosomes

The inability of mutant RMF to drive ribosomal dimerization could be either due to the lack of RMF binding to the ribosome or due to its failure to induce the necessary ribosomal conformational changes. To clarify this issue, the binding of mutant RMF to the ribosome was examined by western blotting (Figure 5 and Supplementary Figure 4). Intact RMF and HPF expressed by the pRham-01 plasmid (see Table 1) bound to the ribosome as efficiently as the wild-type strain (lanes 1 and 3 in Figure 5). RMF that is bound to the ribosome is stable, while the unbound RMF is degraded (Wada, 1998). To confirm the mutant RMFs expressed by the plasmids, the detections of RMFs were attempted by western blotting before the strong degradation by use of the harvested cells an hour after induction (Supplementary Figure 5). In Supplementary Figure 5, the bands of some mutant RMFs are not dense, probably because they undergo degradation, but the expressions of all mutant RMF are confirmed. The expressions of HPF shown in Figure 5 support the data that mutant RMFs are expressed, because the expressions of rmf and hpf genes are carried on the same plasmid. RMF mutations did not affect the binding of intact HPF to the ribosome (lanes 4–24 of “anti-HPF” in Figure 5). As shown in Supplementary Figure 5, the mutant RMFs lacking the 5 and 10 N-terminal amino acids are unstable, which indicates that they are degraded. On the one hand, the mutant RMF lacking the C-terminal 5 amino acids is also unstable, but it, in the ribosomal fraction, is stable in contrast to those lacking the N-terminal amino acids (compare with lanes 4–6 in Supplementary Figure 5 and those in Figure 5). These phenomena can be explained by the fact that RMF bound to ribosomes is stable, while the unbound RMF is degraded. On the other hand, the mutant RMF lacking the C-terminal 10 amino acids is hardly degraded as shown in lane 7 in Supplementary Figure 5. However, this mutant RMF is not able to bind to the ribosome as shown in lane 7 in Figure 5. From these results, it is concluded that the lack of N-terminal 5 (and 10) and C-terminal 10 amino acids inhibited the binding to ribosomes.
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FIGURE 5. Binding of mutant RMF and intact HPF to ribosomes, analyzed by western blotting. RMF and HPF in ribosomal fractions (see arrows in Figures 2–4) were detected by using the appropriate rabbit antisera. These experiments were repeated as shown in Supplementary Figures 3, 4, and the effects of RMF mutations on dimer formation and ribosome binding are evaluated from these data as shown in Table 2.


The substitution of the conserved G16, C29, W40, or W44 residues with alanine suppressed RMF binding to the ribosome (lanes 11, 13, 16, and 18 of “anti-RMF”). These results explain the lack of 100S ribosomes in Figures 3C,E and Supplementary Figures 3C4,C6,C9,C11. In contrast, the substitution of the conserved R3, K5, R11, G23, P30, G43, or R45 residues with alanine did not affect RMF ability to bind to the ribosome (lanes 8, 9, 10, 12, 14, 17, and 19 of “anti-RMF”). Nevertheless, when these mutated RMF were expressed, the formation of 100S ribosome was nearly abolished as shown in Figures 3D,F and Supplementary Figures 3C1–C3,C5,C7,C10,C12. The substitution of the incompletely conserved E10, I21, T33, or M48 residues with alanine does not affect RMF binding to the ribosome (lanes 21–24 of “anti-RMF”) or 100S ribosome formation (Figures 4A–C and Supplementary Figures 3D1–D4). The effects of RMF mutations on dimer formation and ribosome binding are summarized in Table 2, which are evaluated from the repeated experiments of SDGC and western blotting. Notably, the G23A and R45A mutations impaired the ribosomal dimer formation while not affecting RMF binding to the ribosome.


TABLE 2. Evaluation of dimer formation and ribosome binding by RMF.
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DISCUSSION

The functional sites of RMF were examined using RMF mutants. First, the 100S ribosome formation (dimerization) was assessed by the SDGC method. The substitution of one conserved amino acid with alanine was sufficient to greatly reduce RMF-induced dimerization (Figure 3 and Supplementary Figure 3). In contrast, the replacement of an incompletely conserved amino acid does not affect the 100S ribosome formation (Figures 4A–C). These findings indicated that the conserved RMF amino acids were crucial for 100S ribosome formation. Western blotting analysis revealed that various mutations abolished the ability of RMF to bind to the ribosome (Figure 5 and Supplementary Figure 4). Interestingly, some RMF mutations suppressed ribosomal dimerization without affecting the binding of RMF to the ribosome. Ribosome binding and dimerization abilities of different RMF mutants are summarized in Table 2. The conserved RMF amino acids were mapped on the structure from the NMR (PDB ID: 2JRM) as shown in Figure 6 and Supplementary Figure 6. This structure of Vibrio parahaemolyticus RMF is not significantly different from the structure of E. coli RMF by the X-ray (PDB ID: 4V8G, Polikanov et al., 2012) or cryo-EM (PDB ID: 6H4N, Beckert et al., 2018; see Supplementary Figure 7). The predicted secondary structure of RMF (Yoshida et al., 2004) was the same as these structures, which consists of two helices and a connecting loop (Figures 6A1,B1). The replacement with alanine of the basic amino acids, R3, K5, or R11, located in the N-terminal domain, resulted in weak binding to the ribosome. However, the removal of the five N-terminal amino acids caused the complete suppression of RMF ability to form 100S ribosomes. Previous cryo-EM structural analysis of E. coli 100S ribosomes showed that R3 and K5 interact with helix 28 in 16S rRNA (Beckert et al., 2018). These results suggest that the basic amino acids R3, K5, and R11 in the N-terminal domain may substantially contribute to ribosome binding. Since G16, G23, and G43 are closely located to stabilize the interaction between the two protein helixes, replacing these amino acids might perturb the overall RMF structure (Figures 6A2,B2 and Supplementary Figures 6A2,B2). The mutation of C29 and P30, located in the loop connecting the two helixes, could change the relative position of these structures. Since the larger amino acids, W40 and W44, have parallel indole rings located between the two helices, their substitution with alanine is expected to significantly alter the structure of RMF (Figures 6A2,B2 and Supplementary Figures 6A2,B2). When G23 and R45 were replaced with alanine, ribosome dimerization was strongly impaired despite normal RMF binding to the ribosome (Figures 3, 5 and Table 2), suggesting a role of G23 and R45 in ribosome dimerization. Since the basic residue R45 has been reported to interact with C1536 in the anti-SD (Shine-Dalgarno) sequence of 16S rRNA (Beckert et al., 2018), this interaction may be important for the structural changes required in the 30S subunit for dimerization.
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FIGURE 6. Positions of the conserved amino acids in the structure of RMF from Vibrio parahaemolyticus (PDB ID: 2JRM). (A1,B1) Are shown in the ribbon model. In (A2,B2), the conserved amino acids are displayed by the ball model. (B) is (A) rotated by 180° with respect to the vertical axis. The colors represent the hydropathy index. (A1,B1) Rotated by 90° with respect to the horizontal axis are shown in Supplementary Figure 6.


When one of the amino acids that are conserved in all 50 bacterial species examined (“highly conserved”) was replaced with alanine, little or no 100S ribosome formation was observed. In contrast, when the incompletely conserved amino acids were substituted or deleted, RMF binding to ribosomes and formation of 100S ribosomes normally occurred (Figures 4, 5 and Supplementary Figure 4). This highlighted the specificity of the highly conserved amino acids. The deletion of the E10 residue in the N-terminal domain resulted in the formation of an abnormally high number of 100S ribosomes (Figure 4D). The N-terminal basic amino acids, R3, K5, and R11, are presumed to contribute significantly to ribosome binding. Consistently, deletion of the acidic E10 in the N-terminal domain promoted the formation of 100S ribosomes by increasing RMF stability and binding to the ribosomes.

In summary, the conserved amino acids in RMF were found to play a role in the conformational and stability changes required for ribosome binding and dimerization, whereas the incompletely conserved amino acids may regulate the binding activity of RMF to the ribosome. These data provide new insights into the conformational changes faced by bacterial ribosomes and may contribute to the development of antibiotic or bacteriostatic agents.
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Supplementary Figure 1 | Alignment of RMF amino acid sequences between 50 species of gammaproteobacteria. Completely conserved amino acids are represented in red. RMF of the E. coli strain used in this work is shown at the top with a yellow background. The representative pathogens, Yersinia pestis and Vibrio cholerae, are indicated by blue background. The structure of RMF (PDB ID: 2JRM) in Figure 6 and Supplementary Figure 6 is that of Vibrio parahaemolyticus, which is shown with a green background. Incompletely conserved amino acids were used as references and are shown in blue characters in the E. coli sequence (top line).

Supplementary Figure 2 | Optimization of conditions for ribosomal dimerization after the expression of rmf and hpf genes from plasmids. YB1005 cells harboring the pRham-01 plasmid (see Table 1), cultivated in a medium containing 0.4% (A–C) or 0.8% (D–F) rhamnose, were harvested after 6 h (A,D), 9 h (B,E), or 24 h (C,F) of culture. The ribosome profiles were analyzed by the SDGC method.

Supplementary Figure 3 | Ribosome profiles of the strains harboring the plasmids shown in Table 1. (A1,A2) Represent parental and mutated strain lacking key factors for 100S ribosome formation, respectively. (A3) Represents strain expressing intact rmf and hpf genes. (B1–B6) Represent strains expressing RMF with N- or C-terminal truncations. (C1–C13) Represent strains in which the conserved amino acids RMF were replaced by alanine (A). (D1–D8) Represent strains expressing RMF mutated for incompletely conserved amino acids. Figures 2–4 refer to these data. The double-headed arrows indicate the fractionated regions (① 70S and ② 100S ribosomal fractions) that were analyzed by western blot (see Supplementary Figure 4).

Supplementary Figure 4 | Western blotting analysis of mutant RMF and intact HPF binding to ribosomes. RMF and HPF in the 70S and 100S ribosomal fractions (see double-headed arrows in Supplementary Figure 3) were detected using the appropriate rabbit antisera. Each experiment was conducted multiple times. (A1–B4) Represent detection by anti-RMF antibodies. These results were used to determine the efficiency of ribosome binding, as shown in Table 2. (C1–C4) Represent detection by anti-HPF antibodies.

Supplementary Figure 5 | The mutant RMFs were detected using the appropriate rabbit antisera before the strong degradation by use of the harvested cells an hour after induction. RplB (ribosomal protein L2) was also detected for reference.

Supplementary Figure 6 | Position of the conserved amino acids in the structure of RMF from Vibrio parahaemolyticus (PDB ID: 2JRM). (A1,B1) Are shown in the ribbon model. In (A2,B2), the conserved amino acids are displayed by the ball model. The colors represent the hydropathy index. (A,B) Represent the amino acids shown in Figure 6, rotated by 90° with respect to the horizontal axis.

Supplementary Figure 7 | Structural superposition of RMF from NMR (PDB ID: 2JRM, Magenta), X-ray (PDB ID: 4V8G, Blue), and Cryo-EM (PDB ID: 6H4N, Green).
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How proteins fold and are protected from stress-induced aggregation is a long-standing mystery and a crucial question in biology. Here, we present the current knowledge on the chaperedoxin CnoX, a novel type of protein folding factor that combines holdase chaperone activity with a redox protective function. Focusing on Escherichia coli CnoX, we explain the essential role played by this protein under HOCl (bleach) stress, discussing how it protects its substrates from both aggregation and irreversible oxidation, which could otherwise interfere with refolding. Finally, we highlight the unique ability of CnoX, apparently conserved during evolution, to cooperate with the GroEL/ES folding machinery.
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INTRODUCTION

The powerful oxidant hypochlorous acid (HOCl; the active ingredient of household bleach) is produced by neutrophils to kill invading bacteria (Hurst, 2012; Schürmann et al., 2017). HOCl exerts its bactericidal action, at least in part, by damaging cellular proteins, which results in massive unfolding (Hawkins and Davies, 1998; Hawkins et al., 2003; Winter et al., 2008). It is therefore not surprising that bacteria evolved dedicated chaperones to fight HOCl-induced protein aggregation.

In the last 20 years, several bacterial chaperones providing protection against HOCl have been identified (Goemans and Collet, 2019). In the model bacterium Escherichia coli, they include the proteins Hsp33, RidA, and CnoX (Jakob et al., 1999; Müller et al., 2014; Goemans et al., 2018b), as well as polyphosphate, an inorganic polymer synthesized from ATP (Gray et al., 2014). These chaperones function as holdases: they hold their substrates in a folding-competent conformation during stress (Hoffmann et al., 2004; Gray et al., 2014; Müller et al., 2014; Goemans et al., 2018b) and transfer them to ATP-dependent foldases for active refolding after stress (Hoffmann et al., 2004; Gray et al., 2014; Müller et al., 2014; not shown for RidA). Interestingly, Hsp33, RidA, and CnoX have in common to be converted into chaperones by HOCl. Hsp33 is activated via the oxidation of four zinc-binding cysteines residues (Jakob et al., 1999), which induces structural changes in Hsp33 and results in the exposure of hydrophobic surfaces for interaction with unfolded proteins (Graf et al., 2004; Groitl et al., 2016). RidA and CnoX are activated via a different mechanism; in both cases, it is the reversible chlorination of positively-charged residues that increases the hydrophobicity of their surface and turns these proteins into efficient chaperones (Müller et al., 2014; Goemans et al., 2018b).

In this short review, we summarize the current knowledge on CnoX, a protein that combines both a chaperone and a redox-protective function. We first present the key structural and biochemical features of this protein, taking E. coli CnoX (EcCnoX; previously known as YbbN) as a model, before discussing how EcCnoX participates in the proteostasis network under HOCl stress. Finally, we briefly review intriguing differences between CnoX homologs.



CNOX UNIQUELY COMBINES A THIOREDOXIN DOMAIN FUSED TO A TPR DOMAIN

It is the high homology of the N-terminal part of EcCnoX to thioredoxin proteins that first drew the attention of researchers (Caldas et al., 2006). Proteins from the thioredoxin superfamily are found in most living organisms where they usually function as oxidoreductases. They share a conserved fold consisting of five β-strands surrounded by four α-helices (Pan and Bardwell, 2006; Collet and Messens, 2010) and display a conserved Cys–X–X–Cys catalytic motif. This motif undergoes oxidation-reduction cycles, allowing thioredoxins to catalyze disulfide-exchange reactions with substrate proteins. In EcCnoX, the first cysteine of the canonical Cys–X–X–Cys motif is replaced by a serine (Ser35–X–X–Cys38). As a result, EcCnoX does not function as an oxidoreductase; in contrast to active thioredoxins, it is unable to catalyze the in vitro reduction of insulin by dithiothreitol (Goemans et al., 2018b). When the structure of EcCnoX (PDB: 3QOU) was solved (Lin and Wilson, 2011), it showed that a saddle-shaped tetratricopeptide (TPR) domain was fused to the C-terminus of the thioredoxin domain (Figure 1); TPR domains typically mediate protein-protein interactions (Allan and Ratajczak, 2011). In EcCnoX, the TPR domain is composed of two similar subdomains with five α-helices each that define a groove rich in charged residues (Lin and Wilson, 2011).


[image: image]

FIGURE 1. Escherichia coli CNOX (EcCnoX) presents a thioredoxin domain fused to a tetratricopeptide (TPR) domain. The thioredoxin domain is represented in red, the first TPR subdomain in blue and the second TPR subdomain in green [PDB: 3QOU; (Lin and Wilson, 2011)]. Cys38 and Cys63 are shown in yellow: Cys38 is part of the typical catalytic motif of thioredoxins (SXXC motif in EcCnoX) whereas Cys63 is involved in the formation of mixed-disulfide complexes with substrate proteins, thereby protecting them from irreversible oxidation.




ESCHERICHIA COLI CNOX IS TURNED INTO A CHAPERONE BY HOCL

Initial investigations suggested that EcCnoX was a chaperone (Caldas et al., 2006), interacting with the essential foldase GroEL (Lin and Wilson, 2011), and with a potential role in heat shock response and/or DNA synthesis (Kthiri et al., 2008; Le et al., 2011). However, the exact function of this protein remained elusive. A few years ago, intrigued by the fact that the expression of EcCnoX was induced by HOCl (Gray et al., 2013), we hypothesized that EcCnoX was part of the defense mechanisms against this oxidant, which turned out to be true: we found that HOCl converts EcCnoX into an efficient chaperone able to protect thermolabile proteins from aggregation, both in vitro and in vivo (Goemans et al., 2018b), and that this activity is required for E. coli survival under HOCl stress (Goemans et al., 2018b). Chaperone activation results from the reversible N-chlorination of several basic residues in the TPR domain, which increases the affinity of this region for unfolded polypeptides (Goemans et al., 2018b).



ESCHERICHIA COLI CNOX IS MORE THAN A CHAPERONE: IT IS A CHAPEREDOXIN

Escherichia coli CnoX is however more than a chaperone: it also protects cysteine residues in substrate proteins from irreversible oxidation. Upon oxidative stress, cysteine residues are indeed oxidized to sulfenic acids (–SOH), which are highly unstable and can be further oxidized to sulfinic (–SO2H) and sulfonic acid (–SO3H), two irreversible modifications (Gupta and Carroll, 2014). Interestingly, we found that a surface-exposed cysteine residue (Cys63) located in the thioredoxin domain of EcCnoX, away from the SXXC motif, is involved in the formation of mixed-disulfide complexes with substrate proteins under HOCl stress (more than 130 proteins were identified), thereby protecting them from irreversible damage which could otherwise block reactivation (Goemans et al., 2018b). Thus, EcCnoX uniquely provides dual protection against HOCl to its substrates: it prevents protein aggregation through the holdase function of its TPR domain while protecting sensitive cysteines from irreversible oxidation through its thioredoxin domain. Because it combines a chaperone function and a redox protective function, EcCnoX was called a chaperedoxin (Goemans et al., 2018b). The reduction of the mixed-disulfides between EcCnoX and its substrates after stress depends on glutathione (Goemans et al., 2018b), an abundant tripeptide that functions as a redox buffer and is mostly present in its reduced form (GSH) under normal conditions (Chesney et al., 1996).



ESCHERICHIA COLI CNOX FUNCTIONS WITH THE GROEL/ES SYSTEM

As a holdase, CnoX protects its substrates from aggregation under stress; it is however unable to help them regain their native conformation after stress. To that purpose, like most holdases, CnoX transfers its substrates to ATP-dependent foldases (Goemans et al., 2018b). In E. coli, two major folding machineries, the DnaK/J/GrpE and GroEL/ES systems, maintain protein homeostasis in the cytoplasm (Kerner et al., 2005; Calloni et al., 2012). It is interesting to note that these systems are inactive during HOCl stress because of the oxidation of essential residues and the drop in intracellular ATP levels (Barrette et al., 1987; Khor et al., 2004; Winter et al., 2005). We found that, like Hsp33 and polyphosphate, EcCnoX cooperates with DnaK/J/GrpE (Hoffmann et al., 2004; Gray et al., 2014; Goemans et al., 2018b). However, in contrast to the chaperones above, EcCnoX is also able to transfer its substrates to the essential GroEL/ES chaperonin (Goemans et al., 2018b), which makes EcCnoX unique among holdases and raises a number of intriguing questions that we discuss below. Further highlighting the functional relationship between EcCnoX and GroEL/ES, GroEL/ES obligate substrates are over-represented in the proteins found in a mixed-disulfide complex with EcCnoX (Goemans et al., 2018b).



OUR WORKING MODEL

By joining the pieces of the EcCnoX puzzle, we came to the following model (Figure 2). Under HOCl stress, the intracellular ATP levels drop (Barrette et al., 1987) and glutathione is oxidized (GSSG) (Chesney et al., 1996). In parallel, chlorination of residues in the C-terminal TPR domain of EcCnoX increases surface hydrophobicity, allowing EcCnoX to interact with unfolded polypeptides in order to keep them in a folding competent conformation. At the same time, a cysteine (Cys63) located in the N-terminal thioredoxin domain of EcCnoX forms mixed-disulfide bonds with oxidation-prone cysteines in substrate proteins, thereby protecting them from over-oxidation. Thus, EcCnoX provides a solution to two threats proteins face. After stress, normal GSH/GSSG ratios are restored at the expense of NADPH (Chesney et al., 1996) and ATP levels are replenished (Gray et al., 2014), triggering the release of substrates from the mixed-disulfides and their transfer to foldases for ATP-dependent refolding. The inactivation of EcCnoX most likely involves the cytoplasmic reducing pathways.
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FIGURE 2. Escherichia coli CNOX, a hypochlorous acid (HOCl)-activated holdase with a redox protective function. Chlorination of residues in the C-terminal TPR domain of EcCnoX by HOCl turns EcCnoX into an efficient holdase. Cys68, located in the N-terminal thioredoxin domain, forms mixed-disulfide bonds with sensitive cysteines in substrate proteins, thereby protecting them from over-oxidation. After stress, normal GSH/GSSG ratios are restored, allowing the release of substrates from the mixed-disulfides and their transfer to foldases for ATP-dependent refolding. EcCnoX is then inactivated, likely by thiol-based reducing pathways such as the thioredoxin and/or glutaredoxin systems. The surface of the thioredoxin domain is shown in red with Cys63 in yellow. The TPR domain is in gray when inactivated and in blue when activated upon chlorination.




CNOX PROTEINS ARE CONSERVED IN MOST GRAM-NEGATIVE BACTERIA

CnoX is widely conserved in bacteria, being found in representatives of the proteobacteria, bacteroidetes, cyanobacteria, and many other phyla (Goemans et al., 2018a). Intriguingly, CnoX homologues are also present in species that are unlikely to encounter HOCl in their natural habitats, such as the non-pathogenic aquatic α-proteobacterium Caulobacter crescentus (CcCnoX). Investigating the properties and function of CcCnoX, we found that CcCnoX combines, like EcCnoX, holdase, and redox functions. Further, CcCnoX conserves the ability to transfer its substrates to GroEL/ES for refolding. However, despite these crucial similarities, the two proteins show marked differences. First, because the surface of the TPR domain of CcCnoX is more hydrophobic, the chaperone function is constitutive and does not need to be activated by HOCl, which allows CcCnoX to protect substrate proteins from aggregation during thermal stress (Goemans et al., 2018a). Second, CcCnoX harbors a classical CXXC catalytic motif in its N-terminal thioredoxin domain (Goemans et al., 2018a). As a result, CcCnoX functions as an oxidoreductase and contributes to maintaining intracellular redox homeostasis in C. crescentus instead of protecting substrates from overoxidation under specific stress conditions. Thus, these data suggest that the structural and redox properties of CnoX proteins have been tailored during evolution to meet the needs of their host species.



CONCLUSION AND REMAINING QUESTIONS

Two major conclusions can be drawn from the work summarized above. First, despite differences in how they exert their functions, EcCnoX and CcCnoX have in common to combine a chaperone and a redox function, which suggests that this property is conserved among the family of CnoX proteins. While further work will investigate the structural and functional properties of CnoX proteins expressed by more distant bacteria, it will also be interesting to address the questions that remain open regarding EcCnoX and CcCnoX. For instance, it remains unclear whether chlorination induces conformational changes in the TPR domain of EcCnoX and how de-chlorination occurs in vivo after stress. Future research will also determine whether the function of EcCnoX is limited to the defense mechanisms against HOCl or if this protein is involved in other cellular processes. The ability of CnoX to cooperate with the GroEL/ES nanomachine, which was apparently conserved during evolution, is the second major property of CnoX proteins that deserves to be further explored. Here, it will be important to identify the structural features of CnoX chaperedoxins that allow them to transfer substrate proteins to GroEL/ES and to determine whether these features are found in other bacterial holdases. Whether the reported interaction between CnoX and GroEL (Lin and Wilson, 2011) is functionally relevant will also be determined. Finding out how CnoX recognizes its substrates and what is the role, if any, played by the TPR domain in controlling substrate selectivity are other outstanding questions.
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Bacteria as unicellular organisms are most directly exposed to changes in environmental growth conditions like temperature increase. Severe heat stress causes massive protein misfolding and aggregation resulting in loss of essential proteins. To ensure survival and rapid growth resume during recovery periods bacteria are equipped with cellular disaggregases, which solubilize and reactivate aggregated proteins. These disaggregases are members of the Hsp100/AAA+ protein family, utilizing the energy derived from ATP hydrolysis to extract misfolded proteins from aggregates via a threading activity. Here, we describe the two best characterized bacterial Hsp100/AAA+ disaggregases, ClpB and ClpG, and compare their mechanisms and regulatory modes. The widespread ClpB disaggregase requires cooperation with an Hsp70 partner chaperone, which targets ClpB to protein aggregates. Furthermore, Hsp70 activates ClpB by shifting positions of regulatory ClpB M-domains from a repressed to a derepressed state. ClpB activity remains tightly controlled during the disaggregation process and high ClpB activity states are likely restricted to initial substrate engagement. The recently identified ClpG (ClpK) disaggregase functions autonomously and its activity is primarily controlled by substrate interaction. ClpG provides enhanced heat resistance to selected bacteria including pathogens by acting as a more powerful disaggregase. This disaggregase expansion reflects an adaption of bacteria to extreme temperatures experienced during thermal based sterilization procedures applied in food industry and medicine. Genes encoding for ClpG are transmissible by horizontal transfer, allowing for rapid spreading of extreme bacterial heat resistance and posing a threat to modern food production.
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SEVERE HEAT STRESS: THE LOSS OF ESSENTIAL PROTEINS BY AGGREGATION CALLS FOR REACTIVATING DISAGGREGASES

Protein quality control (PQC) systems are composed of molecular chaperones and ATP-dependent proteases and maintain protein homeostasis by preventing the accumulation of misfolded proteins through refolding and degrading activities. Environmental stress conditions like heat shock that cause enhanced misfolding of newly synthesized or preexisting proteins trigger stress responses, which lead to an increase in the levels of PQC components, thereby enabling cells to deal with the increased load for the proteostasis network. However, severe stress conditions lead to a massive accumulation of misfolded proteins overwhelming the protective capacity of chaperones and proteases. Intermolecular, hydrophobic interactions of stress-induced misfolded protein species ultimately lead to the formation of protein aggregates (Figure 1). Protein aggregates are deposited at the cell poles of bacteria involving a passive process that is mainly driven by nucleoid occlusion (Winkler et al., 2010). While protein aggregates have been associated with bacterial cell death, there is currently no evidence that stress-generated protein aggregates exert a toxic activity. Along this line, bacteria can harbor large inclusion bodies formed by overproduced proteins that fail to fold properly, without showing detrimental effects on growth. So why is protein aggregation becoming a critical factor for bacterial survival during severe heat stress? The analysis of heat-induced protein aggregates revealed the presence of various proteins playing essential roles in diverse housekeeping processes including cell division (e.g., FtsZ), transcription (e.g., RNA polymerase) and translation (e.g., EF-G) (Mogk et al., 1999; Pu et al., 2019). The degree of protein aggregation is strongly increasing with stress severity. It is thus the loss of essential proteins caused by aggregation that limits cellular viability at high temperatures. Similarly, protein aggregates that form in bacterial persister cells are associated with their dormant state (Pu et al., 2019).
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FIGURE 1. Rescue of aggregated proteins by the bacterial ClpB/Hsp70 and ClpG disaggregation systems. Stress conditions cause misfolding and aggregation of nascent polypeptides and native proteins. Protein aggregates include essential proteins and are deposited at the cell poles of bacteria. Aggregated proteins are solubilized and predominantly reactivated by the Hsp70-dependent ClpB disaggregase or ClpG, which functions autonomously. ClpB binds via its M-domains (M) to aggregate-bound Hsp70 while ClpG is directly binding to protein aggregates via a specific N-terminal domain (N).


The loss of essential proteins during severe stress conditions creates a need for cellular disaggregases, which revert the aggregation process and rescue the lost proteins. Disaggregases thereby provide thermotolerance or heat resistance to cells. Members of the ATP-dependent Hsp100/AAA+ protein family play the central role in this disaggregation process. Hsp100 proteins come in two flavors. Most family members (e.g., ClpA, ClpC, ClpX) associate with peptidases (e.g., ClpP) to form bacterial proteasomes acting in regulatory and general proteolysis (Olivares et al., 2018). Some Hsp100 chaperones do not interact with peptidases and primarily direct substrates toward refolding pathways. The two best characterized bacterial disaggregases, ClpB and ClpG, belong to the latter category underlining the point that bacterial survival during extreme stress conditions demands for the reactivation of aggregated proteins (Figure 1). Accordingly, in yeast cells, aggregated proteins are not directed toward degradation pathways upon solubilization by Hsp104, the yeast homolog of ClpB, but are quantitatively refolded (Wallace et al., 2015). Furthermore, an engineered ClpB variant, which interacts with ClpP and targets aggregated proteins to degradation, does not provide heat resistance (Weibezahn et al., 2004).

In this review, we describe the physiology and molecular mechanisms of the bacterial ClpB and ClpG disaggregases. We refer to common principles of the disaggregases and point to specific differences in their modes of action and regulation. Finally, we describe the interplay of both disaggregases when coexisting in bacterial cells and how man-made stress conditions generate an essential need for the novel ClpG disaggregase.



BASIC STRUCTURAL AND MECHANISTIC FEATURES OF Hsp100/AAA+ DISAGGREGASES

The bacterial disaggregases ClpB and ClpG are members of the Hsp100/AAA+ protein family. Hsp100/AAA+ proteins harbor a conserved AAA domain that includes conserved Walker A and B motifs for ATP binding and hydrolysis. The AAA domain(s) also mediates oligomerization, usually into a homohexameric ring that includes a central channel. Functional specificity of Hsp100 proteins is gained by the presence of extra domains, which are either fused to or inserted into the AAA domain. These additional domains are not part of the Hsp100 ring structure but they are exposed and function as binding platforms for cooperating proteins (adaptors) and for substrates. ClpB and ClpG disaggregases harbor two AAA domains (AAA1, AAA), which form separate ATPase rings. The functionality of both rings is crucial for efficient protein disaggregation (Schlee et al., 2001; Watanabe et al., 2002; Mogk et al., 2003; Katikaridis et al., 2021).

Hsp100 proteins act in protein unfolding, protein disaggregation and protein complex disassembly processes, in which they generate a mechanical force fueled by ATP hydrolysis. A threading activity is key for the molecular functions of Hsp100 proteins. Threading involves the application of a pulling force and is applied by conserved aromatic residues, which are crucial for Hsp100 activities (Lum et al., 2004; Schlieker et al., 2004; Weibezahn et al., 2004) (Figure 2A). The aromatic side chains are part of mobile loops that are positioned at the central translocation channel. These pore loops directly bind protein substrates and change positions during the Hsp100 ATPase cycle thereby threading the bound substrate through the translocation channel (Puchades et al., 2020). Threading can be initiated at N- or C-terminal ends of substrate proteins, but also at internal segments, leading to threading of either linear or looped polypeptides, respectively (Hoskins et al., 2002). It is rather unlikely that N- or C-termini of aggregated proteins are accessible for recognition by bacterial disaggregases, which will therefore preferentially act on internal sequence stretches. Indeed, ClpB can thread loop structures and efficiently solubilizes protein aggregates that only offer internal segments for processing (Haslberger et al., 2008). The threading of substrate loops involves the translocation of two polypeptide arms and ClpB can switch between two-arms and single-arm translocation during the disaggregation reaction (Avellaneda et al., 2020).
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FIGURE 2. Coupling of ATPase and threading activities of Hsp100/AAA+ proteins. (A) Pore-located aromatic residues positioned at the central channel of Hsp100 hexamers bind protein substrates and pull linear or looped segments into the translocation channel upon ATP hydrolysis. (B) Cut views of the cryo-EM maps of three states of substrate (casein)-bound ClpB-K476C, which is an activated M-domain mutant. Conformational changes of protomers AAA1e and AAA2f are shown (state 2). Substrate engagement in the AAA1 ring is linked to substrate dissociation in the AAA2 ring. Subunit AAAf shows a large conformational rearrangement upon its activation in state 3. (C) Pore loop interactions of the ClpB-K476C AAA2 ring with the substrate casein in the three structural states. Panels (B,C) modified from Deville et al. (2019). (D) Schematic representation of the three functional states of the AAA2 ring of activated ClpB-K476C. Nucleotide states (ATP, ADP, empty), engaged arginine fingers and the positions of pore loops of the individual subunits are indicated. Active AAA2 subunits are shown in green, inactive ones in orange. ATP hydrolysis proceeds in a counterclockwise manner. Activation of the seam subunit f is linked to ATP hydrolysis in subunit b, leading to its inactivation.


The pulling forces that are applied by Hsp100/AAA+ proteins can be very high and allow for the unfolding of tightly folded protein domains (Weber-Ban et al., 1999). An activated ClpB mutant exerts forces of more than 50 pN at speeds of more than 500 residues per second (Avellaneda et al., 2020). This qualifies ClpB as one of the strongest unfolding machines characterized to date and also indicates the need to tightly control ClpB unfolding power and substrate specificity to avoid uncontrolled and detrimental unfolding events.

Major breakthroughs in understanding the mechanism of substrate threading by Hsp100/AAA+ proteins and its coupling to the ATPase cycle have been recently achieved by determining their hexameric structures by cryo electron microscopy (cryo EM). Here, we focus on the structures of the ClpB disaggregase and its yeast homolog Hsp104, which both share common features with other AAA+ proteins, pointing to a conserved mechanism of ATP hydrolysis and substrate threading (Deville et al., 2017, 2019; Gates et al., 2017; Yu et al., 2018; Rizo et al., 2019). ClpB/Hsp104 form asymmetric hexameric assemblies, which resemble shallow spirals. The asymmetric arrangement of the subunits is well illustrated by the positions of the substrate contacting pore loops: they are not arranged at one level of the translocation channel but form a spiral staircase that almost entirely spans the ATPase rings (Figures 2B,C). One of the subunits, termed the seam subunit, is most displaced from the central ring axis (Figure 2B). It is typically less well resolved in the cryo EM reconstructions indicating increased mobility.

ClpB/Hsp104 subunits exist in different activity states despite having identical sequences. An active subunit is capable of hydrolyzing ATP. It has ATP bound at the active center and the ATP is additionally contacted by an allosteric arginine residue (arginine finger) from the clockwise subunit. An inactive subunit does not receive an arginine finger and has either no nucleotide or ADP bound. In most ClpB/Hsp104 structures three to five AAA subunits are active, while one to three represent inactive states. Positions of pore loops are determined by the activity states of the respective AAA domains. The pore loop of an inactive subunit is positioned at the bottom of the spiral staircase and moves to the top position upon activation (Figures 2B–D). The order of active and inactive subunits in the hexameric assemblies suggests that ATP hydrolysis propels around the AAA ring in a counterclockwise manner (Figure 2D). The determination of multiple ClpB/Hsp104 structures and their grouping into a specific order imply a sequential firing mode. ATP hydrolysis in active subunits and the reactivation of previously inactive subunits are coupled to large movements of AAA subunits during the ATPase cycle, which in turn alter the position of pore loops. Thus, the ATPase cycle propels the cycling of pore-located from the top position of the spiral staircase to the bottom and back to the top (Figures 2B–D). The ClpB reaction cycle demands for large scale transitions of individual subunits, which is consistent with high-speed atomic force microscopy, revealing the existence of diverse dynamic states of ClpB hexamers (Uchihashi et al., 2018; Inoue et al., 2021).

The disaggregases ClpB and ClpG harbor two ATPase rings raising the question about their specific contributions to substrate threading and their coordination during the threading cycle. While both ATPase rings are crucial for protein disaggregation, biochemical and structural data point to functional differences and qualify the AAA2 ring as main threading motor (Deville et al., 2019). Accordingly, the pore loop2 of the AAA2 subunit is essential for substrate threading, while pore loop1 mutants still retain substantial disaggregation activities (Deville et al., 2019; Katikaridis et al., 2021). A recent study on the Hsp100 member ClpA indicates that the AAA1 ring enhances substrate grip, thereby preventing backsliding (Kotamarthi et al., 2020). Notably, the two ATPase rings of ClpB do not seem to work synchronously but their ATPase and threading cycles are shifted by one phase. This means that substrate engagement by a pore loop of an AAA1 subunit is linked to substrate dissociation in a neighboring AAA2 subunit (Figure 2B) (Deville et al., 2019).

A sequential mode of ATP hydrolysis is predicted to propel substrate translocation in small, discrete steps of two residues per hydrolyzed ATP. Similar models have been proposed for other Hsp100/AAA+ proteins (Gates and Martin, 2020; Puchades et al., 2020), suggesting a conserved working principle. Still, one needs to consider that cryo EM structures represent snapshots and are typically derived from states that cannot or only slowly hydrolyze ATP. The grouping of multiple Hsp100 structures into a certain order is on the one hand meaningful and important, however, it also poses a challenge as alternative ways of structure conversions cannot be ruled out. Accordingly, Hsp104 mutant hexamers captured in the ATP state can adopt diverse ring conformations, which had been associated with distinct nucleotide states before (Lee et al., 2019). The cryo EM structures and the derived models for ATP hydrolysis and substrate threading are therefore in need of biochemical analysis. Of note, the available biochemical data are diverse and in parts support a sequential ATP hydrolysis and threading mechanism, yet they also raise issues that still need to be addressed.

A sequential model is supported by poisoning experiments, which rely on the mixing of ATPase deficient and wild type subunits leading to the formation of mixed hexamers. Determining ATPase and threading activities of mixed oligomers formed upon combining mutant and wild type subunits at different ratios various revealed that the incorporation of a single ATPase deficient subunit is sufficient to abrogate ClpB disaggregation activity (Kummer et al., 2016; Deville et al., 2019). This indicates that a highly coordinated mode of ATP hydrolysis is required for function. On the other hand, step sizes of ClpB substrate threading determined by single molecule experiments do not reconcile with a threading mode based on continuous small steps. An activated ClpB threads up to 28 substrate residues in single bursts before shortly pausing substrate translocation (Avellaneda et al., 2020). This observation could be explained by consecutive, yet very rapid firing of all subunits. Resetting the ClpB ring might than demand for exchange of ADP for ATP in all subunits to initiate a new ATPase and threading cycle (Avellaneda et al., 2020). Consistent with such possibility, ADP release has been described as rate-limiting step in the ATPase cycle of Hsp104 (Ye et al., 2020). Further biochemical studies that also analyze the ClpB ring dynamics in absence and presence of substrate and in its diverse activity states (see below) will be necessary to dissect how the ClpB ATPase and threading cycles are orchestrated.



ClpB: A WIDESPREAD AND PARTNER CONTROLLED DISAGGREGASE

ClpB represents the most widespread bacterial disaggregase that exists in most Gram-negative and Gram-positive bacteria. Eukaryotic ClpB homologs are found in the cytosol/nucleus as well as mitochondria and chloroplasts of plants and unicellular eukaryotes, including S. cerevisiae. clpB deletion mutants are typically linked to a loss of thermotolerance, qualifying ClpB as the dominating bacterial disaggregase (Squires et al., 1991; Chastanet et al., 2004; Frees et al., 2004; Tripathi et al., 2020). Notably, ClpB on its own does not exert disaggregation activity but crucially relies on cooperation with an Hsp70 partner chaperone, which functions as targeting factor and allosteric activator of ClpB (Figure 3).
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FIGURE 3. Mechanism of ClpB activity control by Hsp70 and substrate interactions. ClpB in its ground state exhibits low ATPase activity. M-domains are existing in horizontal and tilted positions, which are predicted to interchange rapidly. The pore entrance of the translocation channel is blocked by an N-terminal domain (NTD). Recruitment of ClpB to protein aggregates by Hsp70 (DnaK) and its co-chaperone Hsp40 (DnaJ) stabilizes M-domains in tilted conformations, causing ClpB activation. Substrate engagement leads to high ATP hydrolysis rates. NTDs contribute to substrate binding and eventually facilitate substrate entry into the channel. Upon dissociation of Hsp40/Hsp70 ClpB M-domains rearrange into horizontal positions lowering ClpB ATPase and threading activity (intermediate state). Protein substrates refold after completion of translocation and ClpB converts back to the ground state. Cryo-EM structures of E. coli ClpB wild type (±substrate) and a model of the Hsp70 (DnaK) ATPase domain bound to a ClpB M-domain are shown.


ATP-dependent Hsp70 (bacterial DnaK) represents a highly abundant and major chaperone of bacteria with crucial functions in de novo protein folding, the refolding of misfolded proteins and protein targeting (Rosenzweig et al., 2019). Hsp70 itself acts in concert with co-chaperones, including J-domain proteins (bacterial DnaJ, CbpA) and nucleotide exchange factors (bacterial GrpE) (Mayer and Kityk, 2015). DnaJ targets DnaK to diverse substrates and couples substrate delivery with stimulation of DnaK ATPase activity, allowing for tight binding of substrate proteins. GrpE binding causes dissociation of nucleotide (ADP) from DnaK. This resets the DnaK ATPase cycle and allows for substrate dissociation upon ATP rebinding. In the context of protein disaggregation, DnaJ targets DnaK to the surface of protein aggregates (Carrio and Villaverde, 2005; Acebron et al., 2009; Winkler et al., 2012). The coating of the aggregate surface by DnaK provides specificity for reactivating ClpB and prevents binding of Hsp100/AAA+ proteins (e.g., ClpA/ClpC) that cooperate with peptidases (e.g., ClpP) (Haslberger et al., 2008). DnaK thereby impacts triage decision and ensures that aggregated proteins will be primarily targeted to refolding pathways. A single DnaK partner is not sufficient for ClpB recruitment, but at least two DnaK proteins are required (Seyffer et al., 2012). This high density of substrate-bound DnaK likely provides specificity for exclusive targeting of ClpB to protein aggregates, while avoiding disaggregase recruitment to, e.g., nascent polypeptide chains (Figure 3).

A limited, Hsp70-independent disaggregation activity of ClpB/Hsp104 has been reported in presence of ATP/ATPγS mixtures (Doyle et al., 2007a,b; Hoskins et al., 2009). The gained disaggregation activity is, however, limited and also dependent on the aggregated model protein. Furthermore, this mixed nucleotide state is non-physiological and cannot enable ClpB to work autonomously in vivo. Accordingly, E. coli dnaK mutant cells are deficient in protein disaggregation, underlining the crucial function of Hsp70 (DnaK) as targeting factor (Mogk et al., 1999). Similarly, activated ClpB/Hsp104 M-domain mutants, which do no longer require Hsp70 for stimulation of ATP hydrolysis, exhibit only negligible disaggregation activity and remain dependent on cooperating Hsp70 (Jackrel et al., 2014; Kummer et al., 2016).

The targeting function of Hsp70 relies on direct physical contacts with ClpB and involves the binding of the Hsp70 ATPase domain to the central regulatory M-domain of the disaggregase (Seyffer et al., 2012; Lee et al., 2013; Rosenzweig et al., 2013). Notably, the substrate binding domain of Hsp70 is also required for partnering with ClpB, suggesting that this domain also contacts the disaggregase (Fernandez-Higuero et al., 2018). Its role as interaction platform for Hsp70 explains the essential function of the M-domain for protein disaggregation (Kedzierska et al., 2003; Mogk et al., 2003). M-domains also fulfill a crucial regulatory function and tightly control ClpB ATPase and threading activities (Haslberger et al., 2007; Oguchi et al., 2012), thereby enabling the timely activation of the disaggregase upon recruitment to the aggregate surface.

The M-domain forms a coiled-coil structure composed of two wings, termed motif1 and motif2 (Lee et al., 2003). Initial structure determinations of ClpB hexamers, based on negative staining and applying symmetry constraints, revealed that M-domains exist in horizontal and tilted structural states, which are linked to low and high activity states, respectively (Carroni et al., 2014). Neighboring, horizontal M-domains interact in a head-to-tail manner via their motifs 1 and 2. These interactions stabilize M-domains in a horizontal state, leading to the formation of a repressing belt, which engulfs the AAA1 ring. This restricts the conformational dynamics of the ATPase ring, which is necessary for high ATPase and threading activities (Heuck et al., 2016). Recent findings indicate that the M-domain of Hsp104 confines ADP release, which might represent a rate-limiting step in the ClpB/Hsp104 ATPase cycle (Ye et al., 2020). M-domain interactions are broken in tilted M-domains, relieving the ATPase ring and strongly increasing ATP hydrolysis rates. The initial structural picture of M-domain organizations was recently refined by asymmetric reconstruction of ClpB/Hsp104 hexamers based on cryo EM. Here, M-domains are visible to varying degrees, indicating the co-existence of horizontal and tilted M-domains in a single ClpB/Hsp104 hexamer (Figure 3) (Deville et al., 2017, 2019; Gates et al., 2017). Horizontal M-domains are located next to each other, due to their reciprocal stabilizing interactions. The determined cryo EM structures represent one snapshot of the asymmetric ClpB hexamers and M-domain states should not be taken static. Indeed, it was recently demonstrated that M-domains switch their conformations on a microsecond time scale (Mazal et al., 2019). This rapid exchange ensures that ClpB permanently exists in an Hsp70-activatable state, while overall remaining repressed in absence of the Hsp70 partner.

Hsp70 binds to motif2 of the M-domain (Seyffer et al., 2012; Rosenzweig et al., 2013), which is only accessible in the tilted conformation but inaccessible in the horizontal state due to its interaction with a neighboring M-domain. The binding of Hsp70 stabilizes the M-domain in a tilted state thereby ultimately leading to ClpB activation (Figure 3). M-domains of activated ClpB/Hsp104 mutants predominantly exist in the tilted state and enhance ATPase activity by facilitating ADP release (Carroni et al., 2014; Mazal et al., 2019; Ye et al., 2020). Similarly, Hsp70 binding to M-domains reduces the inhibitory effects of ADP on ClpB disaggregation activity (Klosowska et al., 2016). Next to Hsp70, substrate binding plays a second important role in triggering ClpB activation and highest ClpB ATP hydrolysis rates are only achieved in the presence of both, the Hsp70 partner and substrate (Kummer et al., 2016; Fernandez-Higuero et al., 2018; Deville et al., 2019). This suggests that full ClpB activation is achieved upon substrate transfer from Hsp70 to ClpB. Whether a direct transfer takes place or whether ClpB binds to a different segment of the aggregated protein located in close vicinity is unknown. In vitro, ClpB is capable of actively displacing a substrate from Hsp70 by applying a pulling force (Rosenzweig et al., 2013).

The activated state of ClpB likely exists only transiently and the disaggregase turns into a partially activated state during the disaggregation reaction (Figure 3). This model is supported by biochemical findings showing that ClpB has a reduced unfolding power as compared to other Hsp100 family members (Haslberger et al., 2008). Thus, ClpB cannot unfold stably folded domains of proteins trapped in a protein aggregate. A transient activation of ClpB is also supported by the cryo EM structure of substrate (casein) bound ClpB, which shows the formation of a complete M-domain ring surrounding the ClpB hexamer (Deville et al., 2017). From these data, a model can be derived, which predicts that the fully activated state of ClpB is short-lived and limited to the initial stage of substrate engagement. Hsp70 will dissociate from ClpB upon substrate transfer and the reorganization of M-domains will convert ClpB from a high to an intermediate activity state. Upon completion of substrate threading ClpB will switch back to its ground state, which exhibits low activity yet is available for Hsp70 binding and activation (Figure 3). The essential need to tightly control ClpB activity is apparent from activated M-domain mutants, which exhibit high ATPase and unfolding activities in the absence of Hsp70. While these mutants still rely on Hsp70 for protein aggregate binding, their persistent activation causes severe cellular toxicity, likely by acting on essential proteins and causing their inactivation through unfolding events (Oguchi et al., 2012; Lipinska et al., 2013).

While the role of the M-domains in controlling ClpB activity and function in protein disaggregation is well characterized, the function of the N-terminal domain (NTD) remained poorly understood for a long time. The NTD is not essential for protein disaggregation and its deletion can reduce but also enhance ClpB disaggregation activity in a substrate specific manner (Beinker et al., 2002; Mogk et al., 2003; Barnett et al., 2005). The ClpB NTD harbors a hydrophobic groove that binds substrates and its differing contributions to protein aggregate binding might explain the diverse consequences of NTD deletion on disaggregation function. Recent reports illustrate a role of the NTD in regulating ClpB activity. A cryo EM model of ATP-bound E. coli ClpB shows a single NTD that is located on top of the central translocation channel, sealing the pore entrance (Figure 3) (Deville et al., 2017; Tripathi et al., 2018). The substrate binding groove of the NTD remains accessible in this state providing a pathway for substrate-induced ClpB activation. Such model predicts that initial substrate binding to the plugging NTD triggers a conformational rearrangement that makes the central channel accessible for substrate interaction and threading. NTD mutants, which are deficient in substrate binding due to mutations in the hydrophobic groove, exhibit a much stronger defect in protein disaggregation as compared to a complete NTD deletion mutant (Rosenzweig et al., 2015). Preventing substrate binding to the NTD thus causes a dominant inhibition of ClpB. In agreement with a substrate-induced movement of the plugging NTD, cryo EM structures of substrate casein bound ClpB revealed that the translocation channel is accessible and extended at the entry site by three NTDs, which contact casein and eventually help to correctly position the substrate for channel insertion (Deville et al., 2017; Rizo et al., 2019).



ClpG: A NOVEL, STANDALONE DISAGGREGASE PROVIDES SUPERIOR HEAT RESISTANCE

Heat shock conditions in nature will predominantly involve temperature gradients with an upper temperature limit of 50–55°C. The activity of the canonical ClpB disaggregase evolved to ensure bacterial survival under these stress regimes. Furthermore, temperature gradients enable for cellular adaptation through the induction of stress responses, which lead to an increase in ClpB and Hsp70 levels, thereby increasing disaggregation capacity. Increased expression upon heat shock is also observed for other Hsp100 proteins including ClpC, ClpE, and ClpL, implying crucial functions in cellular PQC (Gerth et al., 2004; Li et al., 2011). However, not all family members are increasingly produced at elevated temperatures, such as ClpX (Gerth et al., 2004) or ClpG (Lee et al., 2018).

Bacteria face new forms of heat stress in the modern industrial world. These include thermal sterilization protocols applied in modern food production and hospitals to strongly reduce the numbers of contaminating, potentially harmful microorganisms. For instance, during Holder pasteurization milk is heated to 62.5°C for 30 min. Thermization is frequently used during cheese production and involves heating to 65°C for at least 15 s (Peng et al., 2013). These man-made stress applications will kill most bacteria. They do not allow for bacterial adaptation as the temperature upshift happens abruptly and its severity will trigger aggregation of crucial components of the transcription and translation machineries, making a cellular response impossible. However, bacteria seem to increasingly gain the ability to withstand the thermal sterilization protocols. Extremely heat-tolerant E. coli strains have been isolated from food factories (2% of all strains) (Dlusskaya et al., 2011; Li and Ganzle, 2016; Mercer et al., 2017). Similarly, Klebsiella pneumoniae pathogens exhibiting enhanced heat resistance were able to persist in the hospital environment (Bojer et al., 2010).

Extreme bacterial heat resistance is associated with a new member of the Hsp100/AAA+ protein family: ClpG (also termed ClpK) (Bojer et al., 2010, 2013; Lee et al., 2018). ClpG is present in selected Gram-negative bacteria including major pathogens like Pseudomonas aeruginosa, Salmonella enterica, Enterobacter sp. among others. The clpG gene is located on a gene cluster termed LHR (locus of heat resistance) or TLPQC (transmissible locus for PQC) (Lee et al., 2015; Mercer et al., 2015; Boll et al., 2017). The gene cluster comprises additional PQC components including chaperones (e.g., small heat shock proteins), proteases (e.g., FtsH) and factors involved in oxidative stress response (e.g., Thioredoxin). Importantly, the cluster is present on mobile genomic islands or on conjugative plasmids and can be horizontally transferred to other bacteria. This defines ClpG as novel virulence and persistence factor as it enhances bacterial fitness and enables pathogens to withstand sterilization procedures as described above. Deleting the clpG gene from the LHR/TLPQC causes the loss of extreme heat resistance, defining it as crucial core component (Bojer et al., 2011). However, sole expression of clpG in heat sensitive bacteria does not confer extreme heat resistance, indicating that additional LHR/TLPQC factors are involved in this process (Mercer et al., 2017). Growth conditions that mimic industrial food production increase the fraction of bacterial strains harboring ClpG. This underlines that man-made stress conditions exert a selective pressure favoring growth of clpG harboring bacteria and enhancing clpG spreading in bacterial populations (Mercer et al., 2015; Marti et al., 2016; Boll et al., 2017). Indeed, ClpG has been meanwhile identified in commensal and various clinical E. coli strains (Ma et al., 2020; Kamal et al., 2021).

The molecular basis of ClpG-mediated heat resistance was unraveled by showing that it acts as disaggregase. In contrast to ClpB, ClpG functions as standalone disaggregase and does not require assistance by partner proteins (Lee et al., 2018). In vitro ClpG disaggregation activity is similar or higher as compared to the canonical ClpB/Hsp70 disaggregation system.

The mechanistic differences between the ClpB and ClpG disaggregases are reflected in their domain organizations. ClpG harbors an additional, unique N-terminal domain (N1) that mediates the direct binding to protein aggregates (Figure 4A) thereby bypassing the requirement for a targeting factor (Lee et al., 2018; Katikaridis et al., 2021). Transplanting the ClpG N1-domain onto ClpB enables for autonomous aggregate binding and high disaggregation activity upon additional abolition of M-domain repression (Katikaridis et al., 2021). The Hsp70-independent activity of ClpG also demands for a different regulatory mode controlling its ATPase and threading activities. ClpG harbors an M-domain of reduced size that will not allow to form a repressing belt around the ATPase ring as observed for ClpB. This explains why ClpG activity control does not involve a partner protein. The two N-terminal domains N1 and N2 were recently shown to repress ClpG ATPase activity as their deletions lead to high ATP hydrolysis rates that were comparable to fully activated ClpB (Katikaridis et al., 2021). The functions of Hsp100 NTDs in substrate binding provides a potential path for ClpG regulation via substrate binding to N1 and N2 domains. Indeed, a peptide substrate that interacts with the N1 domain causes full activation of ClpG ATPase activity (Katikaridis et al., 2021). In this most simple scenario of ClpG activity control, high ATPase and threading activities will be also restricted to the surface of protein aggregates as shown before for ClpB. How the N1 domain provides selectivity for protein aggregates is currently unclear. Similarly, the allosteric pathways triggering ClpG ATPase activity upon aggregate binding remain to be determined.


[image: image]

FIGURE 4. Contributions of ClpB/Hsp70 and ClpG disaggregases during physiological and extreme heat shock. (A) Domain organizations of ClpB and ClpG. Both disaggregases harbor two AAA domains (AAA1, AAA2), an M-domain and a homologous N-terminal domain (ClpB N, ClpG N2). ClpG harbors a specific N1 domain and a C-terminal extension (CTE). The ClpG N1 domain mediates binding to protein aggregates, while ClpB is recruited via its M-domain to Hsp70 coating the aggregate surface. (B) Contributions of ClpB and ClpG to protein disaggregation during diverse heat stress regimes. The degree of protein unfolding depends on the absolute heat shock temperature. Extreme temperatures (>55°C) cause more complete protein unfolding leading to the formation of tight protein aggregates that are more difficult to be solubilized. ClpG is a more powerful disaggregase and exhibits robust disaggregation activity toward tight aggregates in contrast to ClpB/Hsp70. ClpB and Hsp70 (DnaK) unfold during extreme heat shock leaving ClpG as only functional disaggregase in cells.




INTERPLAY BETWEEN ClpB AND ClpG DISAGGREGATION MACHINERIES

The ClpG disaggregase is currently present in selected Gram-negative bacteria and always coexists with the canonical ClpB/Hsp70 disaggregation system. This raises the question whether the two disaggregases cooperate. There is so far no evidence that the two systems work synergistically but they rather act independently. In vitro Hsp70 can inhibit ClpG disaggregation activity as they both compete for binding to protein aggregates (Lee et al., 2018). The two disaggregation systems therefore function as parallel activities in the solubilization of aggregated proteins. Accordingly, deleting both disaggregation systems in P. aeruginosa led to most severe loss of heat resistance as compared to single knockouts (Lee et al., 2018). Similarly, expression of clpG can restore heat resistance and protein disaggregation in E. coli MC4100 dnaK and clpB mutants (Lee et al., 2018; Kamal et al., 2021).

Since both disaggregation systems compete for binding to protein aggregates their contributions to cellular disaggregation activity will depend on their total levels. In P. aeruginosa ClpG levels are dependent on the growth phase. They are low during logarithmic growth and strongly increase during stationary phase. Accordingly the contribution of ClpG to heat resistance is high in the latter growth phase, while ClpB/Hsp70 activity is dominating during the logarithmic phase. Notably, clpG expression is not enhanced upon heat shock in contrast to clpB (Lee et al., 2018; Ma et al., 2020). The high expression of clpG during stationary phase might reflect a cellular strategy to prepare for future stress conditions circumventing the inability of cells to trigger stress responses during extreme heat shock. The increased production of ClpG during this growth phase might also help bacteria to cope with protein aggregation that is induced upon prolonged stationary phase (Pu et al., 2019). ClpG-mediated protein disaggregation might thereby aid faster re-growth once nutrients are again available.

As pointed out above ClpB and ClpG disaggregases can functionally replace each other, however, this only holds true in a certain temperature range. More severe heat stress conditions increase the dependence of bacterial survival on ClpG activity, consistent with the genetic link between extreme heat resistance and clpG presence. Why does ClpG but not ClpB provide superior heat resistance to bacteria? In vitro the disaggregation efficiency of ClpB/Hsp70 declines when the denaturation temperatures of thermolabile model substrates are increased (Katikaridis et al., 2019). These high temperatures likely enhance the degree of protein unfolding and thereby increase the number of interactions between unfolded proteins upon aggregation (Figure 4B). In consequence a higher threading force applied by an Hsp100 disaggregase will be required to break these interactions and extract the misfolded proteins from the aggregate. As described before, the threading power of the ClpB/DnaK system is limited, rationalizing why its disaggregation activity is low toward tight protein aggregates. In contrast, ClpG disaggregation activity is hardly affected by the heat stress regime applied to unfold and aggregate model substrates and stays robust over a wide temperature range in vitro and in vivo (Katikaridis et al., 2019). This is explained by a high unfolding activity of ClpG, enabling the disaggregase to unfold the tightly folded YFP moiety of an aggregated Luciferase-YFP fusion protein. Notably, clpG expression even at high levels is not linked to cellular toxicity despite its high unfolding power (Katikaridis et al., 2021). This is different from activated ClpB M-domain mutants, suggesting a more stringent substrate selection by ClpG, which likely only targets protein aggregates while avoiding interaction with other proteins like, e.g., nascent polypeptide chains.

Another, fundamental difference between the two disaggregation systems was recently revealed when determining their thermal stabilities. E. coli ClpB and DnaK have melting temperatures (TM-values) of approx. 60°C (Palleros et al., 1992; Kamal et al., 2021). Short temperature pulses (65°C) as applied during thermization will therefore lead to unfolding of ClpB and DnaK, entirely eradicating the ability of cells to revert protein aggregation if they only encode for the canonical disaggregation system (Figure 4B). In contrast, P. aeruginosa and E. coli ClpG are more stable (TM: 70°C), enabling the disaggregase to withstand extreme heat stress regimes. Thus under thermization conditions ClpG will remain the only functional disaggregation machinery, providing another rationale why only ClpG confers extreme heat resistance (Figure 4B). Notably, the determined TM value of ClpG correlates with the upper limit of temperature resistance (70°C) provided by the LHR cluster (Ma et al., 2020).



PROTEIN DISAGGREGASES AS DRUG TARGET

Bacterial protein disaggregases are not essential for viability, neither during normal growth conditions nor during mild, physiological heat stress. Therefore they have not been considered as attractive drug target so far. This view has now changed due to the established link between protein aggregation and bacterial dormancy and the emergence of the superior disaggregase ClpG.

Protein aggregation is linked to bacterial dormancy and the formation of persister cells, which are insensitive to antibiotics. While protein aggregation can lead to bacterial survival of antibiotic treatment, ClpB/DnaK-mediated protein disaggregation seems required for outgrowth of dormant bacteria (Pu et al., 2019). Inhibiting the canonical disaggregase can thereby prevent proliferation of persisters upon stopping antibiotic treatment. The inhibition might additionally intensify their dormant state leading to a viable but non-culturable (VBNC) state that is incapable of resuming growth.

The loss of essential proteins by aggregation upon severe heat shock causes bacterial cell death. This causal link is used by temperature-based sterilization protocols avoiding bacterial contaminations in food production and of medical equipment. The spreading of the superior disaggregase ClpG represents a threat to these established procedures as it enables bacteria to withstand the applied stress conditions. Inhibiting ClpG disaggregation activity by small molecules will re-sensitize bacteria toward heat-based sterilization and massively reduce contaminations.

Next to inhibiting protein disaggregases, their drug-induced allosteric activation could also be employed as anti-bacterial strategy. Activated Hsp104/ClpB M-domain mutants exert severe cellular toxicity (Schirmer et al., 2004; Oguchi et al., 2012; Lipinska et al., 2013) that is caused by their uncontrolled protein unfolding activities. Inducing a persistently active disaggregase by small molecules therefore represents an attractive alternative strategy. This strategy seems already adopted in nature as the natural antibiotic cyclomarin A (CymA) efficiently kills Mycobacterium tuberculosis by targeting the Hsp100 member ClpC1 (Schmitt et al., 2011). CymA binding causes persistent ClpC1 activation and leads to uncontrolled protein degradation by the ClpC1/ClpP1/2 protease (Maurer et al., 2019).



BACTERIA LACKING ClpB AND ClpG: EXISTENCE OF POTENTIAL ALTERNATIVE DISAGGREGATION MACHINERIES

While ClpB exists in most bacteria there are Gram-positive species that do neither encode for ClpB nor ClpG raising the question which cellular machinery functions as disaggregase. In the model organism Bacillus subtilis there is solid evidence that this activity is executed by the Hsp100/AAA+ member ClpC. B. subtilis clpC mutant cells exhibit a heat-sensitive phenotype (Kruger et al., 1994; Msadek et al., 1994) and they are largely impaired in protein disaggregation (Hantke et al., 2018). ClpC localizes to stress-induced protein aggregates (Kruger et al., 2000; Kirstein et al., 2008), further supporting a role in protein disaggregation. Indeed, ClpC exhibits solid disaggregation activity in vitro (Schlothauer et al., 2003). Here, ClpC relies on cooperation with the MecA adaptor protein, which resembles the role of Hsp70 for ClpB by targeting substrates to ClpC and simultaneously stimulating ClpC ATPase activity. B. subtilis ΔmecA mutants are not stress-sensitive in contrast to ΔclpC cells (Schlothauer et al., 2003). This raises the question which adaptor protein assists ClpC disaggregation function in vivo. While ClpC and its partnering adaptor proteins show various mechanistic similarities to the ClpB/Hsp70 disaggregation system, there is also a fundamental difference: ClpC associates with the peptidase ClpP to form a bacterial proteasome. Such a disaggregating complex would exclusively degrade aggregated proteins, conflicting with the model that heat resistance relies on the rescue of the lost proteins. It will be therefore crucial to test whether ClpC can function independent of ClpP in protein disaggregation. Supporting such scenario, the E. coli Hsp100/AAA+ member ClpX, which functions together with ClpP in regulatory proteolysis, can also exert ClpP-independent functions in vivo (Jones et al., 1998).

Next to ClpC other Hsp100/AAA+ members might also play a role in protein disaggregation in Gram-positive bacteria. For instance B. subtilis ClpE is localizing to protein aggregates and aggregate removal is delayed in ΔclpE cells (Miethke et al., 2006). Streptococcus pneumoniae ClpL exhibits limited disaggregation activity in vitro (Park et al., 2015). Further studies are required to determine whether bacteria employ additional disaggregase to resist the heat.
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A repertoire of proteolysis-targeting signals known as degrons is a necessary component of protein homeostasis in every living cell. In bacteria, degrons can be used in place of chemical genetics approaches to interrogate and control protein function. Here, we provide a comprehensive review of synthetic applications of degrons in targeted proteolysis in bacteria. We describe recent advances ranging from large screens employing tunable degradation systems and orthogonal degrons, to sophisticated tools and sensors for imaging. Based on the success of proteolysis-targeting chimeras as an emerging paradigm in cancer drug discovery, we discuss perspectives on using bacterial degraders for studying protein function and as novel antimicrobials.
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INTRODUCTION

Proteins in living cells undergo a constant process of synthesis and degradation. Protein degradation helps to maintain protein homeostasis by eliminating toxic aberrant proteins or regulating the levels of proteins needed under the given environmental conditions. The protein half-lives in Escherichia coli exist over a range of a few days down to a few minutes (Nagar et al., 2021). Bacteria, as unicellular organisms, are particularly exposed to severe environmental fluctuations including variations in temperature, nutrient availability, or the presence of toxic compounds (Pine, 1973; Mogk et al., 2011). Regulation of protein levels by degradation acts as one of the fastest ways to remodel the expressed proteome and enables rapid responses to these changing environmental conditions. As a result of stress, damage or a series of stochastic events, proteins may also unfold and aggregate (Mogk et al., 2011; Schramm et al., 2019). Such proteins can undergo either refolding or degradation since the loss of their structure leads to loss of function and aggregation of proteins may lead to cell death (Mogk et al., 2011; Schramm et al., 2019). Altered protein levels may be sensed by various feedback loops, involving transcriptional or translational regulators, which activate stress response pathways that help bacteria to quickly adapt to unfavorable conditions. Regulation of protein degradation pathways is well-conserved in all domains of life (Maurizi, 1992; Maurizi et al., 1994; Sauer and Baker, 2011; Miller and Enemark, 2016; Becker and Darwin, 2017; Varshavsky, 2017; Mahmoud and Chien, 2018). It is typically guided by the recognition of specific markers by cognate proteolytic complexes. The specific signals which turn the protein susceptible to degradation are called degrons (Varshavsky, 1991). Their size may vary from single amino acids, to short peptides, to post-translational modifications including tagging with a small protein (Luh et al., 2020).

Degrons have been used extensively in research as tools for manipulating protein levels, and here we describe the various applications and experimental designs exploiting bacterial degradation systems. In eukaryotes, the use of degrons has progressed beyond the laboratory and has engendered a new drug discovery field named Targeted Protein Degradation (TPD), based on induced proteasomal degradation of target proteins (Verma et al., 2020). This approach is a promising therapeutic strategy applied intensively in cancer research (Mullard, 2021), yet due to the lack of direct bacterial equivalents, it has not yet been applied in bacteria. We believe that exploiting degrons for induced degradation of endogenous target proteins could similarly empower chemical genetics approaches in bacteria and constitute an alternative to conventional antimicrobial drugs. This review focuses on the existing applications of bacterial degradation signals in the context of introducing TPD in bacteria as an approach to proteome engineering and developing novel degron-based antimicrobials.



DEGRADATION PATHWAYS AND SIGNALS IN BACTERIA

Misfolded or unfolded proteins may be subjected to refolding by chaperones or they can be degraded and replaced by newly synthesized proteins. Proteases not only rescue cells from proteotoxic stress, but they also regulate levels of the existing proteins, maintaining the equilibrium between production and degradation (Alber and Suter, 2019). As refolding and degradation require high energy expenditure, typically powered by ATP hydrolysis, these processes are conducted by proteins belonging to the AAA+ family (ATPase Associated with diverse cellular Activities) (Neuwald et al., 1999; Santra et al., 2017; Rotanova et al., 2019). Protein degradation in bacteria is performed by proteases such as Clp complexes, Lon or the bacterial 20S proteasome which contain AAA+ domains (Table 1; Sauer and Baker, 2011). Typically, proteolytic complexes comprise an ATPase which unfolds polypeptide chains and a protease responsible for hydrolysis of peptide bonds. Bacteria also have many other proteases which carry out various specific functions in different intra- or extracellular localizations. In this review we focus on the family of AAA+ proteases since they are well-characterized, ATP-powered, highly processive, have a broad range of substrates and are primarily located in the cytoplasm, which—like the eukaryotic proteasome—makes them good candidates for TPD. Two of the most ubiquitous proteases, serine proteases ClpP and Lon, might be the most promising choice for designing a targeted degradation system which could be applied to a broad range of bacterial pathogens with minor modifications.


TABLE 1. A list of bacterial proteases with examples of their substrates.
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Proteolytic Complexes Based on ClpP and Lon

The gene encoding the caseinolytic protease ClpP was found in most of the bacterial genomes with the exception of Mollicutes (Yu and Houry, 2007). ClpP also exists in eukaryotes, mostly in organelles such as chloroplasts and mitochondria (Yu and Houry, 2007). It is an ATP-dependent serine protease, which associates with AAA+ chaperones (Figure 1A). ClpP oligomerizes into a tetradecameric barrel-like structure composed of two stacked heptameric rings (Wang et al., 1997). In some bacteria with two paralogous genes clpP1 and clpP2 (such as Mycobacteriaceae, Listeriaceae, Pseudomonaceae), ClpP1 and ClpP2 each form homoheptameric rings which stack on top of each other. Each barrel possesses 14 active sites facing the inside of the central channel (Wang et al., 1997). Because of the small diameter of the entrance pore, ClpP by itself can degrade only unstructured proteins and short peptides (Thompson and Maurizi, 1994). In order to degrade larger proteins, ClpP has to cooperate with AAA+ chaperones which unfold substrates.
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FIGURE 1. ClpP-based proteolytic systems in bacteria. (A) The tetradecameric peptidase ClpP (PDB ID 6NB1; Mabanglo et al., 2019) can be assisted in substrate unfolding and recognition by the hexameric unfoldases ClpX (PDB ID 6PP5; Fei et al., 2020), ClpA (PDB ID 6UQO; Lopez et al., 2020), or ClpC (PDB ID 3J3S; Liu et al., 2013) from the AAA+ family. The unfoldases bind to one or both faces of the ClpP double barrel, promoting its opening. Each unfoldase can cooperate in substrate selection with its cognate adaptor proteins: the C-terminal XB tail of the dimeric SspB is bound by the Zinc Binding Domain of ClpX (PDB ID 2DS7; Park et al., 2007), the N-terminal extension of ClpS (PDB ID 3O1F; Román-Hernández et al., 2011) baits ClpA, while MecA (PDB ID 3J3S; Liu et al., 2013) cooperates in B. subtilis with ClpC. (B) The highly conserved tmRNA system rescues stalled ribosomes and appends ssrA degrons through trans-translation. tmRNA provides the coding template for the ssrA peptide which contains an SspB-binding motif and C-terminal residues bound by ClpX. The ribosome rescue event results in the production of a fusion protein with the C-terminally appended ssrA degron which in E. coli is targeted for degradation primarily through the SspB-ClpXP pathway. Figures were created with BioRender.com and Mol* (Sehnal et al., 2018).


The ClpP partner unfoldases ClpX, ClpA, and ClpC have a typical structure for AAA+ proteins with a characteristic α/β fold, Walker A and B motifs which mediate ATP binding and hydrolysis, and C-terminal helical bundle (Miller and Enemark, 2016). They form homohexameric rings which bind to one or both faces of the ClpP barrel. It is the docking of highly conserved Ile-Gly-Phe or Ile-Gly-Leu (IGF/IGL) loops of the unfoldases in the hydrophobic pockets of ClpP that causes opening of the ClpP central pore and enables degradation of larger peptides (Lee et al., 2010; Alexopoulos et al., 2012). ClpX has one ATPase domain while ClpA and ClpC have two of them (Sauer and Baker, 2011). ClpX is the best conserved ClpP partner and is found in most bacteria. ClpA and ClpC are present in general, respectively, in Gram-negative or Gram-positive bacteria. Some proteobacteria were found to have both genes, although they are functionally redundant and could be a result of horizontal gene transfer (Miller et al., 2018). Certain proteases such as Lon do not need to form a complex with an unfoldase, since they comprise both proteolytic and ATPase domains and therefore have chaperone activity themselves (Sauer and Baker, 2011).

In general, the processive protease subunits are not highly specific, so that substrate engagement is usually mediated by degrons which are recognized by the AAA+ subunits. Degrons might interact directly with unfoldases or with adaptor proteins which help in delivering the substrates to the proteolytic complexes (Kuhlmann and Chien, 2017; Mahmoud and Chien, 2018) (summarized in Table 1). Degradation of certain proteins requires multiple adaptors acting in concert (Joshi et al., 2015). Adaptors can enhance the action of the protease complex by improving the affinity of the AAA+ protein for the substrate (Wah et al., 2002; Román-Hernández et al., 2011), pulling the substrate to facilitate engagement by the proteolytic complex (Rivera-Rivera et al., 2014), or enabling the assembly of the ATPase hexamers (Kirstein et al., 2006). The presence of adaptors can also reprogram the protease complex by inhibiting the degradation of other protease substrates (Dougan et al., 2002; Torres-Delgado et al., 2020) or preventing autodegradation of the unfoldase (Dougan et al., 2002). Not all proteases and substrates require an adaptor, for instance there are few known examples of proteins activating or reprogramming Lon (Puri and Karzai, 2017) and this protease can exert most of its functions without the aid of accessory proteins. Conversely, ClpCP requires an adaptor protein or substrate for ClpC complex formation (Kirstein et al., 2006; Trentini et al., 2016) and chaperone activity (Schlothauer et al., 2003; Trentini et al., 2016). One such example of ClpC adaptor in Bacillus subtilis is MecA, which is degraded together with the proteolytic substrates instead of being recycled and the protease complex is being disassembled upon completing degradation (Schlothauer et al., 2003; Mei et al., 2009).



C-Degrons Appended Through Trans-Translation

Bacterial ribosome rescue and degradation of nascent proteins stalled on ribosomes requires a process called trans-translation. Upon translation arrest in bacteria, a tmRNA molecule is recruited, the translated mRNA is cleaved and it dissociates from the ribosome (Janssen and Hayes, 2012). The translation resumes on the tmRNA template and a short peptide called ssrA is appended to the synthesized polypeptide. The ssrA tag is a C-terminal degradation signal (C-degron) and the tagged protein is eliminated predominantly by the ClpXP complex (Figure 1B; Keiler, 2008). Trans-translation seems to be a highly significant quality control mechanism since genes encoding tmRNA and proteins involved in this process are highly conserved in bacteria and ssrA mutants show growth and virulence defects (Oh and Apirion, 1991; Keiler, 2008). The ssrA tagging is not only a rescue mechanism but it is also involved in the regulated proteolysis of certain substrates (Hong et al., 2007). Degradation of ssrA-tagged substrates is facilitated by the stringent starvation protein SspB (Wah et al., 2002; Dougan et al., 2003; Farrell et al., 2005). This protein acts as an adaptor binding to the zinc-binding domain of ClpX and delivering the tagged proteins to the proteolytic complex (Dougan et al., 2003; Wojtyra et al., 2003; Park et al., 2007). However, SspB is not indispensable for degradation of ssrA tagged proteins by ClpXP and it was found only in certain proteobacteria such as E. coli and Caulobacter crescentus (Lessner et al., 2007; Chowdhury et al., 2010). Though ClpXP is the main proteolytic complex responsible for eliminating products of trans-translation, the ssrA-tagged proteins can also be degraded by ClpAP, Lon, or FtsH proteases (Gottesman et al., 1998; Farrell et al., 2005; Gur and Sauer, 2008b; Hari and Sauer, 2016).

Recently, an alternative ribosome quality control pathway was discovered in Bacillus subtilis. The mechanism is based on the recognition of C-terminal poly-Ala tails by ClpXP (Lytvynenko et al., 2019). A similar system exists in yeast, where Rcq2 protein adds C-terminal Ala-Thr tails (CAT-tails) to the polypeptides stalled on ribosomes and promotes their ubiquitination and degradation (Yonashiro et al., 2016; Kostova et al., 2017). In bacteria, Rcq2 homolog (RqcH) together with Hsp15/RqcP recruit Ala-tRNA to the stalled peptides which are then degraded in a ClpXP-dependent manner (Lytvynenko et al., 2019; Crowe-McAuliffe et al., 2020; Filbeck et al., 2020). This degradation pathway also exists in a number of Gram-positive bacteria and Archea which suggests that it was formed during the early evolution of life (Lytvynenko et al., 2019).



N-Degron Pathway

The composition of the N-terminus was found to regulate the stability of proteins and therefore determine their half-lives. The N-degron pathway was identified in bacteria as well as in yeast and higher eukaryotes, although the destabilizing amino acids vary between the organisms (Tobias et al., 1991; Dougan et al., 2010, 2012; Varshavsky, 2019). In bacteria the primary destabilizing residues are hydrophobic and aromatic amino acids such as Leu, Phe, Trp, and Tyr (Tobias et al., 1991; Ninnis et al., 2009; Schuenemann et al., 2009; Varshavsky, 2011) while secondary destabilizing residues could be Met or the charged amino acids Asp, Glu, Lys, Arg (Tobias et al., 1991; Graciet et al., 2006; Ninnis et al., 2009; Varshavsky, 2011; Dougan et al., 2012). Typically, bacterial N-degrons are formed either by endoproteolytic processing or attachment of a primary destabilizing residue by an amino acid transferase to specific N-terminal residues (Tobias et al., 1991; Ninnis et al., 2009; Dougan et al., 2010; Humbard et al., 2013). Some studies suggest that formylated N-terminal Met can serve as a degradation signal (Piatkov et al., 2015). In eukaryotes, another way of generating N-degrons involves exposure of destabilizing residues by removal of the N-terminal Met (Varshavsky, 2019), although this is yet to be demonstrated in bacteria. The canonical example of the N-degron pathway in Gram-negative bacteria involves the ClpAP complex (Tobias et al., 1991) and the ClpS adaptor which is also referred to as an N-recognin (Erbse et al., 2006; Schmidt et al., 2009; Schuenemann et al., 2009). The N-terminal amino acids of the substrate are bound by the core of ClpS (Wang et al., 2008; Rivera-Rivera et al., 2014). The ClpS N-terminal Extension (NTE) fragment enters the central channel of the protease complex and releases the substrate which is then unfolded and degraded by ClpAP, while ClpS is being recycled (Román-Hernández et al., 2011; Rivera-Rivera et al., 2014). The presence of ClpS significantly reduces the affinity of ClpAP to ssrA-tagged proteins suggesting that it has a complex mode of action, delivering the N-end rule proteins while preventing degradation of other ClpAP substrates (Dougan et al., 2002; Torres-Delgado et al., 2020). No sequelogs of ClpS were identified in Gram-positive bacteria or Archea suggesting that this degradation pathway occurs only in Gram-negative bacteria and eukaryotes (Varshavsky, 2011).



Constitutive and Conditional Degrons

Degrons naturally occurring in protein sequences are also a part of natural regulation of protein half-lives. Their timely recognition and degradation helps to maintain proteostasis and regulate various cellular processes (Stüdemann et al., 2003; Camberg et al., 2009; Bhat et al., 2013; Buczek et al., 2016; Arends et al., 2018). Proteases may recognize a pool of protein sequences. The C-terminal motifs identified in ClpXP substrates are similar to the ssrA tag or the MuA transposase C-terminal sequence and the N-terminal motifs have high homology with the N-terminus of the outer membrane protein OmpA or λO phage replication protein (Flynn et al., 2003). Bacterial proteases are responsible for removal of prematurely terminated or unfolded proteins (Gur and Sauer, 2008b; Van Melderen and Aertsen, 2009; Sauer and Baker, 2011; Arends et al., 2018; Mahmoud and Chien, 2018). Their degradation is mediated by recognition of regions with aromatic amino acid side chains and the absence of small polar amino acids which can be exposed upon unfolding (Gur and Sauer, 2008b; Van Melderen and Aertsen, 2009). As an example, an unstructured N-terminal fragment of β-galactosidase constitutes a degradation signal for the Lon protease, even though the full length folded protein is not degraded by Lon (Gur and Sauer, 2008b). Degron exposure under extreme conditions is often a part of the stress response. Cryptic degrons may become accessible upon temperature stress, oxidative environment or endoproteolytic cleavage of the substrate protein (Sauer and Baker, 2011). Regulated degradation is also mediated by other bacterial proteases activated by heat shock including HslUV (Baytshtok et al., 2021) or FtsH which can degrade both cytoplasmic and membrane proteins (Bittner et al., 2015, 2017).



Post-translational Modifications Directing Proteins for Degradation

Marking proteins for degradation is also mediated by post-translational modifications such as phosphorylation or attachment of a small protein. Arginine phosphorylation by protein-arginine kinase McsB is a degradation signal for ClpCP in Bacillus subtilis (Kirstein et al., 2007; Elsholz et al., 2011, 2012; Trentini et al., 2016). Degradation of phosphorylated proteins seems to be involved in adaptation to high temperatures (Trentini et al., 2016). Interestingly the presence of phosphorylated substrates promotes formation of ClpCP complex and enables degradation even in absence of adaptors (Trentini et al., 2016).

The post-translational modification which targets proteins to the 20S proteasome present in some bacterial orders (Nitrospirales and Actinomycetales) resembles the one in eukaryotes (Striebel et al., 2009; Jastrab and Darwin, 2015; Fuchs et al., 2018; Becker et al., 2019; Müller and Weber-Ban, 2019). Eukaryotic proteins are targeted for the proteasome by conjugation of ubiquitin by the cascade action of enzymes E1, E2, and E3 (Varshavsky, 2017). Ubiquitinated proteins are recognized and degraded by the proteasome. Analogously, in actinobacteria, proteins directed for degradation are tagged on lysine side chains by a small prokaryotic ubiquitin-like protein (Pup). Pup is attached covalently by the single action of Pup protein ligase PafA (Pearce et al., 2008). It can be removed by Dop (Pup deaminase/depupylase) which not only recycles Pup and regulates degradation rates (Pearce et al., 2008; Burns et al., 2010; Imkamp et al., 2010) but also activates Pup (Striebel et al., 2009; Elharar et al., 2017). Pup is partially disordered and remains disordered upon binding to the target proteins (Chen et al., 2009; Liao et al., 2009; Barandun et al., 2017). This might contribute to protein degradation, since degrons which target substrates to the proteasome and other proteases are often unstructured peptides (Prakash et al., 2004; Gur and Sauer, 2008b; Kim et al., 2011; Hughes et al., 2018; Inobe et al., 2018). Despite certain similarities, bacterial Pup tagging is simpler than the eukaryotic ubiquitin-proteasome system and the differences between them suggest that they developed independently (Imkamp et al., 2015). Pup-tagged proteins are recognized and bound by Mpa, an AAA+ unfoldase which is an activator protein for the bacterial proteasome (Darwin et al., 2004; Wu et al., 2017), competing for 20S binding with two other regulators Bpa (recognizing unstructured proteins) (Delley et al., 2014) and Cpa (Ziemski et al., 2018). Since the Pup-proteasome degradation system is only found in Actinobacteria but is lacking in other bacterial phyla, it has a limited potential as a universal proteolytic machinery in targeted degradation. However, since it plays a significant role in a number of important pathogens such as Mycobacterium tuberculosis (Darwin et al., 2003; Gandotra et al., 2007), it might be exploited for fighting antimicrobial resistant mycobacteria which cause tuberculosis.



TOOLS FOR PROTEIN DEGRADATION AND THEIR APPLICATIONS

Two strategies find use in targeting proteins for degradation: fusing proteins with degrons or applying degrader molecules. We describe these two approaches in turn and how they may be used to modify protein stability for various applications in functional studies of proteins, synthetic biology or drug discovery.


Applications of Bacterial Degrons

Studies of protein function often exploit fusion constructs appending otherwise stable proteins with degrons to enable tight regulation of protein levels. Since the ssrA-tagging system is the most extensively studied, ssrA is currently the only degron widely used for modification of protein stability in bacteria (Fritze et al., 2020). Given the high efficiency of degradation and the precision of control conferred by adaptor proteins, using degrons can serve as a diverse tool for reverse genetics and clever synthetic biology applications. However, since a single degron can be recognized by multiple proteases under natural conditions, engineered proteins with attached degrons may be susceptible to degradation by several pathways, which can make degradation control more difficult (Ogle and Mather, 2016; Butzin and Mather, 2018). To increase degradation specificity and stringent control, different strategies may be applied, such as using heterologous degrons recognized by degradation systems from other organisms; other approaches include split-adaptor systems or degrons which are exposed upon specific proteolytic cleavage.


Homologous Use of Fine-Tuned Degron Variants

Degron-induced protein degradation is one of the ways of regulating gene expression in loss-of-function protein studies. A collection of bacterial expression-regulating elements including different constitutive promoters, ribosome-binding sites and degrons enabled modifications in B. subtilis on multiple levels: transcription, translation and protein stability (Guiziou et al., 2016). The proteolysis rate of the target protein could be regulated by the addition of a ssrA variant. In total, 10 different versions of ssrA with a modified tripeptide at the C-terminus were used to tune the protein levels constituting a valuable tool for protein research.

Precise regulation of protein expression is valuable in many synthetic biology applications. Addition of degrons to proteins involved in synthetic circuits can prevent protein accumulation and therefore enable fast response to the changing concentrations of inducers and repressors. Degrons are widely used in the design of genetic oscillators which periodically switch from one state to another in vitro or in vivo (Stricker et al., 2008; Purcell et al., 2010; Niederholtmeyer et al., 2015; Potvin-Trottier et al., 2016). Stringent regulation of a protein half-life can also be applied in more sophisticated synthetic circuits, for example a digital data storage platform in E. coli capable of recording cellular events using fluorescent reporters (Bonnet et al., 2012). Adding a ssrA tag to the components driving DNA recombination helped to create a resettable system which holds its state for multiple generations of cells.



Heterologous Use of Degrons

Because of the high conservation of tmRNA tagging system, ssrA tags can be introduced to different species of bacteria and still be recognized and processed by their cognate endogenous or transgenic proteases. Interspecies differences such as dependence of degradation on adaptors can be used to ensure stringent control of protein degradation and the diversity in recognition of degrons can be exploited to avoid interference with endogenous degradation systems.

Involvement of SspB is not necessary for the degradation of ssrA-tagged proteins, and not all bacteria express homologues of this ClpXP adaptor (McGinness et al., 2006). The absence of SspB homologues in Bacillus subtilis and mycobacteria was exploited to create two similar systems based on the ssrA derived degrons and inducible expression of SspB (Griffith and Grossman, 2008; Kim et al., 2011). An ssrA tag variant featuring Asp-Ala-Ser at the C-terminus and four residues inserted between the ClpX and SspB binding sites (referred to as DAS+4 tag) was used in both cases (McGinness et al., 2006; Griffith and Grossman, 2008; Kim et al., 2011). Such degrons cause rapid protein degradation in the presence of SspB, while they are stable when the adaptor is absent (McGinness et al., 2006). In Bacillus subtilis this degron was mutated and optimized for enhanced stability and SspB dependence. This enabled rapid ClpX-dependent degradation of tagged proteins strictly upon induction of SspB expression. The system was applied for inducible degradation of ComA transcriptional regulator and several proteins involved in sporulation (Griffith and Grossman, 2008). However, in such an approach the different degradation tags and the different variants of the promoter controlling SspB expression may need to be tested for the optimal degradation control of each individual protein. C. crescentus SspB and the degron optimized for this adaptor were used in parallel to E. coli degradation components to show that the system can be modified for more complex applications enabling orthogonal regulation of degradation of two proteins simultaneously (Griffith and Grossman, 2008).

Similarily, a DAS+4 tag was introduced at the C-terminus of some reporter proteins in M. smegmatis and M. tuberculosis. Transfection of mycobacteria with an SspB-encoding plasmid with an inducible promoter enabled regulation of the levels of the target proteins. This system was also tested on the endogenous RNA polymerase subunit β (RpoB). Attachment of the DAS+4 tag led to inactivation of RNA polymerase and caused growth inhibition. This supports the applicability of degron tagging for identification of novel drug targets while omitting limitations of transcriptional gene silencing which can be lengthy and inefficient (Kim et al., 2011).

A different degron-recognizing protease was employed by Cameron and Collins to create a modular system applicable in diverse bacterial species, based on the Mesoplasma florum ssrA-tag (Cameron and Collins, 2014). Mycoplasma have a minimal genome encoding only two members of the AAA+ protease family: FtsH and Lon. Despite having a significantly smaller number of genes, Mycoplasma retained the trans-translation system which indicates the importance of stalled ribosome rescue (Gur and Sauer, 2008a). However, M. florum ssrA differs in length and sequence from tmRNAs typically found in bacteria. Due to the lack of the ClpXP complex (the main protease eliminating ssrA-tagged proteins in most bacterial genera), degradation of ssrA-tagged substrates in M. florum is mediated by Lon (Gur and Sauer, 2008a). As mf-ssrA is not recognized well by Lon from other bacteria and mf-Lon does not efficiently degrade proteins with distinct tmRNA tags, introducing them into a different organism enabled the creation of an efficient inducible degradation system (Gur and Sauer, 2008a; Cameron and Collins, 2014). Inserting mf-ssrA-derived degradation tag at the C-terminus of the protein of interest and mf-Lon under a tetracyclin-inducible promoter, either on a plasmid or in the LacZ locus, provides a tool for regulated protein degradation (Figure 2A). The utility of this system was proven in E. coli as well as in Lactococcus lactis, suggesting it may be widely applicable in bacteria. In E. coli, a simple toggle switch circuit was engineered to show the utility of this system in synthetic biology. The mf-ssrA tag was further modified to improve protein stability in the absence of mf-Lon by reducing recognition by endogenous proteases (Lv et al., 2019). Finally, the Essential Protein Degradation library which is composed of 238 strains with tagged essential proteins and inducible expression of mf-Lon proved that such an artificial degradation system can be exploited in basic protein function research and in drug discovery screens (Cameron and Collins, 2014).
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FIGURE 2. Bacterial degrons are used as tools for controlled protein degradation and interaction modules. (A) Induction of heterologous expression of M. florum Lon (PDB ID 1RRE; Botos et al., 2004) protease in E. coli or C. crescentus cells enables selective degradation of proteins fused with mf-ssrA degrons (Cameron and Collins, 2014). (B) A split-adaptor system can be used to specifically control the degradation of homologously expressed proteins. Protein constructs encoding the SspB core domain fused to FRB and the SspB C-terminal XB tail fused to FKBP12 can be made to interact by the addition of the small molecule rapamycin. The SspB core domain recognizes the substrate appended with a ssrA DAS+4 degron, while the SspB XB tail binds to ClpX. The rapamycin-induced assembly of this split-adaptor system results in the degradation of the target protein (Davis et al., 2011). (C) The degron-adaptor interaction can be used to co-localize proteins in a light-inducible manner. Protein X is fused to LOV2 with a C-terminally appended ssrA-derived sequence, while the second protein Y is fused to SspB. In the dark, ssrA is bound by LOV2 and precluded from interaction with SspB. Light-induced conformational changes in LOV2 cause the release of the ssrA degron, which is recognized by SspB and mediates the interaction between the proteins X and Y (Guntas et al., 2015). Figures were created with BioRender.com and Mol* (Sehnal et al., 2018).




The Split-Adaptor System for Small-Molecule Induced Degradation

Rapid control of protein degradation can also be achieved by chemically induced dimerization of adaptor domains. This approach exploits the interaction between FRB (a domain of mTOR serine/threonine kinase) with FKBP12 (peptidyl-prolyl cis-trans isomerase) upon binding to rapamycin (Chen et al., 1995; Figure 2B). The core domain of the SspB adaptor protein and its ClpX-binding peptide were split and fused to FRB and FKBP12, respectively. Introducing these constructs in an sspB- strain allowed the induction of degradation of proteins tagged with a ssrA-DAS+4 degron. Additionally, the degradation could be easily switched off by removal of rapamycin (Davis et al., 2011).



Degrons Exposed by Protein Cleavage

Several systems for controlling protein degradation incorporate terminal degrons in internal sites. The degrons are protected by endopeptidase recognition peptides. The degradation can be induced by expression of transgenic endopeptidases such as TEV and HIV-2 or by conditions which cause self-cleavage of the protein. When the endopeptidase is not induced, the degron-tagged protein remains stable, but when the cleavage is induced, the protective sequence is removed, the degron is exposed, and the target undergoes degradation by either ClpXP or ClpAP complex. This is a widely applicable approach since it was used in different organisms for both N- and C-degrons (Wei et al., 2011; Sekar et al., 2016; Liu et al., 2017). A modified ssrA system was tested in M. smegmatis on different antibiotic targets, which in many cases resulted in increased susceptibility of the bacteria to antimicrobials, proving that regulated protein degradation can be a valuable tool in drug development (Wei et al., 2011).

Another system using an endoprotease recognition site and a ssrA degron was developed to enable growth-independent protein production. Functional engineering of ssrA/NIa-based flux control (FENIX) is based on a C-terminal fusion of NIa protease recognition site followed by the ssrA sequence (Durante-Rodríguez et al., 2018). Under normal conditions the protein of interest expressed under a constitutive promoter is continuously degraded, but upon induced expression of NIa protease the degron is cleaved off resulting in accumulation of a stable protein, such as the acetyl-CoA transferase (PhaA) which is involved in the synthesis of polyhydroxybutyrate (Steinbüchel et al., 1992; Durante-Rodríguez et al., 2018). This allowed the uncoupling of protein production from cell growth to manipulate the metabolic flux for more efficient biopolymer synthesis (Durante-Rodríguez et al., 2018). This is of particular importance for the production of proteins which interfere with bacterial growth or for the synthesis of toxic proteins and enzymes. The FENIX approach may have important implications for industrial production of enzymes and polymers in bacteria.



Extraction of Components From Macromolecular Complex

The high affinity between a degron and a specific protease can be exploited to separate the target protein from more complex structures. The pulling force created by ClpX is so strong that it can separate tagged proteins from the bacterial membrane and nucleic acid complexes (Burton and Baker, 2005; Chai et al., 2016; Abeywansha et al., 2018). The high affinity of ClpX to its substrates was used as “molecular tweezers” to extract a 50S subunit component, ribosomal protein L22 (Moore et al., 2008). L22 is crucial for correct ribosome assembly since it forms multiple stable contacts with 23S rRNA (Moore and Sauer, 2008). Investigations into the functions of this protein are limited since its genomic deletion disrupts complex formation and therefore affects the whole ribosome. In order to better understand the specific roles of L22, the endogenous L22 protein in a clpX- strain was exchanged for a version with an N-terminal His-tag and an unstructured titin domain, followed by ssrA at the C-terminus. In vitro degradation by ClpXP of tagged L22 in isolated ribosomes was not complete, the protease degraded only the titin ssrA part and leaving L22 protein intact. Partial destabilization of the ribosomal complex due to a reduced concentration of magnesium in the buffer allowed efficient L22 degradation, but did not result in disassembly of the whole ribosomal subunit. Because magnesium ions are involved in proper folding and interactions of rRNAs (Allen and Wong, 1986), moderate reduction of magnesium levels likely loosened the ribosome structure and therefore enabled the extraction. Even though the harsh extraction conditions resulted in a decreased translational activity of the isolated ribosomes, the ssrA-mediated degradation of proteins has a potential use in studying the functions of individual components of complex biological assemblies without disrupting their whole structure (Moore et al., 2008).



Acoustic Biosensors

An interesting example of degron use was creation of an acoustic biosensor by affecting gas vesicle properties. Multi-protein gas vesicles can be formed by mixing a small hydrophobic protein GvpA and a small hydrophilic protein GvpC (Walsby, 1994). These structures exist naturally in aquatic cyanobacteria and regulate their buoyancy and phototaxis (Walsby, 1994). The presence of gas vesicles was found to improve ultrasonic contrast and therefore constitutes a promising tool for molecular imaging (Yang et al., 2017). The vesicles can be modified by introducing a protease-recognized sequence in the GvpC protein which forms a scaffold on the vesicle surface. Upon protease cleavage the vesicles retain the same morphology, but their physical properties such as pressure resistance change, which affects the non-linear ultrasound contrast (Lakshmanan et al., 2020). In this way the protease activity can be tracked by monitoring the contrast change upon proteolytic cleavage. Tagging a gas vesicle protein with ssrA and introducing it in bacterial strains with ClpXP expression under the control of an inducible promoter allowed the monitoring of enzymatic activity in synthetic circuits. Moreover, engineering E. coli with ssrA-tagged gas vesicles controlled by an arabinose-induced ClpXP can also be used to improve ultrasound contrast in the gastrointestinal tract in infected mice (Lakshmanan et al., 2020).



Photoswitches Using Affinity Between ssrA and SspB

Degron-adaptor interactions can be also exploited for their high affinity as binding modules. The SspB-binding fragment of ssrA fused with a photoswitchable domain were used to create a light-inducible dimer (LID) with SspB (Lungu et al., 2012). LIDs are often based on photoactivatable proteins which naturally occur in plants. Upon exposure to blue light, the proteins change their conformation and expose their ligand-binding sites (Salomon et al., 2000; Harper et al., 2003). Fusing a fragment of the ssrA peptide to an AsLOV2 protein domain which undergoes structural rearrangement upon light exposure helped to create a system for precise control of protein interactions (Lungu et al., 2012; Guntas et al., 2015; Figure 2C). Under normal conditions, the ssrA fragment is embedded in the AsLOV2 protein and therefore unavailable for SspB binding, but upon light activation the AsLOV2 conformation changes, exposing ssrA and thus increasing the affinity of the fusion protein to SspB (Lungu et al., 2012). In the absence of light, proteins relax to their ground state. Further engineering of the AsLOV2 domain enabled the creation of a highly efficient system which caused protein dimerization upon light induction and therefore modified the localization or activity of proteins fused to AsLOV2-ssrA and SspB (Guntas et al., 2015; Zimmerman et al., 2016). The affinity of SspB and ssrA in LIDs can be also exploited to regulate assembly of homomeric complexes (Yu et al., 2017). The system was applied in both bacterial and eukaryotic cells (Guntas et al., 2015; Zimmerman et al., 2016; Yu et al., 2017). Fast and reversible action of ssrA-modified LIDs made a good alternative to chemically induced dimerization (Guntas et al., 2015).



Targeted Protein Degradation Using Degraders

Although fusion proteins with degrons can be used to effectively knock-down proteins in bacteria in a regulated manner, there is still a lack of a universal and adaptable technique which would enable effective degradation of endogenous proteins without any prior modifications with fusion tags. Such approaches have been successfully developed and studied in eukaryotes, which could serve as a starting point for creating analogous techniques for bacteria. We describe the most feasible strategies used in eukaryotes that enable the manipulation of endogenous proteins with the use of exogenously applied compounds.

Targeted protein degradation (TPD) has emerged as a significant technique in drug discovery over the last decade. This approach to treatment omits the limitations of traditionally used inhibitors by elimination of the protein molecules rather than blocking their activity. TPD can also be an alternative to typical reverse genetics methods such as genetic modifications or RNA interference (RNAi) and allows control of protein levels in a fast, precise, and reversible manner. Degradation is triggered by molecules which bring together the protein of interest and the degradation machinery or cause a conformational change of the target which can expose the degron. Degradation-inducing compounds can be small molecules or peptides, and can be a single molecule or a bivalent fusion of two ligands. This technique may lead to significant advances in the treatment of cancer and neurodegenerative diseases which are becoming increasingly prevalent. Three types of TPD agents have shown particular promise so far: PROTACs, molecular glues, and hydrophobic tags.


PROTACs

Using Proteolysis-Targeting Chimeras (PROTACs) is a new approach in biological discovery. Typically, a PROTAC is composed of a ligand for a protein of interest joined by a flexible linker to a ligand of an E3 ubiquitin ligase. One advantage of this approach is that PROTACs do not need to occupy an active site, thus they are able to degrade also “classically undruggable” proteins without enzymatic activities such as transcription factors or scaffolding proteins (Gao et al., 2020; Wang et al., 2020). They can also give a new purpose for ligands with a good affinity but poor inhibitory effects or enhance the effects of good inhibitors. The PROTACs themselves are reusable, since after the degradation of one target molecule they can go on to recruit more molecules, which decreases the concentration of the drug required to be effective. Although the design of the molecules appears to be relatively straightforward, there are numerous factors which must be taken into consideration to create an effective PROTAC. Tight binding of the chimeras is achieved by a mechanism of cooperative binding which leads to high ternary affinities. Preferably, the affinity of the PROTAC-target or PROTAC-E3 complexes to the third component (the E3 ligase or the target, respectively) should be higher than the separate binary affinities of the PROTAC components to its individual binding partners (to the E3 ligase or the target) alone (Gadd et al., 2017; Liu X. et al., 2020). Linkers, usually made of PEG or alkyls, play an important role in enabling molecules to form this coordinative and permissive complex by keeping them at a distance which helps to reduce steric constraints but at the same time allows efficient ubiquitination by the proximity effect. The design should take into consideration features such as the length, flexibility, and also the attachment sites of the linker to both ligands, and typically requires optimization for each PROTAC (Cyrus et al., 2011; Maple et al., 2019; Donoghue et al., 2020). The length of the linker not only influences PROTAC action and affinity toward the binding partners but also the compound stability (Goracci et al., 2020; Pike et al., 2020). Another important factor is the cell permeability of PROTAC molecules. The size of a chimera composed of two different ligands is twice as large as traditional drugs, which affects their pharmacokinetics and can potentially cause absorption issues. Surprisingly, PROTAC permeability is relatively high and can be improved by linker modifications or attaching cell-penetrating peptides (Maple et al., 2019; Jin J. et al., 2020; Liu X. et al., 2020). Ligands that bind to the E3 ligase and to the protein of interest can be either small molecules or peptides. The first PROTACs had peptidic binding moieties; however, because of the relatively poor permeability and stability for peptides, more recent PROTACs now are constructed from small molecules (Sakamoto et al., 2001; Schneekloth et al., 2004; Ishikawa et al., 2020). Nonetheless, the limitations of peptide ligands may in principle be obviated with peptidomimetics, chemical modifications, or fusions with cell-penetrating peptides (Jiang et al., 2018; Lu et al., 2018; Au et al., 2020; Jin J. et al., 2020; Lee et al., 2020; Ma D. et al., 2020). Due to the low toxicity of peptides, their large binding surfaces (which can help overcome the effect of mutations in target proteins), and the possibility of designing multiple potential ligands based on structures of protein complexes, peptide-based PROTACs are still used (Au et al., 2020; Jin J. et al., 2020).

Even though the most popular PROTACs are minimally made of two peptides or small molecules joined with a linker, a number of modifications to this basic concept have significantly broadened the spectrum of available PROTACs (Figure 3A). This includes light-activated PROTACs (Pfaff et al., 2019; Xue et al., 2019; Jin Y.H. et al., 2020; Liu J. et al., 2020; Manna and Wu, 2020; Reynders et al., 2020), RNA-PROTACs which target RNA-binding proteins (Ghidini et al., 2020), homo-PROTACs which are composed of two particles of the same E3 ligand (Maniaci et al., 2017; Steinebach et al., 2018), HaloPROTACs which are directed against the popular HaloTag (Buckley et al., 2015; Tovell et al., 2019; Simpson et al., 2020), and bioPROTACs composed of E3 ligase fused to known domains that interact with the target protein (Lim et al., 2020). Other techniques which exploit different degradation pathways are Specific and Nongenetic Inhibitor of Apoptosis Protein (IAP)-dependent Protein Erasers (SNIPERs) which have an activity similar to PROTACs but also induce the degradation of the associated ubiquitin ligases (Ohoka et al., 2017; Naito et al., 2019; Ishikawa et al., 2020), LYTACs which degrade extracellular proteins via lysosomal pathway (Banik et al., 2020) or autophagy-inducing AUTACs which can degrade fragmented mitochondria and proteins (Takahashi et al., 2019). All of those approaches create an exciting potential to develop drugs which can target multiple proteins that are untargetable with other methods. Over the last few years there has been a growing interest in PROTACs in both academia and industry as shown by a steep increase in the number of publications on PubMed and patent applications in the Google Patents database. In 2019, the first PROTAC was approved for clinical trials in prostate cancer treatment (Mullard, 2019) and more degraders are soon going to be tested in patients (Mullard, 2021). Most often the chimeric molecules are directed against cancer-related proteins, but are sometimes used in research on neurodegenerative or autoimmune disorders and can even potentially act on viruses such as SARS-CoV2 (Ding et al., 2020; Ocaña and Pandiella, 2020; Tomoshige and Ishikawa, 2020).
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FIGURE 3. Targeted protein degradation (TPD) strategies exploited in eukaryotes. (A) PROTACs are bifunctional chimeras which mediate the recruitment of an E3 ubiquitin ligase to the target protein. PROTAC components can be peptides, small molecules or oligonucleotides recognized as ligands by the target proteins. Ubiquitination of the target results in its degradation by the proteasome, while the PROTAC molecules are recycled for the next proteolytic event. LYTACs and AUTACs direct proteins for lysosomal degradation by promoting their encapsulation in endosomes and autophagosomes, respectively. (B) Thalidomide serves as a molecular glue which brings together SALL4 and the cereblon (CRBN) E3 ligase complex. SALL4 becomes a neo-substrate for the ubiquitination by CRBN and is then degraded by the proteasome (Yamanaka et al., 2020). (C) Hydrophobic tagging uses chimeric compounds in which a known protein ligand is linked to a highly hydrophobic Boc3-Arg, which is recognized as a degron by the proteasome. DHFR can be targeted for degradation through the use of its ligand trimethoprim in the chimeric hydrophobic tag (Shi et al., 2016). (D) Fulvestrant binding to the estrogen receptor α causes conformational changes which exposes the hydrophobic parts of the protein that serve as a degron. The Fulvestrant-bound ERα is degraded in the nucleus through the ubiquitin-proteasome pathway (Cornella-Taracido and Garcia-Echeverria, 2020). Figures were created with BioRender.com.




Molecular Glues

Much like PROTACs, molecular glues are a type of small molecules which brings together two proteins of otherwise poor or no affinity which may lead to a desired outcome such as protein degradation. Molecular glues are typically more compact and less modular than PROTACs, and form a new interface between the two proteins, which results in a high affinity of the ternary complex and less of the pharmacological “hook effect.” Natural examples of such molecules are cyclosporine promoted binding of cyclophilin and calcineurin, and the afore-mentioned rapamycin which acts on FKBP and FRP (Che et al., 2018). In an engineered system using FRP fused to the proteasome and the target protein fused to FKBP, the addition of rapamycin caused ubiquitin-independent proteasomal degradation (Janse et al., 2004). This circumvents the need for an E3 enzyme—a promising premise for the necessarily E3-free TPD in bacteria. Some molecular glues do induce interactions between target proteins and ubiquitin ligases, which causes degradation. For example, a class of anticancer drugs known as SPLAMs cause degradation of RNA-binding protein 39 (RBM39) involved in RNA splicing by the DCAF15 ubiquitin ligase (Che et al., 2018; Faust et al., 2020). Thalidomide derivatives (IMiD) are now known to bind to cereblon (CRBN) E3 ligase complex in the brain and induce degradation of transcription factors such as IZKF1, IZKF3, or SALL4 (Figure 3B). Fusing fragments of those proteins to the protein of interest created a system for IMiD-dependent inducible protein degradation (Koduri et al., 2019; Yamanaka et al., 2020). The discovery of molecular glues has so far been largely serendipitous, albeit once established they often find a widespread use—such as the auxin system derived from plants. Auxin inducible degradation (AID) is used to activate protein degradation in genetically intractable research problems (e.g., studies of cellular memory maintained through epigenetic protein marks; Siwek et al., 2020).



Hydrophobic Tagging

A variation on the use of small molecules to induce TPD is a method called hydrophobic tagging. Hydrophobic stretches are often exposed in unfolded proteins, and can be recognized by protein quality control pathways and result in protein degradation (Hachisu et al., 2016). Hydrophobic tags (HyTs) are chimeric compounds designed to have high hydrophobicity and low molecular weight (Neklesa et al., 2011). The primary action of HyTs relies on the recognition of the highly hydrophobic Boc3-Arg (tert-butyl carbamate protected arginine) as the signal for degradation. HyT selectivity is conferred through fusion of Boc3-Arg to a known protein ligand (for example, trimethoprim is used as a ligand of DHFR) (Figure 3C). Alternatively, in the absence of a known ligand, a HaloTag-binding linker can be used to target HaloTag fusion proteins. Degradation mediated by Boc3-Arg is proteasome dependent but ubiquitin independent (Long et al., 2012; Shi et al., 2016). Hydrophobic tagging has been used for inducing the degradation of numerous cancer-related proteins and the Alzheimer disease-related Tau protein (Gao et al., 2017; Rubner et al., 2018, 2019; Nietzold et al., 2019; Ma A. et al., 2020).



Small Molecule-Induced Instability

An example of a clinically relevant degradation-promoting small molecule is Fulvestrant, a selective estrogen receptor degrader (SERD), which was approved for breast cancer treatment in 2002 (Bross et al., 2002). It inhibits ER dimerization and its transcriptional activity, and promotes proteasome-dependent degradation (Osborne et al., 2004; Croxtall and McKeage, 2011). It acts by exposing a hydrophobic part of the target ER molecule that mimics a natural degron (Cornella-Taracido and Garcia-Echeverria, 2020) and can be thought of as indirect hydrophobic tagging (Figure 3D). Other small-molecule induced degradation techniques which require engineering the protein of interest include fusions with DHFR or a FKBP12-based destabilizing domain which cover the degrons in the presence of the small molecule ligands but expose them in their absence which results in degradation (Banaszynski et al., 2006; Tai et al., 2012).



The First Bacterial Degrader

Importantly, a recent discovery provided the first example of a small molecule inducing specific protein degradation in bacteria, through induced instability: pyrazinamide. This compound eliminated aspartate 1-decarboxylase PanD activity needed for CoA synthesis in M. tuberculosis. It was previously believed to act like a regular inhibitor, but has been recently found to target PanD for degradation by ClpC1P (Gopal and Dick, 2020; Gopal et al., 2020). It acts by exposing the C-terminal degron of PanD and changing the multimeric state of the PanD complex (Figure 4A). This is the first degradation-inducing antimicrobial, working along the lines of SERD-like strategy.
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FIGURE 4. Possible strategies for targeted protein degradation (TPD) in bacteria. (A) Pyrazinamide binds PanD, which leads to conformational changes that expose a degron sequence and degradation by ClpC1P (Gopal et al., 2020). (B) In Mycobacteria, a PROTAC molecule containing a ligand of PafA could recruit PafA to the target protein. Pupylation of the target protein by PafA could enable its selective degradation by the 20S proteasome. (C) In Gram-positive bacteria, the McsB arginine kinase can be exploited to phosphorylate target proteins. A PROTAC containing a ligand of McsB could elicit phosphorylation of the target and bring about ClpCP-mediated degradation. (D) PROTAC molecules could directly recruit the proteolytic machinery by employing small molecule or peptide ligands of the proteins involved in the proteolytic pathway. PROTAC-mediated interaction with an adaptor protein, an unfoldase, or a peptidase could serve to induce proximity and cause degradation of the target protein. Figures were created with BioRender.com and Mol* (Sehnal et al., 2018).




DISCUSSION

Bacterial proteases are robust machines embedded within tight regulatory networks to ensure timely and specific substrate selection, aided by adaptor proteins and sequence-encoded degradation signals. Their diversity provides researchers with tools for manipulating protein stability in order to investigate protein function and to design useful synthetic circuits. Despite this repertoire, the majority of controlled proteolysis approaches found in the literature and described here focus on variants of ssrA tagging. This might be due to the well-described properties of this system, and its useful modality. Indeed, the applications of ssrA degrons seem versatile and range from large screens of protein function in collections of mutant strains, to elegant reversible switches for in vivo studies. It seems that most needs for protein stability control can be addressed using the ssrA degron. However, all of the current approaches to specific and inducible protein degradation in bacteria have one requirement in common: they rely on engineering protein fusions. This might limit their application in terms of the required labor, finding a neutral tagging site, and the genetic engineering tractability of the bacterial species. How would the field progress if the remarkable opportunities offered by PROTACs and molecular glues to target endogenous proteins were also applicable in bacteria?

Several studies employing degrons in bacteria, and the case of pyrazinamide, show that the general requirement for TPD is fulfilled: induced degradation can cause notable molecular and even phenotypic changes despite the typically faster protein turnover rates in bacteria. Moreover, degradation can be brought about simply by virtue of the proximity of the target to the protease, as in the split-adaptor system (Davis et al., 2011). There are, however, few true examples of TPD in bacteria, leaving a significant methodological gap between bacteria and eukaryotes. This stems mostly from the lack of the ubiquitin-proteasome system in bacteria, which has been the foundation for TPD in human cells. Nonetheless, the extensive range of protease action and structures highlighted in this review should enable scientists to ultimately find ways to deliver bacterial proteins of interest for degradation. Here we discuss possible future developments in the light of the present drawbacks and limitations of TPD tools in bacteria.

Firstly, what type of TPD agents may be the most suitable for use in bacteria? While there are various approaches available in eukaryotes, some have a limited potential for becoming the go-to technique for depleting specific endogenous proteins in bacteria. Molecular glues are usually discovered accidentally as they are difficult to rationally design although there were attempts to develop screening techniques enabling identification of potential molecular glues (Mayor-Ruiz et al., 2020). Pyrazinamide is a proof that small-molecule induced instability is a viable strategy (Figure 4A), yet it was also a result of a serendipitous discovery rather than targeted design (Gopal et al., 2020). Similarly, direct hydrophobic tagging of non-fusion proteins has yet to be demonstrated to be a facile tool in bacteria. Some approaches may remain applicable only in eukaryotes, such as those relying on lysosomal degradation. Since we are aiming at engineering a successful and universal strategy, we believe that a PROTAC-like approach would have the most potential to successfully yield bacterial degraders. Similarly to the eukaryotic PROTACs, the bacterial TPD field may start with peptidic degraders and later move on to employing small-molecule chimeras. For example, the multitude of known protein-peptide interactions presents a big repertoire of peptide motifs which could serve as the target-engaging part (warhead) of the bacterial bio-degraders. In addition, based on the success of various eukaryotic PROTACs we hypothesize that it could be possible to create RNA and DNA-degraders which use oligonucleotides as baits for the nucleic acid-binding proteins. By using degraders, it would also be possible to repurpose known small molecules, for example, failed antibiotic candidates which might be decent binders but poor inhibitors. Since only binding (as opposed to any inhibitory potential) is required from the ligand, TPD can bring to bear its key advantage, allowing investigators to target classically “undruggable” proteins without any tractable active sites.

What seems to be a more challenging task is finding an effective method for delivering the proteins of interest to the proteases. Because of the lack of ubiquitin-dependent degradation, it is necessary to find a different strategy to recruit proteolytic machinery to the target. One of the possible solutions would be recruitment of the PafA Pup-ligase which could result in pupylation and targeting the protein to the bacterial proteasome (Figure 4B). This approach would be applicable in a limited number of bacteria, although it could help to create new tools and antibiotics against Mycobacterium tuberculosis. Since proteins phosphorylated on arginine residues are known substrates of ClpCP, recruitment of the McsB kinase is also a promising TPD strategy (Suskiewicz et al., 2019) in Gram-positive bacteria (Figure 4C). In a more universal approach, bacterial degraders could directly recruit a proteolytic complex without relying on a post-translational modification step. The viability of this strategy is hinted at by the studies successfully employing rapamycin-mediated interaction with the target to bring about proteasomal (Janse et al., 2004) or ClpXP-mediated (Davis et al., 2011) degradation. Bacterial degraders could recruit proteolytic activity by employing a ligand binding to an adaptor protein, an unfoldase, or even the protease component (Figure 4D) from the suggested repertoire described above (Table 1). Finally, future work may find ways to exploit other pathways unique to bacteria, for example by promoting trans-translation to append ssrA or poly-Ala tails in a target-specific manner, although currently such precise action cannot be yet achieved.

If the bacterial degraders have to rely on direct protease recruitment, how would their characteristics compare with those of eukaryotic PROTACs? The first concern is that peptidic degraders may be degraded together with their targets, losing the potential to be recycled and to gain a catalytic-like efficiency of their eukaryotic counterparts. Peptide mimics or switching to small-molecule ligands may be required to ensure the stability of the degraders. In general, promoting ternary (i.e., target-degrader-E3 ligase) complex formation is a key concern in TPD, and in this aspect molecular glues are better candidates than PROTACs. Similarly, in bacterial TPD the best compounds would promote target interaction with a part of the protease complex that engages substrates. This requires careful optimization of PROTAC linkers in terms of distance, flexibility, and promoted stereochemistry. For the majority of the eukaryotic degraders, the rate-limiting step seems to be enzymatic reaction initiation (monoubiquitin transfer) right after the ternary complex formation, since it requires spatial alignment of the active site and the target Lys residue (Fisher and Phillips, 2018). In bacteria, the equivalent rate-limiting step might be the substrate engagement in the unfoldase or protease pore; once initiated, the motor action of the ATPase might help in further progress of the proteolysis. Unlike PROTACs engaging a novel E3 ligase, proteins targeted for degradation in bacteria may not necessarily be neo-substrates for the recruited proteases. Naturally occurring, less structured sites and loops may help in achieving substrate unfolding for proteolysis, while preferably slow dissociation rates would help bacterial degraders potentiate this initiation event. On the other hand, degraders binding too tightly to their targets might preclude efficient proteolysis by stabilizing or sequestering the target from the reach of the protease. An adaptor-recruiting degrader which binds too tightly to the protease adaptor might also cause degradation of the adaptor following the engagement of the target. In such cases, the affinity of the degrader would need to be fine-tuned in order to bind sufficiently strongly to selectively bring the target to the proteolytic complex, yet loosely enough to allow extraction upon engagement and to release the target upon the proteolytic event. It may be possible to find a way to rescue adaptors and degraders, similarly to the natural resistance of certain adaptors that bind and even bait the unfoldases yet avoid destruction along with the substrate. This may be conferred by conformational changes associated with substrate unfolding and degradation, though the details of such mechanisms are still poorly understood and are not easily engineered. Finally, the problem of delivering the degraders into the bacterial cells would need to be addressed. Possibly, some modifications could be added to promote the active import of degraders which would obviate the issues with the larger sizes of chimeric compounds (e.g., conjugates with Proline rich AntiMicrobial Peptides (PrAMPs) (André et al., 2020) may help degraders enter the cell). It will be exciting to see how all of these concerns will be addressed by the first true TPD studies in the future.

Once these challenges are overcome, bacterial degraders could provide an excellent alternative reverse-genetics approach for studying protein function, opening new possibilities such as dose-dependent and time-resolved control that would supersede the use of gene knockouts and protein fusions. The unique suitability of TPD for studying fast biological processes may be especially appreciated for applications in bacteria, whose molecules typically have shorter half-lives due to the higher metabolic rates compared to human cells. More importantly, degraders could also constitute a completely novel and possibly resistance-retardant class of antibiotics, which gains importance in the light of increasing antimicrobial resistance (O’Neill, 2016). The recent COVID-19 outbreak proves that infectious diseases are still a global threat, and excessive use of antibiotics during the pandemic has exacerbated the growth of antimicrobial resistance even further (Arshad et al., 2020). Therefore, degrader-type antibiotics could be of particular interest, since the antiviral PROTACs have been shown to act fast enough to prevent the rise of viral resistance (de Wispelaere et al., 2019). The current state of the art is ripe for the design and exploration of TPD in bacteria, and the expected results will open a plethora of opportunities both for research and in antimicrobial therapies.
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The universally conserved P-loop GTPases control diverse cellular processes, like signal transduction, ribosome assembly, cell motility, and intracellular transport and translation. YchF belongs to the Obg-family of P-loop GTPases and is one of the least characterized member of this family. It is unique because it preferentially hydrolyses ATP rather than GTP, but its physiological role is largely unknown. Studies in different organisms including humans suggest a possible role of YchF in regulating the cellular adaptation to stress conditions. In the current study, we explored the role of YchF in the model organism Escherichia coli. By western blot and promoter fusion experiments, we demonstrate that YchF levels decrease during stress conditions or when cells enter stationary phase. The decline in YchF levels trigger increased stress resistance and cells lacking YchF are resistant to multiple stress conditions, like oxidative stress, replication stress, or translational stress. By in vivo site directed cross-linking we demonstrate that YchF interacts with the translation initiation factor 3 (IF3) and with multiple ribosomal proteins at the surface of the small ribosomal subunit. The absence of YchF enhances the anti-association activity of IF3, stimulates the translation of leaderless mRNAs, and increases the resistance against the endoribonuclease MazF, which generates leaderless mRNAs during stress conditions. In summary, our data identify YchF as a stress-responsive regulator of leaderless mRNA translation.

Keywords: YchF/Ola1, protein synthesis, leaderless mRNA, translation control, stress, ribosomes


INTRODUCTION

Throughout their life, cells need to flexibly respond to changes in their environment. Consequently, sophisticated sensing and signal transduction systems have evolved in both eukaryotic and prokaryotic cells. These systems allow adjusting cell physiology in response to environmental and internal cues, and promote cell survival under stress conditions (Starosta et al., 2014). Stress responses primarily involve changes in gene expression and result in metabolic alterations, modification of enzymatic activities, and changes in protein homeostasis (de Nadal et al., 2011). The latter includes the adjustable synthesis of stress-response proteins, of which many are universally conserved and considered to constitute the minimal stress proteome.

Hallmarks of this adaptation are the selective induction of heat-shock proteins upon temperature shifts (Mogk et al., 2011) or antioxidant enzymes upon oxidative stress (Imlay, 2008). Although upregulation of stress response proteins is a common strategy for coping with stress conditions, other proteins are down-regulated and their absence seem to increase cellular fitness during stress. One example is the universally conserved ATPase YchF (Verstraeten et al., 2011; Balasingam et al., 2020). YchF belongs to the translation-factor-related (TRAFAC) class of P-loop GTPases, although it preferentially hydrolyses ATP rather than GTP, due to slight modifications in the active site (Koller-Eichhorn et al., 2007). The TRAFAC class of proteins comprises a functionally heterogeneous group of proteins, which include translation factors (Rodnina and Wintermeyer, 2016) and protein targeting factors (Steinberg et al., 2018), as well as proteins involved in ribosome assembly (Sato et al., 2005), cell cycle regulation (Foti et al., 2007), and stress response (Kuo et al., 2008).

In Escherichia coli, YchF is down-regulated when cells encounter oxidative stress and deleting YchF promotes cell survival under oxidative stress conditions (Wenk et al., 2012; Hannemann et al., 2016). A similar phenotype is observed in human cells, i.e., the knockdown of Ola1, the eukaryotic YchF homolog, results in increased resistance against oxidative stress (Zhang et al., 2009). Conversely, overproduction of YchF in Arabidopsis thaliana and E. coli inhibits the antioxidant response (Wenk et al., 2012; Cheung et al., 2013). This led to the hypothesis that YchF/Ola1 function as conserved negative regulators of oxidative stress response pathways (Zhang et al., 2009; Wenk et al., 2012; Cheung et al., 2013). However, the molecular mechanisms of this regulation are largely unknown. In E. coli, YchF is cross-linked to the catalase KatG and overproduction of YchF reduces catalase activity in cell extracts (Wenk et al., 2012). YchF also interacts with other antioxidant proteins like thioredoxin A (Hannemann et al., 2016) and therefore YchF could act by direct inhibition or trapping of antioxidant enzymes.

In addition, YchF/Ola1 are predicted to regulate protein synthesis. This is deduced from the observation that YchF interacts with ribosomes (Tomar et al., 2011) and that ribosomes stimulate its ATPase activity (Becker et al., 2012). Human Ola1 is suggested to regulate translation by converting the elongation initiation factor eIF2 into its GDP-bound state (Chen et al., 2015). Like the well-studied phosphorylation of eIF2 by eIF2 kinases (Dever et al., 1992), this would prevent binding of the initiator methionyl-tRNA to eIF2 and thus reduce translation initiation (Rodnina and Wintermeyer, 2009). On the other hand, the downregulation of Ola1 upon stress conditions (Sun et al., 2010) would increase translation initiation and attenuate the integrated stress response (ISR) (Chen et al., 2015; Pakos-Zebrucka et al., 2016). Consequently, the survival of stressed cells would be stimulated (Chen et al., 2015). Although this provides a tentative model for Ola1 function in humans, bacteria lack an eIF2 analog and the molecular mechanisms of translation initiation in bacteria and eukaryotes are significantly different (Rodnina et al., 2007; Rodnina and Wintermeyer, 2009).

A unifying concept for the evolutionary conservation of YchF/Ola1 proteins is thus still missing, which is why we further explored the function of YchF in the bacterial stress response.



MATERIALS AND METHODS


Strains, Plasmids, and Growth Conditions

Escherichia coli BW25113 and BL21 were used as wild-type E. coli strains and were routinely grown on LB (Lysogeny broth) medium at 37°C. The E. coli strain JW1194 (ΔychF::km) was provided by NBRP (NIG Japan) and grown on LB medium supplemented with 25 μg/ml kanamycin. The kanamycin cartridge of JW1194 was removed by FLP-mediated excision (Datsenko and Wanner, 2000), resulting in strain JW1194 (KmS). The conditional Ffh-depletion and FtsY-depletion strains Wam113 and IY28 have been described previously (Koch et al., 1999; Bürk et al., 2009). Strains carrying pBadYchF plasmids (Hannemann et al., 2016) were supplemented with 50 μg/ml ampicillin and strains carrying pSUP-BpaRS-6TRN or pEVOL (Chin et al., 2002; Ryu and Schultz, 2006) for in vivo cross-linking were supplemented with 35 μg/ml chloramphenicol. The pBad-YchF(N20pBpa)Strep variant was constructed by PCR using the pBAD-YchF(N20pBpa)His construct as template and the following primer YchFstrep-Fw: 5′-CCCGCAGTTCGAAAAATGAGATCCGGCTGCTAACAAAG CC-3′ and YchFstrep-Rv: 5′-TGGCTCCACGCCGAGACGTTG AAAAGGAAGTTCATCACATCG-3′. A pBadYchF-GFP-reporter plasmid was constructed via PCR cloning, fusing the C-terminus of YchF to GFP. Site-directed mutagenesis of pBadYchF for inserting TAG stop-codons was performed using inverse PCR and the Phusion High Fidelity PCR master mix New England Biolabs (NEB), Frankfurt, Germany. The katG gene was amplified from E. coli chromosomal DNA using the oligonucleotide primer KatG-fw (5′-ACATTGGGTCTCG-TATCATTACAGCAGGTCGAAACG-GTC-3′) and KatG-rev (5′-ACATTGGGTCTCAGCGC-CAT GAGCACGT-CAGACGAT-3′). The PCR product and the vector pASK17+ (IBA, Germany) were digested with BsaI, ligated and transformed into E. coli BL21. The PychF-GFP-reporter plasmid pGHS201 was obtained from the E. coli promoter collection [General Electric (GE)-Healthcare-Horizon, Lafayette, USA]. The plasmid pQE30infC was provided by T. Ueda (Tokyo University, Japan) (Shimizu and Ueda, 2010) and was co-expressed with the plasmid pRep4 (Qiagen, Germany) to control expression. For MazF-production, the plasmid pSA1 was used, which allows IPTG-dependent expression of mazF (Vesper et al., 2011). For monitoring translation of canonical and leaderless mRNAs, either the IPTG-inducible plasmids pMS2_512 and pMS2_53 (provided by Isabella Moll, University of Vienna, Austria) (Oron-Gottesman et al., 2016) or the arabinose-inducible plasmids pMG991 and pMG999 (provided by Frederica Briani, Università degli Studi di Milano, Italy) (Raneri et al., 2015) (Supplementary Material) were used. The coding sequences of the GFP-reporter of pMG991 and pMG999 were subcloned into the pCDFDuett vector (Novagen, Germany) by Gibson assembly using the following primer: pCDFDuet_frw: 5′-GGC AGC AGC CAT CAC CAT CAT C-3′; pCDFDuet_rev: 5′-CATGGTATATCTCCTTATTAAAGTT-AA ACAAAATTATTTC-3′; pMG_991_frw: 5′-CTTTAATAAGGA GATATACCATGACAGG-AGTAAAAATGGCTATCG-3′; pMG _991/999rev: 5′-TGATGGTGATGGCTGCTGCCCT-ATTTGT ATAGTTCATCCATGCC-3; pMG_999_frw: 5′-CTTTAATA AGGAGATATACCA-TGAGCACAAAAAAGAAACCATTAAC-3. The linear DNA of the vector was amplified from 10 ng, the isolated pCDFDuet using Q5 Polymerase Kit and using 10 μM of each primer. The obtained PCR product was DpnI-digested to remove the template. Using the same strategy, the fragments from pMG_991 and pMG_999 were amplified. The DNA fragments were assembled via Gibson assembly and the obtained plasmids pCDF-991 and pCDF-999 were verified by sequencing.



Growth Analyses

Escherichia coli cells were grown overnight, diluted 1:100 in liquid LB medium and further incubated until they reached an OD600 of 0.5–0.8. These cells were then used for sensitivity assays by the following methods:

(A) Spot assay: The culture was adjusted to an OD600 of 0.5 and serially diluted. Twenty microliters of each dilution were spotted onto LB plates, supplemented with the corresponding stressor. After 20 h incubation at 37°C, the plates were analyzed.

(B) Cell viability assay: Cells were adjusted to an OD600 of 0.5 and diluted 1:10 in phosphate-buffered saline (PBS) before treatment with 10 mM H2O2 in PBS for 50 min at 25°C; control cells were treated with PBS. Subsequently, cells were harvested by centrifugation and washed with PBS and resuspended in 1 ml PBS. One hundred microliters of this cell culture was transferred to a 96-well plate and 100 μl of the BacTiter-Glo Microbial cell viability assay solution (Promega Corporation, Mannheim, Germany) was added. The luminescence of H2O2-treated wild-type cells was set to 100%.

For determining the E. coli cell length, overnight cultures were 1:100 diluted in fresh LB medium and grown to an OD600 of 0.5. The culture was then split into two cultures and after a further incubation for 1 h at 37°C, one culture was supplemented with 200 mM hydroxyurea, followed by a further incubation for 4 h at 37°C. The other culture served as control. Two-eight microliters of these cultures were then fixed on a microscope slide with 0.7% agarose and covered with a cover slide. Cells were then microscopically analyzed using an Olympus BX51 microscope with a numerical aperture of 1.4, an F-View charge-coupled device (CCD) camera and the cell∗F software (Olympus, Hamburg, Germany). Cell length of at least 400 individual cells was determined using the ImageJ-software.1 Data analyses were performed using Microsoft-Excel and GraphPad Prism 8.



Competition Experiments Between Wild-Type and ΔychF Strains

Wild-type E. coli BW25113 and the ΔychF (KmR) strain were inoculated from a single colony into 10 ml LB medium or LB + Km and incubated overnight at 37°C. From each culture, 5 × 108 cells were used to inoculate 100 ml LB medium without antibiotics and incubated at 37°C with continuous shaking (180 rpm). At distinct time points, samples were removed and OD600 was determined. The samples were pelleted at 4,200 rpm for 10 min in a tabletop centrifuge, the cell pellet was resuspended in PBS-buffer and diluted to an OD600 of 0.1, corresponding to approximately 5 × 107 cells/ml. By serial dilutions, the cell number was adjusted to 5 × 103 cells/ml and 10 and 20 μl of this cell suspension were plated on LB-Agar plates ± Km. After incubation overnight at 37°C, the number of colonies (CFU, colony forming units) on the LB plate and the LB + Km plate were counted.



SDS-Polyacrylamide Gel Electrophoresis (SDS-PAGE) and Western Blot Analyses

Samples were denatured at 95°C for 10 min. Samples for nonreducing SDS-PAGE were resuspended in DTT-free 4x Laemmli loading buffer (278 mM Tris-HCl, pH 6.8, 44.4% glycerol, 4.4% SDS,.02% bromophenol blue). Reducing loading buffer contained fresh DTT at a final concentration of 25 mM.

For western blot analyses, the proteins were blotted onto nitrocellulose membranes (GE Healthcare, Lafayette, United States). α-YchF antibodies were raised in rabbits against the peptide VNEDGFENNPYLDQC. KatG antibodies were obtained from Agrisera, Vännas, Sweden and the LexA antibody from Active Motif, La Hulpe, Belgium. Antibodies against YidC were raised against the purified protein (Koch et al., 2002). Antibodies against Pth were received from Gabriel Guarneros, Mexico City, Mexico; antibodies against the ribosomal proteins from Richard Brimacombe, Max Planck Institute for Molecular Genetics, Berlin, Germany; antibodies against IF3 from Isabella Moll, Vienna, Austria; and antibodies against MazF from Irina Marianovsky, Hebrew University of Jerusalem, Israel. A horseradish peroxidase-coupled secondary antibody was used for detection; blots were incubated for 1 min with homemade Enhanced Chemiluminescence (ECL) reagent and signals were detected by a CCD camera. Horseradish peroxidase (HRP)-coupled goat anti-rabbit or sheep anti-goat antibodies from Caltech Laboratories were used as secondary antibodies and homemade ECL reagent was used as detection substrate.



Protein Purification

To purify N- or C-terminally His-tagged YchF or its pBpa-containing variants, BL21 was grown to an OD of 0.6–0.8 and induced with arabinose (pBad24-YchF 0.002%; pSUP 0.01%; pEVOL 0.02%) or 1 mM IPTG (pQE30infC+pRep4). After 3 h at 37°C, cells were harvested and resuspended in HKM buffer [25 mM HEPES (4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid), pH 7.1, 200 mM KCl2, 10 mM MgCl2, 5% glycerol]. Complete protease inhibitor mixture (Roche, Germany) and phenylmethylsulfonylfluorid (PMSF), with final concentration 1 mM, were added. Cells were lysed three times by Emulsiflex C3 (Avestin) and cell debris was removed by centrifugation (30 min, 15,500 rpm, Thermo Scientific F21 rotor). The supernatant was mixed with HKM (+5 mM imidazole)-equilibrated Talon beads (Clontech) and incubated at 4°C for 1 h. The Talon beads were washed five times with 3 ml, 5 mM imidazole in HKM buffer and proteins were eluted with 200 mM imidazole in HKM buffer. Eluted proteins were buffer-exchanged using dialysis (Spectra/PorTM, MWCO 12–14 kDa) against HKMD buffer (25 mM HEPES, pH 7.1, 100 mM KCl2, 7 mM MgCl2, 10% glycerol) at 4°C before storage at –80°C.

KatG was purified via the N-terminal strep tag from E. coli BL21. The BL21 + pAsk17+KatG cells were cultured until OD600 of 1 and then induced with 200 μg/l anhydrotetracycline for 1 h. The cells were harvested by centrifugation at 5,000 rpm for 10 min at 4°C, resuspended in Buffer W (10 mM Tris-HCl pH 8; 150 mM NaCl, 1 mM EDTA) and lysed using a French pressure cell for three passages at 8,000 psi. To prevent degradation, 0.5 mM PMSF and 1× Complete protease inhibitor cocktail were added before French pressing. After centrifugation at 15,500 rpm, at 4°C for 30 min, the obtained S30 extract was loaded on a pre-equilibrated (2 ml buffer W) 1 ml strep-Tactin column (IBA, Germany). The column was washed by adding 5× 1 ml Buffer W. The protein was eluted with 3.5 ml buffer E (Buffer W + 2.5 mM desthiobiotin). Buffer was exchanged to 20 mM Tris-HCl pH 7.5 by PD-10 columns (GE Healthcare, Lafayette, United States). Purification of the Strep-tagged YchF followed the same protocol, with the exception that YchF production was induced by 0.002% arabinose.

High salt-treated ribosomes were purified via sucrose-gradient centrifugation as described previously (Bürk et al., 2009).



Catalase Assay

KatG catalase activity was measured by monitoring its dismutation reaction 2 H2O2 + catalase → 2 H2O + O2. Purified KatG (4 μM final concentration) and when indicated, equimolar amounts of purified YchF, were incubated at 37°C for 20 min in 20 mM Tris-HCl, pH 7.5, and were injected into a sealed chamber to which after 1 min, 1 mM H2O2 was added. Oxygen release in the reaction chamber was monitored by a fiber optic oxygen meter (Fibox 3; PreSens GmbH, Regensburg, Germany) at 28°C and recorded by the OxyView 3.5.1 software (PreSens GmbH). The oxygen meter was calibrated with 1 ml, 1 mM H2O2 in 20 mM Tris-HCl, pH 7.5, with or without sodium dithionite before measurement.



GFP-Reporter Assays

For monitoring the PychF-GFP expression, cells were grown on M63 minimal media and at the indicated time points, 108 cells were serially diluted in a black 96-well microplate with the transparent bottom (Greiner, Germany). Fluorescence was monitored at 510 nm after excitation at 380 nm using an Infinite M200 reader or the Spark plate reader (Tecan, Germany). The optical density of the culture was monitored in parallel by measuring optical density (OD) at 600 nm.

For monitoring the translation of canonical or leaderless mRNA, 10 × 108 cells of a pre-culture were centrifuged at room temperature for 10 min at 5,000 rpm and resuspended in 500 μl M63 medium. Fifty microliter each of this sample were transferred into 10 separate tubes containing 5 ml M63 medium each. Cells were grown at 37°C and 180 rpm for 3 h (OD600 ∼0.4) and gfp-expression was induced by adding 1 mM IPTG or 0.2% arabinose. Two × 100 μl sample before and 2 h after induction of each tube were transferred into a black 96-well microplate with the transparent bottom (Greiner, Germany). Fluorescence was monitored at 535 nm after excitation at 485 nm using an Infinite M200 reader or the Spark plate reader (Tecan, Germany). The signal-to-background ratio (S/B) of each measurement was calculated by dividing the OD-normalized fluorescence signal after induction by the OD-normalized fluorescence signal before induction. For monitoring GFP fluorescence in the presence of Kasugamycin, cell cultures were incubated for 3 h, and then Kasugamycin was added, followed by 1 h incubation at 37°C. Expression of gfp was then induced and samples were processed as described above. For measuring GFP fluorescence of strains carrying pCDF-991 or pCDF-999, cells were grown on LB medium in the presence 0.002% arabinose and at OD600 = 0.4, the reporter plasmids were induced with 1 mM Isopropyl-β-D-thiogalactopyranosid (IPTG) and cells were grown for 90 min. Cells were harvested, washed in PBS, and resuspended in PBS. Samples were then processed as described above.



In vivo Site-Directed Cross-Linking

Escherichia coli cells carrying pSUP-BpaRS-6TRN or pEVOL, and pBadYchF or its pBpa-containing derivatives, were grown overnight and used for the inoculation of 400 ml LB. After which, 0.5 mM pBpa in 1 M NaOH was added, and cells were grown at 37°C to an OD of 0.6–0.8 before they were induced with 0.002% arabinose. Cells were harvested after 3 h of growth and resuspended in 8 ml PBS buffer. Half of the sample was transferred into a six-well-microtiter plate and treated with UV-light [0.12 J/cm2) (UV Transilluminator Vilber Lourmat BLX-365 (Vilbert Lourmat, Eberhardszell, Germany)] for 20 min. The other half was protected against UV light. YchF was then purified from UV-exposed and control cells following the protocol described above.



Ribosome Profiles

Escherichia coli cell cultures with a measurement of 1,000 ml were inoculated 1:100 from an overnight pre-culture and grown at 37°C. At an OD600 of 0.6 the culture was induced with arabinose (pEVOL: 0.02%; pSUP/pBad: 0.002%) or 1 mM IPTG. The cells were harvested at an OD600 of 1–1.2, and resuspended in CTF buffer (50 mM TEA, pH 7.5; 10 mM Mg-acetate, 5 mM K-acetate). Cells were lysed three times by Emulsiflex C3 (Avestin) and cell debris was removed by centrifugation (30 min, 15,500 rpm, Thermo Scientific F21 rotor). One hundred microliters of the supernatant was separated on a 20–50% sucrose density gradient (UltraPure Sucrose, Roth, Karlsruhe, Germany) in a swing-out rotor (JS-24.15, Beckman-Coulter) for 17 h at 29,000 rpm and 4°C. Samples were then fractionated and the RNA content per sample was simultaneously monitored via an UV detector at 256 nm. When indicated the fractionated samples were pooled according to the UV profile into the 30 S, 50 S, and 70 S fractions and stored at −80°C.



Pulse Chase Experiments

Wild type and the ΔychF strain were grown in M63 minimal medium (20 g/l glycerol; 13.6 g/l KH2PO4, 2 g/l (NH4)2SO4, 0.5 mg/l FeSO4, 200 mg/l MgSO4; 0.1 mM 18 amino acids, 0.025 mg/ml Thiamin) at 37°C after inoculation to a final OD600 of 0.2. At an OD600 of 0.3–0.4, MazF production was induced by the addition of 1 mM IPTG. After 1 h of induction, 1 × 108 cells of each strain were harvested and resuspended in 2 ml M63 minimal medium containing 18 amino acids. Subsequently, 2 μl of 35S-labled methionine/cysteine labeling mix (Perkin Elmer, United States) were added and cells were further incubated with continuous shaking at 37°C. At indicated time points, 100 μl of cells were directly pipetted into 100 μl cold 10% trichloroacetic (TCA) solution. The proteins were precipitated for at least 30 min on ice and then centrifuged at 13,000 rpm and 4°C for 15 min. Each TCA pellet was resuspended in 25 μl loading dye and the sample was loaded on 5–15% gradient SDS-PAGE. Labeling was analyzed by phosphor-imaging of the dried gels by either the STORM 845 imager (GE Healthcare, Lafayette, United States) or the Typhoon TLA 7,000 imager (GE Healthcare) using the software ImageQuant.



Mass Spectrometry

Samples for liquid chromatography-tandem mass spectrometry (LC-MS/MS) analyses were separated by SDS-PAGE. Following visualization of proteins with colloidal Coomassie Blue, gel lanes were cut into 13 slices and proteins were in-gel digested using trypsin as previously described (Peikert et al., 2017). Separation of peptides and MS analysis were performed using Ultimate 3,000 RSLCnano systems (Thermo Fisher Scientific, Dreieich, Germany), equipped with PepMap C18 precolumns (Thermo Scientific; length: 5 mm; inner diameter: 0.3 mm; loading flow rate: 30 μl/min) and Acclaim PepMap analytical columns (Thermo Scientific; length: 500 mm; inner diameter: 75 μm; particle size: 2 μm; packing density: 10 nm; flow rate: 0.25 μl/min) coupled online to an Orbitrap Elite mass spectrometer (Thermo Fisher Scientific, Bremen, Germany). Peptides were washed and concentrated on pre-columns and peptide separation was performed using a gradient of solvent A (4% DMSO; 0.1% FA) and solvent B (48% MeOH; 30% ACN; 4% DMSO; 0.1% FA). Separation and elution of peptides were performed using a multistep gradient of solvents A and B starting with 1% solvent B for 5 min followed by 1–65% B in 30 min, 65–95% B in 5 min, and 5 min at 95% B.

Mass spectrometry instruments were operated in data-dependent mode. Parameters were as follows: acquisition of full MS scans in the range of m/z 370–1,700; resolution of 120,000 at m/z 400; automatic gain control (AGC) of 1 × 106 with a maximum allowed ion accumulation time (IT) of 200 ms; fragmentation of the 15 most abundant precursor ions with charge states ≥+2 (TOP15) by collision induced dissociation (CID); normalized collision energy of 35%; activation q of 0.25; activation time of 10 ms; AGC for MS/MS scans of 5 × 105; IT of 150 ms; signal threshold of >2,500; dynamic exclusion time of 45 s.



MS Data Analysis

Mass spectrometric raw data were processed using MaxQuant (version 1.5.5.1) (Cox and Mann, 2008) and its integrated search engine Andromeda (Cox et al., 2011). MS/MS data of YchF(N20pBpa) cross-linking experiments were searched against the E. coli-specific database from UniProt (release 2017_1). Database searches were performed with tryptic specificity and a maximum number of two missed cleavages. Mass tolerances were set to 4.5 ppm for precursor ions and 0.5 Da for fragment ions. Carbamidomethylation of cysteine residues was considered as fixed modification, and oxidation of methionine and N-terminal protein acetylation were set as variable modifications. The options “match between runs” and “iBAQ” were enabled. Proteins were identified with at least one unique peptide and a false discovery rate of 0.01 on both peptide and protein level. For the analysis of site-directed in vivo photo cross-linking experiments of YchF(N20pBpa), iBAQ intensities were used.



RESULTS


YchF Is Involved in Regulating Multiple Stress Conditions

Previous data showed increased resistance of the ΔychF strain against oxidative stress, induced by either H2O2 (Figure 1A and Supplementary Figure 1) or diamide, while YchF-overproducing cells were hypersensitive to oxidative stress (Wenk et al., 2012; Hannemann et al., 2016).
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FIGURE 1. YchF is involved in regulating multiple stress responses in E. coli. (A) E. coli wild-type cells or the ΔychF strain were inoculated in LB medium and grown to OD600 of ∼0.5 before serial dilution in LB medium. Of each dilution, 10 μl cell suspensions were spotted onto LB plates containing 2 mM H2O2 or 150 μg/ml fusidic acid when indicated. Cell growth was analyzed after overnight incubation at 37°C. (B) As in A, but cells were incubated on plates containing 7 mM hydroxyurea (HU) and 0.002% arabinose under aerobic and anaerobic conditions. ΔychF + pBadYchF refers to the deletion strain carrying a plasmid-encoded ychF copy under the control of the arabinose promoter. (C) The indicated strains were grown on LB medium or LB medium with 7 mM mM HU and analyzed microscopically. ImageJ was used to determine the cell length of at least 400 individual cells. Values are shown as a box plot, in which the box reflects 75% of all measured values and the line inside of the box the mean value. The dots reflect values outside of the 95% confidence interval. The p-value was determined by a double t-test and (****) corresponds to p < 0.0001. n.s. not significant. (D) Equal numbers of wild-type and ΔychF(KmR) cells were inoculated in LB medium as co-culture and at the indicated time points the number of colony forming units (CFU) on LB and LB-Km plates were determined. The mean values of n ≥ 3 experiments are shown and the error bars represent the standard error of the means (SEM). (E) 108 cells of the indicated strains grown on LB medium in the presence of 0.002% arabinose were precipitated with 10% trichloroacetic acid (TCA) and the pellet was separated by SDS-PAGE, and after western transfer analyzed with antibodies against Pth and YchF. Representative images/gel blots of at least three independent experiments are displayed.


In vivo, YchF was shown to interact with catalase KatG by site-directed cross-linking/mass spectrometry, while cell extracts of YchF overproducing strains showed reduced catalase activity (Wenk et al., 2012; Hannemann et al., 2016). YchF was therefore suggested to function as a potential catalase inhibitor (Wenk et al., 2012). This was further analyzed by measuring KatG activity in vitro in the presence of purified wild-type YchF and YchF mutant variants. The KatG activity was unchanged in the presence of wild-type YchF (Supplementary Figure 2A). Immune detection revealed only a minor reduction of the in vivo steady-state amounts of KatG when YchF was overproduced (Supplementary Figure 2B). In E. coli, YchF is phosphorylated at serine residue 16 (Macek et al., 2008) and forms ATPase-deficient dimers upon oxidative stress (Hannemann et al., 2016). Therefore, KatG activity was also tested in the presence of the purified dimerization-deficient YchF variant YchF(C5/C35) (Hannemann et al., 2016), the phosphorylation-deficient YchF (S16A), the phospho-mimetic YchF (S16E), and the ATPase-deficient YchF(P11/N12) variants (Wenk et al., 2012), but no significant reduction of KatG activity was observed (Supplementary Figure 2C). Thus, the H2O2 hypersensitivity of the ychF overproducing strain and the increased H2O2 resistance of the ΔychF strain are apparently not caused by changes in the KatG activity or its steady-state amounts.

Whether YchF has a more global impact on stress resistance in E. coli was tested by subjecting the ΔychF strain to additional stress conditions. The ΔychF strain exhibited also resistance against fusidic acid, an inhibitor of elongation factor G (EF-G; Rodnina and Wintermeyer, 2016; Figure 1A) and against hydroxyurea (HU), an inhibitor of ribonucleotide reductase (Spivak and Hasselbalch, 2011) (Figure 1B). HU resistance of the ΔychF strain was not observed in the presence of an ectopic copy of ychF, demonstrating that resistance is linked to cellular YchF levels. However, it is important to note that the arabinose-induced production of YchF was not always completely uniform in all cells as monitored by a pBadYchF-GFP-reporter plasmid and therefore complementation assays were always controlled by western blotting. HU resistance was only observed under aerobic, but not under anaerobic conditions (Figure 1B). This is explained by the expression of the HU-resistant alternative ribonucleotide reductase NrdD under anaerobic conditions (Reichard, 1993; Fontecave et al., 2002). Inhibition of ribonucleotide reductase by HU prevents cell division and results in elongated E. coli cells (Renggli et al., 2013). Analyzing cell length of HU-treated wild-type and ΔychF cells showed filamentous growth of the wild type, but normal cell morphology of the ΔychF strain (Figure 1C).

While the absence of YchF confers a selective advantage when cells encounter stress conditions, the lack of YchF reduces fitness under non-stress conditions. This was determined by performing competition experiments between the wild type and the ΔychF strain. In this experiment, a KmR ΔychF strain was used, while the other experiments were performed with a KmS ΔychF strain. An equal cell number of the wild type and the ΔychF strain were used to inoculate an LB liquid culture and after different time points of co-culture, samples were spotted onto LB and LB + Km plates for determining the colony forming units (CFU). In these experiments, wild-type E. coli cells rapidly out-competed the ΔychF cells (Figure 1D), indicating that the presence of YchF is important for competitive growth under non-stress conditions.

YchF in E. coli is co-transcribed with pth, which encodes the essential peptidyl-tRNA hydrolase (Cruz-Vera et al., 2002) and we therefore analyzed whether the deletion of ychF influenced the cellular Pth levels. However, there was no detectable difference in the Pth amounts between wild type and the ΔychF strain (Figure 1E). Only in ΔychF +pBadYchF cells was there an increase of Pth observed, which is in line with the reported stabilization of pth mRNA by the ychF transcript (Cruz-Vera et al., 2002). In summary, the absence of YchF results in an unusual gain-of-function phenotype that promotes cell survival under oxidative, translational, and replication stress.



YchF Expression Is Growth Phase Dependent and Reduced Upon Stress Conditions

Many stress-response pathways in E. coli are growth-phase dependent and therefore expression of ychF was monitored by fusing the ychF promoter to the GFP coding sequence and following GFP fluorescence in whole cells grown in M63 minimal media. The highest fluorescence was detected during the lag phase with a gradual decrease over time that reached background fluorescence in the mid-stationary growth phase (Figure 2A). The decrease of ychF expression was validated by immune detection, which showed that YchF levels decreased after approximately 6 h and were undetectable after approximately 50 h (Figure 2B and Supplementary Figure 3). As a control protein, levels of the inner membrane protein YidC were determined, which showed a much slower decrease and were detectable even after 50 h in significant amounts (Figure 2B and Supplementary Figure 3).
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FIGURE 2. Growth-phase and stress-dependent downregulation of YchF. (A) Wild-type E. coli cells containing the green fluorescent protein (GFP) under control of the endogenous ychF promoter on a low-copy plasmid were grown on M63 minimal liquid medium, and the optical density (OD600) and GFP-fluorescence were monitored over time. The values shown represent the mean values of three independent experiments and the error bars indicate the standard error of the means (SEM). (B) At the indicated time points, 108 cells of the culture in A were precipitated with 10% TCA and the pellet was separated by SDS-PAGE, and after western transfer analyzed with antibodies against YchF and YidC, which served as a control. Representative gel blots of at least three independent experiments are displayed and a quantification is shown in Supplementary Figure 3. (C) The conditional Ffh-depletion strain Wam113 and the conditional FtsY-depletion strain IY28 were grown on LB medium in the presence of 0.05% arabinose (Ffh+/FtsY+) or 0.5 % fructose (Ffh– /FtsY–) for at least 3 h. A group of 5 × 108 cells of the cultures were then precipitated with 10% TCA and the pellet was separated by SDS-PAGE, and after western transfer analyzed with antibodies against YchF, Ffh/FtsY, and against the ribosomal protein uS2.


In E. coli, the steady-state levels of YchF are reduced when cells encounter oxidative stress and it was shown that the promoter region of ychF contains a typical binding motif for OxyR (Wenk et al., 2012), the main transcriptional regulator of the peroxide-induced stress response (Storz and Imlay, 1999). Whether the YchF levels are also reduced when E. coli encounters different stress conditions was analyzed in E. coli strains depleted for Ffh, the essential protein subunit of the bacterial signal recognition particle (SRP) or FtsY, the essential SRP receptor (Dalbey et al., 2017; Steinberg et al., 2018). Depletion of either Ffh or FtsY induces a multifaceted stress response that changes the cellular levels of many stress response proteins (Bernstein and Hyndman, 2001; Bürk et al., 2009; Wickstrom et al., 2011). When Ffh was depleted, a concomitant reduction of YchF was observed by western blotting and a similar YchF reduction was observed upon FtsY depletion (Figure 2C). In contrast, the levels of the ribosomal protein uS2 were not significantly changed. In summary, these data support a growth phase- and stress-dependent downregulation of YchF in E. coli. Furthermore, this indicates that stress-dependent downregulation is a conserved feature of the YchF/Ola1 protein family (Sun et al., 2010; Wenk et al., 2012; Chen et al., 2015).



YchF Does Not Influence Steady-State Amounts of Ribosomes or Their Assembly

Modulation of protein synthesis is a common response to cellular stress and decreasing protein synthesis by reducing the cellular ribosome concentration or by inhibiting ribosome activity is frequently observed (Bürk et al., 2009; Yoshida et al., 2009; Dai et al., 2016). In addition, the formation of dedicated ribosomes involved in synthesizing protective proteins has emerged as a new paradigm of the stress response (Moll and Engelberg-Kulka, 2012; Sauert et al., 2015). We therefore analyzed whether the steady-state amounts of ribosomes were influenced by the cellular YchF levels. Wild-type E. coli cells, and the ΔychF strain and the ΔychF strain expressing a plasmid-borne copy of ychF, were grown to mid-exponential phase and directly precipitated by TCA. After SDS-PAGE and western blotting, the membrane was analyzed with antibodies against ribosomal proteins uL22 of the 50 S ribosomal subunit and uS2 of the 30 S ribosomal subunit. There were no significant differences in the amount of uL22 or uS2 (Figure 3A), indicating that the three investigated strains contained comparable amounts of the large and the small ribosomal subunit. LexA, which is involved in DNA damage control (Baharoglu and Mazel, 2014), served as a loading control. The possible influence of YchF on ribosome assembly was further tested by obtaining ribosome profiles of the different strains after sucrose density centrifugation. Neither the deletion of ychF nor its overproduction significantly changed the occurrence of the 30 S, 50 S, and 70 S ribosomal fractions (Figure 3B and Supplementary Figure 4).
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FIGURE 3. YchF does not influence the stability or assembly of ribosomes. The steady state amounts of ribosomes were analyzed in cell extracts of the indicated strains. Cells were grown on LB medium, harvested, and lysed by a French pressure cell. Expression of the plasmid-encoded ychF (pBadYchF) was induced with 0.002% arabinose. After determining the protein concentration in the crude cell extracts, equal amounts of protein were separated by SDS-PAGE and after western transfer, analyzed with antibodies against YchF, uL22, uS2, and LexA. (B) The crude cell extracts shown in panel (A) were subjected to sucrose-gradient density centrifugation (20–50% sucrose) and the individual ribosomal fraction was monitored at 256 nm for ribosomal RNA. Indicated are the 30 S, 50 S, 70 S ribosomal fractions. (C) As in panel (A), but cells were treated with 20 mM H2O2 for 30 min at 37°C before harvesting. (D) As in B, the cell extracts of H2O2 treated cells were subjected to sucrose-gradient centrifugation and the 30 S, 50 S, 70 S, and 90/100 S ribosomal fractions are indicated. A quantification of three independent experiments is shown in Supplementary Figure 4.


When cells were subjected to oxidative stress induced by H2O2, there was also no detectable difference in the amounts of ribosomal proteins (Figure 3C). The ribosome profiles of H2O2-treated cells were also not influenced by the cellular YchF content (Figure 3D and Supplementary Figure 4). Upon H2O2 treatment, an additional small peak was detected in all three strains (Figure 3D), which likely corresponds to the 90 S/100 S ribosomal fraction. This fraction is assigned to inactive 70 S dimers, which are transiently formed upon exposure to stress conditions (Bürk et al., 2009; Starosta et al., 2014). In conclusion, although YchF has been shown to interact with ribosomes (Tomar et al., 2011; Becker et al., 2012) and belongs to the Obg family of GTPases, which include many ribosome assembly factors (Verstraeten et al., 2011), we found no evidence that YchF influences the assembly or steady-state amounts of ribosomes in E. coli under stress or non-stress conditions.



YchF Preferentially Interacts With the Small Ribosomal Subunit

Ribosome binding of YchF/Ola1 has been demonstrated in different species (Olinares et al., 2010; Tomar et al., 2011; Becker et al., 2012; Chen et al., 2015), but the exact binding site of YchF on the ribosome is still under debate. For further analyses, ribosomal fractions of wild-type cells (Figure 3B) were analyzed by immune detection with α-YchF antibodies. Endogenous YchF was weakly detectable only in the 30 S ribosomal fraction (Figure 4A). The low ribosome occupancy of YchF is in line with its cellular concentration of approximately 3 μM (Becker et al., 2012), which is more than 10-fold lower than the cellular ribosome concentration (Kudva et al., 2013). In ribosomes from cells expressing a plasmid-borne ychF copy (Figure 3B), YchF was more readily detectable and enriched in the 30 S ribosomal fraction (Figure 4A), but also detectable in the 50 S, 70 S, and polysomal fractions. The less specific ribosome interaction of the plasmid-encoded YchF could reflect the moderate overproduction of YchF (Figure 3A). In addition, the presence of the N-terminal His-tag in YchF could favor unspecific interactions with the negatively charged ribosomal surface, in particular at lower pH values.


[image: image]

FIGURE 4. YchF preferentially binds to the 30 S ribosomal subunit. (A) The pooled 30 S, 50 S, and 70 S ribosomal fractions from wild-type cells or wild-type cells expressing a plasmid-borne copy of ychF (pBadYchF, induced with 0.002% arabinose) as shown in Figure 3, were analyzed by immune-detection with α-YchF antibodies. P correspond to the polysomal fractions and * indicates an unspecific band that is detected by the α-YchF antibody. Representative blots of several independent experiments are shown. (B) Crystal structure of Haemophilus influenzae YchF (pdb: 1JAL). The positions where para-benzoyl-L-phenylalanine (pBpa) was incorporated for in vivo site-directed cross-linking using the E. coli numbering, are indicated in red. (C–E) Cells expressing either wild-type (wt) YchF or YchF with pBpa incorporated at the indicated position were induced with 0.002% arabinose and UV exposed when indicated or kept in the dark. Cells were lysed and fractionated, and YchF and its potential cross-link partners were enriched by a single metal-affinity chromatography step. After SDS-PAGE and western blotting, the membrane was analyzed with α-YchF antibodies. Representative blots of at least three independent experiments are shown.


For analyzing the ribosome interaction of YchF further and for obtaining a more detailed view on the interaction surface between ribosomes and YchF, we executed an in vivo site-directed cross-linking approach. Site-directed in vivo photo-cross-linking was performed with para-benzoyl-L-phenylalanine (pBpa), an UV-sensitive amino acid derivative (Ryu and Schultz, 2006). pBpa can be specifically incorporated at amber stop-codon positions in the presence of a plasmid-borne orthogonal amino-acyl-tRNA synthetase/tRNACUA pair. The insertion of pBpa at different surface-exposed positions of YchF (Figure 4B) did not interfere with the YchF–ribosome interaction. This was tested for the YchF(N20pBpa) variant, which contained pBpa at position 20, close to the ATP binding site (Figure 4B). Sucrose gradient centrifugation demonstrated that YchF(N20pBpa) was preferentially found in the 30 S fraction, and to a lower extent also in the 50 S and 70 S fractions (Supplementary Figure 5).

Cells producing different pBpa-containing variants of YchF were exposed to UV-light for inducing potential cross-links, and then YchF and its cross-linked partner proteins were subsequently enriched by metal affinity chromatography. Cells producing wild-type YchF without pBpa, and cells that were not UV exposed, served as controls. UV exposure of wild-type cells did not result in any additional bands (Figure 4C), while UV exposure of YchF(N20pBpa)-producing cells resulted in several UV-dependent cross-linking products (Figure 4C). The most prominent products migrated at approximately 60 kDa, and between 100 and 130 kDa, but also several minor UV-dependent bands were detectable. In comparison, the other pBpa-containing YchF variants revealed only a few UV-specific cross-linking products (Figures 4C–E), demonstrating that in particular the N-terminal ATPase-domain of YchF is involved in protein-protein contacts. In all pBpa-containing YchF variants, a UV-independent band below the 100 kDa marker band was detected (Figures 4C–E), which likely reflects the YchF dimer that was reported previously (Hannemann et al., 2016), but this was not analyzed further.

Considering the preferred interaction of YchF with the 30 S ribosomal subunit, the enriched pBpa-containing variants were analyzed by immune detection using antibodies against proteins of the 30 S subunit that have been linked to the initiation and elongation cycle of the ribosome, like the ribosomal protein uS5. uS5 is located in the center of the 30S subunit and proposed to be involved in translational fidelity (Berk and Cate, 2007). Antibodies against the uS5 protein detected a UV-dependent band at approximately 60 kDa in YchF(N20pBpa), which is in line with the predicted mass of a cross-link between uS5 (17 kDa) and YchF (40 kDa) (Figure 5A). The antibodies also recognized free uS5 in the purified YchF material, suggesting that ribosomes—or at least uS5—co-purify with YchF on metal-affinity chromatography. Sucrose-gradient purified ribosomes served as a control for detecting free uS5 (Figure 5A, “R”). In the purified ribosomes, a weak band migrating below the predicted YchF-uS5 cross-linking product was also detectable. Furthermore, the uS5 antibodies also cross-reacted with purified YchF, which is probably caused by the high amount of purified YchF loaded onto the gel. The purified YchF sample from UV-treated cells and control cells were also analyzed by MS, which identified uS5 in the UV-treated but not in the UV-free control samples (Figure 5C, left panel). Only gel areas above 40 kDa were analyzed by MS, therefore the co-purifying uS5 was not detected in this analysis. YchF variants with pBpa inserted into the helical domain (residues R146 and A160, Figure 4B) were also analyzed with α-uS5 antibodies, but the α-uS5 antibodies detected no UV-dependent bands (Figure 5A), further demonstrating that it is, in particular, the N-terminus of YchF that interacts with the ribosome.
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FIGURE 5. YchF binds to the ribosomal proteins uS5 and uS8. (A,B) The material described in Figure 4 was analyzed with antibodies against the ribosomal proteins uS5 and uS8. High-salt-treated purified ribosomes (R) were loaded as a control. Representative blots of at least three independent experiments are shown. (C) The gel lane of YchF(N20pBpa) was further analyzed by mass spectrometry after cutting the entire SDS-PAGE lane into slices, which were subjected to in-gel trypsin digestion. Detected peptide intensities divided by the number of possible peptides of a given protein from the UV-treated and the control sample (-UV) are shown.


uS5 is located close to uS8, which is one of the primary 16S rRNA binding proteins (Yano and Yura, 1989; Jagannathan and Culver, 2003). Antibodies against uS8 detected a UV-dependent band at approximately 55 kDa for YchF(N20pBpa), which was not detectable in wild-type YchF or the YchF(R146pBpa)/YchF(A160pBpa) variants (Figure 5B). As also the uS8 antibodies cross-reacted with purified YchF, the identity of the cross-linked product was confirmed by mass spectrometry (Figure 5C, right panel).

The ribosomal proteins uS5 and uS8 are extended toward the 30 S–50 S interface by the bacteria-specific ribosomal protein bS21 and the universally conserved protein uS11. uS11 forms part of the Shine-Dalgarno cleft in the 70 S ribosome and provides the contact site for initiation factor 3 (IF3). The cross-linking approach revealed UV-dependent cross-links of YchF(N20pBpa) to both uS11 and bS21 (Figures 6A,B). Further cross-links to bS1, uS2, uS3, uS10, and bS18 were also detected (Supplementary Figure 3), while no cross-links were observed to uS15 and uS20. In conclusion, the cross-linking data demonstrate that YchF binds via its N-terminal ATPase-domain preferentially to the central domain of the ribosomal 30 S subunit (Figure 6C).
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FIGURE 6. YchF interacts with the ribosomal proteins uS11 and bS21 (A,B) as described in Figure 5, but the enriched material was analyzed with antibodies against bS21 and uS11. As a control, purified ribosomes as in Figure 5 were also loaded. (C) Positions of ribosomal proteins that were found to cross-link to YchF. The 30 S subunit is displayed in light gray and the 50 S subunit in dark gray (PDB 5 mdz) (James et al., 2016); please note that the ribosomal proteins bS1 and bL7/12 are not visualized in this structure.


The specificity of the interaction between YchF and the ribosome was further validated by using antibodies against proteins of the 50 S ribosomal subunit. Cross-links to the ribosomal stalk protein bL7/12 were observed (Supplementary Figures 3, 4). bL7/12 interacts with IF2 and this interaction is essential for rapid 30 S–50 S association. No cross-links to uL2, bL17, and uL18 were observed, but surprisingly, a cross-link to ribosomal protein uL29 was detected (Figure 6C and Supplementary Figures 6, 7). uL29 is located at the end of the ribosomal peptide tunnel and is part of an essential docking site for ribosome associated protein targeting factors and chaperones (Kramer et al., 2009; Denks et al., 2017; Knupffer et al., 2019). uL29 is located far away from the other identified ribosomal proteins and we therefore analyzed whether this interaction was caused by the presence of the N-terminal His-tag. However, when whole cells expressing a Strep-tagged version of YchF(N20pBpa) were analyzed, the cross-links to uL29 and uS11 were also detectable, indicating that the YchF–uL29 interaction is not the result of an unspecific interaction via the His-tag (Supplementary Figure 8). A possible explanation for the YchF-uL29 interaction is that YchF also interacts with polysomes (Figure 4A), which show a highly variable organization in electron tomography images (Brandt et al., 2009).

Additional contacts to ribosomal proteins of varying intensity were detected by mass spectrometry. However, we have been unable to confirm these contacts by immune detection, either because the available antibodies did not detect any UV-dependent band or because of the lack of suitable antibodies. Although our data show that YchF preferentially interacts with proteins of the 30 S ribosomal subunit, a particular docking site for YchF on the ribosome could not be identified. It is important to note that the cross-linking approach reports on proximity rather than on direct interaction because the spacer length of pBpa is approximately 10 Å (Wittelsberger et al., 2008). This could explain why several ribosomal proteins were cross-linked. In addition, YchF is suggested to bind to nucleic acids (Teplyakov et al., 2003), and the flexibility of ribosomal RNA (rRNA) on the ribosomal surface (Tian et al., 2010) could also rationalize the observation that YchF is not cross-linked to a single ribosomal protein. Finally, YchF has been shown to dimerize (Hannemann et al., 2016) and a YchF(N20pBpa) dimer would cover a larger surface on the ribosome and would also allow simultaneous cross-links to two distant ribosomal partner proteins.



YchF Inhibits the Translation of Leaderless mRNAs by Modulating the Activity of IF3

The ability of YchF to interact with the ribosome and the observed stress resistance of the ΔychF strain could indicate that YchF controls the selective translation of stress response proteins (Moll and Engelberg-Kulka, 2012). The human YchF homolog Ola1 was shown to inhibit translation initiation by binding to the initiation factor eIF2 (Chen et al., 2015). Bacteria lack an eIF2 analog and the molecular mechanisms of translation initiation are different compared with eukaryotes (Rodnina et al., 2007; Rodnina and Wintermeyer, 2009). However, under stress conditions, bacteria also translate mRNAs that lack the canonical Shine–Dalgarno (SD) sequence for ribosome binding (Moll and Engelberg-Kulka, 2012; Sauert et al., 2015). Translation initiation of these leaderless mRNAs (lmRNAs) possibly resembles translation initiation in eukaryotes (Udagawa et al., 2004; Beck and Moll, 2018); therefore, the influence of YchF on lmRNA translation was tested in vivo by using a translational GFP-reporter construct. Plasmid pMS_53 contains the GFP-coding sequence without a canonical SD sequence under the control of the lac promoter (Figure 7A and Supplementary Information). GFP-fluorescence of cells expressing this plasmid was compared to the GFP-fluorescence of cells expressing plasmid pMS_512, which contained a typical SD sequence upstream of gfp. In cells expressing pMS_512, i.e., in the presence of the SD, in vivo fluorescence in the ΔychF strain was slightly lower than in the wild type (Figure 7B), but the opposite effect was observed for the leaderless construct in pMS_53. Here, the ΔychF strain showed a higher fluorescence than the wild type (Figure 7B).
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FIGURE 7. YchF is involved in the regulation of leaderless mRNA translation (A) Schematic view of the reporter constructs used in this study. Plac refers to the lac promoter and Para to the arabinose promoter. SD, Shine-Dalgarno sequence; λ cI, repressor protein cI of phage λ; gfp, green fluorescent protein. (B) GFP fluorescence of wild-type and ΔychF cells harboring the indicated plasmids. Cells were grown in M63 medium and GFP expression was induced by either 1 mM IPTG (pMS_512 and pMS_53) or 0.2% arabinose (pMG991 and pMG999) for 2 h before GFP fluorescence was measured. GFP fluorescence before (basal, B) and after induction (signal, S) was measured, normalized to the optical density of the culture, and is displayed as S/B ratio. The values of at least 12 independent experiments are shown and the bars represent the mean values and the error bar the SEM. (C) Wild-type cells harboring the indicated plasmids were grown as in panel (B), but incubated with the indicated concentrations of kasugamycin (Ksg) for 1 h before induction. GFP fluorescence was measured as above. (D) As in panels (B,C), but strains were incubated for 1 h with 200 μg Ksg/ml when indicated before induction. GFP fluorescence was measured as above.


A possible inhibition of lmRNA translation by YchF was further validated by testing an independent reporter construct for lmRNA translation. Plasmid pMG999 contains the 5′-nucleotide sequence of the repressor protein cI from bacteriophage λ fused to GFP under the arabinose promoter (Figure 7A). The mRNA for cI is naturally leaderless and has been widely used in screens for inhibitors for leaderless translation (Raneri et al., 2015). Expression of pMG999 in ΔychF cells resulted in higher fluorescence than in wild-type cells, while the expression of the control construct containing the SD (pMG991) showed lower fluorescence in the ΔychF strain compared to the wild type. These data indicate that inhibitory effect of YchF on leaderless mRNA translation is independent of the genetic construct used for these assays.

Canonical translation is sensitive to the aminoglycoside antibiotic kasugamyin (Ksg), while the translation of lmRNA is Ksg resistant (Kaberdina et al., 2009). This allowed for a further control of the fluorescence assay by determining the fluorescence of pMG991/pMG999 expressing wild-type cells at increasing Ksg concentrations. GFP-fluorescence of cells expressing the SD-containing construct rapidly decreased in the presence of Ksg, but Ksg had no effect on the fluorescence of cells expressing the lmRNA construct (Figure 7C), which is in agreement with published data (Kaberdina et al., 2009; Raneri et al., 2015). A similar effect was observed in ΔychF strains treated with Ksg: fluorescence of cells expressing the SD-containing construct was reduced, but fluorescence of cells expressing the lmRNA construct was unaffected by Ksg and higher than in the wild type (Figure 7D). These data further indicate that YchF inhibits the translation of lmRNAs in E. coli.

For analyzing the effect of YchF on lmRNA further, the GFP-reporter sequences of pMG999 and pMG991 were subcloned into the pCDFDuett vector, which is compatible with the pBadYchF plasmid. The plasmids pCDF-991 and pCDF-999 were then transformed into wild type, the ΔychF strain and the ΔychF strain containing pBadYchF and GFP fluorescence was determined. In support of the data shown above, lmRNA translation was impaired in wild-type cells, but comparable to canonical translation in ΔychF cells (Figure 8). Importantly, in ΔychF cells expressing a plasmid-borne ychF copy, lmRNA was significantly lower than canonical translation and corresponded to the values obtained for wild-type cells (Figure 8). Immune-detection confirmed the presence of YchF in the ΔychF pBadYchF strain (Supplementary Figure 6). These data demonstrate that YchF inhibits the translation of lmRNAs.
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FIGURE 8. YchF reduces leaderless mRNA translation. The gfp-reporter sequence of plasmids pMG991 and pMG999 were cloned into the pCDFDuett vector, generating plasmids pCDF-991 (canonical translation) and pCDF-999 (lmRNA translation). The indicated strains were grown on LB-medium in the presence of 0.002% arabinose and at OD600 = 0.4, the expression of the reporter plasmids was induced with 1 mM IPTG and cells were grown at 37°C. At the indicated time points, cells were harvested, washed once in PBS and were then resuspended in PBS. Samples were analyzed as described in the legend in Figure 7. The mean values from at least three experiments are shown and the error bar reflects the SEM.


Escherichia coli contains only a small number of lmRNAs during the exponential phase, but under stress conditions or when cells enter stationary phase, the number of lmRNAs increases (Beck and Moll, 2018). This is due to stress-induced production of the ribonuclease MazF, which degrades many mRNAs, but also cleaves some mRNAs close to the start-codon, and thus converts them into lmRNAs (Vesper et al., 2011; Sauert et al., 2016). Translation of these MazF-generated lmRNAs has been shown to be important for the survival of the bacterial population (Amitai et al., 2009). For analyzing the effect of YchF on MazF-induced mRNA cleavage and total protein synthesis, a pulse labeling experiment was performed. For simulating increased MazF levels, a plasmid-borne His-tagged MazF variant was expressed in both wild-type and ΔychF cells for one hour before 35S-labeled methionine and cysteine were added to the exponentially growing cell culture. One or two minutes after labeling, samples were taken and directly precipitated by TCA. Newly synthesized and radioactively labeled proteins were then monitored by phosphor-imaging after SDS-PAGE. As a control, protein synthesis without MazF-production was analyzed in wild-type and ΔychF cells. This revealed a comparable protein synthesis in wild-type and ΔychF cells within the 1- and 2-min labeling period, although there were some variations in particular protein bands (Figure 9A). However, when MazF expression was induced, wild-type cells showed a drastically reduced protein synthesis, while ΔychF cells were more resistant toward MazF-production (Figure 9A). This was not the result of variations in the MazF-levels, because western blotting using α-His antibodies revealed comparable amounts of MazF in the wild type and the ΔychF strain (Figure 9B). The endogenous MazF levels were also not significantly influenced by the absence or presence of YchF (Supplementary Figure 9). In conclusion, YchF inhibits the translation of MazF-processed mRNAs, which is in line with an inhibition of lmRNA translation by YchF. However, MazF was also shown to regulate translation of several mRNAs by cleaving upstream of the SD sequence; for example, this was shown for the stress-induced transcription factor RpoS (Sauert et al., 2016). The increased protein synthesis in the MazF-expressing ΔychF strain is therefore likely not exclusively the result of enhanced lmRNA translation.


[image: image]

FIGURE 9. The absence of YchF increases resistance against MazF-dependent mRNA cleavage. (A) Plasmid-encoded mazF was expressed for one hour when indicated (+) in wild-type and ΔychF cells, grown on M63 minimal medium. Subsequently, 35S-labeled cysteine and methionine were added and samples were taken after 1 and 2 min of labeling and directly TCA-precipitated. Samples were then separated by SDS PAGE and analyzed by phosphor-imaging. A representative image of at least three independent experiments is shown. (B) 108 cells of the cultures before (0) or after induction (1) were precipitated with 10% TCA and the pellet was separated by SDS-PAGE and after western transfer analyzed with antibodies against YchF and His-tagged MazF.


Even with the combined data support of the inhibitory effect of YchF on lmRNA translation, details about the underlying mechanism are still unknown. In bacteria, the initiation factor 3 (IF3) discriminates against lmRNA translation and favors the formation of the canonical 30 S initiation complex (Tedin et al., 1997, 1999). The N-terminal domain of IF3 is located in the immediate vicinity to uS11 (Hussain et al., 2016), which was identified as cross-link partner of YchF (Figure 6A); therefore, a possible interaction between IF3 and YchF was tested by in vivo cross-linking. For YchF(N20pBpa), a strong YchF-IF3 cross-linking product was detected by western blotting (Figure 10A), while YchF(T310pBpa) showed only a weak cross-linking product (Figure 10A). The identity of the cross-linking product was further validated by mass spectrometry (Figure 10B). Independently of UV exposure, IF3 co-purified with both YchF variants (Figure 10A), further supporting an YchF-IF3 interaction. These results indicate that YchF binds to IF3 and that this interaction preferentially involves the N-terminal domain of YchF.
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FIGURE 10. YchF interacts with initiation factor 3 (IF3). (A) The enriched material described in Figure 4 was analyzed with antibodies against initiation factor IF3. (B) The material in panel (A) was further analyzed by mass spectrometry after cutting the entire SDS-PAGE lane into slices, which were subjected to in-gel trypsin digestion. Detected peptide intensities divided by the number of possible peptides of a given protein from the UV-treated and the control sample (-UV) are shown.


Binding of IF3 to the 30 S subunit prevents the premature association of the 50 S subunit (Julián et al., 2011; Milón and Rodnina, 2012; Milón et al., 2012) and inhibits lmRNA translation (Yamamoto et al., 2016). In addition, IF3 also binds to the 50 S subunit, close to bL33, and this non-canonical binding is suggested to promote initiation on lmRNA on 70 S ribosomes (Yamamoto et al., 2016; Goyal et al., 2017); thus, one possibility is that YchF prevents initiation of lmRNA by regulating IF3 binding to either the 30 S or the 50 S subunit. This was further analyzed by expressing a plasmid-encoded His-tagged IF3 (infCHis) in wild-type and ΔychF cells. Monitoring the IF3 levels in cell extracts by western blotting using α-His antibodies revealed comparable amounts of IF3His in wild-type and ΔychF cell extracts (Figure 11A), while in plasmid-free cells the α-His antibody did not specifically recognize any band (Figure 11A). The ribosome pools in these cell extracts were then analyzed by sucrose-gradient centrifugation. Without IF3 overproduction, a typical distribution into 30 S, 50 S, and 70 S ribosomal pools were observed in wild-type and ΔychF cells (Figure 11B). In contrast, wild-type cells overproducing IF3 showed increased amounts of 30 S and 50 S subunits, while the 70 S pool was reduced. This effect was even more pronounced in ΔychF cells, which almost completely lacked the 70 S ribosome population (Figure 11B). Quantification of several ribosome fractionation experiments revealed only approximately 5% 70 S ribosomes in ΔychF cells when IF3 was overproduced, versus approximately 20% in wild-type cells (Figure 11C). These data indicate that YchF can partially counteract the anti-associative effect of IF3 and support a direct interaction between YchF and IF3, as observed by the in vivo cross-linking data.
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FIGURE 11. YchF counteracts the anti-associative effect of IF3 overexpression. (A) Wild-type and ΔychF cells were co-transformed with plasmids pQE30infC and pREP4. After induction of infC expression, cells were harvested, lysed; and the supernatants after centrifugation were analyzed by immune-detection using α-His antibodies against His-tagged IF3 and α-YchF antibodies. (B) The supernatants of the cells in panel (A) were subjected to sucrose-gradient density centrifugation and ribosomal fractions were monitored photometrically at 256 nm. Representative traces of at least two independent experiments are shown. (C) Quantification of the ribosomal fractions of wild-type and ΔychF strains expressing pQE30infC as shown in panel (B) (n = 2). The area below the curves was quantified using ImageJ and set to 100%. Areas corresponding to the 30 S, 50 S, and 70 S populations were extrapolated to the baseline, individually quantified and their relative abundance is shown.


In summary, our data demonstrate that YchF is a ribosome-binding protein that specifically interacts with IF3 and inhibits the translation of lmRNAs. On the other hand, the stress-induced decrease of YchF or the decline of YchF when cells enter the stationary phase, promotes the translation of the concomitantly accumulating lmRNAs, which increases the stress tolerance and supports growth under non-favorable conditions.



DISCUSSION

Genomic studies have identified eight universally conserved GTPases, which cluster into four main GTPase families: the translation factor group, the FtsY/Ffh group, the Era group, and the Obg group (Verstraeten et al., 2011; Kint et al., 2014). YchF and its eukaryotic homolog Ola1 belong to the Obg group and are the least characterized GTPases (Balasingam et al., 2020), although there is accumulating evidence for their involvement in ribosome-associated processes (Becker et al., 2012; Samanfar et al., 2014; Chen et al., 2015; Ding et al., 2016) and stress response (Zhang et al., 2009; Cheung et al., 2010; Wenk et al., 2012; Chen et al., 2015; Hannemann et al., 2016).

A common response to stress conditions in eukaryotes and prokaryotes is the downregulation of ribosomal proteins and rRNA (Dennis and Nomura, 1974; Warner, 1999; Lemke et al., 2011; Starosta et al., 2014), which reduces protein synthesis and prevents the formation of misfolded or damaged proteins (Deuerling and Bukau, 2004; Tyedmers et al., 2010; Cherkasov et al., 2013; Brandman and Hegde, 2016); however, we did not find any indication that E. coli YchF had a significant influence on synthesis or assembly of ribosomes under stress conditions and therefore YchF does not appear to act as a regulator of ribosome production. This is also in line with a recent report showing that the absence of YchF does not influence the abundance of the 70 S, 50 S, and 30 S fractions in E. coli (Gibbs et al., 2020).

Ribosome binding of YchF/Ola1has been shown in eukaryotes and prokaryotes, but the exact binding site is still unknown. The available data indicate binding to the fully assembled 70 S/80 S ribosomes, but also binding to the 30 S/40 S and 50 S/60 S ribosomal subunits (Gradia et al., 2009; Tomar et al., 2011; Becker et al., 2012; Chen et al., 2015). In mammalian cells, Ola1 is preferentially located to the 40 S fraction and was shown to regulate the eukaryotic initiation factor 2 (eIF2)-mediated translational control. It has been suggested that Ola1 inhibits the formation of the ternary eIF2-GTP-tRNAiMet complex (TC) by converting eIF2-GTP to eIF2-GDP (Chen et al., 2015). The reduced availability of the TC that usually delivers the tRNAiMet to the 40 S ribosome (Myasnikov et al., 2009) would reduce translation initiation and potentially activate the ISR via selective translation of the transcription factor ATF4 (Vattem and Wek, 2004; Costa-Mattioli and Walter, 2020). ATF4, in turn, would then activate ISR (Wortel et al., 2017). The absence of Ola1, on the other hand, would attenuate ISR and promote cell survival under stress conditions. This provides an attractive model on how Ola1 could link translation initiation and stress response in eukaryotes; however, this model cannot be transferred to the bacterial YchF, because bacteria lack a homolog of eIF2. Instead, the tRNAfMet is recruited by non-homologous GTP-bound IF2 to form a 30 S pre-initiation complex (Rodnina, 2018). Although the bacterial YchF might interact with IF2, YchF does not have a significant affinity for GTP (Tomar et al., 2011; Becker et al., 2012) and, thus, would be unable to convert GTP-IF2 into GDP-IF2. Even for the eukaryotic Ola1, there is conflicting evidence if Ola1 can indeed hydrolyze GTP (Koller-Eichhorn et al., 2007; Gradia et al., 2009; Chen et al., 2015).

Nevertheless, our data demonstrate that the endogenous and non-tagged YchF binds to the 30 S subunit in E. coli, which would be in line with a role during translation initiation, as predicted for Ola1. This would also agree with the general concept that translation is primarily controlled at the energy-consuming initiation state. However, it is important to note that plasmid-encoded and His-tagged YchF was also found in contact with the 50 S and 70 S ribosomes, as previously also observed by other groups (Tomar et al., 2011; Becker et al., 2012). The low abundance of endogenous YchF (Becker et al., 2012) possibly prevents its immune-detection in the 50 S/70 S ribosomal fraction. The binding pattern of YchF to the ribosome could be influenced by the presence of the His-tag, but YchF contacts to uL29 on the 50 S ribosomal subunit were also detected with a Strep-tagged YchF variant, suggesting that the N-terminal tag does not significantly influence ribosome binding. Alternatively, the YchF/ribosome ratio might influence the ribosomal contacts of YchF. This is also supported by mass-spectrometry analyses after in vivo cross-linking of His-tagged and plasmid-encoded YchF(N20pBpa), which identified many proteins of the 30 S and 50 S subunits as potential interaction partners. However, when the cross-linked material was analyzed by the less sensitive immune detection, available antibodies detected primarily proteins of the 30 S subunit. Intriguingly, most of the proteins determined as YchF-interacting proteins are located at the interface between the 30 S head and 30 S body (Hussain et al., 2016) and involve uS5, uS8, and uS11. uS11 also contacts IF3, which prevents the association of the 30 S initiation complex with the 50 S subunit, and is thus crucial for the fidelity of translation initiation. In support of the close proximity of YchF to uS11, our data also show that YchF contacts IF3.

It was recently shown that IF3 not only binds to the 30 S subunit, but also to the 50 S subunit in close proximity to uL33, which is located near the E-site of the ribosome (Goyal et al., 2017). The potential interaction between YchF and the 50 S-bound IF3 could also explain why YchF is cross-linked to proteins of the 30 S and 50 S subunits. Intriguingly, binding of IF3 to the 50 S subunit in 70 S ribosomes promotes translation initiation of leaderless mRNAs, while IF3 binding to the 30 S subunit prevents it (Yamamoto et al., 2016; Goyal et al., 2017). Leaderless mRNAs are present in all domains of life, but are more abundant in archaeal and bacterial genomes (Andreev et al., 2006; Christian and Spremulli, 2010; Beck and Moll, 2018). During stress conditions, the amount of lmRNAs increases due to the activity of the endoribonuclease MazF (Beck and Moll, 2018). MazF and its inhibitor MazE belong to the class II toxin-antitoxin systems (Cook et al., 2013). Upon stress-induced degradation of MazE, MazF is released and cleaves mRNAs both at the 5′-UTR and within the coding region (Sauert et al., 2016; Mets et al., 2017, 2019; Culviner and Laub, 2018). In addition, MazF also cleaves ribosomal RNA (Culviner and Laub, 2018). This causes a general reduction of protein synthesis and the selective translation of lmRNA, which enhances the cellular ability to cope with various stress conditions (Moll and Engelberg-Kulka, 2012). Intriguingly, among the predicted MazF-processed mRNA targets are nrdAB (ribonucleotide reductase) and katG (Sauert et al., 2016; Nigam et al., 2019), which are linked to the stress resistance observed for the ΔychF strain; however, it is important to note that there is some controversy about the abundance of lmRNA produced by MazF (Culviner and Laub, 2018; Mets et al., 2019).

In summary, our data suggest that YchF is involved in regulating lmRNA translation and that it prevents/reduces lmRNA translation under non-stress conditions and during exponential phase (Figure 12). This is deduced from the observation that the absence of YchF: (1) increases lmRNA translation, (2) enhances the anti-associative activity of IF3 on the 30 S subunit, (3) increases the resistance to MazF, (4) increases stress resistance, but (5) reduces competitive fitness under non-stress conditions. The spatial and temporal regulations of IF3 binding to the ribosome is crucial for the preferential translation of these lmRNAs (Koripella et al., 2019), and IF3 binding to the 50 S subunit appears to be a critical step in this regulation (Goyal et al., 2017). Potentially, YchF could either enhance IF3 binding to the 30 S subunit or it could prevent IF3 binding to the 50 S subunit, but this requires further analyses. In both scenarios, YchF would sustain canonical translation under non-stress conditions, but when cells enter stationary phase or encounter stress conditions, the decreased YchF levels would favor translation of lmRNA and subsequent stress resistance. When cells encounter stress conditions, IF3 levels increase (Giuliodori et al., 2007), which might additionally enhance IF3 binding to the 50 S subunit and also lmRNA translation (Goyal et al., 2017). As lmRNAs are present in all domains of life, an involvement of YchF/Ola1 in lmRNA translation could also explain its universal conservation. This is also supported by data from yeast, which show that the YchF homolog Ola1 is enriched in heat-induced protein aggregates (Wallace et al., 2015). These aggregates contained many initiation factors that are required for the translation of canonical mRNAs but are dispensable for non-canonical initiation. Ola1 and heat-sensitive aggregation of initiation factors could serve as an alternative strategy in eukaryotes for promoting selective translation of stress-relevant mRNAs.


[image: image]

FIGURE 12. Putative model on YchF-dependent regulation of lmRNA translation. YchF promotes binding of IF3 to the 30 S ribosomal subunit and prevents binding of IF3 to the 50 S ribosomal subunit. This favors the translation of canonical mRNAs. When cells encounter stress or enter the stationary phase, the YchF levels gradually decrease, which allows binding of IF3 to the 50 S subunit, which in turn increases the translation of lmRNAs encoding stress response proteins and allows cell survival under stress conditions.


Nevertheless, it is important to note that several additional functions have been associated to the eukaryotic Ola1 and the connection to its role in lmRNA translation as postulated here is not directly obvious. This includes a possible role in centrosome regulation (Matsuzawa et al., 2014; Yoshino et al., 2018, 2019) or in the TGF-β/Smad signaling cascade, which controls cell growth and differentiation (Liu et al., 2020a,b). It is therefore possible that E. coli YchF does not only target ribosomes, but also—directly or indirectly—other players of the bacterial stress response. This could include RpoS, which is a major transcriptional regulator of the stress response (Schellhorn, 2020) and a potential MazF target (Sauert et al., 2016). YchF could also influence the synthesis of stress-signaling molecules, like (p)ppGpp (Haas et al., 2020; Steinchen et al., 2020) or chemical chaperones, like polyphosphate (Dahl et al., 2015), which are crucial determinants of the bacterial stress response. These possibilities are currently under investigation.
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Periplasmic proteins are involved in a wide range of bacterial functions, including motility, biofilm formation, sensing environmental cues, and small-molecule transport. In addition, a wide range of outer membrane proteins and proteins that are secreted into the media must travel through the periplasm to reach their final destinations. Since the porous outer membrane allows for the free diffusion of small molecules, periplasmic proteins and those that travel through this compartment are more vulnerable to external environmental changes, including those that result in protein unfolding, than cytoplasmic proteins are. To enable bacterial survival under various stress conditions, a robust protein quality control system is required in the periplasm. In this review, we focus on several periplasmic chaperones that are stress responsive, including Spy, which responds to envelope-stress, DegP, which responds to temperature to modulate chaperone/protease activity, HdeA and HdeB, which respond to acid stress, and UgpB, which functions as a bile-responsive chaperone.
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INTRODUCTION

Proteins are involved in various cellular pathways, such as replication of DNA, gene regulation and metabolism, in all living organisms. Therefore, the protein quality control in bacteria is directly associated with bacterial survival in various natural environments and host niches. Bacterial protein synthesis and homeostasis are targeted by natural and man-made antimicrobial substances (McCoy et al., 2011; Klebanoff et al., 2013; Bednarska et al., 2016). In order to cope with these damaging conditions, bacteria need to immediately sense environmental changes and react rapidly and appropriately. Some types of stressors, such as temperature change, desiccation, and acidity, have negative impacts on protein stability.

Molecular chaperones are key players of protein folding homeostasis (proteostasis). A sophisticated network of chaperones exists in every organism, and these chaperones fulfill various roles, including preventing protein aggregation, disaggregating aggregated proteins, and aiding in protein folding (Tyedmers et al., 2010; Hartl et al., 2011; Valastyan and Lindquist, 2014). Bacterial chaperone systems have been extensively studied in Escherichia coli. In the cytoplasm of E. coli, the DnaK (Hsp70)/DnaJ (Hsp40)/GrpE and GroEL/GroES chaperone systems function as foldases in an ATP-dependent manner, and they aid in the folding of newly translated proteins and unfolded proteins (Saibil, 2013). Under stress conditions such as heat shock, the small heat shock proteins (sHsps) IbpA and IbpB act as holdases that serve as transient reservoirs for the prevention of irreversible aggregation and the facilitation of aggregated-protein resolubilization by disaggregating chaperones, which occurs in an ATP-independent manner (Mogk et al., 2019). Subsequently, DnaK/DnaJ/GrpE and the ClpB (Hsp100) disaggregase cooperatively interact with and unfold protein aggregates (Mogk et al., 2018).

Gram negative bacteria possess a periplasmic space that is located between the inner cytoplasmic membrane and the bacterial outer membrane. A number of proteins with diverse function are present in the periplasm, for example, degradative enzymes such as phosphatases, proteases, and endonucleases; and antibiotic detoxifying enzymes such as β-lactamases, alkyl sulfodehydrases, and aminoglycoside phosphorylating enzymes; binding proteins for amino acids, sugars and vitamins (Neu and Heppel, 1965; Han et al., 2014). A wide range of outer membrane proteins and proteins that are secreted into the external cellular region must pass through the periplasm (Szewczyk and Collet, 2016). SecYEG complex mediates the transports of the most precursor proteins across the inner membrane (Van Den Berg et al., 2004). The precursor protein is unstructured and its signal sequence is cleaved during the translocation (Van Den Berg et al., 2004). After translocation, proteins are on the different folding pathways, and Skp and SurA are major periplasmic chaperones which can bind to the variety of unfolded outer membrane proteins during the transit through the periplasm, preventing their aggregation and facilitating their insertion into the membrane (Stull et al., 2018a; Figure 1). The outer membrane protein assembly factor BamA facilitates folding of the chaperone-bound outer membrane proteins into lipid bilayers (Bennion et al., 2010; Patel and Kleinschmidt, 2013). Homotrimeric Skp is a functional form as a chaperone and has a “jellyfish”-like structure with three α-helical flexible tentacles which provide a hydrophobic cavity inside to accommodate a client protein (Schiffrin et al., 2016). SurA has three domains consisting of core domain and two peptidylprolyl isomerase domains, and recent study has shown that a client protein can bind to a cradle formed between the SurA domains (Calabrese et al., 2020).
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FIGURE 1. An overview of the molecular chaperones in the periplasm of E. coli. Skp, SurA, and DegP are involved in the biogenesis of outer membrane proteins; i.e., preventing their aggregation and facilitating their insertion into the membrane. The shift of temperature modulates DegP’s chaperone and protease activity. HdeA and HdeB prevent acid-induced protein aggregation. Spy and UgpB respond to envelope stress and bile stress, respectively.


Periplasmic proteins are more exposed to external environmental stresses than cytoplasmic proteins are, as porins in the outer membrane allows for the free diffusion of small molecules below ∼600 Da (Nikaido, 2003; Figure 1). Thus, periplasmic proteins must be able to cope with extreme environmental changes. For example, as enteric bacteria pass through the host digestive system, the bacteria encounter various host-defense barriers that target protein stability, including gastric acid in the stomach and bile in the duodenum, both of which denature proteins (Dill and Shortle, 1991; Cremers et al., 2014). Therefore, various periplasmic chaperones are transcriptionally and/or post-translationally regulated under stress conditions. In this review, we discuss how these stress-responsive periplasmic chaperones respond to environmental stresses and modulate their activity, but we do not discuss the complete set of stress-responsive periplasmic chaperones, as they have recently been comprehensively reviewed (Stull et al., 2018a). Instead, we have chosen to focus particularly on the periplasmic chaperones which are regulated at the post-translation level by environmental stresses such as the temperature-responsive chaperone/protease DegP; the acid-responsive chaperone, HdeA and HdeB; and the bile-responsive chaperone, UgpB. We also discuss Spy which is nearly not expressed under non-stress conditions, but it is massively induced upon exposure to the envelope stress.



DISTINCT NATURE IN THE PERIPLASM FOR CHAPERONES COMPARED TO THE CYTOPLASM

The folding environment in the periplasmic space is different from that in the cytoplasm. For example, ATP is absent in the periplasm. Many cytoplasmic chaperones utilize ATP to modulate chaperone activity (Hartl et al., 2011). Since ATP is absent in the periplasm, periplasmic chaperones require a different means of modulating their activity. Another difference between the periplasm and the cytoplasm is the thiol-disulfide redox state. In the periplasm, proteins have high potential for forming disulfide bond, which is not simply due to the presence of oxygen. The oxidizing environment directly results from the presence of the disulfide bond (Dsb) family of enzymes in the periplasm. Dsb proteins catalyze disulfide bond formation and isomerization (Bardwell, 1994; Ito and Inaba, 2008). Deleting the genes encoding the Dsb proteins dramatically reduces the abundance of a range of proteins that normally contain disulfides due to the effect of disulfides on protein folding and stability (Bardwell et al., 1991).



STRESS-RESPONSIVE CHAPERONES IN PERIPLASM

The bacterial envelope and periplasm are at the front lines of external stress. Because of this, bacteria have several pathways to sense and respond to these stresses. In E. coli, five response pathways, designated BaeSR two component system, CpxAR-two component system, phase shock protein (Psp) system, regulator of capsular synthesis (Rcs) system, and sigma factor σE, are responsible for responding to envelope and periplasmic stresses (Bury-Mone et al., 2009). Periplasmic chaperones are regulated by these stress-responsive pathways. σE responds to heat, membrane, and periplasmic stresses, including those induced by alcohol species and detergents (Ades et al., 2003). The Skp and SurA chaperones are regulated by σE, as is the protease/chaperone DegP, the prolyl isomerase FkpA, and the disulfide oxidoreductase DsbC (Rhodius et al., 2006; Sklar et al., 2007; Bury-Mone et al., 2009; Stull et al., 2018a). DegP and FkpA are also regulated by the Cpx pathway (Bury-Mone et al., 2009). The envelope-stress responsive chaperone Spy is induced by the Bae, Cpx, and Rcs pathways (Bury-Mone et al., 2009; Quan et al., 2011). The periplasmic chaperones OsmY and Ivy are under the control of the Rcs pathway (Bury-Mone et al., 2009; Lennon et al., 2015). In addition to being transcriptionally regulated, periplasmic chaperones, including HdeA, HdeB and UgpB, are also regulated at the post-translational level (Foit et al., 2013; Lee et al., 2020). Thus, in summary, the vast majority of periplasmic chaperones are under some mode of stress control, a fact that has long been known to be true for chaperones present in other compartments, particularly the cytoplasm (Richter et al., 2010).



THE ENVELOPE-STRESS RESPONSIVE CHAPERONE, Spy

Spy (Spheroplast Protein Y) was initially characterized as a protein whose expression is very strongly increased by spheroplast formation, hence its name (Hagenmaier et al., 1997). Spy is very weakly expressed in unstressed cells, but it is massively induced by spheroplasting, a process that involves disrupting the outer bacterial envelope using treatments such as lysozyme and EDTA (Hagenmaier et al., 1997). That Spy functions as a chaperone was discovered by employing a genetic selection system that uses a protein-folding sensor linking protein folding to antibiotic resistance (Quan et al., 2011). The protein folding sensor is a tripartite fusions between two proteins, in which an unstable test protein is inserted into the middle of a selectable antibiotic marker (Foit et al., 2009). The protein-folding sensors used in the discovery of Spy, UgpB and other proteins exhibiting chaperone activity (Foit et al., 2009; Lennon et al., 2015; Lee et al., 2020). For the selection system used to discover Spy, an unstable variant of immunity protein 7 (Im7) was inserted between two halves of β-lactamase, which confers penicillin resistance (Quan et al., 2011). This makes antibiotic resistance dependent on the folding of the unstable test protein. It was found that overexpression of Spy acts to stabilize the Im7-fused protein-folding sensor and consequently confers high levels of antibiotic resistance to E. coli (Quan et al., 2011). The mechanism underlying Spy’s chaperone function has subsequently been very well characterized (Quan et al., 2011; Horowitz et al., 2016; Koldewey et al., 2016; Stull et al., 2016; Wu et al., 2019; Mitra et al., 2021).

Spy is a small protein (16 kDa) which forms a stable dimer in solution (Quan et al., 2011). Each Spy monomer contains four α-helices. The dimeric Spy forms a cradle-like structure through an antiparallel coiled-coil interaction. The concave surface of Spy is dominated by positive charges with two hydrophobic patches located in the bottom of cradle (Kwon et al., 2010; Quan et al., 2011). Studies have shown that Spy used almost the entire interior of cradle to rapidly recognize its client proteins, and thereby effectively preventing protein aggregation under stress conditions (Quan et al., 2011; Koldewey et al., 2016).

The expression of Spy is tightly repressed under non-stress conditions but is strongly induced by spheroplasting treatments (Hagenmaier et al., 1997) and the protein denaturants butanol, ethanol, and tannin (Figure 2A; Quan et al., 2011). Spy is so strongly induced after tannin and butanol treatments that it can comprise up to 25% of the total periplasmic protein content (Quan et al., 2011). Spy expression is controlled by the CpxAR and BaeSR two-component signal transduction systems, which respond to protein-unfolding stress in the cellular envelope (Raivio et al., 2000; Raffa and Raivio, 2002; Bury-Mone et al., 2009). Constitutive baeSR mutants greatly overproduce the Spy protein (Quan et al., 2011). This rapid and massive production of Spy under stress is clearly an important way to modulate the chaperone function of Spy in the periplasm. Spy deletion mutants are sensitive to tannin and zinc treatments (Quan et al., 2011; Wang and Fierke, 2013). In a recent study, Spy was isolated as suppressor in elyC mutants at low temperature (21°C) (Kouidmi et al., 2018). ElyC is a factor involved in peptidoglycan biosynthesis at low temperatures (Paradis-Bleau et al., 2014), The deletion of elyC gene increases the amount of cellular protein aggregates, and the overexpression of Spy can significantly reduce the amount of protein aggregates and completely suppress the defect in peptidoglycan biosynthesis, suggesting that the absence of ElyC causes protein folding problem in the periplasm (Kouidmi et al., 2018). Spy homologs are widely present in enterobacteria and proteobacteria, and in some cyanobacteria (Quan et al., 2011).
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FIGURE 2. An overview of the molecular mechanisms of Spy and DegP. (A) The envelope-stress conditions occurring under butanol, ethanol, and tannin exposure induce the production of the chaperone Spy, which binds to misfolded or unfolded substrates by electrostatic and hydrophobic interactions. Spy prevents further aggregation of the substrate and enables proper folding of the substrate while it is bound to Spy. (B) DegP exhibits both the chaperone and protease activity. The hexameric form of DegP is a resting state. The exposure to external stresses, the hexameric DegP presumably dissociated to trimers, which are a basic building unit for the formation of large cage-like structures. The 12- and 24-mer of cage-like DegP complexes can encapsulate bound substrates for its chaperone and protease activity. The stress-induced conformation changes of DegP and the folding state of the bound substrates are thought to be involved in determining the fate of DegP as a chaperone or protease.


The mechanism through which Spy acts on its client proteins has been extensively investigated, particularly with the model substrate, Im7 (Figure 2A). The prevailing paradigm has been that hydrophobic interactions are the major driving forces leading chaperones to recognize its clients (Kim et al., 2013). However, it has recently been shown that electrostatic interactions also play an important role in chaperone actions, particularly for Spy (Coyle et al., 1997; Koldewey et al., 2016, 2017; Lee et al., 2018). These results are consistent with the recent observation that Super Spy variants with enhanced chaperone activity not only exhibit increased hydrophobicity but also an increase in electrostatic interactions (He et al., 2020). Electrostatic interactions are effective over much longer distances than hydrophobic interactions (Selzer and Schreiber, 1999; Schreiber et al., 2009). The highly basic nature of Spy’s substrate-binding surface drives charge-charge interactions with client proteins (Koldewey et al., 2016). These long-range electrostatic interactions between the positively charged Spy and its negatively charged client proteins increase the association rate between these two entities, allowing Spy to rapidly bind to unfolded, aggregation-prone substrates, thereby preventing their aggregation (Koldewey et al., 2016). After the substrate has been recognized via long-range electrostatic interactions, short-range hydrophobic interactions occur between Spy’s central cradle region and its unfolded substrates, resulting in the stabilization of the Spy-substrate complex (Koldewey et al., 2016).

Following studies showed that two folding model substrates, Im7 and Fyn SH3, are allowed to fold into their native states while they are bound to Spy (Stull et al., 2016; Wu et al., 2019). Protein folding while bound to chaperone Spy is apparently dependent on the affinity between chaperone and its client (Wu et al., 2019). The more tightly Spy binds its clients, the more it slows the folding of bound clients. Evolution seems to achieve this delicate chaperone action by fine-tuning Spy’s binding affinity to its clients (Wu et al., 2019). By having too strong binding affinity, Spy could unfold its client proteins and cause toxic effects on cells; while having too weak affinity would sacrifice its chaperone activity (Wu et al., 2019). Thus, having a modest binding affinity might be a better evolutionary solution for chaperone, like Spy, to mediate protein folding before more advanced regulatory mechanisms were developed. Upon substrate folding, the hydrophobic contacts between Spy and its substrates are reduced, increasing the dissociation rate and promoting the substrate release (Koldewey et al., 2016; Stull et al., 2016). A very recent study showed that the chaperone mechanism of Spy could be substrate-dependent (Mitra et al., 2021). In the case of apo-flavodoxin, Spy can rapidly recognize and stabilize a partially unfolded state, and thereby effectively suppressing protein aggregation during stresses. On the other hand, tight substrate binding eliminates the possibility for apo-flavodoxin to refold to its native state while bound to Spy. This study highlights the importance of substrate-dependent chaperone mechanisms, in which chaperones could have different modes of action for different client proteins (Table 1; Koldewey et al., 2017). Yet, future studies are required to demonstrate how these client proteins which are tightly bound to Spy are subsequently released to the solution as the stresses are removed.


TABLE 1. Various chaperone actions and mechanisms of Spy.
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THE TEMPERATURE-RESPONSIVE PROTEASE/CHAPERONE, DegP

DegP (also called HtrA or protease Do) is known to play a central role in the protein quality control network in the periplasm through its dual function; i.e., its protease activity for the removal of misfolded or damaged proteins and its chaperone activity. DegP was first identified as a protease essential for growth of E. coli at high temperature (Lipinska et al., 1989; Strauch et al., 1989). DegP is highly conserved in most Gram-negative bacteria (Lipinska et al., 1990; Pallen and Wren, 1997). DegP deletion mutant is lethal at high temperature (42°C) (Skorko-Glonek et al., 1995). Of note, overexpression of protease-deficient forms of DegP can sufficiently suppress the lethal phenotype, suggesting that DegP protease activity is not mandatory for heat tolerance (Misra et al., 2000; CastilloKeller and Misra, 2003). DegP is part of a large serine proteases-related family which is found in most organisms (Chang, 2016) and is upregulated by the σE and Cpx pathway under heat, membrane, and periplasmic stresses (Danese et al., 1995; Alba and Gross, 2004). DegP is also associated with thermal, osmotic and oxidative stress tolerance (Pallen and Wren, 1997; Gunasekera et al., 2008). Moreover, degP deletion mutants of several pathogenic bacteria are attenuated, suggesting that DegP might be involved in bacterial virulence (Pallen and Wren, 1997).

The mature DegP protein is composed of three domains, the chymotrypsin-related protease domain which contains an active site His-Asp-Ser motif at the N terminus and the two PDZ domains (PDZ1 and PDZ2) at the C terminus which play important roles in substrate recognition as well as in the transformation of DegP to large cage-like structures (Ortega et al., 2009). Purified DegP present as a hexamer in solution and is composed of a dimer of two trimers, which is a resting state of DegP (Figure 2B; Krojer et al., 2002; Clausen et al., 2011). The hexameric DegP can be activated through the rearrangement into 12-mers/24-mers of cage-like structure, which can encapsulate substrate proteins (Krojer et al., 2002, 2008; Jiang et al., 2008; Kim et al., 2011). The trimeric DegP is a building unit for the different large cage-like structure and thus it is assumed that DegP undergoes a large structural changes from the hexameric resting state through a trimeric state to the higher oligomeric state (Li et al., 2014; Thompson et al., 2014). The presence of the substrate triggers the reorganization of hexameric DegP into the large cage-like structure (Jiang et al., 2008; Krojer et al., 2008).

Of note, at low temperature (below 28°C), the protease activity drops and DegP mostly function as a chaperone, suggesting that DegP switches from chaperone to proteolytic activity as a function of temperature (Spiess et al., 1999). However, the underlying molecular mechanism by which DegP switches from chaperone to protease upon temperature shift is still not fully understood. One hypothesis that a temperature-induced conformational change occurs in the proteolytic site (Krojer et al., 2002; Ortega et al., 2009). At low temperatures, the proteolytic serine (Ser-210) residue is present in an inactive conformation away from other residues of the catalytic triad, resulting that only chaperone activity is exhibited. However, it has been suggested that the elevation of temperature may induce conformational change in Ser-210 to assemble functional catalytic triad, thus exhibiting protease activity. In terms of folding state of substrates, DegP degrades unfolded outer membrane proteins but stabilizes folded outer membrane proteins (Krojer et al., 2008), suggesting the folding state of bound substrates determines the function of DegP. Temperature undoubtedly affects the folding state of proteins; thus these results partially explain the role of temperature in functional transition of DegP. In recent study, the analysis of the interaction and dynamics of the PDZ-domains of DegP by high-resolution NMR spectroscopy reveals that PDZ1-PDZ2 interaction through Met-280 and Tyr-444 residues is crucial for the temperature-dependent regulation in the oligomeric states of DegP (Šulskis et al., 2020).

As a molecular chaperone, DegP enhances the in vitro refolding of the E. coli periplasmic α-amylase MalS and citrate synthase at low temperature (Spiess et al., 1999). In this study, deletion of the PDZ domains did not affect refolding yields, suggesting that the protease domain itself has chaperone activity (Spiess et al., 1999). DegP has also been shown to prevent aggregation of heat-denatured citrate synthase and lysozyme by acting as a holdase (Skorko-Glonek et al., 2007). DegP is also involved in the biogenesis of outer membrane proteins by protecting them from aggregation and proteolytic degradation during their transport across the periplasm (Krojer et al., 2008). Deletion of degP shows a synthetically lethal phenotype with deletion of either a surA or skp, suggesting that DegP plays a role in outer membrane protein biogenesis as SurA and Skp (Sklar et al., 2007).



THE ACID-RESPONSIVE CHAPERONES, HdeA AND HdeB

Escherichia coli has two acid-responsive periplasmic chaperones, HdeA and HdeB. HdeA and HdeB are very small proteins, 11 and 12 kDa, respectively, and they share 17% amino acid sequence identity and have similar structures (Wang et al., 2012; Stull et al., 2018a). Both proteins are well-folded α-helical dimers at neutral pH that bury their hydrophobic surfaces in their dimerization regions (Yang et al., 1998). It appears that HdeA functions at low pH levels (pH 1–3), whereas HdeB functions under mildly acidic conditions (pH 4–5) (Kern et al., 2007; Malki et al., 2008; Dahl et al., 2015; Ding et al., 2015). The genes encoding the HdeA and HdeB proteins form an operon that is located on a genomic island (termed as an acid fitness island) (Mates et al., 2007). The hdeAB operon was also identified in Shigella flexneri and Brucella abortus (Hong et al., 2012). The transcription of hdeAB is induced by the overproduction of the DNA-binding transcriptional regulator YdeO, which is upregulated by the acid-responsive EvgSA two component system (Masuda and Church, 2003), and the RNA polymerase holoenzyme assembly factor Crl can also increase hdeAB expression through RpoS (Dudin et al., 2013). HdeA is the 6th most abundant protein in the cell during stationary phase (Link et al., 1997). Thus, bacteria can immediately respond to acid stress.

Under acidic conditions, the acid stress causes protein misfolding by disrupting the hydrogen bonds and salt bridges required for protein folding. Because of the porous nature of the outer membranes of Gram-negative bacteria, changes in the pH of the surrounding environment cause a corresponding rapid change in the pH of the periplasmic space. It was recently shown that a large drop in extracellular pH triggers a surge in periplasmic chloride ions to a concentration that can exceed 0.6 M due to the Donnan effect (Stull et al., 2018b). In the low pH, the increase of chloride anions accelerates protein aggregation in the periplasm, because it neutralizes the positive charges of the protein, minimizing the force of the electrostatic repulsion between unfolded proteins, that would prevent protein aggregation (Stull et al., 2018b). When bacteria transit through the acidic environment of the host stomach, protecting their periplasmic proteins from acid stress is necessary for bacterial survival. Consistently, an hdeA mutant showed reduced survival after exposure to low pH conditions (Waterman and Small, 1996; Gajiwala and Burley, 2000; Mates et al., 2007).

To function as chaperones, HdeA and HdeB appear to utilize changes in external pH to trigger chaperone activation, inactivation, and substrate-protein refolding (Figure 3A). Upon exposure to acidic conditions, HdeA and HdeB partially unfold, resulting in the activation of their chaperone activities (Foit et al., 2013; Dahl et al., 2015; Yu et al., 2019). HdeA undergoes a dramatic conformational change from a well-folded chaperone-inactive dimer to a partially disordered, chaperone-active monomer (Yang et al., 1998; Foit et al., 2013; Salmon et al., 2018). The hydrophobic surfaces involved in the dimeric interaction surface become exposed and serve as a substrate-binding site (Yu et al., 2019). Recent NMR studies have proposed that HdeA contains two hydrophobic patches (site I: 49–55AA, site II: 28–35AA) that are involved in client binding and three acid-sensitive regions, A, B, and C (A: 46–51 AA; B: 34–40 AA; and C: 24–29 AA), that act as structural triggers that regulate the exposure of the two client-binding sites (Yu et al., 2019). Thus, multiple steps occur in the HdeA activation mechanism during the transition to a low pH (Yu et al., 2019). Upon returning to neutral pH, HdeA-substrate complexes spontaneously dissociate, and the substrates are released in a folding-competent state (Tapley et al., 2010). Thus, the cycle of chaperone action for HdeA is intricately modulated by host-induced pH changes.
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FIGURE 3. An overview of the molecular mechanism of HdeA, HdeB, and UgpB. (A) Acidic pH levels and stationary phase can induce the expression of HdeA and HdeB, which act to protect a broad range of periplasmic proteins from acid-induced aggregation. At neutral pH, HdeA exists as a well-folded homodimer in an inactive state. At pH 2, the unfolded monomer form of HdeA can bind to the hydrophobic surfaces of denatured substrates and protect them from aggregation. HdeB also protects proteins from acid-induced aggregation. In contrast to HdeA, HdeB exhibits chaperone activity at pH 4 in a dimeric, partially unfolded form. (B) The E. coli periplasmic G3P-binding protein UgpB exhibits chaperone activity against bile salts. The chaperone activity of UgpB is evident only when G3P is stripped off of UgpB. Bacterial cells must pass through the acidic stomach and the bile-rich duodenum to reach the lower intestine where they colonize. Acidic pH levels in the stomach can unfold UgpB, resulting in the dissociation of G3P. Consequently, UgpB exerts chaperone activity to prevent bile salt-induced protein aggregation in the duodenum. Release of G3P exposes the core cleft region of UgpB, which functions as a chaperone active surface. An increase in the G3P concentration in the jejunum and ileum resulting from the digestion of food triggers a functional transition of UgpB from molecular chaperone to G3P transporter.


In HdeA, client-binding site I is located in a relatively peripheral region of the HdeA dimer structure, where it is shielded by the N-terminal segment of the other HdeA monomer (Figure 3A; Yu et al., 2019). The acidic residues in acid-sensitive region A (Glu-46, Asp-47, and Asp-51 with pKa values of 4.07, 4.14, and 3.83, respectively) are deprotonated under neutral and near-neutral conditions (pH > 4), ensuring an electrostatic interaction with the N-terminal region of HdeA (Garrison and Crowhurst, 2014). At pH values below 4, the protonation of these residues disrupts the electrostatic interaction with the N-terminal region, exposing client-binding site I (Yu et al., 2019). The regulatory role of the N-terminal region is supported by the observation that an HdeA variant containing a nine residue N-terminal deletion shows enhanced interaction with its client proteins (Gajiwala and Burley, 2000) and also exhibits partial anti-aggregation activity at pH 4.0, whereas wild-type HdeA is inactive at this pH (Dahl et al., 2015; Yu et al., 2019). A constitutively active mutation in HdeA (D20A/D51A) may also affect the regulatory function of the N-terminal region (Foit et al., 2013). Client-binding site II is tightly packed in the structural core of the HdeA dimer and can only be exposed after extensive disruption of the dimeric interface. At pH values above 4, the two acid-sensitive regions B and C stabilize the dimer interface via inter- and intrasubunit contacts (Yu et al., 2019). As the pH decreases to values below 4, local structural destabilization disrupts the interactions between acid-sensitive regions B and C, partially exposing client-binding site II (Yu et al., 2019). Further decreases in pH to values below 2 lead to a complete collapse of the protein structure of HdeA, resulting in a fully active chaperone (Yu et al., 2019).

The periplasmic chaperones SurA and DegP have been implicated as HdeA substrates under low-pH conditions (Zhang et al., 2011), and HdeA suppresses the acid-induced aggregation of SurA in vitro (Zhang et al., 2011). In addition, SurA or DegP assists HdeA in refolding acid-denatured alkaline phosphatase in vitro, suggesting that HdeA protects chaperones, such as SurA and DegP, and subsequently enables these chaperones to participate in the refolding of substrate proteins that are dissociated from HdeA following the transition to neutral pH (Zhang et al., 2011). Fibrillation of HdeA at pH 2 has been observed in a recent study, and these fibrils can be resolubilized following a shift to pH 7 (Miyawaki et al., 2019). This unusual reversibility of fibrillation for HdeA suggests this is another pH-dependent regulatory mechanism for HdeA.

The functional mechanism of HdeB is less well understood than that of HdeA. In contrast to HdeA, HdeB appears to function as a dimer in preventing acid-induced protein aggregation and facilitating refolding upon neutralization (Dahl et al., 2015). HdeB exhibits optimal chaperone activity at pH 4 in vitro (Dahl et al., 2015). HdeB has a well-folded dimeric structure at neutral pH, but it starts to undergo partial unfolding near pH 3 and reaches an overall unfolded state at pH 2–1.5 (Dahl et al., 2015; Ding et al., 2015). HdeB does not show significant chaperone activity at pH 2 (Dahl et al., 2015), suggesting that the activation of the HdeB chaperone function is linked to pH-dependent conformational changes rather than monomerization (Ding et al., 2015).

A protein sequence alignment of the HdeA and HdeB homologs revealed that the N-terminal nine residues present in HdeA are lacking in the N-terminus of HdeB (Yu et al., 2019). Since these residues are involved in protecting the client-binding site on HdeA, the client-binding site in HdeB is thus presumably constitutively exposed, allowing HdeB to interact with its client proteins under non-acidic conditions without the need for protein unfolding (Yu et al., 2019). Consistent with this hypothesis, HdeB prevents the aggregation of some substrates (like lactate dehydrogenase) at pH 7.5 in vitro (Lennon et al., 2015). HdeB copurifies with HdeA (Arnqvist et al., 1994), but HdeB and HdeA do not appear to heterodimerize in vitro (Kern et al., 2007; Dahl et al., 2015).



THE BILE-RESPONSIVE CHAPERONE, UgpB

UgpB is a periplasmic substrate-binding protein and a component of the uptake of glycerol phosphate system (Ugp system), which is also known as the glycerol-3-phosphate (G3P) ATP-dependent binding cassette transporter. It is conserved in various Gram-negative bacteria, including E. coli (Argast and Boos, 1979; Wuttge et al., 2012). Purified UgpB binds to G3P and glycerophosphocholine in vitro (Wuttge et al., 2012). These bound substrates are transferred to the inner membrane associated with the Ugp complex and then transported into the cytosol through the hydrolysis of ATP (Wuttge et al., 2012). Transported G3P can be utilized as a carbon or phosphate source (Wanner, 1996). We have recently shown that UgpB also functions as a bile-responsive chaperone (Lee et al., 2020). Bile is an amphipathic compound that assists mammals in the absorption of lipids (Heaton, 1969; Gunn, 2000; Urdaneta and Casadesus, 2017). Bile also exhibits potent antimicrobial activity mediated by its ability to disrupt cell membranes, cause DNA damage, and, importantly in reference to its chaperone activity, cause protein unfolding and aggregation (Prieto et al., 2004; Merritt and Donaldson, 2009; Cremers et al., 2014; Urdaneta and Casadesus, 2017). Bile enters the bacterial cytosol through a flip-flop mechanism (Cabral et al., 1987), and its entry leads to the induction of various chaperones, including Hsp33, DnaK, and GroEL (Flahaut et al., 1996; Bernstein et al., 1999; Leverrier et al., 2003; Ruiz et al., 2013; Cremers et al., 2014). The bacterial periplasm is presumably more highly exposed to bile than the cytosol is, owing to the porous nature of the outer periplasmic membrane, but, surprisingly, very little is known about how periplasmic proteins are protected against bile.

High-throughput transposon sequencing (Tn-Seq), in combination with a periplasmic protein-folding sensor, allowed us to establish that UgpB has chaperone activity (Lee et al., 2020). Tn-Seq allows one to compare the transposon-insertion frequencies between all genes in the genomes of two populations, one of which has been subject to genetic selection (Van Opijnen et al., 2009; Burby et al., 2017). Gene disruption by transposon insertion may affect the growth rate under the applied selection condition, and consequently certain genes shows altered transposon insertion frequencies. A periplasmic protein-folding sensor, which links protein stability to antibiotic resistance, provides powerful selection power for Tn-Seq. The unstable Im7 variant was used as a test protein in the context of the protein-folding sensor (Quan et al., 2011; Lee et al., 2020). The gene encoding Spy was rediscovered using this method (Lee et al., 2020). Another locus that had a highly elevated transposon insertion frequency was the pstSCA operon (Lee et al., 2020). PstSCA encodes an ATP-binding cassette transporter for phosphate uptake, and the disruption of each of these genes alters the expression levels of downstream genes, including ugpB (Gardner et al., 2015). In pst mutants, UgpB becomes the most abundant protein in the periplasm, and overexpression of UgpB acts to stabilize the protein-folding sensor in vivo (Lee et al., 2020).

Bile induces UgpB expression. Disrupting the ugpB gene confers bile sensitivity (Nichols et al., 2011; Hernandez et al., 2012), and overexpressing UgpB confers bile resistance (Lee et al., 2020). UgpB can prevent bile-induced protein aggregation (Lee et al., 2020). UgpB has, as a structural characteristic of periplasmic substrate-binding proteins, which are two globular domains connected by a hinge where the substrate, in this case G3P binding at the interface between the two domains (Figures 3B, 4; Wuttge et al., 2012). UgpB only exhibits chaperone activity when UgpB is in the G3P-free open state (Lee et al., 2020). Protein structural analysis and mutational targeting of G3P-binding residues revealed to us that a deep cleft opens up in UgpB when G3P is released (Lee et al., 2020). Consequently, a number of hydrophobic residues in the core cleft region are exposed, and this region then can function as a surface for chaperone activity (Lee et al., 2020). In addition, G3P can compete for the client protein that binds to UgpB, suggesting that UgpB’s G3P-binding and chaperone activities are mutually exclusive.

How is the chaperone activity of UgpB modulated in the host? Since G3P binding to UgpB inhibits its chaperone activity, there must be a mechanism to strip G3P from UgpB to prime it as an active chaperone before bacteria reach the duodenum, where bile is secreted. Bacteria have to pass through the stomach before they reach the duodenum. Since low pH unfolds proteins, including UgpB, any G3P bound to UgpB can be removed through exposure to the low pH conditions present in the stomach (Figure 3B; Lee et al., 2020). At neutral pH levels, like those present in the duodenum, UgpB is refolded, and it can thus function there as a bile-responsive chaperone (Lee et al., 2020). At subsequent points in the digestive tract, i.e., in the jejunum and ileum, bile is diluted out and efficiently absorbed, decreasing the bile concentration (Heaton, 1969; Weski and Ehrmann, 2012). Digesting food increases the G3P concentration in the jejunum and ileum, and this induces a role reversal in UgpB, in which it regains its activity as a periplasmic G3P-binding protein (Lee et al., 2020).

Diverse periplasmic substrate-binding proteins bind to their specific substrates such as amino acids, peptides, sugars and vitamins, and deliver them to the transport protein in the inner membrane to transport them into the cytoplasm (Ames, 1986). Periplasmic substrate-binding proteins share structural similarities, including two conserved domains linked by a hinge and a substrate-binding surface located at the interface between the two domains (Figure 4; Wuttge et al., 2012). Of note, in addition to UgpB, the chaperone activities of various bacterial periplasmic substrate-binding proteins, such as maltose-binding protein (MBP), galactose-binding protein (MglB), oligopeptide-binding protein (OppA), and dipeptide-binding protein (DppA), have previously been detected (Richarme and Caldas, 1997; Lennon et al., 2015). In addition, periplasmic substrate-binding proteins are very abundant at least under some conditions as UgpB and other chaperones. For example, OppA and DppA are highly induced at the stationary phase (Sangurdekar et al., 2006). MBP and OppA are the most abundant periplasmic proteins in E. coli K-12 and B strains (Han et al., 2014). These results suggest that at least several periplasmic substrate-binding proteins may also play roles in periplasmic proteostasis. However, their detailed molecular mechanisms and the physiological roles associated with their chaperone activities have not yet been elucidated. E. coli MBP is very widely used as a fusion tag to enhance the solubility of target recombinant proteins (Riggs, 2000). How an MBP-fusion tag increases the solubility of the target recombinant proteins is still unclear, but one possible explanation is that MBP functions as a cis-acting chaperone in the context of these fusions by binding to the aggregation-prone folding intermediates of the fused protein and preventing their aggregation (Richarme and Caldas, 1997; Fox et al., 2001). Importantly, the ligand-binding cleft of MBP has a hydrophobic nature, and the substitution of certain hydrophobic residues in the cleft with charged residues dramatically reduces the solubility of proteins fused to these MBP mutants (Fox et al., 2001). The chaperone activity regions for OppA and DppA have not been precisely determined, but, interestingly, co-crystal structures of OppA and DppA with their substrate peptides have shown that the peptides are bound deep inside the cleft (Dunten and Mowbray, 1995; Sleigh et al., 1999). These results suggest that the core hydrophobic cleft region is crucial for the chaperone activities of these periplasmic substrate-binding proteins, as it seems to be for UgpB.


[image: image]

FIGURE 4. Crystal structures of periplasmic substrate-binding proteins with open and closed conformations. The ligand-free open conformations and ligand-bound closed conformations are shown on the right and left, respectively, for each panel. Upon the release of the ligand, the buried core region is exposed to the solvent. The solvent–exposed cavities in the open conformation were detected using the CASTp 3.0 server (Tian et al., 2018) and were highlighted according to the characteristics of the residues (green, hydrophobic residues; orange, polar residues; blue: positively charged residues; red: negatively charge residues. (A) E. coli UgpB (pdb: 6 × 84 [open] and 4aq4 [closed]); (B) E. coli MBP (MalE, pdb: 1omp [open] and 1anf [closed]); (C) E. coli OppA (pdb: 3tch [open] and 3tcg [closed]); (D) Pseudoalteromonas sp. DppA (pdb: 4qfk [open] and 4qfn [closed]); (E) Treponema pallidum MglB (pdb: 6bgd [open] and 6bgc [closed]). Figures were made in pymol.




CONCLUDING REMARKS

Due to high affinity and low specificity of chaperone to their client proteins, chaperone activity needs to be finely regulated. If their activity is unregulated, their high affinity for the unfolded or partial-folded states may interfere with the folding process and thus be harmful to the cell. Many cytosolic chaperones utilize ATP to modulate their activity, but periplasmic chaperones require an alternative regulatory mechanism because the periplasmic space is completely lacking in ATP. To function as a chaperone during exposure to environmental stress in the periplasm, the expression level of the stress-responsive chaperones needs to be sensitively regulated. Spy, for example, is nearly absent during normal growth, but a massive induction of Spy occurs following envelope stress. In addition to regulating the expression level, periplasmic stress-responsive chaperones have a number of novel mechanisms to directly control their chaperone activities at the protein level. Spy fine-tunes its binding affinity for client proteins to enable them to fold while bound to Spy. DegP regulates its dual function as a chaperone and protease in response to temperature changes. A few of the periplasmic chaperones (e.g., HdeA, HdeB, and UgpB) take advantage of the external environmental changes associated with natural host physiology, such as the pH decline caused by the passage of bacteria through the stomach, to regulate chaperone activity. Low pH induces partial unfolding in HdeA and HdeB, activating their chaperone activities. Neutralization allows substrate release and the refolding of both the client and the chaperone. The bile-responsive chaperone UgpB also utilizes low pH as an environmental cue to activate UgpB as a chaperone. The low pH environment in the stomach strips off the bound G3P to activate the chaperone activity of UgpB, thus enabling UgpB to suppress bile-induced protein aggregation in the duodenum.
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Rising antibiotic resistance urgently calls for the discovery and evaluation of novel antibiotic classes and unique antibiotic targets. The caseinolytic protease Clp emerged as an unprecedented target for antibiotic therapy 15 years ago when it was observed that natural product-derived acyldepsipeptide antibiotics (ADEP) dysregulated its proteolytic core ClpP towards destructive proteolysis in bacterial cells. A substantial database has accumulated since on the interaction of ADEP with ClpP, which is comprehensively compiled in this review. On the molecular level, we describe the conformational control that ADEP exerts over ClpP, the nature of the protein substrates degraded, and the emerging structure-activity-relationship of the ADEP compound class. On the physiological level, we review the multi-faceted antibacterial mechanism, species-dependent killing modes, the activity against carcinogenic cells, and the therapeutic potential of the compound class.
Keywords: ClpP, protease, acyldepsipeptide, antibiotic, mode of action, conformational control, drug discovery
PHYSIOLOGICAL FUNCTIONS AND OPERATION MODE OF THE CLP PROTEASE IN VARIOUS ORGANISMS
The caseinolytic protease Clp is ubiquitous in prokaryotes and prokaryote-derived organelles of eukaryotic cells (Yu and Houry, 2007). Clp is important for protein turnover and homeostasis in a broad range of species and particularly relevant under protein stress conditions, such as elevated temperatures, exposure to protein damaging agents, or during the stationary phase (Frees et al., 2014). Regulatory proteolysis is the second major task of Clp, i.e., the rapid and coordinated degradation of central regulatory proteins, often transcription factors, to control differentiation and development programs of bacterial and eukaryotic cells (Nagpal et al., 2013; Mahmoud and Chien, 2018; Nouri et al., 2020). In the well-studied model organism Bacillus subtilis, the Clp protease regulates, e.g., the heat-shock response, sporulation, natural genetic competence, and swarming motility (Frees et al., 2014; Elsholz et al., 2017). In many pathogenic bacterial species, Clp is essential for the expression of critical virulence factors. Clp deletion mutants of, e.g., Staphylococcus aureus, Streptococcus pneumoniae, Listeria monocytogenes, and Enterococcus faecalis were impaired in host survival, intracellular persistence, or biofilm formation (Brötz-Oesterhelt and Sass, 2014; Bhandari et al., 2018; Moreno-Cinos et al., 2019a). Also, in prokaryote-derived organelles, the Clp protease has essential functions. In mitochondria, Clp is required for, e.g., reducing protein stress, proper functioning of respiratory chain complexes, the regulation of mitophagy, and fission/fusion dynamics (Bhandari et al., 2018; Nouri et al., 2020). In chloroplasts, the Clp protease is essential for plastid biogenesis and plant survival and in Plasmodium falciparum for apicoplast biogenesis and survival of the malaria parasite (Kim et al., 2009; Nishimura and van Wijk, 2015; Florentin et al., 2020).
A functional, compartmentalized Clp protease complex consists of the tetradecameric proteolytic core ClpP and a cognate hexameric Clp-ATPase (Baker and Sauer, 2012). Two stacked heptameric ClpP rings form the secluded proteolytic chamber, which can only be accessed through small apical pores. Fourteen active sites, generally containing the canonical catalytic triad (Ser, His, Asp) of a typical serine protease, reside at the equatorial plane of the chamber (Zeiler et al., 2013). ClpP alone can only hydrolyze peptides; the interaction with a Clp-ATPase is mandatory for the degradation of proteins (Maurizi et al., 1990). The catalytic sites themselves have very limited substrate preference, and substrate specificity is achieved by restricted substrate access to the chamber. Clp/HSP100 enzymes, which belong to the group of ATPases associated with diverse cellular activities (AAA+ ATPases), recognize substrates destined for degradation by ClpP via certain degradation tags (degrons), phosphorylation of dedicated arginine residues, or general physicochemical properties (i.e., denatured regions). Then, the Clp-ATPases unfold the substrate protein in a process fueled by ATP hydrolysis and accompanied by translocation of the polypeptide chain through a ClpP pore (Baker and Sauer, 2012; Olivares et al., 2014; Trentini et al., 2016). Adaptor proteins can mediate the interaction of a substrate to a Clp-ATPase and stabilize the active conformation of the latter. The presence of dedicated adaptors for specific substrates allows fine-tuning of regulatory proteolysis. Besides, elaborate feedback loops exist, in which either adaptors are themselves recognized as Clp protease substrates or Clp-ATPases, in a ClpP-independent chaperone function, protect substrates from Clp protease degradation (Kirstein et al., 2009b). Recently, it was also detected that the ribosome-associated trigger factor chaperone Tig modulates substrate degradation rates of ClpXP (Rizzolo et al., 2021).
Depending on the species, bacterial genomes generally encode either a single ClpP homolog (e.g., B. subtilis, S. aureus, or E. coli) (Yu and Houry, 2007), or two ClpP homologs (e.g., Mycobacterium spec., Listeria monocytogenes or Chlamydia trachomatis) (Akopian et al., 2012; Zeiler et al., 2013; Pan et al., 2019) and only rarely more than two (e.g., Streptomyces spec.) (Viala et al., 2000). In cases where two clpP isoforms exist, the formation of mixed ClpP1P2 hetero-tetradecamers is common. In such a heteromeric complex, each homolog assembles into a separate heptamer, both of which stack to build the hetero-tetradecameric barrel. Often, such assembly leads to catalytic stimulation (Akopian et al., 2012; Zeiler et al., 2013; Pan et al., 2019). In most bacterial species, the ClpP proteolytic core interacts with two or three different Clp-ATPases, which have distinct substrate preferences (Baker and Sauer, 2012; Frees et al., 2014). Considering organelles, mitochondria contain a relatively reduced system that consists of a single ClpP isoform and ClpX as the sole ATPase, whereas chloroplasts possess an exceptionally complex Clp machinery, with multiple ClpP homologs plus catalytically inactive regulatory ClpP isoforms even mixing within the heptameric rings (Nishimura and van Wijk, 2015; Bhandari et al., 2018).
The Clp protease is a dynamic molecular machine. In crystal structures, ClpP appeared in different barrel conformations designated as “compressed”, “compact”, and “extended” states (Geiger et al., 2011; Zhang et al., 2011; Liu et al., 2014). Compressed and extended are considered the two endpoints of a dynamic transition and the compact state a stable intermediate (Malik and Brötz-Oesterhelt, 2017). In the compressed conformation, ClpP is about 10–15 Å shorter than in the extended state and also wider, and there is only loose contact between the heptameric rings because in the so-called “handle-region” the α5 helix that is crucial for establishing the inter-ring interactions is kinked in all monomers (Figure 1). In the extended conformation, the α5 helices are stretched, and they establish a hydrogen bond network between the two rings (Gersch et al., 2013). Important for catalysis, the active site is located at the intersection of α5 and the main ClpP body, and the conformation of the catalytic triad is changed upon α5 movement (Geiger et al., 2011; Zhang et al., 2011; Gersch et al., 2013). Only in the extended conformation, the three active site residues are in the correct distance and spatial orientation to form hydrogen bonds, an interaction required for peptide hydrolysis. The flexibility of the handle region seems also to be important for the formation of transient side pores at the ring interface to facilitate product release after hydrolysis (Sprangers et al., 2005; Lee et al., 2011). Formation of a disulfide bridge in the α5 helix of a ClpP mutant strongly restricted conformational movement of the handle region and led to peptide accumulation in the proteolytic chamber (Sprangers et al., 2005). Another flexible domain of the ClpP protomer is the N-terminal loop. The seven N-terminal loops of a heptamer ring flank an entrance pore, and the dynamics of the N-terminal domain regulate pore diameter and thereby substrate access (Alexopoulos et al., 2012; Vahidi et al., 2018; Mabanglo et al., 2019; Malik et al., 2020). Each apical face of ClpP presents seven cavities lined with hydrophobic amino acids, which serve as docking points for the Clp-ATPases. Each cavity, termed “hydrophobic pocket” (H-pocket), is formed from two protomers within the same heptameric ring, and amino acids from adjacent monomers jointly line it (Baker and Sauer, 2012). Long flexible loops extending from the body of the Clp-ATPase recognize the H-pockets via a conserved three-amino acid motif (V/IGF/L) positioned at the tip of the “IGF-loops”, and this interaction stabilizes the active, extended conformation of ClpP (Kim et al., 2001). Clp-ATPases are hexamers, while the interacting surface of ClpP is heptameric. The molecular reason for this mismatch has long been elusive. Recent cryo-EM structures of Clp-ATPase/ClpP co-structures from several organisms revealed highly flexible interactions between the two partners mismatched in symmetry. It seems that the IGF-loops engage with different H-pockets over time. The structural plasticity at the Clp-ATPase/ClpP interface seems essential to enable the dynamics relevant to substrate unfolding, translocation, hydrolysis, and product release (Gatsogiannis et al., 2019; Ripstein et al., 2020a; Fei et al., 2020). The exact nature of the Clp-ATPase motion at the ClpP interface is subject of current research (Tsai and Hill 2020). While one model proposed a slow rotation of ClpX relative to ClpP (Ripstein et al., 2020a), another model favored ClpX dynamics without rotation (Fei et al., 2020; Kim et al., 2020).
[image: Figure 1]FIGURE 1 | Impact of ADEP on ClpP at the molecular level. Conformational dynamics of ClpP and conformational control exerted by ADEP. Upper row, side view on the tetradecameric barrel of ClpP, switching between the “compressed” and “extended” state as the two endpoints of the conformational transition. The term “compact” is used for an intermediate state (not shown). ADEP stabilizes the extended, active conformation. A single ClpP protomer within the barrel is highlighted in orange. Single protomer showing the dynamic α5 helix (right). Middle, top view on the apical surface of ClpP, depicting the closed pore in apoClpP and the widened pore upon ADEP4 binding. Magnified H-pocket formed by two neighboring protomers and occupancy by ADEP4. Bottom, magnified catalytic triads of the compressed, inactive vs. extended, active conformation. In the nucleophilic attack of the catalytic serine on the peptide bond carbonyl, the serine hydroxyl proton is abstracted by the histidine imidazole, and the positive charge at the histidine is stabilized by the carboxy group of the aspartate. The hydrogen network between the catalytic triad is essential for the interaction and the optimal distance for a hydrogen bond ranges from 2.7 to 3.3 Å. S. aureus ClpP structures are shown: Compressed barrel (PDB code: 4EMM) (Ye et al., 2013); compressed monomer (PDB code: 3QWD) (Geiger et al., 2011), extended barrel with closed (PDB code: 6TTY) and open pore (PDB code: 6TTZ) (Malik et al., 2020).
The Clp protease system is a complex and elaborate biological machinery, from the perspective of its molecular interactions and dynamics as well as the versatility of functions and relevance to the lifestyle of numerous organisms. Also, there is broad evidence that the Clp protease is an excellent anti-virulence, antibiotic and anticancer target. Over the last 2 decades, a vast amount of information has been published on these topics, of which the introductory passage of the current review can only provide a glimpse. For deeper insight, the interested reader is referred to the reviews cited above. In the following passages of this review, we will focus on the class of acyldepsipeptide (ADEP) compounds that first demonstrated that Clp could serve as a druggable target.
DYSREGULATION OF THE BACTERIAL CLP PROTEASE BY ACYLDEPSIPEPTIDE ANTIBIOTICS
Acyldepsipeptide in Its Natural Producer Strain Streptomyces hawaiiensis
The ADEP natural product complex A54556 is produced by Streptomyces hawaiiensis NRRL15010 and comprises several closely related congeners. All derivatives contain a macrolactone core composed of five amino acids (Ser, Pro, N-MeAla, Ala, Pro/MePro) and a polyene side-chain of varying length connected to the core by a phenylalanine linker. The initially proposed structure (Michel and Kastner 1985) was later slightly revised (Hinzen et al., 2006). ADEP 1 (factor A, Figure 2) emerged as the most active among the main components of the natural product complex, displaying a Minimal Inhibitory Concentration (MIC) of 6 μg/ml against S. aureus (Brötz-Oesterhelt et al., 2005), and it became the ADEP prototype and progenitor of an extended class of synthetic derivatives with improved properties. ADEP1 was reliably produced under all media conditions tested and seems to be produced during the entire life cycle of S. hawaiiensis (Thomy et al., 2019). Characterization of the biosynthetic gene cluster identified two non-ribosomal peptide synthetases (NRPS) for the assembly of the amino acid chain and cyclization, genes responsible for the biosynthesis of the characteristic methyl-proline moiety and a type II polyketide synthase (PKS) for the production of the polyene side-chain. An additional clpP gene is located close to the biosynthetic genes. Its product, termed ClpPADEP, functions as an ADEP resistance factor and was sufficient to provide high-level resistance to all Streptomyces species tested when heterologously expressed (Thomy et al., 2019). Six congeners initially detected in the A54556 natural product complex were also prepared by total synthesis and tested for their antibacterial activities in vitro (Goodreid et al., 2014). ADEP1 was confirmed as the most active among the main components of the natural product complex. Synthesized Compound 4 (Goodreid et al., 2014), corresponding to one of the minor components originally named “factor D” (Michel and Kastner, 1985), demonstrated an 8-fold lower MIC against S. aureus and also lower MIC values against S. pneumoniae and Neisseria meningitidis (Goodreid et al., 2014). Pharmacological evaluation of ADEP1 demonstrated promising antibacterial activity against Gram-positive bacteria, including multi-resistant isolates of S. aureus, S. pneumoniae, and enterococci (Brötz-Oesterhelt et al., 2005), but also liabilities, such as limited stability to light (due to the polyene side-chain), low metabolic stability and limited solubility. Several research teams have worked on and succeeded in the total synthesis of synthetic ADEP congeners with substantially improved properties (see Structure Activity Relationship of the Acyldepsipeptide Class).
[image: Figure 2]FIGURE 2 | Impact of ADEP on ClpP on the physiological level. ADEP acts by a dual mechanism. The binding of ADEP to the hydrophobic pockets at the apical surface of ClpP causes rapid and efficient displacement of all cooperating Clp-ATPases (red box). Consequently, all the natural functions of the Clp protease in protein homeostasis and regulatory proteolysis are inhibited, of which examples are given. In M. tuberculosis, which depends on a functioning Clp protease for survival, the blocked Clp-ATPase/ClpP interaction is the cause of death. Conformational control of ClpP by ADEP bestows independent proteolytic capabilities to the ClpP core (green box). A variety of non-native substrates are untimely degraded in a concentration-dependent manner, of which examples are given. The indicated members of the Firmicutes and other bacterial species die by self-digestion.
Proteolytic Activation of ClpP by Conformational Control
The target of ADEP is ClpP, a fact confirmed in a range of different bacterial species. Initial studies were performed with the natural product ADEP1, and more potent synthetic congeners were shown to have the same mode of action. ADEP is a hydrophobic molecule that binds to the same H-pocket that is typically addressed by the Clp-ATPases (Lee et al., 2010; Li et al., 2010). The affinities of improved ADEPs for ClpP are in the low µM or even sub-µM range (e.g., Goodreid et al., 2016; Griffith et al., 2019; Malik et al., 2020).
ADEP establishes contacts to both neighboring ClpP protomers forming the H-pocket (Figure 1), and these interactions support the intra-heptamer stability (Lee et al., 2010; Li et al., 2010). However, the stabilizing potential of ADEP goes beyond promoting the contacts within the same ring. For instance, B. subtilis ClpP, which is often purified in the monomeric state, assembles rapidly into a tetradecameric barrel upon ADEP addition (Kirstein et al., 2009a; Lee et al., 2010), and purified human mitochondrial ClpP shifts from the heptameric to the tetradecameric state (Lowth et al., 2012). Thermal shift assays demonstrated that ADEP binding enhances the overall folding stability of S. aureus ClpP (Gersch et al., 2015). Hydrogen–deuterium exchange experiments using E. coli ClpP showed that ADEP strongly enhances the rigidity of the handle region (Sowole et al., 2013), and an S. aureus ClpP mutant (D172N) trapped in the inactive compressed state, shifted to the active extended state when ADEP was bound (Gersch et al., 2015). A modeling study offered a rational explanation as to why ADEP stabilizes ClpP in the extended state (Zhang et al., 2011). While ADEP fits very well into the H-pocket conformation presented in crystal structures of extended ClpP, there is a strong steric clash of the ADEP side-chain with the H-pocket in the compressed conformation. Consequently, the extended conformation is favored upon ADEP binding, and the compound shifts the dynamic equilibrium of ClpP to the extended conformation (Figure 1). As noted above, the active sites are in the catalytically competent arrangement only when the α5 helix is extended. This fact explains how ADEP can activate catalysis allosterically. In experiments where ADEP and β-lactone suicide inhibitors were applied in combination, ADEP was shown to increase the acylation and deacylation rates of ClpP (Gersch et al., 2015).
There is elaborate cross-talk in ClpP through long-distance conformational relays, first, along the vertical axis between the H-pocket and the active site and second, horizontally between the H-pocket and the N-terminal domain lining the entrance pore (Malik and Brötz-Oesterhelt, 2017). With the exception of human mitochondrial ClpP, which presented itself in a compact state despite ADEP binding (Wong et al., 2018), all ADEP-ClpP co-crystal structures reported to date show ClpP in the extended conformation with a widened entrance pore. This is the case for B. subtilis ClpP (Lee et al., 2010), E. coli ClpP (Li et al., 2010; Mabanglo et al., 2019), S. aureus ClpP (Vahidi et al., 2018; Griffith et al., 2019; Malik et al., 2020), Mycobacterium tuberculosis ClpP (Schmitz et al., 2014b; Vahidi et al., 2020), Neisseria meningitidis ClpP (Mabanglo et al., 2019), and Enterococcus faecium ClpP (Brown-Gandt et al., 2018). A critical residue for regulating the conformation of the N-terminal gate is a conserved tyrosine (e.g., Y63 in S. aureus and B. subtilis ClpP) within the H-pocket. ADEP establishes hydrogen bonds to this residue and rotates it by 90°, resulting in a domino effect that triggers pore expansion by 10–15 Å (Lee et al., 2010; Li et al., 2010; Ni et al., 2016; Stahl and Sieber, 2017). Mutating the tyrosine to alanine has the same effect (Ni et al., 2016). In the process of pore opening, the electrostatic interaction network at the ClpP entrance pores is reorganized, the normally flexible N-terminal loops lining the pore uniformly adopt an ordered β-hairpin conformation, and the entire N-terminal domain slightly moves outward (Li et al., 2010; Alexopoulos et al., 2012; Schmitz et al., 2014b; Mabanglo et al., 2019; Malik et al., 2020). The fact that ADEP binding to the H-pocket controls the conformation of the entire ClpP barrel is impressively visible in the ADEP-bound structure of M. tuberculosis ClpP (Schmitz et al., 2014b). Here, the tetradecamer consists of one ClpP1 ring and one ClpP2 ring, and ADEP targets exclusively ClpP2. Accordingly, the crystal structure shows ADEP occupancy only in the ClpP2 H-pockets, while the ClpP1 pockets are empty. Nonetheless, both pores are wide open, emphasizing that ADEP engagement with the ClpP2 H-pocket controls the entire barrel and opens the opposite pore 90 Å away (Schmitz et al., 2014b). In the different ClpP structures so far determined, the diameter of ClpP pores widened by ADEP is in the range of 20–30 Å, sufficient for the passage of one to two α-helices of a protein substrate. While ClpP can usually only degrade small peptides, it is capable of degrading proteins in the ADEP-activated state (Brötz-Oesterhelt et al., 2005). The nature of the substrates is discussed in Substrates of Acyldepsipeptide-Activated ClpP.
The fact that ADEP shifts the equilibrium of ClpP to the extended conformation was also demonstrated for an unusually distorted and catalytically inactive S. aureus ClpP mutant. The V7A mutation in the N-terminal region of ClpP triggered an asymmetrical split-ring conformation, with protomers no longer being in the same plane and one protomer presenting a kinked α5 helix, which resulted in prominent equatorial side-pores (Vahidi et al., 2018; Ripstein et al., 2020b). Even such a strong distortion was cured by ADEP addition, and catalytic function was restored. A cryo-EM density map of the ADEP-bound V7A mutant showed all protomers in the same plane and the extended conformation, lacking side-pores (Vahidi et al., 2018). In the light of such a strong ordering effect, the question emerges how dynamic ADEP-bound ClpP is and how degradation products can leave the proteolytic chamber. It might well be that ADEP-activated ClpP is less dynamic than a ClpP barrel operated by a Clp-ATPase, which can place its distinct IGF-loops into the H-pockets in a sequential and rhythmic manner. There is also no indication that ADEP can generate an active force to push the substrate into the proteolytic chamber. All the ADEP-ClpP crystal structures reported to date and also the cryo-EM structure of V7A showed full occupancy of all H-pockets by ADEP. During crystallization, saturating activator concentrations are used, while during a proteolytic in vitro assay in solution or within an ADEP-exposed cell, the activator might diffuse on and off. Lower activator concentrations leave single H-pockets temporarily unoccupied. If this might influence the overall conformation of ClpP, potentially leading to transient side-pores, has not been investigated. However, it was noted that sub-stoichiometric ADEP concentrations negatively impacted the peptide hydrolysis rate of S. aureus ClpP (Gersch et al., 2015). Regrading product release, it should also be considered that the apical pores of ADEP-bound ClpP are wide open, generating a suitable peptide exit route, and that ADEP-activated ClpP operates with lower processivity than a Clp-ATPase/ClpP complex, as explained below.
Steric Hindrance of the ClpP–Clp-ATPase Interaction
Concerning the structural considerations discussed in the previous section, it should be emphasized that while ADEP activates the proteolytic core ClpP for independent activity, it simultaneously inhibits all the natural functions that ClpP performs typically in conjunction with Clp-ATPases (Kirstein et al., 2009a). ADEP binds to the same position that is normally recognized by the IGF-loops of the Clp-ATPases (Lee et al., 2010; Li et al., 2010) and efficiently prevents the interaction of ClpP with its cognate Clp-ATPase partners (Figure 2). The binding of only a single ADEP molecule to one hydrophobic pocket at one apical surface of the homo-tetradecameric S. aureus ClpP was sufficient to reduce ClpXP hydrolysis by half (Gersch et al., 2015). ADEP also disassembled a preformed complex consisting of B. subtilis ClpCP-MecA, with MecA being an adaptor of ClpC (Kirstein et al., 2009a). In a kinetic study with E. coli ClpXP, an extremely rapid dissociation of the Clp-ATPase from ClpP was observed upon ADEP addition (ClpXP half-life approx. 1s in the presence of ADEP). This happened despite the presence of ATP, which is known to stabilize the ClpP-Clp-ATPase interactions (Amor et al., 2016). Also, here, a single ADEP molecule was sufficient to make an entire E. coli ClpX ring dissociate from ClpP, and ATP hydrolysis was not required for this to occur. A “dynamic competition” model was proposed. Interactions of Clp-ATPase IGF-loops with the ClpP H-pockets are transient, with individual IGF loops temporarily unbinding while others remain bound. ADEP rapidly fills the vacant H-pocket, and a steric clash of the compound with the transiently unbound IGF-loop would be a plausible explanation for the dramatic destabilization of the complex (Amor et al., 2016). Interference of ADEP with Clp-ATPase-mediated protein substrate degradation by ClpP in vitro was demonstrated across species for all Clp-ATPases tested to date (e.g., Kirstein et al., 2009a; Lee et al., 2010; Carney et al., 2014b; Schmitz et al., 2014b; Gersch et al., 2015; Amor et al., 2016; Famulla et al., 2016).
Substrates of Acyldepsipeptide-Activated ClpP
ADEP binding to ClpP results in a dual mode of action. Blocking the interaction of ClpP with its cooperating Clp-ATPases leads to the accumulation of native substrates and a lack of Clp protease function in protein homeostasis and regulatory proteolysis (Figure 2). Simultaneously, the constitutive activation of ClpP results in an uncontrolled degradation of non-native substrates (Brötz-Oesterhelt et al., 2005; Kirstein et al., 2009a). In vitro, the model substrate casein is rapidly degraded by ADEP-activated ClpP, whereas it is stable for more than 24 h in the sole presence of ClpP (Brötz-Oesterhelt et al., 2005). While ClpP is highly processive, when working together with its cognate Clp-ATPases, ADEP-activated ClpP is not. In concert with a Clp-ATPase, the protein substrate remains engaged with the Clp-ATPase/ClpP protease complex and is inserted into the ClpP pore in an uninterrupted process generated by the dynamic motion of the Clp-ATPase on the apical surface of ClpP (Ripstein et al., 2020a). Only short peptides leave the degradation chamber. In contrast, a range of larger and smaller casein fragments emerges during degradation by ADEP-activated ClpP, demonstrating reduced processivity (Brötz-Oesterhelt et al., 2005; Kirstein et al., 2009a). Whether the smaller fragments result from the repeated engagement of a pre-digested larger fragment or whether the different fragment sizes reflect a different duration of a single engagement event is unknown.
Casein is a loosely folded protein, which makes its entry into the ADEP-widened pore and subsequent hydrolysis plausible (Figure 2). To compare the impact of ADEP-activated ClpP on further model substrate proteins with a higher and lower degree and speed of folding, an in vitro transcription/translation system was employed, using actively processing vs. stalled ribosomes (Kirstein et al., 2009a). The results were consistent and confirmed by pulse-labeling and immunoblotting experiments in intact E. coli cells. ADEP-activated ClpP attacked nascent polypeptide chains as they emerged from the exit tunnel of ribosomes in the process of translation (Figure 2). Not all substrates were equally susceptible. The slower the folding kinetics, the higher the susceptibility to degradation. Proteins capable of adopting a stable fold after release from the ribosome were susceptible during ongoing translation but resisted degradation once translation was completed and the protein released and folded. After removal of the total protein fraction from bacterial cells by trichloroacetic acid precipitation, ADEP-treated bacterial cells showed a substantial increase in the global percentage of (poly)peptides (i.e., fragments) too small for precipitation (Kirstein et al., 2009a). Whole-cell proteomic analysis of actively growing B. subtilis revealed a strong heat shock response indicative of protein stress as well as the presence of many N-terminal truncation products of pulse-labeled proteins synthesized during ADEP exposure (Brötz-Oesterhelt et al., 2005).
Proteome analysis was also conducted in stationary S. aureus cells treated for 24 h at 10-fold the minimal inhibitory concentration (10xMIC) of ADEP, and a proteolytic attack on several hundreds of protein species was noted (Conlon et al., 2013). The ADEP-activated ClpP core has broad destructive potential. Although the experimental set-up did not allow differentiation between the extent of co-translational vs. potential post-translational degradation (i.e., whether the fragments were generated from nascent chains or folded proteins), the fact that the ADEP-activated ClpP core had such a broad destructive potential on resting cells suggests that also folded proteins can be attacked (Conlon et al., 2013). This has important implications for the therapeutic prospect of the ADEP class of compounds as most other known antibiotics affect only growing cells (Conlon et al., 2013).
The ADEP-widened N-terminal gates of ClpP are well suited for the entry of nascent polypeptide chains or unfolded protein regions. To which extent the degradation of folded proteins is possible is an area of ongoing research. In vitro degradation assays using ADEP-activated ClpP were conducted with several purified proteins (DnaK, Tig, GroEL), selected as putative substrates as they had been detected in N-terminally truncated forms in ADEP treated cells. Besides, several known substrates (MecA, McsB, ComK, Spx) of natural Clp protease complexes (i.e., ClpP in cooperation with a Clp-ATPase) were chosen. All of these proteins resisted the degradation in vitro (Kistein et al., 2009). To date, there is only a single mature folded protein, which has been reported to be rapidly and efficiently degraded by ClpP at low ADEP concentrations in vitro, and this is the cell division pacemaker protein FtsZ (Figure 2). The fact that FtsZ is particularly sensitive to proteolysis by ADEP-activated ClpP was observed already some time ago when it was noted that bacterial cells treated with low ADEP concentrations close to the MIC retained substantial biosynthetic capacity and developed a prominent phenotype of cell division inhibition (Sass et al., 2011). Rapidly after ADEP addition, FtsZ disappeared from the cytoplasm of ADEP-treated B. subtilis, as shown by immunoblotting, and ClpP was necessary and sufficient for FtsZ degradation, while Clp-ATPases were not required (Sass et al., 2011).
Recently, the molecular basis for the exceptional sensitivity of the folded FtsZ protein was discovered (Silber et al., 2020). Contrary to initial expectations, it is not the extended, unfolded C-terminus that makes FtsZ such a good substrate for ADEP-activated ClpP but rather the physicochemical and structural characteristics of the N-terminal domain. The degradation process involves the short N-terminus of FtsZ, which extends only slightly beyond the body of the globular protein. The flexible portion of the N-terminus is definitively too short for reaching the active sites of ClpP when projected through an ADEP-widened pore. Nonetheless, the N-terminus makes an important contribution, as deletion of the first ten amino acids of B. subtilis ClpP abolished the characteristic degradation sensitivity of FtsZ (Silber et al., 2020). According to the current model, the short N-terminus of B. subtilis FtsZ is important for establishing a stable interaction with ADEP-activated ClpP and its hydrophobicity is instrumental in binding to the hydrophobic ClpP pore. Although ADEP cannot actively “push” a substrate into the opened pore of ClpP, in contrast to a Clp-ATPase, physicochemical interactions between the substrate and the widened ClpP pore probably influence the duration and strength of substrate engagement. The second decisive characteristic of the FtsZ-GTPase is a previously unnoted conformational flexibility of its folded N-terminal domain when neither GTP nor GDP is bound. Engaging ClpP further destabilizes the N-terminal domain of the nucleotide-free FtsZ. Unfolding is promoted, α-helices previously embedded in the folded N-terminal domain are exposed and become vulnerable to proteolytic attack, followed by degradation of the entire protein (Silber et al., 2020). This process occurs at an equimolar ratio of ADEP to ClpP monomer. It was also noted that at a 2.5 molar excess of ADEP over ClpP, the C-terminus of FtsZ becomes a second target site. The molecular explanation for this differential targeting process and whether it might involve different levels of conformational control of ADEP over ClpP is still elusive (Silber et al., 2020).
Bacterial Cell Biology During Acyldepsipeptide Exposure
ClpP is most probably the only target of ADEP in Firmicutes because B. subtilis, S. aureus, Streptococcus pneumoniae and Enterococcus sp. carrying deletions or loss-of-function mutations in ClpP showed high-level resistance to ADEP (Malik et al., 2020). The same was shown for E. coli (Brötz-Oesterhelt et al., 2005) and probably applies to other bacterial species, too. Despite acting on this single target, ADEP treatment results in different phenotypes depending on the compound concentration applied. At low ADEP concentrations (1–2x MIC), B. subtilis cells retain a remarkable capacity to produce biomass and develop into extremely long filaments. S. aureus and S. pneumoniae swell to several times the volume of the untreated control (Sass et al., 2011; Mayer et al., 2019). Although it is likely that ADEP-activated ClpP also attacks further proteins in addition to FtsZ under these conditions, degradation of the major cell division protein results in a particularly prominent phenotype across species and the most obvious kind of damage. Cell growth can go on for hours under such careful treatment conditions. The cell morphology of B. subtilis was monitored at the single-cell level by time-lapse microscopy during both ADEP exposure and recovery after compound removal. After 2 h in the presence of ADEP at 1–2x MIC, most B. subtilis cells could still recover. They synthesized new FtsZ and resumed cell division during recovery in ADEP-free medium (Mayer et al., 2019). Even after 5 h of treatment and reaching a length of 100–200 μm, many filaments still displayed regular nucleoid segregation. Then, rather rapidly, a point of no return was reached for most cells, beyond which they failed to recover. It was noted that the extremely long ADEP-induced filaments were particularly prone to lysis, an effect that had been described before for filaments generated by FtsZ knockdown (Beall and Lutkenhaus, 1991). The situation could be aggravated by the fact that ClpP has natural functions in regulating the cell envelope metabolism (Frees et al., 2014), which can no longer be performed in the presence of ADEP.
Notably, the phenotype of extreme filamentation (rods) and extensive swelling (cocci) did only develop at ADEP concentrations close to the MIC. At tenfold higher concentrations (10–12x MIC), biomass production ceased rapidly; rods remained relatively short, cocci small, and the number of colony-forming units decreased (Mayer et al., 2019). Obviously, additional damage is afflicted to the cells as ADEP levels rise, most probably through the degradation of further protein species that now become substrates. The observation that different regions of FtsZ can be targeted by ClpP at a higher molar surplus of ADEP over ClpP (see Substrates of Acyldepsipeptide-Activated ClpP) suggests a concentration-dependent attack on different protein species when the entire proteome is considered. Time-kill experiments showed that killing of S. aureus can be achieved with similar efficiency either by prolonged exposure (several hours) to ADEP concentrations close to the MIC or short-term exposure (10 min) to very high ADEP concentrations. However, applying 16x MIC for only 1 h was clearly not enough, and the cells could resume growth in fresh medium after a lag period of about 2 h (Mayer et al., 2019). It is likely that differences in the substrate spectrum of ADEP-activated ClpP underlie the uncommon biphasic response.
The fact that ADEP application to Firmicutes leads to rapid FtsZ degradation is also instrumental in studying the cell division process. ADEP application and removal can be performed rapidly, which is particularly beneficial in time-lapse experiments. Furthermore, the ADEP-triggered “chemical FtsZ knockdown” can be easily combined with other genetically induced cell division mutations. The finding that ADEP-activated ClpP preferably targets FtsZ in the nucleotide-free state at low ADEP concentrations (see Substrates of Acyldepsipeptide-Activated ClpP) was exploited in a recent study on FtsZ ring formation and progression in B. subtilis (Silber et al., 2021). ADEP primarily leads to the depletion of nucleotide-free monomeric FtsZ from the cytoplasmic pool, which is required for FtsZ ring dynamics. The study showed that newly formed FtsZ rings rapidly disappeared after ADEP addition, demonstrating their dependence on the cytoplasmic, nucleotide-free monomeric FtsZ pool and the dynamics of the FtsZ ring. In contrast, mature FtsZ rings, marked by arrival of the peptidoglycan synthases to the division site, were stable and capable of concluding the cell division cycle. The result suggests that the dynamics of FtsZ ring play a minor role in the late stages of divisome progression (Silber et al., 2021).
Activities of Acyldepsipeptide in Different Bacterial Species
The ADEP class, and especially several modified congeners, obtained by total synthesis and deviating from the original natural products, proved highly effective against Firmicutes, including multidrug-resistant isolates of pathogenic species (Brötz-Oesterhelt et al., 2005; Brown-Gandt et al., 2018; Mroue et al., 2019). MICs in the sub-µM and even nM range were observed against S. aureus (including methicillin-resistant strains, MRSA), S. pneumoniae (including penicillin-resistant strains, PRSP), Enterococcus faecium, and Enterococcus faecalis (including vancomycin-resistant strains, VRE) (Brötz-Oesterhelt et al., 2005; Carney et al., 2014b; Goodreid et al., 2016; Griffith et al., 2019). The killing mode in this group of organisms is the degradation of non-native substrates by the ADEP-activated ClpP core (Figure 2). This conclusion can be clearly drawn from the fact that clpP is not essential in these bacteria during growth in the laboratory under MIC assay conditions (Msadek et al., 1998; Malik et al., 2020). In all of the species mentioned, FtsZ seems to be a preferential target, as all of them displayed a phenotype of cell division inhibition at ADEP-concentrations close to the MIC (Sass et al., 2011).
ADEP acts well against growing bacteria but does not require active growth to display its effects. Exceptional activity was reported against stationary S. aureus cells. While classical antibiotics lacked activity against a stationary S. aureus culture over a period of 5 days, an improved congener, ADEP4 (Figure 3), caused a 4 log10 reduction in viable cells on the second day, and pairing ADEP with classical antibiotics led to complete eradication (Conlon et al., 2013). In combination with linezolid, ADEP4 was effective against high-density stationary cultures of an extremely multi-drug resistant BORSA (borderline-oxacillin resistant S. aureus) strain and a VISA (vancomycin-intermediate S. aureus) strain. For both strains, the drug combination achieved 5–6 log10 reduction in colony-forming units (CFU) over 72 h (Mroue et al., 2019). Potent bactericidal activity was also achieved against stationary-phase vancomycin-resistant E. faecalis (VRE) by ADEP4 in combination with a variety of clinically approved antibiotic drugs, reducing CFUs by 5 log10 over 72 h (Brown Gandt, et al., 2018).
[image: Figure 3]FIGURE 3 | Prominent ADEP congeners discussed in this review and structure-activity-relationship. Exemplary ADEP congeners are depicted that were prominently featured in the scientific literature on the compound class over the last 15 years. Compounds only described in patents are not shown. Natural products are shown in green boxes, and all other depicted structures were obtained by total synthesis. The natural product ADEP1 (“factor A”) represents the progenitor of the compound class, while “factor B” lacks the MePro and is 4-fold less active against S. aureus. Compounds synthesized originally to improve the activities against staphylococci, streptococci, and enterococci are shown in red boxes. ADEP2, ADEP4, and ADEP5 originate from an initial optimization campaign directed at improving the activity against S. aureus and increasing chemical and metabolic stability. Bis-fluorination of Phe led to strongly enhanced antibacterial activity. Rigidification of the macrolactone core by exchanging N-MeAla for pipecolic acid increased activity further. Reduction of the number of double bonds in the side-chain increased stability. Removal of the two terminal double bonds was sufficient to prevent sensitivity to light and temperature. This modification also increased metabolic stability, although ADEP4 was still a high-clearance drug. Removal of the α,β-double bond in ADEP2 enhanced metabolic stability further but led to a loss in antibacterial activity. ADEP2 was a medium clearance drug and still highly active but less active than ADEP4. ADEP5 illustrates that N-MeAla allows the attachment of bulkier moieties. ADEP5 has a substantially higher solubility. Further rigidification of the macrocycle by replacing Ser for allo-Thr brought an additional increase in antibacterial activity. Introduction of a urea moiety into the side-chain allowed to omit the α,β-double bond without loss of antibacterial activity. Within the ureadepsipeptide series (blue box), metabolic stability is markedly improved. ADEP26 (ADEP-14) showed very good activity against Neisseria (anti-Neisseria activity indicated by a yellow box). Against Neisseria and E. coli, the multiple-unsaturated side-chain is superior to the mono-unsaturated one. The same was observed for Streptomyces, against which ADEP1 proved superior to ADEP4. ADEP-28 (ADEP 1g, ADEP B315) and ADEP-41 (ADEP 1f) were featured as particularly active against human mitochondrial ClpP (grey box). Fragment 14 represents the minimal structural element required for ClpP activation and deregulation towards unregulated proteolysis, although removing the macrocycle reduces potency greatly. Fragment 2a binds to a yet unknown binding site at mycobacterial ClpP and does not interfere with ClpX binding.
Anti-biofilm potential was also tested. Again, the activity of ADEP4 surpassed all classical antibiotics tested and, in combination with rifampicin, was able to eradicate a biofilm formed by an osteomyelitis-associated S. aureus strain to the limit of detection (Conlon et al., 2013). In another study with a mature MRSA biofilm, ADEP alone was able to eradicate all viable cells (Scheper et al., 2021). Against a mature enterococcal biofilm, ADEP4, in combination with partnering antibiotics, was superior to the standard combination therapies ampicillin-gentamycin and ampicillin-daptomycin (Brown Gandt et al., 2018). Furthermore, a biofilm produced by an E. faecium VRE strain isolated from an immunocompromised patient with enterococcal bacteremia, proved resistant to linezolid (50 μg/ml), daptomycin (50 μg/ml), and vancomycin (256 μg/ml), but was already susceptible against ADEP4 already at 0.2 µM (Honsa et al., 2017). Encouraging is the report that new analogs of the ureadepsipeptide series maintain the generally very good antibacterial potency of the compound class. UDEP16 (Figure 3) demonstrated the same potency in combination with rifampicin as ADEP4 and led to a 5 log10 reduction of viable cells in an S. aureus biofilm (Griffith et al., 2019). In the UDEP series, the α,β-unsaturated bond typical for potent ADEPs from previous series is replaced by urea, leading to increased metabolic stability (Griffith et al., 2019).
The activity of ADEP is also well-studied for ClpP from M. tuberculosis. Here, the ClpP tetradecamer is heteromeric and consists of one ClpP1 homo-heptamer and a distinct ClpP2 homo-heptamer, which stack back-to-back to form the functional proteolytic core (Akopian et al., 2012; Schmitz and Sauer 2014a). To assemble into a catalytically competent mixed tetradecamer in vitro, the purified proteins had to be exposed to certain N-terminally blocked dipeptides serving as agonists by binding to and aligning the active sites but resisting degradation (Akopian et al., 2012; Schmitz and Sauer, 2014a; Schmitz et al., 2014b). The requirement of these agonists is a characteristic feature of M. tuberculosis ClpP, and the molecular explanation is offered by a recent biochemical and biophysical study (Vahidi et al., 2020). Cryo-EM of apo and ADEP-bound ClpP1P2 from M. tuberculosis revealed the lack of a typical β-sheet within the handle region of ClpP (i.e., next to α5), making this region more flexible. The binding of the N-blocked dipeptide agonist increases the level of order and allows ClpP1P2 to shift from an inactive compact conformation to the extended state with a properly aligned catalytic triad (Vahidi et al., 2020). Within the cell, peptide products are assumed to serve this agonistic function, generated while a Clp-ATPase actively threads a protein into the proteolytic core (Schmitz et al., 2014b). ADEP alone could not shift M. tuberculosis ClpP to the catalytically competent state, but ADEP activated the peptide-agonist preconditioned complex further (Schmitz et al., 2014b; Famulla et al., 2016). In the presence of both types of activators, M. tuberculosis ClpP1P2 degraded 10-mer and 11-mer peptides, a branched peptide, and casein (Schmitz et al., 2014b; Famulla et al., 2016) but not the cell division protein FtsZ, neither in vitro nor in M. tuberculosis cells (Famulla et al., 2016). In an ADEP-ClpP1P2 co-crystal structure, ADEP occupied the H-pockets of ClpP2 exclusively (Schmitz et al., 2014b). ClpX and ClpC1 also address only ClpP2, and both Clp-ATPases were efficiently displaced by ADEP in competition experiments (Schmitz et al., 2014b; Famulla et al., 2016).
In contrast to most other bacterial species investigated to date, the Clp protease system of M. tuberculosis is essential for survival under all growth conditions, and this refers to the ClpP1 and ClpP2 paralogs as well as the cooperating Clp-ATPases ClpC1 and ClpX (Sassetti et al., 2003; Griffin et al., 2011; Ollinger et al., 2012; Raju et al., 2012; Roberts et al., 2013). This constellation forms the basis for the unusual killing mode of ADEP in this species. A conditional Mycobacterium bovis BCG mutant was constructed, a species in which clpP1 and clpP2 have 100% sequence identity to M. tuberculosis. Downregulation of the ClpP1P2 level in this strain enhanced the antibacterial activity of ADEP substantially. Increased antibiotic activity upon target downregulation is a clear indication of an inhibitory mechanism, demonstrating that ADEP does not kill M. tuberculosis by activating the ClpP1P2 core towards independent proteolysis of non-native substrates. In contrast in this species, where ClpP is essential, it is the interference with the natural functions of the Clp protease that causes cell death in the presence of ADEP (Figure 2). When ADEP binds to the H-pocket, the interaction of the Clp-ATPases with the ClpP core is blocked and it is presumed that this leads to the accumulation of toxic transcription factors (Raju et al., 2014; Famulla et al., 2016; Yamada and Dick, 2017). In a recent study, the activity of a range of synthetic ADEP fragments was explored against M. tuberculosis ClpP1P2. The authors hypothesized that the fragments might bind to the H-pocket and act similar to ADEP, thereby showing an inhibitory mechanism. While this was the case for some of the fragments (e.g., fragment 14; Figure 3), some other fragments demonstrated activating activities. For the latter group, this speaks against their binding to the H-pocket and implies that depending on the fragment structure more than one binding site at the ClpP barrel can be targeted (Schmitz et al., 2020). Fragment 2a (Figure 3) is an example of an activating fragment, that did not displace mycobacterial ClpX from ClpP but stimulated GFP-ssrA degradation by ClpXP. This finding suggests that fragment 2a does not compete with ClpX for the H-pocket but addresses a yet unknown binding site at ClpP (Schmitz et al., 2020). Exploring the chemical space of ADEP fragments is warranted as all full-size ADEP congeners tested so far showed only moderated MIC values against M. tuberculosis (Ollinger et al., 2012; Famulla et al., 2016; Schmitz et al., 2020).
With a molecular mass in the range of 700–900 g/mol and a hydrophobic nature, it is to be expected that ADEP congeners have difficulties in crossing the outer membrane of Gram-negative bacteria. Indeed, while isolated ClpP from E. coli was highly susceptible to ADEP and could be dysregulated in the same manner and with the same conformational characteristics as ClpP from B. subtilis or S. aureus (Kirstein et al., 2009a; Li et al., 2010), the MIC of ADEP against wildtype E. coli is high (>64 μg/ml). Using an acrA deletion mutant of E. coli and additionally, an outer membrane permeabilizing agent, an MIC of 3 μg/ml could be achieved (Brötz-Oesterhelt et al., 2005), indicating that the hurdle is not target- but uptake-related. Neisseria cells are more permeable than E. coli to a range of agents, and also the ADEP class demonstrated better activities against Neisseria. Promising activity was achieved with ADEP26 (Figure 3), designated ADEP-14 in a follow-up study from the same team (Goodreid et al., 2016; Binepal et al., 2020). The compound inhibited the growth of a diverse collection of clinical isolates (8 N. meningitidis strains, 14 N. gonorrhoeae strains) at 0.04 μg/ml (Binepal et al., 2020).
Wolbachia are also α-Proteobacteria, although with an atypical cell envelope. They are obligate endobacteria and reside as symbionts in the gut of parasitic filarial nematodes. Filarial infections can be treated with antibiotics because the worms depend on Wolbachia to survive. Several ADEP derivatives were evaluated for their anti-filarial activity (Schiefer et al., 2013). Among those, the natural product ADEP1 was the most effective congener in inhibiting Wolbachia residing in insect cells, and the compound demonstrated efficacy comparable to the gold standard doxycycline. When Wolbachia were targeted within filarial worms, ADEP2 surpassed ADEP1, probably due to its higher metabolic stability (Schiefer et al., 2013). In vitro casein degradation assays with purified recombinant Wolbachia ClpP confirmed activation by ADEP, and FtsZ degradation could be monitored by immunofluorescence microscopy of Wolbachia within insect cells (Schiefer et al., 2013).
In recent years, first in vitro studies on recombinant heteromeric ClpP1P2 complexes from additional pathogens have been performed, and the responsiveness of those new proteolytic cores to ADEP was characterized. Chlamydia trachomatis encodes two ClpP paralogs in two separate genetic loci, and the proteins emerge as heptamers after purification. Catalytic activity is only observed in the presence of a mixed ClpP1P2 hetero-tetradecamer, and the catalytic triads of both ClpP proteins jointly contribute to catalysis (Pan et al., 2019). As expected, ClpP1P2 alone can only degrade peptides, and in line with its established mechanism, ADEP allows chlamydial ClpP1P2 to degrade casein. ADEP and ClpX from chlamydia bind preferentially to the H-pocket of ClpP2 (Pan et al., 2019). Clostridium difficile also encodes two clpP genes in separate locations but in this case, hetero-tetradecamer formation did not occur in vitro (Lavey et al., 2019). Instead, ClpP1 formed a robust homomeric peptidase, which could be stimulated by ADEP and ClpX towards the degradation of a fluorogenic decapeptide and GFP-ssrA, respectively. ClpP2 did also act independently but was only very weakly active in vitro. Homomeric ClpP2 responded to ClpX stimulation but not significantly to ADEP (Lavey et al., 2019).
A ClpP1P2 complex was also described for Leptospira, the causative agent of an emerging zoonotic disease, and casein degradation was stimulated by ADEP (Dhara et al., 2021). In Leptospira, trigger factor (TF) is chromosomally colocalized with ClpP and ClpX, and the same applies to E. coli and many other organisms. This observation led two research teams to test a potential functional connection (Choudhury et al., 2021; Rizzolo et al., 2021). The addition of TF to Leptospira ClpXP stimulated casein degradation by the protease (Choudhury et al., 2021). In the E. coli study, proteolytic activation of ClpXP by Tig was demonstrated for a broader range of protein substrates in vitro, and from pulse-chase experiments in E. coli cells it was estimated that about 2% of newly synthesized proteins are degraded in a TF-dependent manner (Rizzolo et al., 2021). Peptide array mapping, mutagenesis and NMR analyses jointly support an interaction model which involves all three domains of TF and the AAA+ plus zinc-binding-domain of ClpX, establishing TF as a new adapter for ClpX (Rizzolo et al., 2021). However, TF also impacts the activity of the ClpP core when ClpX is absent (Choudhury et al., 2021). In Leptospira, TF stimulated the peptidase activity of ClpP1P2 and also casein degradation by the ADEP-activated Leptospira ClpP1P2 core (Choudhury et al., 2021). As demonstrated by these examples, ADEP is also increasingly used as a research tool to better characterize new ClpP homologs.
Therapeutic Potential of the Acyldepsipeptide Class Against Bacterial Infections
Remarkable in vivo potency was reported for a range of ADEP derivatives in distinct bacterial infection models. In the treatment of an acute E. faecalis murine septicemia, a single dose of ADEP4 (0.5 mg/kg) or ADEP2 (1 mg/kg) was sufficient to ensure survival, and both ADEPs surpassed the efficacy of linezolid (Brötz-Oesterhelt et al., 2005). In another murine E. faecalis septicemia study, ADEP4 alone was as effective as ampicillin, the current clinical standard of care, and both antibiotics in combination were significantly more effective than either drug alone, with an additional 2 log10 reduction of the bacterial burden in the kidney compared to either monotherapy (Brown Gandt et al., 2018). An acute lethal S. aureus bacteremia was cured with 6 mg/kg ADEP4, while linezolid achieved only 60% survival at 12 mg/kg (Brötz-Oesterhelt et al., 2005). The ADEP derivative B315 (Figure 3) was more effective than vancomycin in reducing the bacterial load in the spleen and liver of mice acutely infected with S. aureus (Arvanitis et al., 2016). Also during the treatment of a lethal S. pneumoniae sepsis in rats, ADEP4 surpassed linezolid (Brötz-Oesterhelt et al., 2005).
Not only acute infections were successfully treated with ADEP. A rare and characteristic feature of ADEP is the potential to kill not only actively replicating bacteria but also persistent and dormant bacteria, biofilm-forming isolates, and bacterial cultures at high densities, conditions where standard antibiotics fail. The medical need for therapeutic options against infections by bacteria in such a resting physiological state is extremely high. There is no convincing treatment to date for e.g., endocarditis, osteomyelitis, and device-associated infections (Mroue et al., 2019). In a mouse model of a complicated thigh infection that emulates a deep-seated S. aureus infection in the immunocompromized patient, a combination of ADEP plus rifampicin led to sterilization of the infected tissue within 24 h (Conlon et al., 2013).
In a recent study aiming to evaluate the pharmacological potential of the ADEP class, ADEP4 was tested against an expanded panel of current multidrug-resistant staphylococci (methicillin- and vancomycin-resistant) and enterococci (VRE). Very promising MIC50 and MIC90 values (i.e., the lowest concentrations required to inhibit the growth of 50% and 90% of the strains from the panel, respectively) were obtained, and no preexisting cross-resistance among the bacterial population was detected (Mroue et al., 2019): MIC50/MIC90 (µg/ml) for E. faecalis (0.015/0.03), E. faecium (0.015/0.03), S. aureus (0.5/1). An in vitro pharmacokinetic and pharmacodynamic (PK/PD) study was also performed, using the dynamic hollow-fiber model. This is a technical system, where porous fibers are bundled within a cartridge, and bacteria occupy the space surrounding the fibers, being exposed to the fluid that leaks from them. By means of a set of hydrostatic pumps, nutrient broth of rising or declining antibiotic concentration is pumped through the fibers and equilibrates with the bacteria-containing compartment, simulating antibiotic concentrations in a time-controlled manner. Clinically achievable compound concentrations and their dynamic changes over time were simulated based on available pharmacokinetic data in human (for approved antibiotics) or animals (ADEP), and again, the potency of ADEP4 combinations was assessed against high-density (1010 Cfu/ml) cultures of S. aureus (MSSA and MRSA) and E. faecalis (VRE). Here, the combination of ADEP4 with bactericidal antibiotics proved highly effective, leading to an 8 to 9 log10 reduction in viable cells (Mroue et al., 2019). All available studies on the pharmacological evaluation of ADEP had a Gram-positive focus. Alternative antibiotic treatment options are also urgently needed against Neisseria due to the spread of high-level resistance among N. gonorrhea (Wi et al., 2017). As the MICs of certain ADEP derivatives against this species are low, further evaluation is also warranted against these Gram-negative bacteria.
For a toxicological assessment, few data are available so far. Histological analyses of kidney and liver sections from healthy mice treated with 50 mg/kg ADEP B315 did not indicate any significant tissue toxicity, in contrast to the kidney toxicity detected in mice treated with vancomycin (Arvanitis et al., 2016).
Regarding chemical and metabolic stability, substantial progress has been made within the ADEP class. Starting from the natural product ADEP1, which was susceptible to light and also metabolically unstable, thus lacking activity in infection models (Hinzen et al., 2006), the mono-unsaturated series around ADEP4 represented already a marked improvement, yielding a potent drug lead with excellent in vivo efficacy. Nonetheless, ADEP4 was still a high clearance drug (Brötz-Oesterhelt et al., 2005). With the discovery of the ureadepsipeptide series, metabolic stability has now substantially improved. During in vitro incubation with mouse liver microsomes, the compound half-life increased from 0.15 h for ADEP4 to 1.72 h for UDEP16, while retaining the same excellent target affinity, binding pose at ClpP and antibacterial activity (Griffith et al., 2019). This achievement is an important step towards a clinical candidate.
Another point to consider when discussing potential future ADEP therapy is the risk of emergence of ADEP-resistant mutants. In experiments to assess the degree of spontaneous resistance, a high mutation rate in the range of 10–6 was observed in vitro for several species of Firmicutes because clpP is not essential in these organisms under non-stressed growth conditions in the laboratory (Brötz-Oesterhelt et al., 2005; Conlon et al., 2013; Carney et al., 2014b; Brown Gandt et al., 2018; Malik et al., 2020). Mutants were also observed when high-density cultures were exposed to ADEP. In such experiments, an initial phase of strong bactericidal ADEP activity was followed by a phase of regrowth mediated by clpP mutants (Brown Gandt, et al., 2018; Mroue et al., 2019). However, ClpP is a stress protein with multiple functions in stress management in bacterial cells (Frees et al., 2014; Elsholz et al., 2017). The fact that clpP is strongly expressed when bacterial cells encounter protein stress implies that the unstressed conditions used commonly to determine resistance rates in the laboratory might not reflect the real situation that clpP mutants encounter in the host. Besides, the role of ClpP as a regulator essential for the expression of many virulence factors is established in a variety of bacterial species, and clpP deletion strains of many species were shown to be attenuated in the infection process (for reviews see Brötz-Oesterhelt and Sass, 2014; Frees at al., 2014; Culp and Wright, 2017; Bhandari et al., 2018; Moreno-Cinos et al., 2019b). In a recent study, the molecular defects of a collection of clpP mutants selected under ADEP pressure were investigated (Malik et al., 2020). In most, if not all mutants, the Clp protease system seemed out-of-function, as the mutations affected the catalytic function, oligomer dynamics or inter-subunit interactions. Even in cases where “only” the ADEP binding site (i.e., the H-pocket) was mutated, the interaction of the Clp-ATPases with the proteolytic ClpP core was impaired, also resulting in an out-of-function condition (Malik et al., 2020). Therefore, it is reasonable to assume that clpP mutations might occur with reduced frequency during ADEP therapy in the patient, as maintenance of functional ClpP is more important in the host. Nonetheless, any resistant mutant emerging under therapy is one too many. Therefore, it is highly recommended to apply ADEP only in combination with another antibiotic with proven efficacy against the target pathogen. In the preclinical investigations so far, various established antibiotic drugs showed potential as possible combination partners, offering some options (Conlon et al., 2013; Brown Gandt et al., 2018; Mroue et al., 2019). Care should be taken, however, with antibiotics, against which clpP mutations were reported to reduce susceptibility, among them glycopeptides, daptomycin, and β-lactam antibiotics, although effects might be species- or even strain-specific (Shoji et al., 2011; Song et al., 2013; Baek et al., 2014).
Drug resistance can also occur by efflux. For some species, it was described that ADEP congeners are subject to efflux. In E. coli, an acrA deletion mutant showed an increased sensitivity to ADEP1, indicating that the compound is a substrate for the RND (resistance-nodulation-cell division superfamily) pump AcrAB-TolC (Brötz-Oesterhelt et al., 2005). In Streptomyces lividans, a mutant overexpressing the ABC (ATP binding cassette)-transporter SclAB was more resistant than the corresponding wildtype against the A54556 natural product complex secreted into the agar by the producer strain (Gominet et al., 2011). In Streptomyces coelicolor, the MIC of the des-methyl-analog of ADEP4 rose by a factor of 2, when the ABC transporter SCO1719 was overexpressed (Compton et al., 2015) and Mycobacterium tuberculosis was twofold more susceptible to the des-methyl-analog of ADEP2, when the efflux pump inhibitors reserpine or verapamil were added (Ollinger et al., 2012). Notably, an ADEP fragment, i.e., N-heptenoyl-difluorophenylalanine (Figure 3) representing the linker plus side-chain of ADEP 4, was capable of inhibiting the efflux of ADEP in S. coelicolor and Mycobacterium smegmatis, probably by competing with the full-length ADEP for the binding sites at the pump(s) (Compton et al., 2015). To our best knowledge, there is no report on the efflux of ADEP in Firmicutes. For the cases of efflux mentioned above, a systematic assessment of the structural elements that make ADEP more or less sensitive to it (i.e., structure-activity-relationship) is lacking.
Dysregulation of Mitochondrial ClpP by Acyldepsipeptide
Human mitochondrial ClpP is nucleus-encoded, translated in the cytoplasm, and imported into mitochondria via an N-terminal targeting sequence to be removed in this process (Corydon et al., 1998; Yu and Houry, 2007). The same applies to ClpX, which is the only known Clp-ATPase in mitochondria (Corydon et al., 2000; Nouri et al., 2020). There is no cytoplasmic version of either of them. Similar to its function in bacteria, mitochondrial ClpP, together with mitochondrial ClpX, is responsible for protein quality control and homeostasis. Mitochondrial ClpXP also regulates oxidative phosphorylation, mitochondrial ribosome biogenesis and contributes to various cellular stress response pathways and signaling cascades (Voos 2013; Valera-Alberni and Canto, 2018). Although ClpXP is present in almost all eukaryotic cells, its importance and expression levels vary among cell-types (Bross et al., 1995). In skeletal and heart muscle cells, ClpXP is strongly expressed, and ClpP-deficient muscle cells showed impaired proliferation, differentiation failure, and severely disturbed mitochondrial respiration (Bross et al., 1995; Deepa et al., 2016). In the lung, kidney, brain, and placenta, expression is significantly lower (Bross et al., 1995; Wong et al., 2018). Mutations in mitochondrial clpP are linked to type 3 Perrault syndrome, a rare human autosomal recessive condition, causing ovarian dysfunction in females and sensorineural hearing loss in both males and females (Gispert et al., 2013; Jenkinson et al., 2013; Brodie et al., 2018). In recent years, ClpP gained interest as an anticancer drug target, as it proved to be important for tumor proliferation in cancer types that have an increased dependence on mitochondrial function and thereby, high ClpP levels (Bhandari et al., 2018; Nouri et al., 2020). For instance, ClpP overexpression was noted in subgroups of patients with certain subtypes of acute myeloid leukemia, non-small cell lung cancer, sarcomas, as well as prostate, lung, liver, ovary, bladder, uterus, stomach, testis, and thyroid tumors (Cole et al., 2015; Nouri et al., 2020).
Due its potential to dysregulate bacterial ClpP, ADEP was also explored against human mitochondrial ClpP. As with the bacterial homologs, ADEP binds to the H-pockets of human mitochondrial ClpP, widens the entrance pores to the catalytic chamber, and activates the proteolytic core towards independent casein degradation (Lowth et al., 2012; Wong et al., 2018). Again, like with the bacterial counterparts, ADEP efficiently displaces human ClpX from ClpP, thereby inhibiting all the natural functions of the mitochondrial Clp protease (Wong et al., 2018). Among a series of synthetic ADEP derivatives tested, certain congeners with particularly good activation of mitochondrial ClpP, e.g., ADEP28 and ADEP-41 (Figure 3), were selected for mechanistic investigations on immortalized cell lines. The growth of several immortalized cell lines treated with those derivatives was inhibited with IC50 values of ∼0.5 µM (Wong et al., 2018). CLPP−/− HEK293 cells were resistant to ADEP, and cells expressing more ClpP than the wildtype demonstrated increased sensitivity. From these data, it can be concluded that in HEK293 cells, the proliferation-inhibiting mechanism of ADEP is based on the activation and deregulation of the independent ClpP core and not on inhibition of the ClpX/ClpP interaction. Investigations on the phenotype of HEK293 cells treated with ADEP-41 indicated inhibition of oxidative phosphorylation, induction of mitochondrial fragmentation, fragmentation of chromosomal DNA, and activation of the intrinsic apoptotic pathway (Wong et al., 2018). In addition, ADEP1 was found to inhibit cell cycle progression in renal cancer cells (Xu et al., 2013), although high concentrations of the natural product had to be used (IC50 ∼50 µM). A molecular explanation was provided by the strong downregulation of cell cycle cyclin D1, a cyclin with multiple oncogenic functions that is commonly upregulated in cancers (Xu et al., 2013).
Structure Activity Relationship of the Acyldepsipeptide Class
Several closely related natural product congeners were isolated from the culture broth of Streptomyces hawaiiensis NRRL 15010 (Michel and Kastner, 1985). “Factor A” (ADEP1, Figure 3) and “factor B” were the main components of the natural product complex and differ only in a single methyl group at the proline. The presence of the methyl moiety improves the antibacterial activity against S. aureus about 4-fold (Hinzen et al., 2006; Goodreid et al., 2014). MICs for ADEP1 were 4–6 μg/ml for S. aureus, 0.06–1.6 μg/ml for streptococci, and 0.4 for enterococci and set the benchmark for further improvement of the compound class (Brötz-Oesterhelt et al., 2005; Goodreid et al., 2014). Despite already promising MIC values, especially against streptococci and enterococci, ADEP1 lacked efficacy in infection models. Liabilities included moderate S. aureus activity, low chemical, and metabolic stability as well as insufficient solubility for parenteral application (Hinzen et al., 2006).
In an initial total synthesis campaign conducted at Bayer, several hundred derivatives were prepared and profiled (Brötz-Oesterhelt et al., 2005; Hinzen et al., 2006). Although molecular information on the target–compound interaction had not been available at that time, substantial improvement was achieved, as exemplified by ADEP2, ADEP4, and ADEP5 (Figure 3). Bis-fluorination of the phenyl ring in the linker strongly improved the antibacterial activity for staphylococci, streptococci, and enterococci, but only if 2 (no more, no less) fluorine atoms were introduced and if they were placed in positions 3 and 5 of the ring (Hinzen et al., 2006). Once the co-crystal structure became available, it became clear that this region reaches deeply into the H-pocket (Lee et al., 2010; Li et al., 2010), and 4-fluorination probably leads to a steric clash (Malik and Brötz-Oesterhelt, 2017). The Cα stereocenter at the Phe must be S-configured as R-configuration led to inactivity (compare ADEP3 in Brötz-Oesterhelt et al., 2005).
Rigidification of the macrolactone core enhanced activity further and was achieved by replacing the N-MeAla moiety with pipecolic acid. The crystal structure later showed that this region of the macrocycle is not submersed within the H-pocket but solvent-exposed (Lee et al., 2010; Li et al., 2010). Accordingly, the attachment of bulkier substituents was allowed at this position, for instance, to enhance solubility, as exemplified in ADEP5 (Brötz-Oesterhelt et al., 2005). A crosslinker could also be attached to assist mode of action studies (see ADEP6 in Brötz-Oesterhelt et al., 2005). Removal of the conjugated triene from the side-chain increased stability to temperature and light, and as long as the α,β-double bond was maintained and in trans-configuration, antibacterial activity remained very high. These modifications are exemplified by ADEP4, which became a drug lead with excellent in vitro and in vivo potency, as demonstrated by several studies described in this review. Reported MICs for ADEP4 were in the range of 0.05–0.2 μg/ml for S. aureus, 0.02 μg/ml for streptococci, and 0.008–0.1 μg/ml for enterococci (Brötz-Oesterhelt et al., 2005; Brown-Gandt et al., 2018; Griffith et al., 2019).
Further rigidification of the macrolactone core by the introduction of 4-methylpipecolate and allo-threonine were explored and led to ADEP1g (ADEP B315; ADEP-28) with even further improved antibacterial activity: MICs of 0.024 μg/ml were reported against S. aureus and ≤0.00002 μg/ml against S. pneumoniae and E. faecalis (Socha et al., 2010; Carney et al., 2014b; Arvanitis et al., 2016). Later, the dysregulating potential of the compound against human mitochondrial ClpP and its cytotoxic effects on eukaryotic cell lines were described, which occur at somewhat higher concentrations (IC50 ∼ 0.5 µM; Wong et al., 2018). Names in brackets indicate that the same compound was investigated in several studies and assigned different designations. Similar antibacterial and cytotoxic values were reported for ADEP1f (ADEP-41) with a MIC of 0.1 μg/ml against S. aureus, ≤0.00002 μg/ml against S. pneumoniae and E. faecalis, and an IC50 for eukaryotic cell lines at 0.5 µM (Carney et al., 2014a; Wong et al., 2018). In an attempt to increase stability, the ester linkage motif in the macrocycle was replaced by an amide or N-Me-amide but both modifications resulted in a strong decrease in activity (Li et al., 2017).
The side-chain offered some freedom for modification and was used as an important position for optimization. Replacing the α-carbon of the α,β-double bond by nitrogen yielded the saturated ureadepsipeptide series with improved metabolic stability and good potency. The MIC for UDEP16 against S. aureus was 0.1 μg/ml (Griffith et al., 2019). The acyl chain also tolerated further variations, but had to remain hydrophobic and within a certain length. In terms of activity, a linear heptenoyl side-chain was very good against staphylococci (ADEP4), but a branched chain was also allowed (Carney et al., 2015), and the introduction of a cyclohexane ring (ADEP2) and a p-methyl-phenyl moiety (UDEP16) were tolerated (Brötz-Oesterhelt et al., 2005; Hinzen et al., 2006; Griffith et al., 2019). Against Gram-negative bacteria and Streptomyces ssp., a lower degree of saturation seems beneficial. The triene natural product ADEP1 was more active than ADEP4 against E. coli and Streptomyces, although it has to be noted that the outer membrane of E. coli must be permeabilized to generate activity at all (Brötz-Oesterhelt et al., 2005; Thomy et al., 2019). A diene functionality is present in the natural product “factor D” and ADEP26, and both showed excellent activity against Neisseria (Goodreid et al., 2014; Goodreid et al., 2016; Binepal et al., 2020). The fact that both contain eight carbon atoms in contrast to the length of seven carbon atoms that was optimal for staphylococci suggests a somewhat longer binding pocket in Gram-negatives.
A fragment of ADEP4 consisting of linker and side-chain (N-heptenoyldifluorophenylalanine, fragment 14, Figure 3) represents the minimal requirement for obtaining antibacterial activity (MIC B. subtilis 8 μg/ml) and for triggering independent proteolysis of ClpP. Enzymatic assays suggested a similar binding mode as for full-length ADEP (Carney et al., 2014a). The peptidolactone macrocycle is inactive on its own but improves affinity and thereby potency by establishing additional contacts to the H-pocket.
CLPP ACTIVATION AND DYSREGULATION BEYOND ACYLDEPSIPEPTIDE
The observation that ClpP could serve as a druggable antibiotic target triggered interest in the search for structurally distinct activators of ClpP. In a high-throughput screening campaign, ∼65,000 compounds (synthetic chemicals, natural products, and marketed drugs) were tested for their potential to stimulate casein degradation by the E. coli ClpP core (Leung et al., 2011). A diverse set of non-ADEP compounds emerged, termed “activators of self-compartmentalizing proteases (ACP)”. ACP1b (Figure 4) was obtained by chemical modification of a screening hit and represents one of the best compounds from the initial study (Leung et al., 2011). Although certain ACPs showed, in principle, a similar activation mechanism as ADEP (i.e., stimulation of independent casein degradation by ClpP and stabilization of the tetradecamer), their dissociation constant KD was substantially higher than for ADEP (Leung et al., 2011). In a follow-up study, a MIC value of 2–4 μg/ml against N. meningitidis was reported for the same compound, then termed ACP1-06, and an additional 100-fold improvement in MIC was achieved by another round of chemical optimization (Binepal et al., 2020). The compounds were active against multidrug-resistant N. gonorrhoeae and N. meningitidis isolates, showed no cross-resistance to established antibiotics, and killed Neisseria when residing inside eukaryotic cells (Binepal et al., 2020). Another screening approach, this time employing >20,000 bacterial and fungal extracts and ∼450 pure secondary metabolites, led to the indolinone natural product sclerotiamide (Figure 4) (Lavey et al., 2016). The compound activated E. coli ClpP to degrade casein and an undecapeptide but rather weakly compared to ADEP and less effectively than an ACP. Antibacterial activity against E. coli cells was not observed, and there was also no activation of B. subtilis ClpP (Lavey et al., 2016). Up to now, there is no information on the binding mode and molecular mechanism of sclerotiamide. In an alternative approach towards natural product-inspired bioactive agents, bioinformatic analyses were combined with chemical synthesis. From the genomic information of 96 non-ribosomal peptide synthetase gene clusters, structures of the putative natural products were deduced and 157 cyclic peptides were prepared by total synthesis (Chu et al., 2020). Nine of those showed antibacterial activity against diverse species and were characterized further. One peptide, inspired by a gene cluster of Collimonas fungivorans and thus termed collimosyn (Figure 4), inhibited the growth of B. subtilis, S. aureus, and E. faecalis (MIC of 4–8 μg/ml) and affected the proliferation of HELA cells (IC50 ∼8 μg/ml). To obtain first insight into the mode of action, resistant mutants were generated. Those contained out-of-function mutations in clpP, and a S. aureus ΔclpP strain was also insusceptible (MIC >128 μg/ml), suggesting that collimosyn kills S. aureus by ClpP activation and deregulation. In vitro experiments to confirm ClpP binding or activation have not been conducted so far (Chu et al., 2020).
[image: Figure 4]FIGURE 4 | ClpP activators from other structural classes.
For mitochondrial ClpP, further activators/deregulators were also described. Compound D9 (Figure 4) activated human mitochondrial ClpP to degrade casein and showed unusual selectivity by failing to induce proteolysis by the ClpP proteins of E. coli, S. aureus, and Listeria monocytogenes (Stahl et al., 2018). The interaction of human mitochondrial ClpX with ClpP was inhibited. The activation profile and potency of D9 were comparable to a compound resembling the ADEP4 linker and side chain. A crystal structure confirmed binding of D9 to the H-pocket, proved pore widening, and presented human mitochondrial ClpP in a compact conformation like it had been seen before with ADEP28 for this protein (Stark et al., 2018; Wong et al., 2018). Based on structure-activity analyses and modeling, it was proposed that the halogenated benzyl moiety of D9 and the bis-fluorinated phenylring of ADEP occupy the same position deep within the H-pocket.
Human mitochondrial ClpP was recently also identified as the molecular target of a new anticancer compound (Graves et al., 2019; Ishizawa et al., 2019; Wang and Dougan, 2019). ONC201(Figure 4) is the first-in-class member of the imipridone family of anticancer drugs and is currently being tested in clinical trials to treat diverse solid and hematologic tumors. Phase II clinical studies with positive outcomes were reported for refractory solid tumors (Stein et al., 2017) and glioblastoma, indicating that ONC201 can pass the blood-brain barrier (Arrillaga-Romany et al., 2017). ONC201 demonstrated substantial activity as a single agent and synergy in combination with other anticancer drugs (Prabhu et al., 2020). Preclinical investigations demonstrated enhanced activity of newer analogs from the same class (e.g., ONC212, alternative name TR31; see Figure 4) and suggest broad applicability to diverse types of cancer (Wagner et al., 2018; Aminzadeh-Gohari et al., 2020; Bonner et al., 2020; Jacques et al., 2020; Zhang et al., 2020). ONC206 has just entered Phase I clinical trials as a single agent for the treatment of central nervous system tumors (Bonner et al., 2020). Although other biological activities were also described for ONC201 and its congeners, e.g., dopamine D2 receptor antagonism or upregulation of the endogenous TNF-related apoptosis-inducing ligand (TRAIL) (Allen et al., 2015; Kline et al., 2018), a recent meta-analysis across 539 human cancer cell lines identified ClpP as the most significant biomarker for imipridone susceptibility of eukaryotic cells (Bonner et al., 2020). Two independent studies established ClpP as the primary target of the imipridones. In one of them, the authors started with the drug, immobilized an ONC201 derivative, and fished ClpP as the target (Graves et al., 2019). In the second study, the authors took the opposite approach. They screened a small library of drugs for the potential to stimulate casein degradation by human mitochondrial ClpP and found ONC201 as a screening hit (Ishizawa et al., 2019). Collectively the two studies established the following line of evidence. Only CLPP+/+ and not CLPP−/− cells were sensitive to the imipridones, and ClpP expression levels in cancer cells directly correlated with their sensitivity to the drugs. A single amino acid substitution in ClpP led to ONC201 resistance and expression of wildtype ClpP in resistant tumor cells restored sensitivity (Graves et al., 2019; Ishizawa et al., 2019). On the molecular level, the mechanism of ONC201 corresponds to that of ADEP. A co-crystal structure of ONC201 and human mitochondrial ClpP demonstrated binding to the hydrophobic pocket (Ishizawa et al., 2019). As a result, a stable active tetradecamer was formed with widened entry pores capable of degrading larger peptides and casein. In cancer cells, ClpP activation by ONC201 led to the degradation of respiratory chain subunits, impaired oxidative phosphorylation, and apoptosis. Despite the same principle mechanism, the imipridones were much more potent than ADEP1 in activating human mitochondrial ClpP and in inhibiting the proliferation of cancer cells (Ishizawa et al., 2019).
The mitochondrial Clp protease of the fungus Aspergillus flavus was recently identified as the target of the bacterial natural product dioctatin A (Furukawa et al., 2020). The compound was identified in a search for inhibitors of aflatoxin production in the fungus, but the mechanism was elusive. Also here, affinity chromatography was conducted, using immobilized dioctatin, a simplified analog of the natural product amenable to total synthesis. ClpP bound selectively to the compound. Dioctatin stimulated A. flavus ClpP in vitro for independent casein degradation, although 20 µM dioctatin had to be applied to demonstrate an appreciable proteolytic effect, compared to 1 µM ADEP1. Proteomics analysis of a mitochondrial extract digested by dioctatin-activated mitochondrial ClpP in vitro demonstrated truncated fragments of several energy-related mitochondrial proteins. Consistently, a variety of changes in energy metabolism were noted as well as reduced histone acetylation, the latter causing reduced expression of the aflatoxin biosynthesis genes (Furukawa et al., 2020).
In a recent publication the term “paracatalytic inducers” was coined for agents that accelerate an enzyme reaction that is not physiological (Callahan et al., 2020). The ClpP activators discussed in this review promote paracatalysis of the “substrate ambiguity” subtype, which refers to agents that enable the transformation of non-native substrates. It seems that more and more paracatalytic inducers of ClpP emerge, now that people have started looking for them.
CONCLUSION
Since the discovery of ClpP as the target of ADEP about 15 years ago, our knowledge base has substantially expanded. On the one hand, on the compound class of ADEP itself, concerning the pharmacophore and structure-activity-relationship responsible for the biological activities, as well as on the multifaceted mechanism of action. ADEP exerts elaborate conformational control over the entire ClpP tetradecamer, leading to allosteric activation and pore opening to allow unchecked degradation of non-native substrates. A wealth of information also accumulated on ClpP itself, including its role as a major stress protein, virulence factor, and global regulator.
ClpP emerged as a prime antibacterial, anticancer, antiplasmodial, and antifungal target, ubiquitous across organisms and druggable by diverse structural classes. Here, ADEP often served as a forerunner in target validation studies. Nowadays, in mode of action discovery studies for new agents (such as collimosyn or ONC201), ClpP activation is already regularly taken into account and tested as a potential growth inhibitory mechanism. Interesting about ClpP, and also unusual, is that both ClpP activation and inhibition have therapeutic potential. ClpP activation is appealing as active growth of cells is not required, which holds promise for the treatment of dormant cells and persistent infections. ClpP inhibition is also promising; however, this is a broad topic and was therefore omitted from this review. Briefly, in bacteria, ClpP inhibition represents a broad-spectrum anti-virulence approach. In eukaryotic cells, it is encouraging that ClpP inhibition causes only a mild phenotype in most cell types while certain cancer subtypes with enhanced dependence on ClpP are highly sensitive.
The ADEP compound class is close to generating a clinical candidate, and from the imipridone class, two candidates are already being tested in clinical trials. Although both compound classes act by the same mechanism and target the same binding site at ClpP, ADEP is particularly potent in bacteria, whereas the imipridones, from all of what is published to date, clearly surpass ADEP in cancer cells. Compound D9 was even selective for human mitochondrial ClpP. It will be interesting to understand the underlying molecular interactions better and exploit them for the development of even more selective agents.
ADEP also proved to be a handy tool. Before Clp-ATPase/ClpP-Clp structures were accessible by cryo-EM, the ADEP-ClpP co-crystal structures of various organisms allowed detailed insight into the operation mode of ClpP and the functionality of the H-pocket as a master-regulator for controlling the conformation of ClpP along the vertical and horizontal axis. More and more research groups interested in new ClpP proteins with low activity after purification employ ADEP for stabilizing ClpP in an active conformation during their in vitro experiments. In some bacteria and when applied in concentrations close to the MIC, ADEP is also instrumental for studying cell division processes, capitalizing from the fact that FtsZ is a preferred target of ADEP-activated ClpP under these conditions.
The ADEP class originates from a natural product complex. Nature has employed ClpP as a target long before we discovered it, highlighting the value of mode of action studies with natural products.
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Small heat shock proteins (sHsps) are an evolutionarily conserved class of ATP-independent chaperones that form the first line of defence during proteotoxic stress. sHsps are defined not only by their relatively low molecular weight, but also by the presence of a conserved α-crystallin domain, which is flanked by less conserved, mostly unstructured, N- and C-terminal domains. sHsps form oligomers of different sizes which deoligomerize upon stress conditions into smaller active forms. Activated sHsps bind to aggregation-prone protein substrates to form assemblies that keep substrates from irreversible aggregation. Formation of these assemblies facilitates subsequent Hsp70 and Hsp100 chaperone-dependent disaggregation and substrate refolding into native species. This mini review discusses what is known about the role and place of bacterial sHsps in the chaperone network.
Keywords: protein aggregation, protein refolding, holdase activity, chaperones, small heat shock proteins (sHsps), proteotoxic stress, Hsp70–Hsp100 dependent disaggregation
INTRODUCTION
Bacterial sHsps, unlike most other chaperones, were discovered later than their eukaryotic homologues. They were originally found in Escherichia coli inclusion bodies (Allen et al., 1992), hence they were given names IbpA and IbpB inclusion body-associated protein A and B. They were later reported to interact with endogenous polypeptides upon heat stress conditions and therefore classified as members of the chaperone family (Laskowska et al., 1996).
The level of sHsps in bacteria is very low at physiological conditions. This is due to very tight regulation of sHsp expression at both transcriptional and translational levels. In E. coli ibpA and ibpB genes are arranged into an operon which is controlled by σ32, the main heat shock response regulator (Allen et al., 1992; Chuang and Blattner 1993; Kuczyńska-Wisńik et al., 2001). The deletion of the ibpAB operon does not influence E. coli growth in permissive conditions, however during prolonged harsh stress it substantially decreases bacterial viability (Kuczynska-Wisnik et al., 2002).
After transcription at a permissive temperature, the ibpAB mRNA forms a hairpin structure, which restricts access to its own Shine-Dalgarno sequence (SD) (Waldminghaus et al., 2009; Gaubig et al., 2011), preventing unnecessary translation. Additionally, oligomeric IbpA negatively regulates its own translation by directly binding to ibpAB mRNA, which promotes the mRNA degradation by polynucleotide phosphorylase (Miwa et al., 2021). At the protein level, excessive sHsps are effectively degraded by Lon protease (Bissonnette et al., 2010).
At stress conditions the expression of sHsps rapidly increases. This is orchestrated by the σ32 transcription activation, meltdown of the SD-covering mRNA hairpin structure (Waldminghaus et al., 2009) and heat-induced deoligomerization and dissociation of IbpA from its own mRNA (no more degradation stimulation) (Miwa et al., 2021). This, in E. coli, causes ∼300 fold induction of the sHsp expression at the transcriptional level (Richmond et al., 1999), which results in a very dynamic 20-fold increase in the cellular abundance of sHsps (Valdez-Cruz et al., 2011; Laskowska et al., 1996; Mogk et al., 1999). This is in contrast to other heat shock proteins, whose cellular levels typically increase only 2–3 times in similar conditions (Mogk et al., 1999).
Such unusually tight multilevel control of IbpA and IbpB expression in E. coli points to their importance at stress conditions and suggests that at physiological conditions sHsps may exert some negative effects on bacterial growth. Indeed, it was recently observed that the overexpression of IbpA inhibits E. coli growth (Miwa et al., 2021). It was also observed that the expression of Mycobacterium tuberculosis sHsp16.3 arrests cell growth, which in the case of TB is beneficial, as it allows the bacteria to establish the characteristic latent infection (Hu et al., 2006).
Although bacterial sHsp expression studies explored mostly E. coli, less investigated bacterial systems seem to generally show similar trends of the heat-dependent sHsps expression. Analyzing sHsp genes from multiple alpha- and gamma-proteobacteria, Narberhaus and colleagues have shown that, similarly to E. coli sHsps, they possess RNA thermometers within SD sequences (Narberhaus et al., 2006) that form hairpins on the mRNA structure and melt upon a temperature rise to promote the translation initiation.
STRUCTURE OF BACTERIAL SMALL HEAT SHOCK PROTEINS
The secondary and tertiary structure of bacterial sHsps is highly conserved. The central ∼90 aa α-crystallin domain is the basic structural element which defines the membership in the sHsp family (Haslbeck and Vierling 2015; Basha et al., 2013). The α-crystallin domain consists of two antiparallel ß-sheets, formed by three and four β-strands, as well as an extended, so-called dimerization loop. This structure is conserved among bacterial and other, non-metazoan sHsps (Hilario et al., 2011; Mani et al., 2016). The α-crystallin domain is flanked by highly divergent, partially unstructured, flexible N- and C - terminal extensions. These tend to be enriched in prolines, which may contribute to the reduced amount of secondary structures present in these termini (Kriehuber et al., 2010). A highly conserved feature of the C-terminal extension is the (I/V)-X-(I/V) motif (Haslbeck and Vierling 2015), preceded by a positively charged amino acid (in E. coli IbpA - arginine 133) (Strozecka et al., 2012).
A characteristic feature of all sHsps is their ability to form oligomers. Known structures of bacterial sHsp oligomers include tetrahedral 12-mers formed by M. tuberculosis Hsp 16.3 (Kennaway et al., 2005), as well as the 18-meric trigonal bipyramid and the 24-meric octahedron formed by Salmonella typhimurium AgsA (Mani et al., 2016). Deinococcus radiodurans Hsp 20.2 is able to form 18-mers and 36-mers (Bepperling et al., 2012) and E. coli IbpA and IbpB form large, polydisperse oligomers up to several MDa in size (Shearstone and Baneyx 1999; Matuszewska et al., 2005), IbpA also being able to form fibrils in vitro in the absence of IbpB (Ratajczak et al., 2010).
The oligomers are formed by sHsp dimers that interact with each other and build higher-order structures (Kennaway et al., 2005; Hilario et al., 2011; Mani et al., 2016). A notable exception is Hsp 17.7 from D. radiodurans that does not form higher-order oligomers and exists exclusively as a dimer (Bepperling et al., 2012). Interactions between α-crystallin domains play a crucial role in the formation of the dimers. In the case of bacterial sHsps, the dimer is stabilized mainly by interactions between the extended loop on one monomer and two β- strands on the other monomer (Hilario et al., 2011; Bepperling et al., 2012; Mani et al., 2016).
While not required for sHsp dimerization, the N- and C- terminal extensions play a crucial role in the formation of higher-order oligomers (Mani et al., 2016; Strozecka et al., 2012; Bepperling et al., 2012; Fu et al., 2005). The conserved C-terminal (I/V)-X-(I/V) motif interacts with a hydrophobic groove formed by two β-sheets on the α-crystallin domain of the other sHsp, providing an anchoring interaction between adjacent dimeric units in the sHsp oligomer (Kennaway et al., 2005; Bepperling et al., 2012). The N-terminal extensions tend to group together inside the oligomer structure and their deletion prevents the formation of higher order oligomers (Kennaway et al., 2005). Current understanding of the N-terminal extension detailed role in bacterial sHsp oligomerization is limited by the difficulty in obtaining high-quality crystallographic data, likely due to N-terminus mobility in the oligomer (Hilario et al., 2011; Mani et al., 2016).
ACTIVITIES OF BACTERIAL SMALL HEAT SHOCK PROTEINS
Since eukaryotic (also human) sHsps were discovered before their bacterial homologues, the majority of biochemical data describing sHsp activities come from eukaryotic systems studies. It is somehow anticipated that bacterial sHsps possess similar biochemical properties since sHsps from both groups are structurally similar (Haslbeck et al., 2019). Both eukaryotic (Friedrich et al., 2004; Painter et al., 2008; Benesch et al., 2010) and bacterial sHsps oligomer populations (Shearstone and Baneyx 1999; Jiao et al., 2005) are in dynamic equilibrium and upon temperature raise tend to shift toward smaller species. Oligomerized sHsps are considered an inactive, storage form of sHsps and it is the heat-dissociated smaller species (dimers?), that are believed to be responsible for their chaperone activity (Haslbeck and Vierling 2015).
The canonical chaperone activity of sHsps is ATP-independent and is based on scavenging unfolding polypeptides before they spontaneously aggregate and either quickly releasing them after a swift stabilization or more permanently complexing them into so-called sHsp-substrate assemblies (Figure 1)—at least in vitro (Haslbeck et al., 2005). It is still unclear what is the discriminating factor that drives the process towards either the first or the second path, it is however speculated to rely on the unfolding state/hydrophobicity of the substrate.
[image: Figure 1]FIGURE 1 | sHsps influence the substrate aggregation process. Temperature increase causes deoligomerization and activation of sHsps, which start binding to partially unfolded polypeptide substrates. This modifies the aggregation process and leads to the formation of sHsp-substrate assemblies.
The quick bind-and-release activity path of bacterial sHsps can be observed both in vitro and in vivo in enzyme activity protection assays. In this way E. coli sHsps were shown to protect different enzymes from thermal (Fu et al., 2013; Matuszewska et al., 2005), oxidative and freeze-thaw (Kitagawa et al., 2002) inactivation. On the other hand, however, there are sHsps that are completely ineffective in this mode of activity. In turn, they are capable of stably binding polypeptides and driving their aggregation towards small assemblies (Chang et al., 1996). In fact, there are species like D. radiodurans that possess two different non-interacting sHsps, where each seems to be dedicated to either transient or stable interactions with unfolding polypeptides (Bepperling et al., 2012). This is in contrast to E. coli, where both expressed sHsps can, to some extent, protect enzymes from inactivation (Kitagawa et al., 2002; Matuszewska et al., 2005) and cooperate in stable substrate binding and disaggregation (Matuszewska et al., 2005; Ratajczak et al., 2009; Zwirowski et al., 2017). Therefore, it is not only substrate hydrophobicity but also an inherent property of the sHsp that decides whether to bind stably or transiently.
Bacterial sHsps, similarly to their eukaryotic homologues, are considered to bind aggregation-prone polypeptides via the N-terminus, which is uncovered by a thermal dissociation of sHsp oligomers (Strozecka et al., 2012; Altenhoff et al., 2013; Chernova et al., 2020), and hydrophobic patches of the α-crystallin domain (Fu et al., 2013). Intermediate sHsp-polypeptide complexes may later associate into bigger assemblies comprised of both unfolded substrates and multiple sHsps. These constitute a safe-storage for clusters of folding intermediates that are protected from further aggregation by an sHsp outer shell (Zwirowski et al., 2017). sHsps interaction with unfolding substrate not only protects the substrate from further aggregation but also preserves the substrate secondary structure (Ungelenk et al., 2016). However, it was only shown using yeast sHsps and the analogous activity for bacterial sHsps has to be confirmed.
In vitro work has revealed that assemblies built of sHsps and substrates are substantially smaller than substrate amorphous aggregates formed in the same conditions in the absence of sHsps (Chang et al., 1996; Ratajczak et al., 2009; Obuchowski et al., 2019). As a consequence, the surface to mass ratio for the assemblies is much bigger, which generates more sites at which the disaggregation and substrate refolding may potentially start. However, it is not known if in vivo association of sHsps with denatured substrates increases the surface to mass ratio, as observed in vitro.
In addition to the classical chaperone activity towards proteins, some sHsps were found to participate in membrane maintenance in Synechocystis PCC 6803 and Oenococcus oeni (Horvath et al., 1998; Torok et al., 2001; Maitre et al., 2014). Analogically, this activity is exerted by dissociated species that bind to the bacterial inner membrane, reducing its fluidity in stress conditions or in the presence of organic solvents (Torok et al., 2001; Capozzi et al., 2011; Maitre et al., 2012). sHsps were also found to stabilize thylakoid membranes in photosynthesizing cyanobacteria (Nakamoto and Honma 2006) or be involved in membrane fluidification in Lactobacillus plantarum, contributing to its cryotolerance (Arena et al., 2019). Despite the substrate difference, these activities seem similar to the classical chaperone protective activity and therefore the proteins exerting such activities (sHsps) were named lipochaperones (Maitre et al., 2014).
SMALL HEAT SHOCK PROTEINS COOPERATE FUNCTIONALLY WITH HSP70 AND HSP100 CHAPERONES IN REFOLDING OF THE AGGREGATED SUBSTRATE
The introduction of sHsps to the family of molecular chaperones has raised fundamental questions regarding their possible relations to other, ATP-dependent chaperones in orchestrating cellular proteostasis. This drove the research on sHsps toward more precise integration in the network of molecular chaperones and their interactions. As described in the previous section, sHsps were shown to create sHsps-substrate assemblies upon aggregation initiation, which provoked the obvious concerns about the later fate of these structures.
There are two possible scenarios for protein aggregates—either degradation by proteases or disaggregation and refolding. The second is mediated by Hsp70 system (DnaK, DnaJ and GrpE cochaperones in bacteria) either cooperating with Hsp100 disaggregase (ClpB in bacteria) in some organisms or acting alone in others (e.g. in metazoans). The very first connection between the latter scenario and bacterial sHsps was provided by Veinger and colleagues (Veinger et al., 1998), who in vitro explored disaggregation and refolding mediated by E. coli DnaK-ClpB bi-chaperone system in the presence or absence of IbpB (Figure 2). While the ability of sHsps to form assemblies was already known, the authors aimed to investigate whether IbpB binding has an impact on substrate disaggregation. They showed that IbpB does indeed influence the later refolding, facilitating it when present upon the denaturation step. Together with similar studies on an eukaryotic sHsp (Ehrnsperger et al., 1997), it seeded the hypothesis, that sHsps stabilize folding intermediates into assemblies that constitute a reservoir for their subsequent refolding. Later, yet another link between sHsps and 'big' chaperones was provided by Mogk et al. (2003b). They showed that E. coli sHsps, IbpA and IbpB, cooperate with ClpB and the DnaK system in vitro and in vivo and that IbpA and IbpB become essential for cell viability when DnaK levels are reduced (Mogk et al., 2003a).
[image: Figure 2]FIGURE 2 | Model of refolding of substrates from sHsp–substrate assemblies by Hsp100-Hsp70 bi-chaperone system. sHsps dynamically bind and dissociate from the assemblies, competing with Hsp70 for binding sites. Binding of Hsp70 to assemblies allows for Hsp100 (ClpB) disaggregase recruitment, which initiates substrate disaggregation and refolding.
Intuitively, one could think that such a refolding reservoir – as it was shown for E. coli IbpB (Veinger et al., 1998) - should generally facilitate disaggregation by Hsp70-Hsp100 bi-chaperone system. Indeed, it was reported that the denaturation of several different substrates in the presence of sHsps substantially increases the subsequent ClpB-DnaK-dependent refolding efficiency (Matuszewska et al., 2005; Mogk et al., 2003a; Mogk et al., 2003b). However, it was also noticed that it is not universal. E. coli IbpA protein, which efficiently forms assemblies, was reported to possess an evident inhibitory activity towards disaggregation and refolding in the absence of its IbpB paralog (Matuszewska et al., 2005; Ratajczak et al., 2009). This Janus-faced behavior of sHsps was not really explained until 2017, when Zwirowski and colleagues (Zwirowski et al., 2017) proposed a model for the interplay between sHsps and Hsp70 system in the refolding of aggregated substrates. They showed that the sHsp-induced inhibition is observed solely at low Hsp70 concentration and above a certain Hsp70 threshold sHsp presence in aggregates provides a substantial boost in disaggregation. This led to several mechanistic experiments, where the authors showed that the long-pursued sHsp interaction with other chaperones is, in fact, indirect. It is based on a simple Hsp70-sHsp competition for substrate polypeptides. Only the Hsp70 molecules that win the competition and bind the aggregate may further recruit, dock and stimulate the Hsp100 disaggregase for a polypeptide extraction (Rosenzweig et al., 2013; Miot et al., 2011; Liberek et al., 2008; Mogk et al., 2015) (Figure 2). The Hsp70-dependent release of sHsp from aggregates formed in stressed cells was also previously shown in cyanobacteria (Basha et al., 2004).
Given that sHsps have to effectively bind misfolding peptides and swiftly release them upon the Hsp70 action, a serious evolutionary trade-off has emerged. One sHsp simply cannot be a stable binder to form assemblies and, at the same time, promote disaggregation. Although most bacteria utilize just one sHsp, there are species expressing more of them (Haslbeck et al., 2005). Recently, Obuchowski et al. (2019) have shown that species from Enterobacterales clade have evolved an sHsp system of two cooperating components. One is a canonical IbpA that is a tight binder that is hard to outcompete from the substrate by Hsp70, and the other one, IbpB, is unable to stably bind the substrate and, therefore, can hardly modulate polypeptide aggregation (Ratajczak et al., 2009; Obuchowski et al., 2019). Such observations about the properties of these two sHsps come not only from in vitro experiments but also from in vivo studies which showed that IbpA is present exclusively in the aggregated protein fraction, while IbpB in the absence of IbpA is found mostly in the cytosolic soluble fraction (Kuczynska-Wisnik et al., 2002). Acting as a complex, they can both efficiently scavenge unfolding polypeptides and be removed from assemblies upon Hsp70 binding (Obuchowski et al., 2019). However, it is worth noting that using this data to induce conclusions about non-Enterobacterales should be done with great care, as it would require an assumption of convergence. It was already shown not to be the case for D. radiodurans, also expressing two paralogous sHsps that do not cooperate with each other, at least not in counteracting aggregation (Bepperling et al., 2012).
As already noted, different bacteria may contain varying numbers of sHsps. Known examples include species with only single sHsp, such as Erwinia amylovora or Vibrio harveyi (Klein et al., 2001; Obuchowski et al., 2019), two sHsps, like E. coli or D. radiodurans (Bepperling et al., 2012; Obuchowski et al., 2019) as well as three sHsps, like L. plantarum (Arena et al., 2019) or Pseudomonas putida (Krajewski et al., 2014). There are also more extreme cases like rhizobia, which possess large superfamily of sHsp, grouped in two distinct classes. The best studied example, Bradyrhizobium japonicum, contains seven identified sHsp genes as well as at least five more sHsps indicated by proteomic analysis (Münchbach et al., 1999). Studied examples of sHsps from bacteria expressing single and multiple sHsps revealed that their general principles of function are somewhat similar to sHsps from E. coli. sHsps from both single (Klein et al., 2001; Obuchowski et al., 2019) and multi-protein sHsp systems (Studer and Narberhaus 2000; Krajewski et al., 2014) form potentially mixed (in case of multi-protein systems) oligomers and interact with substrate proteins when the temperature rises (Studer and Narberhaus 2000; Klein et al., 2001; Obuchowski et al., 2019). Still, to date knowledge on bacterial sHsps would benefit from in depth analysis of sHsp-substrates complexes, both in terms of formation kinetics and structural organization. The spectrum of sHsps protein substrates at stress conditions is also hardly defined.
CONCLUSION
Summing up, although different bacteria possess a different number of sHsp genes of limited conservation, all bacterial sHsps have consensus features defining their general activity. Most of all, it is the ATP-independent ability to bind the substrate following heat activation. sHsps bind substrates either stably, storing polypeptides for subsequent Hsp100-Hsp70 disaggregating machinery action, or transiently for unfolding prevention. Both activities positively influence protein homeostasis, increasing bacterial capabilities to survive stress conditions. These activities are always orchestrated by the very same, strikingly conserved structure of α-crystallin domain and flanking termini - showing that for this purpose it is a highly optimal solution that was provided very early in the evolution of chaperone systems.
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Toxin-antitoxin (TA) systems are small genetic elements composed of a noxious toxin and a counteracting cognate antitoxin. Although they are widespread in bacterial chromosomes and in mobile genetic elements, their cellular functions and activation mechanisms remain largely unknown. It has been proposed that toxin activation or expression of the TA operon could rely on the degradation of generally less stable antitoxins by cellular proteases. The resulting active toxin would then target essential cellular processes and inhibit bacterial growth. Although interplay between proteases and TA systems has been observed, evidences for such activation cycle are very limited. Herein, we present an overview of the current knowledge on TA recognition by proteases with a main focus on the major human pathogen Mycobacterium tuberculosis, which harbours multiple TA systems (over 80), the essential AAA + stress proteases, ClpC1P1P2 and ClpXP1P2, and the Pup-proteasome system.
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GENERAL OVERVIEW OF TOXIN ANTITOXIN SYSTEMS IN M. TUBERCULOSIS
The bacterium Mycobacterium tuberculosis, the causative agent of tuberculosis, is a major public health problem accounting for over 1.5 million deaths per year. The emergence of multidrug resistant (MDR) and extensively drug-resistant (XDR) Mtb strains has significantly challenged current tuberculosis treatments and increase the need for new treatment strategies (WHO report 2018; www.who.int/tb/data). The ability to sense and tolerate multiple host derived stresses, evade host defenses and persist within infected hosts is central to the pathogenicity of M. tuberculosis. Therefore, deciphering molecular mechanisms underlying stress tolerance and sensing in M. tuberculosis is critical for developing new strategies to fight tuberculosis.
M. tuberculosis strains possess a remarkably high number of toxin-antitoxin (TA) systems in their genome (Ramage et al., 2009; Akarsu et al., 2019; Tandon et al., 2019). As an example, the most studied laboratory strain H37Rv encodes for more than 80 TA systems and it has been proposed that such systems could contribute to it pathogenesis (Sala et al., 2014). Classical TA systems are small genetic modules composed of a deleterious toxin and an antitoxin that neutralizes the effects of the toxin. TA systems are organized into operons and are widely distributed throughout the bacterial genome (Van Melderen, 2010). Toxins generally target essential functions of the host bacterium, such as translation, replication, membrane integrity or peptidoglycan synthesis, causing growth to slow down and eventually leading to cell death (Page and Peti, 2016; Harms et al., 2018; Wilmaerts et al., 2018). TA systems are often found on plasmids, for which they were designated as addiction modules since they are involved in their stabilization by inhibiting growth of daughter cells that would not have inherited the plasmid carrying the TA system (Ogura and Hiraga, 1983). The roles of chromosomal TA systems remain largely unknown. However, they have been associated with protection against phage infection or stabilization of genomic regions (Pecota and Wood, 1996; Fraikin et al., 2020; Peltier et al., 2020). In addition, they also contribute to the virulence and persistence of pathogenic bacteria in vivo in infection models (Helaine et al., 2014; Lobato-Márquez et al., 2016; Agarwal et al., 2020).
There are seven known classes of TA systems depending on the nature of the antitoxin and its mode of action on the toxin, with the toxin always being a protein. In Type I systems, the antitoxin is a small anti-sense RNA that forms a duplex with the toxin's mRNA to inhibit toxin production (Brantl, 2012). Type III antitoxins are RNAs that inactivate the toxin by forming a complex (Blower et al., 2012). For type IV, the antitoxin suppresses the toxicity of the toxin by stabilizing its targets (Masuda et al., 2012), and Type V is represented by the GhoT-GhoS system, in which the antitoxin inhibits the toxin by specific cleavage of its mRNA (Wang et al., 2012). In the type VI SocAB system of Caulobacter crescentus (Aakre et al., 2013), the SocB toxin is responsible for the essentiality of the clpX and clpP genes in this bacterium, and the SocA antitoxin serves as an adaptor protein to address the SocB toxin to the ClpXP AAA+ protease. For the recently identified type VII, the antitoxin neutralizes the toxin through post-translational modification of the toxin such as phosphorylation or oligoAMPylation (Songailiene et al., 2020; Yu et al., 2020). The most characterized TA systems are type II systems (Xie et al., 2018). In this case, the antitoxin is a protein that interacts with the toxin to form a complex in which the toxin is inactive (Van Melderen, 2010). They generally are auto-repressor of their own transcription, most often in complex with the toxin (Fraikin et al., 2020).
TA systems present in M. tuberculosis genome are mostly type II TA systems, including at least 51 VapBC systems, 10 MazEF, 1 PemIK, 2 RelBE, 1 YefM/YoeB, 3 HigBA, and 2 ParDE family members, as well as several newly identified systems including PezAT, PhoAT-PhoH2 and MbcTA. Besides, the DarTG system is a hybrid typeII/IV system and MenTA3 a type VII (Cai et al., 2020; Yu et al., 2020). M. tuberculosis TA systems are generally located within regions of horizontal gene transfer together with genes involved in virulence, dormancy, regulation or cell signaling (Ramage et al., 2009; Sala et al., 2014; Wang et al., 2015), suggesting that they could also contribute to the success of M. tuberculosis as a human pathogen. A substantial number of M. tuberculosis toxins have been cloned and showed toxicity when expressed in E. coli or in mycobacteria (Ramage et al., 2009; Sala et al., 2014; Agarwal et al., 2018; Akarsu et al., 2019). Besides, transcription of several M. tuberculosis TA systems were shown to be induced under various stress conditions including drug exposure, hypoxia, heat-shock, DNA damages (Sala et al., 2014; Tiwari et al., 2015; Gupta et al., 2017; Agarwal et al., 2018), and gene deletion mutants ΔvapC22, ΔvapBC3/4/11 and ΔmazF3/6/9 are strongly impaired in host infection (Tiwari et al., 2015; Agarwal et al., 2018; Deep et al., 2018; Agarwal et al., 2020). Even though transcriptional induction of TA systems does not necessarily reflect toxin activation (LeRoux et al., 2020), these data suggest that toxins could modulate bacterial growth depending on environmental conditions, and thus contribute to M. tuberculosis physiology and virulence (Sala et al., 2014). This also implies that their toxic activity must be tightly regulated in order not to be detrimental for bacterial survival. Since all the TA systems described so far in M. tuberculosis encode protein toxins and antitoxins, one of the main control mechanism that could enable a fast change of Toxin/Antitoxin ratios in response to changing cellular conditions is differential proteolysis (Jenal and Hengge-Aronis, 2003; Molière and Turgay, 2013).
PROTEOLYTIC REGULATION OF TOXIN ANTITOXIN SYSTEMS
In bacteria, protein turnover is mainly achieved by multi-subunit machines known as AAA + proteases and the proteasome. It has been proposed that under certain conditions, type II antitoxins are degraded by AAA+ proteases Lon or Clp, which could result in lifting the repression of the operon and activation of the toxin (Van Melderen et al., 1994; Jensen and Gerdes, 1995; Koga et al., 2011). Except for the recently described degradation of a ParE-like antitoxin of Microcystis aeruginosa PCC 7806 by a caspase homolog protease (Klemenčič et al., 2021), only AAA+ proteases (ClpAP, ClpCP, ClpXP, Lon) have been involved in antitoxin degradation in bacteria (Van Melderen et al., 1994; Lehnherr and Yarmolinsky, 1995; Aizenman et al., 1996; Prysak et al., 2009; Donegan et al., 2010; Diago-Navarro et al., 2013; Muthuramalingam et al., 2016; Dubiel et al., 2018; Zhou et al., 2021).
How antitoxins are targeted to degradation remains largely unknown. Some appeared to be more susceptible to proteases due to their hydrophobic or flexible C-termini or to the presence of intrinsically disordered central regions (Yamaguchi et al., 2011). In some cases, antitoxin degradation might be assisted by specific adaptors, as it is the case for the Staphylococcus aureus adaptor protein TrfA that assists ClpCP-mediated degradation of the MazE antitoxin (Donegan et al., 2014), or even modulated by DNA (Dubiel et al., 2018; LeRoux et al., 2020). Although antitoxins are generally more sensitive to proteolysis than their cognate toxins, it is not known whether an antitoxin within a preformed TA complex can be directly targeted by proteases to induce toxin activation in vivo. Although it was suggested in vitro that an excess of the Lon protease could disrupt a preformed DinJ-YafQ complex in vitro (Ruangprasert et al., 2017), there is significant evidence showing that once a stable TA complex is formed, the antitoxin is generally protected from degradation (Dubiel et al., 2018; LeRoux et al., 2020; Lunge et al., 2020). Other attractive possibilities would be that certain stress conditions or alternative factors such as adaptors or chaperones would trigger TA complex dissociation in order to proteases to get access to their substrate antitoxin. In addition, cross-talks between multiple endogenous antitoxins from the same family (as found in M. tuberculosis) could also be involved in TA complex unstability. Indeed, non-cognate interactions between TA systems could lead to the formation of less stable non-cognate complexes with increased sensitivity to proteases, and potentially affect the promoter binding activities of TA complexes. Intriguingly, Leroux and colleagues (2020) recently showed for several chromosomal TA systems of E. coli that antitoxin degradation by different stresses led to the transcriptional de-repression of their TA operon but in contrast, did not induce in any detectable toxin activation, thus further raising questions about how toxins can be activated and what is the role played by proteases in this process.
MYCOBACTERIAL AAA+ PROTEASES
In M. tuberculosis, two cytosolic AAA + proteases have been identified: ClpC1P1P2 and ClpXP1P2. AAA + proteases combine a central ring-shaped peptidase ClpP, together with a regulatory hexameric ring-shaped unfoldase (ClpX or ClpC1) to bind and translocate the substrate to the central pore of the peptidase (Sauer and Baker, 2011). M. tuberculosis is one of the few bacteria that possess two essential clpP genes, which encode a hetero-oligomeric peptidase from a pair of homo-heptameric rings ClpP1P2 (Leodolter et al., 2015; Alhuwaider and Dougan, 2017; Vahidi et al., 2020). Interestingly, ClpX and ClpC1 unfoldases only interact with the ClpP2 ring surface (Leodolter et al., 2015). M. tuberculosis also encodes the membrane-bound AAA + protease FtsH that harbours peptidase and unfoldase activities on one single polypeptide. Apart from the fact that it can functionally complement some activities of E. coli FtsH (Srinivasan et al., 2006), its function in M. tuberculosis is poorly understood and transposon saturated mutagenesis did not firmly established its essentiality (Sassetti et al., 2003; DeJesus et al., 2017).
The Clp proteases of M. tuberculosis have been shown to be induced by stress conditions such as starvation or streptomycin exposure (Gupta et al., 2017). Moreover, clpC1 and clpP1P2 expression is directly activated under stress conditions by the regulator ClgR, a stress regulator essential during macrophage infection and the reaeration response (Estorninho et al., 2010; Sherrid et al., 2010). Noticeably, ClgR is itself a substrate for ClpP1P2 proteolytic activity, indicating that clp genes regulation is tightly controlled in M. tuberculosis (Sherrid et al., 2010; Yamada and Dick, 2017). Both AAA + unfoldases ClpX and ClpC1 are essential for the growth of M. tuberculosis H37Rv (DeJesus et al., 2017; Lunge et al., 2020; Kester et al., 2021). ClpX has been shown to be involved in DNA replication and in cell division in M. tuberculosis (Dziedzic et al., 2010; Kester et al., 2021), and a global protein expression profiling following clpC1 gene silencing in M. tuberculosis showed that ClpC1P1P2 acts on several essential proteins involved in central metabolism and cell wall biosynthesis (Lunge et al., 2020). Similar to the ClpC1 homologue ClpA in E. coli, a small subset of ClpC1-sensitive proteins harbour typical N-end degrons composed of four residues (Tyr, Phe, Trp, and Leu) known to be recognized by the ClpS adaptor in E. coli (Erbse et al., 2006). However, the vast majority of ClpC1P1P2-regulated proteins in M. tuberculosis have disorder-promoting residues (Pro, Arg, Gly, Gln, Ser, Glu, Lys, and Ala) within their terminal 15-aa region, and it was demonstrated that this is a critical feature for ClpC1P1P2 degradation of the small heat shock protein Hsp20 in M. tuberculosis (Lunge et al., 2020). ClpC1 recognition can also rely on the phosphorylation of an internal residue as shown for the anti-sigma factor RseA (Barik et al., 2010).
Depletion or drug-dependent inhibition of ClpP1P2 in M. tuberculosis identified four protein clients with putative degrons, namely ClgR, tmRNA SsrA and the two regulators WhiB1 and CarD, all four degradation signals located at the C-terminus and enriched in hydrophobic residues (Raju et al., 2012; Yamada and Dick, 2017). Comparison of their C-terminal with known E. coli ClpX subtrates (Flynn et al., 2003) suggests that these substrates (with the exception of WhiB1) might be recognized by ClpX (Alhuwaider and Dougan, 2017). Other studies revealed that the membrane-associated anti-σ factor RsdA of M. tuberculosis was a ClpXP1P2 substrate and its Val-Ala-Ala internal degron was similar to the SsrA-tag (Jaiswal et al., 2013). More recently, similar degron sequences were identified in the cytoplasmic sequence of three other anti-σ factors of M. tuberculosis but instead of leading to proteolysis, they affect the unfoldase activity of ClpX to regulate the inactive σ/anti-σ complex and thus modulate gene expression (Joshi et al., 2019). This is reminiscent of ClpX interaction with FtsZ that does not lead to altered intracellular levels of FtsZ but rather to an inhibition of Z-ring assembly in M. tuberculosis (Dziedzic et al., 2010).
Interestingly, ClpC1 is the target of antimycobacterial peptides such as cyclomarin A or lassomycin, and has emerged as an promising drug target (Lupoli et al., 2018; Fraga et al., 2019; Maurer et al., 2019). More generally, the activation, repression of modification of ClpP mechanism of action has been the focus of many studies to identify new antibiotics (Ye et al., 2016; Moreno-Cinos et al., 2019). For instance, acyldepsipeptides (ADEPs) kill M. tuberculosis by preventing the binding of AAA + regulatory unfoldases to ClpP1P2 (Famulla et al., 2016), peptide boronates prevent growth of M. tuberculosis by inhibition of ClpP1P2 active sites (Akopian et al., 2015) and pyrazinamide prodrug triggers ClpC1P1P2 dependent degradation of the essential PanD protein by modifying its oligomeric state (Gopal et al., 2020). To date, no adaptor protein has been described for M. tuberculosis ClpX (Alhuwaider and Dougan, 2017), although the essential DNA maintenance protein Single-Stranded DNA Binding protein (SSB) is able to activate ClpXP1P2 proteolytic activities (Kester et al., 2021). The only adaptor described so far in mycobacteria, ClpS, inhibits ClpC1-dependent unfolding and degradation of substrate SsrA, but also enhances the degradation of an N-end rule model substrate in vitro (Marsee et al., 2018; Ziemski et al., 2020).
INTERPLAY BETWEEN AAA+ PROTEASES AND TOXIN ANTITOXIN SYSTEMS
Several M. tuberculosis antitoxins have been demonstrated as ClpXP1P2 or ClpC1P1P2 substrates. One of the first proteomic study of ClpP1P2-dependent protein substrates in M. tuberculosis following depletion of endogenous ClpP1P2 identified 6 antitoxins as putative ClpP1P2 substrates, namely MazE10, VapB22, VapB9, VapB41, Rv2017 and HigA1 (Raju et al., 2014); Figure 1). Among these antitoxins, MazE10 was later identified as a likely ClpC1P1P2 substrate in vivo, together with VapB47 (Lunge et al., 2020); Figure 1). Note that both MazE10 and VapB47 antitoxins have disorder-promoting residues at their C-terminal end, which was suggested to be important for ClpC1 recognition (Lunge et al., 2020). It is striking that when we applied similar search for disordered C-terminal ends, we found that more than 60% of the antitoxins of M. tuberculosis possess this type of C-terminal region, thus suggesting that disordered C-terminal ends could indeed contribute to recognition by proteases. Note that a table presenting the C-terminal ends of all known M. tuberculosis antitoxins can be found in Texier and colleagues (Texier et al., 2021). The HigA1 antitoxin possesses a typical C-terminal ClpX degron with two crucial hydrophobic last residues Val-Ala that were recently shown to be the recognition sequence of HigA1 by ClpX in M. tuberculosis (Texier et al., 2021). Noticeably, the Rv2017 antitoxin contains a ClpX-like degron with two hydrophobic residues located at its extreme C-terminal part (Ala-Ile), suggesting that it could also be recognized by ClpX. The last four ClpP1P2-dependent antitoxins, namely VapB9, VapB22, VapB41 harbor different C-terminal ends and no other common feature could be detected (Raju et al., 2014). This suggests that the ClpXP1P2 and ClpC1P1P2-dependent degradation signals are not restricted to typical degrons, and that their degradation might rely on post-translational modifications or on unknown adaptors (Trentini et al., 2016).
[image: Figure 1]FIGURE 1 | Proteolytic regulation and recognition of Toxin-Antitoxin systems in M. tuberculosis. TA families are indicated by different colors as followed: Orange for VapBC, Green for ParDE, pink for PemIK, red for MazEF, dark blue for RelBE, purple for DarTG, bright blue for HigBA, brown for PhoAT-H2, yellow for ArsR-COG3832 and grey for unknown. Toxins and Antitoxins are indicated by filled and open rounded rectangles, respectively. Toxin and Antitoxin proteins are candidate substrates for proteases, (A) ClpC1P1P2 (B) ClpXP1P2, (C) ClpP1P2 (the associated chaperone subunit, either ClpX or ClpC1 is to be determined), (D) the Mpa-proteasome. Known degrons for ClpXP1P2 are indicated in (B) under brackets. Functional properties were indicated in the columns adjacent to the toxins and antitoxins, i.e., toxicity, essentiality (essential), interaction, accumulation following protease depletion (depletion), in vitro degradation (in vitro) or pupylation. Toxicity: orange dots mean toxic when overexpressed (Ramage et al., 2009; Sala et al., 2014; Agarwal et al., 2018; Akarsu et al., 2019) in at least one bacterial host (M. tuberculosis, M. smegmatis or E. coli), grey dots nontoxic and black dot non tested. Essentiality (DeJesus et al., 2017): orange dots mean essential, green dots mean growth advantage when mutated, grey dots non-essential, black dots mean uncertain or non-tested. Interaction with chaperone subunit ClpC1 in vivo (Ziemski et al., 2020): orange dots mean interaction and grey dots no interaction. Depletion of clpP1P2, clpP2 or clpC1 (Raju et al., 2014; Lunge et al., 2020): orange dots mean protein stabilization and grey dots mean no detectable protein changes. In vitro degradation assays (Ziemski et al., 2020; Texier et al., 2021): orange dots mean degradation. Pupylation: orange dots mean pupylated under routine culture conditions (Festa et al., 2010), red dots mean pupylated by reconstituted system in E. coli and/or in vitro (Chi et al., 2018).
In a recent CRISPRi study performed in M. tuberculosis, 4 antitoxins, namely VapB15, VapB38, VapB45 and DarG, were found to be up-regulated upon ClpP2 depletion but not upon ClpC1 depletion in M. tuberculosis (Lunge et al., 2020), suggesting that these antitoxins might be ClpXP1P2 substrates. This is particularly likely for VapB45, which contains a typical ClpX-degron at its C-terminus (Ala-Ala). A systematic search for ClpC1 interactors based on the bacterial adenylate cyclase two-hybrid (BACTH) screen in E. coli showed that type II TA systems of M. tuberculosis are one of the largest group of ClpC1 interacting partners (Ziemski et al., 2020). Members of the VapBC, MazEF and ParDE TA families were identified, with VapBC systems being the most abundant pairs found to be interacting partners of the ClpC1P1P2 protease complex (20 out of the 51 known VapBC pairs; Figure 1). Both VapB20 and the RelB1 antitoxins were further confirmed to be specific substrates for ClpC1P1P2 and not ClpXP1P2 using in vitro degradation assays (Ziemski et al., 2020), thus suggesting that ClpC1 and ClpX chaperones may not share substrate recognition motifs. Note that VapC20 or RelE1 toxin form stable complexes with their cognate antitoxin in which the antitoxin is protected from degradation, further raising questions about how the toxin could be freed from the antitoxin in order to be activated (see above comments).
Interestingly, the HigA1 degron has been the only ClpX-dependent recognition sequence identified so far for a mycobacterial antitoxin (Texier et al., 2021). HigA1 is part of the tripartite toxin-antitoxin-chaperone (TAC) system of M. tuberculosis that includes a cognate SecB-like chaperone (SecBTA). In most Gram-negative bacteria, SecB targets presecretory proteins to the Sec translocon located at the inner membrane (Bechtluft et al., 2010). In contrast with classical two-component TA systems, the TAC toxin-antitoxin pair is tightly controlled by SecBTA, through a direct interaction between the chaperone and an unusual aggregation-prone C-terminal extension of the antitoxin HigA1, named ChAD (chaperone-addiction) (Bordes et al., 2011; Bordes et al., 2016; Guillet et al., 2019). Binding of SecBTA to the ChAD of the antitoxin protects HigA1 from aggregation and degradation. Remarkably, both SecBTA binding site and ClpX degron are located within the same ChAD region of the antitoxin (with different residues being involved). These data suggest that under certain stress conditions, SecBTA could be hijacked by protein substrates (either aggregated pre-proteins or specific exported proteins) and the HigA1 antitoxin could be degraded by ClpXP1P2, which could lead to a transient activation of the HigB1 toxin until normal growth conditions resume.
The analysis of the amino acid sequence of M. tuberculosis antitoxins suggests that only VapB19, VapB41, VapB44, VapB45, Rv1990c, Rv2017 and HigA2 antitoxins possess a putative HigA1-like degron sequence with at least two hydrophobic residues at their extreme C-terminus (respectively, Leu-Ala, Ala-Ala-Leu, Ala-Val, Ala-Ile-Ala-Ala, Val-Phe-Val, Ala-Ile and Leu-Ala). These hydrophobic residues are mainly non-polar aliphatic (Ala, Val, Leu, Ile) as usually observed in C-terminal ClpX degrons, except for Rv1990c that presents an aromatic phenylalanine. In addition, VapB41, VapB44, VapB45 and Rv1990c also possess an acidic residue before the hydrophobic end, as found in HigA1. This suggests that these antitoxins could also be recognized by M. tuberculosis ClpX. In addition, five poorly conserved VapB antitoxins (VapB19, VapB23, VapB28, VapB30 and VapB34) share a highly similar extreme C-terminus, with hydrophobic residues following an arginine (Arg-Gly-Leu-Pro-Ala-Pro, Arg-Gly-Leu-Pro-Ala or Arg-Leu-Gly-Leu-Ala motifs), suggesting that these antitoxins could share similar degrons (Texier et al., 2021).
Remarkably, toxins were also identified as proteases targets or putative substrates. Indeed, while only 6 VapB antitoxins were identified as ClpC1 interactors in vivo, the remaining 14 interactors were VapC toxins (Lunge et al., 2020). These intriguing results suggest that toxins might themselves be the targets of proteases or in contrary, act as bona fide protease adaptors for their cognate antitoxins and thus being actor of their own activation. Moreover, the degradation of the toxin could also be part of a bacterial strategy to resume growth after TA system activation, as demonstrated for the type I toxin HokB in E. coli (Wilmaerts et al., 2019). In this case, awakening of HokB-induced persister cells was shown to require the degradation of HokB monomers by the periplasmic stress protease DegQ. Whether such mechanism exists in M. tuberculosis remains to be determined.
POSSIBLE LINK BETWEEN TOXIN ANTITOXIN AND THE PUP-PROTEASOME SYSTEM
Another peculiarity of Actinomycetes is to possess a eukaryotic-like proteasome (Festa et al., 2010; Müller and Weber-Ban, 2019). The mycobacterial proteasome consists of a highly conserved central peptidase core particle (20S CP) composed of 28 subunits (2 heptameric inner rings composed of PcrB subunits, and 2 heptameric outer rings composed of PcrA subunits), which is gated and interact with ring-shaped activators to form a fully active protease capable of degrading specific sets of cellular substrates (Figure 1). With the mycobacterial proteasomal AAA + Mpa, the proteasome targets substrates that have been post-translationally modified with Pup (prokaryotic ubiquitin-like protein) by a dedicated ligase PafA (Pearce et al., 2008; Burns et al., 2009). Hundreds of M. tuberculosis pupylated proteins, which include Mpa and PafA, have been identified by proteomics studies, even though many of them are not degraded under normal growth conditions (Festa et al., 2010; Müller and Weber-Ban, 2019). This could be reminiscent of the Pup degradation-independent regulatory role in several bacterial species (Elharar et al., 2014; Küberl et al., 2016).
In mycobacteria, Pup goes through a deamidation step by the Dop enzyme before it can be attached to a target by PafA, and Pup can also be removed from tagged substrates by Dop, as well or transferred between substrates by PafA (Burns et al., 2010; Imkamp et al., 2010; Zhang et al., 2017). These enzymatic activities must be tightly regulated in order to avoid useless cycles of pupylation/depupylation and even though little is known about these regulations, it was shown that Pup-free Dop is depleted under stress conditions leading to accelerated proteasomal degradation (Elharar et al., 2016) and that the AAA + protease ClpC1P1P2 is responsible for the depletion of Pup-free Dop under starvation conditions (Hecht et al., 2020). Dop, PafA, Pup, Mpa, and 20S CPs constitute the core “Pup-proteasome system” (PPS). Two other partners of the 20S CP have been described in M. tuberculosis: The non-ATPase activator Bpa (also known as PafE) could address unstructured substrates to proteasomal degradation (Delley et al., 2014; Jastrab et al., 2015), and the AAA + Cpa (a Cdc48-like protein), that interacts with the 20S core but for which no degradation substrate has been identified yet (Ziemski et al., 2018). PPS mutants of M. tuberculosis are viable but are highly attenuated in a mouse infection model (Darwin et al., 2003; Gandotra et al., 2007), are highly sensitive to NO due to the failure to degrade a single pupylated substrate, Log (MacMicking et al., 1997; Samanovic et al., 2015) and are unable to use nitrate as a nitrogen source (Becker et al., 2019). Moreover, a bpa mutant displays a slow growth in vitro and in mice and is hypersensitive to heat shock (Jastrab et al., 2015). Anti-TB drugs targeting the mycobacterial proteasome are promising but they face the challenge of being highly selective in order not to inhibit the human proteasome (Lin et al., 2013; Bibo-Verdugo et al., 2017; Zhan et al., 2019).
Although AAA+ proteases are the main proteases shown to be involved in antitoxin degradation (Muthuramalingam et al., 2016), several studies suggest that the PPS could also be involved in the regulation of TA systems. Indeed five toxins, namely Rv2035, DarT, PhoH2, VapC17 and VapC31, and the VapB51 antitoxin are part of the M. tuberculosis pupylome under standard laboratory growth conditions culture conditions (Festa et al., 2010). Note that it remains to be determined whether these proteins are directly pupylated and if pupylation leads to their degradation by the PPS. In addition, the reconstitution of a pupylation system in E. coli and in vitro showed that the VapC4 and PemK toxins, and the MazE9 antitoxin could also be pupylated (Chi et al., 2018). Intriguingly, PhoH2 is the only toxin potentially regulated both by the proteasome and ClpC1P1P2 (Figure 1), possibly to ensure low toxin level. The fact that there are more potentially pupylated toxins than antitoxins is striking and suggests that some toxins might be differently regulated by proteasomal degradation and antitoxin inhibition (Burns et al., 2010). Yet, the M. tuberculosis pupylome was performed under standard laboratory growth conditions and we cannot exclude that more antitoxins could be pupylated under certain stresses, as growth conditions were shown to modify the abundance of pupylated proteins (Becker et al., 2019). The fact that Bpa could drive proteasomal degradation of partially or totally unfolded proteins, which is a property of many antitoxins, suggests that other proteasome activators could be involved in TA proteins turnover (Jastrab et al., 2015). Finally, there could also be a link between the master regulator PafBC, which is encoded within the PPS gene locus and the regulation of TA systems, as the VapB antitoxin of M. smegmatis was shown to be part of the pafBC regulon (Müller et al., 2018).
CONCLUDING REMARKS
A substantial number of M. tuberculosis antitoxins are bona fide substrates of AAA+ proteases, both in vivo and in vitro (Figure 1). Yet, there is very little knowledge about recognition signals within antitoxins and degron sequences are just beginning to emerge. In addition, it is not known whether proteases directly play a role in toxin activation in vivo and, if they do, at which stage of the TA activation cycle such a regulation would occur (Sala et al., 2017; LeRoux et al., 2020). Similarly, it remains to be determined whether or not the control of TA systems by proteolysis relies on a specific activation or induction of proteases (Ramisetty, 2020). Moreover, there is a clear lack of data concerning additional factors such as stress-induced protease adaptors and chaperones, or specific environmental stimuli (or perhaps cell cycle events and other host factors) that might trigger antitoxin degradation and the subsequent toxin activation and/or expression of the TA operon.
Many toxins of M. tuberculosis have been cloned, overexpressed and shown to be toxic (Ramage et al., 2009; Sala et al., 2014; Agarwal et al., 2018; Akarsu et al., 2019). Remarkably, several of these toxins were capable of efficiently inducing cell death and their respective antitoxins were essential for M. tuberculosis growth (Fivian-Hughes and Davis, 2010; Schuessler et al., 2013; DeJesus et al., 2017; Freire et al., 2019; Cai et al., 2020; Zaveri et al., 2020). This suggests that proteolysis has to be tightly regulated in order to avoid unwanted proteolysis of antitoxins, which could be detrimental for M. tuberculosis growth. Yet, under certain conditions, a transient growth inhibition might be beneficial for the pathogen, especially for the entry into a persistent mode.
Finally, the fact that a significant number of toxins were shown to interact with proteases (both ClpC1/P1P2 and the proteasome) suggests that proteolysis could ensure that deleterious toxins do not accumulate. Most of these toxins are part of type 2 TA systems, suggesting that that under certain conditions, inhibition by their cognate antitoxins might not be robust enough without additional control of the toxin by proteolysis. Although new drug discovery strategies that focus on inhibiting mycobacterial proteases seem promising (Lupoli et al., 2018), it is important to note here that such a potentially dual role of proteases on toxin activation or inhibition in M. tuberculosis could lead to unwanted toxin activation and the subsequent entry into a persistent mode. Intriguingly, we also noticed that except for DarTG, none of the toxins and antitoxins that interact with proteases are part of the same TA pairs (Figure 1), suggesting a highly complex network of interactions and antagonistic effects that could impact growth of the pathogen in respond to specific signals. More work is needed to uncover such a complex reservoir of interactions involving highly conserved proteolysis pathways and the multiple stress-responsive TA systems of M. tuberculosis.
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Growing cells invest a significant part of their biosynthetic capacity into the production of proteins. To become functional, newly-synthesized proteins must be N-terminally processed, folded and often translocated to other cellular compartments. A general strategy is to integrate these protein maturation processes with translation, by cotranslationally engaging processing enzymes, chaperones and targeting factors with the nascent polypeptide. Precise coordination of all factors involved is critical for the efficiency and accuracy of protein synthesis and cellular homeostasis. This review provides an overview of the current knowledge on cotranslational protein maturation, with a focus on the production of cytosolic proteins in bacteria. We describe the role of the ribosome and the chaperone network in protein folding and how the dynamic interplay of all cotranslationally acting factors guides the sequence of cotranslational events. Finally, we discuss recent data demonstrating the coupling of protein synthesis with the assembly of protein complexes and end with a brief discussion of outstanding questions and emerging concepts in the field of cotranslational protein maturation.
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INTRODUCTION
Rapidly growing bacterial cells contain between 20,000 and 70,000 ribosomes (Liveris et al., 1991; Bremer and Dennis, 2008) that actively translate mRNA to duplicate the proteome and enable generation times below 30 min in optimal conditions. Bacterial ribosomes translate at a rate of about 15–20 codons per second, synthesizing several proteins per minute. Nearly all newly synthesized proteins are enzymatically processed at their N-terminus. Furthermore, cytosolic proteins must fold to reach their native structure, often with the help of chaperones, while proteins destined for the cell envelope must be recognized, targeted and translocated into or across the cytoplasmic membrane. Considering the dynamics of translation, these decisions need to be made in a timely and robust manner. These maturation steps are coupled with protein synthesis and guided by several maturation factors that dynamically engage the polypeptide, starting when the N-terminus emerges from the ribosomal exit tunnel and ending only after the newly synthesized protein has been released by translation termination. The ribosome constitutes an integral component of all cotranslational maturation steps by providing a unique folding environment inside the ribosomal exit tunnel and near the ribosomal surface, guiding the folding process by translating mRNAs with a protein-specific rhythm and by serving as a docking site for the coordinated engagement of chaperones, processing and targeting factors.
Here we report on recent advances in the understanding of cotranslational protein maturation focusing on protein folding and assembly in the bacterial model system Escherichia coli (E. coli). We describe the cellular machineries involved and how their function is integrated with translation to create a highly versatile protein surveillance system that can maintain the integrity of the complex proteome. We would like to refer to other excellent, recent reviews on related topics, including a review providing a detailed description of the energetics of protein folding on the ribosome (Waudby et al., 2019), the role of the ribosome in protein folding (Cassaignau et al., 2020; Liutkute et al., 2020b), the role of translation speed (Samatova et al., 2021), and mechanisms of protein maturation in prokaryotes and eukaryotes (Kramer et al., 2019).
THE RIBOSOME AS THE PLATFORM FOR PROTEIN MATURATION
Genetically encoded proteins are produced by ribosomes, large ribonucleoproteins composed of two subunits that are highly conserved in all domains of life. Ribosomes not only catalyze the formation of the peptide bond but also provide a unique folding environment for nascent proteins. In E. coli, the small ribosomal subunit (30S) is composed of the 16S rRNA and 22 ribosomal proteins, while the large ribosomal subunit (50S) consists of the 5S and the 23S rRNA and 33 proteins. Decoding the mRNA occurs within the 30S subunit, and the respective amino acid is added to the peptide chain by the action of the peptidyl transfer center (PTC) in the 50S subunit. The growing chain traverses the large subunit through the ribosomal exit tunnel, which is 80–100 Å long and can accommodate a linear polypeptide of approximately 30 residues. The width of the exit tunnel is not uniform but contains a 10 Å constriction formed by extensions of the ribosomal proteins uL22 and uL4 about 30 Å downstream of the PTC as well as the vestibule, a 20 Å widening close to the tunnel exit (Ban et al., 2000; Voss et al., 2006).
The different steps of protein maturation are coordinated with the stage of protein synthesis to ensure that the right factor meets the right target at the right time (Figure 1). Several maturation factors bind in the vicinity of the tunnel exit, often by interacting with the ribosomal protein uL23 that is located on the ribosomal surface but also reaches inside the ribosomal tunnel (Kramer et al., 2002; Buskiewicz et al., 2004; Huber et al., 2011). The first step is the enzymatic processing of the N-terminus (Sandikci et al., 2013) that must be completed before the cell makes a triage decision on whether the ribosome-bound nascent chain is destined for the cytoplasm or translocation. The signal recognition particle (SRP), binds and targets nascent inner membrane proteins (IMPs) to the translocon, while proteins that are translocated across the membrane to the periplasmic space or the outer membrane are engaged by the SecA ATPase and sometimes also the protein export chaperone SecB (Saraogi and Shan, 2014). Cytoplasmic proteins may be sequentially engaged by chaperones generally starting with Trigger Factor (TF) (Merz et al., 2008; Lakshmipathy et al., 2010). Further co- and post-translational folding steps may include other chaperones, including DnaK, GroEL, and SecB (Hartl and Hayer-Hartl, 2002; Castanie-Cornet et al., 2014). Some nascent subunits engage other subunits for cotranslational assembly of protein complexes (Shieh et al., 2015), thus also coupling the last step of protein maturation to translation.
[image: Figure 1]FIGURE 1 | A cascade of cotranslational processes guides nascent chain maturation. During translation, the nascent chain undergoes a series of interactions that contribute to maturation. These can include interactions with the ribosomal exit tunnel, sequential interactions with peptide deformylase (PDF) and methionine aminopeptidase (MAP) for deformylation and methionine excision at the N-terminus, interactions with the cotranslationally acting chaperones trigger factor (TF), the Hsp70 DnaK, interactions with the signal recognition particle (SRP) and the protein translocation ATPase SecA for targeting to the inner membrane, as well as interactions with another nascent or fully synthesized subunit for the assembly of protein complexes. Colored gradients indicate when during translation the interactions generally occur. A prevalent cotranslational action of the Hsp60 chaperonin GroEL and the protein export chaperone SecB is not yet fully established and therefore depicted in gray.
Enzymatic Processing of Nascent Chains by PDF and MAP
The first residue of nascent bacterial proteins is N-formyl-methionine. However, mature proteins generally lack formylation and often also the N-terminal methionine (Giglione et al., 2015). The formyl group is removed by the peptide deformylase (PDF) which is the rate-limiting prerequisite for further methionine excision by the methionine aminopeptidase (MAP) (Yang et al., 2019). Both of these enzymes bind near the exit of the ribosomal tunnel (Bingel-Erlenmeyer et al., 2008; Sandikci et al., 2013) and while an excess of one factor reduces the binding of the other, a recent structural study suggested that MAP may reposition itself to a secondary binding site if excess of PDF is present (Bhakta et al., 2019).
N-terminal processing is the essential, first maturation step of nascent chains. Retaining the formylated methionine appears to destabilize the protein, by serving as a potent degron (Piatkov et al., 2015; Kim et al., 2018) for protein quality control. Early processing of nascent chains is critical, as PDF and MAP activity is influenced by other ribosome-associated factors, such as TF and SRP (Sandikci et al., 2013; Bornemann et al., 2014) (Figure 1). Enzymatic assays with purified proteins and synthesized peptides showed that PDF has only very loose specificity requirements for the residues that follow the N-terminal N-formylmethionine (Hu et al., 1999), whereas MAP disfavors N-termini with certain amino acids at the penultimate position (Xiao et al., 2010). However, the relatively slow reaction kinetics in these in vitro assays could not explain how the majority of proteins in an actively translating cell are processed in time (Yang et al., 2019). In vivo, the presence of the ribosome accelerates the reaction kinetics by 2–4 orders of magnitude (Yang et al., 2019), achieving high levels of processing within the few seconds between the emergence of the N-terminus from the tunnel and engagement of other partitioning factors, like TF or SRP.
The nascent chain can be deformylated and the methionine can be cleaved off as soon as 45 amino acids are synthesized, with the peak of activity on 70 amino acids-long nascent chains and a decrease of activity for nascent chains longer than 100 amino acids (Sandikci et al., 2013; Ranjan et al., 2017; Yang et al., 2019). This length dependence might be imposed by three factors: 1) enhanced binding of SRP and TF to longer nascent chains which outcompete PDF and MAP; 2) the positioning of the active sites of PDF and MAP on the ribosome may favor interactions with short nascent chains; and 3) limited mobility and accessibility of longer N-termini due to secondary or tertiary structure formation. Consequently, transmembrane domains (TMDs) of membrane proteins that may fold within the ribosomal exit tunnel and comprise an N-out topology could sometimes escape post-translational processing by PDF and retain the formyl group (Ranjan et al., 2017).
Even for substrates with the optimal processing length, the deformylation rates varied by two orders of magnitude. The lowest rates were observed for the nascent chain of HemK that can fold within the ribosomal exit tunnel (Mercier and Rodnina, 2018) and inner membrane protein LepB (Ranjan et al., 2017). The deformylation rate of LepB but not HemK was further inhibited by the presence of SRP. TF, in contrast, did not affect the reaction as it generally binds nascent chains longer than 100 amino acids (Oh et al., 2011). The deformylation of shorter nascent chains of another inner membrane protein, FtsQ, was only weakly influenced by SRP (Yang et al., 2019). This difference might be due to the greater distance of the TMD from the N-terminus (Yang et al., 2019), which could grant PDF an extended time window to act on nascent FtsQ, before the emergence of the first TMD triggers SRP engagement. The excision of the N-terminal methionine of an optimal MAP substrate and of shorter suboptimal substrate is not influenced by the presence of TF and SRP. In contrast, longer nascent chains with a suboptimal penultimate residue are less efficiently processed by MAP in the presence of TF or SRP.
First Folding Steps of Nascent Chains Inside the Ribosomal Tunnel
The ribosomal exit tunnel shields the early nascent chain from the environment. Although it is narrow, some folding steps can occur in its interior. Initial folding may include the formation of helices between the PTC and the constriction site (Woolhead et al., 2004; Agirrezabala et al., 2017; Su et al., 2017). As such helices are unlikely to pass through the narrow constriction site as translation continues, this compaction may be transient and not relevant for native folding. Multiple studies reported on helix formation beyond the constriction site (Lu and Deutsch, 2005; Bhushan et al., 2010; Tu and Deutsch, 2010; Lin et al., 2012; Agirrezabala et al., 2017; Su et al., 2017). This includes short alanine-based peptides with high helical propensity also in solution (Marqusee et al., 1989; Lu and Deutsch, 2005; Bhushan et al., 2010; Lin et al., 2012), as well as peptides that may dynamically alternate between helical and extended conformations, including hydrophobic transmembrane helices (Bano-Polo et al., 2018).
The emergence of hydrophobic helices constitutes a signal for membrane targeting, either by recruiting SRP for the cotranslational targeting of IMPs (Saraogi and Shan, 2014; Schibich et al., 2016) or SecA, that binds translating ribosomes to cotranslationally initiate protein translocation across the membrane (Huber et al., 2011; Huber et al., 2017). Accordingly, cleavable N-terminal signal sequences (SS) of translocated proteins and transmembrane domains of IMPs are predicted to form helices inside the tunnel (Halic et al., 2006; Robinson et al., 2012), although the helical conformation may not always dominate (Lange et al., 2016). The helicity of the emerging nascent chain segment could confer a signal that prevents binding of the chaperone TF, which would compete with both targeting factors for overlapping binding sites on the ribosome. Consistent with this model, a helix inside the ribosomal exit tunnel was reported to decrease ribosome binding of TF (Lin et al., 2012). It was speculated that helix formation near the tunnel loop of uL23 may generate a signal that can be transferred to the surface exposed part of uL23, which forms the general docking site for TF, SRP and SecA (Kramer et al., 2002; Gu et al., 2003; Huber et al., 2011).
Going beyond the formation of an alpha-helical secondary structure, some small domains can also fold within the vestibule. This includes nascent chain compaction and the formation of beta-hairpins (Kosolapov and Deutsch, 2009; O'brien et al., 2010; Tu et al., 2014), as well as native folding of the zinc finger domain of ADR1 (Nilsson et al., 2015) or folding of the N-terminal domain of HemK inside the ribosomal exit tunnel (Liutkute et al., 2020a). However, the prevalence of such folding events in the tunnel is not yet clear. Interestingly, a formation of partial tertiary structures inside the vestibule was suggested to spatially cluster hydrophobic residues and facilitate TF recognition (O'brien et al., 2010). Therefore, early folding inside the ribosomal exit tunnel may be a discriminating factor for polypeptide triaging. The formation of helices inside the tunnel may indicate a TMD and facilitate cotranslational membrane insertion, while tertiary structures may indicate a newly formed core of a cytosolic protein.
The Ribosome Guides Cotranslational Folding Outside of the Ribosomal Exit Tunnel
As the nascent chain emerges from the ribosome, the spatial constraints of the tunnel are relieved while the limiting impact of the ribosome on the conformational space of the nascent chain partially remains. Supported by studies on multiple model proteins (Hsu et al., 2007; Ellis et al., 2008; Ellis et al., 2009; Kelkar et al., 2012; Holtkamp et al., 2015; Kim et al., 2015; Koubek et al., 2017; Nilsson et al., 2017; Farias-Rico et al., 2018; Mercier and Rodnina, 2018; Kemp et al., 2019; Liutkute et al., 2020a) it is estimated that at least 30% of the cytosolic E. coli proteome folds independently of chaperones (Ciryam et al., 2013). Folding of these proteins is therefore solely determined by the intrinsic biophysical properties of the amino acid sequence and the influence of the ribosome. The ribosome influences the folding of the emerging polypeptide in three major ways: 1) the vectorial synthesis itself ensures a step-wise addition of new residues and folding information; 2) the varying speed of translation provides defined time windows during which folding intermediates can sample the folding landscape; and 3) the large, negatively charged ribosomal surface directly impacts nascent chain folding. Although it may be difficult to distinguish how each of the listed mechanisms contributes toward the overall efficiency of folding, multiple examples highlight the importance of the ribosome as a folding mediator.
Vectorial synthesis (Marsden et al., 2018) appears to be particularly important for the folding of larger, multi-domain proteins, for which the gradual emergence of the nascent chain prevents non-productive long-range interactions and promotes domain-wise folding (Bitran et al., 2020). Supporting this model, the folding of the small SH3 domain (Eichmann et al., 2010; Guinn et al., 2018) or the Ig domain I27 (Tian et al., 2018) follows similar trajectories on the ribosome and upon refolding in vitro, while the N-terminal domain of HemK folds differently in both folding scenarios. Upon emergence from the ribosome, the N-terminal domain of nascent HemK acquires an intermediate folding state within the ribosomal exit tunnel and rapidly folds into a native-like structure once the full domain has emerged. In solution, however, the HemK N-domain undergoes rapid transitions between folded and unfolded states without stable folding intermediates (Holtkamp et al., 2015; Mercier and Rodnina, 2018; Nissley and O'Brien, 2018; Kemp et al., 2019; Liutkute et al., 2020a). Similarly, the cytoskeletal protein spectrin was suggested to have differing folding pathways on and off the ribosome (Nilsson et al., 2017; Kemp et al., 2020). Finally, recent folding studies of the multi-domain protein EF-G reveal a highly intricated network of interactions to guide the folding process. Once fully emerged, the N-terminal domain folds and supports the co-translational folding of domain II (Liu et al., 2019b; Chen et al., 2020). In contrast, the central domain III of EF-G acquires a stable fold only post-translationally, upon interactions with folded C-terminal parts of the protein (Liu et al., 2019a).
Ribosome profiling has shown that the translation rate not only varies between transcripts but also during translation of a single transcript (Ingolia et al., 2009; Oh et al., 2011). These translation speed alterations provide time windows for nascent chains to sample their folding landscape (O'brien et al., 2014a; O'brien et al., 2014b). Studies on the relationship between translation kinetics and protein folding revealed a correlation between the accumulation of rare codons, conferring slow translation due to the lower abundance of their cognate tRNAs, and the predicted formation of folding intermediates or domains (Clarke and Clark, 2008; Jacobs and Shakhnovich, 2017). The concept that codon usage may guide folding is supported by experimental evidence. For example, supplementation of additional tRNAs that decode rare codons clustered in the E. coli gene sufI led to increased protease susceptibility of the SufI nascent chains, indicating altered cotranslational folding (Zhang et al., 2009). Similarly, the replacement of rare codons in the human CFTR genes with optimal codons causes increased aggregation in vitro (Kim et al., 2015) and silent mutations of the cat gene in E. coli resulted in the synthesis of a protease-susceptible chloramphenicol acetyltransferase and decreased fitness in chloramphenicol-containing media (Walsh et al., 2020).
There is initial evidence for a retrograde transfer of information from the nascent chain to the ribosome to influence translation speed. Examples are proteins containing ribosome arrest peptides. Most of the currently described arrest peptides are utilized to regulate gene expression or play a role in eukaryotic quality control mechanisms (Joazeiro, 2017). One prominent model peptide is the E. coli SecM protein that can stall its own synthesis due to complex interactions between the arrest sequence and the ribosomal exit tunnel (Nakatogawa and Ito, 2001; Zhang et al., 2015). SecM controls the expression of the secA gene that is positioned downstream of secM within the same operon and translated from the same mRNA (Nakatogawa and Ito, 2001). Additional examples include the membrane protein insertion and folding monitor MifM from Bacillus subtilis (Chiba and Ito, 2012) and peptides that can sense the presence of specific small molecules such as erythromycin, chloramphenicol, tryptophan, arginine, S-adenosyl-methionine or polyamine [reviewed in (Ito and Chiba, 2013)]. Besides dedicated arrest peptides, stretches of positively charged residues can also interact with the negatively charged tunnel wall and reduce translation speed (Charneski and Hurst, 2013) or cause ribosomal stalling (Chandrasekaran et al., 2019).
A feedback loop between the nascent chain and the ribosome may also confer a speed-up of translation. Series of experiments using stalling sequences as force sensors (Ismail et al., 2012; Goldman et al., 2015; Marino et al., 2016; Kemp et al., 2020) have demonstrated that cotranslational folding can resolve translation arrests conferred by the arrest peptide of SecM. Considering the high frequency of stalling motifs in the genome (for example the stalling motif PPX is not underrepresented in the genome) (Ito and Chiba, 2013; Peil et al., 2013; Woolstenhulme et al., 2013), translation pauses may constitute a frequent autoregulatory mechanism to guide cotranslational protein folding: A translational pause may provide enough time for nascent proteins to compact into a folding intermediate, and this folding could generate a pulling force on the nascent chain which allows translation to resume. A detailed study analyzing how stalling sites are distributed in the genome and how conserved they are between species may further support the existence and importance of such a mechanism. Suggesting that translation slowdown can also confer misfolding, a recent study exploring the folding of nascent calerythrin showed that stalled chains can quickly adopt a misfolded conformation, while ongoing translation confers a kinetic barrier for misfolding (Alexander et al., 2019).
The negatively charged surface of the ribosome can delay the folding of a polypeptide chain that is close to its surface (Kaiser et al., 2011; Kelkar et al., 2012) but also trigger misfolding (Alexander et al., 2019). The basis of this activity is that the ribosome can destabilize the structure of the nascent chain by 1–2 kcal/mol (Samelson et al., 2016; Waudby et al., 2018), regardless of whether this structure represents a folded or misfolded state (Liu et al., 2017). By lowering the energetic barrier, the ribosome allows more efficient sampling of possible conformations, helping to avoid kinetic traps. The destabilization effect of the ribosomal surface on a particular domain structure decreases with ongoing translation. The impact of ribosome proximity on folding varies between nascent chains but is generally reduced 45–55 residues away from the PTC (Cabrita et al., 2016; Samelson et al., 2016). How folding is impacted by ribosomes is not entirely clear but probably involves direct interactions of ribosome-proximal residues with the ribosomal surface (Hsu et al., 2009). This interaction may be diminished by charge repulsion between negatively charged nascent chain residues and the negatively charged ribosomal surface (Knight et al., 2013), possibly leading to a delay in folding (Farias-Rico et al., 2018).
FOLDING SUPPORT BY CHAPERONES
Trigger Factor is the First Chaperone that Engages Nascent Chains
TF is the only known chaperone that binds bacterial ribosomes and, according to this privileged position, the first chaperone that interacts with nascent chains (Kramer et al., 2002; Hoffmann et al., 2010; Gloge et al., 2014; Balchin et al., 2016). TF was discovered as a soluble factor required for the folding and translocation of pro-OmpA (Crooke and Wickner, 1987). TF ablation is not lethal and does not detectably reduce the growth rate of E. coli under normal growth conditions; but enhances the sensitivity of mutants to certain antibiotics or detergents (Teter et al., 1999; Oh et al., 2011) and induces a mild heat shock response (Deuerling et al., 2003). Analyses of TF function revealed that TF binds a broad spectrum of nascent chains to support folding (Deuerling et al., 1999; Hoffmann et al., 2010; Oh et al., 2011). Suggested by the findings that TF prevents the aggregation and assists the refolding of some proteins in vitro, TF may have additional, ribosome-independent chaperone activities (Huang et al., 2000; Maier et al., 2001). TF exists in three-state equilibrium with around one-third being bound to the ribosome and two-thirds existing in monomer-dimer equilibrium in the cytosol. Monomeric TF binds to vacant ribosomes with a dissociation constant (Kd) of 1–2 μM (Patzelt et al., 2002; Raine et al., 2006) and cycles on and off translating ribosomes with a mean residence time of 10–15 s (Maier et al., 2003; Kaiser et al., 2006; Rutkowska et al., 2008). In contrast, TF binding to polypeptides in solution in the absence of ribosomes is rather short-lived (∼100 ms) (Maier et al., 2001) with Kd values varying from 1 μM for unfolded proteins (Scholz et al., 1997; Maier et al., 2001) to 100 μM for short oligopeptides (Patzelt et al., 2001). In vitro binding studies suggested that TF preferentially binds to peptides enclosing eight amino acid short motifs enriched in aromatic and basic residues, which are frequently found in proteins (about every 30 residues), whereas peptide stretches with acidic residues are disfavored (Patzelt et al., 2001; Kaiser et al., 2006; Merz et al., 2008). Highlighting its function as a chaperone of nascent chains, TF exhibits about 10-fold elevated binding affinity for ribosome-nascent chain complexes (RNCs) than for idle ribosomes (Raine et al., 2006; Rutkowska et al., 2008). The dimeric state may constitute a storage form of TF but may also serve to encapsulate partially folded proteins and assist in the formation of larger protein complexes (Martinez-Hackert and Hendrickson, 2009).
To support nascent chain folding, the ATP-independent TF provides a large substrate interaction surface that contains multiple binding sites distributed over all three domains of TF (Saio et al., 2014): The C-terminal domain, located in the middle of the chaperone, forms two protruding helical arms and is responsible for the main chaperone function (Genevaux et al., 2004; Kramer et al., 2004a; Merz et al., 2006; Saio et al., 2014). The N-terminal domain mediates binding to the ribosomal protein uL23 (Hesterkamp et al., 1997; Kramer et al., 2002; Kristensen and Gajhede, 2003) and also contributes to substrate binding and chaperone activity (Genevaux et al., 2004; Kramer et al., 2004b; Merz et al., 2006; Saio et al., 2014). The third domain of TF, the peptidyl-prolyl isomerase (PPIase) domain, catalyzes the cis/trans isomerization of prolyl peptide bonds and accelerates prolyl isomerization-limited folding reactions (Stoller et al., 1995; Hesterkamp and Bukau, 1996). The PPIase domain also provides a binding site for unfolded proteins but is dispensable for the main chaperone function (Kramer et al., 2004a; Merz et al., 2006; Lakshmipathy et al., 2007). Studies in vitro implied that TF can bind to nascent chains with a length as short as 40 amino acids (Houben et al., 2005; Lakshmipathy et al., 2007; Merz et al., 2008). However, selective ribosome profiling experiments (Becker et al., 2013) revealed that in vivo, TF detectably binds to RNCs when nascent chains have an average length of about 100 amino acids (Oh et al., 2011).
Employing its multi-valent substrate interaction properties, TF can exert alternative functions in cotranslational protein folding (Figure 2): 1) As a holdase, TF restricts the rate of structural rearrangements within the nascent polypeptide and thereby prevents the formation of non-native tertiary structures or inter-domain misfolding (Agashe et al., 2004; O'brien et al., 2011; Oh et al., 2011; Hoffmann et al., 2012; Saio et al., 2014; Liu et al., 2019b); 2) As a foldase, TF might enhance the efficiency of protein folding by promoting local interactions within its nascent substrates and by protecting partially folded states from distant interactions (Agashe et al., 2004; Hoffmann et al., 2012; Mashaghi et al., 2013; Singhal et al., 2015); 3) As an unfoldase, TF reverses premature folding of off-pathway folding intermediates to prevent cotranslational protein misfolding and aggregation (Hoffmann et al., 2010; Hoffmann et al., 2012; Saio et al., 2014). The unfoldase activity might be particularly important for TF’s function in the translocation of pre-secretory proteins, in conjunction with the ATPase SecA and the secretion-dedicated chaperone SecB (Castanie-Cornet et al., 2014). The folding activities of TF are most likely determined by the properties of the nascent chain and the interactions with TF. The unfoldase activity of TF is limited to loosely folded substrates, suggesting TF can revert non-productive folding of intermediates (Hoffmann et al., 2012). Extensive interactions between the nascent chain and TF with fast binding rates may promote the holdase function, while the gradual reduction of interactions due to local structure formation may guide the folding to the native state.
[image: Figure 2]FIGURE 2 | Key players of the chaperone network acting on nascent cytosolic proteins. Trigger factor (TF) is the only chaperone that binds directly to the ribosome. Depicted are the three different activities associated with TF: TF can act as a holdase by preventing long-distance interactions, thus slowing down folding (left); TF can act as an unfoldase by reversing off-pathway folding events (middle); TF can act as a foldase by promoting local interactions within the nascent substrate (right). The bacterial Hsp70, DnaK, acts downstream of TF and employs two alternative substrate binding modes. DnaK can bind to linear (left) and possibly also to compacted nascent chain segments (right) with a closed and open substrate-binding domain (SBD), respectively. The cotranslational activity of GroEL may occur without full encapsulation of the nascent chain by GroES binding. Each of these chaperones can cycle on and off nascent chains. Ribbon diagrams of TF [PDB: 2MLX, (Saio et al., 2014)] and DnaK [PDB: 2KHO, (Bertelsen et al., 2009)] are shown on the right, colored from blue (N-terminus) to red (C-terminus) with the domains indicated. N-domain, N-terminal domain. C-domain, C-terminal domain. PPIase-domain, peptidyl-prolyl isomerase domain. NBD, nucleotide-binding domain. Molecular graphics and analyses performed with UCSF Chimera (Pettersen et al., 2004).
DnaK Binding to Nascent Chains
The major E. coli Hsp70 DnaK together with its co-chaperone DnaJ and the nucleotide exchange factor GrpE constitutes an important component of the protein quality control machinery (Frydman, 2001; Mayer and Bukau, 2005). DnaK is a constitutively expressed, abundant cytosolic chaperone, and expression is further increased by several stresses including a heat-shock (Genevaux et al., 2004). DnaK is dispensable under non-stressed conditions and becomes essential in the cold and at growth temperatures above 37°C (Bukau and Walker, 1989).
DnaK activity is modulated by an allosteric mechanism that involves the N-terminal nucleotide-binding domain (NBD) and a C-terminal substrate-binding domain (SBD), which determines the affinity of DnaK for its substrates (Zhu et al., 1996; Bertelsen et al., 1999; Mayer and Kityk, 2015). ATP-bound DnaK has low substrate affinity and rapid substrate interaction kinetics. ATP hydrolysis, triggered by DnaJ and the bound substrate, induces the closing of the α-helical lid over the hydrophobic substrate-binding cleft of the SBD to stabilize the chaperone-substrate complex. The role of the Hsp40 DnaJ is to engage and deliver substrates to DnaK and to stimulate ATP hydrolysis. Substrate release is mediated by ADP dissociation and ATP binding, triggered by the nucleotide exchange factor GrpE.
DnaK contributes to all major processes that maintain cellular proteostasis, including the folding of newly synthesized polypeptides, refolding of misfolded proteins, disassembly of aggregates, degradation of proteins, disassembly of oligomeric complexes and modulation of the stability and activity of some natively folded proteins. DnaK has two distinct substrate interaction modes (Figure 2): The well-established, classical mode is that DnaK employs its SBD to bind short, extended peptide motifs with a hydrophobic core of four to five residues, enriched in leucine, isoleucine, valine, phenylalanine and tyrosine, and flanked by basic residues (Rüdiger et al., 1997; Kityk et al., 2012). This binding mode allows DnaK to engage denatured proteins by binding surface-exposed hydrophobic segments that are normally buried inside the molecule (Hartl and Hayer-Hartl, 2002; Zhao et al., 2020). In the recently described alternative interaction mode DnaK also binds compacted folding intermediates via the groove in the substrate-binding domain, while the lid remains partially or fully open. This mode of DnaK binding may stabilize or destabilize folding intermediates and also help to coordinate the final steps of folding (Schlecht et al., 2011; Mashaghi et al., 2016; Zhao et al., 2019).
Studies exploring the DnaK interactome in non-stressed cells revealed that DnaK binds many nascent polypeptides (Deuerling et al., 1999; Teter et al., 1999; Deuerling et al., 2003). A more recent proteome-wide study analyzing newly synthesized proteins identified more than 700 DnaK interactors (Calloni et al., 2012). It remains unclear, which of these proteins are engaged cotranslationally. The DnaK interactors generally have reduced solubility, are often lowly expressed, are enriched in large multi-domain proteins and are often part of hetero-oligomeric complexes (Tartaglia et al., 2010; Calloni et al., 2012). Together, these findings suggest that DnaK substrates are particularly vulnerable and prone to aggregation. Many of them may require the assistance of multiple chaperone systems to reach their native state, including TF and GroEL. How DnaK function is coordinated with the progress of translation, how it is coordinated with other chaperones and how the chaperones' action overlap to create functional redundancy and robustness of the network remains currently unclear.
Possible Cotranslational GroEL Action
The Hsp60 GroEL is the only essential chaperone in E. coli. GroEL belongs to the group I chaperonins, large barrel-shaped complexes composed of two heptameric rings stacked back to back (Saibil et al., 2013). Each of these rings forms a cavity to bind non-native proteins ranging between 20 and 60 kDa (Ewalt et al., 1997; Houry et al., 1999; Fujiwara et al., 2010). The co-chaperone GroES acts as a lid to close the folding chamber (Hartl et al., 2011). GroEL binds substrates through hydrophobic surfaces in its apical domain and substrate folding takes place after encapsulation by GroES binding to the cis-ring (Horwich et al., 2007; Horwich et al., 2009; Castanie-Cornet et al., 2014). ATP binding to the opposite ring (trans-ring) provokes GroES dissociation and substrate release (Weissman et al., 1995).
The current model assumes that GroEL binds substrates post-translationally. Suggesting it may also engage nascent chains, two in vitro studies showed a nascent chain dependent GroEL association with RNCs (Ying et al., 2005; Ying et al., 2006). Cotranslational GroEL binding could be particularly important for substrates that are stringently dependent on GroEL for folding (Kerner et al., 2005; Fujiwara et al., 2010). Considering that nascent chains are C-terminally connected to the ribosome, it has been speculated that cotranslational GroEL action may be independent of GroES binding to the cis-chamber. One attractive model is that GroEL binding mainly serves to protect nascent chains from undesirable interactions or misfolding. Considering binding persists until translation terminates, the released polypeptides may be encapsulated post-translationally by GroES recruitment and fold inside the closed cavity. Alternatively, GroEL may also support folding cotranslationally, either by loose GroES binding to the cis-chamber or without closure of the hydrophobic chamber, as demonstrated before (Chaudhuri et al., 2001).
Chaperones Collaborate to Form a Robust Protein Folding Network
The folding of thousands of structurally diverse proteins in the crowded cytosol is a considerable challenge for the cell. To achieve this task, also under conditions of stress, TF, DnaK, and GroEL together form a network of chaperones that synergistically act in the folding process. Although each individual chaperone has a different mechanism of action, the robustness of the network benefits from significant redundancy. Supporting the overlapping function of chaperones, the ablation of TF can be efficiently balanced by a mild overexpression of DnaK and an about two-fold elevated association of DnaK with nascent chains (Teter et al., 1999). The loss of DnaK alone has only a moderate impact on cell viability under non-stress conditions (Bukau and Walker, 1989). Revealing the cooperation and overlapping function of DnaK and TF in assisting protein folding, the simultaneous deletion of both chaperones causes severe folding defects and aggregation of newly synthesized proteins and is lethal at temperatures above 30°C (Deuerling et al., 1999). Similarly, the function of TF and DnaK can be partially substituted by overexpression of the chaperones GroEL (Vorderwulbecke et al., 2004) as well as SecB (Ullers et al., 2004). Importantly, the extent of exchangeability of chaperones is limited and some nascent proteins require the combined action of TF, DnaK, and GroEL to fold to the native state (Niwa et al., 2012). How the chaperones cooperate and how functional redundancy is conferred is not clear. It also remains open when during translation DnaK, GroEL and others engage their nascent substrates, whether they compete for binding or act simultaneously and how the limited availability of chaperones under conditions of stress can be compensated by other constituents of the network. It is also possible that other chaperones participate in the co-translational network. In eukaryotic organisms nascent chains may be guided by Hsp90 (Geller et al., 2018; Savitski et al., 2018) as well as specialized chaperones (Monkemeyer et al., 2019).
COTRANSLATIONAL FORMATION OF PROTEIN COMPLEXES
About 65% of the bacterial proteome is organized in multi-protein complexes (Hu et al., 2009; Reid et al., 2010; Lynch, 2012). The need to productively form protein oligomers in the highly crowded environment of the cell adds an additional layer of complexity to protein biogenesis. Complex formation was believed to occur post-translationally, driven by diffusion and collision of complex subunits. However, orphan subunits expose hydrophobic interaction interfaces, which enhances unspecific interactions with other macromolecules and can eventually lead to their degradation by the cellular quality control machinery [reviewed in (Juszkiewicz and Hegde, 2018)]. One strategy to cope with this challenge is to initiate assembly cotranslationally [reviewed in (Natan et al., 2017; Williams and Dichtl, 2018; Kramer et al., 2019; Schwarz and Beck, 2019)]. First, yet indirect evidence for the cotranslational assembly of the homo-tetrameric β-galactosidase was already presented in 1963 by David Zipser, who detected β-galactosidase activity in polysome fractions of E. coli cell lysates (Zipser, 1963). Recent research demonstrated that cotranslational complex assembly is a universal mechanism (Table 1) and a systematic analysis in yeast found that isolation of 12 out of 31 (∼38%) protein complex subunits led to the copurification of mRNAs encoding their respective interaction partners (Duncan and Mata, 2011), indicating that cotranslational assembly is widespread. Two main modes of cotranslational complex assembly can be distinguished, based on the synthesis state of the interaction partners. One mode is the assembly of a nascent and one fully synthesized polypeptide, recently termed co-post assembly (Bertolini et al., 2021). The alternative mode, termed co-co assembly, involves the interaction of two nascent chains (Figure 3).
TABLE 1 | An overview of reports on cotranslational complex assembly (adapted from Williams and Dichtl, 2018).
[image: Table 1][image: Figure 3]FIGURE 3 | Alternative mechanisms of cotranslational complex assembly. Cotranslational complex assembly can either involve one fully synthesised subunit engaging its nascent interaction partner (co-post assembly, left) or two nascent interaction partners (co-co assembly, right). In bacteria, homomeric as well as heteromeric complexes may be cotranslationally formed between subunits translated from the same (assembly in cis) or separate mRNA molecules (assembly in trans).
Extensive studies on the folding and assembly of the bacterial luciferase complex LuxA-LuxB showed that in the absence of LuxA, LuxB assembles into kinetically trapped homodimers (Sinclair et al., 1994) and suggested that the folding pathway of one subunit may be modified by the assembly with its interaction partner (Waddle et al., 1987; Sinclair et al., 1993). More recently, a study based on selective ribosome profiling directly showed that LuxA-LuxB formation occurs by co-post assembly, mainly via fully synthesized LuxA engaging nascent LuxB (Shieh et al., 2015). Indicating that uni-directional assembly is the predominant mechanism in co-post assembly, six out of nine complexes analyzed in yeast in a similar study follow a uni-directional assembly mode (Shiber et al., 2018). The sequential assembly order is imposed by the folding properties of the cotranslationally engaged nascent subunits, which are often unstable and get degraded if assembly fails (Halbach et al., 2009; Shiber et al., 2018; Kamenova et al., 2019). Notably, the assembly order of the bacterial LuxA-LuxB reflects the arrangement of the lux operon, which is in line with an evolutionary selection for imprinting the order of assembly in the structure of operons (Marsh et al., 2013; Wells et al., 2016). Disrupting the lux operon by placing both genes separately at different genomic loci reduced the formation of active luciferase complexes, suggesting that nearby synthesis of subunits on a polycistronic mRNA (cis-assembly) enhances the assembly efficiency. Supporting the notion that co-localized synthesis is a universally employed mechanism, mRNAs encoding the cotranslationally assembling proteasome subunits Rpt1 and Rpt2 are colocalized in yeast, where polycistronic mRNAs are a rare exception (Panasenko et al., 2019). The interaction domains of nascent subunits are often bound by chaperones until the assembly onset (Shieh et al., 2015; Shiber et al., 2018). In bacteria, TF suppresses interactions of nascent LuxA and prevents the premature association of LuxA with nascent LuxB until the complete dimer interface has emerged from the ribosome (Shieh et al., 2015). The general importance of TF in coordinating protein complex assembly is suggested by earlier findings that TF binds a set of fully synthesized proteins, enriched in members of protein complexes, including the ribosomal protein uS7 (Martinez-Hackert and Hendrickson, 2009). A crystal structure showed that a TF dimer encapsulates fully synthesized uS7 in a native-like conformation, masking the contact sites of uS7 to the 16S rRNA in the final 30S assembly. Notably, a TF deletion resulted in a mild ribosome assembly defect under heat stress, supporting the proposed function of TF in complex assembly. Cotranslational complex assembly, on the other hand, might reduce the load for the chaperone system, by establishing crucial interactions early during synthesis and thereby shielding subunits from non-productive interactions. Considering the prevalence of co-post assembly in yeast (Duncan and Mata, 2011) and the fact that bacterial complex subunits are often encoded in operons and translated in close proximity from polycistronic mRNAs, we expect that co-post assembly is also a frequent assembly pathway in bacteria.
Using a ribosome profiling-based method, a recent study showed that also the alternative cotranslational assembly mode, co-co assembly, is a prevalent mechanism employed for the assembly of many homomeric protein complexes in human cells (Bertolini et al., 2021). The study presented evidence that co-co assembly promotes the isoform-specific formation of homomeric complexes, an effect that was previously suggested to mitigate the impact of dominant-negative mutations in the tumor suppressor p53 (Nicholls et al., 2002). Importantly, co-co assembly of human lamins could be recapitulated by heterologous expression in E. coli, indicating that co-co assembly is compatible with bacterial translation and the chaperone machineries and may be employed to assemble bacterial protein complexes. Co-co assembly may be mostly employed to assemble homomers with N-terminal oligomerization domains, presumably by the interaction of nascent proteins synthesized by nearby ribosomes on the same mRNA (Bertolini et al., 2021). Ensuring efficient, isoform-specific interactions might in fact be a primary function of co-co assembly. By avoiding the risk of forming chimeric complexes of proteins with similar oligomerization domains co-co assembly could have enabled the reuse of oligomerization domains during evolution (Nepomnyachiy et al., 2017), and the isoform-specific assembly of splice variants in eukaryotes. However, in the context of a polycistronic mRNA, co-co assembly may even facilitate interactions of nascent chains translated from different cistrons and thus the formation of heteromeric complexes.
SUMMARY AND OUTLOOKS
Robust protein synthesis is facilitated by an intricate interplay of all components of the protein synthesis machinery. The system is coordinated at multiple levels, starting from 1) mRNAs, that contain information that guides translation elongation rates of ribosomes to control protein folding and also warrant the colocalized synthesis of cotranslationally interacting protein subunits, 2) sequence and structural features of nascent chains that facilitate the binding of enzymes, targeting factors and assembling subunits, and 3) the crosstalk between ribosomes, nascent chains and maturation factors. While we have made significant progress in understanding some of the general principles that guide this process, detailed knowledge of the molecular mechanisms is still rather limited and many open questions remain. How do ribosomes sense the folding state of nascent chains and the status of their interactions with chaperones and protein complex subunits and is this feedback mechanism widely used by nascent chains to control their cotranslational maturation? How do chaperones determine cotranslational substrates and affect their conformation and how are the cotranslational activities coordinated between chaperones? Finally, we need to obtain information on the prevalence and the mechanisms guiding the cotranslational assembly of protein complexes. It will be fascinating to see whether also periplasmic and membrane proteins assemble cotranslationally and how the assembly of all classes of proteins might be coordinated by the action of chaperones, targeting factors and the translating ribosome. Furthermore, gaining insight into the folding state of nascent subunits will be crucial to understand how structural features determine assembly processes. Answering these questions is a formidable task and will require the contribution of multiple disciplines of basic research.
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Cells have evolved a complex molecular network, collectively called the protein homeostasis (proteostasis) network, to produce and maintain proteins in the appropriate conformation, concentration and subcellular localization. Loss of proteostasis leads to a reduction in cell viability, which occurs to some degree during healthy ageing, but is also the root cause of a group of diverse human pathologies. The accumulation of proteins in aberrant conformations and their aggregation into specific beta-rich assemblies are particularly detrimental to cell viability and challenging to the protein homeostasis network. This is especially true for bacteria; it can be argued that the need to adapt to their changing environments and their high protein turnover rates render bacteria particularly vulnerable to the disruption of protein homeostasis in general, as well as protein misfolding and aggregation. Targeting bacterial proteostasis could therefore be an attractive strategy for the development of novel antibacterial therapeutics. This review highlights advances with an antibacterial strategy that is based on deliberately inducing aggregation of target proteins in bacterial cells aiming to induce a lethal collapse of protein homeostasis. The approach exploits the intrinsic aggregation propensity of regions residing in the hydrophobic core regions of the polypeptide sequence of proteins, which are genetically conserved because of their essential role in protein folding and stability. Moreover, the molecules were designed to target multiple proteins, to slow down the build-up of resistance. Although more research is required, results thus far allow the hope that this strategy may one day contribute to the arsenal to combat multidrug-resistant bacterial infections.
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TARGETING MULTIPLE TARGETS YIELDS MORE ROBUST ANTIBACTERIALS
Most currently used antibacterial approaches target an essential protein or process (either directly or indirectly) in one of these four categories: nucleic acids synthesis, proteins synthesis, the synthesis or integrity of the bacterial cell wall or bacterial membrane, and folic acid metabolism (Kapoor et al., 2017). Antibiotics targeting one single protein have been favored in the past because these single-target antibiotics can offer high target specificity and induce fewer side effects. Having a single target, however, sets up the rapid generation of resistance since only one protein or pathway needs to be circumvented to develop resistance to the antibiotic. Combination therapy has been a useful approach to overcome bacterial resistance but it works even better by combining multi-target antibiotics (Oldfield and Feng, 2014). Resistance has been observed on average 2 years after marketing an antibiotic (Clatworthy et al., 2007; Coates et al., 2011) and the experience has been that target-related spontaneous resistance develops more rapidly if the antibiotic has a single target than if the antibiotic affects several targets in parallel and/or those targets are encoded by multiple genes (Brötz-Oesterhelt and Brunner, 2008; Gray and Wenzel, 2020). In general, a single mutation in the target may be sufficient to develop high-level target-related resistance against antibiotics that have a single target encoded by one gene. At the same time, multiple mutations or acquired resistance genes are required to evolve a substantial level of resistance against antibiotics that affect several targets in parallel and/or if the targets are encoded by multiple genes. Vancomycin is a good example of an antibiotic that requires the acquisition of multiple genes for developing resistance. Vancomycin compromises cell envelope integrity (Stogios and Savchenko, 2020) by binding to the D-Ala-D-Ala moiety of un-crosslinked lipid II and inhibiting autolytic enzymes by binding to free C-terminal D-Ala-D-Ala residues in the mature cell wall (Sieradzki and Tomasz, 2006). Although modifying lipid II to D-Ala-D-lac or D-Ala-D-Ser can render bacteria vancomycin-resistant, it is rather difficult to achieve these modifications. Indeed, bacteria that achieve a high-level resistance to vancomycin do so by expressing several (five or more) newly acquired genes (Okano et al., 2017; Stogios and Savchenko, 2020). Due to the difficulty of developing resistance against vancomycin, the first discovery of resistant strains occurred almost 30 years after its initial clinical use.
One strategy to create multi-target antibiotics has been modifying existing antibiotics to increase the number of targets and/or pathways affected, which subsequently overcomes the existing resistance mechanisms and delays the occurrence of novel resistance. For example, the second-generation macrolide azithromycin exerts a more potent antimicrobial activity by inducing membrane permeability in addition to inhibiting protein synthesis (Gh et al., 2018). In the case of vancomycin, target range broadening was achieved with oritavancin, a derivative that not only binds D-Ala-D-Ala containing lipid II but also D-Ala-D-lac lipid II precursors, thereby addressing one of the resistance mechanisms to vancomycin. (Stogios and Savchenko, 2020). In addition, it also inhibits transpeptidation and may affect RNA synthesis, as well (Zeng et al., 2016). Although we cannot predict if oritavancin will have such a long career as vancomycin, resistance to it has not been reported yet.
Other antibiotics affecting multiple targets/biological pathways through a novel mode of action have also been developed. Recent progress in this field includes teixobactin (Ling et al., 2015), SCH-79797 (Martin et al., 2020), corbomycin and complestatin (Culp et al., 2020). Discovered in a screen of uncultured bacteria, teixobactin seems to have evolved to minimize resistance development by target microorganisms (Ling et al., 2015). This novel antibiotic inhibits bacterial cell wall synthesis by capturing precursors such as Lipid I, Lipid II, Lipid III, and undecaprenyl pyrophosphate (Shukla et al., 2020) and its ability to interfere with multiple targets is probably why resistance to it could not be detected (Ling et al., 2015). Similarly, bacteria showed no sign of resistance to the recently described SCH-79797 after passaging them for 30 days at a concentration of SCH-79797 that is lower than its minimal inhibitory concentration (MIC) (Martin et al., 2020). SCH-79797 is bactericidal toward both Gram-negative and Gram-positive bacteria by disrupting folate metabolism and the integrity of the bacterial membrane (Martin et al., 2020). Corbomycin and complestatin bind and subsequently block the function of a broad range of structurally unrelated autolysins, thereby inhibiting peptidoglycan remodeling of the cell wall during growth (Culp et al., 2020). Corbomycin was also shown to be able to inhibit fatty acid synthesis (Kwon et al., 2015). Although a low level of resistance was reported for corbomycin and complestatin (resistant mutants have mutations in autolysin proteins), single-gene deletions changed susceptibility only 2-fold or less (Culp et al., 2020).
Although multi-targeted antibiotics are not immune to inactivating mechanisms that either block their uptake, increase their efflux or promote their degradation, the studies above suggest that the chance of a target-based high-level endogenous resistance is lower for multi-target antibiotics, which explains why they have been gaining increasingly more attention (Tyers and Wright, 2019; Gray and Wenzel, 2020). The case of vancomycin also showed that it is not only the number of targets that matters but also the difficulty to modify that target. Therefore, the optimal antibiotic strategy has multiple targets, each of which is hard to be genetically deleted or altered by random mutations under selective pressure. In what follows, we explore the idea that perturbation of the protein homeostasis network via inducing aggregation of bacterial proteins could constitute such an attractive antibiotic strategy.
BACTERIAL PROTEOSTASIS FACES PARTICULAR CHALLENGES
Protein homeostasis, also called proteostasis, is a term used to describe all protein quality control activities of the (eukaryotic or prokaryotic) cell including protein synthesis, folding, translocation and degradation. Given that as good as all biological activity in a cell is mediated by proteins, proteostasis is a fundamental component of cellular life, consuming about half of the metabolic energy (Buttgereit and Brand, 1995). The cells have evolved a complex and interconnected quality control system, called the proteostasis network (PN), to support the integrity and functionality of the proteome under physiological conditions and to protect the proteome against acute stress conditions. The PN consists of chaperones, proteases as well as other specialized molecules (Mogk et al., 2011; Kampinga et al., 2019). The importance of proteostasis for the health of the organism (Balch et al., 2008) and the decline of proteostasis during ageing (Ben-Zvi et al., 2009) have been recognized for over a decade.
Even though the general principles of protein folding are similar in all organisms, maintaining proteostasis is especially challenging for bacteria due to their small volume, the lack of membrane-separated compartments, and high protein turnover rates. Additionally, bacteria are constantly subject to stress conditions, including heat/cold shock, oxidative stress, osmotic shock, heavy metal toxicity, changes in hydrostatic pressure, the presence of drugs, as well as host organism mounted-stresses in response to infections such as chemical stresses (e.g. reactive oxygen and nitrogen species), the presence of antibiotics or the elevated temperature from fever (Ehrt and Schnappinger, 2009; Dahl et al., 2015; Harnagel et al., 2020). The exposure of bacteria to these pressures as well as the complexity of metabolic changes that arise in response to these pressures can cause significant perturbations of bacterial proteostasis (Morano et al., 2012; Gayán et al., 2017). Depletion of intracellular ATP can also drive protein aggregation because maintaining proteostasis consumes a lot of energy and ATP is a biological hydrotrope that helps to keep hydrophobic proteins in solution (Patel et al., 2017; Pu et al., 2019).
Both the short doubling times of bacteria (E. coli doubling time is about 20 min) and adaptation to changing conditions require a high protein turnover rate, and indeed the speed of protein translation is at least five times faster in bacteria than in eukaryotes (de Groot and Ventura, 2010). In a recent study (Ramakrishnan et al., 2019), we have shown that protein abundance and translation speed are strong determinants of chaperone-dependence in E. coli and by extension, likely other bacterial strains and species, as well. So, although certain complex folded proteins intrinsically need assistance from chaperones likes GroEL to fold, most fast-translated proteins require the help of trigger factor and DnaK, regardless of whether they are intrinsically capable of independent folding. Upon the genetic deletion of these factors, proteins tend to end up in the insoluble fraction, likely undergoing aggregation (Deuerling et al., 2003; Chapman et al., 2006; Hartl et al., 2011).
A higher protein turnover rate implies more individual polypeptide chains are in the course of translation or folding at any given time. Since the chance of aggregation is the highest during translation before the protein gains its native structure (Willmund et al., 2013), it is, therefore, likely that a higher protein turnover rate renders the proteostasis of bacteria more vulnerable to perturbations (Beerten et al., 2012). The idea of targeting the proteostasis of quickly dividing cells is also being exploited in human cells in the forms of promising cancer treatments based on pharmacologic inhibition of, for example, Hsp70 or Hsp90 (Hipp et al., 2014), where the difference in translation rate is one element that helps create a therapeutic window between cancer cells and their healthy counterparts.
However, in apparent contradiction with these ideas, bacteria show remarkable resilience to aggregation, notably in the expression of heterologous proteins, some of which end up in massive inclusions bodies consisting of aggregated forms of the protein and occupying a significant fraction of the cellular volume. Although the production of such a recombinant protein may impart such a metabolic burden on the microorganism that can cause a considerable delay in generation time (Rosano and Ceccarelli, 2014), it is often not lethal. This suggests that the aggregation of a heterologous protein is contained and does not lead to a proteostatic collapse.
To what extent inclusion body formation upon heterologous expression can be related to protein translation rates is unclear since many factors such as post-translational modifications and co-evolution with chaperones may also play a role. But it could be argued that as proteins got larger and more complex during evolution (Netzer and Hartl, 1997; Balchin et al., 2016), translation speed had to be reduced to give proteins more time for co-translational folding and to prevent aggregation. This seems to make perfect sense since expressing eukaryotic proteins in bacteria at a slower speed reduces their aggregation (Siller et al., 2010) and many experiments show that a higher translation elongation speed results in more aggregation both in bacteria and in eukaryotes. E.g., speeding up the translation of the cystic fibrosis transmembrane conductance regulator in eukaryotic cells resulted in a higher amount of aggregated protein (Kim et al., 2015), and our lab has shown in bacteria that increasing the translation rate of a transcript resulted in more insoluble protein (Ramakrishnan et al., 2019). Cooling down the cultures often resolves aggregation of heterologously expressed proteins (Rosano and Ceccarelli, 2014). This also seems to support the apparent detrimental effect of high translation speed on protein folding, since culturing bacteria at a lower temperature would certainly provide an overall reduction in translation rates (although it may have many other effects, as well).
However, most experiments increase the translation speed of a transcript by codon optimization, i.e. eliminating rare codons by replacing each codon with a faster-translating counterpart. Codon-optimization not only speeds up translation but can also perturb the rhythm of translation by eliminating the pauses associated with rare codons. As it has become clear recently, the rate of elongation is not uniform along the mRNA and one of the factors influencing elongation speed is codon usage (Liu, 2020; Samatova et al., 2021). Rare codons are translated somewhat slower and an increasing number of studies suggests that co-translational folding is a sequential event in which the presence of rare codons establishes transcriptional pauses that provide enough time for the nascent protein to acquire the correct conformation (Sabate et al., 2010). Moreover, although the high speed of bacterial translation makes folding difficult for eukaryotic proteins, probably due to their multi-domain structure (Netzer and Hartl, 1997), slowing down or speeding up translation seems to make no difference for bacterial proteins (Siller et al., 2010). Therefore, it is changing the rhythm of translation that increases misfolding and aggregation and not the higher speed of translation (Liu, 2020; Samatova et al., 2021). It seems that the high volume of protein turnover makes the proteostasis of bacteria vulnerable and not the high speed of translation itself.
BACTERIAL PROTEOSTASIS AS A TARGET FOR ANTIMICROBIALS
The proteostasis network (PN) maintains cellular proteins in a state that allows optimum biological activity while responding to environmental stimuli, starting with the synthesis of new polypeptide chains, through the folding of newly translated proteins to the repair, disaggregation or degradation of damaged proteins that unfold or aggregate, in particular under stress conditions (Powers and Balch, 2013). Balch et al. proposed the downregulation of bacterial proteostasis as an antibacterial strategy in 2008 (Balch et al., 2008) but antibiotics that tamper with proteostasis by targeting one of the principal components of the PN, the ribosome, have been around for much longer. Aminoglycosides, tetracyclines, macrolides, lincosamides, etc. interfere with protein synthesis and cause a proteostasis imbalance by disrupting translational fidelity, causing premature termination of translation, preventing the binding of t-RNAs to the ribosome or causing the premature detachment of incomplete peptide chains from it (Ling et al., 2012; Kapoor et al., 2017).
Many examples show that causing bacterial chaperone deficiency may also be an effective way to limit bacterial viability or can reduce antibiotic tolerance of pathogenic species (Lee et al., 2016). Genetic deletion of chaperones involved in protein folding, like GroEL, trigger factor or DnaK, causes “an avalanche” of aggregation (Deuerling et al., 2003; Chapman et al., 2006) that poses a heavy burden on the bacteria and limits their resistance to stresses. The redundancy of chaperones gives bacteria some resiliency against such attacks, though. For example, DnaK/DnaJ and TF have overlapping sets of substrates and one can compensate for the absence of the other—but a combined deletion of both is lethal above 30°C (Deuerling et al., 1999; Deuerling et al., 2003). Similarly, while the individual loss of neither HtpG (an Hsp90-homologue) nor ClpB (a disaggregase) is lethal to Mycobacterium tuberculosis, cells lacking both these chaperones become hypersensitive to host-like stresses and go into a nonreplicating state (Harnagel et al., 2020). Tampering with the clearance of protein aggregates also has severe consequences for bacteria. For example, cells lacking the ClpB disaggregase become more sensitive to heat or oxidative stress (Harnagel et al., 2020). Based on these observations, inhibitors targeting the chaperone system such as DnaK inhibitors (Czihal et al., 2012) and HSP60/10 chaperonin system inhibitors (Stevens et al., 2019) have been put forth as antibiotic strategies but it remains to be seen whether sufficient specificity toward bacterial chaperones over mammalian counterparts can be achieved.
It has also become apparent in recent years that antimicrobial peptides (AMPs) that were initially considered only as agents that disrupt bacterial membranes, also interact with intracellular targets, including PN components (Nguyen et al., 2011; Lee and Lee, 2015; Lazzaro et al., 2020). For example, the primary target of the proline-rich AMP oncocin is thought to be the ribosome exit channel (Roy et al., 2015; Seefeldt et al., 2015). Oncocin also binds to and inhibits the bacterial Hsp70 homolog DnaK (Knappe et al., 2011), one of the key chaperones in bacteria, which will likely amplify the disruption of bacterial proteostasis by this peptide. Interestingly, many AMPs form amyloid structures spontaneously (Zhao et al., 2006; Mahalka and Kinnunen, 2009; Torrent et al., 2011) and some AMPs co-aggregate with bacterial proteins (Code et al., 2009).
All these targeted approaches that specifically interfere with various components of the PN and meddle with the synthesis or folding of proteins, or the clearance of protein aggregates have a common feature: they all produce a large pool of aggregated proteins. The accumulation of damaged, misfolded or aggregated proteins as a sign of the decline of proteostasis has been studied extensively in eukaryotes where it contributes to ageing and senescence (Taylor and Dillin, 2011; Santra et al., 2019). Although it is controversial whether bacteria undergo ageing due to the accumulation of aggregated proteins (Rosano and Ceccarelli, 2014; Schramm et al., 2019), the accumulation of protein aggregates can affect the growth rate, stress resistance and virulence of bacteria, as well (Schramm et al., 2019). Protein aggregation appears to play a role in causing bacterial death in certain lethal conditions such as heat and exposure to heavy metals, either through massive protein aggregation leading to proteostasis collapse or the depletion of certain essential factors (Ling et al., 2012; Tamás et al., 2014; Bednarska et al., 2016; Khodaparast et al., 2018; Katikaridis et al., 2019). On the flip side, the importance of a highly competent proteostasis machinery for bacterial virulence is underlined by the fact that a transmissible locus for protein quality control (TLPQC-1) spreads by horizontal gene transfer amongst pathogenic strains (Lee et al., 2016), apparently conferring fitness benefits to the pathogens during infection.
It seems, therefore, that despite the stress-adaptive transcriptional programs bacteria can initiate to deal with proteostasis imbalance (Schramm et al., 2019), targeting bacterial proteostasis can indeed be an effective antibacterial strategy, either as a standalone treatment or in conjunction with existing antibiotics. Although the PN can increase its capacity dramatically on-demand, it is possible to overwhelm the cellular machinery that deals with damaged proteins, leading to and causing proteostatic collapse. As we saw, such perturbation of the bacterial proteostasis can be achieved either by interfering with one or more specific components of the PN or by creating such a large pool of aggregated proteins within the cell that its clearance exceeds the capacity of the PN. In the next sections, we will see how this latter can be achieved.
AMYLOID-LIKE AGGREGATION CAN BE SEEDED IN A SEQUENCE-SPECIFIC MANNER
Protein aggregation has been (and by some perhaps still is) considered to be a non-specific process: a phase separation driven by clusters of hydrophobic residues in misfolded proteins. Our increasing structural understanding of protein aggregates over the last two decades has demonstrated that, both in vitro and in vivo, protein aggregates are much more structured macromolecular assemblies (Morell et al., 2008) than previously thought. The most predominant mechanism of aggregation is amyloid-like aggregation, which is based on the interactions of beta-strands from different polypeptides forming intermolecular beta-sheets (Figure 1A). Intracellularly, protein aggregates often accumulate into a range of inclusions, the specifics of which differ between organisms and cell types, but the aggregates they contain have been shown to share the basic beta-sheet-rich structure.
[image: Figure 1]FIGURE 1 | (A) The core of protein aggregates contains beta-strands forming beta-sheets held together by hydrogen bonds between the polypeptide backbones and these beta-sheets can pack in layers via interdigitating amino acid sidechains. (B) The typical kinetics of amyloid-like protein aggregation (blue line): a rate-limiting nucleation phase, a fast-growing elongation phase, and a final plateau phase. Seeding the reaction with substoichiometric amount of fibril fragments can eliminate the lag phase (red line). (C) Pept-ins are designed based on detecting APRs in the translated bacterial genome. They seem to form small seeds (depicted as stacks of Pept-ins in the Figure) that induce the fast co-translational aggregation of proteins and the formation of inclusion bodies.
In bacteria, the term inclusion body (IBs) is widely used to indicate such aggregate-rich structures, formed, e.g. when the bacterial cellular machinery is unable to fold an over-expressed protein in its native conformation. It is now clear that these are “not mere amorphous graveyards” (Otzen, 2010) but have amyloid-like properties including high beta-sheet content (Carrió et al., 2005; Ventura and Villaverde, 2006; Garcia-Fruitos et al., 2011; Upadhyay et al., 2012; Khodaparast et al., 2018). The structure of the most highly ordered protein aggregates, amyloid fibres (Sawaya et al., 2007), has been investigated in detail and showed that both amyloid aggregates formed in vitro or those extracted ex-vivo have a generic cross-beta backbone organization as revealed by X-ray diffraction data (Serpell et al., 1995; Sunde et al., 1997; Nelson et al., 2005; Sawaya et al., 2007) or more recently by reconstruction of cryo-electron microscopy images of full-length fibrils (Lu et al., 2013; Fitzpatrick et al., 2017; Gremer et al., 2017; Falcon et al., 2018; Falcon et al., 2019).
In the core of amyloid fibers, identical sequences in a beta-strand conformation are stapled together into beta-sheets through hydrogen bonds between the polypeptide backbones, as well as the lateral stacking of the side chains of consecutive strands, and these beta-sheets can further pack laterally via tightly interdigitated sidechains forming stable structures, known as “steric zippers” (Figure 1A) (Nelson et al., 2005; Sawaya et al., 2007; Rodriguez et al., 2015). An interesting recent exploitation of the similarity between the structure of bacterial IBs and disease-causing amyloids is using bacteria to screen for anti-amyloid (beta-blocker) drugs for conformational diseases (Caballero et al., 2019).
Amyloid-like protein aggregation follows a typical sigmoidal curve, initiated with a rate-limiting nucleation phase, followed by a fast-growing elongation phase and ending with a final plateau phase (Figure 1B) (Knowles et al., 2009; Arosio et al., 2016; Lutter et al., 2019). Although the amyloid aggregate state of many proteins is thermodynamically more stable than the soluble form under conditions found in vivo, there is a kinetic barrier towards amyloid formation, partly because the conformational freedom of the peptide backbone contributes to the entropy of the system (Buell et al., 2014). During the slow and thermodynamically unfavorable nucleation phase, stable seeds are formed by rearranging misfolded protein structures into a series of beta-strands.
When the concentration of seeds is high enough, the growth of seeds becomes the dominant process and protein aggregation proceeds to the elongation or extension phase (Figure 1B). This is the fastest phase of the overall aggregation reaction, by several orders of magnitude (Buell, 2019). In this phase, the fibrils grow in a direction parallel to the fibril axis by adding monomeric building blocks to the fibril end, during which the protein monomers adopt the cross-beta structure of the seeds as a template (Soto and Pritzkow, 2018; Lutter et al., 2019). In this phase, new seeds are continually formed through fragmentation of the growing aggregates and secondary nucleation, i.e. the formation of new seeds on the surface of the aggregates, which appear to act as catalysts. The most important intrinsic barrier to protein aggregation can be circumvented by supplying pre-formed seeds to a sample of fresh monomer (Figure 1B) and this has been shown to work both in a test tube (O’Nuallain et al., 2004; Saijo et al., 2017), in cells (Colby et al., 2007; Holmes et al., 2014) and in mouse models in vivo (Hamaguchi et al., 2012; Falcon et al., 2015; Narasimhan et al., 2017; Gomes et al., 2019).
There is a controversy over whether IB formation in bacteria is an active, protective cellular process that deposits aggregates as IBs at specific polar region(s) or IB formation depends only on the physical interaction of the protein chains moving around purely by Brownian motion and IBs end up at the cell pole because they are crowded out from the middle of the cell by nucleic acids (Tyedmers et al., 2010; Coquel et al., 2013; Rinas et al., 2017). Whichever the case may be, IBs appear to be “built” in a selective way and at least some of this selectivity can be contributed by a diffusion-driven (not active) mechanism driven by the polypeptide chains themselves. As it has been demonstrated in vitro with many proteins, the polypeptide chains themselves can produce aggregates of a homogeneous composition (O’Nuallain et al., 2004; O’Nuallain et al., 2005; Wetzel, 2006), and co-expression experiments also showed that non-homologous aggregation-prone proteins initially deposit in separate inclusion bodies both in bacteria (Morell et al., 2008) and eukaryotic cells (Rajan et al., 2001). IBs contain predominantly the over-expressed protein and their properties depend on the protein being over-expressed (Upadhyay et al., 2012)—although they do engulf other bystanders like small heat-shock proteins IbpA and IbpB and the main chaperones DnaK and GroEL (Ventura and Villaverde, 2006), which may also be part of the machinery to build a well-ordered IB.
The tight packing of side chains at the core of amyloid fibrils suggests that amyloid aggregates are not only structured but the assembly of such structures is also selective and even sequence-specific (O’Nuallain et al., 2004). The sequence specificity of amyloid aggregation has been demonstrated using seeding experiments, as well. In vitro seeding experiments suggest that seeding between identical sequences is favored (O’Nuallain et al., 2004; O’Nuallain et al., 2005; Wetzel, 2006), although there are examples of cross-seeding between similar but non-homologous sequences, e.g. cross-seeding between amyloid beta peptide (Abeta) and Islet Amyloid Polypeptide (IAPP, also called amylin) (Oskarsson et al., 2015) or the Abeta peptide and alpha-synuclein (Ono et al., 2012) or lysozyme and other proteins (Krebs et al., 2004).
SHORT POLYPEPTIDE SEGMENTS CONTROL AGGREGATION
The selectivity of protein aggregation and the tightly packed structure of amyloid aggregates suggest that certain sequence fragments within a polypeptide chain would be more suitable to incorporate in such structures than others. Many groups have developed bioinformatics algorithms to detect regions, called aggregation-prone regions (APRs), in polypeptide sequences that would be particularly suitable for forming aggregates (Conchillo-Sole et al., 2007; Tsolis et al., 2013; Walsh et al., 2014; Espargaró et al., 2015). Our laboratory has contributed with TANGO (Fernandez-Escamilla et al., 2004), WALTZ (Maurer-Stroh et al., 2010) and more recently Cordax (Louros et al., 2020).
We have used our aggregation prediction algorithms to show that APRs are present in almost any protein in any given proteome, whether prokaryotic or eukaryotic (<5% of protein domains have no APRs) (Rousseau et al., 2006; Ganesan et al., 2016). These findings have been confirmed by other labs using different prediction algorithms (Monsellier et al., 2008; Goldschmidt et al., 2010; Rawat et al., 2018). APRs are generally short (5–15 residues long) sequences that have an intrinsic propensity to self-associate by beta-strand interactions (Rousseau et al., 2006; Goldschmidt et al., 2010) and their role in inducing protein aggregation has been confirmed experimentally. We know that the presence of APR(s) in a polypeptide chain is both necessary and sufficient for inducing protein aggregation. APRs are necessary for protein aggregation because introducing point-mutations that abolish the aggregation propensity of an APR reduce the aggregation propensity of the entire protein (Ganesan et al., 2016). And APRs are sufficient for inducing protein aggregation because grafting APRs of known amyloid-associated proteins onto proteins that do not aggregate by themselves render them aggregation-prone (Ventura et al., 2004; Teng and Eisenberg, 2009). The mentioned cryo-EM structures of amyloid fibrils extracted from patients show the involvement of a much larger segment of the polypeptide chain in the final amyloid fibril structure than just the APRs (Lu et al., 2013; Fitzpatrick et al., 2017; Gremer et al., 2017; Falcon et al., 2018; Falcon et al., 2019), but the APRs are still the focal points for initiating aggregation. The beta-strands formed by the APRs are part of the beta-sheets in the fibril core and they form the “aggregation hot spots” that kinetically control amyloid formation while the regions flanking APRs can either promote or inhibit aggregation and modulate the structure of the fibers (Sumner Makin and Serpell, 2004; Savastano et al., 2020; Ulamec et al., 2020; Zhang et al., 2020).
Most proteins possess at least one APR, and they usually form either part of the hydrophobic core of globular proteins or interaction sites that become buried in e.g. through protein-protein interactions. The few solvent-exposed APRs in native proteins are generally APRs contributing to protein interaction interfaces or catalytic sites (Ventura et al., 2002; Prabakaran et al., 2017). Since most APRs are buried, they represent a danger for aggregation only in situations where proteins are partially or completely unfolded, such as during protein translation or translocation, under situations of physiological stress or due to mutations that destabilize the native conformation (Ganesan et al., 2016; Langenberg et al., 2020). We have shown that APRs are not just located in the hydrophobic core of proteins, there is a deep entanglement between protein stability and protein aggregation propensity that means that aggregation propensity is as evolutionarily conserved as the structure itself (Langenberg et al., 2020). As a consequence, APRs constitute interesting targets for the development of antibiotics since these regions are the least likely to accumulate mutations in the short term.
TARGETED PROTEIN AGGREGATION
The aggregation of a wide range of proteins has been described to follow the classic sigmoidal aggregation kinetics in many organisms, including bacteria, fungi and mammals, forming either pathogenic or functional amyloids (Platt et al., 2008; Seuring et al., 2012; Van Gerven et al., 2015; Villar-Pique et al., 2016), meaning that aggregation is controlled at the stage of seed formation and then speeds up once enough seeds are available.
Analyzing the sequence similarity of peptide segments in bacterial and eukaryotic proteomes, most peptide sequences are unique from lengths of about 6–7 amino acids onwards, independent of genome size. Interestingly, this is on the lower length spectrum of linear antibody epitopes, which range from 6 to 25, approximately, suggesting that such short peptides already hold sufficient information for discriminatory binding. In line with this, the immune system uses for self/non-self-discrimination at the cell-surface-bound multihistocompability complexes I and II display peptides of 8–11 and 9–30 amino acids in length, respectively. We noted that APRs, which typically range in length from 5–15 amino acids, follow a similar pattern: APRs above the length of 6-7 amino acids tend to be unique within their proteome, e.g. over 80% of 6-amino acid-long APRs occur only once in the E. coli or S. cerevisiae genome (Figure 2A) (Ganesan et al., 2015). This is consistent with the previous findings that there is selective pressure to both minimize the aggregation propensity of APRs (Rousseau et al., 2006; Reumers et al., 2009; Ganesan et al., 2016) and avoid identical APRs in repeat-domain proteins (Parrini et al., 2005; Wright et al., 2005). Of course, this relationship is different when one or two mismatches are taken into consideration, but it is at present not possible to predict which mismatches would allow co-aggregation and which ones would not.
[image: Figure 2]FIGURE 2 | (A) The fraction of APRs that are unique within the E. coli, S. cerevisiae, or H. sapiens proteome, plotted by length of the APR. (B) The number of sequences in the E. coli proteome that match two peptides derived from β-galactosidase (allowing 0, 1, or 2 substitutions). (C) Detection of β-Galactosidase in bacterial cell lysates with immunoblotting using specific antibody (lane 1) or with PepBlot using sequence-specific peptides (lanes 2–4) (A–C adapted from Ganesan et al., 2015). (D) Arabidopsis plants expressing a Pept-In targeting the negative regulator of brassinosteroid signaling (left) grow larger than wild type plants (right). Adapted from Betti et al., 2016. (E,F) Dose-dependent toxicity of vascin, its human counterpart (h vascin), and a proline mutant of vascin (pro vascin) or scrambled version as controls (from 2.5 to 100 mm) by the CellTiter-Blue assay. (E) Vascin and h.vascin are toxic to HUVEC cells that depend on VEGFR signaling for survival but not to HEK293 cells (F) (E,F adapted from Gallardo et al., 2016). (G) Dose-dependent effect of an antiviral peptide (12B) targeting an APR in the cap-binding domain of polymerase basic protein 2 of the influenza A virus. Treating MDCK cells infected with influenza A led to a dose-dependent decrease of the area covered by viral plaques (red curve, left axis) with an IC50 below 2 μm. Data are normalized to buffer-treated cells and the mean ± SD of 4 independent experiments is shown. Peptide 12B did not have significant hemolytic activity (blue curve, right axis). For toxic dose (TD50): data are normalized to buffer-treated (0% lysis) and 0.1% Triton-treated cells (100% lysis) and the mean ±SD of 3 independent experiments is shown. (G Adapted from Michiels et al., 2020).
A further proof of the selectivity of protein aggregation is that it is possible to use the interaction of APRs with each other for detecting proteins immobilized on a membrane, using the Pep-blot method (Ganesan et al., 2015). Pept-blot is an adapted immunoblot protocol in which the primary antibody is replaced with a biotin-labelled synthetic amyloid peptide. The APR VIIWSLGN from the beta-galactosidase enzyme of E. coli is unique within its proteome and there is only one similar APR if we allow 1 mismatch and also one if we allow two mismatches (Figure 2B). Ganesan et al. used the interaction of a biotin-labelled version of the VIIWSLGN peptide to target the beta-galactosidase protein in bacterial lysate immobilized on a membrane and subsequently detected the labelled peptide using streptavidin-conjugated HRP, yielding a single band at the same molecular weight as seen by antibody staining (Figure 2C). The introduction of 2 mutations in the peptide was sufficient to break the interaction. The same approach was used to detect C-reactive protein in human plasma samples and Prostate Specific Antigen in human seminal samples (Ganesan et al., 2015), suggesting amyloid interactions can convey high specificity, at least in these cases.
The combination that amyloid-like aggregation is sequence-specific and most APRs are unique within their proteome makes targeted protein aggregation possible. The core of the Pept-in targeted protein aggregation technology invented in our laboratory is supplying short peptides (termed Pept-ins, from peptide interferors) that contain amino acid sequences homologous to the APR of the target protein. Unique APRs can be used as “bar codes” for inducing the specific aggregation of a protein in the proteome by amyloid-like beta-strand self-interaction. In their most basic design, Pept-ins contain a tandem repeat of a 5–7 amino acid long segment of the target APR connected by a linker (Figure 1C). The tandem repeat design of Pept-ins was intended to facilitate the nucleation of the aggregation process and it was inspired by the primary structure of functional amyloids (Shanmugam et al., 2019). Functional amyloids often contain more than one imperfect copies of the same APR, meaning that they contain one or two mismatches between each repeat. For Pept-ins, however we used two perfect copies of the same APR.
Pept-ins are prone to form oligomeric structures although the exact structure of the species that enters the bacteria is not known. To provide colloidal stability to these doubled APR arrangements, each of the APRs in a Pept-in is flanked by charged residues (lysine, arginine, glutamate or aspartate) functioning as aggregation gatekeepers that slow aggregation kinetics (Rousseau et al., 2006; Bednarska et al., 2016; Gallardo et al., 2016). These ensure that while forming oligomers, the particle size remains sufficiently small to form soluble aggregates. The fast aggregation that occurs following Pept-ins treatment suggest that they function as small pre-aggregated seeds for inducing protein aggregation therefore the aggregation of the target protein can skip the rate-limiting nucleation phase and go directly to the fast-growing elongation phase (Figure 1B).
Our lab has generated transgenic Arabidopsis and maize plants that, in contrast to a generalized toxicity that might have been expected from aspecific aggregate-interactions, have desirable properties such as increased plant size (Figure 2D) or increased starch production due to the expression of Pept-ins that specifically inactivate BIN2 (an inhibitor of the brassinosteroid growth pathway) and GWD-1 (an inhibitor of the starch biosynthesis pathway), respectively (Betti et al., 2016; Betti et al., 2018).
Subsequently, we designed an anti-tumoral peptide targeting an APR located in the human vascular endothelial growth factor receptor 2 (VEGFR2). This peptide induced the aggregation of VEGFR2, thereby knocking down its function and reducing VEGFR2-dependent growth of tumor allografts of the mouse B16 melanoma line (Figure 2E) (Gallardo et al., 2016). As in the plants, the phenotype in the mammalian cells appeared to agree best with a specific loss-of-function and not a general toxicity: we only observed toxicity of the peptide in cells that depend on VEGFR2 for survival (Figure 2E) but not in cells that do not express VEGFR2 or express VEGFR2 but do not depend on it for their survival (Figure 2F and data not shown).
Most recently, our laboratory has demonstrated that targeting viral proteins using virus-specific amyloids can attenuate the replication of the influenza A and Zika viruses within mammalian cells, by aggregating viral proteins within the mammalian cells (Michiels et al., 2020). Again, the effect was not due to general toxicity. Whereas the antiviral Pept-ins inhibited plaque formation by the influenza A virus, they neither had hemolytic activity (Figure 2G) nor affected the viability of the viral host cells (data not shown).
The examples in plants and mammalian cells above showed that synthetic amyloid peptides targeting a specific APR can be used to selectively detect or inactivate proteins containing the same APR by initiating self-assembly. Although most APRs are unique in their proteome, there is a subset of redundant APRs, i.e. that occur in multiple proteins, especially if 1 or 2 mismatches are allowed (Ganesan et al., 2015; Khodaparast et al., 2018) (Figure 3A). We reasoned that targeting these redundant APRs could potentially induce the aggregation of several proteins at the same time, possibly inducing a lethal loss of protein homeostasis. With this in mind, we designed peptides targeting multiple proteins in the Gram-positive S. aureus proteome, and identified several that showed strong antibacterial activity, without any major toxicity towards mammalian cells (Bednarska et al., 2016). Similarly, we designed Pept-ins targeting multiple proteins in the proteome of the Gram-negative E. coli. We identified several among these that induced the rapid formation of amyloid-like aggregates containing IBs in pathogenic Gram-negative bacteria (Figures 3B,C), apparently ending in the collapse of proteostasis as it caused rapid death of the bacteria, apparently due to loss of proteostasis (Figure 3D) (Khodaparast et al., 2018). Of note, these same peptides induced no aggregation and were not toxic to the mammalian cells tested (Figure 3E).
[image: Figure 3]FIGURE 3 | (A) A small fraction of APRs are redundant: most APRs of seven amino acids occur in no more than five proteins in the E. coli proteome (red curve). The number of homologous APRs in the proteome increases if we allow one mismatch (blue curve) or two mismatches (green). (B) Transmission electron microscopy of cross-sections of resin-embedded E. coli O157:H7 treated with P2 peptide at MIC concentration for 2 h. The yellow arrows indicate inclusion bodies. (C) Wide-field structured illumination microscopy image of E. coli O157:H7 treated with peptide P2 and stained with the amyloid-specific dye pFTAA (0.5 µM). (D) Time-killing curve of selected peptides (P14, P2, and P5R) and ampicillin (Amp, dashed line) against E. coli strain O157:H7 treated at MIC concentration (average ±SD of three replicates). (E) Neither P2 (black bars) nor its control variant containing two proline substitutions (P2Pro, grey) is toxic to human HeLa cells as measured using the CellTiter Blue assay. (F) Coomassie blue-stained SDS-PAGE of inclusion bodies from E. coli BL21-overexpressing the C-terminal domain of human p53 (p53CD, lane 1), mock-transformed (lane 2), and E. coli O157:H7 treated with P2 (lane 4), P2Pro (lane 5), or DMSO (lane 6). Molecular weight markers are shown in lanes 3 and 7. (G) Growth inhibition of cells treated with P2 with/without erythromycin (Erm, 100 μg/ml, average ±SD of three replicates). (A–G Adapted from Khodaparast et al., 2018). (H) The number of genes in different gene ontologies expressed differentially in P2-resistant strains compared with ancestors. Blue indicates upregulation, orange indicates downregulation. Apart from the gene ontologies Resistance to acid stress and L-ascorbic acid metabolic process, all other groups had a Bonferroni stepdown p value < 0.05. (I) Bright field (upper row) and wide-field structured illumination microscopy (lower row) images of bacteria treated with FITC-labelled P2 peptides for 2 h at 12.5 mg/ml. The Pept-in resistant bacteria (P2) contains much less FITC-P2. Scale bar: 10 µm. (H,I Adapted from Wu et al., 2020).
To better understand the lethal events induced by the peptides, we analyzed IBs isolated from bacteria over-expressing the aggregation-prone C-terminal domain of human p53 (with no major impact on cell viability) and IBs isolated from bacteria treated with peptide P2 (associated to a loss of viability) using SDS-PAGE (Figure 3F), showing that both types of IBs have a complex composition, with major bands corresponding to molecular chaperones. Mass spectrometry-based proteomics comparisons of these same IBs, extracted at a single time point when aggregation was quite advanced, confirmed that the Pept-in induced IBs contained several hundred of bacterial proteins, significantly more than observed in the case of recombinant expression of p53DBD. Of interest, a number of the proteins found in the P2-induced IBs indeed contained similar APRs to the one present in the Pept-in. For example, the Pept-in called P2 that encodes the APR sequence GLGLALV which occurs in the Hcab protein, but also occurs in multiple other proteins if we allow one mismatch. The presence of eight such proteins was confirmed using mass spectrometry in IBs extracted from P2-treated bacteria, suggesting that indeed a multi-targeted induction of aggregation that ends up overwhelming the protein homeostasis could explain the antibacterial effect of P2 (Khodaparast et al., 2018). We have found that there is a common set of over four hundred proteins in the IBs induced by different Pept-ins. A number of these are known to be involved in mediating and controlling IB formation such as molecular chaperones, but others are thought to be proteins that aggregate when the proteostasis machinery is disturbed by the initial aggregation events.
The question remained why IBs induced by Pept-ins disturb bacterial proteostasis so strongly that the bacteria lose viability, whereas other conditions that promote IB formation, such as heterologous expression (Figure 3F), do not appear to be particularly lethal. Part of the answer may be found in the sheer number of proteins found in toxic and non-toxic IBs, which is higher in the toxic case. Importantly, among these there are many more essential gene products in the IBs associated with a loss of viability, suggesting the depletion of critical cellular functions. The surplus proteins belong to various gene ontologies and the deletion of many of them individually is sufficient to impair the viability of the bacteria.
Thus, Pept-ins seem to exert their bactericidal effect by inducing aggregation of a wide range of proteins involved in various essential biological pathways and which ultimately appears to lead to the proteostatic collapse (Khodaparast et al., 2018). Most probably, a similar mechanism (a proteostasis collapse sequestering several essential proteins) was at play during our earlier experiments that demonstrated that aggregation-inducing peptides were effective against Staphylococcus epidermidis (Bednarska et al., 2016), although we did not map out the full mechanism of action at that time. The triggers of aggregation at the beginning are probably specific, as evidenced by the presence of the proteins containing homologous APRs in the aggregates. But, as aggregation proceeds and the components of the PN may become less available to chaperone newly made proteins, the aggregation extends to other chaperone-dependent bystander proteins that share no APR similarity with the original trigger.
Various studies have shown that proteins are primarily susceptible for aggregation during translation/folding and proteins that are translated at a higher translation rate tend to aggregate more (Ibstedt et al., 2014; Weids et al., 2016; Hamdan et al., 2017; Liu, 2020). We have also observed that Pept-in-induced aggregation events occur co-translationally. Adding the protein translation inhibitor erythromycin to the Pept-in treatment rendered P2 ineffective (MIC increase from 12.5 to > 100 ug/ml) (Figure 3G) and we observed no Pept-in-induced protein aggregation events in the bacteria, either. Additionally, as mentioned earlier, IBs extracted from Pept-in treated bacteria were strongly enriched in ribosomal proteins, which appears to corroborate that protein aggregation induced by Pept-in treatment occurs co-translationally.
No resistance development to Pept-ins was observed in our studies of wild-type bacteria (Bednarska et al., 2016; Khodaparast et al., 2018) therefore we used a mutator strain to develop strains resistant to Pept-ins. Resistance development was slow and low-grade even in the mutator strain after serial-passaging the bacteria in the presence of sub-MIC concentration of P2 for 27 days (Wu et al., 2020). Comparing the transcriptomic profiles of P2-resistant strains to their ancestors showed that translation was the most affected gene ontology category and translation-related genes were predominantly down-regulated in P2-resistant strains (Figure 3H). This seems to confirm that Pept-ins act co-translationally: reducing translation rates and thereby decreasing the exposure of APRs could rendered bacteria somewhat resistant to Pept-in treatment, but the extent of this potential mechanism is limited since bacteria of course depend on translation for continued survival (Wu et al., 2020). We expected a high translation rate to render bacterial proteostasis more susceptible to perturbation, but confusingly P2 induced a significantly higher amount of aggregation events in the CH184 mutant strain that has a slower translation elongation rate compared to wild-type E. coli. This was a surprising result and needs to be further investigated, but seems to confirm that it is the high volume of protein turnover (the high number of polypeptide chains that are in the process of translation at any given time) that makes the proteostasis of bacteria vulnerable and not the high speed of translation itself. Currently, we think that the slower elongation rate in CH184 strain gives P2 a longer time window to act on the unfolded proteins during translation, rendering these proteins more prone to aggregation in the presence of Pept-ins and thus making CH184 more susceptible towards Pept-ins (Wu et al., 2020).
Since Pept-ins seem to disrupt bacterial homeostasis via inducing widespread bacterial protein aggregation, modification of the target proteins seems an obvious way to increase survival during Pept-in treatment. However, this resistance mechanism was not observed in the resistant strains, indicating a) the clear benefits of designing antibiotics targeting a large number of targets and b) the difficulty of changing the targeted regions (the APRs that form part of the hydrophobic core of the protein) because this usually requires multiple mutations (Langenberg et al., 2020). Phenotypic, lipidomic, transcriptomic, as well as genotypic changes of laboratory-derived Pept-in-resistant E. coli mutator cells revealed that preventing uptake was the main resistance mechanism to Pept-ins (Wu et al., 2020) (Figure 3I).
CONCLUSION
Since the evolution of resistance to antibiotics seems inescapable, we need to find antimicrobials that can be developed at a high rate and for which it takes a longer time for resistance to occur (McClure and Day, 2014). Pept-ins score high on both of these scales. Also, Pept-ins have a novel mode of action and can target intracellular proteins, even in Gram-negative strains where this is notoriously difficult. Upon intravenous injection in preclinical models, Pept-ins were able to reach an effective concentration in vivo at the infection site to eliminate pathogens (Bednarska et al., 2013; Khodaparast et al., 2018), suggesting that they may exhibit a more beneficial biodistribution than might be expected from their peptidic nature. The resistance frequency observed with Pept-ins thus far appears to be low, probably due to their multiple targets and the fact that changing the targeted region in each target requires multiple mutations.
Because of all these properties, and their designability that allows tuning of the degree of specificity and cross-reactivity, Pept-ins represent a promising novel class of antibiotics and are excellent candidates for evolving them into a drug development platform for the rapid design and development of new antimicrobial peptides in response to the emergence of pathogens. However, Pept-ins may face similar challenges as other peptide drugs, most notably fast metabolism and rapid elimination (Craik et al., 2013), which may limit their in vivo effectiveness and the possibility of being orally administrated as a systemic medication.
As we have seen above, the major steps towards bacterial death during Pept-ins treatment are the aggregation of a large number of proteins and the formation of IBs. This mechanism of action is somewhat surprising because bacteria have very well developed stress-responses to deal with protein aggregation (increasing both the levels of chaperones and the disaggregation machinery) (Schramm et al., 2019) and IBs are generally regarded as not toxic. The question remains: how does the aggregation of a large number of proteins become lethal to the bacteria?
One possibility is that the widespread protein aggregation induced by the Pept-in removes some protein(s) from the cytosol of the bacteria that is/are essential for the survival of the organism. This is certainly possible since we could identify essential proteins trapped in the IBs whose individual deletion impairs the viability of the bacteria. Another possibility is that the widespread protein aggregation caused by Pept-ins ties down cellular resources in general, as put forth by the chaperone competition hypothesis (Sinnige et al., 2020). According to this hypothesis, when something shifts the balance of the PN towards aggregation, the competition between misfolded proteins and endogenous clients for the limited pool of available chaperones will have consequences on protein functionality in general. Although stress responses can increase the pool of available PN components many-fold, there is evidence that the cellular resources can wear too thin to maintain proteostasis. For example, very high-level expression of so-called gratuitous gene products (proteins that are not toxic but have no function for the cell) leads to the destruction of the ribosomes and loss of translation capacity (Dong et al., 1995). Also, it is known that in case the expression of a recombinant protein induces IB formation, one of the troubleshooting steps to try is co-express chaperones because this can help to keep the recombinant protein in solution (Rosano and Ceccarelli, 2014), indicating again that the expression of one single protein in large quantities can exhaust the pool of available chaperones. Also, our earlier results indicated that chaperone dependency of bacterial proteins correlated most strongly with protein abundance (Ramakrishnan et al., 2019) which meshes very well with our experience in the design of Pept-ins, namely that targeting abundant proteins usually yields Pept-ins that are more toxic to the bacteria.
Chaperone-client interactions are normally transient in nature and a limited pool of chaperones can serve a large pool of client proteins. During large-scale protein aggregation, the aggregated proteins sequester chaperones and the transient chaperone-client interactions become permanent ones, as evidenced by the presence of chaperones within the aggregates. The loss of chaperone function upon protein aggregation then leads to the misfolding of other proteins exacerbating general cellular toxicity. An analogous process was uncovered in worms where the decline of the proteostasis starts already in early adulthood but it does not lead to problems for the organism until only later on when the ability of the PN to respond declines (Ben-Zvi et al., 2009). Moreover, the aggregates also interfere with protein degradation by the proteasome and autophagy systems. Aggregates that are originally the symptom of a proteostasis imbalance then become the cause of it because the aggregates tie up PN components, and interfere not only with the degradation of other substrates and but with the folding of other proteins, as well, by sequestering chaperones (Hipp et al., 2014)—setting in motion a vicious cycle that ultimately triggers proteostasis collapse (Sinnige et al., 2020).
As discussed earlier, once amyloid fibers are formed, they can template the addition of further protein monomers (Soto and Pritzkow, 2018; Lutter et al., 2019). This can lead to the gain of toxic function of protein aggregates: other proteins can engage in beta-strand interactions with the exposed active elongation sites, leading to their deposition in the aggregates. This toxic function may be completely unrelated to the original function of the aggregated protein (Balchin et al., 2016).
Bacteria can usually deal with IBs very well: although there is an inverse relationship between aggregate content of bacteria and their viability (Maisonneuve et al., 2008), aggregates usually remain in the old pole cell, leaving the young daughter cells fit and free of aggregates (Sabate et al., 2010; Fay and Glickman, 2014; Vaubourgeix et al., 2015). There is data showing that bacteria causing chronic infections can survive for prolonged periods of host-imposed stresses in combination with antibiotic treatment by using the mentioned asymmetrical distribution of aggregates, giving the daughter cells inheriting less of the damaged proteins a growth advantage (Vaubourgeix et al., 2015). Why are Pept-in-induced IBs lethal, then?
As mentioned, the elongation phase of protein aggregation can proceed very quickly once enough seeds are available. Pept-ins serve as seeds for aggregation and the speed of aggregation may be a deciding factor. Bactericidal Pept-ins seem to initiate very fast and widespread protein aggregation that ripples through the proteome quickly and causes the collapse of the proteostasis before bacteria have time to jettison aggregated proteins by dividing and producing new, aggregate-free daughter cells. Moreover, we observe inclusion bodies in both cell poles in many cells, suggesting that symmetric segregation of proteome damage to one daughter cell may not be possible, and finally, the total number of proteins in the IBs induced by Pept-ins is very high, suggesting a widespread loss of function throughout the proteome.
In summary, what Pept-ins taught us about bacterial proteostasis is, that, despite all the redundancy built in the PN of bacteria, and its great capacity for expansion, it is possible to overwhelm bacterial proteostasis and induce a proteostasis collapse that leads to the death of bacteria, if 1) the number of different proteins that aggregate is high enough and 2) the aggregation happens fast enough so that the bacteria do not have time to catch up with the backlog of aggregated proteins by slowing down the translation rate or get rid of the mass of aggregated proteins by asymmetrical division.
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Staphylococcus aureus is a leading cause of bacterial infections world-wide. Staphylococcal infections are preferentially treated with β-lactam antibiotics, however, methicillin-resistant S. aureus (MRSA) strains have acquired resistance to this superior class of antibiotics. We have developed a growth-based, high-throughput screening approach that directly identifies cell wall synthesis inhibitors capable of reversing β-lactam resistance in MRSA. The screen is based on the finding that S. aureus mutants lacking the ClpX chaperone grow very poorly at 30°C unless specific steps in teichoic acid synthesis or penicillin binding protein (PBP) activity are inhibited. This property allowed us to exploit the S. aureus clpX mutant as a unique screening tool to rapidly identify biologically active compounds that target cell wall synthesis. We tested a library of ∼50,000 small chemical compounds and searched for compounds that inhibited growth of the wild type while stimulating growth of the clpX mutant. Fifty-eight compounds met these screening criteria, and preliminary tests of 10 compounds identified seven compounds that reverse β-lactam resistance of MRSA as expected for inhibitors of teichoic acid synthesis. The hit compounds are therefore promising candidates for further development as novel combination agents to restore β-lactam efficacy against MRSA.
Keywords: ClpX, Staphylococcus aureus, cell wall synthesis, teichoic acid inhibitors, high-throughput screen, pathway-directed drug discovery, β-lactam antibiotics
INTRODUCTION
There is an unmet need for novel antibiotics to tackle the challenges associated with the world-wide dissemination of antibiotic resistant bacterial pathogens such as methicillin resistant Staphylococcus aureus (MRSA) (Tacconelli et al., 2018; Vestergaard et al., 2019). A common approach for identification of compounds with antibacterial activity is to screen large libraries of small molecules for compounds that inhibit bacterial growth. Whole cell screens based on growth inhibition are easily carried out in a high-throughput format, however, a major disadvantage of whole cell screens is that target identification is often challenging and time-consuming (French et al., 2017). In addition, whole cell screens for growth inhibition typically generate large numbers of active compounds, many of which have non-specific activities (Silver, 2011). Therefore, including a counter-screen that facilitates exclusion of non-specific inhibitors and allows identification of compounds targeting specific pathways early in the screening workflow can speed up the screening process tremendously (French et al., 2017; Buss et al., 2018).
In this report, we describe the development of a counter-screen that enables identification of compounds targeting cell wall synthesis in the major human pathogenic bacterium, S. aureus. The screen is based on growth (measured as change in absorbance) of an S. aureus mutant that lacks the ClpX chaperone, and the screen is therefore well suited for a high-throughput approach.
In all living cells, molecular chaperones are essential for facilitating folding and unfolding of proteins (Olivares et al., 2016). ClpX is a highly conserved ATP-dependent unfoldase that can associate with ClpP proteolytic subunits to form the ClpXP protease (Baker and Sauer, 2012). In S. aureus, deletion of the clpX gene confers a cold-sensitive phenotype characterized by severely reduced final yield at 30°C (Frees et al., 2003; Bæk et al., 2016). Remarkably, the poor growth of S. aureus clpX mutants can be rescued by inhibiting specific steps in the biosynthesis pathway of peptidoglycan or teichoic acids, the two major components of the Gram-positive cell wall (Bæk et al., 2016; Jensen et al., 2019). For example, β-lactam antibiotics, which inhibit cross-linking of peptidoglycan by binding irreversibly to the penicillin-binding proteins (PBPs), increase the growth yield of the S. aureus clpX mutant up to six times when added at sub-lethal concentrations (Jensen et al., 2019). Similarly, the antibiotics tunicamycin and tarocin A1 which both inhibit the TarO enzyme in the wall teichoic acid (WTA) biosynthesis pathway rescue growth of the clpX mutant, whereas other classes of antibiotics with different cellular targets, or inhibiting other steps in WTA or peptidoglycan synthesis have no effect (Jensen et al., 2019). Moreover, growth of S. aureus clpX mutants can be rescued genetically by inactivating the lipoteichoic acid synthase (LtaS) that catalyzes the last step in lipoteichoic acid (LTA) biosynthesis, as revealed by the characterization of spontaneous suppressor mutations acquired by S. aureus clpX strains (Bæk et al., 2016). LTA biosynthesis, similarly to WTA synthesis, is conditionally essential and an attractive target for novel antibiotics (Richter et al., 2013; Sewell and Brown, 2014; Coe et al., 2019).
Based on these findings we reasoned that an S. aureus clpX mutant could work as a screening tool to identify antimicrobial compounds targeting cell wall synthesis of S. aureus. Compounds that rescue growth of the S. aureus clpX mutant are predicted to inhibit crosslinking of peptidoglycan, or to inhibit specific steps in LTA synthesis, or WTA synthesis. Importantly, a number of elegant studies demonstrated that MRSA strains are sensitized to β-lactams if WTA or LTA biosynthesis is inhibited (Campbell et al., 2011; Farha et al., 2013, Roemer et al., 2013, Lee et al., 2016). Therefore, screened out compounds with a target in teichoic acid biosynthesis would have potential to be used in combination with β-lactams for treatment of MRSA-infections.
To test this hypothesis we set up the screening platform as follows. First, we identified compounds that inhibit growth of S. aureus from a library of 50,000 small chemical compounds. Second, the subset of S. aureus active compounds was deployed in the counter-screen to identify compounds that improve the growth yield of the S. aureus clpX mutant. From the initial 50,000 compounds, we identified 828 compounds with antimicrobial activity against S. aureus, and 58 of these enhanced growth of the clpX mutant indicating that they target cell wall synthesis. Finally, a subset of ten compounds was further tested, and seven out of seven hit compounds sensitized an MRSA strain to β-lactam antibiotics, demonstrating the power of the screen at identifying compounds that can restore antibiotic sensitivity in MRSA.
METHODS
Bacterial Strains and Growth Conditions
S. aureus strains used in this study were the methicillin sensitive clinical isolate, SA564 (Somerville et al., 2002), SA564 clpX (Jelsbak et al., 2010) and the MRSA strains USA300 JE2 (Fey et al., 2013), and COL (Dyke et al., 1966). S. aureus strains were cultured in tryptic soy broth [TSB (Oxoid)] at 37 or 30°C with eration, or on TSB medium solidified with 1.5% (wt/vol) agar (TSA). When inoculating the clpX deletion strain, care was taken to avoid visibly larger colonies containing potential suppressor mutants (Bæk et al., 2016).
Primary Screen
Screening for S. aureus growth inhibition was performed in 384-well microtiter plates (catalog no. 3701, Corning) in duplicate using a stand-alone Biomek FXP integrated liquid handler (Beckman Coulter). The screening library consisted of 50,000 small drug-like chemical compounds from the Maybridge screening collection (ThermoFisher). The evening before screening, a single colony of wild type S. aureus SA564 was inoculated into 5 ml of TSB and grown overnight at 37°C. On the day of screening, the overnight culture was diluted 1:200 in TSB and grown to mid-exponential phase (OD600 of ∼0.5). Cells were then diluted into fresh TSB to a final OD600 of 0.001. The Biomek FXP liquid handler was used to dispense in duplicate 20 μl of TSB followed by 0.4 μl of each compound of the 50,000 small-molecule library (1 mM stock dissolved in 100% DMSO) into each well. The liquid handler was then subsequently used to dispense 20 μl of culture (S. aureus SA564 OD600 0.001), giving a final screening concentration of 10 μM. 1% DMSO, and 1% DMSO + 2.5 mg L−1 erythromycin were used as high and low controls, respectively. Plates were incubated at 37°C in a Cytomat stationary incubator (ThermoFisher) for 8 h. These conditions resulted in a Z’ value of 0.8 (Supplementary Figure S1A). After incubation, absorbance was read at 600 nm using an EnVision plate reader (PerkinElmer). Data were normalized to take into account both plate and well positional effects using a method previously described (Mangat et al., 2014). A statistical cutoff of 3 standard deviations below the mean of the data set was established to select active compounds.
To confirm the activity of the 993 selected S. aureus active compounds, a half-log serial dilution series (50 nM–5 mM) of each compound was prepared in DMSO. 1 µl of each dilution was dispensed in duplicate into dry wells on 96-well microtiter plates (catalog no. 3370, Corning) using a Biomek FX liquid handler, and a Freedom EVO liquid handler (Tecan) was then used to dispense 99 µl of culture (S. aureus SA564 OD600 = 0.001) prepared as described above, giving a final concentration range of 0.5 nM–50 µM. Eight 1% DMSO wells were included on each plate as no-compound controls. Plates were then incubated at 37°C with shaking (600 rpm) for 7 h. After incubation, absorbance was read at 600 nm using an Infinite M1000 Pro plate reader (Tecan). To take into account plate positional effects, data for each plate were normalized to the mean of the DMSO wells excluding the two lowest and two highest values. The dose-response relationship of 828 of the compounds resulted in a typical sigmoidal semi-logarithmic curve associated with growth inhibition. 165 compounds failed to inhibit growth in this assay and were discarded from the downstream analyses.
Counter Screen: Growth Stimulation of S. aureusclpX Mutant
The evening before screening, a single small colony of S. aureus SA564 clpX was picked from a plate incubated at 37°C and inoculated into 1 ml TSB that was then incubated overnight at 37°C. On the day of screening, the overnight culture was diluted 1:200 in TSB and grown to mid-exponential phase (OD600 of 0.3–0.6) at 37°C. Cells were diluted into fresh TSB to a final OD600 of 0.1, and then diluted 1:10,000 into 400 ml TSB. A half-log serial dilution series (50 nM–5 mM) of each S. aureus active compound was prepared in DMSO, and 1 µl of each dilution was dispensed in duplicate into dry wells on 96-well microtiter plates (catalog no. 3370, Corning) using a Biomek FX liquid handler. A Freedom EVO liquid handler (Tecan) was then used to dispense 99 µl of the prepared S. aureus clpX culture, giving a final concentration range of 0.5 nM–50 µM. Eight 1% DMSO wells were included on each plate as no-compound controls. Plates were then incubated at 30°C with shaking (600 rpm) for 24 h. After incubation, absorbance was read at 600 nm using an Infinite M1000 Pro plate reader (Tecan). To take into account plate positional effects, data for each plate were normalized to the mean of the DMSO wells excluding the two lowest and two highest values. For each compound and each dose, the lowest normalized OD value of replicates 1 and 2 was used to determine an increase in final growth yield, and the highest of these values for each compound across all doses was used as the screen read-out. A compound was classified as active if this value was 1.5 or higher.
Disk Diffusion Assay
The MRSA strain COL was inoculated on TSA plates and incubated at 37°C overnight. The next day, bacterial colonies were suspended in 0.9% NaCl, adjusted to 0.5 McFarland (Sensititre® nephelometer and the Sensititre® McFarland Standard), and streaked on TSA plates with or without the following compounds: BTB 00921 (4 mg L−1), HTS 01632 (6 mg L−1), BTB 04965 (3 mg L−1), S 14042 (3 mg L−1), SEW 02456 (6 mg L−1), AW 00778 (6 mg L−1), SPB 06643 (5 mg L−1), HTS 09153 (2 mg L−1), SPB 06551 (0.2 mg L−1), and JP 00945 (2 mg L−1). The plates were allowed to dry prior to the addition of antibiotic susceptibility discs (Oxoid) and incubated at 37°C for 24 h. The tested antibiotics were ampicillin (AMP; 10 µg), cefaclor (CEC; 30 µg), cefotaxime (CTX; 30 µg), cefoxitin (FOX; 30 µg), cefuroxime (CXM; 30 µg), cephazolin (KZ; 30 µg), ceftriaxone (CRO; 5 µg), ceftazidime (CAZ; 30 µg), cloxacillin (OB; 5 µg) imipenem (IPM; 10 µg), oxacillin (OX; 1 µg), penicillin G (P; 10 µg), and vancomycin (VA; 30 µg). The ratio of the diameters of the inhibition zones in the presence and absence of compound was used to calculate a sensitizing score for each compound/β-lactam combination: no change in the diameter of the inhibition zones was scored as 0, a <3-fold increase in the diameter of the inhibition zone in the presence of compound was scores as 1, while a 3–6 fold increase in the inhibition zone was scored as 2, and an increase of >6-fold was assigned a score of 3. The sensitizing scores in Table 1 were obtained by adding the single scores for each compound across all β-lactams.
TABLE 1 | Hit-compounds listed according to their ability to increase the growth yield of SA564 clpX.
[image: Table 1]Minimum Inhibitory Concentration
Minimal inhibitory concentration (MIC) was determined following the Clinical and Laboratory Standards Institute 2017 guidelines in the 96-well format. Overnight cultures of S. aureus were diluted in physiological saline (0.9% NaCl) to reach turbidity of 0.5 McFarland (Sensititre® nephelometer and the Sensititre® McFarland Standard). The bacterial suspensions were adjusted to 5 × 105 CFU ml−1 in cation-adjusted Mueller–Hinton broth in wells containing standard two-fold dilutions of the test compounds in a final volume of 100 μl. The plates were incubated for 24 h without shaking at 37°C. All experiments were performed in biological triplicates. MIC was defined as the concentration of the compounds at which visible growth was completely inhibited.
Checkerboard Analyses and FIC Index Determination
FICs were determined by setting up checkerboard broth microdilution assays using TSB as the growth medium. Each compound and imipenem were serially diluted at eight different concentrations to create an 8 × 8 matrix. Stock solutions of BTB 00921 (5–2,500 mg L−1), HTS 01632 (4–2000 mg L−1), and BTB 04965 (5–2,500 mg L−1) were prepared in DMSO. While stock solutions of imipenem (50–3,200 mg L−1) were prepared in dH2O and aliquots (1.5 μl) were added to the 96-well plate. Overnight cultures of S. aureus were diluted in 0.9% NaCl to reach turbidity of 0.5 McFarland (Sensititre® nephelometer and the Sensititre® McFarland Standard) and 150 μl aliquots were dispensed into all wells. Plates were incubated at 37°C for 20–24 h. The FIC for imipenem in the presence of compounds (BTB 04965, BTB 00921, or HTS 01632) was calculated in wells showing <20% growth by dividing the concentration of imipenem in the presence of compound with the imipenem MIC in the absence of compound. The FIC index for the compound in combination with imipenem is the sum of the two FICs (White et al., 1996). FIC index ≤0.5 was used to show synergism. The experiment was performed in two biological replicates.
Data Analyses
Statistical analyses were performed using R (R Core Team, 2021), and cheminformatic analyses were performed using the RDkit toolkit (https://rdkit.org) in Python 3. Pan-assay interference compounds (PAINS) were identified among the active compounds from the primary screen and the counter screen, respectively, as those compounds with a substructure matching a list of PAINS structures (https://github.com/rdkit/rdkit/blob/master/Data/Pains/wehi_pains.csv;Saubern et al., 2011).
RESULTS
Screening Concept
The screening concept is based on the findings that the cold-sensitive growth of S. aureus clpX mutants is rescued genetically by inactivation of LtaS, or chemically by compounds targeting TarO, catalyzing the first step in WTA synthesis, and by β-lactams binding to the trans peptidase domain of essential PBPs (Bæk et al., 2016; Jensen et al., 2019). TarO and LtaS are conditionally essential, and inactivation imposes a severe fitness cost at 37°C (Gründling and Schneewind, 2007; Vergara-Irigaray et al., 2008; Coe et al., 2019). We therefore reasoned that compounds targeting these crucial steps in cell wall synthesis could be identified by screening for molecules that impede growth of the wild type at 37°C, while increasing the final growth yield of the clpX mutant at 30°C. Hence, the screening was set up as two successive whole cell screens: a primary screen to identify compounds that inhibit growth of S. aureus wild type at 37°C, and a counter screen to identify compounds that increased the final OD of an S. aureus clpX mutant at 30°C (see overview of screen in Figure 1). Screened out compounds targeting TarO or LTA biosynthesis are predicted to sensitize MRSA strains to β-lactams (Campbell et al., 2011; Farha et al., 2013, Roemer et al., 2013, Lee et al., 2016).
[image: Figure 1]FIGURE 1 | Summary of the screening procedure. (A) Principles of the pathway-specific screen. The screen is predicted to identify inhibitors of specific steps in cell wall synthesis because such compounds inhibit the growth of the wild type strain (primary screen) while improving growth of the clpX strain (counter screen)–see text for details. (B) Screening workflow. A collection of 50,000 synthetic small molecules from the Maybridge screening collection was first screened for growth inhibition against the S. aureus wild type resulting in 828 active compounds. Next, a S. aureus clpX mutant was used in a growth-based counter-screen to identify 58 compounds capable of increasing the growth yield of the clpX mutant at 30°C (cut-off 1.5 fold increase in final yield as measured by optical density). Ten compounds were purchased for follow-up studies, and of these ten compounds, seven hit-compounds retained the ability to increase the final yield of S. aureus clpX cultures grown at 30°C in a microtiter plate growth assay and sensitized the highly resistant COL MRSA to at least one β-lactam antibiotic in a disc diffusion assay (summarized in Table 1).
Primary Screen Identifies 828 Compounds Inhibiting Growth of S. aureus
The screening workflow started with a primary screen of ∼50,000 small synthetic compounds from the Maybridge screening collection for growth inhibition of wild type methicillin sensitive S. aureus (strain SA564) at a concentration of 10 μM. Growth at 37°C was measured by change in absorbance (600 nm) after 8 h of incubation with no shaking in 384-well plates. These conditions led to an optimal screening window at late exponential growth phase (Supplementary Figure 1A). Throughout the screen, high (1% DMSO) and low (2.5 mg L−1 erythromycin) controls were included. The screening data were normalized to remove plate-to-plate and well-positional variation (Mangat et al., 2014). Hits were selected as those molecules causing the normalized OD values to be lower than three standard deviations below the mean of the full data set resulting in a hit rate of 2.0% and a total of 993 S. aureus active compounds (Figure 2A). Of these, 828 were confirmed as active when tested in 11 different concentrations ranging from 0.5 nM to 50 μM (Figure 2B).
[image: Figure 2]FIGURE 2 | Replicate plots and hit selection for screens of growth inhibition in wild type S. aureus and growth stimulation in the S. aureus clpX mutant. (A) A collection of 50,000 synthetic small molecules was screened at 10 μM for growth inhibition of the wild type strain in duplicate. Normalized OD values for replicates 1 and 2 is depicted on the x- and y-axes, respectively. A statistical cutoff of three standard deviations below the mean was established for both replicates, indicated by the dotted lines in the lower left corner. Data points to the left and below these lines represent the 993 active compounds. (B) 828 of the 993 active compounds were confirmed at concentrations ranging from 0.5 nM to 50 μM in duplicate. Dose-dependent inhibition by one confirmed active compound is shown as an example. Normalized OD values for the two replicates are indicated by green circles. A calculated dose-response curve (black line) and the calculated EC50 value is also shown. (C) The 828 confirmed active compounds were assessed for growth stimulation of the clpX mutant at 30°C at concentrations ranging from 0.5 nM to 50 μM in duplicate. For each compound the highest obtained normalized OD values of replicates 1 and 2 is depicted on the x and y-axes, respectively, (these values are also indicated in panel D for one example compound). A normalized OD value of 1.5 was used as cutoff, indicated by dotted lines. Data points to the right and above these lines represent clpX stimulatory compounds, and black circles indicate the 58 compounds that were subsequently confirmed by manual inspection of dose-response plots and re-tests. (D) Dose-dependent growth stimulation by one clpX stimulatory compound (same compound as in panel B) is shown as an example.
Counter Screen Identifies 58 Compounds That Rescue Growth of S. aureus clpX Mutant
This sub-library of 828 compounds with confirmed growth-inhibitory activity against S. aureus was then used as a starting point in a counter-screen for growth stimulation of the S. aureus clpX mutant at 30°C at 11 different concentrations of each compound ranging from 0.5 nM to 50 μM. Growth was measured by a change in absorbance (600 nm) after 24 h of incubation with shaking at 600 rpm in 96-well plates. These conditions led to an optimal screening window when we tested screening conditions with oxacillin at a concentration (0.05 mg L−1) previously shown to stimulate growth of the clpX mutant (Jensen et al., 2019; Supplementary Figure 1B). The screening data were normalized to remove plate-to-plate variation as described in Methods.
In the counter-screen, a compound was classified as active if it raised the final growth yield of the clpX mutant compared to the DMSO control by 1.5 fold or more. This cutoff-value immediately resulted in a set of 678 inactive compounds that were discarded from further analyses (Figure 2C). The dose-response plots of the remaining compounds were then inspected manually, and the compounds were classified as either inactive, active, or inconclusive (42 compounds, Figure 2D). Fifty of the compounds were also re-tested using the same assay. In total, 58 (7%) of the 828 compounds (or 0.12% of all screened compounds) that inhibited S. aureus growth also stimulated clpX growth with maximal growth yield increases ranging from 1.5 to 3.7-fold.
The Counter Screen is Efficient at Eliminating Compound Classes That Tend to Have Non-Specific Activities
An important advantage of employing a counter screen selecting for improved growth is that nonspecific growth inhibitors are likely to be eliminated from the pool of hit compounds. A class of compounds that often show up as hits in screening campaigns, are pan-assay interference compounds (PAINS) which are chemical compounds that tend to react nonspecifically with numerous biological targets rather than specifically affecting one desired target (Baell and Holloway, 2010). Applying an in silico PAINS filter to the 58 hits shows that only two of the final hit compounds (3%) contain a PAINS substructure, whereas this is the case for 9% of the S. aureus growth-inhibitory compounds that do not stimulate clpX growth. This result indicates that the clpX counter-screen is efficient at eliminating compound classes that tend to have non-specific activities.
Hit Compounds Reverse β-lactam Resistance in MRSA
To establish a proof-of-concept, we purchased a subset of ten screening compounds and tested them for their ability to sensitize MRSA to β-lactams. The ten compounds were chosen based on their varying ability to stimulate growth of the S. aureus clpX strain, with the ten compounds ranking from showing no stimulation (below the 1.5 cut-off) to maximal stimulation (3.6 fold increase in final OD) in the screening set-up. We first examined if the hit compounds retained the ability to increase the growth yield of clpX cells by measuring the final OD (600 nm) reached by the SA564 clpX mutant after 24 h of incubation in the absence or presence of added compounds. Seven compounds met the 1.5 fold stimulation cut-off used in the secondary screen, and, in general, there was good correlation between the fold stimulation observed in this assay and the fold-stimulation determined in the original screening assay (Table 1). However, one compound (SPB 06643), which did not meet the cut-off of 1.5 fold stimulation in the original screen, showed a minor (1.6 fold) stimulation in this assay, while two compounds did not meet the 1.5 fold stimulation cut-off. We then examined the ability of the ten compounds to inhibit growth of wild type cells by determining the MICs against two different S. aureus wild type strains, the methicillin sensitive SA564 strain, which was used in the primary screen, and the JE2 MRSA strain belonging to the fast spreading and highly virulent community-acquired USA300 clone (Fey et al., 2013). As can be seen in Table 1, the MIC values for the compounds varied from 1 to 2 mg L−1 to exceeding 32 mg L−1 with similar MIC values measured against the JE2 MRSA strain and the methicillin sensitive SA564 strain. The high MIC values are in line with the potential inhibition of non-essential targets such as TarO. Next, we assessed if the compounds had the ability to sensitize the highly resistant MRSA strain COL to β-lactam antibiotics by doing a disc diffusion assay. In the absence of added compounds, COL displayed high resistance to all tested β-lactams antibiotics as evidenced by the absence of clearing zones surrounding the antibiotic discs (Figure 3). Remarkably, enlarged inhibition zones for one or more β-lactams was observed in the presence of sub-lethal concentrations of the seven compounds that met the 1.5 fold cut-off in the follow-up stimulation assay, demonstrating that these compounds are capable of sensitizing the MRSA strain to β-lactams (see specific examples in Figure 3, and a summary of the results in Table 1). The five most potent compounds sensitized the COL strain to four or more different types of β-lactams (Figure 4A). Notably, when we used the fold increase in the diameter of the inhibition zones in the presence and absence of compound to score the sensitizing effect for each compound/β-lactam combination (see Methods for details and illustrated in Figure 4A) the summed sensitizing scores for each compound correlated linearly to the fold-stimulation of the SA564 clpX strain (Figure 4B). Therefore, the degree of growth stimulation of the clpX mutant seems to be a good predictor of a compound’s ability to reverse β-lactam resistance. In the disc diffusion assay, the strongest sensitizing effect was observed for imipenem in combination with BTB 00921, HTS 01632, and BTB 04965 (Figure 4A and Table 1). To more directly quantify the sensitizing effect, we finally performed checkerboard analyses for imipenem in combination with each of these three compounds (Figure 4C). We found that imipenem MIC was reduced up to 64-fold in the presence of sub-inhibitory concentrations of BTB 00921, HTS 01632, or BTB 04965 (Figure 4C). Two compounds display synergy if the fractional inhibitory concentration (FIC) index, as calculated by the sum of the FIC of each compound, is ≤0.5 (White et al., 1996). According to this definition, imipenem has synergy with BTB 04965 (average FIC index = 0.4 with FIC index ranging from 0.19 to 1.0 in single wells) and with HTS 01632 (average FIC index = 0.5 with FIC index ranging from 0.28 to 1.0 in single wells). The FIC index for BTB 00921 in combination with imipenem could not be calculated as BTB 00921 does not reach the MIC. In conclusion, our results demonstrate the efficiency of the screening setup in identifying hit-compounds that sensitize MRSA to β-lactams antibiotics.
[image: Figure 3]FIGURE 3 | Reversal of β-lactam resistance in MRSA strain COL by addition of hit-compounds. The sensitivity of the COL MRSA strain towards different β-lactams and vancomycin (negative control) in the absence or presence of hit-compounds was examined by a disc diffusion assay. Results of the disc diffusion assay performed with four compounds with decreasing ability to increase the growth yield of S. aureus clpX mutants are shown. The hit-compounds were added to the agar at the indicated sub-lethal concentrations, and antibiotic susceptibility discs were placed on a lawn of the MRSA strain COL as indicated on the left diagram.
[image: Figure 4]FIGURE 4 | Reversal of β-lactam resistance in MRSA strain COL. (A) The diameter of the clearing zones in the disc diffusion assay was measured and the ratio of the diameters of the inhibition zones in the presence and absence of compound were used to calculate a sensitizing score for each compound/β-lactam combination as described in the Methods section. The compounds are listed according to their ability to stimulate growth of the clpX mutant from bottom to top. (B) The scores across all antibiotics are added to give a total synergy score for each compound. The score is plotted against the fold change in growth of clpX in the presence of compound, together with a linear regression line (R2 = 0.62) (C) Synergy between imipenem and the three compounds with highest sensitizing scores was evaluated by performing microdilution checkerboard analyses against the highly resistant MRSA strain, COL. The extent of inhibition is shown as a heat plot.
DISCUSSION
The cell wall continues to be an excellent target for antibacterial drug discovery because of its essentiality in bacteria and its absence in mammalian cells. In this report, we describe the development and implementation of a high-throughput screening approach where a S. aureus mutant lacking the ClpX chaperone was used in a counter-screen to identify presumed cell wall synthesis inhibitors that at sub-inhibitory concentrations sensitize MRSA to β-lactams antibiotics. These hit-compounds could potentially be used in combination therapy with β-lactams for treatment of MRSA-infections. Additionally, some of the hit-compounds show inhibitory activity against S. aureus at therapeutic relevant concentration (1–2 µM) and, hence, hold potential for being developed into lead compounds for mono-therapy of staphylococcal infections. However, follow up studies are needed to pin-point the precise target of the hit-compounds. Based on the findings that 1) growth of clpX cells is very specifically rescued by compounds targeting TarO, PBP1 or PBP3 (Jensen et al., 2019), and that 2) spontaneous suppressor mutations only mapped in ltaS, we predicted that hit-compounds would directly or indirectly target a pathway that functionally connect TarO, PBP1/PBP3, and LtaS. So far, the molecular mechanism underlying the dramatic synergy between β-lactams and TarO inhibitors against MRSA remain unexplained. Interestingly, we here observed very good correlation between the ability of the hit-compounds to increase the growth yield of the clpX mutant, and the ability of the compounds to sensitize MRSA to β-lactam antibiotics. The sensitizing effect varied widely between different types of β-lactams as was previously shown for TarO inhibitors (Campbell et al., 2011; Farha et al., 2013). For all compounds, the strongest sensitizing effect was observed with imipenem that is specific for S. aureus PBP1 whose function is confined to synthesis of the septal wall (Reichmann et al., 2019). Strikingly, imipenem is also superior to other β-lactams in improving growth of clpX cells (Jensen et al., 2019). Taken together, these correlations point to a functional connection between the early steps of WTA biosynthesis and the transpeptidase domain of PBPs that is critical for both the synergy between TarO inhibitors and β-lactams, and for alleviating the cold-sensitive growth defect of clpX cells. Inactivation of clpX results in accumulation of the Sle1 cell wall hydrolase involved in separation of S. aureus daughter cells (Thalsø-Madsen et al., 2019). The severe growth defect of clpX cells was explained by showing that at 30°C, a combination of aberrant septum synthesis and high Sle1 levels caused premature splitting of daughter cells resulting in cell lysis (Jensen et al., 2019). Remarkably, β-lactams prevented Sle1 dependent lysis of clpX cells (Jensen et al., 2019). As also WTA and LTA have a crucial role in promoting septal localization of autolysins, the ability to antagonize Sle1 mediated lysis could be a central feature in providing clpX stimulation (Schlag et al., 2010; Zoll et al., 2012). Therefore, our clpX based counter screen may select broadly for compounds that impede autolytic splitting of daughter cells. The mechanisms coordinating cell wall hydrolase activity with peptidoglycan synthesis are crucial for bacterial viability, however, relatively little is known about the check points that safeguard bacteria from the detrimental activity of cell wall hydrolases during the cell cycle. We hope that a further characterization of the hit-compounds identified in this study will bring novel insight into these important mechanisms.
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The ATP-dependent Hsp70s are evolutionary conserved molecular chaperones that constitute central hubs of the cellular protein quality surveillance network. None of the other main chaperone families (Tig, GroELS, HtpG, IbpA/B, ClpB) have been assigned with a comparable range of functions. Through a multitude of functions Hsp70s are involved in many cellular control circuits for maintaining protein homeostasis and have been recognized as key factors for cell survival. Three mechanistic properties of Hsp70s are the basis for their high versatility. First, Hsp70s bind to short degenerate sequence motifs within their client proteins. Second, Hsp70 chaperones switch in a nucleotide-controlled manner between a state of low affinity for client proteins and a state of high affinity for clients. Third, Hsp70s are targeted to their clients by a large number of cochaperones of the J-domain protein (JDP) family and the lifetime of the Hsp70-client complex is regulated by nucleotide exchange factors (NEF). In this review I will discuss advances in the understanding of the molecular mechanism of the Hsp70 chaperone machinery focusing mostly on the bacterial Hsp70 DnaK and will compare the two other prokaryotic Hsp70s HscA and HscC with DnaK.
Keywords: molecular chaperone, Hsp70, HscA, HscC, allostery, protein folding, stress response
INTRODUCTION
The ATP-dependent 70 kDa heat shock proteins (Hsp70s) are without doubt the most versatile of all chaperones and involved in many diverse folding processes in the cell (Meimaridou et al., 2009; Clerico et al., 2015). To name just a few of their functions in bacteria, Hsp70s assist de-novo-folding of proteins interacting with nascent chains already at the ribosome (Deuerling et al., 1999; Calloni et al., 2012), prevent aggregation of stress denatured proteins (Mogk et al., 1999), and solubilize protein aggregates (Goloubinoff et al., 1999) (Figure 1A). They disassemble native protein complexes like, for example, the λO-λP-DnaB complex during replication of bacteriophage λ (Zylicz et al., 1989), the homodimeric replication initiation proteins RepA of P1 phages (Wickner et al., 1991) and RepE of the mini-F plasmids (Ishiai et al., 1994), and the dimeric RctB replication initiator of chromosome 2 in Vibrio cholerae (Jha et al., 2017). Hsp70s are important for the insertion of tail-anchored proteins into the plasma membrane (Peschke et al., 2018). Hsp70s prevent formation of amyloids in the cytoplasm and assist secretion of the functional amyloid curli that is necessary for biofilm formation and cell adhesion (Evans et al., 2011; Sugimoto et al., 2018). Hsp70s are also involved in virulence of many pathogenic bacteria [for review see (Ghazaei, 2017)]. For example, swimming, swarming, and twitching motility, cell adherence, expression of virulence factors and their injection into host cells, engulfment of the pathogen into phagocytosomes, and survival in endosomes were shown to depend on Hsp70s (Köhler et al., 1996; Hanawa et al., 2002; Singh et al., 2007; Okuda et al., 2017; Collet et al., 2018). Most importantly, Hsp70s are involved in the regulation of the heat shock response in many proteobacteria (Matsui et al., 2008; Kobayashi et al., 2011; Schumann, 2016; Schramm et al., 2017).
[image: Figure 1]FIGURE 1 | Diversity of Hsp70s and their functions in prokaryotic cells. (A), Diversity of functions of Hsp70s under optimal growth conditions (middle to left) and upon exposure to environmental and physiological stress (middle to right). Hsp70/DnaK (70) assists de-novo-folding of proteins, interacting with nascent chains already at the ribosome (1) and with folding intermediates after release from the ribosome (2). Folding intermediates and even native proteins may misfold, in particular under stress conditions, and become aggregation prone. Hsp70 prevents aggregation (3) and refolds the misfolded protein by unfolding (4) or target it for degradation (5). Under severe stress conditions protein aggregates are formed by coaggregation with sHSPs. Hsp70 targets ClpB (B) to the aggregates (6). ClpB solubilizes the aggregated proteins that are subsequently refolded by Hsp70 (7). Hsp70 disassembles homo-and heterooligomeric protein complexes like RepE-dimers and the λO·λP·DnaB complex (8). Proteins destined for insertion into the plasma membrane (e.g., DjlC) (9), or secretion into the periplasmic space (e.g., PhoA or curli) (10) are guided by Hsp70 and prevented from forming aggregates or amyloid fibrils (curli) (11) in the cytoplasm. Hsp70 also interacts with some native proteins like the heat shock transcription factor σ32 to keep them in an alter-native inactive conformation (12) and target them to degradation (13). (B), Domain organization of the three types of Hsp70s that exist in prokaryotes, DnaK, HscA and HscC. NBD, nucleotide binding domain (blue); CL, conserved linker (magenta); SBDβ, β-sandwich domain (dark green; light green: insertion in HscCs); SBDα, α-helical lid domain (chartreuse); black lines, C-terminal intrinsically disordered tails (for HscA also N-terminal extension); white bars, larger deletions in NBD and SBD of HscA and HscC as compared to DnaK. (C), Phylogenetic tree of different prokaryotic clades that contain organisms which have all three Hsp70s. ECOLI, Escherichia coli (γ-Proteobacteria); SALEN, Salmonella enteritidis (γ-Proteobacteria); PSEFL, Pseudomonas fluorescence (γ-Proteobacteria); RALSO, Ralstonia solanacaearum (β-proteobacteria); 9BURK, Paraburkholderia fungorum (β-proteobacteria); 9BACT, Acidobacteria bacterium (unclassified Acidobacteria); PLABA, Planctomycetes bacterium (unclassified Planctomycetes); HSPA1A, human Hsp70; HSPA8, human Hsc70 (for comparison). A more extensive phylogenetic tree can be found in Barriot et al. (2020).
This enormous versatility of Hsp70s is based in three basic principles. First, with their tweezer-like polypeptide substrate binding domain (SBD) Hsp70s bind short degenerative sequence motifs found in most proteins with high frequency. Thus, the actions of Hsp70s are not limited by size or conformation of their clients, as long as the sequence motif is accessible. Second, binding of Hsp70s to client proteins is regulated by an intricate allosteric mechanism through ATP binding and hydrolysis in their nucleotide binding domain (NBD). Third, Hsp70s are targeted to client proteins by cochaperones of the J-domain protein (JDP) family, for example DnaJ, the prototype JDP, and for generalist Hsp70s the lifetime of the Hsp70-client complex is regulated by the nucleotide exchange factor (NEF) GrpE. In addition, Hsp70 cooperate with other families of chaperones, like the small heat shock proteins (sHSPs, inclusion body binding proteins, IbpA, IbpB) (Veinger et al., 1998; Żwirowski et al., 2017), the oxidative stress activated Hsp33 (Winter et al., 2005), the chaperonin (GroEL-GroES) (Langer et al., 1992), the Hsp90 (Genest et al., 2011; Morán Luengo et al., 2018), and the Hsp100/ClpB (Goloubinoff et al., 1999) chaperones and take over clients from them or relay clients to them.
Despite their involvement in such a large number of protein-folding processes, Hsp70s are not strictly essential in many bacteria and two free-living bacterial species of the Aquificales order, Desulfobacterium thermolithotrophum and Thermovibrio ammonificans, have been described that do not encode for any Hsp70, nor any of its JDP cochaperones or GrpE, and have apparently lost these genes in the course of evolution (Warnecke, 2012). These strictly anaerobic, chemolithotrophic organisms have a growth temperature optimum of 70 and 75°C, respectively, and have a significantly reduced genome size that is only about one third the size of the Escherichia coli genome. Apparently, proteins can evolve to fold efficiently even at high temperatures without the assistance of the Hsp70 chaperone system. Consistently, the Hsp70 system is also absent in hyperthermophilic archaea, whereas it is present in their mesophilic relatives. However, the absence of the Hsp70 system also comes with a price. Like Hsp90s (Rutherford and Lindquist, 1998; Queitsch et al., 2002) and Hsp60s (Maisnier-Patin et al., 2005), Hsp70s buffer the accumulation of mutations in the genome and therefore increase the evolvability of the organism (Aguilar-Rodríguez et al., 2016; Kadibalban et al., 2016). In fact, proteins that depend strongly on Hsp70, as defined by Calloni and colleagues (Calloni et al., 2012), evolve faster than proteins that do not depend on Hsp70 for folding (Aguilar-Rodríguez et al., 2016; Kadibalban et al., 2016).
The model organism Escherichia coli harbors three structurally and functionally distinct Hsp70s: DnaK that is found in all prokaryotes, with the exceptions mentioned above, and that is the best-studied of all Hsp70s; HscA, an Hsp70 that is not found in many bacteria and that is specialized to assist the assembly of iron sulfur clusters (Vickery and Cupp-Vickery, 2007); and HscC, a specialized Hsp70 that confers resistance to Cd2+-ions and UV irradiation through an unknown mechanism (Kluck et al., 2002) (Figure 1B). The differences in sequence and structure between the three Hsp70s is quite remarkable including some deletions and insertions in otherwise highly conserved regions (Figure 1B). In fact, E. coli DnaK shares more sequence identity with human Hsp70 (48.4/61.9% identity/similarity), than with E. coli HscA (39.3/56.6%) or E. coli HscC (27.8/46.8%), and HscA and HscC are also only distantly related to each other (28.9/46.7%). This becomes even more apparent in a phylogenetic tree where DnaK, HscA and HscC segregate in clearly independent branches (Figure 1C) [see (Barriot et al., 2020) for a more extensive phylogenetic analysis]. This sequence divergence may have significant mechanistic distinctions but have only been investigated to a limited extent. HscA and HscC are not found outside the prokaryotic kingdom, though, in some fungi, Hsp70s that are specialized for iron sulfur cluster assembly emerged through convergent evolution (Schilke et al., 2006; Kleczewska et al., 2020).
Deletion of dnaK in E. coli leads to cold and heat sensitivity with a very restricted growth temperature range between 20 and 35°C and cells exhibit a filamentous phenotype (Paek and Walker, 1987). The ∆dnaK strain tends to accumulate a second site suppressor mutation in the rpoH gene down-regulating amount or activity of the heat shock transcription factor σ32, indicating that unchecked σ32 leads to a detrimental imbalance in transcription (Bukau and Walker, 1990). Cells with the second site suppressor are still temperature sensitive but are not anymore filamentous at 30°C. Similar observations were made for the α-proteobacterium Caulobacter crescentus (Schramm et al., 2017). Deletion of hscA increased the doubling time of E. coli by twofold in rich medium but not in minimal medium and combined deletion of hscA and dnaK increased the doubling time threefold as compared to wild type E. coli (Hesterkamp and Bukau, 1998). However, plating efficiency was not altered. Deletion of hscC did not decrease viability of E. coli at 30 and 37°C in rich medium and the deletion of either hscA or hscC or both together do not aggravate the temperature sensitivity phenotype of a ∆dnaK strain (Kluck et al., 2002). Neither hscA nor hscC could complement the temperature sensitivity phenotype of a ∆dnaK strain when overexpressed and overexpression of either hscA or dnaK in a ∆hscC strain does not alleviate increased Cd2+ sensitivity, clearly showing the distinction between the different Hsp70s in E. coli (Kluck et al., 2002).
Since DnaK is not only physiologically more important in E. coli, more widespread in the prokaryotic kingdom, and more closely related to human Hsp70, it has been for many years the paradigm for Hsp70s and its molecular mechanism was investigated in great detail. In the following I will mainly focus on E. coli DnaK. Insights into structure and mechanism of Hsp70s gained through studies on yeast and mammalian Hsp70 are included when there is reason to believe that these features are also valid for the prokaryotic Hsp70 systems or to point out particular distinctions.
HSP70 DOMAIN STRUCTURE AND FUNCTIONAL CYCLE
Structure of DnaK-Like Hsp70s
Bona fide Hsp70s like DnaK consist of an N-terminal nucleotide binding domain (NBD) of 385 amino acids connected via a conserved linker to a polypeptide substrate binding domain (SBD) of around 240 residues (Figure 2A). The NBD is built up of four subdomains (IA, IB, IIA, IIB) arranged in two lobes that are separated by a deep cleft at the bottom of which the nucleotide binds with nanomolar affinity (Flaherty et al., 1990). ATP binding and hydrolysis involves rotation of the lobes relative to each other (Kityk et al., 2012). The SBD is subdivided in a β-sandwich subdomain (SBDβ) of around 110 residues, an α-helical subdomain (SBDα) of approximately 100 residues and a C-terminal intrinsically disordered region of some 30 residues. The polypeptide binding cleft is formed by the two twisted four-stranded β-sheets of the SBDβ and two concentric pairs of upward protruding loops (Zhu et al., 1996). In the high affinity conformation, the SBDα docks onto two faces of the SBDβ, stabilizing the inner loops (L1,2, L4,5) and forms a latch of hydrogen bonds and a salt bridge with the outer loops (L3,4, L5,6). Therefore, the SBDα acts like a lid over the substrate binding groove and restricts substrate association and dissociation (Mayer et al., 2000; Moro et al., 2004). This arrangement allows for the tweezer-like binding to short, extended polypeptide segments of around five residues with a central hydrophobic sidechain inserting into a deep hydrophobic pocket that seems to be tailored for leucine. Upon ATP binding to the NBD, the SBDα dissociates from the SBDβ and both subdomains dock onto different faces of the NBD resulting in a scissors like opening of the β-sandwich and peptide enclosing loops (Figures 2B,C), increasing the peptide association and dissociation rates by 100 and 1,000-fold, respectively, decreasing the affinity for peptide substrates by 10–50-fold (Schmid et al., 1994; Mayer et al., 2000; Kityk et al., 2012; Qi et al., 2013). ATP binding and hydrolysis, thus, allosterically regulate the affinity of Hsp70s for peptide and protein substrates (Figure 2D). It is important to note that, although the ability to prevent aggregation of a misfolded protein was the original definition of a molecular chaperone, Hsp70s alone are generally not particularly apt to do so: In the ADP-bound or nucleotide-free state the association rates to binding segments are too low (ca. 104 M−1s−1 corresponding to a half-life for complex formation of ca. 1–2 min at 1 µM concentration and 30°C) to compete efficiently with the aggregation reaction and in the ATP bound state the affinity for binding sites is too low (1–50 µM for good binders) to reduce the free concentration of aggregation prone species enough to prevent the concentration dependent oligomerization process of misfolded client proteins. Therefore, Hsp70s need to encounter their misfolded protein clients in the ATP bound low-affinity conformation of the SBD with high substrate association rates and then hydrolyze ATP to trap the client in the ADP bound high-affinity conformation (Figure 2D). Consequently, ATP hydrolysis is essential for Hsp70 action as has been demonstrate for several Hsp70s (Wawrzynów et al., 1995; Elefant and Palter, 1999; Barthel et al., 2001; Lagaudrière-Gesbert et al., 2002; Kumar and Tiwari, 2018). However, intrinsic ATP hydrolysis rates of Hsp70s are generally very low amounting to one molecule of ATP hydrolyzed every 3–30 min (McCarty et al., 1995; Silberg and Vickery, 2000; Kluck et al., 2002). This intrinsic ATPase rate is stimulated by the client protein in synergism with a J-domain cochaperone to rates that allow binding to clients on the seconds timescale. Association of the client with the high association rates of the ATP bound state and subsequent rapid ATP hydrolysis and transition to the ADP bound state with low client dissociation rates creates a non-equilibrium situation that increases the apparent affinity by several orders of magnitude, a property that was coined ultra-affinity (De Los Rios and Barducci, 2014). Of note, in the nucleotide-free or ADP-bound state DnaK is not always in the high-affinity conformation but the SBDα lid occasionally opens allowing for association and dissociation of bound polypeptides (Mayer et al., 2000; Kityk et al., 2012; Lai et al., 2017). Conversely, in the ATP-bound state DnaK is not always in the low-affinity conformation and the SBDα may detach from the NBD occasionally. Therefore, in both nucleotide-bound states Hsp70s are in an equilibrium between different conformations with the nucleotides biasing the rates of transition.
[image: Figure 2]FIGURE 2 | Structure and functional cycle of Hsp70s. (A), Cartoon representation of DnaK in the ADP·Pi·Mg2+-bound, SBD-closed and domain-undocked conformation (upper panel; PDB ID 2KHO (Bertelsen et al., 2009)) and ATP·Mg2+-bound, SBD-open, domain-docked conformation [lower panels in two orientations; 4B9Q (Kityk et al., 2012)]. NBD lobe I (subdomains IA and IB), dark blue; NBD lobe II (subdomains IIA and IIB), marine blue; conserved linker, magenta; SBDβ, dark green; SBDα, chartreuse; ADP and ATP in space-filling representation colored according to atoms with carbon, black, oxygen, red, nitrogen blue and phosphorus, orange, Mg2+, green; substrate peptide, dark red in space-filling representation. (B), Overlay of the structures of the SBD of the ADP-bound, closed [SBDβ, dark green and SBDα, chartreuse; 1DKX (Zhu et al., 1996)] and the ATP-bound, open conformation [SBDβ, dark red and SBDα, orange, cut for space reasons; 4B9Q (Kityk et al., 2012)]. Substrate enclosing loops L1,2, L3,4, L4,5, and L5,6 are labeled. (C), space-filling representation of the crystal structure of the SBDβ in the closed, substrate-bound conformation (upper panel, dark green), and the open conformation in the ATP-bound state (lower panel, dark red); arch forming residues M404 and A429 are indicated. (D), ATPase cycle of Hsp70s. Partially folded or misfolded substrate polypeptides associate with and dissociate from Hsp70 with high rates in the ATP-bound open conformation. Substrates may also interact with the J-domain protein (JDP) co-chaperone. Substrate and JDP synergistically trigger ATP hydrolysis and transition to the closed, domain-undocked conformation. During this process substrate unfolding may occur. Alternatively or in addition, Hsp70 may select the more unfolded species from a equilibrium of different conformations. At physiological ATP concentrations nucleotide exchange is rate-limiting for substrate release. Nucleotide exchange factors (NEF) catalyze ADP release, and ATP rebinding stimulates substrate release that subsequently might fold into the native state or might rebind to Hsp70 for another folding cycle. Dark red indicate Hsp70 binding site. KD values for typical high-affinity binding peptides to ADP and ATP bound states are indicated. Association of the substrate to the ATP-bound state with subsequent ATP hydrolysis creates a non-equilibrium situation called ultra-affinity (De Los Rios and Barducci, 2014).
Allosteric Mechanism
Genetic screens and structural studies on the individual domains of DnaK revealed single residues that are important for the allosteric mechanism (Burkholder et al., 1994; Laufen et al., 1999; Montgomery et al., 1999; Vogel et al., 2006a; Vogel et al., 2006b; Smock et al., 2010; Kumar et al., 2011). A general feature of amino acid replacements outside the ATP binding pocket itself that disturb the allosteric regulation is an increased intrinsic ATPase activity (Figure 3A). It can be concluded from this observation that allosteric coupling of the NBD and SBD inhibits γ-phosphate cleavage in the NBD. Those amino acid replacements that have the largest impact on intrinsic ATPase rate indicate residues that are most important for inhibiting the ATPase activity. However, the isolated NBD has an ATPase activity as low as full-length DnaK, arguing against an inhibitory effect of the SBD. This conundrum was solved by the discovery that the highly conserved linker between NBD and SBD has an important impact on interdomain communication and on the intrinsic ATPase activity of the NBD as well. Prolonging the NBD with the linker residues [386VKDVLLLD393; DnaK(1–393)] increased the ATPase rate 40-fold (Vogel et al., 2006b; Swain et al., 2007; English et al., 2017) and this effect is abrogated or greatly diminished when the hydrophobic residues of the linker or D393 are replaced by alanine. Similar observations were also made for HscA (Alderson et al., 2014). These intriguing observations fall into place in the structure of DnaK in the ATP-bound open conformation that allowed to trace these residues complemented by additional residues into a network of hydrogen bonds and hydrophobic interactions that mediate interdomain communication and allosteric regulation (Kityk et al., 2012; Kityk et al., 2015) (Figures 3B–D–D). In general, these residues are highly conserved in Hsp70s from bacteria to humans and their presence is indicative for an allosteric mechanism. Albeit, some of the residues are conservatively replaced in some branches of the Hsp70 tree with consequences for the equilibrium between the different conformational states of Hsp70s (Zhuravleva et al., 2012).
[image: Figure 3]FIGURE 3 | Allostery in Hsp70s. (A), Amino acid replacements outside the catalytic pocket that impair interdomain communication increase the intrinsic ATPase rate. A signature for allosteric proficiency of DnaK variants is the synergistic stimulation of DnaK’s ATPase rate by DnaJ and its protein client σ32. Thus, single turnover ATPase rates of wild type and mutant DnaK proteins in the presence of 50 nM DnaJ and 1 µM σ32 is plotted vs. their intrinsic ATPase rate. Defects in allostery reduce the DnaJ-σ32-stimulated ATPase rate. Inset, same data on logarithmic scales. Data taken from (Vogel et al., 2006a; Vogel et al., 2006b; Kityk et al., 2015). (B), Surface representation of the NBD of DnaK in the ATP-bound state (4B9Q) with lobe I and lobe II colored in gray and black, respectively, and the interface to which the SBDβ docks in light cyan, except for the indicated residues known to be involved in allostery themselves or contacted by residues of the SBDβ known to be involved in allostery. These are colored according to the relative increase of intrinsic ATPase activity when these residues are replaced themselves by alanine or if their pendant in the SBDβ is replaced by alanine (D481A) or isoleucine (K414I) [modified from (Mayer, 2018)]. (C), Intramolecular pathways of allostery. Polar (black dashed lines) and non-polar (gray hatched lines) interactions from the substrate to the catalytic center for ATP hydrolysis. Indicated are contacts (D481→I168 and K414→D326, N415→T221) that fix the NBD lobes in the rotated, ATP hydrolysis-incompetent state (clamp) (Kityk et al., 2015). Right panel rotate by 120° as compared to the left panel as indicated. The central leucin of the substrate peptide forms hydrophobic contacts with I438 on β-strand 4. This interaction is transmitted to V440 on strand four and further, through hydrophobic interactions, to L484 on β-strand 6. L484 forms hydrogen bond interactions with D148 that is connected through a rigid loop with P143. P143 contacts K70 that forms a hydrogen bond with the γ-phosphate of ATP and stabilizes the transition state of hydrolysis. In this way binding of substrates is directly transmitted into the catalytic center. (D), Cartoon of ATP induced docking of SBDβ and NBD and substrate induced ATP hydrolysis and transition to the high affinity conformation of the SBDβ. SBDα is omitted for clarity. Indicated are ATP induced rotation of the NBD lobes and residues (D481→R167/I168; K414→D326) that form the clamp to prevent back rotation of the NBD lobes, as well as residues (I438, V440, L484, D148, P143, K70) that are important for transmission of the substrate binding signal to the catalytic center for γ-phosphate cleavage. The J-domain is important for tight coupling of substrate binding and signal transmission (more detailed in Figure 4).
Comparison of the crystal structures of Hsp70s in the ADP and ATP bound states revealed that upon ATP binding to Hsp70 the two lobes of the NBD rotate relative to each other and allow the SBDβ to dock onto the NBD. Two effects are responsible for the low ATP hydrolysis rates and thus the high enthalpy of activation of γ-phosphate cleavage. First, a single proline in the NBD (P143) stabilizes the ATP-bound state and upon replacement of this proline by glycine the enthalpy of activation for ATP hydrolysis decreases to 50% of the value for wild-type DnaK (Vogel et al., 2006a). Second, the SBDβ clamps down the rotated position of the NBD lobes resulting in a geometry of the catalytic residues in the ATP binding pocket that is unfit for ATP hydrolysis (Figure 3C). This clamp contributes some 30% to the enthalpy of activation as deduced from the difference in activation enthalpy for ATP hydrolysis for DnaKwt and DnaK(2–385) (Vogel et al., 2006a). The two residues in the SBDβ that contributes most to this clamping of the NBD are D481, interacting with the backbone of I168 in lobe I and K414, interacting with D326 in lobe II (Figures 3B,C). Replacement of D481 by alanine or K414 by isoleucine increases the intrinsic ATPase activity by 80-fold and 25-fold, respectively (Kityk et al., 2015). Binding of a polypeptide substrate to the substrate binding pocket triggers ATP hydrolysis by acting through a defined intramolecular signal transduction pathway involving V440 and L484 in the SBDβ and D148 in the NBD (Kityk et al., 2015) (Figures 3C,D). Replacement of any of these residues with alanine leads to a complete loss of substrate stimulation of the ATPase activity but not of the stimulation of the ATPase activity by DnaJ.
HSP70 INTERACTION WITH COCHAPERONES
J-Domain Proteins: Hsp70 Targeting Factors
JDPs are modular multi-domain proteins that are essential cochaperones of Hsp70s. Common to all JDPs is the so-called J-domain, an α-helical hair-pin domain of generally 70–75 residues in length, which is essential for triggering in synergism with protein substrates ATP hydrolysis in Hsp70s. The additional domains of JDPs allow them to interact with protein clients of Hsp70s or to be localized within the cell where Hsp70 clients appear, e.g., at the ribosome or at translocation pores. Their main function is to target Hsp70s to client proteins and trigger client trapping. JDPs are generally divided into three classes according to the number of domains they have in common with the prototype of JDPs, E. coli DnaJ (Kampinga and Craig, 2010) (Figures 4A,B). Class A JDPs are 360–400 amino acids long and have a domain architecture like DnaJ: an N-terminal J-domain followed by a glycine-phenylalanine rich region (G/F-region), two homologous β-sandwich domains with a zinc-finger inserted in the first of the two domains, and a C-terminal dimerization domain with an intrinsically disordered tail. Client binding sites are found in the β-sandwich domains (Jiang et al., 2019) and also the zinc-finger seems to be involved in substrate binding and prevention of aggregation activity (Linke et al., 2003). Class B JDPs are in general 260–360 amino acids long and differ from DnaJ by the lack of the zinc-finger and the C-terminal tail. Both, class A and class B JDPs are considered as general JDPs that are able to bind to essentially all partially folded, misfolded and aggregated proteins. Both classes seem to form V-shaped dimers with the protomers linked together through a flexible C-terminal hinge (Sha et al., 2000; Wu et al., 2005; Barends et al., 2013) (Figure 4B). Thus, they could bind simultaneously to at least two sites within misfolded polypeptide and aggregates, which might be an efficient way to distinguish native from non-native proteins. Class C JDPs are very heterogeneous with 54 to more than 1,000 amino acids in length and only share with DnaJ the J-domain that might be found anywhere within the sequence. They may contain a number of other domains, most notably specific protein-protein interaction domains, DNA and RNA binding domains, and transmembrane regions. An extensive analysis of JDP associated domains in prokaryotes can be found in (Barriot et al., 2020). In some cases, it seems that the J-domain was an add-on late in evolution to make cellular processes more efficient by providing chaperone power (Sahi et al., 2010). E. coli contains one class A (DnaJ), one class B (CbpA) and four class C JDPs (HscB, DjlA, DjlB, and DjlC), whereby DnaJ, CbpA, and DjlA functionally interact with DnaK; HscB with HscA (Silberg et al., 1998); and DjlB and DjlC with HscC (Kluck et al., 2002) (Figure 4E).
[image: Figure 4]FIGURE 4 | Structure and function of J-domain proteins (JDPs). (A), Domain structure of the three classes of JDPs; JD, J-domain; G/F, glycine-phenylalanine rich region; β1/2, β-sandwich domain 1 and 2; Zn, Zn2+-finger domain; DD, dimerization domain; CT, C-terminal tail. (B), Cartoon representation of the crystal structures of JDPs; domains colored as in A; HPD motif in space-filling representation. Top panel, structure of the S. cerevisiae class A JDP Ydj1 since no structure for a class A JDP of prokaryotic origin has been solved to my knowledge. Composite of crystal structures 1NLT (Li et al., 2003) and 1XAO (Wu et al., 2005) and the NMR structure of the J-domain 5VSO (Schilke et al., 2017). The location of the J-domain is arbitrary as it is connected to the β1-domain by the flexible G/F-rich region shown as dashes. Middle panel, crystal structure of the class B JDP DnaJ of Thermus thermophilus [4J80, (Barends et al., 2013)]. Inset to the lower right, Inhibitory complex between the CbpM dimer (greencyan and deepteal) and two J-domains of the class B JDP CbpA (purple; 3UCS). Residues homologous to DnaJ residues that interact with DnaK in the co-crystal structure are colored in dark red. HPD-motif shown as spheres. Bottom left panel, crystal structure of the class C JDP HscB of E. coli [1FPO, (Cupp-Vickery and Vickery, 2000)]. (C), Zoom into the crystal structure of E. coli DnaK in complex with the J-domain of DnaJ [5NRO, (Kityk et al., 2018)], illustrating how the J-domain contacts the allosteric network of polar (black dashed lines) and non-polar (gray hatched lines) contacts connecting the substrate binding pocket with the catalytic center for ATP hydrolysis. Lower panel, rotated by 90° as compared to the upper panel as indicated. (D), Schematic representation of the interaction network contacted by the J-domain. Arrows indicate polar contacts; hatched lines indicate non-polar interactions; other lines indicate peptide backbone connections. (E), Structures of J-domains of DnaJ, CbpA, DjlA, HscB and DjlB colored according to conservation of residues interacting with DnaK in the co-crystal structure of DnaK and the J-domain of DnaJ [5NRO, (Kityk et al., 2018)]. NMR structures of J-domains of DnaJ [1XBL, (Pellecchia et al., 1996), and CbpA (2KQX, (Sarraf et al., 2010)]; crystal structure of the J-domain of HscB [1FPO, (Cupp-Vickery and Vickery, 2000)]; homology models of the J-domains of DjlA and DjlB using SWISS-Model (Bienert et al., 2017; Waterhouse et al., 2018). Color scheme indicated to the left; hc, highly conserved (>60% identity and >90% similarity in a CLUSTAL Ω alignment of 200 mutually less than 90% identical sequences; UniRef90 database), c, conserved (>80% similarity), nc, not conserved; iJ, identical as in E. coli DnaJ; sJ, similar as in E. coli DnaJ; dJ, different (non-conservative replacement) to the residue in E. coli DnaJ. HPD motif in stick representation.
How the J-domain stimulates ATP hydrolysis was recently elucidated by crystallization of the J-domain of E. coli DnaJ in complex with DnaK in the ATP bound state (Kityk et al., 2018) (Figure 4C). The J-domain binds on top of the interdomain linker that is important for the stimulation of the ATPase activity and interacts with NBD and SBDβ (Vogel et al., 2006b; Swain et al., 2007). It is positioned by electrostatic interaction between positively charged residues in the J-domain (R22, K26, R27, K48, K51) and negatively charged residues in the NBD (E206, D211, E217) and SBDβ (D477) as had been proposed based on NMR and computational data (Ahmad et al., 2011; Malinverni et al., 2017; Tomiczek et al., 2020). Genetic screens had identified the highly conserved histidine-proline-aspartate (HPD) motif as essential for the functional interaction of the J-domain with Hsp70. The replacement of histidine or aspartate within this motif for glutamine or asparagine, respectively, abrogated the ability of the J-domain to stimulate the ATPase activity of Hsp70s in every system tested so far [e.g., (Wall et al., 1994; Tsai and Douglas, 1996; Kelley and Georgopoulos, 1997; Liu et al., 1998; Chevalier et al., 2000; Morgan et al., 2001; Mokranjac et al., 2003)]. H33 of the DnaJ HPD motif forms a hydrogen bond with the backbone carbonyl of L391 of the interdomain linker of DnaK, P34 forms hydrophobic contacts to P419 in the SBDβ of DnaK, and D35 forms hydrogen bonds to R167 and Q378 of DnaK. L391 had previously been implicated in allosteric regulation (Kumar et al., 2011) and R167 in interaction with DnaJ (Suh et al., 1998). The J-domain interacts directly with the network of hydrogen bonds that converge in two branches onto the γ-phosphate of the ATP (Figures 4C,D). Intriguing was the finding that the J-domain contacts the SBDβ through a salt bridge (J-domain K48→DnaK-D477) and thereby seems to stabilize the signal transduction pathway that transmits the signal of the bound client to the NBD for triggering ATP hydrolysis (Kityk et al., 2018). The residues of the J-domain that interact with DnaK are well conserved in JDPs known to interact with a DnaK-type Hsp70 (Figure 4E), explaining the promiscuity of J-domains as demonstrated by grafting J-domains from JDPs of a wide variety of organisms onto E. coli DnaJ to study their functionality [e.g., (Kelley and Georgopoulos, 1997; Nicoll et al., 2007; Maillot et al., 2019)]. However, there is also specificity as some of the residues of the J-domain that interact in the crystal structure with DnaK are different in specific subgroups of JDPs in particular those that do not interact with DnaK and well conserved within the respective JDP subfamily as sequence alignments revealed (Figure 4E). The functional significance of these differences has not been analyzed in detail and it is currently not known, which of the differences are the result of coevolution of functional Hsp70-JDP pairs and which are the result of phylogenetic relationship. An extensive phylogenetic analysis of prokaryotic JDPs was recently published (Barriot et al., 2020).
A recent NMR study elucidated that class A and class B JDPs bind polypeptides in a highly dynamic multivalent manner using up to four low-affinity sites, one in each of the four β-sandwich domains of the JDP-dimer (Jiang et al., 2019). This explains the earlier observation that JDPs generally bind peptides with much lower affinity than protein clients (Rüdiger et al., 2001). Such a binding mode has two consequences. First, JDPs only bind proteins stably when a sufficient number of binding sites for the JDP are exposed, which is generally only the case in the nascent, not yet folded, and the misfolded state. The more binding sites are exposed within a polypeptide in a suitable geometry, the higher the overall affinity of JDPs to the client due to the avidity effect. This also explains why the human class B JDP DnaJB1 distinguishes α-synuclein amyloid fibrils from the intrinsically disordered monomer: at least two binding sites in neighboring α-synuclein protomers within the amyloid fibril are necessary for high affinity interaction (Gao et al., 2015; Wentink et al., 2020). Second, such a binding mode allows for rapid association and dissociation of individual binding sites from the JDP favoring an efficient transfer of the client onto Hsp70s. The NMR investigation further revealed that JDPs mainly interact with amino acid sidechains and not with the backbone (Jiang et al., 2019), consistent with a binding mode that was proposed earlier based on peptide library scanning (Rüdiger et al., 2001) and with hydrogen exchange mass spectrometry data (Rodriguez et al., 2008).
Interestingly, the yeast class A JDP Ydj1 sports an intrinsically disordered C-terminal tail that binds to the substrate binding site in the second β-sandwich domain and seems to compete with client binding (Wu et al., 2005; Jiang et al., 2019) (Figure 4B). Similar disordered tails are also found in prokaryotic class A JDPs as multiple sequence alignments reveal. A competition of the C-terminal tail with substrates for binding to the second β-sandwich domain might limit the overall affinity of JDPs to very hydrophobic substrates by autoinhibition to prevent quasi irreversible binding. It also might facilitate client transfer onto Hsp70s or release of the JDP from the substrate polypeptide after transfer of a single binding site to Hsp70. Such an autoinhibitory C-terminal tail is missing in class B JDPs. Intriguingly, eukaryotic class B JDPs seem to be self-inhibited in a different way by a small α-helix in the G/F-region that binds to the J-domain and apparently blocks its interaction with Hsp70 (Faust et al., 2020). This block is relieved by binding of the EEVD motif to the first β-sandwich domain (Li et al., 2006; Yu et al., 2015; Faust et al., 2020). The molecular mechanism of how binding of the EEVD motif unlocks the J-domain of class B JDPs is still a mystery. When the EEVD motif at the C-terminus of the eukaryotic Hsp70 is deleted it still can refold a misfolded model substrate in cooperation with the class A JDP but not anymore with a class B JDP. Whether such an inhibitory mechanism also exists in prokaryotic class B JDPs is currently unknown. The sequence of prokaryotic Hsp70s generally does not end in an EEVD motif. However, many DnaK-type prokaryotic Hsp70s contain a glutamate and aspartate rich sequence close to the very C-terminus and deletion of the last seven residues including an EEV sequence in E. coli DnaK reduces its ability to complement the temperature sensitivity phenotype of a ∆dnaK strain (Smock et al., 2011). Furthermore, the crystal structure of the class B JDP of Thermus thermophilus revealed an α-helix within the G/F-region that was docked onto the J-domain (Figure 4B) (Barends et al., 2013). Furthermore, CbpA is inhibited in vitro and in vivo by a small protein CbpM that is encoded in the same operon downstream of cbpA in E. coli and conserved in γ-proteobacteria (Chae et al., 2004; Chenoweth et al., 2007). CbpM is specific for CbpA and does not inhibit the interaction of DnaJ with DnaK. CbpM binds to the J-domain of CbpA in a way that blocks access to DnaK (Sarraf et al., 2014) (Figure 4B lower right panel). Overexpression of CbpM in the background of a ∆dnaJ strain phenocopies a ∆dnaJ ∆cbpA strain. Why the inhibition of the CbpA-DnaK interaction is advantageous is not clear.
In eukaryotic Hsp70 systems JDPs of class A and class B cooperate in protein disaggregation (Nillegoda et al., 2015). However, this does not seem to be the case for prokaryotic JDPs (Nillegoda et al., 2017).
Nucleotide Exchange Factors: Timing the Hsp70-Client Interaction
Since at physiological ATP concentrations nucleotide exchange is rate-limiting for release of bound polypeptide clients, NEFs regulate the lifetime of the Hsp70-client complex. Currently, four evolutionarily unrelated families of NEFs for Hsp70s are known that use different mechanisms to open the nucleotide binding cleft of Hsp70s and thereby to accelerate nucleotide dissociation. Three of the four families of NEFs are only found in eukaryotic cells and are not further discussed here [for detailed discussion see (Bracher et al., 2015; Mayer and Gierasch, 2019)].
In prokaryotes, mitochondria and chloroplasts nucleotide exchange in Hsp70s is stimulated by GrpE, a homodimeric protein that consists of an N-terminal intrinsically disordered region of some 40 residues followed by an unusually long α-helical dimerization domain and a C-terminal β-sheet domain. GrpE interacts with DnaK in an asymmetric 2-to-1 complex, inserting the β-sheet domain into the nucleotide binding cleft and opening it by tilting subdomain IIB by 14° outward (Harrison et al., 1997) (Figures 5A,B). In contrast, Geobacillus kaustophilus GrpE and DnaK crystallized in a GrpE2·DnaK2 complex that was nevertheless asymmetric (Wu et al., 2012) (Figure 5C). So far there is no evidence that this structure represents a functional state that also exists in other prokaryotic organisms, and that GrpE in this way triggers nucleotide exchange and thus client release by two Hsp70 chaperones in a coordinated fashion. GrpE was also proposed to induce polypeptide client release in the absence of ATP. This hypothesis was based on the position of GrpE in the crystal structure suggesting that the intrinsically disordered region at the N-terminus of GrpE, which is well conserved in length within prokaryotic GrpE homologues, might be close to the polypeptide binding groove of Hsp70 (Figures 5A,B). However, careful analysis revealed that GrpE does not accelerate client dissociation but prevents rebinding by competing with its N-terminal tail for the client binding groove (Brehmer et al., 2004). GrpE might thus act in a similar way as was recently shown for the HspBP1 NEF in eukaryotic cells (Gowda et al., 2018).
[image: Figure 5]FIGURE 5 | Interaction of GrpE with DnaK. (A), overlay of the crystal structure of E. coli GrpE in complex with the NBD of E. coli DnaK [1DKG, (Harrison et al., 1997)] onto the solution structure of E. coli DnaK in the ADP-bound conformation [2KHO, (Bertelsen et al., 2009)]. Top panel, DnaK as cartoon, GrpE in surface representation. Bottom panel, rotated by 170° as compared to the top panel and DnaK in surface representation and GrpE as cartoon. (B), overlay of the NBD of E. coli DnaK in the absence (colored different shades of blue according to subdomains) and presence (orange) of GrpE indicating the 14° outward tilt of subdomain IIB. (C), crystal structure of two molecules of Geobacillus kaustophilus DnaK (surface representation) in complex with the GrpE dimer (cartoon).
Some Hsp70s do not seem to need a NEF since they have a very high intrinsic ADP dissociation rate (Brehmer et al., 2001). This raises the question why NEFs are needed at all, since ADP dissociation rates could be tuned to the optimal value. Such an optimal tuning might be advantageous for Hsp70s that interact with one or a small number of defined clients, but not for Hsp70s that are generalists and interact with a wide variety of clients that need different residence times on Hsp70. Maybe stochastic interaction of GrpE with DnaK will yield at least in a fraction of the cycles the exact optimal lifetime of the DnaK-client complex. Another advantage of NEFs could be localized nucleotide exchange. Some eukaryotic NEFs are targeted to specific locations within the cell, for example the ER or plasma membrane, and for these NEFs it seems plausible that nucleotide exchange and therefore release of client from Hsp70s occurs at specific subcellular sites. In contrast, GrpE in E. coli is homogenously distributed throughout the cell at optimal growth conditions, as well as, during heat shock (Kumar and Sourjik, 2012), refuting such a hypothesis for GrpE. Alternatively, NEFs could link nucleotide exchange and thereby polypeptide release to environmental conditions. At heat shock temperatures above 42°C for E. coli or 85°C for Thermus thermophilus GrpE starts to unfold reversibly and becomes inactive (Grimshaw et al., 2001; Groemping and Reinstein, 2001; Grimshaw et al., 2003). Such an unfolding would slow down nucleotide exchange and client release from Hsp70 under condition when reaching the native state is unlikely. Upon return to normal growth temperatures GrpE refolds and becomes active again.
HSP70 INTERACTION WITH SUBSTRATES
A proteomic study showed that DnaK in E. coli interacts with at least 700 proteins among which are some 180 aggregation-prone proteins that remained bound to DnaK for an extended period of time (Calloni et al., 2012). This number increases to some 1,000 proteins in E. coli cells deleted for the ribosome-associated chaperone trigger factor. In fact, it was shown that the DnaK-DnaJ-GrpE team can keep proteins in an active state under conditions when the thermodynamic equilibrium would drive the protein into the denatured state (Goloubinoff et al., 2018). Thus, DnaK uses ATP to continuously drive the protein out of thermodynamic equilibrium.
At 37°C most proteins are bound transiently by DnaK in the nascent state during synthesis at the ribosome. This observation is well explained by peptide library scanning data (Rüdiger et al., 1997) that revealed the recognition motif for DnaK binding. This motif consists of a core of five residues enriched in hydrophobic amino acids with a strong preference for leucine, flanked by regions enriched in positively charged residues. Negatively charged residues disfavor DnaK binding. Such motifs are found on average every 30–40 residues in practically all proteins except for intrinsically disordered proteins that are generally depleted of hydrophobic amino acids. In the structure of most proteins the DnaK binding motifs are found in the hydrophobic core and only accessible in the nascent and denatured state.
The crystal structures of the SBD of DnaK in complex with different substrate peptides (Zhu et al., 1996; Zahn et al., 2013) show the peptide well engulfed by the upward protruding loops forming hydrophobic contacts with the sidechains of the peptide and hydrogen bonds with the peptide backbone (Figures 6A,B). Therefore, DnaK in contrast to DnaJ distinguishes well between peptides made from L-and D-amino acids (Rüdiger et al., 2001). The SBDα lid forming a latch of a salt bridge and hydrogen bonds with the outer loop contributes to the affinity of DnaK to its substrate peptide decreasing peptide dissociation rates substantially (Mayer et al., 2000; Moro et al., 2004). However, electron paramagnetic resonance spectroscopy and Förster resonance energy transfer (FRET) measurements revealed that the lid does not necessarily close entirely over bound protein clients (Marcinowski et al., 2011; Schlecht et al., 2011). In fact, optical tweezer experiments showed that DnaK can bind to folding intermediates preventing their unfolding against external pulling force (Mashaghi et al., 2016). For the latter binding mode, the lid was more important than the peptide binding groove as an amino acid replacement that lowered the affinity for peptide binding to 1/40th of the wild type affinity (KD 40-fold increased), had little effect on the force induced unfolding of the client protein, whereas a truncation of the lid in the middle of helix B abrogated the ability of DnaK to counteract force induced client unfolding. Therefore, the picture that the crystal structures convey may be representative for Hsp70 binding to nascent polypeptide chains but not so much for interaction of Hsp70 with folding intermediates or misfolded proteins.
[image: Figure 6]FIGURE 6 | Interaction of Hsp70s with peptide substrates. (A,B), crystal structure of E. coli DnaK SBD in complex with a peptide substrate (NRLLLTG) in space-filling representation (A) and as cartoon (B) [1DKX, (Zhu et al., 1996)]. Polar contacts between SBDβ and SBDα, as well as, between SBDβ and substrate peptide are shown as black dashed lines. Arch forming residues M404 and A429 are labeled. Lower panel, SBDβ rotated as indicated with substrate peptide in space-filling representation and N-and C-terminus of the bound peptide labeled with N and C. (C,D), crystal structure of the SBD of E. coli HscA in complex with a peptide (ELPPVKIHC) comprising the interaction sequence in IscU [1U00, (Cupp-Vickery et al., 2004)] in space-filling (C) and cartoon (D) representation. Arch forming residues M401 and F426 are labeled. Whether the single hydrogen bond between SBDα and outer loops of SBDβ functions as a latch is unclear. Lower panel, SBDβ rotated as indicated with substrate peptide in space-filling representation and N-and C-terminus of the bound peptide labeled with N and C.
Moreover, the C-terminal intrinsically disordered region also seems to contribute to the interaction with client proteins as C-terminally truncated DnaKs are less efficient in complementing the temperature sensitivity phenotype of a ∆dnaK strain than wild type DnaK and also less efficiently assists refolding of denatured model clients in vitro (Smock et al., 2011). In addition, electron paramagnetic resonance spectroscopy using a nitroxide label in the C-terminal tail indicates high mobility of the tail in the absence of a client protein or in the presence of short peptide substrate but restricted mobility in the presence of a misfolded protein client, suggesting direct interaction of the tail with the misfolded client protein.
How are Hsp70s able to refold denatured inactive proteins to the native active state? Several studies suggest that the major action of Hsp70s is local unfolding. Sharma and colleagues found that thioflavin T fluorescence and protease resistance of a misfolded protein client decrease upon addition of DnaK, DnaJ, GrpE and ATP (Sharma et al., 2010), indicating unfolding of the client. NMR experiments with a small single domain protein indicated that DnaK binds to a transiently unfolding state of the protein (conformational selection) and keeps the protein in a state devoid of tertiary structure but that still contained secondary structure distal of the DnaK binding site (Sekhar et al., 2015; Sekhar et al., 2016; Sekhar et al., 2018). Interestingly, in this case the conformation of the client protein was independent of the nucleotide state of DnaK, suggesting that DnaK did not alter the conformation of the client in the binding process. However, DnaK could bind to four different binding sites within the 53-residue client protein and in some cases two DnaK molecules could bind to the same client molecule (Rosenzweig et al., 2017). Single molecule FRET measurements monitored a large expansion of a protein in the presence of DnaJ and DnaK and ATP (Kellner et al., 2014). Albeit, it should be noted that rhodanese the model substrate used in this study cannot be refolded by the DnaK-DnaJ-GrpE chaperone team but requires the GroEL-GroES machinery (Mendoza et al., 1991; Mayhew et al., 1996). A more recent hydrogen exchange mass spectrometry and single molecule FRET study using luciferase as DnaK model client revealed also extensive unfolding by DnaK (Imamoglu et al., 2020). The unfolding was achieved by binding of several DnaK molecules to a single misfolded client protein. It could be imagined that at an initial stage DnaK binds to an exposed site and prevents this hydrophobic region to associate with similar regions to form aggregates. As the bound client protein undergoes thermal movements additional sites are exposed that then can be bound by DnaK. Alternatively or in addition, DnaJ may play a more active role in the unfolding process. Since DnaJ interacts with sidechains of hydrophobic amino acids and does not need the peptide backbone for interaction, it could scan the surface of misfolded proteins for regions prone to aggregation. DnaJ was also shown to induce partial unfolding (Rodriguez et al., 2008; Kellner et al., 2014) that could favor exposure of DnaK binding sites. Furthermore, entropic pulling was introduced as mode of action for Hsp70- mediated force exertion. Originally this concept was introduced to explain import of polypeptides into the mitochondrial matrix and for solubilization of protein aggregates (De Los Rios et al., 2006). Briefly, translocating polypeptide chains that reach the mitochondrial matrix through the Tim23 import pore are bound close to the membrane by the matrix resident Hsp70. Since Hsp70 constitutes a bulky entity that restricts the conformational freedom of the incoming polypeptide this state has a low entropy and entropy increases as the Hsp70 moves away from the membrane taking the bound polypeptide with it. As chemical reaction can be driven by increasing entropy, this mechanism leads to import of the polypeptides and exerts a considerable force on the polypeptide, driving unfolding of the transport protein on the other side of the membrane. The entropic pulling force decreases with increasing polypeptide length translocated into the matrix and reaches zero at a translocated length of about 30 residues, whereupon a second Hsp70 has to bind the incoming chain close to the membrane. Experimental proof for such a mode of action was recently achieved for the disassembly of trimeric human heat shock transcription factor (Kmiecik et al., 2020). Hsp70s bind close to the trimerization domain and monomerize Hsf1 trimers. If the Hsp70 binding site is moved away from the trimerization domain along an intrinsically disordered region, Hsf1 monomerization occurs at lower rates and cease when the binding site is 20 or more residues away from the trimerization domain. Binding of several Hsp70 to a single Hsf1 trimer accelerates monomerization, providing additional evidence for entropic pulling as physical principal for the reaction, as local crowding would be expected to increase the entropic pulling force. Local crowding also seems to drive Hsp70 action in clathrin uncoating (Sousa et al., 2016) and in the fragmentation of α-synuclein fibrils (Wentink et al., 2020). It was also suggested that Hsp70s facilitate the sliding of nascent chains through the ribosomal exit tunnel by entropic pulling. Translation elongation pauses under conditions in which Hsp70 activity is limiting, as during heat shock, sever proteotoxic stress, or upon expression of a dominant negative Hsp70. Such a pausing is not observed when intracellular Hsp70 concentrations are increased prior to stress exposure (Liu et al., 2013; Shalgi et al., 2013). Moreover, ribosomal profiling revealed that translation speed increases when the yeast Hsp70 Ssb1 binds to the nascent chain which would be consistent with Ssb1 speeding-up translation by facilitating the sliding of the nascent chain through the ribosomal exit tunnel by entropic pulling (Döring et al., 2017). Similarly, entropic pulling could lead to stepwise unfolding of a misfolded protein when several Hsp70s and a JDP bind to the protein creating local crowding and a state of low entropy.
At physiologically high concentrations of DnaK (15–20 µM), the association rates of new DnaK molecules binding to the client might be higher than the dissociation rate of already bound DnaK molecules preventing folding to proceed and causing a deadlock. Such a deadlock can be resolved by the Hsp90 chaperone HtpG of E. coli (Morán Luengo et al., 2018). This cooperation between Hsp70 and Hsp90 chaperones is also found in eukaryotic cells and does not require the Hsp70-Hsp90 organizing protein Hop (Bhattacharya et al., 2020).
HSP70 COMPLEXES–A NEW MODE OF HSP70 ACTION?
Hsp70 oligomerization/polymerization in the nucleotide-free or ADP bound state has been known for a number of years (Schmid et al., 1985; Freiden et al., 1992; Blond-Elguindi et al., 1993; Benaroudj et al., 1995; King et al., 1995; Schönfeld et al., 1995; Angelidis et al., 1999; Thompson et al., 2012; Preissler et al., 2015). More recently, based on the dimer assembly in crystal structures Hsp70-dimerization was proposed to also occur in the ATP bound state (Sarbeng et al., 2015).
Hsp70 oligomerization in the ADP bound state or upon ATP hydrolysis has been suggested to be substrate-like binding of Hsp70 to itself based on the fact that 1) ATP converts the oligomer into monomers, which is analog to substrate release (Schmid et al., 1985); 2) substrates could compete with oligomerization (Freiden et al., 1992; Angelidis et al., 1999); 3) JDPs catalyze this type of interaction similar to substrate trapping (King et al., 1995). 4) Mutations that abrogate ATPase activity or decrease the affinity for substrates reduce oligomerization tendency (Thompson et al., 2012; Preissler et al., 2015). More precisely, crystallographic and biochemical data suggest that the SBD of one Hsp70 binds to the highly conserved hydrophobic NBD-SBD linker (KDVLLLD) of a second Hsp70 molecule (Chang et al., 2008a; Preissler et al., 2015; Preissler et al., 2020) (Figure 7A).
[image: Figure 7]FIGURE 7 | Oligomeric states of Hsp70s. (A), dimeric assembly of G. kaustophilus DnaK with SBDβ of one DnaK molecule binding to the linker (magenta) of a second DnaK molecule [4ANI, (Chang et al., 2008a)]. (B), Hsp70·ATP SBDα-SBDα dimeric assembly (4B9Q top) and Hsp70·ADP head-to-tail assembly (2KHO, bottom) as proposed based on native mass spectrometry and cross-linking (Morgner et al., 2015). (C), DnaK·ATP dimers as found in the crystal structures [top, 4B9Q (Kityk et al., 2012); bottom, 4JN4 (Qi et al., 2013)]. To illustrate the differences the distances between identical residues in the two protomers are indicated. (D), Overlay of the two crystal structures of DnaK·ATP by pairwise alignment of all residues in the NBDs (4B9Q chain A (dark blue) and C (light blue) to 4JN4 chain A (green cyan) and B (dark green); RMS = 4.573 over 747 residues). Black lines connect corresponding residues. Lower panel, same overlay rotated by 90° as indicated. (E), Overlay of the two crystal structure of human BiP [5E84, (Yang et al., 2015a), and 6ASY, (Yang et al., 2017)]. Arrows connect corresponding residues and indicate the relative rotation of the protomers in the different dimer assemblies.
Such a mode of interaction would have the consequence that the Hsp70 engaged with the linker of another Hsp70 molecule would not be able to bind clients. Thus, oligomerization could be a mean for inactivation of Hsp70s when they are in unwanted excess. This function was proposed to neutralize excess of the endoplasmic reticulum Hsp70 BiP in the wake of the unfolded protein response. A dynamic monomer-oligomer equilibrium could rapidly adapt the amount of active BiP to fluctuations in unfolded protein load (Preissler et al., 2015).
A different type of Hsp70 dimer was recently proposed based on cross-linking and native mass-spectrometry data. This dimer, which is also believed to be promoted by JDPs, is envisioned to contain the two Hsp70 molecules in an anti-parallel arrangement, with the SBD of one Hsp70 being close to the NBD of the other, without engaging the interdomain linker like a substrate (Morgner et al., 2015) (Figure 7B). Most of the data provided in this publication are also consistent with the substrate-type oligomerization model described above. An exception is that an Hsp70 variant predicted to have a lower affinity for clients forms dimers to a similar extend as the wild-type protein, arguing for a different type of interaction. It was proposed that such an arrangement aids the loading of a native client onto Hsp90, albeit without supporting evidence.
A third type of Hsp70 oligomer is the NBD-NBD face-to-face dimer found in the crystal structures of the ATP bound open conformation of E. coli DnaK (Figure 7C) (Kityk et al., 2012; Qi et al., 2013). Interestingly, the dimer assembly in the two structures is not identical deviating in the tilt of the NBDs relative to each other by about 20° and rotated by about 30° (Figures 7C,D), suggesting a certain degree of flexibility in the assembly. However, in both structures the dimer interface covers a relatively large area (4JN4 1557 Å2, 4B9Q 1630 Å2), suggesting that this interface also exists in solution. Support for such an interface also comes from a Direct Coupling Analysis that found among 624 pairs of evolutionarily coupled residues six pairs for which a direct interaction would only be conceivable across the dimer interface (Malinverni et al., 2015). Analytical ultracentrifugation and cross-linking experiments suggest that about 14% of DnaK forms a dimer in solution at 15 µM concentration and about 3% at 4 μM, suggesting a KD of 150–250 µM (Sarbeng et al., 2015). Amino acid replacements in DnaK that reduced the propensity for dimerization in the ATP bound state, without apparent defects in intrinsic ATPase activity, peptide binding or ATP-triggered conformational changes, showed reduced DnaJ-mediated substrate binding as measured by surface plasmon resonance (Mayer et al., 1999; Sarbeng et al., 2015), needed higher concentrations of DnaJ for refolding heat denatured luciferase in vitro, and some of the variants complemented the temperature sensitivity phenotype of a ∆dnaK E. coli strain less well than wild-type DnaK.
What could be a possible advantage of the dimeric ATP bound state? Many JDPs are dimers in solution and in principle able to stimulate both Hsp70 molecules in the dimer assembly simultaneously, as the binding site for the J-domain is accessible in each protomer and the only structure of a full-length JDP has the J-domains at a sufficiently wide distance. In addition, JDPs may interact directly with Hsp70 substrates with several different interaction sites to present the substrate to the Hsp70 dimer. Simultaneous binding of both Hsp70s within the ATP-dimer seems possible, if the Hsp70 binding sites in the substrate polypeptide are more than 30 residues apart spanning in an extended conformation the distance of about 110 Å between the two substrate binding grooves in the Hsp70 dimer assembly (Figure 7C). This would fit the average 30 to 40 residues distance of good DnaK binding sites in proteins (Rüdiger et al., 1997). Such a binding mode seems advantageous for unfolding client proteins by the entropic pulling force of the two Hsp70 molecules that would detach from each other upon ATP hydrolysis.
HSCA AND HSCC: VARIATIONS OF THE THEME
In the exponential growth phase at optimal growth temperatures HscA and HscC and their JDP cochaperones are much less abundant in E. coli than the DnaK system. According to a recent quantitative proteomics study, DnaK constitutes under non-stress conditions 98% (ca. 34 µM) of all Hsp70 proteins and HscA 2% (0.8 µM), whereas HscC was below the detection limit (<0.1 µM) (Fauvet et al., 2021) (Figure 8A). GrpE (ca 18 µM) is about half as abundant as DnaK resulting in a stoichiometry of one GrpE dimer per four DnaK molecules. JDPs are much less abundant (DnaJ, 2.3 µM, CbpA, 0.2 µM, HscB, 0.1 µM and DjlA, DjlB, and DjlC below the detection limit in exponential growth phase) consistent with the catalytic function of the JDPs (Liberek et al., 1995).
[image: Figure 8]FIGURE 8 | Structural differences between DnaK and HscA and HscC. (A), Concentrations of the components of the Hsp70 systems in wild type E. coli in non-stress conditions and exponential growth phase. Numbers indicate concentrations in µM according to (Fauvet et al., 2021). <0.1 indicates that these components were below the detection limit of this quantitative mass spectrometry experiment. (B), Weblogo of the C-terminal residues of DnaK, HscA and HscC. DnaK Weblogo, E. coli DnaK was used in a BLAST search against the UniRef90 database of clusters of mutually more than 90% identical sequences, and the C-terminal 18 residues of these representative sequences were used to generate the WebLogo since the C-terminal tail sequences do not align well in multiple sequence alignments due to low complexity (https://weblogo.berkeley.edu/logo.cgi) (Crooks et al., 2004). HscA Weblogo, 194 representative HscA sequences of the UniRef90 database were aligned using CLUSTAL Ω. The 18 residues that correspond to the unstructured tail in DnaK were used to generate the WebLogo. From the crystal structure of HscA-SBD helix E is longer in HscA than in DnaK and only the last 7 residues are unstructured. HscC WebLogo, 191 representative HscC sequences from the UniRef90 database were aligned using CLUSTAL Ω. The 13 residues (9 for E. coli HscC) that correspond to the C-terminal tail of DnaK were used to generate the WebLogo. (C), Homology model of E. coli HscC generated using iTASSER (Yang et al., 2015b; Yang and Zhang, 2015). Lower panel, overlay of the homology model of HscC (dark blue) onto the solution conformation of E. coli DnaK (2KHO, (Bertelsen et al., 2009), shown in light yellow and orange. Orange are the sequence regions that are deleted in HscC.
The general structural organization of HscA and HscC-type Hsp70s is similar to the DnaK-type Hsp70s and most residues involved in ATP binding and hydrolysis as well as residues involved in allostery are either identical or replaced conservatively. It is therefore expected that the general working of these Hsp70 variants is similar to DnaK. However, there are a few distinctive features of HscAs and HscCs. Whereas the total length of DnaK-type prokaryotic and eukaryotic Hsp70s is around 640 residues (not counting signal sequences of the Hsp70s of mitochondria, plastids and endoplasmic reticulum), HscAs are generally 600–620 residues long and HscCs between 550 and 580 amino acids.
Most HscA proteins have an N-terminal extension of some 17 residues, the mechanistic significance of which is unclear. In HscAs the so-called GrpE-signature motif is deleted (residues 290–295) (Brehmer et al., 2001) and residues in DnaK that interact with GrpE are not conserved, suggesting that they do not interact with the NEF GrpE. For E. coli HscA it was shown that it has a 700-fold higher ADP dissociation rate as compared to DnaK. The reason for this increased nucleotide dissociation rate was found to be two salt bridges that bridge the nucleotide binding cleft in DnaK (K55-E267, R56-E264) but that are absent in HscAs. Further characteristic differences between HscAs and DnaKs are the residues that in the SBDβ form an arch over the backbone of the bound peptide. In E. coli DnaK the arch is formed by M404 at the tip of L1,2 and A429 at the tip of L3,4 (Figures 6A,B). A429 is highly conserved in all prokaryotic DnaKs. Position 404 is either methionine or leucine in DnaKs. For E. coli DnaK it was shown that replacing either of these residues modulates substrate specificity (Rüdiger et al., 2000). In eukaryotic cytosolic Hsp70s there is alanine in the position that corresponds to 404 in DnaK and tyrosine in position 429. Thus, the small and large hydrophobic residues are reversed in the arch of eukaryotic Hsp70s. In HscAs there is methionine in position 401 corresponding to 404 in DnaK but mostly phenylalanine in position 426 corresponding to 429 of DnaK. Thus, HscAs have large hydrophobic residues in both positions of the arch. The recognition sequence specificity of HscAs seems to be much more restricted than the promiscuous motif of DnaK (Hoff et al., 2002). In fact, the only client known for HscA is IscU the scaffold protein for the assembly of Fe-S-clusters and within IscU only a single segment LPPVK is bound (Figures 6C,D) (Tapley et al., 2006). Replacement of F426 by alanine increases the KD for a peptide that contains the LPPVK motif by some 6-fold. However, the arch residue F426 is not solely responsible for substrate specificity. The substrate binding pocket of HscA is much shallower than the pocket of DnaK because V436 in DnaK is replaced by methionine (M433) in HscA. Replacement of V436 in DnaK by phenylalanine increases the KD for high-affinity substrate peptides by 40-fold, indicating that a larger sidechain in position 436 in DnaK reduces association of peptides with large hydrophobic sidechains into the binding pocket. In the crystal structure of the SBD of HscA in complex with the IscU sequence-derived peptide ELPPVKI P4 was bound in the central pocket. This proline was absolutely essential for binding to HscA and could not be replaced by any other residue (Tapley et al., 2006). Replacement of M433 in HscA with valine reduced the affinity for the ELPPVKI peptide to 1/5th of the affinity of wild-type HscA and increased the affinity for the typical DnaK binding peptide NRLLLTG with a central leucine, thus, this replacement leads to a loss of specificity (Tapley et al., 2006). So, it appears that the shallower hydrophobic pocket is tailored for proline and selects against larger hydrophobic sidechains. The reduced interaction interface between proline and the binding pocket, which does not provide enough binding energy for high-affinity binding, is compensated by the larger phenylalanine in the arch. Other residues lining the binding pocket, like F426 and I438 in DnaK are conserved in HscA (F423 and I435). In DnaK I438, together with V440, L484 and D148 were implicated in the mechanism of substrate stimulation of ATP hydrolysis (Kityk et al., 2015) (Figure 3D). All of these residues are conserved in HscAs and E. coli HscA’s ATPase activity was stimulated synergistically by IscU and the HscA-specific JDP HscB (Silberg et al., 2004). The crystal structure of the SBD of HscA in complex with the ELPPVKI peptide also revealed that the peptide bound in the reverse orientation as compared to a peptide bound to DnaK’s SBD (Figures 6C,D) and the prolines in the substrate were responsible for this orientation. In fact, proline containing peptides can also bind in the reverse orientation to DnaK (Zahn et al., 2013). Nevertheless, the peptides are bound in both cases via hydrogen bonds to the substrate peptide backbone (Figures 6B,D). An additional structural difference that should increase the intrinsic substrate dissociation rate is the reduced interaction of helix B of the SBDα with the outer loops L3,4 and L5,6. Whereas in DnaK the latch is formed by four polar interactions between D431 and H544 and R467 and D540, only a single hydrogen bond was found in the crystal structure of the SBD of HscA (Figures 6B,D). Also, a hydrogen bond between N537 and M404 in DnaK is missing in HscAs further weakening the interaction of the lid with the SBDβ.
Another structural difference between DnaKs and HscAs is the C-terminal intrinsically disordered tail that is only seven residues long in most HscAs as compared to some 30 residues in DnaKs. Since these residues may be involved in the interaction with clients, such differences might be significant. In DnaKs the tail is highly charged with on average seven negatively and three positively charged residues in the last 18 residues (Figure 8B). The intrinsic disorder and the charge might allow low-affinity binding to misfolded proteins. Since HscAs are specialized for one or a small number of proteins, they may not need such an additional “tentacle” for interaction.
HscAs seem to be highly specialized to chaperoning the transfer of Fe-S-clusters from IscU to an apo-enzyme in cooperation with the JDP HscB [for review see (Puglisi and Pastore, 2018)]. Whereas HscAs are only found in bacteria, HscB homologs also exist in mitochondria where they either interact with the generalist DnaK-type Hsp70 (in most eukaryotic cells) or with a specialized Hsp70 (some fungi) that emerged by convergent evolution but is still more DnaK-like than HscA-like (Schilke et al., 2006; Kleczewska et al., 2020).
In E. coli HscC the GrpE signature is also absent and GrpE interacting residues are not conserved, suggesting the HscCs also do not interact with GrpE (Figure 8C). Consistently, both salt bridges that bridge the nucleotide binding cleft in DnaK are absent in most HscCs and it can be expected that their nucleotide dissociation rate is equally high as in E. coli HscA. However, some HscCs seem to have the lower salt bridge like eukaryotic Hsp70s and are therefore expected to have an only 20-fold increased intrinsic nucleotide dissociation rate. In HscCs a second region is deleted in the NBD lobe I corresponding to residue 76–101 in DnaK, resulting in a further opening of the ATP binding cleft. The functional relevance of this deletion is not clear. Interestingly, a similar deletion is found also in many DnaK-type bacterial Hsp70s outside the proteobacterial clade. HscCs have in addition a few smaller deletions in the NBD, one of which affects a loop close to the binding site for J-domains and contains in DnaK a J-domain interacting residue (D211) (Figure 8C). Furthermore, HscCs have an insertion of 4–8 amino acids in L1,2 in the SBDβ and a corresponding deletion of nine residues in helix B of the SBDα (Kluck et al., 2002). Such changes should have a significant influence on client binding and specificity. But in contrast to HscA, the sequence specificity seems to be broader in HscCs as peptide library scanning revealed (Kluck et al., 2002), suggesting that HscCs have a more diverse client spectrum. The amino acid preference of E. coli HscC in binding peptides is similar to the preference of E. coli DnaK, except for leucine which is strongly preferred by DnaK but not enriched in binding peptides for HscC. The by far major contribution to binding to HscC was a positive charge. Finally, the C-terminal disordered tail is with some 10–15 residues slightly longer than the tails of HscAs and contains negative charges and aliphatic residues and therefore could contribute a low-affinity client binding site (Figure 8B).
The ATPase activity of E. coli HscC was only stimulated by DjlC and not by DnaJ, CbpA or HscB, suggesting that HscC cooperates with DjlC but not with JDP known to interact with DnaK or HscA. Since DjlB is over the entire sequence 50% identical to DjlC and 64% within the J-domain as compared to 23, 25, 23, and 16% identity to the J-domains of the DnaK cochaperones DnaJ, CbpA, DjlA and the HscA cochaperone HscB, respectively, and since the DjlB and DjlC encoding genes are located in close proximity of the HscC encoding gene on the E. coli chromosome, it can be assumed that HscC also cooperates with DjlB. Both, DjlB and DjlC are tail-anchored proteins and for DjlC is was shown that it is inserted into the plasma membrane (Peschke et al., 2018). This suggests a function of HscC at the plasma membrane, possibly with cytosolic domains of transmembrane proteins. Deletion of HscC as well as deletion of both DjlB and DjlC encoding genes result in elevated sensitivity to Cd2+ ions. Through studies in yeast it was shown that Cd2+ toxicity is due to the induction of aggregation of newly synthesized proteins (Jacobson et al., 2017). These aggregates are most likely solubilized and the proteins refolded by the DnaK, DnaJ, GrpE and the AAA+ protein ClpB (Goloubinoff et al., 1999). Since many of the residues in DnaK that interact with ClpB (Rosenzweig et al., 2013) are not conserved in HscC, it is rather unlikely that HscC participates in solubilization of Cd2+-induced protein aggregates. These data suggest that HscC together with DjlB and DjlC are chaperoning proteins, most likely transmembrane proteins, that aid in the detoxification of Cd2+ ions by sequestration or export.
It seems rather unlikely that the detoxification of Cd2+ ions is the only raison d’être for HscC proteins. It is imaginable that efflux pumps for antibiotics could be other clients of HscC. This has not been tested so far. A closer look at the distribution of HscC proteins in the phylogenetic tree of prokaryotes might also give a hint for their functional importance (Barriot et al., 2020). How a membrane localized function of HscC increases UV resistance is also unclear.
Taken together, HscAs and HscCs have evolved for tasks clearly distinct from the physiological role of DnaKs. For these tasks they coevolved with specialized JDPs as targeting factors. Since HscAs and HscCs have a limited number of clients, their ATPase motor could be tuned to be optimal for the respective tasks and a nucleotide exchange factors was then not anymore necessary. These data suggest that nucleotide exchange factors are important for chaperoning a wide variety of clients that have different structures and folding kinetics.
Neither HscA nor HscC are found in eukaryota, as mentioned above. The most likely reason is that the ancestors of eukaryota did have neither HscA nor HscC. According to a phylogenetic analysis the occurrence of HscA and HscC in the prokaryotic tree of life is quite sporadic (Barriot et al., 2020), suggesting acquisition of the genes by horizontal gene transfer. The spreading of HscA and HscC could have started after the segregation of prokaryota and eukaryota. Such a hypothesis could be substantiated by more extensive sequence analysis.
PROKARYOTIC HSP70S AS DRUG TARGETS
The spreading of resistance against multiple antibiotics in many pathogenic bacteria poses a serious threat to public health. New target structures for the development of novel antimicrobial substances are urgently needed. Could Hsp70 be such a new target? Deletion of the genes encoding HscA and HscC in E. coli did not affect viability greatly. Targeting them is therefore not expected to result in severe growth inhibition. Though, iron limitation during infection of a multicellular host might make HscA essential. This needs to be tested. In contrast, deletion of dnaK results in filamentous growth and temperature sensitivity above 35°C. Although the filamentous growth can be compensated by suppressor mutations in the rpoH gene encoding the heat shock transcription factor σ32, this is not expected to alleviate the selection pressure on pathogenic bacteria upon infection of a multicellular host, as this most likely is associated with severe stress conditions that require a fully functional heat shock response for survival. Pathogenic bacteria are even more dependent on DnaK and virulence of many pathogens is particularly sensitive to a loss of DnaK function, as mentioned above. Furthermore, dormancy is a common strategy of bacteria to evade host defense mechanisms and antibiotic treatment, and is responsible for persistent infections. DnaK is not only one of the most important proteins for the formation of the persistence state in the presences of a variety of antibiotics targeting different cellular processes but also for regrowth out of the dormant state (Wu et al., 2015; Pu et al., 2018). Thus, DnaK appears to be a suitable, currently unexplored target for the development of novel antimicrobial drugs. However, Hsp70s are highly conserved in evolution, as mentioned above, and Hsp70s are essential under all conditions in eukaryotic organisms. It is therefore important to explore whether drugs could be developed that distinguish DnaK from eukaryotic Hsp70s as to abrogate growth of the pathogen without jeopardizing protein homeostasis in the eukaryotic host. Despite the high degree of conservation, specific targeting of Hsp70s seems to be possible as a compound was already identified that specifically inhibits human Hsp70 but is much less active against E. coli DnaK (Hassan et al., 2015). The reverse may also be possible.
Specific DnaK binding agents were found in the cocktail of antimicrobial peptides that are part of the innate immune system of insects. Apidaecin, drosocin, oncocins and pyrrhocoricin are examples of cell membrane-penetrating proline-rich peptides of 18–20 amino acid that inhibit the growth of several Gram-negative bacteria at a minimal inhibitory concentration of 2–8 µM (Scocchi et al., 2011). Similar proline-rich peptides and small proteins were also found in vertebrates. Some of the proline-rich antimicrobial peptides were shown to bind like a substrate peptide to the SBD of DnaK but not to human Hsp70 (Otvos et al., 2000; Zahn et al., 2013). However, whether DnaK is the primary target of these antimicrobial peptides in bacteria is not clear as it was reported that apidaecin and oncocin and derivatives thereof were equally active in a ∆dnaK strain, suggesting a DnaK-independent mode of action (Czihal et al., 2012; Krizsan et al., 2014).
In-vitro-screening for modulators of the ATPase activity of DnaK identified small molecule activators and inhibitors (Chang et al., 2008b; Wisén et al., 2008; Wisén and Gestwicki, 2008; Wisén et al., 2010). Whether these small molecules are specific for DnaK or whether they also target human Hsp70 is not clear. Efforts for finding Hsp70 modulators focus currently more on the human homologs, since Hsp70 is an important pro-survival factor. Cancer cells seem to be addicted to Hsp70s and inhibition of Hsp70 appears to be a viable strategy to combat tumor growth and survival (Kumar et al., 2016; Gestwicki and Shao, 2018; Albakova et al., 2020). On the other side, activators of Hsp70 might be beneficial in neurodegenerative disorders to counteract protein misfolding and amyloid fibril formation and to promote disassembly of amorphous protein aggregates and amyloid fibrils (Davis et al., 2020). In the light of the current multi-antibiotic resistance crisis more efforts should be devoted to develop inhibitors for the bacterial Hsp70. For Hsp90 it was shown that development of resistance to antimicrobial drugs depends on this chaperone (Cowen and Lindquist, 2005). This seems to be part of the capacity of this chaperone to buffer evolvability and plasticity of organisms. In analogy, it can be expected that DnaK in bacteria serve similar functions, even more so as Hsp90 in bacteria is not essential and absent in many prokaryotic species.
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Bacteria employ a multitude of strategies to cope with the challenges they face in their natural surroundings, be it as pathogens, commensals or free-living species in rapidly changing environments like soil. Mycobacteria and other Actinobacteria acquired proteasomal genes and evolved a post-translational, ubiquitin-like modification pathway called pupylation to support their survival under rapidly changing conditions and under stress. The proteasomal 20S core particle (20S CP) interacts with ring-shaped activators like the hexameric ATPase Mpa that recruits pupylated substrates. The proteasomal subunits, Mpa and pupylation enzymes are encoded in the so-called Pup-proteasome system (PPS) gene locus. Genes in this locus become vital for bacteria to survive during periods of stress. In the successful human pathogen Mycobacterium tuberculosis, the 20S CP is essential for survival in host macrophages. Other members of the PPS and proteasomal interactors are crucial for cellular homeostasis, for example during the DNA damage response, iron and copper regulation, and heat shock. The multiple pathways that the proteasome is involved in during different stress responses suggest that the PPS plays a vital role in bacterial protein quality control and adaptation to diverse challenging environments.
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INTRODUCTION
Bacteria cultured in the laboratory are generally grown in pure, liquid culture under optimal conditions. They are provided with a balanced mix of nutrients including carbon and nitrogen sources along with minerals and trace elements, shaken for good aeration and kept at their favorite temperature. However, in the real world, bacterial life is frequently harsh and far from ideal (Haruta and Kanno, 2015). This certainly applies to Actinobacteria that constitute one of the largest and most diverse phyla in the bacterial kingdom (Barka et al., 2016). Its members exhibit a variety of lifestyles: as soil inhabitants living in rapidly changing environments in competition or symbiosis with other microorganisms, as pathogens under nutrient limitation and subject to host defense mechanisms or as plant and gastrointestinal commensals. As a consequence of their exposure to changing nutritional conditions and a multitude of stresses, Actinobacteria evolved a particularly high adaptive ability allowing them to persist in their often-hostile environments (Figure 1).
[image: Figure 1]FIGURE 1 | Mycobacteria frequently encounter adverse conditions in their natural surroundings, requiring coordinated stress responses. (A) Free living mycobacteria, like the soil-dwelling M. smegmatis or the ocean bacterium M. marinum, are exposed to UV radiation, experience sudden changes in temperature, have to adjust to varying oxygen levels, and need to survive periods of limitation in essential nutrients like carbon, nitrogen and iron minerals. (B) Pathogenic mycobacteria like M. tuberculosis are exposed to hostile environments when growing inside host macrophages, where they also face sudden changes in nutrient availability, pH and temperature. The defensive mechanisms of macrophages include the production of reactive oxygen species (ROS), nitric oxide synthase in its inducible isoform (iNOS), and reactive nitrogen intermediates (RNI). Furthermore, exposure to antibiotics during drug treatment of M. tuberculosis infections also elicits stress responses in an attempt to evade killing and develop resistance.
Adaptation ultimately requires that the proteome present at a given moment under a defined set of conditions can be reshaped efficiently to reflect the new needs of the organism. On the one hand this is achieved through changes in gene expression involving regulation on the transcriptional and translational levels (Guo and Gross, 2014; Martin and Liras, 2020). On the other hand, an efficient and robust proteomic response to stress and changing nutritional states also requires controlled protein turnover (Gerth et al., 2008; Michalik et al., 2012; Guo and Gross, 2014). The balanced production and breakdown of proteins referred to collectively as protein homeostasis, is also required under normal conditions and presents a fundamental activity of all living cells. The degradation branch of protein homeostasis permits a rapid adaptive response that is independent of and complements the changes in transcription and translation. It is also independent of bacterial growth and therefore particularly important for bacteria that are not growing actively (Trotschel et al., 2013), such as pathogenic bacteria residing in the host in dormant or extremely slow-growing states or bacteria under nutrient limiting conditions.
Mycobacteria are amongst the most notorious members of Actinobacteria, owed largely to Mycobacterium tuberculosis (Mtb), one of the most successful human pathogens of all time, currently responsible for 1.5 million deaths and more than 10 million infections every year worldwide (WHO, 2020). As an intracellular pathogen, Mtb has to survive behind enemy lines, residing inside host macrophages, where it needs to resist the defensive onslaught of oxidative and nitrosative stress and adapt to nutritional deficiencies (Awuh and Flo, 2017). Mtb can persist in the host in a slow-growing/dormant state for decades, from which it can resume growth and progress to clinical disease (Jayachandran et al., 2012). The identification of pathways supporting persistence in the host has long been a focus of research toward combatting Mtb. One such pathway is centered around a bacterial proteasome gene locus characteristic to the phylum of Actinobacteria (Darwin et al., 2003; Gandotra et al., 2007). The existence of proteasomes in this phylum has been known since the early 1990’s, when a proteasomal particle was first observed in nitrogen-fixing bacterium Frankia (Benoist et al., 1992). However, unlike eukaryotes, bacteria generally do not encode proteasomal subunits, but have their own version of compartmentalizing proteases (Clp proteases, HslUV and FtsH) that are responsible for regulated protein turnover and protein quality control (Knipfer et al., 1999; Laederach et al., 2014). The proteasome is thus an unusual occurrence in bacteria restricted largely to the phylum Actinobacteria, where it is found in addition to other typical bacterial degradation complexes (Laederach et al., 2014). Originally adopted by horizontal gene transfer, the proteasome gene locus has evolved to support the organisms during stress, for example in Mtb contributing to its persistence inside host macrophages (Darwin et al., 2003; Gandotra et al., 2007).
Around the 20S CP and its regulatory ATPase partner Mpa, both homologous to eukaryotic 26S proteasomes, a novel substrate recruitment pathway has evolved in Actinobacteria that shows functional parallels to ubiquitination, but is of distinct, exclusively bacterial origin (Pearce et al., 2008; Burns et al., 2009; Sutter et al., 2009). Through this pathway termed pupylation, substrate proteins are post-translationally modified with the small, intrinsically disordered protein Pup (prokaryotic ubiquitin-like protein) (Pearce et al., 2006; Burns et al., 2009). Pupylation can be reversed and both the ligase and depupylase enzymes are encoded in the gene locus where the genes for the proteasomal degradation machinery and the modifier Pup reside (Burns et al., 2010; Imkamp et al., 2010). This locus, referred to as the Pup proteasome system (PPS) gene locus, is present in all Actinobacteria, however, a subset of organisms in this phylum has lost the proteasomal subunits despite maintaining pupylation (Figure 2).
[image: Figure 2]FIGURE 2 | Genes involved in pupylation and Pup-dependent proteasomal degradation are organized in the Pup-proteasome gene locus in Actinobacteria. (A) Members of the Pup-proteasome system (PPS) are encoded in close proximity to one another in the PPS gene locus, ranging from Rv2109c to Rv 2097c in Mtb. The genes coding for the hexameric ATPase Mpa (Rv2115c, orange) and proteasomal α and β subunits PrcA and PrcB (Rv2109 and Rv2110c, beige), were most likely acquired by horizontal gene transfer. (B) In addition to Mpa/ARC and the 20S proteasomal subunits, the PPS gene locus also encodes the ubiquitin-like protein Pup (Rv2111c, red), the Pup-ligase PafA (Rv 2097c, blue), and the depupylase Dop (Rv2112c, green). The transcriptional regulator PafBC (Rv 2096c and Rv 2095c, purple), is found in close proximity to PafA and has been shown to regulate the major DNA damage response in mycobacteria, to which the PPS is tightly linked. The alternative ring shaped ATP- and pupylation-independent activator Bpa (Rv3780, light pink) is not found in the Pup-Proteasome gene locus, but strictly co-occurs with the proteasomal subunit genes across Actinobacteria. A subgroup of Actinobacteria is missing the proteasomal subunit genes in their PPS locus, likely by secondary loss during evolution. Mtb, Mycobacterium tuberculosis; Msm, Mycobacterium smegmatis; Scoe, Streptomyces coelicolor; Rery, Rhodococcus erythropolis; Fal, Frankia alni; Cglu, Corynebacterium glutamicum; Mlut, Micrococcus luteus. (C) Pupylation involves the post-translational modification of target proteins (grey) with Pup (red), and is catalyzed by the Pup ligase PafA. Pupylated proteins are either depupylated by the deamidase Dop or recruited to the Mpa-20S proteasome complex for unfolding and degradation.
In this review article, we highlight the roles that pupylation and the Pup proteasome gene locus play in the survival strategy of mycobacteria and other Actinobacteria under stress.
PUPYLATION-DEPENDENT PROTEASOMAL DEGRADATION PLAYS A ROLE IN ACTINOBACTERIAL STRESS RESPONSES
The actinobacterial 20S proteasome, like its eukaryotic relative, forms the core of the fully assembled protease complex (Nagy et al., 1997; Wolf et al., 1998; Lin et al., 2006). It is built from four stacked homo-heptameric rings, the inner two β-rings carrying the proteolytic active sites, framed by the two α-rings that shape the entrance pores into the degradation chamber. In order to degrade substrate proteins post-translationally modified with Pup, the α-rings of the 20S particle associate with a likewise ring-shaped hexameric ATPase of the AAA family, called Mpa (mycobacterial proteasome ATPase) in mycobacteria or ARC (ATPase forming ring-shaped complexes) in other Actinobacteria (Wolf et al., 1998; Darwin et al., 2005; Striebel et al., 2010). Mpa employs a C-terminal proteasome interaction motif (GQYL) that retains the same penultimate aromatic residue as the HbYX motif of eukaryotic proteasome interactors (Darwin et al., 2005; Pearce et al., 2006; Smith et al., 2007; Rabl et al., 2008; Striebel et al., 2010). Both motifs insert into deep binding pockets located between the α-subunits of the 20S CP, featuring a binding site for the aromatic residue and a lysine residue to interact with the C-terminal carboxylate.
The covalent modification of proteins at lysine residues with Pup is catalyzed by the ligase PafA (proteasome accessory factor A) in a two-step mechanism (Guth et al., 2011). This involves the formation of an isopeptide bond between the C-terminal glutamate side chain carboxylate of Pup and the ε-amino group of the target lysine by nucleophilic substitution. PafA has been suggested to have evolved from an ancient glutamyl-amine ligase enzyme (glutamine synthetase or γ-glutamyl cysteine ligase) based on its sequence and structural homology to this class of enzymes (Iyer et al., 2008; Sutter et al., 2009; Özcelik et al., 2012; Hecht et al., 2021). The structurally homologous enzyme Dop (deamidase of Pup), also encoded in the PPS gene locus, catalyzes the opposing activity by cleaving the isopeptide bond between Pup and substrates (Burns et al., 2010; Cerda-Maira et al., 2010; Imkamp et al., 2010; Bolten et al., 2017). Mycobacteria and a number of other Actinobacteria encode Pup with a C-terminal glutamine instead of glutamate, necessitating deamidation of the glutamine side chain prior to ligation. Interestingly, deamidation, which is chemically equivalent to depupylation, is also carried out by Dop (Striebel et al., 2009).
The modifier Pup despite its name is unrelated in structure and sequence to ubiquitin. Pup is an intrinsically disordered protein of 64 residues with a molecular mass under 7 kDa in Mtb (Chen et al., 2009; Liao et al., 2009; Sutter et al., 2009). The disordered ensemble state typical for intrinsically disordered proteins is present in both free Pup and when it is covalently attached to protein substrates (Barandun et al., 2017). However, it undergoes disorder-to-order transitions upon binding to the pupylation enzymes (ligase and depupylase) (Barandun et al., 2013) or to the proteasomal regulator Mpa (Wang et al., 2010). Interestingly, it adopts different conformations depending on the binding partner (Delley et al., 2017). Interaction with the ligase and depupylase results in the formation of two orthogonal, shorter helices that ensure a snug fit into the Pup binding groove of the enzymes (Barandun et al., 2013). As a recognition tag for proteasomal degradation, Pup binds to the N-terminal coiled-coil domains at the Mpa ring surface, forming a single longer helix that joins the coiled-coil (Sutter et al., 2009; Wang et al., 2010). Once bound, Mpa/ARC unfolds the pupylated substrate and translocates it into the 20S proteasome degradation chamber in an ATP-dependent manner (Striebel et al., 2010).
In addition to the genes required for pupylation and proteasomal degradation, including pup, pafA, dop, arc/mpa, and the proteasomal subunits prcA/B, the PPS gene locus also encodes the transcriptional regulator PafBC (Olivencia et al., 2017) (Figure 2B). In mycobacteria, PafBC (proteasome accessory factor B and C) is encoded in the same operon together with the Pup ligase PafA, giving rise to the name (Festa et al., 2007). Although this is not the case in all Actinobacteria, the pafBC genes are nevertheless tightly associated with the PPS locus and are found in close proximity downstream of the pafA gene. PafBC is important for the mycobacterial DNA damage response and ties the PPS locus to stress conditions with DNA damaging potential like oxidative stress, UV exposure or DNA damaging natural compounds produced by other microorganisms (Müller et al., 2018).
Besides Mpa/ARC, the 20S bacterial proteasome can interact with alternative ring-shaped activators not encoded in the Pup proteasome gene locus, including the ATPase Cpa (Cdc48-like protein of Actinobacteria) and the ATP-independent Bpa (bacterial proteasome activator, also referred to as PafE) (Delley et al., 2014; Jastrab et al., 2015; Ziemski et al., 2018). Although recruitment of substrate proteins to these alternative proteasomal complexes does not involve pupylation, they also play a role in adaptation to stressful conditions and will be discussed later in this review.
Mycobacterial Stress Responses to Nitrogen Starvation or Reactive Nitrogen Intermediates Involve Pupylation and Proteasomal Degradation
Nitrogen plays an essential role for all living organisms, since it is a major constituent of the biological molecules making up a cell’s proteome, its hereditary material in the form of DNA and RNA, signaling molecules, cell wall constituents, cofactors and many other fundamentally important biomolecules. Bacteria generally use it in its reduced form as ammonium for incorporation into amino acids, thereby providing the building blocks for protein biogenesis. This involves uptake via ammonium transporters and assimilation into glutamine or glutamate via glutamine synthetase and glutamate synthase or glutamate dehydrogenase (Herrero et al., 2019). Of course, bacteria can also directly take up glutamate and glutamine or other amino acids like arginine and aspartate that can be further metabolized. In fact, Mtb is able to take up all 20 proteinogenic amino acids from the environment and prefers amino acids over ammonia as nitrogen source (Agapova et al., 2019). Furthermore, when ammonium is scarce, Actinobacteria, like most bacteria can take up nitrogen from the environment in the form of nitrate and metabolize it to ammonium. In this pathway, nitrate is first metabolized to nitrite via the nitrate reductase NarGHIJ complex, and the nitrite reductase complex NirBD then further reduces nitrite to ammonium that can be assimilated into amino acids (Malm et al., 2009). These enzymes contain iron-sulfur clusters and the reductions involve radical chemistry.
Regulatory mechanisms of nitrogen metabolism are geared toward ensuring sufficient nitrogen supply, and they generate a swift response to changed nutritional conditions like different nitrogen sources, nitrogen limitation or starvation. At the same time, the organism must avoid accumulation of toxic nitrogen compounds like nitrite that have the ability to produce radicals and damage DNA, lipids and proteins. Furthermore, pathogenic organisms have to contend with reactive nitrogen species generated by host defense mechanisms. Consequently, Actinobacteria can experience stress connected to nitrogen metabolism in two ways, as starvation stress or as toxic stress. The PPS appears to play a role in both types of nitrogen stress.
Mtb is an intracellular pathogen that makes a home of the very cells that phagocytose it (Huang et al., 2019). Inside the host macrophage, Mtb prevents phagosome maturation and ultimately persists in this organelle. During establishment of persistence, the interplay of host immune defense mechanisms and Mtb evasive counteraction results in formation of a granuloma, a walled-off, fibrous structure with a macrophage-rich center, where Mtb reside and slowly proliferate (Queval et al., 2017; BoseDasgupta and Pieters, 2018). An important factor in controlling Mtb infection is the production of nitric oxide by activated host macrophages through the activity of inducible nitric oxide synthase (NOS2) (MacMicking et al., 1997) as well as reactive oxygen species (ROS) via the superoxide generating enzyme NOX2 (Fang, 2004). Inside the phagosome, this leads to the generation of nitrite that can be protonated and produce radical forms of nitric oxide and other lethal nitrogen intermediates (Stuehr and Nathan, 1989). A transposon mutagenesis screen aimed at identifying genes that render Mtb more resistant to reactive nitrogen intermediates uncovered a role of the proteasome gene locus in survival of nitrosative stress (Darwin et al., 2003). Disruption of both mpa and pafA resulted in increased sensitivity of Mtb to acidified nitrite and cultures treated with proteasome inhibitor also showed less resistance under these conditions. Furthermore, the deletion strains were attenuated in a mouse infection model, demonstrating that proteasomal degradation and pupylation support Mtb survival in the host. It was hypothesized that the proteasomal degradation pathway might be involved in removal of proteins damaged by RNI and ROS. The chemical effects of both RNI and ROS and the nonspecific damage they cause to proteins, lipids and DNA will be discussed in more detail in a later section of this review. However, the connection between the PPS locus and NO stress turned out to be more complex, affecting several specific pathways, which will be the focus in this section of the review.
One mechanism was identified for the PPS locus in Mtb through a suppressor mutagenesis screen of NO sensitivity (Samanovic et al., 2015). The screen showed that disruption of a gene with homology to a plant enzyme involved in cytokinin biosynthesis called “lonely guy (LOG)” could reverse the NO-hypersensitive phenotype of the mpa deletion strain, suggesting that increased cytokinin production during infection was responsible for the observed phenotype. Plant LOG enzymes possess cytokinin-specific phosphoribohydrolase activity, cleaving the inactive cytokinin nucleotides to release the active free-base cytokinins (Kurakawa et al., 2007). Indeed, Mtb Log (Rv1205) produces cytokinins in Mtb and is a pupylation target. It accumulates in the mpa deletion strain as well as in a mutant strain where the target lysine is changed to alanine, indicating that Log is degraded by the Mpa-proteasome in a pupylation-dependent manner (Samanovic et al., 2015) (Table 1).
TABLE 1 | Overview of the involvement of the 20S proteasome in select stress conditions in various Actinobacteria described in this review.
[image: Table 1]Cytokinins are adenine derivatives with substitutions at the amino group at C6 of the purine ring. In Mtb, isoprenoid cytokinins like N6-(Δ2-isopentenyl)adenine (iP) or 2-methylthio-iP are the most abundant. While it is well-established that in plants cytokinins act as hormones influencing cell growth and differentiation (Mok and Mok, 2001), their role in bacteria and specifically in Mtb is less well understood. In a follow-up study to the suppressor screen, the authors observed cytokinin-induced upregulation of a protein of unknown function (Rv0077c) that resulted in loss of acid-fast staining of Mtb, hinting at a possible remodeling of components in the cell envelope (Samanovic et al., 2018). They could show that Rv0077c is repressed by neighboring TetR-like repressor Rv0078 in absence of cytokinins. However, in the mouse model of tuberculosis, constitutive expression of Rv0077c by disruption of the repressor gene did not affect virulence, leaving it unclear in which phase of infection and in what way the bacterium benefits from the upregulation. Interestingly, Rv0077c was reported as a putative pupylation substrate in a proteomic study previously, suggesting that the PPS might be involved in its removal after upregulation (Festa et al., 2010).
Regardless of their biological role in Mtb, the fact that production of cytokinins can render the bacterium sensitive to NO appears to be due to breakdown of cytokinins into aldehydes, which are rendered toxic in additional presence of NO (Samanovic et al., 2015). Pup-dependent degradation of Log prevents the cytokinin levels from overshooting and thereby supports survival during infection. This finding shows that the degradation of a specific pupylation substrate, in this case Log, can contribute significantly to the NO-sensitive phenotype of Mtb. Homologs of Log are also found in M. smegmatis (Msm) (MSMEG_5087), M. bovis (Mb1237), and M. marinum (MMAR_4233), suggesting that other mycobacteria also might produce cytokinins under certain conditions.
In eukaryotes, it is known that the proteasome is essential to recycle amino acids and hence contributes to nutrient homeostasis in the cell (Vabulas and Hartl, 2005; Suraweera et al., 2012). A similar role was proposed for the PPS in Msm under nitrogen starvation. An Msm strain deficient in pup and the proteasomal subunit genes exhibited a significantly more severe growth defect upon nitrogen limitation than the parent strain (Elharar et al., 2014). Interestingly, during the onset of nitrogen limitation (24 h) an increase in the levels of pupylated proteins was observed, but they were almost completely degraded a week into the starvation stress. Furthermore, probing of PPS member levels indicated that nitrogen starvation in Msm induces oscillations in their abundance for the duration of the starvation stress (Elharar et al., 2014), an expression phenotype that could not be observed under similar conditions for Mtb (Becker et al., 2019). The authors hypothesize that during nitrogen starvation the PPS takes the role of an amino acid recycling pathway to provide the bacterium with the required protein building blocks in times when amino acids cannot be obtained by de novo synthesis or from the environment.
Another study proposed that the PPS might also play a more specific role during nitrogen starvation in Msm by adjusting the levels of enzymes involved in nitrogen assimilation pathways (Fascellaro et al., 2016). Msm encodes a particularly high number of nitrogen related genes involved in nitrogen uptake, assimilation and regulation (Amon et al., 2009). The transcriptional regulator GlnR is the global nitrogen response regulator in Msm, controlling primary nitrogen metabolism and the switch to nitrate or urea as alternative nitrogen sources (Jenkins et al., 2013). Proteome analysis of an Msm pup deletion strain under nitrogen starvation revealed that levels of 17 proteins of nitrogen metabolism were altered compared to the parent strain under the same starvation stress, 9 of them members of the GlnR regulon. Interestingly, the nitrite reductase, regulator GlnR, as well as GlnR-regulated proteins (e.g. glutamine synthetase GlnA1) were less abundant in the pup deletion strain, thereby precluding straightforward Pup-mediated degradation. Furthermore, for some of them, lower mRNA levels were observed when pupylation was absent. Irrespective of the exact mechanism of regulation, these proteins play an important role for nitrogen assimilation when nutrients are limited and the PPS is involved in their regulation.
The nature of this involvement was elucidated for nitrate assimilation of Mtb (Becker et al., 2019). It was observed that Mtb strains deficient in either the mpa, pafA or prcBA genes could no longer grow on nitrate as a nitrogen source and secreted large amounts of nitrite, suggesting that the nitrate assimilation pathway was impaired at the level of the nitrite reductase complex NirBD, leading to accumulation of toxic levels of nitrite. A suppressor screen aimed at restoring the ability of the mpa mutant strain to assimilate nitrate, identified HrcA as a suppressor gene (Becker et al., 2019). HrcA is a transcriptional regulator that represses the chaperonin system genes groES (Rv3418c), groEL1 (Rv3417c) and groEL2 (Rv0440), and the gene Rv0991c (Stewart et al., 2002b). The authors could show that HrcA is a pupylation target in vitro (Becker et al., 2019). The fact that groEL2 is suppressed in the mpa mutant strain is thus a direct consequence of impaired proteasomal degradation of HrcA. Client proteins of GroELS chaperonins require its function in order to gain their natively folded, active state (Horwich et al., 1993; Kong et al., 1993; Kumar et al., 2015; Horwich and Fenton, 2020). The strongly diminished nitrite reduction activity in the mpa mutant strain suggests that NirBD is functionally impaired due to deregulated GroELS levels. The screen also identified mutations in an essential gene that encodes the enzyme catalyzing the committed step in NAD biosynthesis (nadD). These turned out to be gain-of-function mutations boosting NAD levels and thereby supporting NirBD activity, which requires the presence of adequate levels of NAD+/NADH.
These findings illustrate that the PPS gene locus also influences nitrogen metabolic networks by indirectly affecting transcriptional regulation of a quality control pathway. The uncovered link likely also contributes to the observation that silencing of the prcBA genes in Mtb leads to lowered resistance against sodium nitrite and lowered persistence in mice (Gandotra et al., 2007). The effect of the PPS on nitrogen metabolism and resistance to nitric oxide stress is multifaceted and complex, highlighting the prominent role that pupylation and proteasomal degradation plays in nitrogen homeostasis.
The Pup-Proteasome Gene Locus and the DNA Damage Response
Stable transmission of genetic information from one generation to the next is crucial for all living organisms. Although some level of mutagenesis provides the genetic diversity that allows bacteria to evolve, global DNA damage that would reduce their fitness and threaten survival must be dealt with swiftly. Mycobacteria, for example, are frequently exposed to conditions that can damage their genetic material, like macrophage-generated reactive oxygen species and reactive nitrogen intermediates experienced by pathogenic members inside the host (Weiss and Schaible, 2015), and UV exposure, metabolic endogenous oxidative or nitrosative stress or DNA damaging chemicals produced by other microorganisms for free-living mycobacteria.
The first indication that the PPS gene locus plays a role in the mycobacterial DNA damage response came from the observation that the levels of SOS response regulator, recombinase A (RecA), are significantly reduced in an Msm pafBC deletion strain (Olivencia et al., 2017) (Table 1). Although in mycobacteria, the homologous PafB and PafC proteins are encoded in an operon together with Pup ligase PafA (Festa et al., 2007; Olivencia et al., 2017), it was shown early on, that they are not required for degradation of proteasomal substrates (Festa et al., 2007). Their predicted N-terminal winged helix-turn-helix domains suggested that they might be involved in transcriptional regulation. Indeed, it was shown that recA transcript levels are decreased in a ΔpafBC strain compared to wild type and can be restored by complementation with pafBC (Olivencia et al., 2017).
Since its discovery about 40 years ago, the LexA/RecA-mediated SOS response had been considered the main regulation pathway of the bacterial DNA damage response (Radman, 1975; Little and Mount, 1982; Shinagawa, 1996). Under conditions where the bacteria do not experience DNA damage stress, DNA repair genes preceded by the so-called SOS box sequence are repressed by transcriptional repressor LexA. Single-stranded DNA (ssDNA) fragments occurring as a consequence of DNA damage, trigger derepression of these genes by a mechanism involving RecA, where RecA and ssDNA form a nucleoprotein filament that binds to LexA, triggering its autocatalytic cleavage and dissociation from the SOS box (Galletto et al., 2006; Giese et al., 2008; Butala et al., 2011). As it is also an important enzyme in the process of homologous recombination, RecA plays a dual role during DNA damage stress, namely as stress sensor and as a repair enzyme.
Mycobacteria also possess this canonical repression/release mechanism via LexA and RecA, and by affecting RecA levels PafBC impacts the SOS response (Figure 3). In Mtb, roughly 25 genes were reported to be under LexA control, amongst them also recA itself (Smollett et al., 2012). However, it was realized early on that the majority of inducible DNA repair genes in Mtb can still be induced in the absence of the recA gene, suggesting that a LexA/RecA-independent pathway must exist (Davis et al., 2002; Rand et al., 2003). In fact, based on the available transcriptomic data, it was even possible to deduce a consensus motif for this hypothetical additional pathway, aptly named RecA-NDp (RecA-independent promoter) based on the fact it is not regulated by the canonical pathway (Gamulin et al., 2004). Furthermore, the RecA-NDp promoter is not restricted to mycobacteria but extends to other Actinobacteria. The nature of regulation of this pathway and the identity of the regulator, however, remained unknown.
[image: Figure 3]FIGURE 3 | The pupylation locus in involved in the mycobacterial DNA damage response. The mycobacterial DNA damage response is mediated by two pathways, the SOS response mediated by repressor LexA and the response mediated by activator PafBC. The canonical SOS response pathway is illustrated on the right (LexA/RecA-dependent pathway). Upon DNA damage RecA forms filaments on ssDNA, which stimulates auto-cleavage of the repressor LexA. LexA dissociates from the SOS box which in turn, upregulates transcription of DNA damage response genes such as recA. The left side shows the PafBC-dependent DNA damage response pathway. Upon binding of a response-producing ligand (hypothesized to be a nucleic acid) PafBC is activated and binds to the RecA-NDp promoter, activating the transcription of many genes involved in DNA repair and oxidative stress response. Upon return to normal conditions, RecA along with several other PafBC regulon members (EgtD, TopoN, IscS, RuvA, etc.) are pupylated and removed by the Pup-proteasome system to recover fully from DNA damage. Interestingly, some genes such as recA, uvrA, and uvrC are regulated by the PafBC regulon as well as the SOS regulon.
It was only recently that a fuller picture began to emerge. A combination of transcriptomics and genome-wide PafBC binding site analysis in Msm revealed that PafBC acts as a global transcriptional activator, controlling a regulon of more than 150 genes in response to the DNA damaging agent mitomycin C (Müller et al., 2018) (Figure 3). Members of the regulon include many proteins involved in DNA replication, recombination and repair, like for example the UvrABC nucleotide excision repair complex, the two main end resectioning complexes RecBCD and AdnAB, important for homologous recombination, along with strand exchange mediating RecA and holiday junction binding protein RuvA and resolvase RuvC. Sigma factor H shown to be activated in Mtb upon heat stress and oxidative stress (Sharp et al., 2016), is also upregulated by PafBC (Müller et al., 2018). Likewise the gene cluster for the biosynthesis of the protective, redox-active compound ergothioneine is present in the regulon. This suggests that PafBC is also important for the oxidative stress response discussed in the next section of this review.
Interestingly, the consensus sequence motif identified for PafBC binding closely resembles the RecA-NDp motif. These results not only established PafBC as the elusive regulator of the LexA/RecA-independent DNA damage response pathway, but furthermore demonstrated that transcriptional activation in addition to repression-release is involved in the transcriptional response to DNA stress (Müller et al., 2018). Among the members in the regulon are several genes that feature both the RecA-NDp as well as the SOS box in their upstream regions and are thus regulated by both the PafBC-dependent activating branch and the LexA/RecA-repression-release branch of the DNA damage response. RecA itself is regulated by both pathways, indicating that PafBC also indirectly influences the SOS response and that there exists tight cooperation between the two pathways (Figure 3).
The study also provided a functional link to the PPS, explaining the association of PafBC with that gene locus. Determination of the pupylated proteome present in Msm exposed to mitomycin C-induced DNA stress identified 26 PafBC regulon member proteins as pupylation targets, including RecA (Müller et al., 2018). Analysis of the RecA protein levels during mitomycin C exposure and in the recovery phase after removal of the DNA damaging reagent, showed that only wild type Msm but not Msm strains deficient in pupylation or proteasomal degradation were able to return RecA to pre-stress levels (Müller et al., 2018). This demonstrates that the PPS is required to ensure a temporally controlled, transient DNA stress response.
Although PafBC activates its regulon members specifically under DNA stress, the mRNA and protein levels of PafBC remain unchanged upon DNA stress exposure, indicating that a response-producing ligand is most likely involved (Olivencia et al., 2017; Müller et al., 2018). Based on its primary sequence, PafBC was classified with a family of bacterial regulators containing a so-called WYL domain, a domain of unknown function named for a conserved, consecutive Trp-Tyr-Leu sequence motif. Determination of the crystal structure of a naturally fused PafBC ortholog from Arthrobacter aurescens revealed that the N-terminal winged helix-turn-helix domain is followed by a domain containing the conserved WYL motif and featuring an Sm-fold (Müller et al., 2019), frequently encountered in RNA-binding proteins like for example the bacterial RNA chaperone Hfq (host factor for RNA bacteriophage Qβ replication) (Khusial et al., 2005; Updegrove et al., 2016). In Hfq, a highly conserved loop in the Sm-2 region makes contact to the backbone of its RNA ligands (Schumacher et al., 2002; Khusial et al., 2005). Mutation of two arginine residues in the structurally homologous loop in pafBC renders it unable to rescue the mitomycin C-sensitive phenotype of the pafBC deletion strain (Müller et al., 2019). These results led to the suggestion that the proposed response-producing ligand is a nucleic acid molecule. Interestingly, bioinformatic analysis showed that transcriptional regulators featuring a winged helix-turn-helix domain followed by a WYL domain occur widely in bacteria, but not in eukaryotes (Müller et al., 2018). Indeed, it is likely that all WYL domain containing transcriptional regulators are activated according to a similar mechanism as PafBC.
The PafBC-mediated DNA damage response also plays a role for the action of fluoroquinolone antibiotics, which are important second-line drugs for treating multi-drug resistance tuberculosis infections. Fluoroquinolones target DNA gyrase and topoisomerase IV, causing the release of DNA with single or double strand breaks (Drlica et al., 2008). It was shown that a pafC deletion strain of Msm is strongly sensitized toward fluoroquinolone antibiotics (Li et al., 2015). This finding makes sense in light of the fact that PafBC induces DNA repair genes involved in double-strand break repair (Müller et al., 2018). The fact that WYL-domain containing transcriptional regulators appear to be restricted to the bacterial kingdom (Müller et al., 2018), renders PafBC an attractive drug target, since PafBC inhibitors could be administered in combination with fluoroquinolone antibiotics to escalate their effect.
The Pup-Proteasome System Supports Actinobacterial Survival Under Oxidative Stress
Although the evolutionary origin of Actinobacteria predates oxygenation of the atmosphere (Battistuzzi et al., 2004), the majority of modern Actinobacteria are aerobic, where molecular oxygen serves as the final electron acceptor of the respiratory chain (Barka et al., 2016). Aerobic respiration has the advantage of high energy efficiency, however, partially reduced oxygen species occur as byproducts of aerobic metabolic activity. Endogenous production of superoxide (O2−) and hydrogen peroxide (H2O2) is largely due to autoxidation of flavoenzymes by transfer of electrons from the flavin cofactor to molecular oxygen (Imlay, 2003). In the presence of ferrous iron (Fe2+), which is formed in the cellular environment from Fe3+ by reaction with FADH2 or cysteine as reductant, hydrogen peroxide can react to from hydroxyl radicals according to the Fenton reaction (Fenton, 1894). These reactive oxygen species (ROS) can cause DNA damage and protein modifications leading to loss of function (Cabiscol et al., 2000; Farout and Friguet, 2006). For this reason, bacteria are armed with detoxifying enzymes such as catalases, peroxiredoxins, and superoxide dismutases to combat these harmful agents. Mutants lacking these ROS detoxifying enzymes exhibit growth defects even under standard conditions, as ROS are continuously formed inside the cell as side products of metabolic reactions under aerobic conditions (Carlioz and Touati, 1986; Seaver and Imlay, 2001). In addition, bacteria may experience exogenous oxidative stress from their surrounding environment. Therefore, transcriptional and post-translational regulation mechanisms exist to respond to different levels of oxidative stress, controlling generation of protective redox molecules and expression of defense proteins or repair enzymes.
Eukaryotic proteasomes were shown early on to be involved in the removal of oxidized proteins (Farout and Friguet, 2006). Bacterial pupylation and proteasomal degradation has also been linked to counteracting oxidative stress. In this section, we will discuss where and when Actinobacteria encounter oxidative stress and how the PPS and PafBC regulon are involved in the oxidative stress response.
One major host defense strategy is the generation of ROS, reactive nitrogen species (RNS), and reactive chlorine species (RCS), which pathogenic bacteria must simultaneously contend with upon entering the host. A well-known example for such a hostile microenvironment are macrophages that are colonized by Mtb (Winterbourn et al., 2006; Flannagan et al., 2015). As mentioned previously in this review, a transposon mutagenesis screen in Mtb identified members of the PPS as being involved in RNS resistance (Darwin et al., 2003), linking the PPS to RNS stress before the pupylation pathway had been discovered. In the study, RNS stress was induced by exposing Mtb to NaNO2 at an acidic pH of 5.5 which led to significant survival reduction of Mtb lacking PPS components in comparison to wild type Mtb, while no phenotype was observed for these deletion strains under standard laboratory conditions (Darwin et al., 2003). Furthermore, it was shown in the mouse infection model that Mtb requires the proteasome to persist after infection (Gandotra et al., 2007). These studies established the PPS locus as relevant for survival of Mtb in the host and stimulated an interest in the proteasome as a drug target (Totaro et al., 2017).
An earlier study aimed at determining the protein targets of nitrosative stress identified 29 S-nitrosylated proteins in Mtb exposed to sodium nitrite (Rhee et al., 2005), 24 of which were later also identified in studies determining the pupylated proteomes of Mtb or Msm (Festa et al., 2010; Poulsen et al., 2010; Watrous et al., 2010). Although this overlap is interesting considering one of the first stress conditions linked to the PPS was its protective effect against nitrosative stress (Darwin et al., 2003), it must be taken with caution, since no causal connection was made between nitrosylation and proteasomal degradation and since for none of those proteins an impaired function has been reported upon nitrosylation.
Curiously, the same study found that the Mtb PPS mutant strains were more resistant to hydrogen peroxide, a phenotype also observed in another study upon silencing of the proteasomal subunit genes (De Mot et al., 2007). Apart from Mtb, the PPS has also been investigated under different oxidative stresses in other Actinobacteria. A proteome analysis in S. coelicolor revealed the accumulation and depletion of proteins in mutants lacking ARC, Dop, Pup or the proteasome, respectively (De Mot et al., 2007). Interestingly, the mutants show increased resistance to cumene hydroperoxide that coincides with the accumulation of haloperoxidase SCO0465 in all of the mutants which could explain the hyper resistance of the mutants. Notably, hyper resistance was not observed for the mutant lacking ARC if oxidative stress was induced with diamide or plumbagin while the dop, pup, and proteasome deficient strains show similar hyper resistance. In 2015 two independent studies showed that genetic deletion of pup leads to H2O2 hypersensitivity in S. coelicolor. One study observed that the H2O2 tolerance of the strain disrupted in prcB was comparable to that of the wild type strain rather than the pup knockout strain, which might indicate a proteasome-independent role of pupylation in oxidative stress defense in S. coelicolor (Boubakri et al., 2015). In contrast, the other study reported H2O2 hypersensitive phenotypes for Δprc (SCO1643–1644), Δpps (SCO1643–1646, lacking Pup and the proteasomal subunit genes) and ΔpafA (SCO1640) strains (Compton et al., 2015). However, their pafA knockout exhibits a sporulation defect while their prc and pps knockouts do not, which would support a role of pupylation acting independent of proteasomal degradation in this specific context (Compton et al., 2015). In those studies, the exact mechanism of how pupylation contributes to overcoming oxidative stress in S. coelicolor remains unclear.
Besides DNA damage repair pathway genes, the PafBC regulon comprises genes involved in the oxidative stress response. As mentioned in the previous section on the DNA damage response, this includes the ergothioneine biosynthesis gene cluster egtABCDE that encodes a secreted antioxidant low molecular weight thiol (Müller et al., 2018). Ergothioneine scavenges hydroxyl radicals and detoxifies peroxynitrite due to its high redox potential (Akanmu et al., 1991; Cumming et al., 2018). Hence, ergothioneine is essential for Mtb survival in macrophages because of its protective properties against oxidative and nitrosative stress (Richard-Greenblatt et al., 2015). Furthermore, ergothioneine acts as metal chelator blocking copper-induced oxidation of DNA (Zhu et al., 2011). Interestingly, the PPS also appears to be involved in shutting down the upregulation of ergothioneine biosynthesis, as EgtC and EgtD were identified as pupylation substrates during DNA stress (Müller et al., 2018). In addition to the ergothioneine gene cluster, two sigma factors involved in stress responses are contained in the PafBC regulon; SigH is activated upon heat shock, oxidative stress, and nitric oxide stress and induces transcription of thioredoxin, methionine sulfoxide reductase and chaperones such as Hsp70/DnaK (Sharp et al., 2016). The other sigma factor in the PafBC regulon is SigG which is known to play a role in Mtb during infection of host macrophages, however, its regulon is less well understood (Cappelli et al., 2006; Gaudion et al., 2013). Another protein of the PafBC regulon, the IscS-like cysteine desulfurase, removes sulfur from cysteine to produce alanine and a thiol group required for Fe-S core formation and is also involved in the oxidative stress response (Rybniker et al., 2014).
Taken together, the studies in mycobacteria and other Actinobacteria show that the PPS gene locus supports bacteria under oxidative stress, that the observed phenotypes are multicausal and that there are facets of the roles played by the PPS under oxidative conditions that remain to be discovered.
Role of Pupylation in Actinobacterial Metal Homeostasis
Many enzymes involved in fundamental biological processes require metals as cofactors for their catalytic activity (Andreini et al., 2008). In fact, such metalloenzymes constitute about one-third of all known enzymes (Holm et al., 1996). Iron ions are amongst the most abundant cofactors and found in a wide variety of enzymes playing a role in amino acid and pyrimidine biogenesis, the tricarboxylic acid cycle, electron transport, oxygen sensing and transport, as well as nucleic acid synthesis (Barton et al., 2007; Silva-Gomes et al., 2013). Therefore, iron is pivotal for almost all living organisms with only few exceptions (Posey and Gherardini, 2000). Iron ions exist in one of two redox states under physiological conditions: the reduced, highly water-soluble Fe2+ ferrous form is capable of forming toxic radicals and is predominantly found under anaerobic conditions and at low pH; the oxidized, highly insoluble Fe3+ ferric form that is non-toxic and most prevalent under aerobic conditions. Iron homeostasis in the cell is tightly regulated and excess iron ions in the cytosol are stored as ferric oxide inside the iron storage protein bacterioferritin, a homo-24-meric cage able to hold up to 4,500 iron atoms (Andrews, 1998; Kurthkoti et al., 2015). Iron ions can be released from bacterioferritin when free iron levels become limiting to ensure that the enzymatic processes requiring this cofactor can be supported. In addition to the release of stored iron, Actinobacteria have evolved specialized mechanisms to overcome iron limitation; for example the secretion of iron chelators, so-called siderophores, that scavenge iron from the environment (Wang et al., 2014), which is for example crucial during Mtb infection (Rodriguez and Smith, 2006). The mechanisms of iron acquisition by siderophores and other iron uptake mechanisms such as heme uptake through hemophores, sequestration of holo-transferrin and holo-lactoferrin, as well as iron diffusion through low-affinity porins have been extensively reviewed (Banerjee et al., 2011; Ratledge, 2013; Fang et al., 2015; Chao et al., 2019). Here, we will describe the role of pupylation in iron homeostasis in Actinobacteria.
A study in the soil-based Gram-positive actinobacterium Corynebacterium glutamicum showed that mobilization of iron stores under iron limitation is dependent on pupylation (Küberl et al., 2016). Bacterioferritin Ftn was identified as a pupylation target and C. glutamicumpup, pafA and dop knockout strains showed growth defects in iron-limited medium (Küberl et al., 2014; Küberl et al., 2016). Interestingly, C. glutamicum lacks the proteasomal subunits prcBA which indicates degradation-independent iron release from Ftn. The authors propose a mechanism in which pupylated Ftn is unfolded by ARC leading to disassembly of the 24-mer and iron release. Monomeric Ftn is then recycled by Dop and can enter a new cycle of oligomerization and storage of iron. In addition, microarrays showed that mRNA levels of iron-dependent proteins were significantly depleted in the pup knockout strain suggesting that pupylation of Ftn is also indirectly involved in other aspects of iron homeostasis. It is still unclear how many Ftn subunits need to be pupylated for successful disassembly and how iron is solubilized from the mineral core (Küberl et al., 2016).
This study is a prime example of pupylation and unfolding in cellular homeostasis in the absence of the 20S proteasome. Nevertheless, the sensing trigger for pupylation of Ftn in C. glutamicum is not known to date. The study also raises the question about potential other proteasome-independent roles of pupylation. According to a pupylome study performed in Msm, BfrB is pupylated at the conserved lysine residue K10 (Watrous et al., 2010). Pupylation of BfrB could not be detected in Mtb by mass-spectrometry, but is observed in two independent pupylomes in Msm (Festa et al., 2010; Poulsen et al., 2010). This might suggest the Ftn homolog BfrB in mycobacteria could be a degradation substrate. However, this has not been demonstrated directly and it remains possible that Mpa can act on its own as in C. glutamicum.
Copper is another essential micronutrient in living organisms required for activity of multiple enzymes involved in electron transport, denitrification and oxidative respiration (Tavares et al., 2006). Yet, copper homeostasis needs to be tightly regulated since copper is toxic in high concentrations due to ROS generation (Dennison et al., 2018). Interestingly, one of the macrophage defense mechanisms is the accumulation of copper within the phagosome upon mycobacterial infection (Wagner et al., 2006). The PPS was linked to copper homeostasis for the first time through a transcriptional screen that compared the Mtb mutant strains disrupted in the gene coding for the Pup ligase (pafA) or the gene coding for the proteasomal ATPase (mpa) with wild type Mtb (Festa et al., 2011). Of 4009 predicted open reading frames fewer than 2% of the genes showed differential expression in the pafA and mpa disrupted strains compared to the wild type. One of those genes is the copper sensing repressor RicR that contributes to virulence of Mtb (Festa et al., 2011; Shi et al., 2014). Interestingly, RicR transcript levels are downregulated in pafA and mpa disrupted strains compared to wild type Mtb. However, RicR does not accumulate in pupylation deficient strains under all tested growth conditions so far (Festa et al., 2011) and has not been identified in any of the pupylomes. The authors hypothesize that transcriptional RicR downregulation in the pupylation deficient strains might be a downstream result of the accumulation of copper-binding proteins that are pupylation substrates. In turn, accumulation of copper-binding proteins might mimic copper limiting conditions that lead to RicR repression (Festa et al., 2011). However, pupylation candidates leading to the potential downstream event of RicR repression are currently lacking.
CONTRIBUTION OF PUPYLATION-INDEPENDENT PROTEASOMAL DEGRADATION TO ACTINOBACTERIAL STRESS RESPONSES
Bacterial stress responses are as diverse as the environmental insults that threaten the survival of the bacteria. One environmental parameter that has the ability to affect a multitude of cellular processes simultaneously is high temperature. Proteins mediate the majority of cellular reactions and pathways and as such affect essentially every aspect of cellular function. Their individual activity is supported not only by their primary sequence, but also by the precise three-dimensional structures they adopt and the complexes they form. When ambient temperature suddenly increases, cellular proteins can misfold, adopt inactive conformations or aggregate, leading to loss of function and threatening survival (Lewis and Pelham, 1985; Pelham, 1986). Thus, bacteria are equipped with intricate regulatory mechanisms to induce the expression of heat shock chaperones that are able to promote folding during heat stress as a way to quickly adapt to this challenging environment (Lewis and Pelham, 1985; Pelham, 1986; Hartl, 1996). Two major chaperone machineries in the bacterial cytosol are the GroEL/GroES and the DnaKJ/GrpE chaperone systems that are under positive control by sigma factors in E. coli, yet negatively regulated in several Gram-positive bacteria including Streptomyces and in mycobacteria (Bukau and Horwich, 1998; Narberhaus, 1999; Stewart et al., 2001; Bucca et al., 2003). GroEL and DnaK belong to the Hsp60 and Hsp70 family, respectively (Horwich and Fenton, 2020). In Mtb, there are two groEL loci (Rv0440 and Rv3417c), both controlled by the repressor HrcA (Stewart et al., 2002b), which is a pupylation substrate, hence linking the chaperone system to the PPS as discussed already in a previous section of this review.
It has been shown that the alternative degradation complex, formed by the bacterial proteasome with ATP-independent, ring-shaped activator Bpa, is involved in regulation of the DnaK operon in Mtb (Jastrab et al., 2015; Jastrab et al., 2017). In mycobacteria, transcription of dnaK is controlled by heat shock repressor HspR (Stewart et al., 2002b; Stewart et al., 2001; Stewart et al., 2002a). Under normal conditions, HspR binds to its operator, the HAIR motif (HspR associated inverted repeats), to repress the expression of dnaK, its co-chaperone dnaJ, the exchange factor grpE and hspR itself (Bucca et al., 1995; Bucca et al., 1997). Interestingly, DnaK binds HspR acting as co-repressor, and upon heat shock, the complex detaches to allow the expression of these heat shock chaperones (Figure 4) (Bucca et al., 2000; Bandyopadhyay et al., 2012; Parijat and Batra, 2015). In addition to DnaK and the other proteins expressed in the dnaKJEhspR operon, HspR also regulates the expression of chaperone genes clpB and acr2, which belong to the Hsp100 and Hsp20 family, respectively (Grandvalet et al., 1999). HspR is one of the few known proteasomal substrates that is recruited by the pupylation-independent activator Bpa (also called PafE) for proteasomal degradation (Figure 4) (Jastrab et al., 2015).
[image: Figure 4]FIGURE 4 | The ATP-independent proteasomal activator Bpa plays a role during heat shock in Mtb. (A) Under standard conditions, the heat shock chaperone DnaK co-represses the transcription of the dnaKJgrpE-hspR operon together with the transcriptional regulator HspR, which binds the HAIR motif operator. Upon heat shock, HspR is partially denatured and dissociates off the promoter to allow transcription of dnaK, grpE, dnaJ and hspR, ultimately leading to production of the encoded proteins. (B) HspR (green) is a substrate for the ATP- and pupylation-independent proteasomal degradation facilitated by Bpa (light pink). Bpa assembles into a homo-dodecameric ring and interacts with the 20S proteasome (light yellow) by inserting its C-terminal GQYL motif into binding pockets between the α-subunits of the core particle. Though there is no overall homology to Mpa/ARC, the GQYL motif is shared between both proteasomal activators.
Bpa was first identified by a full genome search in Mtb for genes that feature a C-terminal motif similar to the proteasome interaction motif found at the C-termini of Mpa (Delley et al., 2014). Though otherwise lacking any structural or sequence homology with Mpa, Bpa contains the same GQYL sequence at the C-terminus that in Mpa mediates binding to the α-subunits of the 20S proteasome. Bpa occurs in every actinobacterial species containing the 20S proteasome, but is absent in all Actinobacteria lacking the proteasomal subunits. Biochemical analysis demonstrated that Bpa forms a homooligomeric ring and is able to interact with the wild type 20S proteasome to degrade substrate in a pupylation and ATP-independent manner. Structural studies showed that Bpa, unlike the hexameric Mpa, forms a dodecameric ring with a funnel-like opening (Bolten et al., 2016; Hu et al., 2018).
ATP-independent activators were already known for the eukaryotic proteasome, where they were also shown to recruit substrates independent of ubiquitination. It has been hypothesized that disorder and low substrate stability may be substrate determinants, as supported by the degradation of the unstructured tau protein by the PA200 proteasomal activator in complex with the 20S proteasome in vitro (Huang et al., 2016). Similarly, it was shown that in bacteria, Bpa is able to facilitate the proteasomal degradation of the model substrate β-casein (Delley et al., 2014), which is used to mimic unstructured proteins due to its extended non-globular structure. This led to the hypothesis that upon stress induction, cytosolic proteins may become damaged or denatured, rendering them targets for Bpa-mediated proteasomal degradation. Indeed an Mtb bpa knockout strain showed a heat sensitive phenotype when grown at 45 °C (Jastrab et al., 2015). However, the authors also observed that dnaK and clpB mRNA levels dropped, suggesting that the phenotype is due to accumulating HspR that represses dnaK and clpB transcription to a higher extent. This in turn would have an impact on the quality control of the bacterium under stress. However, the two might not have to be mutually exclusive. Bpa might be involved in two aspects of the heat shock response: the regulation of heat shock response through proteasomal degradation of HspR and the removal of non-native proteins damaged during heat stress. Interestingly, loss of function mutations reversing the heat-sensitive phenotype of the bpa knockout strain were found in the HspR DNA binding domain (Jastrab et al., 2017). In addition to heat shock, it was suggested that Bpa also plays a vital role in Mtb virulence, as a bpa knockout strain was attenuated in mouse lungs and spleens (Jastrab et al., 2015). Hence, Bpa may play a role in other important stress responses that is yet to be discovered.
Although association with other ATP-dependent proteases could be preferred pathways to rid the cell of damaged or non-native substrates, it has been suggested that Bpa could have an important role under stressful conditions when ATP becomes limiting, for example during oxygen or nutrient limitation (Jastrab et al., 2017). Other stresses have yet to be tested and the heat shock sensitivity of a bpa knockout strain has only been seen in Mtb to date.
Recently, a new pupylation independent proteasomal interactor was identified (Ziemski et al., 2018). The Cdc48-like protein of Actinobacteria (Cpa) is a hexameric ATPase, like Mpa, and interacts with the wild type 20S proteasome in vitro. Cpa is homologous to the AAA protein Cdc48 in eukaryotes that, in coordination with the eukaryotic proteasome and various cofactors, is involved in multiple biological processes (Baek et al., 2013). Though best known for its involvement in ER-associated degradation (ERAD), eukaryotic Cdc48 plays vital roles in many other biological functions extensively reviewed elsewhere (Wolf and Stolz, 2012; Yamanaka et al., 2012; Baek et al., 2013).
Similar to Bpa, Cpa occurrence has only been shown in Actinobacteria that also harbor the genes for the α- and β-subunits of the 20S proteasome. Although Cpa competes with Mpa for binding to the 20S proteasome in vitro, no substrates have yet been found for Cpa-mediated proteasomal degradation. Notably, Cpa does not feature the conserved C-terminal GQYL interaction motif found both in Mpa and Bpa, and the interaction determinants are poorly understood (Ziemski et al., 2018).
The only information available to date on the role of Cpa comes from in vivo studies, which were carried out in Msm. In a cpa knockout strain in Msm, a mild phenotype was observed under carbon starvation, suggesting that Cpa may be involved in stress conditions where nutrients like carbon are limited. Bacteria in nature can often be starved of carbon, for example in marine environments where the carbon concentration is significantly lower or is in a bio-unavailable form (Morita, 1988). In the soil, carbon is also not always found in a state that can be readily incorporated (Lockwood, 1977).
Comparative proteomic analysis of the Msm cpa knockout showed significant accumulation of proteins involved in translation and ribosomal biogenesis. One possibility is that Cpa, in complex with the 20S proteasome, plays a role in disassembly and removal of ribosomal proteins under nutrient limited conditions. However, biochemical data is currently lacking to support this hypothesis and additional studies are required to understand the molecular basis of this phenotype. It is also possible that, like its eukaryotic counterpart Cdc48, Cpa is additionally involved in cellular pathways not dependent on proteasomal degradation.
CONCLUDING REMARKS
The Pup-proteasome gene locus of Actinobacteria provides this large and diverse group of organisms with an advantage to grow and proliferate under the demanding and rapidly changing conditions they encounter in their natural surroundings. In all actinobacterial species investigated to date, phenotypes are observed under a variety of stress conditions but growth is normal or only very mildly affected under standard laboratory culture conditions. In complex with different ring-shaped activators, the 20S proteasome supports the survival of Actinobacteria in hostile conditions, including starvation, reactive nitrogen intermediates, oxidative stress, and heat shock.
Although these stresses on the surface appear to represent separate challenges and occur as a consequence of different events, they present an interwoven network of effects on various aspects of actinobacterial biology, and response mechanisms to one kind of stress also play a role during other experienced insults. The mechanistic complexity of PPS involvement in these stress responses is beginning to emerge. For example, oxidative stress due to ROS can cause irreversible protein modifications and the 20S proteasome is thought to be involved in removal of these aberrant proteins. However, oxidative stress can also lead to DNA damage through double stranded breaks, causing PafBC to activate the LexA/RecA-independent DNA damage response pathway. Furthermore, the two proteasomal degradation pathways, the pupylation-mediated and the Pup-independent pathway, can address the same stress from different directions. For example, the PPS is involved in the expression of two major chaperone machineries, the DnaKJGrpE and the GroELS chaperone systems, which are important for bacteria to adapt to stress like temperature shock. In complex with the ATP-independent activator Bpa that recruits substrates independent of pupylation, the 20S proteasome degrades the repressor HspR to allow for expression of the dnaK operon. On the other hand, HrcA responsible for repressing the groEL1, groEL2, and groES genes, is a pupylation substrate and is degraded by the 20S proteasome in complex with Mpa. In addition, GroEL is necessary for proper folding of nitrite reductase NirBD, linking the PPS to nitrogen metabolism and nitrosative stress. The versatility of the bacterial 20S proteasome, shown by its ability to interact with multiple activators to promote survival of Actinobacteria under different stresses, demonstrates that it plays an important role in the complex actinobacterial stress response and quality control pathways.
Given its involvement in various stress response pathways that are relevant to the survival of Mtb inside macrophages, the proteasome and other members of the PPS locus constitute attractive drug targets for treatment of Mtb infections. In fact, multiple inhibitors against the Mtb 20S proteasome have been designed and shown to make Mtb susceptible to its host’s immune system without heavily disrupting function of the eukaryotic proteasome (Totaro et al., 2017). With the emergence of multi-resistant and even completely resistant Mtb strains, new avenues to treat Mtb infections are urgently needed. Already today, combination therapies are usually used to treat Mtb patients. Drugs targeting the PPS could be another weapon in this arsenal, and could help to thwart the bacterium’s efforts to survive interventions by the host immune system and drug therapy.
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Molecular chaperones are the key instruments of bacterial protein homeostasis. Chaperones not only facilitate folding of client proteins, but also transport them, prevent their aggregation, dissolve aggregates and resolve misfolded states. Despite this seemingly large variety, single chaperones can perform several of these functions even on multiple different clients, thus suggesting a single biophysical mechanism underlying. Numerous recently elucidated structures of bacterial chaperone–client complexes show that dynamic interactions between chaperones and their client proteins stabilize conformationally flexible non-native client states, which results in client protein denaturation. Based on these findings, we propose chaotropicity as a suitable biophysical concept to rationalize the generic activity of chaperones. We discuss the consequences of applying this concept in the context of ATP-dependent and -independent chaperones and their functional regulation.
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INTRODUCTION
Most proteins need to fold into a three-dimensional structure to perform their function, as encoded in their amino acid sequence (Anfinsen et al., 1961; Haber and Anfinsen, 1962; Anfinsen, 1973). While small proteins can fold efficiently, the vast majority of nascent protein chains needs to navigate a rugged potential energy surface, driven by the hydrophobic collapse and constrained by the crowded environment of the cell (Levinthal, 1968; Bryngelson and Wolynes, 1987; Wolynes et al., 1995; Onuchic and Wolynes, 2004; Bartlett and Radford, 2009). Thus, proteins can easily become trapped in local folding minima, from where they need to overcome free energy barriers to reach the correct native conformation. Folding via such intermediate states is considered to be the rule for proteins larger than 100 amino acids (Brockwell and Radford, 2007). In addition, even proteins that are capable of spontaneously reaching their native conformation may unfold under stress conditions. Folding intermediates or unfolded proteins are dysfunctional, prone to aggregation and may lead to fatal conditions that are a threat to the health of the cell (Knowles et al., 2014; Tittelmeier et al., 2020).
To tackle this challenge, protein homeostasis networks have evolved in all kingdoms of life (Hipp et al., 2019). They comprise of different molecular chaperones, as well as the ubiquitin-proteasome system (UPS) and the autophagy system. While UPS and the autophagy system play their functional role in degradation of expired proteins, chaperones are the key instrument of protein homeostasis. Chaperones not only facilitate folding of proteins, but also transport them, prevent their aggregation, dissolve aggregates or unfold misfolded proteins (Pelham, 1986; Ellis, 1987; Hemmingsen et al., 1988; Goloubinoff et al., 1989; Walter and Buchner, 2002; Hartl and Hayer-Hartl, 2009; Balchin et al., 2016; Goloubinoff, 2016; Wentink et al., 2019; Balchin et al., 2020; Burmann et al., 2020). Interestingly, a single chaperone can often perform several of these functions. For example, heat shock protein 70 (Hsp70, or DnaK in bacteria) participates in de novo protein folding, assembly of protein complexes and translocation across membranes to protein refolding, disaggregation, and degradation (Mayer and Gierasch, 2019). The underlying mechanism allowing a single chaperone to perform functions with such drastically different outcomes remains unclear.
Here, we develop a hypothesis addressing this question. We start out by summarizing the main cellular functions of chaperones and connecting them to protein folding theory. Then, we recapitulate recent structures of chaperone–client complexes, with a focus on bacterial systems. These connect the functional understanding of chaperone activity with structural insights and identify common patterns in the client dynamics. Finally, we extrapolate from these patterns to propose chaotropicity as a concept to describe the single biophysical activity underlying the diverse cellular functions of chaperones common to many or all chaperones.
CELLULAR FUNCTIONS OF CHAPERONES AND THEIR CONNECTION TO PROTEIN FOLDING THEORY
The traditional nomenclature to describe chaperone functions is based on their effective functionality in the cellular context. Depending on this context, a chaperone thus can act as a holdase, foldase, translocase, disaggregase, or unfoldase.
Holdase chaperones are typically ATP-independent chaperones, that merely associate with non-native client proteins for extended time periods to stabilize them and prevent their aggregation (Hall, 2020). Despite the fact that holdases do not directly fold proteins, their activity is indispensable as they protect vulnerable non-native states from aggregation. Studies revealing a broad clientome of holdases have illustrated their importance in protein folding (Haslbeck et al., 2004; Jarchow et al., 2008). Traditional representatives are the small heat shock protein (sHsp) family (Haslbeck et al., 2019), as well as a number of bacterial chaperones including cytosolic trigger factor (TF) and SecB, as well as periplasmatic Spy, Skp, and SurA (Bechtluft et al., 2010; Hoffmann et al., 2010; Goemans et al., 2014; Mas et al., 2019). Some holdases, such as TF, associate with ribosomes, thus comprising the first of the two chaperone layers participating in de novo protein folding (Frydman, 2001; Deuerling and Bukau, 2004; Kramer et al., 2004b; Kaiser et al., 2006; Merz et al., 2008). Holdases then transfer the nascent protein for active folding to the second layer of chaperones.
Active structural remodeling during de novo protein folding is the domain of ATP-dependent foldases. In bacteria, these are mainly the DnaK system and the GroEL/ES system (Hayer-Hartl et al., 2016; Rosenzweig et al., 2019). Both systems function similarly by cycling between ADP-bound and ATP-bound states that differ in affinity for non-native proteins. If the association rate of the binding to chaperone is greater than the aggregation rate and lower than the folding rate, the chaperones facilitate folding by kinetic partitioning (Diamond and Randall, 1997; Fedorov and Baldwin, 1997; De Los Rios and Barducci, 2014). Notably, DnaK and GroEL/ES systems differ in how they function mechanistically. While in the case of DnaK the folding occurs upon release, the group I chaperonin system GroEL/ES unfolds the client protein by expansion and then traps it in a cage, where the client protein collapses to fold (Hemmingsen et al., 1988; Lin and Rye, 2004; Lin et al., 2008; Sharma et al., 2008).
The third group of chaperones are translocases, which shuttle nascent proteins across membranes. Translocases are especially important in bacteria, where about a third of all proteins is exported from the cytoplasm and therefore needs to be translocated across the inner membrane. The main transport route for these proteins is the SEC pathway, using the key motor-protein SecA (Vrontou and Economou, 2004; Tsirigotaki et al., 2017). The molecular machine SecA converts chemical energy into mechanical force to translocate the unfolded nascent protein through the SecYEG membrane channel while maintaining the proteins unfolded. Nascent proteins may find SecA independently or be targeted to it by SecB and TF, but SecA associates with ribosome and interacts with nascent proteins directly as well (Huber et al., 2011; Wang et al., 2017).
The unfoldase function of chaperones is necessary to overcome free energy barriers in the case of nascent proteins trapped in local minima of their folding landscape or for the turnover of irreversibly misfolded proteins. Indeed, GroEL/ES was shown to begin its functional cycle with unfolding the client protein by expansion (Lin and Rye, 2004; Priya et al., 2013b; Mattoo and Goloubinoff, 2014), and similar unfolding by expansion was also described for DnaK (Sharma et al., 2010; Imamoglu et al., 2020). Moreover, a recent study of DnaK-assisted refolding of firefly luciferase suggests that initial unfolding is critical even for efficient folding of multi-domain proteins (Imamoglu et al., 2020). Overall, most chaperones have the capacity to destabilize protein structure (Sharma et al., 2009; Finka et al., 2016; Hiller, 2020).
If all the aforementioned activities of chaperones fall short to prevent proteins from aggregation, some chaperones still exhibit disaggregase activity, which allows them to untangle aggregates and refold the protein or target it for degradation (Sousa, 2014). Two major bacterial chaperone systems, Clp and DnaK, are capable of actively unraveling protein aggregates that would otherwise be aggregated irreversibly, and refold the proteins into their native conformation (Glover and Lindquist, 1998; Goloubinoff et al., 1999).
Two important observations support the notion that a single activity might underlie this large variety of chaperone functions in the cellular context. Firstly, for many chaperones with little client specificity – so-called general chaperones (Bose and Chakrabarti, 2017) - the major variable changing between particular cellular functions is modulation of client specificity by a co-chaperone or by subcellular localization. This implies that these general chaperones may use a single activity to perform their different cellular functions.
Secondly, functional studies indicate that different chaperones including DnaK, GroEL/ES, and Hsp90, unfold their client by expanding prior to facilitating their folding (Shtilerman et al., 1999; Ben-Zvi et al., 2004; Lin et al., 2008; Sharma et al., 2010; Walerych et al., 2010; Priya et al., 2013b; Mas et al., 2018), and some degree of unfolding is now emerging as the core aspect of the activity of many chaperones (Priya et al., 2013a; Finka et al., 2016; Jo et al., 2019). Such a chaperone activity is applicable to any of the cellular functions as unfolding the client gives it a chance to undergo renewed hydrophobic collapse.
The cellular functions of chaperones can thus be recast from the perspective of protein folding theory. Protein folding has been formulated as the problem of a nascent protein chain navigating in its conformational space on a funnel-shaped, rugged potential energy surface, with the eventual goal to attain its native conformation, a local minimum (Dill and MacCallum, 2012). Thereby, the ruggedness offers several local minima, which correspond to alternative structural states (Figure 1). From the perspective of protein folding, chaperones function in cellular folding processes by regulating transitions of the client protein between structural states on the potential energy surface. Since all cellular chaperone activities can be connected on a single folding landscape, chaperones in principle only need a single generic activity, that increases the free energy of the client. Each cellular chaperone function can then be viewed as the generic chaperone activity acting at specific positions of the potential energy surface to achieve the observed outcome.
[image: Figure 1]FIGURE 1 | Cellular functions of chaperones in the context of a protein folding landscape. The protein polypeptide chain is shown yellow, with different secondary structure elements highlighted in purple and blue. The protein navigates a rugged free energy surface. The native conformation is one out of several local minima, representing different conformational states that are shown below the surface. Chaperones participate in a broad range of cellular processes which define a range of functions listed in italics. These navigate the protein along the energy landscape. Blue arrows indicate transitions that chaperones facilitate, whereas black arrows with red inversed T indicate transitions chaperones prevent. Figure modified from Jahn and Radford (2005).
LESSONS LEARNT FROM STRUCTURES OF BACTERIAL CHAPERONE-CLIENT COMPLEXES
In order to understand the cellular functions of chaperones mechanistically, it is crucial to employ biophysical descriptions of chaperone activity that regulate the transitions of proteins along the potential energy surface. The ideal starting point of such investigations are detailed structural descriptions of chaperone-client complexes as they provide direct snapshots of chaperones in action. Recent technological advances, particularly in solution NMR spectroscopy, have provided atomic resolution insights such complexes. In the following, we summarize such structural descriptions, including ATP-independent and ATP-dependent chaperones in order to reveal common features (Figure 2). We thereby focus on bacterial systems, because the most detailed descriptions are available for these, and because it can be assumed that the resulting conclusion can be generalized.
[image: Figure 2]FIGURE 2 | Structural models of bacterial chaperone-client complexes reveal dynamic interactions. (A) The Skp-OMP complex. The client binds as compact, flexible ensemble, which interconverts between individual conformations within 1 ms (Burmann et al., 2013). (B) The trigger factor–PhoA complex. A single molecule of PhoA interacts with three molecules of TF with short-lived interaction lifetimes of ∼1 ms (Saio et al., 2014). The kinetics reveal that the complex is also globally short-lived with a dissociation rate of ∼50 s−1. (C) The Spy-Im7 complex. The chaperone Spy binds its client Im7 as a dynamic ensemble of diverse conformations (He et al., 2016; Stull et al., 2016; Horowitz et al., 2018). The representative unfolded state (on the left), folding intermediate state (in the middle) and native state (on the right) interconvert with ms rates. However, the rates are slower for Spy-bound Im7 than for free Im7. (D) The SecB-MBP complex. One molecule of the client binds one SecB tetramer (Huang et al., 2016). No symmetry breaking of the SecB tetramer is observed upon binding of the full-length clients, which indicates that the resulting complex must be dynamic with the client rearranging on SecB surface on a very fast timescale. (E) The DnaK–hTRF1 complex. DnaK binds the client in an ensemble of globally unfolded conformations at various stoichiometric ratios (Lee et al., 2015; Sekhar et al., 2016; Rosenzweig et al., 2017).
The earliest atomic-resolution characterization of a bacterial chaperone in complex with a full-length client protein was the study of bacterial chaperone Skp and the outer membrane proteins (OMPs) tOmpA and OmpX (Burmann et al., 2013). Skp is a holdase chaperone in one of two alternative pathways to transport OMPs in the periplasm to the outer membrane (Sklar et al., 2007). It is a 3 × 17 kDa trimer, that resembles a jellyfish (Kramer et al., 2004a; Walton and Sousa, 2004). Each monomer consists of a β-strand domain, which forms the body, and an extended coiled-coil domain, which forms the tentacles. The trimerization interface is located in the body of the trimer, whereas the α-helical tentacles define a central cavity that creates a protective environment for the client proteins (Burmann et al., 2013; Callon et al., 2014). The structural characterization of the Skp-OMP complexes revealed that the client binds as compact, but structurally disordered and highly conformationally flexible ensemble, in which the individual conformations interconvert within 1 ms (Figure 2A). Individual contacts between the client and the chaperone are weak and unspecific, but their avidity results in a high-affinity complex with a lifetime of more than 2 h. Upon binding to Skp, the clients remain in a highly conformationally flexible state, which allows them to sample more than 107 conformations before their release from the chaperone (Burmann et al., 2013).
SurA is the principal chaperone in the second of the pathways to transport OMPs in the periplasm and its complexes with various OMPs have been recently structurally characterized (Marx et al., 2020). SurA is a ∼47 kDa chaperone consisting of three domains: the N and C-termini of the protein make up the core domain, while two peptidyl-prolyl isomerase domains (P1 and P2) comprise of the middle of segment of the protein chain (Bitto and McKay, 2002). The core domain and P1 form a platform connected to P2 by two flexible linkers, which allow the protein to alternate between multiple conformations (Calabrese et al., 2020). Characterization of the bound client-proteins revealed that similarly to Skp, SurA binds to the OMP in a disordered state (Calabrese et al., 2020; Marx et al., 2020).
The complex of TF and alkaline phosphatase (PhoA) is another complex that has been characterized at atomic resolution (Saio et al., 2014). PhoA is a ∼50 kDa periplasmatic enzyme, which can be unfolded and aggregation-prone in the cytosol (Valent et al., 1995). TF is a bacterial ribosome-associated holdase chaperone, that has a general function of protecting unfolded nascent proteins against aggregation (Hoffmann et al., 2010). It is a 48 kDa protein consisting of three domains adopting a dragon-like shape (Ferbitz et al., 2004). The N-terminal ribosome-binding domain (RBD) mediates ribosome interaction (Hesterkamp et al., 1997), the middle domain (PPD) has a peptidyl–prolyl isomerase activity (Hesterkamp and Bukau, 1996) and the C-terminal substrate-binding domain (SBD) carries the chaperone activity (Merz et al., 2006). TF exists in a fast monomer-dimer equilibrium, where the monomeric form is the active chaperone and the dynamic dimer is the storage form (Patzelt et al., 2002; Morgado et al., 2017). The interaction with the client PhoA causes a dissociation of the dimer, but full-length PhoA is too large for a single molecule of TF (Saio et al., 2014). On this basis, the structure of the TF–PhoA complex was determined as three individual TF bound to three fragments of PhoA (Saio et al., 2014). In the complexes, PhoA interacts predominantly with the SBD and to a lesser extent with the PPD. Each complex structure shows that a particular PhoA fragment binds in a unique conformation (Figure 2B). However, the same site of TF binds each of the PhoA fragments and NMR relaxation dispersion measurements show that the lifetime of a complex of TF and a single PhoA fragment is only ∼20 ms (Saio et al., 2014). Therefore, the TF-PhoA interaction is highly dynamic with the fragment of PhoA bound to a given molecule of TF constantly alternating.
A further milestone in our understanding of chaperone-client interactions came from the characterization of the complex of chaperone Spy and client protein colicin immunity protein 7 (Im7). Im7 is a bacterial immunity protein, which binds colicin E7 to inhibit its toxicity (James et al., 1996). Spy is a bacterial periplasmatic ATP-independent chaperone, which was identified in a screen for proteins that stabilize a mutant of Im7 (Quan et al., 2011). It is a ∼16 kDa protein that forms a cradle-shaped dimer (Kwon et al., 2010; Quan et al., 2011). Im7 binds the concave surface of Spy dimer, but determining a crystal structure of the complex did not reveal the structure of chaperone-bound Im7, because the electron density of Im7 was of insufficient quality (Horowitz et al., 2016). Subsequently, NMR spectroscopy confirmed the conformational flexibility of bound Im7 and revealed its interaction site on the concave surface of Spy (He et al., 2016). Additionally, the same binding mode was observed in the complex of Spy with the Fyn SH3 domain (He and Hiller, 2018). Spy supports the conformational flexibility of the bound client to such an extent that folding of Im7 while bound to Spy was reported (Stull et al., 2016), despite the fact that Spy is an ATP-independent chaperone that does not undergo any large conformational changes. The key aspect of Spy facilitated folding of Im7 is that the folding rate is significantly decelerated compared to the folding of free Im7 (Figure 2C).
The largest structurally well-characterized chaperone–client complex is the complex of the chaperone SecB with PhoA. SecB is a bacterial cytosolic ATP-independent holdase chaperone responsible for maintaining bacterial secretory proteins in unfolded state and delivering them to SecA in the SEC translocation pathway (Hartl et al., 1990). Additionally, SecB is also a general holdase chaperone like TF (Ullers et al., 2004). SecB exists as dimer of a dimers, where each monomer is a single-domain α/β fold protein with a molecular weight of 17.5 kDa (Hartl et al., 1990; Xu et al., 2000; Dekker et al., 2003). Dimer of dimers means that in each dimer one monomer is always equivalent to a monomer in the other dimer. In the NMR spectra of SecB, this property results in doubling of the peaks for each amino acid of the monomer (Huang et al., 2016). In contrast to TF, client binding does not induce dissociation of the SecB tetramer and so, a single molecule of PhoA binds one tetramer of SecB. In the complex, PhoA wraps around the SecB tetramer in an elongated conformation. Like in complex with TF, each PhoA binding site interacts with SecB in a unique conformation. However, different fragments of PhoA may interact with the same site of SecB and the authors do not note any further symmetry breaking in the complex of SecB with full length PhoA as well as they state that in the complex each PhoA site can bind any SecB site (Huang et al., 2016). This means that the SecB-PhoA interaction is highly dynamic with individual PhoA sites constantly alternating between the same binding sites on SecB, like PhoA sites between different molecules of TF in the TF-PhoA complex. Besides the PhoA-SecB complex the authors also characterized MBP-SecB complex, which revealed the same binding mode (Figure 2D).
DnaK (Hsp70 in eukaryotes) is one of the key general foldase chaperones in all kingdoms of life (Rosenzweig et al., 2019). To function in a large variety of cellular processes, DnaK associates with numerous nucleotide exchange factors (NEFs) and diverse co-chaperones from the Hsp40 protein family known as J domain proteins (JDPs). DnaK consists of two domains – the nucleotide binding domain (NBD), which harbors its ATPase activity (Flaherty et al., 1990), and the SBD, which consists of a β-sheet sandwich (SBDβ) and an α-helical lid (SBDα) (Zhu et al., 1996). Nucleotide binding controls the allosteric cycle of DnaK, which alternates between an open and a closed conformation of the SBD. In the ATP-bound state, SBDα is dissociated from SBDβ and both are docked on the NBD, resulting in lower affinity of SBD toward clients (Takeda and McKay, 1996; Swain et al., 2007; Zhuravleva and Gierasch, 2011; Kityk et al., 2012; Qi et al., 2013). Upon ATP hydrolysis, DnaK transitions to the ADP-bound state in which SBDα encloses the client in the cleft of SBDβ and has high affinity toward clients (McCarty et al., 1995; Zhuravleva et al., 2012). In this state SBD and NBD do not interact and tumble as independently as their connecting linker allows (Bertelsen et al., 2009). The first chaperone-client complex of DnaK, which was characterized structurally in detail was the complex of DnaK with the SH3 domain of drkN (Lee et al., 2015). Although the characterization did not result in a structural model of the chaperone–client complex, it provides the crucial observation that the SH3 domain interacts with DnaK in a dynamic ensemble of multiple globally unfolded states (Figure 2E). The interaction resembles the Skp-OMP complexes and Spy–Im7 complex, but SH3 alternates between the individual conformations on a timescale slower than for the Skp-OMP complexes (>>20 ms). Subsequently, the characterization of DnaK in complex with hTRF1 painted a similar picture (Sekhar et al., 2015; Sekhar et al., 2016; Rosenzweig et al., 2017). hTRF1 also binds DnaK in a dynamic ensemble of multiple globally unfolded states, that exchange on a slower timescale comparing to the Skp-OMP complexes. Additionally, the characterization of the DnaK-hTRF1 complex provides three more important insights. Firstly, hTRF1 binds DnaK as an ensemble regardless of the nucleotide state of DnaK, secondly, DnaK binds the client at 1:1, 1:2, and 1:3 client:DnaK stoichiometric ratios and thirdly, the DnaK residues involved in the interaction with hTRF1 are also conformationally flexible (Sekhar et al., 2015; Sekhar et al., 2016; Rosenzweig et al., 2017).
Taken together, these bacterial chaperone-client complexes characterized at atomic resolution make up a comprehensive dataset (Figure 2), which provides three key conclusions: (i) chaperone-client interactions are generally highly dynamic, with fast dissociation constants, both globally and locally, (ii) chaperone-bound clients are conformationally highly dynamic and populate interconverting conformational ensemble states on the chaperone surface. (iii) although chaperone-client interactions are widely believed to be mediated by hydrophobic contacts, this cannot be generalized from the complexes discussed above. While the complexes of SecB and TF appear dominated by hydrophobic interactions, Spy–Im7 and Skp–OMP feature both electrostatic contacts as well as hydrophobic interactions (Qu et al., 2007; Saio et al., 2014; Huang et al., 2016; Koldewey et al., 2016). The importance of both hydrophobic and electrostatic interactions in chaperone–client complexes has also been shown in a eukaryotic chaperone (Sučec et al., 2020).
The chaperone-client complexes thus demonstrate how chaperones destabilize the structure of clients by highly dynamic interactions, in line with data from functional studies (Finka et al., 2016). As seen on the examples of DnaK and Spy, the interaction is often selective for unfolded and non-native client states, which are thus stabilized relative to the native state. Notably, the binding of a chaperone to a client leads to an overall increase in stability for the resulting client – chaperone complex relative to the client alone, but this does not automatically indicate that the partially folded client is itself stabilized. Therefore, experiments that probe the result complexes tend to observe a stabilization (Mashaghi et al., 2016), while in experiments that monitor the clients selectively a destabilization is detected. In the case of Spy, which allows its client Im7 to fold while chaperone-bound, the folding rates of Im7 are significantly reduced as a result of the stabilization of the non-native states (Stull et al., 2016). Collectively, these structural and functional studies reveal as a putative general mechanism that chaperones thermodynamically destabilize protein structure by stabilizing non-native states.
TOWARD A UNIFYING BIOPHYSICAL PRINCIPLE UNDERLYING CHAPERONE FUNCTION
During the folding process, proteins need to sample conformationally highly flexible states in order to reach a distant minimum corresponding to the native conformation on the potential energy surface. These folding transition states are thermodynamically unfavorable, because they expose hydrophobic residues to the solvent which requires ordering of the surrounding solvent molecules. Upon folding according to the hydrophobic collapse model, hydrophobic residues gather in the protein core and reduce their exposure to the solvent. The entropy of the polypeptide chain decreases upon folding, which limits its opportunity to explore its conformational space, but the overall entropy of the system increases due to the release of the solvent making hydrophobic collapse thermodynamically favorable. Chaperones provide interaction surfaces that can thermodynamically stabilize proteins in highly flexible transition states, thus delaying the hydrophobic collapse and allowing the protein to explore its conformational space better. In the characterized chaperone-client complexes (Figure 2), the interaction with chaperones selectively stabilizes conformationally flexible non-native states of the client-protein, which in turn destabilizes the highly structured states, including the native conformation or aggregated states.
Importantly, such an effect of chaperones bears a striking resemblance to the well-characterized effect of chemical chaotropes (Hiller, 2020). Urea and other small co-solutes potently disrupt native structures of biomolecules (Hamaguchi and Geiduschek, 1962). Chaotropes counteract the hydrophobic collapse by directly or indirectly increasing the solubility of the hydrophobic residues, thus destabilizing protein native structure as well as protein aggregates. Proteins dissolved in chaotropes display large conformational flexibility with high conformational entropy (Ball and Hallsworth, 2015). This entropy increase counteracts the entropy decrease from the ordering of the solvent molecules caused by solvent exposure of the hydrophobic residues. The exact mechanism of chaotropic denaturation is likely a combination of direct interactions of the chaotrope with the hydrophobic regions and tight interactions of the chaotrope with water molecules in bulk solvent, reducing the amount of available water molecules for the solvation of the protein (Bennion and Daggett, 2003; Ball and Hallsworth, 2015).
Several indications in the experimental data of chaperone-client complexes suggest that chemical chaotropes and chaperones could indeed share similar mechanisms of action. Chaperones have been shown a source of entropy to their client protein in the Im7-Spy and Skp-OMP complexes, where binding of the client increased the client’s conformational flexibility (Burmann et al., 2013; He et al., 2016). The chaperone Spy supports the conformational flexibility of the bound client, allowing it to explore the conformational space sufficiently enough to fold while bound (Stull et al., 2016) and ITC measurement of the Im7–Spy interaction clearly show that the binding is driven by entropy increase (He et al., 2016). Furthermore, the client binding site of DnaK is conformationally flexible, suggesting that DnaK may also increase conformational flexibility of the client upon binding (Rosenzweig et al., 2017; Yang et al., 2017). The chaperones can thus increase the entropy of the client, shifting the client’s equilibrium away from the native state.
Besides these similarities, we also expect functional differences between small molecule chaotropes and chaperones. Small molecule chaotropes achieve chaotropicity by modulating the entire volume of a bulk solution due to their high molar concentrations. The same effect is inconceivable for chaperones as they function at orders of magnitude lower concentrations. Chaperones form pockets and grooves in which the solution may have drastically altered physicochemical properties in comparison to the bulk solution. It is thus conceivable to imagine a pocket with chaotropic properties. The formation of chaotropicity pockets at the chaperone surface thus allows them to create highly concentrated chaotropic environment even at stoichiometric concentrations. The residues comprising the inner surface of the pockets are pivotal to formation of chaotropic pockets and the chaotropicity of these pockets could be modulated by conformational changes. Mechanisms to regulate the activation of chaperones pockets have been shown for ATP-independent chaperones, such as regulation by different transition mechanisms such as oligomer disassembly, order-to-disorder transition or coupled folding/oligomerization (Reichmann et al., 2012; Haslbeck and Vierling, 2015; Suss and Reichmann, 2015; Mas et al., 2020). Such transitions drastically modulate the surface accessibility to the client proteins, providing a potential mechanism for the regulation of chaotropicity in ATP-independent chaperones.
From these considerations, a direct step leads to chaperones that couple chaperone activity to ATP binding and hydrolysis. There are several conceivable mechanisms in which ATP hydrolysis could regulate chaotropicity of chaperones. Hsp90 is an ATP-dependent dimeric chaperone with a clamp-like structure and may provide the first example. ATP triggers large-scale conformational changes of Hsp90, which result in closing of the clamp, but interestingly that does not encapsulate the client protein, rather it creates a larger continuous bipartite binding surface (Ali et al., 2006; Street et al., 2011). Similarly, in GroEL ATP induces conformational changes that alter the client interaction surface, although not by dividing it, rather by changing the properties of the surface as a result of exchanging the residues exposed on the inner surface of the barrel due to the rotation of the chaperone monomers (Tang et al., 2006; Horwich et al., 2007; Villebeck et al., 2007; Tang et al., 2008; Horwich et al., 2009; Jewett and Shea, 2010). Thus, ATP-induced conformational changes may offer a way to directly regulate chaotropicity by perturbing the surface of the pocket where the client docks. Additionally, modular assembly of the pocket as outlined on the example of Hsp90 allows for residual chaperone activity in absence of ATP as each module would retain its chaotropicity (Figure 3). Such a residual activity in the absence of ATP was observed for many ATP-dependent chaperones (Wiech et al., 1992; Cho and Bae, 2007; Rao et al., 2010; Priya et al., 2013c; Mas et al., 2018).
[image: Figure 3]FIGURE 3 | Proposed model of chaotropicity underlying generic activity of chaperones. A client protein backbone is shown in yellow with different side chain groups and solvating water molecules as indicated. A chaperone is shown in green. The chaperone features a chaotropic pocket to bind and stabilize the protein, protecting it from premature hydrophobic collapse into a misfolded state and allowing it to explore the conformational space. The protein may fold into its native structure on the chaperone surface or upon release. Chaotropicity stems from the amino acids in the pocket surface and may thus be regulated for example by altering the accessibility of the pocket through dimerization or by ATP-regulated conformational changes.
In the cases of Hsp70 and Hsp90, the ATP cycle is regulated by numerous co-chaperones, which present a potential to further regulate chaperone chaotropicity. Co-chaperones are the key element in chaperone specificity (Bose and Chakrabarti, 2017), thus providing a possibility for function-dependent regulation of chaotropicity. Chaperones such as Hsp90 are commonly found in multiple organelles as well, which may mean different physicochemical properties of the surrounding solution that would inherently alter the chaotropicity of the chaperone. Indirect regulation of chaotropicity by co-chaperones could be a potent way to regulate chaperone chaotropicity to achieve the same effect in different environments.
In summary, chaperone chaotropicity provides a theoretical framework to explain previous experimental data as well as a thermodynamic description of generic chaperone activity for ATP-dependent and -independent chaperones. In contrast to existing models explaining the mechanism of chaperone functions, chaotropicity by default describes client proteins as multistate ensembles, which reflects more accurately the dynamic nature of chaperone–client complexes. The hypothesis presumes a similarity in the molecular mechanism of chaotropicity between small molecule chaotropes and chaperones and the extent of this similarity needs to be tested experimentally. Nevertheless, due to differences in complexity and effective range of concentration between chemical chaotropes and chaperones, the chaperone chaotropicity model also postulates that chaperones exert chaotropicity in a unique form of chaotropic pockets that can be tuned upon conformational change. Considering the crucial roles of chaperones for the health of any organism, a full rationale for their biophysical principles will advance our understanding of homeostasis as well as open new avenues for translational research.
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Bacteria possess the ability to adapt to changing environments. To enable this, cells use reversible post-translational modifications on key proteins to modulate their behavior, metabolism, defense mechanisms and adaptation of bacteria to stress. In this review, we focus on bacterial protein switches that are activated during exposure to oxidative stress. Such protein switches are triggered by either exogenous reactive oxygen species (ROS) or endogenous ROS generated as by-products of the aerobic lifestyle. Both thiol switches and metal centers have been shown to be the primary targets of ROS. Cells take advantage of such reactivity to use these reactive sites as redox sensors to detect and combat oxidative stress conditions. This in turn may induce expression of genes involved in antioxidant strategies and thus protect the proteome against stress conditions. We further describe the well-characterized mechanism of selected proteins that are regulated by redox switches. We highlight the diversity of mechanisms and functions (as well as common features) across different switches, while also presenting integrative methodologies used in discovering new members of this family. Finally, we point to future challenges in this field, both in uncovering new types of switches, as well as defining novel additional functions.
Keywords: thiol-switches, oxidative stress, redox-regulated proteins, Hsp33, metal induced oxidation, oxidative stress in prokaryotes
INTRODUCTION
Most bacterial cells live in a dynamically fluctuating environment, requiring rapid responses to enable successful growth. These changing environments might induce stress conditions (e.g., oxidative stress, heat shock, etc.), which challenge bacterial homeostasis and macromolecules, affecting a wide variety of cellular processes. Thus, it is not surprising that bacteria and other organisms evolved different sensors and first line of defense mechanisms to combat environmental assaults. One such stress-response strategy utilizes rapid post-translational modifications of proteins that induce the general response and trigger defense activities. Reversible post-translational modification of proteins is one of the major toolboxes available to cells, which ensures a plasticity of the cellular proteome, as well as rapid control of diverse cellular functions, including stress specificity. While phosphorylation is one of the major regulators of the cell cycle (Garcia-Garcia et al., 2016), oxidation, protonation, and chlorination were found to be crucial to alter the activity of specific proteins during oxidative and acidic conditions (Winter et al., 2008; Palumaa, 2009). There are multiple benefits of post-translational switches: rapid reactivity, tight control, reversibility and low energetic cost relative to transcription and translation of new proteins (Venne et al., 2014; Vu et al., 2018; Macek et al., 2019).
Prokaryotes constantly produce reactive oxygen species, ROS, (peroxide, superoxide and others) during their life cycle as a consequence of growth in an aerobic environment (Zhao and Drlica, 2014; Van Loi et al., 2015). These ROS can be byproducts of either oxidoreductase reactions or oxidation of univalent electron donors such as metal centers, sulfur and others. In addition to the self-produced oxidants, bacteria is exposed to environmental ROS originating from (i) oxidative bursts of phagocytic cells during the host immune defense (Hardbower et al., 2013); (ii) irradiation of water; (iii) oxidation of pollution chemicals found in the bacterial growth environment; (iv) oxidant excretion by other bacterial and eukaryotic species into the common habitat environment (Imlay, 2019; Reniere, 2018).
Abnormal levels of oxidative stress can cause irreversible damage to diverse cellular macromolecules including nucleotides, lipids and proteins, affecting their function and stability. The exposure of bacteria to harmful oxidation has led to the evolution of extensive damage repair systems which consist of a large repertoire of antioxidant enzymes that detoxify different oxidants and convert them into harmless molecules (Ezraty et al., 2017). The main players of the damage repair system include peroxiredoxins [AhpC, (Perkins et al., 2015)], catalases (Yuan et al., 2021) and superoxide dismutases [SOD, (De Groote et al., 1997)] which detoxify peroxide and superoxides, as well as glutaredoxins [gpxA, (Moore and Sparling, 1995)] and thioredoxins, which restore protein thiols in cellular proteomes. Many wonderful reviews were written about the damage repair system in bacteria and eukaryotes, among which are (Verity, 1994; Visick and Clarke, 1995; Cabiscol et al., 2000; Mitra et al., 2002; Hanschmann et al., 2013; Ezraty et al., 2017).
Non-specific protein oxidation might lead to various post-translational modifications of sulfur-containing residues (Cys and Met) and aromatic residues (Tyr, Trp), as well as induce undesirable disulfide bonds and affect protein cofactors, especially metal centers – all which might lead to protein inactivation, unfolding, accumulation of toxic aggregates and even cell death (Ilbert et al., 2006; Chung et al., 2013; Dahl et al., 2015; Kehm et al., 2021).
This is alongside a beneficial role of intracellular oxidants in biosynthesis, lipid oxidation, metabolism and environmental response (Brynildsen et al., 2013; Imlay, 2013; McBee et al., 2017), which requires development of a highly sensitive and dynamic mechanism to maintain the balance between oxidation and cellular homeostasis. Elegant studies by Imlay and Linn (1986) and (Rodríguez-Rojas et al., 2020) showed that priming Escherichia coli with low levels of peroxide increases its survival during severe oxidative stress conditions, emphasizing the importance of dynamic responses and bacterial adaptation to changing intracellular ROS levels. Moreover, it was shown that production of intracellular ROS might provide antibiotic tolerance in Mycobacteria, suggesting a tight regulation between redox homeostasis and adaptation pathways (McBee et al., 2017).
Therefore, prokaryotes have developed multi-level approaches to sense changes in redox homeostasis (by SoxR, OxyR, and RsrA), to detoxify undesirable levels of ROS (through scavenging enzymes such as catalase, superoxide permutate, peroxidase) and to protect the cellular proteome against potential damage (by Hsp33 chaperone, thioredoxin, and others).
One of the main strategies of this defense system is to utilize rapid and reversible oxidation-dependent modification of specific protein thiol residues, serving as redox-sensitive switches of the defense proteins and mediating their rapid activation (Ilbert et al., 2006; Cremers and Jakob, 2013).
Another strategy – which can be coupled to modification of the thiol groups – is exploiting redox properties of metal centers to regulate proteins during fluctuating oxidant levels. Thus, bacteria (and eukaryotes) have developed an elegant way to convert “protein weakness” into a powerful and robust mechanism to regulate the expression of genes that provide a defense against oxidative stress. They are then able to detoxify ROS using reversible reduction-oxidation cycles of catalytic cysteine residues or cofactors, restore the redox status of proteins and maintain protein quality control under stress conditions. Here, we will briefly discuss different types of protein switches and their working mechanism, which enable bacteria to adapt and defeat oxidation-related challenges during their life cycle.
Protein Thiols – The Central Component of Antioxidant Protein Switches
The aerobic lifestyle is an inevitable source of intracellular ROS, producing byproducts such as hydrogen peroxide (H2O2), hydroxyl (·OH) and superoxide anion (O−2) radicals. Accumulation of these ROS results in negatively charged modification of reactive protein thiols, in the form of sulfenic (-RSOH) or sulfinic acids (-RSO2H), or in the formation of non-native, covalent disulfide bonds within and between different proteins (Figure 1) (Georgiou, 2002; Ilbert et al., 2006).
[image: Figure 1]FIGURE 1 | Thiol group might serve as a functional switch. Reactive protein thiols can undergo a wide range of modifications depending on the oxidative stress conditions. These include both reversible (e.g., sulfenic acid, disulfide bridge formation) and irreversible modifications (e.g., sulfinic acid, sulfonic acid). Moreover, thiol groups can interact with metal centers and play central roles in the detection of redox change.
Such thiol oxidation of cysteine and methionine residues might induce local structural and chemical alterations, influence binding of metal centers, as well as form new, non-native protein complexes, conjugated via disulfide bonds. While a majority of proteins undergo a loss of function or misfolding upon oxidation, cells have developed an array of different thiol-switch proteins, which utilize site-specific oxidation for their activity. The majority of known thiol switch proteins contain reactive cysteine residues which can “sense” changes in the redox status of cells and undergo reversible modifications, which regulate their activation or inactivation (Figure 2) (Antelmann and Helmann, 2011; Fra et al., 2017). Reactive thiols of these thiol-switch proteins usually have unique chemical properties, while some of the thiols themselves are located in structurally flexible and conserved regions. These thiols can be modified in various ways: sulfenylation, nitrosylation, chlorination, glutathionylation, persulfidation, and disulfide formation, responding to different oxidants (Figure 1). Reduction of these modifications is done by specific enzymes which restore the redox status of thiols (e.g., thioredoxins or glutaredoxin) and by related cofactors such as glutathione (GSH) and its analogs [e.g., mycothiol (MSH) in Actinobacteria, bacilithiol (BSH) in Firmicutes] (Fahey, 2013), as well as NAD(P)H (Reniere, 2018).
[image: Figure 2]FIGURE 2 | Examples of various thiol and/or metal switches in bacteria. Different thiol and metal center switches regulate redox homeostasis of bacteria at different levels, ranging from gene expression to anti-aggregation activity. Different mechanisms of redox-regulation activity are presented.
Despite the wide diversity of bacterial antioxidant strategies, the most studied thiol-switch proteins are ones that use highly reactive cysteine thiolates as a switch. This is most probably due to the availability of a diverse range of experimental tools, ranging from thiol trapping, thiol quantification and redox mass spectrometry that allows investigation of the redox status of cysteine thiols.
One of the classic examples of a thiol switch protein in bacteria is a transcriptional factor OxyR, which was first identified in E. coli (Christman et al., 1989) and S. typhimurim (Christman et al., 1985; Morgan et al., 1986). Stamler, Storz and others showed that hydrogen peroxide and S-nitrosothiols activate OxyR transcriptional activity, leading to the production of ∼130 proteins with antioxidant and anti-nitrosylation activities (Seth et al., 2020). OxyR activity is induced by oxidation of a highly conserved Cys residue (Cys199 in E. coli), which undergoes sulfenylation (S-OH) and consequent disulfide formation with the adjacent cysteine (Cys 208 in E. coli) (Zheng et al., 1998). Disulfide bond formation induces major structural rearrangement by forming a new beta strand in the protein, altering OxyR’s binding to its promoter and subsequent recruitment of RNA polymerase (Figure 2) (Fuangthong and Helmann, 2002; Georgiou, 2002) Interestingly, S-nitrosylation of Cys199 leads to an alternate response to combat nitrosative stress rather than oxidative stress conditions, by inducing the expression of enzymes which detoxify NO species involved in SNO metabolism during aerobic and anaerobic conditions.
This ultimately results in different DNA binding affinity and specificity, (Kim et al., 2002; Seth et al., 2020), depending on the respective stress conditions. This makes OxyR a notable, multi-sensing thiol-switch protein, which uses stress-specific structural plasticity to activate differential response pathways to overcome oxidative or nitrosative stress. It is reasonable to speculate that other thiol modifications of Cys199 might lead to activation of other related stress-response pathways.
Another example of a thiol-switch sensor is the very well-studied family of OhrA peroxidase repressors, named OhrR, which bind to the OhrA promoter in the reduced form (Figure 2). OhrR repressors are part of the MarR-family regulators, protecting bacteria against a wide range of oxidants, reactive nitric species and reactive electrophilic species (Hillion and Antelmann, 2015). Specifically, OhrR is activated by organic hydroperoxides (OHP) and other ROS (Van Loi et al., 2015; Sun et al., 2018; Ruhland and Reniere, 2019). The OhrR repressor family can be divided into two classes, 1-Cys (first identified in Bacillus subtilis (Fuangthong et al., 2001) and 2-Cys [first identified in Xanthomonas campestris (Sukchawalit et al., 2001)]. These harbor either one or two redox-sensitive thiol groups in the N-terminal region, adjacent to the DNA binding domain. Despite high sequence and functional similarity, these two classes represent different peroxide-sensing mechanisms.
The B. subtilis OhrR 1-cys repressor is inactivated by organic peroxide via formation of sulfenate (-RSOH) on Cys 15 and small local structural changes (Hong et al., 2005; Duarte and Latour, 2010), which lead to a rapid reaction with low molecular weight (LMW) thiols and the formation of reversible mixed disulfides, including S-BSH (Lee et al., 2007). Moreover, non-reversible, overoxidation of Cys15 to sulfinic (-RSO2H) or sulfonic (-RSO3) acid leads to the detachment of OhrR from the ohrA operator region (Soonsanga et al., 2008b).
In contrast to the OhrR 1-cys repressor, X. campestris OhrR is inactivated when the initially oxidized Cys22 reacts with another conserved Cys127, located >15Å apart, in the C-terminal domain of the opposing side of the dimer (Newberry et al., 2007). This inter-subunit disulfide bond induces a massive conformational change and rotation of the oxidized OhrR dimer, resulting in dissociation from the operator region and expression of the OhrA peroxidase. Conditional disulfide bond formation is a more robust mechanism than oxidation of a single thiol since it does not rely on the presence of LMW thiols and thus prevents irreversible oxidation of the active thiol groups of the regulatory protein (Soonsanga et al., 2008a).
The 1-Cys and 2-Cys transcriptional factors are common in bacteria and eukaryotes. These mechanisms are utilized in order to sense a diverse repertoire of stresses which challenge redox homeostasis and a functional proteome. The detailed mechanisms and regulation of such thiol-switch regulators in bacteria are wonderfully described by Antelmann and Helmann (2011), Jakob and Reichmann (2013), Hillion and Antelmann (2015), Vázquez-Torres (2012), Boronat et al., (2014) and many others.
One of the main classes of thiol switches in bacteria (and eukaryotes) are thioredoxin and glutaredoxin enzymes that restore the redox status of proteins using reduction-oxidation cycles of their conserved catalytic cysteine residues with the help of cellular cofactors, such as NADH, NADPH, and Glutathione (Holmgren et al., 2005; López-Grueso et al., 2019). Numerous fantastic reviews have been written about the detoxification properties of thioredoxin and glutaredoxin in bacteria and the role of their reversible thiol modifications in maintaining redox homeostasis (Zeller and Klug, 2006; Berndt et al., 2008; Jacquot and Zaffagnini, 2019).
Redox Regulation by Using Metal Centers
Metalloproteins are central actors in a wide number of biological processes (Waldron and Robinson, 2009). The chemistry of metals brings unique properties to enzymes, allowing the catalysis of redox reactions required for essential pathways such as respiration, nitrogen fixation, water oxidation and others (Liu et al., 2014). Redox-mediated metalloproteins usually contain transition metals (e.g., Fe, Zn, and Cu) that have multiple oxidation states by their nature and can therefore sense and regulate protein function. Such metallocenters can mediate various pathways in cells by using different redox-regulating mechanisms: (i) by changing the redox state of the metal center, (ii) by modification of the metallocenter composition, or (iii) by the loss of the metal center after its oxidation. Such modifications trigger the activation/inactivation of the metalloproteins either by conformational changes or by altering protein-protein interactions.
While many metalloproteins and their cofactors are sensitive to oxidation and might even release ROS via a Fenton reaction [e.g., iron-sulfur (Fe-S) clusters], (Imlay, 2006), other proteins use this sensitivity as a redox switch for their activity. For instance, the oxygen sensor FNR (fumarate nitrate reductase regulator) regulates the expression of hundreds of genes involved in anaerobic metabolism (Kang et al., 2005; Kiley and Beinert, 1998; Mettert and Kiley, 2018) (Figure 2). In the absence of oxygen, the active form of FNR is a DNA-binding homodimer, containing one [4Fe-4S] cluster per monomer, bound to four highly conserved cysteine residues (Lazazzera et al., 1996). In aerobiosis conditions, the FNR [4Fe-4S] cluster rapidly decays into [2Fe-2S] with a release of two S and Fe3+ ions as well as a superoxide ion (O2−), which is further converted to peroxide and water (Crack et al., 2007). Longer oxidation generates an inactive, monomeric apo-FNR form, lacking the [2Fe-2S] cluster (Lazazzera et al., 1996; Khoroshilova et al., 1997; Reinhart et al., 2008). Similar to OxyR, FNR has a dual role in the regulation of genes responding to either oxidative or nitrosylation stress, by differential modification of the switch centers. Upon increased levels of nitric oxide (NO), the metal center is converted into an Fe-NO4 cluster accompanying oxidation of the catalytical cysteines in the metal cluster, resulting in monomerization of FNR (Crack et al., 2013). Despite decades of FMN research, only recently the X-ray structure of FNR from Aliivibrio fischeri was resolved. This provided insights into the catalytic mechanism of the [4Fe-4S] - [2Fe-2S] exchange mediating FNR monomerization, (Volbeda et al., 2015), with the structural analysis uncovering a cascade of structural rearrangements induced by oxidation of the metal cluster. This indirectly leads to a breakage of salt bridges as well as of the helical interface which maintains the dimer conformation of inactive FNR during reducing conditions (Volbeda et al., 2015; Mettert and Kiley, 2018).
Metal’s oxidation might lead to modification of residues found in the metal’s vicinity. PerR from B. subtilis is an excellent example of a protein utilizing this reactivity for functional activation (Pinochet-Barros and Helmann, 2018). PerR is a repressor known to belong to the Fur family of proteins (ferric-uptake repressor). Under physiological growth conditions, PerR is a dimer containing two metal-binding sites, Zn2+ and Fe2+ per monomer (Traore et al., 2006; Ma et al., 2011). Upon exposure to low concentrations of H2O2, PerR induces expression of genes involved in the detoxification of peroxide and related damage (Helmann et al., 2003). Through a mechanism called metal-catalyzed oxidation (MCO), H2O2 reacts with the bound Fe2+, leading to the oxidation of one of the two histidines involved in coordinating with the iron atoms (Lee and Helmann, 2006). Histidine oxidation induces PerR conformational changes, which triggers its release from DNA (Ahn and Baker, 2016) (Figure 2). In contrast to other peroxide-sensing transcription factors described above, PerR’s regulatory mechanism is not cysteine but histidine-dependent. Interestingly, the Fe2+ binding site can also bind Mn2+, depending on the relative amount of both metals in the growth media. At a high concentration of Mn2+, the PerR regulon is tightly repressed even in the presence of peroxide, highlighting the importance of the MCO mechanism and its high dependence on the presence of iron in the media (Fuangthong et al., 2002).
Metal centers in biological systems can oscillate between a reduced and oxidized form, where such redox changes frequently allow electron transfer to occur. In some cases, however, these redox status modifications change the protein function and may be considered as an additional redox-regulation mechanism. The regulator SoxR, for example, has been well-described to stimulate the transcription of SoxS exclusively in presence of redox-cycling compounds (Gaudu and Weiss, 1996; Imlay, 2015; Outten and Theil, 2009). SoxR is a dimer where each monomer contains a [2Fe-2S] cluster (Hidalgo et al., 1995). In its reduced form [2Fe-2S]+, SoxR binds DNA without inducing SoxS transcription, whereas in its oxidized form [2Fe-2S] 2+, SoxR induces SoxS expression (Ding et al.,1996; Gaudu et al., 1997) (Figure 2). Oxidation of SoxR leads to slight conformational changes, resulting in a distortion of the bound DNA and modify RNA polymerase transcription (Kobayashi et al., 2011).
Another recently discovered protein, a copper-binding regulator CorE from Myxococcus xanthus, is also regulated via a redox mechanism (Gómez-Santos et al., 2011; Muñoz-Dorado et al., 2012). Indeed, oxidized copper (Cu2+)-CorE binds to DNA whereas Cu+-bound CorE does not (Gómez-Santos et al., 2011) (Figure 2).
Hsp33 – An Example for Utilizing Redox-Regulated Protein Plasticity to Maintain Proteome Functionality During Oxidative Stress Conditions
Around 20 years ago, the Hsp33 chaperone was discovered as a first line of defense chaperone protecting bacterial proteins against aggregation during oxidative stress in E. coli (Hoffmann et al., 2004). Since then, additional homologues of Hsp33 were identified and characterized in other bacterial species as well as in unicellular algae (Segal and Shapira, 2015) and pathogens (Trypanosoma and Leishmania) (Aramin et al., 2020). This highlights Hsp33 as a promising new drug target against bacterial and Trypanosoma pathogens.
Hsp33 is one of the crucial ATP-independent holdases (or holding chaperones), which is activated under conditions that lead to protein misfolding and accumulation of toxic aggregates, such as oxidative unfolding. Hsp33 “senses” the presence of oxidants or chlorine species (e.g., HOCl) through a highly reactive Zn center, comprising of four completely conserved cysteines forming CXCX and CXXC motifs harboring one Zn2+ ion in the inactive, reduced form (Ilbert et al., 2006; Aramin et al., 2020). Oxidation triggers Zn release, formation of two disulfide bonds and rapid unfolding of almost half of the protein, which exposes hydrophobic regions involved in the anti-aggregation activity of Hsp33 (Rimon et al., 2017). Oxidation per se of the Zn center is not sufficient for converting Hsp33 into a potent holdase, and requires additional unfolding conditions (e.g., mild heat or the acidity of HOCl). Upon return to normal conditions, reduction of the Zn center leads to refolding of Hsp33 (Ilbert et al., 2007; Cremers et al., 2010; Rimon et al., 2017), destabilization of the bound client protein and transfer to the foldase chaperone system, DnaK/J (Reichmann et al., 2012a) (Figure 2). This working cycle of Hsp33 provides a unique mechanism of a thiol switch protein which uses a redox-dependent metal center and a disorder-to-order transition for its function. Thus, the Hsp33 protein family preserves not only reversible catalytical centers, but reversible structural plasticity underlying the Hsp33 function as well.
Integrative Methodology Assists in Identifying Redox Switch Proteins and Future Directions
Technological progress over the last few years has drastically advanced the discovery of new redox switches and allowed the community to deepen the understanding of the complex redox-regulating mechanisms that are vital in defining the fate of bacteria. Due to their diversity and elusive nature, research of redox switches requires a multidisciplinary toolbox of techniques combining biochemistry, redox chemistry, structural and cell biology.
The majority of technological efforts and breakthroughs have been invested in uncovering thiol-redox switches and the related pathways. This is due to the importance and high conservation of cysteines, which usually have a crucial role in protein structure and function. Moreover, redox chemistry has provided existing tools to investigate thiol-redox reactions that could be adopted to biological systems. Therefore, it is not surprising that many of the redox-switch proteins that were discovered in recent years are thiol-switch proteins. These have been studied by different approaches, ranging from single cysteine substitution (usually to serine), in vivo and in vitro thiol trapping analyses, to system-wide redox proteomics (Rudyk and Eaton, 2014; Allan et al., 2016; Botello-Morte et al., 2016; van der Reest et al., 2018).
During the last decade, several studies showed that antibiotic treatment alters redox homeostasis and leads to the accumulation of ROS in bacteria, which might be an additional cause for cell death (Kohanski et al., 2007; Van Acker et al., 2016). While the mechanism is not clear, recent studies took an advantage of the ROS-antibiotics relationship to utilize ROS as an antibacterial treatment. For example, Antelman’s lab showed that antimicrobial treatment by AGXX results in ROS intracellular production, which targets multi-drug resistant pathogens (Van Loi et al., 2018; Linzner et al., 2021). This study raises many questions regarding the potential role of indirect ROS accumulation and associated thiol-switch proteins in cells challenged by antibiotics and the multi-drug resistance processes. This intriguing correlation should be further investigated.
To date, redox biologists have an array of innovative tools to differentially label reduced and oxidized cysteine residues in vivo or in vitro, in order to detect changes in the redox status of either single or multiple proteins in a biological sample (Rudyk and Eaton, 2014). This includes a collection of diverse alkylating reagents (e.g., maleimide, iodoacetate, and their derivatives) which specifically react with the thiol groups of cysteine residues, which can then be used to quantify the total change in reduced thiols in cells, detect changes in a specific cysteine thiol of protein of interest, or in the entire proteome (Rudyk and Eaton, 2014; Winther and Thorpe, 2014; Alcock et al., 2018). Conjugation of alkylating reagents with biotin molecules has opened up a new opportunity to investigate the interactomes of potential thiol-switch proteins in vivo and to define the redox-dependent dynamics of these interactions. A combination of genetics, thiol trapping, and structural biology approaches have enabled definition of the redox-dependent mechanism of essential thiol switches, such as Hsp33, OxyR, and many others, providing a deeper knowledge on both the protein and system levels (Choi et al., 2001; Ilbert et al., 2007).
One of the breakthroughs in redox biology was the development of redox proteomics workflows (Zaccarin et al., 2014; Gu and Robinson, 2016; Duan et al., 2017). Since ∼10% of residues are cysteines, one of the main challenges in redox proteomics is the ability to capture and isolate thiol proteomes while minimizing non-specific oxidation induced during sample preparation and by the mass spectrometer itself. Leichert and Jakob, among others, have established a highly efficient proteomic workflow, named OxICAT. This workflow uses differential labeling by biotinylated, isotope-coded light and heavy affinity tags with an iodoacetamide reactive group (ICAT). Quantification of the redox profile of cysteines is based on a ratio approach, which allows for overcoming potential artifacts that follow protein abundance, as well as proteins lost during the sample preparation steps. The OxICAT method has not only uncovered novel, potential thiol switch proteins across the proteome, but remarkably has established a mechanistic link between reversible oxidation and aging in eukaryotic cells, pointing toward pathways and kinetics of thiol oxidation during age or following different growth conditions. In bacteria, OxICAT and other redox proteomics techniques identified redox-regulated metabolic pathways associated with phagocytosis (Leichert et al., 2008), as well as a bacterial redox-regulated response toward antibacterial treatment (Reiter et al., 2020). Moreover, the same platform was adopted to uncover a cross-reactivity of cysteine thiols to different oxidants and modifications, such as nitrosylation (Leichert and Jakob, 2006), chlorination (Chen et al., 2016), mycothiolation (Hillion et al., 2017), and sulfhydration (Zivanovic et al., 2019), defining the plasticity and versatility of the thiol-switch proteins in bacteria.
While redox proteomics can point to a potential key redox player, a detailed biochemical and biophysical analysis should be done to investigate the reaction mechanism. As previously mentioned, high-resolution structural methods [e.g., NMR (nuclear magnetic resonance) and X-Ray crystallography] were able to define the exact redox cascade mechanism in metalloproteins and define catalysis at the atomic level. This is challenging in the case of redox switch proteins, which require structural plasticity or oligomerization (e.g., Hsp33) for their activity, which complicate the obtention of an atomic structure using NMR or X-Ray. In this case, structural mass spectrometry (native MS and Hydrogen-deuterium-exchange, HDX-MS) takes on its undebated role. HDX-MS analysis of Hsp33’s working cycle has enabled mapping of redox-dependent conformational changes on both the chaperone and its substrate, mediating substrate binding and release (Reichmann, 2012b; Fassler et al., 2018).
Furthermore, research on redox-regulating metalloproteins sits in the junction between structural biology and chemistry. During the last decade, biophysical approaches such as UV-Visible, EPR (electron paramagnetic resonance), NMR or X-ray absorption spectroscopy have pushed the metal-switch field forward, providing high resolution mechanisms of enzymes and transcriptional factors. However, to date, metal-switch proteins have been mainly described in vitro on purified systems. The recent development of in cell-NMR and in cell-EPR will give a better picture of in vivo metal-switch reactions. In addition, finding new family members might be possible with the development of metallomics approaches combined with spectroscopy or other tools, to find redox-regulated metal centers.
However, despite the many fascinating breakthroughs that have been made over the past several years, we need to develop a new repertoire of methodologies addressing non-thiol regulation. Recently, a few technologies were established to investigate methionine and tyrosine oxidation, however, more should be done in this field. The development of these methodologies will open a door to uncover new types of switch proteins, employing other regulatory sites and chemistry.
Another aspect that should be addressed in the redox-switch protein research is the multi-functionality of this class of proteins. It is clear that many redox-regulated proteins cannot be simply defined by loss-gain of function under oxidation-reduction conditions. Many of the redox-regulated proteins have more than one biological function and specificity to different radicals. One of the next challenges in the field is to understand the evolutionary path of redox switch proteins, their multiple functionality, and their reactivity.
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The transmissible locus of stress tolerance (tLST) is found mainly in beta- and gamma-Proteobacteria and confers tolerance to elevated temperature, pressure, and chlorine. This genomic island, previously referred to as transmissible locus of protein quality control or locus of heat resistance likely originates from an environmental bacterium thriving in extreme habitats, but has been widely transmitted by lateral gene transfer. Although highly conserved, the gene content on the island is subject to evolution and gene products such as small heat shock proteins are present in several functionally distinct sequence variants. A number of these genes are xenologs of core genome genes with the gene products to widen the substrate spectrum and to be highly (complementary) expressed thus their functionality to become dominant over core genome genes. In this review, we will present current knowledge of the function of core tLST genes and discuss current knowledge on selection and counter-selection processes that favor maintenance of the tLST island, with frequent acquisition of gene products involved in cyclic di-GMP signaling, in different habitats from the environment to animals and plants, processed animal and plant products, man-made environments, and subsequently humans.
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INTRODUCTION

Bacteria are found in most extreme habitats as these organisms possess an almost unrestricted potential to adapt to altering and adverse environmental conditions including survival of a temporary rise to lethal conditions and occupation of novel ecological niches. Gradual adaptation is mediated by mutations of the core genome, while a rapid and quantum-leap adaptation beyond the functional plasticity of the available genetic repertoire is conferred by mobile genetic elements, plasmids, and transposons, in combination with a vast repertoire of genome engineering tools and repetitive DNA sequences; and the acquisition of novel genes (Shintani, 2017). The horizontally transferred physiological characteristics that are commonly payed attention to include resistance against antimicrobial agents and heavy metals, virulence properties, and widening of catabolic capabilities and resistance (Lan et al., 2001; Elliott et al., 2002; Herold et al., 2004; Lin et al., 2015). Theoretically, and perhaps even practically, there is no restriction to which type of genetic elements are to be horizontally transferred upon exposure to a certain selective pressure; however, properties and transfer of mobile genetic elements that confer resistance to environmental stress (Berendsen et al., 2016) are not as well understood when compared to mobile genetic elements that enhance virulence or mediate antimicrobial resistance.

A mobile genomic island conferring heat resistance was independently identified in Escherichia coli and Pseudomonas aeruginosa and termed locus of heat resistance (LHR) and transmissible locus of protein quality control (tLPQC), respectively, (Lee et al., 2015; Mercer et al., 2015). To prevent the continuing use of divergent nomenclature, we propose the term transmissible locus of stress tolerance (tLST). This genomic island provides an exceptional example of the mobilization of a number of highly conserved genes to be commonly horizontally transferred among diverse members of beta- and gamma-Proteobacteria from a so far unknown origin (Lee et al., 2015; Mercer et al., 2015). Initially discovered to mediate tolerance toward lethal heat shock in strains of Cronobacter sakazakii, Klebsiella pneumoniae, P. aeruginosa, and E. coli (Bojer et al., 2010; Gajdosova et al., 2011; Lee et al., 2015; Mercer et al., 2015), the tLST island was later identified to provide a wide range of tolerance phenotypes towards environmental and anthropogenic stresses including chlorine and other oxidizing chemicals, and high hydrostatic pressure (Li et al., 2020; Wang et al., 2020) and may interfere with the expression of virulence genes (Wang et al., 2020). The initial analysis of gene products, which are often xenologs of chromosomally encoded genes, showed that tLST island gene products are characterized by physiological and biochemical features that are complementary to, expand or replace the function of core gene products and that allow the organism to enhance persistence and transmission (Wang et al., 2020). The archetype likely close to the major pathogen-related ancestral composite variant of this genomic island is the 18–19 kbp tLSTa (Figure 1), however, several other variants with insertions or deletions have been identified, including the 14–15 kbp tLST1 and the 19 kbp tLST2 (Gajdosova et al., 2011; Lee et al., 2015; Boll et al., 2017; Nguyen et al., 2017). This review aims to summarize current knowledge on the tLST island with respect to ecology, evolution, and mechanisms of resistance. We also use the available information to propose hypotheses related to the evolutionary processes that maintain the tLST island in distinct isolates of many species of Proteobacteria, and the role of the tLST island in the resistance of food-borne and nosocomial bacterial pathogens towards antimicrobial interventions used in food processing, (waste) water treatment, and health care settings.
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FIGURE 1. (A) Range of chemical or physical stressors that are mitigated by components of the tLST. Stressors are printed in gray if protection is predicted based on the activity of homologous core genome proteins but not for genes encoded by the tLST. (B) Schematic representation of the tLSTa and proteins encoded by the genomic island. The length of the open reading frames is drawn to scale. (C) Amino acid identity of tLSTa encoded proteins to homologous proteins encoded on the genome of Escherichia coli K12 and Pseudomonas aeruginosa DSM50071. (D) Schematic overview of the role of tLST-encoded proteins in protection against chemical and physical stressors. Pathways are depicted in light gray to indicate phenotypes that are based on in silico prediction without experimental confirmation for tLST island encoded proteins. The holding chaperones sHsp20GI and sHsp20 prevent irreversible aggregation in an ATP-independent manner and thus work cooperatively with ClpGGI (ClpKGI in E. coli) to prevent or to reverse protein aggregation (Lee et al., 1997, 2015, 2018). FtsH degrades unfolded cytoplasmic, out-of-context and membrane proteins in an ATP-dependent manner and contributes to protein homeostasis in the cytoplasm (Banuett et al., 1986; Tomoyasu et al., 1995; Kamal et al., 2019). YfdX1, YfdX2, and HdeDGI act as periplasmic chaperones. YfdX-family proteins were also shown to increase resistance to penicillin G and carbenicillin (Lee et al., 2019), but this activity has not been verified for the tLST encoded YfdX1/2. The chromosomally encoded HdeD improves growth at low pH; this activity was not verified for HdeDGI (Liu et al., 2019). Cytoplasmic glutathione (GSH) inhibits KefB activity; oxidation of GSH by chlorine or hydrogen peroxide activates the KefB potassium efflux system which also protects membrane lipids against chlorine-mediated oxidation (MacLean et al., 1998; Wang et al., 2020; Zhu et al., 2021). Cls is a cardiolipin synthase that is responsible for synthesis of membrane lipids (Nishijima et al., 1988). The thioredoxin-dependent reduction system encoded by trxGI contribute to redox homeostasis (Carmel-Harel and Storz, 2000). The overexpression of htpX, the closest homolog to orf15, increased the degradation of puromycyl peptides (Kornitzer et al., 1991) and complements FtsH in proteolysis (Sakoh et al., 2005). The core genome DegP is an ATP-independent endopeptidase that degrades periplasmic proteins, functions together with FtsH in proteolysis and is essential for high temperature growth (Lipinska et al., 1990; Nishimura et al., 2016). The genes orf11 and orf14 encode proteins that are less than 30% identical to proteins of known function.




ANTROPHOGENIC SELECTIVE PRESSURES FOR THE tLST

In 1884, Ferdinand Hueppe described the isolation of the E. coli strain C from soured cow’s milk that later became one of the E. coli model organisms for biotechnological purposes and basic scientific studies (Hueppe, 1884; Krol et al., 2019). The now available genome sequence revealed that E. coli strain C encodes the tLST, suggesting that tolerance against exposure to stress conditions such as oxidative stress and elevated temperatures is a horizontally transferred feature that predates industrial food production, water sanitation, and antibiotic use (Figure 1). Previously documented thermotolerant pathogenic bacteria causing outbreaks due to contaminated milk powder span from an outbreak during the second world war caused by Salmonella enterica serovar Senftenberg (Goepfert and Biggie, 1968) to recent infections in neonates caused by C. sakazakii (Nazarowec-White and Farber, 1997); both pathogens were later identified to carry the tLST island (Gajdosova et al., 2011; Nguyen et al., 2017; Mercer et al., 2017b). Raw milk contains a diverse bacterial microbiota that is beneficially used for the processing of this animal product to cheese and other fermented products, but may also include pathogenic or opportunistic pathogenic organisms (Quigley et al., 2013). Pasteurization or thermization of fluid and cheese milk may provide an evolutionary pressure to select for organisms that carry the tLST island. This concept is supported by the high prevalence of the tLST island in cheese milk after thermization, i.e., heating to 60°C for 30 min (Marti et al., 2016; Boll et al., 2017). Other anthropogenic habitats with a high prevalence of tLST-positive bacteria include chlorinated waste water, where more than 50% of isolates were found tLST positive (Zhi et al., 2016), North American meat processing plants that employ thermal treatments as pathogen interventions on beef carcasses (Zhang et al., 2020; Guragain et al., 2021), and DaQu, a saccharification starter that is used in China for production of cereal beverages and vinegar (Wang et al., 2018). Daqu is produced from spontaneously fermented cereals; with the fermentation microbiota are recruited from plant microbiota which includes plant-associated Enterobacteriaceae (Zheng et al., 2011). During fermentation, the temperature increases to 50–60°C and fermentation conditions select for Gram-positive bacilli that are heat resistant owing to the presence of the spoVA2mob operon as well as tLST-positive Enterobacteriaceae (Wang et al., 2018).

The presence of the tLST, however, is not limited to bacteria associated with direct anthropogenic manipulation procedures, indicating that efficient horizontal transfer of the tLST to opportunistic pathogenic microorganisms may occur in alternative ecological niche including the environment. The opportunistic pathogen P. aeruginosa is foremost an environmental organism that thrives in soil, water and in association with plants (Lee et al., 2020). In P. aeruginosa, at least two ubiquitous clones, groups of closely related strains that can be recovered from the clinical habitat including patients as well as the environment have acquired the tLST (Lee et al., 2015). Likewise, the tLST is found in Cronobacter and Klebsiella species which are relevant as opportunistic and nosocomial (hospital-acquired) human pathogens, but originate from environmental niches (Schmid et al., 2009; Gajdosova et al., 2011; Mercer et al., 2015). Strong selective pressure for maintenance of the tLST may therefore exists also in environmental habitats that can nevertheless be impacted by human activity such as (waste) water treatment.



THE tLST PROTECTS AGAINST MULTIPLE STRESSES

The tLST island was originally discovered as it mediated thermotolerance to food-derived bacteria and pathogens (Gajdosova et al., 2011; Lee et al., 2015; Mercer et al., 2015). tLST-mediated thermal tolerance is not incremental but represents a “quantum leap” of superior functionality. For example, the tLST core genes dna-hsp20-clpG can provide up to 10-fold higher lethal thermotolerance to genetically unrelated thermosensitive P. aeruginosa and K. pneumoniae strains (Bojer et al., 2011; Lee et al., 2015). On a similar scale, E. coli lacking the entire tLST exhibit a D60°C-value of less than 1 min while the D60°C-value of tLST-positive strains of E. coli ranges from 10 min to more than 60 min (Li and Gänzle, 2016); i.e., treatment at 60°C for 10 min reduces cell counts of tLST-negative strains by more than 10 log(cfu/mL), while tLST positive strains resist treatment with a reduction of less than 1 log(cfu/mL). tLST-mediated thermotolerance explains the high prevalence of tLST-positive strains of E. coli in the meat and cheese production chains (Dlusskaya et al., 2011; Marti et al., 2016; Boll et al., 2017; Zhang et al., 2020; Guragain et al., 2021). tLST-positive strains of E. coli also are among the most pressure resistant strains of this species (Liu et al., 2015) and cloning of the tLST island confirmed that the genomic island can increase pressure resistance of E. coli (Li et al., 2020). In contrast to heat resistance, pressure resistance in E. coli can be conferred by alternative genetic alterations that mediate equivalent pressure resistance in tLST-negative strains (Vanlint et al., 2011).

The observation that tLST-positive strains of E. coli are highly enriched in chlorinated waste water (Zhi et al., 2016) led to the discovery that the genomic island also mediates resistance to chlorine, hydrogen peroxide, and peroxyacetic acid but not to acrolein or isothiocyanates (Wang et al., 2020). tLST mediated resistance toward other stressors has not been demonstrated experimentally, but is expected from the predicted protein function. For example, homologs of tLST-encoded proteins were shown to protect against acid stress and to increase antibiotic resistance (Figure 1 and below).

Bioinformatic and functional analyses of the tLST mediated stress resistance suggested that the three different parts of the genomic island predominantly function to protect different segments of the bacterial cells. Proteins encoded by the protein homeostasis module of the tLST (Figure 1) have been shown to predominantly prevent or reverse aggregation and oxidation of cytoplasmic and membrane proteins (Lee et al., 2020). Proteins encoded by the cell envelope stress module are periplasmic chaperones and have been shown to prevent oxidation of membrane lipids. Several proteins of the oxidative stress module are predicted to mitigate oxidative stress by various mechanisms including proteolysis and ion antiport, the latter conducted by KefBGI. KefBGI is a H+/K+ antiporter that maintains an inside acidic membrane potential at alkaline pH in the presence of chlorine (Figure 1; Mercer et al., 2017a; Lee et al., 2018, 2020; Li et al., 2020; Wang et al., 2020; Zhu et al., 2021). The tLST-mediated pressure resistance phenotype of E. coli isolates is provided by the protein homeostasis module (Li et al., 2020); the heat resistance phenotype in E. coli, K. pneumoniae, and P. aeruginosa is encoded by the protein homeostasis and cell envelope stress modules and E. coli strains carrying only the former are substantially less resistant than those carrying both modules or the full island (Bojer et al., 2010; Mercer et al., 2015, 2017a), while the resistance to chlorine and other inorganic oxidative chemicals requires presence of all three modules (Wang et al., 2020). In P. aeruginosa, the three genes dna-shsp20GI-clpGGI on the protein homeostasis module mediate significant thermotolerance to unrelated thermosensitive strains though (Lee et al., 2015).



EXPRESSION OF GENES ENCODED BY THE tLST ISLAND

A hallmark of the expression of gene products of the tLST island is their production during exponential growth, which is substantially increased upon entry in the stationary phase of growth at environmental or body temperature (Mercer et al., 2017a) or exclusively highly produced in the late growth phase (Lee et al., 2015). Even more, in E. coli and P. aeruginosa, tLST-encoded proteins can be among the most abundant proteins (Williams, 1995; Sriramulu et al., 2005; Lee et al., 2015, 2018; Kamal et al., 2019; Li et al., 2020). This expression pattern is distinct from homologous core genome heat shock proteins, which are overexpressed upon exposure to sublethal heat stress. Indeed, a network of proteases has recently been shown to rescue growth arrest of P. aeruginosa (Basta et al., 2020). Acquisition of tLST proteases might therefore aid recovery of widely distributed P. aeruginosa clones from this environmentally relevant physiological status (Bergkessel, 2020). tLST-mediated heat resistance is enhanced by the presence of 4% NaCl but this effect is mediated by accumulation of compatible solutes rather than over-expression of tLST-encoded proteins as addition of up to 4% NaCl did not increase expression from the tLST promotor that is located 63 bps upstream of the orf1 (alternatively named dna), a Mer-like transcriptional regulator (Figure 1; Pleitner et al., 2012; Mercer et al., 2017a). Expression of genes encoded by the tLST in E. coli at alkaline, but not at neutral pH was reported to be repressed by the Cpx two-component regulatory system which mitigates cell envelope stress during growth at alkaline pH (Zhu et al., 2021). The in silico prediction of multiple promoters that respond to diverse environmental stimuli suggests that constitutive expression of tLST island encoded proteins is mediated by multiple factors that have not been fully elucidated (Nguyen, 2019). As a trans mediated cross-reactive physiological trait, the tLST mediated protection against oxidative stress and interferes with the induction of prophages carrying genes coding for the Shiga toxin in the late phage protein region production (Marti et al., 2016; Wang et al., 2020).



FUNCTION OF INDIVIDUAL GENE PRODUCTS ENCODED ON THE tLST ISLAND

A major hallmark of the tLSTa is that the majority of the gene products are xenologs, distantly related homologs of evolutionary highly conserved core genes from a phylogenetically distant bacterial species (Lee et al., 2015, 2016; Mercer et al., 2015). Gene duplication is known as a concept to widen the physiological and metabolic capabilities of organisms including the human pathogen Mycobacterium tuberculosis (Tekaia and Gordon, 1999). With respect to their physiological impact, the preservation of gene products such as the proteases FtsH, HtpX, and DegP, small heat shock protein holding chaperones and the redox protein thioredoxin Trx in all organisms including humans emphasizes a central role of these proteins in basic physiological functions such as protein homeostasis and redox balance that are core survival mechanisms of cellular organisms. An overview of the function of proteins that are encoded by the tLSTa is shown in Figure 1. Several gene products including the small heat shock protein sHsp201GI, the disaggregase ClpGGI/ClpKGI and the protease FtsHGI (FtsH2) have been genetically and biochemically characterized (Lee et al., 2015, 2018; Kamal et al., 2019). Information on the distinct function of KefBGI is derived from studies with kefB deletion mutants of tLST-expressing E. coli (Zhu et al., 2021). Information on the function of other tLSTa encoded genes is also derived from the expression of plasmid-encoded (fragments of the) tLST in E. coli in combination with in silico prediction of protein functions that is based on the function of core-genome homologs. As would be expected for xenologous gene products, the amino acid identity of several tLSTa encoded proteins to core genome proteins in E. coli or P. aeruginosa is low, and even below 30%, i.e., orf14 shares less than 30% homology to PsiE and orf15 shares less than 30% homology to the M48 type protease HtpX. A respective functionality and catalytic activity is, though, predicted based on the conservation of the domain and the respective amino acid signatures (Wanner, 1986). For other proteins including the membrane bound protease FtsH, the periplasmic chaperone protease DegP and thioredoxin Trx, the homology to core genome proteins is below 45%, and the catalytic activity can be reliably predicted based on the conservation of signature amino acids. Details on the regulation of the catalytic activity and the respective substrate specificity need to be unraveled by future experimentation.


Proteins Encoded by the Protein Homeostasis Module

The presence of the protein homeostasis module is required for pressure, heat, and chlorine resistance (Mercer et al., 2015; Lee et al., 2016; Li et al., 2020; Wang et al., 2020). The protein homeostasis module includes the two small heat shock proteins sHsp201GI and sHsp202GI, a cardiolipin synthase, the protease FtsHGI, and the disaggregase ClpGGI, which is termed ClpKGI in E. coli and K. pneumoniae (Figure 1). Disaggregases transform aggregated proteins by ATPase driven force into linear and refoldable peptide chains (Lee et al., 2018; Mogk et al., 2018). The ability of the disaggregase ClpGGI to process aggregates that are formed at higher temperature or initial protein concentration is superior to the core genome ClpB-DnaK co-disaggregation system (Mogk et al., 1999; Motohashi et al., 1999; Zolkiewski, 1999; Lee et al., 2018). Furthermore, ClpGGI directly binds its substrates, protein aggregates, through an extension of the N-terminal domain and displays a high intrinsic ATPase activity (Lee et al., 2018), in contrast to ClpB where the co-chaperone DnaK delivers aggregates to ClpB with subsequent activation of its ATPase activity. P. aeruginosa but not E. coli has the core genome equivalent ClpG to ClpGGI with identical domain structure in addition to the more distantly related disaggregase ClpB. Preliminary one-dimensional protein profiles of respective P. aeruginosa SG17M mutants indicated a distinct substrate pattern for each of the three genome encoded disaggregases, ClpB, ClpG, and ClpGGI (Lee et al., 2018). Although the phylogenetic origin of ClpGGI can be diverse, the ClpGGI family consists of highly conserved proteins encoded exclusively by tLST-like gene clusters of pathogens and environmental bacteria of diverse evolutionary origin (Figures 1, 2A,B). The recent information expansion of genome sequences has, however, unraveled several additional ClpGGI subgroups that are characterized by distinct N- and C-terminal domains present in various genetic context (Figure 2).
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FIGURE 2. Phylogenetic tree of ClpGGI proteins. (A) ClpGGI proteins most closely related to ClpGGI from the urinary isolate P. aeruginosa 8277 as query were collected after Blast search with standard parameters at the NCBI hompage (Altschul et al., 1990). Core genome ClpG from P. aeruginosa SG17M was used as outgroup. Using the available Blast acquired data, there is a clear distinction in similarity values between ClpG and the ClpGGI group family members. However, among the proteins most closely related to ClpGGI, at least two potentially novel subgroups of ClpG proteins, ClpG2GI (in dark green) and ClpH (in green and light green) can be discriminated. ClpGGI proteins previously investigated or mentioned in the text in blue, ClpGGI proteins from environmental species in violet and an additional potentially distinct novel ClpGGI subgroup (ClpG3GI) in red. Abbreviations used in the tree are defined in Supplementary Table 1. The protein sequences were aligned with ClustalX2.1 (Aiyar, 2000) using standard parameters and in MEGA7 (Kumar et al., 2016), the evolutionary relationship using the standard Maximum Likelihood protocol was determined with 100 bootstraps and the phylogenetic tree subsequently displayed. The branch lengths correspond to the number of substitutions per site. Stars indicate the protein sequences used for the alignment in Figure 2C. (B) Gene synteny around representative clpGGI genes from different clpGGI subfamilies from archetypical environmental isolates. As a reference, the tLST of the α–proteobacterium Methylobacillus flagellatus KT is depicted. The δ-proteobacterium Desulvovibrio carbinolicus DSM 3852 encodes a clpGGI gene member [DESCAR in (A)] of the core clpGGI family closely related to the P. aeruginosa clone C clpGGI gene. On the other hand, Mixta calida DE0300 contains a clpGGI member [MIXCAL in (A)] closely related to most K. pneumoniae and E. coli clpGGI genes. Pseudomonas putida str. Idaho (PSEPUT), Siccirubricoccus phaeus 1–3 (Siccirubricoccus), Oseanicella actignis DSM 22673 (OSEACT) and Methylobacterium CCH7-A2 (METBAC) encode representatives of the subfamilies ClpG3GI, a yet undefined subfamily, ClpG2GI and ClpH families, respectively. ClpGGI of Halomonas desiderata FB2 is 97.9% identical to clpGGI of P. aeruginosa SG17M. Gene rearrangements and insertion of novel genes occur within tLST. The pathogen-related archetypical composite tLST as depicted in Figure 1 is only present in a subgroup of isolates. While D. carbinolicus and γ-proteobacteria M. calida possess a close to archetypical tLST, members of the α-proteobacteria such as O. actignis DSM 22673, Methylobacterium CCH7-A2 and S. phaeus 1–3, but also γ-proteobacteria P. putida str. Idaho and H. desiderata FB2 contain mostly the protein homeostasis part of the tLST gene cluster with an occasional expansion of genes for small heat shock proteins. The gene product of yfdX3 from O. actignis DSM22673 is distinct from yfdX1 and yfdX2 and most closely related to a Paracoccus representative. As the environmental source, S. phaeus 1–3 has been isolated from oil soil, D. desiderata from water and O. actignis DSM 22673 from the water of a hot spring. The isolation of Methylobacterium CCH7-A2 from a hospital shower hose biofilm and H. desiderata FB2 and M. flagellatus KT from a sewage treatment plant suggests opportunities for horizontal transmission to other microorganisms. P. putida str. Idaho is a unique organic solvent tolerant strain. The gene arrangement is centered around the most conserved clpGGI gene. White colored genes possess core genome or novel functionality, gray colored genes are related to transposition or phage function. The graph reports the G + C content at a window of ±10 nucleotides (red, above average; blue, below average). The figure has been drawn with Easyfig 2.2 (Sullivan et al., 2011). (C) As ClpGGI, the ClpG2GI, ClpG3GI, and ClpH proteins are characterized by an AAA +-1 ATPase domain-M-domain-AAA +-2 ATPase domain structure with conserved sequence motifs Walker A and B nucleotide binding motifs, the conserved pore loop residue tyrosine (Y), sensor 1 motifs with conserved threonine (T) and asparagine (N) and sensor 2 motif arginine (R), but possess distinct N (N2 and N1)- and C (CTE) -terminal domains. The alignment was created with ClustalX 2.1 (Aiyar, 2000) and visualized with ESPript 3 (Gross et al., 2007).


sHsp20 proteins are holding chaperones that prevent irreversible aggregation of proteins in their initial state of unfolding and therefore functionally cooperate with disaggregases (Sun and MacRae, 2005). The core of sHsp20 proteins consists of seven anti-parallel aligned beta-strands. The divergent structurally disordered N- and C-terminal extensions and the intramolecular unstructured loop between the fourth and fifth β-strand of sHsp20 proteins (with the occurrence of up to two sHsp20 proteins on the tLST island) might broaden the substrate range and point to distinct mechanisms of substrate recognition and stabilization equally as subunit homo- and hetero-oligomerization, which is considered the inactive status of sHsp20 proteins (Figure 3; Sun and MacRae, 2005). Of the two sHsp20 proteins encoded by the tLST, only sHsp201GI has been characterized to provide holding chaperone activity to the thermolabile model substrate citrate synthase (Lee et al., 2015).
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FIGURE 3. Structural models of sHSP proteins show distinct structures for tLST island and core genome sHsp20 proteins. From left to right, P. aeruginosa sHsp201GI, P. aeruginosa sHsp202GI, P. aeruginosa core genome IbpA, E. coli core genome IbpA and E. coli core genome IbpB structural model of the monomer. All sHsp20 proteins possess a core of seven antiparallel β-strands that are characteristic for sHsp20 proteins including the paralogous α crystallin reference protein with distinct N-, intramolecular and C-terminal loops. The models were created with Phyre2 (Kelley et al., 2015) based on the structure of the Triticum aestivum HSP16.9 protein (1GME chain A; van Montfort et al., 2001) as the best-fit model.


The membrane-bound protease FtsH is required for optimal growth and is involved in the turnover of proteins equally as it degrades truncated, out-of-context, and disordered proteins (Banuett et al., 1986; Tomoyasu et al., 1995). Substrate pull-down assays with FtsH proteins that possess a trapping prone ATPase active AAA+ domain, but lack proteolytic activity revealed that the core genome protease FtsH of the aquatic isolate P. aeruginosa SG17M distinctively bound and processed substrates compared to FtsHGI. Selective degradation of PhzC, a key enzyme for the biosynthesis of the redox-active secondary metabolite phenazine and of the heat shock sigma factor RpoH, a major known target of FtsH in E. coli, was verified by in vivo degradation assays (Kamal et al., 2019). A contribution of the tLSTa-encoded FtsHGI to stress tolerance in E. coli has not been demonstrated and isogenic strains of E. coli carrying tLST2, which encodes a functional version of ftsHGI and tLST1, were the gene coding for FtsHGI is truncated, have comparable heat resistance (Boll et al., 2017). In P. aeruginosa clone C, ftsHGI backs up core genome ftsH with regards to a number of phenotypes including heat and antibiotic resistance and biofilm formation (Kamal et al., 2019). The core genomes of E. coli and P. aeruginosa encode three and four, respectively, cardiolipin synthases with overlapping function (Lee et al., 2020). Cls mediated changes of the composition of membrane fatty acids improved stationary phase survival of E. coli (Nishijima et al., 1988; Hiraoka et al., 1993).



Proteins Encoded by the Cell Envelope Stress Module

The cell envelope stress module encodes the two predicted periplasmic proteins YfdX1 and YfxX2 and the integral membrane protein HdeDGI. The module is required for heat and chlorine resistance, but not for pressure resistance in E. coli (Mercer et al., 2015; Li et al., 2020; Wang et al., 2020). Each of the three proteins of the cell envelope stress module is required for heat resistance (Mercer et al., 2017a; Li et al., 2020). The periplasmic stress chaperones YfdX1 and YfdX2 are predicted to act as periplasmic chaperones to control protein quality. YfdX in S. Typhi was also shown to increase resistance to penicillin G and carbenicillin (Lee et al., 2019; Liu et al., 2019) but this activity has not been verified for the tLST encoded YfdX1/2. The chromosomally encoded integral membrane protein HdeD improves growth at low pH in E. coli (Mates et al., 2011); however, currently available data do not provide evidence for a contribution of the tLST or the tLST-encoded HdeDGI to enhance growth or survival at low pH.



Proteins Encoded by the Oxidative Stress Module

The function of the oxidative stress module remains poorly characterized when compared to the protein homeostasis and cell envelope stress modules (Figure 1). The oxidative stress module is required for resistance to chlorine but not for heat or pressure resistance. As mentioned earlier, the genes orf11, orf14, and orf15 encode proteins that are less than 30% identical to proteins of known function; the expression of the tLHR-encoded orf15 in E. coli too low to be detected by proteome analysis (Li et al., 2020). DegP encoded on the core genome of E. coli is a periplasmic chaperone and endopeptidase that is essential for growth at high temperature, aids in protein homeostasis, and activates expression from the alternative sigma factor σE (Lipinska et al., 1990; Mecsas et al., 1993; Sklar et al., 2007). The orf16 tLST-encoded DegP is, however, only 41% identical to the core genome DegP; in addition, the tLST island does not improve growth of E. coli at high temperature (Ruan et al., 2011) or at alkaline pH (Zhu et al., 2021).

KefbBGI is predicted to function as potassium-proton antiporter; this ion exchange acidifies the cytoplasm at alkaline conditions (Elmore et al., 1990). The core genome KefB of E. coli, which is 31% identical to KefBGI, is inhibited by cytoplasmic glutathione and activated by glutathione adducts (Roosild et al., 2010). In accordance with a predicted K+/H+ antiport activity, the orf13 gene product KefBGI protected E. coli against alkaline pH in presence of chlorine, which depletes cytoplasmic glutathione, but not at solely alkaline pH (Zhu et al., 2021).



OCCURRENCE OF tLST OR ITS COMPONENTS IN PROTEOBACTERIA AND OTHER GRAM-NEGATIVE BACTERIA

The tLST with the core genes dna-hsp20-clpG encoded in genomes of beta- and gamma-Proteobacteria is generally flanked by mobile elements such as transposases or phage derived genes (Mercer et al., 2015; Lee et al., 2016). Different insertion elements such as IS5, IS3, and Tn7 elements can flank the tLST (Figure 2B), although the data on complete genomes are too scarce to allow a systematic analysis. The genomic island can be either plasmid or chromosomally encoded; in addition, bacterial genomes can harbor more than one genetically distinct tLST island on the chromosome and on plasmids (Boll et al., 2017; Nguyen et al., 2017; Kamal et al., 2021). The >80% conservation of the tLST on the DNA level throughout even distantly related species suggests a singular and relatively recent source of island mobilization. The G + C content of the tLST is also relatively constant at approximately 61%, whereas the core genomes of its hosts such as P. aeruginosa, E. coli, Aeromonas, Stenotrophomonas, and Acinetobacter spp. can range from 39 to 70%. This further supports the hypothesis of promiscous horizontal transfer of the genomic island (Supplementary Table 2). However, current data is insufficient to reliably indicate the origin of the genomic island.

The initial description of the archetypical composite tLST in beta- and gamma-Proteobacteria were based on the ∼19 kbp tLSTa (previously: TLPQC) in the water isolate P. aeruginosa SG17M, which lacks the cell envelope stress module and adjacent up- and downstream genes (Figure 1; Lee et al., 2015) and the ∼15 kbp tLST1 (previously: LHR1) in food-derived E. coli, which lacks the cardiolipin synthase and FtsHGI (Mercer et al., 2015). Since 2015, additional tLST variants were described which include insertions in the oxidative stress module and were termed tLST2 (previously: LHR2; Boll et al., 2017; Nguyen et al., 2017). Previous database searches suggested that tLST variants are present mainly in gamma- and beta-Proteobacteria (Mercer et al., 2015). Among the Enterobacterales, the tLST has been found virtually exclusive to the Enterobacteriaceae. The Enterobacteriaceae include environmental or insect-associated bacteria, organisms that are associated with plants but also persist in the intestine of vertebrates and are also of relevance as nosocomial pathogens, e.g., Klebsiella, Enterobacter, and Cronobacter species, and vertebrate- or human-adapted pathogens such as Shigella species and S. enterica (Adeolu et al., 2016). Remarkably, the tLST has not been detected in insect associated Enterobacteriaceae e.g., Trabulsiella species (Mercer et al., 2015); and is also absent in the human pathogenic Shigella species, S. enterica, Shiga-toxin producing E. coli and the pandemic ST131 E. coli clone. The tLST occurs, however, in non-pathogenic strains of E. coli as well as Klebsiella and Cronobacter species (Mercer et al., 2015; Wang et al., 2020; Kamal et al., 2021). Beyond beta- and gamma Proteobacteria an archetypical composite island is present, for example, in the α-proteobacterium Methylobacillus flagellatus KT isolated from a sewage plant (Figure 2B). As a hallmark, a sigma 24 like transcription factor is encoded by the island, but an integrated KefB H+/K+ transporter is missing (Gajdosova et al., 2011). We further interrogated the distribution of tLST variants by nucleotide BLAST analysis against the NCBI database in August 2020, using each of the genes encoded in the tLST1 or tLST2 as BLAST queries (Figure 4). Genomes that are deposited in the NCBI database predominantly originate from organisms that relate to human activity, particularly human pathogens, and thus do not allow reliable quantification of the distribution of the tLST. To address sampling bias, the NCBI database was used as a qualitative resource and only one sequence variant of the tLST for each bacterial species was randomly chosen (Figure 4). Sequences that include tLST-encoded proteins were predominantly recovered from organisms of the beta- and gamma-Proteobacteria, but alpha- and delta-Proteobacteria and Deinococcus of the class Deinococci were also represented (Figures 2, 4). Strains encoding for the tLST were isolated not only from anthropogenic sources, i.e., clinical sources, food or food-processing facilities, waste water, and soils contaminated by metal mining or oil extraction, but also from environmental sources including fresh water and hydrothermal vents where the tLST or major components thereof can also reside on a plasmid (Figures 2, 4 and unpublished data citation). Strong selective pressure for transmission and maintenance of the tLST therefore also exists in habitats that are seemingly not impacted by human activity (Figures 2B, 4). Irrespective of sampling bias for genomes deposited in the NCBI database, the high frequency of tLST-positive nosocomial pathogens in conjunction with the virtual absence in human-adapted pathogens such as Shigella, Salmonella Typhi, and toxin-producing intestinal organisms such as STEC provides evidence to prior suggestions that the tLST does not contribute to the ecological fitness of these pathogens, but can increase virulence or persistence of commensal E. coli and organisms in hospitals that are predominantly of environmental origin, but also opportunistic or nosocomial pathogens (Lee et al., 2020; Wang et al., 2020; Kamal et al., 2021).
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FIGURE 4. Presence of tLST encoded genes in bacterial genomes. Bacterial genomes containing two or more tLST-encoded genes are color coded as follows (inside to outside): Shading of the bacterial name: taxonomic position; colored ring: source of isolation of the organism; colored symbols indicate the presence or absence of each of the 20 genes encoded by the tLST2 of S. enterica serovar Senftenberg. The file was generated with the nucleotide database that was downloaded from NCBI on 20 August 2020. The database was queried using the tLST2 version found in S. enterica serovar Senftenberg (CP016838.1:190579-209902) using command line Blastn 2.9.0. All homologous regions which were less than 35 kb and contained more than one tLST gene were extracted (705 sequences) and aligned with Muscle 3.8.1551 (Edgar, 2004). The aligned files were then used to make a tree using FastTree 2.1 (Price et al., 2010). The tree was manually pruned in iTOL (Letunic and Bork, 2019) to remove highly related sequences from the same species and remaining sequences were re-aligned using Mafft 7.407 (Katoh and Standley, 2013). The remaining sequences were also used to create a Blast database, which was queried using the individual tLST genes from S. Senftenberg, Escherichia coli AW1.7 (GCA_001309455.1) or the PdeR gene from Pseudomonas sp. phDV1 (CP031606.1). The presence or absence of the gene was labeled on the tree and truncated tLST versions were inspected to confirm that they were not artifacts of sequencing or assembly. The sources of the strains that contained the tLST sequences used were downloaded from NCBI. The genome accession numbers of the organisms shown and the locations of the tLST sequences in the genomes are indicated in Supplementary Table 3.




CYCLIC DI-GMP SECOND MESSENGER SIGNALING CONTRIBUTES TO tLST ISLAND VARIABILITY

The tLST1 that encodes for orf1 (dna), shsp201GI, clpKGI, shsp202GI, yfdX1, yfdX2, hdeDGI, orf11, trxGI, kefBGI, orf14, orf15, and degPGI has been detected only in Enterobacteriaceae (Figure 4 position 11:00 to 2:00). Some of these tLST1 variants include ftsHGI and individual sequences exclude genes encoded by the oxidative stress module and/or the cell envelope stress module (Figure 4). The tLSTa (Figure 1) is represented mainly by sequences retrieved from beta-Proteobacteria including Burkholderia and Achromobacter species (Figure 4 at position 2:30). Substantial variability in gene content and amino acid sequence of gene products of the archetypical tLST is found. Several sequences in beta- and gamma-Proteobacteria that are closely related to the tLSTa lack genes of the cell envelope stress module (Figure 4 at position 3:30). The tLST2 (previously: LHR2) which includes the cardiolipin synthase, ftsHGI, orfC, orfD, and a diguanylate cyclase has also been exclusively represented by Enterobacteriaceae including E. coli, Klebsiella and Citrobacter species and the only strain of Salmonella that even harbors two tLST islands, S. enterica serovar Senftenberg ATCC 43845 (Figure 4 at position 7:00, Nguyen et al., 2017). Finally, multiple Enterobacteriaceae encode a tLST variant termed truncated tLST or tLSTt which encodes only the MerR-like regulator Orf1 (Dna), a putative Dna binding protein; sHSP201GI and ClpGGI of the protein homeostasis module, the C-fragment of the diguanylate cyclase, orf14, and orf15 of the oxidative stress module (Figure 4 at position 8:00 to 10:00). Further more, although tLST gene products are highly conserved, their nevertheless present substantial sequence variability can lead to initial diversification of functional properties and thus provide a study subject for protein evolution in vivo (Kamal et al., 2021).

Genes whose products function as turnover enzymes for the bacterial second messenger cyclic di-GMP can be inserted or replace core tLST genes. For example, tLST variants of E. coli carry a disrupted orf14, but encode orfE, a predicted diguanylase cyclase that has a putative function in starvation survival (Boll et al., 2017), while in another tLST variant from P. aeruginosa clone C the gene for the potassium-proton antiporter KefBGI is replaced by a putative diguanylate cyclase-phosphodiesterase protein (Lee et al., 2020). Cyclic di-GMP is a ubiquitous second messenger in bacteria that directs the fundamental life style transition between sessility (biofilm formation) and motility as well as between chronic and acute infections (Römling et al., 2013). Recently, the TdcA gene product inserted downstream of the kefBGI antiporter gene in P. aeruginosa was characterized as a thermo-responsive diguanylate cyclase (Almblad et al., 2021). The response to temperature changes is mediated by a Per-Arnt-Sim (PAS) sensory domain, which led to high biofilm formation at body temperature. Increased biofilm formation in response to temperature might thereby aid chronic colonization by P. aeruginosa.

In the section above, we emphasized that different modules of the tLST differ in their protection against the various chemical or physical stressors, and protect different segments of bacterial cells (Figure 1). The phylogenetic analysis shown in Figure 4 confirms that this tLST mediated protection against multiple stressors improves the ecological fitness of many organisms, and provides selective pressure for maintenance of those tLST encoded core genes that are present in tLSTa, tLST1, and tLST2 (Figures 1, 4). The high level of expression of tLST encoded proteins (Lee et al., 2015; Kamal et al., 2019; Li et al., 2020) likely also imposes substantial fitness cost, which is apparently offset by the increased resistance to heat, oxidative stress, and additional but yet unknown environmental insults, but can explain the presence of the tLST in only distinct genetic backgrounds of the different species. The gene content of the tLST is altered, however, by deletions or insertions in many bacterial species (Figure 4), indicating that the genomic island is “customized” to match the selective pressures that bacterial species encounter in their respective ecological niches.



RELEVANCE OF THE tLST FOR NOSOCOMIAL PATHOGENS AND ANTIBIOTIC RESISTANCE

Is the tLST a relevant contributor to persistence of nosocomial pathogens in hospitals and aids their antibiotic resistance? In the section above, we have emphasized that organisms that adapted to an human intestinal pathogenic lifestyle, as is the case for Shiga-toxin producing E. coli, Shigella species, and S. enterica, rarely encode the tLST. Heat resistant and tLST-encoding commensal and meat derived strains of E. coli are predominantly of phylotype A, while urinary tract pathogens bearing virulence factors consistently exclude the tLST island consistent with the antivirulence function of the YfdX proteins (Wang et al., 2020; Kamal et al., 2021). The tLST island is frequently present in organisms that are found in environmental or plant-associated niches but can also be nosocomial or opportunistic pathogens (Figure 4; Struve and Krogfelt, 2004; Lee et al., 2017, 2020; Wang et al., 2020). While this pattern is consistent, the mechanisms for tLST maintenance are unknown. However, biofilms of K. pneumoniae survive significantly better upon ClpGgi/ClpK production (Bojer et al., 2011) and an endoscope associated outbreak was caused by P. aeruginosa clone C strains which usually bear tLST (Fernández-Cuenca et al., 2020). The presence of the tLST in nosocomial pathogens may therefore reduce dispersal limitation, i.e., improve the ability of organisms to survive in water or on surfaces after sanitation, or it may relate to increased virulence upon infection by improved biofilm formation, which can be triggered by thermosensitive cyclic di-GMP modules, or through resistance to antimicrobial compounds generated by immune cells of the host. While a direct contribution of the tLST to antibiotic resistance has not been demonstrated experimentally, the predicted function of several tLST encoded proteins suggests a contribution to the resistance to therapeutic antibiotics (Figure 4).



CONCLUSION AND PERSPECTIVES

The tLST is a composite horizontally transferred genetic element that provides exceptional resistance against a number of clinically and environmentally relevant chemical and physical stressors including heat and oxidative stress. Although those stresses can be occasionally present in a number of ecological niches, selection for tLST positive strains of organisms such as E. coli, P. aeruginosa, K. pneumoniae, and C. sakazakii is promoted by human activities including thermal interventions in food processing, hospital-based disinfection procedures and common water and waste water sanitation procedures indicating the need for widening the substrate spectrum for proteases and disaggregases by horizontal transfer of xenologs. The sequence diversity of tLST variants in different bacterial backgrounds implies either adaptation to the host conditions and/or multiple unknown stressors that select for maintenance of the tLST in natural habitats remain unknown, as is the original host for the archetypical tLST from which this composite genomic island was disseminated. Although core activities are well known, the distinct physiological function of multiple tLST encoded proteins remains to be elucidated. In particularly, it is unclear why tLST elements can encode up to three distinct small heat shock proteins (Figure 2B), why multiple variants of the tLST integrate cyclic di-GMP turnover proteins and how these proteins function in stress resistance.

Irrespective of our ability to answer these questions, the tLST appears to contribute to the success of multi-drug-resistant bacteria as nosocomial pathogens and should be considered in efforts to reduce their spread and persistence. Conversely, the demonstrated ability of tLST-encoded proteins to prevent protein aggregation, or to restore aggregated proteins to their native state may be an asset in biotechnological applications that aim to achieve high-yield production of heterologously expressed proteins (Guzzo, 2012). Those characteristics might be extended to clinical applications as ClpG also prevents toxicity of protein substrates involved in neurogenerative diseases (March et al., 2020). Moreover, while core genome heat shock proteins are often essential genes, tLST encoded heat shock proteins are accessory genes and thus provide an excellent tool to study the role of protein homeostasis in bacterial stress resistance and ecology.
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The ability of chaperonins to buffer mutations that affect protein folding pathways suggests that their abundance should be evolutionarily advantageous. Here, we investigate the effect of chaperonin overproduction on cellular fitness in Escherichia coli. We demonstrate that chaperonin abundance confers 1) an ability to tolerate higher temperatures, 2) improved cellular fitness, and 3) enhanced folding of metabolic enzymes, which is expected to lead to enhanced energy harvesting potential.
Keywords: metabolic flux, GroEL, evolution, proteomics, metabolism, competitive index
INTRODUCTION
Chaperonins are found in nearly every organism across all domains of life, and are essential in all cases tested to date, although in some cases non-essential paralogues are found (Lund, 2009; Kumar, 2017). The GroE chaperonin system of E. coli, consisting of the 60 kDa GroEL and the 10 kDa GroES proteins assembled into ring complexes of 14 and seven sub-units, respectively, is encoded by the groE operon (Tilly and Georgopoulos, 1982; Bukau and Horwich, 1998; Balchin et al., 2016). This operon is expressed principally from two promoters, one utilized in the presence of housekeeping sigma factor σ70, and the other, which is strongly induced due to the accumulation of unfolded proteins, in the presence of the alternative sigma factor, σ32 (RpoH) (Kusukawa and Yura, 1988; Lund, 2001; Kumar et al., 2015; Schumann, 2017). As σ32 levels respond to unfolded protein, this provides a feedback loop to maintain proteostasis (Kim et al., 2013). When cells are shifted to heat shock temperatures between 42 and 46°C, GroEL levels increase by 5–10 fold, reaching up to 12% of the entire cellular proteome (Martin et al., 1992). These increased levels interact more extensively with the proteome and are assumed to prevent misfolding or assist refolding of heat-stressed proteins (Martin et al., 1992; Llorca et al., 1998; Houry et al., 1999). Cells that cannot mount an unfolded protein response due to rpoH deletion are extremely temperature sensitive, and selection for pseudo-revertants of these strains at elevated temperatures yields up-promoter mutations in the groE promoter (Kusukawa and Yura, 1988). GroE is thus important even under normal growth conditions, and indeed GroEL and GroES are respectively the 20th and 21st most abundant proteins in E. coli (excluding ribosomal proteins), with sufficient protein being made under non-stressed conditions to produce approximately 2,800 complexes of GroEL and 5,700 complexes of GroES (Li et al., 2014). Other chaperones that are also abundant include the ribosome bound trigger factor (TF), which is the 19th, and the Hsp70 homologue, DnaK, which is the 27th most abundant. The high levels of all these chaperones indicates their key roles in cell growth. Although combined loss of TF and DnaK is deleterious to cells, groEL and groES are the only chaperone encoding genes in E. coli that are essential under all conditions (Fayet et al., 1989).
GroE (GroEL and GroES) assists the folding of 10–15% cellular proteins (Houry et al., 1999), many of which are essential (Kerner et al., 2005). GroE’s ability to fold “folding-compromised” proteins (Houry et al., 1999; Fares et al., 2002; Kerner et al., 2005; Tokuriki and Tawfik, 2009) is consistent with a “genetic capacitance” function. Many studies with different heterologous proteins have shown that GroE can enhance their folding (Tokuriki et al., 2008; Tokuriki and Tawfik, 2009; Wyganowski et al., 2013; Ishimoto et al., 2014; Durao et al., 2015). In addition, some deleterious mutations are retained in the genome upon overexpression of groE, probably due to chaperonin-buffered folding of polypeptides whose folding pathway has been perturbed (Van Dyk et al., 1989; Fares et al., 2002; Williams and Fares, 2010; Sabater-Munoz et al., 2015). However, since GroE is an active ATPase, its overproduction could be deleterious to the cell, owing to the depletion of cellular energy pools. Here, we have assessed the effect of GroE overproduction on the growth characteristics and thermal tolerance of E. coli and used proteomics and in silico flux balance analysis (FBA) to determine the likely impact of chaperonin overproduction on the metabolic advantage and consequent fitness of the organism.
MATERIALS AND METHODS
Materials, Plasmids, Bacterial Strains and Growth Conditions
All chemicals were from Sigma, Inc. Bacterial growth media and media supplements were from HiMedia Laboratories, Inc., Mumbai, India. Phusion polymerase for colony PCR was purchased from New England Biolabs Inc., United States. GroE expression plasmids, pBAD-GSL and pTrc-GSL were generated by cloning GroE operon into NcoI and HindIII sites on plasmids pBAD24 (Guzman et al., 1995) and pTrc99A (Amann et al., 1988), respectively. The groE conditional mutant strain, E. coli LG6, was a kind gift from Arthur Horwich, Yale University, United States (Horwich et al., 1993). This strain produces GroE at levels similar to the wildtype at 30°C upon induction (Supplementary Figure 1). Oligonucleotide primers were purchased from Integrated DNA Technologies, Inc., Coralville, IA, United States.
Construction and Validation of Strains Producing High and Low GroE Levels
To enable control of GroE levels independently from the growth temperature, two strains that differentially express groE were generated from the E. coli strain LG6, in which the chromosomal groE promoter has been replaced with a Plac promoter (Horwich et al., 1993). A high level GroE expression strain, GL-Ht (for GroEL High pTrc), was obtained by transforming LG6 with pTrc-GSL and a lower level GroE expression strain, GL-Lt (for GroEL Low pTrc) was obtained by transforming with the control plasmid pTrc99A (Amann et al., 1988). The scheme for the generation of these phenotypes is illustrated in Figure 1. To confirm the expression levels, these strains were cultured in the presence of 0.2% D-lactose to induce chromosome and plasmid borne groE operons, for 3 h at 30°C. The resulting cells were suspended in lysis buffer containing 50 mM HEPES:KOH pH 7.5 and 150 mM NaCl, 1 mM EDTA, and 1 mM PMSF, mixed with Lysing Matrix E and lysed by homogenization in FastPrep (M. P. Biomedicals, Irvine, CA, United States). Lysates were centrifuged at 13,000 rpm for 20 min to obtain soluble lysates. The soluble lysates were resolved on 12.5% SDS-PAGE and 12% Tricine gel followed by Coomassie Brilliant Blue staining to detect the levels of GroEL and GroES, respectively. In parallel, these lysates were probed with an anti-GroEL monoclonal antibody (1.10B) at 1:100 dilution and the blots were developed by BCIP/NBT-Purple Liquid Substrate System (Sigma Aldrich Inc., St. Louis, MO, United States). In addition to these strains, two strains that enable independent regulation of the chromosome and plasmid borne copies of groE operon were generated by transforming LG6 with pBAD-GSL and pBAD24 to result in high and low expression strains, GL-Hb and GL-Lb, respectively. These strains were cultured in the presence of 0.2% lactose plus 0.2% arabinose to obtain the high and low expression levels (Supplementary Figure 2A).
[image: Figure 1]FIGURE 1 | Construction of GL-Lt and GL-Ht Strains. In E. coli LG6, the groE operon is under the control of the inducible Ptrc promoter. This strain was transformed with either a plasmid expressing groE under the control of lactose (GroE Plasmid), pTrc-GSL or its empty vector (Vector), pTrc99a. Upon culturing in the presence of lactose, GL-Ht produces elevated levels of GroEL and GroES, due to the induction of chromosomal and plasmid-borne groE operon, while GL-Lt will have lower production of GroES and GroEL due to the induction of only the chromosomal groE copy.
Temperature Sensitivity Assessment
The extent to which GroE overproduction enables temperature tolerance was assessed using a complementation assay (Kumar et al., 2009; Chilukoti et al., 2015). Actively growing cultures of GL-Ht and GL-Lt were normalized for OD600, serially diluted, and spotted onto eight LB agar plates supplemented with 0.2% D-lactose. The plates were incubated at 17, 20, 22, 25, 30, 37, 40, 42, 45, 46, and 48°C. Wild type MG1655 harboring pTrc-GSL or empty vector (pTrc99A), respectively, were included as controls.
Competition and Estimation of Relative Fitness
GL-Hb and GL-Lb cells were subjected to competitive serial culturing as described previously (Zambrano et al., 1993; Vulic and Kolter, 2001; Smith, 2011). Briefly, equal number of cells from these two cultures were mixed and grown in fresh LB supplemented with 0.2% L-arabinose and 0.2% D-lactose. This mixed culture was grown to stationary phase at 30°C, recovered, labelled Passage-1 and used to generate the second passage (Figure 3A). Serial sub-culturing was repeated for a further 20 passages (∼700 generations). At each passage, a fraction of the cultures was serially diluted up to 10−7 dilution in LB broth and spread on LB agar plates supplemented with 0.2% D-lactose, which supports the growth of the cells derived from either strain. The resulting colonies at each passage, in the range of 23–28 colonies, were screened using colony PCR to identify whether colonies were derived from either GL-Hb or GL-Lb cells. Colony PCR with the PBADF (5′-CTG​TTT​CTC​CAT​ACC​CGT​T-3′) and PBADR (5′-CTC​ATC​CGC​CAA​AAC​AG-3′) primers, which bind upstream and downstream of the MCS on the parental vector pBAD24, results in the amplification of 2.1 and 0.3 kb fragments from the pBAD-GSL and pBAD24 vectors, harbored by the GL-Hb and GL-Lb cells, respectively. Relative competitive index (CI), a measure of relative fitness, was calculated for each phenotype as the ratio of the proportion of a particular cell type at the final and initial generations (Monk et al., 2008; Macho et al., 2010; van Opijnen and Camilli, 2013).
Proteomic Analysis
Equal number of cells from exponentially growing cultures (OD600 = ∼0.6) of GL-Hb or GL-Lb strains were harvested, suspended in lysis buffer (50 mM HEPES:KOH pH: 7.5 and 150 mM NaCl, 1 mM EDTA, and 1 mM PMSF), lysed by sonication, and the soluble protein fractions were recovered by centrifugation at 12,000 rpm for 20 min 200 µg protein from the soluble fractions of each lysate were resolved through 2D PAGE following the standard protocols. Briefly, the lysates were resolved on the first dimension through a 7 cm Immobilized pH Gradient (IPG) strip of 3–10 pH range, followed by 10% SDS-PAGE on the second dimension. The separated proteins were stained with Coomassie brilliant blue and intensities of the stained protein spots were compared between the two gels using densitometry. This experiment was repeated three times to identify the spots that exhibited consistent differential enrichment between the strains. Differentially enriched spots between the two lysates were picked and identified by tandem mass-spectrometry in an LTQ Orbitrap Mass Spectrometer (Thermo Fisher Scientific Inc., Waltham, MA, United States). The differentially enriched proteins were identified using MASCOT (Hirosawa et al., 1993) search against UniProtKB/TrEMBL (UniProt, 2019) and RefSeq (O'Leary et al., 2016) databases. The spot identification was done in collaboration with the Centre for Cellular and Molecular Platforms, Bangalore, India.
Flux Balance Analysis of the GL-Hb and GL-Lb Strains
E. coli genome-scale metabolic network iJO1366 (Blais et al., 2013) was used for performing the FBA simulations. The iJO1366 model was first simulated using a standard energy source (equivalent of a glucose-supplemented minimal media) to obtain the steady state fluxes through each of the reactions (Orth et al., 2011). The objective function of this FBA simulation was to maximize the biomass production, while using some “default constraints” (lower- and upper-bounds of fluxes through each reaction) derived from the literature (Blais et al., 2013). Following this preliminary assessment of the E. coli cell’s metabolic potential, two independent FBA simulations were performed, each of which corresponded to the enzyme expression/enrichment profiles of the GL-Hb and GL-Lb strains. During each of these simulations the reaction flux values were appropriately constrained, based on the results from the preliminary assessment and the corresponding enzyme expression/enrichment profiles (Supplementary File 2). Incorporating enzyme expression profiles into FBA simulations was performed with our software tool “TransFlux,” developed in-house, and housed at http://www.nccs.res.in/TrasFlux/index.jsp. Details of the parameters and the principles applied in FBA are presented in the Supplementary Material methods section.
RESULTS
Construction of GroE Overproducing Strains
To investigate the effect of chaperonin overproduction on E. coli, we constructed two chaperonin producing strains, GL-Ht and GL-Lt, which produce high and low levels of GroE (Figure 1). These strains were derived from strain E. coli LG6 (Horwich et al., 1993), in which the PgroE promoter is replaced by the Plac promoter, by transforming with pTrc-GSL, which overexpress groE operon upon induction with lactose, or its parental plasmid pTrc99A. SDS-PAGE confirmed significant overproduction of GroEL (Supplementary Figure 1A) in GL-Ht compared to GL-Lt. From Western blotting of the lysates, we estimate that GroEL levels are twenty-fold greater in GL-Ht than in GL-Lt (Supplementary Figure 1B). The expression levels of GroEL in GL-Lt were lower than the MG1655, where wildtype PgroE promoter drives the expression (Supplementary Figure 1) (Chapman et al., 2006). Further, GroES was significantly overproduced in GL-Ht compared to GL-Lt (Supplementary Figure 1C).
GroEL-GroES Overproducing Strains Showed Enhanced Temperature Tolerance
As GroE is involved in protection against thermal stress, we analyzed the impact of different GroE levels in GL-Ht and GL-Lt on growth at temperatures ranging from 17 to 48°C (Figure 2) (Chilukoti et al., 2015). E. coli MG1655 and MG1655 hosting pTrc-GSL were included for comparison. As expected, GL-Lt cells exhibited heat and cold sensitive phenotypes and consequently showed poor growth at many temperatures, consistent with previous observations that sufficient levels of GroE are required for growth over a wide temperature range (Ferrer et al., 2003). Further, MG1655 showed much better temperature tolerance than GL-Lt, showing the importance of the heat-shock regulation of the PgroE promoter. The strains harboring pTrc-GSL tolerated higher temperatures, up to 48°C, than the vector-only MG1655, where groE expression is temperature regulated, suggesting that higher levels of GroE enable higher temperature tolerance.
[image: Figure 2]FIGURE 2 | Temperature Tolerance upon Chaperonin Overproduction. Ten-fold serially diluted (10−1 through 10−6) exponentially growing cultures of GL-Ht (H), GL-Lt (L), MG16155 (W), and MG1655 with pTrc-GSL (W+) were spotted onto LB agar plates supplemented with lactose. These plates were incubated at the indicated temperatures.
GroEL-GroES Overproducing Strain Exhibited Fitness Advantage in Competition Culture
Since higher levels of chaperonins led to a growth advantage, we examined whether this translated to a fitness advantage even under low stress conditions, by competing two strains with different GroE levels. Since the two strains showed similar growth profiles on the plates (Figure 2) and in independent liquid cultures at 30°C (Supplementary Figure 3), we chose this temperature for the competition culture. To do these experiments, we needed to be able to control the plasmid borne and chromosomal copies of the groE operon independently. Therefore, we constructed two new strains with a PBAD based plasmid expression system, called GL-Hb (high expression) and GL-Lb (low expression) strains. Similar to GL-Ht, GL-Hb showed several folds higher GroE induction levels (Supplementary Figure 2A) and temperature resistance (Supplementary Figure 2B). The cultures of GL-Hb and GL-Lb were competed for 20 passages (∼700 generations) and their relative fitness(s) were estimated (Figure 3A) as described in Materials and Methods (Monk et al., 2008; Macho et al., 2010; van Opijnen and Camilli, 2013). The high groE expressing GL-Hb outcompeted GL-Lb (Figure 3B), indicating that chaperonin level is an important fitness determinant.
[image: Figure 3]FIGURE 3 | Chaperonin Depletion leads to Lower CI (A) Strategy for Determining the CI for GL-Lb and GL-Hb strains. Stationary phase cultures of GL-Lb and GL-Hb strains were mixed at equal cell density, grown to stationary phase and sub-cultured in fresh media for 20 continuous passages. Cells recovered at each passage were serially diluted as indicated, spread on LB agar plates and the resulting colonies were scored for their phenotype (GL-Lb or GL-Hb), by colony PCR, using vector specific oligonucleotide primers (B) CI, as a degree of fitness, was calculated at every passage from a ratio of proportion of the cells with a particular phenotype and plotted as a function of number of passages. CI trend was similar among the three independent experiments.
Proteomic Analysis Revealed Preferential Enrichment of Metabolic Enzymes in GroEL-GroES Overproducing Strains
Overproduction of a chaperonin is likely to enrich the levels of folded proteins in the cells, while unfolded or misfolded proteins tend to remain insoluble and thereby targeted to either the inclusion bodies or marked for degradation (Samuelson, 2011). Given this context, we investigated the proteomes of GL-Hb and GL-Lb cells, to identify what might account for the differences in fitness. Both strains were grown under identical conditions and their soluble proteome profiles (on 2D PAGE) were compared for relative abundance (Supplementary Figure 4; Table 1). Many of the identified proteins were known chaperonin clients belonging to either classes I and II (Kerner et al., 2005), class IV (Fujiwara et al., 2010) or the clients identified exclusively in Chapman et al. (2006), which here we have denoted as class V. However, several proteins that were identified as being differentially expressed were not known clients (Table 1), suggesting that either chaperonin overexpression can indirectly affect the folding of these non-client proteins or that the chaperonin client base is larger than currently understood. We noted that none of the obligate class III GroEL clients (Kerner et al., 2005) were relatively enriched in either strain, showing that there is sufficient chaperonin activity for folding these clients in the GL-Lb strain. Notably, the outer membrane proteins, OmpC and OmpF, which are involved in metabolite import and are known GroE clients (Kerner et al., 2005), were enriched in the soluble proteome of GL-Lb. The higher level of OmpC and OmpF in the soluble fraction of GL-Lb suggested a lower proportion of these proteins might be reaching the outer membrane in these strains. We therefore quantified the relative levels of OmpC and OmpF in membrane fractions of both pairs of strains, and confirmed that the levels were lower in both GL-Lb and GL-Lt (Supplementary Figure 5). Further, a higher instability index (obtained from Expasy ProtParam tool), which is a reverse measure of protein stability (Guruprasad et al., 1990; Gasteiger et al., 2005) was observed for the proteins enriched in GL-Hb strain, suggesting that their enrichment in the chaperonin overexpressing condition may be linked to lower stability and hence a greater chaperonin requirement. The enrichment of TF in GL-Lb (Supplementary Figure 1A; Table 1), is consistent with previously reported interactions between TF and GroE (Kandror et al., 1995; Kandror et al., 1997) and suggests TF may be able to partially compensate for low levels of chaperonin function in GL-Lb. Furthermore, enrichment of several metabolic enzymes in the GL-Hb strain, suggested a higher rate of metabolism in this strain. To evaluate this hypothesis, we collated publicly available E. coli proteomic data from the paxdb database (Wang et al., 2012), screened for proteins that were co-enriched with GroE across different experiments and identified 404 proteins that showed significant correlation, in expression levels, with GroE (Pearson correlation co-efficient ≥ 0.7, p < 0.05). Interestingly, a GO enrichment analysis of this set of proteins revealed that majority of these proteins were involved in metabolism and energy production, including multiple GO terms related to carbohydrate metabolism (Table 2).
TABLE 1 | Properties of the differentially enriched proteins in GL-Hb and GL-Lb strains.
[image: Table 1]TABLE 2 | Enriched Gene Ontology terms (level 3 - biological process terms), associated with the 404 proteins that were co-enriched/expressed with GroE across different experiments.
[image: Table 2]Flux Balance Analysis of Oxidative Phosphorylation in High- and Low-GroEL Strains.
Considering the preferential enrichment of metabolic enzymes upon GroE overproduction, we adopted an FBA approach (Orth et al., 2011; Blais et al., 2013) to assess how the differential enrichment of metabolic enzymes in the GL-Lb and GL-Hb strains would translate into altered metabolic states and cellular fitness. The FBA simulation analyses were carried out using “TransFlux” (available at: http://www.nccs.res.in/TransFlux/index.jsp), an in-house tool with a module to incorporate gene expression/proteomic profiles in the FBA framework. The proteomic profiles (Table 1) and observations from E. coli gene expression microarray studies, derived from the Many Microbe Microarrays database (M3D, www.m3d.mssm.edu) (Faith et al., 2008) were utilized to constrain fluxes though respective reactions, while performing two independent FBA simulations, each of which corresponded to the expression/enrichment profiles of the enzymes enriched in GL-Lb and GL-Hb strains. As expected, higher flux was observed through several pathways of carbon metabolism including glycolysis, gluconeogenesis, citric acid cycle (TCA cycle) and its anaplerotic reactions, and alternate carbon metabolism, in the simulated GL-Hb strain (Table 3). These pathways appear to be supported by enhanced import of glucose and glycerol (Supplementary File 2). Pathways corresponding to several glucogenic amino acids metabolism and energy generating oxidative phosphorylation were enriched in this strain. However, the pathways leading to the toxic methylglyoxal synthesis were also enriched in the GL-Hb strain (Table 3). We also noted that pathways leading to the metabolism of membrane lipids, pyruvic acid, pentose sugars, ubiquinone and salvage of nucleotides are enriched in the GL-Lb strain. Overall, FBA simulations indicated that the metabolic enzymes that were enriched in GL-Hb may lead to higher metabolic flux in this strain (Table 3; Supplementary Material).
TABLE 3 | Cumulative metabolic flux through major pathways in simulated GL-Lb and GL-Hb strains as obtained through Flux Balance Analysis. Log two fold-change of fluxes of GL-Hb and GL-Lb are indicated in the Flux Ratio column.
[image: Table 3]DISCUSSION
Over- or under-production of chaperonins in several organisms has been demonstrated to perturb rates of proteolysis (Martinez-Alonso et al., 2010), influence growth rates, and alter the expression levels of compensatory chaperones like DnaK (Lemos et al., 2007). Here we present a simple model system to study the effects of GroE overproduction (Figure 1). We demonstrate that the overexpression of GroE chaperonin results in enhanced thermal tolerance (Figure 2) and competitive advantage (Figure 3). GroEL is known to be required for growth at low (Ferrer et al., 2003) and high (Guisbert et al., 2004) temperatures. Consistent with this, the GL-Lb and GL-Lt strains exhibited both cold and heat sensitive phenotypes (Figure 2). Proteomic studies (Table 1) followed by FBA (Tables 2,3) suggest that the acquired fitness advantage could be attributed to an enriched set of metabolic enzymes. Chaperonin depletion was observed to induce the enrichment of the compensatory chaperone, TF (Supplementary Figure 1A; Table 1), which may act as a holdase for the GroE client proteins (Hartl and Hayer-Hartl, 2002). Interestingly, while GroE is more abundant than TF in E. coli (Zou et al., 2014), TF is observed to be abundant in mycoplasma which lack the groE operon (Bang et al., 2000; Weiner et al., 2003; Musatovova et al., 2006; Lund, 2009), suggesting that higher levels of TF might be needed in such bacteria to compensate for the chaperonin deficiency. The TF - GroEL interplay, owing to their overlapping functions and client-base (Bhandari and Houry, 2015; Avellaneda et al., 2017), has been demonstrated both in vitro (Kandror et al., 1995) and in vivo in E. coli (Kandror et al., 1997). Therefore, it seems likely that TF enrichment in GL-Lb is compensating for GroE depletion and that TF may be acting on some clients as a holdase (Singhal et al., 2015). Further, the enrichment of the outer-membrane proteins OmpC and OmpF in the soluble proteome of GL-Lb suggests that these known GroEL client proteins failed to reach their normal final cellular destination (the outer membrane) and may have remained soluble, possibly in a TF-bound state. The reduced levels of these porins in the membranes of GL-Lb and GL-Lt strains (Supplementary Figure 5) might be responsible, in part, for the lower metabolite transport and metabolic flux in this strain (Table 3). TF was not upregulated in the wildtype strain (MG1655), despite lower GroE levels (Supplementary Figure 1), as GroE levels in this strain respond directly to levels of unfolded proteins. Furthermore, a different mode of GroE depletion resulted in the enrichment of DnaK (Calloni et al., 2012), which exhibits significant functional overlap with TF (Teter et al., 1999; Deuerling et al., 2003; Genevaux et al., 2004). The higher fitness of the GroES and GroEL over-producing strains under the conditions of our experiments is likely to be associated with fitness costs under other conditions (Figures 2, 3), otherwise it would be expected that higher expression would have evolved.
We demonstrate a direct relation between chaperonin abundance and competitive fitness. However, the evolution has not selected for intracellular chaperonin levels as high as the ones used in our experiments. The predictions from FBA simulations provide some clues that may explain why this has not occurred. Although enhanced glycolysis, TCA cycle and oxidative phosphorylation in the GL-Hb cells increase cellular energy currency, FBA simulations for the GL-Hb strain predicted an enhanced production of a toxic side product, methylglyoxal (Table 3), a very toxic three-carbon aldehyde that can inhibit E. coli growth at millimolar concentrations (Kayser et al., 2005; Weber et al., 2005). Therefore, evolution might have selected a balance in metabolic states between energy production and methylglyoxal toxicity, which would have, in turn, selected for an optimal level of chaperonin production. The fact that chaperonins are active ATPases provides another possible answer to this question. Overabundance of chaperonins might be linked to ATP depletion and consequent reduced growth (Sabater-Munoz et al., 2015). Thus, very high levels of chaperonin expression may have been selected against during the course of evolution. These explanations are not exhaustive, and the final level of chaperonin expression selected for is likely to result from a balance of optimizing fitness, due to multiple different factors.
Our analysis showed that GroE over-production results in several pleiotropic consequences that can enhance cellular fitness under the tested conditions. These observations need to be probed further to enhance our understanding of the precise role of the chaperone-client interactions in influencing fitness and, ultimately, evolution. A similar system could be advantageous in studying the effect of chaperonin overproduction in different microbes, especially the pathogenic bacteria with multiple chaperonins (Lund, 2009; Kumar, 2017).
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Binding to ribosome X R O X O O O X ©] X O %
Mutation G43A W44A R45A E10A 121A T33A M48A AE10 Al21 AT33 AMA48

Dimer formation X X A © A © © © X © A

Binding to ribosome @) X ©® ©® © ©} © © O ©} O

The assessment was based on the results of sucrose-density gradient centrifugation (Supplementary Figure 3) and western blotting (Figure 5 and Supplementary
Figure 4) analyses. ©: Strongly detected, O: Detected, A: Faintly detected, x: Not detected.
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pRham-27
pRham-28

Genotype

W3110 Armf, Ahpf. AyfiAr:Km

Expression vector under control of rhaPgap promoter, Amp”
pRham-based vector for expression of intact RMF and HPF
pRham-01-derived vector for expression of RMF(ANS) and HPF
pRham-01-derived vector for expression of RMF(AN10) and HPF
pRham-01-derived vector for expression of RMF(AN15) and HPF
pRham-01-derived vector for expression of RMF(AC5) and HPF
pRham-01-derived vector for expression of RMF(AC10) and HPF
pRham-01-derived vector for expression of RMF(AC15) and HPF
pRham-01-derived vector for expression of RMF(R3A) and HPF
pRham-01-derived vector for expression of RMF(K5A) and HPF
pRham-01-derived vector for expression of RMF(R11A) and HPF
pRham-01-derived vector for expression of RMF(G16A) and HPF
pRham-01-derived vector for expression of RMF(G23A) and HPF
pRham-01-derived vector for expression of RMF(C29A) and HPF
pRham-01-derived vector for expression of RMF(P30A) and HPF

pRham-01-derived vector for expression of RMF(C29A, P30A) and HPF

pRham-01-derived vector for expression of RMF(W40A) and HPF
pRham-01-derived vector for expression of RMF(G43A) and HPF
pRham-01-derived vector for expression of RMF(W44A) and HPF
pRham-01-derived vector for expression of RMF(R45A) and HPF

pRham-01-derived vector for expression of RMF(G43A, W44A, R45A) and HPF

pRham-01-derived vector for expression of RMF(E10A) and HPF
pRham-01-derived vector for expression of RMF(121A) and HPF
pRham-01-derived vector for expression of RMF(T33A) and HPF
pRham-01-derived vector for expression of RMF(M48A) and HPF
pRham-01-derived vector for expression of RMF(AE10) and HPF
pRham-01-derived vector for expression of RMF(AI21) and HPF
pRham-01-derived vector for expression of RMF(AT33) and HPF
pRham-01-derived vector for expression of RMF(AM48) and HPF

References

Genes to Cells (2013) 18, 554.

J. Bacteriol. (1998) 180, 1277.
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study
This study

RMF (gene name: rmf): Key factor for ribosomal dimerization, HPF (gene name: hpf): Supportive factor for stabilization of ribosomal dimer, YfiA (gene name: yfiA): Inhibitive

factor for ribosomal dimerization.
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