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Editorial on the Research Topic
Ras and Other GTPases in Cancer: From Basic to Applied Research

In the current Research Topic (RT), we provide insights on the small GTPase biology, from protein synthesis to disease, by presenting a Research Topic of original and review articles describing distinct GTPases, with special attention to RAS proteins. The RAS superfamily comprises a large family of small GTPases, where the members of the RAS, RHO, and RAB families are the most well-characterized. These small proteins cycle between a GDP-bound inactive and a GTP-bound active state, thus mediating several cellular processes such as intracellular trafficking, cytoskeletal organization, cell migration, proliferation, differentiation, and gene expression (Bos 2018; Gray et al., 2020).
RAS is considered a central protooncogene in cancer. There are different RAS proteins (K-RAS, N-RAS, and H-RAS) and gain-of-function missense mutations in RAS genes are frequently found in a variety of tumors (Hobbs et al., 2016). Although there are different RAS isoforms, most research to date have concentrated their efforts in studying K-RAS, since it is the most mutated isoform in cancer. In addition, the K-RAS gene undergoes alternative splicing generating the splicing variants K-RAS4A and K-RAS4B. In this RT, Aran discusses the roles of both splicing variants in cancer and since K-RAS4A, the under-studied splicing variant, shares the same oncogenic point mutations with K-RAS4B and has strong transforming capability, the author emphasizes the importance of investigating K-RAS4A in RAS-driven cancer and developing anti-RAS therapies.
RAS undergoes several posttranslational modifications (PTMs) that facilitate its attachment to membranes, where it drives its signal transduction. The cysteine in the C-terminal CAAX motif (where A is aliphatic and X is any amino acid) is first prenylated, allowing the cytosolic RAS proteins to bind the ER, where the -AAX residues are cleaved and the now C-terminal prenylated cysteine is methylated. H-, N- and K-RAS4A are also palmitoylated. Busquets-Hernandez and Triola contribute a review on the role of lipid modifications, specifically palmitoylation, on the regulation of RAS activity; how palmitoylation orchestrates RAS distribution over different subcellular compartments and its compartmentalization within membrane subdomains, and how it impacts on RAS functions. The authors also discuss the potential of these to be translated into therapeutics.
Brandt et al. provide a review on the role of Small GTP-binding protein GDP dissociation stimulator (SmgGDS) as major regulators of the prenylation, post-prenylation processing, and trafficking of RAS and RHO small GTPase family members. The authors further provide new strategies for therapeutic targeting of SmgGDS in cancer, involving splice-switching oligonucleotides and peptide inhibitors. Moreover, the signal transduction and subcellular localization of RAS proteins can be further regulated by reversible PTMs at their G4 and G5 motifs, including S-oxygenation, S-nitrosylation, monoubiquitylation, acetylation, and methylation. Osaka et al. provide a review discussing the mechanisms of these PTMs and propose that targeting these PTM mechanisms can be a good starting point for developing a new therapeutic approach for RAS-driven cancers.
Recently, direct K-RASG12C mutant inhibitors showed promising outcomes in clinical trials (Canon et al., 2019; Hallin et al., 2020), but since this mutant is found only in a small portion of K-RAS-driven cancers, pan-K-RAS therapies are still needed. Since most functional RAS proteins localize to the plasma membrane (PM), targeting the RAS-PM interaction represents a potential alternative strategy to disrupt RAS signaling activity. Zhou et al., in their review, summarizes the latest mechanistic insights on how different RAS isoforms undergo spatial segregation with different PM lipid species and how this could impact on the recruitment of their respective effectors and activation of different downstream signaling pathways. The authors further discuss the possibility of targeting RAS nanoclusters as a potential therapeutic approach to treat RAS pathologies. Moreover, Henkels et al. described how pharmacological agents disrupting K-RAS-PM interaction could be beneficial to block oncogenic K-RAS activity, thus representing clinical utility. K-RAS membrane organization is dependent on Calmodulin (CaM) and has significant impact on cancer stem cell tumorigenesis. Here, Okutachi et al. describes a novel CaM inhibitor, Calmirasone1, which has higher on-target inhibition on K-RAS compared to its off-target substrates including H-RAS and B-RAF. This discovery has exciting future applications for the interrogation of the cancer biology of CaM-associated K-RAS activities.
Tisi et al. describe a novel RAS inhibitor, cmp4, which exerts antiproliferative effects on cancer cells resistant to EGFR-aimed therapy. Cmp4 binds an extended Switch II pocket on H-RAS and K-RAS and induces a conformational change that abrogates guanine nucleotide exchange and impedes RAS effector binding. In this respect, cmp4 could provide a template for future drugs exploiting this promising mechanism of action.
Bartolacci et al. reviewed the recent advances concerning the relationship between RAS and lipid metabolism in cancer, describing how lipids and oxidative stress can either promote or sensitize to ferroptosis (i.e., an iron-dependent programmed cell death defined by the existence of oxidative stress and lipid peroxidation) RAS-driven cancers, which is still a controversial subject. The authors argue that RAS mutations have tissue-specific effects on metabolism, probably due to the intrinsic metabolic wiring present in distinct tumor types, and that the combination between ferroptosis inducers with existing chemotherapeutic agents, could be of potential clinical benefit.
Finally, RAS related proteins (RAP) are members of the RAS superfamily, sharing 50–60% sequence homology with RAS, and being involved in cell adhesion, migration, and polarity (Bokoch 1993). There are five different RAP family members, which are shown to be involved in the tumorigenesis of multiple cancer types (Bokoch 1993; Simanshu et al., 2017). Kumari et al. utilize authoritative multi-omics databases to investigate the association of RAP gene family expression with molecular and clinicopathological features in hepatocellular carcinoma (HCC). Their study reveals significant associations of one of the RAP family members, RAP2A expression with several HCC pathways, including cell cycle-related pathways and metabolic pathways, suggesting RAP2A as a therapeutic target and prognostic biomarker in HCC.
Overall, this RT discusses the role of small GTPases in carcinogenesis and up-to-date strategies to block their oncogenic activities in cancer. We hope that the selected articles will inspire and motivate basic and clinical research scientists to further investigate several unanswered questions concerning the GTPases world. Despite being small proteins in size, their biological importance is substantial.
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Ras oncoproteins play a crucial role in the onset, maintenance, and progression of the most common and deadly human cancers. Despite extensive research efforts, only a few mutant-specific Ras inhibitors have been reported. We show that cmp4–previously identified as a water-soluble Ras inhibitor– targets multiple steps in the activation and downstream signaling of different Ras mutants and isoforms. Binding of this pan-Ras inhibitor to an extended Switch II pocket on HRas and KRas proteins induces a conformational change that down-regulates intrinsic and GEF-mediated nucleotide dissociation and exchange and effector binding. A mathematical model of the Ras activation cycle predicts that the inhibitor severely reduces the proliferation of different Ras-driven cancer cells, effectively cooperating with Cetuximab to reduce proliferation even of Cetuximab-resistant cancer cell lines. Experimental data confirm the model prediction, indicating that the pan-Ras inhibitor is an appropriate candidate for medicinal chemistry efforts tailored at improving its currently unsatisfactory affinity.
Keywords: RasG13D, RasG12V, anti-cancer agent, exchange factor, intrinsic nucleotide dissociation and exchange, Raf1 binding, mathematical modeling & simulation, cetuximab
1 INTRODUCTION
Ras proteins are small guanine nucleotide-binding (G) proteins with low intrinsic GTPase activity, cycling between a GDP-bound inactive state and a GTP-bound active state. They act as molecular switches in signaling pathways regulating many cellular processes, including cell proliferation, growth, survival, adhesion, migration, energy, and redox homeostasis (Simanshu et al., 2017). Ras activity is regulated in response to specific extracellular stimuli, by the competitive action between Guanine nucleotide Exchange Factors (GEFs) promoting the nucleotide dissociation and GDP/GTP exchange, and GTPase Activating Proteins (GAPs), which provide an essential catalytic group for GTP hydrolysis (Scheffzek et al., 1997; Boriack-Sjodin et al., 1998; Bos et al., 2007). In human cells, three RAS genes encode four homologous but functionally distinct isoforms (HRas, NRas, and KRas4A and K-Ras4B) (Omerovic et al., 2007; Lu et al., 2016a). Gain-of-function missense mutations, mainly located at codons 12, 13, and 61, constitutively activate Ras proteins and can be detected in approximately one-third of all human cancers. Oncogenic Ras mutants contribute to tumor onset, maintenance, progression, and influence the efficacy of both cytotoxic and targeted therapies (Li et al., 2018). For this reason, many efforts, mostly promoted by the RAS initiative (https://www.cancer.gov/research/key-initiatives/ras), have been devoted to investigating the mechanistic role of RAS oncogenes in cancer and to explore different strategies for attenuating the aberrant Ras oncoproteins signaling, as widely reviewed (Sacco et al., 2012c; Welsch et al., 2017; Gorfe and Cho, 2021; Ni et al., 2019; Spencer-Smith and O’Bryan, 2019; Khan et al., 2020; Tisi et al., 2020).
Notably, each oncogenic mutation occurring in RAS genes induces conformational changes in the encoded protein that alter the residence time of the protein in the GTP-bound active state (Hunter et al., 2015) and make the oncoprotein surface more or less prone to the functional binding not only with modulators and effectors but also with specific pharmacophore groups or classes of molecule drugs. The RasG12V mutant presents a weak intrinsic and GAP-mediated GTP hydrolysis, and it is particularly aggressive and refractory to exchange inhibitors (Hunter et al., 2015). We first proved that the RasG13D mutant shows self-sufficiency in nucleotide dissociation (Palmioli et al., 2009b). Structural and functional studies (Smith et al., 2013; Hunter et al., 2015; Lu et al., 2016b; Johnson et al., 2019; Rabara et al., 2019) indicate that this mutant remains sensitive to the catalytic activity of GEFs and of at least one GAP, Nf1. Active and selective inhibitors for these oncogenic mutants are not yet available. On the contrary, compounds that covalently bind the highly reactive cysteine in the KRasG12C mutant selectively inhibit its function (Ostrem et al., 2013; Lito et al., 2016; Patricelli et al., 2016; Hansen et al., 2018a; Janes et al., 2018). After optimization for clinical use, they show a promising anti-tumor effect in KRASG12C-positive patients (Canon et al., 2019; Hallin et al., 2020).
We previously demonstrated that a class of small water-soluble molecules (cmp2-4), specifically binds the Switch II (β-3/α-2) region of wild type HRas-GDP. These compounds inhibit GEF-catalyzed nucleotide exchange, attenuate Ras signaling, and reduce Ras-dependent cell proliferation in mouse fibroblasts (Palmioli et al., 2009a; Sacco et al., 2011). Here we demonstrate that cmp4 binds an extended Switch II pocket on HRas and KRas proteins harboring different mutations. cmp4 decreases the intrinsic and GEF-mediated nucleotide dissociation and exchange on wild type and G13D mutated Ras proteins, interferes with Ras binding to GEFs (RasGRF1 and Sos1) and the Raf1 effector, and reduces mitogen-activated protein kinases signaling and cell viability of KRasG13D cancer cells. A mathematical model of Ras signaling (Stites et al., 2007; McFall et al., 2019), appropriately modified according to recent data (Johnson et al., 2017; Johnson et al., 2019), predicts the ability of cmp4 to inhibit the proliferation of different Ras-driven cancer cells. In keeping with the model prediction, experimental data on human cancer cell lines expressing different Ras oncoproteins confirm that cmp4 is a pan-Ras inhibitor able to cooperate with Cetuximab to inhibit proliferation of Cetuximab-resistant cell lines. Although cmp4 currently has an unsatisfactory affinity for Ras, targeted medicinal chemistry efforts could turn it into a valuable and needed clinical drug.
2 MATERIALS AND METHODS
2.1 Compounds and Recombinant
cmp4 was synthesized as described (Palmioli et al., 2009a). Recombinant N-terminal His-tagged wild type and G13D mutated H-Ras proteins (residues 1-166 of the mature protein) and Sos1 catalytic domain (aa553-1024 of the mature protein) were expressed in M15 [pREP4] E. coli strain harboring a pQETM-derived plasmid (Qiagen) and purified by affinity chromatography using a Ni2+-NTA column (Qiagen), as described (Palmioli et al., 2009b; Palmioli et al., 2017; Sacco et al., 2012a). The N-terminal GST-tagged RasGRF1 catalytic domain (residues 976–1262 of the mature protein), was expressed in BL21 [pLysE] E.coli strain harbouring a pGEX2T-derived plasmid and purified by glutathione–sepharose chromatography (Amersham Bioscience) as described (Palmioli et al., 2017).
2.2 Mass Spectrometry Experiments
Mass-spectrometry measurements were performed on a hybrid quadrupole-Time-of-Flight (Q-TOF) instrument (QSTAR ELITE, Applied Biosystems, Foster City, CA, United States), equipped with a nano-ESI sample source. Metal-coated borosilicate capillaries (Proxeon, Odense, DK), with medium-length emitter tip of 1-mm internal diameter, were used to infuse the sample. The instrument was calibrated using the renine-inhibitor (1757.9 Da) (Applied Biosystems, Foster City, CA, United States) and its fragment (109.07 Da) as standards. Spectra were acquired in the 1500–3000 m/z range, with accumulation time of 1 s, ion-spray voltage of 1200–1500 V, declustering potential of 80 V, and instrument interface of 50°C. Spectra were averaged over a time period of at least 3 min. Data analysis was performed by the program Analyst QS 2.0 (Applied Biosystems, Foster City, CA, United States). The samples were prepared in 5 mM ammonium acetate pH 6.5.
2.3 NMR analysis
For the experiments with the free ligand, cmp4 was dissolved in a [D11]-Tris buffer at pH = 7.3, 5 mM MgCl2. COSY and HSQC experiments were performed by using the standard sequences. For the binding experiments, wild type or G13D mutated HRas was dissolved in 500 μL of the same [D11]-Tris buffer, containing an amount of GDP equimolar to the protein, and transferred into a 5 mm NMR tube; 50 μL of the ligand solution dissolved in the same buffer were added slowly. Final protein concentration was 50 µM, final ligand concentration was 1 mM.
STD experiments were performed without saturation of the residual HDO signal and with spin-lock to avoid the presence of protein resonances in the spectra. A train of Gaussian-shaped pulses of 50 ms each was employed, with a total saturation time of the protein envelope of 2 s. An off-resonance frequency of δ = 40 ppm and on-resonance frequency δ = −1.5 ppm (protein aliphatic signals region) were applied. Spectra were acquired with a Varian Mercury 400 MHz instrument and processed using the program Mestre-Nova 9.
2.4 Flexible Docking Algorithm
Docking analyses were performed in Maestro 10.1 suite (Schrӧdinger) (https://www.schrodinger.com/citations#Maestro). All docking calculations were performed using the Glide software (Glide, version 6.7, Schrödinger, LLC, New York, NY, 2015). The receptor-based molecular docking was carried forward after preparing ligands and proteins as suggested by the developer’s protocols. For HRas and KRas, the pockets corresponding to the residues identified by experimental data on HRas were used as the input for grid receptor definition in induced-fit docking (IFD) workflow with flexible ligand option. The protocol generates alternative cmp4 poses not considering clashes with amino acids side-chains, then optimize the structures obtained by allowing the protein to undergo sidechain or backbone movements during the process (Schrödinger Suite 2015-2 Induced Fit Docking protocol; Glide version 6.7, Schrödinger, LLC, New York, NY, 2015; Prime version 4.0, Schrödinger, LLC, New York, NY, 2015). The IFD extended sampling protocol was employed, generating up to 20 poses per ligand on each iteration. The OPLS 2005 force field (Jorgensen et al., 1996) was used for the minimisation stage, in which residues within 10 Å of each ligand pose were optimised. All other parameters were set to their default values. GLIDE molecular docking output GScore (empirical scoring function) is reported, which is calculated by calculating ligand–protein interaction energies, root mean square deviation (RMSD), hydrogen bonds, hydrophobic interactions, internal energy, π–π stacking interactions, and desolvation. GLIDE Emodel was used to choose the best pose for the ligand in each structure, while IFD Score is based on the Prime calculation of energy content of the structure, and also considers the strain in the receptor and ligands.
2.5 Dissociation and Exchange Reactions
Intrinsic and GEF-mediated dissociation and exchange of mant-guanine nucleotides (mant-GXP, GXP being GDP or GTP; Molecular Probes; Invitrogen) assays were performed essentially as described in (Lenzen et al., 1995; Sacco et al., 2012b). Briefly, for dissociation reactions HRas protein was pre-loaded with mant-GXP by incubating for 30 min 250 µM HRas with 750 µM mant-GXP in 40 mM Hepes pH 7.5, 1 mM MgCl2, 2.5 mM DTE, 20 mM EDTA. Then 30 mM MgCl2 was added and the solution was incubated for further 30 min. Free nucleotides were removed by gel filtration using PD10 desalting columns (Amersham Bioscience) equilibrated with Lenzen buffer (40 mM Hepes, pH 7.5, 5 mM DTE, 10 mM MgCl2), and HRas-mant-GXP complex was concentered using centricon 10 KDa (Merck Millipore). The exchange reactions on Ras protein were performed by adding directly in an UV-cuvette 0.25 μM HRas-GXP, and an opportune concentration of cmp4 in Lenzen buffer. After 300 seconds of incubation, a 5-fold excess of mant-GXP (1.25 μM) and a specific concentration of the exchange factor (0 or 0.0625 µM as indicated) were added. The fluorescence measurements were carried out at 25°C using a LS45 fluorescence spectrometer (Perkin-Elmer) with an excitation wavelength of 366 nm and emission wavelength of 442 nm. The reactions were monitored for at least 1500 s. The dissociation reactions were performed in a UV-cuvette by adding to 0.25 μM HRas-mant-GXP, preincubated for 300 s with the opportune concentration of cmp4, 200 μM GXP and a specific concentration of the exchange factor (0, 0.0125, 0.025, 0.0416, 0.125 −0.25 µM), as indicated. Exchange data were fitted to a nonlinear “growth-sigmoidal Hill” curve (n = 1), while dissociation data were fitted to an “Exponential decay” curve, using the OriginPro 8.0 software (OriginLab Corporation, MA United States). The initial exchange or dissociation rate for each reaction (initial slope) was determined by computing the first derivative at time zero of the corresponding fitted curves. In the graphs, the maximum value of relative fluorescence (100 on Y-axis) represents the fully loaded Ras status obtained as a start point in dissociation reaction and plateau of an exchange curve obtained in the absence of cmp4.
To measure the affinity for entering nucleotide, a plate-based GDP/GTP titration assay was adapted from the method previously described (Ostrem et al., 2013): 1 µM HRas-mant-GDP complex was added to 96-well black plates in 40 mM Hepes, pH 7.5, 5 mM DTE, 1 mM MgCl2. The fluorescence was measured on a Variant Cary Eclipse fluorescence spectrometer (Agilent), with 360 nm excitation and 440 nm emission, before and after 2 h incubation at 25°C with a 5 mM EDTA solution with different concentrations of GDP or GTP, as indicated.
Results for each nucleotide were fitted to a sigmoidal curve using the OriginPro 8.0 software.
2.6 Surface Plasmon Resonance Analysis and G-LISA
Surface Plasmon Resonance experiments were carried out by using a BIAcoreX system (BIAcore, GEHealthcare). His-tagged HRas-GDP was immobilized onto a NTA-sensor chip surface (carboxymethylated dextran matrix pre-immobilized with NTA; BIAcore, GEHealthcare), obtaining a surface density of about 4500 resonance units. No nickel solution was injected over the reference cell. The binding with GST-fused RasGRF1 was monitored in real time in the presence of increasing concentrations of cmp4 (0-500 µM). All experiments were performed in HBS-P+ buffer (BIAcore, GE Healthcare) at a flow rate of 10 µL/min. Surface regeneration was accomplished by injecting EDTA (350 mM) in the flowing buffer (30 s contact) two or three times. The evaluation of binding kinetics was performed by using the Biaevaluation software, v. 3.0 (BIAore) and by considering a 1:1 Langmuir interaction. Notably, the value of koff measured in the SPR experiments cannot correspond to the physiological dissociation constants because the absence of free nucleotide in the experiments substantially affects this parameter.
Ras G-LISA Activation assay kit (Cytoskeleton, Inc. BK131) was used to measure the levels of HRas-GTP bound to the Ras binding domain of Raf1 (RBD-Raf1) in the presence of increasing concentrations of cmp4 (range 0.08-500 μM). HRas-GTP 0.4 nM was preincubated in batch with cmp4 for 5 min at RT and then transferred in 96-well coated with RBD-Raf1. After incubation at 4°C for 30 min, the plate was washed three times with washing buffer before the addition of antigen-presenting buffer. The captured HRas-GTP was incubated with the anti-Ras antibody followed by HRP-conjugated secondary antibody. Ras activity was quantified by measuring absorbance at 490 nm.
2.7 Cell Lines and Proliferation Assay
Human breast cancer cell line MDA-MB-231, obtained from the American Type Culture Collection, was routinely grown at 37°C in a humidified atmosphere of 5% CO2 in Dulbecco’s modified Eagle's medium (D-MEM) (Sigma D6429) supplemented with 10% Newborn Calf Serum (NCS), 2 mM glutamine, 100 units/ml penicillin and 100 mg/ml streptomycin. Human colon adenocarcinoma cell line SW48 (KRASWT/WT) and the isogenic SW48 expressing heterozygous KRasG13D (KRASWT/G13D) or KRasG12V (KRASWT/G12V) were obtained from Horizon Discovery Ltd. Cells were cultured in humidified atmosphere of 5% CO2 at 37°C in RPMI 1640 (Sigma R0883) supplemented with 10% Fetal Bovine Serum, 2 mM glutamine, 100 units/ml penicillin and 100 mg/ml streptomycin. Cells were passaged using trypsin–EDTA.
For growth kinetics and RealTime-GloTM MT Cell Viability Assay (Promega, #G9713) cells were plated into respectively 6-well or 96-well flat-bottomed culture plates at the density of 3000 cells/cm2. At 18h after seeding, predetermined concentrations of cmp4 (or water) were added to the cell culture. After 24, 48, and 72 h from treatment, cells were harvested and counted by Coulter Counter to obtain growth curves or treated with 500 X NanoLuciferase and 500 X MT cell viability substrate. The luminescence at different time points after treatment was recorded by using a Victor Multilabel Plate Reader (Perkin Elmer). The viability of cells treated with increasing concentrations of cmp4 was tested relative to the viability of the same cells treated with vehicle (water). Viability results were analyzed by using OriginPro 8.0 software and a nonlinear growth/sigmoidal Hill curve (n = 1) to calculate the relative IC50 values.
2.8 MAPK Activity
Breast cancer MDA-MB231 were plated (6000 cells/cm2) in 60-mm tissue culture dishes. After 18 h different concentrations of cmp4 (or vehicle) were added to the cell culture. After 48 h from treatment, both plate-adherent and in suspension cells were harvested in lysis buffer from PathSscan Sandwich ELISA kit (Cell Signaling). The detection of endogenous levels of Phospho-p44/42 MAPK was performed according to manufacturer's instructions, and the results were normalized on total protein content measured by Bradford analysis.
2.9 Mathematical Model
The computational analysis was performed starting from the mechanistic model presented in McFall et al. (2019), where a system of Ordinary Differential Equations (ODEs) is introduced to describe the Ras signaling network. The system of ODEs corresponds to the reactions reported in Supplementary Table S1, where reactions R1-R8 follow the mass-action kinetics, while reactions R9, R10, R11 follow the Michaelis-Menten kinetics; reaction R9 describes the GAP activity, while reactions R10 and R11 describe the GEF activity. The 11 reactions can be used to simulate both the wild type and mutant proteins by assuming different values of the kinetic parameters. In particular, the kinetic parameters of RasG13D and RasG12V mutants were obtained by scaling the wild type parameters (4th column) according to the corresponding alpha factors reported in the 5th and 6th columns of Supplementary Table S2. The scaling factors of RasG13D, related to reaction R9, were modified according to the results presented in (Johnson et al., 2019).
Specifically, the computational investigation presented in this work was performed with COPASI (Hoops et al., 2006) (version 4.27), exploiting the LSODA numerical integrator (Petzold, 1983). LSODA is an efficient simulation algorithm capable of dealing with stiff systems by automatically switching between explicit (the Adams’ method) and implicit integration methods (backward differentiation formulae). The accuracy in the description of the solution of the system of ODEs is controlled by the relative tolerance, that is the maximum error allowed in the solution, and absolute tolerance, which is the maximum error allowed in case the solution approaches zero. In the simulations performed here, we considered the following setting: relative tolerance 1e-6, absolute tolerance 1e-12, maximum number of steps executed to generate the solution, at each iteration, 1e5. COPASI was also exploited to perform a parameter sweep analysis (PSA) to investigate the effect of the parameter variations on the emergent dynamics and on the steady-state values of pivotal components of the model. The simulations concerning the PSA have been run by generating a set of different initial conditions for the model, considering a fixed range of variation of the parameter under investigation, and then executing the corresponding simulations with LSODA. In particular, the PSA was performed by varying a single kinetic parameter, considering a logarithmic sampling of values within the specified range. The responsiveness of the RasG13D mutant variant to GEF activity was analyzed by performing a PSA where the Vmax of GEF-mediated exchange reactions (R10 and R11) was multiplied for a parameter gamma, which varied in the range 0-1, where the top value represents the maximal activation of the GEF and the lower value represents the loss of GEF function. The basal level of unstimulated GEF activity is set as corresponding to a gamma value of 0.1.
The effect of different concentrations of Cetuximab and cmp4 was simulated by perturbing the reference parameterization (4th column of Supplementary Table S2) of the model as reported in Supplementary Table S1. In detail, the maximal action that could be obtained by an inhibitor acting by rescuing EGFR hyperactivation was simulated by dividing KM,10 and KM,11 by 10. The effectiveness of Cetuximab-like inhibitors was analyzed by a PSA performed by multiplying the Vmax of GEF-mediated exchange reactions (R10 and R11) for a parameter gamma. This parameter was varied in the range 0-1, where the absence of EGFR stimulation is represented by a 0.1 value. cmp4 (at 100 µM) expected effect was simulated by multiplying KM,10 and KM,11 by 0.5, k2-5 by 0.5, and k6 by 0.23 (yielding a half amount of Ras-GTP-Eff complex formation).
3 RESULTS
3.1 cmp4 Binds to both GDP-Bound Wild Type and G13D Mutated HRas Proteins
By NMR analysis, we previously showed that cmp4 (Figure 1A) binds HRas-GDP (Sacco et al., 2011) and –mainly through its aromatic moiety–in a binding pocket located between the α2-(Switch II) and α3-helices (Figure 1B). Flexible docking indicates that cmp4 binds to an extended Switch II pocket (here referred to as SII-EP) of HRas and KRas (Figures 1C,D; Supplementarys S1A,B and Table S3). This pocket partially overlaps with the Switch II groove (SII-G) identified on KRas by structural analysis in Gentile et al. (2017) (Supplementary Figures S2A,D,G). Results of an STD-NMR analysis of HRas-GDP with cmp4 (Figure 1B) and additional data collected on similar compounds (Palmioli et al., 2009b; Palmioli et al., 2009a; Palmioli et al., 2017; Colombo et al., 2010; Sacco et al., 2011) support the pivotal role of the benzyl group and the pyrocatechol group for Ras binding. We used these results to filter the top 10 poses in this and other docking experiments.
[image: Figure 1]FIGURE 1 | Reconstruction of a binding pose for cmp4 on wild-type and G13D mutated HRas-GDP complexes. (A) Chemical structure of cmp4; (B) NMR analysis traces report including aromatic resonance (region I), sugar resonance, and aliphatic CH2 (region II): 1)1H NMR spectrum of 1 mM cmp4; 2) 1H NMR spectrum of a sample containing 1 mM cmp4 and 50 μM HRas-GDP wt; 3) STD-NMR spectrum of a sample containing 1 mM cmp4 and 50 μM HRas-GDP wt; 4) 1H NMR spectrum of a sample containing 1 mM cmp4 and 50 μM HRasG13D-GDP; 5) STD-NMR spectrum of a sample containing 1 mM cmp4 and 50 μM HRasG13D-GDP. (C) Docking pose of cmp4 on PDB structure of HRas-GDP (PDB ID: 4q21). The image shows switch I (red), switch II (blue) and displays in pink the residues of Ras that undergo significant chemical shift perturbations after binding with cmp4 (Sacco et al., 2011); (D,E) Molecular detail of the selected pose of cmp4 on: (D) HRas-GDP (PDB ID: 4q21); (E) HRasG13DGDP (PDB ID:6dzh). Ras residues that are directly involved in binding with cmp4 are indicated. The backbone in the Switch I region is colored in red while the backbone in the Switch II region is colored in blue. The GDP nucleotide (grey) and cmp4 (yellow) are drawn in sticks. Heteroatoms are in red (oxygen) and blue (nitrogen).
cmp4 is a much bulkier molecule than the compound reported in Gentile et al. (2017) and occupies a larger pocket than the one there described (Supplementary Figures S2B,E,H), protruding towards the Gly12 P-loop. The cmp4 pyrocatechol group, as obtained in all of the docking best scoring poses, is much farther from this loop than the G12C binding compounds first described to target an allosteric switch II pocket (Ostrem et al., 2013; Patricelli et al., 2016) (Supplementary Figures S2C,F,I). Notably, catechol interacts with residues not only in α2-(switch II) (Glu62, Tyr64, Arg68) and α3-helices (Tyr96, Arg102) but also with the backbone of Gly10 in the P-loop (see the ligand interactions plot in Supplementary Figure S1A).
STD analysis on HRasG13D mutant protein saturated with cmp4 shows that cmp4 also interacts with the mutant protein. Flexible docking indicates that cmp4 maintains a similar positioning within the binding pocket of HRasG13D-GDP, or in KRasG13D-GDP as well, despite the partial switch II unfolding observed in the oncoprotein (Figures 1E,D; Supplementary Figures S1C,D). The top docking scores were slightly lower than obtained on the wild type proteins (Supplementary Table S3).
Since the pathological effect of Ras hyperactivity is due to the active, GTP-bound form, and the phenol-derived compounds occupying the Switch II groove (SII-G), identified by structural analysis in Gentile et al. (Supplementary Figure S1A), were reported to target Ras active form as well (Gentile et al., 2017), we also assessed whether the SII-EP pocket in GTP-bound HRas and HRasG13D. is available to cmp4 interaction. Due to the different conformation of Switch II, this pocket seems to be less available in the GTP-bound complex (Supplementary Figure S3), leading to a maximal docking score decreased in comparison to that observed in the GDP-bound form (Supplementary Table S3), but still consistent with data previously reported for compounds binding to analogous pockets (Ostrem et al., 2013; Lito et al., 2016; Patricelli et al., 2016).
3.2 cmp4 Inhibits the Intrinsic and GEF Mediated-Nucleotide Dissociation and Exchange on Wild Type and G13D Mutated HRas in a Dose-Dependent Manner
mant-GDP is a nucleotide analog whose fluorescence increases upon Ras binding. The decrease in fluorescence following incubation of the Ras-mant-GDP complex with an excess of unlabeled GTP allows us to follow nucleotide exit (Figure 2A, left) The increase in fluorescence obtained after incubation of a Ras-GDP complex with an excess of mant-GDP directly monitors nucleotide entry (Figure 2A, right). In the normal Ras activation cycle, the entry of a new nucleotide immediately follows the nucleotide exit.
[image: Figure 2]FIGURE 2 | cmp4 counteracts nucleotide dissociation from Ras complex. (A) Scheme depicting the different experiments for nucleotide dissociation or exchange, using nucleotides (GDP or GTP, namely GXP) conjugated with the fluorescent moiety MANT; (B,C) inhibitory efficacy of cmp4 on GEF-mediated nucleotide dissociation (B,C) exchange on HRas (black) and HRasG13D (red). (D) Mass spectrometry analysis of HRas-GDP in presence of cmp4. The dashed peaks correspond to the expected positions of the nucleotide free-Ras and Ras complexed with cmp4 without GDP. (E,F) Inhibitory efficacy of cmp4 on intrinsic nucleotide dissociation (E) and exchange (F) on HRasG13D; the initial dissociation or exchange rate of each reaction was determined computing the first derivative at time 0 of the fitted curves reported in Supplementary Figure S4. (G,H) EDTA-mediated competition between mant-GDP loaded on H-Ras and free unlabelled GDP (G) or GTP (H).
We previously demonstrated that cmp4 interferes with the function of the exchange factor RasGRF1 on HRas (Sacco et al., 2011). Here we show that cmp4 inhibits the GEF-catalyzed nucleotide dissociation and exchange reaction on wild type and G13D mutated HRas with similar efficiency (Figures 2B,C; Supplementary Table S4). Supplementary Figures S4A–D show the actual dissociation and exchange curves. We used the initial rates of each reaction (mean of at least three independent experiments) for calculating the IC50 reported in Figures 2B,C and Supplementary Table S4. The inhibitory effect of cmp4 on both dissociation and exchange reactions is independent of the GEF hSos1 vs. RasGRF1, (Sacco et al., 2011) and of the entering nucleotide, GDP or GTP (Supplementary Figure S5).
The docking results presented in Figure 1 suggest that cmp4 may form a stable Ras-nucleotide-cmp4 ternary complex, without promoting dissociation of the Ras-bound nucleotide, similar to peptide Ras inhibitors developed in our laboratory (Sacco et al., 2012b). The deconvoluted mass spectrum of 10 µM HRas-GDP in the presence of a 10-fold excess of cmp4 (Figure 2D) shows no signal corresponding to the nucleotide-free Ras/cmp4 complex. Except for a minor fraction of Ras-GDP binding a second inhibitor molecule at a low affinity, non-specific site, the HRas-GDP-cmp4 ternary complex is the most abundant species.
It was therefore of interest to monitor whether cmp4 can inhibit intrinsic (i.e., non GEF-catalyzed) nucleotide dissociation and exchange. We first tested the effect of cmp4 on HRasG13D, whose intrinsic nucleotide exchange rate is much higher than that of wild-type HRas (Palmioli et al., 2009b; Smith et al., 2013; Hunter et al., 2015; Johnson et al., 2019). Supplementary Figures S4E–H reports the actual dissociation and exchange curves. The inhibitor efficiently reduces the abnormally fast intrinsic nucleotide dissociation and exchange reactions on HRasG13D in a dose-dependent manner (Figures 2E,F). The inhibitory effect is also appreciable on the intrinsic activities of wild type HRas, which are very slow per se (see the inserts in Supplementary Figures S4E,G).
Titration with unlabeled GDP and GTP of a HRas-mant-GDP complex in the presence of EDTA allows monitoring whether a drug alters the affinity for the entering nucleotide. Figures 2G,H indicate that cmp4 alters the entry of both nucleotides without discriminating between GDP and GTP, unlike the SII-P binding molecules described by Ostrem et al. (2013).
These results suggest that cmp4 binding to the Switch II extended pocket (SII-EP) counteracts nucleotide release, even in conditions favoring nucleotide release, as observed in HRasG13D (Johnson et al., 2019), and/or in the presence of EDTA or a GEF catalytic domain.
3.3 cmp4 Reduces the Affinity of HRas-GDP for RasGRF1 and Raf1 Ras Binding Domain in a Dose-Dependent Manner
The inhibitory efficiency of cmp4 on the nucleotide dissociation rate on both wild type and G13D mutated HRas decreases with increasing RasGRF1 concentration (Figure 3A), suggesting that the GEF could force the nucleotide dissociation even on cmp4-bound Ras, counteracting the inhibitor action. In order to bind the GEF catalytic domain with the highest affinity, HRas has to undergo a conformational change that allows nucleotide release (Boriack-Sjodin et al., 1998), as evidenced by the superposition of HRas structures respectively in GDP-bound and nucleotide-free Sos1cat-bound form (Figure 3B). Notably, the same kind of interaction is also envisioned for the catalytic domain of RasGRF1, due to homology with Sos1 (Freedman et al., 2006).
[image: Figure 3]FIGURE 3 | cmp4 affects HRas binding to GEF (RasGRF1) and effector (Raf1-RBD) in a dose-dependent manner. (A) Inhibition of nucleotide dissociation rate on both HRas and HRasG13D (1 μM) in the presence of 100 μM cmp4 and increasing concentrations of RasGRF1 (range 0.01–0.25 μM). (B) Best fitting pose of cmp4 on HRas-GDP (pink) was superimposed to the structure of nucleotide-free Ras (HRasnf, in grey) from the crystal structure of the hSos1 catalytic domain associated with HRas (PDB ID: 1bkd). Switch I and II regions are stained darker. GDP is in pink, cmp4 in yellow; (C) Biacore-based direct measurement of 0.5 μM GEF (GST-RasGRF1) binding to His-HRas-GTP in the presence of increasing concentrations of cmp4 (25–1000 μM). In the insert kinetics analysis of RasGRF1 binding to HRas-GDP in the presence of different concentrations of cmp4, relative to SPR curves. All points for initial association rate (von, closed symbols, voff, open symbols) were fitted respectively to a nonlinear ‘growth-sigmoidal Hill’ curve (n = 1), which is reported in the graph as a thin line; (D) Levels of HRas-GTP bound to a Ras binding domain (RBD) of Raf1 in the presence of increasing concentrations of cmp4 (range 0–500 μM), detected with the G-LISA® kit (Cytoskeleton, Inc. BK131). Data were normalized to Ras-GTP levels measured in the absence of cmp4 (control). All data are significant at 99%, as calculated by Student’s t-test in comparison to control. In the inset, the percentage of inhibition of Ras-GTP bound to RBD as a function of cmp4 concentration, relative to the G-LISA experiment. All points were fitted respectively to a nonlinear ‘growth-sigmoidal Hill’ curve (n = 1).
SPR binding experiments analyzed the interaction between Ras and GEF in the presence of increasing concentrations of cmp4 (Figure 3C). cmp4 affects GEF (RasGRF1) binding to Ras-GDP in a dose-dependent manner, with an estimated EC50 of 170 μM. In particular, cmp4 dose-dependently reduces the association rate, and so the kon of the interaction (Figure 3C, inset), suggesting that the compound reduces the formation of the Ras/GEF complex, a key intermediate in Ras activation cycle. This finding agrees with the observation that cmp4 stabilizes the nucleotide-bound HRas conformation by bridging Switch I and Switch II (Figure 1D). This stabilized connection between Switch I and II would make Ras more refractory to the formation of the high-affinity complex with the GEF and to its catalytic action (Boriack-Sjodin et al., 1998).
The aberrant mitogenic signaling in Ras-driven cancer cells largely depends on the increased recruitment of the downstream effectors Raf1, from the constitutively active Ras oncoproteins (Metcalfe et al., 1993; Warne et al., 1993). Accordingly, molecules disrupting Ras/Raf1 association block KRas downstream signaling and impair Ras-mediated tumorigenic proliferation (Waldmann et al., 2004; Athuluri-Divakar et al., 2016; Trinh et al., 2016; Liu et al., 2017; McGee et al., 2018; Wiechmann et al., 2019). To assess the ability of cmp4 to affect Ras-GTP/Raf1 binding, we performed an ELISA assay with increasing concentrations of cmp4 (from 0 to 500 µM). Figure 3D shows that cmp4 reduces in a dose-response manner the amount of Ras-GTP complex bound to the effector Ras binding domain of Raf1 (RBD-Raf1) with an EC50 value of about 0.45 μM (IC50 about 250 μM, Figure 3D, insert).
3.4 cmp4 Reduces Cell Proliferation and MAPK Activation in KRasG13D Expressing Cancer Cells
KRas–the predominantly Ras isoform mutated in cancer–presents a different amino acid in front of the binding pocket (glutamine instead of histidine in position 95) and a more disordered Switch II region even in the active conformation (Johnson et al., 2019) when compared to HRas. Docking poses and their scores (Supplementarys Figures S1B,D; Table S3) suggest that the pocket in KRas and KRasG13D is equally available for cmp4 binding, consistently with the inhibitory effect exerted by cmp4 on KRas-transformed mouse fibroblasts (Sacco et al., 2011).
Here we evaluated the effect of cmp4 on MDA-MB-231, human breast cancer cells expressing KRasG13D. cmp4 reduces the proliferation of MDA-MB-231 cells in a dose-dependent manner (Figure 4A, IC50 of about 125 µM at 72 h), causing a significant cell detachment (see microscopy images in Figure 4B). MTT assays (Figure 4C) show that cmp4 significantly affects the viability of MDA-MB-231 cells already after 24 h-treatment. The reduced proliferative potential of cells treated with cmp4 correlates with a dose-dependent decrease of the level of activated/phosphorylated mitogen-activated protein kinases (MAPKs), as revealed by an ELISA assay performed on cell lysates collected after 24-h treatment with cmp4 (Figure 4D). Since high doses of cmp4 were administered to the cells, due to its low Ras affinity, we cannot exclude that the inhibition of proliferation is ascribable to off-target effects. However, the correlation between MAPK and cellular proliferation is consistent with a predominant specific effect on Ras activity.
[image: Figure 4]FIGURE 4 | Effect of cmp4 on cell viability and Ras signaling of human breast cancer MDA-MB-231 cell line expressing KRasG13D. (A) Growth curves of MDA-MB-231 treated with increasing concentration of cmp4 or vehicle (deionized water) supplemented in the growth medium. After 24, 48, and 72 h of treatment cells were trypsinized and counted with a Burker chamber. (B) Microscopy analysis of MDA-MB-231 treated for 48 h with different concentrations of cmp4. (C) Cell viability of MDA-MB-231 cells treated with increasing concentration of cmp4, or vehicle (deionized water) for 24, 48, and 72 h as measured by MTT assay; data were normalized on cells treated with vehicle imposed as equal to 1. (D) Phosphorylated MAPK level in cell lysates from MDA-MB-231 cells no treated or 24 h-treated with cmp4 or vehicle. Data were normalized on the phospho-MAPK level in MDA-MB-231 treated with vehicle imposed as equal to 1. Data shown are mean and standard deviation of two independent experiments, each performed in triplicate. Single and double asterisk above histograms indicates a statistical significance of 95% and 99% respectively, calculated by Student’s t-test in comparison to cells treated with vehicle.
3.5 Validation of the Mechanism of Action of cmp4 in Isogenic Cell Lines Expressing Different KRas Oncoproteins
Different Ras mutants produce a spectrum of distinct phenotypic effects and may display a significant difference in their ability to respond to therapies targeting the Ras pathway (Johnson et al., 2019). A recent computational model of the Ras activation cycle allows to explain and reproduce some of these different phenotypic traits, such as the peculiar sensitivity of KRAS mutants to Cetuximab, a drug targeting EGFR hyperactivation (McFall et al., 2019). Since results presented above and literature data (Sacco et al., 2011) indicate that cmp4 may interfere with multiple steps of the Ras activation cycle, we decided to use this model together with experiments on isogenic cell lines expressing different Ras mutant proteins to validate the mechanism of action of cmp4.
The model of the Ras activation cycle (Figure 5A) consists of 11 reactions (Supplementary Table S1). The first 8 reactions follow the mass-action kinetics, with a single kinetic parameter, while reactions R9, R10, R11 follow the Michaelis-Menten kinetics and require two different parameters. Parameter values can be changed to tailor the model to different cell systems. Supplementary Table S2 reports parameters used in this paper, that have been partially modified compared to McFall et al. (2019), by taking into account recent literature (Johnson et al., 2019; Rabara et al., 2019) and our own data. GEF activation induced by the interaction of a Growth Factor with its cognate receptor (reaction not included in the model) is simulated by an abrupt increase (up to 10-fold) of the Vmax of the GEF-catalyzed reactions, i.e., Vmax,10 and Vmax,11 (grey arrow pointing to GEF in Figure 5A). Figure 5B (left panel) reports the results of a simulation of virtual cells in the absence of growth factor stimulation. Starting from nucleotide-free Ras, a rapid association of Ras with the available nucleotides is observed (guided by the fast reactions R4 and R5), then the level of Ras-GTP (grey line) and of the Ras-GTP-effector complex (dotted line) reach a steady state over the course of the simulation, characterized by a low level for both the species. When Vmax,10 and Vmax,11 are increased (simulating growth factor stimulation, Figure 5B right panel), both Ras-GTP and the Ras-GTP-Effector complex reach a steady-state level that is higher than the basal level observed in the absence of growth factor. In the following, we will use the steady-state level of the Ras-GTP-Effector complex to estimate the proliferation state of the simulated cell lines and to compare simulated and experimental data.
[image: Figure 5]FIGURE 5 | In silico modeling of Ras signalling network. (A) Scheme depicting the species and the reactions constituting the mathematical model. The parameters affected by cmp4 are indicated by red arrows. (B) Example of the output obtained simulating growth factor unstimulated (left) and stimulated (right) conditions of a wild type system. The level of effector activity, that is the level of the complex Ras-GTP-eff, is evaluated as the steady-state value reached during the dynamic simulation.
The small red arrows in Figure 5A indicate the steps within the Ras activation cycle affected by cmp4. They include the reactions describing the intrinsic association to, and dissociation from, the nucleotide (R2-R5), reactions describing association to the effector (R6), and GEF-mediated reactions allowing nucleotide exchange (R10 and R11). To study the effect of cmp4 on the Ras activation cycle we instantiated three different models representing a cell line endowed with a constitutively active EGFR mutant (EGFRG719S). This mutant receptor constitutively recruits GEFs to the plasma membrane causing an aberrant Ras activation. We simulated this mutation by imposing the maximal value for Vmax,10 and Vmax,11. The wild type cell line carries two wild type KRAS alleles, while two mutant cell lines express KRasG13D and KRasG12V in heterozygosis. Simulation of these virtual cell lines shows that the KRASWT/G12V heterozygous mutant is the most aggressive based on the level of total KRas-effector complex, followed by the wild type and by the KRASWT/G13D (Figures 6A–C). Although surprising at first sight, this result likely reflects the lower affinity of the KRasG13D mutant protein for Raf1 (Johnson et al., 2019).
[image: Figure 6]FIGURE 6 | Simulation of the effect of Cetuximab and cmp4 on Ras signaling in human colorectal cancer SW48 isogenic cellular models. (A–I)In silico modeling of Ras signaling network in SW48 isogenic cellular models, expressing a hyper-activated EGF receptor mutant in combination with different Ras variants: either wild type Ras (A,D,G; SW48 KRASWT/WT) or KRasG13D (B,E,H; SW48 KRASWT/G13D) or KRasG12V (C,F,I; SW48 KRASWT/G12V). The different cellular systems were simulated under untreated condition (A–C; CTRL), or treated with the following drugs: Cetuximab (D–F), used at an ideal concentration completely blocking EGFR activity, which represent the maximal effect obtainable with the single mechanism of action based on GEF-mediated nucleotide exchange inhibition; cmp4 (G–I), used at the concentration of 100 µM, which is around IC50 for this compound on multilevel mechanisms of action (Supplementary Table S1). For each panel, the dimension and colour of the characters are indicative of the level of the components or their activity in the simulation. The resulting effector activity is illustrated as a histogram on the right of each panel, and its fold change normalized on wild type unstimulated cells is reported on top. For panels (D–I), the inhibition efficacy is calculated with respect to the untreated corresponding model.
As confirmed by our results (Figure 7A), the presence of the GAP-insensitive KRasG12V mutant confers resistance to the treatment with Cetuximab (Burgess et al., 2003; Seshacharyulu et al., 2012). Computational results predict that the theoretical maximal effect exerted by Cetuximab (i.e., a complete reversion of GEFs activation) leads to a reduction of virtual proliferation (i.e., a reduction in the level of the Ras-GTP-effector complex) of 95% in the SW48 KRASWT/WT model, of 87% in the SW48 KRASWT/G13D model and only of 20% in the SW48 KRASWT/G12V model (Figures 6D–F). These simulation results are consistent with RasG13D being responsive to GEFs action (Palmioli et al., 2009b; Smith et al., 2013; Johnson et al., 2019) and Supplementary Figure S4, whereas KRasG12V is fully active even if GEFs are not activated (Supplementary Figure S6).
[image: Figure 7]FIGURE 7 | Effect of 72 h-treatment with cmp4 and/or Cetuximab (CTX) on cell viability of human colorectal cancer SW48 isogenic cell lines. (A–C) Relative cell viability of SW48 KRASWT/WT, SW48 KRASWT/G12V, and SW48 KRASWT/G13D cells treated for 72 h with different concentrations of CTX (A) or cmp4 (B). (C) Results from the simulations of the SW48 KRASWT/WT, SW48 KRASWT/G12V and SW48 KRASWT/G13D mathematical models either untreated or treated with the following drugs: 0.5 nM CTX (corresponding to an inhibition of nearly 70% of GEF activity); 100 µM cmp4, which is around IC50 for this compound on multilevel mechanisms of action; a combination of both. (D) Relative cell viability of SW48 KRASWT/WT, SW48 KRASWT/G12V, and SW48 KRASWT/G13D cells treated for 72 h either with 0.5 nM CTX, 100 μM cmp4, or a combination of both. Data were normalized on cells treated with vehicle taken equal to 1. Single, double, and triple asterisk above histograms in (A,B,D) indicates a statistical significance of 95%, 99%, and 99.9% respectively, calculated by Student’s t-test in comparison to cells treated with vehicle.
The potential inhibitory effect of cmp4 was tested on all the models, in the hypothesis that it could behave as a panRas inhibitor. The appropriate constants (Figure 5A) were modified with respect to the untreated case, by considering the biochemical effect induced by treatment with 100 µM cmp4 in the appropriate in vitro assay (see Supplementary Table S1 for actual values used in simulation experiments). Both experimental cell viability assays and simulation results indicate that all three virtual cell lines are sensitive to cmp4 (Figures 6G–I, 7B), the SW48 KRASWT/G12V cell line being the less sensitive (Supplementary Table S5).
These results prompted us to test whether the combined use of both drugs could improve the pharmacological treatment of the G12V mutant. Simulation results indicate that the combined treatment is additive or nearly additive in the three cell line models SW48. The effect is striking in the KRASWT/WT and KRASWT/G13D models (Figure 7C, black and grey bars, respectively), but nevertheless noticeable also in the KRASWT/G12V model, where complete inhibition of the EGFR cascade (i.e., leaving Vmax,10 and Vmax,11 at their basal level) has only a 10% effect on the level of the Ras-GTP-effector complex (Figure 7C, white bars). We fully confirmed these simulation results by measuring the inhibition in cell proliferation of the three cell lines treated with a combination of the two drugs (Supplementary Figure S7) and in particular with 0.5 nM Cetuximab (CTX), 100 μM, cmp4, or a combination of the two drugs (Figure 7D), validating the multi-level mechanism of action of cmp4 suggested by the molecular docking and biochemical assays described above.
4 DISCUSSION
Reported success in the direct targeting of Ras proteins, long postulated as undruggable, has paved the way to the possible pharmacological inhibition of Ras in anti-cancer therapy. Best results, so far, were obtained with mutation-specific inhibitors, such as irreversible inhibitors binding mutant RasG12C proteins (Ostrem et al., 2013; Lito et al., 2016; Patricelli et al., 2016; Hansen et al., 2018b; Janes et al., 2018). These molecules target the SII-P allosteric cavity in the GDP-bound form and prevent the GEF-mediated nucleotide exchange and, indirectly, effector engagement. Notably, the in vivo efficacy of these inhibitors depends on the fact that RasG12C does not permanently remain in a GTP-bound form, likely because of relevant retained intrinsic GTPase activity (Hunter et al., 2015). Ras oncoproteins with impairment of both intrinsic and GAP-mediated GTP hydrolysis, such as RasG12R, RasG12V, and RasQL61 (Hunter et al., 2015), would be refractory to this inhibitory action mechanism. Other promising compounds targeting a cryptic phenol-capturing groove near SII-P in both GDP- and GTP-bound forms of non-G12C Ras mutants were identified (Gentile et al., 2017). They are reversible inhibitors preventing the GEF-mediated nucleotide exchange and PI3K engagement, but they do not affect the binding to Raf1. These inhibitors seem particularly interesting for targeting the HRas isoform, which is a more potent activator of PI3K than KRas isoform (Yun et al., 1998). Although new powerful approaches for inhibiting Ras signaling in cancer have been recently developed (Gilardi et al., 2020; Shin et al., 2020) the challenge for the identification of inhibitors effective on the non-G12C pathological Ras variants is still open.
Here we show that cmp4 is a water-soluble pan-Ras inhibitor with a complex, multi-level mechanism of action. cmp4 is the product of rational design from a lead compound in which a 3,4-dihydroxyphenyl group (catechol) and a benzyloxy group, are interconnected by a linear linker (Palmioli et al., 2009b). cmp4 targets the SII-G pocket, as the compounds identified by Gentile et al. (2017). Since cmp4 is bulkier, it occupies a more extended region protruding towards the G12(P-)loop, here named SII-EP (Supplementary Figures S2E,H). The catechol group of cmp4 can undergo several different interactions with residues not only in α2-(switch II) (such as Glu62, Tyr64, and Arg68) and α3-helices (such as Tyr96 and Arg102), but also with the backbone of Gly10 in the P-loop (see ligand interactions plot in Supplementary Figure S1). Natural compounds containing a pyrocatechol group also target this pocket: 5-O-caffeoylquinic acid (5-CQA) takes contact with HRas-GDP through its aromatic caffeic acid moiety but is less efficient in inhibiting RasGRF1 binding (Palmioli et al., 2017). Although the residues in Switch II are the most affected upon cmp4 binding according to NMR analysis, the residues revealing a change in their chemical environment are more widespread along Ras protein (Sacco et al., 2011) suggesting that the binding of the compound could induce a deeper conformational rearrangement that cannot be reproduced by any docking protocol, in agreement with the effects observed for other compounds binding to this area (Ostrem et al., 2013; Gentile et al., 2017).
Treatment with cmp4 prevents intrinsic and GEF-mediated nucleotide exchange, both in wild type and in the G13D-mutated Ras protein, which is self-sufficient in nucleotide dissociation although remaining sensitive to GEF catalytic activity. In addition, cmp4 reduces Ras/Raf1 binding. This effect suggests that cmp4 is able to accommodate in the Switch II pocket of GTP-bound Ras proteins, either interfering with the hydrogen bonds network involved in stabilizing the State 2 Switch I conformation, required for Raf1 binding (Buhrman et al., 2007), or at least destabilizing the ordered Switch II conformation (R state) which allows high-affinity binding to Raf1. A more disordered T State is indeed adopted whenever α3 helix is shifted towards Switch II (Johnson et al., 2019). The presence of cmp4 in the SII-EP site could counteract the shift to the R state, which is characterized by a narrower pocket (Buhrman et al., 2010).
Simulation of the multi-level action mechanism of cmp4 in a computational model describing the Ras activation cycle in conditions designed to represent cells with a constitutively active EGF Receptor, suggests that the compound can work on different Ras oncoproteins, including KRasG13D and KRasG12V. cmp4 effectively cooperates with compounds blocking the Ras signaling cascade at the level of the EGF Receptor, such as Cetuximab. A near additive effect is observed even in the presence of the RasG12V mutant that makes virtual and real cells insensitive to the inhibition of GEF activity resulting from treatments with Cetuximab. In vitro growth inhibition induced by cmp4 and Cetuximab (administered individually or in combination) on isogenic SW48-derived cell lines expressing different Ras mutant proteins fully confirm the simulation results.
5 CONCLUSION
With its multi-level mechanism of action that is only minimally superimposed with that of Cetuximab, cmp4 is a good candidate for medicinal chemistry efforts tailored at improving its currently unsatisfactory affinity for Ras proteins.
As a pan-Ras inhibitor, cmp4 is able to inhibit not only Ras oncoproteins but also the wild type variant when activated in a stimulus-dependent way. This would allow cmp4-based drugs to be effectively used in combination therapies with Cetuximab to reduce the proliferation of tumor cells expressing the constitutively activated RTK receptor, but also suggests certain cytotoxicity on proliferating cells in general, given that proliferation in mammalian cells is essentially promoted by Ras signaling. A low affinity is desired when dealing with treatments affecting wild-type Ras, in order to avoid general toxicity to non-proliferating cells, although the affinity of cmp4 still needs some improvement for this aim. It is noteworthy that the development of drugs specific for a pathogenic Ras variant could be achieved by adding chemical groups that can efficiently interact with the variant molecular features, such as the glutamate residue present in G12D or G13D KRas mutants, gaining in specificity and affinity for the targeted oncoprotein and allowing the administration of lower doses, ineffective on wild-type Ras proteins.
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Ras proteins require membrane association for proper function. This process is tightly regulated by reversible palmitoylation that controls not only the distribution over different subcellular compartments but also Ras compartmentalization within membrane subdomains. As a result, there is a growing interest in protein palmitoylation and the enzymes that control this process. In this minireview, we discuss how palmitoylation affects the localization and function of Ras proteins. A better understanding of the regulatory mechanism controlling protein lipidation is expected to provide new insights into the functional role of these modifications and may ultimately lead to the development of novel therapeutic approaches.
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INTRODUCTION

The Ras superfamily of small GTPases comprises more than 150 monomeric G proteins. Their ability to act as molecular switches upon stimulation by upstream signals, alternating between the GTP-bound active state and the inactive GDP-bound form, allows Ras proteins to play a role in a diverse array of biological processes such as cell proliferation, signaling, differentiation and survival (Simanshu et al., 2017). Some of the most prominent members of the Ras superfamily are the four Ras isoforms which are encoded by three different genes: H-Ras, N-Ras and K-Ras that generates two splice variants, K-Ras4A and K-Ras4B. The four isoforms share a highly conserved G domain but mainly differ in the hypervariable region (HVR) which comprises the last 24 amino acids and several posttranslational modifications. Hence, all proteins undergo a three-step maturation pathway at the C-terminus known as CaaX box processing (Lowy and Willumsen, 1989; Ahearn et al., 2012) which includes farnesylation of the cysteine, proteolytic cleavage of the last three amino acids (aaX) (Boyartchuk et al., 1997) and carboxyl methylation (Clarke et al., 1988; Dai et al., 1998). Since the prenyl moiety is essential but not sufficient to mediate the stable membrane association required for proper signaling, all isoforms display additional membrane targeting motifs (Hancock et al., 1990). N-Ras and H-Ras are both palmitoylated at either one or two cysteine residues, respectively. K-Ras4B contains a polybasic stretch of eight lysines and K-Ras4A presents a palmitoylated cysteine and two polybasic regions (Figure 1A). As a result of these differences, the four isoforms show distinct subcellular localization and distribution in membrane microdomains, and generate distinct signaling outputs (Rocks et al., 2005). However, other factors can also influence Ras signaling. Thus, apart from the HVR, the G-domain and its modifications (ubiquitination, sumoylation, acetylation, glucosylation and nitrosylation) may also contribute to a particular membrane orientation and isoform specific signaling (Kapoor et al., 2012; Ahearn et al., 2018). In addition, some functional redundancy has been suggested for the different isoforms, as although only K-Ras is essential for normal mouse embryogenesis, its function can be replaced by H-Ras, however, associated to significant cardiotoxicity (Potenza et al., 2005).
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FIGURE 1. (A) The Ras isoforms contain a highly homologous G domain (90%) and a C-terminal hypervariable region (HVR) that comprises the last 24 amino acids. The HVR exhibit a low degree of homology between isoforms (∼ 10%) and present different post-translational lipid modifications. Red cysteines (C) are farnesylated, green cysteines (C) are palmitoylated, blue lysines (K) are polybasic residues. (B) Ras membrane distribution is dynamic and depends on membrane targeting motifs (polybasic sequences and lipids) and changes in palmitoylation state that combined, modulate Ras trafficking and localization to specific membranes (PM, endomembranes, subdomains). Hence, farnesylated H/N-Ras get palmitoylated at the Golgi apparatus by DHHC9/Golga7 and then are transferred to the PM via the secretory pathway. After depalmitoylation, H/N-Ras traffic back to the Golgi to be reacylated. Due to the presence of two palmitoyl moieties H-Ras gets enriched in the PM, whereas N-Ras is predominantly localized at the Golgi. Once in the membrane, H-Ras segregates in different microdomains (rafts, non-rafts) in a GDP/GTP dependent manner. Palmitoylated N-Ras associates preferentially with raft/non-raft boundary regions, although a N-Ras protein modified with an unsaturated palmitoleic shows preferential accumulation in fluid domains. The localization of K-Ras4A on the PM relies on the presence of polybasic regions and a palmitoylated cystine, whereas K-Ras4B is palmitoylation independent. After depalmitoylation, K-Ras4A travels to the mitochondria and binds HK1.


Ras proteins are among the most frequently altered oncogenes in human cancers (Hobbs et al., 2016) and overall, approximately 20% of cancer patients harbor Ras mutations (Prior et al., 2020). Point mutations occur in hotspots codons (mainly 12, 13, and 61) and lead to constitutively active proteins resulting in uncontrolled proliferation. However, the prevalence of each isoform in human cancers is not uniform. K-Ras is by far the most frequently mutated isoform (76%), whereas N-Ras contributes to the 17% of human cancers and H-Ras to the remaining 7%. Furthermore, each isoform is related to different types of cancer. While K-Ras is usually associated to lung, colorectal and pancreatic cancers, N-Ras is more predominant in skin melanomas and H-Ras in bladder carcinomas (Prior et al., 2012).

All the above mentioned factors reveal the increasing complexity of Ras biology. From one side, Ras signaling capacity and functional heterogeneity depends on specific isoforms and mutations. However, the extent to which the lipidation state determines the resident time, the specific subcellular localization or the partition into different membrane subdomains, and by doing so, it enables accessibility to a preferential set of effector proteins, is poorly understood. In this minireview we will discuss how changes in the acylation pattern influence the spatial and functional heterogeneity of Ras proteins.



SUBCELLULAR LOCALIZATION AND FUNCTION


H-Ras and N-Ras

The localization of palmitoylated isoforms is determined by the reversible nature of this modification. Although S-acyl groups of some proteins do not turn over or they do it at a very low rate, some other proteins, such as the Ras isoforms, show a very rapid cycling. Thus, after palmitoylation at the Golgi by palmitoyl acyl transferases (PATs) (Stix et al., 2020), N/H-Ras are transferred to the plasma membrane (PM) via the secretory pathway. In their way to the PM, fully palmitoylated and active H-/N-Ras can also localize at recycling endosomes (Misaki et al., 2010). Next, depalmitoylation is mediated by thioesterases (Won et al., 2018) and occurs everywhere in the cell. Depalmitoylated Ras then traffics back to the Golgi where it can be reacylated (Rocks et al., 2005, 2010; Figure 1B). Due to the presence of two fatty acid moieties, depalmitoylation of H-Ras takes longer causing enrichment at the PM, whereas N-Ras, bearing only one palmitate, is predominantly localized at the Golgi. Moreover, the combined action of PATs and thioesterases results in an acylation/deacylation cycle that has a shorter half-life than that of the protein (∼6 min for N-Ras and around 20 min for H-Ras vs. ∼24 h protein half-life) (Magee et al., 1987) and introduces an additional level of regulation in the spatial and temporal modulation of Ras signaling (Rocks et al., 2005, 2010). Interestingly, marked differences can exist in the turnover rates of oncogenic and wild type Ras, despite sharing similar subcellular localizations (Baker et al., 2003).


H-Ras

H-Ras gets palmitoylated by DHHC9/Golga7, a member of the Asp-His-His-Cys (DHHC) family of PATs that comprises 23 different proteins. Additional involvement of DHHC18 has also been suggested (Swarthout et al., 2005; Yokoi et al., 2016). Thioester cleavage was initially proven by APT1 (Duncan and Gilman, 1998), APT2 (Tomatis et al., 2010) and the lysosomal PPT1 (Camp and Hofmann, 1993; Verkruyse and Hofmann, 1996). The interaction of H-Ras with both APT1/2, mainly occurring at the PM, was also confirmed by FRET studies (Pedro et al., 2017). More recently, the involvement of other thioesterases has also been suggested since the disruption of APT1 gene in yeast did not completely abolished H-Ras deacylation (Duncan and Gilman, 2002). ABHD17, a member of the mammalian α,β hydrolase-domain (ABHD) family of serine hydrolases (SH) has been shown to deacylate an overexpressed H-Ras in HEK293T cells, but this effect could not be observed in neurons (Yokoi et al., 2016). As the SH family consists of over 100 members and most of them have not known substrate yet, it can not be discarded that additional thioesterases acting on H-Ras may be identified in the future.

Apart from the enzymes involved in de/acylation, FKBP12 may add an additional layer of regulation by controlling the time of residence of H-Ras at the PM. FKBP12 promotes the cis/trans isomerization of the peptidyl-prolyl bond at position 178–179, which facilitates depalmitoylation probably by rendering the thioester bond accessible to membrane associated thioesterases. Interaction of FKBP12 with N-Ras has also been detected, but not with K-Ras (Ahearn et al., 2011).

Some studies have suggested that the individual palmitoyl residues may have different roles. Thus, whereas a C184S mutant was present at both the PM and the Golgi, a C181S mutant was mostly localized at Golgi (Roy et al., 2005a). Moreover, the deacylation rate of the C184S mutant significantly increased upon overexpression of APT2, whereas the rate of the C181S mutant did not change (Pedro et al., 2017). Studies with monopalmitoylated mutants may shed light on the role and substrate specificity of these positions. However, results should be interpreted with caution since singly palmitoylated H-Ras species do not seem to be present in cells (Yokoi et al., 2016).

Because of the continuous cycle of de/acylation, H-Ras populations are present at and signal from both the PM and the Golgi apparatus under steady-state conditions. However, functional Ras can also signal from additional subcellular compartments, such as the Endoplasmic Reticulum (ER) (Chiu et al., 2002; Fehrenbacher et al., 2009) and the differential subcellular localizations contribute to its wide signaling repertoire. Thus, organelle-specific interaction with effectors may be behind the variety of biological responses observed, such as proliferation (Chiu et al., 2002; Arozarena et al., 2004) or apoptosis (Herrero et al., 2016; Casar et al., 2018). Studies with engineered proteins have provided insight into H-Ras biology and its relationship with effector proteins. Hence, an active H-Ras directed to Golgi or ER led to the correlation of signaling outputs with defined subcellular protein pools (Matallanas et al., 2006; Agudo-Ibáñez et al., 2007) and enabled the identification of organelle-specific protein-protein interactions (Santra et al., 2019). Specific interactions were also unveiled employing an engineered exchange factor able to activate different subcellular pools of endogenous H-Ras (Herrero et al., 2020). In addition, activation at distinct subcellular sites also provides a temporal control of signaling, that is transient and rapid at the PM but slower and sustained at Golgi.



N-Ras

The singly palmitoylated N-Ras is predominantly localized at the Golgi apparatus under steady-state conditions. Palmitoylation of N-Ras is also mediated by DHHC9/Golga7 and, similarly to H-Ras, N-Ras can be depalmitoylated by the broad substrate-tolerant APT1 and APT2 (Rocks et al., 2010; Görmer et al., 2012; Vartak et al., 2014). Depalmitoylated N-Ras is then transported to the Golgi by the chaperone PDE6δ (phosphodiesterase of retinal rod subunit δ) which binds the prenyl group and enhances the cytoplasmic diffusion of the protein. PDE6δ can also transport K-Ras4B (Chen et al., 2010) and facilitates its delivery to membranes (Weise et al., 2012), but has much less effect on H-Ras. The reason behind this selectivity may be the degree of palmitoylation that negatively affects binding with PDE6δ, as only 25% of H-Ras is depalmitoylated at steady-state compared to the 50% of N-Ras (Chandra et al., 2012; Zimmermann et al., 2013). Depletion of PDE6δ or small-molecule based inhibition of Ras-PDE6δ interaction results in Ras mislocalization and consequently, in attenuated signaling (Chandra et al., 2012; Zimmermann et al., 2013).

Because lipidation impairment causes Ras mislocalization, significant efforts have been made to identify thioesterase inhibitors that might be not only interesting for fundamental research but also offer potential applications in drug discovery (Table 1). As a result, small-molecule inhibitors of thioesterases have emerged as key players in the study of de/acylation processes. The first potent APT1/2 inhibitors were the β-lactones Palmostatin B and M that led to impaired localization and signaling of N-Ras and H-Ras (Dekker et al., 2010; Hedberg et al., 2011; Rusch et al., 2011). However, the role of APT1/2 was later questioned, since their overexpression showed little effect on N-Ras localization (Agudo-Ibáñez et al., 2015) and selective inhibitors of APT1 or APT2 could not preserve the palmitoylation state of N-Ras (Adibekian et al., 2010a,b). Currently, there are accumulating evidences indicating that other thioesterases might contribute to the regulation of N-Ras palmitate turnover. Relevant candidates are the three isoforms ABHD17A/B/C, localized to PM and Rab6- and Rab11-positive endosomes and also targeted by Palmostatin M (Lin and Conibear, 2015). Thus, overexpression of ABHD17 redistributed N-Ras from the PM to intracellular membranes and a selective inhibitor of ABHD17, ABD957, has shown to inhibit the growth of cells that depend on N-Ras as an oncogenic driver (Remsberg et al., 2020). However, since ABD957 only partially impairs N-Ras depalmitoylation, additional, yet unknown, thioesterases may not be discarded (Lin and Conibear, 2015). Apart from the cis/trans isomerase FKBP12 mentioned above, an additional chaperone protein, VPS35, has also been involved in the regulation of N-Ras subcellular trafficking (Zhou et al., 2016).


TABLE 1. Enzymes and proteins that have been implicated in Ras metabolism and trafficking.
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K-Ras

The K-Ras gene has two splice variants, K-Ras4A and K-Ras4B, both of them encoding oncogenic proteins when K-Ras is activated by mutation. It has been long considered that K-Ras4A was the minor splice variant and that its contribution to oncogenesis or tumor maintenance was negligible. However, RT-qPCR-based measurements revealed that K-Ras4A accounted for 10–50% of total K-Ras in cell lines derived from colon carcinoma and melanoma, and the relative abundance of K-Ras4A was even higher in primary human tumors (Tsai et al., 2015). All together, these recent advances have renewed the interest in the K-Ras4A isoform as a potential therapeutic target.

The two K-Ras splice variants have distinct mechanism of subcellular trafficking. Both variants require an essential farnesyl moiety, but localization and trafficking of K-Ras4B relies on the presence of polybasic residues that anchor the protein to the inner leaflet of the PM, whereas the membrane-targeting signals in K-Ras4A are two polybasic regions and an additional palmitoyl group, that independently contribute to the PM localization and signal output. Hence, only mutation of either region combined with loss of palmitoylation caused a significant reduction in ERK phosphorylation (Tsai et al., 2015) or abolished the ability to induce leukemia in mice (Zhao et al., 2015). Interestingly, in contrast to K-Ras4B and N-Ras, PDE6δ does not seem to function as a cytosolic chaperone for K-Ras4A (Tsai et al., 2015). K-Ras has also been implicated in the biogenesis of exosomes, tiny extracellular vesicles involved in cell-cell communication that have been also considered potential Ras signaling pathways (Sexton et al., 2019).

Recently, super-resolution immunofluorescence microscopy studies confirmed that the non-palmitoylated form of K-Ras4A also localizes on the outer mitochondrial membrane, where it specifically interacts with Hexokinase 1 (HK1), an enzyme that initiates glucose metabolism. Upon binding, K-Ras4A blocks the allosteric inhibition of HK1 resulting in an enhanced glucose consumption, which might contribute to the metabolic reprogramming of tumor cells aimed to sustain rapid tumor growth (Amendola et al., 2019). The interaction occurs only with the GTP-bound form and it requires the presence of the prenyl moiety but it is negatively regulated by palmitoylation. It is currently unknown which are the enzymes responsible for K-Ras4A de/acylation. However, it has been suggested that palmitoylation may be in charge of a PM-resident enzyme, whereas mitochondrial depalmitoylation could be performed by APT1 or ABHD10 (Cao et al., 2019). In addition, a third lipid modification could act as an additional regulatory mechanism for K-Ras4A. Hence, Lin et al. have shown that K-Ras4A can also be reversibly acylated with palmitic acid at lysine residues located at the HVR (K182/184/185). Lysine acylation occurs on fully lipidated proteins and lipid removal, that promotes its transforming activity, is mediated by Sirtuin 2 (Jing et al., 2017) and inhibited by JH-T4 (Spiegelman et al., 2019) (Table 1). Lysine acylation has been also detected on H-Ras (K170) and N-Ras, but these proteins are not substrates of Sirtuin 2. Further work is required to elucidate the role lysine acylation on H-/N-Ras and to identify the enzymes that control this process.



MEMBRANE MICRODOMAIN LOCALIZATION OF RAS PROTEINS

Lipidation not only regulates the subcellular localization of Ras proteins, but also its lateral segregation and distribution between membrane microdomains, which is crucial for efficient signal transmission. Thus, the lateral heterogenous composition of cellular membranes results in the transient formation of distinct subcompartments: packed domains enriched with cholesterol and sphingolipids referred to as lipid ordered (lo) domains o rafts, and more fluid domains termed liquid disordered (ld) domains or non-rafts. In this second part, we will give a brief overview on Ras segregation in membrane subdomains (for a more detailed description see Erwin et al., 2017 and references herein).

Initial studies by Hancock et al. showed that H-Ras segregation within membrane microdomains was GDP/GTP-dependent. H-Ras resides in lipid rafts in its inactive form, but the active GTP-bound form as well as the active mutant HRasV12 migrate to ld membranes (Prior et al., 2001; Rotblat et al., 2004), where they can activate proliferation and differentiation (Herrero et al., 2016; Figure 1B). However, GDP/GTP-dependent H-Ras partitioning may also be cell-specific (Agudo-Ibáñez et al., 2015). These different lateral segregations might regulate the biological output of H-Ras by a yet unknown mechanism. Thus, Ras signaling from rafts results in phosphorylation of epidermal growth factor receptor and cytosolic phospholipase A2, whereas signaling from fluid domains causes activation of kinase suppressor of Ras 1 (Casar et al., 2009). Moreover, H/N-Ras signals from lipid rafts or ER yield big tumors but with a reduced propensity to disseminate, whereas signaling from Golgi and disordered regions displayed higher migration rates (Agudo-Ibáñez et al., 2015; García-Ibáñez et al., 2020).

The effect of lipidation in membrane partitioning and clustering behavior of N-Ras has also been widely characterized. Initial studies in homogeneous membranes showed the formation of dimers (Güldenhaupt et al., 2012), that could be an initial step to the formation of small nanoclusters (Erwin et al., 2016). More complex systems gave, however, controversial results. Thus, the first insight into N-Ras microlocalization suggested that N-Ras was mainly found in rafts (Matallanas et al., 2003) at least in its GTP-form (Prior et al., 2001; Roy et al., 2005b).

A major advancement in the field came with the development of semisynthetic methods to obtain fully lipidated Ras proteins in quantities enabling biophysical studies (Triola et al., 2012). Hence, atomic force microscopy studies performed in heterogeneous model membranes revealed that N-Ras partitioning occurs preferentially into ld domains followed by time-dependent clustering in domain (lo/ld) boundaries regions (Weise et al., 2009, 2010). No significant GDP/GTP-dependent partitioning was observed, although the inactive form showed stronger membrane association (Gohlke et al., 2010). Moreover, upon membrane binding, N-Ras showed free rotation of the G-domain, what may facilitate its interaction with effectors (Werkmuller et al., 2013). Accumulation in lo/ld phase boundaries could also be observed in viral membrane extracts (Vogel et al., 2009) or using a FRET-based study (Shishina et al., 2018).

Recent breakthroughs have developed more sensitives techniques that revealed that N-Ras S-acylation is not restricted to the saturated palmitate but also includes the unsaturated palmitoleate. Characterization of palmitoleated N-Ras distribution in model membranes indicated a different behavior compared to the saturated N-Ras, showing a rapid membrane insertion and preferentially clustering in the ld domains. Interestingly, these results suggest that S-acylation with different fatty acids may be an additional regulation point in N-Ras signaling (Schulte-Zweckel et al., 2019). The existence of thioesterases or PATs specifically committed to palmitoleated N-Ras remains elusive (Schulte-Zweckel et al., 2019). However, the fact that the 23 DHHCs have shown marked differences in fatty acid selectivity might suggest some substrate specificity (Greaves et al., 2017).

Currently, there is no information about the lateral segregation behavior of K-Ras4A. On the contrary, the splice variant K-Ras4B is better characterized. Thus, the polybasic K-Ras 4B preferentially distributes in ld domains and spontaneous assembles to form new domains containing proteins and lipids (Weise et al., 2011). The presence of the prenyl group combined with the precise amino acid sequence of the polybasic region define the lipid composition of these nanoclusters (Zhou et al., 2017). The enrichments was independent of GDP/GTP loading but the active form showed bigger clusters (Kapoor et al., 2012). K-Ras4B distribution on the ld domain was also observed in GUVs made from the envelope membrane of viral lipids (Weise et al., 2011) and protein-containing GPMVs (Erwin et al., 2016). Transport to the membrane is mediated by PDE6δ, whereas phosphorylation at Ser181 facilitates the PM dissociation (Zhang et al., 2017). Extraction from negatively charged membranes can also be performed in a GDP/GTP-independent manner by Calmodulin (Sperlich et al., 2016).



CONCLUSIONS AND PERSPECTIVES

It is becoming clear that the differential spatiotemporal distribution on organelles and subdomains has a key role in regulating the functional versatility of Ras proteins. As reversible lipidation is critical for maintaining the correct localization of H-/N- and probably KRas4A, a better understanding of the mechanism and dynamics by which S-acylation is controlled will provide new insights into the functional role of these modifications. Major outstanding questions still remain unanswered, such as how is the dynamic of lipid turnover regulated, how the presence of saturated or unsaturated fatty acids may influence protein function, which are all the enzymes involved in de/acylation and their selectivity profile or whether changes in the S-acylation (turnover rate, fatty acid identity) are linked with specific disease states. Furthermore, an increase in our knowledge of the mechanism and outcomes of protein S-acylation could lead to the identification of novel therapeutic opportunities.
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Newly synthesized small GTPases in the Ras and Rho families are prenylated by cytosolic prenyltransferases and then escorted by chaperones to membranes, the nucleus, and other sites where the GTPases participate in a variety of signaling cascades. Understanding how prenylation and trafficking are regulated will help define new therapeutic strategies for cancer and other disorders involving abnormal signaling by these small GTPases. A growing body of evidence indicates that splice variants of SmgGDS (gene name RAP1GDS1) are major regulators of the prenylation, post-prenylation processing, and trafficking of Ras and Rho family members. SmgGDS-607 binds pre-prenylated small GTPases, while SmgGDS-558 binds prenylated small GTPases. This review discusses the history of SmgGDS research and explains our current understanding of how SmgGDS splice variants regulate the prenylation and trafficking of small GTPases. We discuss recent evidence that mutant forms of RabL3 and Rab22a control the release of small GTPases from SmgGDS, and review the inhibitory actions of DiRas1, which competitively blocks the binding of other small GTPases to SmgGDS. We conclude with a discussion of current strategies for therapeutic targeting of SmgGDS in cancer involving splice-switching oligonucleotides and peptide inhibitors.
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INTRODUCTION
The Ras superfamily consists of over 150 different small GTPases belonging to specific families. The most well characterized small GTPases in this superfamily are members of the Ras family (36 members), Rho family (20 members), and Rab family (over 60 members) (Vigil et al., 2010; Gray et al., 2020). These proteins participate in important cellular signaling pathways that regulate gene expression, cytoskeletal organization, intracellular trafficking of proteins and vesicles, and cell migration, proliferation, and differentiation (Seabra et al., 2002; Hutagalung and Novick, 2011; Haga and Ridley, 2016) These small GTPases are activated when they bind guanine nucleotide exchange factors (GEFs) that induce the small GTPases to release GDP and bind GTP. There are 27 different GEFs that activate Ras family members, and 80 GEFs that activate Rho family members, providing extensive spatiotemporal control of these small GTPases (Vigil et al., 2010; Gray et al., 2020). Inappropriate or prolonged activation of these GTPases leads to dysregulated signaling that contributes to cancer initiation, progression, and metastasis (Seabra et al., 2002; Vigil et al., 2010; Alan and Lundquist, 2013; Haga and Ridley, 2016; Porter et al., 2016).
The intracellular site where a small GTPase is located defines how the GTPase will be activated and which signaling pathway it will modulate. Cell membranes are a major site for activation and signaling by small GTPases. Ras and Rho family members anchored at the plasma membrane are activated by membrane-localized GEFs and participate in signaling cascades initiated by plasma membrane receptors (Vigil et al., 2010; Gray et al., 2020). Rab family members anchored at endosomal membranes are activated by endosome-localized GEFs and participate in vesicular transport (Seabra et al., 2002; Hutagalung and Novick, 2011). The ability of these GTPases to anchor at membranes and participate in these signaling events depends on the presence of a prenyl group that is irreversibly attached to the C-terminus of the GTPase soon after it is synthesized in the cell (Lane and Beese, 2006; Wright and Philips, 2006; Wang and Casey, 2016). The prenyl group serves as a membrane anchor that is inserted into the lipid bilayer. If prenylation does not occur, the ability of these GTPases to localize at cell membranes is severely impaired.
Small GTPases that are activated by GEFs associated with membranes must be prenylated to localize at the membrane and interact with their GEFs. K-Ras4B is an excellent example of a small GTPase that relies primarily on membrane localization for its activity (Cox et al., 2015; Kattan and Hancock, 2020; Uprety and Adjei, 2020). However, recent studies indicate that under certain conditions, K-Ras4B might participate in signaling complexes that are not associated with membranes (Tulpule et al., 2021). Some small GTPases are known to be activated at sites other than membranes. For example, the Ras family members Rap1A and Rap1B (Mitra et al., 2003; Goto et al., 2010; Ntantie et al., 2013; Griffin et al., 2018) and the Rho family members RhoA (Dubash et al., 2011; Staus et al., 2014; Gayle et al., 2015) and Rac1 (Lanning et al., 2003; Michaelson et al., 2008; Huff et al., 2013; Navarro-Lerida et al., 2015; Justilien et al., 2017; Casado-Medrano et al., 2020) can enter the nucleus where they can be activated by nuclear GEFs and participate in nuclear signaling pathways. These findings suggest that prenylation that promotes membrane anchoring is not always required for Ras and Rho family members to become activated. This suggestion is supported by reports that inhibiting the prenylation of Rap1A, Rap1B, RhoA, and Rac1 increases the GTP-bound forms of these GTPases (Dunford et al., 2006; Khan et al., 2011; Khan et al., 2013; Ntantie et al., 2013; Reddy et al., 2015; Akula et al., 2019), indicating that certain GEFs can activate these GTPases before they are prenylated.
There is growing evidence that some small GTPases participate in signaling events before they are prenylated (Khan et al., 2011; Khan et al., 2013; Reddy et al., 2015; Akula et al., 2019), leading to the realization that cells must possess ways to promote or suppress the prenylation of a newly synthesized small GTPase. The best characterized mechanism that controls the prenylation of Ras and Rho family members involves the interaction of these small GTPases with SmgGDS (pronounced “smidge-G-D-S”, gene name RAP1GDS1). SmgGDS has emerged as a major regulator of both the prenylation and intracellular trafficking of many GTPases in the Ras and Rho families (Berg et al., 2010; Ntantie et al., 2013; Williams, 2013; Schuld N. J. et al., 2014; Jennings et al., 2018; Garcia-Torres and Fierke, 2019; Nissim et al., 2019; Brandt et al., 2020; Liao et al., 2020). This review describes how these events are regulated by the two splice variants of SmgGDS, named SmgGDS-607 and SmgGDS-558, and compares SmgGDS to the proteins that regulate the prenylation and trafficking of Rab family members. We discuss how different proteins modulate the interactions of SmgGDS with oncogenic small GTPases in the Ras and Rho families, and present strategies to target SmgGDS therapeutically in cancer.
PRENYLATION OF RAS, RHO, AND RAB FAMILY MEMBERS
Newly synthesized small GTPases in the Ras and Rho families are soluble, hydrophilic proteins residing in the cytosol. The majority of these small GTPase have a C-terminal CAAX motif consisting of a cysteine (C), two aliphatic amino acids (AA), and a terminal amino acid (X). When a newly synthesized small GTPase enters the prenylation pathway, the CAAX motif undergoes prenylation and post-prenylation processing, converting the small GTPase to a hydrophobic protein that can anchor at membranes (Lane and Beese, 2006; Wright and Philips, 2006; Wang and Casey, 2016).
Ras and Rho family members are prenylated by a cytosolic prenyltransferase (PTase), which irreversibly attaches a hydrophobic prenyl group to the cysteine in the CAAX motif. Small GTPases that have a CAAX motif ending in alanine, glycine, serine, methionine, or phenylalanine receive a 15-carbon farnesyl group from farnesyltransferase (FTase). In contrast, if the CAAX motif ends in leucine or phenylalanine, the GTPase receives a 20-carbon geranylgeranyl group from geranylgeranyltransferase-I (GGTase-I) (Lane and Beese, 2006). The prenylated GTPase then undergoes post-prenylation processing at the endoplasmic reticulum by interacting with RCE1, which proteolytically cleaves the AAX from the CAAX motif, followed by carboxylmethylation by ICMT (Wright and Philips, 2006; Wang and Casey, 2016).
When post-prenylation processing is completed, the prenylated, hydrophobic GTPase can take two different routes to the plasma membrane. Small GTPases that have an additional cysteine near the CAAX motif, such as H-Ras and N-Ras, move to the Golgi to become palmitoylated before localizing at the plasma membrane (Wright and Philips, 2006; Wang and Casey, 2016). In contrast, small GTPases that have a C-terminal polybasic region (PBR) move directly from the endoplasmic reticulum through the aqueous cytosol to the plasma membrane (Wright and Philips, 2006; Wang and Casey, 2016). These PBR-containing small GTPases include K-Ras4B and many other members of the Ras and Rho families [reviewed in Williams (2013)] (Table 1). A protein that serves as a chaperone must shield the prenyl group of the small GTPase in a hydrophobic pocket as the GTPase moves through the cytosol to the plasma membrane (Azoulay-Alfaguter et al., 2015). Prenylated Ras family members interact with several chaperones, including PDEδ (Bhagatji et al., 2010; Dharmaiah et al., 2016), PRA1 (Figueroa et al., 2001; Bhagatji et al., 2010), and VPS35 (Zhou et al., 2016), while prenylated Rho family members are chaperoned by three RhoGDI proteins (Garcia-Mata et al., 2011).
TABLE 1 | C-Terminal Sequences of Human Ras and Rho Family Members that have a Polybasic Region (PBR).
[image: Table 1]Rab family members are prenylated in a pathway differing from the one that prenylates Ras and Rho family members. Newly synthesized Rab family members associate with the Rab Escort Protein REP1 before prenylation. A trimeric complex consisting of REP1, the Rab protein, and the Rab geranylgeranyltransferase (RabGGTase) is needed for the RabGGTase to sequentially prenylate two cysteines in the C-terminus of the Rab protein. After prenylation, REP1 serves as a chaperone for the prenylated Rab small GTPase as it moves through the cytosol to membranes. The importance of REP1 in this pathway is indicated by its interactions with both the pre-prenylated and prenylated forms of the Rab protein, facilitating prenylation of the newly synthesized Rab protein and then escorting the prenylated Rab protein to membranes (Preising and Ayuso, 2004; Goody et al., 2005; Leung et al., 2006; Wu et al., 2007).
The participation of REP1 in the prenylation and trafficking of newly synthesized Rab family members suggests that proteins with functions similar to REP1 might participate in the prenylation and trafficking of newly synthesized Ras and Rho family members. Such proteins that might assist Ras and Rho family members during prenylation were not known prior to the discovery of the two major splice variants of SmgGDS (Berg et al., 2010). The discovery of these SmgGDS splice variants has led to an increasing understanding of how cells can suppress or promote the prenylation of Ras and Rho family members, and has stimulated a growing exploration of how Ras and Rho family members can actively signal both before and after they are prenylated.
DISCOVERY OF SMGGDS AND ITS MAJOR SPLICE VARIANTS SMGGDS-607 AND SMGGDS-558
In 1990, members of the Takai laboratory isolated a protein from bovine brain that interacted with Rap1A and Rap1B, and they named this protein “small G protein guanine dissociation stimulator” or SmgGDS (Yamamoto et al., 1990). A cDNA encoding a SmgGDS protein having 558 amino acids was generated (Kaibuchi et al., 1991), and this SmgGDS cDNA was utilized in many studies to define the functions of SmgGDS. These studies indicated that SmgGDS binds multiple members of the Ras and Rho families that have a C-terminal PBR, including K-Ras4B, Rap1A, Rap1B, RhoA, RhoC, Rac1, Rac2, and Cdc42 (Mizuno et al., 1991; Hiraoka et al., 1992; Kikuchi et al., 1992; Orita et al., 1993; Yaku et al., 1994; Xu et al., 1997). Co-expression of this 558 amino acid form of SmgGDS with different small GTPases enhanced several cellular responses, including transformation and tumorigenesis of NIH3T3 cells induced by K-Ras4B (Fujioka et al., 1992), lamellipodia formation promoted by Rap1B (Yoshida et al., 1992), and NOX activation and neurite formation induced by Rac1 (Ando et al., 1992; Kikuchi et al., 1992; Mizuno et al., 1992).
SmgGDS has been the subject of several controversies regarding its interactions with small GTPases. One of these controversies arose from inconsistent reports that a small GTPase must be prenylated before it can associate with SmgGDS. Some groups reported that SmgGDS interacts only with prenylated small GTPases (Mizuno et al., 1991; Shirataki et al., 1991; Fujioka et al., 1992; Orita et al., 1993; Nakanishi et al., 1994), whereas others reported that SmgGDS can associate with small GTPases before they are prenylated (Chuang et al., 1994; Hutchinson and Eccleston, 2000; Hutchinson et al., 2000). This discrepancy might have occurred because these groups used different cDNAs encoding SmgGDS in their studies. Groups reporting that SmgGDS binds only prenylated GTPases utilized the cDNA that was generated in the original studies of SmgGDS (Mizuno et al., 1991; Nakanishi et al., 1994). In contrast, groups reporting that prenylation was unnecessary utilized SmgGDS cDNA clones generated in other studies (Chuang et al., 1994; Hutchinson and Eccleston, 2000; Hutchinson et al., 2000). The use of these different cDNA clones was not considered to be an important variable at the time, but it might have explained the disparate results obtained in these studies, if the cDNAs being utilized by these different groups encoded different forms of SmgGDS.
An explanation for these conflicting reports that only prenylated GTPases bind SmgGDS was provided in 2010, when the Williams group reported the identification of two splice variants of SmgGDS that differ in their ability to bind prenylated GTPases (Berg et al., 2010). A long form of SmgGDS that has 607 amino acids was identified and named SmgGDS-607, and the shorter form of SmgGDS that has 558 amino acids was named SmgGDS-558 (Berg et al., 2010). The functions of these splice variants were defined by using two publicly available cDNA constructs encoding SmgGDS (Berg et al., 2010). One construct encoded SmgGDS-558 that was identified in the original studies of SmgGDS (Kaibuchi et al., 1991), and the other construct encoded SmgGDS containing 607 amino acids obtained from the National Institute of Technology and Evaluation (Chiba, Japan) (Berg et al., 2010). This cDNA construct encoding SmgGDS-607 had been used in previous studies, but it was not recognized that it encoded a form of SmgGDS differing from SmgGDS-558 (Shin et al., 2006). The two SmgGDS splice variants were found to have very different abilities to bind prenylated GTPases; SmgGDS-607 binds pre-prenylated GTPases before they enter the prenylation pathway, whereas SmgGDS-558 binds only prenylated small GTPases (Berg et al., 2010; Ntantie et al., 2013; Williams, 2013; Schuld N. J. et al., 2014). This discovery that two forms of SmgGDS interact differently with pre-prenylated vs. prenylated small GTPases resolved the earlier controversy that prenylation is required for a small GTPase to bind SmgGDS.
The structural features that cause SmgGDS-607 to bind pre-prenylated GTPases and SmgGDS-558 to bind prenylated GTPases are beginning to be understood. SmgGDS is composed of multiple armadillo (ARM) domains. An ARM domain consists of approximately 40 amino acids folded into alpha helices. ARM domains can be identified from the amino acid sequence of a protein using a paradigm provided by Andrade and colleagues (Andrade et al., 2001). Using this paradigm to identify ARM domains, it was determined that SmgGDS has 13 ARM domains, which were named A–M (Berg et al., 2010). In contrast, SmgGDS-558 was reported to have only 12 ARM domains due to the absence of ARM domain C (Figure 1A) (Berg et al., 2010). The designation of these ARM domains as A–M has become the established method to describe the arrangement of ARM domains in SmgGDS (Schuld, et al., 2014a; Schuld N. J. et al., 2014; Hauser et al., 2014; Gonyo et al., 2017; Shimizu et al., 2017; Shimizu et al., 2018). In 2018, the Shimizu group solved the crystal structure of SmgGDS-558 associated with prenylated RhoA (Shimizu et al., 2018). Analysis of this structure indicates that a hydrophobic pocket that can accommodate the prenyl group of RhoA forms between ARMs B and D in SmgGDS-558. In contrast, SmgGDS-607 cannot bind prenylated GTPases because the presence of ARM C precludes the formation of this hydrophobic pocket (Shimizu et al., 2018). (Figure 1A).
[image: Figure 1]FIGURE 1 | Schematic illustration depicting how the SmgGDS splice variants, SmgGDS-607 and SmgGDS-558, interact with pre-prenylated and prenylated small GTPases, respectively. (A) SmgGDS-607 has 13 ARM domains named A–M. SmgGDS-607 binds pre-prenylated small GTPases because the presence of ARM domain C inhibits the formation of a hydrophobic pocket in SmgGDS-607. In contrast, SmgGDS-558 lacks ARM domain C, causing it to have only 12 ARM domains. SmgGDS-558 binds prenylated small GTPases because a hydrophobic pocket forms between ARM domains B and D, which accommodates the prenyl group of small GTPases. (B) Homology models indicate that SmgGDS-558 binds different Ras and Rho family members in a similar manner, suggesting that these small GTPases compete for binding to SmgGDS-558. SmgGDS-558 is depicted with a gray surface plot. The small GTPases are depicted with an electrostatic surface plot with negative charges indicated by red and positive charges indicated by blue [homology models adopted from Bergom et al. (2016)].
Another major controversy regarding SmgGDS arose from the proposal that SmgGDS is a GEF for many different Ras and Rho family members. Early studies suggested that SmgGDS might act as a GEF for multiple PBR-containing small GTPases, including Rap1A and Rap1B (Yamamoto et al., 1990; Kaibuchi et al., 1991; Mizuno et al., 1991; Hiroyoshi et al., 1991), K-Ras4B (Mizuno et al., 1991; Orita et al., 1993; Nakanishi et al., 1994; Yaku et al., 1994), RhoA (Mizuno et al., 1991; Kikuchi et al., 1992; Yaku et al., 1994; Hutchinson et al., 2000; Hutchinson and Eccleston, 2000), Rac1 (Ando et al., 1992; Chuang et al., 1994), Rac2 (Fujioka et al., 1992; Xu et al., 1997), and Cdc42 (Yaku et al., 1994). These small GTPases bind to SmgGDS in a similar manner (Figure 1B) involving two main interactions. The PBR of the small GTPase has electrostatic interactions with an electronegative patch in SmgGDS, and the main body of the GTPase interacts with a binding groove in SmgGDS (Hamel et al., 2011). It was difficult to understand how SmgGDS could act as a GEF for so many Ras and Rho family members, because SmgGDS lacks the domains that are commonly associated with proteins that have GEF activity, including the CDC25 domain that activates Ras family members, and the DH domain that activates Rho family members. Several confounding issues hampered these earlier studies of the GEF activity of SmgGDS, including the use of crude protein preparations and long incubation times during the analysis of GDP/GTP exchange, and the fact that sophisticated methods of analyzing GEF activity were not yet widely available.
The Sondek group finally clarified the GEF activity of SmgGDS in 2011 (Hamel et al., 2011). Using real-time MANT-GDP exchange assays, these researchers demonstrated that both SmgGDS-558 and SmgGDS-607 are true GEFs for RhoA and RhoC, but they are unable to promote GDP/GTP exchange by K-Ras4B, Rap1A, Rap1B, RhoB, Rac1, Rac2, and Cdc42 (Hamel et al., 2011). Crystallographic analysis in 2018 indicated that SmgGDS promotes GDP/GTP exchange by RhoA through a unique mechanism that is not utilized by other GEFs (Shimizu et al., 2018). This analysis indicates that the switch I and switch II regions of RhoA undergo a conformational change when RhoA binds SmgGDS, which opens up the nucleotide-binding site in RhoA (Shimizu et al., 2018). This mechanism allows SmgGDS-607 and SmgGDS-558 to act as GEFs for pre-prenylated and prenylated RhoA, respectively. The incorrect statement that SmgGDS is a GEF for many small GTPases in the Ras and Rho families continues to appear in the literature and in online sources. This misleading statement should be amended to reflect our current knowledge that SmgGDS is a GEF for RhoA and RhoC, but not for other small GTPases (Hamel et al., 2011; Shimizu et al., 2018).
Even though SmgGDS has limited intrinsic GEF activity, SmgGDS still might promote the activity of many different small GTPases by serving as a scaffold that facilitates the interactions of GEFs with small GTPases bound to SmgGDS (Berg et al., 2010). The formation of a transient trimeric complex consisting of SmgGDS, a small GTPase, and the specific GEF that activates the small GTPase provides a specific mechanism for SmgGDS to increase the activities of different Ras and Rho family members. In support of this mechanism, it was reported that SmgGDS (now known to be SmgGDS-607) forms a complex with Rac1 and βPIX, which is a GEF for Rac1 (Shin et al., 2006). The association of a GEF with SmgGDS-607 provides a way to activate small GTPases before they are prenylated, since SmgGDS-607 only binds GTPases before they enter the prenylation pathway. In contrast, the association of a GEF with SmgGDS-558 will activate prenylated GTPases, since SmgGDS-558 binds small GTPases only after they have been prenylated.
COMPLEMENTARY ROLES OF SMGGDS-607 AND SMGGDS-558 IN THE PRENYLATION AND TRAFFICKING OF RAS AND RHO FAMILY MEMBERS
Multiple studies indicate that SmgGDS-607 and SmgGDS-558 work together to regulate the prenylation and trafficking of small GTPases in the Ras and Rho families (Figure 2) (Berg et al., 2010; Williams 2013; Schuld N. J. et al., 2014; Brandt et al., 2020). SmgGDS-607 binds newly synthesized small GTPases that possess a PBR and regulates their entry into the prenylation pathway (Figure 2A). It was originally proposed that SmgGDS-607 acts as a gatekeeper for small GTPases entering the prenylation pathway (Berg et al., 2010). Just as a gatekeeper has the power to open a gate but also to lock it shut, it was suggested that SmgGDS-607 can help small GTPases gain access to the prenylation pathway but also restrain small GTPases from inappropriately entering the prenylation pathway (Berg et al., 2010). This proposed role of SmgGDS-607 as a gatekeeper for the prenylation pathway is supported by reports that SmgGDS-607 can both facilitate (Berg et al., 2010; Ntantie et al., 2013; Garcia-Torres and Fierke, 2019; Nissim et al., 2019; Brandt et al., 2020) and suppress (Berg et al., 2010; Jennings et al., 2018; Garcia-Torres and Fierke, 2019) the prenylation of small GTPases that bind SmgGDS-607.
[image: Figure 2]FIGURE 2 | Model depicting how SmgGDS splice variants regulate the prenylation and trafficking of small GTPases. (A) SmgGDS-607 binds a newly synthesized small GTPase and retains it until the correct signal causes SmgGDS-607 to release the pre-prenylated GTPase to the PTase. (B) SmgGDS-558 escorts newly prenylated small GTPases to the ER for post-prenylation processing. (C) SmgGDS-558 escorts prenylated and fully processed small GTPases from the ER to the plasma membrane. (D) Both SmgGDS splice variants might assist in nucleocytoplasmic shuttling of small GTPases (red arrows).
SmgGDS-607 recognizes the last amino acid in the CAAX motif of the GTPase, preferring to interact with small GTPases that have a CAAX motif ending in leucine rather than methionine (Schuld N. J. et al., 2014). This finding suggests that SmgGDS-607 preferentially binds small GTPases that are destined to become geranylgeranylated by GGTase-I, since GGTase-I prenylates small GTPases with a CAAX motif ending in leucine. Despite this preference for GTPases that will be geranylgeranylated, SmgGDS-607 also binds small GTPases that have a CAAX motif ending in methionine (Schuld N. J. et al., 2014; Garcia-Torres and Fierke, 2019; Nissim et al., 2019), which will be farnesylated by FTase, indicating that SmgGDS-607 probably regulates the prenylation of both geranylgeranylated and farnesylated small GTPases. The ability of SmgGDS-607 to deliver pre-prenylated Ras and Rho family members to PTases indicates that SmgGDS-607 has functional similarities to REP1, which delivers pre-prenylated Rab family members to RabGGTase (Preising and Ayuso, 2004; Goody et al., 2005; Wu et al., 2007).
SmgGDS-558 differs significantly from SmgGDS-607 because SmgGDS-558 binds only prenylated small GTPases (Berg et al., 2010; Williams 2013; Schuld N. J. et al., 2014). SmgGDS-558 may intercept PBR-containing small GTPases after they have been prenylated by the PTase and help them traffic to the ER for post-prenylation processing (Figure 2B). For this interaction to occur, SmgGDS-558 must bind prenylated small GTPases before the C-terminal AAX sequence is cleaved during post-prenylation processing. The ability of SmgGDS-558 to bind prenylated GTPases that retain the AAX sequence is supported by the finding that SmgGDS-558 binds small GTPases that were produced in reticulocyte lysates containing PTases but lacking the membrane-associated enzyme needed for post-prenylation processing (Lanning et al., 2004; Bergom et al., 2016). Additionally, the Shimizu group solved the crystal structure of SmgGDS-558 bound to prenylated RhoA that still retained the AAX sequence because it had not undergone post-prenylation processing (Shimizu et al., 2018). SmgGDS-558 may help newly prenylated GTPases arrive at the ER membrane or facilitate their interactions with RCE1 and ICMT, which remove the AAX sequence and carboxylmethylate the prenylated GTPase at the ER membrane (Figure 2B). These proposed interactions of SmgGDS-558 with newly prenylated GTPases in the Ras and Rho families are functionally similar to the interactions of REP1 with newly prenylated GTPases in the Rab family (Preising and Ayuso, 2004; Goody et al., 2005; Leung et al., 2006; Wu et al., 2007).
It is likely that SmgGDS-558 also acts as a chaperone that helps prenylated small GTPases move to the plasma membrane or other regions of the cell after post-prenylation processing has been completed at the ER (Figure 2C) SmgGDS-558 has a hydrophobic pocket that can shield the prenyl group of small GTPases (Shimizu et al., 2018) moving through the aqueous cytosol. Chaperones that shield the prenyl groups of different Ras and Rho family members include PDEδ (Bhagatji et al., 2010; Dharmaiah et al., 2016), PRA1 (Figueroa et al., 2001; Bhagatji et al., 2010), VPS35 (Zhou et al., 2016), and RhoGDI (Garcia-Mata et al., 2011). The chaperone for prenylated Rab proteins is RabGDI (Preising and Ayuso, 2004; Goody et al., 2005; Leung et al., 2006; Wu et al., 2007). Each of these chaperones may have specialized functions. For example, PDEδ helps farnesylated Ras family members such as K-Ras4B move between the plasma membrane and endomembranes (Bhagatji et al., 2010; Dharmaiah et al., 2016), whereas RhoGDI helps geranylgeranylated Rho family members such as RhoA and Rac1 move mainly between the plasma membrane and the cytoplasm (Garcia-Mata et al., 2011). SmgGDS-558 may share multiple functions with these chaperones, since SmgGDS-558 binds multiple Ras and Rho family members that are farnesylated or geranylgeranylated.
In addition to escorting prenylated small GTPases to the plasma membrane, it is likely that SmgGDS-558 also escorts prenylated GTPases into the nucleus (Figure 2D). Nucleocytoplasmic shuttling by SmgGDS-558 was discovered in 2003, when it was found to have a N-terminal nuclear export sequence and to accumulate with Rac1 in the nucleus (Lanning et al., 2003). The PBR of Rac1 was discovered to function as a nuclear localization sequence, and exchanging the PBR of Rac1 with the PBR of RhoA, which lacks an NLS, inhibits the nuclear accumulation of Rac1 (Lanning et al., 2003; Lanning et al., 2004). Subsequent studies confirmed the nuclear accumulation of prenylated Rac1 (Michaelson et al., 2008). Several functions of nuclear Rac1 have been described, including controlling nuclear shape (Navarro-Lerida et al., 2015), stimulating rRNA synthesis (Justilien et al., 2017), promoting the cell cycle (Michaelson et al., 2008), inducing neoplastic transformation (Huff et al., 2013), and enhancing malignancy (Huff et al., 2013; Navarro-Lerida et al., 2015; Justilien et al., 2017). Rac1 is activated in the nucleus by the GEF ECT2 (Huff et al., 2013; Justilien et al., 2017), and it is inactivated by a nuclear variant of β1-chimaerin (Casado-Medrano et al., 2020). The binding of prenylated Rac1 to SmgGDS-558 provides a way for prenylated Rac1 to enter the nucleus and participate in these signaling pathways.
While SmgGDS-558 serves as a nuclear chaperone for prenylated small GTPases, SmgGDS-607 might serve as a nuclear chaperone for pre-prenylated GTPases (Figure 2D). Pre-prenylated small GTPases can exhibit significant nuclear accumulation (Roberts et al., 2008; Lee et al., 2012; Ntantie et al., 2013; Navarro-Lerida et al., 2015; Wilson et al., 2015). Many small GTPases accumulate in the nucleus when they are maintained in the pre-prenylated state due to pharmacological inhibition of PTases or mutation of the cysteine in the CAAX motif (Lee et al., 2012; Navarro-Lerida et al., 2015; Wilson et al., 2015). The lack of a prenyl group will keep GTPases from anchoring at membranes, which might cause pre-prenylated GTPases to diffuse passively into the nucleus due to their small size (∼21 kDa). The binding of a small GTPase to SmgGDS-607 provides a specific mechanism to control the nuclear entry of small GTPases before they are prenylated. SmgGDS-607 might serve as a chaperone that keeps pre-prenylated GTPases from inappropriately entering the nucleus, or alternatively SmgGDS-607 may actively promote the nuclear entry of some GTPases before they are prenylated. In addition to controlling entry into the nucleus, SmgGDS-558 and SmgGDS-607 might also utilize their N-terminal nuclear export sequence (Lanning et al., 2003) to escort small GTPases out of the nucleus and return them to the cytoplasm when nuclear signaling is completed (Figure 2D).
SIGNALING EVENTS AND PROTEIN PARTNERS OF SMGGDS CONTROL THE PRENYLATION AND TRAFFICKING OF RAS AND RHO FAMILY MEMBERS
Events that alter the interactions of SmgGDS with Ras and Rho family members are being recognized as important regulatory mechanisms that control the prenylation and trafficking of these small GTPases. When SmgGDS-607 binds a newly synthesized small GTPase, SmgGDS-607 may retain the small GTPase until the correct signal releases the small GTPase into the prenylation pathway (Berg et al., 2010; Schuld N. J. et al., 2014; Jennings et al., 2018; Garcia-Torres and Fierke, 2019). The signals that release a GTPase from SmgGDS-607 will determine when the GTPase will be prenylated, since the CAAX motif of the GTPase is inaccessible to the PTase as long as the GTPase is bound to SmgGDS-607 (Schuld N. J. et al., 2014). The major signal that releases a GTPase from SmgGDS-607 is thought to be GDP/GTP exchange (Berg et al., 2010), which could be stimulated by a GEF that interacts with the GTPase bound to SmgGDS-607 or by SmgGDS-607 acting as a direct GEF for RhoA or RhoC (Berg et al., 2010; Hamel et al., 2011; Jennings et al., 2018). The report that SmgGDS (now known to be SmgGD-607) forms a complex with Rac1 and the GEF βPIX (Shin et al., 2006) indicates that SmgGDS-607 can facilitate GDP/GTP exchange by bringing small GTPases into contact with their specific GEFs. It was found that GDP/GTP exchange accelerates the prenylation of Rap1 in cells (Berg et al., 2010) but the identities of the GEFs that initiate the prenylation of Rap1 or other GTPases have not yet been determined.
There are over 100 GEFs located in the cytoplasm, nucleus, and at the plasma membrane that can activate members of the Ras and Rho families (Vigil et al., 2010; Gray et al., 2020), and a small GTPase that is bound to SmgGDS-607 may interact with its GEFs in these different regions of the cell. Since SmgGDS is a nucleocytoplasmic shuttling protein that associates with small GTPases in both the cytoplasm and the nucleus (Lanning et al., 2003; Lanning et al., 2004; Gonyo et al., 2017), a pre-prenylated small GTPase that is bound to SmgGDS-607 is likely to encounter both cytoplasmic and nuclear GEFs. If a pre-prenylated GTPase that is bound to SmgGDS-607 encounters its GEF in the cytoplasm, the released GTPase can interact with the cytoplasmic PTase and become prenylated (Figure 3A). In contrast, if a pre-prenylated GTPase that is bound to SmgGDS-607 encounters its GEF in the nucleus, the GTPase may be released from SmgGDS-607 in the nucleus, where it may remain in a pre-prenylated state due to the absence of PTases in the nucleus (Figure 3D). More studies are needed to define how prenylation is controlled by GEFs that interact with GTPases bound to SmgGDS-607 in different regions of the cell.
[image: Figure 3]FIGURE 3 | Schematic illustration depicting how unidentified GEFs and GDFs might release small GTPases from SmgGDS splice variants in the cytoplasm and at membranes (A–C), and in the nucleus (D–F). The interactions of these proteins with SmgGDS will control when the small GTPases will be prenylated or undergo post-prenylation processing, and determine where the small GTPases will localize in the cell.
Similar to the mechanisms that regulate SmgGDS-607, specific signaling events may control the ability of SmgGDS-558 to deliver and release prenylated small GTPases at specific sites in the cell. Certain signals may direct SmgGDS-558 to the ER membrane, the plasma membrane, or to the nucleus when a prenylated GTPase is bound to SmgGDS-558. The prenylated GTPase may be released from SmgGDS-558 at these sites when it encounters its GEF and undergoes GDP/GTP. By releasing a GTPase from SmgGDS-558, these GEFs will control when the small GTPase will undergo post-prenylation processing (Figure 3B) and where it will localize in the cell (Figures 3C,E,F). The specific GEFs that release prenylated GTPases from SmgGDS-558 have not yet been identified, but likely candidates include ECT2, Net1, and RapGEF5 which are GEFs that promote GDP/GTP exchange by different Ras and Rho family members in the nucleus and the cytoplasm (Dubash et al., 2011; Huff et al., 2013; Justilien et al., 2017; Griffin et al., 2018). Prenylated GTPases might be released from SmgGDS-558 at the plasma membrane when they encounter membrane-localized GEFs (Figure 3C), which will promote membrane association of the GTPases and their participation in signaling cascades at the plasma membrane.
In addition to GEFs, proteins called GDI displacement factors (GDFs) might also release prenylated GTPases from SmgGDS-558 (Figure 3). There are several known GDFs that release prenylated GTPases from chaperones such as RabGDI (Dirac-Svejstrup et al., 1997; Collins, 2003; Sivars et al., 2003; Ismail, 2017) and PDEδ (Ismail et al., 2011; Williams, 2011; Dharmaiah et al., 2016; Fansa and Wittinghofer, 2016; Ismail, 2017; Kuchler et al., 2018). Two well characterized GDFs that release farnesylated Ras family members from PDEδ are Arl2 and Arl3, which are members of the Arf family of small GTPases. Arl2 or Arl3 binds PDEδ when a farnesylated Ras family member is also bound to PDEδ, forming a trimeric complex. When the GTP-bound form of Arl2 or Arl3 binds PDEδ, the hydrophobic pocket of PDEδ becomes so narrow that the farnesylated Ras family member is expelled from PDEδ (Ismail et al., 2011; Williams 2011). The farnesylated GTPase that is expelled from PDEδ associates with membranes, where it participates in membrane-localized signaling cascades (Ismail et al., 2011; Williams, 2011; Fansa and Wittinghofer, 2016; Ismail, 2017; Kuchler et al., 2018). It is probable that specific GDFs induce SmgGDS-558 to release prenylated GTPases at membranes (Figures 3B,C) or in the nucleus (Figures 3E,F). GDF-like proteins may also induce SmgGDS-607 to release pre-prenylated GTPases to PTases (Figure 3A) or to nuclear proteins (Figure 3D).
Recent studies have identified two abnormal Rab proteins that might serve as GDFs for SmgGDS. These proteins consist of the N-terminal portions of RabL3 (Nissim et al., 2019) or Rab22a (Liao et al., 2020), and exhibit enhanced binding to SmgGDS-607 and SmgGDS-558 in pancreatic cancer (Nissim et al., 2019) and osteosarcoma (Liao et al., 2020), respectively, and are also detected in breast cancer (Nissim et al., 2019; Liao et al., 2020). These abnormal Rab proteins bind to SmgGDS when a member of the Ras or Rho family is also bound to SmgGDS, forming a trimeric complex (Nissim et al., 2019; Liao et al., 2020). The abnormal RabL3 protein that occurs in familial pancreatic cancer is a truncated protein consisting of the first 1–36 amino acids of RabL3, designated RabL31–36 (Nissim et al., 2019). This truncated RabL31–36 protein binds to SmgGDS-607 when K-Ras4B is bound, which increases the prenylation and membrane trafficking of K-Ras4B (Nissim et al., 2019). These findings suggest that RabL31–36 acts as a GDF that binds SmgGDS-607 when pre-prenylated K-Ras4B is also bound, promoting the release of K-Ras4B to the prenyltransferase and accelerating K-Ras4B prenylation, similar to the mechanism depicted in Figure 3A. The RabL31–36 protein might also serve as a GDF for SmgGDS-558, similar to the mechanism depicted in Figure 3C, because RabL31–36 forms a trimeric complex with SmgGDS-558 and K-Ras4B and accelerates the accumulation of newly synthesized K-Ras4B at membranes (Nissim et al., 2019).
In contrast to the RabL31–36 protein that arises by truncation (Nissim et al., 2019), the abnormal Rab22a proteins that occur in osteosarcoma are fusion proteins consisting of the first 1–38 amino acids of Rab22a followed by various sequences encoded by different regions of chromosome 20 (Liao et al., 2020). The Rab22a1–38 portion of these fusion proteins binds to SmgGDS-607 when RhoA is bound (Liao et al., 2020). The formation of this trimeric complex accelerates the release of RhoA from SmgGDS-607, increases GTP-binding by RhoA, and enhances membrane localization of RhoA (Liao et al., 2020). Since only the pre-prenylated form of RhoA binds to SmgGDS-607 (Berg et al., 2010), it is likely that Rab22a1–38 promotes the prenylation of RhoA by releasing pre-prenylated RhoA from SmgGDS-607 to the prenyltransferase (Figure 3A). However, the effect of Rab22a1–38 on the prenylation of RhoA has not yet been determined. Intriguingly, both RabL31–36 and Rab22a1–38 interact with several Ras and Rho family members in addition to K-Ras4B and RhoA (Nissim et al., 2019; Liao et al., 2020). It was also reported that RabL31–36 and Rab22a1–38 interact with both SmgGDS-607 and SmgGDS-558 (Nissim et al., 2019; Liao et al., 2020). These features suggest that RabL31–36 and Rab22a1–38 may have broad roles as GDFs for multiple Ras and Rho family members that associate with SmgGDS-607 and SmgGDS-558.
In contrast to these mutant Rab proteins, which promote cancer by forming trimeric complexes with SmgGDS and an oncogenic small GTPase (Nissim et al., 2019; Liao et al., 2020), the GTPase DiRas1 (also known as Rig) seems to inhibit cancer by blocking the binding of small GTPases to SmgGDS. DiRas1 is a Ras family member that acts as a tumor suppressor in many types of cancer (reviewed in Li et al., 2019). DiRas1 binds to SmgGDS (Bergom et al., 2016; Gonyo et al., 2017; Garcia-Torres and Fierke, 2019) (Figure 1B) and inhibits the binding of other small GTPases, including RhoA, K-Ras4B, and Rap1A (Bergom et al., 2016). In silico docking indicates that DiRas1 directly competes with other small GTPases for binding to SmgGDS (Bergom et al., 2016), and DiRas1 binds with much stronger affinity than other Ras and Rho family members to SmgGDS-558 (Bergom et al., 2016) and to SmgGDS-607 (Garcia-Torres and Fierke, 2019). In cancer cells, ectopic expression of DiRas1 inhibits basal and RhoA-mediated NF-kB activity (Bergom et al., 2016) and provokes responses that can be attributed to reduced signaling by Ras and Rho family members [reviewed in Li et al. (2019)]. Ectopic expression of DiRas1 also alters nucleocytoplasmic shuttling of SmgGDS-558 and diminishes its interaction with UBF in the nucleus (Gonyo et al., 2017). These findings support the model that DiRas1 acts as a tumor suppressor by inhibiting the binding of other small GTPases to SmgGDS-607 and SmgGDS-558. DiRas1 is expressed in normal cells, and the binding of DiRas1 to SmgGDS in these cells may suppress SmgGDS interactions with Ras and Rho family members and keep the activity of these GTPases in check. In contrast, the loss of DiRas1 expression in malignant cells removes this brake, allowing SmgGDS to interact with Ras and Rho family members and promote their oncogenic activities (Bergom et al., 2016).
Taken together, these findings indicate that different GEFs, GDFs, and other proteins such as DiRas1 may regulate the interactions of SmgGDS-607 and SmgGDS-558 with pre-prenylated and prenylated GTPases, respectively, in different regions of the cell (Figure 3). These interactions will have profound effects on the prenylation, trafficking, and signaling by Ras and Rho family members (Figure 3). Future studies are needed to characterize the functions of the abnormal Rab proteins that might act as GDFs for SmgGDS (Nissim et al., 2019; Liao et al., 2020), and to characterize GEFs and other proteins that control the interactions of small GTPases with SmgGDS.
Post-translational modification of either SmgGDS or its small GTPase partner is another event that may alter the interactions between these proteins and affect the prenylation and trafficking of the small GTPase. Post-translational modifications of SmgGDS have not been well characterized. However, signaling cascades that promote the phosphorylation of serines in the PBR of small GTPases have been found to alter the prenylation of small GTPases (Ntantie et al., 2013; Williams, 2013; Wilson et al., 2015; Wilson et al., 2016). The binding of small GTPases to SmgGDS-607 depends on the electrostatic charge of the PBR (Hamel et al., 2011), and diminishing this charge by phosphorylation may diminish interactions with SmgGDS-607. The small GTPases K-Ras4B, Rap1A, Rap1B, and RhoA have serines in their PBRs that can be phosphorylated (reviewed in Williams, 2013), but Rap1B is the GTPase that seems to be most sensitive to phosphorylation-dependent regulation of prenylation (Ntantie et al., 2013; Williams, 2013; Wilson et al., 2015; Wilson et al., 2016).
Activation of A2B adenosine receptors or β-adrenergic receptors causes protein kinase A to phosphorylate two serines in the PBR of Rap1B before it is prenylated (Ntantie et al., 2013; Wilson et al., 2015; Wilson et al., 2016). This phosphorylation diminishes interactions of newly synthesized Rap1B with SmgGDS-607, suppressing Rap1B prenylation and causing pre-prenylated Rap1B to accumulate in the cytoplasm and nucleus (Ntantie et al., 2013; Wilson et al., 2015). The absence of prenylated Rap1B at the plasma membrane diminishes Rap1B-mediated cell–cell adhesion (Ntantie et al., 2013; Wilson et al., 2015), and the nuclear accumulation of pre-prenylated Rap1B may promote events that are known to be regulated by nuclear Rap1B, including signaling by β-catenin (Goto et al., 2010; Griffin et al., 2018). Together, these events induce cell scattering and promote the metastatic phenotype (Ntantie et al., 2013; Wilson et al., 2015). The finding that Rap1B prenylation is reduced in rat mammary tumors provides additional evidence that this pathway has a role in cancer (Ntantie et al., 2013). These findings indicate that chronic exposure of cancer cells to adenosine and norepinephrine in the tumor microenvironment may enhance metastasis by chronically suppressing Rap1B prenylation (Ntantie et al., 2013; Williams, 2013; Wilson et al., 2015; Wilson et al., 2016). There are undoubtedly many more undiscovered signaling cascades that control prenylation by regulating the interactions of small GTPases with SmgGDS-607.
THERAPEUTIC TARGETING OF SMGGDS IN CANCER
SmgGDS has a well-established role in cancer progression. SmgGDS expression is increased in breast, lung, and prostate cancer (Tew et al., 2008; Zhi et al., 2009; Hauser et al., 2014), and elevated SmgGDS expression is associated with poor prognosis in breast cancer (Hauser et al., 2014). SmgGDS promotes cell proliferation, migration, and NF-kB activity in breast, lung, prostate, and pancreatic cancer lines (Tew et al., 2008; Zhi et al., 2009; Berg et al., 2010; Schuld N. J. et al., 2014; Hauser et al., 2014; Gonyo et al., 2017; Brandt et al., 2020) and promotes tumorigenesis of human breast cancer and lung cancer xenografts in mouse models (Schuld N. et al., 2014; Hauser et al., 2014). Early studies of SmgGDS in cancer did not differentiate between SmgGDS-607 and SmgGDS-558 (Tew et al., 2008; Zhi et al., 2009), making it difficult to discern the roles of each splice variant. However, more recent studies have determined that the generation of SmgGDS-607 and SmgGDS-558 is uniquely regulated in cancer cells (Brandt et al., 2020), and both splice variants contribute to malignancy (Berg et al., 2010; Schuld N. et al., 2014; Hauser et al., 2014; Gonyo et al., 2017; Brandt et al., 2020).
An oncogenic splicing program that generates much more SmgGDS-607 than SmgGDS-558 occurs in breast and lung cancer (Brandt et al., 2020). A high ratio of SmgGDS-607: SmgGDS-558 (referred to as the 607:558 ratio) occurs in cells that are rapidly proliferating and migrating, and tissues that contain more proliferative and migratory cells have a higher 607:558 ratio (Brandt et al., 2020). For example, the 607:558 ratio is approximately 2:1 in the mouse spleen, which has a high proportion of cells that proliferate and migrate. In contrast, the 607:558 ratio is approximately 1:3 in the mouse brain, which contains mainly terminally differentiated, non-migratory cells. Most notably, the 607:558 ratio is highest in cancer cell lines, reaching a value of approximately 8:1 (Brandt et al., 2020). Additional evidence that a high 607:558 ratio is associated with malignancy is provided by the finding that the 607:558 ratio increases as mammary tumors develop in rat and mouse models, and a high 607:558 ratio in patients’ breast tumors is associated with reduced survival (Brandt et al., 2020).
The very high 607:558 ratio in cancer cells may be related to the increased expression and diversity of Ras and Rho family members needed to maintain the malignant phenotype. The rapid proliferation and migration of cancer cells depends on signaling cascades regulated by many different Ras and Rho family members, resulting in increased expression of small GTPases in the Ras and Rho families in malignant cells (Gómez del Pulgar et al., 2005; Konstantinopoulos et al., 2007; Alan and Lundquist, 2013; Haga and Ridley, 2016; Porter et al., 2016; Wong et al., 2018). Cancer cells may require an elevated amount of SmgGDS-607 to bind the excessive number of newly synthesized small GTPases and facilitate their entry into the prenylation pathway. There is less of a need for SmgGDS-558 than for SmgGDS-607, because SmgGDS-558 intercepts only the proportion of small GTPases that have been released by SmgGDS-607 and have become prenylated. Despite requiring less SmgGDS-558 than SmgGDS-607, cancer cells still need a threshold level of SmgGDS-558, as indicated by reports that the RNAi-mediated depletion of SmgGDS-558 significantly diminishes malignancy (Berg et al., 2010; Schuld N. et al., 2014; Hauser et al., 2014).
The high 607:558 ratio in cancer cells offers a unique therapeutic opportunity to diminish malignancy. Splice-switching oligonucleotides (SSOs) that restore normal splicing are providing new therapies for cancer and other diseases (Havens and Hastings, 2016; El Marabti and Younis, 2018; Bonnal et al., 2020). The value of disrupting SmgGDS RNA splicing as a therapeutic option is demonstrated by the development of SSO Ex5, which is an SSO that lowers the high 607:558 ratio in cancer cells (Brandt et al., 2020). SSO Ex5 was developed by targeting the splicing events that generate SmgGDS-607 and SmgGDS-558 (Figure 4). SmgGDS-607 is generated when mature SmgGDS mRNA contains exon 5, which is the exon that encodes ARM C that is present only in SmgGDS-607 (Figure 4A). In contrast, SmgGDS-558 is generated when exon 5 is skipped during splicing of SmgGDS pre-mRNA (Figure 4A). The binding of currently undefined spliceosome proteins to SmgGDS pre-mRNA causes inclusion of exon 5, resulting in greater expression of SmgGDS-607 than SmgGDS-558 and a high 607:558 ratio (Figure 4B). When SSO Ex5 binds to SmgGDS pre-mRNA, SSO Ex5 blocks these spliceosome proteins and forces skipping of exon 5, which decreases SmgGDS-607 expression and increases SmgGDS-558 expression, lowering the 607:558 ratio (Figure 4C) (Brandt et al., 2020).
[image: Figure 4]FIGURE 4 | Schematic illustration depicting the regulation of SmgGDS expression by the splice-switching oligonucleotide, SSO Ex5. (A) SmgGDS RNA contains 15 exons, and exon 5 encodes ARM domain C. Inclusion of exon 5 in mature SmgGDS mRNA generates SmgGDS-607, whereas omission of exon 5 in mature SmgGDS mRNA generates SmgGDS-558. (B) In cancer cells, the binding of unspecified spliceosome proteins to SmgGDS RNA promotes exon 5 inclusion and generates more SmgGDS-607 than SmgGDS-558. (C) Binding of SSO Ex5 to SmgGDS RNA promotes exon 5 skipping, generating more SmgGDS-558 than SmgGDS-607. Additional manuscript sections.
SSO Ex5 suppresses the prenylation of multiple Ras and Rho family members in cancer cells, consistent with SSO Ex5 reducing SmgGDS-607 expression (Brandt et al., 2020). This extensive loss of prenylation is accompanied by a broad range of effects, including changes in RNA expression indicating loss of signaling by Rac, RhoA, PI3K/AKT, and ERK/MAPK. Treatment of cancer cells with SSO Ex5 induces endoplasmic reticulum stress and the unfolded protein response, and ultimately causes apoptosis (Brandt et al., 2020). In addition to decreased SmgGDS-607 expression, it is likely that increased SmgGDS-558 expression also contributes to the effects of SSO Ex5. The excessive increase in the amount of SmgGDS-558 caused by SSO Ex5 might solubilize prenylated GTPases from membranes, due to cytosolic SmgGDS-558 capturing prenylated GTPases as they dissociate from membranes. Additionally, cells treated with SSO Ex5 may have more complexes of free SmgGDS-558 that can capture prenylated GTPases from membranes, because reduced prenylation will decrease the number of newly prenylated GTPases that normally bind to SmgGDS-558. Previous studies indicate that ectopic expression of SmgGDS-558 can solubilize prenylated GTPases from membranes (Kawamura et al., 1991; Kawamura et al., 1993; Nakanishi et al., 1994), and overexpression of SmgGDS-558 was found to promote apoptosis of cancer cells (Brandt et al., 2020). These results indicate that SSO Ex5 most likely inhibits malignancy by the combined effects of decreased SmgGDS-607 expression and increased SmgGDS-558 expression. The potential therapeutic value of SSOs that disrupt SmgGDS expression is indicated by the finding that intraperitoneal injection of SSO Ex5 diminishes mammary tumorigenesis in the aggressive MMTV-PyMT mouse model, without causing detectable deleterious side-effects in the mice (Brandt et al., 2020).
In addition to SSOs, other strategies to inhibit SmgGDS functions in cancer are beginning to be developed. Chemical inhibitors of SmgGDS have not been reported, but a peptide inhibitor that targets SmgGDS-607 has recently been described (Liao et al., 2020). The Kang laboratory generated a cell-penetrating synthetic peptide corresponding to the first 1–10 amino acids in Rab22a, based on their discovery that fusion proteins containing Rab22a1–38 bind SmgGDS-607 in osteosarcoma (Liao et al., 2020). They found that this peptide binds to SmgGDS-607, blocks interactions of SmgGDS with Rab22a1–38, decreases RhoA activity, and reduces cell migration and invasion. Furthermore, this peptide inhibitor diminishes lung metastases of osteosarcoma in a mouse model, and increases survival time of the mice bearing the tumors (Liao et al., 2020). These findings provide further evidence for the important role of SmgGDS in malignancy, and highlight the value of developing agents to target SmgGDS-607 and SmgGDS-558 in cancer. SmgGDS has recently been recognized to play a role in other disorders such as neurological deficits (Asiri et al., 2020), abnormal vascular branching (Wang et al., 2017), and development of aortic aneurysms (Nogi et al., 2018; Renard, 2018), indicating that the therapeutic targeting of SmgGDS should extend beyond our current efforts focused on cancer.
FUTURE DIRECTIONS
The importance of SmgGDS throughout the animal kingdom is indicated by phylogenetic analyses suggesting that it was present in the last common eukaryotic ancestor that existed over 500 million years ago (Gul et al., 2017). The expression of SmgGDS was maintained during metazoan development, and its functions have become more diverse and complex as animals evolved. The discovery of two complementary but distinctly different splice variants of SmgGDS that regulate the prenylation and trafficking of Ras and Rho family members has defined SmgGDS as a master regulator of these small GTPases. Despite our growing understanding of how SmgGDS interacts with these small GTPases, many questions remain. Some of these questions and critical focal points for future studies are included in the following list:
• How do cells regulate the expression and activity of SmgGDS-607 and SmgGDS-558?
The balanced expression of SmgGDS-607 and SmgGDS-558 in cells is regulated through specific splicing programs and spliceosome factors that have yet to be characterized. Additionally, cells control the activities of these splice variants through the actions of DiRas (Bergom et al., 2016), which is expressed in normal cells [reviewed by Li et al. (2019)], and by the actions of mutant forms of both RabL3 and Rab22, which are expressed in cancer cells (Nissim et al., 2019; Liao et al., 2020). There are undoubtedly more regulatory mechanisms that control the expression, stability, and activity of these SmgGDS splice variants in different physiological and pathophysiological conditions.
• How do post-translational modifications of the SmgGDS splice variants affect their abilities to regulate small GTPases?
Online databases such as PhosphoSitePlus® indicate that SmgGDS has multiple residues that are ubiquitinated, acetylated, or phosphorylated. Our understanding of how SmgGDS-607 and SmgGDS-558 might be post-translationally modified and how these modifications might affect SmgGDS functions is still very rudimentary.
• Which small GTPases interact with SmgGDS, and what are the functional consequences of these interactions?
SmgGDS preferentially binds small GTPases that contain a PBR, including RhoA, RhoC, Rac1, Cdc42, K-Ras4A, Rap1A, Rap1B, and DiRas1, as discussed above. SmgGDS probably binds many more PBR-containing small GTPases (Table 1), and these interactions may have multiple effects. In most cases, the binding of a small GTPase to SmgGDS regulates the prenylation and trafficking of the bound GTPase (Figure 2). However, some small GTPases control the activity of SmgGDS. For example, DiRas1 inhibits SmgGDS functions (Bergom et al., 2016), whereas RabL31–36 (Nissim et al., 2019), Rab22a1–38 (Liao et al., 2020) and potentially wildtype Rab proteins might act as GDFs that control the ability of SmgGDS to release small GTPases in different locations in the cell. More studies are needed to clarify these interactions.
• Which signaling pathways control the prenylation and trafficking of small GTPases by altering their interactions with SmgGDS?
Activation of A2B adenosine receptors and β-adrenergic receptors promotes phosphorylation of serines in the PBR of pre-prenylated Rap1B. This phosphorylation of the PBR disrupts the interactions of pre-prenylated Rap1B with SmgGDS-607, suppressing the prenylation of Rap1B and causing it to accumulate in the nucleus instead of localizing at the cell membrane (Ntantie et al., 2013; Wilson et al., 2015; Wilson et al., 2016). Other small GTPases also have serines in their PBR that can be phosphorylated [reviewed in Williams (2013)], and it is possible that their prenylation and trafficking are regulated by signaling pathways that promote or suppress phosphorylation of their PBR.
• What are the identities of the GEFs that regulate the prenylation and trafficking of small GTPases, and how do they interact with SmgGDS?
Most studies of GEFs for Ras and Rho family members have focused on GEFs that activate prenylated small GTPases at membranes (Vigil et al., 2010; Gray et al., 2020). Very little is known about GEFs that interact with pre-prenylated small GTPases, or GEFs that interact with small GTPases as they complete the prenylation pathway and move to specific intracellular sites. The finding that the prenylation of some small GTPases is inhibited by the dominant negative mutation that suppresses GDP/GTP exchange (Berg et al., 2010) indicates that specific GEFs promote GDP/GTP exchange by pre-prenylated GTPases and facilitate their prenylation. The identification of these GEFs will provide important insights into the mechanisms that control the prenylation and trafficking of small GTPases.
• How does SmgGDS participate in different diseases, and what are the best approaches to target SmgGDS therapeutically?
It is well known that SmgGDS promotes cancer, and it is beginning to be recognized that SmgGDS also contributes to other pathologies, including neurological deficits (Asiri et al., 2020), and vascular abnormalities (Wang et al., 2017; Nogi et al., 2018; Renard, 2018). More studies are needed to define the roles of SmgGDS in these disorders and in other pathological conditions that involve abnormal activity of small GTPases. The therapeutic potential of SmgGDS SSOs (Brandt et al., 2020) and peptide inhibitors (Liao et al., 2020) is evident from recent pre-clinical cancer studies. However, with the crystal structure of SmgGDS now solved (Shimizu et al., 2018), developing small chemical inhibitors to disrupt interactions between SmgGDS and specific GTPase partners is a promising strategy to diminish the activity of oncogenic small GTPases in cancer, and potentially to regulate the activities of small GTPases that interact with SmgGDS in other disorders.
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Ras proteins are membrane-bound small GTPases that promote cell proliferation, differentiation, and apoptosis. Consistent with this key regulatory role, activating mutations of Ras are present in ∼19% of new cancer cases in the United States per year. K-Ras is one of the three ubiquitously expressed isoforms in mammalian cells, and oncogenic mutations in this isoform account for ∼75% of Ras-driven cancers. Therefore, pharmacological agents that block oncogenic K-Ras activity would have great clinical utility. Most efforts to block oncogenic Ras activity have focused on Ras downstream effectors, but these inhibitors only show limited clinical benefits in Ras-driven cancers due to the highly divergent signals arising from Ras activation. Currently, four major approaches are being extensively studied to target K-Ras–driven cancers. One strategy is to block K-Ras binding to the plasma membrane (PM) since K-Ras requires the PM binding for its signal transduction. Here, we summarize recently identified molecular mechanisms that regulate K-Ras–PM interaction. Perturbing these mechanisms using pharmacological agents blocks K-Ras–PM binding and inhibits K-Ras signaling and growth of K-Ras–driven cancer cells. Together, these studies propose that blocking K-Ras–PM binding is a tractable strategy for developing anti–K-Ras therapies.
Keywords: K-Ras, plasma membrane, mislocalization, cancer, recycing endosome, phosphatidylinositol, phosphatidylserine, sphingomyelin
INTRODUCTION
RAS genes were initially identified as the viral oncogenes of acute transforming retroviruses, and it was designated as a mammalian proto-oncogene when mutated RAS genes were discovered in human cancer cells (Barbacid, 1987). There are three main Ras isoforms—H-, N-, and K-Ras—in mammalian cells, and each is encoded by a different gene. H-, N-, and K-RAS are situated on chromosomes 11 (11p15.1-p15.5), 1 (1p22-p32), and 12 (12p12.1-pter), respectively (Barbacid, 1987). There are four exons that code for H- and N-RAS, while in K-RAS, there are two alternative fourth exons, exons 4A and 4B, that yield two splice variants, K-Ras4A and K-Ras4B (Barbacid, 1987). While H-, N-, and K-Ras4B are ubiquitously expressed in mammalian cells, K-Ras4A is precisely and spatiotemporally expressed in the murine lung, liver, and kidney (Pells et al., 1997). Knockout studies showed that neither H- nor N-RAS individually or in concert are required for normal murine embryogenesis (Esteban et al., 2001), whereas K-RAS is unequivocally crucial to embryonic development (Johnson et al., 1997; Koera et al., 1997). Intriguingly, K-Ras knockout mice with spatiotemporally controlled expression of H-Ras by the K-Ras promoter have their embryonic lethality restored but develop dilated cardiomyopathy associated with arterial hypertension at an older age, reflecting the different molecular functions of Ras isoforms in the cell (Potenza et al., 2005).
While the three Ras isoforms are nearly identical, sharing ∼90–100% homology in their N-terminal catalytic domain sequences, there is a considerable lack of homology in the C-terminal hypervariable region (HVR) of each isoform, which accounts for <15% homology being shared between any two isoforms (Hancock, 2003). These HVRs consist of two different signal sequences that allow Ras proteins to traffic to and interact with the inner leaflet of the plasma membrane (PM) (Hancock et al., 1989). The CAAX motif, the first signal sequence, is constituted by the last four amino acid residues in the HVR and is shared in common between the different Ras isoforms. For CAAX, C is cysteine, A is an aliphatic amino acid, and X is either serine or methionine (Hancock et al., 1989). Newly synthesized Ras GTPases are cytosolic and require a series of posttranslational modifications of the CAAX motif for interacting with endomembranes. First, the CAAX motif is farnesylated by a cytosolic farnesyltransferase (FTase) that covalently attaches a farnesyl group to the cysteine residue via a thioether bond. Farnesylated Ras interacts with the cytosolic leaflet of the endoplasmic reticulum (ER), where the AAX tripeptide is removed by the Ras and a-factor–converting enzyme (Rce1). The now C-terminal cysteine is methylated by isoprenylcysteine carboxyl methyltransferase (Icmt) (Hancock et al., 1989). The CAAX motif must be processed in this series of steps in order to maintain the correct forward trafficking of Ras isoforms, since knockout of either Rce1 or Icmt results in Ras mislocalization to the cytosol (Kim et al., 1999; Lau et al., 2014).
While the correctly modified CAAX motif can direct Ras to the ER and other endomembranes, the presence of the second C-terminal signal motif is required for maximal membrane affinity and PM localization (Hancock et al., 1990). The second signal sequence situated within the HVR varies between the different Ras isoforms such that both H-Ras, N-Ras, and K-Ras4A are palmitoylated (Cys181 and Cys184 for H-RasCys181 for N-Ras and Cys180 for K-Ras4A), while K-Ras4B has a stretch of six lysine residues, forming a polybasic domain (PBD) (Lys175-180) (Hancock et al., 1990). Palmitoylation of H- and N-Ras by the Ras palmitoyltransferase takes place in the ER and Golgi complex, where H- and N-Ras are transported via the classical secretory pathway to the PM (Apolloni et al., 2000). While palmitoylation of H- or N-Ras is a short-lived modification with rapid kinetics (t1/2 of <20 min), the depalmitoylation/repalmitoylation machinery is important for delivering consistent H- and N-Ras distribution between the Golgi and the PM at a steady state (Rocks et al., 2005; Rocks et al., 2010). Palmitoylated Ras proteins diffuse from the PM to other endomembrane compartments to reach equilibrium, but depalmitoylation by poorly characterized thioesterases enhances the rate of diffusion, and thereby promotes their continuous redirection to the ER and Golgi for repalmitoylation and unidirectional trafficking back to the PM (Rocks et al., 2005; Rocks et al., 2010). The exact mechanism on how posttranslationally modified K-Ras4B (hereafter K-Ras) is transported from the ER to the PM is not fully characterized. Recent studies have demonstrated that the delta subunit of cGMP phosphodiesterase 6 (PDE6δ) functions, in part, as a K-Ras chaperone to maintain K-Ras–PM localization. PDE6δ binds the farnesyl moiety of cytosolic K-Ras, which is released in perinuclear membranes by the release factors Arl2 and 3, from where it is trapped on the recycling endosome (RE) by electrostatic interaction, and it returns to the PM via vesicular transport (Ismail et al., 2011; Chandra et al., 2012; Schmick et al., 2014). Once K-Ras is transported to the PM, it binds the PM through an electrostatic interaction of the strong positive charge of the C-terminal PBD with anionic phospholipid head groups in the inner PM leaflet (Yeung et al., 2008; Zhou et al., 2017).
K-RAS AND CANCER
Oncogenic mutations in Ras are found in about 18.7% of new cancer cases in the United States per year (1.3% for H-Ras, 3.1% for N-Ras, and 14.3% for K-Ras) (Prior et al., 2020). While the oncogenic mutant K-Ras is found in approximately 88% of pancreatic, 50% of colorectal, and 32% of lung cancers (Prior et al., 2020), no anti–K-Ras drugs are currently available in clinics. Human cancer cells harboring oncogenic mutant K-Ras reprogram their signaling network so that their survival and growth depend on oncogenic K-Ras signaling, a phenomenon called K-Ras addiction (Weinstein and Joe, 2008; Singh et al., 2009; Hayes et al., 2016). RNAi-mediated knockdown of oncogenic mutant K-Ras blocks cell survival and growth in a range of pancreatic and non-small-cell lung cancers (NSCLC), which provides the rationale that blocking oncogenic K-Ras activity is a valid approach to treat K-Ras-dependent cancers. Recently, two new K-Ras direct inhibitors have shown promising outcomes in clinical trials. AMG 510 and MRTX849 are small molecules that bind to the GDP-bound inactive K-RasG12C mutant and form a covalent bond to the mutant Cys, which locks K-Ras in the inactive conformation, resulting in blocked oncogenic signaling (Ostrem et al., 2013). These compounds exhibited pronounced anticancer effects in K-RasG12C tumor mice models and clinical trials with lung and colorectal cancer patients harboring the K-RasG12C mutant (Canon et al., 2019; Hallin et al., 2020). Despite the promising clinical outcome of these inhibitors, they are specific to the K-RasG12C mutant, which is found in ∼3% of pancreatic, ∼4% of colorectal, and ∼13% of lung cancers that harbor any oncogenic mutations in K-Ras (Cox et al., 2014; Prior et al., 2020), suggesting that these inhibitors would be suitable only for a small portion of cancer patients with the oncogenic mutant K-Ras.
In addition to K-RasG12C–specific direct inhibitors, there are three other approaches that are currently being investigated for blocking all oncogenic mutant K-Ras activity. They are 1) blocking K-Ras interaction with the PM, 2) inhibiting K-Ras downstream effectors, and 3) dysregulating cell energy metabolism. This review will focus on mechanisms that regulate the PM localization of K-Ras, which could be tractable targets for developing new anti–K-Ras therapeutics.
DISSOCIATING RAS FROM THE PLASMA MEMBRANE BLOCKS ITS SIGNAL TRANSDUCTION
Preventing Ras Prenylation Dissociates Ras From the PM and Inhibits Ras Signaling
Point mutations in the CAAX motif, which block posttranslational modification, prevent Ras–PM localization and completely inhibit all biological activities of oncogenic mutant Ras (Willumsen et al., 1984). Thus, farnesyltransferase inhibitors (FTIs) were designed to phenotypically mimic this mode of Ras inhibition. FTIs demonstrated marked antitumor activity in H-Ras–driven in vivo and in vitro models, which allowed phase I studies on FTIs in 1999, with some progressing to phase III clinical trials in 2002 (Baines et al., 2011). However, FTIs were ineffective with regard to pancreatic cancers in phase II and III clinical trials in which oncogenic mutant K-Ras was found in 88% of all pancreatic cancers (Cohen et al., 2003; Van Cutsem et al., 2004; Macdonald et al., 2005). It is because in FTI-treated cells, an alternative prenyltransferase, geranylgeranyltransferase (GGTase), efficiently attaches the more hydrophobic C20 geranylgeranyl moiety to K- and N-Ras, allowing K- and N-Ras to interact with the PM and conduct a signal transduction that is equipotent with the farnesylated forms (Baines et al., 2011). Concomitant inhibition of FTase with GGTase to completely block prenylation of K- and N-Ras has been tested, but this approach has suffered from dose-limiting toxicities (O'Bryan, 2019). Also, there are more than 100 proteins that are prenylated, and these combined inhibitors would induce prohibitive off-target effects, preventing their clinical effectiveness. A recent study has demonstrated a promising strategy to specifically inhibit K-Ras prenylation. A modified FTI with an electrophilic moiety specifically interacts with the CAAX motif of K-Ras but not H-Ras, resulting in the blockage of K-Ras farnesylation and geranylgeranylation, trapping K-Ras in the cytosol (Novotny et al., 2017). Further improvements of this approach could lead to a more potent inhibitor of K-Ras prenylation and activity (Novotny et al., 2017; O'Bryan, 2019).
Perturbing K-Ras/PDE6δ Interaction Blocks K-Ras–PM Binding and K-Ras Signaling
Recent studies have shown that blocking PDE6δ interaction with K-Ras is a tractable strategy to inhibit K-Ras–PM localization and oncogenic K-Ras signaling. PDE6δ binds the farnesyl moiety of K-Ras via its hydrophobic pocket and acts in part as a chaperone. The release factors Arl2 and 3 unload K-Ras from PDE6δ in the perinuclear region, whence K-Ras binds to the recycling endosome (RE) for redelivery to the PM via vesicular transport (Chandra et al., 2012; Schmick et al., 2014). Deltarasin is a small molecule that binds to the hydrophobic pocket and inhibits PDE6δ/K-Ras interaction, resulting in K-Ras–PM mislocalization and abrogated signaling in K-Ras–driven cancer cells (Figure 1 and Table 1) (Zimmermann et al., 2013). Second-generation PDE6δ inhibitors, which bind PDE6δ more tightly via extra hydrogen bonds, have demonstrated greater potency for blocking the growth of K-Ras–dependent but not K-Ras–independent pancreatic cancer cells (Papke et al., 2016; Martin-Gago et al., 2017). Moreover, deltarasin does not inhibit the growth of cells transformed with the oncogenic mutant B-Raf or the overexpressed epidermal growth factor receptor (EGFR) (Klein et al., 2019), suggesting that PDE6δ inhibitors are effective against K-Ras–dependent cancer cells. In addition, deltarasin functions independent of K-Ras, where it promotes autophagy by activating the AMPK/mTOR pathway, and concomitant inhibition of autophagy and PDE6δ potentiates deltarasin-mediated cell death by elevating reactive oxygen species (ROS) (Leung et al., 2018). These observations suggest that deltarasin elevates cellular ROS, which promotes autophagy (Zhang et al., 2016), and that deltarasin in combination with an autophagy inhibitor can be a plausible strategy for treating K-Ras–driven cancers (Leung et al., 2018).
[image: Figure 1]FIGURE 1 | Recently identified molecular mechanisms that regulate the PM localization of K-Ras. K-Ras farnesylated by FTase localizes to the PM. Once K-Ras dissociates from the PM, PDE6δ binds K-Ras via its farnesyl moiety and releases it in the perinuclear region. K-Ras is then translocated to the recycling endosome (RE) through electrostatic interaction, where it returns to the PM via RE-mediated vesicular transport. Blocking K-Ras prenylation or the K-Ras/PDE6δ interaction mislocalizes K-Ras from the PM. Perturbed SM/ceramide metabolism is proposed to dysregulate the RE via altering its lipid composition, resulting in depletion of PtdSer and K-Ras from the PM. FTase, farnesyltransferase; FTI, FTase inhibitor; PDE6δ, phosphodiesterase 6 δ; RE, recycling endosome; PtdSer, phosphatidylserine; SM, sphingomyelin; Cer, ceramide; PI4P, phosphatidylinositol 4-phosphate; ASM, acid sphingomyelinase; NSM, neural sphingomyelinase.
TABLE 1 | Summary of the compounds that inhibit K-Ras interaction with the PM.
[image: Table 1]However, PDE6δ interacts with other prenylated small GTPases including H-Ras, N-Ras, and Rap1 (Chandra et al., 2012; Dumbacher et al., 2018), suggesting that the effect of deltarasin may not be K-Ras–specific. Moreover, K-Ras knockout mice have embryonic lethality, whereas PDE6δ knockout mice develop normally (Johnson et al., 1997; Zhang et al., 2007), indicating that K-Ras is active in the absence of PDE6δ. In sum, PDE6δ interaction with K-Ras is a tractable target to inhibit oncogenic K-Ras activity, and further validation on the K-Ras specificity of PDE6δ would promote translation into the clinic.
REDUCING PHOSPHATIDYLSERINE CONTENT AT THE INNER PM LEAFLET REMOVES K-RAS FROM THE PM
Phosphatidylserine (PtdSer) is an anionic phospholipid synthesized from phosphatidylcholine (PtdCho) and phosphatidylethanolamine (PtdEth) by PtdSer synthase 1 and 2, respectively, in mammalian cells. While PtdSer is found in the ER and mitochondria, it is concentrated in the inner PM via mechanisms that are not fully elucidated (Leventis and Grinstein, 2010; Kay and Fairn, 2019). PM PtdSer plays key roles in physiological processes including the clearance of apoptotic cells, coagulation cascade, and recruitment and activation of signaling proteins (Leventis and Grinstein, 2010; Kay and Fairn, 2019). The anionic head group provides a negative electrostatic potential to the inner PM leaflet, which allows interaction with a stretch of positively charged amino acid residues, called PBD, of PM-localized proteins (Yeung et al., 2008). K-Ras binds PtdSer at the inner PM leaflet through the C-terminal PBD concomitantly with the farnesyl moiety, which provides specificity for PtdSer over other anionic phospholipids (Zhou et al., 2017). Recent studies have reported a number of mechanisms that can reduce PM PtdSer content, which in turn inhibits K-Ras–PM localization and oncogenic K-Ras signaling output.
Phosphatidylinositol 4-Phosphate Regulates the PM Distribution of PtdSer and K-Ras
Phosphatidylinositol (PI) is phosphorylated to PI 4-phosphate (PI4P) by four PI 4-kinases in mammalian cells: PI4K IIα and β (PI4K2A and 2B) and PI4K IIIα and β (PI4KA and PI4KB) (Balla, 2013). PI4KA and 2B localize primarily to the PM, whereas PI4K2A and PI4KB localize to the Golgi complex (Balla, 2013). In mammalian cells, oxysterol-binding protein–related proteins (ORPs) 5 and 8 exchange newly synthesized PtdSer from the ER for PI4P from the PM at ER–PM membrane contacting sites (MCSs) (Figure 2) (Chung et al., 2015; Moser von Filseck et al., 2015). This process is maintained by PM PI4P by PI4KA and the concomitant PI4P hydrolysis by Sac1 phosphatase in the ER to keep a PI4P concentration gradient across the PM and ER (Chung et al., 2015; Moser von Filseck et al., 2015). ORP5 and 8 recruitment to ER–PM MCSs further requires additional PM PI(4,5)P2 (Ghai et al., 2017; Sohn et al., 2018). Several studies have reported that perturbing this exchange process reduces PM PtdSer content and inhibits K-Ras–PM binding and K-Ras signal output. PI(4,5)P2 reduction by the rapamycin-recruitable 5-phosphatase domain of INPP5E to the PM blocks ORP5 and 8 recruitment to ER–PM MCSs, whereas increasing the PM PI(4,5)P2 level by overexpressing PI4P 5-kinase (PIP5K) β reduces PM PI4P levels. In both cases, the exchange of ER PtdSer for PM PI4P is perturbed, resulting in PtdSer reduction in the inner PM leaflet (Ghai et al., 2017; Sohn et al., 2018). Also, the acute depletion of PM PI4P by rapamycin-recruitable Sac1 dissociates K-Ras, but not H-Ras, from the PM and inhibits K-Ras signaling (Gulyas et al., 2017). Ras proteins are spatially organized into nanoscale domains on the PM, called nanoclusters, which are critical for high-fidelity Ras signal output (Prior et al., 2003; Tian et al., 2007; Cho et al., 2012a; Cho and Hancock, 2013). PM PI4P depletion by either ORP5 or 8 knockdown or chemical inhibition redistributes PtdSer and K-Ras from the PM. It further disrupts K-Ras nanoclustering and abrogates K-Ras signal output and the growth of K-Ras–driven pancreatic cancer cells (Kattan et al., 2019). Consistently, ORP5 and 8 are highly expressed in certain types of cancer and involved in the prognosis of cancer patients. A high expression of ORP8 is observed in lung cancer tissues and hamster bile duct cancers in comparison to normal tissues (Fournier et al., 1999; Loilome et al., 2006). ORP5 overexpression enhances the invasion of pancreatic cancer cells, while ORP5 knockdown abrogates it in vitro. Moreover, the ORP5 mRNA level is significantly elevated in tumors harboring oncogenic mutant K-Ras compared with tumors with wild-type (WT) K-Ras in cohorts of pancreatic cancer, NSCLC, and 33 types of cancer in the TCGA (the Cancer Genome Atlas) database (Kattan et al., 2019). Further analysis of overall survival periods for patients in these three cohorts demonstrates that cancer patients with low ORP5 or 8 expression have better prognosis than patients with high ORP5 or 8 expression (Koga et al., 2008; Kattan et al., 2019).
[image: Figure 2]FIGURE 2 | PtdSer PM enrichment is regulated by ORP5 and 8. ORP5 and 8 are lipid transporters that exchange ER PtdSer with PM PI4P. The driving force of this process is a PI4P concentration gradient, whereby PI4P levels are high in the PM by PI4KA and are kept low at the ER by Sac1 phosphatase, which converts PI4P to PI. PI4P is also generated at the Golgi complex by PI4KB. ORP, oxysterol-binding protein–related protein; PtdSer, phosphatidylserine; PI, phosphatidylinositol; PI4P, PI 4-phosphate; PI(4,5)P2, PI(4,5)-bisphosphate; PI4KA, PI 4-kinase IIIα; PI4KB, PI 4-kinase IIIβ.
In addition to PM PI4P, a recent study has demonstrated that Golgi PI4P is involved in the PM localization of PtdSer and K-Ras. Chemical inhibition of PI4KB, which depletes PI4P at the Golgi complex, but not the PM, translocates K-Ras and PtdSer from the PM to the mitochondria and endomembrane, respectively (Miller et al., 2019). Supplementation with exogenous PtdSer acutely returns K-Ras to the PM in Golgi PI4P–depleted cells, and mitochondrial PtdSer reduction by overexpressing PtdSer decarboxylase, which converts PtdSer to PtdEth at the mitochondria (Percy et al., 1983), redistributes K-Ras from the mitochondria to the endomembranes in Golgi PI4P–depleted cells (Miller et al., 2019). Furthermore, Golgi PI4P depletion inhibits Ras signaling in K-Ras–transformed but not H-Ras–transformed cells. Although the exact mechanism is yet to be elucidated, these data suggest that Golgi PI4P regulates the PM enrichment of PtdSer and thereby K-Ras–PM localization and K-Ras signaling (Miller et al., 2019). In sum, the PtdSer/PI4P exchange mechanism at the ER–PM MCSs, which regulates the PM enrichment of PtdSer and thereby K-Ras–PM localization and signaling, is a viable target for developing anti–K-Ras therapies.
Perturbing Recycling Endosomal Activity Mislocalizes PtdSer and K-Ras From the PM
In addition to the non-vesicular transport of PtdSer by ORP5 and 8, PtdSer transports via the classical vesicular trafficking. Once PM PtdSer is endocytosed, it enters the sorting endosomes, where it either returns to the PM via the RE or is transported to lysosomes for its degradation by phospholipases (Leventis and Grinstein, 2010), suggesting that recycling endosomal activity is important for maintaining PM PtdSer content. Recent studies have reported that disruption of recycling endosomal activity depletes PtdSer and K-Ras from the PM. Acylpeptide hydrolase (APEH) removes the N-terminal acylated amino acids from acetylated proteins, and regulates the ubiquitin-mediated protein degradation (Shimizu et al., 2004). APEH knockdown or inhibition blocks endocytic recycling of the transferrin receptor (TfR) and EGFR and mislocalizes K-Ras and PtdSer from the PM (Tan et al., 2019). It also reduces nanoclustering of oncogenic K-Ras that remained at the PM and prevents oncogenic K-Ras signaling and growth of pancreatic cancer cells harboring oncogenic mutant K-Ras but not WT K-Ras. This study proposes that failure to maintain PtdSer and K-Ras at the PM in APEH-depleted cells is in part induced by aberrant RE function.
A protein kinase C (PKC) inhibitor, staurosporine, and its analogs accumulate PtdSer internalized from the PM in the RE, resulting in PM PtdSer depletion in a PKC-independent manner (Cho et al., 2012b). These compounds also induce K-Ras–PM dissociation and disrupt K-Ras PM nanoclustering (Cho et al., 2012b). Consistent with this, they abrogate K-Ras signaling and cell proliferation in K-Ras–transformed cells. Taken all together, perturbing recycling endosomal activity could prevent PM PtdSer replenishment through the RE, which results in K-Ras–PM dissociation and disrupted K-Ras nanoclustering and K-Ras signaling. The perturbed recycling endosomal activity could also block the PDE6δ/RE-mediated K-Ras–PM localization, further contributing to disrupted K-Ras–PM localization and signaling.
K-Ras and PtdSer PM Localization Is Regulated by Sphingomyelin/Ceramide Biosynthesis
Recent studies have demonstrated that perturbing the enzymes involved in sphingomyelin (SM) metabolism depletes the PM localization of PtdSer and K-Ras, and blocks oncogenic K-Ras signaling. Ceramide, which is synthesized in the ER, trafficks to the Golgi complex, where it is converted to SM. SM is further transported to the PM and lysosomes, where it is reverted to ceramide by sphingomyelinases (Gault et al., 2010). Several studies have reported that the inhibition of acid or neutral sphingomyelinase (ASM and NSM, respectively) dissociates PtdSer and K-Ras from the PM and inhibits oncogenic K-Ras signal transduction (Figure 1). A wide range of ASM inhibitors including tricyclic antidepressants elevates cellular SM contents and accumulates SM in vesicular structures. They also deplete PM PtdSer content and translocate K-Ras, but not H-Ras, from the PM to endomembranes (van der Hoeven et al., 2013; Cho et al., 2016; van der Hoeven et al., 2018). Also, K-Ras is dissociated from the PM in patient-derived Niemann–Pick type A and B cell lines, in which SMPD1 gene–encoding ASM has inactivating and partial loss-of-function mutations, respectively (Cho et al., 2016; Schuchman and Desnick, 2017). These inhibitors further perturb oncogenic K-Ras PM nanoclustering and its signaling, and abrogate the growth of different types of human cancer cells expressing oncogenic mutant K-Ras but not WT K-Ras (Petersen et al., 2013; van der Hoeven et al., 2013; van der Hoeven et al., 2018). Supplementing ASM-inhibited cells with recombinant ASM returns PtdSer and K-Ras to the PM. Also, replenishing PM PtdSer content with exogenous PtdSer supplementation returns K-Ras to the PM and restores nanoclustering in ASM-inhibited cells, which indicates that K-Ras–PM dissociation occurs through PM PtdSer depletion (Cho et al., 2016). In addition, pharmacological inhibitors for enzymes in the SM/ceramide metabolic pathway redistribute PtdSer and K-Ras from the PM (van der Hoeven et al., 2018). They further perturb K-Ras nanoclustering and block the growth of pancreatic cancer cells harboring oncogenic mutant K-Ras (van der Hoeven et al., 2018). In a supplemental C. elegans study, RNAi-mediated knockdown of 14 genes encoding enzymes in the SM/ceramide biosynthesis pathway suppressed the LET-60G13D (a K-RasG13D ortholog in C. elegans)-induced multi-vulva phenotype (van der Hoeven et al., 2018).
Another approach to disrupt SM/ceramide metabolism is to alter the activity of NSM. Avicins, natural plant-derived triterpenoid saponins from Acacia victoriae, have proapoptotic, anti-inflammatory, and anticancer activities (Wang et al., 2010). A recent study demonstrated that avicin G, an isomer of avicin compounds, inhibits NSM and ASM, with a greater potency against NSM, and elevates cellular SM, ceramide, and PtdSer contents (Garrido et al., 2020). It also disrupts endosomal recycling of the EGFR and perturbs lysosomal activity by elevating the lysosomal pH (Garrido et al., 2020). Avicin G and other NSM inhibitors redistribute PtdSer from the PM, accumulate K-Ras in lysosomes, and increase the K-Ras protein level. Since K-Ras and PtdSer are proposed to be degraded in the lysosome (Lu et al., 2009; Leventis and Grinstein, 2010), the elevated K-Ras and PtdSer levels induced by avicin G, in part, account for the perturbed lysosomal activity (Garrido et al., 2020). It further perturbs K-Ras PM nanoclustering and blocks K-Ras signaling and the growth of K-Ras–addicted pancreatic and NSCLC cell lines (Garrido et al., 2020). Taken together, these studies propose that a correct SM/ceramide balance maintains the PM localization of PtdSer and K-Ras and that pharmacological agents that perturb the sphingolipid pathways could be a new strategy for developing anti–K-Ras therapies (van der Hoeven et al., 2018). One plausible mechanism of PM PtdSer depletion by altering the cellular SM contents is through perturbing recycling endosomal activity. The RE is enriched with cholesterol, SM, and PtdSer (Gagescu et al., 2000; Uchida et al., 2011), and elevating cellular sphingolipid contents blocks endosomal recycling of the glucose transporter 1 and TfR (Finicle et al., 2018). Like avicin G, staurosporine and its analogs perturb the RE activity and elevate cellular SM content in a PKC-independent manner by reducing the protein level of ORMDL, which negatively regulates serine-palmitoyltransferase, the rate-limiting enzyme for sphingolipid biosynthesis (Maekawa et al., 2016). Taken all together, it is proposed that an increased cellular SM level changes SM content at the RE, which disrupts recycling endosomal activity. This, in turn, depletes PtdSer and mislocalizes K-Ras from the PM, as discussed above.
CONCLUSION
Despite the essential role of oncogenic mutant K-Ras in the growth and survival of pancreatic, lung, and colorectal cancers, there are no anti–K-Ras therapies available in the clinic. Several studies have reported that knockdown of endogenous oncogenic mutant K-Ras in a range of NCSLC and pancreatic cancer cell lines blocks their growth and survival, suggesting that blocking oncogenic K-Ras activity is a valid strategy for anti–K-Ras therapies. Ras drug discovery efforts have focused largely on inhibitors of Ras downstream effectors including B-Raf, C-Raf, PI3K, and MEK (Baines et al., 2011). One example is the multikinase inhibitor, Nexavar, used against renal cell and hepatocellular carcinoma (Llovet et al., 2008; Roberts, 2008), although it is unclear to what extent the efficacy of Nexavar towards these cancers is related to the inhibition of C-Raf, B-Raf, or VEGFR (Downward, 2003; Baines et al., 2011). B-Raf–specific inhibitors produce excellent, albeit often short-lived, responses in patients with B-Raf mutant melanoma (Flaherty et al., 2010). However, further studies have shown that B-Raf–specific inhibitors paradoxically activate the MAPK cascade in melanoma cells expressing oncogenic mutant N- or K-Ras via a mechanism that involves C-Raf hyperactivation (Heidorn et al., 2010; Cho et al., 2012a). These studies illustrate that blocking MAPK signaling with Raf kinase inhibitors is a limited approach to anti-Ras therapy.
Recently, two small molecules that directly bind and inhibit the K-RasG12C mutant have shown promising outcomes in clinical trials. While the K-RasG12C mutant is found in a small fraction of K-Ras–driven human cancers, these studies demonstrate that developing anti–K-Ras therapies is feasible. One approach to inhibit all oncogenic mutant K-Ras is to block its interaction with the PM since K-Ras must localize to the PM for its signal transduction. However, the exact molecular mechanisms of K-Ras transport to and maintenance at the PM are not fully elucidated. In this review, we discussed several recently identified mechanisms that regulate K-Ras–PM interaction and thereby the K-Ras signal cascade. Compounds that perturb these mechanisms dissociate K-Ras from the PM and block K-Ras signaling and K-Ras–dependent cancer cell growth. However, this approach has pitfalls including nonspecificity and cytotoxicity since it does not specifically target K-Ras. For example, PDE6δ can bind other farnesylated small GTPases via the same hydrophobic pocket as K-Ras. Thus, blocking this binding site by PDE6δ inhibitors can dysregulate the cellular localizations and activities of K-Ras and other small GTPases. Also, PtdSer at the inner PM leaflet recruits and promotes the activity of K-Ras and other proteins containing a polybasic domain (Leventis and Grinstein, 2010; Kay and Fairn, 2019). While PM PI4P regulates the PM enrichments of PtdSer, it can be further phosphorylated to different PIPs, which activate several essential signaling proteins (Balla, 2013). Therefore, while depleting PM PtdSer or perturbing the PI4P/PtdSer exchange mechanism prevents oncogenic mutant K-Ras activity, they can also perturb other essential signaling cascades. Nevertheless, many studies have reported that disrupting these molecular mechanisms blocks the growth of human cancer cells that are K-Ras–dependent but not K-Ras–independent in vitro and in vivo, suggesting that targeting these mechanisms is a valid approach for developing anti–K-Ras therapies.
Cancer chemotherapy is most effective when a combination of drugs targeting different molecular mechanisms are applied. There are four major approaches that are currently being perused for developing anti–K-Ras therapies, and any one approach alone may not be sufficient to completely block oncogenic K-Ras signaling due to high cytotoxicity and/or nonspecificity. A recent study has demonstrated that a K-RasG12C inhibitor potentiates the anticancer effect of the MEK, mTOR, and insulin-like growth factor 1 receptor (IFG1R) inhibitors in NSCLC cells. While combined mTOR, IGF1R, and MEK inhibition shows significant tumor regression in K-RasG12C–driven lung cancer mouse models, replacing the MEK inhibitor with a K-RasG12C inhibitor in combination demonstrates greater efficacy, specificity, and tolerability (Molina-Arcas et al., 2019). Moreover, the combination of the K-RasG12C inhibitor with anti–PD-1 immune checkpoint inhibition synergistically suppresses tumor growth in K-RasG12C–driven mouse models (Canon et al., 2019). Combination therapy of K-RasG12C inhibitors with anti–PD-1 or anti–PD-L1 in patients with solid tumors harboring the K-RasG12C mutant is currently in clinical trials (ClinicalTrials.gov identifier: NCT04185883, NCT03785249). Although combination therapy with K-RasG12C inhibitors and other anticancer approaches is promising, it is limited to K-RasG12C–specific cancers, which accounts for ∼20% of K-Ras–driven cancers. Therefore, it would be worthwhile to examine the effects of combining pharmacological agents that can block all oncogenic mutant K-Ras by dissociating it from the PM with drugs developed for targeting the other approaches.
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RAS proteins are lipid-anchored small GTPases that switch between the GTP-bound active and GDP-bound inactive states. RAS isoforms, including HRAS, NRAS and splice variants KRAS4A and KRAS4B, are some of the most frequently mutated proteins in cancer. In particular, constitutively active mutants of KRAS comprise ∼80% of all RAS oncogenic mutations and are found in 98% of pancreatic, 45% of colorectal and 31% of lung tumors. Plasma membrane (PM) is the primary location of RAS signaling in biology and pathology. Thus, a better understanding of how RAS proteins localize to and distribute on the PM is critical to better comprehend RAS biology and to develop new strategies to treat RAS pathology. In this review, we discuss recent findings on how RAS proteins sort lipids as they undergo macromolecular assembly on the PM. We also discuss how RAS/lipid nanoclusters serve as signaling platforms for the efficient recruitment of effectors and signal transduction, and how perturbing the PM biophysical properties affect the spatial distribution of RAS isoforms and their functions.
Keywords: RAS nanoclusters, phospholipids, electron microscopy, mitogen-activated protein kinases, depolarization, membrane curvature, cholesterol, polybasic domain
INTRODUCTION
RAS isoforms, including HRAS, NRAS and KRAS4B are molecular switches that toggle between guanosine-5′-triphosphate (GTP)-bound active and guanosine diphosphate (GDP)-bound inactive states (Downward, 2003; Hancock, 2003; Cox et al., 2014; Cox et al., 2015; Prior et al., 2020). RAS proteins are key upstream regulators of the mitogen-activated protein kinases (MAPKs) signaling pathway, and participate in important cell functions including growth, division and proliferation (Cox et al., 2014; Cox et al., 2015; Prior et al., 2020). Mutations of RAS proteins are frequently found in many human diseases, and approximately 19% of all human cancers harbor RAS mutations (Cox et al., 2014; Cox et al., 2015; Prior et al., 2020). Mutations of KRAS4B are particularly prevalent in cancer, comprising ∼80% of all RAS-related oncogenic mutations (Downward, 2003; Hancock, 2003; Cox et al., 2014; Cox et al., 2015; Prior et al., 2020). Mutations of KRAS4B are found in 98% of pancreatic, 45% of colorectal and 31% of lung tumors (Downward, 2003; Hancock, 2003; Cox et al., 2014; Cox et al., 2015; Prior et al., 2020). Despite >30 years of intense research, KRAS remains difficult to directly inhibit by small molecule ligands (Ledford, 2015). Targeting the interactions of RAS with the plasma membrane is an attractive alternative because: 1) normal and aberrant biological functions of RAS proteins, including the constitutively active oncogenic RAS mutants, are mostly restricted to the plasma membrane (PM); 2) the distinct C-terminal membrane-anchoring domains of RAS isoforms contribute to their isoform-specific biological activities; 3) RAS dimerization occurs only on the PM and contributes to the formation of RAS signaling platforms on the PM. In this review, we will discuss the latest findings on how RAS isoforms undergo spatial distribution on the PM. We will specifically discuss the selective interactions of RAS proteins with distinct PM lipids, their lateral dynamics, and dimerization and oligomerization via specific interaction interfaces. We will also discuss our perspective on how RAS-RAS and RAS-lipid interactions might be targeted to inhibit aberrant RAS signaling.
Isoform-Specific Intracellular Transport of RAS
Wild type RAS predominantly signals from the inner surface of the PM (Figure 1A) where recruitment and activation of effector proteins occurs (Hancock, 2003; Cox et al., 2015; Zhou and Hancock, 2015; Zhou and Hancock, 2017). This is also the case for the constitutively active oncogenic mutants of RAS. Thus, proper PM localization and spatial distribution of both wild-type and mutant RAS proteins is essential to biology and pathology. All RAS isoforms share nearly identical G-domains (>95% sequence identity) and highly divergent C-terminal hypervariable regions (<20% homology) (Figure 1B). All RAS isoforms undergo multiple steps of posttranslational modifications that add structural features required for membrane interaction, and are transported to the PM via various intracellular trafficking routes. First, farnesyltransferases recognize the C-terminal CAAX motif to irreversibly add a poly-unsaturated and branched 15-carbon farnesyl chain to the cysteine residue at position 185 (Reiss et al., 1990). The prenyl anchor allows RAS to localize to the cytosolic side of the endoplasmic reticulum (ER) membrane, where RAS converting enzyme (Rce1) cleaves the AAX residues of CAAX (Boyartchuk et al., 1997; Kim et al., 1999). The farnesylated Cys is then methyl-esterified at the α-carboxyl group by isoprenylcysteine carboxyl methyltransferases (ICMT) (Hrycyna et al., 1991; Dai et al., 1998). All RAS isoforms undergo these modifications, but diverge in their further processing. NRAS is palmitoylated at Cys181 and HRAS is palmitoylated at Cys181 and Cys184 (Figure 1B) by palmitoyltransferases at the Golgi apparatus (Hancock et al., 1991; Hancock et al., 1989) before being transported to the PM via the classic vesicular trafficking pathways (Hancock et al., 1991; Hancock et al., 1989). Palmitoylation is reversible, and the thioester bond in RAS palmitoyl cysteines can be cleaved by the PM-resident thioesterases (Ahearn et al., 2011). Depalmitoylated NRAS and HRAS fall off the PM and return to the Golgi apparatus and, following repalmitoylation, recycle back to the PM (Hancock et al., 1991; Hancock et al., 1989). The reversible palmitoylation/depalmitoylation cycle therefore dynamically regulates the intracellular trafficking of NRAS and HRAS (Hancock et al., 1991; Hancock et al., 1989). Other chaperons, such as VPS26A, VPS29, and VPS35 also facilitate the transport of NRAS between intracellular compartments and the PM. By contrast, KRAS4B is not palmitoylated but instead contains a polybasic domain (PBD) composed of six lysine residues (Lys 175-180) immediately before the site of farnesylation (Figure 1B). Unlike NRAS and HRAS, KRAS4B does not go to the Golgi apparatus (Hancock et al., 1991). Rather, the farnesylated KRAS4B molecules (Figure 1B) fall off the ER and undergo cytosolic diffusion facilitated by phosphodiesterase δ (PDEδ), which possesses a prenyl-binding pocket to sheath the farnesyl anchor of KRAS4B in the cytosol (Chandra et al., 2012; Schmick et al., 2015; Schmick et al., 2014). The fully processed KRAS4B, chaperoned by PDEδ, preferentially localizes to the recycling endosomes for delivery to the PM. It is still unclear how KRAS4B chooses the recycling endosomes, possibly facilitated by the electrostatic interactions between the KRAS4B PBD and anionic lipids enriched on the recycling endosomes (Chandra et al., 2012; Schmick et al., 2014; Schmick et al., 2015). Additionally, GPR31, a G protein-coupled receptor, also acts as a chaperon by associating with the farnesylated KRAS4B to aid in the transfer of KRAS4B to the PM (Fehrenbacher et al., 2017). Interestingly, intracellular transport of KRAS4B may not even need endomembrane organelles. A recent atomic force microscopy (AFM) study shows that KRAS4B can incorporate into membrane-less protein condensates formed by liquid-liquid phase separation (Li et al., 2021). The study revealed that the liquid droplets dissolve in the presence of a supported bilayer, with the released KRAS4B molecules attached to the bilayer and undergo nanoclustering (Li et al., 2021). Long thought a minor slice variant, KRAS4A is regaining attention in recent years with the discovery that it is widely expressed in many cancer cells (Tsai et al., 2015). KRAS4A is mainly localized to the PM but it also cycles among various endomembrane compartments. Its lipid anchor harbors two short segments of basic residues, a palmitoyl chain, and a farnesyl chain (Figure 1B), but unlike the similarly mono-palmitoylated NRAS, upon depalmitoylation KRAS4A localizes to the outer mitochondrial membrane (OMM) where it interacts with hexokinase 1 (Amendola et al., 2019). Taking together, the exiting data strongly suggest that the differences in the C-terminal membrane-anchoring domains of RAS isoforms contribute to their distinct intracellular trafficking properties.
[image: Figure 1]FIGURE 1 | RAS isoforms with distinct C-terminal membrane-anchoring domains interact with different lipids and form spatially non-overlapping domains on the plasma membrane. (A) RAS proteins, including HRAS, NRAS, and KRAS4B distribute to distinct locations on the inner leaflet of the plasma membrane. (B) RAS isoforms share near identical enzymatic G-domains (>95% homology) and variable C-terminal hypervariable regions (HVR). RAS isoforms undergo distinct posttranslational modifications to add acyl chains to their HVRs for selective lipid sorting and nanoclustering.
Isoform-Specific Nanoclustering of RAS
Once localized to the PM, RAS proteins undergo lateral segregation in the x-y plane to form nanometer-sized domains or nanoclusters, which serve as isoform-specific signaling platforms. In addition to RAS, these nanoclusters contain other proteins and lipids that are important for effector recruitment and signal propagation. Prior et al. was the first to quantify how immunogold-labeled RAS isoforms laterally distribute on intact PM sheets using electron microscopy (EM)-univariate nanoclustering analysis (Prior et al., 2003). In this analysis, intact PM sheets of mammalian cells expressing green fluorescence protein (GFP)-tagged RAS are attached to poly-L-lysine- and pioloform-coated copper (for apical PM) or gold (for basolateral PM) EM grids (Prior et al., 2003). The fixed intact PM sheets are labeled with 4.5 nm gold nanoparticles conjugated to anti-GFP antibody. Transmission electron microscopy (TEM) is used to image these gold-labeled PM sheets at a magnification of 100,000X. Figure 2A shows a raw EM image of an intact PM sheet of 1 μm2 area with gold-tagged GFP-KRAS4B. Figure 2B shows the same PM sheet, with the gold particles marked in different colors to illustrate the spatial distribution. ImageJ is used to assign the x, y coordinates for each gold particle. The Ripley’s K-function is then used to calculate the spatial distribution of these gold particles and to quantify the extent of nanoclustering of the gold-labeled GFP-RAS on intact PM sheets (Ripley, 1977; Diggle, 1979; Diggle et al., 2000). As shown in Figure 2C, the extent of nanoclustering, L(r)-r, can be plotted as a function of radius r in nanometer. L(r)-r values above the 99% confidence interval (99% C.I.) indicate statistically significant nanoclustering. The peak L(r)-r value, termed as Lmax, is generally used as a statistical summary for the nanoclustering event, which tightly correlates with the area-under-the-curve values of the K-function curve (Zhou et al., 2017). Number of neighboring gold particles within 15 nanometers of each gold is also calculated to estimate population distributions (Figure 2D). Other optical imaging techniques have been used to extensively validate the spatial distribution of RAS in intact and live cells. One of these is fluorescence lifetime imaging-fluorescence resonance energy transfer (FLIM-FRET), which has been used to measure the extent of co-localization of GFP- and RFP-tagged RAS in intact cells and tissues (Zhou et al., 2012; Zhou et al., 2014; Zhou et al., 2015; Zhou et al., 2017; Liang et al., 2019). The FRET efficiency between the GFP and RFP can be used to quantify close association (within 10 nm) among RAS molecules, and such measurements have been found to nicely correlate with the nanoclustering of RAS determined by the EM-spatial analysis. Raster image correlation spectroscopy (RICS), fluorescence correlation spectroscopy (FCS), fluorescence recovery after photobleaching (FRAP), total internal reflection fluorescence-single particle tracking (TIRF-SPT), and photoactivated localization microscopy (PALM), have also been used to measure the diffusion and population distribution of RAS monomers and nanoclusters in live cells (Murakoshi et al., 2004; Nan et al., 2015; Sarkar-Banerjee et al., 2017). Atomic force microscopy (AFM) has been used to image the lateral distribution purified full-length RAS proteins or the truncated minimal membrane anchoring domains on supported bilayers of co-existing lipid domains (Nicolini et al., 2006; Weise et al., 2011). In silico molecular dynamics (MD) simulations are also used to elucidate the physicochemical basis for the spatial segregation of RAS lipid anchors in one- or multi-component bilayers (Gorfe et al., 2004; Gorfe et al., 2007a; Gorfe et al., 2007b; Janosi and Gorfe, 2010; Janosi et al., 2012; Li et al., 2012). These quantitative super-resolution imaging and simulation studies consistently corroborate and demonstrate the spatiotemporal dynamics and isoform-specific organization of RAS proteins on membranes of different complexities.
[image: Figure 2]FIGURE 2 | Super-resolution electron microscopy quantitatively characterizes the spatial distribution of RAS on intact plasma membrane sheets. (A) A sample electron micrograph of an intact plasma membrane sheet with an area of 1 μm2 is shown. Black dots indicate 4.5 nm gold nanoparticles conjugated to anti-GFP antibody that tag the GFP-tagged KRAS4B localized to the inner leaflet of the plasma membrane. (B) Gold nanoparticles are then color-coded to indicate spatial distribution in a heat map of the same electron micrograph as shown in A. (C) The Ripley’s K-function calculates the spatial distribution of the gold particles shown in A and B. Extent of nanoclustering, L(r)-r, is plotted as a function of radius r in nanometer. L(r)-r values above the 99% confidence interval (99% C.I.) indicate statistically significant nanoclustering. The peak L(r)-r value, termed Lmax, statistically summarizes the nanoclustering. (D) Further examination of the nanoclustering data in C allows calculation of the population distribution of cluster sizes. (E) A sample electron micrograph of an intact plasma membrane sheet with an area of 1 μm2 is shown. Two populations of gold nanoparticles are observed: 6 nm gold particles conjugated to anti-GFP antibody and 2 nm gold coupled to anti-RFP antibody. These gold particles are color-coded and shown in (F). (G) The Ripley’s bivariate co-localization K-function calculates the co-clustering between the two populations of gold particles. Extent of co-clustering, Lbiv(r)-r, is plotted as a function of radius r in nanometer. Lbiv(r)-r values above the 95% confidence interval (95% C.I.) indicate statistically significant co-clustering. Integration of the Lbiv(r)-r curve between r values of 10 and 110 nm yields a statistical summary, termed as L-bivariate integrated (LBI), to indicate co-clustering. (H) Lists a cohort of specific lipid-binding domains used to probe the spatial distribution of some major lipids in the inner leaflet of the plasma membrane.
As the sample Ripley’s K-function curve in Figure 2C illustrates, peak clustering of GFP-RAS occurs at the radial length r of ∼20 nm, suggesting that the most probable radius of GFP-RAS nanoclusters is approximately 20 nm (Prior et al., 2003; Plowman et al., 2005; Zhou et al., 2014; Zhou et al., 2015; Zhou et al., 2017; Liang and et al., 2019; Zhou et al., 2021). The K-function analysis further showed that RAS nanoclusters contain approximately 6–7 RAS molecules, and suggests that nearly half of GFP-RAS molecules exist as monomers, ∼30% as dimers, >10% as trimers, and <10% of GFP-RAS form higher order multimers (Zhou et al., 2017). This population distribution is consistent across a range of methods and data sources, including EM-spatial analysis of intact PM sheets, RICS and PALM analyses of live cell PM, as well as predictions from MD simulations (Janosi et al., 2012; Nan et al., 2015; Sarkar-Banerjee et al., 2017). Experiments using SPT, which tracks GFP-tagged RAS on the PM of live mammalian cells, found that the lifetime of RAS nanoclusters is between 100 ms and 1 s, with nanoclusters of the GTP-bound active RAS having a longer lifetime near 1 s (Murakoshi et al., 2004).
The local environment within different RAS nanoclusters is distinct since the nanoclusters are spatially segregated in an isoform- and guanine nucleotide-specific manner. This has been quantified using a special form of EM-spatial analysis, which is a bivariate co-clustering analysis using cells co-expressing GFP- and red fluorescence protein (RFP)-tagged proteins. In these experiments, EM is performed on intact PM sheets of mammalian cells co-expressing two different RAS isoforms (or the same RAS isoform bound with either GTP or GDP) tagged with GFP and RFP and co-labeled with 6 nm gold nanoparticles conjugated to an anti-GFP antibody and 2 nm gold nanoparticles coupled to an anti-RFP antibody (Prior et al., 2003). Figure 2E shows a raw EM image of an intact PM sheet of 1 μm2 area containing 6 nm gold tagging GFP and 2 nm gold tagging RFP, with the larger 6 nm gold marked in black and the smaller 2 nm gold marked in red (Figure 2F). After digitization via ImageJ, spatial co-clustering between the 6-nm gold and 2-nm gold particles is calculated via the Ripley’s bivariate co-clustering analysis. As illustrated in Figure 2G, extent of co-clustering, Lbiv(r)-r, is plotted as a function of r in nanometer. Lbiv(r)-r values above the 95% confidence interval (95% C.I.) indicate statistically significant co-clustering of the two populations of gold particles (Ripley, 1977; Diggle, 1979; Diggle et al., 2000). Such bivariate co-clustering analyses showed that co-clustering among HRAS, NRAS and KRAS4B is below the 95% C.I., suggesting minimal spatial overlap among the isoforms (Prior et al., 2003; Plowman et al., 2005). For each isoform, GTP- and GDP-bound RAS also show minimal co-clustering, indicating that the different nucleotide-bound forms of each RAS protein occupy distinct spaces on the PM inner leaflet (Prior et al., 2003). This spatial segregation is biologically important. For example, in a series of bivariate co-clustering analyses, acute depletion of cholesterol, via methyl β-cyclodextrin (MβCD), abolished the spatial segregation between the active GTP-bound HRAS and the inactive GDP-bound HRAS on the PM, and resulted in an inhibition of HRAS signaling (Ariotti et al., 2014). Elimination of caveolae on the PM, via knocking down important caveolar structural component caveolin 1 (CAV1), also induced mixing of the active GTP-bound and the inactive GDP-bound HRAS on the PM, which compromised HRAS signaling (Ariotti et al., 2014). Taken together, RAS proteins form lateral nanoclusters on the PM in isoform- and guanine nucleotide-specific manners.
RAS Nanoclusters are Proteolipid Nano-Assemblies Acting as Signaling Scaffolds
RAS nanoclusters are the sites for effector recruitment and signaling (Hancock, 2003; Tian et al., 2007; Zhou and Hancock, 2015; Zhou and Hancock, 2017). They concentrate multiple RAS molecules within a small area of ∼300 nm2 on the PM (Prior et al., 2003; Plowman et al., 2005; Tian et al., 2007; Tian et al., 2010), increasing the probability of RAS-effector encounters. RAS nanoclusters are not exclusively “RAS oligomers” but rather molecular assemblies that contain other constituents needed for signaling propagation. The non-RAS constituents include lipids and other membrane-associated proteins, as well as the actin cytoskeleton structure. For example, EM-spatial analysis showed that nanoclustering of GFP-HRAS.GDP or GFP-KRAS4B.GTP was compromised upon Latrunculin A treatment to disrupt actin polymerization (Plowman et al., 2005; Zhou et al., 2014). Thus, actin is an important component in the nanoclustering of HRAS and KRAS4B on the PM. Expression of galectin-1 (Gal-1) enhanced the clustering of the constitutively active GFP-HRASG12V (Rotblat et al., 2004; Belanis et al., 2008), suggesting that Gal-1 is likely also a component of HRAS nanoclusters. This is supported by the observation that higher Gal-1 levels enhanced HRAS effector binding, MAPK signaling, and stemness of mutant HRAS-transformed mammalian cells (Blazevits et al., 2016; Posada et al., 2017). Furthermore, integration of molecular dynamics simulations, FLIM-FRET and EM-univariate nanoclustering analysis revealed that Gal-1 dimers formed complexes with the RAS-binding domain of RAS effectors, such as CRAF (Blazevits et al., 2016). This, in turn, stabilized nanoclusters of the GTP-bound active HRAS on the PM. Higher levels of galectin-3 (Gal-3), on the other hand, promoted the nanoclustering and effector binding of GFP-KRAS4BG12V (Elad-Sfadia et al., 2004; Shalom-Feuerstein et al., 2008), suggesting that Gal-3 is an integral component of the nanoclusters of active KRAS. Additional regulators of KRAS4B nanoclustering have been discovered through an extensive proteomic screen. These include nucleophosmin and nucleolin (Inder et al., 2009; Inder et al., 2010). Although primarily localized to the nucleus, a subset of nucleophosmin and nucleolin localize to the PM inner leaflet and become incorporated into KRAS4B nanoclusters, which results in further stabilization of KRAS4B nanoclusters and elevation of KRAS4B effector binding and MAPK signaling (Inder et al., 2009; Inder et al., 2010). FLIM-FRET and EM analysis showed that expression of the apoptosis-stimulating p53 protein (ASPP) family member, ASPP2, enhanced the nanoclustering and effector binding of HRASG12V, KRAS4BG12V and NRASG12V (Posada et al., 2016). Concordantly, expression of ASPP2 promoted MAPK signaling in mammalian cells transformed by HRASG12V, KRAS4BG12V or NRASG12V (Posada and et al., 2016). FLIM-FRET analysis and signaling assays revealed that ASPP2 competed with Gal-1 within the nanoclusters of HRASG12V and KRAS4BG12V (Posada et al., 2016). This competition resulted in an ASPP2-induced senescence of HRASG12V- and KRAS4BG12V-transformed mammalian cells, and abolished the HRAS- and KRAS4B-dependent formation of mammospheres of breast cancer cells (Posada and et al., 2016). Taken together, RAS nanoclusters on the PM are comprised of multiple protein and lipid constituents that, together, are important for effector recruitment and signal transduction.
RAS Nanoclusters Sort Lipids in a Headgroup- and Acyl Chain Structure-Specific Manner
Lipids are the major constituents of RAS nanoclusters on the PM. These lipids are not only important for the structural integrity and stability of RAS nanoclusters, but also directly participate in effector recruitment. This is because most effectors of RAS contain specific lipid-binding domains and require synergistic association with both GTP-bound active RAS and a specific set of lipids for an efficient PM targeting and activation (Ghosh et al., 1994; Ghosh et al., 1996; Li et al., 2018). Even constitutively active mutants of RAS require precise spatial organization and lipid sorting to efficiently recruit their effectors and propagate signals (Inder et al., 2008; Inder and Hancock, 2008). For example, a major KRAS4B effector, CRAF, contains binding domains for both phosphatidylserine (PS) and phosphatidic acid (PA) (Ghosh et al., 1994; Ghosh et al., 1996; Li et al., 2018). It has been shown that the presence of PS and PA in membranes promoted the binding and activation of CRAF in synthetic liposomes and cells (Ghosh et al., 1994; Ghosh et al., 1996). Moreover, phosphoinositol-3 kinase (PI3K), a major effector of HRAS, specifically recognizes phosphoinositol 4,5-bisphosphate (PIP2) in the PM and converts it to phosphoinositol 3,4,5-trisphosphate (PIP3) (Hemmings and Restuccia, 2012). Thus, a key biological function of RAS nanoclusters appears to involve concentrating distinct lipids appropriate for each type of RAS isoform to recruit its specific effectors. This partially explains how RAS isoforms that share the same set of effectors differ in their affinity for different effectors, including the fact that KRAS4B preferentially recruits RAF while HRAS favors PI3K (Stokoe et al., 1994).
The enrichment of specific lipids within different RAS nanoclusters has been investigated using EM-bivariate co-clustering analysis of GFP-tagged lipid-binding domains that bind specific lipids (some examples listed in Figure 2H) and RFP-tagged RAS proteins on intact PM sheets (Zhou et al., 2014; Zhou et al., 2015; Zhou et al., 2017; Liang et al., 2019; Zhou et al., 2021). These experiments were complemented by FLIM-FRET in live cells expressing RFP-tagged RAS isoforms and spike-labeled TopFluor-tagged fluorescent lipids exogenously supplemented to these cells (Zhou et al., 2014; Zhou et al., 2015; Zhou et al., 2017; Liang et al., 2019; Zhou et al., 2021). The EM co-clustering analysis showed that RFP-KRAS4BG12V co-localized extensively with the PS probe GFP-LactC2 and the PA probe GFP-PASS, but not with the PIP2 probe GFP-PH-PLCδ, the PIP3 probe GFP-PH-Akt or the cholesterol probe GFP-D4H (Zhou et al., 2014; Zhou et al., 2015). On the other hand, RFP-tagged GDP-bound HRAS or its truncated minimal anchor (RFP-tH) were found to co-localize with probes of PIP2 and cholesterol (Zhou et al., 2014; Zhou et al., 2015). The difference in cholesterol association between KRAS4B and HRAS is consistent with earlier studies where acute cholesterol depletion by treatment of cells with methyl β-cyclodextrin (MβCD) effectively disrupted the nanoclustering and signaling of GFP-HRAS.GDP and GFP-tH but not GFP-KRAS4BG12V or GFP-tK (Prior et al., 2003; Plowman et al., 2005). Concordantly, the purified full-length KRAS4B and tK partitioned into the cholesterol-poor liquid-disordered (Ld) domains of supported bilayers, as observed in atomic force microscopy (AFM) (Weise et al., 2011). MD simulations predicted that tH preferred to localize at the boundary between the cholesterol-enriched liquid-ordered (Lo) and Ld domains (Janosi et al., 2012; Li et al., 2012; Li and Gorfe, 2013), consistent with experimental findings that cholesterol depletion disrupted the nanoclustering of tH in the cell PM. That RFP-KRAS4BG12V does not co-localize with PIP2 is surprising because the membrane-anchoring domain of KRAS4B is comprised of a hexa-lysine domain (Figure 1B) that is expected to interact with the PM primarily via electrostatics. Instead, the selective enrichment of the monovalent PS and PA over the multivalent PIP2 suggests a significant non-electrostatic contribution.
Additional insights into the lipid composition of RAS nanoclusters came from experiments in cells involving depleting and then adding back of specific lipids. In this regard, PS is of particular interest because KRAS co-localized extensively with a PS-binding domain in EM-bivariate co-localization analysis, as well as FLIM-FRET (Zhou et al., 2014). PS is the most abundant anionic phospholipid in mammalian cells, and is asymmetrically enriched in the PM inner leaflet. Mammalian cells typically contain two PS synthases (PSS): PSS1 that catalyzes the conversion of phosphatidylcholine (PC) to PS and PSS2 that converts phosphatidylethanolamine (PE) to PS (Lee et al., 2012). To manipulate PS content, PSS1 in Chinese hamster ovarian (CHO) cells was knocked down to generate a mutant line, termed as PSA3 cells (Lee et al., 2012). When grown in dialyzed fetal bovine serum (DFBS), PSA3 cells generate 35% less total PS and markedly lower PS levels in the PM inner leaflet (Lee et al., 2012; Zhou et al., 2014; Zhou et al., 2015; Zhou et al., 2017; Liang et al., 2019; Zhou et al., 2021). In the DFBS-treated PSA3 cells, supplementation of ethanolamine (Etn), which is a ligand upstream of PSS2, stimulates PSS2 and dose-dependently (0–10 μM for 72 h) elevates PS in the PM (Lee et al., 2012; Zhou et al., 2014; Zhou et al., 2015; Zhou et al., 2017; Liang and et al., 2019; Zhou et al., 2021). Then, different extracts of mouse brain lipids were acutely added back (1-hour incubation) to the PS-depleted PSA3 cells (Zhou et al., 2014; Zhou et al., 2015; Zhou et al., 2017; Liang et al., 2019; Zhou et al., 2021). EM-univariate nanoclustering analysis of these cells showed that PS depletion effectively disrupted the nanoclustering and PM localization of GFP-KRAS4BG12V as well as the GFP-tK but had no effect on GFP-HRAS (Zhou et al., 2014; Zhou et al., 2015). Supplementation of Etn (0–10 μM for 72 h) dose-dependently elevated the nanoclustering and PM localization of GFP-KRAS4BG12V but not GFP-HRASG12V (Zhou et al., 2014). In the PS-depleted PSA3 cells, acute addback of mouse brain extract of PS, but not extracts of other lipids tested (PIP2, PE, PC or cholesterol), recovered the nanoclustering and PM localization of GFP-KRAS4BG12V (Zhou et al., 2014; Cho et al., 2015). PS depletion disrupted the co-localization of GFP-KRAS4BG12V and RFP-tagged CRAF and thereby KRAS4B-dependent MAPK signaling, both of which were restored back to control levels upon the acute addback of PS but not any of the other lipids tested (Cho et al., 2015; Zhou et al., 2015; Zhou et al., 2017). Table 1 summarizes how different lipid types with distinct headgroups impact the spatiotemporal organization and effector recruitment of KRAS. Taken together, RAS nanoclusters have distinct lipid contents that contribute to selective effector recruitment and signal propagation.
TABLE 1 | Nanoclusters of KRAS selectively enrich the mixed-chain PS species.
[image: Table 1]KRAS4B Nanoclusters Concentrate Phosphatidylserine Species With Specific Acyl Chain Structures
As already noted, KRAS4B is targeted to the PM primarily via its C-terminal lipid anchor harboring a hexa-lysine segment (Lys175-180, Figure 2B). Therefore, it has long been thought that charge-charge interactions dominate the association of the KRAS4B polybasic domain (PBD) with the PS- and PIP2-enriched negatively charged PM inner leaflet. In this context, a surprising finding in the lipid mapping analysis described above was the suggestion that KRAS4B-PM interaction may involve more than just electrostatic complementarity, because KRAS4B nanoclusters were found to be selectively enriched with the monovalent PS but not the multivalent PIP2 lipids. To further test this, different exogenous PS species were acutely added back to the PS depleted PSA3 cells and the nanoclustering of GFP-KRAS4BG12V was quantified using EM (Zhou et al., 2017; Liang et al., 2019; Zhou et al., 2021). These synthetic PS species have the same charged headgroup and thus can be assumed to have the same electrostatic interactions with the PBD of KRAS4B. Their distinct acyl chain length and unsaturation level, however, can be expected to result in different packing characteristics that would result in different structural properties of membranes. While all exogenously added PS species effectively transported to the PM (validated via measuring labeling density of the PS probe GFP-LactC2) (Zhou et al., 2017), only the PS species with unsaturated acyl chains effectively recovered the PM localization of GFP-KRAS4BG12V, while the fully saturated di18:0 PS (DSPS) did not (Zhou et al., 2017; Zhou et al., 2021). Intriguingly, only the mixed-chain PS species, 16:0/18:1 PS (POPS) and 18:0/18:1 PS (SOPS), effectively recovered the nanoclustering of GFP-KRAS4BG12V (Zhou et al., 2017; Zhou et al., 2021); the symmetric PS species, including DSPS, di18:1 PS (DOPS), di18:2 PS (DLPS), had no effect on the nanoclustering of GFP-KRAS4BG12V (Zhou et al., 2017; Zhou et al., 2021). Effects of different PS species with distinct acyl chain structures on the spatiotemporal organization of KRAS are summarized in Table 1. These data suggested that KRAS4B has the ability to recognize PS acyl chains and thus the structure of the bilayer core. Recruitment of effectors by KRAS4B was also found to be dependent on PS acyl chain structure. This has been shown by EM-bivariate co-clustering analysis of intact PM sheets as well as by FLIM-FRET analysis in intact cells, demonstrating that recruitment of RFP-CRAF by GFP-KRAS4BG12V was abolished by PS depletion and was selectively recovered by acute addback of only POPS, but not the other PS species that have been tested (Zhou et al., 2017). EM-bivariate co-clustering analysis further showed that only acute addback of the mixed-chain PS species (POPS and SOPS) induced co-clustering of GFP-LactC2 (a PS-specific binding domain) and RFP-KRAS4BG12V (Zhou et al., 2017). In sum, it is clear that KRAS nanoclusters are selectively enriched with mixed-chain PS species, and that KRAS4B possesses an exquisite capability to selectively target PS headgroups and sort PS species based on their acyl chain structure.
Nanoclusters Mediate Distinct Responses of RAS Isoforms to Perturbations of Plasma Membrane Biophysical Properties
The PM is not a homogeneous medium whose contents respond to perturbations in a similar manner. Rather, it is a highly heterogeneous and compartmentalized organelle (Simons and Ikonen, 1997; Simons and Toomre, 2000; Veatch and Keller, 2002; Baumgart et al., 2003; Veatch and Keller, 2003; Simons and Vaz, 2004; Veatch et al., 2007; Simons and Gerl, 2010) containing diverse nanometer-sized domains of different biophysical properties that respond to perturbations in distinct manners. Similarly, variations in the composition of nanoclusters of different Ras proteins suggest that RAS isoforms may responded to changing PM properties in distinct manners (summarized in Table 2). An important component of the PM is cholesterol, which plays key roles in the heterogeneity of the PM. In particular, cholesterol preferentially associates with saturated lipids and facilitates lipid phase separation into co-existing cholesterol-enriched Lo and cholesterol-poor Ld domains (Simons and Ikonen, 1997; Simons and Toomre, 2000; Veatch and Keller, 2002; Baumgart et al., 2003; Veatch and Keller, 2003; Simons and Vaz, 2004; Veatch et al., 2007; Simons and Gerl, 2010). EM-spatial analysis revealed that acute cholesterol depletion by MβCD treatment significantly disrupted the nanoclustering of GFP-tagged inactive HRAS (GDP-bound) or the minimal membrane-anchoring of HRAS (tH) (Prior et al., 2003). On the other hand, cholesterol depletion by MβCD treatment had no effect on the nanoclustering of active GTP-bound HRAS, GTP- or GDP-bound KRAS4B, or the minimal membrane-anchoring domain of KRAS4B (tK) (Prior et al., 2003; Zhou et al., 2021). Thus, nanoclusters of inactive GFP-HRAS.GDP and active GFP-NRAS.GTP are cholesterol-dependent while nanoclusters of active GFP-HRAS.GTP, GFP-KRAS4B (both active GTP-bound and inactive GDP-bound) and GFP-NRAS.GDP are independent of cholesterol. This is consistent with results from atomic force microscopy (AFM) experiments, where KRAS4B was located in the cholesterol-poor Ld domains of supported bilayers while the palmitoylated NRAS anchor was located along the domain boundaries between the Lo and Ld domains (Weise et al., 2009; Weise et al., 2011). While domain preferences of tH have not been tested experimentally on supported bilayers, MD simulations predicted that it localized at Lo/Ld domain boundaries (Janosi et al., 2012; Li et al., 2012; Li and Gorfe, 2013). Cholesterol stabilizes domain boundaries and therefore tH nanoclusters. Thus, the spatial distribution of RAS proteins responds to cholesterol depletion in an isoform-specific manner.
TABLE 2 | Nanoclusters of different RAS isoforms respond to membrane perturbations in distinct manners.
[image: Table 2]Another important membrane property is curvature, which defines cell morphology and plays key roles in cell migration and intracellular trafficking (Baumgart et al., 2011; Bigay and Antonny, 2012; McMahon and Boucrot, 2015). Most membrane proteins that are known to sense or modulate membrane curvature, such as ion channels, receptors and Bin/Amphiphysin/Rvs (BAR) proteins, have a significant portion of their surface exposed to lipids. In contrast, a much smaller surface of monomeric RAS is directly exposed to lipids (Figure 1A), suggesting that membrane curvature sensing or modulation by Ras may involve cluster formation. Indeed, MD simulations of tH and full-length HRAS have shown a direct link between cluster formation, domain-segregation, and stabilization of membrane curvature (Janosi et al., 2012; Li et al., 2012; Prakash et al., 2012; Li and Gorfe, 2013; Li and Gorfe, 2013; Li and Gorfe, 2014; Li and Gorfe, 2014; Lin et al., 2015). Conversely, EM analysis has revealed that elevating PM curvature disrupted the nanoclustering and PM localization of GFP-KRAS4B but enhanced those of GFP-HRAS (consistent for both the full-length constitutively active mutants and the truncated membrane anchors) (Liang et al., 2019). This observation was made under multiple experimental conditions: 1) in intact PM sheets with curvature manipulated by the expression of different curvature-molding BAR domains; 2) in live cells grown over nanobars that induced quantifiable curvatures of the basolateral PM; 3) in isolated PM blebs with curvatures induced by exposure to hypo- and hypertonic buffers; and 4) in two-component synthetic liposomes of different sizes and curvatures (Liang and et al., 2019). In particular, depletion of endogenous PS in PSA3 cells grown in DFBS effectively abolished the ability of GFP-KRAS4B to respond to changing PM curvature (Liang and et al., 2019), suggesting that PS may mediate PM curvature sensing by KRAS4B. In the PS-depleted PSA3 cells, acute addback of only the mixed-chain POPS, but not the fully saturated DSPS and the mono-unsaturated DOPS, effectively restored the ability of GFP-KRAS4B to respond to changing PM curvature (Liang and et al., 2019). This was further supported by surface plasmon resonance (SPR) measurements using two-component synthetic liposomes, where binding of the purified full length KRAS4B to synthetic liposomes composed of the mixed-chain POPC/POPS (80/20) was enhanced as the vesicles became larger and less curved (Liang et al., 2019). On the other hand, KRAS4B binding was found to be independent of the size of vesicles composed of the mono-unsaturated DOPC/DOPS (80/20) lipids (Liang et al., 2019). A series of mouse embryonic fibroblast (MEF) mutant lines has been used to examine how RAS-dependent signaling responded to changing PM curvature. In these cell lines, all endogenous RAS isoforms have been knocked out and a specific KRAS mutant is expressed to generate RAS-less MEF lines (Drosten et al., 2010). Incubating RAS-less MEF expressing KRAS4BG12V in hypotonic buffers, which flattened the PM, significantly enhanced the KRAS4B-dependent MAPK signaling (Liang et al., 2019). On the other hand, in a RAS-less MEF line expressing a constitutively active RAS effector BRAFV600E mutant (with no RAS present), flattening of the PM via hypotonic buffers no longer affected MAPK signaling (Liang and et al., 2019). Taken together, the spatial distribution of RAS proteins responds to changing membrane curvature in an isoform-specific manner, with curvature sensing of KRAS4B being PS species-dependent.
Another important membrane property is electrostatics, more specifically transmembrane potential. It has long been known that transmembrane potential is associated with important intracellular signaling processes involved in cell growth and proliferation, and is correlated with cancer (Blackiston et al., 2009; Sundelacruz et al., 2009). Depolarization of the PM, as well as expression of depolarizing potassium channels, has been linked to elevated growth and proliferation and diminished apoptosis (Blackiston et al., 2009; Sundelacruz et al., 2009). However, the mechanism(s) behind this phenomenon has been poorly understood. A recent study using EM, FLIM-FRET, and FRAP showed that depolarizing the PM by increasing the extracellular potassium concentration or glutamate stimulation enhanced the nanoclustering of GFP-KRAS4BG12V and GFP-tK on the PM of non-polarized and polarized mammalian cells, as well as intact tissues of Drosophila brain (Zhou et al., 2015). PM depolarization also promoted nanoclustering PS and PIP2 but not PA and PIP3 lipids (Zhou et al., 2015). Nanoclustering and signaling of GFP-KRAS4BG12V did not respond to changing transmembrane potential in the PS-depleted PSA3 cells, but sensitivity was restored by Etn supplementation to increase endogenous PS levels (Zhou et al., 2015). In wild-type Drosophila embryos, depolarizing the PM similarly elevated signal output of the KRAS4B-dependent MAPK cascade whereas MAPK signaling was insensitive to PM depolarization in Drosophila embryos expressing an inactive mutant of a PS flippase, ATP8B (Zhou et al., 2015). Since ATP8B actively maintains an asymmetric distribution of PS in the PM inner leaflet (Paulusma et al., 2008; Ha et al., 2014), deactivation of ATP8B effectively depletes PS in the inner leaflet. Taken together, these studies demonstrated that PS mediates the spatial redistribution and altered signaling of KRAS4B in response to changes in the PM membrane potential.
Mechanisms of Selective Lipid Sorting by RAS Proteins
RAS and other small GTPases use one or a few fatty acid chains with or without a PBD to target membranes. It is therefore intriguing that they would selectively sort lipid headgroup features and acyl chain structures, as do RAS proteins. It is becoming increasingly clear that this capability allows RAS proteins to respond to modulations of membrane biophysical properties in isoform- and guanine nucleotide-dependent manners. To systematically explore the molecular mechanisms underlying lipid sorting by RAS proteins, a series of studies have been conducted using EM-univariate and -bivariate analyses, FLIM-FRET, and MD simulations. Among the key observations of these studies was that the cholesterol dependence of the GDP-bound HRAS clustering is largely dictated by its palmitoyl chains at Cys181 and Cys184 (Roy et al., 2005). The nanoclustering of the constitutively active GFP-HRASG12V (with dual palmitoylation) did not respond to MβCD-induced cholesterol depletion (Roy et al., 2005), suggesting that GFP-HRASG12V does not co-localize with cholesterol. By contrast, MβCD-induced cholesterol depletion disrupted the nanoclustering of GFP-HRASG12V.C184S (HRAS mono-palmitoylated at Cys181) but not GFP-HRASG12V.C181S (mono-palmitoylated at Cys184) (Roy et al., 2005). This data suggests that the palmitoyl chain attached to Cys181 is key to driving the association of HRASG12V with cholesterol. This is, indeed, consistent with the finding that MβCD-induced cholesterol depletion effectively disrupted the nanoclustering GFP-NRASG12V, which is mono-palmitoylated on Cys181 (Prior et al., 2003), and predictions from free energy calculations that the second plamitoylation of HRAS was not required for high-affinity membrane binding but instead may modulate lateral dynamics (Gorfe and McCammon, 2008).
Although the C-terminal membrane-anchoring domain of HRAS plays important roles in membrane interactions, the catalytic G-domain may also contribute in some way. In earlier studies using MD simulations, it was found that the HRAS G-domain dynamically engaged the membrane in a nucleotide dependent manner (Abankwa et al., 2007; Abankwa et al., 2008; Abankwa et al., 2010). When GDP bound, the HRAS G-domain stayed away from the membrane while the HVR interacted with lipids and the palmitoyl chains fully inserted into the bilayer core. When GTP bound, the G-domain swinged up by almost 100 degrees to directly interacted with membrane lipids (Abankwa et al., 2007). As a result, a number of charged residues in switch I and II regions, including β2-β3 loop, helices α4 and α5, now extensively interacted with polar headgroups of lipids in the bilayer. This upward swing of the G-domain of HRAS caused its membrane-anchoring domain to move away from the membrane, which pulled the palmitoyl chains partially out of the bilayer (Abankwa et al., 2007). The resulting disorder in the palmitoyl chains was proposed to promote favorable interactions with the more disordered and thinner cholesterol-poor lipid domains (Gorfe et al., 2007a; Gorfe et al., 2007b; Abankwa et al., 2008; Abankwa et al., 2010). This was consistent with EM data showing that the nanoclustering of the constitutively active and GTP-bound GFP-HRASG12V was insensitive to cholesterol depletion by MβCD (Prior et al., 2003).
Inspired by a previous MD study that suggested the non-equivalency of the lysine residues of the PBD of the minimal membrane-anchoring domain (tK) of KRAS4B (Janosi and Gorfe, 2010), recent studies have focused on the nanoclustering of a cohort of PBD mutants in which each of the positively charged lysine residues was individually mutated to the neutral glutamine: GFP-KRAS4BG12V.K175Q, KRAS4BG12V.K176Q, KRAS4BG12V.K177Q, KRAS4BG12V.K178Q, KRAS4BG12V.K179Q, KRAS4BG12V.K180Q. Each of these mutants contains five lysine, and thus the six mutants have an identical total charge. It was found that KRASG12V.K177Q and KRASG12V.K178Q were remarkably weak in terms of both nanoclustering and PM binding compared with the other PBD mutants (Zhou et al., 2017). Further EM-bivariate co-clustering analysis revealed that these equally charged PBD mutants sorted distinct sets of lipids. In particular, nanoclusters of KRAS4BG12V.K177Q and KRAS4BG12V.K178Q were depleted of PS but enriched with PIP2, while the other PBD mutants still maintained extensive PS content in their nanoclusters. On the other hand, nanoclusters of KRAS4BG12V.K175Q and KRAS4BG12V.K179Q contained higher levels of PIP3. Nanoclusters of KRAS4BG12V.K178Q also contained significantly higher levels of PA. Another interesting PBD mutant involves the phosphorylation of Serine 181 via activation of protein kinase G (PKG) or the phosphomimetic mutant S181D of KRAS4B. EM-bivariate lipid mapping revealed that nanoclusters of the phosphorylated and S181D KRAS4B were depleted of PS but enriched with PIP2 and PIP3 (Zhou et al., 2017).
Further evidence for the notion of not-just-electrostatics came from the comparison of four additional KRAS PBD constructs (Figure 3): GFP-KRAS4BG12V (with the original hexa-lysine PBD), GFP-KRAS4BG12V.6R (the six contiguous lysines replaced with arginines), GFP-KRAS4BG12V.C20 (the 15-carbon farnesyl chain mutated to the 20-carbon geranylgeranyl chain), GFP-KRAS4BG12V.6R-C20 (a geranylgeranylated hexa-arginine PBD). These four constructs contain an equivalent number of charged residues. However, while the nanoclusters of the reference KRAS4BG12V were enriched with PS as expected, those of KRAS4BG12V.6R and KRAS4BG12V.C20 became more enriched with cholesterol and depleted of PA while KRAS4BG12V.6R-C20 remained similar to the reference (Zhou et al., 2021) (data summarized in a heat map shown in Figure 4A). In addition to lipid headgroups, these equivalently charged KRAS4B PBD mutants also sort distinct lipid acyl chains. In acute lipid addback assays using PSA3 cells, it was found that the reference GFP-KRAS4BG12V co-localized extensively with the mixed-chain POPS but not the symmetric DSPS and DOPS (Zhou et al., 2021) (data summarized in a heat map shown in Figure 4B). On the other hand, GFP-KRAS4BG12V.6R co-localized with only the fully saturated DSPS while GFP-KRAS4BG12V.C20 co-localized with the symmetric DSPS and DOPS (Zhou et al., 2021) (Figure 4B). GFP-KRAS4BG12V.6R-C20 associated more preferentially with POPS (Zhou et al., 2021) (Figure 4B), again similar with KRAS4B with the original PBD. As a result, these KRAS4B with equivalently charged PBDs responded to changing PM properties in distinct manners. As summarized in Table 3, EM-nanoclustering analysis showed that, while GFP-KRAS4BG12V with the original PBD was independent of cholesterol, nanoclusters of GFP-tagged KRAS4BG12V.6R, KRAS4BG12V.C20 and KRAS4BG12V.6R-C20 were disrupted upon acute cholesterol depletion. The nanoclustering of GFP-KRAS4BG12V.6R also lost its sensitivity to PM depolarization (Table 3). Also interestingly, the nanoclustering of GFP-KRAS4BG12V.6R and GFP-KRAS4BG12V.C20 was enhanced by elevating PM curvature, opposite of the curvature preferences of the equivalently charged counterparts GFP-KRAS4BG12V and GFP-KRAS4BG12V.6R-C20 (Table 3). A mechanistic insight into how this might work at the atomic level emerged from atomistic MD simulations that predicted that the PBDs, including the original farnesylated hexa-lysine tK and mutants such as tK-K177Q and tK-K178Q sampled a large conformational space but differed in the proportion of ordered (O), intermediate (I) and disordered (D) backbone conformations (Zhou et al., 2017; Zhou et al., 2021). Approximately 64% of the simulated tK anchor was in the D state, 35% in the I (29%) and about 6% in the O state (Zhou et al., 2017; Zhou et al., 2021). These conformations differed in their capacity to form salt bridges involving the lysine side chains with the PS headgroups, with D state being the most amenable (Zhou et al., 2017; Zhou et al., 2021). Mutations that enriched the D state would therefore interact more favorably with PS lipids while those favoring the O state interacted less strongly. Consistent with this hypothesis and the experimental data described above, the less PS col-localizing tK-K177Q and tK-K178Q favored the O state (42 and 25% compared to 6% for tK) (Zhou et al., 2017). The geranylgeranylated tK, tK-C20, as well as the tK backbone phosphorylated at Serine 181, predominantly adopted the D states (Zhou et al., 2021). Taken together, the specific amino acid sequence and the prenyl anchor of KRAS4B together regulate the conformational plasticity of the prenylated PBD of KRAS4B and thereby determine its ability to selectively sort lipids.
[image: Figure 3]FIGURE 3 | KRAS4B PBD mutants that share an identical number of positively charged residues and thought to electrostatically interact with the plasma membrane in an equivalent manner.
[image: Figure 4]FIGURE 4 | Equivalently charged KRAS4B PBD constructs selectively sort distinct lipid headgroups and acyl chains. (A) A heat map of LBI values indicates distinct co-clustering between the GFP-tagged specific lipid-binding domains and the RFP-tagged KRAS4B PBD constructs. (B) A heat map of LBI values indicates co-clustering between the PS-specific domain, GFP-LactC2 and the RFP-tagged KRAS4B PBD constructs in PS-depleted PSA3 cells following acute addback of distinct synthetic PS species.
TABLE 3 | Nanoclusters of KRAS4B PBD constructs with identical numbers of charged residues respond to membrane perturbations in distinct manners.
[image: Table 3]In addition to the PBD, the G-domain of KRAS4B may also contribute to lipid sorting. This is because the G-domain has been shown to dynamically interact with membrane lipids in at least two dominant orientational states (OS): OS1 and OS2. Helices α3 or α5 and α4 contacted the bilayer in OS1, whereas β1, β2 and β3 and helix α2 directly contacted the bilayer in OS2 (Mazhab-Jafari et al., 2015; Prakash et al., 2016; Sarkar-Banerjee et al., 2017; Li et al., 2018; Prakash et al., 2019; Prakash and Gorfe, 2019; Neale and García, 2020). As a result, each OS presented distinct polar residues to interact with charged lipid headgroups in membranes. For example, Arg97, Lys101 and Arg135 in OS1 and Arg73 and Arg102 in OS2 might interact with PS headgroups in the bilayer, respectively (Prakash et al., 2016). Additionally, the orientational states of the G-domain also impact the dynamics of the backbone of the polybasic region within the C-terminal membrane anchoring domain since the Lys175-180 segment was more extended in OS2 than OS1 (Prakash et al., 2016; Prakash and Gorfe, 2019). Moreover, the dynamic oscillation between OS1 and OS2 may contribute to lipid sorting of KRAS4B in ways that are yet to be elucidated. Along this line, EM analysis showed that mutating Arg73 to the oppositely charged Glu disrupted the nanoclustering of GFP-KRAS4BG12V.R73E on intact PM sheets (Prakash et al., 2016). Taken together, the orientational dynamics of the G-domain may complement the intrinsically disordered lipid anchor in the selective sorting of lipids by KRAS4B.
RAS Dimerization Interfaces and Their Role in the Formation of High Order Oligomers
The PM provides a structural framework for both the signaling function and homodimerization of RAS proteins, and a growing body of evidence supports the notion that KRAS4B forms dimers and larger oligomers (or nanoclusters) in cells and synthetic membranes (Abankwa et al., 2007; Tian et al., 2007; Nan et al., 2015; Zhou and Hancock, 2015; Ambrogio et al., 2018). However, there are conflicting reports on whether oligomerization involves direct protein-protein interaction or is primarily mediated by lipids. Moreover, there are multiple predicted RAS dimerization interfaces [e.g., (Güldenhaupt et al., 2012; Muratcioglu et al., 2015; Sayyed-Ahmad et al., 2016)], which have been discussed in detail in several recent review articles included in refs (Abankwa and Gorfe, 2021; Van et al., 2021). There is debate regarding which of these interfaces is most relevant for function. We believe RAS utilizes various combinations of multiple interfaces to form oligomers of diverse sizes, topologies and internal structures. Such G-domain-mediated dimerization/oligomerization and lipid-mediated spatial segregation synergistically promote nanoclustering of RAS, which allows the formation of signaling platforms suitable for function in specific situations and pathways. With this in mind, here we will focus on two dimer models and how they might give rise to diverse high order oligomers.
Two partially overlapping protein-protein interaction interfaces (PPIs, termed i1 and i2) have been identified on the catalytic domain of KRAS4B by combining sequence analysis, protein-protein docking, and molecular simulations (Prakash et al., 2017). Potential of mean force (PMF) calculations suggested that both interfaces i1 and i2 were marginally stable in solution (calculated Kd ≈ 5 and 100 mM) (Prakash and et al., 2017). This was consistent with a previous report on the absence of KRAS4B dimers in solution (Werkmüller et al., 2013). However, MD simulations of the i1 and i2 dimer models attached to a POPC/POPS bilayer led to improved interactions, especially at interface i1, and stabilization of the dimers (Prakash et al., 2017). Using BHK cells ectopically expressing selected i1 mutants followed by biochemical assays and EM analysis, it was found that neither charge-reversal mutations of interfacial ion pairs (K101E and E107K) nor a charge-swapping double mutant (K101E/E107K) affected membrane targeting (Prakash et al., 2017). However, the charge-reversal, but not the charge swapping, mutation significantly reduced clustering relative to the wild type (Prakash et al., 2017). Introducing cysteines at the same positions (K101C/E107C) dramatically enhanced both membrane retention and clustering (Prakash et al., 2017), likely due to the formation of an intermolecular disulfide bond. Indeed, a corresponding QQ mutant that was unable to form a disulfide cross-link had no effect on membrane binding or clustering (Prakash et al., 2017). Moreover, by comparing dimer/monomer and oligomer/monomer ratios, it was found that the single-point charge reversal mutations reduced the dimer and higher oligomer fractions while the K101C/E107C mutation dramatically increased those fractions (Prakash et al., 2017). Further, immunoblotting the membrane fraction of wild type and K101C/E107C KRAS4B under a non-reducing condition indicated dimer and oligomer bands for both, with the latter being substantially more prominent (Prakash and., 2017). No oligomer bands were found in the cytosolic fraction (Prakash et al., 2017). A recent paramagnetic relaxation enhancement NMR spectroscopy revealed that GTP-bound active and GDP-bound inactive KRAS4B formed homodimers via an interface involving helices α4 and α5 (Lee et al., 2020). Specifically, electrostatic interactions between residue pairs of R135-E168, Q131-D154 and Q131-R161 contributed to the homodimerization of GTP-bound KRAS4B on bilayers, whereas dimers of GDP-bound KRAS4B was stabilized by E49-K172 and E162-K165 residue pairs. The α4/α5 interface of KRAS4B dimers has also been observed in size exclusion chromatography and small angle X-Ray Scattering (Packer et al., 2021). The presence of the RAS-binding domain of RAF further stabilized dimerization of KRAS4B on membrane. Combining FRET/electron paramagnetic resonance spectroscopy and MD simulations, a recent study also characterized helices α4 and α5 as an important dimer interface in NRAS (Rudack et al., 2021). Specifically, the most prevalent residue contact between the GDP-bound NRAS monomers was a salt bridge between D154 and R161 located on α5 (Rudack et al., 2021). Another prominent contact between the two NRAS monomers was between H131 of α4 helix and E49 of the β2-β3 loop (Rudack et al., 2021). These findings underscore the important role of helices α4 and α5 in stabilizing homodimers of RAS anchored to membranes. Taken together, these observations suggest that KRAS4B forms dimers and oligomers of diverse size and shape via interfaces i1 and i2 (Prakash and et al., 2017).
The above conclusion is further supported by a study that quantified the distribution of KRAS4B oligomers on the PM using a combination of single molecule experiments and molecular modeling (Sarkar-Banerjee et al., 2017). The study included fluorescence correlation spectroscopy (FCS) and FRAP in cells transiently expressing low levels of mGFP-tagged WT, K101E and K101C/E107C KRAS4B mutants (Sarkar-Banerjee et al., 2017). The FRAP analysis suggested K101E had a larger mobile fraction and a smaller percentage of cells with two distinct diffusivities. FCS showed that 50% (K101E), 58% (WT) and 89% (K101C/E107C) of the cells that had been analyzed yielded fluorescence autocorrelation profiles that were distinct from the monomeric controls POPS and GFP controls (Sarkar-Banerjee et al., 2017). The FCS data for the KRAS4B samples required a 3-component diffusion model for fitting, whereas all of the data for the controls could be fit to a bi-component diffusion model (Sarkar-Banerjee et al., 2017). The majority of cells expressing K101C/E107C gave rise to atypical fluorescence autocorrelation profiles compared with only about half of those expressing K101E (Sarkar-Banerjee et al., 2017). This suggested that the two mutants differ in their ability to form slowly diffusing species, which is consistent with the FRAP data. Further analysis with Raster image correlation spectroscopy (RICS) showed that K101E diffused at a rate similar to POPS while WT and especially K101C/E107C were significantly slower (Sarkar-Banerjee et al., 2017). Number and brightness (N&B) analysis of the RICS images further showed GFP-KRAS4BG12V existed as a combinations of monomers, dimers and larger oligomers (Sarkar-Banerjee et al., 2017). The monomer fraction of GFP-KRAS4BG12V was found to be 38%, which was comparable to the monomer fraction estimated by EM-nanoclustering analysis (∼40%) (Plowman et al., 2005). In this analysis, GFP-KRAS4BG12V was found to exist mostly as a dimer (51%), with a minor percentage of trimer (10%). K101E was predominantly monomeric (73%) with a smaller (23%) fraction of dimers , whereas K101C/E107C was enriched in dimer (58%) and trimer (38%) but was depleted of monomers (Sarkar-Banerjee et al., 2017). Similar results were obtained when ion pairs E98-K165 and D105-K172 were predicted to stabilize larger oligomers including pentamers. For example, double charge-reversion (E98K/D105K) reduced clustering by about 40% without affecting membrane retention, whereas swapping charges had no effect (Sarkar-Banerjee et al., 2017). It has been proposed that KRAS4B self-assembly into oligomers of diverse sizes and shapes involved the use of varying pairwise interactions of i1 and i2 (Sarkar-Banerjee et al., 2017). The resulting structural models explained a number of previous observations (Plowman et al., 2005; Hancock, 2006; Kholodenko et al., 2010), including the average number of proteins per cluster and the average radius of RAS nanoclusters estimated by EM after accounting for the sizes of GFP, antibody, gold nanoparticle and nanocluster geometry (Plowman et al., 2005; Hancock, 2006; Zhou and Hancock, 2015).
Targeting RAS Nanoclusters for Treating RAS Pathology
As RAS nanoclusters are the main sites for the recruitment and activation of effectors, agents that perturb the RAS nanodomain structure or dynamics should have a therapeutic value against oncogenic RAS. Because PS is a major structural component of KRAS4B nanoclusters, perturbing the PS content of the nanoclusters is a particularly appealing therapeutic avenue. PS is actively transported intracellularly between the endoplasmic reticulum (ER), recycling endosomes, and the PM (Chandra et al., 2012; Schmick et al., 2014; Schmick et al., 2015). Perturbing PS transport can deplete the PS content of the PM and consequentially attenuate the oncogenic activities of mutant KRAS4B. Indeed, treatment of cells by fendiline, an acid sphingomyelinase (ASM) inhibitor (Gulbins et al., 2013), effectively depleted PS in the PM inner leaflet and thereby mislocalized oncogenic mutant KRAS4B from the PM and disrupted its nanoclustering and signaling (van der Hoeven et al., 2013; Cho et al., 2015; van der Hoeven & et al., 2017). ASM converts sphingomyelin (SM) to ceramide (Cer) (Santana et al., 1996). The SM/Cer equilibrium contributes to the vesicular trafficking between the PM and the recycling endosomes that are highly enriched with PS (Chatterjee et al., 2001). The fendiline-disrupted spatiotemporal organization and signaling of oncogenic mutant KRAS4B were selectively restored by the acute addback of natural extracts of PS, but not the natural extracts of other lipids tested including PIP2, PC or phosphatidylethanolamine (PE) (Cho et al., 2015). Effects of fendiline on the MAPK-regulated cell proliferation were more pronounced on the oncogenic mutant KRAS4B-transformed tumor cells, but not tumor cells that were independent of oncogenic KRAS4B activities (Cho et al., 2015; van der Hoeven et al., 2013; van der Hoeven & et al., 2017). Fendiline treatment also effectively reduced the sizes of tumors in xenografts composed of tumor cells transformed by mutant KRAS4B, but not those independent of mutant KRAS4B (van der Hoeven & et al., 2017). Taken together, by disrupting PS trafficking from recycling endosomes to the PM, fendiline effectively depletes the PS content in the PM and compromises the spatiotemporal organization, signaling and oncogenic activities of mutant KRAS4B.
Proper intracellular transport of PS can also be blocked or attenuated by staurosporine, an alkaloid isolated from bacterium Streptomyces staurosporeus, and analogs. These small molecules include 7-oxostaurosporine (OSS), UCN-01 and UCN-02. Treatment of cells by staurosporines effectively mislocalized PS from the PM to endosomes (Cho et al., 2012). As a result, these staurosporine analogs effectively mislocalized mutant KRAS4B from the PM and disrupted the nanoclustering of KRAS4B left on the PM, which in turn inhibited the mutant KRAS4B-dependent MAPK signaling (Cho et al., 2012). Additional strategies for interfering with the PS transport involve perturbing the exchange of PS between the PM and the endoplasmic reticulum (ER), via altering the expression of oxysterol-related binding proteins, ORP5 and ORP8. ORP5 and ORP8 regulate the exchange of phosphoinositol 4-monophosphate (PI4P) in the PM and PS in the ER (Moser von Filseck et al., 2015; Moser von Filseck and et al., 2015; Sohn et al., 2016). Concordantly, treatment by a selective inhibitor of PI4-kinase IIIα (PI4KIIIα) that converts phosphoinositol (PI) to PI4P (Waring et al., 2014; Boura and Nencka, 2015; Raubo et al., 2015), called compound 7, depleted the PS levels in the PM by reducing the PI4P/PS exchange (Kattan et al., 2019). Indeed, Compound 7 effectively mislocalized oncogenic mutant KRAS4B from the PM and disrupted the nanoclustering of mutant KRAS4B (Kattan and et al., 2019). Compound 7 also selectively compromised the proliferation of human tumor cell lines transformed by mutant KRAS4B, but not those independent of KRAS4B (Kattan and et al., 2019). Taken together, pharmacologically targeting the PS transport between endomembranes and the PM effectively and selectively perturbs the oncogenic activities of mutant KRAS4B.
As described above, phosphorylation of Ser181 mislocalizes KRAS4B from the PM and decreasing its clustering on the PM (Bivona et al., 2006; Cho et al., 2016). This is correlated with the switch of lipid sorting preference from PS to the relatively less abundant anionic phospholipid PIP2 (Zhou et al., 2017). Protein kinase C (PKC) and protein kinase G (PKG) directly phosphorylate KRAS4B at Ser181, resulting in changes in the spatiotemporal organization of oncogenic mutant KRAS4B and inhibition of mutant KRAS4B-dependent MAPK signaling (Bivona et al., 2006; Cho et al., 2016). Several groups of compounds have been shown to promote the phosphorylation of Ser181 of KRAS4B and perturb oncogenic KRAS4B activities. Specifically, the PKC activator, bryostatin-1, mislocalized oncogenic mutant KRAS4B from the PM and induced apoptosis (Bivona et al., 2006). Additionally, a number of small molecules have been shown to activate the AMP-activated protein kinase (AMPK) → eNOS → soluble guanylyl cyclase (sGC) → cyclic GMP (cGMP) → PKG cascade and promote the phosphorylation of Serine 181 of KRAS4B (Cho et al., 2016). These PKG-activating molecules include AMPK activators oligomycin A, neoantimycin, antidiabetic drug metformin and aminoimidazole-4-carboxamide riboside (AICAR) (Cho et al., 2016). Nitric oxide donor, diethylamine nitric oxide (DEA-NO), promotes the generation of sGC in the production of cGMP, the main substrate of PKG. Sildenafil inhibits PDE5 hydrolyze cGMP and lead to the further accumulation of cGMP (Cho et al., 2016). These PKG activators attenuated the PM localization and nanoclustering of oncogenic mutant KRAS4B on the PM, and inhibited the mutant KRAS4B-dependent MAPK signaling (Cho et al., 2016). Thus, altering the selective lipid sorting of KRAS4B by inducing phosphorylation of Serine 181 effectively attenuates the oncogenic activities of mutant KRAS4B.
Monobodies and ankyrin repeat proteins (DARPins) have also been utilized to directly target KRAS4B dimers. Specifically, integration of NMR spectroscopy, X-ray diffraction of crystal structures, fluorescence imaging of intact cells, EM-spatial analysis, as well as signaling and functional assays have revealed that a monobody called NS1 bound to the α4, β5 and α5 interface of HRAS and KRAS and disrupted their dimerization and nanoclustering. As a result, NS1 perturbed effector binding, inhibited MAPK signaling and cell proliferation regulated by oncogenic mutants of HRAS and KRAS (Spencer-Smith et al., 2017). Similarly, several DARPins have been shown to bind the i1 dimer interface involving helices α3, α4 and loop 7 or the switch 1 region and inhibited KRAS signaling and RAS-dependent proliferation (Guillard et al., 2017; Bery et al., 2019). Taken together, existing data suggest that directly targeting dimer interfaces of RAS is also an effective strategy for compromising the oncogenic activities of RAS.
CONCLUSION
We have discussed how different RAS isoforms undergo spatial segregation on the plasma membrane for efficient signal transduction and function. More specifically, we have focused on the intricate capabilities of RAS proteins to selectively sort lipids in a headgroup- and acyl chain structure-dependent manner. This specific lipid sorting capability not only allows RAS proteins to recruit effectors in an isoform-specific manner, but also allows RAS nanoclusters to sense and respond to various membrane perturbations in distinct manners (summarized in Figure 5). This is because plasma membrane domains that vary in lipid and protein content as well as mechanical and electrostatic properties respond to membrane perturbations in distinct manners. We therefore propose that RAS/lipid nanoclusters act as important transition hubs on the cell surface, where extracellular mechanical and electrostatic stimuli are relayed to distinct intracellular signal output. These nanometer-sized transition hubs intricately connect extracellular stimuli with intracellular signaling networks and may contribute to mechanosensing and mechanotransduction.
[image: Figure 5]FIGURE 5 | A schematic description of RAS nanoclusters acting as transition hubs to couple extracellular stimuli with intracellular signaling networks. In a highly heterogeneous plasma membrane, different proteolipid nanodomains possess distinct biophysical properties and respond to membrane perturbations in distinct manners. Diverse changes in lipid packing and lateral diffusion of plasma membrane domains alter the spatiotemporal organization of RAS isoforms, which in turn perturb effector recruitment and signal intracellular transmission.
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Hepatocellular carcinoma (HCC) is an aggressive gastrointestinal malignancy with a high rate of mortality. Multiple studies have individually recognized members of RAP gene family as critical regulators of tumor progression in several cancers, including hepatocellular carcinoma. These studies suffer numerous limitations including a small sample size and lack of analysis of various clinicopathological and molecular features. In the current study, we utilized authoritative multi-omics databases to determine the association of RAP gene family expression and detailed molecular and clinicopathological features in hepatocellular carcinoma (HCC). All five RAP genes were observed to harbor dysregulated expression in HCC compared to normal liver tissues. RAP2A exhibited strongest ability to differentiate tumors from the normal tissues. RAP2A expression was associated with progressive tumor grade, TP53 and CTNNB1 mutation status. Additionally, RAP2A expression was associated with the alteration of its copy numbers and DNA methylation. RAP2A also emerged as an independent marker for patient prognosis. Further, pathway analysis revealed that RAP2A expression is correlated with tumor-infiltrating immune cell composition and oncogenic molecular pathways, such as cell cycle and cellular metabolism.
Keywords: hepatocellular carcinoma, liver, RAP, TCGA, prognosis, biomarker 3
INTRODUCTION
Hepatocellular carcinoma (HCC) is the sixth leading cancer in incidence and the fourth most common cause of cancer mortality in the world (Bray et al., 2018). It is the most common type of primary liver cancer that usually arises on the background of chronic liver disease, hepatitis B or C virus infection, or nonalcoholic steatohepatitis (Bruix et al., 2011; Villanueva, 2019). For locally advanced cancers without cirrhosis, the 5-years survival rate of patients is only 36–70% and 60–70% with successful surgical resection or liver transplantation, respectively. Further, postoperative recurrence and metastasis are common in HCC, which pose a challenge in the management of this disease. Therefore, biomarkers to predict prognosis in HCC are highly needed. The common indicators of prognosis of HCC include tumor size, degree of cirrhosis, tumor differentiation and microvascular invasion (Villanueva, 2019). The recent emergence of high throughput sequencing data by multiple studies has enabled researchers to describe molecular features of HCC in detail and has provided several potential biomarkers for the prediction of patient prognosis (Wheeler and Roberts, 2017).
RAP proteins (Ras proximate proteins) are members of the Ras GTP binding family sharing 50–60% sequence homology with the Ras family. The diversity and specificity of Ras and RAP proteins are contributed by different sets of GEFs (guanine nucleotide exchange factors) and GAPs (GTPase-activating proteins). Five different genes of the RAP family, RAP1A, RAP1B, RAP2A, RAP2B, and RAP2C have been identified in the human genome (Bokoch, 1993). RAP proteins primarily function in cell adhesion, migration, and polarity (Bokoch, 1993; Ehrhardt et al., 2002; Di et al., 2015b; Qu et al., 2016; Meng et al., 2018). The effect of RAP activation depends on the context-specific interaction of RAP with their regulators and downstream effectors.
Oncogenic functions of RAP proteins have been well established in multiple cancer types, such as breast (Di et al., 2015a), lung (Fu et al., 2009; Wu et al., 2014; Xie et al., 2015; Peng et al., 2016), ovary (Che et al., 2015; Lu et al., 2016), stomach (Zhang J. et al., 2020), cervix (Li et al., 2018), prostate (Bigler et al., 2007) and brain (Wang et al., 2017). Accumulating evidence suggests that RAP proteins also play critical roles in hepatocellular carcinogenesis and tumor progression. Single nucleotide polymorphism (SNPs) in RAP1A gene rs494453 has been shown to associate with higher incidence and recurrence after liver transplantation (Mo et al., 2018; Zhang R. et al., 2020). Further, higher activity of the NF-κB/RAP1 signaling pathway is associated with tumorigenicity in HCC cells (Mo et al., 2018). Some studies have also provided strong links between RAP1A expression and liver inflammation, a risk factor for liver carcinogenesis. RAPGEF1, the GEF for RAP1A has also been shown to be overexpressed in HCC (Sequera et al., 2018). A previous study reported that HBV replication promotes liver carcinogenesis through upregulation of RAP1B (Sheng et al., 2014). Further, overexpression of RAP1B enhances the proliferation and migration of HCC cells by regulating Twist-1 gene expression (Tang et al., 2018). Overexpression of RAB2B has also been reported in HCC and its inhibition reduces cell proliferation and invasion (Zhang et al., 2017). Recently, Zheng et al. reported that HCC tissues exhibit significantly higher mRNA and protein expression of RAP2A, which is associated with tumor size, metastasis, pathological differentiation, and vascular invasion (Zheng et al., 2017). Furthermore, they also demonstrated that higher protein levels of RAP2A are independently associated with poor overall survival in HCC.
While the current literature suggests that RAP genes might play critical roles in the pathophysiology of HCC, these studies are limited by determining individual genes of the RAP signaling pathway, limited number of clinical samples used in different studies. Further, studies focused on determining the association of RAP genes with genetic alteration and molecular alterations remain limited. In the current study, we utilized authoritative multi-omics databases to determine the association of RAP gene family expression and detailed molecular and clinicopathological features. Furthermore, we also determined their association with multiple survival parameters to determine their prognostic value.
MATERIALS AND METHODS
Data Retrieval
For mRNA expression analysis, RNA seq data of TCGA-LIHC dataset, which was originally sourced from Broad GDAC Firehose (http://gdac.broadinstitute.org/) (Wheeler and Roberts, 2017) was extracted using UCSC XENA webserver (Goldman et al., 2020). Clinicopathological and molecular characterstics of the TCGA-LIHC dataset has been given in Table 1. Microarray gene expression data from multiple studies was accessed through the TNMplot webserver (Bartha and Győrffy, 2020). This web server hosts data from multiple HCC studies, where gene expression data has been normalized for all available studies and can be used for comparison between the collective groups of all normal samples with tumor samples. Multi-Omics dataset of hepatocellular carcinoma released by Clinical Proteomic Tumor Analysis Consortium (CPTAC) (https://cptac-data-portal.georgetown.edu/cptacPublic/) was utilized to analyze both mRNA and protein levels of RAP genes.
TABLE 1 | Patient charcterstics in TCGA-LIHC dataset.
[image: Table 1]DNA Methylation Analysis
DNA methylation of RAP genes in TCGA cancer dataset was estimated and visualized using MEXPRESS web server (https://mexpress.be) (Koch et al., 2015; Koch et al., 2019) and TCGA Wanderer (Díez-Villanueva et al., 2015). The MEXPRESS web server uses DNA methylation data of cancer and normal tissues from TCGA datasets, which were originally developed on the Illumina Human Methylation 450 BeadChip platform. The predesignated methylation probes for each gene were taken into consideration.
Survival Analysis
Kaplan-Meier survival analysis was performed using the tool available in the KM-plotter (Nagy et al., 2018). For Kaplan-Meier analysis, patients were distributed in high and low expression groups based on median expression value as a cut-off point for each gene. For survival analysis using univariate and multivariate Cox proportionate hazard model, RAP2A gene expression was taken as a continuous variable with multiple survival parameters for the TCGA-LIHC dataset, as recommended (Liu et al., 2018).
Correlation and Pathway Enrichment Analysis
Similarly, whole transcriptome correlations of RAP2A in the TCGA-LIHC study were downloaded from the cBioPortal website (https://www.cbioportal.org/) (Cerami et al., 2012; Gao et al., 2013). After applying a filter for a cutoff of FDR corrected p-value of 0.05 for Spearman’s r-value, 10,980 genes with Spearman’s correlation q value <0.05 were filtered and used for gene set enrichment analysis in GSEA software (Broad Institute, http://www.broad.mit.edu/gsea/). Hallmark gene set (version 7.1) (Subramanian et al., 2005) from predefined molecular signature database was used as a reference gene set for pathway enrichment (Liberzon et al., 2015).
Tumor Immunity Associations
Tumor immune estimation score (TIMER) webserver (https://cistrome.shinyapps.io/timer/), which utilizes the RNA sequencing data from TCGA for estimation of correlation between gene expression and level of immune cells, present in the tumor samples (Li et al., 2017). We utilized TIMER to calculate the association between RAP2A gene expression with infiltration of six immune cells including B cells, CD4+ T cells, CD8+ T cells, neutrophils, macrophages, and dendritic cells in TCGA-LIHC datasets. Default parameters were used in the TIMER database for the gene-specific analysis module.
Further, CIBERSORT (Cell-type Identification By Estimating Relative Subsets Of RNA Transcripts) analysis data of TCGA-LIHC were extracted from a previously published study (Chen et al., 2018; Thorsson et al., 2018). This provided relative fractions of 22 different immune cells from a mixture of gene expression profiles (TCGA-LIHC study) and was used to correlate with RAP2A expression using Spearman’s correlation test. A total of 360 HCC samples were available with both gene expression data and CIBERSORT analysis estimated fractions of immune cells. Heatmap of the immune cell profiling data was generated along with hierarchical clustering using HemI (Deng et al., 2014). The default parameters of hierarchical clustering using the average linkage method and Pearson distance were used.
Statistical Analysis
Data analysis was performed using Graphpad (version 6) and Stata software (version 11). Mann-Whitney U-test was used for comparison among histological subtypes, molecular subtype and grades (***p < 0.001; **p < 0.01; *p < 0.05; ns, p > 0.05). Pearson correlation analysis was used to determine the association of DNA methylation of RAP2A to its expression in the TCGA-LIHC dataset. Kaplan-Meier survival analysis was performed using the log-rank test. A p-value < 0.05 was considered statistically significant.
RESULTS
Expression Pattern of RAPs in HCC
Further, RNA sequencing data from TCGA-LIHC study was utilized to compare RAP gene expression in tumor tissues with both tumor adjacent normal tissues from the same dataset and with non-tumor associated normal hepatic tissue. RAP1A, RAP1B, RAP2A and RAP2B exhibited significant higher expression in tumors compared to other two groups (Figures 1A,C,E,G). Although RAP2C expression was higher in tumors compared to adjacent normal tissues, but both these groups exhibited lower expression of RAP2C compared to normal tissues from GTEx (Figure 1I). Furthermore, tumor adjacent normal tissues also exhibited higher expression of RAP1A and RAP2B, while no difference was observed for RAP1B and RAP2A. Comparison between 50 paired normal and tumor tissues from TCGA-LIHC also revealed that all RAP genes exhibit higher expression in tumor tissues compared to tumor adjacent normal tissues (Figures 1B,D,F,H,J). Among all RAPs, RAP2A displayed most robust upregulation in tumor tissues in TCGA dataset (Figure 1F). Further, we utilized multiomics data of hepatocellular carcinoma developed by CPTAC study, where both mRNA and proteomic data was available. The expression analysis in CPTAC data also suggested that expression of RAP genes differ between normal and tumor tissues both at the mRNA and protein level. In CPTAC data also, RAP2A exhibited most robust upregulation of mRNA and protein levels in tumor tissues compared to normal tissues, while expression of RAP2C was found to be reduced in tumor tissues compared to normal tissues (Supplementary Figure S1).
[image: Figure 1]FIGURE 1 | Expression of RAP genes in tumor tissues compared with adjacent normal tissues and normal tissues from GTEx study. GTEx, Genotype-Tissue Expression project; TANCT, tumor adjacent non-cancerous tissue. ****p < 0.0001; ***p < 0.001; **p < 0.01; *p < 0.05; ns, p > 0.05.
We further performed receiver operating characteristic (ROC) curve analysis to determine potential of RAP gene expression in differentiating tumor tissues from normal liver tissues. Interestingly, among five RAP genes, RAP2A exhibited highest area under curve (AUC) of 0.8676 in TCGA-LIHC mRNA data (Figure 2A). Similarly, analysis of CPTAC mRNA data also suggested highest AUC of RAP2A (AUC: 0.9173, Figure 2B) compared to other RAP genes. Interestingly, analysis of AUC in CPTAC protein expression data revealed that RAP2C exhibit highest AUC of 0.8445 followed by RAP2A with AUC of 0.8172 (Figure 2C).
[image: Figure 2]FIGURE 2 | (A) ROC curve for the utility of RAP gene expression to differentiate between liver tumor tissues and normal tissue group in (A) TCGA mRNA data (B) CPTAC mRNA data, and (C) CPTAC protein expression data. For (A), normal tissue group consisted of tumor-adjacent normal tissues from TCGA study and normal tissues from non-disease controls from the GTEx study. (D) Comparison of RAP2A gene expression among normal tissue, tumor tissue, and metastatic tissues assessed through TNM webtool.
Furthermore, expression data of RAP gene family in hepatocellular carcinoma tissues and normal tissues from multiple other datasets was assessed through TNMplot web server. The analysis revealed that RAP1A, RAP1B, RAP2A, and RAP2B genes exhibit significantly higher expression in HCC tissues compared to normal tissues in comparison of both available paired (Supplementary Figure S2, left panel) and unpaired tissues (Supplementary Figure S2, right panel). However, RAP2C did not exhibit significant difference in expression in paired tissue analysis (Supplementary Figures S2J). Considering robust upregulation of RAP2A in tumors, and its established involvement in cell migration, we compared expression of RAP2A in metastatic tissues with both normal and primary tissues, which revealed highest expression of RAP2A in metastatic tissues compared to other two groups (Figure 2D).
Association of RAP Family Expression and Clinicopathological Features in HCC
We further assessed the association of RAP genes with clinicopathological including pathological age, gender, stage, tumor grade, blood AFP levels. Among all RAP genes, higher expression of RAP1B was associated with advanced-stage (Figure 3A). Higher expression of RAP2A and RAP2B, and low expression of RAP1A was associated with advanced grade (Figure 3B). High RAP2A expression was associated with younger age (<50 years, Supplementary Figure S3A) and female gender (Supplementary Figure S3B). Higher expression of RAP2A was also associated with increased AFP levels (Figure 4A). A history of alcohol consumption was associated with lower levels of RAP2A and RAP2C expression (Figure 4B).
[image: Figure 3]FIGURE 3 | Expression of RAP genes in tumor tissues compared between different stage (A) and grade (B). ****p < 0.0001; ***p < 0.001; **p < 0.01; *p < 0.05; ns, p > 0.05.
[image: Figure 4]FIGURE 4 | Association of RAP expression in TCGA-KIRC dataset with (A) AFP levels, and (B) alcohol history. ****p < 0.0001; ***p < 0.001; **p < 0.01; *p < 0.05; ns, p > 0.05.
Association of RAP Family Expression and Genetic and Epigenetic Alterations in HCC
To further determine whether the expression of RAP genes is associated with genetic alterations in HCC, we compared their expression in tumors with mutated or wild type TP53, CTNNB1, ALB, PCLO, and LRP1B. TP53 mutation was observed to be associated with higher expression of RAP1A, RAP1B, RAP2A, and RAP2B (Figure 5A). Further, CTNNB1 mutation was significantly associated with reduced levels of RAP1B, RAP2A, and RAP2B expression (Figure 5B). No RAP gene exhibited association with PCLO and ALB mutation status (Supplementary Figures S4A,B respectively), while higher expression of RAP1A was associated with LRPB1 mutant tumors (Supplementary Figure S5).
[image: Figure 5]FIGURE 5 | Association of RAP expression in TCGA-KIRC dataset with (A) TP53 mutation, and (B) CTNNB1 mutation. ****p < 0.0001; ***p < 0.001; **p < 0.01; *p < 0.05; ns, p > 0.05.
To determine the potential role of copy number alterations and DNA methylation in the regulation of RAP2A expression in HCC, we utilized a TCGA-LIHC study where copy number variation, DNA methylation, and gene expression data were available. The DNA methylation data in TCGA study was developed on “Illumina HumanMethylation450 Beadchip” platform, where representative CpG sites from different regions of most genes are captured. Interestingly, RAP2A gene expression was reduced in tumor tissues and exhibited a negative correlation with DNA methylation at several sites within the RAP2A promoter regions and gene body (Figures 6A,B). A similar association was also observed for normal liver tissues (Supplementary Figure S6). We observed that in both normal and tumor tissues, DNA methylation at an intragenic region represented by cg03608515 was most negatively correlated with gene expression, suggesting this region, but not promoter region is the major regulatory site for the expression (Figure 6C). Furthermore, a comparison of 47 paired normal and tumor tissue also revealed significantly reduced methylation levels of cg03608515 in tumor tissues., these results strongly suggest the role of DNA methylation in aberrant expression of RAP2A in HCC. Additionally, the expression of RAP2A was also positively correlated with its copy number (r = 0.450, p < 0.001). Further, analysis of CNV data revealed frequent alterations in RAP2A copy number in HCC tissues was associated with its higher expression with copy number gain (Figure 6D, Kruskal-Wallis test, p < 0.0001).
[image: Figure 6]FIGURE 6 | Association of mRNA expression of RAP2A with its copy number variation and DNA methylation in TCGA-LIHC dataset. (A) Comparison of DNA methylation level of RAP2A between tumor tissues and normal tissues. (B) Correlation of RAP2A mRNA expression of RAP2A with its copy number variation and DNA methylation in tumor tissues. (C) Comparison of DNA methylation level of RAP2A at an intragenic site associated probe cg03608515. (D) Comparison of RAP2A gene expression among different copy number based groups in TCGA-LIHC dataset. ***p < 0.001; **p < 0.01; *p < 0.05. Insignificant associations (p > 0.05), are faded.
Prognostic Significance of RAP Genes in Hepatocellular Carcinoma
To determine the association of RAP gene family expression with patient prognosis, we utilized the TCGA-LIHC dataset where information for overall survival (OS), disease-specific survival (DSS), disease-free interval (DFI), and progression-free interval (PFI) was available. We performed survival analysis by constructing a Kaplan-Meier plot for all RAP genes using median expression levels for allotting patients into high and low groups. We observed that higher expression of RAP2A was significantly associated with poor OS (HR = 1.72, CI = 1.21–2.45, p = 0.0023, Figure 7A) and DSS (HR = 1.9, CI = 1.2–2.99, p = 0.005, Figure 7B), while no significant association was observed with DFI and PFI (Figures 7C,D, respectively). In light of the high positive correlation of RAP2A with other RAP genes, we also assessed their association with patient survival (Supplementary Figure S7). Among other RAPs, higher expression of RAP1A and RAP1B was also associated with poor overall survival (Supplementary Figures S7A,B). We further performed univariate and multivariate survival analysis for RAP2A expression and other clinicopathological features, such as age, gender, stage, grade, alcohol intake history, radiotherapy status, and embolization status using Cox proportionate hazard model. Interestingly, higher RAP2A expression was also associated with poor OS, DSS, and PFI in both univariate and multivariate survival analysis (Tables 2, 3, respectively). This suggested that RAP2A expression is independently associated with poor outcome in HCC patients.
[image: Figure 7]FIGURE 7 | Kaplan-Meier survival analysis of RAP2A in TCGA-LIHC dataset, including (A) OS, overall survival (B) DSS, disease specific survival (C) DFI, disease free interval and (D) PFI, progression free interval. HR, hazard ratio; ****p < 0.0001; ***p < 0.001; **p < 0.01; *p < 0.05; ns, p > 0.05.
TABLE 2 | Univariate analysis for association of RAP2A expression with patient prognosis in HCC.
[image: Table 2]TABLE 3 | Multivariate analysis for association of RAP2A expression with patient prognosis in HCC.
[image: Table 3]RAP2A Associated Cellular Pathways in Hepatocellular Carcinoma
To determine RAP2A associated cancer-related pathways, gene expression data of the TCGA-LIHC study was used. GSEA analysis revealed that RAP2A expression is positively correlated with cell cycle associated pathways such as mitotic spindle (Figure 8A), G2M checkpoint (Figure 8B), and E2F targets (Figure 8C) besides protein secretion (Figure 8D). Further, negatively correlated genes were enriched in metabolism associated pathways, such as oxidative phosphorylation (Figure 8E), xenobiotic metabolism (Figure 8F), fatty acid metabolism (Figure 8G), bile acid metabolism (Figure 8H), adipogenesis (Figure 8I), reactive oxygen species (Figure 8J) and others such as coagulation (Figure 8K), peroxisome (Figure 8L), interferon-alpha response (Figure 8M), DNA repair (Figure 8N) and Myc target genes (Figure 8O).
[image: Figure 8]FIGURE 8 | Gene set enrichment analysis of RAP2A correlated genes in TCGA-LIHC dataset. (A–D) depicts positively enriched pathways (E–L) depicts negatively enriched pathways with normalized enrichment score (NES), false discovery rate (FDR), and p-value depicted inside the respective pathway.
Association of RAP2A Expression With Tumor Immunity
Considering the previously described role of RAP genes in immune cell functions (Carvalho et al., 2019a), we analyzed the association of RAP2A expression with the level of immune cell infiltration. Using the TIMER tool, we determine tumor purity normalized spearman correlation of RAP2A expression with infiltration level of six different immune cells. This analysis revealed a positive correlation between RAP2A expression with B cells (r = 0.3, p = 1.37e-08), CD8+ T cells (r = 0.237, p = 9.06e-06), CD4+ T cells (r = 0.474, p = 1.16e-20), macrophages (r = 0.469, p = 4.56e-20), neutrophils (r = 0.374, p = 7.19e-13), and dendritic cells (r = 0.401, p = 1.36e-14) in HCC (Figure 9A). Furthermore, we utilized CIBERSORT analysis to determine the association of RAP2A gene expression with the relative abundance of 22 different types of immune cells in the TCGA-LIHC dataset (Figure 9B, Supplementary Table S2). Among immune cells, RAP2A expression was positively correlated to CD4 Memory Resting T cells, resting dendritic cells, neutrophils, M0 type macrophages, and naïve B cells, while it exhibited negative correlations to monocytes, activated NK cells, CD4 naïve T cells, CD8 T cells.
[image: Figure 9]FIGURE 9 | Association of RAP2A gene with tumor immunity in TCGA-LIHC dataset. (A) TIMER analysis showing the correlation of RAP2A expression with an abundance of six different immune cell types in TCGA-LIHC dataset. (B) CIBERSORT analysis showing relative fractions of 22 different immune cell types in HCC tissues (represented by rows) arranged in order of high RAP2A expression (top) to low RAP2A expression (bottom).
DISCUSSION
HCC is one of the leading causes of cancer-related deaths worldwide. Significant advancement has been made in the treatment of this malignancy over the past decade, however, clinical response is highly heterogeneous. Further, treatment strategies have been highly adapted to be based on the progression of the disease at the time of diagnosis. Nevertheless, several molecular biomarkers have been determined with high prognostic value and future studies are required to determine novel molecular features as therapeutic targets and prognostic biomarkers. In the current study, we uncovered distinct genomic and epigenomic features of RAP family genes in HCC. Our study revealed that among five RAP genes, RAP2A expression is highly altered in HCC and is associated with multiple oncogenic features in HCC.
Little is known about the specific roles of RAP2A; in its active form RAP2A interacts with several effectors including MINK1, TNIK, and MAP4K4 and activates various signaling pathways involved in cytoskeletal rearrangements, cell migration, cell adhesion, and cell proliferation (Mittal and Linder, 2006). RAP2A interacts directly with upstream MAPK signaling element MAP4K4, and thus, increased RAP2A activity can enable downstream signaling (Machida et al., 2004). So far, the role of RAP2A in human malignancies remains controversial, with some suggesting it as a tumor suppressor gene while other studies refer to it as an oncogene. Upregulation of RAP2A has been observed in several human malignancies such as follicular thyroid cancer (Prabakaran et al., 2011), prostate cancer (Bigler et al., 2007), renal cancer (Wu et al., 2017), gastric cancer (Zhang J. et al., 2020) and bladder cancer (Wang et al., 2020).
In prostate cancer cells, RAP2A promotes androgen hypersensitivity and cell growth (Bigler et al., 2007). In lung cancer cells, ectopic expression of RAP2A enhances the migration and invasion of the cells (Wu et al., 2014). In bladder cancer cells, the expression of RAP2a was found significantly higher as compared to normal cells. The proliferation and invasion of cells were repressed by miR-3127 through directly targeting the 3′-UTR of RAP2A and associated with poor overall survival in bladder cancer patients (Wang et al., 2020). In gastric cancer, the role of RAP2A was also observed in drug resistance where expression of RAP2A increased the viability, migration, and metastasis of cells by suppressing apoptosis and DNA damage (Zhang J. et al., 2020). In renal cancer, overexpression of RAP2A enhances the protein levels of p-Akt and promotes migration and invasion of cells by increasing p-Akt expression (Wu et al., 2017). Contrary to these, RAP2A seems to play tumor suppressor functions in glioma as its downregulation is associated with glioma progression and its inhibition in the glioma cell line reduces migration and invasion (Wang et al., 2014). Results of the current study indicate that in hepatocellular carcinoma, RAP2A may act as an important oncogene and its mRNA expression is strongly associated with patient prognosis in HCC. Furthermore, other RAP genes also exhibit a strong positive correlation with RAP2A expression. This might be due to the conservation of regulatory sequences during evolution. We were further interested in whether RAP genes share common features for association with molecular characteristics in HCC.
It was recently demonstrated that RAP2A expression is regulated by p53 and RAP2A mediated cell migration and invasive properties are driven by downstream activation of the matrix metalloproteinases (MMP) MMP2 and MMP9 via phosphorylation of AKT (Wu et al., 2015). Consistent with this, we observed higher expression of multiple RAP genes, including RAP2A in p53 mutant HCC. Further, we also observed that expression of RAP1A, RAP1B, RAP2A, and RAP2B were reduced in HCC tissues which harbor a mutation in CTNNB1, the gene encoding for beta-catenin protein. This is contrary with the previous report where RAP1B has shown to activate Wnt/beta-catenin signaling in esophageal squamous cell carcinoma (Jia et al., 2017). Further, RAPGEF2, a guanine nucleotide exchange factor for RAP1, was shown to regulate adherence junction (AJ) formation in radial glial cells through ERK-mediated upregulation of β-catenin (Farag et al., 2017). While CTNNB1 mutations in HCC are associated with higher activity of Wnt-beta catenin signaling (Tornesello et al., 2013), its association with RAP signaling appears to be negatively related in this case. Therefore, our results suggested potential crosstalk of Wnt-beta catenin signaling in RAP signaling in HCC tissues.
In light of its aberrant overexpression in HCC, we explored whether the expression of RAP2A is driven by copy number alteration and DNA methylation in HCC. Our results collectively demonstrated that the RAP2A harbors alterations in both of the abovementioned features. Our results highlighted a specific intragenic region in the RAP2A where DNA methylation was highly reduced in tumor tissues compared to normal liver tissues. Further, DNA methylation at this region is negatively correlated to RAP2A gene expression in both tumor and normal tissues. DNA methylation of RAP2A has not been previously studied in cancer, therefore, epigenetic regulation of RAP signaling requires detailed exploration.
While our study is based on mRNA expression, a recent study by, Zheng et al. has also demonstrated that RAP2A protein expression is associated with oncogenic features in HCC (Zheng et al., 2017). Therefore, our findings further provide a detailed understanding of the role of all five members of this gene family involvement in HCC. Among all five RAPs, RAP2A expression exhibited a strong ability to differentiate tumor tissues from normal tissues. Further, its higher expression also exhibited association with higher tumor grade, metastasis, increased AFP levels, and poor patient prognosis. Furthermore, our multivariate survival analysis including major clinical and pathological features revealed that the RAP2A expression is independently associated with poor overall survival, disease-specific survival, and progression-free interval in HCC.
Pathway analysis revealed strong associations of RAP2A expression in HCC with several HCC relevant pathways, including cell cycle-related pathways and metabolic pathways. Interestingly, RAP1A expression has previously been shown to be regulated during the cell cycle (Cruise et al., 1997). The causal relationship between RAP2A expression and these pathways requires further validation. We also analyzed the immunological association of RAP2A expression in HCC, which revealed that its expression is highly associated with the immune composition of HCC tumors. While, the role of RAP2A has been previously demonstrated in the regulation of lipopolysaccharide induced innate cell functions (Carvalho et al., 2019a; Carvalho et al., 2019b), detailed role of RAP2A in the modulation of tumor immunity remains to be studied in detail. Conclusively, the current study provides detailed molecular and clinical features associated with the expression of RAP genes in HCC, however, some of these associations require further exploration for the causal relationships. Further, these results support the potential of RAP2A as a therapeutic target and prognostic biomarker in this malignancy.
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RAS is a founding member of the RAS superfamily of GTPases. These small 21 kDa proteins function as molecular switches to initialize signaling cascades involved in various cellular processes, including gene expression, cell growth, and differentiation. RAS is activated by GTP loading and deactivated upon GTP hydrolysis to GDP. Guanine nucleotide exchange factors (GEFs) and GTPase-activating proteins (GAPs) accelerate GTP loading and hydrolysis, respectively. These accessory proteins play a fundamental role in regulating activities of RAS superfamily small GTPase via a conserved guanine binding (G)-domain, which consists of five G motifs. The Switch regions lie within or proximal to the G2 and G3 motifs, and undergo dynamic conformational changes between the GDP-bound “OFF” state and GTP-bound “ON” state. They play an important role in the recognition of regulatory factors (GEFs and GAPs) and effectors. The G4 and G5 motifs are the focus of the present work and lie outside Switch regions. These motifs are responsible for the recognition of the guanine moiety in GTP and GDP, and contain residues that undergo post-translational modifications that underlie new mechanisms of RAS regulation. Post-translational modification within the G4 and G5 motifs activates RAS by populating the GTP-bound “ON” state, either through enhancement of intrinsic guanine nucleotide exchange or impairing GAP-mediated down-regulation. Here, we provide a comprehensive review of post-translational modifications in the RAS G4 and G5 motifs, and describe the role of these modifications in RAS activation as well as potential applications for cancer therapy.
Keywords: RAS, post-translational modification, G-domain, ubiquitylation (ubiquitination), lysine modification, cysteine oxydation, cancer, RAS superfamily GTPase
INTRODUCTION
RAS superfamily small GTPases consist of more than 170 members. They act as molecular switches cycling between GTP-bound “ON”- and GDP-bound “OFF”-states and play a crucial role in transducing signals that direct various cellular activities (Wennerberg et al., 2005). The RAS superfamily and other GTPase families (e.g., heterotrimeric G-proteins, elongation factors) contain a core guanine binding (G)-domain that possesses a Rossman fold. This structural unit enables high-affinity binding to GTP and GDP, as well as the ability to hydrolyze GTP (Figure 1A). RAS proteins have been the subject of intense investigation, as they are the most prevalent oncoprotein in human cancer. In this review, we will focus on the RAS G-protein and introduce a new layer of the regulation by post-translational modifications outside the canonical Switch regions. We will also discuss potential applications for cancer therapy.
[image: Figure 1]FIGURE 1 | Overview of RAS structures and the guanine nucleotide-dependent interactions of G4 and G5 motifs. (A) A schematic diagram of the RAS G-domain. Upper: Multiple sequence alignment of the RAS isotype G4 and G5 motifs and representative RAS superfamily members are shown. Conserved residues are annotated by asterisks. Lower: the secondary structures and topology of RAS. α-helices and β-sheets are shown in rectangle and arrow shape, respectively. Color theme for each G motif (G1: cyan, G2: light green, G3: green, G4: coral pink, G5: magenta) are consistent throughout the figures. (B) Interaction of H-RAS G-motifs with GDP (PDB: 4Q21) with hydrogen bonds. The plots were generated by LigPlot (Wallace et al., 1995) and the modified for clarity. The hydrogen bonds are shown in gray dotted lines with the distance between atoms. For amino acid residues, the main chains are shown in black, and the side chains are shown in green. Each atom is shown in a sphere and colored as follows: carbon, black; oxygen, red; nitrogen, blue; phosphorous, purple; magnesium, lime yellow. (C) The crystal structure of GDP-bound H-RAS (PDB: 4Q21). The hydrogen bonds are shown as dotted lines and Mg2+ ion as a purple sphere. Protein is shown as gray helix and the interacting residues of G4 and G5 motifs with the guanine moiety are shown in licorice representation in the inset. (D) Interactions of Lys117 within the G4 motif (upper panels) and Lys147 within the G5 motif (lower panels) with GDP-bound K-RAS (PDB: 6MBT) (left panels) and GTP-bound K-RAS (PDB: 5VQ2) (right panels). Hydrogen bond interactions are shown as dotted lines. Protein is rendered as cartoon and residues interacting with Lys117 or Lys147 are shown in licorice representation.
THE OVERVIEW OF RAS STRUCTURE AND REGULATION
The Conserved G-Motif Is Required for High-Affinity GTP and GDP Binding of RAS
The core G-domain of RAS superfamily small GTPases consists of a six-stranded β-sheet and five α-helices, which contain five functional motifs, G1-G5 motifs (Figures 1A,C; Wennerberg et al., 2005; Wittinghofer and Vetter, 2011). The G1 motif is also referred to as P-loop or Walker A/phosphate-binding loop. The G2 and G3 motifs contain regions termed Switch I and Switch II (collectively referred to as Switch regions). The P-loop and Switch regions form interactions with the β- and γ-phosphate groups of GTP, GDP and Mg2+. The Switch regions differ in conformation between the GDP-bound “OFF” state to the GTP-bound “ON” state (Kinoshita et al., 1999; Wittinghofer and Vetter, 2011). The GTP-bound “ON” state is considered the active state as it adopts a conformation that leads to increased affinity for downstream effectors (e.g., RAFs, class I PI3Ks), thereby transmitting signals. For example, the affinity of the GTP-bound RAS for RAF1 (CRAF) is approximately 1000-fold higher than that of GDP-bound RAS (Herrmann et al., 1995; Kiel et al., 2009).
The G4 and G5 motifs—the focus of this review—play a critical role in the high-affinity binding of RAS to GTP and GDP through guanine base and ribose recognition (Vetter and Wittinghofer, 2001; Wittinghofer and Vetter, 2011). In fact, the substitution of Lys117 or Asp119 in the G4 motif significantly reduces guanine ligand binding, leading to greatly enhanced guanine nucleotide dissociation (Feig et al., 1986; Denayer et al., 2008; Baker et al., 2013b). In the RAS superfamily, the G4 motif contains an “N-K-X-D” sequence (X denotes any amino acid, 116NKCD119 in human RAS) and is a major determinant of guanine nucleotide specificity. The amino acid residues in the G4 motif are strictly conserved, except for the third position (X). In the structure of the GDP-bound RAS, Lys117 in the G4 motif interacts with Gly13 of the G1 motif and the guanine nucleotide ribose sugar (Figures 1B,D). Since Lys117 and Asp119 are highly conserved residues present in the guanine-specificity region of all guanine-nucleotide-binding proteins, mutations at these residues significantly alter the nucleotide exchange rates. Mutations in Lys117 drastically reduce the nucleotide-binding affinity and influence interactions with P-loop residues. As Asp119 makes a key hydrogen bond interaction with the guanine N1 atom (Figures 1B,D; Pai et al., 1989), mutations in Asp119 will also influence nucleotide binding affinity (Cool et al., 1999). The influence of Asp119 mutations on nucleotide-binding affinity is significantly lower than that of Lys117 mutations. The G5 motif has an “S-A-X” sequence (X denotes any amino acid, 145SAK147 in human RAS), which also interacts with the guanine moiety and is required for selective and high-affinity binding of RAS to guanine nucleotides (Figure 1B). The amino group of Ala146 forms a hydrogen bond with the O6 atom of the guanine ring, and the amino group of Lys147 forms a hydrogen bond with the N2 atom of the guanine ring (Figure 1D; Pai et al., 1989).
RAS Regulation by GEFs and GAPs
In mammalian cells, three families of GEFs and six families of GAPs have been identified that act on RAS (Vigil et al., 2010; Henning et al., 2015; Li et al., 2018; Gray et al., 2020; Stalnecker and Der., 2020). Similarly, there are multiple GEFs and GAPs associated with other RAS superfamily small GTPases (Bos et al., 2007; Cherfils and Zeghouf, 2013). GEFs are regulated by kinase-mediated phosphorylation and interactions with second messengers (e.g., Ca2+, diacylglycerol, cAMP), which is often coupled with changes in subcellular localization (Bos et al., 2007; Vigil et al., 2010; Cherfils and Zeghouf, 2013). In unstimulated cells, RAS exists predominately in the GDP-bound “OFF” state. Once the GEF is activated or co-localized with RAS, the GEF binds to RAS and interferes with the RAS/guanine ligand. This leads to the dissociation of GDP from RAS. As the affinity of RAS to GTP and GDP is similar (Feuerstein et al., 1987; John et al., 1993; Ford et al., 2009), the frequency of RAS activation reflects the intracellular GTP/GDP ratio (5∼80 fold) in mammalian cells (Traut, 1994), to promote the population of RAS in the GTP-bound “ON” state via a stochastic GTP loading (Figure 2A). RAS is deactivated upon hydrolysis of the phosphate bond between the β- and γ-phosphate of GTP. Although the rate of intrinsic GTP hydrolysis activity is slow, RAS GAPs bind to GTP-bound RAS and stimulate GTP hydrolysis. In the structure of RAS GAPs (p120 RASGAP) and NF1-bound RAS, GAP binding stabilizes the active site and provides an arginine finger, which directly interacts with the β- and γ-phosphate of GTP, to greatly enhance the GTP hydrolysis rate of RAS (Figure 2A; Scheffzek et al., 1997; Kötting et al., 2008).
[image: Figure 2]FIGURE 2 | Wild type and oncogenic RAS regulation by GEFs and GAPs. (A) The RAS nucleotide cycling regulated by GEF and GAP. GEFs bind to RAS, inducing conformation changes that reduce the RAS affinity for guanine nucleotide ligands. This leads to the dissociation of GDP and the formation of the nucleotide-free apo-form of RAS from the GDP-bound “OFF” state. Stochastic GTP loading to the apo-form of RAS facilitating the GTP-bound “ON” state, due to the higher GTP/GDP ratios in the cell. GAPs bind to the GTP-bound RAS and increases its intrinsic GTPase activity for GTP hydrolysis. (B) Activation mechanism of oncogenic RAS mutant. Upper: The RAS G12V oncogenic mutant impairs both intrinsic GTPase activity and GAP-dependent GTP hydrolysis. Lower: the RAS K117R mutant maintains intrinsic GTPase activity and GAP-dependent GTP-hydrolysis, but decreases the nucleotide affinity, leading to an increased GTP/GDP exchange.
Oncogenic Mutation Within the G4 and G5 Motifs
In mammalian cells, there are three isotypes of RAS, named H-RAS, K-RAS, and N-RAS. Single point mutations in RAS that promote constitutive RAS activation and tumorigenesis (Bos, 1989; Downward, 2003; Malumbres and Barbacid, 2003; Karnoub and Weinberg, 2008; Pylayeva-Gupta et al., 2011; Ratner and Miller, 2015) and developmental disorders (Tidyman and Rauen, 2009; Rauen, 2013; Borrie et al., 2017; Simanshu et al., 2017) were first identified in the early 1980s (Figure 3; Chang et al., 1982). These were later found to be present in approximately 25% of human cancers (Forbes et al., 2010; Prior et al., 2012; Prior et al., 2020), and over 100 oncogenic mutations have since been identified in human RAS. Among them, the K-RAS G12C oncogenic mutation is present in about 3–14% of cancer patients (Prior et al., 2012; Prior et al., 2020; Nassar et al., 2021) and has been targeted for drug discovery efforts (Ostrem et al., 2013; Lito et al., 2016; Janes et al., 2018; Hallin et al., 2020; Moore et al., 2020). However, the K-RAS G12C inhibitors do not act on other oncogenic mutants as they lack the reactive cysteine at position 12 needed for covalent ligation and inhibition. Thus, further understanding of RAS regulatory mechanisms is critical to developing new therapeutic approaches for targeting RAS-driven cancers and developmental disorders.
[image: Figure 3]FIGURE 3 | A chronicle of RAS-related discoveries highlighted in this review.
Gly12 and Gly13 in the G1 motif and Gln61 in the G3 motif are known as hot spots for RAS oncogenic mutations (Moore et al., 2020; Prior et al., 2020). One common feature of these mutants is that they are impaired in GTP hydrolysis and thus populated in the GTP-bound “ON” state (Figure 2B upper panel) (Gideon et al., 1992). In addition to the impaired GTP hydrolysis, the G13D and Q61L mutants are unique in that they also display enhanced intrinsic guanine nucleotide exchange (Smith et al., 2013). The improvements in sequencing technology in the 2000s have uncovered additional point mutations in the G4 (e.g., K117N) and G5 (e.g., A146T) motifs (Edkins et al., 2006; Denayer et al., 2008; Wójcik et al., 2008; Smith et al., 2010; Gremer et al., 2011; Niihori et al., 2011) that promote RAS activation.
These oncogenic mutations in the G4 and G5 motifs of RAS retain GTP hydrolytic activity but greatly accelerate the guanine nucleotide exchange rate that renders the GTPase less sensitive to GEF-regulation (Denayer et al., 2008; Janakiraman et al., 2010; Figure 2B lower panel). As indicated in the previous section “The Conserved G-Motif is Required for High-Affinity GTP and GDP Binding of RAS,” a subset of amino acids in the G4 and G5 motifs are highly conserved as they directly interact with the guanine ring and are important for the high affinity and specificity of the guanine nucleotide. For example, even conservative mutations, such as K117N, K117R, and K147R, can significantly increase nucleotide exchange rate and populate RAS in the GTP-bound “ON” state (Sasaki et al., 2011; Figure 2B lower panel). X-ray structural analysis indicates that the guanidium group of Arg117 associated with the K-RAS K117R mutant forms an additional interaction with the amide group of Asn85, resulting in destabilization of key nucleotide ligand interactions with the G4 motif (Lys117) and P-loop (Gly13) (Denayer et al., 2008; Figure 1D). These observations suggest that the conserved amino acids in the G4 and G5 motifs are critical for guanine nucleotide-binding—i.e., perturbations in these key residues may promote RAS activation.
Post-translational Modifications Outside the Switch Regions
While missense mutations within the key residues in G4 and G5 motifs can promote RAS activation, post-translational modification (PTM) of these residues is yet another mechanism that can alter guanine nucleotide interactions and RAS activity. PTMs of proteins are key regulatory events in many cellular processes. Eukaryotic cells possess a variety of enzymes responsible for PTMs, such as Ser/Thr/Tyr kinases, methyltransferases, acetyltransferases, and ubiquitin ligases. PTMs by these enzymes are dynamic and, in most cases, reversible. It is well-known that the G-domain and C-terminal region of RAS is regulated by various PTMs (Ahearn et al., 2018). Furthermore, accumulating evidence indicates that RAS undergoes S-nitrosylation of select cysteine residues, as well as acetylation, methylation, and ubiquitylation of lysine residues within the G4 and G5 motifs (Lander et al., 1995; Sasaki et al., 2011; Knyphausen et al., 2016; Yoshino et al., 2019; Figure 3). These PTMs can upregulate RAS activity by increasing the guanine nucleotide exchange rate and/or inhibiting GAP-mediated GTP hydrolysis.
PTM WITHIN THE RAS G4 MOTIF (116NKCD119)
S-Oxidation and S-Nitrosylation of Cys118 in the G4 Motif
Cells are often exposed to various stresses, such as increased reactive oxygen species (ROS). ROS are continuously generated through the mitochondrial electron transport chain, peroxidases, xanthine oxidase, lipoxygenase, NADPH oxidases, and heme-enzyme reactions. ROS can be generated by exogenous stimuli, such as UV and ionizing radiation, ethanol intake, oxidized food, metal ion overload (e.g., Fe and Cu), and smoking. Also, nitric oxide (NO) is generated endogenously by nitric oxide synthases (NOS) and exogenously by nitrogen oxides in air pollution (NOX) (e.g., car exhaust) and nitro compounds (Davies, 2016).
Cysteine is a key amino acid in proteins for maintaining redox balance. Cysteine has a reactive thiol side chain (Cys-SH), which can undergo one- and two-electron oxidation reactions. Also, cysteine can undergo several reversible oxidative modifications, including S-sulfenylation (Cys-SOH), S-nitrosylation (Cys-SNO), and S-glutathionylation (Cys-SSG) (Figure 4A; Paulsen and Carroll, 2013). In addition, some cysteine residues in proteins are more redox-sensitive than others because of changes in the side chain orientation, charge, and altered exposure to ROS, affecting the efficiency of modification. For example, PTEN, a lipid phosphatase that antagonizes class I PI3K signaling by dephosphorylation of PI(3,4,5)P3, has a redox-sensitive cysteine residue in its catalytic center, which undergoes S-sulfenylation, leading to PTEN inactivation and increased class I PI3K signaling (Lee et al., 2002; Leslie et al., 2003; Zhang et al., 2017). The RAS GTPases are also regulated by cysteine oxidation, with the history of the RAS cysteine oxidation research tracked back to 1995 (Figure 3).
[image: Figure 4]FIGURE 4 | A schematic diagram of the post-translational modifications of cysteine and lysine side chains. (A) The sulfur atom of cysteine side chain can undergo several oxidative modifications, including those shown in the red box. S-nitrosylation can be generated upon reaction with nitric oxide (NO). Upon the reaction with reactive oxygen species (ROS), the sulfur atom of cysteine side chain can undergo S-sulfenylation, and further oxidation to S-sulfinic and S-sulfonic states. The cysteine side chain can also form mixed disulfides, including reaction with glutathione (GSH) to undergo reversible S-glutathionylation. (B) The ε-amino group of lysine side chain can undergo several modifications as shown in the red box. The portion of modified lysine side chains is shown as “R-NH”. Ubiquitylation is mediated by ubiquitin E3 ligase, while deubiquitylation is mediated by deubiquitylases. Lysine acetyltransferases use acetyl-CoA as the acetyl-donor for lysine acetylation, which can be reversed by acetylated lysine deacetylases. Lysine methyltransferases use S-adenosylmethionine as a methyl donor for lysine methylation, which is reversed by methylated lysine demethylase, coproducing formaldehyde.
Novogrodsky’s group at the Tel Aviv University found that treatment of RAS with a variety of oxidative reagents, including hydrogen peroxide (H2O2), hemin, Hg2+, and NO, increases cellular RAS activity (Lander et al., 1995). Further, Cys118 was identified as the primary S-nitrosylation site in H-RAS. Cys118 is the most exposed solvent-accessible cysteine amongst three cysteine residues within the G-domain (Lander et al., 1996). Biochemical and structural studies of Cys118-nitrosylated H-RAS and a redox insensitive H-RAS variant (C118S) revealed that neither nitrosylation at this solvent-exposed site or mutation perturbs RAS structure, nucleotide cycling, or association with the RAS binding domain of CRAF (Mott et al., 1997; Williams et al., 2003). Subsequent functional analysis revealed that treatment with S-nitrosocysteine (CysNO), an NO donor, increases the GDP dissociation rate by ∼200-fold, resulting in the increased guanine nucleotide exchange rate, in the absence of a GEF (Williams et al., 2003; Heo and Campbell, 2004; Heo et al., 2005; Figure 5). Biochemical analysis revealed that various oxidants (e.g., superoxide, CysNO), but not H2O2, which produce a Cys118 thiol radical intermediate, can cause oxidation of the guanine nucleotide and destabilize guanine nucleotide-binding (Heo and Campbell, 2005), leading to enhanced guanine nucleotide exchange.
[image: Figure 5]FIGURE 5 | A schematic diagram highlighting the role of G4 and G5 post-translational modifications in RAS activation. Monoubiquitylation of RAS at Lys117, as well as S-nitrosylation of RAS at Cys118, increases GDP dissociation, leading to an increased GTP/GDP exchange rate. In contrast, monoubiquitylation of RAS at Lys147 impedes GAP-mediated GTP hydrolysis, which populates the active RAS GTP-bound “ON” state.
Conservation of Cys118 Within RAS Superfamily Members
About 20% of small GTPases possess a cysteine residue at the position equivalent to Cys118 in the RAS superfamily. Within the RAS and RAB sub-classes, 25 and 30% of these retain the Cys118 (RAS isotypes numbering) (Figure 6; Wennerberg et al., 2005), respectively. Similar to H-RAS, a RAS sub-class member RAP1A and a RAB sub-class member RAB3 undergo cysteine S-nitrosylation at the cysteine residue in the G4 motif, leading to enhanced guanine nucleotide exchange resulting in elevated RAS activity (Heo and Campbell, 2005; Heo et al., 2005). Thus, the role of Cys118 oxidation in regulation of GTPase activity appears to be conserved in several RAS and RAB sub-class GTPases, and possibly in the other small GTPases with the cysteine residue equivalent to RAS Cys118 (Raines et al., 2007; Lim et al., 2008; Davis et al., 2011; Mitchell et al., 2013).
[image: Figure 6]FIGURE 6 | The conservation of amino acids within the G4 and G5 motifs. Sequence alignment performed using Clustal Omega (https://www.ebi.ac.uk/Tools/msa/clustalo/). The amino acid sequence logo for the G4 and G5 motifs was created using WebLogo (https://weblogo.berkeley.edu/logo.cgi).
Ubiquitylation of Lys117 in G4 Motif
Lysine is a positively charged amino acid containing a long aliphatic sidechain and can undergo several post-translational modifications, such as acetylation, methylation, and ubiquitylation (Figure 4B). Ubiquitylation is a large lysine PTM, in which the 76 amino acid residue protein ubiquitin is conjugated to the ε-amine of the lysine residue in the target protein through an isopeptide bond formation to its carboxyl group of C-terminal glycine. The conjugated ubiquitin can be further polyubiquitylated. Lys48-linked polyubiquitylation induces proteasome-dependent protein degradation (Heride et al., 2014). This process typically requires four or more polyubiquitin chains (Thrower et al., 2000; Miller and Gordon, 2005). Protein monoubiquitylation, on the other hand, does not promote protein degradation but regulates other cell functions such as endocytic trafficking (Haglund et al., 2003; Mosesson et al., 2003) and DNA damage response (Uckelmann and Sixma, 2017).
In 2011, RAS was identified as a target for monoubiquitylation (Figure 3; Sasaki et al., 2011). Cell biology experiments conducted in HEK293T cells determined that both H- and K-RAS are targets for monoubiquitylation. Monoubiquitylation of H- and K-RAS appeared to promote RAS activation, as the ubiquitylated RAS were more populated in GTP-bound “ON” state and showed enhanced association with RAS effectors compared to the non-modified RAS. These findings suggest that the monoubiquitylation of RAS is linked to RAS activation (Sasaki et al., 2011). Tandem affinity purification of ubiquitylated H- and K-RAS4B (hereafter K-RAS) followed by mass spectrometry analysis identified Lys117 and Lys147 as major sites for monoubiquitylation, respectively. NMR analysis and cell biology experiments showed that monoubiquitylation of Lys117 stimulates nucleotide exchange in the absence of RAS GEF and thereby induces GTP loading and RAS activation (Baker et al., 2013b; Figure 5).
Conservation of Lys117 Within RAS Superfamily Members
The lysine residue within the “N-K-X-D” G4 motif is highly conserved within the RAS superfamily (Figure 6). Within the RAS, RAB, and ARF sub-classes, almost all of these retain Lys117 (RAS isotypes numbering), while a few exceptions exist within the RHO sub-class GTPases (e.g., CDC42, TCL, RHOH) (Wennerberg et al., 2005). Furthermore, the lysine residue within the G4 motif is also highly conserved within the other G-protein families (Dever et al., 1987). Hence, it is considered that the GEF-independent activation via Lys117 monoubiquitylation may be a fundamental mechanism to regulate the activity of small GTPases and perhaps the other G-proteins as well.
PTM WITHIN RAS G5 MOTIF (145SAK147)
Ubiquitylation of RAS Lys147 in the G5 Motif
Lys147 monoubiquitylation upregulates RAS activity in a manner distinct from Lys117 monoubiquitylation (Figure 5). Lys147 lies outside the Switch regions (Figures 1A,C). Using ubiquitin-conjugated K-RAS, our group discovered that Lys147 monoubiquitylation alters conformational dynamics of the Switch I and II regions and interferes with association of and downregulation by RAS GAPs while slightly altering GEF-dependent GDP/GTP exchange (Baker et al., 2013a; Figure 5). Biochemical, NMR, and computational analyses indicated that ubiquitin makes dynamic non-specific contacts with RAS, yet since the modification is large (∼8 kDa), it alters the conformation of Switch regions and dynamics of RAS structure (Baker et al., 2013a; Hobbs et al., 2013). This, in turn, alters recognition by GAP and effector proteins. In particular, the Lys147 monoubiquitylation enhances the association with the specific K-RAS effectors: CRAF, BRAF, and class I PI3K in HEK293T cells, while binding affinity appears unaffected with other effectors, such as phospholipase C (PLC) and calmodulin. These findings revealed a new function for ubiquitylation in modulating signaling through specific downstream pathways (Sasaki et al., 2011). While Lys147 monoubiquitylation of GDP-bound K-RAS significantly enhances the affinity to CRAF (more than 40-fold), monoubiquitylated GTP-bound K-RAS shows attenuated binding affinity for the RAS binding domain of certain RAS effectors (CRAF, RALGDS, and PI3Ks) (Thurman et al., 2017). These results suggest that monoubiquitylation in K-RAS Lys147 facilitates RAF association and promotes signaling in a GTP-independent manner. Also, further analysis showed that the linker length (at least seven to eight residues) and protein ligation size of ubiquitin are critical for the GAP defect (Hobbs et al., 2013).
Consistent with these results, cell biological analysis indicated that Lys147 monoubiquitylation promotes GTP loading of K-RAS. In mouse xenograft assays, a K-RAS G12V/K147L double mutant that cannot be ubiquitylated showed significantly decreased tumor mass and volume, compared to oncogenic K-RAS G12V expressing isogenic control cells, suggesting a critical role of Lys147 monoubiquitylation, or possibly through other modifications (e.g., acetylation, methylation), in tumor progression (Sasaki et al., 2011).
Acetylation of RAS Lys147 in the G5 Motif
Lysine acetylation is a prevalent post-translational modification in eukaryotes and bacteria, and is mediated by the transfer of an acetyl CoA acetyl group by a cognate lysine acetyltransferase (Ali et al., 2018; Nakayasu et al., 2017). Acetylation of lysine decreases the overall positive charge of lysine residues and can create a docking site for other proteins (Figure 4B). Beyond its well-characterized role in regulating gene transcription through histone modification, lysine acetylation regulates diverse cellular processes through non-histone proteins (Ali et al., 2018).
Recent studies have shown that Lys147 in K-RAS also undergoes acetylation (Knyphausen et al., 2016; Song et al., 2016). The K-RAS K147Q mutation, which was generated to mimic Lys147-acetylation, increased the rate of guanine nucleotide exchange approximately three-fold higher than wild-type K-RAS (Song et al., 2016), which implies that acetylation of Lys147 in K-RAS may be involved in regulating guanine nucleotide exchange. However, the K147Q mutant may not mimic lysine acetylation as substitution of Lys147 with glutamine may disrupt a key interaction(s) important for guanine nucleotide-binding. Indeed, it has been shown that Lys147 acetylation did not affect the intrinsic and the GEF-dependent guanine nucleotide exchange (Knyphausen et al., 2016). Further studies are warranted to define the role of Lys147 acetylation in K-RAS functions.
Methylation of RAS Lys147 in the G5 Motif
Protein methylation also occurs on side chain nitrogen atoms of lysine, arginine, and histidine residues. In contrast to the long-studied lysine acetylation, the roles of lysine-methylations beyond chromatin regulation are less well characterized, despite its earlier discovery in Salmonella typhimurium flagellin protein in 1959 (Ambler and Rees, 1959). Lysine modifications are more diverse than acetylation and can involve the transfer of one, two, or three methyl groups to the ε-amine of a lysine side chain through the conjugation of a methyl group from S-adenosyl methionine (SAM) by a lysine methyltransferase (Figure 4B). Unlike ubiquitylation and acetylation, lysine methylation maintains its overall positive charge. It is thus believed that the major function of lysine methylation is to provide a docking site for the proteins that recognize and bind methylated lysine (e.g., MBT and Tudor domains) (Lanouette et al., 2014; Teske and Hadden, 2017).
In 2019, mass spectrometry analysis of the immunoprecipitated endogenous RAS identified dimethylation at Lys5, adjacent to the G1 motif, as well as monomethylation at Lys147 in H-RAS (Figure 3) (Yoshino et al., 2019). While it is currently unclear whether Lys5 dimethylation is specific for all RAS isotypes, Lys147 is unique to the H-RAS. Given that substitutions at Lys147 to alanine, cysteine, or leucine do not significantly alter RAS activity (Sasaki et al., 2011; Baker et al., 2013a), it has been speculated that methylation of Lys147 does not alter RAS structure and that methylation of Lys147 may affect the H-RAS function by creating a docking site or blocking other PTMs. It is worth noting that methylation can prevent protein degradation by antagonizing ubiquitylation at the same targeted lysine residue (Lanouette et al., 2014); in yeast, 43% of methylated lysine residues are predicted to undergo ubiquitylation as well (Pang et al., 2010). Given that Lys147 in K-RAS undergoes monoubiquitylation, Lys147 methylation may negatively regulate RAS activation and monoubiquitylation-mediated effector switching.
Conservation of Lys147 Within RAS Superfamily Members
The lysine residue within the “S-A-K” G5 motif is conserved in about 45% of RAS superfamily members (Figure 6; Wennerberg et al., 2005). The adjacent serine and alanine residues within the G5 motif are also highly conserved in each sub-class (Figure 6). Thus, the PTM of Lys147 (RAS isotypes numbering) may not be limited to RAS but present in other RAS superfamily GTPases. The G5 motif within some of the RHO, RAB, and ARF sub-classes contain “S-A-L,” “S-A-T,” “C-A-L,” and “C-A-T” sequences (Figure 6), and may undergo different PTMs within the G5 motif (e.g., phosphorylation at threonine residue of “S-A-T” motif and S-oxidation or S-nitrosylation at cysteine residue of “C-A-L” motif). Of note, the G5 motif is absent in several other G-proteins (e.g., heterotrimeric G-proteins and elongation factors). Whether the diverse sequences associated with the G5 motif in comparison to the more conserved G4 motif contribute to the functional difference of these RAS sub-classes remains unknown.
POTENTIAL THERAPEUTIC APPLICATION
Oncogenic RAS Specific Inhibitors
Although RAS has been considered “undruggable” (Gysin et al., 2011; Samatar and Poulikakos, 2014; Stephen et al., 2014; Papke and Der, 2017; Welsch et al., 2017), recent discoveries identified covalent inhibitors that target Cys12 which is the reactive cysteine within the K-RAS G12C oncogenic mutant by designed peptide mimetics (Ostrem et al., 2013; Yoo et al., 2020). These inhibitors are shown to suppress tumor progression (Lito et al., 2016; Janes et al., 2018). Recently, Sotorasib, a K-RAS G12C inhibitor, has been granted accelerated approval by the Food and Drug Administration (FDA) (Canon et al., 2019; Hong et al., 2020) for the treatment of non-small-cell lung cancer (NSCLC). In addition, other K-RAS G12C inhibitors are now in multiple clinical trials, including phase II and phase III studies (Clinical Trial number: NCT04613596; NCT04685135; NCT04793958; NCT04449874; NCT04699188) (Hallin et al., 2020). While most K-RAS mutations occur at codon 12 (e.g., G12V, G12D), G12C is only one of the mutations that can lead to oncogenic RAS activation at this position. Hence, there is a need to develop therapeutics effective for other RAS mutant-driven cancers.
Targeting the Enzymes Responsible for RAS PTMs
Given that the post-translational modifications identified in the G4 and G5 motifs are mediated by enzymes, we postulate that further mechanistic understanding of RAS regulation by PTMs of G4 and G5 motifs may unveil new approaches to suppress the RAS oncogenic activity that targets these modification enzymes (Figure 7). While the enzymes involved in RAS methylation remain unclear, several enzymes for RAS ubiquitylation and acetylation have been identified. Lysine deacetylases, HDAC6 and SIRT2, are suggested to negatively regulate K-RAS acetylation in cancer cells (Yang et al., 2013; Knyphausen et al., 2016). RABEX5, an E3 Ubiquitin ligase, catalyzes mono- and di-ubiquitylation of H- and N-RAS, but not K-RAS, which downregulates RAS activity (Xu et al., 2010; Yan et al., 2010; Washington et al., 2020). The ubiquitylation site(s) by RABEX5 remains unclear. A deubiquitinase OTUB1 has been identified as a negative regulator of RAS through a mammalian protein-protein interaction screening using H-RAS G12V mutant as the bait (Baietti et al., 2016). As Lys117 or Lys147 ubiquitylation upregulates RAS activity, it is unlikely that RABEX5 and OTUB1 modulate ubiquitylation of either Lys 117 or Lys147 in the G4 and G5 motifs. Hence, further studies exploring enzymes responsible for RAS ubiquitylation are required.
[image: Figure 7]FIGURE 7 | A RAS activation model by monoubiquitylation at Lys117 and Lys147. For RAS Lys117 ubiquitylation, a current working model is that Lys117 monoubiquitylation increase GTP-bound RAS by increased GTP/GDP exchange. The Lys147 monoubiquitylation inhibits the RAS GAP binding to RAS, which leads to the increased GTP-bound RAS. Hence, targeting the E3 ligase responsible for Lys117 and/or Lys147 monoubiquitylation is expected to suppress the RAS activation and possibly decrease tumorigenic activity or progression of cancer.
A promising new strategy to antagonize aberrant RAS signaling involves RAS degradation through ubiquitylation. These proteolysis-targeting chimera (PROTAC) approaches have proven to be an effective strategy for inhibiting specific protein targets (Churcher, 2017; Coleman and Crews, 2018). PROTACs induce proteolysis of a target protein by linking a target protein to the specific E3 ubiquitin ligase via a chemical tag (Khan et al., 2020). Importantly, PROTACs specifically targeting K-RAS or the K-RAS G12C mutant have recently been developed (Bery et al., 2020; Bond et al., 2020). Identifying RAS E3 ligases could aid in the application of PROTAC approaches for therapeutic inhibition of RAS as RAS-specific ligases may facilitate spatial/temporal localization needed for efficient RAS degradation. Clarifying which enzymes are responsible for RAS acetylation and methylation may provide another indirect way to suppress RAS activity by modulating these PTMs.
CONCLUDING REMARKS
Post-translational modifications contribute to the diversification of protein function as well as the robustness to intra- and extracellular stress for maintaining cellular functions. Among the many post-translational modifications, S-oxygenation, S-nitrosylation, monoubiquitylation, acetylation, and methylation described in this review reflect reversible modifications that can modulate the function of RAS proteins. Divergent mechanisms involved in RAS activation through PTMs of the G4 and G5 motifs are likely to enable RAS to function at the distinctive subcellular localization, timing, and kinetics, apart from the canonical RAS regulatory pathway by GEFs and GAPs. Thus, RAS PTMs may play an important role in developing a new therapeutic approach for RAS-driven cancers. One of the next important steps will be to identify enzymes responsible for RAS PTMs as well as to clarify the physiological significance of these modifications in developmental processes, homeostasis, and disease states. PTMs associated with RAS G4 and G5 motifs may represent novel “Achille’s heels” for new anti-RAS approaches. Further understanding of these mechanisms might shed light on the development of effective therapeutic approaches.
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Recently, the highly mutated oncoprotein K-Ras4B (hereafter K-Ras) was shown to drive cancer cell stemness in conjunction with calmodulin (CaM). We previously showed that the covalent CaM inhibitor ophiobolin A (OphA) can potently inhibit K-Ras stemness activity. However, OphA, a fungus-derived natural product, exhibits an unspecific, broad toxicity across all phyla. Here we identified a less toxic, functional analog of OphA that can efficiently inactivate CaM by covalent inhibition. We analyzed a small series of benzazulenones, which bear some structural similarity to OphA and can be synthesized in only six steps. We identified the formyl aminobenzazulenone 1, here named Calmirasone1, as a novel and potent covalent CaM inhibitor. Calmirasone1 has a 4-fold increased affinity for CaM as compared to OphA and was active against K-Ras in cells within minutes, as compared to hours required by OphA. Calmirasone1 displayed a 2.5–4.5-fold higher selectivity for KRAS over BRAF mutant 3D spheroid growth than OphA, suggesting improved relative on-target activity. Importantly, Calmirasone1 has a 40–260-fold lower unspecific toxic effect on HRAS mutant cells, while it reaches almost 50% of the activity of novel K-RasG12C specific inhibitors in 3D spheroid assays. Our results suggest that Calmirasone1 can serve as a new tool compound to further investigate the cancer cell biology of the K-Ras and CaM associated stemness activities.
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INTRODUCTION

Calmodulin (CaM) is a small (17 kDa) dumbbell-shaped signaling adapter, with hundreds of protein interactions and widespread functions in cellular signaling (Tidow and Nissen, 2013). Its two N- and C-terminal lobes each contain two EF-hands that can coordinate altogether four Ca2+ ions. Ca2+/CaM classically recognizes with high, nanomolar affinity approximately 20-residue long peptides with bulky hydrophobic and basic residues that become encased in the hydrophobic pocket formed by the two lobes. This leads to a significant conformational change of CaM with loss of the central helical structure (Tidow and Nissen, 2013). Non-canonical CaM binders typically possess a polybasic N- or C-terminus with a single lipid modification, which can bind to either or both of the hydrophobic pockets on the N- and C-lobes (Grant et al., 2020b).

CaM has been pursued as a cancer drug target in the 1980s due to its significant role in activating CDKs in the cell cycle (Hait and Lazo, 1986). CaM levels increase during the cell cycle, peaking at G2/M, with a drop-off thereafter (Berchtold and Villalobo, 2014). In addition, CaM seems to be indirectly important for the activation of CDKs that are active in G1 (Taules et al., 1998). CaM distribution is furthermore tightly associated with cell division, as it co-distributes with major structures of the mitotic machinery, such as the central spindle, centrosomes, and the cleavage furrow (Li et al., 1999; Yu et al., 2004). In line with this, CaM inhibitors have been demonstrated to block tumor growth, such as, for example, in multiple myeloma cell line xenografts (Yokokura et al., 2014).

Several non-covalent CaM inhibitors have been developed including the frequently used calmidazolium (Sunagawa et al., 1999) and the highly water-soluble and cell-penetrating naphthalenesulfonamides, such as W-7 (Hidaka et al., 1981; Sengupta et al., 2007). However, the latter can also inhibit CaM targets, such as Ca2+/CaM-dependent cyclic nucleotide phosphodiesterase at concentrations > 100 μM (Itoh and Hidaka, 1984; Zimmer and Hofmann, 1984).

Ophiobolin A (OphA) is a potent, covalent CaM inhibitor (Leung et al., 1984). It is a naturally occurring fungal 5-8-5 tricyclic sesterterpene metabolite with broad toxicity against plants, microbes, and cancer cells (Au et al., 2000). It forms an irreversible covalent adduct via C5, C21-dicarbonyl functionalities after intermediate Schiff base formation with Lys 75 or Lys 77 and Lys 148 of CaM (Supplementary Scheme 1). Thus, OphA can react with CaM at a 2:1 ratio, similar to covalent phenothiazine derivatives, which also react with the same lysines (Faust et al., 1987). Despite its potency against CaM, OphA appears to have several other targets, such as phosphatidylethanolamine (Chidley et al., 2016). Together with its broad toxicity across most phyla, this suggests a problematic toxicity spectrum of OphA.

We previously identified OphA as a K-Ras4B (hereafter K-Ras) but not an H-Ras selective inhibitor (Najumudeen et al., 2016). OphA disrupts membrane organization of K-Ras in a CaM-dependent manner and blocked the growth of cancer stem cell enriched spheroids derived from breast cancer cell lines. Up to two K-Ras proteins can directly bind to the two lobes of Ca2+/CaM (Agamasu et al., 2019; Grant et al., 2020a). Interestingly, K-Ras has a higher affinity to the C-terminal lobe (KD = 0.5 μM) than to the N-terminal lobe (KD = 4 μM). Complementary to this, the C-terminal lobe of CaM binds Ca2+ with higher affinity compared to the N-terminal lobe (Teleman et al., 1986). This affinity constellation may underpin a Ca2+-mediated K-Ras release mechanism. Binding of K-Ras is nucleotide-independent but dependent on the farnesylated C-terminus, while also geranylgeranylation mediates binding albeit with an almost 10-fold lower affinity (Wu et al., 2011; Agamasu et al., 2019; Grant et al., 2020a). In addition, basic residues of the hypervariable region of K-Ras may contribute to the interaction; however, interaction with the prenyl moiety provides the core affinity (Jang et al., 2019; Grant et al., 2020a). In contrast to these more recently established binding determinants, a preference of CaM binding to GTP-K-Ras was previously observed (Villalonga et al., 2001; Abraham et al., 2009).

Experimental data show that palmitoylated Ras isoforms do not interact with CaM (Villalonga et al., 2001) probably because the palmitoyl-moiety would hinder binding to CaM sterically. Thus, its client selectivity could resemble that of PDE6D (PDEδ), a trafficking chaperone that is important for K-Ras plasma membrane localization (Chandra et al., 2011). Indeed, evidence suggests that Ca2+/CaM can act as a trafficking chaperone for K-Ras (Fivaz and Meyer, 2005; Grant et al., 2020a), which at high concentration could sequester K-Ras from the membrane as it binds with a lower affinity (KD = 4 μM) to nanodiscs than to Ca2+/CaM (Gillette et al., 2015). Given that Ca2+/CaM has a different K-Ras affinity, release mechanism, cellular distribution, and probably client spectrum than PDE6D, it can be expected that these proteins have overlapping, yet non-redundant chaperone functions. The interaction of CaM with K-Ras is inhibited by the phosphorylation of Ser181 in the C-terminus of K-Ras, while vice versa CaM binding prevents phosphorylation (Alvarez-Moya et al., 2010). Intriguingly, the phosphomimetic S181D has a reduced stemness potential (Wang et al., 2015b). Consistently, the atypical PKC agonist prostratin reduced the growth in several murine tumor models, including pancreatic cancer cell line derived xenografts (Wang et al., 2015b).

Thus, a novel rationale for the development of CaM inhibitors has emerged, which is tied to the K-Ras-dependent induction of cancer cell stemness. While this K-Ras and cancer stemness association may rekindle CaM inhibitor drug development, further dissection of the molecular mechanism is hampered by the fact that three transcribed copies of CaM genes exist (CALM1-3) in the human genome (Toutenhoofd and Strehler, 2000). CaM cell biology is therefore difficult to dissect genetically.

Here we describe the identification of the formyl aminobenzazulenone 1, later named Calmirasone1, as a novel, covalent CaM inhibitor. The compound is synthetically readily accessible in a six-step synthesis from commercially available guaiazulene. Its higher CaM affinity, fast K-Ras directed cellular activity, and > 40-fold reduced unspecific cell toxicity as compared to OphA allow the utilization of Calmirasone1 in acute cell biological experiments.



RESULTS


Phenotypic Assessment of Amino Benzazulenones vs. Ophiobolin A

OphA is a potent CaM inhibitor that covalently inactivates its target. We previously showed that it selectively inhibits the functional membrane organization of oncogenic K-Ras. This enabled the inhibition of cancer stem cell features by an as yet not fully defined cellular mechanism (Najumudeen et al., 2016). However, the broad toxicity of OphA limits its application (Chidley et al., 2016).

In order to identify a less toxic functional analog of OphA for application in cell biological studies, we chose the azulene-derived aromatic benzazulen-3-one scaffold, which is distantly related to the non-aromatic 5-8-5 tricyclic ring framework of OphA. This choice was based only on the chemical similarity, and no additional compound-design or -screening efforts were made. We prepared two series of synthetically easily accessible compounds, formylated and matching non-formylated aminobenzazulenones, containing two or one electrophilic functionality for covalent binding (Scheme 1). The ortho-quinone methide electrophile is part of the ring structure and was shown to react readily with primary amines in a nucleophilic aromatic substitution reaction (Kiriazis et al., 2017; Supplementary Data 1); however, other nucleophiles could also react with it. In addition, formyl aminobenzazulenones can undergo a typical Schiff base reaction with amines via their C1-formyl, similar to OphA.
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SCHEME 1. Structures of OphA and the synthetic formyl aminobenzazulenones (1–7) and matching aminobenzazulenones (8–14).


Given that toxicity was the major obstacle to overcome, we first characterized the effects of the compounds in phenotypic assays. Clonogenic growth of breast cancer cell derived 3D tumor spheroids under low adherent conditions is a well-established assay for cancer stem cell properties (Dontu et al., 2003). We were interested in compounds with high K-Ras selectivity in 3D spheroid assays, but low general toxicity in 2D proliferation assays. Consistent with their Ras mutation status, MDA-MB-231 (K-RasG13D) and Hs 578T (H-RasG12D) spheroids were selectively sensitive to KRAS and HRAS knockdown, respectively (Supplementary Figures 1A–D), as shown previously (Siddiqui et al., 2020).

Compounds showed varying potencies in 3D spheroids with IC50 values between 12 and > 40 μM in MDA-MB-231, and 5.2 and > 40 μM in Hs 578T, as compared to 0.3 and 1.8 μM, respectively, for OphA (Table 1 and Supplementary Figures 1E–H). In order to have a more robust descriptor of the compound effect on the clonogenic sphere forming ability of these cells, we used the drug sensitivity score, DSS3, which is a normalized area under the dose-response curve value with superior accuracy over IC50 determination (Figures 1A,B; Yadav et al., 2014). Thus, it became clear that some compounds had a selectivity for the KRAS-dependent MDA-MB-231 spheroids that was similar to or better than that of OphA.


TABLE 1. IC50 values of benzazulenones tested on 3D tumorosphere assay.
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FIGURE 1. Phenotypic assessment of anticlonogenic and cytotoxic activities of compounds. (A,B) A higher DSS3 reflects a more potent effect of formyl aminobenzazulenones (A) and aminobenzazulenones (B) tested at a concentration range of 0.6–40 μM on KRAS-mutant MDA-MB-231 and HRAS-mutant Hs 578T 3D spheroid formation in low attachment condition without serum. Data represent mean values ± SD, n ≥ 3. Numbers above the bars indicate the KRAS/HRAS mutant cell line DSS3 ratios. (C,D) The relative toxicity of formyl aminobenzazulenones (C) and aminobenzazulenones (D) was assessed in the CellTox Green assay. Cells were grown as 2D adherent monolayers overnight and then treated for 72 h with 1 μM OphA or 10 μM of the indicated benzazulenones. Data represent mean values ± SD, n ≥ 2. The statistical significance levels are annotated as *p < 0.05; **p < 0.01; ****p < 0.0001, or ns, not significant.


Next we compared the general cytotoxicity (Figures 1C,D) and antiproliferative activity in cells grown in 2D at 10 μM compound concentration (Supplementary Figures 1I,J). Higher toxicities and antiproliferative effects with selectivity for MDA-MB-231 were generally observed for the formyl aminobenzazulenones. However, none of the compounds tested at 10 μM was as non-specifically toxic as OphA at only 1 μM against HRAS-dependent Hs 578T cells.



Several Benzazulenones Have a Higher Affinity to CaM Than OphA

High affinity to the target typically reduces off-target toxicities (Bedard et al., 2020). We therefore next determined the in vitro affinity of the 14 compounds to the intended target CaM using a fluorescence polarization assay previously developed by us (Manoharan et al., 2019). This assay measures the displacement of a fluorescein-labeled CaM-binding peptide, here derived from plasma membrane calcium-ATPase (PMCA), from purchased CaM by the inhibitors (Table 2 and Supplementary Figures 2A,B).


TABLE 2. CaM-binding affinity of compounds after 24-h incubation.

[image: Table 2]Compounds 2 and 3 showed the highest affinity (15-fold higher affinity than OphA) and 1 being third best (fourfold higher affinity) after 24-h incubation. The fact that OphA had a significantly higher cytotoxic and antiproliferative activity (Figures 1C,D and Supplementary Figures 1I,J), despite lower affinity than six of the compounds, confirms its problematic off-target toxicity (Chidley et al., 2016).

Based on these in vitro and the phenotypic data, we calculated a customized composite drug activity score to select compounds with most favorable properties in each series, i.e., high overall activity in the 3D spheroid assay, high MDA-MB-231 KRAS-mutant cell line selectivity in 3D spheroid assays, low relative 2D growth toxicity against Hs 578T cells relatively to MDA-MB-231, and high affinity (Supplementary Figures 2E,F). Thus, we selected 1, 2, 3, 8, 9, and 11 for further analysis.

Of note, the binding affinity of OphA increased over several hours, consistent with the slow covalent Schiff base bond formation and the additional pyrrole adduct formation (Figures 2A,B and Supplementary Scheme 1). By contrast, most benzazulenones immediately showed high IC50 ranging from submicromolar to tens of micromolar.
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FIGURE 2. Benzazulenones have higher IC50 with less change over time as compared to OphA. Change of effective CaM-binding affinity over time of OphA and formyl aminobenzazulenones (A) and aminobenzazulenones (B) as measured in the fluorescence polarization assay using F-PMCA peptide as the fluorescent probe. Data represent mean values ± SD, n = 2. Binding curves are plotted in Supplementary Figures 2A,B. Derived rate analysis plots are in Supplementary Figures 2G,H.


The potency and selectivity of covalent inhibitors are governed by two parameters, namely Ki, the dissociation constant of the initial non-covalent complex, and k2, the rate of subsequent covalent bond formation (Singh et al., 2011). The latter cannot be too high to avoid non-specific reactivity. Analysis of the reactivity of the top six compounds revealed that formyl aminobenzazulenonens had lower Ki as compared to non-formylated compounds, suggesting that the formyl moiety increases the non-covalent affinity component (Table 3 and Supplementary Figures 2G,H). This is inconsistent with the hydrophobic binding sites on CaM. However, k2 increased for 1 and 2, as well as 8 and 9, with both 2 and 9 having a covalent bond rate constant as high as that of OphA, which also showed an intermediate Ki value.


TABLE 3. Analysis of Ki and k2 and the second-order rate constant k2/Ki from data plotted in Figure 2 and processed as described.
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Cellular BRET Experiments Confirm K-Ras Selectivity of Top Compound 1

Ras proteins are tightly packed into proteo-lipid membrane signaling complexes called nanoclusters (Abankwa et al., 2007). Fluorescent tagging of Ras proteins with a pair of FRET-enabling fluorophores thus leads to the emergence of nanoclustering-dependent FRET. Loss of this FRET signal reports, however, not only on the loss of nanoclustering but also on any upstream processes, i.e., proper Ras plasma membrane trafficking or lipid modifications (Kohnke et al., 2012).

Here we established an analogous nanoclustering-BRET assay by tagging RasG12V proteins with Rluc8, enabling donor emission, and GFP2 as an acceptor. As expected, treatment with mevastatin, which blocks prenyl synthesis, reduced nanoclustering-BRET of both Ras isoforms fairly indiscriminately, while treatment with a farnesyl transferase inhibitor (FTI-277) selectively (1.4-fold) decreased H-Ras nanoclustering-BRET (Figures 3A,B), due to the alternative prenylation of K-Ras, as described before (Kohnke et al., 2012).
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FIGURE 3. Nanoclustering-BRET assays confirm K-Ras selectivity and fast intracellular activity of compound 1 in cells. (A,B) Testing of top six benzazulenones at 20 μM and 24-h exposure in K-RasG12V (A) and H-RasG12V (B) nanoclustering-BRET assays. Controls are FTI-277 (1 μM), OphA (2.5 μM), mevastatin (10 μM), calmidazolium (20 μM), and prostratin (10 μM). The acceptor/donor (A/D) plasmid ratio of GFP2- and Rluc8-tagged RasG12V was 4/1. Data represent mean values ± SD, n = 3. (C) BRET-DSS3 values for selected six benzazulenones and OphA, derived from dose response analysis of benzazulenones (0.1–80 μM) and OphA (0.3–20 μM) on K-RasG12V and H-RasG12V nanoclustering-BRET data (Supplementary Figures 3A,B). Numbers above the bars indicate the K-RasG12V/H-RasG12V BRET-DSS3 ratios. The A/D plasmid ratio was 4/1. Data represent mean values ± SD, n ≥ 3. (D) K-RasG12V and (E) H-RasG12V nanoclustering-BRET donor saturation titration curves showing the effect of OphA (2.5 μM), 1 (20 μM), and vehicle control. Data represent mean values ± SD, n = 2. Note that error bars are very small and may not be recognizable. BRETmax data represent mean values ± SD, n = 2. (F) Time-dependent change of K-RasG12V nanoclustering-BRET signal after treatment with 1 (50 μM), OphA (10 μM), mevastatin (10 μM), trifluoperazine (20 μM), and calmidazolium (20 μM). The A/D plasmid ratio was 4/1. Data represent mean values ± SD, n ≥ 2. The statistical significance levels are annotated as *p < 0.05; **p < 0.01; ***p < 0.001; ****p < 0.0001, or ns, not significant.


The inhibition of the trafficking chaperone PDE6D, which facilitates plasma membrane trafficking, in particular of K-Ras, decreases selectively K-Ras nanoclustering-FRET (Siddiqui et al., 2020). In agreement with CaM acting as a trafficking chaperone that can likewise promote forward trafficking to the plasma membrane, we observed a K-Ras selective reduction of nanoclustering-BRET after CaM inhibition with calmidazolium (1.5-fold) and OphA (1.2-fold). The atypical PKC agonist prostratin, which would stimulate K-Ras-Ser181 phosphorylation and thus block CaM binding, had a similar selectivity (1.5-fold) as the CaM inhibitors.

We then tested the top six compounds in this assay in order to directly assess their in cellulo K-Ras selectivity. While most compounds appeared to show some level of K-Ras selectivity (all < 1.3-fold) when compared at 20 μM and 24-h exposure (Figures 3A,B), testing over a wider concentration range revealed distinct potencies and selectivities (Supplementary Figures 3A,B). We employed the DSS analysis adapted to BRET-data (BRET-DSS3) to quantify these activities (Figure 3C). While, again, overall BRET-activity was highest for OphA, K-Ras selectivity was highest for 1. All other compounds had lower and non-significant selectivities. By doing a BRET donor saturation titration analysis, we further confirmed that 1 has a similar K-Ras vs. H-Ras selectivity as OphA (Figures 3D,E and Supplementary Figures 3C–F).

Compound 1 affinity to CaM changes less over time than that of OphA, suggesting that it assumes its full activity faster (Figure 2), which could be advantageous if true also in cellular applications. We therefore tested this property in cells using the K-Ras BRET biosensor. In order to see clear effects at short exposure times, all compound concentrations were increased. OphA showed no significant BRET change during the 2-h treatment timeframe, consistent with the significant time it requires for high affinity binding (Figure 2). Likewise, mevastatin did not cause any reduction in the BRET signal, as it has to block metabolic pathways for farnesyl- and geranylgeranyl-pyrophosphate synthesis and therefore acts slowly after protein turnover. In agreement with the in vitro data, 1 showed a 38% reduction in the BRET signal within 10 min of treatment (Figure 3F). It was therefore even more active acutely in cells than the non-covalent CaM inhibitor trifluoperazine (Kd = 1.35 μM) or calmidazolium (Kd = 13.5 nM) (Manoharan et al., 2019).



BRET Experiments Confirm K-Ras/CaM Disrupting on-Target Activity in Cells

Previously, a preference of CaM binding to active GTP-K-Ras was observed (Villalonga et al., 2001; Abraham et al., 2009). In agreement with these data, we observed in cells a higher BRET of N-terminally Rluc8-tagged K-RasG12V with GFP2-CaM than that of non-oncogenic K-Ras (Figure 4A and Supplementary Figure 4). Likewise, higher BRET levels were confirmed with three additional oncogenic mutants of K-Ras (Figure 4B and Supplementary Figures 4A,B). Furthermore, in line with previous reports (Villalonga et al., 2001), K-RasG12V (BRETmax = 0.35 ± 0.02) displayed a significantly (p = 0.001, unpaired t-test) higher cellular BRET ratio with GFP2-CaM than H-RasG12V did (BRETmax = 0.20 ± 0.02), which remained at or below control levels (Figure 4C and Supplementary Figure 4). This could explain the preferential effect on K-Ras nanoclustering-BRET by CaM inhibitors (Figure 3).
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FIGURE 4. Cellular K-RasG12V/CaM interaction BRET confirms on-target activity of compound 1 in cells. (A) BRET donor saturation titration curves between Rluc8-K-Ras or Rluc8-K-RasG12V and N-terminally GFP2-tagged CaM. (B) BRET donor saturation titration curves between the Rluc8-tagged K-Ras oncogenic mutants (K-RasG12C, K-RasG13D, and K-RasQ61H) with GFP2-CaM. The BRETmax data represent mean values ± SD, n ≥ 2. (C) BRET donor saturation titration curves between Rluc8-K-RasG12V or Rluc8-H-RasG12V and GFP2-CaM. Plasmids expressing Rluc8 and GFP2 proteins alone were used as controls for non-specific interaction. (D) Compounds calmidazolium (20 μM), prostratin (20 μM), or OphA (5 μM), as well as formyl aminobenzazulenone 1 (20 μM) or non-formylated counterpart aminobenzazulenone 8 (20 μM) were tested using the Rluc8-K-RasG12V/GFP2-CaM BRET reporter. The A/D plasmid ratio was 9/1. Data represent mean values ± SD, n ≥ 2. (E) Dose-response analysis of compound 1 and its non-formylated derivative 8 as compared to OphA using Rluc8-K-RasG12V/GFP2-CaM BRET signal. The A/D plasmid ratio was 9/1. Data represent mean values ± SD, n ≥ 2. The statistical significance levels are annotated as *p < 0.05; ***p < 0.001, or ns, not significant.


In order to have a high dynamic range of the BRET signal, we used the Rluc8-K-RasG12V/GFP2-CaM BRET pair to directly assess the effect of modulators of the K-Ras/CaM interaction. Both CaM inhibitor calmidazolium and OphA significantly reduced the BRET signal. Surprisingly, prostratin did not have an effect at the tested concentration (Figure 4D).

To further delineate the structural requirements for the on-target, K-RasG12V/CaM disrupting activity, we tested formyl aminobenzazulenone 1 in comparison to the closely related, but less active aminobenzazulenone derivative 8, which lacks the C1-formyl group. Compound 1 (IC50 = 31 ± 2 μM) was significantly more active than 8 (IC50 = 70 ± 11 μM; p = 0.03), also when tested over a wider concentration range (Figure 4E). Yet, OphA remained the most effective compound in this cellular assay after a 24-h-long exposure (IC50 = 12 ± 2 μM).



Dependence of the Activity of top Compound 1 on Lysines 75, 77, and 148 of CaM

We previously showed that the K-Ras directed effect of OphA is abolished if a lysine mutant of CaM is expressed to rescue the knockdown of endogenous CaM (Najumudeen et al., 2016). In this mutant CaM (mutCaM), lysines 75, 77, and 148 were replaced by glutamine, i.e., those residues that were reported to be modified by OphA (Kong Au and Chow Leung, 1998). To assess the dependence of compound 1 binding to CaM on these lysine residues, we again employed a fluorescence polarization assay using in-house purified, His-tagged CaM or mutCaM. Both variants bound to the fluorescein-labeled peptide of Ca2+/calmodulin-dependent kinase II (CaMKII) (Manoharan et al., 2019). As observed before (Figure 2), the affinity of OphA to wild-type (wt) CaM increased over several hours, while no binding was observed to mutCaM (Figure 5A and Supplementary Figures 5A,B), as reported previously (Najumudeen et al., 2016; Manoharan et al., 2019). By contrast, compound 1 also displayed binding to mutCaM; however, as compared to wt CaM, the affinity did not increase over time (Figure 5B and Supplementary Figures 5E,F). This was different for the non-formylated counterpart 8, which showed the same binding affinity for wt CaM and mutCaM over time (Figure 5C and Supplementary Figures 5E,F). The comparison of the activities of all three compounds suggests that the K75Q, K77Q, and K148Q mutations in the mutCaM have rendered CaM partially insensitive to 1 and 8 binding. It furthermore shows that the lysine-dependent increase in affinity over time of compound 1 depends on the C1-formyl, which could form a Schiff base bond in a slow reaction.
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FIGURE 5. Assessment of lysine-dependent CaM-binding activity of OphA, formyl aminobenzazulenone 1, and aminobenzazulenone 8. Time course of lysine-dependent CaM-binding activity of OphA (A), compound 1 (B), and compound 8 (C) as measured in the fluorescence polarization assay using F-CaMKII peptide as the fluorescent probe. OphA displayed negligible binding with mutCaM compared to wtCaM; hence, no IC50 values could be derived (Supplementary Figures 5A,B).




Activity in Cell Proliferation Assays Correlates With the K-Ras Dependence of Cancer Cell Lines

Unspecific, broad toxicity against KRAS (MDA-MB-231, MIA PaCa-2) and HRAS mutant (Hs 578T, T24) cancer cell lines, as well as HEK293-EBNA cells, is a major issue of OphA (Figure 6A). This broad toxicity appears to greatly contribute to the high “anti-cancer cell activity” that is observed with this compound and clearly contrasts to the KRAS mutant cancer cell line selectivity seen with calmidazolium and 1 (Figure 6B and Supplementary Figures 6A–E). Of note, the latter has a background activity against HRAS mutant cancer cells that was as low as that of the covalent K-RasG12C inhibitor AMG-510.
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FIGURE 6. Benchmarking of top compound 1 in several cancer cell lines. (A) The relative 2D viability of various cell lines following single dose treatment with AMG-510 (1 μM), calmidazolium (2.5 μM), OphA (1 μM), and 1 (10 μM) was assessed using the alamarBlue assay. Cells were grown as 2D adherent monolayers overnight and then treated for 72 h with indicated compounds. Data represent mean values ± SD, n ≥ 3. (B) DSS3 measuring the effects of AMG-510 (0.003–40 μM), calmidazolium (0.3–40 μM), OphA (0.3–40 μM), and 1 (0.6–80 μM). Cells were grown as 2D adherent monolayers overnight and then treated for 72 h. Results represent mean values ± SD, n = 3. (C) DSS3 measuring the effects of AMG-510 (0.6–40 μM), vemurafenib (0.3–20 μM), prostratin (0.6–80 μM), OphA (0.3–20 μM), and 1 (1.3–80 μM). Cells were grown as 3D spheroids for 72 h then treated with compounds for another 72 h before alamarBlue viability measurements. Data represent mean values ± SD, n ≥ 2. (D) Heatmap of ATARiS gene sensitivity scores obtained from the project DRIVE database for KRAS-dependent cell lines (MIA PaCa-2, NCI H358, and MDA-MB-231) and HRAS-dependent cell lines (Hs 578T and T24). Negative values (red) indicate sensitivity of the cell line proliferation to the knockdown of shown genes, while positive (blue) indicates the opposite.


When compounds were compared in 3D spheroid growth assays, the significant potency difference between clinical compounds and 1 became, however, more obvious than in 2D assays. Both AMG-510 and vemurafenib selectively and potently abolished the growth of the K-RasG12C- and BRAF-V600E-mutant cancer cell 3D spheroids, respectively, with basically no activity against other cancer cell spheroids (Figure 6C and Supplementary Figures 6F–I). Compound 1 had a visibly lower activity, yet the activity profile seemed to correlate with the KRAS dependence of the cancer cell lines (Figures 6C,D). Again, OphA appeared highly potent, yet clearly at the cost of its broad toxicity (Figures 6A,C). These data are in line with a much improved on-target activity of 1 as compared to OphA.



The Best Tool Compound 1 Can Be Utilized in Cell Biological Experiments

Given the significantly reduced unspecific toxicity of 1 as compared to OphA, we tested its application in cell biological experiments. CaM dynamically localizes to centrosomes, spindle, and other structures during mitosis, and its inhibition is known to affect proper cleavage furrow formation, which can lead to multipolarity (Yu et al., 2004; Wu et al., 2010).

In order to track this phenotype and the CaM distribution, we transfected HeLa cells with a mCherry-CaM construct, which primarily localized to centrosomes in mitotic cells (Figure 7A). When these cells were synchronized and treated with the potent, non-covalent CaM inhibitor calmidazolium, an increased fraction of multipolar cells with multiple mCherry-CaM-positive centrosomes was observed. As expected from the faster in-cell activity observed in BRET experiments (Figure 3F), this phenotype was significantly pronounced with 1 (Figure 7B), confirming its utility in cell biological experiments. Finally, we named compound 1, the best performing tool compound, Calmirasone1.
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FIGURE 7. Phenotypic effects of CaM inhibitors on centrosome numbers. (A) Representative images for bipolar normal (DMSO 0.5%, top) and multipolar centrosomes in HeLa cells after acute treatment for 2 h with calmidazolium (20 μM, middle) 1 (50 μM, bottom). Hela cells expressing mCherry-wtCaM (red) cells were synchronized with nocodazole to the G2/M phase for 16 h. Then cells were treated with compounds and simultaneously with the protease inhibitor MG132 (10 μM). Arrows indicate predominant localization of mCherry-wtCaM on the centrosomes during mitosis. DNA was stained with DAPI (blue). Scale bar, 5 μm. (B) The multipolar phenotype was quantified for each treatment from images containing 35 to 70 cells per condition. Data represent mean values ± SD, n = 3. Statistical significance was evaluated with Fisher’s exact test. The statistical significance levels are annotated as **p < 0.01, or ns, not significant.




DISCUSSION

We have here identified compound 1, which we named Calmirasone1, a synthetically well-accessible, high affinity covalent CaM inhibitor with fast cellular K-Ras selectivity and significantly lower toxicity than the natural product counterpart OphA. While the current potency and properties of Calmirasone1 do not fit for a compound with future medical applications, our data support its intended utility as a tool compound in cell biological applications to study CaM-dependent cellular processes. Such tool compounds are important also for drug development, as they can foreshadow some on-target issues and reveal crucial mechanistic features of actual drug candidates.

Several of our compounds bound to CaM with submicromolar affinity, with Calmirasone1 binding four times better than OphA. Comparison of Calmirasone1 and 8 affinities with purified wt and mutant CaM suggests that the affinity binding component that remained constant over time was independent of the C1-formyl (Figure 5). This immediate high affinity could have been of non-covalent or actually also of covalent nature. Given that a second reactive group with covalent binding potential (ortho quinone-methide, o-QM) is present in both Calmirasone1 and 8, it is possible that this electrophile mediates additional covalent binding to lysine residues other than those three mutated lysines in mutCaM (Supplementary Data 1), or alternatively cysteines. However, nucleophilic cysteines are not present in the studied CaM variants. Based on previous synthetic studies, the o-QM reactivity toward nucleophiles (amino or thiol) can be very fast (within minutes) and proceeds via a nucleophilic aromatic substitution (SNAr-type) reaction (Kiriazis et al., 2017). We currently lack evidence whether this second electrophile is also engaged covalently.

Our rate analysis (Table 3) shows that the compound with the highest second order rate constant was 2, followed by 3. However, as our cellular BRET-data in Figure 3C indicate, this increased reactivity appears to come at the cost of selectivity. We see a maximal selectivity for K-RasG12V vs. H-RasG12V for 1, which has intermediate parameters, in agreement with a balance between sufficient affinity and a moderate reactivity. In agreement with the slow Schiff-bond formation, we find rate constants that are several thousand-fold lower than those of Lys-reactive compounds with a vinyl sulfone as warhead, such as the CDK2-inhibitor NU600 (k2/Ki = 5.0 × 103 M–1 s–1) (Anscombe et al., 2015). However, the α-hemoglobin targeting compound GBT440 (Voxelotor) with a formyl warhead similar to our compounds has a second-order rate constant comparable to what we found for our benzazulenones (k2/Ki = 15 × 103 M–1 h–1) (Center for Drug Evaluation and Research, 2017; Metcalf et al., 2017).

We speculate that the formyl-independent binding component significantly improves the unspecific toxicity of compounds Calmirasone1 and 8 (Figures 1C,D). However, the major, slower affinity increase stems from the C1-formyl and depends on mutated lysines 75, 77, and 148. This is consistent with the formyl as a hard electrophile reacting with lysine as a hard nucleophile. The typically slow Schiff base formation may, therefore, explain the slow increase in the effective affinity (Figure 5B). The formyl substituent is furthermore beneficial, as it lowers the relatively high clogP, thus potentially increasing water solubility of these not very drug-like molecules. However, drug entry into cells can be an active process that depends on transporters from the solute carrier protein (SLC) family (Girardi et al., 2020). In addition, passive entry is typically characterized by the compound specific partitioning coefficients. Both passive and active entry may explain why we observed distinct time courses for the inhibitors to become active in cells against K-RasG12V membrane anchorage (Figure 3F).

Currently, the structural basis for CaM inhibition by OphA is not known. However, similar to other non-covalent inhibitors, such as trifluoperazine, the conformational dynamics of CaM may change dramatically upon inhibitor binding, collapsing the original dumbbell-shaped molecule into a compact globular structure (Vandonselaar et al., 1994). We speculate that covalent inhibitors such as OphA and the here tested compounds would have a similar effect on the conformation and therefore activity of CaM to bind its canonical and non-canonical clients, such as K-Ras.

The Ras nanoclustering-dependent BRET assay that we used before successfully in the FRET format to assess the Ras selectivity close to the mechanistic target K-Ras (Najumudeen et al., 2016; Posada et al., 2016) is sensitive to the disruption of Ras membrane anchorage and correct plasma membrane trafficking. CaM was recently established as a K-Ras trafficking chaperone, which can essentially act as a solubilizing factor to shield the farnesyl tail from the aqueous environment of the cytoplasm (Grant et al., 2020a). Therefore, the drop in K-Ras nanoclustering-BRET with CaM inhibitors is consistent with CaM being a trafficking chaperone for K-Ras (Grant et al., 2020b).

We have previously demonstrated similar changes in membrane anchorage of K-Ras with the inhibition of PDE6D, another prominent trafficking chaperone of K-Ras (Siddiqui et al., 2020). For PDE6D, clients such as H-Ras that are in addition palmitoylated cannot bind as long as they are palmitoylated (Chandra et al., 2011; Dharmaiah et al., 2016). This establishes an effective K-Ras over H-Ras selectivity for PDE6D inhibition-induced cell growth effects (Siddiqui et al., 2020). Grant et al. (2020a) recently derived singly lipidated polybasic termini of proteins as non-canonical CaM interaction sequences. Consistently, K-Ras but not H-Ras or N-Ras bind to CaM (Villalonga et al., 2001). It can be speculated that any additional palmitoylation would sterically hinder access to CaM, making palmitoylated Ras isoform clients only if they are in their non-palmitoylated state (Agamasu et al., 2019). This would explain why the potent CaM inhibitor calmidazolium decreased the BRET signal of H-Ras, albeit to a lesser extent than that of K-Ras (Figures 3A,B).

The highly potent calmidazolium, as well as the covalent inhibitors OphA and Calmirasone1, significantly disrupted K-Ras/CaM-BRET in cells. By contrast, the PKC agonist prostratin had no effect on K-Ras/CaM-BRET, but on K-RasG12V nanoclustering BRET. It may therefore be that prostratin exerts its K-Ras selectivity by a different mechanistic route than the inhibition of K-Ras/CaM interaction. Interestingly, prostratin had almost no effect on cell growth in 3D spheroid assays (Figure 6C).

Clonogenic 3D spheroid growth depends on stemness associated asymmetric and symmetric division processes of cancer cells with stemness traits (Cicalese et al., 2009). Accordingly, Calmirasone1 demonstrates an efficacy against 3D spheroid growth that correlates with the KRAS dependence of the tested cell lines. In this regard, it is noteworthy that the DSS3 potency of Calmirasone1 reaches already approximately 50% of AMG-510, the K-RasG12C inhibitor that is currently being evaluated in the clinic (Hong et al., 2020). However, a much larger number of cell lines would have to be tested to demonstrate a correlation between compound activity and anticipated K-Ras/CaM targeting mechanism. For instance, both cell lines that were employed here also carry mutations in BRAF (MDA-MB-231) or in TP53 (both MDA-MB-231 and Hs578T). For both B-Raf and p53, connections to CaM signaling have been reported (Ren et al., 2008; Taylor et al., 2020); hence, the cell killing activity may relate to multiple pathways that are affected downstream of CaM.

In addition, we could demonstrate the benefits of using Calmirasone1 as a tool compound in cell biological experiments, which are not possible with OphA due to its high toxicity. We observed the induction of multipolar cells by CaM inhibitor treatment. Inhibition of CaM affects multiple processes during cell division, notably cleavage furrow formation (Yu et al., 2004). While failure of cytokinesis can lead to chromosomal instability and therefore a hallmark of cancer cells, the exact nature of the multipolar phenotype and additional effects could also play a role in the ultimately cell growth inhibiting effect of CaM inhibition (Wu et al., 2010). Interestingly, a different compound that induces multipolar acentrosomal spindles was found to selectively kill tumor cells (Wang et al., 2015a). In our cell biological experiments, Calmirasone1 (Kd = 0.87 ± 0.02 μM) can be considered more effective than non-covalent calmidazolium (Kd = 13.5 nM) (Figures 3F, 7B). While Calmirasone1 was used at 2.5-fold higher concentration, the 64-fold affinity difference between these two compounds suggests a > 25-fold higher effectivity of Calmirasone1. Therefore, Calmirasone1 can be used to acutely (within 30–60 min) perform a chemical knockdown of CaM in cells in a more efficient manner than with the most potent non-covalent inhibitor calmidazolium.

Covalent inhibitors have experienced a renaissance in the past few years (Singh et al., 2011). Our novel covalent CaM inhibitor Calmirasone1 will add to the arsenal of covalent tool compounds to study in particular the cell biology of K-Ras/CaM-driven stemness processes.



MATERIALS AND METHODS


Compound Synthesis

Synthesis of chemical compounds and their analytical information are given in Supplementary Data 1.



Expression Constructs and siRNA

Most expression constructs described in the study were produced by multisite gateway cloning as described (Wall et al., 2014; Supplementary Table 1). For plasmids used in the BRET assay, three entry clones, with compatible LR recombination sites, encoding the CMV promoter, Rluc8, or GFP2 tag, and the gene of interest were recombined with a destination vector, pDest-305 or pDest-312, using the Gateway LR Clonase II enzyme mix (cat. no. 11791020, Thermo Fisher Scientific). The reaction mix was transformed into the ccdB-sensitive E. coli strain DH10B (cat. no. EC0113, Thermo Fisher Scientific), and positive clones were selected using ampicillin. pDest527-His-wtCaM and pDest527-His-mutCaM were produced from the LR reaction between the pDest-527 vector with either entry clone pDONR221-wtCaM or pDONR221-mutCaM. The N-terminally GFP2-tagged CaM plasmid pDest-CMV-GFP2-CaM was cloned at Genecust (France) and amplified in the E. coli CopyCutter EPI-400 strain (cat. no. C400CH10, Lucigen) according to the instruction of the manufacturer. All the plasmids were verified by sequencing. Expression and localization of the Ras and CaM fusion proteins were confirmed by confocal microscopy (Supplementary Figure 7). Protein sequences of all expression constructs are given in the Supplementary Material section. pmCherry-wtCaM was previously described (Manoharan et al., 2019).

Knockdown of CALM1 was done using a master mix of multiple siRNA against the CALM1 transcript [QIAGEN Hs_CALM1, siRNAs: SI00092925 (CALM1_4), SI02224215 (CALM1_5), SI02224222 (CALM1_6), and SI03649268 (CALM1_8)]. For the knockdown of specific Ras isoforms, we used KRAS (K-Ras4A + K-Rras4B- L-005069-00) and HRAS (L-004142-00) Dharmacon On-Target plus siRNA SMARTpools. Scrambled siRNA control was from QIAGEN (cat. no. 102276).



Commercial Chemical Inhibitors

Fluorescein-labeled CaMKII and PMCA peptide were from Pepmic, China, and Genscript, United States, respectively (Manoharan et al., 2019). DMSO was from PanReac-AppliChem (cat. no. A3672, ITW Reagents). Sources of the inhibitors used in the study are listed below.
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RT-qPCR Analysis of Gene Transcript Knockdown

MDA-MB-231 and Hs 578T cells were seeded in 12-well plates and transfected with indicated amounts of siRNAs. Where required, siRNA was transfected into cells using a Lipofectamine RNAiMAX (cat. no. 13778075, Thermo Fisher Scientific) reagent according to the instruction of the manufacturer. After 24 h of transfection, total RNA was isolated using NucleoZol (cat. no. 7040404, Macherey-Nagel) according to the manufacturer protocol. Reverse transcription was performed with 1 μg of total RNA using SuperScript III Reverse Transcriptase (cat. no. 18080093, Thermo Fisher Scientific). The knockdowns of KRAS, HRAS, and CALM1 gene transcripts were analyzed by real-time qPCR using SsoAdvanced Universal SYBR Green Supermix (cat. no. 1725274, BIO-RAD) on the CFX-connect real-time PCR instrument (BIO-RAD). The transcripts were selectively amplified using specific primers producing amplicons for total KRAS (both KRAS4A and KRAS4B), HRAS, and CALM1. The gene transcript ACTB encoding for β-actin was used as reference. The following primers were used (Tsai et al., 2015): for total KRAS, forward 5′-tacagtgcaatgagggacca-3′, reverse 5′-tcctgagcctgttttgtgtct-3′ (amplicon 206 bp); for HRAS, forward 5′-ctgaccatccagctgatcca-3′, reverse 5′-tggcaaacacacacaggaag-3′ (amplicon 196 bp); for ACTB, forward 5′-ggggtgttgaaggtctcaaa-3′; reverse 5′- ggcatcctcaccctgaagta-3′ (amplicon 203 bp); for CALM1, forward 5′-gctcgcaccatggctgat-3′, reverse 5′- tgttggg ttctgacccagtg-3′ (amplicon 144 bp).



3D Spheroid Assays

3D spheroid formation assays were performed in 96-well low-attachment, suspension culture plates (cat. no. 655185, Cellstar, Greiner Bio-One) under serum-free condition. About 1,000 (MDA-MB-231, NCI-H358, and MIA PaCa-2) or 2,500 (Hs 578T) cells per well were seeded in 50 μl of either an RPMI medium (cat. no. 52400-025, Gibco, Thermo Fisher Scientific) (MDA-MB-231, A375, and NCI-H358) or DMEM (cat. no. 41965-039, Gibco, Thermo Fisher Scientific) (Hs 578T and MIA PaCa-2), containing 0.5% MethoCult (cat. no. SF H4636, Stemcell technologies), 1x B27 (cat. no. 17504044, Gibco, Thermo Fisher Scientific), 25 ng/ml EGF (cat. no. E9644, Sigma-Aldrich), and 25 ng/ml FGF (cat. no. RP-8628, Thermo Fisher Scientific). Cells were cultured for 3 days and then treated with compounds or vehicle control (DMSO 0.1% v/v in growth medium) for another 3 days. The cells were supplemented with a fresh growth medium on the third day together with the drug treatment. For knockdown experiments, cells were seeded in 12-well plates and treated with either 50 nM scrambled siRNA (cat. no. 1022076, QIAGEN) or indicated concentrations of siRNAs. Next day, cells were collected by trypsinization and re-plated into 96-well plates for 3D spheroid suspension culture.

Spheroid formation efficiency was analyzed by an alamarBlue assay reagent (cat. no. DAL1100, Thermo Fisher Scientific). A 10% final volume of the alamarBlue reagent was added to each well of the plate and incubated for 4 h at 37°C. Then the fluorescence intensity was measured using the FLUOstar OPTIMA plate reader (BMG Labtech, Germany) with an excitation wavelength of 560 ± 5 nm and an emission wavelength of 590 ± 5 nm. The obtained fluorescence intensity data were normalized to vehicle control corresponding to 100% sphere formation and the signal after 100 μM benzethonium chloride treatment, which killed all cells (i.e., maximum inhibition of sphere formation).



Drug Sensitivity Score (DSS) Analysis

To quantitatively profile the drug sensitivity with a more robust parameter than the IC50 or EC50 values, the drug sensitivity score (DSS) analysis was employed. DSS values are essentially normalized area under the curve (AUC) measures of dose-response inhibition data (Yadav et al., 2014). Drug response data files (in Excel) ready for online analysis were prepared according to the example file obtained from the DSS pipeline website, called Breeze1 (Potdar et al., 2020). Either raw fluorescence intensity measurements or normalized % inhibition data (for BRET assay analysis) were uploaded.

The output file provides several drug sensitivity measures including EC50 and AUC. We plotted the DSS3 value (Yadav et al., 2014), which was calculated as
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where DSS2 is given by the equation [image: image]

and DSS1 is given by the equation [image: image]

DSS3 was employed to emphasize drugs that obtain their response area over a relatively wide dose window, as compared to drugs that show increased response only at the higher end of the concentration range. After logistic fitting of the dose-response inhibition data, the area under the curve (AUC) was determined as the exact solution. A 10% minimal activity threshold (t) was set. The maximum (Cmax) and minimum (Cmin) concentrations were used for screening of the inhibitors, with Cmax = x2 and x1 concentration with minimal activity t. The parameter a is the value of the top asymptote, which can be different from 100% inhibition as obtained from 100 μM benzethonium chloride treatment.



2D Cell Toxicity and Viability Assays

Hs 578T and MDA-MB-23 cells cultured in complete DMEM and RPMI medium [i.e., supplemented with 10% FBS (cat. no. 10270–098, Gibco, Thermo Fisher Scientific), 2 mM L-glutamine (cat. no. 25030-024, Thermo Fisher Scientific)], respectively, were plated onto 96-well F-bottom cell culture plates (cat. no. 655180, Cellstar, Greiner Bio-One) at a density of 1,000 cells (MDA-MB-231, MIA-PaCa-2, T24, and HEK293-EBNA) and 2,500 cells (Hs 578T) per well grown for 24 h. Freshly thawed aliquots of test compounds were then added at indicated concentrations. DMSO 0.2% v/v in a growth medium was used as the vehicle control. Plates were further incubated for 72 h. The cell viability and cell toxicity effects were analyzed by alamarBlue and CellTox Green (cat. no. G8743, Promega) assays, respectively. A 10% final volume of the alamarBlue reagent was added to each well of the plate and incubated for 4 h at 37°C. Then the fluorescence intensity was measured using the FLUOstar OPTIMA plate reader (BMG Labtech) with an excitation wavelength of 560 ± 5 nm and an emission wavelength of 590 ± 5 nm. The obtained fluorescence intensity data were normalized to vehicle control (100% viability).

For the CellTox Green assay, 100 μl of the 2× CellTox Green reagent was added to each well of a 96-well plate containing 100 μl of the medium. The plate was protected from light and incubated for 15 min at 37°C, then orbitally shaken for 1 min at 700–900 rpm. The fluorescence intensity was measured using the Clariostar plate reader (BMG Labtech) with an excitation wavelength of 485 ± 4 nm and an emission wavelength of 530 ± 4 nm. The obtained fluorescence intensity data were normalized to vehicle control (0% toxicity).



Protein Purification

Our numbering of CaM follows (Kong Au and Chow Leung, 1998) with Ala being the first amino acid in human CaM, as the N-terminal methionine of CaM is removed in most organisms (Halling et al., 2016). His-wtCaM and His-mutCaM were expressed in E. coli BL21 Star (DE3)pLysS (cat. no. C602003, Thermo Fisher Scientific). pDest527-His-wtCaM and pDest527-His-mutCaM plasmids encoding wild-type human CaM and CaM with K75Q, K77Q, and K148Q mutations, respectively, were transformed into E. coli BL21 Star (DE3)pLysS and grown in a Luria Broth medium supplemented with ampicillin (100 μg/ml). At A600 of 0.6–0.8, the culture was induced with 0.5 mM of isopropyl β-D-thiogalactopyranoside and expressed for 16 h at 25°C. Cells were collected by centrifugation and incubated on ice for 30 min. The cell suspension was sonicated in a lysis buffer (20 mM HEPES, pH 7.6, 150 mM NaCl, 5 mM MgCl2, 0.5 mg/ml lysozyme, and DNase I). The lysates were clarified by centrifugation at 18,000 g for 30 min at 4°C. The soluble fractions were subjected to protein purification.

The His-tagged proteins were purified on HisTrapTM HP Prepacked Columns (GE Healthcare) using the chromatography system ÄKTAprime plus (GE Healthcare). The columns were equilibrated in a buffer composed of 50 mM Tris HCl, pH 7.5, 150 mM NaCl, and 35 mM imidazole, and the His-tagged proteins were eluted in an elution buffer containing 250 mM of imidazole. The eluted fractions were dialyzed for 16 h at 4 °C in a buffer composed of 50 mM Tris HCl, pH 7.5, 150 mM NaCl, and 2 mM CaCl2. Protein concentration was measured using a NanoDrop 2000c Spectrophotometer (Thermo Fisher Scientific), and purified proteins were analyzed on a 4–12% NuPAGE gel (cat. no. NP0321, Thermo Fisher Scientific) (Supplementary Figure 8).



Fluorescence Polarization Assay

Fluorescence polarization (FP) assays were performed as described (Manoharan et al., 2019). The IC50 of compounds were determined in a binding/displacement assay using fluorescein-labeled PMCA peptide (derived from plasma membrane Ca2+ transporting ATPase, a CaM binding protein) as the probe and recombinant bovine calmodulin (cat. no. 208690, Merck), which has an amino acid sequence identical to the human isoform. The F-CaMKII peptide was used at 5 nM concentration with 50 nM of His-tagged wt and mutCaM. FP assays were carried out in a black low volume round bottom 384-well plate (cat. no. 4514, Corning) with a reaction volume of 20 μl. Compounds were threefold-diluted in an assay buffer (20 mM Tris Cl pH 7.5, 50 mM NaCl, 1 mM CaCl2, and 0.005% Tween 20), and a complex of 100 nM CaM and 10 nM F-PMCA peptide was added. The FP signals were recorded on the Clariostar (BMG labtech) plate reader with excitation at 482 ± 8 nm and emission at 530 ± 20 nm at 25°C, after 30–60-min interval for up to 5 h. Then the plate was incubated overnight at 4°C, and the next day, final readings were taken after a total of 24 h incubation. The fluorescence anisotropy was calculated and plotted against the logarithm of the compound concentration and fit to the log inhibitor vs. response–variable slope (four parameters) equation in Prism (GraphPad). The IC50 of the inhibitor was converted into Kd as described in Sinijarv et al. (2017) using the equation
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where [I]50 is the concentration of the free inhibitor at 50% displacement, given as [I]50 = IC50−[EI]50, where [EI]50 is the concentration of the CaM:inhibitor complex in case of 50% displacement; [P]50 is the concentration of the free probe at 50% displacement; [E]0 is the concentration of free CaM at 0% displacement; and KD,probe is the dissociation constant of the complex of the probe and CaM. The KD of the probe, F-PMCA to CaM, is 6 nM (Manoharan et al., 2019).

The potency of the irreversible covalent inhibitors was assessed as described in Singh et al. (2011). The potency and selectivity of a covalent inhibitor are governed by two parameters, namely, Ki, the dissociation constant of the initial non-covalent complex, and k2, the rate of the subsequent covalent bond-forming reaction as given in the chemical equation
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E and I denote a protein target and its covalent inhibitor, respectively. E ⋅ I is the initial non-covalent complex, and E – I is the final covalent complex. To obtain the Ki and k2 rates, the fluorescence polarization signal after inhibitor treatment was plotted against the incubation time and fit using a one-phase decay function to obtain the observed rate constant, kobs. This was repeated for several inhibitor concentrations. Then, kobs was plotted against the concentration of the inhibitor, and the data were fit to a hyperbolic equation [image: image]to obtain Ki and k2. The ratio of k2/Ki represents the second-order rate constant of the reaction of the covalent inhibitor with the target.



Composite Drug Activity Score

The composite drug activity score was obtained by computing the activity of the compounds across various assays performed. The desired properties taken into consideration are a high activity in the spheroid assay, a higher selectivity for MDA-MB-231 over Hs 578T in the spheroid assay, a lower toxicity in the 2D assay against Hs 578T as compared to MDA-MB-231 cells, and a higher affinity to CaM. The final score is obtained using the equation below:
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BRET Assays

BRET assays were essentially performed as described by others (Lavoie et al., 2013; Bery et al., 2018). About 100,00–150,000 HEK293-EBNA (Meissner et al., 2001) cells were seeded per well of a 12-well plate in 1 ml of DMEM containing 10% FBS and 2 mM L-glutamine and were grown for 24 h. Next day, Rluc8-tagged donor and GFP2-tagged acceptor constructs were transfected into cells using a jetPRIME transfection reagent (cat. no. 114-75, Polyplus). Each well was transfected with about 1 μg of plasmid DNA using 3 μl of the jetPRIME reagent. For BRET donor saturation titration experiments, the concentration of donor plasmid (25 ng) was kept constant, and the concentration of acceptor plasmid was increased from 0 to 500 ng for RasG12V BRET pairs and 0–1,000 ng for K-Ras/CaM BRET pairs. The empty pcDNA3.1(-) plasmid was used to top-up the total DNA load per transfection. After 24 h of transfection, cells were treated with compounds or vehicle control (DMSO 0.2% v/v in a growth medium) at the specified concentration for 24 h or the stipulated time period in case of the time-course experiments. The cells from one well of a 12-well plate were collected, washed, and re-plated in PBS (cat. no. 14190-094, Gibco, Thermo Fisher Scientific) on flat bottom, white 96-well plates (cat. no. 236108, Nunc, Thermo Fisher Scientific) as four technical replicates containing 90 μl of cell suspension per well. Then fluorescence intensity followed by BRET readings were carried out on a Clariostar (BMG Labtech) plate reader at 25°C. The fluorescence intensity (RFU) of GFP2 was measured with excitation at 405 ± 10 nm and emission 515 ± 10 nm; it is proportional to the acceptor concentration [acceptor]. BRET readings were taken well by well by adding 10 μl of 100 μM coelenterazine 400a (cat. no. C-320, GoldBio), the Rluc8 substrate to each well (final concentration of 10 μM) using the injector present in the plate reader. Luminescence emission intensities were simultaneously recorded at 410 ± 40 nm (RLU, proportional to [donor]) and 515 ± 15 nm (BRET signal).

The raw BRET ratio was calculated as the BRET signal measured at 515 nm divided by the emission signal measured at 410 nm (RLU). The BRET ratio was obtained by subtracting the raw BRET ratio by a background BRET signal measured for cells expressing only the donor (Bacart et al., 2008) as indicated in the formula below:
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with donor+acceptor denoting cells transfected with the BRET pair and donor only being cells expressing only the donor.

The expression of the acceptor relative to the donor ([acceptor]/[donor]) was determined as [image: image].

For BRET donor saturation titration experiments, the BRET ratio was plotted against the [acceptor]/[donor] ratio. Technical repeat data points were averaged, and data points from all biological repeats were collected into one graph for subsequent fitting. The BRET ratio vs. relative expression data were fitted using a binding saturation equation in the Prism (GraphPad) software to obtain BRETmax and BRET50 using the equation [image: image], where x is the relative expression and y is the BRET ratio. BRETmax represents the maximum saturation BRET signal and depends on the structural parameters (distance, orientation) of the BRET complex. BRET50 corresponds to the ratio of the acceptor construct over the donor construct required to attain 50% of the maximum BRET signal and is a measure of the effective relative affinity between the interacting BRET pair (Marullo and Bouvier, 2007).

When applying the DSS analysis to nanoclustering-BRET data, we used mevastatin (10 μM) to obtain the asymptote parameter (a) for the maximal inhibition effect, as it prevents the prenylation of Ras proteins, their plasma membrane trafficking, and therefore nanoclustering. Otherwise, normalized BRET ratio data were converted to % inhibition and then subsequently uploaded onto the Breeze site (see text footnote 1).

Using BRET donor saturation data, the A/D plasmid ratio at which the BRET ratio changes most linearly with the relative expression was determined for each BRET sensor and then used for testing compound treatments.



ATARiS Gene Dependence Score

To generate the ATARiS sensitivity plots, Excel files corresponding to the normalized viability data for the siRNA knockdown of each gene of interest were downloaded from the publicly available database of the project DRIVE2 (McDonald et al., 2017). The Project DRIVE study is a large-scale RNAi screen in which 2D viability effects of mRNA knockdown were assessed (McDonald et al., 2017). The ATARiS algorithm was used in this study to aggregate consistent shRNA activity to gene level activity (Shao et al., 2013). From the Excel files of each gene of interest, the sensitivity score data were extracted, and a double gradient heatmap plot was generated using Prism (GraphPad). Higher gene dependence (of 2D viability) is indicated by a negative score, while scores zero or above represent no or neutral effects.



Confocal Imaging

The localization of Ras and CaM fusion proteins was visualized by confocal microscopy. For imaging, MDCK cells were cultured in DMEM supplemented with 10% FBS and 2 mM L-glutamine at 37 °C with 5% CO2. Cells were seeded on glass coverslips 1.5H (cat. no. LH22.1, Carl Roth) in 6-well plates (cat. no. 657160, Cellstar, Greiner Bio-One), and plasmids were transiently transfected with jetPRIME. Cells were fixed 48 h after the transfection with 4% paraformaldehyde (cat. no. 43368, Alfa Aesar) in PBS for 10 min at ambient temperature. After washing with PBS-Tween 0.05% (cat. no. 9127.1, Carl Roth), DNA was stained with a 1 μg/ml solution of DAPI (cat. no. D1306, Thermo Fisher Scientific) diluted in PBS for 10 min. The coverslips were mounted onto glass slides using Vectashield (cat. no. H-1000, Vector Laboratories). Images were captured on a spinning disk confocal microscope (Andor, Oxford Instruments), fitted with a Zyla 5.5 sCMOS camera (Andor, Oxford Instruments), using a plan APO 60 × /1.40 Ph3 DM oil immersion objective (Nikon) and NIS-Elements Imaging Software (Nikon).

To evaluate the effect of compounds on centrosome numbers during mitosis, HeLa cells were seeded in 6-well plates onto sterile coverslips and cotransfected with 0.5 μg of pmCherry-CaM and 1.5 μg pEGFP-Centrin1 plasmids using 4 μl of jetPRIME. Twenty-four hours after the transfection, cells were synchronized with 60 ng/ml of nocodazole for 16 h. After the removal of nocodazole, the cells were treated with the protease inhibitor MG132 (10 μM) to block the cells in metaphase and either calmidazolium (20 μM), 1 (50 μM), or DMSO (0.5%) for 2 h. Cells were then fixed with 4% paraformaldehyde in PBS for 10 min at ambient temperature. After washing with PBS-Tween 0.05%, DNA was stained with a 1 μg/ml solution of DAPI diluted in PBS for 10 min. Coverslips were mounted on glass slides using Vectashield, and images were captured on a spinning disk confocal microscope. Images were analyzed with the ImageJ software, and the number of transfected mitotic cells with multipolar and normal bipolar phenotypes was counted (between 35 and 70 cells per test condition). The percentage multipolar vs. bipolar cells was computed to generate the plot using the Prism software.



Data Analysis

All data analysis was performed using Prism (GraphPad) version 9 unless otherwise indicated. The number of independent biological repeats, n, for each data set is provided in the relevant figure legend. Unless otherwise stated, statistical significance was evaluated using one-way ANOVA. A p-value < 0.05 is considered statistically significant, and the statistical significance levels are annotated as follows: ∗p < 0.05; ∗∗p < 0.01; ∗∗∗p < 0.001; ****p < 0.0001, or ns = not significant.
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HRAS, NRAS and KRAS, collectively referred to as oncogenic RAS, are the most frequently mutated driver proto-oncogenes in cancer. Oncogenic RAS aberrantly rewires metabolic pathways promoting the generation of intracellular reactive oxygen species (ROS). In particular, lipids have gained increasing attention serving critical biological roles as building blocks for cellular membranes, moieties for post-translational protein modifications, signaling molecules and substrates for ß-oxidation. However, thus far, the understanding of lipid metabolism in cancer has been hampered by the lack of sensitive analytical platforms able to identify and quantify such complex molecules and to assess their metabolic flux in vitro and, even more so, in primary tumors. Similarly, the role of ROS in RAS-driven cancer cells has remained elusive. On the one hand, ROS are beneficial to the development and progression of precancerous lesions, by upregulating survival and growth factor signaling, on the other, they promote accumulation of oxidative by-products that decrease the threshold of cancer cells to undergo ferroptosis. Here, we overview the recent advances in the study of the relation between RAS and lipid metabolism, in the context of different cancer types. In particular, we will focus our attention on how lipids and oxidative stress can either promote or sensitize to ferroptosis RAS driven cancers. Finally, we will explore whether this fine balance could be modulated for therapeutic gain.
Keywords: lipid metabolism, ferroptosis, tumorigenesis, oxidative stress, RAS oncogenes
CLINICAL SIGNIFICANCE OF RAS MUTATIONS
The three RAS genes (HRAS, NRAS and KRAS), hereafter collectively referred to as oncogenic RAS, are the most frequently mutated driver proto-oncogenes in cancer, with KRAS being the most prevalent. Notably, mutant KRAS is present in more than 90% of pancreatic ductal adenocarcinoma (PDAC) where it is the most frequent and earliest genetic alteration, as it is found in more than 90% of neoplastic precursor lesions (e.g. pancreatic intraepithelial neoplasia, PanINs) (Kanda et al., 2012; Eser et al., 2014). Similarly, mutant KRAS is present in 30–40% of colorectal cancers (CRC) and almost 25% of patients with Non-Small Cell Lung Cancer (NSCLC), where it correlates with poor prognosis and high risk of recurrence (Stephen et al., 2014).
While much of the early work had focused on the signal transduction related to cell proliferation, it is now understood the RAS oncogene has yet other crucial roles in tumorigenesis. For instance, it orchestrates the reprogramming of lipid metabolism and promotes the generation of intracellular reactive oxygen species (ROS). Since these metabolic changes are critical for ferroptosis, a unique form of iron-dependent programed cell death, and are dependent on the presence of oncogenic RAS, they might offer new therapeutic opportunities.
AN INTRODUCTION TO FERROPTOSIS AND LIPID PEROXIDATION
Ferroptosis (extensively reviewed in (Dixon and Stockwell, 2019; Zheng and Conrad, 2020) is a unique form of iron-dependent programed cell death defined by the existence of substantial oxidative stress and lipid peroxidation (LPO). It differs from other well-characterized types of cell death as apoptosis, pyroptosis, necroptosis or autophagy in morphology, biochemistry, and genetics. Accordingly, inhibitors for apoptosis, necrosis or autophagy are all ineffective against ferroptosis (Dixon et al., 2012).
Even if preliminary observations were reported as early as in the 70s (Maellaro et al., 1990), only in 2012 the term “ferroptosis” was first introduced by the group of Dr. Stockwell (Dixon et al., 2012) to finally provide a rational explanation for the long-lasting query regarding the nature of LPO-induced cell death.
LPO was first studied in relation to damage to alimentary oils and fats in meat and meat products (Dianzani and Barrera, 2008), but was soon implicated in numerous pathological states, including cancer. It can be generally described as a complex process whereby oxidants, free radicals or nonradical species, attack lipids containing carbon-carbon double bond(s), resulting in the formation/propagation of lipid hydroperoxides (LOOH) and peroxyl radicals, which in turn generate secondary products with prolonged half-life.
Thus, understanding LPO entails a detailed knowledge of lipids and oxidative stress, which we will briefly address with particular attention to their relationship with oncogenic RAS.
It is now well-established that LPO plays a central role in the initiation and execution of ferroptosis and that LPO-induced toxic species, such as lipid derived toxic aldehydes, are biomarkers of ferroptosis. However, the identification of the lipid species that are essential for the regulation, initiation and execution of ferroptosis remain poorly understood. Even more so, analyzing ferroptosis in vivo remains challenging. Indeed, exploring ferroptosis requires lipidomic and redox analyses that are technically demanding, giving the huge diversity and biochemical complexity of lipids. In addition, none of the biomarkers or gene products identified to date is entirely specific to ferroptosis. The unambiguous demonstration of the occurrence of ferroptosis requires the simultaneous detection of biochemical markers of LPO, redox-active iron, and deficiency in the repair of the lipid peroxides (Dixon and Stockwell, 2019).
Today, ferroptosis is the subject of intense investigation and its clinical relevance has started to being recognized. Indeed, various compounds, some of which are FDA-approved drugs, have been identified as ferroptosis inducers in cancer cells (Shen et al., 2018; Hassannia et al., 2019).
Ferroptosis was initially found to be induced by a set of small molecules identified in a screen for compounds able to selectively induce cell death in isogenic cancer cell lines tumors carrying a mutant form of RAS, suggesting a connection between RAS oncogene and ferroptosis (Dolma et al., 2003; Yagoda et al., 2007; Yang and Stockwell, 2008). However, subsequent studies have questioned the selective lethality of these compounds on RAS-mutated cell lines (Yang and Stockwell, 2008). Moreover, while cancer cells display high levels of oxidative stress, increased levels of LPO products are detected only in some cancer types, depending on the lipid composition of cellular membranes, presence of inflammation and the level of enzymes able to metabolize LPO products (Canuto et al., 1993; Hammer et al., 1997). Thus, the relationship among cancer, RAS-driven cancers in particular, LPO and ferroptosis still remains controversial.
Here, we will briefly review the mechanisms of oxidative stress, lipid metabolism and LPO and the current understanding of how RAS oncogene regulates these processes to escape ferroptosis, highlighting questions still open for future studies.
LIPID METABOLISM: A BROAD PICTURE
Fatty acids (FA) serve essential roles in cancer cells as they provide constituents for cellular membranes and substrates for energy metabolism to meet the demand for high-rate proliferation. Moreover, FA come in many different flavors, and specific FA are essential to support tumorigenesis and cancer progression.
It is well known that the biosynthesis of saturated FA (SFA) and monounsaturated FA (MUFA) starts from palmitate (PA, C16:0), formed by the 250–270 kDa multifunctional, homodimeric fatty acid synthase (FASN) (Chirala and Wakil, 2004; Asturias et al., 2005; Maier et al., 2006). FASN synthesizes long-chain FA, mainly PA, using acetyl-CoA as a primer, malonyl-CoA as a two-carbon donor, and NADPH as a reducing equivalent. PA is further elongated to stearic acid (SA, C18:0) and/or desaturated to palmitoleic (C16:1n-9) and oleic (OA, C18:1n-9) acids, with the latter being further elongated to eicosatrienoic acid (EA, C20:3n-9) (Miyazaki and Ntambi, 2008) (Figure 1).
[image: Figure 1]FIGURE 1 | Major pathways of FA desaturation and chain elongation in eukaryotic cells. Both exogenous (diet, pink) and endogenously synthetized FA (blue) are extensively desaturated and elongated giving rise to the huge diversity found in lipid molecules. Note the alternating sequence of desaturation in the horizontal direction and chain elongation in the vertical direction in the formation of polyunsaturated fatty acids from dietary essential fatty acids. LA, linoleic acid; ALA, α-linolenic acid; C18:4n-3, stearidonic acid; C18:3n-6, γ-linolenic acid; C20:3n-3, eicosatrienoic acid; C20:3n-6, dihomo-γ-linolenic acid; C20:4n-3, eicosatetraenoic acid; AA, arachidonic acid; EPA, eicosapentaenoic acid; C22:4n-6, adrenic acid; C22:5n-3, docosapentaenoic acid; C24:4n-6, tetracosatetraenoic acid; C24:5n-6, etracosapentaenoic acid; C24:5n-3, tetracosapentaenoic acid; C24:6n-3, tetracosahexaenoic acid; C22:5n-6, docosapentanoic acid; C22:6n-3, docosahexaenoic acid; PA, palmitic acid; C16:1n-10, sapienic acid; C16:1n-7, palmitoleic acid; OA, oleic acid; SA, stearic acid; C18:2n-9, trans linoleic acid; C20:2n-9, 5,11-eicosadienoic acid; ETA, cis-5,8,11-eicosatrienoic acid.
However, Δ-6 desaturase shows strong preference for the two essential polyunsaturated fatty acids (PUFA) linoleic acid (LA, C18∶2n-6) and α-linolenic acid (LA, C18∶3n-3) over OA (Sprecher et al., 1995). Hence, eukaryotic cells rely on dietary LA and ALA to synthetize n-6 long chain PUFA (e.g. arachidonic acid, AA, C20∶4n-6), and n-3 long chain-PUFA (e.g. eicosapentaenoic and docosahexaenoic acids, EPA, C20∶5n-3, DHA, C22∶6n-3), respectively through the “Sprecher pathway” (Voss et al., 1991; Sprecher et al., 1995) (Figure 1).
FA, either de novo synthetized or deriving from exogenous sources (i.e. diet), can be broken down into acetyl-CoA, which then enters the tricarboxylic acid (TCA) cycle to aid ATP generation. Alternatively, FA can be incorporated into more complex lipids such as triglycerides (TAG), phospholipids (PL) or cholesteryl esters (CE). Yet, these two distinct pathways require a common initial step known as FA activation by acyl-CoA synthetase (ACS) enzymes (Ellis et al., 2010). FASN is very active during embryogenesis and in fetal lungs, where FA are used for the production of lung surfactant (Wagle et al., 1999). However, in well-nourished adults FASN is less active, as non-transformed cells generally rely on the uptake of lipids from the circulation. By contrast, cancer cells aberrantly activate de novo lipid synthesis: in 1953 Medes et al. already used in vivo labelling with 14C-glucose tracer to demonstrate that most of the esterified FA in tumor models were derived from de novo synthesis (Medes et al., 1953). The mechanisms underlying the switch of cancer cells to de novo lipogenesis remain an area of intense research. (Menendez and Lupu, 2007; Padanad et al., 2016; Rozeveld et al., 2020; Ferraro et al., 2021).
ONCOGENIC RAS AND LIPID METABOLISM: A FAT ADDICTION
According to the literature, the relationship between oncogenic RAS and lipids is intertwined and multifaceted. Firstly, all the RAS proteins (HRAS, NRAS, KRAS4A, and KRAS4B) are modified by lipids through lipidation which reversibly regulates their membrane localization and function. A RAS plasma membrane anchor consists of two components: a C-terminal S-farnesyl cysteine carboxylmethyl ester, common to all isoforms; and a second signal that comprises mono-palmitoylation of NRAS, duo-palmitoylation of HRAS and a polybasic domain (PBD) of six contiguous lysines in KRAS4B, the predominantly expressed splice variant of KRAS, hereafter referred to as KRAS. Evidence from the Hancock laboratory showed that the anchor of mutant KRASG12V exhibits remarkable specificity for distinct subclasses of phosphatidylserine (PS). In particular, only in presence of monounsaturated PS, KRASG12V is assembled into membrane nanoclusters, that are considered to be the hotspots of KRAS activation. On the other hand, KRASG12V does not interact with fully saturated PS at all, whereas mono- and di-unsaturated PS can support KRASG12V binding to the plasma membrane, but cannot be assembled into nanoclusters (Zhou et al., 2017). Moreover, full-length KRAS, or its minimal membrane anchor, localizes preferentially to cholesterol-depleted liquid-disordered domains in synthetic model bilayers and KRASG12V is typically excluded from cholesterol-rich domains, as these domains are suboptimal for Raf activation (Prior et al., 2001; Inder et al., 2008). In agreement, nanoclustering of KRAS (either GDP or GTP-loaded) is insensitive to acute cholesterol depletion (Prior et al., 2003).
The fact that lipid availability and lipid composition of the membrane can deeply impact KRAS localization and function is just the tip of the iceberg. Besides acting as building blocks for membrane assembly, signaling molecules and energy storage, FA have recently been found to serve a pivotal role in coping with oncogenic stress. Our lab and others described that mutant KRAS activation/extinction in preclinical lung cancer (LC) models directly controls the expression of genes involved in β-oxidation and de novo lipogenesis, and that this can be exploited for therapeutic gain (Padanad et al., 2016; Gouw et al., 2017; Bartolacci et al., 2021). The role of mutant KRAS in FA oxidation has been reported in a transgenic mouse model that expresses the doxycycline (doxy)-inducible KRAS transgene (KRASG12D) in the respiratory epithelium (Padanad et al., 2016). These mice, when fed with doxy, develop lung tumors that completely regress when doxy is removed with concomitant significant decrease in the expression of lipid metabolism genes (Padanad et al., 2016). In this regard, Acyl-coenzyme A synthetase long chain family member 3 and 4 (Acsl3 and Acsl4) are significantly down regulated in tumors undergoing KRASG12D extinction and ACSL3 contributes the most to the oncogenic phenotype both in vitro and in vivo. ACSL enzymes conjugate long-chain FA (12–20 C atoms) with Coenzyme A (CoA) to produce acyl-CoA. While genetic deletion of Acsl3 in mice does not cause any morphological defects neither during development nor in adult life, it impairs KRAS-driven tumorigenesis (Padanad et al., 2016). Therefore, it may represent a good therapeutic target. Even though a specific inhibitor of ACSL3 is not available, yet, evidence indicates that inhibition of FASN has effects similar to ACSL3 silencing, opening to new possible therapeutic strategies in NSCLC (Bartolacci et al., 2017, 2021). The role of KRAS in inducing lipogenesis is highlighted by the upregulation of FASN along with other enzymes that control FA metabolism, such as ATP citrate lyase (ACLY) and acetyl-coenzyme A carboxylase (ACC) in the KRASG12D LC model. Overexpression of both ACLY and FASN correlates with poor survival and with increased lipogenesis as shown by the higher levels of newly synthetized SFA and MUFA, such as PA and OA (Bartolacci et al., 2017; Singh et al., 2018).
The liaison between oncogenic RAS and lipids seems to consistently occur in cancers other than LC. Indeed, it has been shown that oncogenic KRAS downregulates hormone-sensitive lipase (HSL) in pancreatic cancer, modulating invasion and metastasis (Rozeveld et al., 2020). Pancreatic cancer cells accumulate fat into lipid droplets, which is then used to fuel catabolism during metastasis and invasion. Indeed, blocking the KRAS–HSL axis lowers lipid storage into lipid droplets, effectively reducing invasive capacity of KRAS-mutant pancreatic cancer (Rozeveld et al., 2020). A positive association between high cholesterol:high-density lipoprotein (chol:HDL) ratio and KRAS mutation has been found also in a subset of metastatic CRC (Tabuso et al., 2020). In addition, in murine models of MYC/KRAS breast cancer, FA metabolism genes are upregulated in tumors treated with neoadjuvant therapy, suggesting that this is feature of therapy resistance and recurrence (Havas et al., 2017).
OXIDATIVE STRESS AND ONCOGENIC RAS: THE REDOX PARADOX
Cancer cell metabolism and redox signaling are intimately coupled and mutually regulated (Holmström and Finkel, 2014; Wang et al., 2019a): on the one hand, ROS accumulate as by-products of cellular metabolism, on the other, increased ROS and lactate quantities enhance metabolic rate and act as mitogenic signaling molecules, sustaining tumorigenesis (Lee et al., 1999; Ogrunc et al., 2014). However, excessive ROS can cause oxidative damage to macromolecules (e.g. DNA and lipids) and can alter intracellular signal transduction (e.g. through NF-κB). This is especially true in RAS-driven tumorigenesis: if oncogenic RAS induces ROS accumulation, then ROS scavenging mechanisms must be put in place to reduce cellular senescence and support tumorigenesis (Lee et al., 1999) (Figure 2).
[image: Figure 2]FIGURE 2 | Oncogenic RAS induces pro-oxidant and anti-oxidant programs. Oncogenic RAS promotes ROS production exploiting several strategies, as activation of cyclooxygenase-2 (COX2) (A), subunits of the NADPH oxidase complex (NOX1/4) (B), regulating mitochondrial activity (C) or inactivating sestrin 1 (SESN1) (D). The tumor microenvironment (TME) can also produce ROS, contributing to maintain oxidative, pro-tumorigenic conditions (E). Oncogenic RAS drives multiple antioxidant programs as well (F). First, it can upregulate the main antioxidant enzymes superoxide dismutases (SOD); catalase and peroxidases, of which GPX4 is the main member. Oncogenic RAS can drive NADPH production through an alternative glutamine metabolic pathway mediated by aspartate aminotransferase (GOT1), or potentially via a fatty acid oxidation pathway mediated by acyl-coenzyme A (CoA) synthetase long-chain family member 3 (ACSL3). In addition, oncogenic RAS upregulates several key antioxidant proteins, including the light-chain subunit of the system xc−transporter (xCT), nuclear factor, erythroid 2-like 2 (NRF2), and gamma-glutamyltransferase 2 (GGT2).
In mutant-RAS cancer cells, high ROS levels can result from increased metabolic activity of peroxisomes, oxidases, cyclooxygenases (COX), lipoxygenases (LOX), from mitochondrial dysfunction, or they can derive from the cross-talk with infiltrating immune cells and other components of the tumor microenvironment (TME) (Szatrowski and Nathan, 1991; Babior, 1999; Storz, 2005).
Oncogenic RAS promotes the direct activation or induction of ROS-producing enzymes. For instance, in murine peripheral lung epithelial cells, mutant KRASG12V increases levels of intracellular ROS through COX2, which produces hydrogen peroxide (H2O2) as a by-product of prostaglandin-E2 synthesis (Maciag et al., 2004) (Figure 2A). Several investigations determined that oncogenic RAS increases protein level and activity of NADPH oxidase (NOX), the enzyme responsible for the catalytic one-electron transfer of oxygen at the cell membrane to generate superoxide anion (O2−•) (Kong et al., 2013; Ogrunc et al., 2014) (Figure 2B). In particular, RAS-driven induction of NOX1 and RAC1 was found to be mediated by the MAPK pathway (Mitsushita et al., 2004). Accordingly, Nox1 abrogation hampers O2−• generation and oncogenic RAS-driven tumorigenesis, NIH3T3 fibroblasts ectopically expressing HRASG12V have higher amounts of O2−• in a Rac1-dependent way as they progress through the cell cycle (Irani et al., 1997). Consistently, in PanIN1b)/PanIN2 stage of pancreatic carcinogenesis, concomitant deletion of tumor protein p53-induced nuclear protein 1 (TP53INP1) and activation KRASG12D, activate Rac1, accelerate PanIN formation and increase pancreatic injury (Al Saati et al., 2013). Active Rac1 was further implicated to induce 5-Lipoxigenase (5-LOX)-mediated generation of H2O2 and c-Met-triggered O2−• production (Shin et al., 1999; Ferraro et al., 2006) (Figure 2B).
In addition, oncogenic RAS was reported to modulate mitochondrial metabolism, hence ROS generation, suppressing the respiratory chain complex I and III (Weinberg et al., 2010; Hu et al., 2012; Liou et al., 2016), regulating hypoxia-inducible factors (HIFs), HIF-1α and HIF-2α (Chun et al., 2010), or the transferrin receptor (TfR1) (Jeong et al., 2016) in CRC and PDA (Figure 2C).
Induction of growth factor- and cytokine-signaling, autophagy-specific genes 5 and 7 (ATG5, ATG7) (Kim et al., 2011) or expression of micro RNAs such as miR-155 (Wang et al., 2015) are other ROS-producing mechanisms exploited by RAS. Interestingly, RAS can attain and sustain a prooxidant environment also repressing sestrins (SESN1, 2, and 3), which mediate the regeneration of cytosolic peroxiredoxins (PRXDs), the enzymatic antioxidants involved in the decomposition of endogenously produced H2O2 (Figure 2D). In MDAH041 immortalized fibroblasts, expression of activated RAS (HRASG12V and NRASG13D) transcriptionally repressed SESN family genes, thus increasing intracellular ROS production (Lee et al., 1999; Kopnin et al., 2007; Zamkova et al., 2013). Finally, many cancers arise from sites of chronic irritation, infection or inflammation. Apart from cancer cells, also various tumor-associated cell types (e.g. activated macrophages and neutrophils) produce ROS contributing to maintain an oxidative, pro-tumorigenic TME (Marumo et al., 1997; Basuroy et al., 2009; Edderkaoui et al., 2011) (Figure 2E).
On the other hand, detoxification from ROS can be achieved by the complex battery of antioxidant systems shown in Figure 2F, including both antioxidant enzymes, which specifically scavenge different kinds of ROS, and non-enzymatic molecules, i.e. GSH, flavonoids, and vitamins A (ascorbic acid), C (ascorbic acid) and E (α-tocopherol). RAS-transformed cells upregulate all the three major types of primary intracellular antioxidant enzymes found in mammalian cells: superoxide dismutases (SOD), catalase and peroxidases.
KRAS stably expressed in NIH 3T3 cells, or transiently transfected in COS7 cells, was found to stimulate the scavenging of ROS by posttranscriptionally activating manganese (Mn)SOD, via an ERK1/2-dependent pathway (Santillo et al., 2001). Similarly, HRAS–transduced human keratinocyte HaCaT cells have higher SOD than control cells (Yang et al., 1999). Numerous proteomic analyses performed after RAS-mediated transformation revealed changes in other proteins involved either directly in metabolizing ROS or in maintaining the redox balance, such as Peroxiredoxin 3 and 4, thioredoxin peroxidases, NADH dehydrogenase ubiquinone Fe/S protein, glyoxyalase I, selenophosphate synthetase, and gamma-glutamyltransferase 2 (GGT2) (Young et al., 2004; Recktenwald et al., 2008; Moon et al., 2012). Increased expression of these enzymes was paralleled by an elevated tolerance of KRAS mutants against the cytotoxic potential of H2O2 and formaldehyde.
Mechanistically, oncogenic RAS activates expression of antioxidant genes predominantly trough the nuclear factor, erythroid derived 2, like 2 (NFE2L2, also known as NRF2), which is widely regarded as the master regulator of antioxidant response (Figure 2F). NRF2 binds to the antioxidant response elements (ARE) within promoters of genes encoding antioxidant enzymes, such as glutathione S-transferase A2 (GSTA2) and NADPH quinone oxidoreductase 1 (NQO1) (Nguyen et al., 2009). For example, KRASG12D raised mRNA and protein levels of Nrf2 and its target genes, e.g. Nqo1, and decreased immunoreactivity for 7,8-dihydro-8-oxo-2′-deoxyguanosine (8-oxo-dGuo), one of the major products of DNA oxidation in vitro (Denicola et al., 2011). Importantly, such activation was validated in vivo, when comparing KRASG12D/+ pancreatic cancer cells to KRASLSL/+ epithelial cells in murine KRAS PanIN and PDA. Consistently, Nrf2-deficient murine PanIN were negative for Nqo1 and demonstrated similar levels of 8-oxo-dGuo and MDA in PanIN compared to neighboring normal ductal cells (Denicola et al., 2011).
Moreover, NRF2 activity is regulated by a coordinated protein complex consisting of Kelch-like ECH-associated protein 1 (KEAP1), CLLIN3 (CUL3), ubiquitin ligase, and other factors (Taguchi et al., 2011) (Figure 2F). Under normal conditions, this complex mediates the protein degradation of NRF2, preventing its translocation to the nucleus. However, oncogenic RAS can induce conformational changes in KEAP1, resulting in the upregulation of NRF2 target gene transcription and the following cytoprotection (Taguchi et al., 2011).
Noteworthy, all the enzymatic antioxidant activities responsible for ROS detoxification consume GSH and ultimately NADPH. Not only GSH directly scavenges hydroxyl radical (HO•) and O2−•, but it acts as cofactor in antioxidant systems, and it regenerates the active forms of vitamin C and E. Once oxidized, glutathione (GSSG) can be converted back to its reduced form by glutathione reductase (GSR). Thus, the GSH/GSSG ratio can be assumed as an index of the redox buffering capacity of the cell. In order to increase intracellular GSH levels, oncogenic KRAS controls xCT transcription by downstream activation of ETS-1 which synergizes with Activating Transcription 4 (ATF4) (Lim et al., 2019) (Figure 2F). xCT (encoded by the gene SLC7A11) is the subunit of the system xc–transporter, responsible for the exchange of intracellular glutamate for extracellular cystine, which, once inside the cell, is rapidly reduced to cysteine, the rate-limiting precursor in the synthesis GSH (Sato et al., 1999).
Given that NADPH is required to reduce GSSG and is thus the predominant source of reducing power, generation and maintenance of intracellular GSH and NADPH pools is crucial for redox homeostasis and potentially for oncogenesis. This can be achieved by rewiring cellular metabolic circuitries, as glutamine and glucose metabolism. In PDA, mutant KRAS was found to upregulate transcriptionally the aspartate transaminase (GOT1) (Son et al., 2013): in this way, GOT1 converts glutamine-derived aspartate into oxaloacetate, which fuels malate and then pyruvate synthesis, thus increasing the NADPH/NADP+ ratio (Figure 2F). In LC cell lines, as well as in lung tumors, KRASG12D enhances glucose metabolism providing the metabolites to be channeled into the TCA cycle, increasing NADPH levels and ultimately leading to ROS detoxification (Kerr et al., 2016). Moreover, in human LC cells and in lung tumors, mutant KRAS promotes FA oxidation (Padanad et al., 2016), a process that generates acetyl-CoA, which is metabolized to produce NADPH (Carracedo et al., 2013), especially under conditions of glucose scarcity (Figure 2F). Besides the generation of NADPH as a byproduct of FA oxidation, a direct link between lipid metabolism and oxidative stress was suggested by Yun et al., who showed that FASN knockdown decreased SOD expression, increased ROS production and sensitivity to H2O2. This report demonstrates how FASN regulates H2O2-induced cytotoxicity in CRC SNU-C4 (KRASG12C) human cancer cells (Yun et al., 2017).
LIPID PEROXIDES AT THE CROSS NODE BETWEEN LIPIDS AND OXIDATIVE STRESS
At physiological levels, lipid peroxides (LOOH) have beneficial effects: they induce cellular adaptive responses and enhance tolerance against subsequent oxidative stress through upregulation of antioxidant compounds and enzymes (Gaschler and Stockwell, 2017). However, their uncontrolled generation finally results in the initiation and execution of ferroptosis. LOOH production preferentially occurs in cell membranes due to the high solubility of molecular oxygen and it can be carried out either in an enzymatic or non-enzymatic manner. Yet, the two LPO mechanisms share the same substrate: PUFA.
PUFA, as LA, AA, DHA, and EPA are defined as long chain FA with two or more carbon-carbon double bonds. PUFA, as free FA or esterified into the sn-2 position of PL, are the preferential substrate of LPO, whereas acyl of the sn-1 position hardly participate in oxidation reactions (Davies and Guo, 2014). Other unsaturated lipids, such as cholesterol, can be oxidized to hydroperoxides too, but to a minor extent (Smith, 1987). Indeed, the bis-allylic hydrogen with a (1Z, 4Z) pentadiene moiety makes the C-H bond in PUFA weaker and the hydrogen more susceptible to abstraction (Gaschler and Stockwell, 2017). As elegantly shown by Yang et al., replacing natural PUFA with deuterated PUFA (dPUFA) which have deuterium in place of the bis-allylic hydrogens, reduced oxidative stress and prevented cell death induced by Erastin or RSL3 -two potent ferroptosis inducers-in HT-1080 fibrosarcoma cancer cells (which harbor NRASQ61A) (Yang et al., 2016). Further, direct evidence for the oxidation of PUFA during ferroptosis was provided by incubating HT-1080 cells with alkyne-labeled LA, followed by copper-catalyzed cycloaddition (Click)-labeling reaction. Treatment with Erastin induced the accumulation of oxidative breakdown products of LA, which could be prevented by cotreatment with Ferrostatin-1 (Fer-1), a potent and selective inhibitor of ferroptosis (Skouta et al., 2014). Consistently with this concept, addition of AA or other PUFA was reported to increase ferroptosis sensitivity, possibly due to their increased incorporation into PL (PUFA-PL) (Conrad et al., 2018). Similarly, Fuentes et al., found that n-3 PUFA specifically suppress oncogenic KRAS-driven CRC by 1) incorporating into plasma membrane PL, 2) modifying KRAS nanoscale proteolipid composition, 3) disrupting oncogenic KRAS driven signaling, and finally 4) suppressing KRAS-associated phenotypes in vitro and in vivo (Fuentes et al., 2018).
On the contrary, MUFA do not have bis-allylic positions, hence are not readily oxidized. Rather, they can act as potent suppressors of ferroptosis in cancer cells. For instance, Magtanong et al. found that exogenous OA and palmitoleic acid (POA; C16:1), upon ACSL3-mediated activation, protected HT-1080 and A549 (NSCL, KRASG12S) cancer cells from ferroptosis induced by Erastin or its more potent analog, Erastin2 (Magtanong et al., 2019; Tesfay et al., 2019).
Interestingly, in regard to the potential impact of dietary FA on cancer, SFA and MUFA, but not PUFA, were associated with increased risk of CRC with specific KRAS mutations at codon 12 (Slattery et al., 2000; Weijenberg et al., 2007). On the contrary, dietary consumption of n-3 PUFA, such as EPA and DHA, results in their incorporation into cell membrane PL (Chapkin et al., 1991) and has been associated with reduced CRC risk (Hall et al., 2008).
The central requirement for PUFA oxidation in ferroptosis is also supported by genetic evidence linking specific lipid metabolic genes to the execution of ferroptosis. In particular, a CRISPR-based genetic screen identified ACSL4 and Lysophosphatidylcholine acyltransferase 3 (LPCAT3) as promoters of RSL3-and DPI7-induced ferroptosis (Dixon et al., 2015; Moerke et al., 2019).
ACSL4 is essential for both lipid metabolism and ferroptosis (Müller et al., 2017). Of all 6 ACSL isoforms, only ACSL4 has been positively correlated with ferroptosis likely because of its marked preference for PUFA (AA and EA, in particular) (Doll et al., 2017). Indeed, it was recently proven that increased levels of long n-6 PUFA are dependent on enhanced expression of ACSL4. Hence, ACSL4 has been proposed as both a biomarker and a regulator of ferroptosis. On the contrary, ACSL3 is known to preferentially activate MUFA, OA in particular, thus protecting plasma membrane PL from oxidation, supporting KRAS LC and metastasizing melanoma cells (Padanad et al., 2016; Magtanong et al., 2019; Ubellacker et al., 2020).
LPCAT3 preferentially mediates the insertion of AA into membrane PL by re-acylating LysoPL, mostly lysophosphatidylcholines (LysoPC) and lysophosphatidylethanolamines (LysoPE) (Eto et al., 2012; Wang and Tontonoz, 2019; Bartolacci et al., 2021). However, LPCAT3 can insert both PUFA- and MUFA-CoA esters (Hu et al., 2017; Bartolacci et al., 2021). Thus, our current understanding is that the requirement for LPCAT3 in ferroptosis might depend on the pool of available FA, the cell-type and the ferroptotic stimulus. For instance, LPCAT3 was reported as necessary to mediate RSL3-induced ferroptosis in HT-1080 and Calu-1 cells (Dixon et al., 2014), while we recently reported that LPCAT3 knockdown drives mutant KRAS NSCLC human cell lines to ferroptosis Bartolacci et al., 2021).
ENZYMATIC AND NON-ENZYMATIC LIPID PEROXIDATION: TWO WAYS TO OXIDIZE PUFA
Enzymatic peroxidation is mostly mediated by LOX that catalyze the stereospecific insertion of oxygen into PUFA, such as AA and LA (Kuhn et al., 2005, 2015) (Figure 3). Although most LOX prefer free FA as a substrate, some isoforms, including 15-LOX, can directly oxygenate PUFA-PL without prior release of esterified PUFA by phospholipase A2 (PLA2) (Kuhn et al., 1990). Shintoku et al. assessed the contribution LOX activity to ferroptosis in oncogenic RAS-expressing cancer cells (Shintoku et al., 2017). They showed that 12/15-LOX inhibitors -such as baicalein and PD146176-as well as siRNA-mediated silencing of ALOX15 are able to prevent Erastin- and RSL3-induced ferroptosis in HT-1080, Panc-1 (PDA, KRASG12D) and Calu-1 (NSLC, KRASG12C) human cancer cells (Xie et al., 2016). On the contrary, treatment with ALOX15-activating compounds, as (E)-1-(7-benzylidene-3-phenyl-3,3a,4,5,6,7-hexahydroindazol2-yl)-2-(4-methylpiperazin-1-yl) ethenone, accelerated cell death at low doses of Erastin and RSL3 (Shintoku et al., 2017). Besides LOX enzymes, oxidized lipids can also be synthesized in a controlled manner by CYP450 mono-oxygenases and COX (Wang et al., 2019b). Interestingly enough, PTGS2, the gene encoding COX2, was the most upregulated gene in BJ-derived cell lines expressing HRASG12V- upon treatment with either Erastin or RSL3 (Yang et al., 2014). Knockdown of GPX4 also increases PTGS2 mRNA abundance in this system. However, ferroptotic cell death by Erastin or RSL3 is not affected by using indomethacin, a PTGS-1/PTGS-2 (COX-1/COX-2) inhibitor, suggesting that PTGS2 does not regulate ferroptosis and PTGS2 upregulation could be rather considered a downstream marker of ferroptosis (Yang et al., 2014). This is consistent with the notion that not all inhibitors of LOX can rescue ferroptosis: rather, the compounds that can inhibit ferroptosis are radical-trapping antioxidants (RTA) that can protect against non-enzymatic peroxidation (Shah et al., 2018). Thus, we can hypothesize that autoxidation rather than the LOX-controlled lipid peroxidation is the final process of ferroptosis.
[image: Figure 3]FIGURE 3 | Lipid peroxidation drives ferroptosis. Phospholipid (PL) acyl chain remodeling (Land’s cycle) is responsible for the enrichment of membranes with polyunsaturated fatty acids (PUFA), when monounsaturated (MUFA) and saturated (SFA) FA become limiting. Phospholipase A2 (PLA2) removes acyl chain at sn-2 position. Lysophosphatydilcholine-acyltransferase-3 (LPCAT3) re-esterifies the position using PUFA-CoA, generated by acyl-CoA long-chain family member 4 (ACSL4) (A). Membranes PL enriched with PUFA are prone to undergo iron–dependent lipid peroxidation (LPO) possibly via Fenton chemistry or enzymatic oxygenation (e.g. ALOX15) (B). Once produced, lipid hydroxides (LOOH), if not cleared by the cellular antioxidant systems, can propagate LPO to other PUFA-containing PL (C). LPO can lead to ferroptotic cell death (highlighted in red) through several mechanisms (D). First, LOOH can alter membrane properties, which could allow the formation of hydrophilic pores and induce membrane permeabilization (i). Second, lipophilic electrophiles formed during the lipid peroxidation event could affect membrane-bound proteins and their signaling cascade (ii). LOOH can also generate second, more stable and highly reactive LPO products, as malondialdehyde (MDA), and 4-hydroxy-2-nonenal (4-HNE) (iii). Finally, LPO can alter lipidomic signature and affect cancer cell metabolism (iv). Cellular antioxidant systems and phospholipid remodeling can counteract and terminate LPO (E).
Non-enzymatic LPO can be schematically described in three stages: initiation (I), propagation (II) and termination (III) (Figure 4). Step (I) involves a free radical (i.e., •OH), which abstracts hydrogen from a polyunsaturated acyl chain of a PL. This process can be initiated by any reaction that generates radical compounds from non-radical molecules, often through redox reaction catalyzed by iron. In cells, iron is tightly regulated: it is found mostly ligated by heme, bound in FeS clusters, or to the iron storage protein ferritin (Lane et al., 2015). However, there are small pools of metabolically available, “labile” iron which is loosely ligated, thus able to react with endogenously produced H2O2 or O2−• to form oxygen centered radicals, through a process known as “Fenton chemistry” (Breuer et al., 2008). Interestingly, long-treatment with iron (as ferric ammonium citrate, FAC) strikingly reduced the growth of ovarian carcinoma cells, upon overexpression of HRAS or KRAS (Bauckman et al., 2013). Once formed, oxygen centered radicals readily react with molecular oxygen to form a PL peroxyl radical (PL-OO•) (II) (Maillard et al., 1983), which in turn can propagate the reaction in multiple ways. PL-OO• abstracts hydrogen from another PL molecule (Figure 4, IIa) and forms PL-OOH and a PL• radical which propagates the chain reaction. In the presence of Fe2+, PL-OOH can be converted to PL alkoxyl radicals (PL-O•) which also contributes to chain propagation (Buettner, 1993). Alternatively, PL-OO• reacts via addition to the polyunsaturated acyl chain of another PL (Figure 4, IIb), which effectively forms PL dimers that are linked via a peroxide bond (Morita and Fujimaki, 1973). These dimers along with other intermediates (PL-OO• and PL-OOH) are instable molecules that suffer decomposition reactions, producing the electrophilic end products of PL autoxidation (reactive aldehydes and oxygenated PL). The free radical chain reaction propagates until two free radicals conjugate to each other to form stable molecules or in the presence of a chain-breaking anti-oxidant (Pratt et al., 2011) (Figure 4, III).
[image: Figure 4]FIGURE 4 | The three steps of non-enzymatic LPO. In the initiation step the first radicals are generated by redox active labile iron (I). In the propagation step radicals are able to react with new substrates, creating new radicals (II). The propagation step repeats until the termination step, where radicals are ‘quenched’ by antioxidants or reacting with another radical (III). •OH, hydroxyl radical; PL, phospholipid; PL-OO•, PL peroxyl radical; PL•, phospholipid radical, Fe2+, ferrous ion, Fe3+, ferric ion, PL-O•, PL alkoxyl radicals; A-H, antioxidant.
TOXICITY OF LIPID PEROXIDES IN FERROPTOSIS-SENSITIVE CANCER CELLS
Once generated, PLOOH, and more in general LOOH, can navigate cells to ferroptosis in several and still not fully elucidated processes (Figure 4D).
Effects on Membrane
Within the plasma membrane the polar chains in oxidized lipids are energetically unfavorable to stay in the bilayer’s interior. As a result, LPO causes the reversal of the polar lipid chain to the bilayer interface and major changes in membrane properties -e.g. increase of area per lipid, bilayer thinning, decreased lipid tail order and increased water permeability (Wong-Ekkabut et al., 2007; Beranova et al., 2010; Cwiklik and Jungwirth, 2010; Boonnoy et al., 2017) (Figure 4D). Moreover, according to atomistic molecular dynamics (MD) simulations, LOOH increase local membrane curvature, hence the accessibility of oxidants into membrane internal leaflet, which if not counterbalanced by GPX4, results in a vicious cycle that will ultimately destabilize the membrane, leading to pores and micellization (Agmon et al., 2018). Consistently, another MD simulation of oxidized lipid bilayers, containing 1-palmitoyl-2-lauroyl-sn-glycero-3-phosphocholine (PLPC) and its aldehyde derivatives, showed that oxidized lipids self-assemble into aggregates with a water pore rapidly developing across the bilayer (Siani et al., 2016). Vitamin E can prevent pore formation by trapping the polar groups of the oxidized lipids at the membrane–water interface resulting in a decreased probability of the oxidized lipids making contact with the two leaflets and initiating pore formation (Wong-Ekkabut et al., 2007). Interestingly, cholesterol and Vitamin E share similar molecular structures (i.e. a hydrophobic tail and a ring structure with a hydroxyl group) that might explain why cholesterol is a less preferred substrate for oxidation, but rather it is associated with increased bilayer thickness, lipid tail order, organized membrane architecture that help circumvent ferroptosis (Saito and Shinoda, 2011; Gilmore et al., 2013). In accordance with these in silico findings, when observed by confocal microscopy, Erastin-treated HT-1080 cells stained with LOOH-sensitive probe BODIPY-C11 581/591, show a distinct “ring” of LPO around the plasma membrane and a blister-like deformation with positive curvature (Tarangelo et al., 2018; Magtanong et al., 2019). Importantly, these data reconcile with RAS nanoclustering in cholesterol-poor domains (Zhou et al., 2017) and further indicate the importance of cell membrane composition in dictating ferroptosis sensitivity.
Effects on Membrane-Bound Proteins
LOOH affect RAS nanoclusters, which are the sites of RAS effector recruitment and activation: as shown by single fluorophore video tracking (SFVT) and electron microscopy (EM) studies, the localization of RAS-GTP to nanoclusters is required for the recruitment and activation of its downstream effector c-Raf (Tian et al., 2007; Zhou and Hancock, 2015) (Figure 4D).
Generation of Secondary LPO Products and Changes in the Lipidome
LOOH might further break down into many electrophilic species such as aldehydes which are more stable than primary LOOH and can therefore diffuse across membranes and crosslink primary amines on proteins, DNA and other nucleophilic molecules (Esterbauer et al., 1991; Marnett, 1999; Gaschler and Stockwell, 2017; Zhang et al., 2019). Among lipid aldehydes, malondialdehyde (MDA), and 4-hydroxy-2-nonenal (4-hydroxy-2,3-trans-nonenal, HNE) are the most investigated secondary products of LPO (Esterbauer et al., 1991; Kaur et al., 1997) (Figure 4D).
In KRAS human prostate cancer cells, 4-HNE significantly potentiates the antitumor effects of the HDAC inhibitor panobinostat (LBH589) (Pettazzoni et al., 2011). Both single agents and, to a greater extent, their combined treatment induced a G2/M cell cycle arrest in treated cells (Pettazzoni et al., 2011). In KRAS human colon adenocarcinoma cells, 4-HNE was found to inhibit cell proliferation through regulation of the MAP kinase (MAPK) pathway and interacting with transforming growth factor beta (TGF-β) (Vizio et al., 2005). Moreover, KRAS human CRC cells treated with isothiocyanates become resistant to benzo [α]pyrene or H2O2-induced cell death upregulating AKR1C1, the enzyme responsible for the reduction of 4-HNE (Bonnesen et al., 2001).
Changes in the lipidome of ferroptotic cancer cells have been widely studied in a variety of cancer models, using different ferroptosis inducers and by different analytic methods. However, it remains to be determined whether such changes are consequential to ferroptosis, or rather have a causative role. For instance, in HT-1080 cells, Erastin induced a depletion of PUFA, e.g. LA, EPA and DHA, both as free FA and PUFA-PC cells (Skouta et al., 2014), while increasing the level of LysoPC, which in physiologic conditions represent a minor percentage of cellular membrane lipids (ROBERTSON and LANDS, 1964; Yang et al., 2014). However, when ferroptosis was induced in the same in vitro system (i.e. HT-1080 cells), via GPX4-inhibition by FINO2, it resulted in the accumulation of a wide array of oxidized PL, i.e. phosphatidylethanolamine (PE), PS, phosphatidylinositol (PI), and cardiolipin (CL) (Gaschler et al., 2018).
Moreover, it should be noted that also wild type (wt) RAS cancer cells undergoing ferroptosis show alterations in their lipidomic profile. As an example, in diffuse large B cell lymphoma (DLBCL) cell lines, IKE decreased levels of LysoPC, PC, PE, and TAG mainly containing PUFA (Zhang et al., 2019). The decrease in TAG upon IKE treatment indicates that in this specific context TAG may be the major oxidation target during ferroptosis, suggesting a possible protective role of this lipid class as a buffer against oxidation stress. However, untargeted lipidomics performed on tumor xenografts of mice treated with a single dose of IKE revealed increases in free FA, PL, and DAG, especially enriched in LA and AA (Listenberger et al., 2003).
These diverse and apparently contradictory results suggest that context specific characteristics (cell membrane composition, tissue of origin, nature of the ferroptosis inducing stimuli) may critically influence the lipids involved in the execution of ferroptosis. Thus, this field remains a very active subject of investigation that will undoubtedly benefit from analytical advances in detecting and quantifying the labile lipid species that are involved in ferroptosis.
DEGRADATION OF LIPID PEROXIDES TO ESCAPE FERROPTOSIS
To ensure membrane integrity and minimize damages associated with primary or secondary LPO products, cells employ several antioxidant enzymes as described earlier in this review. These defense mechanisms might either detoxify LOOH and/or repair damaged lipids (Girotti, 1998) (Figures 2F, 3E, 5).
[image: Figure 5]FIGURE 5 | Iron-dependent lipid peroxidation is the hallmark of ferroptosis. The cystine/glutamate transporter, consisting of the SLC3A2 and SLC7A11 (alias xCT) subunits, (collectively known as system xc−) imports cystine in exchange for glutamate. Glutamate is produced via glutaminase (GLS) -dependent glutaminolysis of glutamine. If not exported, glutamate can either be converted into α-ketoglutarate and enter the TCA cycle or participate to glutathione (GSH) synthesis via two sequential reactions catalyzed by glutamate–cysteine ligase (GCL) and glutathione synthetase (GSS). Glutathione peroxidase GPX4 uses GSH to buffer lipid peroxidation (LPO) and protect cells from ferroptosis. The oxidized glutathione (GSSG) is then reduced to GSH via glutathione–disulfide reductase (GSR) using NADPH as electron donor. GSH is a tripeptide antioxidant derived from glutamate, glycine and cysteine, which is turn produced by the reduction of cystine catalyzed by the thioredoxin reductase 1 (TXRD1). Along with the GPX4/GSH system, the TXRD/TXN and the peroxiredoxin (PRDX) systems can convert the phospholipid hydroperoxides (H2O2 LOOH) to alcohols and water (H2O LOH). The AIFM2 (FSP1)–CoQ10 can also counteract LPO and ferroptosis. Moreover, the mevalonate pathway, can indirectly inhibit ferroptosis giving rise to CoQ10 and producing the isopentenyl diphosphate (IPP) that is the precursor for the selenium (Se)-containing GPX4. Also, the GCH1–dihydrofolate reductase (DHFR) system protects lipid membranes from autoxidation catalyzing the biosynthesis of the tetrahydrobiopterin (BH4). Many proteins involved in iron transport, storage and metabolism are key determinants of ferroptosis execution: these include transferrin (TF), lactotranferrin (LTF), transferrin receptor (TFRC), solute carrier family 40 member 1 (SLC40A1), heme oxygenase (HMOX1) and ferritin components (FTH1 and FTL). Also, the mitochondrial proteins cysteine desulfurase (NFS1) and iron–sulfur cluster assembly (ISCU) can reduce the availability of iron by sequestering Fe2+ for the biosynthesis of iron–sulfur clusters (2Fe–2S). The iron-regulatory proteins CISD1, CISD2, ACO1 and FBXL5/IREB2 usually negatively regulate ferroptosis. However, under low 2Fe–2S, ACO1 and IREB2 can translationally regulate iron metabolism-related proteins (such as TFRC, SLC11A2, SLC40A1, FTH1 and FTL), thus facilitating ferroptosis. Lipid synthesis and metabolism also play a central role in ferroptosis, by regulating the availability of substrates for LPO. Acetyl- CoA carboxylase (ACC)/FASN axis mediates the synthesis of fatty acids (FA), mainly saturated (SFA) and monounsaturated (MUFA), which have low susceptibility to LPO. SFA/MUFA are conjugated to CoA by the long-chain fatty acid–CoA ligase 3 (ACSL3) prior to be incorporated into membrane phospholipids (PL) via the lysophosphatidylcholine acyltransferase 1 (LPCAT1). On the other hand, Long-chain fatty acid–CoA ligase 4 (ACSL4) and lysophosphatidylcholine acyltransferase 3 (LPCAT3) promote the incorporation of exogenous or lipophagy-derived polyunsaturated FA (PUFA) into PL forming PUFA-PL, which are susceptible to free radical oxidation mediated by lipoxygenases (ALOX) and cytochrome P450 oxidoreductases (POR). Phosholipase A2 (PLA2) can partially counteract this process by cutting out the oxidized FA chains of PUFA-PL. Compounds, proteins, treatments that induce and inhibit ferroptosis are depicted in blue and yellow, respectively, and are discussed in the main text of this review. BSO, buthionine sulfoximine; BCNU, 1,3-bis(2-chloroethyl)-1-nitrosourea; ETC, electron transport chain; GCH1, GTP cyclohydrolase 1; MTX, methotrexate; DFO, deferoxamine; IR, ionizing radiation; ICI, immune checkpoint inhibitor; NAC, N-acetyl cysteine.
Vitamin E acts as a chain breaker to suppress LPO propagation reactions. This might explain why supplementing the diet with the antioxidants vitamin E markedly increases tumor progression and reduces survival in mouse models of KRAS–induced LC (Sayin et al., 2014).
The selenoprotein glutathione peroxidase 4 (GPX4) has been recognized as the master regulator of the enzymatic defense against membrane LPO as it is the only enzyme capable of reducing esterified oxidized FA and cholesterol hydroperoxides (Ursini et al., 1985; Seiler et al., 2008) (Brigelius-Flohé and Maiorino, 2013). Consistently, GPX4 inhibition leads to the rapid accumulation of LOOH, while its overexpression blocks RSL3-induced cell death (Yang et al., 2014; Conrad and Friedmann Angeli, 2015). However, the relation between RAS status and GPX4 is still controversial. For instance, Erastin and RSL3 caused ferroptosis in human tumor cells engineered to express HRASG12V at lower concentrations than wild-type isogenic cells (Yagoda et al., 2007; Yang et al., 2014; Sui et al., 2018), and inhibiting GPX4 re-sensitized KRAS-expressing NSCLC cell lines (A549 and H460) made radioresistant (Pan et al., 2019). Nevertheless, cancer cells with no oncogenic RAS, as HT29 colon cancer cells, are sensitive to GPX4 inhibition, too (Sui et al., 2018), and ectopic expression of NRAS12V, KRAS12V, or HRAS12V protects RMS13 rhabdomyosarcoma cells from Erastin-induced apoptosis (Schott et al., 2015).
De novo Lipogenesis
We recently described that mutant KRAS LC deploys de novo lipogenesis to limit the amount of PUFA incorporated into membrane PL, deflecting LPO and ferroptosis (Bartolacci et al., 2021) (Figures 3E, 5). These data suggest that mutant KRAS LC leverages lipid synthesis to withstand oxidative stress in the lung environment, which is rich in PUFA and oxygen (Bartolacci et al., 2021). This evidence is consistent with early studies reporting that in hypoxic conditions and in presence of oncogenic RAS, cancer cells scavenge serum lysolipids to meet their needs for SFA and MUFA (Kamphorst et al., 2013), and it provides further mechanistic insights into this dependency.
FERROPTOSIS AND ONCOGENIC RAS: A COMPLICATED RELATIONSHIP
On account of the highly intricate interplay with LPO and oxidative stress, the relationship between oncogenic RAS and ferroptosis is still controversial. On the one hand, pioneer studies in this field reported that expression of oncogenic RAS and/or activation of the RAS/MAPK pathway sensitize cells to ferroptosis inducers (Yagoda et al., 2007; Yang and Stockwell, 2008; Poursaitidis et al., 2017). Additionally, silencing of oncogenic KRAS in KRAS-mutant Calu-1 cells significantly reduces the lethality of Erastin. However, the potential link between RAS oncogenes and ferroptosis was later questioned by several observations. Firstly, DLBCL and renal cell carcinoma cell lines, which do not typically contain RAS pathway mutations, outstood as the most sensitive to Erastin sensitivity across a panel of 117 cancer cell lines (Yang et al., 2014). Secondly, RMS13 rhabdomyosarcoma cells ectopically overexpressing oncogenic HRAS, KRAS or NRAS are resistant to Erastin and RSL3 (Schott et al., 2015). However, these findings are in contrast with the observation that EGFR, KRAS, BRAF, and PIK3CA mutations sensitized LC to cystine deprivation–induced death (Poursaitidis et al., 2017). In addition, another study performed on rhabdomyosarcoma and myoblast cell lines showed that cells with high RAS/ERK activation are instead highly proliferative and more susceptible to Erastin and RSL3 (Codenotti et al., 2018).
Reasonable explanations for this apparently confusing picture include the diversity in cell lineage, mutant RAS protein level, proliferative and metabolic status, tumor stage, the existence of niche specific factors and epigenetic changes acquired during tumorigenesis/tumor progression which might contribute to ferroptosis execution/escape.
Many small molecule drugs have been developed to trigger ferroptosis and to inhibit the main enzymes able to metabolize LPO products and/or repair LOOH. Moreover, several FDA-approved drugs that are already in clinical use or have a strong potential for clinical translation were found to promote ferroptosis. Here, we will discuss several therapeutics that are FDA approved or that are being tested in RAS-driven cancers (Figure 5).
Immunotherapy
Immune checkpoint inhibitors (ICIs) have revolutionized the clinical management of patients with cancer. ICIs act blocking Cytotoxic T-Lymphocyte Antigen 4 (CTLA4), Programmed cell death protein 1 (PD-1) and its ligand PD-L1, thereby activating an effective cytotoxic anti-tumor immune response. Interferon gamma (IFNγ) released from cytotoxic T cells activates the JAK–STAT1 pathway, which in turn downregulates the expression of SLC7A11 and SLC3A2 inducing ferroptosis in cancer cells (Wang et al., 2019c) (Figure 5). Moreover, other cytokines released during immunotherapy, such as TGF-ß, can facilitate ferroptosis (Kim et al., 2020). Even though inhibition of PD-L1 failed in KRAS-mutant CRC (Infante et al., 2016), KRAS mutations in NSCLC were predictive of superior response to ICI compared to wild-type patients (Torralvo et al., 2019). Several co-occurring mutations have been described to mediate efficacy of immunotherapy in RAS-mutant LC. Indeed, while TP53 co-mutations are associated with clinical benefit, STK11 (alias LKB1) loss showed ineffectiveness of immunotherapy (Koyama et al., 2016; Dong et al., 2017). It is worth to note that both TP53 and STK11 are involved in ferroptosis regulation. TP53 has been shown to directly or indireclty promote ferroptosis by suppressing SLC7A11 or other metabolic genes (Jiang et al., 2015; Ou et al., 2016; Zhang et al., 2017). On the other hand, LKB1 suppresses ferroptosis via the LBK1-AMPK-ACC-FASN axis (Li et al., 2020a). Therefore, it is tempting to speculate that presence of mutant KRAS and concomitant mutations in TP53 and/or STK11 might influence ICI therapy efficacy by modulating ferroptosis susceptibility.
Radiotherapy
Radiotherapy is used alone or in combination with other therapies for several solid tumors, including RAS-driven cancers. Radiotherapy has been described to induce ferroptosis in preclinical cancer models and it synergizes with immunotherapy in the suppression of SLC7A11 (Lang et al., 2019) (Figure 5). Ionizing radiation (IR) also activates ACSL4 expression, thus promoting the formation of PUFA–PL and subsequent LPO (Lei et al., 2020). One more way by which radiation causes ferroptosis is through the release of irradiated tumor cell-released microparticles (RT-MPs) which seem to be at the base of the so-called “radiation-induced bystander effect (RIBE) (Mothersill and Seymour, 2004; Wan et al., 2020). Finally, radiotherapy can promote autophagy-dependent ferroptosis, via activation of cyclic GMP–AMP synthase (cGAS) (Li et al., 2020b). The fact that RAS oncogene has been implicated in establishing radioresistance (Sklar, 1988; McKenna et al., 2003; Wang et al., 2018; Dong et al., 2021) provides the rationale for searching common ground with RAS-induced resistance to ferroptosis in certain cancers (Schott et al., 2015).
Sorafenib
Sorafenib is an inhibitor of RAF kinases which has being evaluated in clinical trials for several malignancies (NCT03247088, NCT02559778, and NCT00064350). RAF kinases are integral part of the RAS/RAF/MEK/ERK pathway. Therefore cancers driven by RAS have been shown as good candidates for sorafenib treatment (Samalin et al., 2016; Lim et al., 2018; Khoury et al., 2020). Even though sorafenib was reported to induce apoptosis and autophagy in cancer cells trough suppression of RAS/RAF signaling pathway (Ullén et al., 2010; Garten et al., 2019), many other studies suggested that sorafenib induces ferroptosis by inhibiting the system xCT independently of the inhibition of RAF pathways (Dixon et al., 2014; Lachaier et al., 2014; Sun et al., 2016) (Figure 5). Therefore, it is likely that the sensitivity of RAS-driven cancers to sorafenib is due to the susceptibility to ferroptosis induction rather than solely to inhibition of RAS/RAF/MEK/ERK pathway. Future studies and combination trials with other ferroptosis inducers might be useful to understand to which extend ferroptosis contributes to the anticancer effect of sorafenib.
Sulfasalazine
Sulfasalazine is an anti-inflammatory drug that can suppress the cancer growth by inhibiting the system xCT, inducing ferroptosis in preclinical models (Gout et al., 2001; Dixon et al., 2012) (Figure 5). Sulfasalazine has been evaluated in phase I clinical trials for glioblastoma and breast cancer (NCT04205357, NCT01577966, and NCT03847311). As it regards LC, sulfasalazine has been recently reported to selectively kill KRAS-mutant LC, indicating that it might be a good drug candidate in this tumor type (Hu et al., 2020).
Cyst(e)inase
Cyst(e)inase is an engineered human enzyme that can degrade cysteine and cystine (cyst(e)ine), causing cell death in cancer cells (Cramer et al., 2017). In particular, cyst(e)inase-mediated depletion of cyst(e)ine is well tolerated and can induce ferroptosis in preclinical models of mutant Kras/Tp53 PDAC (Badgley et al., 2020). These data suggest that strategies regulating extracellular cyst(e)ine levels using cyst(e)inase or cyst(e)ine-deprived diet could offer new therapeutic opportunities in combination with other ferroptosis inducing drugs.
The Glutamine Metabolism Dilemma
The need of cancer cells for glutamine, the so called “glutamine addiction”, represents a vulnerability that can be exploited therapeutically, especially in KRAS-driven cancers (Son et al., 2013; Toda et al., 2017; Bernfeld and Foster, 2019; Galan-Cobo et al., 2019). Moreover, glutamine, like cysteine, is intimately connected to ferroptosis. If on the one hand, generation of glutamate via GLS1/2-mediated glutaminolysis of glutamine promotes the activity of the xCT system and the synthesis of GSH, on the other hand glutamine is essential to execute ferroptosis under cysteine deprivation (Gao et al., 2015).
Moreover, glutamine contributes to maintenance of the redox balance via the production of aspartate through the transamination pathway. This leads to the formation of malate and pyruvate, concomitantly producing NAD+ and NADPH.
In addition, Muir et al. showed that cystine levels dictate glutamine dependence via xCT and concurrent high expression of GLS and xCT may predict response to glutaminase inhibition (Muir et al., 2017). It is unclear whether glutaminase inhibitors like BPTES, CB-839 and compound 968, exert their anticancer effects by modulating ferroptosis sensitivity in KRAS tumor cells and how glutamine dependency might be a predictive marker of ferroptosis susceptibility.
Neratinib
The tyrosine kinase inhibitor neratinib induces ferroptosis in RAS-, EGFR-, and HER2-driven cancer cells (Booth et al., 2019; Dent et al., 2019, 2020; Nagpal et al., 2019). Neratinib is being tested in trial combination therapy with valproate for advanced RAS-mutated solid tumors (NCT03919292). A further connection between RAS and neratinib is given by recent data showing that RAS-dependent reactivation of mTORC1 accounts for the resistance to neratinib (Sudhan et al., 2020). Therefore, it would be of interest to further investigate whether concomitant RAS/mTORC1 inhibition might synergize with neratinib at inducing ferroptosis.
GPX4 Inhibitors
RSL3 was first identified in a high-throughput screening as a compound that can selectively induce ferroptosis in transformed cells harboring activated HRAS (Yang and Stockwell, 2008). Affinity purification experiments identified GPX4 as a direct target of RSL3 (Yang et al., 2014) (Figure 5). Similar to RSL3, ML162, another GPX4 inhibitor, was identified in a drug screening for compounds targeting HRAS (Weïwer et al., 2012). However, poor pharmacokinetic properties and promiscuous binding to targets other than GPX4, have limited the use of RSL3 and ML162 in in vivo studies and clinical trials (Eaton et al., 2020). On the other end, the pro-drug GPX4 inhibitor ML210 and its derivative, JKE-1674, have shown higher specificity and favorable bioavailability that maybe exploited for cancer therapy (Eaton et al., 2020). Altretamine, an FDA-approved alkylating agent, has been shown to induce ferroptosis (Woo et al., 2015) and was tested in HIV-related lymphoma and sarcoma (NCT00002936). Also the natural compound Withaferin A, has shown a multifaceted pro-ferroptotic activity via inhibition of GPX4, activation of XMOX1, induction of ROS and inhibition of the MAPK/RAS/RAF pathway (Hassannia et al., 2018, 2020; Yin et al., 2020). This pleiotropic effect, targeting multiple dependencies and vulnerabilities of RAS-driven cancers, along with its development into nanocarriers (Hassannia et al., 2018) warrant future investigation to establish whether Withaferin A might be an effective ferroptosis inducer.
Statins and FASN Inhibitors
Statins are widely prescribed cholesterol-lowering drugs that inhibit HMG-CoA reductase (HMGCR), the rate-limiting enzyme of the mevalonate metabolic pathway, which gives rise to cholesterol (Figure 5). Also, statins block the formation of isopentenyl pyrophosphate (IPP), the precursor of GPX4 and coenzyme Q10, facilitating ferroptosis. Since the mevalonate pathway influences several aspects of the signaling pathways in cancer (Mullen et al., 2016), their potential application in cancer therapy (reviewed in (Longo et al., 2020) has been tested in several tumors, including in RAS-driven cancers. The initial observation that RAS activation may enhance sensitivity to statins (Yu et al., 2018), was then challenged by the failure of several clinical trials (Hong et al., 2014; Lee et al., 2014; Baas et al., 2015). A possible explanation of these outcomes might be that statins induce a feedback activation of the Sterol Regulatory Element-binding transcription Factor 1/2 (SREBP1/SREBP2) pathways which activate the genes of the mevalonate and lipid synthesis. Indeed, suppression of SREBP2 has been reported to sensitize cancer cells to statin-induced death (Longo et al., 2019). Interestingly, mutant KRAS activates the SREBP1/FASN pathway in LC (Gouw et al., 2017) and FASN inhibition is a selective vulnerability of mutant KRAS LC (Bartolacci et al., 2017, 2021). Indeed, the FASN inhibitor TVB-3664 has been reported to induce ferroptosis specifically in KRAS-mutant LC models and its human specific isomer, TVB-2640 is being tested in phase 2 clinical trial KRAS-mutant LC patients (NCT03808558, (Bartolacci et al., 2021). Therefore, we can speculate that combination of statins and SREBP/FASN inhibition might be an efficient strategy to induce ferroptosis in this cancer type.
Auranofin and Ferroptocide
A combination of the anti-rheumatoid arthritis drug Auranofin and rapamycin is now in phase I, II clinical trial for RAS-mutant small and squamous LC (NCT01737502). Both compounds are being reported to induce ferroptosis and to synergize. Indeed, auranofin induces ferroptosis through inhibition of thioredoxin reductase (TXNRD) activity (Yang et al., 2020) (Figure 5) and has been shown as a successful strategy to induce ferroptosis in small cell lung cancer (SCLC) in combination with BSO-dependent GPX4 inhibition (Bebber et al., 2021). On the other hand, rapamycin, the most used and characterized mTOR inhibitor and inducer of autophagy, has been recently described to induce degradation of GPX4 (Figure 5), thereby activating autophagy-dependent ferroptosis in PDA cell lines (Liu et al., 2021).
Ferroptocide is another molecule targeting the TXN/TXRD system, which induces ferroptosis covalently binding to TXN (Llabani et al., 2019). Of note, TXN is dysregulated in pancreatic cancer where it regulates KRAS signaling pathway (Schultz et al., 2017), indicating that it may represent a good strategy to induce ferroptosis in RAS-driven cancers.
Methotrexate
Methotrexate is an inhibitor of the dihydrofolate reductase (DHFR), which catalyzes the biosynthesis of the tetrahydrobiopterin (BH4) (Figure 5). BH4 is not only the precursor of nucleotides, but it is also a potent antioxidant that protects lipid membranes from autoxidation. Blocking BH4 synthesis, genetically or via methotrexate treatment, synergizes with GPX4 inhibition at inducing ferroptosis (Soula et al., 2020). Methotrexate is now being tested in combination with regorafenib in phase II clinical trial for recurrent or metastatic KRAS-mutant NSCLC (NCT03520842). Interestingly, methotrexate was initially reported to target RAS by inhibiting the isoprenylcysteine carboxyl methyltransferase. This enzyme is responsible for the carboxyl methylation of RAS protein and its inhibition causes RAS mis localization from the membrane impairing downstream signaling and cell proliferation (Winter-Vann et al., 2003). Ongoing clinical trials and future investigations will determine whether the two mechanisms of action contribute to the anticancer activity of methotrexate in RAS-driven cancers.
Natural Compounds Inducing Ferroptosis
Several naturally occurring compounds are emerging as potential ferroptosis inducers in RAS cancers. Initially discovered as naturally occurring anti-malarial compounds extracted from Artemisia annua, artemisinins have shown potential as anti-cancer therapies (Kiani et al., 2020). In particular, artesunate, one of the most popular artemisinins, can trigger ferroptosis in KRAS-mutant PDA cancer cells by increasing the intracellular levels of free iron (Eling et al., 2015; Wang et al., 2019d). Another natural product, Erianin, isolated from Dendrobium chrysotoxum Lindl, has been shown to induce ferroptosis in preclinical models of KRAS-mutant LC by causing high levels of intracellular iron and calcium (Chen et al., 2020). Also, bromelain, a mixture of proteolytic enzymes derived from pineapple stem (Ananas comosus L., family Bromeliaceae), has been shown to mediate ferroptosis in KRAS-mutant CRC via upregulation of ACSL4 (Park et al., 2018).
CONCLUSIONS: THE PATH FORWARD
Recent years have witnessed dramatic advancements in our understanding of how cancers driven by oncogenic RAS have altered metabolic needs, leading to the recognition that lipids have roles that go far beyond being simple substrates for energy storage and production. Instead, lipids regulate critical cellular processes. For instance, LPO is involved in the regulation of ferroptosis, a special type of cell death, with potential applications in cancer therapy. In our review of the literature, we explored ferroptosis in the context of oncogenic RAS-driven cancers.
The basic knowledge that has accumulated so far provides an opportunity to reconsider the importance of lipid metabolism and oxidative stress in RAS-driven cancers. However, there is still much work to be done to fully understand RAS metabolic dependencies and their implications in terms of ferroptosis susceptibility. Firstly, it is likely that RAS mutations have tissue-specific effects on metabolism. This is due to the intrinsic metabolic wiring in the tissue of origin of a particular tumor and its interaction with oncogenic RAS. In addition, cancer cells undergo a profound lipid metabolism reprogramming during metastasis which in turn may influence their susceptibility to ferroptosis. (Rozeveld et al., 2020; Ubellacker et al., 2020; Ferraro et al., 2021). Also, some evidences have suggested that high proliferative cancer cells are more prone to ferroptosis induction (Codenotti et al., 2018). However, whether the tumor stage and the proliferation rate of RAS-driven cancers might affect their susceptibility to oxidative stress and ferroptosis, remains to be elucidated. These and other cancer specific features may create distinct metabolic dependencies for RAS mutations in different tumor types that should be explored in a systematic fashion. In a similar manner, RAS mutations act in the context of co-occurring mutations—namely other oncogenic events as well as deletion/mutation of a constellation of tumor suppressor genes. For instance, the tumor suppressor p53 has been shown to have an impact on multiple facets of lipid metabolism and ferroptosis (reviewed by (Liu et al., 2020)). Therefore, it will be important to consider the tumor suppressor background when studying the interplay among mutant RAS/lipid metabolism/ferroptosis. Another aspect that requires additional study will be how these RAS-dependent metabolic changes are altered in vivo in the TME. This includes areas of hypoxia, limited nutrients, as well as potential metabolic crosstalk between tumor and stromal cells. To understand these complex relationships will require the use of sophisticated autochthonous tumor models as well as the ability to perform metabolic tracing studies in vivo. Additionally, in regard to therapeutic targeting of altered lipid metabolism and/or ferroptosis inducers, it will be of significance to identify adaptive responses of RAS-driven cancers which could promote therapeutic resistance. As new approaches in lipidomics are applied to the study of ferroptosis in RAS-driven cancers, we anticipate that new biomarkers will be identified, the mechanisms behind ferroptosis-susceptibility will unfold and inform how to integrate ferroptosis inducers with existing chemotherapeutic agents.
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The RAS oncogene is one of the most frequently mutated genes in human cancer, with K-RAS having a leading role in tumorigenesis. K-RAS undergoes alternative splicing, and as a result its transcript generates two gene products K-RAS4A and K-RAS4B, which are affected by the same oncogenic mutations, are highly homologous, and are expressed in a variety of human tissues at different levels. In addition, both isoforms localise to the plasma membrane by distinct targeting motifs. While some evidence suggests nonredundant functions for both splice variants, most work to date has focused on K-RAS4B, or even just K-RAS (i.e., without differentiating between the splice variants). This review aims to address the most relevant evidence published regarding K-RAS4A and to discuss if this “minor” isoform could also play a leading role in cancer, concluding that a significant body of evidence supports a leading role rather than a supporting (or secondary) role for K-RAS4A in cancer biology.
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INTRODUCTION
The importance of gene alternative splicing has been well documented. This conserved biological process occurs when a single gene produces different mRNA transcripts, thus helping to contribute to the formation of a vast transcriptome and proteome (Kelemen et al., 2013). This process generates protein diversity, as a single gene can result in the production of different variants of a protein, which may exhibit differential tissue expression (Sorek and Amitai 2001). In summary, alternative splicing results in different: 1) protein function; 2) tissue expression; 3) localisation; enzymatic activities; and 4) protein-protein interactions (Kelemen et al., 2013). The differences between splice variants are of pharmaceutical importance since they may contribute to variable treatment responses.
There are three RAS genes encoding four isoforms, which are ubiquitously expressed in human cells and share 82–90% sequence homology. These four isoforms are H-RAS, N-RAS, K-RAS4A and K-RAS4B (Cox and Der 2010). RAS mutations are frequently found in cancer (∼24% of all cancers) (Stalnecker and Der 2020), where the K-RAS gene is mutated in approximately 17% of all cancer types (46,213 mutant samples/272047 samples tested), N-RAS gene is mutated in ∼5.1% (7,926 mutant samples/154172 samples tested), and H-RAS in ∼2.3% (2,404 mutant samples/106318 samples tested) (as reported in the Catalog of Somatic Mutated in Cancer, COSMIC database, v94, in August 2021). RAS mutations are crucial for personalised medicine since they can direct targeted therapies and serve as diagnostic and prognostic markers for different cancers (Murugan et al., 2019). In fact, K-RAS mutations were considered adverse prognostic factors and indicators of EGFR-targeted therapy resistance in certain cancer types such as lung and colorectal (Pao et al., 2005; Marks et al., 2008; Normanno et al., 2009). Figure 1 summarizes some of the most frequently K-RAS mutated tissues based on the COSMIC database (searched in COSMIC database, v94, in May 2021).
[image: Figure 1]FIGURE 1 | Most frequent human tissues affected by K-RAS mutations based on the COSMIC database, v94 (data obtained in May 2021).
The discovery over 35 years ago (McGrath et al., 1983; Shimizu et al., 1983) of the fourth exons 4A and 4B resulted in the identification of the existence of two protein isoforms, K-RAS4A and K-RAS4B [189 and 188 amino acids (aa), respectively]. The 21-kDa RAS gene products shares 100% sequence homology in the first 86 aa residues among different RAS isoforms (K-, N- and H-RAS) (Messina et al., 2019). The RAS G domain comprises the first 165 aa, representing the catalytic and switching region where the exchange between GDP/GTP occurs. It is also the domain to which different effectors, exchange factors, and GTPase-activating proteins (GAPs) bind. K-RAS plays an essential role in mouse embryonic development (Koera et al., 1997; Hobbs, Der, and Rossman 2016), whereas K-RAS4A, H-RAS and N-RAS expression is dispensable for mouse development (Esteban et al., 2001; Plowman et al., 2003). Unlike K-RAS4A, K-RAS4B has been heavily researched.
Mutations that activate K-RAS usually affect codons 12, 13, and 61 (the majority being missense substitutions), which are common to both genes, thus rendering both oncogenic (Capon et al., 1983). The biological relevance of the alternative splicing of K-RAS has never been fully elucidated. Most studies have concentrated their attention on K-RAS4B rather than K-RAS4A. For example, while a Pubmed search on “K-RAS” or “KRAS” yields 21,408 results, a search on “K-RAS4A” or “KRAS4A”or “K-Ras4A” or “KRas4A” or “K-Ras4a” or “KRas4a” yields 54 results and a search on “K-RAS4B” or “KRAS4B″or “K-Ras4B” or “KRas4B” or “K-Ras4B” or “K-Ras4b” or “KRas4b” yields 213 results (all searched on May 20, 2021). This finding suggests that most studies have not discriminated by K-RAS isoform. Nevertheless, the two splice variants exhibit differential tissue expression (Newlaczyl et al., 2017). Therefore, the present review aims to improve the general understanding of each isoform by describing previous work an discussing potential roles of K-RAS4A in cancer.
K-RAS4A VERSUS K-RAS4B: STRUCTURE AND SIGNALLING
It is well stablished that RAS isoforms exhibit distinct biological activities and subcellular localisations that depend mainly on the interaction between the C-terminal hypervariable region (HVR) and host membranes (Hancock 2003; Laude and Prior 2008). The HVR region is composed of a linker domain comprising aa 166–178/179, and a targeting domain comprising aa 179/180–189/188, which undergoes posttranslational modifications that mediate membrane binding. The HVR contains a C-terminal CAAX (CAAX motif) sequence, which is modified posttranslationally (Wright and Philips 2006). The C-terminal cysteine is farnesylated for weak membrane interaction; further membrane binding stabilisation requires a second signal within the HVR region (Hancock et al., 1991). For K-RAS4B, this signal is electrostatic (i.e., six contiguous lysines), whereas for the other RAS isoforms (K-RAS4A, H-RAS and N-RAS), this stabilisation is mediated by palmitoylation (Hancock et al., 1990). The isoform H-RAS contains two palmitoylation sites within the HVR region, whereas N-RAS and K-RAS4A are monopalmitoylated (Zhou et al., 2018). Additionally, K-RAS4B displays a unique feature, a phosphorylation site (aa S181) that behaves as an electrostatic farnesyl switch, inducing K-RAS4B translocation from the plasma membrane to other endomembrane compartments (Barcelo et al., 2014). The different posttranslational modifications that occur in the RAS C-terminal region were, and still are, considered potential targets for anti-cancer therapies despite the failure of farnesyltransferase inhibitors in the past (James, Goldstein, and Brown 1996; Konstantinopoulos et al., 2007; Ahearn et al., 2018).
RAS interaction with the plasma membrane is required for its function. K-RAS4A and K-RAS4B differ mainly in their C-terminal regions (Laude and Prior 2008; Tsai et al., 2015), which in the case of K-RAS4A, contains a site of palmitoylation and a bipartite polybasic region able to independently deliver K-RAS4A to the plasma membrane (Laude and Prior 2008; Tsai et al., 2015; Zhao et al., 2015). This indicates that, compared to other RAS proteins, K-RAS4A is the only one harbouring a dual membrane-targeting motif and that K-RAS4B is more positively charged and less hydrophobic than K-RAS4A. It has been proposed that the bipartite polybasic region alongside the monopalmitoylation and farnesylation of K-RAS4A may affect its function and expression, in addition to place this variant between K-RAS4B and N-RAS in terms of protein similarities (Laude and Prior 2008; Nussinov et al., 2016).
Structural analysis using atom molecular dynamics simulations investigated K-RAS4A placement at membranes that contain anionic lipids (POPS or PIP2) (Li and Buck 2017). This study demonstrated that K-RAS4A prefers different orientations at the membrane, where both its topology and the electrostatic interaction between its charged residues and the anionic lipids influence its orientation (Li and Buck 2017). Hancock and others reported that inhibition of acid sphingomyelinase mislocalises K-RAS4A and K-RAS4B from the plasma membrane to the endomembrane and blocks their nanoclustering, thus suggesting that an indirect inhibitor of sphingomyelinase could serve as a potential anti-K-RAS agent (Cho et al., 2016).
The protein conformations of K-RAS4A and K-RAS4B have also been compared by all-atom molecular dynamics simulations to identify isoform-specific differences. The results suggested that the catalytic domain of GDP-bound K-RAS4A differs from that of K-RAS4B by presenting a more exposed nucleotide binding pocket, also showing distinct dynamic fluctuations in switch I and II regions, which could affect the interaction between the catalytic domain and downstream effectors (Chakrabarti et al., 2016).
All four RAS isoforms have been shown to possess different biological activities and effector signalling. At least 11 different RAS effector families have been described, which drive distinct signalling cascades (Hobbs et al., 2016). Although all RAS proteins can differentially activate the Raf-MEK-ERK signalling pathway and affect cell phenotype in vitro, K-RAS4A and K-RAS4B have been shown to differentially affect Raf-1 (Voice et al., 1999). Furthermore, application of stable isotope labelling with amino acids in cell culture (SILAC) and affinity-purification mass spectrometry (AP-MS) to characterize the nucleotide-dependent protein interactomes of K-RAS4A and K-RAS4B revealed novel interactomes for each variant, with comparable numbers of interacting proteins for both wildtype and mutant versions of each splice variant (Zhang et al., 2018). Zhang and others described that K-RAS4A interacts with Raf-1 with higher affinity than K-RAS4B, leading to increased RAF1-1MEK-ERK signalling cascade, and that K-RAS4A showed increased anchorage-independent growth in assays that compared K-RAS4A- and K-RAS4B-transformed NIH 3T3 cells (Zhang et al., 2018). Interestingly, Bigenzahn and others performed proteomic analysis using K-562 chronic myeloid leukaemia cell lines. They reported that, while the two RAS isoforms share 28 interactors, they also each have distinct interactomes, with K-RAS4A specifically binding to fewer proteins than K-RAS4B (15 proteins versus 29, respectively) (Bigenzahn et al., 2018). Cumulatively, these findings suggest a certain degree of functional overlap and also raise the possibility that the splice variants cooperate with each another or compensate for each other’s function, depending on the cell type and intracellular pathway involved.
K-RAS4A protein was identified as a defattyacylation substrate of SIRT2, a member of the sirtuin family of protein lysine deacylases (Jing et al., 2017). Through biochemical and cell biology approaches, Jing and others found that K-RAS4A is fatty acylated on lysine residues at its C-terminal HVR, and that SIRT2 removes lysine fatty acylation from K-RAS4A, resulting in increased endomembrane localisation, interaction with A-Raf, and in turn enhanced K-RAS4A transforming activity (Jing et al., 2017). Thus, the study of small molecules that could inhibit the defatty-acylation activity of sirtuins may have therapeutic potential. Spiegelman and others developed a SIRT2 inhibitor, named JH-T4, which was the first such inhibitor to enhance K-RAS4A lysine fatty acylation in vitro (Spiegelman et al., 2019). Although JH-T4 showed anti-cancer effects in cancer cells, it was also toxic to normal cells, suggesting a lack of cancer cell selectivity (Spiegelman et al., 2019). Thus, JH-T4, while potentially promising, awaits further improvements that may enhance its cancer cell selectivity.
Collectively, the studies suggest that RAS effector pathways may be differentially impacted by RAS structural conformation, localisation to membranes, and isoform-specific binding affinities, which may lead to variable signalling outputs. Figure 2 compares the K-RAS4A and K-RAS4B protein sequences, highlighting the important residues for membrane binding, and also the simplified schematic representation of the RAS pathway indicates that each isoform has its own binding affinities for different effectors, which may result in a variety of cell responses.
[image: Figure 2]FIGURE 2 | K-RAS4A versus K-RAS4B protein sequence and signalling. RAS proteins contain a G domain (residues 1–165) responsible for the catalytic and switching portion of the protein that interacts with GDP/GTP, exchange factors, and GTPase-activating proteins (GAPs). The less homologous part corresponds to the hypervariable region (HVR) domains (final 23/24 residues). RAS are farnesylated on their C-terminal cysteine residue (CAAX motif), undergo AAX proteolysis and receive carboxyl methylation at the C-terminal prenylcysteine to allow the first step in membrane binding. A second motif improves this weak binding, which is a hexa-lysine polybasic stretch (residues 175–180) that interacts electrostatically with membranes in the case of K-RAS4B. Whereas, K-RAS4A membrane binding is stabilised by a monopalmitoylation site (residue 180), whereas this site is absent in the isoform K-RAS4B (Hancock et al., 1991). The KIKK motif (residues 182–185) was shown to be an additional membrane-targeting motif for K-RAS4A (Zhao et al., 2015), in addition to other basic motif corresponding to RLKK (residues 167–170) (Tsai et al., 2015). The binding of growth factors to the extracellular regions of receptor tyrosine kinases (RTKs) initiates the signal that will lead to the activation of RAS proteins downstream of the receptor. The isoforms can bind to a variety of effectors with variable affinities where, for example, hexokinase 1 was shown to bind to K-RAS4A with higher affinity than to K-RAS4B; the same was observed for Raf1 (Zhang et al., 2018; Amendola et al., 2019). Part of the figure was built and adapted from the “Ras Pathway” template, by BioRender.com.
COMPARISON OF K-RAS4A AND K-RAS4B TISSUE EXPRESSION PROFILES
Profiling of K-RAS splice variant expression have shown that K-RAS4A and K-RAS4B expression levels differ across tissues. The K-RAS4A/4B expression ratio varies according to normal versus tumour tissues, as well as by tumour type analysed (e.g. lung, pancreas and colorectal cancer) (Plowman et al., 2003; Abubaker et al., 2009; Aran et al., 2018). For example, in patients with non-small cell lung cancer (NSCLC), K-RAS4B mRNA showed higher expression than K-RAS4A (Aran et al., 2018). In contrast, similar splice variant levels were reported in the colon (Pells et al., 1997). When the gene expression profiles of each RAS isoform were characterized in a full developmental time course mouse tissue panel, K-RAS4B expression was frequently higher than K-RAS4A (Newlaczyl et al., 2017). The findings suggested that K-RAS4A is the most dynamically regulated RAS isoform (upregulated in pre-term in stomach, intestine, kidney and heart) (Newlaczyl et al., 2017).
A quantitative RT-PCR assay has been developed to detect the splice junction region and thus measure variant expression in human cancer cell lines (Tsai et al., 2015). Of the 30 cell lines tested, the isoform K-RAS4A was expressed in all of them; with similar levels to that of K-RAS4B detected in 17 human colorectal tumours. Analysis with splice variant-specific antibodies supported this finding (Tsai et al., 2015). K-RAS4A showed higher expression in colon cancer and melanoma cell lines than in other cell lines tested (Tsai et al., 2015). Furthermore, there were no significant differences in the relative abundance of the two K-RAS mRNAs among cells that harboured wildtype versus mutant K-RAS. Another study showed that K-RAS4A was found to be expressed in both human renal cell carcinomas and human renal cell carcinoma cells lines, with its upregulation sensitive to aldosterone (King et al., 2014).
As previously mentioned, the K-RAS4A HVR sequence shares similarities with those of K-RAS4B and N-RAS. Nussinov and colleagues proposed that the N-RAS-like state of K-RAS4A (i.e., palmitoylated and farnesylated) could influence its high expression in melanoma, and that the K-RAS4B-like state of K-RAS4A (i.e., farnesylated) could contribute to the high expression levels seen in colon cancer (Nussinov et al., 2016).
Regarding benign tumour tissues, Shahrabi-Farahani and colleagues reported that during the proliferative phase of the menstrual cycle, K-RAS4A mRNA was upregulated (2.7-fold higher) in eutopic endometrium in patients with endometriosis compared to controls (Shahrabi-Farahani et al., 2015), whereas no significant correlation was observed between K-RAS4B and the different menstrual cycle phases (Farahani et al., 2015). Shahrabi-Farahani and colleagues proposed that increasing the K-RAS4A\4B ratio could affect the equilibrium between proliferation and apoptosis, two processes that are responsible for maintaining a normal eutopic endometrium, thus leading to the proliferative phase defect seen in patients with endometriosis. Furthermore, expression of both splice variants was also detected in patients with leiomyoma (i.e., uterine tumours originating from smooth muscle cells) (Zolfaghari et al., 2017).
POSSIBLE ROLES FOR K-RAS4A IN TUMORIGENESIS
Different roles have been attributed to K-RAS4A. Studies of embryonic stem cells have suggested that K-RAS4A promotes apoptosis while K-RAS4B inhibits it, and that the K-RAS4A/4B isoform ratio regulates tumorigenesis by influencing stem cell differentiation and survival (Plowman et al., 2006). In addition, K-RAS4A was recently shown to be enriched in cancer stem-like cells under hypoxia conditions, whereas K-RAS4B was mainly induced by ER stress (Chen et al., 2021). Chen and colleagues also suggested that K-RAS4A splicing could be controlled by the DCAF15/RBM39 pathway (Chen et al., 2021). Another study used a matrix metalloproteinase 2 (MMP-2) promoter-luciferase reporter assay to demonstrate that the transcription of MMP-2 in K-RAS knockout fibroblasts was partially restored by transient expression of K-RAS4B but not K-RAS4A (Liao et al., 2003). This finding suggests that K-RAS4B has a greater metastatic potential than K-RAS4A, because tumour cells that express oncogenic RAS have a higher metastatic potential partially due to up-regulation of MMP-2 (Liao et al., 2003). Overall, both reports support a more tumorigenic role for K-RAS4B than K-RAS4A.
Interestingly, K-RAS4A shares similarities with H-RAS; both have been shown to induce lung tumours in wildtype and H-RAS knock-in mice (To et al., 2008). Since K-RAS presents mutations at the same regions in both splice variants, the vast majority affecting codon G12, some cancers may harbour mutations in one or even both isoforms simultaneously. Thus, blocking one isoform might not be enough to fully reduce the cell’s oncogenic potential. Oncogenic K-RAS4A has also been shown to induce lung carcinogenesis in mice (To et al., 2008), and a recent publication by the Barbacid group demonstrated that expression of K-RAS4AG12V in mice that lack K-RAS4B is sufficient to promote metastatic lung adenocarcinomas (Salmon et al., 2021). These reports highlight K-RAS4A’s oncogenic potential, suggesting it could serve as a future therapeutic target.
Studies performed on patient samples have also supported different roles for each isoform. Abubaker and colleagues found an association between K-RAS4A overexpression and improved overall survival in patients with colorectal cancer, whereas overexpression of K-RAS4B was significantly associated with larger tumour size (Abubaker et al., 2009). The RAS oncogene is also involved in cell metabolism, and it was suggested that distinct RAS mutations might lead to variable metabolic dependencies (Kimmelman 2015). Recently, hexokinase 1 (HK1) was shown to be a K-RAS4A effector, which could impact on the tumours’ cells metabolism (Amendola et al., 2019).
In human K-RAS-mutant leukaemia cell lines and in acute myeloid leukaemia (AML) cells, K-RAS4A is also expressed, and Zhao and colleagues showed that cells harbouring mutations at the palmitoylation site of oncogenic K-RAS4A (i.e., palmitoylation-defective mutant K-RAS4AG12D/C180S) present a reduction in leukemogenicity potential. Unlike the results seen with mutations at the palmitoylation site of N-RAS (i.e., palmitoylation-defective mutant N-RASG12D/C181S), palmitoylation-defective K-RAS4A could still induce leukaemia in mice (Zhao et al., 2015). The KIKK motif of K-RAS4A appears to impact on its transforming activity since mutations affecting both the palmitoylation site and the KIKK motif blocked oncogenic K-RAS4A from inducing leukaemia in mice (Zhao et al., 2015). These findings support a role for the different posttranslational modifications in RAS function and oncogenic potential.
The fact that both splice variants are identical in the region where most K-RAS oncogenic mutations occur suggests that previous reports of mutations in K-RAS may actually have uncovered mutations in both transcripts, not just in K-RAS4B. In addition, cancers harbouring K-RAS mutations may behave differently depending on which splice variant is predominantly affected, which could impact on therapy response. As K-RAS4A and K-RAS4B possess slightly different structures when in the GDP-bound state, with GDP-bound K-RAS4A presenting a more exposed nucleotide binding pocket than GDP-bound K-RAS4B (Chakrabarti et al., 2016), compounds developed to target this catalytic domain could also be considered as a means to differentiate between the oncogenic mutant variants. The recent FDA approval of Sotorasib or Lumakras (previously known as AMG 510, Amgen), a K-RASG12C inhibitor able to reduce K-RASG12C tumours (Canon et al., 2019; Hong et al., 2020), is a major breakthrough in RAS biology, since for many years RAS was considered an undruggable target. How efficient this drug is when comparing K-RAS4AG12C versus K-RAS4BG12C in different cancer types remains to be determined. It would be interesting to see the development of novel mutation- and splice variant-specific inhibitors in those cancers where both isoforms are simultaneously affected. Nevertheless, more analysis should be performed to better clarify if there are any significant differences between mutant K-RAS4A and mutant K-RAS4B in response to distinct therapies.
CONCLUSION
K-RAS4B research has historically overshadowed that of K-RAS4A, suggesting that K-RAS4A is a minor variant. Nevertheless, the fact that K-RAS4A is evolutionarily conserved and binds distinct effectors at different affinities compared to K-RAS4B, in addition to the fact that K-RAS4A expression varies across tissue types, argue for a more important role than previously thought. Additional work is needed to unravel the different roles that each splice variant plays in normal versus tumours tissues. Such knowledge may help inform understanding of therapy resistance and improve disease management of cancer types with differential splice variant expression. Personalised medicine has exploited K-RAS-mutation-specific tumour differences for the development of mutation-selective anti-RAS strategies; thus, it could be beneficial to place K-RAS4A in the spotlight and perhaps achieve more selective cancer treatment strategies.
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MDA-MB-231 Hs 578T
Compound ICs50/uM loglCsp + SD IC50/pM loglCsp + SD
1 12 —4.92 +0.03 22.5 —4.65 + 0.04
2 22.8 —4.64 +0.06 24.9 —4.61 +£0.05
3 35 —4.46 +£0.05 25.8 —4.6 £ 0.1
4 >40 Inconclusive >40 Inconclusive
5 34.5 —4.46 +£0.05 13.2 —4.88 + 0.04
6 >40 Inconclusive >40 Inconclusive
7 >40 Inconclusive >40 Inconclusive
8 32.4 —45+0.5 10.6 —4.98 + 0.03
9 19.6 —4.71 £0.03 17.4 —4.76 + 0.01
10 >40 Inconclusive 23.1 —4.64 +£0.04
11 184 —4.81 +£0.05 52 —5.23 +0.04
12 >40 Inconclusive 8.5 —5.1+£0.1
13 >40 Inconclusive >40 Inconclusive
14 >40 Inconclusive >40 Inconclusive
OphA 0.3 —6.54 +£0.02 1.8 —5.756 £ 0.02

Data represent mean of three biological repeats (Supplementary Figures 1E-H).
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Formyl aminobenzazulenones

Aminobenzazulenones

Compound Kgq + SD/pM Compound Kgq =+ SD/pM
1 0.87 +0.02 8 3.1+0.3
2 0.23 + 0.01 9 1.44 £ 0.03
3 0.256 +0.02 10 Inconclusive
4 39+ 12 11 0.81 £0.03
5 290+7 12 6.1 +£0.3
6 31+ 10 13 62 + 26
7 45+ 4 14 21.4+0.6

A fluorescence polarization assay with the fluorescently labeled PMCA peptide
as probe was performed. For comparison Kyq(OphA) = 3.5 £ 0.2 uM. While
some compounds showed faint autofluorescence under the polarization assay
conditions, their emission was too weak as compared to that of fluorescein to
interfere with the measurements (Supplementary Figures 2C,D).
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Compound ky & SD/h~1 K; £ SD/pM ko/Ki/M~1 h—1

OphA 1.09 4 0.04 79+8 14 x 108
1 0.51 +0.09 52 4+ 29 10 x 10°
2 1.18 +0.09 13+4 93 x 10°
3 0.45 +0.07 11+6 42 x 108
8 0.35 +£0.03 39+ 10 9 x 10°
9 1.3+02 229 + 67 6 x 10°
11 0.29 +0.05 78 +34 4 %108
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Characterstics
Age (years)

Gender

Stage

Grade

AFP levels

History of alcohol consumption
Postoperative ablation embolization
Radiation therapy

TP53 mutation

CTNNB1 mutation

PCLO mutation

ALB mutation

<50
>50
Male
Female
1+l
I+ v
I+
o+ v
< 400
> 400
No
Yes
No
Yes
No
Yes
No
Yes
No
Yes
No
Yes
No
Yes

Total (370)

75
288
245
119
253

90
227
132
212

64
233
17
317

28
336

252
107
266
93
320
39
316
44

%

2067
79.33
67.30
327

7376
26.24
63.23
36.77
76.81
23.19
66.57
3343
91.88
812

97.67
233

70.19
29.81
74.09
2591
89.13
10.87
87.74
1226
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0s Dss DFI PFI
Haz. P [95% Conf.  Haz. P [95% Conf.  Haz. P [95% Conf.  Haz. P [95% Conf.
ratio interval] ratio interval] ratio interval] ratio interval]
Age 1014 0056 1.000-1.028-  1.007 0419 0990-1025 0998 0742  0985-1.011 0996 0449  0.984-1.007
Gender 1220 0250 08591758 1243 0353 0786-1965 0891 0525 0625-1272 1072 0662  0.785-1465
Stage 1 (Ref) (Ref) (Ref) (Ref)
2 1.535 0.086 0.941-2.504 1.734  0.118 0.869-3.462 1.708 0.014 1.116-2.614 1.943 0.001 1.321-2.857
3 2728 0000 1774-4193 4169 0000 2342-7.424 2820 0000  1876-4.265 2721 0000  1874-3.952
4 5318 0002 1892-14950 9.331 0000 2731-31.878 23214 0002 3055-176.362 6951 0000 2.483-19.456
Grade 1 (Ref) (Ref) (Ref) (Ref)
2 1269 0387 0740-2175 1316 0443 0653-2653 1489 0156  0859-2582  1.189 0451  0.758-1865
3 1268 0400 0721-2280 1418 0351 06832924 1724 0056  0986-3015 1347 0209  0.846-2.142
4 1514 0458 0507-4519 0689 0724 0088-5.411 1002 0998  0201-3446 0920 0877  0.320-2.647
Emboizaton 0859 0633  0.461-1602 1350 0361 07002568 2802 0000 1443-3674 2218 0000 1.457-3375
Radiation 0959 0943  0304-3021 0986 00984 0241-4024 1590 0310  0649-3892 1544 0207  0.683-3494
Alconol 1050 0799 0719-1585 1466 0099 0930-2311 1130 0502  0791-1616 1043 0794  0.760-1432
history
RAP2A 1325 0000 1.132-1550 1420 0001  1.166-1750  1.099 0216  0946-1276 1189 0011  1.040-1359

0S, overall survival: DSS, disease-specific survival: DFI, disease-free interval: PFl, progression-free interval: HR, hazard ratio: Cl, confidence interval.
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os DSS DFI PFI
Haz. P [95% Conf.  Haz. P [95% Conf.  Haz. P [95% Conf.  Haz. P [95% Cont.
ratio interval] ratio interval] ratio interval] ratio interval]
Age 1028 0003 1009-1047 1009 0410 0987-1032 1002 0809  0986-1.018  1.000 0982  0.987-1013
Gender 0971 0899 0611-1542  1.186 0679 0622-2073 0873 0540  0564-1.349 0980 0918  0.662-1.449
Stage 1 (Ref) (Ref) (Ref) (Ref)
2 1615 0096 0918-2830 2143 0047 1012-4538 1895 0010  1.165-3082 2100 0001  1.358-3.246
3 2851 0000 1775-4581 4439 0000 2405-8.193 3901 0000  2451-6210 3311 0000  2.193-5000
4 5230 0030 1176-23267  7.187 0012 1.532-33252 33053 0001 4.123-265000 8346 0001  2.362-20483
Grade 1 (Ref) (Ref) (Ref) (Ref)
2 1126 0726 0580-2.185  1.849 0191 0736-4648 1505 0211 0793285  1.173 0568  0.678-2.028
3 1323 0418  0672-2603 1837 0209 O712-4741 1837 0067 0957-3527 1224 0484  0605-2.154
4 1593 0487 0429-5924 1479 0725 0.168-13052 0979 0978  0214-4.487 0886 0850  0.253-3.101
Emboizaton  1.017 0966  0470-2203 1661 0224 0733-3766 3658 0000 20756446 2966 0000  1.746-5.087
Radiation 1057 0928  0319-3498  1.031 0967 0230-4.443 0996 0993  0388-2556  1.185 0698  0.503-2.789
Alcohol 0955 0849 0507-1520 1682 0085 0931-3040  1.077 0740  0606-1.667  1.244 0270  0844-1834
history
RAP2A 1296 0011  1.062-1581 1334 0028 1032-1724  1.063 0528  0879-1.287 1199 0037  1.011-1.428

0S, overall survival: DSS, disease-specific survival: DFI, disease-free interval: PFl, progression-free interval: HR, hazard ratio: Cl, confidence interval.
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PtdSer PM content
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inactive, GDP-bound form

Blocks the adiiion of a prenyl group to
prevent Ras-mermbrane association
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SW1116, and Ca-Co2

Jurkat, U20S, NB4, AsPC-1, Panc10.05,
MIA-PaCa2, HPAFII, Panc-1, H358, and
H441

H1792, H358, H23, Calu-1, MIA-PaCa2, NCI-
H1373, NCIH 2030, NCI-H2122, SW1463,
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