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Editorial on the Research Topic
Viscoelasticity: From Individual Cell Behavior to Collective Tissue Remodeling

This issue gathers exciting multi-disciplinary work relating viscoelasticity and collective cell remodeling within various biological processes such as morphogenesis, tumorigenesis, and wound healing. Viscoelasticity is influenced by energy transfer and dissipation during cell rearrangement at various time and space scales. Cumulative structural changes at a subcellular level have effects on viscoelasticity at a supracellular level. Established configurations of migrating cells and the rate of their change, which significantly regulate viscoelasticity at a supracellular level, have the impact on the cohesiveness inhomogeneity and various mechanical and biochemical processes at a subcellular level. This Research Topic aims to connect the macroscopic viscoelastic parameters with the individual and collective cell response. Consideration of biochemical, biophysical and bio-mechanical aspects responsible for tissue remodeling, intercalation, and migration were discussed on various multicellular systems under in vivo and in vitro conditions.
Thus in this Research Topic we aim to provide a state-of-the-art view about the current knowledge related to viscoelasticity caused by collective cell remodeling and adhesive contractile properties, covering a plethora of phenomena such as: 1) single cell response under stretched monolayers modeled with an improved Vertex model, 2) adhesion percolation within a tissue as an important factor which influences its viscoelasticity, 3) the active turbulence caused by collective cell migration accompanied with the generation of mechanical waves, 4) cell jamming state transitions, and 5) viscoelastic response characterization in liver diseases. Alternative techniques to measure and control cell rearrangement under various experimental conditions are also considered, including atomic force microscopy measurements and various elastography techniques.
This Research Topic provides an overview of the current understanding of various: biological, biochemical, biophysical and mechanical aspects of cell remodeling. The inter-relation between cell remodeling and tissue viscoelasticity was discussed by emphasizing the relevant rheological parameters, the way of their measurement under in vivo/in vitro conditions, and the strategy of multi-scale constitutive modeling.
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Various types of mechanical waves, such as propagative waves and standing waves, are observed during 2D collective cell migration. Propagative waves are generated during monolayer free expansion, whereas standing waves are generated during swirling motion of a confluent monolayer. Significant attempts have been made to describe the main characteristics of mechanical waves obtained within various experimental systems. However, much less attention is paid to correlate the viscoelasticity with the generated oscillatory instabilities. Mechanical waves have recognized during flow of various viscoelastic systems under low Reynolds number and called “the elastic turbulence.” In addition to Reynolds number, Weissenberg number is needed for characterizing the elastic turbulence. The viscoelastic resistive force generated during collective cell migration caused by a residual stress accumulation is capable of inducing apparent inertial effects by balancing with other forces such as the surface tension force, the traction force, and the resultant force responsible for cell migration. The resultant force represents a product of various biochemical processes such as cell signaling and gene expression. The force balance induces (1) forward flow and backward flow in the direction of cell migration as characteristics of the propagative waves and (2) inflow and outflow perpendicular to the direction of migration as characteristics of the standing waves. The apparent inertial effects are essential for appearing the elastic turbulence and represent the characteristic of (1) the backward flow during the monolayer free expansion and (2) the inflow during the cell swirling motion within a confluent monolayer.

Keywords: multi scale nature of viscoelasticity of multicellular system, collective cell migration, apparent inertia effects, the elastic turbulence, rheological behavior of extracellular matrix


INTRODUCTION

Collective cell migration within a monolayer induces spontaneous generation of mechanical waves [1–5]. A more comprehensive account of oscillatory patterns generation is essential for a wide range of biological processes such as morphogenesis, wound healing, regeneration, and cancer invasion [6–9]. Specifically, in this review, we concentrate on mechanical oscillations, a term we use to identify all periodical fluctuations of mechanical parameters, such as cell velocity, the resulting strain, substrate tractions, and stresses. These oscillations can be divided into two major categories: (1) standing waves generated in a confined environment [3, 5, 10–12] and (2) propagative waves generated during monolayer free expansion that travel through the system [2, 5, 13]. The standing waves represent a characteristic of local cell rearrangement, which leads to swirling motion [3]. Propagative waves have been observed during wound healing [2]. This monolayer expansion induces fluctuations of cell packing density [13]. Tlili et al. [13] reported that the frequency of velocity weaves depends only on cell packing density at the moving forward. Both types of waves induce a periodical softening and stiffening of multicellular domains [2, 3, 5]. It is necessary to correlate cell packing density with cell strains and residual stress accumulation.

Oscillator, wave-like motion of multicellular systems has been related to long-time effective inertia [3, 11]. The effective inertia is induced by generated cellular stress during long-time rearrangement. Notbohm et al. [3] considered a cell stress generation as a product of a chemical coupling where cellular stress results in increased contractility, which has a feedback impact to the effective inertia. The effective inertia, together with cellular elasticity, supports the oscillatory waves of motion [3]. Serra-Picamal et al. [2] assumed a biphasic stress response of single cells as a product of cytoskeletal reinforcement and fluidization. They also neglected long-time inertial effects. Banerjee et al. [14] coupled local strain with contractility and impose a turnover time for contractile elements, resulting in effective inertia and viscoelasticity based on the formulated continuum model. They did not take into consideration stress relaxation and residual stress accumulation caused by collective cell migration. Murray et al. [15] related cell packing density with cell stress. They also neglected inertial effects. Various approaches have been applied. Notbohm et al. [3] proposed a continuum model formulated in terms of a few coarse-grained fields such as traction and velocity, measured directly in the experiments. Murray et al. [15] proposed a continuum model presented as a system of equations capable for describing interrelation between variables such as (1) cell packing density, (2) matrix density, and (3) matrix viscoelasticity. Serra-Picamal et al. [2] and Deforet et al. [11] formulated stochastic particle-based simulations. Serra-Picamal et al. [2] balanced active propulsion force with cell elastic force and cell–matrix friction force. Deforet et al. [11] accounted for the force of inertia and balanced it with friction, intercellular adhesions, and active propulsion.

Significant attempts have been made to describe the main characteristics of mechanical waves by considering various types of experimental systems. The main characteristics of standing waves are (1) the radial velocity and cell tractions are uncorrelated; (2) radial stress component σcrr and the corresponding strain rate [image: image] are uncorrelated; (3) radial stress component is simultaneously tensional and compressional; and (4) time derivative of the stress component is in a phase with the corresponding strain rate [3]. The main characteristics of propagative waves are that (1) normal stress component σcxx and corresponding strain rate [image: image] are in phase quadrature, (2) normal stress component is always tensional, and (3) velocity and cell tractions are uncorrelated [2]. Even though the most studied model is Madin-Darbvy canine kidney cells (MDCK), other types have been employed, and despite the intrinsic variability between them, all reports seem to agree on the typical times and space scale: mechanical oscillations happen with a periodicity of ~0.5–1 mm and ~3–6 h [2, 3, 5]. The effective velocity of transmission of mechanical signals, whether traveling or standing waves, is 0.2–1 μm/min [2, 3]. These cooperative motions are driven by active cellular forces, but the physical nature of these forces and how they generate elastic waves remain poorly understood. However, it is well-known that generation of waves and their transfer strongly depends on the state of cell–cell junctions and contractility [2, 3, 16, 17]. Most of the works on generation of mechanical waves within cell monolayers have been carried out on fibroblasts, which develop weaker cell–cell adhesions [5]. The knowledge obtained on these cell types is difficult to transfer on epithelial cells, which develop strong cell–cell junctions. However, various confluent multicellular systems under in vivo conditions are capable of generating the cell swirling motion and on that base mechanical waves, which have been experimentally confirmed [18, 19]. Additional experimental work is necessary to correlate the state of cell–cell adhesion contacts and the characteristics of mechanical waves. Until now, little is reported about influence of the monolayer viscoelasticity on propagation of mechanical waves. Tambe et al. [1], Serra-Picamal et al. [2], and Notbohm et al. [3] treated a monolayer as homogeneous, isotropic, and elastic. On that basis, they neglected inertial effects during collective cell migration. Viscoelastic relaxation is expected to result in long-time-scale stress accumulation and consequently give rise to oscillations through the effective inertia. The stress accumulation can induce local stiffening and on that basis perturb established cell migrated pattern. In general, inertial effects have been discussed in the context of turbulence and quantified by dimensionless Reynolds number [image: image] (where v is the velocity, L is the characteristic length, ρ is the density, and η is the viscosity). The turbulence of Newtonian liquids is induced at large Re number, i.e., high velocity and low viscosity. However, viscoelastic systems have a few properties that distinguish them from Newtonian fluids [20, 21]. The stress field in viscoelastic systems is not uniquely defined by the current rate of strain, but rather depends on the flow history, with characteristic relaxation times for stress and strain-rate [20]. To the contrary of the turbulence generated within the Newtonian liquids, the so-called “elastic turbulence” appears during flow of viscoelastic liquids such as solutions of flexible long-chain polymers under low Reynolds number Re → 0, i.e., low velocity and high viscosity [22, 23]. The elastic turbulence represents a consequence of the system viscoelastic nature and is quantified by Weissenberg number [image: image] (τR is the stress relaxation time). For the case of polymer solutions, this elastic turbulence is accompanied by stretching of polymer chains resulting in significant system stiffening. The system stiffening is caused by residual stress accumulation, which leads to sharp growth of the flow resistance. Groisman and Steinberg [23] proposed the dimensionless elastic parameter [image: image] for characterization of the elastic turbulence rather than Re number. Steinberg [24] pointed out that the elastic turbulence of polymer solutions represents the characteristic of large Wi> 1 and vanishingly small Re≪1 number. Larson et al. [25] physically described the elastic parameter X as the ratio between the stress relaxation time τR and the viscous diffusion time tv, i.e., [image: image] (where [image: image]). Groisman and Steinberg [26] considered Couette-Taylor (CT) flow of viscoelastic polymer solutions and pointed out that the flow can become unstable when the stress relaxation time is large enough. They considered the oscillatory instabilities generation in highly elastic polymeric liquids. The rheological response of these systems corresponds to the case when the centrifugal force is totally suppressed by the elastic hoop stress. At those conditions, the flow instabilities in the form of swirls appear as a consequence of this hoop stress. Swirling flow induces inflow and outflow in radial direction driven by action of centrifugal force against elastic force [22]. This important result points out that apparent inertial effects are caused by the system simultaneous stiffening and softening occurring when Re → 0 which lead to inflow and outflow. The inflow for vr< 0 (where vr is the radial velocity component) corresponds to the compression and the outflow for vr> 0 corresponds to extension. Multicellular systems are much complex than polymer solutions, but their viscoelastic nature significantly influences cell rearrangement and should not be neglected [8, 9]. Flow instabilities generated during collective cell migration show similar rheological properties as ones recognized for other viscoelastic systems. However, cellular systems have not been considered in the context of the elastic turbulence yet. Murray et al. [15], Serra-Picamal et al. [2], Tambe et al. [1], and Notbohm et al. [3] neglected inertial effects during collective migration of cell monolayers. This assumption has been supported by low Re number flow. However, apparent inertial effects could represent a consequence of inflow during cell swirling motion and backward flow during monolayer expansion caused by residual stress accumulation. The aim of this work is to relate viscoelastic nature of cell monolayer during collective cell migration with generated standing and propagative mechanical waves. Consequently, it is necessary to (1) postulate viscoelastic constitutive model for cell monolayer and extracellular matrix; (2) describe cell packing density change, matrix density change, and their interrelation (needed for the description of volume force balance); and (3) formulate the volume force balance that drives cell rearrangement by accounting for two time scales, i.e., a time scale of minutes (for the stress relaxation) and time scale of hours (for collective cell migration, strain change, and residual stress accumulation).



VISCOELASTICITY OF CELL MONOLAYER CAUSED BY COLLECTIVE CELL MIGRATION: THE DIMENSIONLESS CRITERIA

Flow of viscoelastic systems should be characterized by two dimensionless numbers: (1) Reynolds number Re and Weissenberg number Wi as well as (2) their ratio X [23]. The oscillatory instabilities in the flow, the so-called elastic turbulence, represent the characteristic of large Wi> 1 and vanishingly small Re → 0 number [24]. The underlying mechanism of this oscillatory phenomenon is related to the coupling of the collective cell migration with the viscoelastic force, which resists the movement. The viscoelastic force arises as a consequence of the residual stress accumulation. While stress relaxation time corresponds to a time scale of minutes, the residual stress accumulation corresponds to a time scale of hours [8, 9, 27]. The parameters Re and Wi can be estimated based on experimental data from the literature such as (1) the cell velocity [image: image] [2]; (2) the characteristic length L = vxΔτ (where Δτ is the period of oscillation equal to Δτ ≈ 4 − 6 h, [2]); (3) the density of cells could be close to the density of water, i.e., [image: image]; (4) the viscosity of epithelium η = 4.4 × 105 Pas [27]; (5) the stress relaxation time τR = 3 − 14 min [24]; and (6) the characteristic time of residual stress accumulation corresponds to the period of mechanical oscillations Δτ [2, 3]. Instead of Wi, we formulated the effective value of the Weissenberg number, which accounts for the characteristic time for the residual stress accumulation equal to [image: image]. Corresponding dimensionless numbers are [image: image], Wi eff~ 0.3, while X ~1014. Groisman and Steinberg [23] distinguished critical experimental conditions for the appearance of oscillatory instabilities during flow of polyacrylamide in viscous sugar syrup as a consequence of stress relaxation. They pointed out that critical parameters are Re = 0.3 and Wi = 3.5. Generation of oscillatory instabilities in 2D collective cell migration has been experimentally confirmed [2, 3]. For deeply understanding of this complex phenomenon, it is necessary to consider the viscoelasticity of multicellular systems.



CELL LONG-TIME REARRANGEMENT DURING COLLECTIVE CELL MIGRATION: MODELING CONSIDERATION

Cell long-time rearrangement caused by collective cell migration should be discussed based on formulated interrelations between various variables such as (1) cell velocity [image: image] as a function of matrix viscoelasticity [image: image], cell viscoelasticity [image: image], and cell surface tension γst and (2) cell packing density n as a function of cell velocity, matrix density ρ, and matrix viscoelasticity (where [image: image] is the cell stress, [image: image] is the cell strain, [image: image] is the matrix stress, and [image: image] is the matrix strain). The interrelations between various variables are shown in Figure 1.


[image: Figure 1]
FIGURE 1. The schematic representation of interrelations between main model parameters that influence the generation of mechanical waves during (1) monolayer free expansion and (2) cell swirling motion within a confluent monolayer.


Consequently, the modeling consideration accounts for the following steps: (1) the expression of cell velocity [image: image] as the rate of change the cell displacement field, i.e., [image: image] (where [image: image] is the cell displacement field) [8, 9]; (2) the formulation of local cell shear and volumetric strains [image: image] and [image: image], respectively, as a function of the cell displacement field [8, 9]; (3) the introduction of a constitutive viscoelastic model for cells [image: image] (where [image: image] is the cell stress and [image: image] is the cell strain) [28, 29]; (4) the formulation of the rate of change the matrix displacement field [image: image] as a function of [image: image] [29, 30], (5) the formulation of local matrix shear and volumetric strains [image: image], [image: image], respectively, as a function of the matrix displacement field [29, 30]; (6) the discussion of the rheological behaviors of various matrix applied as a substrate for 2D collective cell migration [image: image] (where [image: image] is the matrix stress and [image: image] is the matrix strain) [2, 3, 30]; (7) the formulation of changing the cell packing density n (r, τ) as function of various fluxes, such as cell convective flux, conductive flux, durotaxis flux, haptotaxis flux, and galvanotaxis flux [15]; (8) the expression of matrix density change [image: image] as a function of matrix convective flux [15]; (9) the formulation of forces that influences cell long-time rearrangement such as the viscoelastic force, the traction force, and the surface tension force based on modified model proposed by Murray et al. [15]; and (10) the formulation of the interrelation between the cell velocity [image: image] and the forces that influences generation of propagative waves and standing wave based on the corresponding momentum balance. Discussion of cell long-time rearrangement in the context of the elastic turbulence proposed by Groisman and Steinberg [23] is the main goal of this paper.


Viscoelasticity of Multicellular Systems

Viscoelasticity of multicellular systems caused by collective cell migration has been considered on two time scales [8, 9]. The stress relaxation happens at a short-time scale t, whereas the long time scale τ is important for tracking the strain change and the residual stress accumulation as shown in Figures 2A,B for (A), a monolayer free expansion inspired by Serra-Picamal et al. [2], and (B), swirling motion of a confluent monolayer inspired by Notbohm et al. [3].


[image: Figure 2]
FIGURE 2. (A,B) Short-time relaxation cycles of cell stress and long-time residual stress accumulation for propagative and standing waves.


Stress relaxation is primarily induced by adaptation of adhesion contacts and cell shapes [16, 31], which occur at time scale of minutes. However, the local change of strain caused by collective cell migration is slower and occurs at time scale of hours. This long time scale corresponds to collective cell migration, which accounts for cumulative effects of various biochemical processes such as cell signaling and gene expression [6, 32].

Cell velocity [image: image] can be expressed as follows:

[image: image]

where [image: image] is the cell displacement field. The cell local velocity is influenced by various forces such as the viscoelastic force, the traction force, and the surface tension force. Detailed description of the forces and formulation of the force balance is necessary for understanding the mechanical waves. Corresponding cell local volumetric and shear strains depend on [image: image] and can be expressed as follows [8, 9]:

[image: image]

where [image: image] is the identity tensor, [image: image] is the cell volumetric strain, and [image: image] is the cell shear strain. Strains induce generation of stress within a cell monolayer. Collective cell migration induces inhomogeneous distribution of stress [9]. Tambe et al. [1] considered long-time residual stress distribution within collective migrated epithelial cell monolayers. Consequently, stress relaxation phenomena have not been reconstructed from their data. Maximum stress accumulation corresponds to 100–150 Pa [1]. However, Marmottant et al. [27] considered stress relaxation of cellular aggregate under constant strain (i.e., the aggregate shape) condition caused by the aggregate uniaxial compression between parallel plates. The stress decreases exponentially with the relaxation time equal to 3–14 min up to equilibrium value. Stress relaxes from ~27 Pa to the residual stress value equal to ~17 Pa during 25 min [27]. This time period corresponds to a short-time cycle. On the other hand, the strain is constant during the short-time cycle and changes from one stress cycle to another. Maximum average strain rate in x-direction during monolayer free expansion is [image: image] [2], while the corresponding period of oscillation is 4–6 h [2, 3].

Stress relaxation ability under constant strain condition represents the characteristic of the viscoelastic solid rather than viscoelastic liquid. The Maxwell model suitable for viscoelastic liquid describes stress relaxation under constant strain rate [20]. However, in the case we considered, the strain change was much slower than the stress relaxation [8, 9]. Accordingly, stress relaxes under constant strain per short-time cycle. Cell stress at a supracellular level accounts for cumulative effects of cell–cell and cell–matrix interactions [17, 33]. Cell–cell interactions influence generation of active forces as a product of the contractility of actomyosin cytoskeleton and cell's protrusions in the polarization direction. Passive forces accounts for deformation of cells during their migration. Cumulative effects of cell–cell and cell–matrix frictions influence energy dissipation obtained at a long time scale. The cell stress accounts for normal stress and shear stress contributions [9]. Normal and shear stresses consist of elastic and viscous parts and can be expressed as follows: [image: image] for volumetric stress and [image: image] for shear stress (where [image: image] and [image: image] are elastic contributions, while [image: image] and [image: image] are viscous contributions, respectively), similarly as was formulated by Murray et al. [15] for viscoelastic systems. The simplest constitutive model for a viscoelastic solid capable to describe stress relaxation is the Zener model [28]. The Zener model is expressed as follows:

[image: image]

where [image: image], [image: image], Gc is the elastic modulus, and η is the viscosity. The relaxation of stress under constant strain condition [image: image] is as follows:

[image: image]

where t is the short-time scale, τ is the long time scale, [image: image] is the initial value of the stress for single short-time relaxation cycle, and the stress relaxation time is [image: image]. The residual stress [image: image] is equal to

[image: image]

Notbohm et al. [3] considered 2D cell swirling motion within a confluent monolayer by monitoring long-time change of stress radial component σcrrR. They pointed out that the long-time change of residual stress [image: image] correlated well with the long-time strain change [image: image] during the time period of 24 h. This result indicates that the Zener model could be suitable for describing the viscoelasticity of cell monolayers because it accounts for experimentally obtained correlations between [image: image] and [image: image] and describes the stress relaxation. The residual stress accumulation represents the consequence of generated strain and its long-time change [9, 34]. This cause–consequence relation is expressed by the constitutive model (Equations 1–5). The residual stress accumulation induces local stiffening of the monolayer, which is responsible for generation of flow instabilities. Pajic-Lijakovic and Milivojevic [8, 9, 34] pointed out that the residual stress accumulation can suppress cell migration by decreasing cell velocity and local strain. On that basis, this stress accumulation is a main cause of the generation of apparent inertial effects, which results in the elastic turbulence. For deeper insight into the influence of cell viscoelasticity on the cell velocity in the form of apparent inertial effects, it is necessary to formulate a force balance for (1) monolayer free expansion and (2) cell swirling motion within a confluent monolayer. Besides the viscoelasticity of cells, the viscoelasticity of a supracellular matrix significantly influences cell long-time rearrangement in the context of durotaxes, haptotaxis, and galvanotaxes [15].



Viscoelasticity of an Extracellular Matrix

Various hydrogel matrices have been used as a substrate for cell migration. The rheological behavior of hydrogels frequently corresponds to a poroviscoelasticity [35]. The matrix stress relaxation phenomena caused by cell tractions include (1) the hydrogel viscoelastic relaxation and (2) poroelastic relaxation caused by solvent diffusion. Polyacrylamide gel coated by collagen has been a widely used matrix for 2D cellular systems [1–3]. Hydrogels of natural origins are basement membrane–based gel preparations; some examples include fibrin gel, collagen gel, alginate gel, chitosan gel, and Matrigel [15, 30, 35, 36]. Matrigel is a commercially available basement membrane based gel. These cell–matrix systems are suitable for considering collective cell migration in 2D and 3D. Chaudhuri et al. [37] considered the influence of Ca-alginate viscoelasticity on cell spreading. Chaudhuri et al. [37] and Pajic-Lijakovic et al. [30] proposed the Burgers model for describing the viscoelasticity of Ca-alginate hydrogel. Various hydrogel matrices have been treated as elastic [1–3], while the others have been treated as a viscoelastic [26, 36]. Murray et al. [15] proposed the Kelvin-Voigt model for describing the viscoelasticity of fibrous extracellular matrices. Pajic-Lijakovic et al. [29] described the long-time change of the matrix displacement field [image: image] by cell action as follows:

[image: image]

where Fm is the free energy function that accounts for cell–matrix mechanical and electrostatic interactions, and [image: image] is the cell displacement field. The first term of the right-hand side of Equation (6) accounts for the rheological response of a matrix caused by its structural changes, whereas the second one represents the driving force for the matrix displacement field fluctuations. The corresponding matrix volumetric and shear strains are equal to

[image: image]

where [image: image] is the matrix volumetric strain and [image: image] is the matrix shear strain. Corresponding matrix stress-strain constitutive model [image: image] depends on the choice of the matrix and the type of cells (where [image: image] is the matrix stress). Cell traction force depends on the matrix displacement field and was expressed as [image: image] (where k is an elastic constant) [15]. Pajic-Lijakovic et al. [30] considered residual stress accumulation [image: image] within Ca-alginate hydrogel matrix without cells. It is useful in order to estimate cell–matrix interactions. They pointed out that the increase in the residual stress within the Ca-alginate matrix was significant (~7 kPa) after 10 repeated cycles, even under a low externally induced compression strain of 2% per cycle.

Cell migration speed, cell packing density, and correlation of cell migration depend on cell–matrix mechanical and electrostatic interactions, which influence the state of cell–matrix adhesion contacts and on that basis the state of single cells. Viscoelasticity of matrix influences accumulated stress within a monolayer and on that basis the correlation of cell migration [38]. Intensive cell stress accumulation can perturb and even suppress cell migration. This cause–consequence relation was to be discussed based on (1) the rate of change the cell packing density [15] and (2) the force balance formulated by modified the model proposed by Murray et al. [15]. The cell speed has been correlated with the matrix stiffness. The speed of migrating cells is lower at softer matrices due to weak traction and cell slipping [39]. However, high matrix stiffness leads to a decrease in the migration speed caused by cell–matrix adhesion strengthening. Thus, medium matrix stiffness is suitable for cell migration. The relation between matrix stiffness and cell spreading can be expressed in the form of durotaxis flux [image: image] [15] as follows:

[image: image]

where kd represents a measure of cell–matrix mechanical interactions, which influence the matrix displacement field [image: image] and the state of cell–matrix adhesion contacts, n (r, τ) is the packing density of cells, and Gsm is the elastic shear modulus of a matrix. Besides of the matrix viscoelasticity, the matrix density is also influenced by cell–matrix interaction. Long-time change of the matrix density has the feedback impact on the packing density of cells as well. The phenomenon can be expressed in the form of haptotaxis flux [15] as follows:

[image: image]

where kh is the measure of cell–matrix interactions which influences the matrix density ρ. Change of the matrix density ρ caused by cell tractions has been described by Murray et al. [15] in the form of matrix convective flux as:

[image: image]

where [image: image] is the matrix displacement field change expressed by Equation (6). Cell tractions induce water outflow from the hydrogel by changing its density as well as the rheological behavior. Polyelectrolyte nature of matrix influences cell–matrix electrostatic interactions as well as the state of cell–matrix adhesion contacts. The good example is Ca-alginate hydrogel matrix [30]. Electrostatic interchain and intrachain interactions caused by cell tractions influence the residual stress accumulation within a matrix [image: image], which has the feedback impact to the matrix local stiffness. The phenomenon can be expressed in the form of galvanotaxis flux [15] as follows:

[image: image]

where kg is the measure of cell–matrix electrostatic interactions, and ϕe is the local electrostatic potential.



Long-Time Change of Cell Packing Density

Cell packing density change [image: image] is a product of cell–cell and cell–matrix interactions. It is self-regulated property due to the contact inhibition during collective cell migration and force-induced cell repolarization [17, 39]. Several processes have been accounted for such behaviors as follows: (1) contact inhibition of locomotion (CIL), (2) contact following of locomotion, and (3) contact enhancement of locomotion [17]. Cell packing density change during collective cell migration is expressed as follows [15]:

[image: image]

where [image: image] is the flux of cells equal to [image: image], such that [image: image] is the convective flux, [image: image] is cell velocity (Equation 1), [image: image] is the conductive flux, Deff is the effective diffusion coefficient, and [image: image], are haptotaxis, durotaxis, plitotaxis, galvanotaxis, and chemotaxis fluxes such that ϕ ≡ ρ is the matrix density for the haptotaxis, ϕ ≡ ϕe is the electrostatic potential for the galvanotaxis, ϕ ≡ c is the concentration of nutrients for the chemotaxis, ϕ ≡ Gsm is the local shear modulus of a matrix for the durotaxis, ϕ ≡ Gsc is the local shear modulus of cells for plitotaxis, whereas ki is the model parameter that accounts for various types of interactions such as mechanical, electrostatic, or chemical. Conductive flux accounts for cell response to a local variation of cell density. Haptotaxis, durotaxis, and galvanotaxis fluxes account for cell–matrix mechanical and electrostatic interactions. The tractions exerted by cells on the matrix generate gradients in (1) the matrix density and correspondingly the haptotaxis flux, (2) the electrostatic potential and the galvanotaxis flux, and (3) the matrix stiffness and the durotaxis flux [15]. Chemotaxis flux accounts for cell response to a concentration of nutrients [15]. Plitotaxis flux represents the consequence of cell–cell mechanical interactions, which leads to the establishing of gradients in cell shear modulus. Cell mitosis is neglected at this time scale. Rieu et al. [40] reported that diffusion coefficient for collectively migrated endodermal cells is [image: image], whereas for ectodermal cells the diffusion coefficient is [image: image]. If the conductive mechanism is dominant, the model Equation (12) becomes the second Fick's law. In this case, the solution for the density is oscillatory in space. If the convective mechanism is dominant, the oscillatory change of the cell packing density can be induced only by oscillatory change of the cell velocity. At this step of consideration, it is necessary to determine which mechanism is dominant convective or conductive during 2D cell migration. To do so, we postulated following condition:

1. if [image: image], the conductive mechanism is dominant, and

2. if [image: image], the convective mechanism is dominant.

where tC is the period of long-time oscillations equal to tC ≈ 4 − 6 h [2, 3], and Lmax is the maximum velocity correlation length. As the cell packing density increases and cells become more dense and slow down their movement, the correlation length first increases to ~10-cell lengths or Lmax ~ 150 μm and later decreases [41, 42]. The result of this simple calculation points out that the convective mechanism dominantly influences the cell packing density change, while the conductive mechanism can be neglected. This finding indicates that oscillatory changes of cell packing density come primarily from the oscillatory change of cell velocity.

Cell long-time rearrangement is described by interrelation between the following variables such as (1) the displacement of cells [image: image] (Equation 1) and corresponding cell volumetric and shear strains, (2) the displacement of matrix [image: image] (Equation 6) and corresponding matrix volumetric and shear strains, (3) the cell packing density n (Equation 12), and (4) the matrix density ρ (Equation 10). Displacement fields of cells and matrix induce generation of strains. The strains lead to generation of the corresponding stresses based on the proposed constitutive models for cells and for a matrix. Oscillatory change of one variable induces oscillatory changes of the others. For deeper understanding of this oscillatory dynamic, it is necessary to formulate the force balance for (1) monolayer expansion and (2) cell swirling motion within a confluent monolayer.




THE FORCE BALANCE

The force balance is responsible for oscillatory patterning the cell long-time rearrangement. Murray et al. [15] formulated the momentum balance by neglecting inertia effects as [image: image]. They supported this assumption by pointing out the fact that the corresponding Re number is low. The force balance proposed by Murray et al. [15] should be expanded by accounting for the additional surface tension force [image: image] which significantly influences the monolayer free expansion [43]. The surface tension has been recognized as one of the key parameters, which influences cell aggregate rounding after uniaxial compression [27]. The aggregate rounding occurs via collective cell migration [27]. The resulted force balance can be expressed as follows:

[image: image]

where [image: image] is the cell traction force, k is an elastic constant [15], [image: image] is the surface tension force, γst is the surface tension, [image: image] is the cell displacement field, [image: image] is the viscoelastic force per unit volume equal to [image: image], [image: image] is the cell residual stress (Equation 5), and [image: image] is the matrix residual stress. Consequently, the viscoelastic force accounts for cell and matrix contributions. The [image: image] is the resistive force directed always opposite to the direction of migration. The surface tension force [image: image] always acts in order to decrease a surface and on that basis to decrease a surface free energy. When cells undergo the forward flow during monolayer expansion, both forces [image: image] and [image: image] act in the direction opposite of migration in order to resist this movement. However, when cells undergo the backward flow driven by the surface tension force [image: image], the viscoelastic force [image: image] acts in the direction opposite of backward flow. The traction force [image: image] acts in the direction of cell migration and influences the rate of cell expansion depending on the rheological behavior of a matrix [3, 15, 30]. The force balance is established and perturbed many times during collective cell migration. These perturbations are primarily induced by accumulation of the residual stress within a multicellular system [8, 9] and by cell adaptation under stress conditions [16]. In order to completely understand this complex dynamic of cell long-time rearrangement, it is necessary to distinguish (1) equilibrium regimens for which [image: image] and (2) perturbed regimens for which [image: image] in various experimental conditions. Every perturbation induces change of cell velocity [image: image] and corresponding strain rates [image: image] and [image: image], and on that basis provokes the cell rheological response, which can lead to a local softening or stiffening of monolayer parts. Local stiffening represents a consequence of the cell residual stress [image: image] accumulation [9]. Consequently, the momentum balance can be expressed in the form of inertial wave equation:

[image: image]

where [image: image] is the material derivative [44]. The left-hand side of Equation (14) corresponds to the resultant force. Inertial waves, i.e., inertial oscillations, are a type of mechanical waves. The perturbations of the force balance, caused by cell viscoelasticity, represent the main cause for generation of (1) propagative waves during monolayer free expansion and (2) standing waves during collective cell migration within a confluent monolayer. Consequently, various types of perturbations were to be elaborated in more details.


Propagative Waves Generation in a Freely Expanded Monolayer: Modeling Consideration

The free expansion of a cell monolayer has been considered in 2D by using Cartesian coordinates such that [image: image] (where vx and vy are the velocity components) [2]. The corresponding momentum balance can be expressed as follows:

For x-direction:

[image: image]

For y-direction:

[image: image]

The monolayer expansion occurs in two opposite directions, i.e., x ∈ (0, L(τ)) and x ∈ (0, − L(τ)). The main characteristic of propagative waves is that (1) normal stress component σcxx and corresponding strain rate [image: image] are in phase quadrature; (2) normal stress component is always tensional; and (3) velocity and cell tractions are uncorrelated [2, 5]. These periodic extensions of multicellular domains lead to alternate softening and stiffening of cell monolayer. The periodic change of the rheological behavior is connected to the forward flow and backward flow, which is experimentally confirmed by Serra-Picamal et al. [2]. These forward flow and backward flow were shown schematically in Figure 3.


[image: Figure 3]
FIGURE 3. The schematic presentation of (A) cell forward and backward flows as the characteristics of propagative waves and (B) cell outflow and inflow as the characteristics of standing waves.


Serra-Picamal et al. [2] considered a free expansion of Madin-Darbvy canine kidney type II cells on polyacrylamide gels. Cellular domains that undergo forward flow can be divided into two regimens: (1) initial, unlimited cell migration, which corresponds to the condition that cell velocity increases with x, i.e., [image: image]; and (2) final limited cell migration, which corresponds to the condition that cell velocity decreases with x, i.e., [image: image] (where [image: image] is the volumetric strain rate in x-direction equal to [image: image] and vcx is the x-component of cell velocity) [2]. Maximum velocity for the forward flow is [image: image] [2]. The characteristic of the domains with maximum cell velocity is the intensive normal and shear residual stresses accumulation up to ~ 400 Pa [2]. Cellular domains that undergo backward flow are unstable primarily due to collisions with surrounding cell domains, which undergo the forward flow. These collisions additionally reduce the cell velocity within surrounding domains under forward flow. The lifetime of domains under backward flow is shorter than the period of oscillations due to (1) domain collisions and (2) rapid decrease in the surface tension force, which drives the backward flow. The phenomenon will be explained in detail in a few steps.

The initial unlimited forward flow of cellular domains leads to their extension. When the extension becomes significant, it induces (1) an increase in the resistive force [image: image] caused by accumulation of the residual stress, which leads to the monolayer local stiffening; and (2) an increase in the surface tension force [image: image]. Both forces act to suppress the cell forward flow (Figure 4A).


[image: Figure 4]
FIGURE 4. (A,B) The schematic presentation of the force balance for the generation of (A) propagative waves and (B) standing waves.


This state corresponds to the limited forward flow. Cell domains that correspond to the unlimited forward flow conditions are softer than those related to the limited forward flow conditions due to an accumulation of the cell residual stress. The local stiffening of the monolayer, which corresponds to the limited forward flow regime, is induced by the extension of adhesion contacts and force-induced repolarization (FIR) [17]. When the cell velocity tends to zero [image: image] and the surface tension force [image: image] becomes large enough, they induce onset of the backward flow by decreasing the displacement [image: image] (thus reducing the surface tension force [image: image] itself), which leads to rapid reduction of the backward flow. Collision of backward flow domains with surrounding domains under forward flow additionally suppresses the backward flow. This backward flow leads to the monolayer local softening and decreases in both forces [image: image] and [image: image], which establishes the unlimited forward flow again. The action of the viscoelastic force to forward flow and backward flow is not symmetric and induce delay effects. The action of viscoelastic force and the surface tension force in order to suppress the forward flow and generate the backward flow are responsible for periodical extension of the monolayer in the form of propagative waves. Stiffer domains, which correspond to the limited forward flow regimen, form some kind of supracellular network within a monolayer. This supracellular network has a main role in keeping cellular integrity during the monolayer free expansion. The supracellular network formation is experimentally confirmed by Serra-Picamal et al. [2]. After consideration of the standing waves generation, the comparative analysis of the main characteristics of both types of waves was to be performed from the standpoint of single cells.



Standing Waves Generation in Confluent Cell Monolayers

Collective cell migration within a confluent monolayer leads to cell swirling motion [3]. The prerequisite of cell swirl appearing is the reduction of cell polarity alignment (LA) and strong CIL as reported by Lin et al. [45]. Weak LA and strong CIL can be established under confluent environment. Collective cell migration induces a gradient of velocity field during shear flow. The gradient of the velocity field [image: image] can be decomposed into its symmetric and antisymmetric parts [where [image: image] is the symmetric shear-rate tensor equal to [image: image] and [image: image] is the antisymmetric rotation-rate tensor equal to [image: image]]. The tensor [image: image] is responsible for the cell swirling motion if the conditions of weak LA and strong CIL are satisfied [45]. Cell swirling motion within a confluent monolayer has been considered in 2D by using cylindrical coordinates, i.e., [image: image] (where vcr is the radial component and vcθ is the azimuthal component of velocity) [3]. A circular cell motion induces the generation of internal centrifugal force equal to [image: image] responsible for radial extension of the swirl parts and local radial outflow such that vcr > 0. The centrifugal force decreases with an increase in r. Consequently, the action of the centrifugal force is more intensive in the swirl core region in comparison with the peripheral region. The viscoelastic force [image: image] is the resistive force and acts against centrifugal force in order to suppress cell migration. The traction force [image: image] acts in the direction of cell migration and influences the rate of cell spreading depending on the rheological behavior of a matrix [3, 15, 30]. The surface tension force [image: image] can be neglected during collective cell migration within a confluent monolayer.

The corresponding momentum balance can be expressed as follows:

For r-direction:

[image: image]

For θ-direction:

[image: image]

where the internal centrifugal is equal to [image: image], and the force that accounts for coupling between radial elongation (or compression) with azimuthal shear flow is expressed as [image: image]. The coupling force FCL acts to reinforce the radial flow [22].

The standing waves represent a characteristic of local cell rearrangement, which leads to swirling motion. The main characteristics of standing waves are (1) the radial velocity and cell tractions are uncorrelated, (2) normal stress component σcrr and the corresponding strain rate [image: image] are uncorrelated, (3) normal stress component is simultaneously tensional and compressional, and (4) time derivative of the stress component is in phase with the corresponding strain rate component [3]. Coordinated motion of close-packed cell monolayer with confining border leads to local swirling. Critical diameter of swirls is ~ 250 μm, above which global rotation is substituted by smaller vortices and transient coordinated flow. This value of the critical diameter is expected if we have in mind that the velocity correlation length is ~ 150 μm [5].

Notbohm et al. [3] considered confluent migration of Madin-Darbvy canine kidney type II cells on polyacrylamide gels. They reported that radial component of velocity vcr simultaneously changes a direction every ~ 4to6 h. The velocity vcr is approximately constant within domains Δr ~ 30to40 μm during the time period Δτ ~ 1to2 h and fluctuates in the same direction within a time period of ~ 4to6 h [3]. The corresponding local strain rate is [image: image] during the time period Δτ ~ 1to2 h. If the [image: image], it means that the corresponding strain component is εcrr ≈ const. The maximum radial velocity is equal to [image: image], while the maximum normal residual stress is ~ 300 Pa for extension and ~ − 300 Pa for compression. The swirling motion of the viscoelastic multicellular system induces generation of the standing waves. This type of waves will be considered in the context of cell inflow and outflow within a swirl (Figure 3). Presence of inflow and outflow during a cell swirling motion is recognized experimentally by Notbohm et al. [3]. These inflow and outflow are shown schematically in Figure 4B.

Radial extension of swirl parts (the cell outflow for vcr > 0 and [image: image] during Δτ, [3]) caused by the action of the centrifugal force induces intensive coupling between radial elongation flow and azimuthal shear flow and an increase in the viscoelastic force [image: image], which leads to the local system stiffening. The system stiffening leads to a decrease in the cell velocity component vcθ, as well as a decrease in the centrifugal force, which causes the cell radial inflow and consequently the local compression of swirl parts. The inflow is characterized by the radial component of velocity such that vcr < 0 and [image: image] during Δτ [3]. The inflow induces change of the viscoelastic force direction from extension to compression, which results in the increase in the centrifugal force. Consequently, the viscoelastic (elongation) force resists the outflow, while the viscoelastic (compressive) force resists the inflow. The increase in the centrifugal force leads to the system outflow again characterized by the radial component of velocity vcr > 0. The centrifugal force is larger in the swirl core region in comparison with the peripheral region. Consequently, the inflow and outflow events are more intensive in the core region as was experimentally observed by Notbohm et al. [3]. The action of the viscoelastic force to the inflow and outflow is not symmetric and induces delay effects [22]. These delay effects can induce time shift between inflow and outflow. This time shift induces perturbations of inflow–outflow dynamic, which leads to altered extension and compression of the swirl parts. These long-time cycles correspond to standing waves. Differences between these two types of mechanical waves were to be discussed from the standpoint of single cells.




RESULTS AND DISCUSSION

The aim of this theoretical consideration is to emphasize the role of viscoelasticity in provoking apparent inertial effects and generating the oscillatory mechanical instabilities in the form of standing waves and propagative waves within multicellular systems caused by collective cell migration. The propagative waves are generated during monolayer expansion, while the standing waves are generated during the cell swirling motion within a confluent monolayer. These flow instabilities represent a characteristic of the elastic turbulence that occurs under low Re number. The phenomenon has been experimentally confirmed during flow of various viscoelastic systems such as polymer liquids [23, 25], and it has been recognized in experiments of 2D collective cell migration but has not been explained properly yet [1–3]. The elastic turbulence is induced primarily by viscoelastic force, which acts against a movement of the system constituents. The system viscoelastic response under migration is a product of the energy storage and energy dissipation caused by its structural ordering. The structural ordering accounts for orientation and deformation of the system constituents in the direction of flow, which can induce significant accumulation of residual stress and the system stiffening. The system stiffening changes the characteristic of flow, which has the feedback impact to its rheological behavior. This cause–consequence cycle can be understood in the form of apparent inertial effects, which leads to generation of mechanical waves [22].

Multicellular systems are much complex than polymer liquids, but their viscoelastic nature significantly influences characteristics of collective cell migration [8, 9]. In this case, the system structural ordering accounts for cumulative effects of various interrelated processes at cellular and supracellular levels. Processes at cellular level are cell activation, polarization, signaling, and changes the state of cell–cell and cell–matrix adhesion contacts [16, 20, 32, 46]. Processes at the supracellular level account for cumulative effects of processes at the cellular level. These are polarity alignment, polarity-flow alignment, contact regulation of locomotion, and FIR [17, 33, 47].

Generation of mechanical waves caused by collective cell migration accounts for cause–consequence relations between (1) cell packing density n (r, τ) change (Equation 12) as the result of cell–cell and cell–matrix interactions described by convective, conductive, haptotaxis, durotaxis, galvanotaxis, plitotaxis, and chemotaxis fluxes; (2) matrix density ρ(r, τ) change (Equation 10) as the result of cell–matrix interactions described by convective flux caused by cell tractions; (3) force balance equation (Equation 14), which relates cell velocity with viscoelasticity of multicellular system; viscoelasticity of a matrix; cell surface tension; cell tractions; cell packing density; and matrix density.

A long-time cell rearrangement during monolayer expansion is accomplished by local forward flow and backward flow. The forward flow is divided into two regimens unlimited forward flow and limited forward flow. The limitations come from the action of the viscoelastic force against migration. The forward flow induces an accumulation of the extensional residual stress and an increase in the resistive viscoelastic force, which leads to the stiffening of monolayer parts and suppresses cell migration. The forward flow also induces an increase in cell displacement field and on that basis an increase in the surface tension force. Once the forward flow is suppressed, the surface tension force induces the backward flow, which leads to (1) a decrease in the surface tension force itself and (2) the softening of the monolayer part. The backward flow decreases rapidly because of (1) a decrease in the surface tension force and (2) collisions with surrounding domains under forward flow. This softening results in a decrease in the viscoelastic force. Lower values of the viscoelastic force as well as the surface tension force induce forward flow of the monolayer again. Those long-time cycles repeat many times in the form of the propagative waves [2].

A long-time cell rearrangement during the cell swirling motion (within a confluent monolayer) should be considered in the context of cell radial inflow and outflow. The confluence induces reduction of cell polarity alignment, which is essential for appearing cell swirls [45]. The inflow and outflow are induced by action of the centrifugal force against the viscoelastic force. The centrifugal force leads to radial extension of swirl parts, which results in the cell outflow. This radial extension causes an increase in the viscoelastic force, which leads to the system local stiffening. The viscoelastic force suppresses cell migration by increasing the residual stress accumulation, which results in a decrease in the centrifugal force. The consequence of the centrifugal force decrease is the radial cell inflow, which leads to the softening of swirl parts. This softening causes a decrease in the viscoelastic force and consequently the increase in the centrifugal force responsible for the cell outflow again. Those long-time cycles repeat many times in the form of the standing waves [3].

Both types of waves represent a consequence of apparent inertial effects. The apparent inertial effects are related to the periodic generation of (1) the backward flow during monolayer expansion and (2) the inflow during a cell swirling motion. The maximum velocity for (1) inflow and outflow is [image: image], and (2) forward flow and backward flow is [image: image]. The maximum extensional stress accumulated during (1) forward flow is ~ 300 Pa and (2) outflow is ~ 400 Pa. It would be interesting to calculate maximum extensional stress necessary to break cell–cell adherens junction (AJs). AJs are cadherin–catenin complexes linked to actin filaments. Cadherins are transmembrane glycoproteins containing an extracellular domain that mediates cell–cell adhesion via homophilic or heterophilic interactions and an intracellular domain that controls signaling cascades involved in a variety of cellular processes, including polarity, gene expression, etc. [7]. E-cadherin bond breakage requires the force of ~ 200 nN, while the maximum area of single AJ is ~ 100 μm2 [48]. It corresponds to the extensional stress equal to ~ 2 kPa. This result means that forward flow and backward flow and inflow and outflow are not capable to perturb the integrity of multicellular system.

The main difference between propagative waves generated during monolayer expansion and standing waves generated during cell swirling motion within a confluent monolayer is related to oscillatory stress change. Generated propagative waves induce damped oscillatory change of the extensional residual stress, whereas the compressive stress is not generated based on the experimental data by Serra-Picamal et al. [2] (Figure 2A). To the contrary with the propagative waves, the generation of standing waves induces altered extension and compression [3] (Figure 2B). Corresponding stress oscillations were not damped during time period of 24 h. This difference can be discussed in the context of two cellular processes: (1) contact regulation of locomotion (CRL) and (2) FIR. The CRL depends strongly on the cell–cell collision angle [15, 36]. While the forward flow and backward flow act parallel to the direction of migration, the inflow and outflow act perpendicular to the direction of migration. The forward flow and backward flow intensify cell head-to-tail interactions and induce periodic cell repolarization in the direction of flow by keeping the strong of AJs [39]. Reinforced AJs are capable to resist strain and reduce residual stress accumulation [49]. Consequently, the backward flow induces a decrease in the extensional stress rather than to create cell compression. The inflow and outflow intensify cell side-to-side interactions, which can induce cell depolarization and weakening of AJs [16]. Consequently, the inflow can lead to the accumulation of compressive residual stress.

Model developed can be applied to describe generation of mechanical waves within 3D multicellular systems. Standing waves as a characteristic of the cell swirling motion (1) can be generated during migration of strongly connected cell clusters through dense environment made by cells in passive (resting) state during a tissue development [9] and (2) have been observed during migration of the internal cell group within a Neural crest supracell caused by contractions of an actin cable [18, 19]. Propagative waves could be generated during collective cell migration of stratified epithelium under in vivo conditions [18].

The rheological behavior of a matrix influences cell–cell and cell–matrix interactions and through the viscoelastic force influences the rate of cell spreading, as well as characteristics of generated mechanical waves.



CONCLUSION

Oscillatory instabilities in the form of mechanical waves are generated during collective cell migration such as propagative waves and standing waves. The propagative waves are generated during monolayer free expansion, whereas standing waves are generated during cell swirling motion of a confluent monolayer. Significant attempts have been made to describe the main characteristics of mechanic waves. The main characteristics of standing waves are (1) the radial velocity and cell tractions are uncorrelated; (2) radial stress component σcrr and the corresponding strain rate [image: image] are uncorrelated; (3) radial stress component is simultaneously tensional and compressional; and (4) time derivative of the stress component is in a phase with the corresponding strain rate. The main characteristic of propagative waves is that (1) normal stress component σcxx and corresponding strain rate [image: image] are in phase quadrature; (2) normal stress component is always tensional; and (3) velocity and cell tractions are uncorrelated. However, a little is reported about the influence of the monolayer viscoelasticity on generation of mechanical waves. Mechanical waves have recognized during flow of various viscoelastic systems under low Re number. The phenomenon is called the elastic turbulence. The elastic turbulence has been quantified by the ratio between two dimensionless parameters such Weissenberg number and Reynolds number. These oscillatory flow instabilities have also been monitored experimentally during 2D collective cell migration.

Propagative waves represent the consequence of cell forward flow and cell backward flow during monolayer expansion driven by interrelation between forces such as the viscoelastic force, the traction force, and the surface tension force. These forces influence the rate of change of momentum and lead to periodic extensions in the direction of flow. Standing waves represent the consequence of cell radial inflow and outflow during swirling motion driven by the interrelation between the centrifugal force, the viscoelastic force, and the traction force, while the influence of the surface tension force can be neglected. This force balance leads to the periodic extension and compression in the direction perpendicular to flow. The apparent inertial effects represent the characteristic of (1) the backward flow during monolayer free expansion and (2) the inflow during the cell swirling motion within a confluent monolayer.

Additional experiments are necessary in order to determine a long-time constitutive model for 2D multicellular systems caused by collective cell migration and correlate the migrating patterns with the residual stress distribution and the rate of its change. Cell long-time rearrangement can be controlled by matrix viscoelasticity. This theoretical consideration could help in deeper understanding of various biological processes by which an organism develops its shape and heals wounds in the context of the mechanism underpinning the epithelial expansion.
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Mechanical tissue properties contribute to tissue shape change during development. Emerging evidence suggests that gradients of viscoelasticity correspond to cell movement and gene expression patterns. To accurately define mechanisms of morphogenesis, a combination of precise empirical measurements and theoretical approaches are required. Here, we review elastography as a method to characterize viscoelastic properties of tissue in vivo. We discuss its current clinical applications in mature tissues and its potential for characterizing embryonic tissues.
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INTRODUCTION
Viscoelasticity, among other mechanical properties, is intrinsic to biological tissue. The term implies that tissue exhibits time-dependent responses to an applied force [1–3]. Characterization of the viscoelastic behavior of biological tissue has been performed in vitro [4, 5], ex vivo [6], and in vivo [7, 8] to gain insight into tissue stiffness and fluidity. In vivo assessment is preferable to determine tissue properties in their native environment, and elastography has the advantage of minimally disturbing that environment. In brief, elastography introduces a disturbance to displace specific regions within a tissue, which is subsequently imaged and analyzed to determine the local viscoelastic response.
It is worth noting that elastography was not originally developed for the purpose of measuring viscoelastic properties. As the name indicates, in its earlier development, only elasticity (in terms of Young’s modulus) was at the center of attention, lacking viscosity information (coefficient of viscosity) [9, 10]. However, as the properties of biological tissue were progressively understood, a variety of theoretical frameworks were developed and integrated with earlier elastography techniques. In recent years, although the name of elastography remains largely unchanged (some studies have adopted the term “viscoelastography” [11, 12]), it has become more common that quantitative values of various moduli, as we will discuss in detail in later sections, include information of material viscoelasticity.
In clinical settings, elastography techniques for measuring the viscoelastic properties of mature tissues have been well established in vivo to diagnose and distinguish among different pathologies [7, 13–16]. The motivation of shifting from measuring elasticity information to viscoelasticity information lies within the fact that as mature tissues exhibit varying degrees of viscoelastic behavior, the sufficiency and validity of solely relying on elasticity information have been questioned [17]. For instance, elastography-based studies on assessing hepatic tumor malignancy [15, 18], benign/normal breast tissues [19], and the efficacy of cornea disease treatment [20] have reported a more prominent effect by using viscosity as the differentiator rather than elasticity. Thus, assessing the viscoelastic behavior of mature tissues is necessary to provide more accurate in vivo measurements and characterization, subsequently improving tumor diagnostic accuracy.
In studies of embryonic tissues, it is increasingly understood how forces generated by cells can coordinate morphogenesis [21–23]. In response to forces, embryonic tissues, which are both liquid- and solid-like, exhibit viscoelastic behavior [3, 24]. Cells have receptors that can sense physical forces as well as chemical cues. For example, cadherin molecules have both mechanical and sensory properties which are applied for adhesion and signaling, respectively [24]. It is currently challenging to perform loss and gain of function experiments of mechanical cues to define their roles in vivo as one can with chemical cues. Although increasingly precise tools are being developed to characterize the mechanical and viscoelastic properties of embryonic tissues [25], data supporting their efficacy are currently sparse. Albeit less explicitly discussed, the motivation to study viscoelasticity in the context of developmental biology is twofold. At the single-cell level, various membrane-enclosed and membrane-less organelles exhibit viscoelastic behavior to different degrees. The latter can take on the form of liquid droplets that undergo controlled dissolution and condensation via phase separation [26, 27]. The occurrence of irreversible aggregation promotes further transition of some condensates from liquid-like to solid-like [28], underlying the pathologies in many neurodegenerative diseases [29]. Thus, probing viscoelasticity at the single-cell level would potentially facilitate our understanding of how changes in compartmental viscoelasticities correlate to the phase change in condensates and overall cell behavior. At the multicell level within an embryonic tissue, gradients of stiffness measured by the Young’s modulus were discovered as a cue that potentially guides cell migration by a process called durotaxis [30]. However, due to the omission of the viscous properties of ECM, durotaxis may need to be reexamined in the context of viscoelasticity to incorporate the potential role of viscosity in impeding the migratory speed. Viscoelasticity and Developmental Biology is dedicated to the in-depth discussion of existing and potential roles of viscoelasticity in the context of developmental biology.
For the purpose of this review, the common assumption made in elastography techniques, that is, biological tissues are isotropic and homogenous, is also assumed. The definitions of elastic stress (σ), whether compressive or tensile, and shear stress (τ) are illustrated in Figures 1A,B, respectively. A glossary of the major parameters discussed throughout this review, in order of appearance, is given in Table 1. Here, the basics of rheological models and properties of waves necessary to understand elastography (Estimation of Material Moduli and Wave Properties and Parameters), as well as the classification of existing elastography techniques used to characterize material viscoelastic properties (Viscoelasticity Measurement with Elastography) have been discussed. The role of viscoelasticity in the context of developmental biology (Viscoelasticity and Developmental Biology), the clinical applications on mature tissues and potential extension to embryonic tissues (Current Applications of Elastography), and an outlook to future directions (Challenge and Outlook) have been outlined.
[image: Figure 1]FIGURE 1 | Illustration of the definition of stress and schematics of the basic rheological elements. (A) Normal stress, (B) shear stress, (C) Hookean spring, (D) Newtonian dashpot, and (E) fractional springpot.
TABLE 1 | Glossary of parameters.
[image: Table 1]ESTIMATION OF MATERIAL MODULI
The classical approach to estimating moduli that reflect the viscoelastic properties of a material is implemented by performing one of the following three canonical tests: creep, stress relaxation, and oscillatory loading. Once the data obtained from the tests, whether time-dependent or frequency-dependent, is fitted with the constitutive equation of a selected rheological model, the coefficient of each parameter within the model can be determined as an approximate representation of the viscoelastic properties of the material. Alternatively, if the constitutive equation is solved in the time domain, the Fourier transform can be taken to derive the solution in the frequency domain [31].
Classical Rheological Models
A common approach to the study of material viscoelasticity is to derive the expression of creep compliance, relaxation modulus, or their complex forms, from the constitutive equation of a linear theoretical framework. Depending on the properties of the material, differently structured rheological models can generate different levels of fit. Expressions of the creep compliance (J) and relaxation modulus (F) are commonly derived in the time domain via creep and stress relaxation tests. If their frequency-dependent complex forms, [image: image] and [image: image], need to be determined, oscillatory tests are conducted.
Elements of Rheological Models
Classical linear rheological models consist of various combinations of different numbers of Hookean springs, which model elastic behavior, and Newtonian dashpots, which model viscous behavior. Schematics of a Hookean spring and a Newtonian dashpot are shown in Figures 1C,D, respectively. Upon an applied elastic stress (σ), a Hookean spring exhibits linear elastic behavior and immediately produces an elastic strain (ε). The elasticity can be quantitatively represented by the Young’s modulus (E), which determines the stiffness of the material (with units of Pa), via Hooke’s law as follows:
[image: image]
A Newtonian dashpot exhibits a viscous behavior that is proportional to the strain rate ([image: image]), which represents the change in strain with respect to time. The viscous behavior is representative of the material fluidity and is expressed (with units of Pa s) via the coefficient of viscosity (η) as follows:
[image: image]
Common two-element rheological models include the Maxwell model and the Kelvin–Voigt model. The Maxwell model consists of a Hookean spring of Young’s modulus E in series with a Newtonian dashpot of coefficient of viscosity η. The Kelvin–Voigt model consists of a Hookean spring E and a Newtonian dashpot η in parallel. Models with three elements were also developed to more realistically characterize the creep-recovery and stress relaxation behavior of a viscoelastic material. These include notably the standard linear solid model, also known as the Zener model, which consists of two Hookean springs and one Newtonian dashpot arranged in one of the two equivalent configurations. The schematics of the above rheological models are illustrated in Figures 2A–C.
[image: Figure 2]FIGURE 2 | Schematics of the classical rheological models and their fractional analogs. (A) Maxwell, (B) Kelvin–Voigt, (C) Zener, (D) fractional Maxwell, (E) fractional Kelvin–Voigt, and (F) fractional Zener.
Creep and Stress Relaxation
There are two one-dimensional tests that utilize the application of a step input to examine material viscoelasticity, namely, creep and stress relaxation. The creep test assesses the time-dependent change in material strain, ε(t), upon the introduction of a step stress. A stress relaxation (or relaxation) response is the time-dependent change in material stress, σ(t), after a step strain is introduced. Data from the creep and relaxation tests are often acquired and analyzed in the time domain. For a linear viscoelastic material, the stress response to a step strain input of ε0 is defined as follows:
[image: image]
Here, F(t) is a monotonically decreasing function of time defined as the relaxation modulus. Similarly, if a step input of stress, σ0, is introduced, the corresponding creep response is given as follows:
[image: image]
Here, J(t) is a monotonically increasing function of time defined as the creep compliance. The mathematical representation of creep compliance and relaxation modulus of the three classical rheological models is summarized in Table 2.
TABLE 2 | Summary of equations of the classical rheological models.
[image: Table 2]Oscillatory Loading
In an oscillatory loading test, an oscillatory excitation, instead of a step input, is used to disturb the material. The material can be loaded in a time-varying manner such that the response can be examined over a range of frequencies. The complex modulus of the material, [image: image], can be determined using dynamic mechanical analysis (DMA) on the data collected with dynamic mechanical analyzers and rheometers [4, 32]. The complex modulus [33] consists of a real component, the storage modulus [image: image], which is the slope of the loading curve that characterizes the elastic behavior and measures the stored energy, and an imaginary component, the loss modulus [image: image], which is the area bounded by the loading and unloading curves that characterizes the viscous behavior and measures the energy loss. The repetitive depiction of the stress–strain relationship allows for individual estimation of the frequency-dependent storage and loss moduli.
If an oscillatory strain input with an amplitude of ε0 is applied to a linear material, following the Euler’s formula, its time-dependent form can be written as an exponential:
[image: image]
The corresponding stress response will also be oscillatory with an amplitude of σ0, but out of phase by δ with the strain input as follows:
[image: image]
This phase delay, δ, is referred to as the loss angle of the material and reflects to what degree the material is viscoelastic. If the stress and strain curves are completely in phase, the loss angle is at its minimum value of 0 and the material is considered purely elastic. If, however, completely out of phase, the loss angle maximizes at π/2 and the material is purely viscous. The material is considered viscoelastic when the phase delay is away from the boundary limits.
The complex modulus, [image: image], is calculated from the ratio of oscillatory stress to strain, in a similar fashion as how the creep compliance and the relaxation modulus were defined. The storage and loss moduli are directly equated to the real and imaginary components of the ratio as follows:
[image: image]
The tangent of the loss angle, tan δ, as well as the magnitude of the complex modulus, [image: image], are alternative ways to characterize the complex modulus as follows:
[image: image]
[image: image]
Similarly, if an oscillatory stress is applied such that σ(t) = σ0eiωt, the ratio of oscillatory strain to stress is defined as the complex compliance [image: image] that is also composed of a real storage compliance ([image: image]) and an imaginary loss compliance [image: image] [33]. The complex compliance is used less often due to the practical difficulty to apply and control an oscillatory stress in comparison to an oscillatory strain.
As the oscillatory loading test is often conducted in the frequency domain, the expression of the complex modulus is more often a function of frequency ([image: image])). Once fitted to a rheological model, the coefficients of each parameter within the model can be determined at a given frequency. The expressions of the complex moduli derived from the constitutive equations of classical rheological models are summarized in Table 2.
Limitation of Classical Rheological Models
Although classical rheological models serve as a foundational theoretical basis for the characterization of material viscoelastic behavior, they are limited by modeling accuracy. The creep and stress relaxation behaviors of the three classical rheological models are shown in Figures 3A–F. When an assumed Maxwell material is subjected to a step stress input of σ0, the creep response follows a linear relationship as a function of time, which fails to realistically represent the “creeping” behavior as should be observed in a viscoelastic material (Figure 3A). The Kelvin–Voigt model, in comparison, can predict the creep response of a viscoelastic material more realistically as an assumed Kelvin–Voigt material creeps following an increasing exponential decay (Figure 3B). However, it is limited in the ability to model the relaxation response of a viscoelastic material since an impulse at t = 0 is only idealistic (Figure 3E). As models of more elements were developed, including the three-element Zener model and the more generalized Maxwell and Kelvin models, the modeling accuracy was consequently improved. However, as the constitutive equations of multielement models became more complex, the analysis of model parameters became more computationally expensive.
[image: Figure 3]FIGURE 3 | Illustration of the creep and stress relaxation behaviors of the classical rheological models.
In fact, studies using generalized models have revealed that the viscoelastic response of several biological tissues [34–37], such as the epithelial tissue, the kidney, and the liver, follows a distinctive power law behavior such that the stress–time, strain–time, and complex modulus–frequency relationships are approximately linear on a log–log scale [31, 38]. For the purpose of modeling the viscoelastic behavior of biological tissues in the common elastography frequency range of 40–1,000 Hz [31], studies have shown that the incorporation of fractional calculus into classical rheology bears modeling advantages [31, 38, 39].
Fractional Models
In fractional models, a fractional derivative element, the fractional springpot (Figure 1E), is introduced. The springpot is defined by its coefficient, cα, similar to E for a Hookean spring and η for a Newtonian dashpot. The stress–strain relation as defined by a springpot [38] is given as follows:
[image: image]
Conceptually, a springpot is a generalization of the classical viscoelastic components. At the two limiting conditions, one such that the fractional exponent α = 0, the springpot reduces to a Hookean spring and its coefficient cα becomes E, whereas when α = 1, the springpot reduces to a Newtonian dashpot and its coefficient becomes η. Naturally, a springpot of varying α can exhaustively represent any intermediate viscoelastic behavior bounded by the limiting conditions.
The creep and relaxation behaviors as defined in Eqs 3, 4 can now be characterized by the fractional creep compliance and the relaxation modulus, respectively [38], as follows:
[image: image]
[image: image]
The creep and relaxation behaviors of the springpot have been adapted to assess the viscoelastic response of a single cell alongside its subcompartments [40–42].
Under an oscillatory input, the complex modulus of a springpot, following the definition from Eq. 7, can be expressed as follows:
[image: image]
Fractional models can be constructed from the classical models by replacing the Newtonian dashpot(s) within the original models with springpot(s). Common fractional analogs of the classical models include the fractional Maxwell model, the fractional Kelvin–Voigt model, and the fractional Zener model. Schematics of the fractional analogs are shown in Figures 2D–F. Expressions [38, 43] of the moduli derived based on these fractional models are summarized in Table 3. The creep and relaxation behaviors exhibited by the fractional models with selective values of the fractional exponent are qualitatively illustrated in Figures 4A–F. When α=0, η, as shown in Figures 4A–F, is simply replaced by an E of a different value. Furthermore, a generalized fractional model can be constructed by replacing all model elements with springpots. For an elaborated list of fractional models, analytical expressions of moduli, and illustrative behaviors, please refer to reference [38].
TABLE 3 | Summary of equations of the fractional models.
[image: Table 3][image: Figure 4]FIGURE 4 | Illustration of the creep and stress relaxation behaviors of the fractional rheological models with selective values of α.
WAVE PROPERTIES AND PARAMETERS
This section includes the relevant wave equations that are necessary in facilitating our understanding of how a sample medium can be excited by the propagating waves and how wave parameters can be derived and used to quantify viscoelasticity of the medium. In the context of wave-based elastography techniques, the assumption of one-dimensional, time-harmonic waves that propagate rightward along the +x direction in an unbounded biological medium is sufficient. We, first, restrict our discussion to pure elastic waves that propagate with no energy loss, before expanding to consider wave attenuation in a viscoelastic medium.
Wave Propagation in a Purely Elastic Medium
For a one-dimensional, time-harmonic wave that propagates rightward along the +x direction in an unbounded biological medium, several equations (Eqs 12)–b(16b) have been adapted from [31, 33, 44] to demonstrate the derivation of relevant wave parameters. The displacement of particles along x at time t can be defined as follows:
[image: image]
Here, A is the wave amplitude, and k is the wave number which is given as follows:
[image: image]
In an elastic medium with known values of Poisson’s ratio (v) and the Young’s modulus (E), the propagation speed of compressional wave (cc) is as follows:
[image: image]
The propagation speed of shear wave (cs) in an elastic medium is related to the shear modulus (G) of the medium, medium density (ρ), angular frequency (ω), phase delay (δ), and displacement between two points that the wave propagated through (Δx), which is given as follows:
[image: image]
[image: image]
The shear modulus (G) can be inferred from the angular frequency (ω) and wave number (k), or known values of Poisson’s ratio (v) and the Young’s modulus (E), which is given as follows:
[image: image]
[image: image]
Another important parameter is the propagation speed of surface acoustic waves (csf), which can be related to cs if evaluated in an elastic medium [45, 46], and is given as follows:
[image: image]
For nearly incompressible medium, the Poisson’s ratio is approximately 0.5, allowing Eqs 14, 16b, 17 to be further simplified.
Wave Propagation in a Viscoelastic Medium
When waves propagate in a viscoelastic medium, hysteresis occurs due to its viscous nature such that the waves attenuate as they propagate, dissipating energy [31, 47]. In comparison to a purely elastic medium, the stress–strain relationship of a viscoelastic medium is no longer linear. Instead of an instantaneous response to a step input, a complex response is characterized by the complex modulus [image: image], as mentioned in Estimation of Material Moduli. The storage modulus is determined by the restoration of energy due to the elastic property of the medium, while the loss modulus is related to its ability to dissipate energy [33]. The fraction of stored-to-dissipated energy determines whether the medium behaves more like a viscoelastic solid or viscoelastic liquid.
Depending on whether compressional (longitudinal) waves or shear (transverse) waves are propagated, the notation of the generalized complex modulus [image: image] takes on [image: image] or [image: image], respectively. The equations of the propagation speed of various wave types subsequently reflect the change in medium property. If shear wave propagation is used as an example, Eq. 15b becomes as follows:
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The wave number also takes a complex form of [image: image]. Eq. 16a becomes as follows:
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Equating the real and imaginary components of [image: image], expressions of the storage and loss moduli can be individually obtained [47], which is given as follows:
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Equation 12 can be rewritten to reflect the added influence of attenuation as follows:
[image: image]
The real component of the complex wave number, [image: image], remains in the same form as Eq. 13. Combining with Eq. 15a, [image: image] can be related with the 1D gradient of the phase delay as follows:
[image: image]
The term [image: image] describes an exponential decay along the +x direction, of which the attenuation coefficient [image: image] has a leading term relating to the first power of frequency [31] as follows:
[image: image]
For biological tissues that exhibit a power law viscoelastic behavior, the wave attenuation may also follow a power law behavior such that ω is replaced with ωα. The significance and inclusion of these equations will become clear as we move into the details of how elastography techniques are built upon various actuation methods.
VISCOELASTICITY MEASUREMENT WITH ELASTOGRAPHY
Palpation has long been a principal method to externally examine tissue stiffness. Although it is still commonly used as a preliminary assessment method to detect abnormal tissue, it is unable to provide quantifiable data. With an increasing interest in probing properties deeper within the tissue, the concept of elastography was brought to attention by Ophir et al. in 1991 [9]. Elastography techniques first require a method of actuation that introduces disturbance to the tissue, which is then assessed with an imaging tool, most commonly including ultrasound, magnetic resonance imaging (MRI), optical coherence tomography (OCT), alongside photoacoustic (PA) imaging, and Brillouin spectroscopy (BS). In combination with an actuation method, these form the measuring basis for the earliest ultrasound elastography (USE) [9], magnetic resonance elastography (MRE) [48], optical coherence elastography (OCE) [49], photoacoustic elastography (PAE) [50], and Brillouin Microscopy (BM) [51], respectively. Elastography techniques can often output quantitative values of the storage and loss moduli and/or parameters of a fitted rheological model. In this section, we provide a classification of the types of elastography that have been used on biological tissues and how viscoelasticity can be measured through each method of actuation.
The actuation methods are conceptually illustrated in Figure 5. Mechanical, acoustic, optical, and magnetic means of actuation have been principally developed. They could be quasi-static, transient, or oscillatory. Data gathered through elastography techniques based on oscillatory input are usually analyzed in the frequency domain, and the others in the time domain. In the case of optical actuation, the disturbance is caused by photon absorption or scattering within the tissue, whereas the other methods result in mechanical deformation. A summary of the elastography techniques discussed in this section is provided in Table 4.
[image: Figure 5]FIGURE 5 | Actuation principles of elastography techniques. (A) Quasi-static mechanical actuation, (B) dynamic mechanical actuation, (C) acoustic actuation, (D) optical actuation with photoacoustic effect, (E) optical actuation with Brillouin light scattering, and (F) magnetic actuation.
TABLE 4 | Summary of elastography techniques.
[image: Table 4]Mechanical Actuation
The mechanical load can be quasi-static (Figure 5A) or dynamic (Figure 5B). Elastography was first developed on the basis of quasi-static mechanical actuation to assess only the elasticity of a sample [9]. In the experimental setup, a compression plate was placed onto the sample surface to alter the local strain within the sample. An ultrasonic transducer was used to send echo signals into the sample. By cross-correlating the pre- and post-compression curves of the echo amplitude, the time delay between two segments of A-lines was determined at the point where the maximum correlation value occurred. From a series of time delays estimated from the cross-correlation of multiple A-line pairs, the axial displacements, a strain profile ε(x), and a Young’s modulus profile E(x), if the applied compressional stress is known, as a function of depth (x) can be estimated. In combination with ultrasonic imaging, this technique is referred to as quasi-static elasticity imaging or strain elastography. Cross-correlation became a fundamental analytical method in strain elastography and was later used to evaluate the viscoelastic behavior of a sample. Once the data gathered through cross-correlation were fitted to a rheological model [52], the Young’s modulus and coefficient of viscosity of the model elements could then be calculated using the constitutive equation of the fitted model. The ease of implementation and cost efficiency in computation have allowed quasi-static compression to be combined with other imaging modalities besides ultrasound. For instance, OCT and MRI have been used in the development of compression OCE [53, 54] and compression MRE [55], respectively. Similarly, upon a quasi-static load or strain, a time-dependent creep or relaxation profile can be obtained via the corresponding imaging modality and used to derive the parameter coefficients once fitted to a rheological model.
Dynamic mechanical actuation requires the placement of a mechanical vibrator onto the sample surface (Figure 5B). The vibrator can produce transient impulses or oscillatory waves that propagate deeper into the sample along the +x direction. If the actuation is induced transiently, a single cycle of sinusoidal wave at low frequency (∼50 Hz) is typically applied to the sample surface, generating both compressional and shear waves that propagate spherically into the sample with distinguishable wave properties [56]. In particular, the propagation speed (cs) and attenuation [image: image] of the shear wave as functions of depth (x) can be deduced if combined with an appropriate imaging modality of a frame rate in the kHz range [57]. Once fitted to a rheological model, the coefficients of model parameters can be determined [58–60]. Combined with ultrasound-based imaging techniques, this technique is referred to as compression transient elastography [56]. The earlier OCE was also coupled with a transient stepwise mechanical pulse [49].
Sonoelastography is an ultrasound-based elastography technique that applies continuous mechanical vibration to produce low amplitude (less than 0.1 mm) and low frequency (less than 1 kHz) harmonic shear waves [61–63]. Parameters from the vibration patterns at various input frequencies, including the propagation speed of shear wave (cs) and phase delay (δ), are analyzed from the Doppler shift and fitted into a rheological model to obtain coefficients of viscoelasticity [64]. Using MRI, one of the first viscoelasticity studies was performed by Muthupillai et al. in 1995 in conjunction with dynamic mechanical actuation [48]. This combination was termed dynamic compression MRE, where harmonic mechanical waves of frequency on the lower spectrum (less than 1 kHz) were propagated to induce shear stress. The three-dimensional displacement fields, including u(x,t), and the phase delay extracted from MRI with harmonic motion-sensitizing gradient waveforms were then used to either reconstruct the viscoelastic parameters by inversion of the Helmholtz equation [7, 13], or directly calculate the frequency-dependent complex shear storage [image: image]) and loss moduli [image: image] of the sample [13, 15]. In the latter case, a rheological model is needed to further determine the shear modulus and coefficient of viscosity of the model elements. Some OCE studies have also been coupled with dynamic compression, including a branch of shear wave OCE that is actuated by direct contact [65–68]. The complex wave number and shear wave speed can be extracted and used to derive the complex shear modulus. A rheological model is necessary if coefficients of viscoelasticity need to be quantified. Spectroscopic OCE (S-OCE) [69] is another representative of dynamic compression OCE. A frequency sweep (0–1,000 Hz) allows the frequency-dependent viscoelastic behavior of the sample to be examined within a range of frequencies. The raw OCT data often undergo several steps of processing to eventually arrive at relationships that can depict the complex viscoelastic response of the sample. A complex OCT signal is first obtained by sampling in the k-space and filtered to minimize phase noise, from which the phase difference, frequency-dependent complex displacement, modulus, and strain rate can be estimated [69, 70]. If the complex modulus is further fitted with a rheological model, individual coefficient of the components within the model can be determined.
Acoustic Actuation
Acoustic actuation relies on focused ultrasound beams produced by an ultrasound transducer to propagate acoustic waves within the tissue sample (Figure 5C). The displacement fields and properties of the propagating acoustic waves can be obtained through the coupled imaging tool to further characterize the viscoelastic behavior of the sample.
A technique referred to as acoustic radiation force impulse (ARFI) imaging developed by Nightingale et al. combined contactless transient acoustic actuation with ultrasound-based imaging [71, 72]. ARFI relies on focused ultrasound beams to deliver a high-intensity burst that generates acoustic radiation force, deforming the sample within a specific region of interest (ROI). The spatiotemporal relaxation behavior of the sample at the focal point is then recorded by the same transducer, and the resulting time-dependent tissue displacements are mapped. By fitting the relaxation behavior to a rheological model, the viscous and elastic parameters of the model may be determined [73].
Another type of acoustic actuation used is based on the properties of acoustic shear wave. A technique that utilizes oscillatory shear waves induced by and propagating in the orthogonal direction of the acoustic actuation is shear wave elasticity imaging (SWEI) [74]. SWEI offers a quantitative assessment of local material viscoelasticity in terms of shear storage modulus ([image: image]) and shear loss modulus ([image: image]) derived from the propagation speed of shear wave (cs) and phase delay (δ). The quantification of sample viscoelasticity is typically carried out by fitting to appropriate rheological models [75]; however, model-independent methods have also been developed [12, 76, 77]. To allow for an extended imaging region and an increased data acquisition speed (∼5,000 fps), supersonic shear imaging (SSI) [78] was developed with the added ability to focus the impulses at multiple focal depths such that conical shear waves can be generated [14, 79]. Another popular coupling modality is OCT, upon which surface acoustic wave OCE (SAW-OCE), acoustic radiation force OCE (ARF-OCE), and shear wave OCE (SW-OCE) have been developed. In SAW-OCE, the phase velocity of the propagating surface wave (csf) laterally across the surface of the sample and its dispersion curve can be determined from the phase delay via OCT. Values of the parameters can then be fitted into the Rayleigh wave dispersion equation [80] or a rheological model [81] to extract the viscoelastic parameters. A subset of SAW-OCE termed air-coupled OCE utilizes contactless air puffs to generate SAW, under the influence of which the sample’s time-dependent deformation can be mapped with OCT [45, 80, 82]. The slope and area bounded by the hysteresis curve can be calculated to derive the loss in energy that corresponds to the viscous behavior and storage modulus to the elastic behavior [82]. A rheological model can be used to derive numerical values of the Young’s modulus and coefficient of viscosity. In ARF-OCE, similar to ARFI, an ultrasound transducer is used to propagate pulsed ARF to remotely initiate local sample displacements [83]. The phase delay between adjacent A-lines can be obtained under OCT and used to estimate time-dependent axial displacements and strain. When model-dependent, further estimation of the parameter coefficients can be achieved. ARF-OCE can also be model-independent where the complex shear modulus can be estimated from a direct measurement of the propagation speed of surface wave [83]. Acoustically actuated SW-OCE can sometimes be induced by ARF [84], where the propagation speed of bulk shear waves is used to derive model parameters once fitted.
Optical Actuation
Optical actuation is enabled by the optical properties of biological tissues including absorption and scattering. For example, photoacoustic imaging (Figure 5D) was developed based on the photoacoustic effect by which a sample of biological tissue absorbs the energy from optical beams and releases it in the form of acoustic waves. A technique referred to as photoacoustic viscoelasticity (PAVE) imaging was developed by Gao et al., using intensity-modulated laser beams emitted toward the tissue sample [85]. Developed based on the photoacoustic effect as well, the tissue absorbs incoming light waves and undergoes thermal expansion. The viscoelastic nature of biological tissues introduces a phase delay (δ) in the detected photoacoustic signal, which relates to the viscosity–elasticity ratio (η/E) of the tissue and the modulation frequency (ω) [85], which is given as follows:
[image: image]
thus providing a qualitative comparison between the viscous and elastic behavior of the tissue sample. Recent advances have demonstrated the feasibility of quantifying the Young’s modulus by establishing a photoacoustic shear wave model [86]. The viscosity parameter can be subsequently determined viaEq. 24.
Using a combination of optical beams, an external vibration source, and a measurement technique based on photoacoustic computed tomography (PACT), photoacoustic elastography (PAE) has emerged in recent years, attempting to measure strain concurrently with the functional parameters of a tissue sample [50, 87, 88]. A strain profile can be obtained from cross-correlating A-line pairs using photoacoustic imaging. If the stress applied by the external vibrator is known, a model can be fitted to quantify the elasticity of the sample. Although only quantitative values of the Young’s modulus have been demonstrated, an extension to viscosity may be achieved if the strain profile can be obtained as a function of time, in a way that is similar to how strain elastography can be used to quantify viscoelastic parameters.
Another optically actuated elastography technique, Brillouin microscopy, uses inelastic Brillouin light scattering as a contrast mechanism to measure properties of biological tissues (Figure 5E). The incident light interacts with the inherent acoustic phonons within the tissue sample. A frequency shift, referred to as the Brillouin shift, is then introduced to the outgoing light. This change in frequency can be directly related to the mechanical properties of the sample by calculating the complex longitudinal modulus containing a real and an imaginary part [51]. The real part yields a measurable frequency shift (vB), which can be used to derive the longitudinal modulus of the tissue that characterizes its elastic properties [89], whereas the imaginary part is related to the spectral width (ГB) that can be further used to determine the longitudinal coefficient of viscosity of the material [51, 90].
In combination with OCT, several optically actuated OCE techniques are worth mentioning, namely, photonic force OCE (PH-OCE) and pulse laser OCE. PH-OCE offers a contactless method that induces a harmonically modulated ultra–low radiation pressure force generated by a low-numerical aperture beam [91, 92]. The radiation pressure force subsequently causes sub-nanometer oscillations of predeposited microbeads in a sample. A linear model is used to decouple the mechanical and photothermal responses of the sample to the incoming radiation pressure such that the mechanical response can be isolated. The oscillation amplitude of a microbead can then be captured under OCT and estimated, as it is a function of the input radiation pressure force and radius of the microbead. The oscillation amplitude is also directly related to the complex shear modulus of the sample from which further extraction of viscoelastic parameters can be achieved depending on the choice of a suitable rheological model. In pulse laser OCE [93], wave generation is achieved by focusing pulsed laser irradiation toward the sample. By absorption of the light and localized thermal expansion within the sample, the irradiation is converted into compressional and shear waves that further propagate within the sample. The propagation of the laser-induced elastic waves can be profiled and the local time-dependent displacements can be mapped. A derivation of pulse laser OCE uses dye-loaded perfluorocarbon nanodroplets [94]. When excited by the laser pulse, the nanodroplets undergo rapid liquid–gas phase transition, inducing elastic waves.
Magnetic Actuation
Magnetic actuation introduces a disturbance to the sample using a magnetomotive force generated by an external magnetic field. First, magnetic nanoparticles (MNPs) are predeposited into the sample that is placed within the external magnetic field (Figure 5F). The magnitude and direction of the magnetomotive force can be controlled by adjusting gradients of the magnetic field. The viscoelastic behavior of the surrounding microenvironment of the MNPs in response to the disturbance can be inferred by analyzing the time-dependent displacement of the MNPs. One common imaging modality that magnetic actuation, whether static or dynamic, can be implemented with is OCT. Collectively, this technique is referred to as magnetomotive OCE (MM-OCE) [95–97]. MM-OCE allows for contactless manipulation, through which local MNP displacement in the sub-nanometer range can be detected. Static MM-OCE typically uses OCT to map the time-dependent phase variation in response to a step stress, from which the nanoscale time-dependent local displacements, amplitude with decay, and resonant frequency can be deduced. A rheological model can be fitted to determine the elastic modulus and coefficient of viscosity of the model parameters. Swept-frequency loading techniques have also been implemented in dynamic MM-OCE studies to determine the frequency-dependent viscoelastic behavior of the tissue [97].
VISCOELASTICITY AND DEVELOPMENTAL BIOLOGY
Physical forces, whether externally applied or internally generated, drive tissue shape changes during embryogenesis [24]. For instance, anisotropic tensional stress orients ectodermal remodeling in the early mouse limb bud [98], anteroposterior (AP) tensile force mediates Drosophila germ band extension [22, 99], contractile force of an actin cable initiates Drosophila dorsal closure [100], tensile convergence force drives Xenopus blastopore closure [23], and the formation of head fold in a chick embryo is driven by a mechanical force that is likely associated with neurulation [101].
Since embryonic tissues exhibit both solid- and liquid-like characteristics, they undergo viscoelastic changes under an applied force [3]. Substrates with various storage-to-loss moduli ratios can be artificially manufactured to mimic properties of the extracellular environment. It has been demonstrated that cells are sensitive to both elasticity and viscosity, resulting in morphological changes, proliferation, spreading, stiffening, softening, migration, and differentiation of cells [102–104]. Changes in the viscoelastic properties of extracellular matrix (ECM) have been shown to affect the functional and migratory behaviors of cells [105]. In an in vivo study of the Drosophila embryo during morphogenesis, myosin II pulses were used to assess how viscous dissipation in response to transient forces can stabilize local cell deformation [106]. Thus, to understand how physical forces regulate morphogenetic movements, characterization of the viscoelastic response within an embryo at both the cellular and tissue scales is necessary. In this section, emphasis is placed on the phase separation and transition of the intracellular membrane-less organelles, durotaxis and viscotaxis, respectively, along with the capability of existing techniques to examine viscoelastic properties at cellular and tissue scales.
Liquid–Liquid Phase Separation and Liquid–Solid Phase Transition
Intracellular mechanics have been shown to directly correlate with intracellular rheology and mechanotransduction [107]. Many intracellular compartments such as subcompartments within the nucleus, stress granules, germ cell granules, actin bodies, and other ribonucleoprotein (RNP) bodies are membrane-less and exhibit liquid-like behavior [108–110]. At the subcellular level, thermodynamic force drives intracellular compartmentalization toward a more energy-favorable state, sequestering molecules that assemble into phase-separated liquid droplets [26, 111]. The process by which condensates form is referred to as liquid–liquid phase separation (LLPS) [112]. During the dynamic dissolution and condensation of intracellular condensates, a cell will likely exhibit any combination of elastic and viscous behaviors as its properties reflect the collective properties of membrane-less and membrane-bound intracellular compartments. In vivo studies have suggested that some condensates, such as the fibrillarin (FIB1) protein, exhibit viscoelastic behavior [27, 108]. As many of the condensates reside within the nucleus and are constituted by RNP bodies [113], the assembly and disassembly of intracellular condensates will likely have an effect on the protein concentration [27, 108, 114] and subsequently the rate at which the condensates contribute to genetic activities that regulate the functional behavior of a cell [113]. For instance, it has been demonstrated in vitro that an increase in the concentration of the RNA LAF-1 within RNP bodies can decrease their viscosity [114]. However, there have been rather limited studies on the mechanical properties of intracellular condensates. Thus, a deeper look into the viscoelastic properties of intracellular and, especially, intranucleolar condensates will likely refine our understanding of the role viscoelasticity plays in nuclear and cellular activities.
During LLPS, liquid droplets can, often undesirably and irreversibly, undergo further liquid–solid phase transition (LSPT) during which compartments progress to a more viscoelastic or even solid-like state [26, 27, 112]. In studies of neurodegenerative diseases, LSPT has been proposed as an explanation for undesirable stiffening and inhibited molecular dynamics [26] due to protein aggregation. For example, LSPT involving a mutant FUS protein is believed to contribute to the progression of ALS [115]. Hence, a shift on the viscoelastic spectrum exhibited by a condensate that is normally fluid-like toward a more solid-like state can suggest a pathological tendency. The protein aggregation driven by LSPT is often irreversible, suggesting it is of value to investigate the exact phase boundary where liquid droplets become solid-like in vivo [116]. The long-term motivation is to detect the onset and monitor the progression of neurodegenerative diseases to assess the adequacy of medical intervention.
Durotaxis and Viscotaxis
Durotaxis was proposed in the early 2000s by Lo et al. as a mechanism by which cells migrate collectively toward greater substrate stiffness [117]. Despite the fact that biological tissues are intrinsically viscoelastic, pioneering in vitro studies in which stiffness gradients were artificially generated to mimic the ECM environment were often conducted on purely elastic substrates [118, 119]. Later studies identified stiffness gradients in vivo during embryogenesis, where the stiffness is commonly quantified using elastic (Young’s or shear) modulus. For example, the apparent elastic modulus of Xenopus cranial mesoderm was measured using atomic force microscopy (AFM), revealing that the collective migration of neural crest cells is triggered by mesodermal stiffening [120]. Also using AFM, it was shown that axonal growth, while not strictly durotaxis, is guided by a stiffness gradient in the brain of the Xenopus embryo [121]. Magnetic tweezers were used to uncover a mesodermal stiffness gradient along which cells migrate within the early mouse limb bud [122].
As the stiffness of ECM is sometimes attributed to the abundance of collagen [123], which can be realistically modeled as a viscoelastic material with quantifiable storage and loss moduli [124], cell-matrix interactions and resulting cell migration thus exhibit dynamic time-dependent mechanical responses [105]. Paths of migration and areas that cells migrate toward are likely of different viscosity in addition to higher elasticity, thereby impacting the timescale of the responses of migrating cells to stiffness gradients [125]. To elucidate the effect of ECM viscosity on cell movements, several in vitro studies have either isolated the effects of the viscosity of substrates or implemented tunable storage-to-loss moduli ratios of substrates. An increase in the substrate loss modulus can lead to viscous drag and cell-matrix energy dissipation that impedes the migratory speed of cells [104, 105, 126–130]. In a separate study using viscoelastic substrates, it was proposed that within a viscous environment, greater migratory speed corresponds to greater apparent modulus [131]. Therefore, the empirically measured Young’s moduli for characterizing local tissue stiffness may differ from the theoretical values in the absence of ECM viscosity considerations. A more recent study constructed a substrate with gradients of viscosity while keeping the elasticity constant, and demonstrated that human mesenchymal stem cells migrate along a viscosity gradient [132]. Viscosity-dependent cell migration has been given the name “viscotaxis” in some studies [132, 133].
To further test the validity of these in vitro observations and to more physiologically evaluate how mechanical cues correlate with cell migration patterns, we believe there is sufficient motivation to examine the role of viscoelasticity gradients in vivo. Results obtained from studies of stiffness, viscosity, and viscoelasticity gradients should be compared to more rigorously delineate the collective migratory behavior of cells in response to mechanical cues.
Existing Techniques for Measuring Embryonic Tissue Viscoelasticity
A handful of methods have been applied to measure the viscoelastic properties of embryonic tissues, including, predominantly, AFM (Figure 6A), magnetic tweezers using magnetic particles or ferrofluid droplets (Figure 6B), and micropipette aspiration (Figure 6C). AFM has been used to quantify the viscoelastic properties of embryonic tissues by indenting the tissue surface and analyzing the approach–retraction hysteresis using rheological models [134, 135]. For instance, AFM has been applied to quantify the elasticity and viscosity of the mouse mandibular arch in vivo [136]. Magnetic tweezers have been used to probe tissue viscoelastic behavior in the early mouse limb bud [122], mouse mandibular arch [137], and Drosophila embryo during cellularization [138]. Other magnetically actuated systems to measure viscoelasticity include ferrofluid oil droplets deployed in the zebrafish tailbud [139] and the Drosophila embryo [140, 141]. Confocal imaging has been combined with computer-aided cell tracking to calculate local tissue strain rate (a measurement of viscosity) during Drosophila germ band extension [22, 99]. Micropipette aspiration, which applies a known suction force to deform a region of interest, has been applied to determine the local viscoelastic response of a tissue or a single cell [142, 143]. For the purpose of measuring the viscoelastic properties of intracellular condensates, microrheology techniques have also been used to quantify the viscosity of the condensates through the Stokes–Einstein relation by assuming the condensates behave as equilibrium Newtonian liquids [112, 114]. For other intracellular structures such as the nuclear actin network, microrheology has also been used to probe the viscoelastic creep response [144]. Magnetic micron-size wires in combination with rotational magnetic spectroscopy have been adapted to measure the shear viscoelasticity of cytoplasm and to quantify the shear modulus and coefficient of viscosity [145]. At the single-cell level, a rheometer has been used in vitro to estimate the time-dependent power law creep function [40], relaxation behavior, and frequency-dependent complex modulus [146].
[image: Figure 6]FIGURE 6 | Existing techniques for measuring the viscoelasticity of embryonic tissues. (A) Atomic force microscopy, (B) magnetic tweezers, and (C) micropipette aspiration.
However, existing in vivo measurement techniques either require direct contact, are invasive, lack cellular spatial resolution, lack adequate throughput, or are unable to retrieve depth information. A limitation of AFM is that only two-dimensional surface measurements can be reliably taken. Deeper tissue assessment by AFM either requires dissection for exposure or model-based derivation [135, 136], both of which are suboptimal. Magnetic devices allow measurements within a bulk tissue sample but require the injection of magnetic particles or fluids by skilled individuals. Although the use of magnetic particles allows for the simultaneous assessment of multiple locations within a 3D sample, existing magnetic techniques lack broad spatial coverage within an embryo. To define mechanisms of cell migration in 3D, ECM properties and cellular behaviors need to be considered, and techniques that provide noninvasive, continuous, volumetric, and spatially resolved measurements without sacrificing acquisition speed would be ideal.
CURRENT APPLICATIONS OF ELASTOGRAPHY
Since quantitative measurements of viscoelasticity have been clinically realized in vivo on a variety of mature tissue types, we selectively list examples of in vivo clinical elastography applications. In comparison, the in vivo application of elastography on embryonic tissues is far less developed. Several examples of using elastography techniques on embryonic animal tissues in vivo are discussed. The challenge in advancing current techniques is discussed in Challenge and Outlook.
Adult Tissue
Transient elastography has been used in vivo for the detection and mapping of aggregated breast tumors within surrounding soft tissues [57], the assessment of stages of liver fibrosis [60], and the quantification of properties of blood clots [59]. Dynamic mechanical actuation has been adapted in compression MRE on assessing a variety of adult tissues such as liver fibrosis [15], breast lesions [7, 147], gray and white matter within the brain [13], and glioblastoma [148]. In the case of liver fibrosis, for instance, the purpose is usually to diagnose and classify stages of fibrosis. Among breast lesions, it is mainly for detecting and distinguishing between malignant and benign tumors. In glioblastoma, viscoelastic measurements are for the purpose of presurgical evaluation. More recently, dynamic compression MRE has been used to assess the differences of subcortical gray matter among adults in different age-groups [149].
SWEI-based elastography has been used to probe the viscoelastic properties of a healthy liver [150], a posttransplant liver [77], liver fibrosis [75], and normal breast tissue [151]. Sonoelastography has been used to assess the shear modulus and viscosity of healthy skeletal muscle [16]. During contraction, an increase in both shear modulus and viscosity has been observed in comparison to the relaxed state [16]. In vivo applications of supersonic shear imaging (SSI) include assessment of the complex shear modulus of breast lesions [79], measuring the viscoelastic and anisotropic properties of muscle tissue [14], and liver tissue [152].
OCE (compression, ARF based, and shear wave.) is extensively used to assess the viscoelastic properties of the human cornea in vivo as the superior submicron scale resolution of OCT can capture subtle changes in wave properties [153] and tissue properties, making it suitable for the detection of early-onset disease such as keratoconus [154]. In addition, in vivo dynamic OCE has been performed on human skin to assess its mechanical properties [155]. BM has, in recent years, been used in noncontact assessment of corneal biomechanics with and without keratoconus [156]. Although the current BM application focuses only on extracting the elastic information in terms of the longitudinal modulus, it is capable of decoupling the viscous component if needed [157].
Embryonic Tissue
Elastography has emerged to measure the viscoelastic properties of embryonic tissues. Most applications have been optically actuated due to the intricate nature of light’s ability to achieve subcellular spatial resolution. The attenuation of light in embryonic tissues is also less of a concern since the tissue can be considered as homogenous and isotropic, such that there is a minimal difference in the refractive indices of different parts of the embryo. Recent advances in OCE have acknowledged its potential for facilitating our understanding of the viscoelastic properties of embryonic tissues [53, 158, 159]. For instance, transient-compression OCE was used for the quantification of viscoelasticity of a living chicken embryo in vivo [160]. BM was used to quantify the longitudinal modulus and viscosity of spinal cord tissue [161], and ECM [162] in vivo in a zebrafish larva. For the purpose of examining the viscoelastic properties of intracellular condensates within a developing cell, a form of magnetic actuation has been used in combination with optical imaging [144].
CHALLENGE AND OUTLOOK
Elastography techniques for assessing the viscoelasticity of mature tissues have been established, and future considerations may include tissue anisotropy and heterogeneity to improve measurement accuracy.
Substantial instrument development is still necessary to facilitate further application of the aforementioned elastography techniques to embryonic tissues in vivo. For elastography actuated by quasi-static compression, quantification of the elastic modulus cannot be achieved without known values of the applied stress. Moreover, coupling of the stress applied to the embryo surface requires additional attention and may vary case by case. USE- and MRE-based techniques, regardless of the coupled actuation method, have spatial resolutions of 100–200 μm at best, and therefore generally cannot achieve a spatiotemporal resolution sufficient for capturing the viscoelastic behavior of embryonic tissues [163–165]. Acoustically actuated elastography often requires additional time gain compensation as it suffers from the trade-off between spatial resolution, which increases with increasing frequency of the incoming wave, and attenuation of the wave intensity as the wave travels deeper into the tissue, which also increases with higher frequency. Actuating magnetically, as previously mentioned, requires the deposition of foreign particles into the tissue sample and can only provide measurements at a limited number of locations within a volume. Optical actuation methods are thermally induced. Overabsorption of light energy by the tissue may lead to phototoxicity and tissue damage. In addition, the advantageous cellular resolution offered by OCT is achieved at the sacrifice of depth penetration, although this may be insignificant as the depth of embryonic tissues may be up to several millimeters at most. A unified consideration, therefore, leaves the potential advancements of BS- and OCE-based elastography techniques in the spotlight.
However, there are some limitations. A pitfall of implementing BM on embryonic tissues is that a standardized systematic approach is not yet formulated. The biophysical basis on which the measurements and relationships were derived as well as the appropriateness of applying high frequencies (in GHz range) on biological tissues remain contentious [51, 166]. Furthermore, to be able to quantify the longitudinal modulus, known numerical values of the optical properties of the tissue, including the local refractive index and tissue density, are prerequisites [51]. The complex longitudinal modulus, a parameter also used to characterize viscoelastic behavior, differs from the complex modulus (Young’s or shear) used in existing elastography techniques. The lack of a universal correlation between complex moduli may require additional calibration.
A crucial issue hampering the assessment of mechanisms of morphogenesis is the lack of an appropriate approach for mapping viscoelastic properties in vivo. Despite current drawbacks, BM and OCE are among the few techniques that have the ability to generate 3D in vivo quantitative viscoelasticity data for an embryonic sample. BM can achieve submicron-scale spatial resolution [25, 167], which is sufficient for visualizing subcellular structures. A recent study used BM to reveal a liquid–solid phase transition in intracellular stress granules by measuring the elastic longitudinal modulus [168]. Although no direct measurement was made on the viscoelastic properties, it demonstrated the feasibility of probing intracellular compartments with BM. OCT enables rapid 3D imaging within seconds with millimeter-scale depth penetration [169], can achieve a spatial resolution of 1–10 μm [170, 171], and is able to resolve local displacements at the nanometer scale [172]. Therefore, it may be a fit for more embryonic animal models and possibly human embryos.
To advance the applicability of elastography techniques for assessing embryonic tissue properties, an ideal derivative of current methods would entail an actuation approach that is contactless, or at the minimum, easy to couple, noninvasive, and nondestructive. The technique should neither disturb the surrounding environment of the embryo nor interfere with its natural development. In addition, nontoxicity, which is a property that most optically actuated techniques lack, needs to be considered and carefully calibrated. The imaging method should provide adequate contrast, signal-to-noise ratio, data acquisition speed, and spatial resolution (submicron scale) to capture time-dependent movement of individual cells during a substantive developmental interval. During the next few years, we hope to witness the emergence of such elastography techniques and their applications to developmental biology.
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At long time scales, tissue spheroids may flow or appear solid depending on their capacity to reorganize their internal structure. Understanding the relationship between intrinsic mechanical properties at the single cell level, and the tissue spheroids dynamics at the long-time scale is key for artificial tissue constructs, which are assembled from multiple tissue spheroids that over time fuse to form coherent structures. The dynamics of this fusion process are frequently analyzed in the framework of liquid theory, wherein the time scale of coalescence of two droplets is governed by its radius, viscosity and surface tension. In this work, we extend this framework to glassy or jammed cell behavior which can be observed in spheroid fusion. Using simulations of an individual-cell based model, we demonstrate how the spheroid fusion process can be steered from liquid to arrested by varying active cell motility and repulsive energy as established by cortical tension. The divergence of visco-elastic relaxation times indicates glassy relaxation near the transition toward arrested coalescence. Finally, we investigate the role of cell growth in spheroid fusion dynamics. We show that the presence of cell division introduces plasticity in the material and thereby increases coalescence during fusion.
Keywords: spheroid fusion, arrested coalescence, tissue rheology, visco-elastic model, individual cell-based model, glass transition, tissue engineering, organoids
1 INTRODUCTION
A general understanding of the rheological properties of multicellular tissues is important to gain insight into the physics of morphogenetic processes during development. Furthermore, robust models of these materials allow for the design and characterization of generic unit operations, such as aggregation, dispersion, and fusion, which are used for the production of artificial tissues. Given its analogy to the merging of two liquid droplets, the fusion of tissue spheroids has received considerable interest as a model for soft tissue rheology. An analytical expression of the onset of coalescence of two equal viscous droplets under influence of their surface tension was first derived by Frenkel [1] and was improved and extended upon so that the dynamics of complete coalescence could be accurately modeled [2, 3]. Furthermore, various extensions to this framework have been proposed to take into account specific properties of multicellular materials, for example differences in spheroid size [4], and the presence of biological processes such as proliferation, differentiation and apoptosis, which may conflict with the assumption of conservation of mass [4, 5].
However, the liquid model cannot consistently reproduce in vitro tissue behavior. For instance, Kosheleva et al. showed that fusion dynamics did not correspond to liquid model predictions based on nano-indentation surface tension measurements [6]. Furthermore, arrested fusion has been observed between spheroids treated with Rho-kinase inhibitor affecting acto-myosin contractility [7, 8]. Arrested fusion was shown to be controlled by cancer cell activity in tumors [9]. To explain these observations, Oriola et al. recently proposed to model spheroids during fusion as visco-elastic materials instead of simple liquid droplets [10]. Such an approach has already been applied to parallel plate compression [11], micro-pipette aspiration [12], and tissue-detachment/fracture assays [13]. In general, a tissue may behave like an elastic solid at short time scales and like a liquid at longer time scales [14]. However, they can also appear solid-like at long time scales. This may occur when tissues change from a fluid-like to a solid-like state by undergoing a jamming transition [15]. In the jammed state, individual cells are caged by their neighbors preventing the cells from rearranging, resulting in glassy rheology, whereas in the unjammed state cells are able to move freely, resembling a fluid-like state.
Multiple computational approaches such as phase field models [16], Monte Carlo based models [17–19], and individual cell-based models [4, 10, 18–22], allow for the characterization of tissue-scale rheological behavior as a function of cell-scale mechanical properties or to simulate fusion of spheroids in more complex geometries. Schötz et al. calibrated an individual cell-based model to better describe the random motion of cells in tissues close to a glass transition. Nevertheless, when investigating fusion with that model, it could still be described by a liquid model. On the other hand, simulations that resulted in a solidification during spheroid fusion have already been mentioned by Kosztin et al. [20]. This observation was attributed to high levels of cell adhesion, but was not further analyzed. Recently, using individual cell-based computational models, it was demonstrated that a divergence of the visco-elastic relaxation time can be observed within a transition region of arrested fusion, indicative of a jammed system [10]. The existence of arrested fusion could thus be traced back to the build up of elastic energy during fusion.
In this work, we derive a simplified analytical expression for the coalescence of visco-elastic tissue spheroids on the basis of elasticity caused by internal structure of the droplet [23, 24]. Doings so we obtain similar results to [10]. We demonstrate the applicability of this expression by using an individual-cell based model approach to simulate the fusion process and, using this expression, we are able to compare the relaxation dynamics of fusion to the characteristic timescales involved in the preceding aggregation (or compaction) process in which the individual tissue spheroids have been formed. Finally, we extend this simulation framework to include a morphological model of the cell cycle. In analogy to active motility, cell division and growth may introduce excitation that may induce fluidization, as was observed in other systems [25–28]. Here, we investigate whether, in spheroid fusion, there is an additional active contribution of cell division beyond a mere correction for the increase in volume, and assess to what extent this contribution may unjam the cellular material [4, 5] and recover tissue coalescence.
2 MATERIALS AND METHODS
2.1 Individual Cell-Based Model
We follow an individual cell-based model approach as described in detail in Smeets et al. [29, 30]. This model has already been used to study cell aggregation and compaction dynamics. In this paper we extend the model by taking into account cell proliferation. All details of the individual cell based model can be found in Supplementary Section S1. In brief, the model is based on a simulation framework introduced by Delile et al. [31], in which cells are simulated as self-propelled particles. Conservative active forces are exchanged between neighboring cells, similar to [10]. The connectivity network is based on a Delaunay triangulation of the cell center coordinates. For the edges of this network, a symmetric central potential is calculated, which is parameterized by adhesion [image: image] and cortical tension [image: image]. Protrusive active forces are responsible for active migration with velocity [image: image]. These forces are calculated in the direction of the cell’s polarization which is randomly diffusing with rotational diffusivity [image: image]. Hence, activity from cell motility may be parameterized as [image: image]. Overdamped equations of motion are integrated to evolve the system over time. Finally, cells are able to grow and multiply based on a cell cycle model, which is explained in Supplementary Section S1.2. The model parameters are listed in tables in Supplementary Tables S1, S2.
2.2 Simulation Setup
The simulation pipeline is shown in Figure 1 and follows a sequence of generic unit operations to form a small tissue via fusion. In the first step we simulate the seeding and spontaneous aggregation of two aggregates for 24 h, each in their own micro-well, similar to [30]. This guarantees that the shape of each spheroid is consistent with respect to its underlying mechanical properties. It should be noted that, depending on the mechanical properties that govern the aggregation process, this relaxed configuration may have a highly irregular shape. Any (few) remaining cells that did not get incorporated in the main aggregates, are removed from the simulation in analogy to a real fusion experiment. In the second step, the two aggregates are transferred to a larger micro-well and are brought into contact with each other, simulating another 50 h during which the fusion process naturally progresses. In the final step, we extract the spheroid contours and fit two circles to compute the contact angle θ for each simulation, as explained in (Supplementary Section S2). Each realization of a simulated fused spheroid is initialized independently. To calculate the average fusion dynamics, i.e., the average of [image: image] across all repeats, we take into account that not all spheroids start fusing at the same time, because the initial contact between the spheroids can be weak. To account for this, we define the time at which fusion starts as the last time at which we observe two distinct objects in the extracted contours. For further analysis, the extracted shape measures are shifted in time using this offset.
[image: Figure 1]FIGURE 1 | Individual cell-based model of cell aggregation and spheroid fusion. First, gravitationally deposited cells aggregate in independent cylindrical wells for 24 h (top). Next, two aggregates are extracted and combined in a single fusion simulation, which continues for a further 50 h (bottom).
2.3 Visco-Elastic Approximation of the Fusion Process
The fusion dynamics of two equal visco-elastic spheres can be approximated by the differential equation
[image: image]
as derived in (Supplementary Section S3). Here, θ is the angle as shown in Figure 2, and is influenced by the surface tension [image: image], the radius of the spheroid before fusion [image: image], the apparent viscosity of the tissue η and the shear modulus of the tissue [image: image]. We combine these parameters into two characteristic time constants; [image: image] is the visco-capillary time, and [image: image] is the visco-elastic time. The analytical solution of Eq. 1 is
[image: image]
in which the complex number C (Supplementary Section S3) can be obtained from the initial conditions [image: image]
[image: image]
[image: Figure 2]FIGURE 2 | Shape evolution during spheroid fusion adapted from [3]. The shape is described by two intersecting circles with equal radius a, and center A and B. O marks the center of the axis system, and depicts the initial contact point. Based on the intersections one defines the neck radius x and the angle θ. During fusion the centers A and B gradually move toward point O, the radius a increases and the doublet length L decreases. [image: image] and [image: image] is the radius of the spheroids before, and after complete fusion, respectively. [image: image] and [image: image] is the length of the spheroid doublet before, and after complete fusion, respectively.
In analogy to previous studies on spheroid fusion, the fusion dynamics are reported as [image: image] with a the radius of the spheroid and x the contact radius which both vary in time [4, 10, 18, 20, 21]. Other studies perform the analysis based on [image: image] [5, 6, 17, 19], but this is less consistent with the underlying theory (see Supplementary Section S4). Eq. 2 is used to calculate [image: image]. When fitting, we use this equation with free variables: [image: image], [image: image] and [image: image]. In order to compare simulated fusion experiments, [image: image] is retained as a free variable since the discrete initial adhesion between the first contacting cell pair will permit a rapid relaxation toward a non-zero initial angle, [image: image]. Based on the fitted values, the predicted equilibrium angle [image: image] can be obtained as
[image: image]
3 RESULTS
3.1 Arrested Coalescence Dynamics
The average dynamics of simulated tissue spheroid fusion are consistent with the derived visco-elastic material model, expressed in the time evolution of contact angle θ, Eq. 1, as shown in Figure 3B where we varied the cell activity [image: image]. At sufficiently low [image: image], coalescence appears arrested and complete fusion is not attained. Given the correspondence to the visco-elastic model, the parameters [image: image] and [image: image] can be interpreted as characteristic timescales of the multi-cellular visco-elastic material. From the fit of [image: image], [image: image] and the instantaneous initial angle [image: image], we are able to calculate the equilibrium fusion angle, [image: image], using Eq. 4. When varying the cell activity [image: image] and the repulsive energy [image: image], two distinct regions can be recognized based on [image: image], Figure 3F. For low activity [image: image] fusion is arrested, while at higher activities fusion is complete. Higher levels of repulsion [image: image] require more cell activity to fluidize the material and hence to attain complete fusion. Similarly, the characteristic visco-capillary time [image: image] increases when cell activity decreases and when cell repulsion increases, Figure 3E. When reducing cell activity within the fluidized region, the visco-elastic time [image: image] gradually increases and displays a divergence near the transition line toward arrested coalescence. This divergence of elastic relaxation time is indicative of an underlying glass transition, as was already pointed out in [10], although based on somewhat different analytical and computational models. The transition from arrested to complete fusion as characterized by [image: image], coincides with the glass transition as characterized by the divergence of [image: image], as shown in Figure 3D. Since this computational model is based on the same individual cell-based framework that was used to simulate the aggregate formation process, we are able to make a direct comparison between dynamics of aggregation and dynamics of tissue spheroid fusion. At sufficient cell activity, the aggregation process is consistent with the dewetting of a liquid film from a surface, as was demonstrated in [30]. Upon decrease in activity, this correspondence is lost. Instead, the aggregate density [image: image] follows the dynamics of granular compaction, characterized by stretched exponential relaxation (KWW law):
[image: image]
with initial density [image: image], final density [image: image], exponent β and characteristic timescale [image: image], see Figure 3A. In this equation the apparent packing density is expressed by [image: image] Here, [image: image] is the apparent volume of the spheroid approximated as the sum of cell volumes using an average cell radius. [image: image] is the radius of the spheroid, which is obtained based on the projected area on the bottom of the micro-well, assuming a circular geometry. During compaction, a similar glass transition as observed during the fusion process can be recognized from the divergence of [image: image] [30]. For the same underlying cell properties [image: image] and [image: image], these two transitions closely align, as demonstrated in Figure 3B, although the transition in the fusion process consistently occurs at higher values of cell activity. We hypothesize that this discrepancy is due to the additional constraints in cell movement imposed by the geometry of the spheroid during the fusion process, compared to the loose network connectivity that characterizes the aggregation phase. Due to the sequential simulation of aggregation and fusion, which mimics the experimental procedure, additional compaction may occur during fusion, particularly at low activity when compaction proceeds slowly. We verified that the effect of this additional compaction on the predicted equilibrium angle [image: image] is minor, as shown in Supplementary Figure S7, where we compare fusion of self-assembled aggregates to artificially compacted spheroid structures.
[image: Figure 3]FIGURE 3 | Comparison between aggregation and fusion. (A) Time evolution of the average (N = 100) apparent density [image: image] for varying activity [image: image] at constant level of cell repulsion [image: image]. The fits of the KWW law Eq. 5, are shown as black dashed lines. (B) Average (N = 50) fusion dynamics, represented as [image: image], for varying cell activity [image: image] at constant level of cell repulsion [image: image]. Based on the fusion dynamics equation Eqs. 2, 3, the simulated data is fitted in the form [image: image]. These fits are shown as black dashed lines. (C) Estimated values of [image: image] based on KWW law Eq. 5 during aggregation for varying cell repulsion [image: image] and cell activity [image: image]. The black dashed line shows the separation of arrested versus complete fusion based on [image: image]. A similar trend between this black dashed line and the divergence in [image: image] can be observed. (D–F) Estimated values of the visco-elastic time constant [image: image], the visco-capillary time constant [image: image] based on fitting fusion dynamics in [image: image] using Eqs. 2, 3, and the equilibrium angle [image: image] calculated using Eq. 4. The black dashed line shows the separation of arrested versus complete fusion based on [image: image]. The white dashed line represents the separation between two regions of low [image: image]. Both lines are obtained by performing a watershed segmentation on the images of [image: image] and [image: image], respectively, and show a similar trend.
3.2 Increase of Coalescence Due to Cell Division
Next, we turn to the role of cell division in the arrest of coalescence. For this, we simulated the fusion dynamics in the presence of cell proliferation, see (Supplementary Section S1.2) Although cell proliferation is not explicitly accounted for in the derivation of our analytical model, Eq. 1 still fits the fusion dynamics of our simulated spheroid fusion in the presence of cell division well, Figure 4A. Figures 4B,C compares the characteristic visco-elastic time constant [image: image] and the predicted equilibrium angle [image: image] without [image: image] and with [image: image] cell division, when varying cell motility [image: image] at repulsive energy [image: image]. This enables us to evaluate the effect of cell growth/division as an additional source of biological excitation compared to active cell motility. The simulated cell division rate corresponds to a cell cycle period of approximately 16.7 h, which is lower than many commonly used cell lines which are used for spheroid fusion. Yet, even at this relatively high division rate, we do not see a strong shift in critical activity beyond which the material appears fluid-like, as indicated by the coincidence of the peak in [image: image] for varying [image: image] with and without cell division (Figure 4B). However, we do observe that the presence of cell division greatly increases the overall visco-elastic relaxation time, indicating a decrease in the apparent elasticity of the multi-cellular material. Furthermore, cell division markedly increases the equilibrium angle [image: image] in the arrested fusion region. Hence, in the simulated configuration, cell division appears to recover coalescence by increasing the plasticity of the tissue. However, it has no strong influence on the location of the fluidization transition.
[image: Figure 4]FIGURE 4 | Fusion characteristics in the presence of cell division. (A) Average (N = 100) fusion dynamics with simulated cell cycle, quantified as [image: image], during 50 h for varying cell activity [image: image] at constant [image: image] and [image: image]. The simulated data is fitted by calculating [image: image] based on the solution for θEqs. 2, 3. Although cell division is not taken into account in the fusion dynamics model, it still fits the data well. Fitting results of have to be interpret as effective parameters. (B–C) Comparison of fusion dynamics characteristics in presence and in absence of cell division, as a function of cell activity [image: image] at a constant [image: image]. The estimated values for the visco-elastic time constant [image: image] are based on fitting the average fusion dynamics in [image: image] using Eqs. 2, 3, the predicted equilibrium angle [image: image] calculated by Eq. 4. The error bars for [image: image] correspond to two times the standard error obtained from the fits. In these graphs, the error bars are only one time larger than the marker. These graphs show that cell division promotes spheroid fusion, although the system remains arrested at low levels of cell activity.
4 DISCUSSION
In this work, we derived an expression for the arrested coalescence of tissue spheroid fusion, based on visco-elastic material properties. Simulations of a minimal individual cell-based model of the fusion process showed that this expression is able to describe the transition of liquid-like to arrested coalescence dynamics. Furthermore, a divergence in the visco-elastic relaxation time indicates the presence of jammed or glassy relaxation behavior near the transition toward arrested coalescence. These findings are highly similar to recent work from Oriola et al. [10], hence a brief comparison between these contemporary results is appropriate. First, the analytical expressions for the dynamics of θ (Eq. 1 in [10], compared to Eq. 1) are based on somewhat different assumptions. Our model is an extension of the model of Pokluda [3] by adding an elastic energy term in the equation which was suggested by [23, 24]. This has the advantage that in the absence of elasticity, the model of Pokluda is retrieved. The downside of our approach is that this leads to an inconsistency in the strain and strain rate for viscous energy dissipation rate and the elastic energy rate (we note this difference as ε and ε). For the viscous dissipation term, we have, according to Pokluda [3] [image: image]. On the other hand, the strain in arrested coalescence is suggested to be [image: image] [23, 24]. Therefore the strain rate is [image: image]. These expressions are equivalent in magnitude only for the onset of fusion i.e. [image: image] and [image: image]. In contrast to our hybrid model, Oriola et al. [10] consistently use the strain rate as suggested for arrested coalescence [23, 24]. Furthermore, they introduce elasticity by considering the spheroid as an incompressible Kelvin-Voigt material, instead of adding a separate elastic energy term, hence obtaining a critical value for the Young’s modulus for which fusion is inhibited. Moreover, whereas they include a “pre-strain” to account for the initial fusion onset, we allow for an instantaneous initial angle [image: image]. Still, both models are parameterized by two essential characteristic timescales: the visco-capillary timescale [image: image] and the visco-elastic timescale [image: image]. Secondly, one key difference between the individual cell-based model in this work and the one in [10] is the implementation of the active cell motility. Their model is based on “protrusions” defined on the level of cell-cell bonds, and effectuates persistence by means of a protrusion lifetime per bond. Our model is based on a polarization direction defined for each cell which diffuses over time. Nonetheless, the similarity of the main results underpins that the transition of liquid-like to arrested coalescence is a generic phenomenon that is not dependent on the precise assumptions of the visco-elastic description, nor on the implementation details of the individual cell-based model. Additionally, because arrested fusion is the main discrepancy for fusion of the jammed tissue, the simulation of shötz et al. [22] of cells close to the jamming transition can still adequately be described by a liquid model.
The glassy relaxation dynamics during fusion mirror the dynamics of the aggregation process during which the initial tissue spheroids are formed. A direct comparison between these two unit processes shows that there is a clear correspondence between, on the one hand, the transition from granular compaction to liquid dewetting during the aggregation phase, and on the other hand, the transition from arrested coalescence to liquid behavior during the fusion phase. However, this transition occurs for slightly smaller values of cell activity in the case of aggregate formation. Experimental confirmation of this correspondence can be found in studies involving Rho kinase inhibitor, which has been observed to cause arrested dynamics during aggregate formation of human periosteum-derived cells [30], as well as inhibit fusion of spheroids from human mesenchymal stem cells [8] and of embryonal chicken organoids [7]. The role of cell activity in fluidization has been experimentally shown [9]. They related cell activity as obtained from cell tracking to the outcome of fusion. The fusion of low cell activity tumor spheroids appears like a jammed tissue and results in arrested coalescence, while in high cell activity tumor spheroids, fusion is completed. They also noted that the dynamics of this arrested fusion process could not be captured with the classical model. The equation, as derived in this paper will therefore contribute to a better understanding of spheroid fusion in general.
In addition, we considered the effect of cell division on the dynamics of the fusion process. In the framework of arrested coalescence, we showed that the presence of cell division may recover coalescence of fusion. Other studies on the role of cell growth in biological active matter systems, for example in simulations of two-dimensional epithelial tissues [27], or in growing 3D cell aggregates [25], observed an increase of fluidization induced by cell division. More generally, an overview of the role of cell division in tissue rheology and mechanics is provided in [32]. However, in our simulations, the effect of cell division on the location of the fluidization transition was limited, at least for realistic cell division rates compared to the timescale of fusion. Instead, cell division appeared to increase plasticity of the glassy material and thereby improves coalescence in the arrested phase. However, it should be noted that the absence of fluidization as a result of cell division in simulations could be partly due to the minimal representation of cell shape, which introduces artificial energy barriers and thereby overly penalizes neighbor exchanges. This shortcoming could be addressed in more detailed tissue models, such as vertex models [33] or deformable cell models [34, 35]. On the other hand, our representation of the cell cycle was limited to cell growth and cell division, while fluidization is often investigated in the presence of apoptosis when the number of cells is stationary or at a homeostatic pressure [28]. We expect that including apoptosis will further fluidize the tissue as this creates random vacancies around caged cells, offering a low energy route for local relaxation. Additional complexities on fusion dynamics could arise as cells enter a pressure-dependent dormant state, increasing tissue heterogeneity. For example, the increased pressure in the core of tumor spheroids results in a jammed stage with dormant cells, while cells at the periphery grow and motility is super-diffusive [36].
In practice, technologies that involve the production of artificial tissues frequently incorporate subsequent steps of micro-aggregation and tissue assembly, where the latter often relies on the (partial) fusion of spheroids to create larger tissue constructs [37]. To complicate matters, all these steps are typically accompanied by biological processes such as cell division, production of extracellular matrix, cell differentiation or apoptosis. However, since the physical description of the underlying aggregation and fusion dynamics is highly generic, each of these steps may be parameterized in terms of its characteristic material properties, allowing for the comparison within and between different culture conditions and production formats. As such, continued efforts toward the characterization of structure, rheology and mechanics of these artificial tissues will become indispensable.
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Spatiotemporal changes in viscoelasticity are a key component of the morphogenesis of living systems. Experimental and theoretical findings suggest that cellular- and tissue-scale viscoelasticity can be understood as a collective property emerging from macromolecular and cellular interactions, respectively. Linking the changes in the structural or material properties of cells and tissues, such as material phase transitions, to the microscopic interactions of their constituents, is still a challenge both at the experimental and theoretical level. In this review, we summarize work on the viscoelastic nature of cytoskeletal, extracellular and cellular networks. We then conceptualize viscoelasticity as a network theory problem and discuss its applications in several biological contexts. We propose that the statistical mechanics of networks can be used in the future as a powerful framework to uncover quantitatively the biomechanical basis of viscoelasticity across scales.
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INTRODUCTION
The viscoelastic or material properties of cells and tissues are key regulators of cell and tissue growth, motion, and homeostasis [1–5]. Viscoelasticity allows living systems to preserve a basic architecture due to their solid-like characteristics, but also at the same time to dynamically reorganize in different shapes and patterns due to their viscous-like characteristics [4, 6–8]. Cellular-scale viscoelasticity influences several single-cell functions such a shape, division, and motility, and it is predominantly determined by the physical properties of the underlying cytoskeletal networks [8]. Tissue-scale viscoelasticity was shown to be important in collective morphogenetic processes such as tissue folding, spreading, wound healing and migration, and it is mainly determined by the interplay of cell-cell and/or cell-extracellular space interactions [2, 4, 5]. Advances in biophysical tools measuring viscoelasticity [4, 9, 10] have revealed an essential and physiologically relevant link between material properties and morphogenesis [11–13], opening the challenge to now understand how emergent viscoelasticity is regulated by, and in turn, regulates the mechanochemistry of living systems.
A material is viscoelastic if it displays both viscous and elastic behavior [14]. Our knowledge of viscoelasticity mainly comes from material sciences, where certain physical parameters are well-defined for non-living materials such as glasses, rubbers, metals and polymers [14, 15]. Viscoelasticity of such materials is evaluated from the degree of deformation upon constant force application and release, an experimental procedure called creep and recovery test (Figure 1A). Solid-like objects deform shortly and reversibly under constant force, whereas fluid-like objects irreversibly increase their deformation as long as a force is exerted. Viscoelastic materials exhibit characteristics of both solids and fluids: at short time scales they deform elastically and, at long timescales, they behave as viscous fluids. On the theoretical level, viscoelasticity was independently modelled by Maxwell and Kelvin in the 19th century [14]. Both models abstract a viscoelastic system as a composite structure containing an elastic spring connected to a dashpot containing a viscous fluid (Figure 1B). The difference between Maxwell’s and Kelvin’s approaches comes from the disposition of the system: In Maxwell’s model, the dashpot and the spring are connected in series, whereas in Kelvin’s model, the two components are connected in parallel. As a result, when force is applied on the system, in the former, the deformation of the spring will drag the dashpot, describing the deformation of a viscoelastic fluid; whereas when force is applied in the latter, the dashpot response is restricted by the deformation of the spring, describing thus the deformation of a viscoelastic solid [16]. Although biological materials display characteristics of viscoelastic materials, due to their heterogeneous composition and dynamic nature, fitting such models and frameworks from material science, is conceptually and technically still difficult [16, 17]. For instance, during experimental measurements of cell and tissue viscoelasticity, typically an external force is applied to the system such as via a micropipette, or a magnetic field [13, 18, 19] for a certain time window, during which its deformation is monitored (Figure 1C’). From such measurements, parameters such as elastic modulus, viscosity, and yield stress can be extrapolated (Box 1) [16, 20, 21]. However, whether such measurements are relevant to the time window of morphogenesis still needs to be addressed, since such measurements show how a tissue deforms when applying an exogenous force for a certain time. How these features compare to the magnitude and duration of the endogenously exerted forces is still unclear [9, 22, 23]. In addition, during such experimental measurements, the applied force typically triggers a large deformation of the material (nonlinear regime). In contrast however, most theoretical frameworks predicting viscoelasticity upon deformation, are based on forces triggering infinitesimal deformations (linear regime) [24]. Last, similar to the viscoelasticity of non-living materials, viscoelasticity of cells and tissues is a property arising from their underlying structure, defined by the way macromolecules and cells interact [1, 8, 15, 25–29]. Several theoretical frameworks have for long been used in non-living materials to link the microscopic structure to the macroscopic viscoelastic properties (Box 1), showing that viscoelasticity may behave as an emergent property [27–32], in the same way, e.g., temperature arises non-trivially from microscopic particle motion in statistical mechanics [14]. How macroscopic viscoelasticity can be predicted by the interactions of the microscopic constituents of living cells and tissues is an open question at the interface of statistical and soft matter physics with molecular and cell biology, and the main topic of this review.
BOX 1 | Terminology.
Affine deformation: Deformation of a body in which the macroscopic strain is translated uniformly to all microscopic parts of the material.
Bulk modulus: Denoted by K, describes the material’s response to isotropic hydrostatic pressure.
Cell contact network: A network where the nodes are cells and links represent active contacts between neighbouring cells.
Contour length: In a polymer chain, the contour length, lc, is the distance between the two extremes of the filament if the polymer is fully unfolded.
Critical point: Magnitude of the control parameter that triggers a phase transition. At the critical point, a discontinuity on some macroscopic observable is expected, and specific statistical patterns, such as power-laws, often largely independent of system’s details, are observed. Formally, the functional dependence of the order parameter on the control parameter shows a singularity in some of its derivatives at the critical point.
Cytoskeleton: A network of biopolymer fibres that extends throughout a cell. It is the main determinant of the material response of the cell under deformations and stress.
ECM network: The extracellular matrix (ECM) is a non-cellular component providing the material backbone for the cellular constituents. Beyond its structural character, it plays a key, active role in morphogenesis, differentiation and homeostasis.
Elastic modulus: Also known as Young’s modulus, E, quantifies the strain response to uniaxial stress in the direction of this stress in the linear regime.
Enthalpic elasticity: In a polymer network where [image: image] filaments are considered stiff, and deformation comes from the stretching or compression of them. The main energetic costs come from changes of the enthalpy of the system. Systems in the enthalpic regime show in general small deformations under stress.
Entropic elasticity: In a polymer network where [image: image] filaments are rugged and fluctuate due to thermal agitation. In these systems, the elastic response against deformation is due to the unfolding of these filaments towards the axis of the stress. This unfolding results in a decrease of the entropy of the system. The materials in these regimes are usually elastic and deformations can be in general big, and recover the initial configurations when the stress is released
Interstitial fluid: space between the cells of a nonconfluent tissue.
Isostatic point: A system is at the isostatic point when the degrees of freedom of its constituents are absorbed by the constraints imposed by the structure in a non-redundant way. In the theory of rigidity, the isostatic point is marked by the critical value of connectivity in which the system becomes rigid, e.g., the lowest value of connectivity that leaves no degrees of freedom within the internal constituents of the system.
Jamming: Divergence of the viscosity of a material with increasing particle density
Micro/macro mapping: The mapping between microscopic dynamics, often containing a great number of degrees of freedom to a single, often scalar microscopic observable. The most common example is the microscopic motion of particles in a gas giving rise to the macroscopic observable of temperature.
Network rigidity: A topological concept where a network structure (or part of it) made of nodes and connecting links is considered to be generically rigid if no independent (geometric) movement of the nodes is possible without stretching/compressing a link.
Percolation: A network is in the percolating regime if a significant part of its nodes define a connected cluster, that is, for any pair of nodes of this cluster, there is a path that connects them. In a random network, the emergence of the percolating cluster is an abrupt event, and has all the properties of a high order phase transition as described in statistical mechanics. Many different classes of percolation transitions can be defined, depending on the attributes one expects to observe in the emerging cluster when the average connectivity increases.
Persistence length: In a polymer chain, the persistence length, [image: image], quantifies the length scale at which significant bending fluctuations occur. Formally, it is the length at which the polymer chain appears straight in the presence of Brownian forces.
Phase transition: Macroscopic change in the properties of a system (order parameter) when a parameter crosses a certain critical value (control parameter), also called critical point.
Rigidity percolation: A high order phase transition triggered by increasing the average number of links per node in a network, leading to the sudden emergence of a rigid region that spans almost the whole network, the Giant Rigid Cluster (GRC). The term rigidity percolation comes from the fact that almost any two nodes of the graph are connected through a path that is entirely inside the same rigid cluster.
Shear modulus: Denoted by G, quantifies the material's response to shear stress.
Strain: Denoted by [image: image], quantifies the deformation of a body. It quantifies relative displacements of parts of the body other than the ones that can be attributed to rigid body motions.
Strain softening response: Non-linear response of many biological materials consisting on the decrease of the stiffness along the increase of strain.
Strain stiffening response: Non-linear response of many biological materials consisting on the increase of the stiffness along the increase of strain.
Vertex models: Tissue models represented by tilling of the space (in general, over 2D surfaces) in which the energetic contributions come from geometric considerations on the cell shape and cell-cell contact regions (vertices).
Viscosity: Denoted by [image: image], quantifies the material’s flow at a given velocity upon stress
T1 transition: Relative movement of cells in a tissue occurring when an edge between two cells shrinks to a point and a new edge arises between two neighbouring cells. The outcome of this process is a net change of neighbouring cells and, in consequence, a relative movement, with respect to the other cells, of at least one cell within the tissue.
[image: Figure 1]FIGURE 1 | Emergence of cell and tissue viscoelasticity. (A) Strain plots as a function of time for different materials during constant force application (grey shaded box) and release. (B) Schematic illustrations of the Maxwell and Kelvin viscoelastic models. In the Maxwell model (top) the spring and dashpot are connected in series and account for the behaviour of viscoelastic fluid materials. In the Kelvin model (bottom) the spring and dashpot are connected in parallel and account for the behaviour of viscoelastic solid materials. Stress σ is applied along the axis of the spring triggering a strain γ. k is the spring constant and η is the viscosity of the fluid. (C) Cellular-scale viscoelasticity is defined by the cytoskeletal network and extracellular matrix. The close ups illustrate an exemplary composition of an actin and collagen network. (C’) Schematic illustration of an experimentally induced deformation of a cytoskeletal network and a paradigm of how viscoelastic properties can be computed from such experiments. (C”) Stiffness-strain plots of actin and collagen networks exhibiting a non-linear increase of their elastic modulus, or a stress-stiffening response. The plot was adapted from [71, 141]. (D) Tissue-scale viscoelasticity is determined by several cellular processes such as cell rearrangements, cell-cell adhesion and cell division. (D’) Schematic illustration of an experimentally induced deformation of an embryonic tissue using micropipette aspiration and a paradigm of how viscoelastic properties can be computed from such experiments. (D”) Plot of the nonlinear decrease of tissue viscosity as observed during zebrafish morphogenesis. [image: image], Force; σ, stress; γ, strain; [image: image], elastic modulus; [image: image], viscous modulus; [image: image], applied pressure; [image: image], deformation length; [image: image], pipette radius.
An intriguing empirical observation is that the material properties of the microscale components of cell and tissue viscoelasticity, such as the cytoskeletal elements and the cells, respectively, usually do not match the macroscale material properties of cells and tissues [15, 29, 33]. Macroscopic viscoelasticity frequently exhibits nonlinear changes that are not observed at the microscopic level. Such examples have been experimentally detected such as the strain-stiffening response of the cytoskeleton networks [26, 30, 34], phase transitions in the energetic costs of cell movements [12] or abrupt changes in tissue viscosity [13] (Box 1, Figures 1C”,D”). In the above cases, the mechanical resilience of the individual microscopic components to forces falls short in explaining the macroscopic viscoelastic changes, and thus probing the pattern of interactions between the components instead, is key.
Such nonlinear phenomena set a number of challenges to the theoretical understanding of cell and tissue dynamics. Theoretical analyses of cell and tissue material properties are typically addressed from the biopolymer or cell level, respectively. In the first theoretical approach, the microscopic basis is the mechanical properties of the biopolymer filaments building the cytoskeleton [35] and the macroscopic viscoelastic features are derived from the network geometry and local topology of the filaments [26]. Nonlinear phenomena such as strain-stiffening of cytoskeletal networks have been probed with such models. In the second theoretical approach, the microscopic basis is the tiling patterns of the constituents, such as the cells forming a tissue. In such modeling frameworks, mainly represented by the vertex models (Box 1) [25, 36, 37], rheological properties such as rigidity and fluidity are inferred from the energetic costs for cells to independently move through the tissue [27, 28, 38–41]. This viewpoint comes from the fundamental observation that material deformation can only take place through cell-cell rearrangements. Nonlinear phenomena such as jamming transitions (Box 1) have been predicted with such frameworks [27, 28, 40–42]. A third theoretical approach that is not as frequently applied in active viscoelastic systems, but has been used so far to probe material properties across scales, is network theory [29, 31, 43, 44]. In this framework, the starting point is the topology of the network, e.g., how the system’s constituents are connected between them. Of particular relevance for these approaches is the concept of percolation (Box 1). Percolation refers to a wide range of phenomena where a sudden shift in the macroscopic properties of a system made of microscopic, interacting units, is observed when a certain threshold of connectivity at the microscopic scale is overcome [45]. In material sciences, percolation transitions underlie many sudden, qualitative changes in the behavior/response of the material, including, among other, shifts in rigidity and force transmission properties [46–54]. A paradigmatic example of the role of percolation theory in explaining material properties is found in the exploration of the emergence of cracks when the material is under stress. In this context, the length and width of cracks emerging in the material increase dramatically when the system approaches the critical point of rigidity percolation [55, 56] (Box 1). Several forms of percolation theory have been applied to cytoskeletal networks, fiber networks and, recently, to “cellular” networks - tissues - to map material properties [29, 31, 43, 44]. As is the case with inanimate materials, the structure of interactions at the microscopic level --and the potential nonlinear shifts arising from small changes in them-- are supposed to underlie and, ultimately, explain, the emergence of macroscopic material properties like viscoelasticity.
In this review we summarize and discuss experimental and theoretical work probing cell and tissue viscoelasticity as an emergent property. We will first introduce experimental findings on how viscoelasticity emerges in cytoskeletal networks, extracellular matrix fiber networks and tissues. We will then summarize and classify theoretical frameworks supporting such experimental findings that address cell and tissue material properties. Finally, we will discuss the potential of applying network theory to predict viscoelasticity, and speculate how such an approach could impact our biophysical understanding of the material properties of living systems and their morphogenesis.
VISCOELASTICITY AS AN EMERGENT PROPERTY: EXPERIMENTAL OBSERVATIONS
Cellular Viscoelasticity
Changes in cellular-scale viscoelasticity are key for cell physiology [57]. Both the cytosol and cytoskeleton contribute to cellular-scale viscoelasticity, with cytoplasmic viscosity dominating processes of macromolecular movement [58] and cytoskeletal viscoelasticity influencing cell morphology, motility and division [8, 57]. Given that experimental work suggests that the cytoskeleton is the major determinant of cellular viscoelasticity [59, 60], we focus here on its viscoelastic properties. The cytoskeleton is the underlying biopolymer scaffold of living cells, and its viscoelasticity offers a balance between dynamic reorganization and maintenance of the cell body. Cytoskeletal viscoelasticity is a complex phenomenon, since it arises from the mechanical properties and interactions of at least three different biopolymers: actin, microtubules and intermediate filaments. These fiber structures further self-organize into filaments and heterogeneous networks through mechanisms of entanglement, branching, crosslinking and bundling (Figure 1C) [61–64]. Such mechanisms involve several types of linkers, such as cross-linking/bundling proteins a-actinin and fascin, and motor proteins like myosin and kinesin [65]. In general, the mechanical properties of the cytoskeleton depend on the physical properties of the individual filaments, the pattern of linkages between the filaments, and the geometry of the filament arrangement [66, 67]. Although cell viscoelasticity is a result of the heterogeneous mechanical properties of all cytoskeletal elements together, our understanding of this process comes mostly from studying each type of element separately (for extensive reviews see [1, 3, 8]).
At the single-filament level, each cytoskeletal biopolymer displays different physical properties, assessed by the ratio of its persistence length ([image: image]) over its contour length ([image: image]) (Box 1). When [image: image] > [image: image], the polymers are flexible, and this is the case for the intermediate filaments, which display the shortest [image: image] (from 200 nm to ∼1 μm) and are the softest among the cytoskeletal elements [68, 69]. Actin filaments have a higher [image: image] (from 3 to 17 μm) and are semiflexible and microtubules exhibit the highest [image: image] (>1 mm) and are stiff polymers [70]. Already at the single filament level, semiflexible polymers such as actin and vimentin, display a nonlinear increase of their shear modulus at different strain amplitudes [71] (Box 1). This nonlinear force-extension relationship becomes more apparent at the network level, where new material properties emerge that are absent at the single filament level. Cytoskeletal elements build networks via various forms of filament interactions that influence the viscoelastic behavior of the whole network. For example, transient and non-covalent interactions with crosslinks turn the network into a viscoelastic material, whereas covalent interactions turn the network into an elastic material [3]. Experimental measurements of reconstituted cytoskeletal networks (Figure 1C’) revealed nonlinear force-extension relationships such as stress-stiffening in the presence of tensile load (Figure 1C”) but also stress-softening in the presence of compressive load [5, 30, 33, 62, 71, 72] (Box 1). Actin and intermediate filament networks are highly strain-sensitive, with 10–100 times stiffening appearing at very low strains [71, 73]. Experimental work suggests that depending on the density and interactions in the network e.g. dense vs sparse, the macroscopic material properties change following a well-defined phase diagram [30]. Gardel and colleagues have shown that the addition of crosslinkers results in the formation of rigid solid networks, with elastic modulus several orders of magnitude greater [30]. Even when using flexible crosslinkers like filamin, the network displays nonlinear increases of the elastic modulus when increasing strain, reaching values that match the elastic moduli of cells [34]. Similarly, addition of molecular motors to reconstituted actin networks, such as myosin II, leads to a sharp increase of the elastic modulus [74, 75]. Microtubules on the other hand, and also weakly cross linked actin networks, decrease their modulus as the applied stress is increasing displaying a stress-softening response [30, 76–78]. In conclusion, experimental work shows a very rich collection of nonlinear macroscopic viscoelastic behaviors of the cytoskeleton that represent a challenge for theoretical understanding at the microscopic level.
Extracellular Matrix Viscoelasticity
Besides the emergence of material properties in intracellular cytoskeletal networks, similar behaviors are observed in networks of the extracellular matrix (ECM), the non-cellular material backbone spanning cells and tissues. ECM viscoelasticity is fundamental in cell migration, tissue morphogenesis, organ development, and cancer progression [5, 79, 80]. The ECM is a heterogeneous network composed by several biopolymer filaments, such as fibronectin, laminin, and collagen, that exhibit various persistence lengths. This can range from the 4–8 nm persistence length [image: image] of flexible hyaluronan biopolymers to a few millimeters’ persistence length [image: image] of stiff collagen fibers [81, 82]. Given that the ECM is composed of various proteins, enzymes and polysaccharides, probing its viscoelasticity becomes highly complex. Due to its covalent nature of crosslinking, in contrast to the cytoskeletal networks, the ECM is considered an elastic-like network [83]. Collagen networks also display a strain-stiffening response that is in this case emerging from the network level and specifically its connectivity [73, 84, 85] (Figures 1C, C’’). In this case, the nonlinear behaviour emerges for strain of only 10% increase where stiffness increases by 100x before network rupture [44] (Figure 1C’’).
Tissue Viscoelasticity
Similarly, tissue-scale viscoelasticity has been recently experimentally measured to undergo nonlinear changes [11–13, 86–89] resembling phase transitions [90–92]. Direct measurements of viscoelastic features such as yield stress and viscosity have been performed in embryonic tissues and spatial and/or temporal drastic changes have been observed [12, 13]. In the case of the early zebrafish blastoderm, for example, tissue viscosity was found to abruptly drop by more than an order of magnitude within a few minutes at the onset of morphogenesis [13] (Figures 1D’, D’’). In addition, comparison of the yield stress between two neighboring tissues along the zebrafish body axis, the presomitic mesoderm and the progenitor zone, has revealed the presence of solid-like and fluid-like tissues, respectively [12]. However, does cell viscoelasticity scale in such cases with tissue viscoelasticity? Although --to our knowledge-- no simultaneous analysis has been performed yet on measuring both cell and tissue scale viscoelasticity under different conditions to quantitatively assess their relationship, several lines of evidence point at the hypothesis that tissue-scale viscoelasticity critically depends on the interaction patterns between cells. Along these lines, it was reported that inhibition of myosin cytoskeletal motors in zebrafish, that is expected to decrease cell-scale viscoelasticity, had no effect on tissue viscosity [29]. Similarly, pharmacological treatments of the zebrafish tailbud with blebbistatin (a pharmacological myosin II inhibitor), which lowers cytoskeletal elasticity, had surprisingly inverse results on the tissue-scale material properties, where the tissue yield stress in treated embryos it is almost double than the control embryos [12]. In contrast, changes in cell rearrangements, cell-cell adhesion, contractility and cell division rates were shown to trigger changes in the tissue scale material properties (Figure 1D) [11–13, 86–88, 93]. This agrees with extensive theoretical work inferring tissue material phase transitions based on certain cell parameters such as cell motility and adhesion [27, 28, 32, 41], and quantitatively linking tissue rigidity to cell-cell connectivity and adhesion [29], but not directly to the rigidity of individual cells.
Overall, experimental measurements of several viscoelastic characteristics in cells and tissues have revealed nonlinear changes at the macroscale, e.g., viscosity, yield-stress, elastic modulus that do not trivially match similar changes at the microscale, e.g., individual cell and filaments material properties, strongly supporting that viscoelasticity of living systems is an emergent property.
VISCOELASTICITY AS AN EMERGENT PROPERTY: THEORETICAL MODELS
Several theoretical frameworks have been developed to establish a micro-macro link that can explain cell and tissue viscoelasticity. Numerous models exist in describing complex viscoelastic behaviors in chemical polymers where we recommend to the reader for a more specialized relevant literature [94–96]. Here however, we will summarize experimentally-based models belonging to three categories, based on the abstraction used to represent the biological system: In cytoskeleton networks, the building blocks are the biopolymer filaments and their mechanical properties, in vertex models, the geometrical properties of individual cells tilling the tissue and finally, in the topological models, the local topological arrangements of e.g., cell-cell contacts.
Modeling Viscoelasticity in Cytoskeleton Networks
The theoretical modeling of filament networks must account for the particular rheological phenomena these systems show, such as the strain stiffening response, stiffening tunability, and recoverable network fluidization [8, 15, 26, 30, 33, 71, 77, 97–99]. These models consider, at the microscopic level, filament properties like stiffness or length, and the local geometric and topological patterns of cross-linking, which project to the macroscopic level as material properties. Given these parameters, qualitative shifts in the response of the network are expected while increasing the density of filaments: First, beyond a certain threshold of density, the phenomenon of geometric percolation is observed, usually referred to simply as percolation, purely based on the network topology (Box 1). At higher filament density, another qualitative shift in the properties of the network is observed, when the stiffness percolation threshold is overcome (Figure 2A). Beyond this filament density threshold, any stress applied at any point of the network will propagate throughout the whole system, meaning that the Young modulus, [image: image], transits from [image: image] to [image: image] [26, 100]. Stiffness percolation is related to rigidity percolation (Box 1), where stresses are no longer absorbed locally, but rather globally. Rigidity percolation, however, only refers to the topological structure [48, 101], whereas, in the case of filament networks, further parameters are considered, as discussed below.
[image: Figure 2]FIGURE 2 | Modelling cell and tissue viscoelasticity. (A) Phase diagram of the regimes arising in a topological model for rigidity, such as stiffness percolation, predicting a floppy to rigid transition at a critical point of average connectivity of the underlying network (grey rectangle). A random network displaying average connectivity below the isostatic point (critical point), has a small Giant Rigid Cluster (red) and the whole network is floppy, displaying Young’s modulus [image: image]. The same network, exhibiting connectivity above the critical point forms a big Giant Rigid Cluster making the whole network rigid, hence displaying [image: image]. Figure adapted from [31, 138]. (B) Phase diagram of the network of WLC filaments’ model showing strain-stiffening response of semiflexible biopolymer networks. At low density and low filament length, the network is in solution and in a floppy regime. The solid line indicates the rigidity percolation transition where the network gains stability above a critical density and length, and can be approximated by [image: image]. At intermediate density but longer lengths, the network displays an affine elastic deformation due to the entropic stretching of the filaments. At higher density the network displays an affine elastic deformation dominated by the enthalpic stretching and bending of the network and is in a rigid regime. Figure adapted from [26]. (C) Phase diagram of a vertex model predicting a floppy to rigid phase transition in simulated confluent tissues. Below a critical point of a cell shape index [image: image] (defined by cell-cell adhesion and cell contractility) cells are free to move and display high mean squared displacement (long cell trajectories) and the tissue is fluid-like, thanks that the increase of energy due to cell-cell rearrangements [image: image]. Above the critical point cells acquire a hexagonal shape and display caged limited motion (short cell trajectories), and cell-cell rearrangements have a positive energy penalty [image: image]. Figure adapted from [27, 28].
A well accepted model describing the phase space of filament viscoelasticity defined by the parameters of filament density and individual filament properties is the Worm-like Chain (WLC) model [15, 102]. In the WCL model, biopolymers are considered as elastic rods or fibers with finite resistance to bending. Geometrically, such fibers are depicted by an inextensible curve with an energy penalty for bending. Let [image: image] denote the path the curve takes in space (and time), parameterized by [image: image], the arc length along the curve and [image: image] the bending modulus. The functional accounting for the energy costs of fiber deformation will be given by:
[image: image]
The second derivative accounts for the local curvature of the filament. The bending modulus [image: image] has units of energy times length. The above energy function is penalizing any increase of the filament curvature and [image: image] gives us the scale of such energy penalties. Thermal fluctuations play an important role here, due to the microscopic size of the filaments. As it is standard in statistical mechanics [103], non-zero temperature regimes imply the presence of stochastic, brownian fluctuations whose scale is [image: image], where [image: image] is the room temperature and [image: image] is the Boltzmann constant. Knowing the scale of the local stochasticity due to temperature enables the definition of a characteristic length for the system, as: 
[image: image]
which corresponds to the persistence length [image: image](Box 1). Together with the contour length [image: image] (Box 1), the filaments are classified according to their stiffness as flexible, semi-flexible and stiff. If [image: image], the filament is flexible and thermal agitation can induce traverse fluctuations. In this regime, entropic elasticity (Box 1) dominates the dynamics, such as during cytoskeleton stretching [30, 71, 75, 104]. In the case where [image: image] , filaments are considered stiff and no fluctuations induced by thermal agitation are allowed. In this regime, enthalpic elasticity (Box 1) dominates the deformations of the filament, such as during cytoskeleton bending or buckling observed in branched actin networks in the cell lamellipodia [77, 105]. Finally, when [image: image], filaments are considered semi-flexible and transverse undulations due to thermal fluctuations are possible, although attenuated. Whereas both the flexible and rigid regime show linear response to strain, the response in the semiflexible regime is nonlinear. To characterize the phase space, we observe that the system can transit between different regimes by changing the filament density [image: image] (proportional to [image: image]) and filament length [image: image] playing the role of [image: image] (proportional to the chain’s molecular weight). Taking these two parameters as the coordinates of a phase diagram, one can identify four regimes: Affine entropic, affine enthalpic, non-affine, solution [15, 26, 33] (Figure 2B, Box 1). In this phase diagram, the phase transition from a fluid regime to a rigid regime is found at the border between the solution and the non-affine regime (Figure 2B), whose functional shape can be approximated as:
[image: image]
Experimental work on reconstituted F-actin networks, revealed that linear and nonlinear strain-stress relationships can be explained by entropic and enthalpic models, respectively. In the absence of crosslinkers, actin networks generally form weak elastic gels mimicking the elastic nature of the filaments [106, 107]. At the entropic regime, elasticity comes from the resistance of each polymer/filament against stretching [33, 107]. At the enthalpic regime, while increasing strain, filaments first bend, reorganize along the direction of shear strain and the network deformation arises from the enthalpic stretching of the aligned filaments [108–110]. Further work showed that by decreasing the concentration of cross-linkers the network transits from affine to non-affine [74, 75]. In conclusion, the modeling of biopolymer networks within this framework has proven powerful enough to account for the special viscoelastic properties of these systems.
Modeling Viscoelasticity in Tissues
Cell-Based and Energy Minimization in Vertex models
When modelling tissue viscoelasticity, the fundamental units, cells, are considered to exhibit certain properties [25, 111–117] (Box 1) arising from the cell cytoskeleton [118]. Parameters, such as departure from an ideal cell shape and active fluctuations condense the material response of the cell and its effect to the tissue architecture under stress. There are several abstractions, depending on where the emphasis is placed concerning the energetic cost of the tissue deformations or configurations. Here, we will briefly mention Cellular Potts models and Centroid models, and focus more on the Vertex models (Box 1) which provide a widely applicable framework to the understanding of biological tissue properties.
Cellular Potts models idealize the tissue architecture as a mesh in which each point can be in several states and, accordingly, can represent a part of the cell, a contact point, or a free space. Each state of the mesh point has a particular contribution to the overall energy of the system, and may depend critically on the state of its neighbors [116]. Cellular Potts models may be considered within the much broader family of network models. In turn, centroid models base the analysis on the assumption that cells can be represented by their centroid position within the geometry of the tissue. Energetic contributions are based on geometrical considerations between centroids, such as distance between them [117, 119, 120]. The source of energetic contributions can be considered somehow complementary or even opposed [120] to the one considered in vertex models and the energetic costs associated with different configurations can be associated with material properties of the modeled tissue.
Vertex models have recently received a lot of attention due to their potential in describing a wide range of tissue properties [25, 27, 36, 111–115, 117–119, 121–123]. Moreover, the accurate study of their mathematical properties revealed a plethora of interesting physical properties [27, 28], such as second order rigidity [121], that could play a relevant role in the modeling of biological tissues. Importantly, these properties may imply an interesting departure from the framework proposed by inanimate material science, and proposes a theoretical framework that extends to biological materials. In principle, vertex models have been postulated to model confluent tissues, with recent approaches extending the framework to non-confluent tissues [32]. The essential problem vertex models try to answer is: what are the energetic costs for cell migration within a tissue? In that framework, fluid states are those by which the movement of cells can happen at almost no cost, and rigid states will correspond to those states by which moving a cell - in particular, performing a T1 transition - implies a positive energy penalty, to be paid either in the form of external work or by the cells themselves (Figure 2C). Arguably, the response to an external stress will be, at least partially, driven by the possibility of cell rearrangements which, in turn, depend on the ease of movements of cells within the tissue. The energetic contributions that configure the overall energy of the tissue come from the resistance against compression and the departure from some preferred shape in cells which, in most cases, is introduced as the preferred relation perimeter/area in 2D projections [27, 113, 121, 122]. Having N cells, the functional accounting for the energy of the (2D) system reads:
[image: image]
where [image: image] and [image: image] are the actual and preferred areas of cell [image: image]; [image: image] and [image: image] are the actual and preferred perimeter of cell [image: image]. [image: image] and [image: image] are the area and perimeter moduli, respectively. The first term models volume incompressibility and the second term models the active contractility of the actomyosin subcellular cortex. As shown, the underlying complex properties of the filament network which are themselves the outcome of a multidimensional problem have been absorbed by the scalar parameters [image: image] and [image: image]. The above equation can be non-dimensionalized in length if we divide it by [image: image], resulting in an effective shape index [image: image]:
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[image: image] will act as the control parameter in the different phase transitions between the material regimes of the tissue (Figure 2C). The study of the energetic costs of motility within the tissue is performed through the analysis of the energy barriers arising when a T1 transition occurs (Box 1). The energy barrier corresponding to a T1 transition can, in consequence, be computed as the energy difference, based on Eq. 1, associated to the reduction of the length of an edge to 0 [124, 125]:
[image: image]
If a T1 transition can be performed at no energy cost, the tissue is in a fluid configuration. Otherwise, the tissue is considered rigid. Remarkably, one can observe a well-defined phase transition from [image: image]to [image: image] as a function of [image: image]. In particular, for values [image: image], the energy imbalance is no longer zero, meaning that T1 transitions happen at a finite energy cost. Interestingly, in disordered systems, the shear modulus vanishes at [image: image] [25, 27]. Given the composition of tissues, any deformation must involve rearrangement of cells and, therefore T1 transitions. Consistently, one would expect that the shear modulus goes hand in hand with the energy barriers. Remarkably, this is not the case, and for values [image: image], the tissue has zero linear response but non-zero high-order response [121]. In consequence, this phenomenon has been called “second order rigidity” and the material regime has been named “soft solid” regime [126]. In spite of the numerical evidence that the emergence in the linear regime of the shear modulus coincides with the emergence of theoretical energy barriers in disordered systems, it is currently still unclear what is the theoretical background that could explain the emergence of viscoelastic properties from the theoretical framework of vertex models. Finally, an extension of this vertex model has been developed for non-confluent tissues where stochastic fluctuations in cell surface tensions, density and cell rearrangements control rigid-to-fluid transitions [32]. This contribution detaches the framework of vertex models from the structural constraints that confluency imposes, hence broadening their application in biological tissues.
Topological Models Based on Cell Contact Networks
The presence of interstitial fluid (Box 1) in non-confluent tissues, such as embryonic tissues and tumors [12, 13, 127], opens the possibility to apply even simpler theoretical frameworks to study their viscoelasticity [29]. The reason is that abandoning confluence liberates the system from a lot of implicit constraints at the structural level. Within non-confluent tissues, the range of potential structural patterns increases enormously and topological models can exploit this potential heterogeneity. Here we discuss how topological models can be connected to the rheological properties of non-confluent tissues.
Topological models consider only the structural pattern of connections as the source of the material properties of the tissues. When the system is abstracted at the topological level, its structure is represented by a network defined by nodes and connections among them (Figure 2A). It is important to stress that, at first approximation, no other component, such as link properties or geometric embedding, is considered. The topological analysis, therefore, distills the structure of the system at the level of microscopic minimal components and combinatorial relations among them. In that sense, the basic observables of these models are, for example, the number of links connecting a given node to other nodes of the network, or the existence of paths, within the graph, between a given pair of them. In general, the approximation of a random network, in which the number of connections per node fluctuates stochastically according to some general constraint, quite accurately describes the behavior of real systems --given a suitable choice of constraints [92, 128–131]. For example, in the case that a network is representing the contacts of cells in epithelial (2D) tissues, it must belong to the class of planar networks, namely, those networks that can be extended in a 2D surface without displaying any link overlap [131]. In spite of the apparent simplicity of the approach, the study of networks at the topological level displays a wide range of non-linear phenomena, such as phase transitions or self-organized criticality [92, 129–131]. Particularly relevant is the phenomenon of percolation [91, 92, 128, 129], briefly mentioned in previous sections (Box 1). We will focus on the emergence of the so-called rigid cluster percolation (Box 1), due to its important implications in cells and tissue material properties.
Rigid cluster percolation is based on generic rigidity theory. Given a graph of [image: image] nodes and [image: image] links, a graph is rigid if none of its nodes can be moved independently without constraining or stretching a link (Figure 3A). Despite that the informal definition provided above for rigidity percolation appeals to material deformations e.g., stretching, compressing links, it turns out that the identification of rigid regions in a graph is a purely topological problem: it relies on the identification of actual degrees of freedom remaining in the network through application of the pebble game algorithm [47] based on a theorem considering only the topology of the network [101] (see Figure 3A). A natural question arises: what are the conditions leading to rigidity in a network? The answer is based on Maxwell’s constraint counting [48, 132], where very large networks made of [image: image] nodes and [image: image] links are considered, the links acting as pairwise constraints, limiting the possibilities of independent motion of the nodes connected by the link. For simplicity, a random triangular lattice is considered (e.g., networks in Figure 2A) where the probability that a link exists is [image: image]. If [image: image], all the links are present and the average connectivity [image: image], the average number of links per node, is [image: image] --recall we are considering very large networks where the boundary effects are negligible. In consequence, the number of links of this network will be fairly approximated by: 
[image: image]
A network will be rigid if the constraints absorb all the degrees of freedom for the motion of nodes (Figure 3A). Considering a triangular lattice embedded in a 2D plane, each node has, a priori, [image: image] degrees of freedom (position x and y). The number of degrees of freedom remaining in the network or Floppy modes,[image: image], will be approximated by:
[image: image]
Note that here we consider that all links are responsible for an independent constraint. We must notice that this is an important simplification [51, 132] of the problem, but has proven useful in terms of both simplicity and predictive power. Starting from [image: image], the number of floppy modes is expected to decrease as long as [image: image] grows. The key question is to identify the [image: image] by which [image: image] and, thus, the whole network is expected to be rigid. This is known as the isostatic point (Box 1) and, using the expression for [image: image] found in Eq. 2, and setting [image: image], we obtain:
[image: image]
that lead us to:
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which, in terms of average network connectivity, implies [image: image]. That is, if the probability of link existence is [image: image], one expects the network to be rigid, and no independent movements could, in principle, be performed without imposing work over the system. Nevertheless, the emergence of rigidity is a much more complex phenomenon. In the case that [image: image], for example, there are constraints already acting in the system, so one would expect to see rigid regions within the network. At the same time, the probabilistic nature of the reasoning for finding the isostatic point may induce one to think that some regions of the network may remain floppy even for [image: image] The answer is that, in very large systems, the relative size of rigid regions at [image: image], is negligible and that, for [image: image] one observes the emergence of the giant rigid cluster (GRC) spanning almost all the network (Figure 2A). The emergence of the GRC is abrupt and has all the features of high order phase transitions. Therefore, the isostatic point [image: image] is the critical point of a phase transition called generic rigidity percolation, or simply, rigidity percolation [47, 51].
[image: Figure 3]FIGURE 3 | Rigidity percolation in living systems. (A) Schematic illustration of rigidity. A rhombus cluster of four nodes and four links deforms in the presence of a deformation force. Just by the addition of one link that absorbs the remaining degrees of freedom of the central nodes, under the same deformation force it does not deform and it is considered rigid. (B,B’) Rigidity percolation transition in actomyosin crosslinked networks. (B) At low connectivity (left) or low crosslinker concentration the network is mostly disconnected and displays local contractions. At intermediate connectivity (middle) and intermediate crosslinker concentration the network is critically connected. At higher connectivity (right) and high crosslinker concentration the network is fully connected, the Giant Rigid Cluster (GRC, red) emerges and the network displays global contractions and signs of fracture. (B’) Plot of the size of the GRC as a function of crosslinker concentration and thus average connectivity. Depending on the absence or presence of contractility the system can be considered as passive or active respectively, and this changes the transition point. Figure adapted from [43]. (C,C’) Rigidity percolation transition in cellular networks - tissues - of the zebrafish embryonic blastoderm. (C) At low average connectivity (∼3.5 contacts per cell) the GRC (red) is small and the blastoderm is fluidized whereas at higher connectivity (>4 contacts per cell) the GRC is big, occupies almost the whole network and the tissue displays experimentally high viscosity. (C’) Plot of the size of the GRC as a function of cell connectivity. Note that the GRC is emerging sharply at the critical point of connectivity (2/3 of maximum potential connectivity). Figure adapted from [29].
In order to connect rigidity and topology with the material properties, the mechanics of the links, considered as springs, should also be considered. In that context, [image: image] (subcritical regime) implies that one can perform a differential deformation over the network at no cost. On the contrary, if [image: image], any deformation implies an energetic cost in the form of external work performed over the network, as some spring will have to be unavoidably stretched or compressed. Therefore, in the case of very large systems, the first natural consequence of the emergence of the rigid cluster is that the Young modulus [image: image] will be [image: image] in the subcritical regime and [image: image] in the supercritical regime. In consequence, the topological phase transition that results into the emergence of the GRC projects into the material properties, implying a qualitative shift in the material response of the system under deformations. How does it project specifically into the viscoelastic behavior of the network? To understand that, a minimal ingredient of viscoelastic behavior should be introduced within the springs. This is performed by considering that each spring may update its rest length at random [29, 133]. Specifically, in the simplest approach, the spring updates its rest length at random at every time unit step with probability [image: image]. Formally, if at time [image: image] the rest length is [image: image] and the actual length, due to some external stress, is [image: image], then:
[image: image]
In Box 2 we show how the microscopic dynamics of energy dissipation gives rise to macroscopic viscosity. In particular, if [image: image] is the Young modulus of the network, each link has the same spring constant [image: image], and all such springs update their rest length at random with probability [image: image] at every time step, one is led to:
[image: image]
where γ, is the strain and σ, the applied stress (Figure 1B). Eq. 4 is a constitutive equation for a Maxwellian viscoelastic material [14] (Figure 1B). The above equation enables us to identify:
[image: image]
as the viscosity of the system. What is relevant here is that we have a direct relation between the Young’s modulus of the system, [image: image], and the viscosity of the material, [image: image], up to a constant that is the average lifetime of springs: The faster the update of the spring rest length is, the more fluid the behavior of the material will be. On the contrary, in the limit of no updating, the material is only elastic. Moreover, it is established above that the emergence of a finite Young’s modulus depends critically on the rigidity regime of the network. In conclusion, non-zero viscosity will emerge as the consequence of the emergence of the GRC, at least at the linear level. The phase transition observed for the emergence of the rigid cluster must therefore leave a footprint in the viscoelastic behavior of the network at the critical point.
BOX 2 | Viscosity of a network of springs.
We sketch here, in a very simplified way, the connection between viscoelasticity and the topological property of generic rigidity. We present a version of the Maxwell’s model for viscoelasticity (see Figure 1B), where the particularity comes from the conceptualization of the dashpot, whose role is absorbed by a stochastic resetting of the rest-lengths of the springs forming a network that, in turn, models the structure of the material. This modelization enables the linking of Maxwell’s network rigidity to Maxwell’s theory of viscoelasticity.Let us consider a network of springs, each with elastic constant k. Each spring updates its rest length at random with probability [image: image] at every time step. If, at time t the rest length is [image: image] and the actual length, due to some external stress, is [image: image], with probability [image: image] , the rest length at time [image: image] will be updated as:
[image: image]
The whole network has Young’s modulus E. We consider a random lattice arranged in a rectangular form, in a way that the bottom layer is attached to the ground and the upper layer receives the stress [image: image] uniformly —is pulled up. To study the strain [image: image], the elastic contribution, [image: image] and the contribution of the energy dissipation due to rest-length resetting, [image: image] must be considered. The overall strain will thus read:
[image: image]
We first consider the elastic component, e.g.:
[image: image]
To compute [image: image], we observe that, in a mean-field approximation, a fraction of [image: image] of springs of the network will update their rest length per time step. Since the elastic deformation for the applied stress is [image: image], the equation for [image: image] is:
[image: image]
Using the expression for [image: image], and applying the continuous approximation, this leads to:
[image: image]
Considering the two contributions, the overall strain evolves according to the following equation:
[image: image]
Which is a constitutive equation for a Maxwellian viscoelastic material [14]. The above equation enables us to identify the viscosity as:
[image: image]
In consequence, qualitative changes in the Young’s modulus of the network will project into qualitative changes in the viscoelastic behaviour of the system. If [image: image], as it happens in spring networks whose connectivity is in the rigidity subcritical regime, one expects that, at the linear level, [image: image]. On the contrary, if the network is in the supercritical rigidity regime, [image: image] and, in consequence, [image: image].To grasp the physical role of τ, we consider the simple scenario where we perform an instantaneous, small deformation over the network by pushing the upper layer a distance d, under the assumption that [image: image]. In this case, the constitutive equation can be rewritten as:
[image: image]
since the strain is 0. The solution of the above equation is given by [image: image], that is a dissipation of energy in as system with characteristic scale [image: image].
The above framework is able to bridge, in spite of its simplicity, microscopic topological patterns to macro-structural properties [47, 51], without a priori reference to the mechanical properties of the constituents. These patterns, in turn, can be formally mapped to macroscopic material observables, such as viscoelasticity, hence demonstrating a potentially widely applicable framework to quantitatively link microscopic interactions to macroscopic viscoelasticity across scales.
RIGIDITY PERCOLATION PROBING VISCOELASTICITY ACROSS SCALES
Recent experimental work indicates that analysis at the purely topological level has the potential to indeed probe viscoelastic properties across scales. These models have been applied to several forms of biological networks, such as the cytoskeleton, ECM and cellular networks–tissues, to probe their material properties [29, 31, 44].
In the case of the cytoskeleton, both experimental and theoretical studies have shown that network connectivity is an essential parameter for cytoskeletal network mechanics [26]. If the actomyosin cytoskeleton is considered as a passive system, then rigidity percolation can predict the elastic modulus of the system based solely on its connectivity. In fact, a phase transition is proposed to occur in such networks, where mechanical rigidity emerges at the isostatic point --see Eq. 3 [31] (Figures 3B,B’). Such a framework can be expanded to active systems, where network connectivity together with motor activity can be further used as parameters to predict the contractile behavior of the actin cytoskeleton. Experiments on actin gels, where connectivity is regulated by the density of fascin crosslinkers and the motor activity by the density of myosin, showed characteristics of a rigidity percolation transition [43]. Briefly, weakly crosslinked networks (low connectivity) showed local contractions, medially crosslinked networks (higher connectivity) formed distinct contractile clusters within the network with a certain rigid cluster size distribution and, strongly crosslinked networks (highest connectivity) exhibited global network contraction associated with network fracture [43] (Figure 3B). The authors further propose that the motors have the ability to reduce connectivity via forcing the crosslinkers to unbind, in order to avoid network fracture and thus the interplay of motor activity and crosslinking drives active gels to a critically connected state that can balance between local and global contractions [43].
Rigidity properties of ECM networks and, in particular, type I collagen fiber networks, have also been well-described by rigidity percolation theory [134]. Studies combining experiments and theory suggest that the shear modulus of collagen fibers shows a strong correlation with the collagen volume fraction, and that these networks display connectivity near the percolation threshold [134–138]. Further experimental work however, has revealed that collagen networks with connectivity slightly below the isostatic threshold, can also become rigid in the presence of large deformation instead, thus in such cases passive rigidity percolation may not be sufficient to explain ECM rigidity [44, 85]. In particular, increasing shear deformation in sub-isostatic networks leads to nonlinear increase of the elastic modulus of such networks along different connectivity values, an observation highlighting the possibility of incorporating the active nature of such systems when applying rigidity percolation theory [139].
Recently, the concept of rigidity percolation has been applied in non-confluent embryonic tissues to map tissue rigidity/viscosity (Box 2). Although tissues do not form physically crosslinked networks as the cytoskeleton or ECM, they can be approached as “cellular networks”, where the nodes are the cells and the connecting links the adherens-junctions (Figure 3C) [140]. This theory was applied to the zebrafish blastoderm which undergoes an abrupt and dramatic loss in viscosity at the onset of morphogenesis [13, 29]. These changes in blastoderm viscosity were probed via rigidity percolation analysis over cell contact networks of the blastoderm. The size of the GRC was analyzed as a function of connectivity, and it was found that the GRC size correlates with the experimentally observed changes in tissue viscosity [29] (Figure 3C). The emergence and disappearance of the GRC around the critical point matched the empirical observations where embryos whose cell contact network displays an average connectivity below the critical point, display a small GRC and are fluidized, whereas embryos whose network displays an average connectivity above the critical point display a big GRC and are rigid (Figure 3C). This work further traced hallmarks of phase transitions, such as the diverge of macroscopic observables and its critical exponents at criticality, showing that rigidity percolation theory can be applied in embryonic tissues in vivo to link macroscopic tissue rigidity to the microscopic cell connectivity of these tissues [13, 29].
DISCUSSION AND OUTLOOK
Living cells and tissues behave like viscoelastic materials [20, 141], a long-standing observation that has only recently been linked to cell and tissue physiology [2–5]. Spatiotemporal regulation of viscoelasticity has been shown to influence essential biological processes, such as cell motility, proliferation, wound healing and the morphogenetic processes of body axis elongation and tissue spreading during embryonic development [11–13, 86, 88, 142–144]. Tracing the microscopic regulators of viscoelasticity is, however, a challenging task: typically, the mechanical properties of these microscopic building blocks do not match trivially the emerging viscoelastic behavior of cells and tissues at the macroscopic scale. Among many examples, we find the nonlinear increase of the elastic modulus of cytoskeletal and fiber networks in response to strain, or abrupt drastic changes in tissue viscosity without associated mechanical changes at the cellular level [12, 29, 30, 33]. Given that the mechanical properties of tissues are regulated at the microscopic level, e.g., from the properties of the microscopic building blocks and their interactions, quantitatively bridging the microscale to macroscale is fundamental in order to understand the emergence of viscoelasticity [145]. Several theoretical approaches shed light on the biological mechanisms by which viscoelasticity can emerge in a system. However, the application of such theories is still far from comprehensive, given several challenges --such as the active, non-equilibrium nature of living systems.
At the cellular scale, the viscoelasticity of networked biopolymer filaments forming the cytoskeleton and ECM is most frequently modeled based on the mechanics, geometric alignment and local topology of the biopolymer fibers. It is worth mentioning that most of the research activity was performed in networks composed of actin or microtubules or intermediate filaments. In fact, biopolymer networks show a much wider heterogeneity, since the cytoskeleton is a dynamic mixture of all the cytoskeletal elements, interacting with each other, and these interactions were shown to affect their mechanical properties. Percolating networks of actin and vimentin for example, display synergistic effects in the elastic modulus, which becomes much greater than the sum of the elastic moduli of the two networks alone [146]. Another synergistic effect on actin and IFs networks is the recently reported phenomenon of super-elasticity, observed during epithelial morphogenesis [147]. Similarly, actin and MTs composite networks were shown to exhibit reinforcement against compression and mechanical enhancement [148–150], and a similar phenomenon was also observed when compressing composite ECM networks of collagen and hyaluronan [151, 152]. Future experimental and theoretical work on composite networks is expected to provide a more complete understanding of cell and ECM viscoelasticity.
At the tissue scale, the vertex models are widely used to represent tissue viscoelasticity and have the special advantage of collapsing the emergence of macroscopic properties on a single cellular parameter, such as cell shape, and its associated scalar parameters, such as compressibility or departure from preferred area/perimeter [27, 28]. Since, in a tilling of cells, deformation can only arise through cell-cell rearrangements, vertex models mostly focus the analysis on the study of the energy penalties associated with these cell-cell rearrangements. Such rearrangements can for example be induced by differences in cell-cell adhesion and cortical tension or active tension fluctuations [27, 28, 32, 125]. It is implicitly postulated that the results at that level of abstraction will project into the material properties of the system. Even though numerical approaches are coherent with the predictions of the models, a direct bridge between micro and macro scales in tissue viscoelasticity has yet to be clearly described. The recent application of rigidity percolation in tissues however, provides a quantitative link between the topological patterns of cell-cell contacts and tissue rigidity regime (quantified by the size of the GRC). In the case of the zebrafish blastoderm, the topological approach of rigidity percolation was sufficient to capture the floppy and rigid regimes of the tissue by one single (microscopic) measurable parameter, the average number of cell-cell contacts in different cell types and, as a result, match the observed (macroscopic) changes in viscoelasticity [29]. Cell connectivity was further shown to be defined by the biophysics of cell-cell contacts and specifically the cell-cell interfacial tension at the contact. In this biological context, experimental testing of the phase transition parameters revealed that changes in connectivity and cell-cell adhesion were driven by cell division, and not by cell rearrangements, cell shape or active tension fluctuations [29]. Since cell-cell adhesion is key in tissue rigidity theoretical frameworks so far, we speculate that some parameters may be common, such as cell-cell adhesion strength [29, 32, 118, 123], and some others may be context-specific such as cell division and rearrangements. Future experimental work has the potential to disentangle the physiological role of several cellular parameters in rigidity transitions.
In all of the above models, incorporating detailed dynamic analyses of the microscopic parameters that can account for local heterogeneities, such as in adhesion strength (between the cells and with their environment), shape differences or heterogeneous motility patterns, will increase their potential to model absolute viscosity values and provide a more accurate and representative image of tissue viscoelasticity. A key challenge is the choice of the viscoelastic model relevant to the biological system. Here, we have extensively described how Maxwell viscoelasticity has the potential to be linked to Maxwell rigidity. However, other biological systems may be better described with different models. For example, the Kelvin model was recently used to describe the phenomenon of arrested coalescence in multicellular aggregates from the adherent and contractile protrusion interactions between the cells [153]. In addition, both Maxwell and Kelvin viscoelastic models can describe different viscoelastic regimes during density/packing dependent collective cell migration [154]. Another important challenge is to understand if and how the timescale of a biological process taking place at the microscale is relevant to the timescale of a biological process taking place at the macroscale when bridging scales in viscoelasticity. For example, how macromolecular motion within the cytoskeleton (milliseconds to seconds) influences cell shape changes driven by the mechanics of the cytoskeleton (seconds to minutes), or how cellular motion within a tissue (minutes) influences tissue-scale fluidization (minutes) and spreading (hours)? Several theoretical and experimental frameworks should be developed do bridge scales in time and space [142, 155].
Disentangling the connection between microscale behavior and emerging, macroscopic properties is not a novel goal: it has been the long-sought target of statistical mechanics in order to connect thermodynamics to a solid microscopic basis [156]. Moving towards a broader conception of statistical mechanics encompassing the living phenomena requires the introduction of the microscopic role of the biological building blocks - which are far more complex than gas particles, for example. Nevertheless, establishing the critical point in the microscopic dynamics of the building blocks that would trigger a macroscopic phase transition would create a rich toolbox for biology, regardless of the theoretical approach being used. Phase diagrams or morphospaces, accounting for what is possible in the relations between tissue organization and material properties, can be defined that will allow further exploration for the different regimes the system can occupy and their grounding. In the case of the zebrafish blastoderm, for example, it was experimentally possible to position the system in the vicinity of criticality. Hallmarks of criticality, such as divergence of macroscopic observables with associated power laws, were determined experimentally in the living embryo, showing that tissue morphogenesis in vertebrates may start close to a critical point of a rigidity transition. This indicates that embryonic tissues may be at optimal fitness [157] since they are able to easily switch between rigid and floppy regimes by slightly changing their connectivity at almost zero energetic cost [29]. Through this lens, one can explore fundamental questions concerning morphogenesis. How do local heterogeneities in the microscopic parameters influence the emergence of macroscopic viscoelasticity? How do noisy biological systems [158–160] guarantee stability during development when they are poised at criticality?
Networked systems and criticality have been for long used to understand an extremely rich palette of macroscopic phenomena occurring in the natural world [92, 131, 161, 162], that now include the viscoelastic characteristics of biological systems, from the nanometer scale of the cytoskeleton to the micrometer scale of tissues and embryos. Such observations indicate that an efficient organizing strategy of complex biological systems may be to behave as networked systems close to criticality.
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Changes in biomechanical properties of biological soft tissues are often associated with physiological dysfunctions. Since biological soft tissues are hydrated, viscoelasticity is likely suitable to represent its solid-like behavior using elasticity and fluid-like behavior using viscosity. Shear wave elastography is a non-invasive imaging technology invented for clinical applications that has shown promise to characterize various tissue viscoelasticity. It is based on measuring and analyzing velocities and attenuations of propagated shear waves. In this review, principles and technical developments of shear wave elastography for viscoelasticity characterization from organ to cellular levels are presented, and different imaging modalities used to track shear wave propagation are described. At a macroscopic scale, techniques for inducing shear waves using an external mechanical vibration, an acoustic radiation pressure or a Lorentz force are reviewed along with imaging approaches proposed to track shear wave propagation, namely ultrasound, magnetic resonance, optical, and photoacoustic means. Then, approaches for theoretical modeling and tracking of shear waves are detailed. Following it, some examples of applications to characterize the viscoelasticity of various organs are given. At a microscopic scale, a novel cellular shear wave elastography method using an external vibration and optical microscopy is illustrated. Finally, current limitations and future directions in shear wave elastography are presented.
Keywords: viscoelasticity (linear), elastography, mechanical shear waves, ultrasound imaging, magnetic resonance imaging, optical imaging, optical coherence tomography, photoacoustic imaging
INTRODUCTION
Changes in mechanical properties of biological soft tissues are often associated with physiological dysfunctions. Viscoelasticity is an important mechanical biomarker to characterize structural changes and/or constituents of tissues. However, the assessment of elasticity through imaging has been more often exploited than viscosity, and an historical perspective of development has been to replace manual palpation by physicians and to answer an ultimate and natural question: ‘is the region hard or soft?’ The elasticity, represented by the Young’s modulus [image: image], is able to characterize tissue deformation by using a linear relationship between stress [image: image] and strain [image: image] as [image: image]. The rationale behind the elasticity assessment of biological soft tissues is that Young’s moduli of different types of human tissues differ by a few orders of magnitude [1], and are affected by the presence of a pathology.
Since biological soft tissues are hydrated, they are not only represented by their solid-like behavior using elasticity, but also by their fluid-like behavior using viscosity. Viscosity represents the hysteretic effect between stress and strain applied on a tissue. It is becoming an important biomarker of pathological changes in biological tissues. Mechanical test is the most basic method to measure the viscosity of ex vivo soft tissues. To this end, a constant strain is applied to a test specimen. The stress relaxation with time is used to characterize the viscosity of the tissue. Another way of mechanical test is dynamic mechanical analysis. Periodic strain or stress is imposed on a specimen. The dynamic responses in terms of different incentive frequencies are associated with tissue viscoelasticity. Relevant works on mechanical testing of biological soft tissues can be found in [2–9]. Alternatively, imaging-based approaches are becoming more popular for in vivo viscoelasticity assessment. These approaches exploit tissue deformations in acoustic, magnetic or optical fields to characterize viscoelasticity in a non-invasively manner. Soft tissues can maintain their function during the measurement avoiding destructive testing [10]. Based on a clinical perspective, the in situ and localized assessment of tissue viscoelasticity through imaging had major impacts on diagnosis (e.g., cancers, liver fibrosis, musculoskeletal disorders, cardiovascular diseases, etc…). Since biological tissues consist of cells, extracellular matrices, and structural proteins, a recent field of development has been to study sub-cellular biomechanical properties associated with pathological processes through imaging. This finding encouraged researchers to impel bio-elasticity research further into a microscopic scale.
This review aims to provide a state-of-the-art summary of developments made in the field of shear wave elastography, which concerns elasticity and viscosity imaging through mechanical shear wave analysis. This technology requires a shear wave source, the tracking of shear wave propagation through imaging, and the processing of the shear wave propagation characteristics through physical models or image processing algorithms. Shear waves can be generated by external or internal vibrating sources. An external mechanical actuator in physical contact with an organ or cell is a common way to induce shear wave propagation from the surface to the core, whereas acoustic radiation or Lorentz forces can be used as internal in situ localized shear wave sources. The detection of the shear wave propagation is usually performed using ultrasound (US), magnetic resonance (MR), optical or photoacoustic imaging methods. Elasticity and viscosity can be obtained from estimations of shear storage and loss moduli, which require the determination of the shear wave velocity and attenuation into the interrogated medium. In the following sections, the generation and tracking of shear waves are described. Determining elasticity and viscosity maps through the solution of an inverse problem based on elastic wave propagation equations and underlying assumptions are also addressed throughout the text. Note that this review is not intended to detail artifacts and confounders of shear wave imaging because these are organ, tissue structure, and tissue pathology specific. Nevertheless, such information is presented briefly in some sections.
BIOMECHANICAL PRINCIPLES OF SHEAR WAVE ELASTOGRAPHY
General Concepts in Shear Wave Elastography
The major approach since the early steps of elastography imaging has been to approximate the tissue as isotropic and purely elastic. This situation has been widely described so the main constitutive relations essential to shear wave elastography (SWE) understanding are recalled here. The relationship between the applied stress and the strain response of the solicited tissue is given by Hook’s law:
[image: image]
where T and S are the stress and strain tensors, respectively, and [image: image] contain the elastic parameters of interest. Under the assumption of small deformations, the strain tensor is given by:
[image: image]
where u is the 3-dimensional motion field in unit of (m) induced by stressing the tissue. The time domain wave equation describing the propagation of local displacements is obtained using Newton’s second law:
[image: image]
where ρ is the material’s density in [kg/m3] and f [Nm−3] is the source term. After Fourier transform into the frequency domain, Eqs 1–3 are expressed as:
[image: image]
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where ω = 2πf with f the frequency, and the tilde (∼) and star (*) notations refer to complex numbers. Full development of Eq. 3 (available in Ref. [11]) leads to the governing equation of motion propagation in elastic solids known as the Navier’s equation:
[image: image]
where μ is the shear modulus in (Pa) reflecting the amount of energy the tissue can store as elastic deformation, and λ is the first Lamé coefficient in (Pa) reflecting the tissue’s compressibility. The Navier’s equation does not rely on rheological models and conveys an approximation of the material’s natural properties based on physical assumptions. The same development applied to Eq. 6 leads to:
[image: image]
where [image: image] is the general notation of the complex shear modulus in the frequency domain of Navier’s equation, G′ is the shear storage modulus that reflects the amount of mechanical energy stored as shear deformation in the solid, and G″ is the shear loss modulus reflecting the amount of mechanical energy dissipated due to shear viscosity. Similarly, [image: image] is the complex Lamé coefficient, where λ′ and λ″ are the compression storage and loss moduli, respectively, reflecting the amount of energy stored and lost in the solid due to compression deformation and compressional viscosity. In purely elastic solids, the wave field does not dissipate and shows an instantaneous response to load. In such cases, the loss moduli equal zero, and [image: image] and [image: image]. The Young’s modulus E, characterizing the solid’s resistance to deformation under loading, and the Poisson’s ratio ν characterizing the tissue’s compressibility, are defined by:
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and
[image: image]
The motion field u propagates as compression and shear waves of which velocities vc and vs are, respectively, given by (see Ref. [11] for details):
[image: image]
and
[image: image]
The large difference between the two velocities observed in biological tissues (typically vc is around 1,540 ms−1 and vs is found around 1–10 ms−1) suggests that λ is much greater than μ, thus allowing for the following approximation often used to report SWE measurements:
[image: image]
This observation is directly linked to the tissue incompressibility assumption, which causes λ to approach infinity [12]. Additionally, λ was shown to vary slightly as opposed to μ, which spans a few orders of magnitude in biological tissues [13]. Consequently, the shear modulus or the Young’s modulus is the mechanical parameter considered in elastography reconstruction processes.
Another approach much less often used to reconstruct material mechanical properties in SWE is to model the solid as isotropic and viscoelastic instead of purely elastic. Here, the response of the loaded tissue shows a delay with respect to actuation and elastic waves attenuate due to energy dissipation in the solid, which is specific to viscous materials. Attenuation may be accounted for in the time-domain Navier’s equation by introducing a damping term, and linking it to viscosity using rheological models such as the generalized Maxwell, standard linear solid, or Kelvin-Voigt, which are further discussed in the next section. The following Table 1 presents the stress-strain relationships used to derive wave equations from Newton’s second law for the three aforementioned rheological models [14].
TABLE 1 | Stress-strain relationships for three common rheological models accounting for the viscoelastic behavior of soft tissues. Details about these models are reported in the next section. T, S, c and η are the stress, strain, elasticity and viscosity tensors respectively, E, E1, and E2 are Young’s moduli specific to the Maxwell and standard linear solid models.
[image: Table 1]A different option to integrate viscoelastic properties into the description of the material is to formulate the problem in the frequency domain, provided a harmonic actuation. In this case, the complex shear modulus, as described in Eq. 8, has a non-zero imaginary part accounting for shear wave dissipation due to the material’s shear viscosity. Relating G″ values to actual viscosity values depends on rheological modeling, as discussed in the next section. For instance, in the case of a solid described by the Kelvin-Voigt model, the complex shear modulus is given by [image: image], where η(r) is the local shear viscosity.
For G′ and G″ estimation, the displacement field [image: image] may be used as the solution to the Navier’s equation in direct or iterative inversion, or the shear wave velocity at frequency[image: image] may be measured. Here, the complex wave number is noted as [image: image], in analogy with the complex shear modulus notation, and the dispersion relation is given by[image: image], where vp is the phase velocity of the shear wave at the frequency [image: image]. Considering a plane wave decomposition of the wave field, the ith component has the form[image: image]. The imaginary number k″ is often noted α and is the shear wave attenuation coefficient (m−1). Thus, a linear system of two equations may be raised and independent experimental evaluations of vp and α from the displacement field allows assessing G′ and G″. Also, the Young’s modulus becomes complex-valued in viscoelastic models. However, most viscoelasticity reconstruction processes stick to the evaluation of G′ and G″. Finally, it is to be noted that the equivalence between longitudinal and compression waves on one hand, and transverse and shear waves on the other hand, is true for plane waves only.
To date, isotropic elastic and viscoelastic characterization of soft matters have mostly been considered in shear wave elastography, owing to the availability of various inversion schemes. However, the anisotropic and poroelastic nature of certain biological tissues, such as the brain, has long been acknowledged. In poroelasticity, the medium is modeled as a porous solid matrix crossed by flowing fluid, and thus contains two separate phases, as opposed to more common models containing one phase. Consequently, the motion field measured in imaging protocols is not only due to the solid tissue deformation but also to the pressure gradient in fluid pores. Although poroelasticity was early studied using quasi-static deformations [15], implementation in shear wave elastography imaging remains in its infancy. Oscillatory deformations in poroelasticity have first been described by Biot [16, 17], and later by [18]. Assuming a viscous fluid flow, fluid saturation in pores, and a compressible linearly elastic solid, poroelasticity equations of propagation are given by: 
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where µ is the shear modulus, λ the first Lamé’s parameter, u the complex time harmonic displacement field, β the effective stress coefficient (dimensionless), p the complex time harmonic pressure field, ω the actuation frequency, ρ the bulk density, ρf the pore fluid density, ϕp the material porosity, κ the hydraulic conductivity, and ρa the apparent mass density.
Finally, anisotropy has been considered for biomechanical modeling in the context of shear wave elastography. In such cases, the material’s mechanical response (strain) is dependent on the direction in which it is solicited (stress). Full derivation of relevant mechanical parameters under different symmetry assumptions is beyond the scope of this review, and the interested reader is referred to the excellent pedagogical development in [19]. Briefly, Hooke’s law describes the relationship between applied stress and material strain:
[image: image]
where σ and ϵ are the stress and strain tensors, respectively. In isotropic materials, the tensor Cijkl is fully described by two parameters, E and ν. In anisotropic materials, more constants are needed to account for the direction dependance of ϵ. The most used anisotropic model is transverse isotropy, which is particularly used to characterize fibrous tissues (e.g., muscles). Transversely isotropic materials are organized in layers where in-plane mechanical properties are isotropic, and out-of-plane ones are anisotropic. In such cases, 5 parameters are necessary to describe Cijkl. Two of them, μ13 and μ12, characterize the shear motion along and perpendicular to the fiber axis, respectively. The other three, E1, E2, and E3 characterize the compression motion along, perpendicular in-plane, and perpendicular out-of-plane to the fiber axis, respectively. Injection of the Hooke’s law into Newton’s second equation allows to derive equations of shear wave propagation along directions of dependency the same way as to derive the Navier’s equation of elasticity. Other anisotropic models exist, such as the orthotropic one which shows a lower level of symmetry (three perpendicular planes) than the transverse isotropy model. The orthotropic model has been used to develop waveguide elastography, which describes the propagation of the different polarizations of shear waves along separate directions. The orthotropic tensor along with equations of polarized wave propagation are described in detail in [20].
Characterization of Tissue Viscoelasticity
Most soft bio-tissues contain more than 70-w% of water, thus they can be considered as fluid-like solids, which means these materials have characteristics of both solids and fluids [1]. Elasticity refers to the solid property that describes the ability of a material to return to its original shape after a stress is removed [21]. The fluid property is given by the viscosity (η) that describes the ability of a material to resist to its deformation due to a tensile stress or shear stress [21]. Three categories of properties are often used to characterize the viscoelasticity of a soft material: its compressibility, which is usually measured by the bulk modulus (K) and the Poisson’s ratio (ν); its tension, which mainly refers to the Young’s modulus (E); and shear properties, described by the second Lamé coefficient (µ) and the complex shear modulus (G*).
The complex shear modulus (see Eq. 8 and accompanied description) is self-sufficient to describe the viscoelasticity of biological tissues. In general, the storage modulus G′ reflects the shear elastic property while the loss modulus G″ reflects the viscous response of the material. Alternatively, rheological models were considered to relate experimental measurements to elastic and viscous properties of tissues. Mathematically, the Kelvin-Voigt and Maxwell models have been considered most frequently to describe viscoelastic tissues [22–24], i.e., quantifying the shear elasticity and viscosity. The two models are represented by a purely elastic spring connected to a purely viscous dashpot in parallel (Kelvin-Voigt) or in series (Maxwell), respectively. A material with only elasticity is called a purely elastic material (only a spring), while a material with only viscosity (only a dashpot) is called a Newtonian fluid [25]. A soft tissue or soft tissue-like material falls between these two extreme conditions and can be called as a viscoelastic material [26]. Other material models are used less frequently, while most of them are constructed with different combinations of single/multiple spring(s) and dashpot(s) in more complicated arrangements, such as the Zener model, generalized Maxwell model, and generalized Kelvin-Voigt model [27–29].
Note that in the field of SWE, the complex shear modulus G* may be sometimes confused with the storage modulus G′ and the second Lamé coefficient µ (also known as the shear modulus). Although the storage modulus reflects the tissue elasticity, they are not rigorously the same. For sake of clarity, in this review, the elasticity is denoted by |µ|, i.e. the real component of the second Lamé coefficient. Therefore, for incompressible soft tissues (i.e., for a Poisson ratio close to 0.5) with a negligible viscous component, it can be assumed that such a tissue is a purely elastic material so that G* solely represents the real shear elasticity and so G* = G′ = |µ| [30, 31]. Otherwise, the calculation of elasticity (as well as the viscosity) is rheological model dependent.
Mathematical relations between tissue excitation and response [32] may be divided into two groups according to the temporal difference of the excitation [30, 33]: namely quasi-static measurements and dynamic measurements [also termed shear wave (SW) measurements]. The quasi-static measurement methods mainly analyze the stress-strain behavior. On the other hand, SW measurement methods determine the complex shear modulus by tracing and analyzing a propagated SW in the specimen.
During the past years, studies in the field of SWE measurements were often targeting absolute values of elasticity |µ| and viscosity η. To do so, rheological models of the material are needed to derive those parameters. For instance, when the Kelvin-Voigt model or Maxwell model is considered, the complex shear modulus can be written as follows [28, 34, 35]:
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where GKV represents G* of the Kelvin-Voigt model, and GM is that for the Maxwell model, both satisfy [image: image]. In Eq. 18, ωS is the angular frequency of the SW. Alternatively, by solving the wave equation in Eq. 8, a general solution of G′ and G″ without considering a rheological model can be obtained, as in [28]:
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Here, as synergized with Eq. 18, one can see that both |µ| and η are functions of vS, αS, and ωS. Since vS and αS can be experimentally measured at certain ωS, |µ| and η, in a specified rheological model, can be thereafter calculated.
In common practice, when the viscosity η is taken into account for tissue characterization, it can be determined either directly using both vS and αS with knowing the corresponding ωS, or alternatively by evaluating the dispersion of vS with respect to ωS without determining the value of αS, i.e., by knowing multiple pairs of vS and ωS [27, 36, 37]. However, one should also notice that the viscoelastic property of biological tissues are rather complex, depend on the tissue type, and on the presence of a pathological condition, so that there is not simply a best, or a most appropriate material model for all tissues. Furthermore, pathological changes with time of a tissue could also lead to a major change of its viscoelastic property, thus a certain material model may no longer be suitable for the tissue when it becomes abnormal and progresses toward a more severe pathological state. Meanwhile, the derivation of elasticity |µ|, and viscosity η, are rather different among different material models. That means, using different models with same measures (such as vS and αS) would lead to different results [28], and hence would be meaningless to clinical studies. Therefore, nowadays it is always suggested that no rheological model is assumed, and instead of that, directly access the shear storage G′ and loss G″ moduli would be not only more rigorous and appropriate, but also mathematically convenient to describe tissue viscoelastic properties [28, 37].
ULTRASOUND SHEAR WAVE ELASTOGRAPHY
Generation and Detection of Shear Waves
A shear wave, also called a transverse wave, is a moving mechanical wave that consists of particle oscillations occurring perpendicular to the direction of the energy transfer [38]. As briefly introduced, SWs in ultrasound imaging can be generated either from an external vibration source (such as a mechanical vibrator/shaker) [39–42], or internally by an acoustic radiation force (ARF) [13, 44–51], as illustrated in Figure 1. The control of the SW amplitude and frequency of the ARF is considered in [13]. In terms of waveforms, the SW can also be generated as continuous waves [39, 40, 42, 44–46] or impulse waves [41, 47–51], as can be seen in the examples of Figure 2. In ultrasound imaging, the probe fires longitudinal pressures and detects particle displacements along the axial direction, therefore only SWs that propagate along the lateral direction of the ultrasound beam, or SW components whose displacements occurred on the axial direction, can be detected.
[image: Figure 1]FIGURE 1 | Shear wave generation sources: (A) an external vibration source, and (B) am internal acoustic radiation force.
[image: Figure 2]FIGURE 2 | Examples of the generation of (A) continuous shear waves, adapted from [40] copyright 1990 IEEE, and (B) impulse shear waves, reproduced with permission from [47] copyright 2004 IEEE.
Many remarkable techniques were invented over the past 30 years based upon different combinations of external or internal SW sources, and continuous or impulse SWs. In 1988, Lerner et al. proposed a method to map the propagation of low frequency SWs with a Doppler ultrasound displacement detection technique to assess tissue stiffness [39]. Later in 1990, Yamakoshi et al. proposed a dynamic measurement method to determine the SW speed vS using an external mechanical vibration source [40], as seen in Figure 2A. The parameter vS was determined by analyzing the wavelength of a continuously propagated SW using the Doppler ultrasound technique. Catheline et al. developed in 1999 an impulse SW measurement method [41]. In this method, an ultrasonic probe was located at one side of the specimen to capture the propagation of the impulse SW generated by a mechanical vibrator located at the other side of the specimen. A plane wave ultrasound system was used, enabling a high frame rate in detection mode, then the parameter vS was determined through the time-of-flight (TOF) technique applied on successive images. See below for more information on the TOF method. Since such a method used an impulse SW, it is also called transient SW imaging, or transient elastography (TE). Nowadays, the largely used clinical device Fibroscan [52, 53] is based on TE. In 2004, a method using two external SW sources to generate continuous SWs toward each other with slightly different SW frequencies was proposed [42]. Due to the frequency difference, interfered SW patterns termed as “crawling waves” moved with a much slower speed than the expected vS, This allowed the observation of propagated crawling waves with a conventional low frame rate B-mode imaging system. Once the speed of the crawling wave is obtained, vS could be derived.
In 1998, Sarvazyan et al. developed a SW measurement method, termed shear wave elasticity imaging (SWEI), by using a SW remotely generated by an ARF of a focused ultrasound beam [13]. In this method, a transient SW pulse was firstly produced at the focus of the ultrasound beam and propagated along sideways. Then, imaging transducers were used to trace the moving of SW fronts and viscoelastic parameters were derived thereafter. The same year, Fatemi and Greenleaf developed a method to produce an oscillatory ARF by mixing two ultrasound beams with different frequencies [44]. A short period of harmonic (continuous) or tone-burst SWs was generated and propagated along sideways, which made the SW narrow-band (while the SW generated by Sarvazyan’s method was broadband) and then vS could be determined by finding the phase difference of the SW at two apart locations [45]. By repeating the measurement with continuous SWs at different frequencies, or retrieving different frequency components of a tone-burst SW, both G′ and η could be derived. This method is termed as SW dispersion ultrasound vibrometry (SDUV). Later in 2004, based on the combination of Catheline’s impulse SW method [41] and the ARF technique [13], Bercoff et al. developed an advanced SW measurement method known as supersonic shear imaging (SSI) [47]. With this method, an ultra-high-speed scanner is used, then multiple ARF impulses are triggered consecutively and very quickly at different depths. Each impulse produces a SW point-like source then all these SWs are interfering constructively and result in two SW planes propagating in opposite directions, as can be seen in Figure 2B. A two-dimensional vS image is obtained with this method. Moreover, since this technique is creating broadband SWs, tissue viscosity can also be estimated through the vS dispersion method (using the same principle as SDUV). In 2012, Song et al. developed a SW method, which also used multiple lateral ARFs as in [48]; the method was termed as comb-push ultrasound shear elastography (CUSE) [49]. It firstly generates multiple ARF excitations at different spatial locations to produce multiple impulse SWs by using the push mode of the ultrasound probe, and then quickly switches to the scanning mode of the probe to detect the SW propagation. Therefore, vS could be measured through the TOF technique by tracing the movement of the SW front from each SW source. The use of the comb-push excitation provided multiple SW sources in the specimen so that such method is effectively compensating for the worse signal-to-noise ratio (SNR) due to the SW attenuation at the location far away from a given SW source.
Knowing that vS = λS × fS, one may like to measure vS through the TOF technique, or instead to determine λS in the spatial domain. For most biological tissues, vS travels at a few m/s, which means it only takes a couple of ms for a SW to travel through the entire field of view (FOV) of a common ultrasound probe. Physically, a focused ultrasound system triggers transducer elements sequentially from one edge to another to complete a B-mode scan, as a result the frame rate is typically less than 100 frames/sec in such a system, which is not fast enough to measure the TOF without a particular modification of the experimental setup [42]. Therefore, measuring λS becomes the realistic option. In this scenario, the spatial resolution is determined and limited by λS. Although increasing fS is reducing λS, and so is improved the resolution, one should also notice that a higher frequency would cause a quick attenuation of the SW propagation. Thus, empirically fS is usually adjusted to a few hundreds of Hz, which leads the lateral resolution of elastography images to a sub-centimeter level with using standard focused ultrasound beamforming. On the other hand, a plane wave system can trigger all transducer elements of the probe at the same time to emit a plane compression wave, enabling it to have a very high frame rate in B-mode (up to 10,000 frames/sec) [47]. Thus, in this scenario, the TOF technique is applicable, and theoretically the distance that a SW travels within two consecutive frames could be as short as a few-tenth of mm. Since the distance is comparable to the physical interval of two adjacent transducer elements in a common ultrasound array probe, the lateral spatial resolution of SWE with using a plane wave system is approximately the same as that of B-mode imaging [54]. It is also worth noting that, when tissue boundaries/layers exist under the FOV, and a propagating SW passes through those interfaces, physical phenomena such as reflection, refraction, diffraction, and mode conversion could occur at the interfaces and cause artifacts. Although directional filters are usually applied to mitigate those effects [55, 56], practically it is still difficult to remove all the unwanted waves. Therefore, the vS measured within approximately one λS from the interfaces are usually considered unreliable, which to some extent would downgrade the spatial resolution at those areas [57].
Viscoelasticity Reconstruction
As introduced earlier, ultrasound SWE contributed to the non-invasive assessment of mechanical properties of soft tissues [58–62]. One method largely used clinically is transient elastography (TE) [63–67], which utilizes a dynamic compression generated by the vibration of the transducer on the skin to produce shear waves. No structural imaging is provided with this method to guide the measure. Moreover, in some patients with morbid obesity and ascites, the attenuation of shear waves travelling from the surface of the body to the organ of interest (typically the liver) may avoid reliable measurements [68, 69]. The acoustic radiation force impulse (ARFI) [60, 70] and supersonic shear imaging (SSI) [47, 71, 72] methods use a radiation pressure to locally induce shear waves within the organ of interest. TE, ARFI and SSI are assessing tissue elasticity (no viscosity) based on the measurement of the shear wave speed [73]. The Young’s modulus is estimated and displayed as an image using [image: image]. Alternatively, different approaches have been developed to retrieve and display the viscous component of a tissue [50, 51, 74, 75]. Such approaches have not yet been validated on large clinical cohorts, nor implemented on clinical scanners. Details on technologies proposed to determine tissue viscoelasticity are given next.
Most studies utilized a rheological model, which has been introduced earlier, e.g., the Kelvin-Voigt model, to find the viscosity after the reconstruction of elasticity [45, 76–78]. The complex shear modulus G* = G′+ jG″ was also estimated using different approaches, such as measuring the acoustic radiation force-induced creep [74], solving the Navier’s wave equation numerically [79], inverting analytically the solution of the shear wave scattering from a mechanical inclusion [80–82], and using a finite-element based method [83]. Note that a torsional SW source was used in the latter method, as originally proposed in [84].
Kazemirad et al. [50] developed a method for the quantitative measurement of viscoelastic parameters G′ and G″ at various frequencies, based on the assumption of a cylindrical shear wave front produced by a radiation pressure, allowing to avoid wave diffraction effects. Other studies have also used the same geometrical assumption for quantitative viscoelastic measurements [75, 85, 86]. Notice that the cylindrical wave front assumption would not necessarily hold when considering inhomogeneous media, such as a tissue embedding a tumor. A recent method for estimating tissue viscosity without geometrical assumption on the wave front was proposed by [51], which utilized the shear wave velocity vS and attenuation αS computed by the frequency shift method [87]. Recently, [88] performed a study to characterize viscoelastic properties of oil-in-gel viscoelastic phantoms and in vivo human livers. They found that the shear wave dispersion and attenuation were linked together and related to the tissue viscosity. As reviewed above, the shear wave speed and attenuation are widely used for reconstructing viscoelastic properties. Experimental methods to obtain those shear wave properties are separately described below.
Shear Wave Speed
One of the widely used methods implemented on clinical scanners is the group velocity [89–92] that assumes the tissue as elastic, homogeneous, isotropic, linear, and of infinite dimension with respect to the wavelength. The group velocity is estimated using time-of-flight (TOF)-based algorithms for particle displacement or particle velocity assessments in the time domain [72, 93]. TOF–based algorithms are usually based on cross-correlation (CC) [94] and time-to-peak (TTP) methods [90]. Basically, the CC provides a moving average estimate of the shear wave speed using all sample points, and performs multiple cross-correlations along the direction of the wave propagation, which may result in artifacts for periodic shear wave patterns, whereas TTP estimates the velocity based on the tracking of the movement of one point on the waveform [90]. Although group velocity estimation methods are considered robust [91], they are theoretically applicable to strictly elastic materials thus requiring resorting to other techniques for the evaluation of the viscous behavior [95].
The variation of the shear wave velocity with frequency refers to the wave dispersion happening in a viscoelastic medium [45]. Some methods have used this phenomenon to evaluate viscoelastic properties of tissues [45, 96]. Measuring shear wave velocities at specific frequencies is known as phase velocity estimation [45]. Beside the viscoelastic property of a tissue, its finite thickness can also affect the dispersion due to reflections during propagation, which may result in wave mode conversion [97–99]. The phase velocity and the group velocity are not equal in the presence of dispersion. It was shown that the phase velocity has a lower value by a factor of 8–9% compared with the group velocity in soft tissues [100].
One technique to measure the phase velocity is the phase gradient approach, which estimates the velocity using the phase difference evaluated at different spatial locations for specific frequencies [45, 85, 96]. An alternative method to estimate the shear wave phase velocity is performed by two-dimensional Fourier transform (2D-F) analysis, which converts spatiotemporal data to a wavenumber in the frequency domain, and uses the peak magnitude distribution to estimate the phase velocity [101, 102]. The dispersion either from the phase gradient or 2D-F can be fitted to rheological models to quantify viscoelastic parameters of the medium [45, 103]. The attenuating nature of a tissue is the cause of the dispersion of the phase velocity. The shear wave dispersion and attenuation can be estimated by the computation of a power law coefficient, with the assumption of a power law rheological model for the tissue [100, 104].
Local phase velocity imaging (LPVI) [105, 106] is another method that can produce a phase velocity map. The LPVI requires applying bandpass filters to obtain the maximal frequency range for the phase velocity. Although this method demonstrates good reconstructions of 2D shear wave phase velocity, results are sensitive to the frequency range selected, and they may change when using different transducers, focal configurations, and focal depths [78].
Shear Wave Attenuation
The dependency of the wave amplitude with distance is attributed to geometrical spreading of the wave energy and to viscoelastic attenuation. Wave diffraction by geometrical spreading can be reduced by using the method of [50] that is considering cylindrical shear waves produced by a supersonic radiation pressure source. Other methods including this assumption were based on a 2-D Fourier transform and the computation of the spectral width to assess the frequency dependent attenuation [75, 107, 108]. A robust method assuming a cylindrical wavefront and no rheological model is the attenuation-measuring ultrasound shear wave elastography (AMUSE) algorithm [107]. This method, however, does not provide any attenuation map since the computation requires all datasets within the selected region-of-interest. Since biological tissues such as the kidney, muscles, and tendons are anisotropic, and because the wave produced by a linear SW front may no longer be cylindrical in those media; then, abovementioned algorithms may lead to inaccurate results [96, 109–112].
Frequency-shift methods used for compression and seismic wave analyses [113–115] inspired the field of shear wave elastography to assess tissue viscosity. Frequency-shift methods are not based on wave amplitude, so the dependency of these methods to geometrical wave spreading is released [113]. Bernard et al. developed such a frequency-shift method for shear wave attenuation by model-fitting of the amplitude spectrum [87]. This method made a few assumptions, which may not hold in all viscoelastic media such as fatty liver. A two-point frequency-shift method was later proposed by Kijanka and Urban to soften assumptions made by Bernard et al.; in their report, they considered a varying shape parameter of the gamma distribution used to fit the shear wave amplitude spectrum [116]. This technique used only two spatial points instead of all points along the propagation path, as in [87], to estimate the attenuation coefficient [116]. Using only two spatial points reduces the computation time but may affect robustness in cases of noisy shear wave displacement maps. Viscosity maps based on the cylindrical wavefront assumption of [50] or frequency-shift method of [87] can be found in [51].
Applications
A few examples of ultrasound shear wave viscoelasticity imaging applications are presented next. The reader may refer to recent review papers on this subject for other examples [117–119]. The focus below is on the liver and breast as those organs were largely investigated in clinical studies using SWE.
Liver
Liver fibrosis occurs when an abnormal large amount of liver tissue becomes scarred. It can lead to cirrhosis, its long-term sequel, and further evolve as hepatocellular carcinoma [120]. Liver fibrosis can be differentiated into 5 categories, from F0 for a normal liver to F4 for cirrhosis; these categories have been obtained by biopsy intervention, which is the gold standard for liver classification. However, liver biopsy is invasive, could lead to bleeding or worse outcomes, and even death [121], and because a small amount of tissues is taken, it is not always representative of the full liver due to sampling errors [118, 122]. Fibrosis is one pathology known to increase liver stiffness [69, 123–126] along with inflammation, edema, congestion and extra hepatic cholestasis [64, 127, 128]. Shear wave elastography was mainly used to classify fibrosis based on liver elasticity using different cutoff values. This imaging method is accurate to assess liver fibrosis of stage 2 and higher [69, 123, 129–131], has a good repeatability [132], and may allow to diminish the number of biopsy [133]. Yet the impact of steatosis on liver stiffness is uncertain [88, 134–136]. To overcome this, some teams proposed investigating viscous properties. If no clear consensus is reached yet, a few studies showed promising results based on shear wave dispersion and attenuation to assess steatosis stages [88, 137] or necroinflammation [138, 139]. Shear wave elastography presents some limitations for liver imaging, such as difficult measurements in obese patients, and confounding impact of factors such as inflammation, which can increase liver stiffness or change the liver stiffness threshold for classification. In addition to fibrosis assessment and classification, SWE was also proven useful to follow patients with chronic liver disease [65]. An example of a liver SWE image is given in Figure 3.
[image: Figure 3]FIGURE 3 | Example of superimposing the shear wave elastogram on the corresponding B-scan in a 34-years-old man with histologic F1 fibrosis. The dynamic range of Young moduli was set between 0 and 40 kPa during the clinical exam, which was sufficient to cover the range of values expected for the four stages of liver fibrosis. Reproduced with permission from [69]. Copyright 2015, Elsevier.
Breast
Shear wave elastography is used to help identify breast cancers, since it has been shown that malignant tissues appear stiffer than its healthy counterpart [140–142]. X-ray mammography, MR imaging and ultrasonography are used to detect tissue lesions or to classify suspicious masses into different categories, typically classification 0 for incomplete data to 6 for histologically proven malignancy. Nonetheless, excluding the expensive MR imaging method, these approaches have poor specificity and mammography often find false negative results in dense breasts [143]. Category 4, which corresponds to suspicion for malignant tissues, has a degree of certainty varying from 2 to 95% to assess malignancy proven by biopsy, and has a cancer detection rate of 10–30% [144]. Shear wave elastography allowed improving breast lesion characterization [145–148], and reducing the number of unnecessary invasive biopsy due to the improvement in specificity [148–150]. Elasticity parameters such as the maximum or mean Young modulus E within the lesion, and in surrounding tissues, are used to separate benign from malignant masses. Recent works investigated viscosity behavior using the shear viscosity [151], linear dispersion slope [152], and storage and loss moduli [153] to differentiate malignant from benign tissues. Ultrasound data on the viscous behavior of breast lesions are scarce but may prove to be of clinical value in the future. Some studies investigated the use of SWE as a tool to monitor cancer treatment performance [154], with a decrease in malignant mass elasticity during treatment, or for early prediction of therapy successes [155, 156], with a better treatment response for softer tumors. Figure 4 gives examples of Young’s modulus elasticity maps of breast lesions.
[image: Figure 4]FIGURE 4 | Examples of shear wave elastography images of breast tissues. (Top two panels): A 50-year-old woman with an abnormality in her left breast on screening mammography is presented. Biopsy was made on the red region (high Young’s modulus), and concluded that the lesion was an invasive carcinoma (pT1a, pN0). The first panel gives the SWE map superimposed on the B-mode image, whereas the bottom panel is the B-mode image. (Bottom two panels): A 48-year-old woman who presented with an abnormality in her left breast on screening ultrasound is presented. Biopsy was made on the suspicious region, and concluded that the lesion was a fibroadenoma (benign tumor). The blue color on the shear wave elastography image indicates a low Young’s modulus. The third panel gives the SWE map superimposed on the B-mode image, whereas the bottom panel is the B-mode image. The range of Young’s moduli on the colorbar is from 0 to 180 kPa. Reproduced with permission from [157]. Copyright 2015, Elsevier.
Other Applications
Although SWE has targeted mainly the liver and breast, other organs and techniques have been developed. Prostate cancers [158], thyroid cancer nodules [159], and blood clot characterization [160] have been investigated, to name a few examples, with the Young’s modulus as the descriptive mechanical parameter. If the assumption of an isotropic medium is generally accepted for most organs, it is not the case for muscles and tendons. Anisotropic and transversely isotropic models using shear waves have been recently investigated [24, 161, 162], some other teams explored viscoelastic properties using different probe orientations [109, 163–165]. A non-exhaustive list of SWE clinical applications can be found in Table 2.
TABLE 2 | An overview of main applications and viscoelastic properties in ultrasound SWE.
[image: Table 2]MAGNETIC RESONANCE ELASTOGRAPHY
Magnetic resonance elastography (MRE) is another non-invasive imaging technology for assessment of mechanical properties of soft tissues. Since its first description by Muthupillai et al. in 1995 [166], MRE has been integrated into clinical routines for liver disease detection, and has shown great potential for other organs, notably the brain, of which only MRE can assess the in-vivo viscoelastic components without surgical intervention. Principles of MRE investigation are similar to those of any SWE method (Figure 5). A major feature of MRE resides in its ability to measure 3D displacement fields by simply changing the axes of encoding gradients, which is an advantage over other imaging devices operating elastography. The main drawback may be found in the longer scan times relative to ultrasound elastography for instance. MRE has a poor temporal resolution and relies on a stroboscopic-like recording arrangement to generate time resolved images, as opposed to ultrasound SWE where burst measurements are performed at a high acquisition rate. Typically, MRE data contain 4 to 8 images per harmonic actuation cycle. Spatially, MRE is sometimes referred to as a super resolution imaging modality as measured displacement amplitudes are much smaller than the image pixel size (tens of microns versus one to 3 mm). We review in this section the main three steps in MRE investigation, namely motion generation strategies, motion encoding techniques, and inversion methods. Finally, applications to the liver and brain are discussed. These organs were subjectively chosen as liver disease diagnosis is the only MRE protocol clinically established, and non-invasive in-vivo brain mechanics assessment is not enabled by any elastography techniques other than MRE.
[image: Figure 5]FIGURE 5 | Workflow in MRE investigation. Small time harmonic deformations are generated in the scanned tissue using an external actuator or natural body pulsation. These small deformations are recorded by the MR scanner using tailored acquisition sequences to produce time series propagation images. The complex MR signal is then processed to extract the motion field data, which is finally used as an entry to physical modeling allowing for calculation of mechanical parameters.
Generation of Acoustic Waves in MRE
In MRE, most applications involve the generation of time-harmonic wave fields using external surface actuators. These actuators must meet the requirements imposed by magnetic resonance safety rules, in other words they must be made of non-magnetic materials and be adaptable to fit into the experimental or clinical magnet bore of the scanner. Design of actuators has been shown to be application dependent; we review in this section the main techniques to induce motion in soft tissues in the context of MRE. Loudspeakers have been widely used to transmit motion to tissues and may be divided into pneumatic and rigid categories. In the pneumatic one, air pulses are transmitted from the loudspeaker pulsing membrane to the investigated tissue by means of a wave guide (plastic tube). The tube is connected to an interface attached to the surface of the tissue. Plastic pads with a soft membrane and air cushions are the main examples of such interfaces. Main advantages are versatility allowing for applications to various organs [167–176], and the electricity-free transmission system (pneumatic) requiring no electrical current inside the magnetic resonance imaging (MRI) room. The main drawback may reside in the limitation to simple mono-frequency waveforms only. In the rigid category, loudspeakers transmit motion to tissues via a rigid rod attached to the membrane on one end, and to the patient on the other end. This configuration is also versatile [177–184] and handles arbitrary waveforms but requires the loudspeaker to be inside the MRI room. Lorentz-coil actuators have also been used to generate motion in various organs [185–192], and rely on the coupling of the MRI magnetic field B0 with an electrical current injected into the coil. These actuators must be designed according to the targeted organ as they are placed relative to B0. Piezoelectric drivers allow to deliver arbitrary waveform pulses to tissues while avoiding the constraint of positioning relative to B0. Significant displacement fields could be obtained using this technique in various conditions (human abdomen [193, 194], human brain [195, 196], human breast [197], and mouse brain [198, 199]).
A major bottleneck in generating sufficiently high motion deflection in tissues is the decrease of the motion amplitude with increasing excitation frequencies. Using a wide range of mechanical excitation finds its application in the analysis of frequency dependent mechanical behavior of soft tissues [8, 178, 191, 198, 200–203]. The more frequencies, the more valuable is the information. Centrifugal force based MRE drivers have been proposed to circumvent this limitation at high frequencies. The centrifugal force allows to maintain the displacement amplitude high regardless of the frequency [204]. The “air-ball” actuator and “gravitational actuator” are the first examples of the centrifugal force implementation. The “air-ball” actuator [205] consists in a ball circulating in a circular chamber under injection of compressed air. The revolution speed of the ball is imposed by the pressured air of which the pressure determines the actuator vibration frequency. The “gravitational transducer” is made of a mass attached to an axis and rotating around this axis. The rotation speed is driven by the rotating axis connected to a motor [206]. All the aforementioned techniques consist in shaking the surface of the probed tissue, which implies that elastic waves propagate to the region of interest with sufficient amplitude. This can be an issue if the imaged domain is deep under the surface thus increasing the risk of high attenuation. Producing a wave field in situ may be an alternative way to ensure that a sufficient amount of displacement remains in the region of interest. In that regard, focused ultrasounds have been used to generate shear waves along with an MR scanner for motion detection [207]. This technique requires a heavy experimental setup compatible with the MR environment and has not been, to date, more than a proof of concept. Instead of using external devices to produce motion at chosen locations, the concept of intrinsic actuation taking advantage of natural internal vibrations has gained interest. This method consists in encoding motion induced in organs by the natural pulsation of the heart and arteries, and presents the significant advantage of not requiring any additional equipment. Tailored MRE protocols must be adopted to adapt to the low frequency characteristics of natural pulsations (around 1 Hz). For now, intrinsic actuation has been applied to the brain [208–211].
Acoustic Wave Detection
Whereas most magnetic resonance imaging protocols attempt to reduce or compensate for motion, MR elastography seeks to take advantage of small vibrations in the scanned tissue. Numerous MRE specific pulse sequences [chronologically sorted application of radiofrequency (RF)-pulses and magnetic gradients to generate and manipulate the MR signal] have been designed to acquire driven or natural motion in biological tissues, while maintaining reasonable scan times and image quality. We review, in this section, the main concepts of MR elastography pulse sequences allowing for detecting acoustic wave propagation. More specific details and theory, along with fast acquisition strategies are available elsewhere [19, 212]. Motion encoding principles in MRI were first introduced by measuring sea-water velocity [213], and further applied in the context of angiography to measure blood flow [214]. The proof consisted in relying spin velocities to the phase shift spins experienced when space and time varying bipolar magnetic fields are applied. A similar concept, leading to MRE, was developed in which motion of spins around their position at rest is encoded in the phase of the complex MR signal using magnetic-field gradients, named motion encoding gradients (MEGs) [166]. The accumulated net phase of moving spins varies according to their trajectory while a time dependent MEG is applied. This net phase thus allows to track local motion of tissue eventually providing the displacement maps required for retrieving mechanical parameters. MRE sequences are generally based on existing MR encoding outfitted with MEGs. Not only are their setting key to be compatible with the characteristics of the induced motion but so are other inherent MR imaging parameters, leading to a broad variety of MRE sequences.
The timing of the chosen MR based-sequence rises a certain amount of constraints regarding scan time, motion sensitivity, and image quality. The MR sequence design and underlying physics are beyond the scope of the present review, thus only the main concepts relevant to overall MRE understanding is briefly discussed. For in-depth details, see [19, 215]. When a tissue is placed in the strong static magnetic field B0 of an MR scanner, a net magnetization aligned with the magnetic field is produced from the contribution of each uncoupled individual nuclear spin (those of hydrogen nuclei in clinical scanners) [215]. The key concept in MR signal generation consists in tipping the net magnetization of the desired portion of the scanned tissue out of its resting state using some excitation radiofrequency pulses tuned at the Larmor frequency of the spins in the scanner [216]. Magnetization enters a precession motion about the B0 axis under the effect of this RF-pulse. Once excited, the magnetization is no longer aligned with B0 and tends to realign and reach its resting state back again. This process called relaxation occurs at a certain time rate dictated by the interactions between spins themselves and with their environment. The time constant T1 characterizes the exponential regrowth of the magnetization parallel to B0 (longitudinal component of the magnetization) due to spin-lattice interactions. Time constants T2 and T2* characterize the exponential decay of the transverse magnetization component (perpendicular to the longitudinal one) due to spin-spin interactions and magnetic field inhomogeneity (combined with the spin-spin interaction), respectively.
Timewise, T2* < T2 < T1 and decay rates are given by R2* = 1/T2* and R2 = 1/T2, where R2* > R2. The time evolution of the MR signal immediately following the RF-pulse excitation is named free induction decay (FID) and is governed by T2* effects. Receive coils are used to monitor relaxation by measuring the voltage induced by the precessing magnetization according to Faraday’s law. Manipulation of the magnetization allows to generate MR signal peaks at adjustable delays after the application of the excitation RF-pulse, i.e., during the FID, or later when the signal appears to have vanished. MR sequences may be divided into two main categories of mechanisms leading to different timing for data acquisition. Spin echo (SE) sequences employ a second RF-pulse called refocusing RF-pulse, occurring after the FID, and allowing for compensation of T2* effects (magnetic field inhomogeneity). Some of the MR signal can thus be recovered after the FID. In this case, the limiting time constant becomes T2 > T2*. Passed the exponential decay due to T2 effects, the MR signal can no longer be recovered. The peak of the recovered MR signal, the echo, occurs at the “echo time” TE after the application of the RF-pulse excitation. Gradient recalled echo (GRE) sequences, however, typically operate within the FID (occurring immediately after the RF-pulse excitation) and do not allow for magnetic field inhomogeneity effects compensation. The operating window in such sequences is thus limited by the T2* weighted decay, and thus leads to much faster acquisition protocols. Magnetic field gradients are used, instead of a second RF-pulse, to manipulate the magnetization and generate a signal echo at TE. As aforementioned, MRE sequences usually consist in incorporating motion encoding gradients into an MR based-sequence. This modification is consequently subjected to timing limits of the base-sequence. The short timing of gradient echo type sequences presents a narrower time slot for the MEGs to operate than that of spin echo type sequences. The impact of such inherent characteristics is discussed below.
The first descriptions of the motion encoding mechanism in MRE were reported in Refs. [166, 217]. As aforementioned, a spin moving in the presence of a magnetic-field gradient G experiences a phase shift ϕ:
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where γ is the gyromagnetic ratio of the material [rad s−1 T−1] and r is the time-dependent position vector of the spin. From this equation appears that the phase shift depends on both the spin trajectory r and the applied G. Consequently, a given arbitrary spin motion results in different accumulated phases depending on the magnetic gradient waveform. Hence, the remaining definition of G sets the type of motion the encoding process is sensitive to. Since the inherent function of magnetic field gradients is to add a controlled space-dependency to the static and homogeneous magnetic field B0, even static spins experience a space dependent phase accumulation while MEGs are switched on. In order to cancel this unwanted phase accumulation, G can be set to oscillate in time allowing the phase accumulated during the first half of the gradient oscillation period to be compensated during the second half. This technique is called zeroth moment nulling [19]. Non-oscillating MEGs are called unbalanced gradients and are thus rarely used in conventional MRE sequences. Additionally, the effect of constant velocity and constant acceleration background components in moving spins may also need to be cancelled. This can be achieved by applying first and second moment nulling, respectively [19]. Both consist in adjusting the MEGs oscillation profile so that the accumulated phase in Eq. 21 goes to zero for unwanted spin motion.
Many MRE applications have resorted to full wave encoding (MEGs tuned to the same frequency as that of the motion oscillation) with zeroth [188, 197, 198, 218–221] and first moment nulling [166, 172, 173, 175, 181, 203]. For all types of oscillating gradients, the area under the curve of MEGs over the operation time must equal zero for proper motion encoding. Early in MRE, several examples of motion encoding strategies were derived in the case of time-harmonic excitation, leading to time-harmonic spin trajectories and involving full-wave encoding [217]. Spin trajectories r can then be written as:
[image: image]
where r0 is the position vector of spins at rest, ξ0 is the spins displacement amplitude, k the wave vector, r the position vector, ω the oscillation frequency, and θ some initial phase offset. Solving Eq. 21 using Eq. 22 and the MEG temporal profile allows to quantify the encoding efficiency, which is defined as the amount of phase shift in the signal per displacement unit. Encoding efficiency formulas for common MEG waveforms are available in Refs. [19, 212].
Full wave encoding scheme ensures a good motion sensitivity but compels the minimum achievable value of the echo time dependent on the driver actuation period. GRE sequence short timing due to T2* effects is well suited to high actuation frequencies (short time slot for MEGs to operate); however, it limits the applicable number of MEG cycles [166, 188, 197, 220, 222, 223]. The optimal setting resides at the trade-off between the SNR increase permitted by short TEs and the higher motion sensitivity permitted by multiple MEG cycles. A similar conclusion can be drawn with regards to SE sequences, which present a more flexible timing enabled by their inherent longer echo and repetition times [215, 224]. Multiple MEG cycles can thus be incorporated into the sequence while maintaining the echo intensity sufficiently high. SE sequences are often implemented with fast readout strategies, for instance echo planar imaging (EPI) necessitating only one or few combinations of excitation- and refocusing-RF pulses to generate a whole image, which allows to circumvent the use of many long repetition times (TRs) [172, 175, 181, 203].
So far, single actuation frequency cases have been presented. Full-wave encoding can also be used to extract a frequency of interest from a multi-frequency oscillating wave field by selecting proper MEG profile (frequency and number of cycles) [177, 222, 225]. This configuration presents little interest in cases where the actuation frequency is chosen by the user. The only way of performing multi-frequency acquisitions using full-wave encoding is to repeat the encoding for each frequency separately [188, 191, 198, 201, 219, 223, 226], which has an impact on the acquisition time. However, multiple frequency components can be simultaneously encoded in a single acquisition using wide band MEGs, and manually selected using a temporal Fourier transform [177, 178, 180, 182, 210, 227–230]. The main advantage of simultaneous multi-frequency encoding is the time saving making them more suited to in vivo studies compared with repeated single frequency acquisitions over a given frequency range. The main drawback is the overall lower motion amplitude at each frequency of the multi-frequency actuation compared with the repeated acquisition scheme, due to total energy deposition divided into the total number of frequencies.
The wideband property of MEGs has been further extended to fractional encoding where the frequency of the mechanical oscillation is smaller than that of MEGs, and the mechanical time period is larger or equal to the repetition time [186]. With shorter MEG time periods, scan duration can be reduced and higher SNR can be obtained by shortening the echo time accordingly [190]. A major advantage of this approach is found in measurement of low frequency induced motion, such as heart pulsation driven actuation (around 1 Hz), where full-wave encoding would lead to unpractical echo times [208, 209, 211, 231]. Despite the lower motion sensitivity in fractional encoding, this method has proven successful using fast acquisition protocols (spoiled GRE and GRE/SE equipped with EPI readout strategy) [169, 170, 179, 190–192, 201, 209, 232–234]. Besides multi-frequency acquisitions, reduced TE and TR permitted by fractional encoding have also been exploited in balanced steady state free precession MRE [186, 235, 236], despite the original development circumventing the use of MEGs [237]. Although high phase-to-noise ratios were reported, this sequence type presents significant timing constraints (actuation frequency linked to TR), and non-linear phase accumulation between consecutive TRs leading to additional signal post-processing steps. It has consequently been used only sporadically [19, 190, 212].
Inverse Problem in MRE
The previous section reviewed some acquisition approaches to measure motion induced in the tissue of interest. The last essential step in elastography consists in relying these displacements to mechanical parameters using physical models. This section addresses the most reported inversion schemes employed in MRE. More specific information about processing times and modeling details can be found in Refs. [238, 239]. A major strength of magnetic resonance is the capacity of encoding motion in the three directions of space, allowing for full 3D inversion of the Navier equation. This strength comes at the cost of overall longer scan times for which alternatives have been discussed above. Despite the availability of fast 3D MRE sequences, all mechanical parameter reconstruction methods do not make use of complete displacement data sets and take advantage of physical assumptions allowing for processing of reduced dimension displacement data. We propose to classify inversion schemes into two categories. The direct approach consists in formulating the inverse problem with the mechanical parameters as unknowns. Experimentally obtained displacement data are inserted into the equations of elasticity, and quantities of interest are extracted through direct inversion. The iterative approach consists in iteratively solving the forward problem for displacements starting from an initial set of guessed mechanical parameters. These mechanical parameters are iteratively updated to minimize the difference between experimental displacement data and computed displacement solution. The final solution is the set of mechanical parameters that makes that difference converge to a global minimum.
Direct Methods
The first reported inversion method in the context of MRE, assuming isotropy, local homogeneity, no attenuation, and incompressibility, consisted in estimating the local wavelength of the measured wave field. This technique is termed LFE (local frequency estimation). Briefly, pairs of filters centred on spatial frequencies usually separated by one octave are applied to the wave field. The ratio of displacements filtered by each filter of one pair equals the local wavelength [240]. To ensure that local spatial frequency is included in the bandwidth of the filter pair, the process is repeated over a certain range of frequencies. From the evaluated wavelength (inverse of spatial frequency), the magnitude of the shear modulus |μ| is retrieved using [image: image], where λs is the local wavelength and f is the temporal actuation frequency. We recall here that ρ is the tissue density, vs the shear wave speed, and that such assessment assumes a purely elastic tissue (no viscosity). The original publication describing LFE [225] employed log-normal quadrature filters but other functions have been studied [241, 242]. This method has been widely used in all types of study [166, 169, 171, 174, 175, 221, 223], as it is fast and only requires a single component of the displacement field. LFE has also proven a certain robustness against noise as it does not directly compute spatial derivative of the image, thus circumventing noise enhancement. To date, LFE is the only reconstruction method used and marketed for routine clinical practice. Although the LFE in itself provides no insight into the viscous behavior of the investigated tissue, this method has been combined with an attenuation model to estimate both G′ and G″, thus avoiding calculation of 2nd or 3rd order derivatives [223]. Phase gradient methods allow for simple estimation of the wave number k, similarly to LFE, which is used to quantify elasticity only. They have been sporadically used given their insensitivity to wave attenuation and their dependency on planar waves [243].
Early in MRE were also reported direct methods assuming viscoelastic materials, as described in General Concepts in Shear Wave Elastography, and using the strong formulation of the Helmholtz equation [198, 220, 244]. The underlying assumptions of isotropy, local homogeneity, and incompressibility are used to neglect the stiffness gradient across the tissue, and to decouple motion components in the equation system. From there, a single motion component can be used to retrieve the complex-valued shear modulus (G* = G′ + jG″). Planar assumption allows to consider the 2D curvature of the wave field instead of its 3D, which further decreases the required amount of data to solve the inverse problem. This method has also been widely used [177, 178, 182, 219, 227–229, 243, 245] given its simplicity and low computational cost but strongly depends on data filtering and evaluation of second derivatives [244, 246]. Using this scheme, stiffness reconstruction was shown to be altered by the neglected first Lamé parameter (Eq. 8) [247]. Applying the Helmholtz decomposition to the wave field allows to separate divergence-free (shear) from irrotational (compressional) components. Taking the curl of the Helmholtz equation increases the differentiation order but physically isolates the shear component of interest. This approach has become prominent when the Helmholtz equation is employed to retrieve storage and loss moduli [172, 187, 189, 190, 198, 199, 232, 247, 248]. To improve resolution and stabilize the direct inversion of the mono-frequency Helmholtz equation, a multi-frequency approach named MDEV (multi-frequency dual elasto visco inversion) was introduced [200]. A multi-frequency wave field is built upon data sets of individual different frequencies, ignoring the dispersion of mechanical parameters with respect to frequency, reducing the risk of nodes due to standing waves and stabilizing the equation system by adding equations with same unknown. Various studies have resorted to inversion schemes based on this method [8, 193, 194]. As an alternative to the 2nd order derivative assessment required by MDEV, a phase-gradient based method termed k-MDEV was proposed. It consists in evaluating the complex wave number k of a plane wave (see General Concepts in Shear Wave Elastography), which can then be related to both phase velocity for elastic modulus estimation and attenuation for viscous behavior quantification [194].
A finite-element (FE) based inversion method was recently proposed, also assuming local homogeneity, for storage and loss moduli assessment. It takes advantage of the weak form of the equations of motion to reduce the differentiation order, and exploits divergence-free test functions to lower the impact of the compression field [249]. So far, most of the discussed approaches have in common the assumption of local homogeneity, neglecting the gradient of mechanical parameters across the tissue, and incompressibility, invoked to neglect terms involving the divergence of displacements (unless the curl operator is applied). The local homogeneity assumption was shown to alter the reconstructed mechanical parameters in regions where the latter are not constant [218], that is in most clinical cases and notably tumorous tissues. Direct methods, still employing the strong form of the Navier equation and neglecting the divergence of the wave field, were proposed to consider heterogeneity using single [250] and multifrequency (HMDI–heterogeneous multifrequency direct inversion) [251] approaches. To address the compression aspect in nearly incompressible materials, which was shown to lead to artefacts and inaccuracies [252, 253] when disregarded [253] or processed using displacement formulation only [254, 255], direct FE formulations of the inverse problem have been proposed using curl-based [256] and mixed displacement-pressure [253, 256, 257] schemes.
Iterative Methods
Overall, iterative methods make less restrictive assumptions on tissue mechanical properties than direct ones relying on the algebraic strong formulation of the elasticity equations, and have been reported to solve for more unknowns than FE-based direct methods by adjusting the number of parameters to update in the minimization process. From a computational standpoint, solving forward problems, that is, mapping data information (i.e., displacement field) from source information (i.e., elasticity distribution) is a smoothing process. On the contrary, inverse problem consisting in mapping source information (i.e., elasticity distribution) from data information (i.e., displacement field) is a noise-enhancing process [258]. Consequently, iterative approaches tend to be more robust against noise than direct ones. Following FE discretization approaches, similar to direct FE ones, iterative schemes have been developed [259–261]. Near incompressibility is often assumed and requires to modify the formulation of elasticity equations in order to solve for pressure in addition to displacements (aforementioned mixed “pressure-displacement” formulation), and material heterogeneity is mostly considered [257, 262]. In MRE, the subzone technique has gained significant interest amongst iterative processes [263]. It consists in dividing the imaged domain into overlapping subdomains termed subzones, and solving iteratively the forward problem for displacements in each subdomain parallelly [197]. Once the solution in each subzone has converged, subzones are randomly redistributed over the domain and the iterative solution calculation is performed again. Retrieved mechanical parameter distributions, corresponding to each subzone distribution, are finally averaged to form the final solution. This reconstruction method has been applied to phantoms, brain [176, 203, 264, 265] and breast [266, 267] data, and has proven its capacity to reconstruct multiple variables at various actuation frequencies using elastic and viscoelastic physical models (compressible elastic [268], compressible viscoelastic [269], and nearly incompressible viscoelastic [176, 184, 203, 231, 264–266, 268, 270–272]). Additionally, poroelastic models have been introduced for accurate consideration of the biphasic nature of entangled solid-liquid structures in biological tissues [168, 184, 211, 270, 271, 273]).
Applications
Liver
MRE can be applied to virtually any organ provided sufficient displacement data quality and suitable inversion scheme. We mainly restrict our discussion to liver applications due to the clinical availability of the technique, and to brain of which in-vivo mechanical properties have yet only been non-invasively accessible using this elastography method. MRE in clinics has so far been restricted to liver scanning for fibrosis, and diagnosis of chronic liver diseases using purely elastic models, i.e., assessing the shear modulus only and ignoring the tissue’s viscous behavior. Under these assumptions, meta-analyses over the past few years on liver MRE have highlighted the high performance of the method in distinguishing liver fibrosis stages in non-alcoholic fatty liver disease, and cirrhosis considering the stiffness increase under this condition [274, 275]. Viscoelastic parameters in human liver diseases have also been early investigated using multi-frequency MRE to assess the frequency dispersion of storage and loss moduli (G′ and G″) in healthy and fibrotic patients [180]. Results showed an increase in both G′ and G″ in fibrotic with respect to healthy livers. Evaluation of the elastic modulus and viscosity using a standard linear solid model in healthy and fibrotic human livers led to a similar conclusion, where both elasticity and viscosity increased in pathological liver tissues [178]. This trend was also reported in [276], and in a performance study of MRE in the detection of fibrotic livers [277]. Overall, stiffness only or both stiffness and viscosity increases have been observed against the fibrotic stage. Interestingly, a case of liver steatosis in rats where only viscosity varied while stiffness remained unchanged has been reported in [278]. Despite these findings, the storage modulus was found to correlate much better with stages of liver fibrosis than viscosity [279]. Additionally, measurement of wave damping for viscosity characterisation is influenced by reflections off boundaries and renders its measurement troublesome. To date, stiffness variations for estimation of liver fibrosis severity has been mostly investigated.
Brain
MRE has also been proven successful and robust in the brain [280]. Its high water content and the observed shear wave attenuation in MRE acquisitions suggest that restriction to purely elastic models may lack of accuracy. The healthy brain’s viscoelastic behavior has been highlighted by evaluating the dispersion of reconstructed mechanical parameters at varying frequencies in humans [8] and rats [198]. Both storage and loss moduli tended to increase with frequency. Additionally, cerebral viscoelasticity was shown to follow a frequency power law, where all reconstructed parameters vary independently [203]. These reconstructions suggested that the falx cerebri’s viscous behavior is singular in comparison with other brain regions. Along similar lines in healthy brain characterization, viscoelasticity changes due to physiological aging have been considered [227, 229, 281]. From these studies appear that the brain softens but sees its relative viscous-to-elastic behavior unchanged over time. Such investigations along with MRE of neurological diseases have underlined the high potential of this technique in detecting neurodegenerative pathologies [282]. Non-invasive differentiation of natural structures of the brain based on their mechanical response to stimulus imparts MRE a significant advantage. For instance, the cerebellum has been shown to be softer and tends to be less viscous than the cerebrum [189].
High resolution mapping of stiffness and dispersion effects have suggested that cortical white matter is stiffer and more viscous than grey matter [191]. MRE has also been used to quantify the viscoelastic changes of altered brains. Notably, Alzheimer’s disease was shown to reduce the brain’s stiffness (elasticity only) [181]. Glioblastoma has been shown to take lower stiffness and viscosity values using multi-frequency MRE in humans [201], and mono-frequency MRE in a rat model [283]. A similar softening trend was observed in multiple sclerosis [182, 228, 284], where viscoelasticity was assessed using a global parameter. On the other hand, normal pressure hydrocephalus appears to trigger the opposite effect [175, 211]. Recent research on brain viscoelasticity has opened new avenues in the understanding of connexions between cerebral functions and tissue mechanical behavior. For instance, joint investigation of hippocampus viscoelasticity (shear stiffness and damping ratio), and relational memory has allowed to correlate hippocampal viscoelastic variations to performance in completion of spatial reconstruction tasks [285]. Viscoelasticity was characterised using an adjusted damping ratio that indicates the dominant tissue behavior between elasticity and viscosity. Results showed that better relational memory performance correlated with a rather elastic mechanical behavior of the hippocampus. This constituted the first observation of the kind.
The same principle was applied to assess the correlation between cardiovascular health through aerobic fitness exercises, relational memory performance through spatial reconstruction tasks, and hippocampal viscoelasticity using MRE. The study showed that better memory performance was associated with higher values of the adjusted damping ratio, which was itself associated with better aerobic fitness performance [286]. Light fitness exercise has also been shown to have a potential impact on hippocampal viscoelasticity and associated cerebral functions in multi-sclerosis patients [287]. These investigations laid the first stone for the characterisation of relationships between physical and cerebral functional behaviors, and brain viscoelasticity [288–291].
Brain Anisotropy and Poroelasticity
Finally, most advanced improvements in viscoelasticity characterisation embed tissue anisotropy, which is particularly relevant in the brain given its fibrous structure. As a deviation from brain applications: the first use of anisotropy in MRE was proposed for breast tumor detection through the evaluation of an assumed symmetrical stiffness tensor [292]. Results suggested that carcinoma have an anisotropic structure revealing a preferred orientation, certainly due to vascularisation, and suggesting transverse isotropy. Breast cancer was then also characterized assuming a transversely isotropic model leading to a 5-parameter reconstruction [247]. Again, results showed a preferred orientation in the tumor structure. Transversely isotropic mechanical property recovery was experimentally validated in fibrous tissues using MRE and diffusion tensor imaging (DTI) [293]. In-vivo brain anisotropic stiffness assessment in humans assuming separately orthotropy and transverse isotropy suggested that white matter exhibits a transverse isotropy structure [20]. Shear wave speed analysis was performed from prior knowledge of fiber orientation using DTI. Two shear wave modes were then observed, a faster longitudinal mode relatively to a slower transverse mode. The transverse anisotropy of white matter was later nuanced in favor of a mild only anisotropy in a study on ex-vivo porcine brain, where a purely transverse shear wave mode was generated and used to estimate three isotropic parameters in the absence of longitudinal modes [294]. Human brain anisotropy was also highlighted using variations in reconstructed stiffness distribution depending on actuation direction [176]. This constitutes a direct measurement of the anisotropy impact in isotropic models. Such observation was quantified using a finite element formulation of a heterogeneous, nearly incompressible, and transverse isotropic model providing benchmark displacement fields for inversion testing [265].
In addition to the significant research effort in evaluating and understanding cerebral viscoelasticity, the high water content of the brain has motivated to consider it as poroelastic, i.e., made of two, solid and liquid, entangled phases. The impact of poroelasticity versus viscoelasticity on reconstruction has been shown to be relevant at low frequencies (a few Hertz) using the forward problem formulation in the harmonic regime, and the aforementioned subzone iterative scheme [184]. At higher frequencies, viscoelasticity seems to remain a more suitable model than poroelasticity. Overall, poroelasticity and low frequency intrinsic actuation thus constitute an interesting and original package in MRE investigation. This setup circumventing resorting to pulsing equipment has been used in a few studies, and holds promise for more accurate detection of brain pathologies [208, 211]. Another approach to highlight brain poroelasticity was to solve for both shear and bulk moduli using the algebraic inversion technique, which resulted in a bulk modulus much lower than expected, confirming the poroelastic nature of the brain (compressible solid matrix and incompressible fluid channels) [209]. More recently was proposed an improvement in MR poroelastography acquisition processes allowing to separate solid and fluid contributions to the shear motion field using an inversion recovery sequence adapted to MRE, along with a tailored MR signal modeling [295].
To conclude, Figure 6 illustrates typical wave maps and elastograms from MRE acquisitions in the liver, breast, heart, and brain. Table 3 presents an overview of main components constituting MRE investigations, from motion generation techniques to inversion categories described in previous paragraphs.
[image: Figure 6]FIGURE 6 | (A) MRE of the liver. Anatomic images, displacement and shear stiffness maps of healthy and stage 4 fibrotic livers. Reproduced with permission from [296]. Copyright 2007 AGA Institute. (B) MRE of the breast. Anatomic image and shear stiffness map of a biopsy-proven invasive ductal carcinoma. Reproduced with permission from [297]. Copyright 2020 Elsevier. (C) MRE of the heart. Shear wave amplitude maps of a healthy heart versus hearts with diastolic dysfunction. Reproduced with permission from [234]. Copyright 2014 RSNA. (D) Mean shear stiffness of the cerebrum in young and older adults. Reproduced with permission from [281]. Copyright 2018, Elsevier.
TABLE 3 | An overview of main applications and technical developments in MRE.
[image: Table 3]OPTICAL SHEAR WAVE ELASTOGRAPHY
Elastography based on ultrasonography or MRI has found popular clinical applications facilitated by the implementation of those imaging technologies on clinical systems. These tools can provide images over centimeter to whole-body depth ranges. However, many applications require millimeter-scale spatial resolution images, which can only be made possible using optical means. For example, on the cellular scale, the measurement of mechanical properties requires higher resolutions to focus on the understanding of how cells respond to physical forces. Thus, the use of optical elastography provides an opportunity for microscale imaging and for numerous applications in fundamental research [298].
Within the last 2 decades, developments in this new area of imaging led to multiple scientific advancements at the interface between optics and mechanics, which included biomedical applications in ophthalmology, oncology, and cell mechanics. The following subsections discuss recent developments in cellular and optical elastography, and their applications across biomedical and life sciences.
Cellular Shear Wave Elastography
Tissue elasticity at a microscopic scale is determined by the cell and the extracellular matrix elasticity. Main components of a cell are the membrane, cytoplasm, and cytoskeleton. The latter structure contributes to the cell mechanical stability and characteristics, and to its morphology. An imbalance in the mechanical homeostasis and defect in the cellular mechanotransduction can contribute to various human diseases. Therefore, cellular viscoelasticity can be viewed as a biomarker for determining the cellular state [299]. Determining mechanical properties of a cell during different stages of the disease progression could help to develop novel treatments by considering the role of mechanical factors into genetic and drug therapies [300]. As recently reviewed [301], there are several techniques for measuring cell mechanical properties, most of them requiring a mechanical stress (e.g., micropipette aspiration and atomic force microscopy). However, in this review, the focus is on rheological properties assessed using a mechanical stress based on acoustical shear wave propagation.
Grasland-Mongrain et al. [302] developed a novel method called optical microelastography, also labeled as “cell quake elastography”. This technique uses a high frequency shear wave excitation and an optical microscope to assess cell elasticity. High frequency shear waves inside the cell are produced by a vibrating micropipette at a wavelength comparable to the cell’s size. The wave propagation is captured optically by a high frame rate camera coupled to the microscope. The sampling rate of the camera is selected to avoid shear wave frequency aliasing with sufficient samples per wavelength to allow efficient speckle tracking. The spatial resolution of captured images should also be sufficient to track the shear wave speed from displacement maps (knowing the time elapsed between images). The proof-of-concept in [302] was made by using an ultrasound speckle tracking method adapted to optical images for obtaining displacement maps [303]. A passive elastography algorithm was used as a reconstruction method to obtain shear modulus images [304]. The passive elastography method was inspired by the seismology field [210], so the name “cell quake elastography” for this method. The main advantage of this technology compared with other cell elasticity methods is the time resolution of a few microseconds to produce elasticity maps with a good spatial resolution, which may allow studying dynamic cellular processes.
First experiments were performed on mouse oocytes, making a shear wave inside the cell by a 15 kHz vibrating micropipette, and capturing the traveling wave optically at a 200,000 acquisition frame rate [302]. The sensitivity and spatial resolution of the technique allowed to distinguish the shear modulus of different regions/zones of a cell (Figure 7). The technique was recently applied on mouse macrophage-like RAW 264.7 cell clusters, Abelson leukemia virus-transformed cell line derived from mice, using a 18 kHz stimulation and a 100,000 frames per second image capturing rate. Shear wave displacement maps at 10 µs intervals are given in Figure 8. Future developments should aim at assessing the viscous component of single cells, likely using finite-elements modeling (FEM) reconstruction methods.
[image: Figure 7]FIGURE 7 | (A) Experimental set up for optical microelastography, (B) intracellular displacement map through time, (C) elasticity map of the cell into the zona pellucida, cytoplasm, and nucleus. Adapted with permission from [302]. Copyright 2018, National Academy of Sciences.
[image: Figure 8]FIGURE 8 | Preliminary results on displacements of the shear wave propagation within adhesive cell clusters of macrophages RAW 264.7.
Optical Coherence Elastography Imaging
Optical coherence elastography (OCE) is a technique that can non-invasively assess tissue mechanical properties by measuring the localized deformation, strain or shear wave propagation properties inside a sample [305]. In OCE, a stimulation technique is utilized to load the tissue and its response is recorded with an OCT based detection method [306–308]. The high resolution structural images of OCE (1–10 μm in-vivo) provides it an advantage over the ultrasound or MRI modality [309], that stretches its potential for micron and submicron imaging of elastic properties of biological tissues. Microstructures of biological tissues can be quantified based on optical scattering properties of the tissue under investigation. OCE holds great potential for diagnosis of many clinical conditions and pathologies, particularly for detection and monitoring of cancers [310], cardiovascular diseases [311], and eye diseases [312].
While optical contrast signals are detected based on differences in two or multiple optical scattering events, the mechanical contrast requires only one scattering event to obtain an OCT signal. Thus, structural inclusions that cannot be detected by OCT can be revealed by OCE if a mechanical contrast exists for the inclusion. The first few studies in OCE development focused on static mechanical contact loading (i.e., no shear wave involved) [313, 314]. Later, the emergence of phase resolved OCT, which is detecting the interferometric phase information from complex OCT signals, enabled the assessment of tissue deformation with a high accuracy for tissue elasticity reconstruction [315–318]. A shear wave stimulus was involved in studies of [316] and [318].
The latest developments include OCE resolution to improve over the range from several microns to hundreds of microns [308, 319, 320]. The lowest range of OCE spatial resolution is similar to the cell quake elastography imaging method described earlier. In comparison, the spatial resolution of ultrasound or MRI elasticity imaging methods remain at a macroscopic level with a typical resolution of hundreds of micrometers to several millimeters, respectively [54, 191]. OCE is a great alternative to traditional elastography methods in terms of spatial resolution, acquisition speed, sub nanometer mechanical displacement sensitivity, but at the cost of a lower penetration depth into the probed tissue than ultrasound or MRI [308]. Additionally, shear wave OCE as a 3D imaging modality may enable its clinical applications in many areas, such as ophthalmology and cardiology using intravascular devices [321–323]. Shear wave based OCE has shown potential for measuring local elasticity changes of mouse brains [324, 325]. Details on these methods are given next.
Systems and Methods
An OCE system has two main components: a loading system that can deform the biological tissue, and an OCT imaging system for detection. Shear wave methods in OCE are relatively in the very early stages of development. Shear waves-based OCE utilize an excitation from a noncontact air-puff or air-coupled ultrasonic probe [326–328], or piezo-transducers (PZT) [320]. In addition, an OCT mechanism is then employed to detect the displacement field of generated shear waves. By monitoring the shear wave propagation in the sample, elasticity, shear wave speed, or the shear modulus can be quantified. Shear wave visualization was performed in tissue mimicking phantoms with phase sensitive optical coherence elastography [329]. Razani et al. [318] were one of the first to measure the shear wave speed and its associated properties with OCT phase maps. They utilized an external acoustic radiation force mechanism for excitation and a swept-source OCT system to acquire phase images. The central wavelength of the laser was 1,310 nm and the bandwidth was ∼110 nm. The system could register a lateral resolution of 13 μm in gelatin mixed with titanium dioxide phantoms. Images could be acquired at a depth of 3 mm. Song et al. [320] used a piezoelectric point loading to generate shear waves within samples. More recently, Zhu et al. [330, 331] developed a PZT-based system to induce longitudinal shear waves and they visualized the signals using OCT for the quantified mapping of shear moduli. A brief detail of their technique is presented next.
The OCE system included an OCT imaging unit and a PZT excitation unit, as shown in Figure 9A. Elastic waves were induced by a ring PZT actuator driven by a PZT amplifier. The vibrating mechanism of the PZT system could excite three types of waves in the sample under investigation: 1) Rayleigh waves, 2) compressional waves travelling from the top surface to the deep region, and 3) transverse and longitudinal shear waves traveling through the interior of the sample, as shown in Figure 9B. Rayleigh waves propagate at the surface of the sample. Compressional waves propagate parallel to the oscillation direction of the vibrator. Transverse shear waves propagate perpendicular to the displacement direction. Additionally, in the near field of the planar vibration source, which contained multiple sub-sources, a longitudinal shear wave much slower than the compressional wave also propagate along the displacement direction. This longitudinal shear wave is present due to the sum contributions of diffracted transverse shear waves [331]. These longitudinal shear waves could be visualized with the attached OCT imaging unit. The OCT system was based on a swept source at a central wavelength of 1,310 nm, and a wavelength tuning range of 141 nm. Axial and lateral resolutions of the employed OCT unit were 7.6 and 17.7 μm, respectively. The PZT unit utilized for excitation was driven by a function generator producing a sine wave cycle with a frequency of 1 kHz. The displacement observed in the near field was close to 10 μm.
[image: Figure 9]FIGURE 9 | (A) Schematic of the OCE system. The system employs a swept source OCT unit and a PZT excitation unit. The PZT unit induces displacements within the sample, and the OCT unit detects the signals and visualizes the longitudinal shear wave propagation. Reproduced with permission from [330]. Copyright 2017, AIP Publishing. (B) A representation of waves generated by the PZT unit: transverse shear waves, longitudinal shear waves, compressional waves, and Rayleigh waves. Reproduced with permission from [331]. Copyright 2017, AIP Publishing. (C) Schematic of the acoustic micro-tapping phase sensitive OCT imaging system developed by Ambrozinski et al. Reproduced with permission from [332]. Copyright 2016, Nature Research.
As introduced above, noncontact shear wave imaging optical coherence tomography (SWI-OCT) system has been developed using a focused air-puff device for localized tissue deformation [333]. The non-contact mechanical excitation in a sample could be performed with a PZT transducer that was specially designed to launch an US beam through air that was focused onto the air-medium interface. The reflection of the beam at this interface could produce significant acoustic radiation force toward the sample medium. This induced a transient displacement at the surface, including shear waves. The large difference in acoustic impedances of air and soft tissues could increase the efficiency of the acoustic energy conversion even to the extent of one hundred percent. Ambrozinski et al. [332] developed a non-invasive system that needed transient displacements to be only about 1 μm, and the acoustic pressure only a few kPa, which was within safety limits for clinical applications. This acoustic micro-tapping method had enabled 4D imaging of tissue stiffness by employing a focused air-coupled US to induce mechanical deformations at the boundary of a tissue [332]. A schematic representation of their system is shown in Figure 9C. In here, the cornea surface was aligned at the transducer focus and the US radiation push was sent through with a repetition period of 3 ms. The driving signal was having a bandwidth range of 0.95–1.05 MHz. The measured pressure amplitude at the transducer focus was about 7 kPa.
Wang et al. performed a quantitative biomechanical characterization of cardiac muscles and corneas using a noncontact SWI-OCT system [334, 335]. Shear waves had a frequency range of 0–2.5 kHz. This method employed a multi-wave imaging technique, where shear wave measurements in the tissue enabled mapping of the mechanical contrast in elastograms, and the OCT unit enabled improving the imaging resolution from a millimeter scale to a micron scale [334]. The system was capable of simultaneously providing structural images with depth wise maps of the tissue stiffness [335]. Recently, a confocal air-coupled US probe could also be co-focused with a phase-sensitive OCT system to generate elastic waves up to a 4 kHz frequency for quantitative elastography [336]. These noncontact excitation methods have found wide applications in ophthalmology and dermatology [337–339].
Spatial resolution in dynamic shear wave based OCE is governed by temporal and spatial characteristics of mechanical waves rather than optical waves. Hence, the mechanical resolution in dynamic OCE is different from the usual optical resolution of OCT systems [57]. Spatial resolution ideally should match the spatial resolution of the detection system, however, propagating mechanical waves undergo mode conversions at tissue interfaces causing artifacts in the elasticity image. The geometry of the tissue interface and its elasticity contrast can produce complex propagating fields near the tissue boundary affecting both the spatial resolution and contrast of the final reconstructed image [57].
Recent dynamic OCE systems provided elasticity information from local group velocity measurements [321, 330, 339], however, the complex geometry of bounded tissues like the cornea may not reflect a simple relationship between group velocity and elasticity [338]. Dynamic OCE has been successfully utilized in elasticity mapping of the cornea using noncontact excitation methods based on air-puffs and acoustic micro tapping [332, 333, 340–342]. Inversion of moduli from experimental data, especially in the case of bounded and anisotropic tissues such as cornea, is a challenging and complicated process in dynamic elastography. Recently, a nearly-incompressible transverse isotropic (NITI) model addressed this challenge and characterized corneal biomechanics while accounting for corneal microstructure and anisotropy, and presented a more accurate model for cornea shear moduli computation [337]. Viscosity assessment in shear wave OCE is in its early phase of development. Proposed methods used shear wave frequency dispersion [343–346], storage and loss moduli using a rheological model [347], and the elastic wave attenuation [345].
A trade-off in OCE is its reduced depth of field while evolving for higher resolution measurements due to the requirement of higher numerical aperture for such systems. On the other hand, the ability to measure and record depth scans with a single spectral acquisition can be used as an advantageous feature to enable phase-sensitive displacement measurements. Of course, the tissue penetration attained with OCE, although sufficient for numerous applications, is not comparable to ultrasound or MRI elastography methods. Song et al. implemented a beam-steering US as a wave source for shear wave optical coherence elastography of retinal and choroidal tissues within a porcine eyes ball ex vivo. Shear wave propagation imaged on a porcine retina by their system is shown in Figure 10 [323].
[image: Figure 10]FIGURE 10 | Images of shear wave propagation in a porcine retina generated with a single acoustic radiation force ultrasound push. The images are taken snapshots at (A) 0.2, (B) 0.25, (C) 0.3, and (D) 0.35 ms after the push. Lateral scale: 0.5 mm/div; axial (depth) scale: 0.25 mm/div. Reproduced with permission from [323]. Copyright 2015, OSA Publishing.
Photoacoustic Elastography
Photoacoustic elastography (PAE) research is rapidly growing due to its potential and promising features of clinical interest [348–350]. PAE can exhibit a mechanical contrast in biological tissues while also providing high spatial resolution images and an excellent penetration depth compared to commercially available optical imaging modalities [351]. It has the promise to provide great scalability, ranging from cellular levels to entire body with multiple resolution levels. Recent studies have demonstrated recovery of mechanical properties of biological tissues using PAE [352–355]. Several studies demonstrated computation of elastic properties of soft tissues [354, 356–359]. Nevertheless, clinical translation of PAE is still far way for research studies to accomplish, the development of the PAE technology has shown the potential to be used in life threatening diseases, such as breast and prostate cancers, and brain tumors [350, 360]. Photoacoustic elastography can be used for mapping elastic properties of diseased tissues with highly vascularized structures, such as carcinoma and glioblastoma [351]. Most PAE studies have focused on qualitative imaging and quantitative PAE is still a challenge. Moreover, PAE using propagating shear waves still need to be clearly addressed. A recent study by Wang et al. did develop a PA viscoelasticity technique for quantitative imaging of liver cirrhosis based on a PA shear wave model [359]. This viscoelasticity imaging model was inspired by the acoustic radiation force impulse (ARFI) technique (see Ultrasound Shear Wave Elastography). In this model, a laser beam was focused into a tissue that resulted in the tissue thermal expansion and a PA pressure field was generated. The pressure field induced a localized ultrasound impulse similar to ARFI, and subsequently a tissue displacement field could be observed. The study assumed that these forward propagating PA waves could be modeled using shear wave equations.
As a summary of methods addressed in this review, Table 4 compares photoacoustic elastography with other elastography modalities in term of performance.
TABLE 4 | Overview and comparison of various elastography technologies.
[image: Table 4]CHALLENGES AND PERSPECTIVES
Ultrasound Shear Wave Elastography
Many notable ultrasound elastography methods have been translated into clinical applications, and adopted by clinicians for diagnosis of several organs, as introduced in Applications. A limitation lay in the depth of SW penetration due to attenuation, especially for the diagnosis of liver fibrosis and steatosis, which could result in unsuccessful measurements with large patients or patients with ascites [31]. Note that SW attenuation is a concern for any shear wave elastography method. Consequently, measurements on superficial regions showed a higher success rate, such as the diagnosis of breast lesions and tumors. Another limitation lies in the assumption often used in shear wave elastography; notably considering the tissue as isotropic and homogeneous. Certain tissues such as muscles or tendons do not respect the isotropy hypothesis and are rather considered as anisotropic or transverse isotropic media. To answer this problem, teams have developed stiffness tensors for assessing shear wave propagation and for evaluating mechanical properties in several directions [161, 361], even in three dimensions [162]. Bones, brains, or lungs are parts of the body that can be considered porous and for which the assumption of homogeneity is limited. Poroelasticity based on the estimation of the temporal response of tissues to compression [15, 362–364] is a technique derived from strain elastography. Although a little off topic because it does not use shear waves, its development in the characterization of tumors is promising [364, 365]. Other applications, such as the characterization of muscles, Achilles tendons, the cardiovascular system, and lymph nodes [110, 366–368], have shown good results that reflected the difference between normal and abnormal tissues.
At present, the measurement of the tissue elasticity has dominated the field, and technologies, such as the transient elastography, SSI, ARFI, and comb push ARFs are available on clinical scanners [67, 110, 144, 369–376]. In fact, most manufacturers have today a shear wave elastography package for clinical use, and the spatial resolution of those elastography systems are as good as ultrasound B-mode imaging. However for measurements on more complex tissues, such as anisotropic, layered, or near close to interface results should be taken with caution. The characterization of human tissue viscoelasticity without using a rheological model, and studies on viscosity, anisotropy, porosity, and nonlinearity, are important topics in development [23, 51, 377–383]. While those innovations have not yet received clinical approval, further validation with robustness and reproducibility results should allow manufacturers to consider these biomarkers. New applications of SW ultrasound elastography are also in developments. Studies pointed out that the measurement of the elastic property could be used to monitor thermal ablation [374, 384, 385].
Magnetic Resonance Shear Wave Elastography
Magnetic resonance elastography has been proven successful and robust in a broad range of applications, from clinical diagnosis of liver diseases [386] to brain [280], and breast [387] pathologies. However, generalization of MRE in clinics is impacted by the scan time required for the acquisition of complete data sets necessary for accurate reconstruction. Clinical sequences currently acquire one component of the motion field at one frequency, and rely on a 1D direct inversion assuming isotropy, incompressibility, local homogeneity, and pure elasticity. This package is fast and guaranties results. Mechanical solicitation of the tissue under multi-frequency loads may be a first step into the characterization of tissue viscoelastic responses by providing valuable information on the frequency dependent biomechanics in pathological cases [201]. Motion encoding may also reach a limit at high frequencies in the case of oscillating gradients due to peripheral nerve stimulation [388]. The actuation regime also determines the physics to consider for inferring mechanical parameters from experimental datasets [184]. An elegant avenue circumventing the use of external actuators is intrinsic actuation from low frequency heart beats along with poroelastic modeling of the tissue [211]. Along the same lines, natural vibrations in the brain have been exploited using the novel passive elastography technique based on time reversal concepts to quantify the vibration wavelengths, assumed to be related to brain stiffness [210]. A potential solution to shear wave attenuation in soft viscoelastic tissues may be to place motion sources closer to the region of interest. This may be achieved using ultrasound transducers generating an acoustic radiation force impulse (ARFI) along with MRE acquisition [207, 389]. Alternatively, a promising approach that may prove feasible with clinical MRI scanner is Lorentz force elastography for in situ actuation at different frequencies [390, 391]. An elasticity reconstruction obtained using a Lorentz force and a clinical MRI scanner is displayed in Figure 11, in the case of a gel phantom.
[image: Figure 11]FIGURE 11 | Preliminary results of Lorentz force MRE in gel phantoms. (A) Phase map due to the propagation of displacements induced by a Lorentz force. (B) Young’s modulus map of a heterogeneous phantom constructed from the Lorentz force induced motion.
On a similar note, localized motion generation using ARFI has been employed with MRE to measure elasticity changes during high intensity focused ultrasound ablations in ex-vivo porcine muscle samples [392]. Such monitoring requires sufficient displacement amplitude [393]. Assessment of stiffness changes due to ablation or percutaneous procedures has been performed both during [394, 395], and separately before and after ablation [396], all cases reporting a stiffness increase after the intervention.
On the acquisition side, significant amount of effort has been put into MR sequence developments to reduce scan time while preserving 3D motion encoding and signal amplitude. Although equipping an MR sequence with bipolar magnetic field gradients prevails, recent implementations took advantage of MR sequence inherent gradients to encode motion, thus keeping the timing shorter than conventional use of MEG [397]. As in any MRI scan, artefacts may occur due to patient motion. Sequence dependent artefacts include and are not restricted to signal loss in GRE sequences due to irregular geometries, and associated magnetic field inhomogeneity and distortion in echo-planar sequences. Specific to MRE, phase wrapping occurs when motion cannot be encoded in the [-π, π] range leading to phase jumps within this range. Three solutions appear and consist in either decreasing the gradient sensitivity, decreasing the motion generator strength, or using a phase unwrapping algorithm. Whilst a weakness of MRE may be viewed as a lack of universal protocol applicable to any organ, its strength resides in the capacity of providing usable data in multiple cases owing to various hardware and MR sequences, and in the availability of physical models to process produced experimental data for stiffness estimation. This technology is still mainly used in the context of clinical research, and additional validations might be required for robust viscosity, porosity, and anisotropy assessments.
Optical Shear Wave Elastography
Cellular Shear Wave Elastography
Although the optical microelastography technique has an unprecedented high temporal resolution with the capability of producing elasticity images, its spatial resolution is not as good as other rheology methods, such as atomic force microscopy. The spatial resolution of this technique is currently limited to 10 μm, approximately, but it could be improved to resolutions close to optical microscopy (≈1 µm) by utilizing a higher stimulus frequency and by improvements in the reconstruction process. This technique is currently limited to elasticity measurements but viscosity might become available through FEM modeling, or by considering shear wave attenuation [50].
More improvements need to be done beyond solving limitations mentioned above. The mechanical behavior of the cell should be further investigated in a range of frequencies. One remaining difficulty is the absence of good standard rheology method to validate the microelastography technique at frequencies in the kHz range. This makes it difficult to compare results from different techniques on a similar cell type. Other reasons for the lack of concordance of results, obtained with different cell elasticity technologies, were recently addressed [398] and apply to the reported microelastography method. Recent developments might allow using mechanically stable microgel bead to compare different cell elasticity methods [399], which may reduce variability when performing such comparisons at different (non-overlapping) frequencies.
Also, to make these techniques more applicable and practical for biologists, and to promote using cell mechanics as a biomarker, improvements are required for the technique to be automatic, high throughput while being robust, accurate, and sensitive with high time and space resolutions. This might be done by coupling the optical microelastography technique with other methods, such as microfluidics with a high throughput [400, 401].
Optical Coherence Elastography
Higher resolution OCE may face computational challenges due to the fact that the speckle decorrelation length scales with the speckle size [402, 403]. This would reduce the maximum displacement that can be measured between frames. Many studies have made progress to further demonstrate substantial improvements in resolution [404, 405]. High resolution OCE systems can be used to assess mechanical properties of cells and a few preliminary studies have showed this potential [404, 406]. These are relatively new developments and the hope remains that OCE would be able to characterize cell aggregates [305], with penetration depth going up to several hundred microns, whilst maintaining a sub-cellular scale resolution.
There has been several studies on elastogram image reconstruction in OCE by inverse problem approaches [407]. Sridhar et al. [408] used an inverse problem approach to understand how stromal tissues affect the broad spectrum of the viscoelastic response [409], by minimizing the mean squared error between computed and measured displacements. Different methods to constrain the optimization algorithm has been summarized by [410], in the context of ultrasound strain elastography. Basic principles are also applicable to OCE. However, one challenge that often prevails in these scenarios is the optimization of the regularization parameter for efficient reconstruction, especially in the context of in vivo experiments.
Another area of interest representing some challenges is the quantitative assessment of tissue viscoelastic properties with OCE. This research is still in its early years acknowledging the fact that the viscosity is not accounted for in the simple approach [411], but hopefully with the development of new models, OCE would be able to convert elastic wave speed and attenuation into quantitative values for clinical diagnosis based on tissue viscoelasticity.
Despite several advancements, very few studies have been done in the area of validation of performance. This would require phantoms that are developed for optics rather than mechanics [305]. Rigorous assessment of sensitivity and specificity for diagnostic applications would be required for translating the method to the clinics.
Photoacoustic Elastography
Photoacoustic elastography imaging is relatively a new development and it still needs to overcome many challenges. The PA signal contrast detected by ultrasound transducers is low due to lower variation in the tissue elasticity distribution in comparison to the optical absorption coefficient. This can potentially be overcome by additionally employing an ultrasound modulation of the laser pulse to provide external mechanical simulation of the tissue [412]. In addition, elasticity can also be estimated from the resonance frequency of the tissue material observed in the measurement of PA signal strength against the operating frequency of the external (ultrasound) mechanical stimulation [412, 413]. Another challenge is the development of quantitative PAE imaging systems, as the first few studies in the field reported only qualitative assessment of elastic properties. However, Hai et al. were the first to develop a quantitative PAE system [414]. It would also be interesting to detect the contrast in the PA signal due to elastic property variation separately from that of other parameters (including the optical absorption coefficient). Grasland-Mongrain et al. generated shear waves in soft tissues in ablative and thermoelastic regimes with a 532 nm Nd:YAG laser [415]. However, it remained a challenge to keep the laser beam energy within safety limits for use in biomedical applications. This can potentially be overcome by use of other types of laser or by emission of the high energy laser beam onto a protective absorbing layer, such as a black sheet, that can cover the tissue externally. In conclusion, PAE is still in the beginning phase of its development compared to ultrasound, MRI or OCT elastography, and there definitely remains scope for many promising improvements to increase its potential for various imaging applications.
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GLOSSARY
US ultrasound
MR magnetic resonance
SW shear wave
ARF acoustic radiation force
ARFI acoustic radiation force imaging
SMURF spatially modulated ultrasound radiation force
SSI supersonic shear imaging
TOF time-of-flight
TTP time-to-peak
2D-F two-dimensional Fourier transform
LPVI local phase velocity imaging
AMUSE attenuation-measuring ultrasound shear wave elastography
E Young’s modulus
K Bulk modulus
ν Poisson’s ratio
|µ| real shear modulus
G* magnetic field gradient complex shear modulus
G′ shear storage modulus
G′′ shear loss modulus
T Stress tensor
S Deformation tensor
λ First Lamé’s coefficient
ω angular frequency
vs shear wave speed
αs shear wave attenuation
η shear viscosity
B0 static magnetic field in MRI
T1 longitudinal magnetisation regrowth time constant
T2 transverse magnetisation decay time constant due to spin-spin interaction
MRI magnetic resonance imaging
RF radiofrequency
MEGs motion encoding gradients
MRE magnetic resonance elastography
FID free induction decay
EPI echo planar imaging
SE spin echo
GRE gradient recalled echo
LFE local frequency estimation
MDEV multi-frequency dual-elasto-visco inversion
HMDI heterogeneous multifrequency direct inversion
FE finite element
T2* transverse magnetisation decay time constant due to spin-spin interaction and magnetic field inhomogeneity
TE echo time
TR repetition time
ϕp material porosity
p complex time harmonic pressure field
ρf pore fluid density
κ hydraulic conductivity
ρa apparent mass density
P0 tissue initial pressure
β thermal expansion coefficient
νL speed of sound
CP specific heat capacity at constant pressure
є strain
єA complex strain amplitude
δ phase delay
μa intrinsic absorption coefficient
ϕ spatial resolution of optical fluence
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The vertex model is a useful mathematical model to describe the dynamics of epithelial cell sheets. However, existing vertex models do not distinguish contraction forces on the cell boundary from adhesion between cells, employing a single parameter to express both. In this paper, we introduce the rest length of the cell boundary and its dynamics into the existing vertex model, giving a novel formulation of the model that treats separately the contraction force and the strength of adhesion between cells. We apply this vertex model to the phenomenon of compartment boundary in the fruit fly pupa, recapturing the observation that increasing the strength of adhesion between cells straightens the compartment boundary, even though contraction forces at cell boundaries remain unchanged. We also discuss possibilities of the novel vertex models by considering the stretching of a cell sheet by external forces.
Keywords: epithelial cells, mathematical model, resting length, contraction force, adhesion strength, turnover rate, cell intercalation
INTRODUCTION
During embryonic development, epithelial cells form a monolayer sheet that covers the entire embryo. Cells comprising the sheet move drastically, like an active viscoelastic fluid, while maintaining their attachment to adjacent cells. This spontaneous movement of epithelial cells is considered a driving force for morphogenesis of multicellular organisms. Understanding the mechanism of the movement from not only a molecular but also a mechanical point of view is a challenging problem in morphogenesis. Although the molecular mechanism of the movement has come to be relatively well understood [1], its mechanical mechanism is still an ongoing problem.
To approach the mechanical mechanism of the dynamics of the epithelial sheet, a cell-based mathematical model, the vertex model, is often used [2, 3]. In this model, each epithelial cell in the sheet is expressed by a polygon, and the cell configuration within the sheet is completely specified by the positions of the vertices of the polygons. The vertex model can describe various aspects of the epithelial sheet at the cellular level, including mechanical forces generated by each cell and the planar polarities of cells [2, 3]. Indeed, by using the vertex model, important behaviors of the epithelial sheet, such as elongation, bending, and unidirectional movement of the sheet, have been explained from not only a biological but also a mechanical viewpoint [4–7].
Although the existing vertex model is well able to describe important properties of epithelial cell sheets, certain modifications are necessary in order to more precisely describe cell sheet dynamics. One important consideration is the lack of distinction between the contraction forces acting on the cell boundaries and the adhesion between cells. The existing vertex models consider the contraction forces and the strength of adhesion together and express the strengths of these two factors using a single parameter [8, 9]. However, biologically, contraction and adhesion are regulated by different molecules. For example, contraction forces are generated by actomyosin networks beneath the plasma membrane, whereas adhesion between cells is accomplished by adhesion molecules such as cadherin. Hence, to make the vertex model more useful and to more precisely describe epithelial cell sheet dynamics, it is preferable to modify the existing model to separately treat the forces of contraction and adhesion at the cell boundaries.
In this paper, we provide a novel formulation of the vertex model that introduces a phenomenological variable corresponding to the rest length of a cell boundary. This formulation allows us to treat separately the contraction forces acting on cell boundaries and the effects of adhesion between cells. The vertex model presented here is in accordance with and an extension of the existing vertex model. As an application of the model presented in this paper, we consider a phenomenon observed in the anterior-posterior (AP) compartment boundary in the Drosophila pupa [10, 11], in which the AP compartment boundary is straightened not only by an increase in contraction force at this boundary but also by an increase in the strength of adhesion between cells in the posterior region. While it has been demonstrated that the increase in contraction forces at the AP compartment boundary straightens the boundary [10], it has not yet been demonstrated whether the increase in adhesion between posterior cells does likewise. We use the vertex model presented here to show that the increase in adhesion between cells in the posterior region does straighten the AP compartment boundary and explain why the increase in adhesion straightens the boundary. As a second application of the new vertex model, we focus on stretching of the epithelial sheet by an external force. This application illustrates the difference in cell remodeling behavior between existing vertex models and our new model and compares the results predicted by the models with those observed experimentally.
SETUP OF THE VERTEX MODEL
As in existing vertex models, cells comprising an epithelial sheet are represented by polygons. The mechanical forces generated by the cells are expressed by the potential function [image: image]:
[image: image]
where [image: image] is the area of the αth cell, [image: image] is its preferred value, [image: image] and [image: image] are positive constants, and [image: image] is the length of cell boundary [image: image] that connects the [image: image] and [image: image] vertices. The index α includes all cells in the cell sheet, and [image: image] below the summation symbol implies that index [image: image] includes all cell boundaries in the system. A point of difference of this model compared with previous ones is the third term in Eq. 1. The first term in Eq. 1 represents cytosolic hydrostatic pressure that acts on the cell boundaries. The second term in Eq. 1 represents the contraction force acting on the cell boundary [image: image], which comes from the cortical actomyosin network beneath the plasma membrane. In this model, [image: image] represents only the strength of the contraction force and does not include the strength of adhesion between cells; the strength of adhesion will be expressed by [image: image] in Eq. 3. The novel third term in Eq. 1 represents phenomenological forces acting on cell boundaries, which are introduced by considering the rest length (natural length) of cell boundary [image: image], denoted by [image: image]. The introduction of this last term is based on the following considerations. The cell boundary consists of materials such as membrane, cytoskeleton, and associated components. In our model, we symbolically describe the amount of these cell boundary components by [image: image]. Since [image: image] has the dimension of length, this quantity is obtained by dividing the amount of the cell boundary components by some constant having the dimensions of (amount of components)/(length). If the amount of the materials at cell boundary ij is greater than the appropriate amount of the materials for making the boundary with length [image: image], the excess of the materials may give rise to repulsive forces by showing the wriggle of membrane. On the other hand, if the amount of material comprising the cell boundary ij is less than the appropriate value for the length [image: image], where the distances between the components comprising the cell boundary, such as lipid molecules, are large, an attractive force may arise to return these components to the equilibrium positions. These tendencies of the force on the cell boundary are expressed by the third term in Eq. 1. The quantity [image: image] is a variable that evolves with time, as given by Eq. 3.
In the previous vertex models [2, 7, 9], there is another term in [image: image], which is a quadratic term of cell perimeter, expressed by [image: image] (see Supplementary Appendix 1), where [image: image] is the perimeter of cell α, and [image: image] and [image: image] are constants. This term serves to express the conservation of the amount of cell membrane, or the effect of quadratic terms of cell perimeter, into the cell sheet dynamics. Our model, however, does not include this term in [image: image], because an equivalent effect is included in Eq. 3.
The total mechanical force acting on vertex [image: image] is given by [image: image], where [image: image] is the position of the ith vertex, [image: image]. We set up the model such that the positions of all vertices in the sheet move in such a way that the total mechanical force on each vertex must sum to zero at any time, i.e.,
[image: image]
holds for all vertices [image: image] at any time t. This situation corresponds to the case where we consider the cell sheet dynamics on a relatively longer time scale, such as minutes or tens of minutes. For the practical implementation of Eq. 2, it is useful to solve [image: image] with an extremely small positive value of [image: image]. In this implementation, the vertex positions obtained are nearly independent of the value of [image: image], when [image: image] is taken to be sufficiently small.
Next, we consider the time evolution equation for [image: image]. As mentioned above, the quantity [image: image] corresponds to the amount of materials comprising cell boundary ij, so that the rate of change in [image: image] is related to the rate of change in the amount of these materials. For example, it depends on the rate of turnover of cell membrane at the boundary, which relates to the frequency of membrane endocytosis [12] and exocytosis at the cell boundary. Hereafter we refer to the ability to change the amount of cell boundary components as the “activity of the cell boundary”. In addition, [image: image] tends to approach [image: image] over time, because if the amount of cell boundary components is not appropriate for length [image: image], the amount tries to approach the appropriate value. The speed at which [image: image] approaches [image: image] may depend on the activity of the cell boundary. Furthermore, the total sum of [image: image] in each cell tends to be conserved over the timescale considered here, because the creation and destruction of components of cell membrane are modest within periods of minutes or several tens of minutes [13]. Considering these properties of the dynamics of cell boundary components, we determine the time evolution equation for [image: image] as
[image: image]
where [image: image] is a relaxation time that expresses the rate of approach of [image: image] to [image: image]. In this model, [image: image] is assumed to depend on the activity of cell boundary [image: image]. [image: image] is a function of [image: image] that expresses the tendency to conserve the sum of [image: image] for each cell, given as
[image: image]
where [image: image] is a positive constant expressing the degree of tendency to conserve the junction rest lengths. [image: image] is a positive constant corresponding to the total amount of cell boundary components in the αth cell. The sign “kl in cell α” under the summation symbol signifies that the sum is taken over all boundaries of cell α.
As stated above, the quantity [image: image] in Eq. 3 expresses the inverse of the rate at which [image: image] approaches [image: image]. That is, when [image: image] is large, [image: image] approaches [image: image] slowly, and vice versa. Experimental results indicate that the rate of cell membrane turnover can differ from one cell boundary to another, due to planar polarized endocytic activity [14]. In addition, the rate of endocytosis at a cell boundary is related to the degree of adhesion at the boundary [14], i.e., when endocytosis at the cell boundary is frequent, adhesion between the cells sharing the boundary is weakened, and vice versa. Thus, in this model we interpret that the state where [image: image] is large is a state at which the adhesion at cell boundary ij is strong, and vice versa. If we accept this setup, we can distinguish contraction force acting on the cell boundary from the strength of adhesion at the boundary, namely, the contraction on cell boundary ij is expressed by [image: image] in Eq. 1 (large [image: image] indicating strong contraction on cell boundary ij), while the strength of adhesion at cell boundary ij is expressed by [image: image] in Eq. 3 (large [image: image] indicating strong adhesion at this boundary).
APPLICATION 1: STRAIGHTENING OF COMPARTMENT BOUNDARY IN DEVELOPING FRUIT FLY PUPA
Numerical Demonstrations that the Increase in [image: image] at Boundaries Between P Cells Shortens the Compartment Boundary
As an application of this new vertex model, we treat the phenomenon of compartment boundary straightening in the fruit fly pupa [15]. In this phenomenon, two types of epithelial cells, anterior (A) cells and posterior (P) cells, form two domains in an epithelial sheet, and the two cell domains meet at a boundary called the compartment boundary. For pupal development to progress correctly, the compartment boundary must undergo sufficient straightening. A mechanism that has been considered for the straightening of the compartment boundary is a strengthening of the contraction force on the compartment boundary, which shortens and straightens the compartment boundary. This scenario has been confirmed using the previous vertex model [10]. Recently, however, another mechanism for straightening of the compartment boundary was experimentally demonstrated [11], in which this boundary is straightened by an increase in the strength of adhesion between P cells, with the contraction force on the compartment boundary remaining unchanged. To restore this phenomenon, we used the new vertex model to try to understand why and how an increase in adhesion between P cells straightens the compartment boundary.
To do this, we set up the situation where a cell sheet consists of two types of cells, A cells (red) and P cells (blue) (Figure 1A). We refer to the boundary between the A and P cells as the compartment boundary in this model. As the initial state (t = 0) of the cell sheet, we took the equilibrium state obtained under the condition in which both A and P cells had the same parameters. Then at t = 0, we changed the parameters of interest and observed the length difference ([image: image]) of the compartment boundary between the initial state (t = 0) and the final state. Here, the final state is the steady state of the sheet under the new parameter values. If the result of numerical simulation exhibited [image: image], the compartment boundary was shortened and straightened, or vice versa. First, to retrace the previous work [10], we increased the contraction forces ([image: image]) at the compartment boundary at t = 0 in our model. The result of numerical simulation showed that [image: image] in response to the increase in [image: image] at compartment boundary (Figure 1B; Supplementary Movie 1). This result is reasonable because the large [image: image] (strong contraction) at the compartment boundary pulls the vertices at the compartment boundary closer together, hence shortening and straightening the compartment boundary.
[image: Figure 1]FIGURE 1 | (A) The initial state of the cell sheet. Red and blue cells are anterior and posterior cells, respectively. At the initial state of the sheet, both cells have the same parameters. At time t = 0, some parameters are changed. The compartment boundary is the boundary between red and blue cells. (B) The final state of the cell sheet when [image: image] at the compartment boundary is changed from [image: image](default value) to [image: image] (see Supplementary Movie 1). (C) The final state of the cell sheet when [image: image] at the cell boundary between P cells is changed from [image: image] (default value) to [image: image] (see Supplementary Movie 2). To highlight which cell boundary changed parameters, we colored them yellow (B) and green (C). The parameter values used here are [image: image], [image: image], [image: image], [image: image] (default), [image: image], [image: image], [image: image] (default), and [image: image]. For the units of these parameters see Supplementary Table 1.
Next, to investigate the effects on [image: image] of a change in adhesion strength between cells, we changed the values of [image: image] at the cell boundaries between P cells at t = 0. In this simulation, we increased only the adhesion strength, without changing any other cell parameters, such as [image: image]. Hereafter, we will use the symbols [image: image], [image: image], and [image: image] to refer to the relaxation times ([image: image]) at the boundaries between P cells, between A and P cells, and between A cells, respectively. Numerical simulations in which we increased [image: image] showed that when [image: image] in Eq. 4 was larger than some characteristic value, denoted by [image: image], [image: image] became negative, and vice versa (Figures 2A,B). The value of the characteristic length [image: image] (=5.55) is close to the mean perimeter length (=5.56) of cells of the system. In our model, [image: image] denotes the preferred total resting length of a cell, and in reality, it is reasonable to expect [image: image] to be longer than the perimeter of the cell because laser ablation experiments [16] have demonstrated extension of the cell boundary after cutting of actomyosin networks beneath the plasma membrane. Hence, in our model, it is reasonable to set [image: image] longer than the mean cell perimeter. Under this setup ([image: image]), the results of numerical simulations in this vertex model coincided with experimental outcomes, i.e., when adhesion between P cells was made stronger than adhesion between other pairs of cells, i.e., [image: image], [image: image] (Figure 1C; Supplementary Movie 2).
[image: Figure 2]FIGURE 2 | (A) The length difference ([image: image]) of the compartment boundary between the initial and final states of the sheet as a function of [image: image] and [image: image]. The quantity [image: image] is given by [image: image]. The quantity [image: image] (=5.56) is the mean perimeter length of P cells in the initial state. (B) Plots of [image: image] and the mean length difference ([image: image]) of cell boundaries between P cells as a function of [image: image]. In this simulation, [image: image] was changed from [image: image] (default) to [image: image] at t=0. The parameter values used here are the same as in Figure 1, except for the values of the parameters [image: image] and [image: image]. In this simulation [image: image] is varied from 0.05 to 1.0, and [image: image] is varied from 4.4 to 7.6.
Here a question may arise. Why does the increase in [image: image] shorten the compartment boundary? In the case of an increase in [image: image] at the compartment boundary, shortening of the compartment boundary is reasonable because the term in [image: image] that contains [image: image] (Eq. 1) makes shortening energetically preferable. However, in the case of a change in [image: image], this parameter represents the relaxation time defined in Eq. 3 and is not directly related to the potential energy [image: image]. Hence, it is not immediately apparent how [image: image] affects the length of the compartment boundary. To understand this, we first look at the data given in Figure 2B, where the quantity [image: image] is the average length change of cell boundaries between P cells that contact the compartment boundary. These data indicate that, with the increase in [image: image], the cell boundaries between P cells became longer ([image: image] increases), while the cell boundaries between A and P cells became shorter ([image: image] decreases). This result suggests that, if we consider in this model a cell having cell boundaries with different relaxation times [image: image], the cell boundary having a large [image: image] would lengthen, while the cell boundary having a small [image: image] would shorten. To illustrate this property of the model, in the next subsection we conduct a simple analysis concerning the cell boundary length of a simple cell.
A Simple Analysis to Understand Why the New Vertex Model Lengthens the Cell Boundary with Large [image: image]
Let us consider a single cell whose dynamics obey Eqs. 1–4 and whose shape is kept rectangular, in which the state of the cell is specified only by the quantities characterizing the vertical and horizontal boundaries of the cell. Let us denote the lengths of vertical and horizontal boundaries of the cell by [image: image] and [image: image], respectively. All the boundaries of the cell have the same contraction force [image: image] (>0), while the vertical and horizontal cell boundary have different relaxation times, [image: image] and [image: image], respectively. We are concerned with the cell’s steady state under these conditions. The potential function [image: image] of this cell is given by
[image: image]
The force balance equations at each boundary are given by [image: image], which gives
[image: image]
In our model, [image: image], [image: image], [image: image], and [image: image] are independent variables, so [image: image] and [image: image] are not differentiated with [image: image] and [image: image]. The time evolution equations for [image: image] and [image: image] are given by
[image: image]
where [image: image] and [image: image] are the respective rest lengths of the vertical and horizontal cell boundaries, and [image: image] is given by [image: image], where [image: image] is the preferred total resting length of this cell. The factor 1/2 in front of [image: image] comes from the setup that the shape of this cell is rectangular, where both sides of the cell have the same quantities. To consider the steady state of this cell, we put [image: image] in Eq. 7, to obtain
[image: image]
Although we can analytically solve Eqs. 6, 8 for the variables, [image: image], the forms of the solution are too complex to extract information about the [image: image]-dependence of [image: image]. Thus, we shall take another approach for this aim. First, we note that the terms [image: image] and [image: image] are common to Eqs. 6, 8. Thus, we assign [image: image] and [image: image] and rearrange Eqs. 6, 8 to obtain [image: image] and [image: image]. Subtracting [image: image] from [image: image] gives
[image: image]
It should be noted here that [image: image] is the pressure acting on the cell boundaries, and [image: image] is positive when [image: image] because contraction forces acting on the cell boundaries tend to shrink these boundaries as well as the area of the cell, [image: image], such that [image: image]. In addition, if [image: image] is so large that [image: image] is the case, [image: image] becomes positive. In this case, the magnitude relationship between [image: image] and [image: image] is the same, i.e., when [image: image], [image: image], or vice versa (see Eq. 9). On the other hand, in the case where [image: image] is small enough that [image: image], the magnitude relationship between [image: image] and [image: image] becomes opposite, i.e., when [image: image], [image: image], and vice versa. This consideration suggests that there exists a characteristic value of [image: image], denoted by [image: image], at which [image: image] becomes zero. Indeed, such a value of [image: image] does exist, which is confirmed analytically. This property of the model appears in Figures 2A,B: when [image: image], the compartment boundary is shortened and straightened, with a large [image: image], and vice versa. That is, P cells in contact with the compartment boundary have different relaxation times, [image: image] and [image: image], depending on the side (remembering that the compartment boundary is the boundary between A and P cells). Since we have set [image: image] and [image: image], the cell boundary between P cells lengthens, and the cell boundary between A and P cells shortens (Figure 1C).
While the above analysis is restricted to a case in which the cell shape is rectangular, the relation between [image: image] and [image: image] continues to hold when the cell shape is pentagonal, hexagonal, etc. (see Supplementary Appendix 2). In addition, although the preceding analysis concerned the case of a single cell, a similar relation between [image: image] and [image: image] continues to apply in the case of a cell sheet, i.e., when the cell boundary has a longer relaxation time, the cell boundary length tends to become longer.
APPLICATION 2: THE RESPONSE OF THE CELL SHEET WHEN STRETCHED BY EXTERNAL FORCES
In this section, we consider the stretch of a cell sheet by external forces. In the previous vertex models, when the cell sheet is stretched greatly enough by external forces, the sheet necessarily undergoes cell remodeling (Figures 3A,B; Supplementary Movie 3; the formulation of the previous vertex model is given in Supplementary Appendix 1). This behavior originates in two properties of the previous vertex model: 1) cell shape tends to be round, due to the quadratic term ([image: image]) in U, and 2) there is no repulsive force between vertices to prevent rounding of the cell. We will explain property 2) in more detail. Consider the case where external forces deform the cell shape well away from the preferred round shape, i.e., an elliptical shape with a large ratio of width to height. In this situation, the cell shape tends to return to roundness due to property 1). As a result, cell remodeling occurs (see Supplementary Movie 3). To put it another way, the previous vertex model has no repulsive force between vertices to maintain the cell in an elliptical shape. The present vertex model, on the other hand, has a repulsive force on the cell boundary when [image: image] as indicated below. This is the meaning of statement 2). Moreover, experimental results show that even when the cell sheet is stretched greatly enough by external forces, remodeling of the cell configuration does not necessarily occur [17]. The discrepancy between the numerical and experimental results implies the necessity to improve the previous vertex model. In our modified vertex model, in fact, cell remodeling does not necessarily occur when the cell sheet is stretched (Figure 3C; Supplementary Movie 4), but whether or not remodeling occurs depends upon the parameters of the model. If [image: image] in Eq. 3 is infinitely large, i.e., [image: image] is zero, the time evolution equation for [image: image] is decoupled from [image: image], and the value of [image: image] is determined by the initial values of [image: image] and [image: image]. That is, [image: image] becomes a constant independent of [image: image]. In this case, the third term in Eq. 1 generates a repulsive force between vertices, and the elliptical shape is retained even in the steady state. On the other hand, if the value of [image: image] is finite, [image: image] tends to follow [image: image] according to Eq. 3, and repulsive forces coming from the third terms are weakened. Then, the cells eventually undergo remodeling, and each cell becomes round (Figure 3D and Supplementary Movie 2). The final cell configuration in the new vertex model for finite [image: image] is not necessarily the same as that in the former vertex model because the order of cell remodeling affects the final state (see Supplementary Movies 3, 5). The speed at which the system approaches the energetically minimum state depends on the value of [image: image]; the larger [image: image] is, the slower this approach. Thus, [image: image] plays a role analogous to a friction coefficient for the relative movement between the ith and jth vertices.
[image: Figure 3]FIGURE 3 | (A) The initial configuration of the cell sheet. At time t = 0, the cell sheet begins to be stretched by external forces, which are represented by the orange bars. At these bars, the cell boundaries are fixed, and the bars are shifted with time (for the movement of the bars see Supplementary Movies 3–5). (B) The final cell configuration of the sheet stretched by external forces. The cell sheet dynamics are implemented by the previous vertex model (see Supplementary Appendix 1). The time evolution equation for [image: image] is given by [image: image], where [image: image] is a constant. The parameter values used here are [image: image], [image: image], [image: image]. [image: image], [image: image], and [image: image]. (C) The final cell configuration of the sheet stretched by the external forces. The cell sheet dynamics are implemented by the present vertex model. The parameter values used here are [image: image], [image: image],[image: image], [image: image], [image: image], [image: image], [image: image], and[image: image]. (D) The final cell configuration of the sheet after being stretched by external forces using the present vertex model with finite [image: image]. The other parameter values are the same as those in (C).
CONCLUSION AND DISCUSSION
In this paper, we provided a novel formulation of the vertex model that separately treats the contraction force on the cell boundary and the strength of adhesion between cells, by considering the resting length of the cell boundary and its dynamics. We applied this vertex model to understanding the straightening of the compartment boundary observed in the fruit fly pupa and showed that the model recaptures compartment boundary straightening in response to an increase in strength of adhesion between P cells. We also used this model to examine the stretching of a cell sheet by external forces and gained insights into cell remodeling resulting from the stretch. This model has the potential to clarify points that were ambiguous in the previous vertex model. One such point is the frictional force exerted on the vertex. In the previous model, the equation for time evolution of vertex positions is obtained by assuming that total mechanical force on the vertex and frictional force on the vertex are balanced. However, the meaning and origin of the frictional force on the vertex had not yet been well discussed. The present vertex model has the potential to explain the origin and meaning of the frictional force between vertices. Indeed, as mentioned in Application 2: The Response of the Cell Sheet When Stretched by External Forces, changes in [image: image]in Eq. 3 change the speed of cell remodeling, and the meaning of [image: image]is interpreted through Eq. 3. This model could be applicable to the phenomenon [18] where E-cadherin binding protein (p120-catenin) speeds cell intercalation.
Recently, it has been reported that cell intercalation (cell remodeling) in the cell sheet is related to endocytosis at the cell boundary of epithelial cells [12, 14]. In our model, the effect of endocytosis frequency at the cell boundary is represented by [image: image] in Eq. 3. The present vertex model can be applied to the phenomenon [12] where blocking endocytosis at the cell boundary inhibits cell remodeling. Relaxation time [image: image] in Eq. 3 can be changed when expression levels of molecules associated with endocytosis, such as clathrin, dynamin, and its ortholog, change.
As demonstrated in Figure 3C, the cell sheet described by the present vertex model does not necessarily undergo cell intercalation even when the cells are largely deformed by external forces. Similar behaviors of epithelia are sometimes observed in experiments. A representative example of this is the defect in the formation of the tracheal system in the fruit fly embryo [19]. In the control case of the tracheal system, the tube consisting of epithelial cells undergoes cell intercalation and elongates along the long axis of the tube, during which the tip cells of the tube keep pulling the stalk cells toward the direction of the tip cells. The pulling forces of the tip cells were considered to a dominant factor for cell intercalation in the tube. However, expression of some molecules (e.g., Spalt) inhibits cell intercalation, and tube elongation stops at a certain length, even though the tip cells continue to pull the stalk cells [19]. This experimental result implies that for cell intercalation proceeding external forces on the cell sheet are not sufficient and other factors are necessary. We might be able to consider the factors necessary for cell intercalation through the notion of [image: image] in Eq. 3. As we stated above, molecules that change the turnover rate of cell membrane can change the value of [image: image]. It is considered that [image: image] closely relates to the strength of adhesion between cell membranes and the turnover rate of the adhesion molecules, which may be checked with the present vertex model and experimental results.
In the morphological study of multicellular organisms, it becomes more important to investigate responses of the cell sheet to external mechanical perturbations [17]; thus, more detailed research on this issue using cell-based mathematical models, such as vertex models, is expected.
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The ability of tissues and cells to move and rearrange is central to a broad range of diverse biological processes such as tissue remodeling and rearrangement in embryogenesis, cell migration in wound healing, or cancer progression. These processes are linked to a solid-like to fluid-like transition, also known as unjamming transition, a not rigorously defined framework that describes switching between a stable, resting state and an active, moving state. Various mechanisms, that is, proliferation and motility, are critical drivers for the (un)jamming transition on the cellular scale. However, beyond the scope of these fundamental mechanisms of cells, a unifying understanding remains to be established. During embryogenesis, the proliferation rate of cells is high, and the number density is continuously increasing, which indicates number-density-driven jamming. In contrast, cells have to unjam in tissues that are already densely packed during tumor progression, pointing toward a shape-driven unjamming transition. Here, we review recent investigations of jamming transitions during embryogenesis and cancer progression and pursue the question of how they might be interlinked. We discuss the role of density and shape during the jamming transition and the different biological factors driving it.
Keywords: embryogenesis, cancer, jamming, unjamming, jamming transition, physics of cancer, morphogenesis, glass transition
1 INTRODUCTION
Spatiotemporal tissue organization is crucial in various biological processes ranging from fundamental shaping of tissues during embryogenesis, tissue fluidization during wound healing, and pathological alterations in diseases like asthma [1–3] and cancer [4–6]. Sculpting biological tissues is a demanding task, from both an (epi)genetic and physical perspective. Typically, there is no external force driving tissue deformation and cellular rearrangement. Instead, the organisms and tissues generate internal forces themselves. A significant ingredient for reshaping tissues is to locally control the flux of cells while remaining in a global structurally stable state. All cells and proto-tissues are in a fluid, viscous regime; however, larger tissues require further mechanical integrity, which a fluid cannot provide.
A solid-like tissue with force and tension percolation can exert forces onto a fluid-like without compromising its structural integrity by the counter-acting forces. Conversely, fluid-like tissues can deform and shear, enabling cells to moving along or through other tissues. Losing cell-cell contacts to one cell and establishing new contacts to new cells is another primary ingredient in reshaping tissues. Without this switching of cellular neighbors, the tissue cannot fundamentally reshape and restructure.
In recent years, observations and theoretical descriptions of sudden fluidization, collective motion arrest, and solidification of tissues elucidated how tissues organize and structure. Local control of viscoelasticity, rigidity, and viscosity is necessary for shaping tissues during embryogenesis [7–10]. On the other hand, it also harbors the risk of failure when tissue does not comply with its intended viscoelastic properties, for example, diseases like cancer. The current concept toward understanding viscoelastic changes in tissues in the scientific community is that tissues can undergo a rigidity transition, similar to a phase transition. In fluids and solids, physical properties change rapidly at the transition point. Also, sudden changes in viscoelastic properties are seen in biological tissues during embryogenesis and cancer progression.
The leading theoretical framework describing rigidity transitions and sudden collective motion arrest in biological systems is the theory of a jamming transition. Despite the jamming transition is being well-defined in the condensed physics literature [11–13], the biological physics community, however, uses Jamming and Jamming Transition sometimes a rather descriptive phenomenon for an observed rigidification, solidification, or motion arrest in tissues. Unjamming and jamming transitions are currently interpreted as driving principles for dynamical tissue organization and mechanical integrity [3–6, 10, 14–19]. Here, biological cells are seen as rather densely packed, viscoelastic cells with additional properties, depending on the exact theoretical model, such as motility, adhesion, and cortical tension, as mediators for force generation and tension percolation.
Nonetheless, connecting theory and experimental observation and thus unraveling the fundamental cause of the rigidity transition in biological tissues is still a challenging task [3, 5, 20, 21]. For one, jamming and unjamming and similar theories in biological tissues made significant theoretical advances. Nonetheless, accessible experimental data is sparse; pinpointing exact causes and driving factors is complex.
In this review, we will briefly outline different theoretical interpretations of the jamming phenomena in biological tissues. We cover principles of the rigidity transition of biological systems and discuss recent findings in theory and experiment and disputed views. A key determinant in jamming debated in the scientific community is whether jamming is cell-shape- or cell-density-driven. We focus on embryogenesis and cancer progression and discuss both interpretations from experimental observations. We support jamming as a universal principle in embryogenesis and cancer, albeit the driving factors in both classes differ. We hypothesize that embryogenesis favors density-driven whereas cancer progression favors the cell-shape-induced interpretation of the jamming phenomena. We will outline open questions and investigation into the theory of jamming in biological systems in this review. For some of those, we provide mindful and tentative answers and hypotheses as an incentive for future research. As the accessible experimental data is sparse, we elucidate possible future experiments and possible contributions to deepen our understanding of the jamming phenomenon.
2 SHORT INTRODUCTION TO CELL JAMMING
2.1 Jamming in Colloidal Systems
In passive colloidal or grainy systems, jamming is the transition ranging between gas-, liquid-, solid-, and liquid crystalline-like states controlled by density and temperature [22]. With increasing density, particle motion is more and more constrained by its neighbors. When these systems reach a critical density [image: image], single-particle motion becomes caged, and the systems become solid-like. However, it is still a matter of debate whether this transition is an actual phase transition.
In the context of this review, it is decisive to understand that the critical parameter in colloid jamming is the particle density ρ or their volume fraction ϕ. The exact value of the critical parameter depends on the dimensionality of the system. Moreover, it can be modulated by external stresses σ. For instance, roundish colloids in three dimensions jam at a volume fraction of around [image: image] [23].
Remarkably, the particle shape can shift the critical parameter in colloid systems. Elongated particles need higher volume fractions to jam than roundish particles [24]—elongated particles have more degrees of freedom and need more neighbors to be constrained. In a colloid system, particle shape is usually simply given; shape-dependent effects play somewhat less of a decisive role. However, cells have highly adaptable shapes, which is one of the main reasons cell shape potentially serves as a control parameter in dense cell systems.
2.2 Jamming in Biological Systems: Density and Shape
Like colloidal systems, the extracellular space and thus the density can control the transition from an unjammed to a jammed state [10]. More extracellular space results in more uncorrelated cellular movement and fluidizes the system. Increasing the density jams the system, and cellular movement becomes confined by neighboring cells [5, 10].
A striking feature of cell systems is that they can considerably tune their number density at high volume fractions close to 100%. The cell number can increase due to proliferation or external pressure. An increase in number density is accompanied by a glass-like slowing down of cell motility in 2D monolayers [14, 25]. Similar behavior was even found in 3D cell aggregates [4, 26]. At first sight, it seems that density is the main driving factor in these systems. However, the question of how cells move at such high volume fractions close to one remains. Hard sphere colloidal jamming happens at much lower volume fractions, for example, [image: image] is the densest packing ratio for hard spheres; however, random packing of spheres will already jam at approx. [image: image] [23]. One key feature of cellular systems is their ability to adapt their shapes. Cells are viscoelastic objects and can deform and actively generate stresses to reshape themselves on the timescale of minutes. Thus, even though they can form confluent layers or 3D cell aggregates with a volume fraction close to 1, they might overcome the jamming constraints of hard spheres by elongating, thereby extending their degrees of freedom.
The concept of shape-dependent unjamming has been strengthened by many experimental studies in the last few years. The slowing-down of cellular motion was associated with more roundish cell shapes in a broad range of systems from 2D monolayers to 3D cell aggregates and primary tumor pieces [1, 3–5, 25, 27, 28]. In densely packed environments, unlike in typical colloidal systems, cells can still move if they elongate and squeeze themselves through narrow spaces (Figure 1).
[image: Figure 1]FIGURE 1 | Shape-dependent unjamming. (A) Time series of an MDA-MB-436 cancer cell nucleus (red) deforming itself to move through a densely packed three-dimensional cell spheroid. Nuclei are stained with SiR-DNA. From [4](B), monolayers of cells from asthmatic donors were more motile and had more elongated cells than monolayers of cells from healthy donors. Images were taken and adopted from Atia et al. [28]. Copyright ID 5061921078636.
Atia et al. have found that shape elongation is tied to unjamming across a broad range of biological systems [28]. They empirically find that the shape distributions in biological systems are linked to k-Gamma-distributions found in granular materials. The shape variability increases as the system unjams and decreases when the system approaches the jamming point. This indicates that the jamming transition in living systems is also driven by geometrical constraints similar to inert systems [28].
All of the mentioned studies point toward a significant role of the cell shape as a geometric constraint, thus reducing the system’s degrees of freedom leading to jamming transitions. As cells are complex living systems, cellular properties influence the cell shape and thus control the transition.
2.3 The SPV Model as the Paradigmatic Model of Shape-Dependent Jamming
Besides these experimental studies, theoretical models were developed to describe the cell jamming transition. The most influential models are arguably the vertex- and the self-propelled Voronoi (SPV) model, as they predict a density-independent and shape-dependent transition. For this reason, we want to outline the crucial features of both models. The main difference between both models is the way that they obtain the cell shapes. In the vertex model, the tissue is described by a polygonal tiling of space. The Hamiltonian depends on the vertex positions, which correspond to the degrees of freedom. On the other hand, in the SPV model, cell shapes are given by a Voronoi tessellation around the cell positions. Thus, the SPV model has fewer degrees of freedom. Nonetheless, it comes to similar conclusions. Its Hamiltonian is given by the following equation:
[image: image]
Here, [image: image] and [image: image] are the area and perimeter of each cell, their respective moduli [image: image] and [image: image], and the (theoretical) target values [image: image] and [image: image]. The models assume that the energetically favored perimeter [image: image] reflects the competition between cortical tension and cell-cell adhesion, and the target area [image: image] accounts for the monolayer’s resistance to height fluctuations. In this view, strong cell-cell adhesions and low cortical tension elongate the cells, and the system is driven toward unjamming. In the SPV model, cells can be additionally actively self-propelled. For vanishing self-propulsion, the model predicts a jamming transition for cells with a target shape index [image: image], which is similar to the vertex model [20].
Increased cellular self-propulsion, which suggests stronger traction forces, pushes the target shape index for the onset of jamming toward more roundish shapes [20]. The prediction of a collective cell motility arrest at a cell shape index of around [image: image] matched the experimental observation in monolayers [3]. Since then, the model has been refined and adapted by introducing, for example, heterogeneity of cell divisions [29, 30]. Chaing et al. also found a shape-dependent transition in a Potts model [31]. We do not want to discuss these in detail as the SPV model serves as a paradigm that explains the mechanism of shape-dependent transitions in dense tissues.
3 JAMMING IN EMBRYOGENESIS
Particularly during the early stages of embryogenesis, tissues are continuously reshaped and restructured, while cells constantly proliferate and differentiate within a single day [32]. Physical cues are guiding morphogenetic rearrangements of tissues with high spatiotemporal precision [33–37]. One key ingredient is local solidification and fluidization of tissue.
In early seminal works, Foty and Steinberg [38, 39] formulated the differential adhesion hypothesis explaining the demixing of different cell types during embryogenesis without relying on intricate biological cues and function. Instead, tissues are treated as liquids with different surface tensions and arrange according to their surface tension, like oil droplets in water. The hypothesis of differential adhesion provided an excellent initial explanation of physical guiding principles during embryogenesis [38–43]. However, cellular adhesion strength is not sufficient to fully describe physical actions in embryogenesis and tissue development [44, 45]. In this context, jamming and unjamming were proposed as processes influencing the demixing of cells [45]. Like the differential adhesion hypothesis, the jamming phenomenon is also based on adhesion forces, cell density, and shape.
The vertebrate body axis elongation is an essential step in forming the anteroposterior body axis and a hallmark of animal development [46]. The physical mechanisms that control this process are still not fully understood; however, a study by Mongera et al. showed that it might be driven by localized, mesoscopic jamming and unjamming. During the formation of the vertebrate body axis in zebrafish, the posterior tissue solidifies at the presomitic mesoderm (PSM) while proliferating at the still fluid-like mesodermal progenitor zone (MPZ) [10].
This observation matches previous studies showing a different mode of cell movement during the development of the vertebrate axis [47, 48]. More specifically, the cells in the posterior tip move randomly and individually or fluid-like. At the same time, they become slower and move collectively or instead solidify in the PSM (see Figure 2). This corresponds precisely to a jamming transition at the tip of the vertebrate body axis [48].
[image: Figure 2]FIGURE 2 | Cell movement and tissue fluidity in the zebrafish tailbud. (A) Vector map of cell velocities. (B) Local tissue velocity averaged over a 15 μm radius. (C) Cell velocity variation from local tissue velocity. The color red represents higher velocities, and arrows indicate the averaged velocity vectors in 2D. The tip of the tailbud displays higher cell velocities, more local rearrangements, and proliferation, indicating an unjammed, fluid-like state. High motility and proliferation are driving factors for unjamming tissues, as verified by Mongera et al. [10]. Images were taken and adopted from Lawton et al. [48], Copyright ID 1096693–1.
In this process, the jamming transition is spatiotemporally controlled by the extracellular space regulated by cadherin-dependent cell-cell adhesions [10, 48]. However, it remains unclear whether jamming transitions during embryogenesis are generally density-driven. The solidification along the vertebrate body axis results in unidirectional growth and elongation of the embryo. Supracellular stresses act as mechanical cues for the morphogenetic flow.
Similar to the localized proliferation and (un)jamming during the vertebrate body elongation, tissue jamming and unjamming are also present during branching morphogenesis. In this process, tubular structures are formed from remodeling epithelial or endothelial sheaths, resulting in branched structures such as ducts of the kidney, mammary and salivary glands, or lung tissue [49–51].
Other embryonic processes in which jamming transitions play a role are the ventral furrow formation in Drosophila and the early stages of gastrulation [7, 28]. This short overview shows how spatiotemporal control of fluid-like and solid-like tissue states by jamming is essential during tissue morphogenesis.
4 UNJAMMING IN CANCER
In contrast to embryogenesis, cell rearrangements within healthy adult tissues happen only rarely, for example, during wound healing. Still, in some diseases, cells regain the ability to migrate, for instance, metastatic cancer cells. Carcinomas are tumors that develop from epithelial cells. The healthy epithelium separates and protects different organs from each other. It needs to be stable, organized, and mechanically intact against external forces. From a biophysical point of view, bounding epithelium can be seen as a tissue that is in a jammed state. During cancer progression, the cancer cells start to proliferate in an uncontrolled way, grow to a solid tumor, and even migrate through the body. The transition from the stable non-motile epithelium to an unstructured, partly motile tumor can thus be seen as an unjamming transition.
The idea to link the migration of cancer cells to unjamming has already been proposed some years ago [6]. Particularly, the link between the EMT and unjamming seemed natural because, during EMT, cells detach from the solid tumor and migrate outwards, which resembles the fluidization of the tissue. However, it is still under debate if EMT and unjamming are similar processes. In a 2D model system, inducing partial EMT lead to different structural and dynamical signatures than a pressure-induced unjamming transition [1]. However, deregulation of adherens junctions and downregulation of E-cadherin in epithelial tissues, which is a crucial step during EMT, has been shown to drive invading cells toward a more unjammed state [5]. The biological processes of cancer invasion are heterogeneous, and the cells can adopt different migration modes. The physical concept of unjamming represents a unifying framework that is agnostic of molecular details.
This seems to hold for the pure tumor as well as for the compound of tumor and microenvironment. While the presence of moving cells at the invasive tumor front seems intuitive—most tumors are composed of a proliferation outer rim of cancer cells [52–54]—unjamming appears in the tumor core as well. Recent studies found fluid-like regions with correlated moving cells in tumor explants from humans and mice [4, 55]. This observation is represented in Figure 3. Here, the tracks of cancer cells in tumor explants point toward a wide variety of dynamic behavior inside densely packed tumors. This raises the question of the role of jamming and unjamming in the overall tumor stability and shape. Even though uncontrolled proliferation is a hallmark of cancer, both reports conclude that proliferation is not the driving factor for the unjamming transition [4, 55].
[image: Figure 3]FIGURE 3 | Tumors have jammed and unjammed regions. Cell migration tracks in the core of tumor explants from mice. The ex vivo tumor shows jammed regions with resting cells (yellow box) and unjammed regions with moving cells (green and red box). The unjammed areas display different migration dynamics, with high (red) or lower (green) persistence. Red numbers represent the track ID numbers. Nuclei are stained with nuclear-targeting GFP (nGFP). Scale bar 100 μm. Images were taken and adapted from Staneva et al. [55], Copyright ID 1096785–1.
Tumors often grow in close vicinity to connective and fatty tissues [56]. While only little is known about the influence of fatty tissue on the unjamming of cancer cells, connective tissue, mainly composed of ECM, has been shown to influence the dynamical behavior of cancer cells. A dilute ECM network can induce a transition to a gas-like state, where cells move individually. Denser networks result in constrained and collective motion and can even block cellular motion [5, 57].
In cancer progression, a crucial determinant in patient survival rate is the occurrence of metastasis. Metastasizing cells can be hypothesized as single unjammed cells escaping a jammed tumorous tissue. The heterogeneous vertex model predicts that single unjammed cells are relatively unlikely, and jamming is a (localized) collective property [30]. For instance, a mixture of one cell type that typically jams and another that stays unjammed would form a globally jammed layer when the mixing ratios of jammed and unjammed cells reach 4:1, thereby trapping the “fluid” unjammed cells in a scaffold of “solid” jammed cells [30, 58]. The encasement of fluid cells by jammed cells results in the percolation of the tension network, which significantly increases the rigidity of the tissue [30]. In essence, soft cells can still form rigid tissues via tension percolation and jamming, thus explaining why rigid tumors contain soft cells [6].
Particularly in the tumor cores, the question of how cells can rearrange in an already densely packed environment, near volume fraction 1, arises. In contrast to embryogenesis, where changes in density have a major role in the dynamical behavior of the cells, the cell shape is a critical parameter in dense tissues. It can be used as a marker for tissue fluidity [4]. In clinical cancer grading, the variance of nuclear shapes and sizes—so-called pleomorphisms [59]—is used as a crucial marker for the aggressiveness of tumors. The nuclear shape further correlates with the cell shape [4]. A higher grading, which implies more heterogeneous nuclear shapes, means that, statistically, the cell shapes have a higher variability if the correlation is valid for primary tumors. Since cancer cell clusters are amorphous aggregates, higher variances are accompanied by higher average values [28]. Thus, pleomorphism, that is, high variance in nuclear shapes, might be accompanied by higher cell and nuclear shapes in tumors [4, 28]. This circumstance yields a contextual link between conventional clinical cancer grading and the physics of unjamming.
5 CURRENT PROBLEMS IN CELL JAMMING
5.1 Driving Factors of the Unjamming Transition
In real biological systems and models, the number density, the volume fraction, and the cell shapes play a role in the jamming transition. However, cell shapes and densities are not intrinsic properties of cells but result from an interplay of cell-cell adhesion, substrate adhesion, cell activity (such as traction generation or contractile stress), and cell stiffness. Particularly in cancer progression, it is essential to understand which factors shape cells in a dense environment and support migration. From a physical point of view, one can ask, what are the different axes of the jamming phase diagram?
An emerging key feature of more unjammed cell monolayers is strong cell-substrate interaction combined with high traction forces. This has been shown throughout many studies in the last years [3, 25, 60, 61]. Some studies have argued that high substrate traction implies strong cell-cell adhesion to balance and transmit the high intercellular tensile stresses [3, 60, 61]. However, a recent study explicitly tried to disentangle the contributions of cell-cell adhesion and substrate traction, pointing out that the adhesion strength does not change visibly in a more unjammed monolayer [25]. Saraswathibathla et al. even demonstrated that stress fiber alignment and the related traction forces predominantly control the cell shape and, finally, the unjamming transition [25]. A possible explanation for the dominant role of traction forces could be that they are stronger than the forces at the cellular interfaces. Thus, their influence on the cell shapes prevails over cell-cell adhesion and cortical tension effects, which are important control parameters in the SPV model.
In confluent systems without any cell-substrate interaction, for example, three-dimensional cell spheroids, this substrate effect should vanish, and the role of the cell-cell adhesion becomes dominant. The predictions of the 3D-SPV model [62], however, were not confirmed by an experimental study [4]. In fact, cell spheroids built from less adhesive cells were more unjammed, and single cells could move through the spheroid (Figure 1), while the more adhesive cells formed jammed spheroids with non-motile cells [4].
In another study that tested the influence of cell-cell adhesion on the dynamics, the authors investigated a non-confluent system by placing cell clusters in a substrate and ECM environment. The strength of cell-cell adhesion clearly influenced cell behavior. Here, a decrease of cell-cell adhesion leads to more individualized and faster cell movement, more elongated cells, and fluidizes the system further (see Figure 4) [5]. Additionally, the weaker cell-cell contacts allowed the system to promote unjamming again through a density decrease [5].
[image: Figure 4]FIGURE 4 | Downregulation of E-cadherin promotes unjamming in migrating cell layer. (A) Morphology of wild-type (shNT) and E-cadherin downregulated (shCDH1) cell layers migrating at a collagen interface. The wild-type cell aggregate is almost area-filling and exhibits high spatial correlations for the long axes—the orientation—of the cells. E-Cadherin knockout cell aggregate displays density fluctuations, and cells are randomly aligned. Actin is stained in green (Alexa Fluor 568-conjugated phalloidin), while nuclei are stained in red (DAPI). The white lines visualize a cell segmentation with holes in the tissue represented by white areas. The scale bar represents 100 μm. (B) Change of aspect ratio due to loss of E-cadherin. An increase in aspect ratio corresponds to higher shape indices, thus promoting unjamming of tissue. (C) Change in cell migration velocity due to downregulated E-cadherin and promoted unjamming. Graphics and data were adopted from Ilina et al. [5].
In both studies, the authors clearly find an association between unjamming and cell shapes [4, 5], but these were not associated with higher cell-cell adhesion as suggested by the SPV [16, 62].
The question of whether cell-cell adhesion or substrate traction drives the unjamming transition can thus not be clearly answered in general. The role of cell-cell adhesion seems to be more complex than predicted by the SPV model. Some experimental evidence showed that weak adhesion supports unjamming and promotes invasive cell behavior. This behavior fits with the known role of EMT in cancer progression.
5.2 Nuclear Jamming
Cell jamming theories have consistently emphasized cell shapes rather than nucleus shapes because the whole cells are volume-filling a tissue – not the nuclei – which is a crucial element in various theories [3, 16, 28]. In other words, cells in dense tissues should be jammed, while nuclei alone would not be jammed, as their volume fraction is much lower. Recent studies, however, suggest that the nucleus might actively be involved.
The role of the nucleus in single-cell migration has been clear for quite a while. The ability of the cell nuclei to squeeze into free spaces was found to be essential for tumor progression [63, 64]. While the cytoplasm of migrating cells can move through pore sizes below 1 μm, this is not the case for the nucleus as it is the stiffest cell organelle [65–67]. The nuclear compressibility and size further limit the single-cell movement through narrow spaces [68–71]. However, the nucleus not only has a limiting effect on cell migration in dense environments. Two recent studies showed that the nucleus itself is mechanosensitive and that nuclear deformation enhances cellular force generation [72, 73]. Moreover, Staneva et al. and Grosser et al. demonstrated that cell nuclei in tumor clusters strongly deform while they move through the tissue (Figure 1) [4, 55]. Unjammed regions in tumor samples were characterized by elongated nuclei [4], typically found in elongated cells.
From single-cell movement to primary cancer samples, these observations suggest that the nucleus is actively and passively involved in jamming, potentially adding to the traditional role of nuclei shapes in cancer.
5.3 Motion Arrest or Rigidity Transition
In cell systems, the terms jamming and unjamming are often used loosely. By jamming, some authors refer to collective motion arrest [1, 3, 74] or locally caged behavior [25, 58]. Others call the collective motility arrest glass transition, avoiding the term jamming [14], or simply rigidity transition [16]. In fact, cellular systems exhibit many features typical of glasses, such as an amorphous, disordered structure, a broad range of relaxation time scales, and a flat plateau region of the mean squared displacements on intermediate time scales [14, 20, 61, 75].
A key feature of jamming is that a system that jams actually becomes solid-like. However, the connection between motion arrest and rigidity is not obvious for non-equilibrium systems such as tissues. Tissues are active matter, and various biological and physical mechanisms are intertwined and work simultaneously. They potentially react actively to external stress, for example, by fluidization. Motion, or lack thereof, cannot sufficiently determine jamming and unjamming in tissues in the sense of a true rigidity transition. Fluid-like systems are characterized by stress relaxation, whereas solid-like systems typically show no or only minor stress relaxation. So far, only Serwane and Mongera et al. have provided stress relaxation data in vertebrate body axis formation and connected the data to the jamming phenomenon [10, 76].
An epithelial sheet that moves into a cell-free area could be in a motile but (locally) jammed state. Their neighbors cage cells within the sheet while the whole sheet collectively moves [58, 77]. Conversely, tissues could be in a non-rigid, low tension, unjammed state with only minimal or vacant cell motion insufficient for active neighbor exchange [78]. The relation between rigidity and jamming is of particular interest in cancer development. Recent research has suggested that unjamming is involved in cancer progression. However, tumors are usually harder than their surroundings. Future research has still to connect the dots between hard tumors, soft cells [79], and the role of unjamming in cancer [4–6].
There might be a rather non-physical explanation why the term jamming has become popular. It is because it intuitively expresses the collective, emergent character of this transition—“clearly, jamming is not something that you can do on your own” [80].
5.4 Different Migration Modes of Unjamming
In the literature, the word unjamming is used for various dynamical behavior in biological systems. The observed migration patterns range from the collective motion of sheets or packs [1, 14, 61, 74, 81] to single-cell squeezing events [4, 25], or T1-transitions [82]. These different migration modes can be distinguished by respective characteristic velocity correlation length, migration persistence, or pack size of cooperatively migrating cell clusters.
Cells modify their polarization and migration direction through interaction with surrounding cells [18, 83], which might lead to more collective motion [18, 83]. Theoretical models take this into account by introducing an additional alignment interaction. The resulting jamming phase diagram contains four distinct phases: solid/jammed, solid flock/flowing solid/active nematics, liquid flock/flowing liquid, and liquid (see Figure 5) [61, 75]. These states represent the experimentally observed migration patterns in more detail and show that unjamming can mean different types of motion. This further raises the question of whether the dynamical signature of moving cells can give information about the interaction strength of cells?
[image: Figure 5]FIGURE 5 | Qualitative phase diagram of 2D cell monolayers at volume fraction close to 1. The phase diagram is based on [61, 75]. Control parameters are the target shape index [image: image] and the alignment interaction [image: image] with τ being the reorientation time which is the time that cells take to adjust their polarities along the direction of the velocities of the corresponding local environments. The magnitude of the motility [image: image] and its direction is indicated as arrows. Tissue approaches hexagonal-like structure for decreasing target shape factor. With increasing alignment interaction, the system displays more long-ranged directed motility. Blue cells in phase space: alignment interactions are minor, and cellular reorientations are governed by rotational diffusion. The target shape index is small yielding roundish cells. Here, cells rarely align with neighborhood velocities and are randomly oriented. The energetically favored shape index is low-yielding hexagonal-like structures. Green cells in phase space: roundish cells and hexagonal-like tissue structures are present induced by a small target shape index. High-velocity correlations yield flowing flocks of solid-like cell aggregates. Red cells in phase space: high-velocity correlations accompanied by elongated cells yield a fluid phase in which aggregates undergo coordinated motion. Yellow cells in phase space: moderate to vanishing alignment interactions and elongated cells yield a fluid phase where cells undergo predominantly random motion. Gray cells in phase space: cell interactions vanish in this phase due to the high target shape index. The cellular system behaves gas-like.
This further raises the question of whether the dynamical signature of moving cells can provide information about the interaction strength of cells.
The observed migration modes also resemble the ones seen in active nematic fluids. Self-propelled rods with a higher aspect ratio, similar to elongated mesenchymal cells, display phases of flocking, laning, and isotropic alignment with sharp phase transitions. Furthermore, the flocking motion in active nematics, although collectively moving, is internally, locally jammed [84], which can be observed in biological tissues as well [4, 10]. It should be further noticed that cellular systems might also show mixed jammed/unjammed stated as it is, for example, seen in spheroids embedded in collagen, where the core can be still jammed while the outer shell starts to melt [26, 74].
6 SHAPE- AND DENSITY-DRIVEN JAMMING IN EMBRYOGENESIS AND CANCER
In recent years, it has become clear that rigidity transitions are involved in embryogenesis and diseases. While early studies and modeling approaches had focused on 2D in vitro monolayers and 2D models [3, 14, 20, 21], crucial breakthroughs were made by several studies that observed the jamming phenomenon in 3D systems [4, 5, 10, 55, 74]. These studies comprise in vitro but also ex vivo and in vivo systems.
Early experiments pointed to different, even opposing, roles in these processes (see Figure 6). Experimentally, jamming-like fluid-to-solid transition accompanied embryogenesis [10, 47, 48, 85]. During embryonic development, cells proliferate quickly and rearrange while they differentiate into specialized cells and form stable, structured organs. The cellular stiffness increases with differentiation [86]. Eventually, proliferation and migration subside, suggesting increasing solidification in the course of embryogenesis. The tissues are in a jammed-like state.
[image: Figure 6]FIGURE 6 | Occurrence of Jamming and unjamming in embryogenesis and cancer. (A) Illustration of the lateral view of zebrafish embryo in the 10-somite stage. During periodic rapid elongations at the tail of the embryo, cells from the mesodermal progenitor zone (MPZ) transform to cells of the posterior (P-PSM) presomitic mesoderm and consecutively to anterior presomitic mesoderm (A-PSM). During this transformation, the initial cells of the MPZ slowly decrease the cell motility, filling the voids of the extracellular space, and restructuring their N-cadherin-mediated adhesion with neighboring cells resulting in increased tissue stiffness and integrity [10]. (B) Cancer progression during early stages. Growing factors like TGF-β limit the growth of normal epithelium and early-stage tumors resulting in adenomas. After losing growth-inhibitory responsiveness, tumors grow more rapidly, transforming into carcinomas in situ. Additional oncogenic mutations are acquired during rapid growth. By chance, tumor cells with specific oncogenic mutations can undergo epithelial-mesenchymal transdifferentiation in response to TGF-β and are becoming more invasive carcinomas [90]. (C) Overview of changes on tissue and cellular level during embryogenesis and cancer progression. Various processes and properties which change during embryogenesis are reversed during cancer progression, motivating the hypothesis of cancer being inverse morphogenesis [87, 88, 91].
During cancer progression, by contrast, cells de-differentiate. For instance, in cervical cancer, cancer cells de-differentiate and spread from the tissue of origin to tissues of ontogenetic proximity in reverse order to the mature derivatives of the morphogenetic fields [87, 88]. The cancer cell stiffness declines with increasing malignancy [79, 89]. Metastatic cells lose cell-cell adhesion and gain higher motility. This results in a decline in tissue integrity under further tumor growth and cancer cell invasion. These trends suggest a central role of unjamming and fluidization in cancer. Several recent studies found this effect in cancer systems [4, 5, 61, 74]. In short, many processes in embryogenesis are reversed in cancer progression, including jamming and unjamming.
Originally, the term jamming was chosen in analogy to colloidal systems that rigidify with increasing density. Cell number density in epithelial monolayers was the first driver of jamming to be reported [14]. However, observations in an asthma model have suggested cell shape as the central switch between jamming and unjamming [3]. Consequently, the SPV models [16, 20, 62] have become an inspiring driver of research that promoted a new physics: cell-shape-dependent jamming. Several years later, both shape-dependent jamming and density-dependent jamming have experimentally been found [3–5, 10, 28].
However, one can only hypothesize the potentially different roles these two mechanisms play based on the still limited evidence. Rapidly increasing cell density and the maturation and stabilization of cell-cell contacts characterized embryogenesis, solidifying the system. Experimentally, the shrinking volume of extracellular space and increasing adhesion drive jamming during zebrafish development [10] and other systems [7], in line with the global tendencies during embryogenesis. However, shape also plays a role during embryogenesis [28], especially considering 2D-like tissues such as epithelial sheets. Cancer progression and the formation of metastases show an opposing tendency: cancer starts in a dense environment. Tumors grow within an already existing organism against outside homeostatic pressure, resulting in an effective volume constraint. Thus, if cancer progression is accompanied by unjamming, the global environment suggests a more prominent shape-induced unjamming in tumors. In recent years, shape-induced unjamming was found, with several recent studies pointing to shape-dependent unjamming in tumor clusters [4] as well as complex tumor-ECM environments [5] and even asthma [3].
7 CONCLUSION AND OUTLOOK
Observed in embryogenesis and diseases, tissues continuously alter their rigidity and reshape. Solidification of tissues drives embryogenesis, whereas fluidization of cancer cells drives cancer progression, leading to metastasis. Recent findings support the concept of a jamming-like transition as a concept of tissue remodeling of rigidity and fluidity modulation. With this review, we want to shed light on the plurivalent concepts of the jamming phenomenon. While tissue (un)jamming can be induced by different intracellular (E-cadherin, RAB5A, stress fiber alignment) [4, 5, 25, 61, 74] and extracellular mechanisms such as pressure [3, 28], density [5, 10], irradiation [27], or ECM confinements [5], it has turned out to be a remarkable overarching principle that unites processes stemming from a wide variety of cues. Nonetheless, which physical quantity or parameter is the driving factor for jamming and unjamming is still debatable. Given the complexity of the biological matter, it is most likely that more than one parameter should be considered in jamming transitions. Experimental data of embryonic tissues favors cell-density whereas cancer models prefer a shape-induced explanation of the jamming phenomenon. The jamming phenomenon has likely more than one or two sides.
While theoretical models made large advancements in recent years, the experimental data needed for verification or falsification is incomplete. The biological and physical mechanisms of tissues have to be carefully dissected. Reliable quantification of jamming-related quantities is a challenging task.
Future experiments under controlled conditions should further elucidate how stresses in jammed and unjammed tissues relax. These experiments also provide the opportunity to identify (and perhaps quantify) more molecular details involved in stress relaxation in tissue. Cell-cell adhesion generates tension in tissues. Thus, density-driven cell crowding can significantly generate rigidity in tissue as predicted in vertex and SPV models [62, 92]. When the cell density increases, the number, and thus strength of cell-cell contacts increases. At a critical density, sufficient force bridges are generated, the tension network percolates and the tissue undergoes a rigidity transition [30, 93]. The rigidity percolation can also encase fluid-like cells by rigid cells, which significantly increases the rigidity of the tissue [30]. Data of local tissue rigidity current provides the most convincing link to the jamming phenomenon [10, 93] and supports the interpretation of jamming as a density-driven transition as seen in embryogenesis. As the largest and stiffest organelle, the cell nucleus harbors significant potential for the observed rigidity percolation. In models (and experiments), the feedback (loop) between nuclear deformation and cell migration/force generation is not sufficiently investigated. The nucleus and its importance in jamming were only considered in one experiment by Grosser et al. [4]. Cells, however, are mechanosensitive and adapt to the rigidity of their environment [94–96]. Thus, experiments addressing rigidity will have difficulties in dissecting physical aspects from biological aspects. On the other hand, these difficulties are also a large opportunity to link jamming to the molecular origin.
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The mechanical properties of cells are important for many biological processes, including wound healing, cancers, and embryogenesis. Currently, our understanding of cell mechanical properties remains incomplete. Different techniques have been used to probe different aspects of the mechanical properties of cells, among them microplate rheology, optical tweezers, micropipette aspiration, and magnetic twisting cytometry. These techniques have given rise to different theoretical descriptions, reaching from simple Kelvin-Voigt or Maxwell models to fractional such as power law models, and their combinations. Atomic force microscopy (AFM) is a flexible technique that enables global and local probing of adherent cells. Here, using an AFM, we indented single retinal pigmented epithelium cells adhering to the bottom of a culture dish. The indentation was performed at two locations: above the nucleus, and towards the periphery of the cell. We applied creep compliance, stress relaxation, and oscillatory rheological tests to wild type and drug modified cells. Considering known fractional and semi-fractional descriptions, we found the extracted parameters to correlate. Moreover, the Young’s modulus as obtained from the initial indentation strongly correlated with all of the parameters from the applied power-law descriptions. Our study shows that the results from different rheological tests are directly comparable. This can be used in the future, for example, to reduce the number of measurements in planned experiments. Apparently, under these experimental conditions, the cells possess a limited number of degrees of freedom as their rheological properties change.
Keywords: cell mechanics, atomic force microscopy, cell rheology, power-law, microrheology, creep compliance, stress relaxation
INTRODUCTION
The mechanical properties of cells are of great importance in a wide diversity of biological phenomena, which include cell migration [1, 2], cell differentiation [3], cell division [4], embryogenesis, and cancers [5, 6]. To investigate cell mechanics [7], a broad range of techniques have been established. Examples here are seen with beads moved by optical tweezers [8, 9], magnetic twisting cytometry [10, 11], microplate viscometry [12], cell monolayer shearing, and atomic force microscopy (AFM) [13–21]. Comparisons across techniques have revealed strong quantitative differences, even when the same parameter has been probed for the same cell type [22]. Differences in the mechanical state of the cells might be involved here. Such differences can be caused by biochemical signaling; for instance, through specific adhesion to a substrate [19, 21]. Moreover, cells actively react to deformation, which means that their mechanical properties are history dependent [23]. Probing on different time and length scales might result in large differences in cell responses that are accompanied by different mechanical properties. Cell deformation at small scales follows a linear description [46]. In this regime, the validity of a power-law description was found to hold for many different cell types [24]. Large-scale deformation requires a more sophisticated description, taking into account non-linear and history-dependent properties [23]. Accordingly, small-scale cell deformation cannot simply be integrated to obtain the response at larger scales [25].
Here, we used AFM to characterize the viscoelastic properties of living cells in a liquid environment and at physiological temperatures [26]. Depending on the shape of the cantilever used to establish the mechanical contact with the cells, AFM can be used to probe the viscoelastic properties globally [27] or locally [28]. The Hertz-Sneddon model [29] is most commonly used to extract quantitative elastic material properties from AFM measurements. However, this model assumes purely elastic materials, while cells exhibit viscoelastic properties [14, 18–21, 30]. Creep compliance [14, 31], stress relaxation [20, 32], and oscillatory microrheology [17, 18] are standard rheological tests that can been applied with AFM, thereby giving information about both the elastic and the viscous properties of the cells.
Here, we asked whether the tests performed are interdependent, such that the main parameters from these different tests are correlated. For this study, we applied well-known pharmacological agents to alter the cellular cortex, and potentially thereby also altering the mechanical properties of the cells. These drugs have been extensively characterized in other studies. Here, we were not interested in the precise working actions or properties of these drugs; rather, we used them to alter the mechanical properties of the cells to determine whether these changes are reflected by the different rheological tests in ways that are related and that can be understood. In our local probing experiments, we identified correlations and further interrelations between the parameters obtained.
RESULTS
In this study, all of the probing was performed either at the cell nucleus or at the perinucleus. We took the perinucleus as the region between the border of the nucleus and the periphery of the cell (see Figure 1A for details). At each location, we performed the different rheological methods, as schematically shown in Figure 2A.
[image: Figure 1]FIGURE 1 | Scanning electron microscopy images. (A) Schemes of AFM cantilever positioning at the nuclear (left) and perinuclear (middle) cell regions, showing also a side-view of a hTERT-RPE1 cell after membrane removal (right). (B) Representative images of the AFM cantilever (top) and the indenter (middle, bottom). (C) A representative hTERT-RPE1 cell after membrane removal at different magnifications (color-coded frames highlight the magnified regions). Arrows, exemplary actin bundles. Scale bars: (A): 10 μm; (B) top to bottom: 300 μm, 10 μm, 1 μm; (C): 20 µm (top left), 5 µm (top right), 1 µm (bottom left, black frame), 1 µm (bottom right, blue frame).
[image: Figure 2]FIGURE 2 | Methods and raw data. (A) Overview of the rheological test protocols used in this study, where either force or cell height are imposed, and the other parameters are measured. (B) Raw data from the tests in (A). Fits of Eqs 1, 6, 7, and 10 to data are in color; force (magenta), height (blue). G′ over full frequency range: black line, G′ over 1–10 Hz (approximated with single power law): dashed black line. G″ over full frequency range: red line. G″ over 1–10 Hz (approximated with single power law): dashed red line.
From analysis of the force-indentation data during the cantilever approach, the Young’s modulus E was determined using the Hertz-Sneddon model (see Supplementary Figure S1 for an example curve).
In oscillatory microrheology, the complex modulus of the cell (Figure 2B, left panel) can be described by a power-law structural damping material model [17, 33, 34]:
[image: image]
where G0 is the shear modulus scaling factor, α is the power-law exponent, which describes the fluidity of the sample, and μ is the (linear) viscosity [18]. f0 is a frequency scaling factor, assumed to be f0 = 1 Hz. The viscosity related term is known to describe the higher frequency behavior. To demonstrate that the lower frequency range can be described by a single power law, we fitted Equation 1 without the viscosity term to the data f = 1–10 Hz (Figure 2B, dashed curves), yielding G0 = 620 ± 40 Pa and α = 0.14 ± 0.02. This agrees with the fit including the viscous term (G0 = 580 ± 60 Pa, α = 0.17 ± 0.02, µ = 1.4 ± 0.1). We used the model including the viscosity term for the oscillatory microrheology analysis, but a single power law for the two time-domain related methods as described in the following.
We describe the creep compliance of the cell (Figure 2B, 2nd left panel) as:
[image: image]
where E0 is the modulus scaling parameter, which is a measure of the stiffness of the material and equivalent to the apparent Young’s modulus of the material at time [image: image], which is usually set to [image: image]. The power-law exponent β is a measure of the fluidity of the material, where β ranges from 0 for a purely elastic solid to one for a purely viscous fluid.
We describe the stress relaxation response of the cell (Figure 2B, 3rd left panel) by modelling as a thin contractile shell according to:
[image: image]
where KA is the area compressibility modulus, and γ is the fluidity. The time scaling parameter t0 is set to [image: image]. However, since a single power law was not sufficient for accurately describing the stress relaxation here (see Supplementary Figure S2), we included the cortical tension T0 as an additional parameter (see Methods for details).
More information on the formalism and the extraction of the numerical values from the experiments is included in the Methods section.
Cytoskeletal Perturbation Using Drugs
Here, we only refer to the results from the nuclear region of the cell (Figures 3A,B), as the results from probing within the perinuclear regions were similar (Figures 3C,D).
[image: Figure 3]FIGURE 3 | Selected parameters obtained from rheological tests. (A) Position of the cantilever. (B) Data for control and applied drugs for G0 and α from microrheology; E0 and β from the creep compliance; T0 and γ from stress relaxation and the proportion of cells actively responding during stress relaxation; ΔF/Δt for the active response. (C, D) Same as in (A) and (B), except for the cantilever positioned at the perinucleus. Arrows, exemplary actin bundles. n. s., p > 0.05; *, p < 0.05; **, p < 0.01; ***, p < 0.001 vs. untreated cells (ctrl) (Student’s t-tests). Scale bars (A, C): 20 µm (middle images), 1 µm (right images). Cell numbers N apply to all parameters tested by the particular protocol (including Figure 4 and Supplementary Figure S3). Cell numbers N are in the following order: Ctrl, Blebb, CalA, Y-27632, CK-666, Smifh2, LatA. Microrheology (B): N = 28, 28, 20, 29, 29, 24, 26; Microrheology (D): N = 27, 29, 26, 27, 24, 19, 22; Creep compliance (B): N = 53, 86, 38, 51, 63, 45, 40; Creep compliance (D): N = 52, 73, 34, 49, 47, 31, 43; Stress relaxation (B): N = 26, 21, 28, 23, 19, 20, 17; Stress relaxation (D): N = 22, 22, 26, 24, 15, 21, 17; Active response (B) for ΔF/Δt: N = 9, 7, 7, 16, 16, 18, 2; Active response (D) for ΔF/Δt: N = 9, 13, 8, 15, 12, 20, 3. The total numbers of cells analyzed for active responses were the same as for stress relaxation.
The inhibition of nonmuscle myosin II (NM II) using blebbistatin is expected to decrease the pre-stress of the cellular cortex [35]. Here, the addition of blebbistatin had no significant influence (Figure 3A), with the exception of an increase in viscosity μ (Figure 4). Calyculin A is reported to increase the NM II activity via inhibition of PP1 and PP2A [36]. Compared to untreated cells (control), calyculin A resulted in a significant increase in the scaling factor G0, and a decrease in the power-law exponents α and β (Figure 3B). Treatment of the cells with Y-27632 is reported to inhibit Rho-associated protein kinase (ROCK), with downstream effects on cofilin activity, for example [37]. Here, Y-27632 resulted in a decrease in the Young’s modulus E, and in the cell viscosity μ, and G0 and E0. All of the power-law exponents (i.e., the fluidities) appear to be increased by Y-27632 (Figure 3B). According to the literature, CK-666 inhibits the Arp2/3 complex [38], and its application here resulted in a decrease in E0 and μ (Figure 3B). Smifh2 inhibits formin via the FH2 domain [39], and it showed very similar effects to CK-666 here; however, in addition, Smifh2 resulted in an increase in β and a decrease in G0 (Figure 3B). Finally, treatment with the actin polymerization inhibitor latrunculin A [40] resulted in an increase in the power-law exponents α and β, while the parameters G0, E0, µ, and E decrease concomitantly (Figure 3B).
[image: Figure 4]FIGURE 4 | Viscosity μ as an additional parameter obtained from oscillatory microrheology tests at the nucleus and at the perinuclear region.
Active Responses of Cells Upon External Mechanical Stimuli
Cells are not just viscoelastic objects, they are viscoelastic objects that can actively respond to external mechanical stimuli [41]. Depending on the cytoskeletal alterations performed, active responses were obtained for 10–50% of the cells (Figure 3B, right column), which developed forces ΔF of up to a mean of 200 pN; these were reached within a time interval Δt of 8 s on average (Supplementary Figures S3B, D). Typically, the active response (if any) started after a few seconds of force relaxation, and continued until the end of the measurement (after 15 s), as would be expected [42]. Perturbation using various drugs reduced the maximum force per unit time (ΔF/Δt) compared to the control (while the majority of cells, as 50–90%, show no active responses; see Figures 3B,D). Moreover, drug perturbations enabled cells to reach their maximum active force faster than for the control if they were probed at the nucleus; however, this was slower than the control if probed at the perinucleus (compare Δt in Supplementary Figures S3B, D). This difference can be attributed to the higher cortical tension within the perinucleus that is induced by actin bundles, which were observed for all of the drug treatments (Figure 1C). Potentially, these bundles are a reason for the lower active response forces of the perinucleus compared to the nucleus (Supplementary Figures S3B, D).
Parameters From Power-Law Descriptions of the Different Rheological Tests Strongly Correlate
As the individual cells presented a large spread in their parameters, we examined the drug-induced changes as illustrated in Figures 5A–C. Here, G0, E0, and T0 correlated positively with the Young’s modulus E. The power law exponents (i.e., the so-called fluidities α, β, γ) of all of the tests correlated positively (Figures 5D,E), as did the scaling factors E0, KA, and G0. The scaling factors and fluidities were inversely correlated, as has been reported previously [20, 43]. T0, E, and µ correlated positively to the scaling factors (and inversely to the exponents α, β, γ), as shown in Figures 5D,E, which suggested universal scaling laws for living cells. Figure 5G underlines the correlation of the scaling factors (stiffnesses) and exponents (fluidities) of all three tests in a three dimensional plot.
[image: Figure 5]FIGURE 5 | Correlations among all of parameters extracted from the different rheological tests. (A–C) Correlation of the Young’s modulus to G0, E0 and T0, as determined within the nuclear region of hTERT RPE1-cells; error bars represent standard deviations. Cell numbers N are in the following order: Ctrl, Blebb, CalA, Y-27632, CK-666, Smifh2, LatA: (A) N = 81, 114, 58, 80, 92, 69, 66; (B) N = 106, 172, 76, 102, 126, 90, 80; (C) N = 75, 108, 64, 75, 78, 66, 57. (D, E) Correlations among all of the accessible parameters of all of the three rheological tests, as well as the Young’s modulus as determined within the nuclear and perinuclear region. (F) Multiplication of Pearson R coefficients of each respective pair belonging to nucleus and perinucleus. (G) Three dimensional correlations between the scaling factors (“stiffnesses”) and exponents (“fluidity”) of creep compliance (E0, β), stress relaxation (KA, γ) and microrheology (G0, α); representation of the z-axis corresponds to the color code. Cell numbers N for correlations are based on seven data points each (see A–C). Therefore indirectly, each Pearson correlation coefficient between tests in (D) and (E) is based on typically N = 500–750 single cells (addition of cell numbers for the seven (drug) conditions for two tests).
Parameters are Conserved Over Cell Regions
Statistically, it is likely that correlations will be found even if the parameter set considered is random. To rule out such effects, we repeated the experiments at the perinucleus (i.e., the region between the nucleus and the cell periphery). Almost all of the parameters of creep, stress relaxation, and oscillatory microrheology showed similar results, and we observed the same correlations (Figures 5D,E). As the probing of the nucleus and the probing of the perinucleus are independent of each other, we can conclude that the correlations presented are statistically sustainable, as represented by the multiplication of the nuclear and perinuclear Pearson R values (Figure 5F). However, the perinuclear region did lead to larger scaling factors for all of the tests (compare Figures 3B,D).
DISCUSSION
The exponents α, β, and γ from the power-law descriptions above are known as the fluidities, and they were clearly correlated (Figure 5). The scaling parameters, E0, KA, and G0 were also correlated. The scaling parameters and fluidities were inversely correlated. This agrees well with earlier studies (see Supplementary Tables S1–S4), where the inverse behaviors of the scaling parameters and fluidities have been observed for each test protocol independently [14, 18, 20]. Both creep and stress relaxation are linked to the viscous properties of the cell. At the same time, under the assumption of a linear viscoelastic material and a Poisson ratio of 0.5 that is time or frequency independent (both are usually assumed), the scaling parameters E0 and 3G0 should be identical [33]. This appears to be the case at the nucleus (Supplementary Figure S4), but not for the perinucleus. We hypothesize that this is due to the higher cortex tension within the perinucleus [44], which can lead to nonlinear material behavior [43, 45, 46], plasticity [47], or different memory effects in oscillatory microrheology when compared to creep compliance.
We see that the viscosity parameter μ correlated with the above parameters. However, the cortical tension T0 and the Young’s modulus also correlated with the fluidities (and stiffnesses). This might appear surprising, as a viscosity is a-priori independent of a stiffness; however, we have already shown that only very small deformations (i.e., of the order of 10 nm) lead to deformation size independent, “real” elasticities [25, 46]. Although large-scale deformations show in-phase, linear force-deformation relations as expected for a purely elastic body, they must be suspected of being pseudoelastic; i.e., to include a restructuring component [34, 48]. Therefore, if only a single parameter was to be used to follow cell mechanics, it would indeed appear to be justified to use the Hertz-Sneddon model, which considers elastic properties only [49–51].
For the drug-based perturbations, some of the rheological tests were more affected than others (Figure 3). In stress relaxation tests, only latrunculin A had significant effects on γ and T0 (but not on KA) (Figure 5; Supplementary Figure S3). The absence of detectable differences upon treatment with the other drugs might appear to contradict reports by others [18, 20]. We hypothesize that the statistically weaker significance of the changes in stress relaxation upon drug treatment as compared to creep and oscillatory microrheology are due to the initial approach at the relatively higher velocity (5 μm/s). Stress relaxation analysis yields different results if a cell is approached at a velocity of 0.5 μm/s [20]. Although, the differences that appear between drug-treated cells and the controls are often too small to be statistically significant, they were again consistently correlated, following a similar pattern to that discussed above. Notably, only for stress relaxation a material model with additional constant term had to be used, which is probably due to the fact that entirely different assumptions are made here (cortical shell model) as compared to the other two methods (viscoelastic half space).
For the oscillatory microrheology, the situation was different from the other two rheological tests. Oscillatory microrheology fixes the timescale of the perturbation according to the applied frequency, while the other tests probe a superposition on many timescales in a single test. This has the advantage that the frequency-dependency of the material response can be measured directly and that the measurement frequency can be adopted to the frequency range of interest [52]. However, time- and frequency-domain data are mathematical equivalents and time-domain data of the cells viscoelastic response can even be directly transformed into the frequency domain [53].
Investigation of the perinuclear region led to larger stiffness-related parameters than at the nuclear region. We hypothesize that this is a result of actin bundles under high tension within the perinucleus, as depicted in Figure 1 (perinucleus top-view, red arrowheads). This is well reflected by the increased (approximately by a factor of 2) cortical tensions T0 from nucleus (Figure 3B) to perinucleus (Figure 3D). Another explanation might be the presence of the substrate, as suggested in the studies by Garcia [54, 55], or local strain stiffening of cytoskeleton as proposed recently [56–58].
In conclusion, although different viscoelastic parameters are determined in different rheological tests, these parameters are far from independent. This suggests that cells regulate their mechanical parameters in a way that stiffening cells become less fluid at the same time.
Summary
Here, we show that the investigational methods of stress relaxation, creep compliance, and oscillatory microrheology are interdependent, since the parameter sets used for the description are clearly correlated. We analyzed the force-indentation during the initial approach to cells by Hertz-Sneddon contact mechanics [50, 59]. Although this purely elastic approach neglects viscous properties a priori, it produces a useful description. The Young’s modulus of cells is the most commonly determined mechanical parameter in AFM studies. We probed this parameter at a different approach velocity, so that viscous relaxation does not occur during the approach. We do not claim to universally explain the connections between these different rheological tests. A full study would require much more data, which is unfortunately beyond our reach to date, given the combinatorial explosion of multivariate experiments. However, we have shown that the different deformation patterns that were applied using these different methodologies are related, which indicates that the underlying connections here need to be investigated further to be fully understood.
MATERIALS AND METHODS
Cell Culture
All of the experiments were performed with retinal pigmented epithelium cells (hTERT-RPE-1; ATCC, Manassas, VA, United States ). The cell culture medium was DMEM/F12 with 1% Glutamax, 1% Pen/Strep and 10% fetal bovine serum (Thermo Fisher Scientific, Waltham, MA, United States ). The cells were incubated in cell culture flasks (Cellstar, Greiner Bio-One, Kremsmünster, Austria) at 37°C and 5% CO2. Before each measurement, low numbers of cells were plated in Petri dishes (FluoroDish, World Precision Instruments, Sarasota, FL, United States ), which were incubated overnight at 37°C and 5% CO2. The cell medium was then replaced with fresh medium with 25 mM Hepes (Sigma-Aldrich, St. Louis, MO, United States ). If a pharmacological agent was added, the cells were incubated at 37°C in air for 30 min, or for 10 min for latrunculin A.
Cellular Regions
We investigated two cellular regions within the adhered hTERT-RPE1 cells: the nuclear and perinuclear regions (Figure 1A). We defined the nuclear region as the cellular region where the nucleus was identified by brightfield illumination, using the microscopy system specified below. We defined the perinuclear region as the region between the edge of the nucleus and the cell periphery. AFM experiments were always performed within the middle of the two-dimensional projections of those regions, rather than on the edges. As the indentations were less than 10% of the cell height (which corresponds to absolute values in the range of several 100 nm; data not shown), we expected to probe predominantly the viscoelastic properties of the cellular cortex, rather than the nucleus itself, or the substrate the cells were adhered to (35-mm glass bottomed FluorDishes, Ibidi, Germany).
Pharmacological Perturbations
In this study, hTERT-RPE-1 cells were treated with a range of inhibitory drugs. Blebbistatin (20 μM; para-nitroblebbistatin; Optopharma Ltd., Hungary) inhibits nonmuscle myosin II (NM II) [35]. Calyculin A (1 nM; Cayman Chemical, MI, United States ) increases cell contractility by increasing NM II activity [36]. Y-27632 (10 μM; Biomol GmbH, Germany) inhibits Rho-associated protein kinase (ROCK), which among other effects, lead to an indirect inhibition of NM II and activation of phospho-cofilin via LIMK [37]. CK-666 (100 μM; Abcam, UK) inhibits the actin nucleator Arp 2/3 that is also involved in crosslinking of actin filaments [38]. Smifh2 (10 μM; Sigma-Aldrich, Germany) inhibits the stabilization of actin filaments via the formins [39]. Latrunculin A (0.1 µM; Sigma Aldrich, Germany) inhibits polymerization of filamentous actin [40].
AFM: Setup and Measurements
All of the AFM measurements were performed using an atomic force microscope (Nanowizard 3; Bruker, Berlin, Germany) mounted on an optical microscope (Eclipse Ti-U, Nikon, Minato, Tokyo, Japan) and equipped with a PlanFluor 40x/0.6 Ph2 objective (Nikon). The system used lever C of a MLCT cantilever (Bruker, Billerica, MA, United States ) with a nominal spring constant of 0.01 N/m, and a four-sided pyramidal tip with half-opening angle of [image: image] (axis to face) and a nominal tip radius of 20 nm (see Figure 1B). A Petri dish heater (Bruker, Berlin, Germany) was used to keep the samples at 37°C during all of the measurements. A built-in camera (ProgRes MFcool, Jenoptik, Jena, Germany) and a motorized precision stage (Bruker, Berlin, Germany) were used to identify single adhered cells. The cantilevers were calibrated using the thermal noise method [60]. Calibration and measurements were controlled with the SPM software (Bruker, Berlin, Germany). At the beginning of each measurement, the cantilever approached the samples with a velocity of 5 μm/s, until a setpoint force of 400 pN was reached. For oscillatory microrheology only, the setpoint force was readjusted after each frequency step. The low approach velocity of 5 μm/s was chosen to avoid the effects of hydrodynamic drag on the cantilever (data not shown). The measured force F was calculated from the measured cantilever deflection d as F = k*d with spring constant k. The indentation δ was determined from the vertical cantilever position z as δ = z—d and was set to zero at the contact point. As the approach velocity of the cantilever to the cell might have a significant effect on the outcome of measurements, we chose a fixed approach velocity to keep any possible influence of the approach velocity constant. We stopped as soon as the setpoint force or height was reached to perform either creep, stress relaxation, or oscillatory microrheology tests on these hTERT-RPE1 cells. As these tests probe mainly on much longer timescales than the initial indentation, they are probably independent of the initial approach, but mainly sensitive to the cell viscoelastic response. That elastic, viscous, and active cell responses have different time scales was shown earlier [12].
To analyze the AFM data, various models are available. A good overview can be found in [61]. The models we used for the data analysis are detailed in the following section.
Young’s Modulus
The Young’s modulus was analyzed using the Hertz-Sneddon model for four-sided pyramidal indenters, which was described in detail by Bilodeau and co-workers [62]. Here, the force is defined as in Eq. 4:
[image: image]
where [image: image] is the Young’s modulus, [image: image] is the Poisson’s ratio, [image: image] is the half-opening angle of the indenter (axis to face), and δ is the indentation. The Poisson’s ratio was taken as [image: image] here, and in all other methods [63–65]. As all of the AFM approach settings were identical for all of the experiments, we could have used any of the approach curves to obtain the Young’s modulus. We decided to use the approach curve of the creep compliance for this purpose.
Oscillatory Microrheology
During the AFM oscillatory microrheology measures, the oscillation frequency of the cantilever was varied. In contrast to both of the methods above, oscillatory microrheology determines the glassy transition frequency of cells. By indenting a cell with a cantilever and applying a sinusoidal excitation signal to the Piezo motors, in-phase and an out-of-phase deflection signals of the cantilever are detected [17, 18], which are used to determine the complex shear modulus, as:
[image: image]
where G′ is the storage modulus, G″ is the loss modulus, i is the complex unit, ω is the angular frequency, ν is the Poisson’s ratio (assumed to be 0.5), δ0 is the initial indentation, and θ is the half opening angle of the indenter. F(ω) and δ(ω) are the Fourier transforms of the force F and the indentation δ. Eq. 5 can be derived from Hertz-Sneddon contact mechanics for a four-sided pyramidal indenter, as proposed by Alcaraz et al. [17] and corrected by the hydrodynamic drag coefficient, measured as proposed in [16].
In these measurements, the cantilever was oscillated with an amplitude of 15 nm. The frequency was varied from 1 to 300 Hz in five approximately logarithmic steps (as 1, 3, 10, 30, 100, 300 Hz). Before each modulation, the contact force was kept constant at 400 pN for 0.5 s without any modulation. Finally, the cantilever was retracted to its initial position.
Creep Compliance
To characterize the viscoelastic properties of cells, the cell creep behavior can be investigated with the force clamp method, as described by Hecht et al. [14]. After reaching the setpoint force, the cantilever maintains a constant force for a specified time, here chosen to be 1 s, which results in increasing indentation. Subsequently, the cantilever was retracted to its initial position.
The experimental data were analyzed as described previously [14]. Briefly, the analysis assumes that the cell behaves as a power-law material with creep compliance according to Eq. 2. The force history [image: image] was fit according to:
[image: image]
where FClamp is the clamp force, tC is the time until the tip first makes contact with the sample, ΔtA is the duration of the force increase, and a is the shape parameter, as a free parameter. The measured indentation was then fit with:
[image: image]
where [image: image] is a geometrical pre-factor for a four-sided pyramidal indenter, and B is the incomplete beta function, and E0 and β are free parameters using the creep response given by Eq. 2.
The modulus scaling parameter from the creep compliance and the shear modulus scaling parameter from oscillatory microrheology are related, as indicated by [33], and according to:
[image: image]
which simplifies to [image: image] for [image: image] as assumed here [63–65].
Stress Relaxation
Stress relaxation is a method to characterize the viscoelastic properties. As soon as the cantilever reaches the setpoint force, the height of the cantilever is kept constant for 15 s, while the relaxation of the force is measured. Finally, the cantilever retracts to its initial position. The results are to a great extent independent of the AFM feedback-loop [66]. The elastic-viscoelastic-correspondence principle leads to the following expression for the overall tension σ of a shell-like structure with in-plane viscoelasticity:
[image: image]
where α is the relative area change, T0 is the prestress, and [image: image] is the stress relaxation response after Eq. 3. This hereditary integral can be solved analytically if the generic shape functions are approximated by a polynomial of the indentation depth, as described by Cordes et al. [20]. The forces can be computed from the tension as:
[image: image]
where R is the initial radius of the cell when in suspension, g(ξ) is approximated with polynomials.
Statistical Analysis and Data Distribution
Two-sample student’s t-tests were used to find significant changes in the fitting parameters after treating the cells with physiological perturbers. To determine whether linear correlations were detectable, the Pearson correlation coefficients (Pearson R) were calculated for every pair of AFM parameters (Figure 5).
As the Young’s modulus, E0, T0, KA, and G0 are log-normally distributed (see Supplementary Table S5 and [14, 20, 67]) as depicted by the shape of all of the relevant violin plots, the Pearson correlation coefficients were calculated for the logarithms of these parameters (Figure 5). Nonetheless, and of note, a direct (nonlogarithmic) comparison only minimally altered the Pearson R values (data not shown).
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Hepatic steatosis is associated with various liver diseases. The main pathological feature of steatosis is the excessive lipid accumulation. Ultrasound has been extensively used for the diagnosis of hepatic steatosis. However, most ultrasound-based non-invasive methods are still not accurate enough for cases with light lipid infiltration. One important reason is that the extent to which lipid infiltration may affect mechanical properties of hepatocytes remains unknown. In this work, we used atomic force microscope and in vitro dose-dependent lipid deposition model to detect the quantitative changes of mechanical properties under different degrees of steatosis in a single-cell level. The results show that hepatic cells with lipid deposition can be treated as linear viscoelastic materials with the power law creep compliance and relaxation modulus. Further analysis showed that even slight accumulation of lipid can lead to measurable decrease of stiffness and increased fluidity in liver cells. The accurate detection of viscoelastic properties of hepatocytes and the analysis methods may provide novel insights into hepatic steatosis grading, especially in the very early stage with reversible liver lesion. The application of viscoelasticity index for grading fat deposition might be a new detection indicator in future clinical diagnosis.
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INTRODUCTION

Hepatic steatosis is associated with various liver diseases (Sanyal et al., 2010; Hoyles et al., 2018). Some major diseases associated with steatosis include non-alcoholic fatty liver disease (NAFLD) and alcoholic liver disease (ALD) (Seitz et al., 2018; Gu et al., 2019), which are the major chronic liver diseases with a growing incidence every year. In severe cases, NAFLD can lead to liver dysfunction, hepatitis, and cirrhosis. An effective drug that can prevent and treat NAFLD has not been developed. Most patients with NAFLD may have no obvious clinical symptoms (Krawitz and Pyrsopoulos, 2020). Early control and intervention can effectively reverse disease progression. Thus, early diagnosis is highly important for patients with NAFLD.

Pathological diagnosis is the gold standard for confirming steatosis (Castera et al., 2019). This diagnosis procedure is invasive and is only used for the final determination for severe cases. However, early pathological changes usually occur in a certain part of the liver or dispersed in the liver. The recommended size for the biopsy is usually 1.5–3 cm (Rockey et al., 2009). The evaluation of focal lesions by invasive diagnosis is still affected by sampling error. Non-invasive imaging methods are widely used in clinical practice as alternative to liver biopsy (Lee and Park, 2014), and these methods include ultrasound (US), computed tomography, and magnetic resonance (MR) (Saadeh et al., 2002; Lee et al., 2010; Lee and Park, 2014; Zhang et al., 2014; Petäjä and Yki-Järvinen, 2016). The US diagnosis of hepatic steatosis is the most common imaging method, because it its widely used, safe, and inexpensive (Mazhar et al., 2009). However, US only has a reliable assessment in moderate and severe degree of steatosis (≥30%) but is not accurate for steatosis; it only meets the diagnostic criteria or is within mild degree (<20–30%; Dasarathy et al., 2009; Hernaez et al., 2011; Lee and Park, 2014). Therefore, high accuracy is still highly required in the US.

The inaccurate quantification of mild and local steatosis is related to the unclear changes in the mechanical properties of diseased liver tissue and the resolution of image feature recognition. The principle of US imaging method is based on the mechanical wave propagation in elastic media. Its propagation speed and amplitude are affected by the elastic modulus and bulk modulus of the medium. For viscoelastic (incomplete elasticity) media, the mechanical wave attenuates inside, and the attenuation speed is positively related to the viscosity of the medium (Righetti et al., 2002, 2003; Mueller, 2020b). Therefore, the US is an imaging method that is based on the differences in tissue mechanical properties. However, the imaging resolution is affected by input factors, such as wavelength, frequency, and wave constraint width. At present, the resolution of clinical device can only reach the millimeter level. Mild degree steatosis is limited to the lipid deposition in scattered cells, and reaching the resolution of the deposition area is difficult to reach, making US ineffective for the diagnosis of mild cases. The main pathology feature of liver steatosis is the excess lipid accumulation in liver. In mild cases, only local or small amount of lipid deposition is observed in hepatocytes. Therefore, the quantitative characterization of lipid deposition on the mechanical properties of liver tissue is needed for the accurate identification of mild fatty infiltration. How lipid deposition in liver cells affects the mechanical properties is essential for the accurate diagnosis of liver tissue lesions. A significant amount of work has been done in clinical practice through in vivo and ex vivo studies. Liver stiffness representing solid character has been studied as elastic moduli for years (Mueller and Sandrin, 2010). Yin et al. (2007) showed that steatosis has no effect on the stiffness of liver tissue via MRI measurements. They speculated that the stiffness range of fatty tissue is similar to the normal liver. Thus, the existence of hepatic steatosis in liver tissue has no obvious effect on the shear stiffness. A study measured by transient elastography on patients with ALD showed that steatosis is not related to liver stiffness (Rausch et al., 2016). Mueller (2020a) listed the stiffness of various living tissues quantified by elastography showed that the stiffness of fat tissue is about six times lower than that of the liver. Viscosity is another reference factor, suggesting that fat has an influence on mechanical properties. Barry et al. (2014) proved that fat adds viscosity to mouse livers and human liver samples. They suggested that the viscosity has a potential for steatosis scoring. Zhu et al. (2015) used gelatin-based phantoms containing a different ratio of castor oil to mimic different degrees of steatosis. Their results showed a viscosity increment with the addition of castor oil. However, a prospective clinical study using shear wave elastography found that viscosity has a remarkable effect with fibrosis rather than steatosis (Deffieux et al., 2015). Moreover, fat is a soft material with fluidity that lowers mechanical properties in liver tissue (Karlas and Mueller, 2020), which may help attenuate the harmful effects of mechanical energy generated by impulse waves (Mueller, 2016). Whether steatosis affects the mechanical properties of liver remains to be determined (Mueller et al., 2020).

From a perspective of materials, liver tissue is a composite material containing hepatocyte, hepatic sinusoid, perisinusoidal cells, and tissue matrix. The overall mechanical properties are related to each component as described in the sinusoidal pressure hypothesis (Mueller, 2016). However, only the hepatocytes are mainly affected by fat deposition. Thus, the mechanical properties of single hepatocyte affected by different degrees of fat depositions should be studied to quantitatively describe the relationship between mechanical properties changes of hepatic lobule and fat deposition. Furthermore, a reference value for the diagnostic criteria of fatty liver in precise localization and classifications should be provided.

Many attempts have been focused on the use of atomic force microscopy (AFM) to characterize the mechanical fingerprint of healthy, fibrosis, and malignant liver cells (Braet et al., 2018). Hepatoma cells with different metastasis ability showed disparity in terms of the distribution patterns of Young’s modulus (Tian et al., 2015). Differences in elastic modulus are found between normal liver, hepatoma, liver embryonic stem cells (Kim et al., 2013; Sun et al., 2016; Tsikritsis et al., 2016). An AFM topology study showed that the increased surface roughness and reduced cytoskeleton height are associated with curcumin-induced G2/M phase arrest in HepG2 cells (Jiang et al., 2013). These findings demonstrate the advantages of using AFM as a nanoscale measurement tool in capturing the biomechanical characteristics of liver cells. However, living cells are soft materials with rheological properties (Desprat et al., 2005). Hepatocytes are essential for whole-body energy metabolism and synthesis. The biosynthetic reaction is reflected by the composition change of cytoplasm rather than cytoskeletal structure, and this process might be difficult to capture based on transient elastic changes. Cytoplasmic component may not contribute to shear deformation of the cells, but it is highly incompressible. Considering that the cytoplasm is rich in different molecules such as lipids, carbohydrates, and proteins, dynamic changes in cell composition may be reflected in energy dissipation and time-dependent deformations. Our previous work has showed the viscoelastic differences between different cells in the liver (Bu et al., 2019). Therefore, the viscoelastic parameters may be used as indicators to distinguish cells with different lipid depositions.

The human hepatoma cell line HepG2 preserves part of the hepatic cell characteristics, and it has been widely used to study hepatocyte functions (Knowles et al., 1980). In this work, an oleic acid (OA)-induced hepatocyte deposition model with a gradient change was used to simulate intracellular lipid deposition. Following our previous study (Bu et al., 2019), we adopted a three-parameter power-law-type constitutive relation to fit the experimental measurements, and this method is better than the five-parameter classical spring-dashpot. The combination of the proposed power law expression and AFM indentation measurements on the creep compliance and relaxation modulus will provide a unique way in determining the viscoelastic properties of the HepG2 cells with different lipid deposition levels. Based on this technique, we expect that the experimental results can quantitatively reveal the dependence of viscoelastic properties of cells on their lipid accumulation.



MATERIALS AND METHODS


Cell Lines and Cell Culture

Human hepatoma cell line HepG2 (Cell Bank of the Chinese Academy of Sciences, Shanghai, China) was cultured in Dulbecco’s modified Eagle’s medium (Gibco, Thermo Fisher Scientific, United States) containing 10% (v/v) fetal bovine serum (GibcoTM, Thermo Fisher Scientific, United States) supplemented with 100 U/ml penicillin and 100 μg/ml streptomycin in an incubator (INE800749L, Memmert, Germany) containing 5% CO2 at 37°C. Cells in logarithmic growth phase were used in the experiments.



OA/BSA Complex Preparation

The OA/BSA complex solution was prepared as described before (Cousin et al., 2001; Yun et al., 2006). Briefly, 100 mM OA (Sigma-Aldrich, United States) solution was added to 10% fatty acid-free BSA (Solarbio, Beijing, China) stock solution. The mixture was incubated in a water bath for 30 min at 55°C to prepare a 5 mM OA/10% BSA complex. The solution was filter-sterilized through a 0.22-μm syringe filter (Millipore Corporation, Bedford, United States) after cooling to room temperature. The complex was used within 4 weeks.



Proliferation Assay

The proliferation rate was evaluated by 3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide (MTT) assay (Sigma-Aldrich, MO, United States). HepG2 cells were seeded into a 96-well plate (3 × 103 per well; Corning, NY, United States) and cultured for 24 h at 37°C. Then, DMEM containing different concentrations of FFA/BSA complex solution were added. After incubated for 24–72 h, 20 μL of MTT (5 mg/mL) was added to each well and incubated at 37°C for 4 h. The media was then removed, and 150 μL of dimethyl sulfoxide (Sigma-Aldrich, MO, United States) was added to each well to dissolve the crystal. The absorbance was measured at a wavelength of 570 nm by using a microplate reader (Infinite 200 PRO, TECAN, Switzerland).



Oil Red O (ORO) Staining

Lipid droplets in cells were stained with ORO staining kit (Solarbio, Beijing, China). HepG2 cells were seeded on chamber slides. After treatment for 24 h, cells were fixed with 4% buffered paraformaldehyde for 30 min and washed for three times with PBS. The slides were stained according to the manufacturer’s instructions. Morphological changes were observed under light microscopy (Olympus, Tokyo, Japan). Positive area was measured using Image J software (Version 1.52, National Institutes of Health, United States). The extent of intracellular oil lipids was measured as described by Cui et al. (2010). ORO was extracted by isopropanol. The absorbance was measured at a wavelength of 405 nm by using a microplate reader (Infinite 200 PRO, TECAN, Switzerland).



Immunofluorescent Staining

HepG2 cells were seeded on chamber slides. After treatment for 24 h, cells were fixed with 4% buffered paraformaldehyde for 30 min and washed thrice with PBS. For the detection of cell apoptosis, nuclei were labeled with Hoechst 33342 at 0.5 mg/mL for 15 min and washed with PBS. For actin cytoskeleton staining, cells were permeabilized with 0.1% Triton X-100 in PBS for 3 min and blocked with 1% BSA. The slides were stained with FITC-labeled Phalloidin (Sigma-Aldrich, MO, United States) for 1 h. Slides were sealed with ProLong glass antifade mountant (Thermo Fisher Scientific, MA, United States) and stored at room temperature for 24 h in the dark. The slides were observed under fluorescence microscope (Olympus, Tokyo, Japan). Fluorescence intensity was measured using Image J software (Version 1.52, National Institutes of Health, United States).



AFM Indentation Assay

The AFM indentation assay and the theoretical model were conducted as previously described (Bu et al., 2019). Cells were seeded and treated in sterilized 35-mm petri dishes. A NanoWizard III AFM (JPK Instruments, Berlin, Germany) was used for the creep measurements of the cells. A silicon nitride AFM cantilever (NovaScan, Chicago, United States) with a polystyrene bead of 4.5 μm diameter was used. The spring constant was 0.01 N/m. The cantilever was approached to the cell at a velocity of 50 μm/s until the preset force was reached. Once a preset force for the creep was reached, the approaching was stopped by controlling the position of cantilever base. The force was kept constant for 10 s, and the cantilever retracted at a velocity of 1 μm/s. Each cell was only approached once. At least 60 individual cells were tested in each group.



Theoretical Model and Data Processing

The hepatic cells are assumed as incompressible linear viscoelastic materials (Costa, 2003), and the stress–strain relationship can be defined through the creep compliance, J (t), which is expressed as follows:

[image: image]

Following Bu et al. (2019), we choose the power-law-type creep kernel function as follows:
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where E0 is the elastic modulus of viscoelastic material at time τ0, and β characterizes the degree of dissipation or “fluidity” of the material. If β approaches zero, then Equation (2) degrades into the Hook Law. If β approaches unity, then Equation (2) just corresponds to the Newtown fluid. In the following sections, we set τ0 to a very small timescale (∼10−5s), then E0 represents the instantaneous stiffness of the cell (Kollmannsberger and Fabry, 2011).

In AFM indentation tests, the tip of the AFM probe is considered as rigid sphere indenter, and the cells are treated as a viscoelastic half space. By neglecting the interfacial friction, the Hertz–Sneddon theory (Sneddon, 1965) is adopted to describe the indentation process. The relationship between the indentation depth, δ, and indentation force, P, can be written as (Yang, 1966) follows:

[image: image]

where R is the radius of polystyrene bead.

In our creep experiments, the indentation force can be pre-set as a step function as follows:

[image: image]

in which P0 is the amplitude of the loading force, and H (t) is the so-called Heaviside step function. By submitting Equation (4) into Equation (3), the measured creep function can be obtained as follows:

[image: image]

Notably, J (t) in Equation (5) is obtained by performing ensemble average on sufficiently large number of independent experiments.

Figure 1 shows the process of a single-cell indentation. Contact point is defined as the moment when the indenter first contact with the surface of cells, where Z is the vertical height of cantilever base, and Z0 is the value of Z just at the contact point, d is the cantilever deflection at the location of tip, and d0 is its value at contact point. Then, the indentation depth δ can be expressed as follows:


[image: image]

FIGURE 1. Schematic of creep experiments on living cells. (A) Schematic of the indentation experiment. (B) Indentation force and Z-position of the cantilever base in the creep measurements.
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We assume that the cantilever is deformed like a Hookean spring with elastic constant, k. Then the indentation force and cantilever deflection can be related as follows:

[image: image]

where d′ = P0/k + d0. By keeping the indentation force constant, P0, the creep compliance can be obtained as follows:
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Statistical Analysis

All statistical analyses were performed using SPSS 26 (IBM, NY, United States) and GraphPad Prism software 7.0 (GraphPad Software, CA, United States). Data were expressed as means ± standard deviation. Statistical comparisons of the results were carried out using one-way ANOVA followed by the Bonferroni correction. P-value of < 0.05 was considered statistically significant.




RESULTS


Toxicity of OA on HepG2 Cells

Cytotoxicity assay was carried out to determine the dose-dependent response of OA on HepG2 cells. As shown in Figure 2A, HepG2 cells exposed to OA concentration lower than 1.5 mM did not show proliferation inhibition after 24 h. Cells exposed to 2 and 2.5 mM reduced the viability rate at 24, 48, and 72 h significantly. Hoechst 33342 staining was used to detect apoptosis after 24 h (Figure 2B). Mitotic cells were incidentally detected. Cells exposed to OA concentration higher than 1.5 mM showed increased chromatin condensation, nuclear fragmentation, and apoptotic bodies after 24 h. The majority of cells nuclei morphology showed no apparent abnormality under 1.5 mM. Therefore, a concentration lower than 1.5 mM and time of 24 h were chosen as the optimal conditions to observe the dose-dependent effect of HepG2 cell lipid deposit.


[image: image]

FIGURE 2. Toxicity of OA on HepG2 cells. (A) Proliferation ratio of HepG2 cells treated with different concentrations of OA for 24, 48, and 72 h. (B) The evaluation of apoptosis for 24 h. Hoechst 33342 was used to stain the nuclei. Apoptotic cells were indicated by white arrowheads. Images taken at 10 × magnification. Scale bars: 100 μm. Experiments were performed in triplicates in three independent experiments. *p < 0.05, compared with the control groups.




OA Increased Lipid Deposition on HepG2 Cells

We performed ORO staining to determine the intracellular lipid deposit for OA-induced lipid accumulation (Figure 3). Treatment with OA induced obvious fat deposition in HepG2 cells. The scattered lipid droplet increased the density and size with OA concentration. Considering the excessive deposition of lipids, lipid droplet fused into larger lipid vesicles, or the nuclei were pushed to one side (Figure 3A). The positive staining area of ORO staining showed an increase from 0.12% ± 0.02% to 31.17% ± 1.75% (Figure 3B). The extent of ORO staining quantified by spectrophotometry also confirmed that OA could induce different proportions of intracellular lipid deposition (Figure 3C). The amount of ORO extracted in the 2 and 2.5 mM groups was reduced compared with the 1.5 mM group, and this phenomenon was related to the decrease in the total cell number. The absorbance was significantly higher than the control group (p < 0.05). Therefore, the in vitro model of lipid accumulation established by OA can simulate the main characteristics of human fatty liver in a dose-dependent manner for further analysis.
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FIGURE 3. Effects of OA concentration on lipid accumulation in HepG2 cells. (A) ORO staining results of HepG2 cells treated with different concentrations of OA for 24 h. Red staining represents lipids. Images taken at 20 × magnification. Scale bars: 50 μm. (B) Positive staining area of ORO staining. (C) Extent of ORO staining quantified by spectrophotometry. Experiments were performed in triplicates in three independent experiments. *p < 0.05, compared with the control groups.




Effects of OA on Actin Cytoskeleton Arrangement

The actin cytoskeleton arrangement was observed by phalloidin staining (Figure 4). Each group showed parallel bundles of stress fiber in HepG2 cells (Figure 4A). With the increase in concentration, the directional arrangement of the stress fiber remained. The density of actin bundles decreased in the 1.5 mM group, and the nuclei appear as chromatin condensation, suggesting the occurrence of apoptosis. The analysis of fluorescence also showed a weaker intensity in the 1.5 mM group (p < 0.05; Figure 4B). Therefore, the actin filaments may not show a marked change within a certain concentration of lipid deposition.
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FIGURE 4. Effects of OA on actin cytoskeleton arrangement for 24 h. (A) FITC-labeled Phalloidin was used to stain F-actin. Hoechst 33342 was used to stain nuclei. Images taken at 40 × magnification. Scale bars: 20 μm. (B) The mean fluorescence intensity of F-actin. Experiments were performed in triplicates in three independent experiments. *p < 0.05, compared with the control groups.




Effect of OA on the Viscoelastic Response of HepG2 Cells

Figure 5A shows the average indentation depth of HepG2 cells as a function of time after the given different concentrations of OA. Under the same experimental conditions, the creep compliance increased with OA concentration. The power law model was used to fit the experiment as previously described. Two parameters were obtained, namely, the effective pre-factor compliance (1/E0) at time τ0, and the power law exponent β. The 1/E0 and β-values showed an increased tendency with lipid accumulation (Figure 5B and Table 1).
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FIGURE 5. Cell viscoelastic feedback under different concentrations of OA in AFM creep measurements for 24 h. (A) Changes of indentation depth as functions of time after treatment of HepG2 cells with different concentrations of OA. The circle marks represent the average of at least 60 indentation tests. Three independent experiments were performed. (B) Creep compliance response of HepG2 cells after dimensionless.



TABLE 1. Least-square fitting parameters for the power-law model.
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DISCUSSION

Steatosis is recognized in multiple liver diseases and characterized by the deposition of fat droplets (Petäjä and Yki-Järvinen, 2016). The diagnosis for steatosis is important for the early prevention of various liver diseases (Diehl, 2010). In the present work, we used a hepatocyte deposition model with a gradient change to simulate intracellular lipid deposition. In comparison with other fatty acids such as palmitic acid, OA has higher lipid deposition effect and is less damaging (Ricchi et al., 2009). Therefore, OA was selected to amplify lipid deposition and reduce the apoptosis at a certain concentration. The semi-quantitative analysis of ORO staining showed an increased positive area from 3.64 to 19%. The AFM results showed that cell viscoelasticity is obviously concentration-related with lipid accumulation in cells, even when the lipid content is very low. Therefore, viscoelastic parameters can be used to classify light lipid deposition, providing a new insight into the classification of hepatic steatosis, especially in the early stage of the disease.

A significant amount of work has been done in non-invasive diagnostic methods in fatty liver. Yin et al. (2007) demonstrated that softer adipose tissue did not affect the overall stiffness of the liver. The stiffness range of fatty tissue is similar to the normal liver, indicating that the existence of hepatic steatosis in liver tissue does not directly affect the shear stiffness. Barry et al. (2014) found that fat can increase the viscosity of mouse livers, indicating that the viscosity may result in steatosis scoring. Zhu et al. (2015) used gelatin-based phantoms containing different ratios of castor oil to mimic different degrees of steatosis. Their results showed that Young’s modulus decreases, whereas viscosity increases with increasing oil ratio (Zhu et al., 2015). The application of fluorescent probe to visualize intracellular viscosity also proved that fatty liver presents significant fluorescence compared with the healthy liver, indicating the high viscosity in fatty tissue (Yin et al., 2019). Although significant progresses have been made on qualitatively characterizing the mechanical properties changes in liver tissue during hepatic steatosis, both analysis methods and quantitative results are very limited for the accurate evaluation of the status of lipid deposition in single cell level. The present results on the changes of softness and fluidity of HepG2 cells clearly show the quantitative dependence on lipid deposition. This quantitative rule effectively eliminates the interference of the complexity and uncertainty of the mechanical microenvironment of liver tissue, accurately explains the quantitative relationship between the lipid deposition and the changes of observable mechanical indices during fatty liver disease progression, and provides valuable basis for the clinical diagnosis of this disease in the future.

In addition, as the primary structure to maintain the morphology of cells, studies have focused on the mechanical behavior caused by the remodeling of cytoskeleton (Satcher and Dewey, 1996; Rotsch and Radmacher, 2000; Pegoraro et al., 2017) and confirmed the major contribution of actin filament in cell elasticity (Kim et al., 2013; Grady et al., 2016; Sun et al., 2016). However, apart from cytoskeleton and binding proteins, subcellular organelles and crowding protein in cytoplasm may contribute to the rheology of the cells. These components are directly correlated with physiological and pathological process and hard to be solely defined in terms of elastic parameters. Our results showed that the effect of lipid accumulation on the actin might be limited in a certain degree, while mechanical response changes over time. According to soft glassy rheology theory, the degree of internal disorder in the cell can regulate its rheological behavior. Considering that the power-law constitutive relation is adopted, such a rheological behavior can be reflected by the power-law exponent, β, as shown in Equation (2) (Kollmannsberger and Fabry, 2011; Efremov et al., 2020). The cells behave more fluid-like when β is close to 1 and more solid-like when β approaches 0 (Kollmannsberger and Fabry, 2011). To investigate whether the rheological behavior changes with the intracellular environment, we altered the cellular components by adding lipids. Our results showed that the liver cells tend to be more fluid-like as the lipid concentration increases. The deposition of lipids occupied a limited intracellular space, thus possibly leading to aggravated intracellular crowding. This assumption matches the experimental trends in which lipid accumulation increased with β.

Our phalloidin staining results revealed that F-actin remained intact within a certain degree of lipid deposition, whereas the values of 1/E0 and β increased with increased lipid deposition. Therefore, the contribution of actin cytoskeleton to the increased 1/E0 might be limited in our study. The 1/E0 value increased when the cytoskeleton remained unchanged possibly because of the proportion competition between the “hard-phase” (cytoskeleton) and the “soft-phase” (lipid) in the cells. As the lipid deposition increases, the “soft-phase” becomes increasingly dominant, resulting in the decrease in stiffness and increase in 1/E0. This finding explains the observed 1/E0 increase with the OA concentration in a dose-dependent manner. Interestingly, these changes in mechanical properties were mostly caused by the intracellular lipid deposition, rather than the cytoskeleton remodeling, thus providing a new insight into the understanding of the viscoelastic properties of liver cells.

In summary, we discussed the possibility of using viscoelastic feature of single cells to describe the hepatic steatosis. The results showed that the degree of lipid deposition in liver cells was quantitatively correlated with elastic compliance and power-law parameters of the viscoelasticity. The viscoelastic property change in single cells may provide an important potential choice for early hepatic steatosis grading, and the viscoelasticity index might be an accurate detection indicator.
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Characterizing the mechanical properties of tissues is key for the understanding of fundamental biological processes such as morphogenesis or tumor progression. In particular, the intercellular adhesion forces, mediated by transmembrane proteins like cadherins, are expected to control the topology and viscoelastic behavior of tissues under mechanical stress. In order to understand the influence of adhesion in tissues, we use biomimetic emulsions in which droplets mimic cells and adhere to each other through specific bonds. Here, we tune both the binding energy of the adhesive inter-droplets contacts as well as the fraction of contacts that are adhesive, thereby defining a so-called adhesiveness. Our experimental results show that adhesion prevents the emergence of local order in emulsions even at high packing fractions by preventing energetically costly droplet rearrangements. By studying the deformation of droplets within packings with different average adhesiveness values, we reveal the existence of a threshold value of adhesiveness above which all droplets in a packing are deformed as adhesive ones irrespective of their local adhesive properties. We show that this critical adhesiveness coincides with the threshold for percolation of adhesive structures throughout the tissue. From a biological point of view, this indicates that only a fraction of adhesive cells would be sufficient to tune the global mechanical properties of a tissue, which would be critical during processes such as morphogenesis.
Keywords: viscoelasticity, biomimetic emulsions, adhesion, biological tissues, deformation, percolation, topology
1 INTRODUCTION
The macroscopic response of tissues is characterized by an elastic response at short timescales and a plastic one at long timescales, during which cells undergo rearrangements [1]. Deciphering the mechanical properties of tissues will help gain a better understanding of key biological processes including morphogenesis [2], wound healing [3] or cancer invasion [4]. Indeed, previous studies showed that proper embryo development requires a precise spatiotemporal tuning of the viscoelastic properties of the tissue [2, 5]. In particular, spatiotemporal changes in material characteristics like elastic modulus, yield strength or viscosity can strongly affect morphogenetic processes like tissue spreading or body axis elongation [6–9]. In addition to the regulation of force generation in tissues, regulating material properties thus offers a mechanism for controlling morphogenesis.
At the scale of the tissue, this viscoelastic behavior depends on the physical properties of the individual cells as well as on their adhesive properties through cadherin homophilic interactions. Moreover, cells respond to an applied force through mechanotransduction processes [10], thus providing a feedback loop between the exerted forces and the mechanical properties of the tissue. The viscoelastic response of a tissue is therefore controlled by both biochemical pathways [11–13] and biomechanical processes [14], relying on the interplay between forces at the scale of single cells [15, 16] and cell-cell adhesion [17, 18]. In order to deepen our understanding of these complex processes, it is thus important to characterize the properties of biological tissues from a materials standpoint and to decipher the role of intercellular adhesion on the tissues properties. Further, changes in tissue properties can be fast and drastic, whereby a small change in properties at the cellular scale can lead to large changes in the macroscopic properties of the tissue. Recent approaches have therefore tackled the study of tissue mechanics by using the language and tools of phase transitions to highlight potential unifying principles.
The idea that the mechanics of tissues can be understood within the framework of a jamming or a rigidity transition scenario is now widely accepted [19–23]. For inert materials, the phase behavior of particulate systems is primarily controlled by the particle or droplet volume fraction ρ. Indeed, above a critical volume fraction ρc, a disordered solid develops a non-zero yield stress below which the material responds elastically and above which it flows plastically [24–28]. The distance to the jamming point (ρ − ρc) generically governs the mechanical response of these disordered systems [24, 26, 29–31]. Recently, the existence of a connection between jamming and geometry spanning both inert particulate systems and living systems was conjectured [22]. Like in jamming for inert particles, jamming in epithelial tissues was linked to caging by immediate neighbors, propagating force chains and cooperative cellular dynamics. For instance, in vitro epithelial monolayers were shown to display density-dependent glassy dynamics [32–35]. Further, a recent study argued that the zebrafish blastoderm morphogenesis is governed by a tissue rigidity phase transition which is successfully predicted by a rigidity percolation theory on the basis of the local cell connectivity network [23].
Intercellular adhesion was shown to be one of the key components of jamming in biological tissues during development, highlighting the role of adhesion on tissue rigidity [8, 23]. The maturation and strengthening of cell-cell and cell-substrate adhesions has thus been shown to lead to the jamming of amorphous configurations in confluent epithelial tissues [34]. Moreover, computational models of confluent tissues based on the active vertex model class also display rigidity transitions controlled by cellular motility properties on the one hand, and the balance between intercellular adhesion and cortical tension on the other hand [36–38]. Likewise, adhesion was shown to stabilize higher order vertices in cell tilings, which in turn is linked to the fluid-to-solid transition of the tissue [39].
However, a quantitative approach to decipher the role of adhesion on the rigidity or jamming of tissues is difficult to reach since the binding energy between cells is not readily accessible. Moreover, the topological properties of tissues cannot generically be tuned independently of other parameters. The development of computational or biomimetic approaches is thus useful to study the role of adhesion on the structure and mechanics of biological tissues in a quantitative manner. The effect of attractive interactions in model soft matter systems has been probed experimentally and through simulations; it has been shown to drastically change the nature of the jamming transition [40–43]. For instance, normal attraction forces have been shown to stabilize structures below isostaticity in granular packings, leading to a higher compactivity [40, 44]. Furthermore, attractive emulsions have been shown to display soft gel-like elastic structures capable of sustaining stresses below isostaticity [45–48]. Finally, a recent computational model also highlighted the crucial role of tension fluctuations for tissue rigidity transitions [49], by using a framework derived from deformable particle approaches [50, 51] and explicitly introducing adhesion between the cells.
In this context, biomimetic emulsions have been developed to reproduce in vitro the mechanical and adhesive properties of cells in tissues [52]. These systems have shed light on the importance of compressive forces for adhesion growth within tissues and can serve as a general platform to study surface interactions through biological proteins [53]. More recently they have also probed the elasto-plastic response of tissues under mechanical stress [54] and revealed a global polarizing effect of adhesion in elongating tissues [55].
In this work, we use biomimetic emulsions in order to probe the influence of adhesion on the structure and droplet deformations in static 2D packings. We use different types of binders between the droplets, which allows us to tune not only the binding energy between the droplets, but also the number of adhesive contacts one droplet can establish with its neighbors, by varying the proportion of droplets carrying complementary binders in the emulsion. Inspired by Ref.  [56], we characterize packings via their adhesiveness. Interestingly, we find that adhesion impairs local crystalline order even in emulsions at high packing fractions, suggesting that the presence of adhesion patches hinders emulsion remodelling, in agreement with our previous work [55]. We also show that an increased binding energy or an increased proportion of adhesive contacts in the packing lead to an increase in droplets deformation as a function of their local packing fraction. However, for any given experimental condition, i.e., one type of binder and a fixed proportion of complementary droplets, all the droplets in the packings exhibit the same deformation level independently of their local adhesive neighborhood. We relate this property to a threshold adhesiveness above which the adhesive contacts between droplets form a percolating network in the emulsion. From a biological standpoint, this suggests that tuning the adhesive properties of only a fraction of the cells could affect the global mechanical behavior of a tissue.
2 MATERIALS AND METHODS
2.1 Emulsion Preparation
An oil-in-water emulsion stabilized by Sodium Dodecyl Sulfate (SDS, Sigma Aldrich) was first prepared by emulsifying silicone oil (50 cSt, Sigma Aldrich) in a 10 mM SDS solution, using a pressure emulsifier as described in [54]. The droplets stabilization was then modified by replacing the SDS with a mixture of egg L-α-phosphatidylcholine (EPC) lipids and DSPE-PEG(2000)-biotin lipids from Avanti Polar Lipids, at a mass ratio of 9:1, using the protocol described in [55]. At the end of this stabilization process, we obtain an emulsion of phospholipid-stabilized droplets in a 10 mM Tris, pH = 7.2 ± 0.2, 1 mM SDS buffer (referred thereafter as TS buffer) and we let it cream for the functionalization steps. The resulting droplets exhibit a mean diameter of 33μm, with an 18% polydispersity (see Supplementary Figure S1 for the size distribution).
2.1.1 Streptavidin Functionalization
In order to graft streptavidin onto the biotinylated lipids distributed on the droplets surface, 7.1 μL of Alexa Fluor 555-conjugated (Invitrogen) was added to 193 μL TS buffer and 50 μL of creamed biotinylated emulsion. The droplets were incubated during 1 hour at room temperature in the dark, and mixed gently once every 10 minutes in order to re-suspend the creamed emulsion. After incubation, the emulsion was washed by removing the 200 μL of aqueous lower phase, and subsequently adding 200 μL of TS buffer. This washing step is repeated 3 times to remove all unbound streptavidins that could remain in the water phase, leaving an emulsion of droplets partially covered with fluorescent streptavidin (see Figures 1A,C). In order to induce adhesion between the droplets, the TS buffer is replaced by a buffer supplemented in Magnesium (10 mM Tris, 1 mM SDS, 2mM MgCl2, pH = 7.2), hereafter named TM2S buffer.
[image: Figure 1]FIGURE 1 | Experimental setup—Sketch of adhesive droplets functionalized with streptavidin (A) or DNA binders (B). (C) Confocal image of a 2D packing of droplets stabilized with fluorescent streptavidin. (D) Confocal image of a 2D packing of droplets functionalized with C and D DNA sequences labelled respectively with Alexa Fluor-555 (red) and -488 (blue) streptavidins. In (C, D), brighter patches at droplet-droplet junctions denote adhesion patches enriched in fluorescent binders. (E) Side-view of the experimental chamber, (F) Sketch of a top view of the experimental chamber containing a packing of complementary DNA-functionalized droplets.
2.1.2 DNA Functionalization
DNA-functionalized droplets were prepared as described in [57] (see Figures 1B,D). DNA sequences consisted in a non-sticky biotinylated 49 base pairs (bp)-long backbone followed by an 11 bp-long sticky end. The 49 bp-long backbone can be hybridized with its complementary sequence (CS) to create a rigid double-stranded backbone. We used three complementary sticky ends:
C: 5′ GGA TGA AGA TGA GCA TTA CTT TCC GTC CCG AGA GAC CTA ACT GAC ACG CTT CCC ATC GCT A Biotin-3′
D: 5′ CAT CTT CAT CCA GCA TTA CTT TCC GTC CCG AGA GAC CTA ACT GAC ACG CTT CCC ATC GCT A Biotin-3′
D′: Biotin-5′ AGC ATT ACT TTC CGT CCC GAG AGA CCT AAC TGA CAC GCT TCC CAT CGC TAC ATC TTC ATC C 3′
CS: TAG CGA TGG GAA GCG TGT CAG TTA GGT CTC TCG GGA CGG AAA GTA ATG C.
The C sequence complements both D and D′ (see slanted parts of the sequences for C/D and C/D′ complementarity), as sketched in Figure 1B.
In order to functionalize the droplets, the DNA sequences C, D or D′ were first hybridized with their complementary backbone CS: 113 pmol of CS and 113 pmol of C, D or D′ were incubated together in 200 μL of 10 mM Tris, 1 mM SDS, and either 4 mM or 2 mM MgCl2 buffer (TM4S or TM2S buffer), for 45 min at room temperature. These proportions were chosen so that DNA strands and streptavidins are in 1:1 proportions and the streptavidin-DNA complexes occupy theoretically at most one fourth of the total droplet surface. Note that only three experiments were carried out with the TM4S buffer. However, none of the experimental measurement differed between 2 and 4 mM MgCl2. Only the kinetics of streptavidin patches formation was impacted. Patches were formed in both cases well below the 45 min incubation before observation. Therefore, we pool together all experiments carried out with 2 and 4 mM MgCl2 magnesium for a given ratio of droplets functionalized with complementary DNA strands.
Fluorescent streptavidin was then added to the DNA sequences. To do so, 7.1 μg of Alexa-488 streptavidin or Alexa-555 streptavidin at 1 mg/ml was added to the solution, and incubated during 1 h at room temperature in the dark to combine with the biotinylated end of the DNA sequences. The C sequence was associated to the Alexa-555 streptavidin and the D sequence to the Alexa-488 streptavidin, as shown in Figure 1D.
Finally, 207 μL of the DNA solution was added to 50 μL of creamed biotinylated droplets, and incubated for 1 hour at room temperature in the dark, with a gentle agitation every 10 min to re-suspend the droplets. These proportions were chosen so that DNA strands and streptavidin are in 1:1 proportions, and the streptavidin-DNA complexes occupy theoretically at most one fourth of the droplet total surface. After the final incubation, the droplets are rinsed with the same buffer 3 times as described above. Immediately before the experiment, the two populations of complementary DNA droplets are mixed together (see Figure 1D).
2.2 Experimental Set-Up
The experimental chamber for 2D packings is made with a glass slide and a coverslip separated by two lateral 30 μm high adhesive spacers (polymethylmethacrilate -PMMA-film, Goodfellow) as illustrated in Figure 1E,F. A solution of 0.5 mg/ml casein (β-casein from bovine milk, Sigma Aldrich) is first injected inside the chamber to prevent non-specific interactions between the droplets and the walls of the chamber and left aside for 15 min. The chamber is then rinsed with water and dried under nitrogen.
For all droplet types, the functionalized emulsion is resuspended in a water/glycerol solution (60:40 v:v), with the same composition as the desired buffer: TS buffer for non-adhesive streptavidin covered droplets, TM2S for adhesive streptavidin droplets, TM4S or TM2S for adhesive DNA droplets. The use of glycerol in the continuous phase ensures that the optical index of the water phase better matches that of the silicone oil in order to improve droplet edges visualization. This emulsion (≈10 μL) is then injected in the chamber which is subsequently sealed with hot wax (Dental Sticky Wax from Kerr). We then acquire 2D fluorescence images of the droplet packings through spinning-disk confocal microscopy (Spinning Disc Xlight V2, Gataca systems), using a ×20 objective.
2.3 Image Analysis
2.3.1 Image Segmentation and Shape Measurements
Raw images are segmented using Ilastik [58], as illustrated in Supplementary Figure S2B. Segmented images are then skeletonized to obtain a binary image of the contour of droplets and a surface Voronoi tesselation is performed on the segmented images with Fiji (see Figure 2A and Supplementary Figure S2C). All subsequent image analysis are performed with the Sci-kit image Python module. At this stage, the size and circularity 4πa/p2 are calculated for all binarized objects, with p the perimeter and a the projected surface of the identified objects. We detect two kinds of objects: voids (typical area 25μm2, typical circularity 0.45) and droplets (typical area 700μm2, typical circularity 0.9). Only the objects with an area larger than 253 μm2, (i.e., a radius r > 9μm, the size of our smallest droplets) and a circularity larger than 0.67 are classified as droplets. Droplets whose Voronoi cell touch the border of the image are also excluded from the analysis.
[image: Figure 2]FIGURE 2 | Image analysis—(A) Surface Voronoi analysis (yellow lines) of a packing of complementary droplets coated with C (red droplets) and D (blue droplets) DNA sequences. Local coordination, number of adhesive contact and the resulting adhesiveness are given as an example for three droplets in the packing. The number of adhesive contacts za is here given by the number of surrounding droplets exhibiting a complementary color to the central droplet and a local increase in fluorescence at the contact site with the central droplet. (B) Illustration of void analysis displaying a 3-sided (red), a 4-sided (green) and a 5-sided (blue) void in a DNA droplets packing. (C) Global adhesiveness Qg calculated over all droplets in all images acquired as a function of the chosen ratio of complementary DNA droplets. Qg grows as the ratio is increased from 1:9 to 1:1. The global adhesiveness calculated for the streptavidin packings Qg = 57% is shown with the yellow dashed line.
We next calculate the shape parameter [image: image] for each droplet in the packing. In order to smooth out the roughness due to pixelation of the images, the perimeter of the droplets is computed using the method described in [55]. Briefly, a Savitzky-Golay filter is applied to the contour to smooth it out, then the contour is locally approximated with osculating circles, as illustrated in Supplementary Figure S2G, S3. This contour is then used to compute the perimeter and area of the droplet. Finally, the local packing fraction ρl is computed for each droplet as the ratio between the droplet area a and the corresponding Voronoi cell area.
2.3.2 Neighborhood and Adhesion Patches Measurements
The Region Adjacency Graph [59] module from the Sci-kit image Python package [60] was used to determine the neighborhood properties in the packing, as illustrated in Supplementary Figure S2D. In particular, for a given droplet, the number of neighbors n refers to adjacent Voronoi cells. Within those neighbors, a number of droplets are in direct contact with the central one, thus defining its number of contacts z, i.e., its coordination number (see Supplementary Material for more details).
For every droplet-droplet contact, we detect the presence of an adhesion patch by comparing the fluorescence intensity in the contact to the one on the free surface of the droplet. For two droplets of the same color, we identify a binding patch if the fluorescence intensity at the droplet-droplet contact is at least twice larger than the intensity on the free surface (for more details, see Supplementary Material and Supplementary Figure S4). Moreover, we only consider patches that are larger than 1 μm2 in order to exclude artifacts such as small protein aggregates (see Supplementary Figure S2F for an example of detected patches and aggregates). For DNA complementary droplets of different colors, the fluorescence intensity in the patch is not additive. We identify a binding patch when the intensity in the patch is 1.5 times larger than the intensity on the free surface for each color. This threshold was chosen using the intensity histogram of the image, and adjusted by trial and error to match the patches detected by eye, as is explained in more details in section 2.4 of the Supplementary Material.
The local adhesiveness of a droplet Ql is defined as the ratio between its number of contacts displaying an adhesive patch za and its total number of contacts with the surrounding droplets z (see two examples in Figure  2A).
2.3.3 Void Measurements
Regions discarded from the droplet analysis are the void areas between droplets. We excluded all the voids touching the border of the images from the analysis. For each void, we counted the number of corners detected with a Harris corner detector [61], and assumed that the number of corners was equal to the number of sides of the voids, as shown in Figure  2B. Then for each image, we measured the packing fraction (as the total area fraction of the droplets on the image), and the probability of a void having n sides on the image.
2.4 Experimental Conditions
Two-dimensional packings of droplets were prepared as described in the Materials and Methods section. Six distinct experimental conditions were explored in order to tune the number of adhesive droplet-droplet contacts in the packings. To do so, we used droplets coated with streptavidin or DNA complementary strands and, in the latter case, explored a range of ratios for the droplets carrying each strand of DNA. For each condition, we calculated the resulting global adhesiveness Qg by averaging the local adhesiveness of all droplets in all images corresponding to a given experimental setting (for instance one given ratio of complementary DNA droplets).
Packings of non-adhesive droplets were prepared by using streptavidin coated droplets in the absence of the salts necessary to trigger adhesion (in the so-called TS buffer). In the absence of salt, it was shown that compression could lead to biotin-streptavidin-biotin patches between droplet surfaces over the timescale of hours [52, 55]. To avoid this effect in the case of control experiments, we imaged the samples immediately after they were formed, which indeed yielded a close to zero adhesiveness (Qg = 2%). To complement these control experiments, we also prepared packings of DNA coated droplets in which only one strand was introduced, namely the C strand. In the absence of a complementary strand to hybridize with, these emulsions also displayed a zero adhesiveness (see Figure  2C). As a result, these experiments were pooled together and labelled as repulsive packings [52, 55]. Adhesive emulsions were prepared with two distinct strategies. First, we used streptavidin biotin adhesion between the droplets in order to maximize the number of potentially adhesive contacts between the droplets. Second, we used droplets coated with complementary strands of DNA such that only a fraction of the contacts on average can form an adhesion [57]. For streptavidin driven adhesion, the droplets were incubated for 90 min in TM2S buffer in the observation chamber, allowing adhesive patches to form between contacting droplets. We refer to these conditions as Streptavidin droplets experiments in the following. The adhesiveness of these emulsions was measured to be Qg = 57%, as shown on Figure  2C. Note that the adhesiveness does not reach 100%, meaning that not all contacts are adhesive. This is due to the fact that the number of available streptavidins or biotins to form patches can differ from one droplet to the other, and may not allow to form patches with all contacting droplets. Moreover, as binders may cluster inside the adhesive patches, a droplet can run out of binders to form additional patches with the other contacting droplets, which could account for the limited adhesiveness in these packings.
In addition to this, partially adhesive droplets experiments were prepared by using various proportions of droplets functionalized with complementary DNA strands. Two distinct sets of complementary strands were used: C/D or C/D’ (see Materials and Methods). Since both pairs of DNA strands display the same number of complementary bases, they have the same binding energy of about 26 kBT [62]. The experiments carried out with C/D or C/D’ strands were thus pooled together. The complementary droplets were mixed together immediately before injection in the chamber in proportions ranging from 1:9 (for instance 1.5 μL of C emulsion mixed with 13.5 μL of D emulsion), to 1:3, 1:2 and 1:1. The 1:1 DNA experiment had a mean adhesiveness of 46% as seen on Figure  2C, and is labelled DNA droplets in Figures 3, 4. The resulting global adhesiveness Qg in the packings for the different proportions of complementary droplets is shown in Figure  2C. The Ql cumulative distribution for each global adhesiveness Qg is available on Supplementary Figure S5.
[image: Figure 3]FIGURE 3 | Local structural properties of static packings—(A) Average area of the Voronoi cells as a function of their number of neighbors n. Repulsive (black disks) and adhesive emulsions (DNA: red squares; streptavidin: yellow triangles) agree with the theoretical predictions of a granocentric model (black line) [70]. (B) Mean local droplet coordination number z as a function of their local packing fractions for repulsive (black) and adhesive packings (DNA: red; streptavidin: yellow). Inset: zoom at high packing fractions near confluence. (C) Mean local bond orientational order [image: image] in the emulsions as a function of the local packing fraction in repulsive emulsions (black), DNA functionalized (red) and streptavidin-biotin functionalized emulsions (yellow). The local bond orientational order does not increase as much in adhesive emulsions at high packing fractions. Inset: Difference between adhesive droplets (DNA functionnalized in red, streptavidin-biotin functionnalized in yellow) and the repulsive droplets: [image: image].
[image: Figure 4]FIGURE 4 | Topology of the voids—Probability P(s) to have a void with s sides with s = 3 (red triangles), 4 (green squares), 5 (cyan pentagons) and 6 (purple hexagons) as a function of the packing fraction ⟨ρ⟩ calculated as in Eq. 1 in 2D Packing images of repulsive emulsions (left), DNA emulsions (center) and streptavidin emulsions (right). The void probability is normalized such that ∑sPs(ρ) = 1 at each packing fraction. We superimpose on our experimental data results of numerical simulations of jammed packings in a deformable particle model introduced in [51].
After sample preparation and injection in the microfluidic chamber, fluorescent images were acquired at various locations in the sample. Each captured region of interest contains ∼ 200–300 droplets. After image analysis, we obtain for each droplet i its area ai and the area of its associated Voronoi cell [image: image]; this provides us information about its local packing fraction [image: image]. We also extract for each droplet its number of contacts (or coordination) zi (see Materials and Methods) and neighbors ni.
3 RESULTS
3.1 Structural Properties of Static Packings
Isotropically compressed systems composed of repulsive and frictionless particles, such as emulsions, typically jam and develop a non-zero yield stress at a critical packing fraction ρc ≈ 0.84 [24, 63, 64]. For ρ < ρc, the particles have an insufficient number of interparticle contacts for the packing to be mechanically stable. At the jamming onset, Maxwell’s criterion dictates that the average coordination in 2D disordered packings of repulsive spheres be given by zc = 4; in other words, the packing develops a connected interparticle contact network which is exactly isostatic at the critical point ρc [24, 63, 65, 66]. If the system is further compressed to ρ > ρc, the average coordination is expected to increase. We first study how the coordination number grows with the packing for adhesive and non-adhesive packings. To do so, we look at each image independently and measure their average coordination and packing fraction, given respectively by [image: image] and
[image: image]
where the sum runs over the number of droplets which sit entirely in the frame. We compare the data obtained for non-adhesive packings with the two most adhesive conditions: streptavidin packings (corresponding to Qg = 0.57) and DNA packings with a 1:1 ratio (corresponding to Qg = 0.46). As seen in Supplementary Figure S7, the average coordination increases with the global packing fraction and our data is in agreement with recently developed models of deformable particles (in which droplets are deformable but cannot overlap, see Supplementary Material). Note that in this representation, adhesive and repulsive conditions overlap above the jamming onset, which does not allow us to test the effect of adhesion for the packing of deformable particles.
3.2 Local structural Properties of Static Packings
We then study the local structural properties of static packings. In particular, we look at the local neighborhood properties of particles in the framework of the granocentric model [67–69]. According to this model, random packings of frictionless spheres can be described locally by the assembly of nearest neighbors around a central particle. After filling the available solid angle around it, one randomly chooses which of those neighbors are in contact with the central particle. The granocentric point of view thus reduces the complexity of understanding the global structure of packings to a local stochastic process.
We first examine the relationship between the area of the Voronoi cell associated to each droplet and its number of neighbors n (i.e., the number of faces of the Voronoi cell). Qualitatively, one expects that larger droplets can accommodate a higher number of neighbors around them. In our experiments, we find that the average area ⟨An⟩ of cells with n neighbors normalized by the average area over all cells ⟨A⟩ increases nonlinearly with the number of neighbors n (see Figure 3A) as was previously observed for soap foams and emulsions in 3D (in which one instead considers the volume of the Voronoi cells) [71]. Strikingly, we find that all adhesion conditions follow the same law and are in agreement with previous extensions of the granocentric model in 2D [70]. This independence with respect to adhesion hints at the fact that repulsive and adhesive emulsions pave space the same way, i.e., their Voronoi cells have the same number of neighbors for a given size. Rather, the difference between repulsive and adhesive emulsions is to be found in the statistics of their number of contacts which is the local parameter that should be sensitive to interdroplet adhesion.
To study this in further detail, we measure the coordination of each droplet z (i.e., its number of contacts) as a function of its local packing fraction ρ. We find that adhesive droplets maintain a higher coordination than repulsive droplets at low packing fractions (ρ < ρc), see Figure 3B. In fact, DNA emulsions exhibit local coordination numbers that are located above the value of 3, corresponding to the minimum z for local mechanical stability, far below jamming. This is in agreement with previous observations on packings of attractive droplets in which voids were stabilized with attraction, leading to mechanically stable structures below the jamming transition [40]. At high local packing fraction ρ ∼ 1, the coordination of repulsive droplets converges to z = 6. Indeed, compression is accompanied by structural rearrangements in these packings of non-adhesive droplets. While polydisperse emulsions are fully disordered close to jamming, local crystalline order is expected to emerge under compression. This will lead to locally hexagonal lattices associated to a coordination z = 6 in 2D. In contrast, we can observe a slight deficit in coordination in strongly adhesive emulsions when ρ approaches 1 (see inset for DNA functionalized droplets in Figure 3B). Qualitatively, this observation is in agreement with the fact that adhesion impairs one degree of freedom in the system. This might also explain why the effect is only visible for DNA bonds that have a higher binding energy of ≈26kBT [62] than streptavidin-biotin bonds associated with ≈15kBT [72, 73]. Indeed, while adhesion patches between droplets can move freely on their surface [57], their rupture is energetically costly which hinders the reorganizations that are leading to local ordering of the system.
To further quantify the emergence of local order in our emulsions, we measure the positional order in our packings as a function of adhesion. To do so, we calculate the bond orientational order parameter ψ6 which measures hexagonal crystalline order [74, 75]. The local bond orientational order is given by
[image: image]
where nk is the number of neighbors of drop k. The angles θkj are defined as the angle between the vector joining the centers of droplet k and one of its Voronoi neighbors j and an axis of reference. Here, we focus on the local definition of the bond orientational order as polydispersity would prevent any long-range crystalline order. Indeed, in a polycrystalline system, one potentially observes large values of [image: image] even though the global bond orientational order can be very low.
In Figure 3C, we represent the average [image: image] as a function of the local packing fraction. We observe a characteristic increase of the local bond orientational order corresponding to the fact that compression above the jamming threshold promotes local crystalline order through structural rearrangements. Furthermore, the difference between the [image: image] calculated for repulsive and adhesive conditions above jamming is always negative and decreasing with increasing ρ, as illustrated in the inset in Figure 3C. In other words, adhesion hinders local crystalline order even at high packing fraction. As adhesion patches move freely on the surface of the droplets, strong adhesion patches only allow structural rearrangements which do not necessitate interdroplet contact breaking. As stresses in the adhesive packings can not be released as efficiently by structural rearrangements, we expect droplet deformation to be significantly higher in adhesive emulsions.
3.3 Void Statistics
To characterize fully the local topology of the packings, we further study the structure of the voids between droplets as a function of the mean packing fraction ⟨ρ⟩ above jamming in each image. From our image segmentation, we can extract the void space and characterize the topology of the voids by counting their number of edges.
In Figure  4, we represent the probability P(s) to have a void with s sides in repulsive, DNA and streptavidin emulsions as a function of the global packing fraction calculated in each acquired image. For repulsive packings, we observe that the probabilities of three- and 4-sided voids are similar near the jamming onset ρc, and greatly exceed the probability of having 5- or 6-sided voids. As the packing fraction increases, structural rearrangements lead to a strong increase of the probability of 3-sided voids while the probability of finding any other type of voids decreases, which is consistent with the emergence of hexagonal order at higher packing fractions. In Figure 4, we show quantitative agreement between our experimental data for repulsive emulsions and results of numerical simulations of jammed packings in a deformable particle model [51]. Instead, analysis results for adhesive packings (both DNA and streptavidin droplets) deviate from the numerical results of this purely repulsive model. All distributions are flatter in both cases and the proportion of 3-sided voids are consistently lower than the theoretical curve derived for repulsive packings at high packing fractions. This is again consistent with the idea that adhesion prevents local ordering upon compression in such emulsion packings, or in other terms that droplets have less freedom to rearrange. This would lead in turn to more constrained void topologies as evidenced by distributions that are less sensitive to the packing fraction.
3.4 Local Deformations and Adhesion
We next study the deformation of the droplets as a function of their local packing fraction. To do so, we measure the shape parameter [image: image] of each droplet in the packings (see Materials and Methods). The presence of adhesion patches should induce additional deformations, i.e., higher values of [image: image], by locally flattening the contact area between contacting droplets. As shown in Figure 5, when plotting [image: image] against the local packing fraction, we observe that the curve corresponding to repulsive emulsions (black curve) is located below the highest 2 DNA conditions and streptavidin curves. Moreover, for DNA experiments, an increase in global adhesiveness induces an increase in deformation for a given packing fraction. This trend is evidenced by calculating the least-squares measure χ2 between the repulsive emulsion curve and all DNA experiment curves as a function of their calculated global adhesiveness (see inset in Figure 5 and Supplementary Material). This simple way of quantifying the spacing between experimental curves highlights the increase of deformation with increasing average adhesiveness.
[image: Figure 5]FIGURE 5 | Shape factor as a function of the packing fraction — [image: image] calculated for each droplet as a function of its local packing fraction ρ for all experimental conditions. Inset: χ2 calculated between the curve obtained for non-adhesive emulsions (black curve) and the curves obtained for DNA droplets at various ratios. The curves are growing increasingly further away from the black curve as Qg is increased from 16 to 46%. The grey box represents a lower bound on the values of [image: image] which we can measure.
Finally, the curve corresponding to streptavidin experiments, at Qg = 57%, is located below the highest DNA curve at Qg = 46%. This shift can be explained by the difference in binding energy between these two types of binders. Indeed, a biotin-streptavidin bond is associated with an energy gain of about ≈15kBT, while a sticky DNA sequence of 11 base pairs is estimated to yield ≈26kBT. As the size of an adhesion patch between two droplets is set by the balance between the binding energy gain upon adhesion versus the elastic cost due to surface deformation, higher binding energies per bond could lead to larger patches and higher values of [image: image], explaining why DNA emulsions are significantly more deformed than streptavidin ones at comparable global adhesiveness.
Surprisingly, the trend is very different if one looks at local droplet adhesiveness Ql within one experimental condition, i.e., one given Qg. Indeed, we sorted all the droplets in one given condition as a function of their local adhesiveness and pooled them in bins of local adhesiveness Ql. For each bin, one can plot again the evolution of their shape factor as a function of the local packing fraction. Strikingly, one can see with this representation that the curves overlap independently of their Ql, as evidenced both for DNA and streptavidin emulsions in Figures 6A–C. This observation is again quantified by a calculation of the χ2 value between the control curve and all other ones at higher local adhesiveness (see Supplementary Figure S6). We conclude from this analysis that the droplets cannot be separated from each other as a function of their local adhesiveness Ql within a given experimental condition (associated to a given Qg). In other words, this means that the non-adhesive droplets within adhesive packings display the same behavior as the whole packing independently of their local binding topology. Qualitatively, if a non-adhesive droplet is caged by a ring of adhesive ones, one can understand how the contraction of this adhesive ring will automatically induce deformations in the central droplet, as illustrated in Figure 6D.
[image: Figure 6]FIGURE 6 | Droplets local adhesiveness for various global adhesion conditions—Shape factor [image: image] as a function of local packing fraction plotted for different bins of local adhesiveness Ql in DNA packings yielding a global adhesiveness Qg = 35%(A), Qg = 46%(B), and in streptavidin packings yielding Qg = 57%(C). (D) Confocal image of a DNA complementary droplets packing (Qg = 46%) in which a central (blue) droplet exhibits first neighbors of the same color (blue), and therefore has a local adhesiveness of 0. However, one can draw a continuous ring of adhesive contacts in farther droplets by drawing a path of contacts between red and blue droplets. Image size: 219.6 μm × 184.3 μm.
Therefore, a continuous cage of adhesive droplets should be sufficient to induce deformation on all the non-adhesive droplets enclosed in that chain. Conversely, if adhesive contacts are too sparse, individual non-adhesive droplets will not feel the adhesion. In order to quantify this effect, we measured the percolation of adhesive contacts within all emulsions. We defined the adhesive network as the network formed by contacts displaying an adhesive patch. For each image, we check the existence of a path along the adhesive network going from any droplets on one border to any droplet on the opposite border of the image, as shown in Figures 7A,B. If at least one such path exists between two opposite borders, the network on the image is classified as percolated. We then measure the average adhesiveness in each of these images and plot the probability of percolation as a function of the image adhesiveness for all experimental conditions. We find that, independently of the Qg value, all points superimpose onto a master curve showing a sharp transition between packings with non percolating and percolating conditions (see Figure 7C). We thus argue that the mechanical properties and local structure of our packings are controlled by a percolation transition for adhesive contacts. We fit the experimental points by a sigmoid function and obtain a critical value of 0.39 for the global adhesiveness above which packings are percolated, which coincides with the value at which the deformation curve significantly deviated from the repulsive case (see inset of Figure 5).
[image: Figure 7]FIGURE 7 | Adhesive contact percolation—(A, B) Example images of adhesive networks for DNA droplets, with connections between adhesive droplets in yellow. If there is no continuous path between opposite borders, the network is non percolated (A), if a path exists, the network is percolated (B). Image sizes: 432 μm × 328.5 μm. (C) Probability of percolation in networks of adhesive droplets. The probability of forming a continuous adhesive path between two opposite borders of each image is plotted against the mean adhesiveness ⟨Q⟩image calculated in the corresponding image. All experimental conditions collapse on the same curve and can be fitted by a sigmoid of equation [image: image] (black dashed line).
4 DISCUSSION
In recent years, approaches borrowed from soft matter have led to the introduction of new frameworks to decipher the physical ingredients at the origin of important biological processes. For instance, recent studies have highlighted the importance of a precise regulation of the mechanical properties of tissues for the shaping of organs during morphogenesis [2, 5–9]. In this context, cell-cell adhesion has been identified as a key parameter in the control of the viscoelastic behavior of tissues. Cellular adhesion is expected to impact the mechanical properties of tissues at multiple levels; indeed, it can tune the topology of cellular tilings [36, 38–40], but also modify their elasto-plastic response under perturbation [54, 55].
Here, we have developed a simplified approach to probe the role of adhesion on the local structure and rigidity of cellular monolayers based on the study of static 2D packings of biomimetic emulsions. In particular, we mimic cellular tissues by using functionalized droplets with controllable adhesion properties. The use of different types of binders between the functionalized droplets allows us to control not only the binding energy between the droplets, but also to tune the structure of the network of adhesive contacts in the 2D packings, by varying the proportion of droplets carrying complementary binders in the emulsion.
The strength of the interdroplet adhesion depends on both the binding energy and the density of binders in the adhesion patches. We calculate the density of binders in the adhesive patches by using a force balance model [76]. To do so, we focused on configurations below the jamming transitions to approximate each droplet as a portion of a sphere and a flat region corresponding to the contact area (Supplementary Figure S8). Imposing the force balance equation in the system, i.e., considering the droplets at a stationary state in mechanical equilibrium, we obtained an expression for the average binder density [image: image], where γ is the surface tension at the oil-water interface, Eb is the binding energy per bond, Rc is the radius of the adhesive patch and R is the radius of the droplets (see details in Supplementary Material). We find the values of Rc through the image analysis of the bonds between uncompressed droplets below jamming. By using Eb = 15kBT and Rc = (3.9 ± 0.15) μm for streptavidin-biotin bonds, and Eb = 26kBT and Rc = (4 ± 0.05) μm for DNA bonds, γ = 10 mN/m, and R = 15 μm, we obtained ρlink = (10,874 ± 859)μm−2 for streptavidin-biotin patches and ρlink = (6,728 ± 171)μm−2 for DNA patches as estimates for the binder densities in the two different conditions. These numbers are in remarkable agreement with values reported for the adhesion zones between cells in epithelial tissues [77], which further validates the relevance of our biomimetic approach. Moreover, the difference between the densities of streptavidin-biotin and DNA bonds may arise from entropic effects. Indeed, this model does not take into account the entropic cost of binders hybridization between opposing surfaces inside a patch. Since this energetic cost depends directly on the rotational contraints of the molecules upon binding [57, 78], it should be different for the two types of binders that have different geometries. This highlights the importance of not only the binding energy but also the structural properties of the molecules that are responsible for cell-cell or cell-matrix adhesion in tissues. For instance, cadherins can exhibit large differences in their binding topology depending on biochemical processes [79], which should have significant effects on the mechanics of the tissue as a whole.
Besides differences in the intercellular interaction potential, in such particulate systems the mechanical response directly depends on its structure in the framework of the jamming transition. We therefore studied the impact of adhesion on the structural properties of static packings. Below jamming, we observed that adhesive droplets form more locally stable structures by having a higher number of contacting neighbors than in the repulsive case, remaining above isostaticity far below the jamming volume fraction for repulsive systems. This is consistent with existing literature showing that adhesive emulsions can exhibit a finite elastic modulus below jamming [43, 48]. Conversely, packings with strong interdroplet adhesion reveal a deficit in droplet coordination number and lower bond orientational order parameter when approaching confluence. We argue that this is due to the fact that adhesion prevents local crystalline order by preventing droplet rearrangements which would require breaking adhesive bonds. By preventing ordering, adhesion can have an impact on the response of compressed emulsions under stress as higher crystalline order in particulate materials has been shown to promote large rearrangements along disclination planes when subjected to shear [55, 80, 81].
Rearrangements in jammed packings participate in the release of stored elastic energy; as adhesion prevents these rearrangements, it is then not surprising that adhesion would promote higher droplet deformation in compressed emulsions. We confirm this intuition and show more specifically that the deformation level in adhesive emulsions is controlled by a percolation transition. Indeed, we observed that percolation of the network formed by adhesive contacts in the packing sets the level of deformation for all droplets, independently of their local environment. More precisely, we found that 40% of adhesive contacts are sufficient to induce a global change in the deformation level of all droplets in the assembly. Qualitatively, percolated networks of adhesive interdroplet contacts promotes local caging of droplets surrounded by strong adhesion rings. Droplets in these cages will thus display the same level of deformation as surrounding droplets with high adhesiveness independently of their own adhesiveness.
Going back to biological tissues, our observation means that the upregulation of adhesion in a small number of cells could induce large global changes in the tissue through mechanosensitive pathways. We argue that the tissue rigidity transition, which is key to fundamental morphogenetic processes, can thus take place with only a low fraction of adhesive contacts between the cells given that their spatial distribution ensures percolation of the adhesive contacts network. Interestingly, a recent study argues that a rigidity percolation transition similar to ours controls the mechanical properties of the zebrafish blastoderm throughout morphogenesis but also across experimental perturbations of cell fate, division, contractility and adhesion [23]. Akin to our observation, it was shown that cell-cell adhesion defines the cell connectivity which in turn, modulates the tissue rigidity. In particular, small changes in cell-cell adhesion were linked to drastic and abrupt changes in tissue viscosity. Overall, this is all consistent with the idea that being close to the rigidity percolation critical point allows a tissue to change its material properties rapidly and drastically [82].
In conclusion, our work explores the physics of jamming and rigidity percolation in tissues from two perspectives. First, from a granular point of view, the structural properties of the packings are controlled by the packing fraction. In this context, we confirm here that adhesion stabilize packings at densities below the jamming onset for repulsive systems. In that sense, the jamming onset (understood as the critical density at which the packing acquires a non zero yield stress) should be defined at a lower threshold packing fraction in the presence of adhesion. Importantly, we further show that long range collective effects control the deformation of individual droplets in our system. We argue here that this observation can be understood in the context of the transition to percolation of the adhesive contacts network. Our work thus paves the way for a redefinition of the jamming phase diagram for tissues, in which the axis related to the intercellular adhesion energy (or the packing fraction) could be replaced by a measurement that combines this value with the spatial arrangement of the adhesive interfaces.
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Spatial resolution

Imaging depth

Manual palpation

External assessment
by hand

Sense of touch
Mechanical strain

Not deterministic

Not deterministic

USE

Acoustic waves
Acoustic waves
Acoustic
impedance
~500 pm

~ cm(s) (whole
body)

MRE
Acoustic waves
Magnetic field gradients
Tissue nuclear property
~1 mm (ciinical 3T machine) - 500 um

(preclinical 7T machine)
~ cm(s) (whole body)

OCE

Usually optical or
acoustic waves
Optical waves (near
infrared)

Optical absorption

:

um

~1mm

USE, ultrasound elastography: MRE, magnetic resonance elastography; OCE, optical coherence elastography: PAE, photoacoustic elastography.

PAE

Optical waves (near infrared
laser)
Acoustic waves

Optical absorption/acoustic
impedance
~50 ym

~ cm(s)
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