

[image: image]





FRONTIERS EBOOK COPYRIGHT STATEMENT

The copyright in the text of individual articles in this ebook is the property of their respective authors or their respective institutions or funders. The copyright in graphics and images within each article may be subject to copyright of other parties. In both cases this is subject to a license granted to Frontiers. 

The compilation of articles constituting this ebook is the property of Frontiers. 

Each article within this ebook, and the ebook itself, are published under the most recent version of the Creative Commons CC-BY licence. The version current at the date of publication of this ebook is CC-BY 4.0. If the CC-BY licence is updated, the licence granted by Frontiers is automatically updated to the new version. 

When exercising any right under the CC-BY licence, Frontiers must be attributed as the original publisher of the article or ebook, as applicable. 

Authors have the responsibility of ensuring that any graphics or other materials which are the property of others may be included in the CC-BY licence, but this should be checked before relying on the CC-BY licence to reproduce those materials. Any copyright notices relating to those materials must be complied with. 

Copyright and source acknowledgement notices may not be removed and must be displayed in any copy, derivative work or partial copy which includes the elements in question. 

All copyright, and all rights therein, are protected by national and international copyright laws. The above represents a summary only. For further information please read Frontiers’ Conditions for Website Use and Copyright Statement, and the applicable CC-BY licence.



ISSN 1664-8714
ISBN 978-2-83251-418-4
DOI 10.3389/978-2-83251-418-4

About Frontiers

Frontiers is more than just an open access publisher of scholarly articles: it is a pioneering approach to the world of academia, radically improving the way scholarly research is managed. The grand vision of Frontiers is a world where all people have an equal opportunity to seek, share and generate knowledge. Frontiers provides immediate and permanent online open access to all its publications, but this alone is not enough to realize our grand goals.

Frontiers journal series

The Frontiers journal series is a multi-tier and interdisciplinary set of open-access, online journals, promising a paradigm shift from the current review, selection and dissemination processes in academic publishing. All Frontiers journals are driven by researchers for researchers; therefore, they constitute a service to the scholarly community. At the same time, the Frontiers journal series operates on a revolutionary invention, the tiered publishing system, initially addressing specific communities of scholars, and gradually climbing up to broader public understanding, thus serving the interests of the lay society, too.

Dedication to quality

Each Frontiers article is a landmark of the highest quality, thanks to genuinely collaborative interactions between authors and review editors, who include some of the world’s best academicians. Research must be certified by peers before entering a stream of knowledge that may eventually reach the public - and shape society; therefore, Frontiers only applies the most rigorous and unbiased reviews. Frontiers revolutionizes research publishing by freely delivering the most outstanding research, evaluated with no bias from both the academic and social point of view. By applying the most advanced information technologies, Frontiers is catapulting scholarly publishing into a new generation.

What are Frontiers Research Topics? 

Frontiers Research Topics are very popular trademarks of the Frontiers journals series: they are collections of at least ten articles, all centered on a particular subject. With their unique mix of varied contributions from Original Research to Review Articles, Frontiers Research Topics unify the most influential researchers, the latest key findings and historical advances in a hot research area.


Find out more on how to host your own Frontiers Research Topic or contribute to one as an author by contacting the Frontiers editorial office: frontiersin.org/about/contact





Chromosomal fragile sites, genome instability and human diseases

Topic editors

Qing Hu – University of Texas Southwestern Medical Center, United States

Advaitha Madireddy – Rutgers, The State University of New Jersey, United States

Chun-Long Chen – Institut Curie, France

Stefano Gnan – Institut Curie, France

Citation

Hu, Q., Madireddy, A., Chen, C.-L., Gnan, S., eds. (2023). Chromosomal fragile sites, genome instability and human diseases. Lausanne: Frontiers Media SA. doi: 10.3389/978-2-83251-418-4





Table of Contents




Editorial: Chromosomal fragile sites, genome instability and human diseases

Qing Hu, Advaitha Madireddy, Stefano Gnan and Chun-Long Chen

DNA-PKcs: A Multi-Faceted Player in DNA Damage Response

Xiaoqiao Yue, Chenjun Bai, Dafei Xie, Teng Ma and Ping-Kun Zhou

DNA Repair Gene Polymorphisms and Chromosomal Aberrations in Exposed Populations

Yasmeen Niazi, Hauke Thomsen, Bozena Smolkova, Ludmila Vodickova, Sona Vodenkova, Michal Kroupa, Veronika Vymetalkova, Alena Kazimirova, Magdalena Barancokova, Katarina Volkovova, Marta Staruchova, Per Hoffmann, Markus M. Nöthen, Maria Dusinska, Ludovit Musak, Pavel Vodicka, Kari Hemminki and Asta Försti

Folate Deficiency Triggers the Abnormal Segregation of a Region With Large Cluster of CG-Rich Trinucleotide Repeats on Human Chromosome 2

Lorenza Garribba, Ivan Vogel, Mads Lerdrup, Marisa M. Gonçalves Dinis, Liqun Ren and Ying Liu

Large Intronic Deletion of the Fragile Site Gene PRKN Dramatically Lowers Its Fragility Without Impacting Gene Expression

Sebastian H. N. Munk, Vasileios Voutsinos and Vibe H. Oestergaard

Common Threads: Aphidicolin-Inducible and Folate-Sensitive Fragile Sites in the Human Genome

Rachel Adihe Lokanga, Daman Kumari and Karen Usdin

RNF4 Regulates the BLM Helicase in Recovery From Replication Fork Collapse

Nathan Ellis, Jianmei Zhu, Mary K Yagle, Wei-Chih Yang, Jing Huang, Alexander Kwako, Michael M. Seidman and Michael J. Matunis

Transcription-Replication Collisions and Chromosome Fragility

Wei Wu, Jing Na He, Mengjiao Lan, Pumin Zhang and Wai Kit Chu

Characterization of Chromosomal Instability in Glioblastoma

Elisa Balzano, Elena Di Tommaso, Antonio Antoccia, Franca Pelliccia and Simona Giunta

Epigenomic signatures associated with spontaneous and replication stress-induced DNA double strand breaks

Sravan Kodali, Silvia Meyer-Nava, Stephen Landry, Arijita Chakraborty, Juan Carlos Rivera-Mulia and Wenyi Feng



		EDITORIAL
published: 10 January 2023
doi: 10.3389/fgene.2022.1119532


[image: image2]
Editorial: Chromosomal fragile sites, genome instability and human diseases
Qing Hu1*†, Advaitha Madireddy2†, Stefano Gnan3 and Chun-Long Chen3*†
1Department of Pathology, University of Texas Southwestern Medical Center, Dallas, TX, United States
2Rutgers Cancer Institute of New Jersey, New Brunswick, NJ, United States
3Institut Curie, Dynamics of Genetic Information, CNRS UMR3244, PSL Research University, Sorbonne Université, Paris, France
Edited and reviewed by:
Jared C. Roach, Institute for Systems Biology (ISB), United States
* Correspondence: Qing Hu, Qing.Hu@UTSouthwestern.edu; Chun-Long Chen, Chunlong.Chen@curie.fr
Specialty section: This article was submitted to Human and Medical Genomics, a section of the journal Frontiers in Genetics
†ORCID: Qing Hu, orcid.org/0000-0002-3349-0056; Advaitha Madireddy, orcid.org/0000-0002-4730-5325; Chun-Long Chen, orcid.org/0000-0002-4795-0295
Received: 08 December 2022
Accepted: 13 December 2022
Published: 10 January 2023
Citation: Hu Q, Madireddy A, Gnan S and Chen CL (2023) Editorial: Chromosomal fragile sites, genome instability and human diseases. Front. Genet. 13:1119532. doi: 10.3389/fgene.2022.1119532

Keywords: fragile sites, replication stress, genome instability, human disease, DNA damage repair
Editorial on the Research Topic 
Chromosomal Fragile Sites, Genome Instability and Human Diseases


Chromosomal fragile sites are specific regions of the human genome that are normally stable, but exhibit breaks or gaps on metaphase chromosomes under conditions of stress. As an important source of genome instability, fragile sites are associated with human diseases such as cancer and mental retardation. In this Research Topic, we collected nine contributions from different perspectives, which cover the features and causes of fragile sites, the characterization of fragile sites, as well as the cellular mechanisms at play to maintain their stability.
Based on the frequency of fragility, fragile sites are generally categorized as common fragile sites (CFSs) and rare fragile sites (RFSs). Lokanga et al. summarized recent work about CFSs and RFSs and discussed the similarities and differences between them. CFSs are an intrinsic part of normal chromosome structures and are present in all individuals. Moreover, CFSs are appeared to be conserved throughout mammalian evolution, for example, human FHIT/FRA3B and mouse Fhit/Fra14A2 are orthologs. RFSs are found in a minority of the human population and are inherited in a Mendelian manner. They are often associated with the expansion of repeat elements. RFSs can be further categorized into two groups: folate-sensitive RFSs that are highly sensitive to folate deficiency, and non-folate-sensitive RFSs that are induced by distamycin A or bromodeoxyuridine (BrdU). As the feature of folate-sensitive RFSs, CGG trinucleotide repeats (TNRs) could form secondary structures and perturb DNA replication, thus contributing to their fragility. Garribba et al. tested whether folate deficiency could cause instability at other genomic regions containing CG-rich repeat sequences and showed that a region at Chr2p11.2 displayed an unusual conformation under folate deprivation, leading to the mis-segregation of this locus and Chr2 Aneuploidy.
Although human CFSs have been primarily mapped in lymphocytes and fibroblasts, it has been shown that different CFSs are expressed in different cell types at various frequencies. Characterization of CFSs in other cell types and investigation of CFS expression in different genetic backgrounds are, therefore, important for us to understand the basis of their fragility. In this Research Topic, Balzano et al. assessed CFS expression in human glioblastoma cell lines and found two CFSs that are specific to glioblastoma. They also showed that the fragility of these sites is related to impaired DNA replication. As the major cause underlying CFS fragility, replication stress can arise from various sources, such as oncogene activation, nucleotide depletion, and Transcription-Replication Conflicts (TRCs). A large majority of the highly expressed CFSs host large genes spanning over megabases and transcription-associated replication stress has been proposed as the prominent mechanisms leading to fragility at these large genes. Transcription can either suppress replication initiation to generate large regions that are poor in replication initiation or can generate direct collision with DNA replication machinery. Wu et al. reviewed recent findings on how conflicts during transcription and replication affect chromosome fragility. This mechanism is also supported by the recent study of Munk et al., who deleted 80 kb intron sequences of an extremely large gene PRKN and showed that this deletion resulted in a twofold reduction of the PRKN fragility without affecting its expression. The mechanism underlying CFS fragility is not restricted to TRCs. Other features of CFSs such as late replication timing, DNA secondary structure formation, and chromatin modification, can also lead to replication stress and contribute to their fragility. Kodali et al. compared the epigenomic signatures associated with spontaneous and replication stress-induced DNA double-strand breaks (DSBs) and demonstrated the correlation of aphidicolin-induced DSBs with histone 3 lysine 36 trimethylation, which is a marker for active transcription. More interestingly, their result suggested that DSBs were not enriched in the CFS core sequences and rather demarcated the CFS core region. Their analysis suggested that altered replication dynamics are responsible for CFS formation under a relatively higher level of replication stress.
Cellular pathways and signaling components that are involved in mitigating replication stress are important to maintain genome stability. In response to replication stress, the stalled replication forks require stabilization and remodeling to facilitate fork restart. Many proteins that participate in these processes have been shown to affect CFS expression, such as ATR, DNA-PKcs, and some DNA helicases. The function of DNA-PKcs in DNA replication stress is reviewed by Yue et al. The Bloom syndrome DNA helicase BLM belongs to the RECQ family and has been shown to participate in fork restart. Here, Ellis et al. showed that RNF4 facilitates replication fork recovery by regulating BLM. Stalled forks that failed to restart will collapse and use the DNA damage repair (DDR) pathway to recover. Niazi et al. identified 14 DNA repair genes that are associated with chromosomal aberrations, further emphasizing the importance of DDR in promoting genome stability. Deficiencies in DNA damage mechanisms are, therefore, an important source of genome instability and render cells more sensitive to replication stress.
Our understanding of the mechanisms governing chromosomal fragile sites is constantly evolving. In addition to clearly defining the current state of the field, the articles included in this Research Topic present valuable novel insights into the determinants of chromosomal fragility, which contribute to many human diseases.
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DNA-dependent protein kinase catalytic subunit (DNA-PKcs) is a member of the phosphatidylinositol 3-kinase related kinase family, which can phosphorylate more than 700 substrates. As the core enzyme, DNA-PKcs forms the active DNA-PK holoenzyme with the Ku80/Ku70 heterodimer to play crucial roles in cellular DNA damage response (DDR). Once DNA double strand breaks (DSBs) occur in the cells, DNA-PKcs is promptly recruited into damage sites and activated. DNA-PKcs is auto-phosphorylated and phosphorylated by Ataxia-Telangiectasia Mutated at multiple sites, and phosphorylates other targets, participating in a series of DDR and repair processes, which determine the cells’ fates: DSBs NHEJ repair and pathway choice, replication stress response, cell cycle checkpoints, telomeres length maintenance, senescence, autophagy, etc. Due to the special and multi-faceted roles of DNA-PKcs in the cellular responses to DNA damage, it is important to precisely regulate the formation and dynamic of its functional complex and activities for guarding genomic stability. On the other hand, targeting DNA-PKcs has been considered as a promising strategy of exploring novel radiosensitizers and killing agents of cancer cells. Combining DNA-PKcs inhibitors with radiotherapy can effectively enhance the efficacy of radiotherapy, offering more possibilities for cancer therapy.

Keywords: DNA-PKcs, DNA damage response, DNA repair, genomic instability, radiosensitization


INTRODUCTION

Eukaryotic cells are constantly encountering various endogenous (e.g., DNA replication errors) and exogenous (ionizing radiation, chemical carcinogens, and UV) stresses of genomic DNA damage (Jeggo et al., 2016). DNA damage includes base damage, pyrimidine dimer formation, single or double strand breaks, etc. Among them, DNA double strand break (DSB) is the most serious and dangerous threat that affects the stability of the genome and cell fate (Jackson and Bartek, 2009; Huang and Zhou, 2020). Failure to make timely and precise repairs can lead to accumulation of residual DNA damage, mutations, rearrangements, and/or loss of chromosomes, which can lead to a series of cellular consequences such as cell death, senescence, transformation, mutagenesis, or carcinogenesis (Her and Bunting, 2018). Fortunately, cells have evolved several precise DNA damage response (DDR) and repair machineries to deal with various types of DNA damages. DDRs include DNA damage sensing, initiating DNA damage signaling cascades, remodeling and relaxing chromatin around DSBs, recruiting DNA repair proteins to the damaged site, activating cell cycle checkpoints, and repairing DSB (Jackson and Bartek, 2009; Huang and Zhou, 2020). DNA repair defects are closely related to a series of human diseases and aging (Vijg and Suh, 2013; Longerich et al., 2014; Madabhushi et al., 2014; Shimizu et al., 2014; Chow and Herrup, 2015; Konstantinopoulos et al., 2015; Fang et al., 2016; Uryga et al., 2016; Chatzidoukaki et al., 2020). The DSBs repair pathways of eukaryotic cells mainly include the non-homologous end joining (NHEJ), homologous recombination (HR) and alternative end-joining (Lieber, 2008; Chiruvella et al., 2013; Chang et al., 2017; Shibata and Jeggo, 2020).

DNA-dependent protein kinase (DNA-PK) is an important player in the NHEJ pathway and was also found to function in multiple nodes of DDRs. DNA-activated/or DNA-dependent protein kinase was first reported in 1985 by Walker et al. (1985). They discovered this protein by chance, finding that addition of double-stranded DNA (dsDNA) into the cell extracts increased the phosphorylation of certain proteins. In 1990, Carter et al. (1990) and Lees-Miller et al. (1990) identified the DNA-PK catalytic subunit (DNA-PKcs) with hsp90 or casein as phosphorylation substrate bait. DNA-PKcs is an abundant protein with 50,000–100,000 molecules per cell in humans (Anderson and Lees-Miller, 1992; Blunt et al., 1995; Miller et al., 1995; van der Burg et al., 2009; Woodbine et al., 2013; Chang and Lieber, 2016). PRKDC gene mutations in patients or expression of kinase-dead DNA-PKcs protein in mice causes severe combined immunodeficiency (SCID). DNA-PKcs, Ataxia-Telangiectasia Mutated (ATM), and ATM and RAD3 related (ATR) belong to the family of the phosphatidylinositol 3-kinase related kinase (PIKK), which plays significant roles in DNA damage repair (Blackford and Jackson, 2017; Kantidze et al., 2018). They all harbor similar domain compositions, including a N-terminal HEAT-repeat rich segment followed by the conserved FRAP-ATM-TRRAP (FAT) domain, the kinase domain, the PIKK regulatory domain (PRD) and the FAT C-terminal motif (FATC; Blackford and Jackson, 2017). DNA-PKcs, ATM, and ATR preferentially phosphorylate the S/T-Q motif (serine or threonine residue followed by a glutamine) (Kim et al., 1999). DNA-PKcs and ATM mainly mediate the repair of DNA double-strand breaks through NHEJ and HR, respectively, while ATR responds to the stalled DNA replication forks and DNA single-strand breaks (Falck et al., 2005; Menolfi and Zha, 2020). Whereas, a series of reports indicated that DNA-PKcs is also required for optimal replication stress response (Lin et al., 2014, 2018; Wang et al., 2015; Ying et al., 2016; Kantidze et al., 2018; Joshi et al., 2019; Villafanez et al., 2019).

This review mainly summarized and discussed the updated accomplishments about DNA-PKcs research, including post-translation modifications and activity regulation of DNA-PKcs and its involvements in DDRs. Furthermore, considering the special role of DNA-PKcs in the DDR, we have also reviewed the progress on exploration of DNA-PKcs inhibitors as radiosensitizers for cancer radiotherapy.


Post-translational Modifications and Activation of DNA-PKcs Triggered by DNA Damage Signaling

DNA-dependent protein kinase catalytic subunit belongs to the PIKKs family, and is a type of DNA-activated serine/threonine protein kinase with a molecular weight of approximately 469 kD encoded by the PRKDC or XRCC7 gene (Hartley et al., 1995; Sipley et al., 1995; Lees-Miller, 1996). It forms a holoenzyme DNA-dependent kinase (DNA-PK) with the heterodimer regulatory subunits of Ku70 and Ku80(referred to as Ku together) (Jin and Weaver, 1997; Singleton et al., 1999). Ku70 is encoded by XRCC6 gene and Ku80 is encoded by XRCC5. Ku70 and Ku80 have a strong affinity for DNA ends, and they also provide docking sites for other proteins during DDR (Featherstone and Jackson, 1999).

The DNA-PKcs structure consists of an N-terminal region, a circular cradle unit, and a head unit with the kinase domain between FAT (FRAP, ATM, and TRRAP) and FATC domains (Sibanda et al., 2010, 2017; Sharif et al., 2017; Yin et al., 2017). Both the N-terminal region and the cradle unit contain HEAT (Huntingtin, Elongation factor 3, regulatory subunit A of PP2A, and TOR1) repeats. Both the ABCDE and PQR phosphorylation clusters fall into the cradle unit (Figure 1; Spagnolo et al., 2006; Sibanda et al., 2010; Morris et al., 2011).
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FIGURE 1. The scheme of functional domains and post-translational modifications of DNA-PKcs. The black font represents phosphorylation sites, green font represents acetylation sites and red font represents the neddylation site.


The activity and function of DNA-PKcs in end-ligation or NHEJ aretightly regulated by phosphorylation modification. The N-terminal domain has many phosphorylation sites, DNA-PKcs can be auto-phosphorylated or phosphorylated by ATM and ATR (Chen et al., 2007; Dobbs et al., 2010). The FAT and FATC domains surround the catalytic domain, stabilize the conformational changes of the catalytic center and regulate kinase activity (Rivera-Calzada et al., 2005; Jiang et al., 2006; Spagnolo et al., 2006). As shown in Figure 1, the phosphorylation sites of ABCDE clusters are T2609, S2612, T2620, S2624, T2638, and T2647, and the phosphorylation sites of PQR clusters are S2023, S2029, S2041, S2051, S2053, and S2056 (Douglas et al., 2002). Among them, S2056 and T2609 are two prominent autophosphorylation sites of DNA-PKcs, both are crucial for its activity in DNA repair (Ding et al., 2003; Block et al., 2004; Nagasawa et al., 2011, 2017). The current model suggests that DNA-PKcs S2056 phosphorylation causes conformational changes, thereby promoting DNA-PK disassembly from the DSB site, allowing DNA end ligation (Jiang et al., 2015), while the ABCDE cluster phosphorylation is required for DNA end resection (Shibata et al., 2011). Another autophosphorylation site, T3950, is located in the kinase domain and its phosphorylation was suggested to shut down the activity of DNA-PKcs kinase (Douglas et al., 2007).

In addition to phosphorylation modification, there are also other forms of post-translational modifications on DNA-PKcs (Table 1). Proteomics studies have revealed that DNA-PKcs are widely acetylated (Mori et al., 2016) and ubiquitinated (Ho et al., 2014). Lysine acetylation is an important form of post-translational modifications and is also the most widely studied post-translational modification on histones. Proteomics showed that at least 16 lysine residues were acetylated in the DNA-PKcs. Mori et al. (2016) selected eight of them for further research and have confirmed that K3241 and K3260 were acetylated on DNA-PKcs. In addition, our research group also found that both PARylation (Han et al., 2019) and neddylation (Guo et al., 2020) can regulate DNA-PK activity, a neddylation site was identified at K4007 within the kinase domain. PARP1-dependent DNA-PKcs PARylation can be induced by DNA damage signals and affects DNA-PKcs Ser2056 phosphorylation in cells (Han et al., 2019). DNA-PKcs neddylation occurs in the kinase domain and is catalyzed by HUWE1 ligase (Guo et al., 2020). In 2014, the ring finger protein 144A (RNF144A) was discovered as the first E3 ubiquitin ligase of cytoplasmic DNA-PKcs. Ho et al. (2014) RNF144A is induced in a p53-dependent manner during DNA damage and targets cytoplasmic DNA-PKcs for ubiquitination and degradation.


TABLE 1. The modification sites of DNA-PKcs.

[image: Table 1]
Considering the close relationship between DNA-PKcs and DSB, it is particularly important to determine the mechanism controlling DNA-PKcs activation. In the cellular response to DSB, Ku heterodimer recognizes and localizes DNA damage sites, and promptly recruits DNA-PKcs. Once DNA-PKcs is recruited, it is activated through phosphorylation in a DNA-dependent manner. The C-terminal 178 amino acid residues of Ku80 is required for Ku80/DNA-PKcs interaction and indispensable for DNA-PKcs activation (Singleton et al., 1999). DNA-PKcs pushes Ku protein inwards onto the DNA, and then phosphorylates the other components nearby, including its own phosphorylation. DNA-PKcs autophosphorylation can be regulated by N-terminal conformational changes of protein (Meek et al., 2012). In addition to the automatic regulation of DNA-PKcs, many other factors are also suggested to be key regulators of DNA-PKcs activity. For example, epidermal growth factor (EGFR) can bind DNA-PKcs and enhance the activity of DNA-PKcs to deal with the damage (Liccardi et al., 2011; Javvadi et al., 2012). The non-kinase regulator protein phosphatase 6 (PP6) and protein phosphatase 1(PP1) is recruited to the DSB site and promotes DNA-PKcs activity through direct interaction and dephosphorylation action (Douglas et al., 2010; Zhu et al., 2017). Thus, the activation of DNA-PKcs is not only the result of binding to the broken DNA ends, but also a complex process affected by many factors. The multiple mechanistic ways of activation suggest that there are many unknown functions waiting to be explored in DNA-PKcs in addition to participating in double-strand break repair.



Regulation of DNA Damage Response by DNA-PKcs

Current knowledge displays that DNA-PKcs can function in multiple pathways of cellular DDRs to maintain the genome stability and cell survival.



DNA-PKcs in Non-homologous End Joining

There are two major repair pathways for DSB: NHEJ and HR (Figure 2). NHEJ repair is an error-prone repair pathway and theoretically executes its function throughout the cell cycle, but it is most important during G1 when no homologous template for recombination is available. HR performs under the guidance of an intact homologous template DNA, and it is known as an error-free repair pathway. HR is most active in the S/G2 phase and nearly absent in G1 phase (Mao et al., 2008; Menon and Povirk, 2016). As a main DSB repair pathway in mammals, NHEJ is initiated by the circular Ku70/Ku80 heterodimer binding to the broken DNA ends. Ku has a high abundance and strong affinity for free DNA. Within a second or less, Ku proteins can associate with any DSB that occurs in the nuclei genomic DNA. The interaction of Ku and broken DNA recruits DNA-PKcs to form DNA-PK complex (Gomes et al., 2017), then a set of NHEJ downstream factors including Artemis, XRCC4, DNA polymerase X family, and DNA ligase IV to join the broken DNA ends. DNA-PKcs is the only active protein kinase described in the NHEJ pathway, it is autophosphorylated in the presence of DNA termini, Mg2+ and ATP. DNA-PKcs forms a tight complex with Artemis to stimulate the nuclease activity of the latter (Kamoi and Mochizuki, 2010; Chang and Lieber, 2016). In this process, DNA-PKcs phosphorylates the C-terminal inhibitory region of Artemis, facilitating the dissociation of the inhibitory region from the N-terminal catalytic domain (Ma et al., 2002; Pannunzio et al., 2018). Ionizing radiation-induced DNA DSB broken ends are usually described as “dirty ends” and incompatibility for ends direct ligation caused by chemical modifications and 5′ or 3′ mismatching overhangs. The activated Artemis processes these “dirty ends” for subsequent ligation. DNA-PKcs kinase activity becomes necessary for direct end-ligation of NHEJ in the presence of DNA-PK protein. The DNA-PKcsKD/KD (kinase-dead mutant) cells show severe end-ligation defects (Jiang et al., 2015).
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FIGURE 2. The canonical DSB repair pathways of NHEJ and HR.


Usually, NHEJ takes the first action to respond to the DSB (Shibata et al., 2011). If NHEJ cannot be completed, then DSB “cuts,” where one strand of the DNA duplex is degraded to produce a single-stranded DNA overhang suitable for alternative repair pathways, HR occurs (Sallmyr and Tomkinson, 2018). Experiments have shown that NHEJ is much faster than HR and occurs within 30 min (while HR requires 7 h or more), accounting for approximately 75% of repair events (Zhang and Matlashewski, 2019). NHEJ repair does not use sequence homology, regardless of the position or sequence, the DNA break ends are brought together, so this type of repair is prone to errors.



Regulation of DNA-PKcs on the Pathway Choice of DSBs Repair

Homologous recombination repair is initiated by DSB end resection. MRE11 and CtIP together with EXO1 fulfill the DNA end resection process (Syed and Tainer, 2018). It is usually acknowledged that the interaction between 53BP1 and BRCA1 is an important factor to control the end resection (Daley and Sung, 2014; Zimmermann and de Lange, 2014; Mirman and de Lange, 2020). BRCA1 antagonizes certain functions of 53BP1 and promotes HR by reducing 53BP1-mediated NHEJ. After end resection, HR uses the undamaged homologous DNA as a template, and recombinase RAD51 invades the homologous DNA strand, resulting in precise repair (Sun et al., 2020).

How cells select the pathway to execute DSBs repair between HR and NHEJ is a critical issue for efficient and precise repair of DSBs, whereas its mechanism is not fully understood yet (Ceccaldi et al., 2016; Scully et al., 2019). The initiation of DNA end resection is a definite factor that enables the cells to perform HR repair to prevent NHEJ repair (Scully et al., 2019). There are many factors that affect the initiation of end resection, but DNA-PKcs phosphorylation status is a clear factor that impacts cells to choose NHEJ or HR (Neal et al., 2011). A series of reports indicated that DNA-PKcs can regulate the choice of DSBs repair pathways at multiple biochemical nodes in association with the cell cycle. In the G2 phase of cell cycle, autophosphorylation of DNA-PKcs promotes DNA-PKcs dissociation from the DSBs sites, and facilitates the recruitment of end resection enzymes such as EXO1 (Shibata et al., 2011; Sallmyr and Tomkinson, 2018). DNA-PKcs also promotes end-resection from in vitro analyses (Deshpande et al., 2020). The DNA-PKcs mutant that makes autophosphorylation defective at the ABCDE cluster (DNA-PKcs ABCDE 6A) binds DSBs but precludes the completion of NHEJ, significantly reducing DSB end resection at all DSBs (Shibata et al., 2011). Whereas in developing lymphocytes, robust end-resection is detected in both DNA-PKcs kinase-dead or the phosphorylation (ABCDE) mutant (Crowe et al., 2018, 2020). ATM kinase activity can compensate for DNA-PKcs autophosphorylation when DNA-PKcs activity is inhibited and promote resection. The Mre11-Rad50-Nbs1 (MRN) complex further stimulates resection in the presence of Ku and DNA-PKcs by recruiting EXO1 and enhancing DNA-PKcs autophosphorylation, and it also inhibits DNA ligase IV/XRCC4-mediated end rejoining (Zhou and Paull, 2013). In the S phase of cell cycle, BRCA1 interacts with DNA-PKcs and directly blocks DNA-PKcs autophosphorylation, thus priming DNA end resection for HR and HR factors loading on DSBs (Davis et al., 2014; Figure 2). The interaction of TIP60 histone acetyltransferase and DNA-PKcs prompts the autophosphorylation and activation of DNA-PKcs (Jiang et al., 2006). We recently revealed that an increased SUMO2 modification of TIP60 K430 mediated by PISA4 E3 ligase hinders its interaction with DNA-PKcs in S phase cells, leading to impediment of DNA-PKcs S2056 autophosphorylation and preferentially employing the HR pathway for DSBs repair in S phase (Figure 3). TIP60 K430R mutation can recover the interaction of DNA-PKcs and TIP60, resulting in abnormally increased phosphorylation of DNA-PKcs S2056 in S phase and dramatical inhibition of HR efficiency (Gao et al., 2020).


[image: image]

FIGURE 3. The regulation of DNA-PKcs-interacting TIP60 on the cell cycle-dependent choice of DNA DSBs repair pathway. Upon DNA DSBs signaling, TIP60 interacts with and acetylates DNA-PKcs to activate DNA-PKcs through autophosphorylation at S2056 for executing NHEJ in G1 phase. Whereas, in S phase cells, SUMO2 modification (SU) of TIP60 at K430 is mediated by PISA4 E3 ligase, which hinders the interaction between TIP60 and DNA-PKcs, consequently inactivating DNA-PKcs to give way to HR proteins and facilitates HR repair.


Meanwhile, HR activity in G1 is restricted. Zhou et al. (2017) found that DNA-PKcs phosphorylates ATM directly, inhibiting ATM activity and ATM signaling upon DNA damage, providing a possible mechanism of HR restriction in G1 phase. Moreover, our recent report demonstrated that EXO1 protein is strictly suppressed in G1 phase. Increased expression of RBX1 protein prompts the neddylation and activity of cullin1, a key component of the Skp1-Cullin1-F-box (SCF) ubiquitin 3 ligase, and consequently mediates the ubiquitination degradation of EXO1 in G1 phase. Increased DNA-PKcs activity is responsible for increased RBX1 protein expression, and limiting the formation of DSB-end ssDNA by EXO1 and suppressing the HR repair pathway in G1 cells(Figure 3; Xie et al., 2020).



DNA-PKcs in DNA Replication Stress

In addition to the role in DSB repair, DNA-PKcs is also involved in DNA replication stress response. Cells are particularly susceptible to DNA damage during the process of DNA replication. Almost all forms of DNA damage can disturb the DNA replication and cause replication stress (Bass et al., 2012).

Replication stress is defined as any DNA replication barrier that hinders, prevents or terminates DNA synthesis, and can activate the replication stress response to resolve the damage (Ubhi and Brown, 2019). Replicating stress checkpoint (S-phase checkpoint) involves the gradual activation of damage sensors, mediators and effectors (Allen et al., 2011). Replication protein A (RPA) binds to single-stranded DNA (ssDNA), recruiting numerous sensor proteins including ataxia telangiectasia and Rad3-related (ATR)-interacting protein (ATRIP), the 9-1-1 DNA clamp complex (RAD9-RAD1-HUS1), topoisomerase II binding protein 1 (TOPBP1) and Ewing tumor-associated antigen 1 (ETAA1), etc., triggers ataxia telangiectasia and Rad3-related (ATR) and phosphorylation of RPA32 (a subunit of RPA), leading to Chk1 activation (Zeman and Cimprich, 2014; Kotsantis et al., 2018).

DNA-dependent protein kinase catalytic subunit is necessary for ATR-Chk1 signal transduction. Upon replication stress, the DNA-PKcs is phosphorylated by ATR at the stalled replication forks, leading to transcriptional activation of Claspin expression and Chk1-Claspin complex stability, which is required for the optimal activation of intra S-phase checkpoint (Lin et al., 2014). The apoptosis mediator p53-induced protein with a death domain (PIDD) mediates DNA-PKcs recruitment at the stalled replication forks, and promotes the ATR signaling pathway in the cellular response to replication pressure and the cellular resistance to replication pressure (Lin et al., 2018). Phosphorylation of RPA32 Ser4/Ser8 is a key early step to fully activate ATR in response to replication stress and subsequent replication checkpoint stagnation. DNA-PK is the main kinase that targets Ser4/Ser8 in replication stress. The PIKK phosphorylation of RPA32 plays a key role in replication checkpoint activation, and DNA-PK was considered as an important contributor to this response (Liu et al., 2012). In addition, it was reported that ATR was critical in the early S phase, especially in cells under high replication stress; however, ATR can be circumvented by DNA-PKcs and Chk1 under moderate replication stress. They concluded distinct but concerted roles of ATR, DNA-PK, and Chk1 in countering replication stress (Buisson et al., 2015).



DNA-PKcs in Autophagy

Autophagy is a physiological degradation mechanism of cells through which autophagic vesicles can deliver unfolded proteins and damaged organelles to lysosomes to eliminate them (Leidal et al., 2018). Autophagy plays an important role in different DDR pathways (Hewitt and Korolchuk, 2017). Inhibition of DNA-PKcs by bromovanin, a vanillin derivative, exhibited a potent antiproliferation effect through induction of both apoptosis and autophagy in HepG2 cells (Yan et al., 2007). Daido et al. (2005) reported that relative low-dose IR induced massive autophagic cell death in M059J cells that lack DNA-PKcs. The treatment of M059K cells with DNA-PKcs antisense oligonucleotides caused radiation-induced autophagy and radiosensitized the cells. Similar observations were also obtained by Puustinen et al. (2020) study. Inactivation or depression of DNA-PKcs increases ionizing radiation-induced cell autophagy as well as occurrence of cell apoptosis. It was found that DNA-PKcs interacts with the AMP-dependent protein kinase (AMPK) complex and phosphorylates nucleotide-sensing γ1 subunit (protein kinase AMP-activated non-catalytic subunit gamma) PRKAG1/AMPKγ1 at Ser192 and Thr284, thereby facilitating the AMPK complex activation by STK11 at lysosomal and autophagy.



The Association of DNA-PKcs With Telomeres

Telomeres are DNA–protein complexes located at the ends of chromosomes in eukaryotic cells. The major function of telomeres is to maintain the stability and integrity of chromosomes (Roake and Artandi, 2020). The telomere sequence has unique characteristics, making telomeres susceptible to various DNA damages induced by the external environment and genotoxins (Lazzerini-Denchi and Sfeir, 2016). Any abnormality in telomere function may lead to cell aging/senescence and canceration. Telomeres can sense both intrinsic and extrinsic stresses and its dysfunction drives cell senescence (Victorelli and Passos, 2017). DNA-PKcs plays a role in telomere maintenance and is necessary for telomere capping (Goytisolo et al., 2001; Zhang et al., 2016; Sui et al., 2020). Sui et al. (2015) reported that hTR-mediated DNA-PKcs stimulation and subsequent hnRNP A1 phosphorylation affect the cell cycle-dependent distribution of telomeric repeat-containing RNA (TERRA) on telomeres by promoting the removal of TERRA in telomeres, which is important for the S-phase process, thereby promoting efficient telomere replication and capping (Ting et al., 2009). In cells lacking DNA-PKcs, uncapped telomeres are inappropriately detected and processed as DSB, and therefore not only participate in spontaneous telomere-telomere fusion, but also participate in ionizing radiation induction Telomere-DSB fusion event. The association between accelerated telomere shortening and decreased expression of DDR genes, including DNA-PKcs, Mre11, Xrcc4, etc, was found in the accelerated thymic aging of a rat model of developmental programming (Tarry-Adkins et al., 2019), suggesting DNA-PKcs may affect aging by maintaining telomeres integrity.



DNA-PKcs Functions in Cell Cycle Checkpoints

When DDR occurs, the PIKK kinases ATM, ATR and DNA-PKcs coordinately play the role of maintaining genome integrity (Blackford and Jackson, 2017). These kinases control the repair of the broken DNA ends and transmit the damage signal through the tumor suppressor p53, CHK1/CHK2 and so on to induce cell cycle arrest, apoptosis, or aging. In this process, DNA-PKcs works by affecting G2/M DNA damage checkpoint in ATM deficient cells (Lee et al., 1997; Arlander et al., 2008; Tomimatsu et al., 2009; Shang et al., 2010). In ATM knockdown human mammary epithelial cells, either DNA-PK inhibitor treatment or RNAi knockdown of DNA-PKcs significantly attenuated G2 checkpoint (Arlander et al., 2008). In ATM-deficient AT5BIVA cells, DNA-PKcs inhibition led to a prolonged G2/M arrest (Shang et al., 2010). This phenotype could also be an indirect effect of no repair due to DNA-PKcs inhibitory role in ATM phosphorylation in DDR (Zhou et al., 2017). Inactivation of DNA-PKcs strikingly attenuated the ionizing radiation-induced phosphorylation of Chk1 or Chk2/T68 in ATM-deficient cells.

Ataxia-Telangiectasia Mutated, ATR, and DNA-PKcs can directly phosphorylate p53. ATM and ATR phosphorylate p53 through checkpoint kinases 2 (CHK2) and checkpoint kinases 1 (CHK1), respectively (Roos and Kaina, 2006). p53 stability is mainly regulated by oncoprotein MDM2, a key negative regulator of p53 (Haupt et al., 1997; Kubbutat et al., 1997). Under non-stress conditions, MDM2 and p53 N-terminal domain form a stable complex. MDM2-mediated proteasome degradation keeps p53 at a low level.

Under DNA damage stresses, p53 and MDM2 dissociate and p53 accumulates in the nucleus. p53 functions as a transcription factor to promote the expression of genes involved in DNA repair, cell cycle arrest, apoptosis, and aging to maintain genome integrity. Achanta et al. (2001) found that the DNA-PKcs/Ku/p53 complex may act as a sensor for DNA strand breaks caused by the incorporation of drug molecules, and then transduce signals to trigger apoptosis (Wang et al., 2000). Boehme et al. (2008) found that the activation of DNA-PKcs led to the phosphorylation and activation of Akt/PKB, which subsequently led to the inactivation of GSK-3β. As a result, MDM2 is phosphorylated and p53 accumulation increases. In this regard, DNA-PKcs modulates the p53-dependent apoptosis after DNA damage. At the same time, there are two negative feedback loops between p53 and MDM2 and wild-type p53-induced phosphatase 1 (Wip1) to regulate the level of p53 protein (Lu et al., 2007). Wip1 de-phosphorylates MDM2 and downregulates p53 protein levels by stabilizing MDM2, facilitating its access to p53.



Targeting DNA-PKcs to Reprogram the Cellular Radiosensitivity

In the past century, radiation therapy has become the main treatment for cancer (Baskar et al., 2012). Statistically, about 50–70% of malignant tumor patients in the world are receiving radiotherapy (Huang and Zhou, 2020). However, the existence of radioresistance of cancer cells greatly hampers the efficacy and application of tumor radiotherapy (Kim et al., 2015). Radiation resistance is conducive to normal cells to escape the damage caused by ionizing radiation, but it is not conducive to the radiotherapy of malignant tumors.

The ability of cancer cells to repair DNA damage is a crucial factor that determines their sensitivity to radiation therapy or chemotherapy (Zhu et al., 2009). Inhibiting the repair ability of cancer cells offers a strategy to reduce the radiation resistance of cells and improve the efficacy of radiotherapy.

DNA-dependent protein kinase has become an attractive therapeutic target in various cancer treatments, especially when used in combination with genotoxic chemotherapy or ionizing radiation (Huang and Zhou, 2020; Medová et al., 2020). Studies have shown that targeting DNA-PKcs with various inhibitors can effectively enhance radiotherapy, and many small molecule inhibitors of DNA-PKcs have been developed and shown to be effective radiosensitizers in vitro (Table 2). One of the earliest identified inhibitors was wortmannin, which was isolated in 1957. It was defined as an effective non-competitive PI3K irreversible inhibitor in 1993, but it also targets other members of the PIKK family, including DNA-PKcs, ATM, ATR (Ui et al., 1995). The DNA-PK inhibitor NU7026 was reported to potentiate topo II poisons in treatment of leukemia through inhibition of NHEJ and G2/M checkpoint arrest (Willmore et al., 2004). In preclinical evaluation of DNA-PK inhibitor NU7441, it showed sufficient chemosensitization and radiosensitization with either etoposide, doxorubicin or ionizing radiation (Zhao et al., 2006). A highly selective DNA-PK inhibitor, AZD7648 showed efficient sensitization on radiation or doxorubicin in xenograft and patient-derived xenograft (PDX) models (Fok et al., 2019). M3814 inhibits DNA-PK catalytic activity and sensitizes various cancer cell lines to ionizing radiation (IR) and DSB inducers (Zenke et al., 2020). In addition, LY3023414 and CC-115 are both mTOR inhibitors, but they also have inhibitory effects on DNA-PKcs and other PI3KK (Smith et al., 2016; Thijssen et al., 2016; Bendell et al., 2018). It can be envisioned that the inhibition of DNA-PK shows considerable prospects in anti-tumor resistance. However, DNA-PK inhibitors are usually limited by poor pharmacokinetics: these compounds have poor solubility and unstable metabolism in the body, resulting in short serum half-life. Development of new compounds with better performance is a key step in obtaining effective anti-cancer drugs.


TABLE 2. The commonly used DNA-PK inhibitors.
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FUTURE PERSPECTIVES

Over the decades, DNA-PKcs has been revealed to play multi-faceted roles and has been proved to be an essential regulator in the processes of DDR, however, there are still many unresolved questions. How does the interaction of DNA-PKcs and Ku-DNA complex leads to activation of DNA-PK protein kinase activity? There are a large number of sites and forms of post-translation modifications (PTMs) on DNA-PKcs, how these PTMs are inter-related and regulated, and how they influence DNA-PKcs functions. Are there any other DNA-PK substrates yet to be discovered? It is worth to draw the panorama of function-related DNA-PKcs interaction networks. The use of DNA-PK inhibitors for cancer therapy will not only inhibit the activity of DNA-PK in cancer cells, but also inhibit the activity of DNA-PK in normal cells. How to solve this problem? Ongoing exploration of DNA-PKcs’ multi-facet roles in DDR and besides will greatly contribute to our overall understanding of cancer and the discovery of new therapies.
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DNA damage and unrepaired or insufficiently repaired DNA double-strand breaks as well as telomere shortening contribute to the formation of structural chromosomal aberrations (CAs). Non-specific CAs have been used in the monitoring of individuals exposed to potential carcinogenic chemicals and radiation. The frequency of CAs in peripheral blood lymphocytes (PBLs) has been associated with cancer risk and the association has also been found in incident cancer patients. CAs include chromosome-type aberrations (CSAs) and chromatid-type aberrations (CTAs) and their sum CAtot. In the present study, we used data from our published genome-wide association studies (GWASs) and extracted the results for 153 DNA repair genes for 607 persons who had occupational exposure to diverse harmful substances/radiation and/or personal exposure to tobacco smoking. The analyses were conducted using linear and logistic regression models to study the association of DNA repair gene polymorphisms with CAs. Considering an arbitrary cutoff level of 5 × 10–3, 14 loci passed the threshold, and included 7 repair pathways for CTA, 4 for CSA, and 3 for CAtot; 10 SNPs were eQTLs influencing the expression of the target repair gene. For the base excision repair pathway, the implicated genes PARP1 and PARP2 encode poly(ADP-ribosyl) transferases with multiple regulatory functions. PARP1 and PARP2 have an important role in maintaining genome stability through diverse mechanisms. Other candidate genes with known roles for CSAs included GTF2H (general transcription factor IIH subunits 4 and 5), Fanconi anemia pathway genes, and PMS2, a mismatch repair gene. The present results suggest pathways with mechanistic rationale for the formation of CAs and emphasize the need to further develop techniques for measuring individual sensitivity to genotoxic exposure.
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INTRODUCTION

Human cancers are often associated with chromosomal instability with complex numerical and structural chromosomal aberrations (CAs), which may be causative events in the process of malignant transformation (Futreal et al., 2004; Rajagopalan and Lengauer, 2004; Mitelman et al., 2007; Burrell et al., 2013). Structural CAs may be specific, such as translocations and inversions, or non-specific, such as chromatid breaks, fragmented or missing parts of chromosomes, and fusions resulting in dicentric and ring chromosomes (Bignold, 2009). The former are often recurrent and they are currently analyzed by molecular cytogenetic methods while the latter are scored by classical cytogenetic techniques, which are able to recognize chromosome-type aberrations (CSAs) and chromatid-type aberrations (CTAs) according to morphological changes (Hagmar et al., 2004). CTAs are formed due to insufficiently repaired double-strand breaks (DSBs) during the late S or G2 phase of the cell cycle (Natarajan and Palitti, 2008; Bignold, 2009; Durante et al., 2013), whereas CSAs are the result of direct DNA damage due to radiation, chemical mutagens, or shortening of telomeres during the G0/G1 phase (Albertini et al., 2000; Jones et al., 2012). Non-specific CAs have been used in the monitoring of populations occupationally exposed to potential carcinogenic chemicals and radiation and an increased frequency of CAs in peripheral blood lymphocytes (PBLs) has been associated with cancer risk and the association has also been found in incident cancer patients (Rossner et al., 2005; Vodicka et al., 2010; Vodenkova et al., 2015).

Unrepaired or insufficiently repaired DSBs, as well as telomerase dysfunction, represent the mechanistic bases for the formation of structural CAs (Natarajan and Palitti, 2008; Bignold, 2009; Durante et al., 2013; Vodicka et al., 2018; Srinivas et al., 2020). However, even other types of DNA repair pathways may contribute to CA formation as these are found in inherited syndromes manifesting DNA repair gene mutations (Rahman, 2014). Eukaryotic cells have four conserved but distinct pathways of DSB repair: non-homologous DNA end joining (NHEJ), alternate end joining (a-EJ), homologous recombination (HR), and single-strand annealing (SSA) (Sung, 2018). In non-malignant cells, the majority of DSBs are removed via either NHEJ or HR, with minor contribution of a-EJ and SSA. Repair via HR may be error-free while the three other DSB repairs are error-prone, particularly the rare a-EJ and SSA. Repair errors emerge as mutations and CAs with smaller or larger DNA sequence losses. The role of telomerase dysfunction has been emerging more recently, with growing evidence that shorter telomeres are associated with increased frequency of CAs, particularly of the CSA type (Li et al., 2013; Hemminki et al., 2015). Telomeres become shorter at each round of replication and critically shortened telomeres may be poorly end-capped and may be recognized as DSBs by repair machinery that may result as CAs (Maser and DePinho, 2002; Meeker et al., 2004; Gostissa et al., 2011; Jones and Jallepalli, 2012; Maciejowski et al., 2015). It has been shown that telomere shortening is associated with a decreased capacity to repair DSBs in multiple types of cancer (Kroupa et al., 2017).

In the present study, we used data from our published genome-wide association studies (GWASs) (Niazi et al., 2018, 2019) and extracted the results for 153 DNA repair genes to find out the association between CA frequency and DNA repair pathways. The population was occupationally exposed to diverse harmful substances/radiation and/or personally exposed to tobacco smoking. The analyses were conducted for the types of CAs (CAtot, CSAs, and CTAs) using linear and logistic regression models.



MATERIALS AND METHODS

Our cohort comprised 607 individuals recruited from the Czech and Slovak Republics. The subjects were investigated for chromosomal abnormalities in previous occupational exposure-related epidemiological studies or as regular medical monitoring in factories with exposure to genotoxic compounds. These studies involved individuals with defined exposure to small organic compounds, heavy metals, radiations, and asbestos and other mineral fibers as well as unexposed controls (Vodicka et al., 2004a,b; Dusinska et al., 2004a,b, 2012; Musak et al., 2008; Kazimirova et al., 2009). Prior to blood sampling, study subjects were informed according to the rules of Helsinki declaration and written approval was obtained. Ethics Committees of the Slovak Medical University, the Jessenius Faculty of Medicine, the Comenius University Bratislava, the Institute for Clinical and Experimental Medicine in Slovakia, and the Thomayer Hospital and the General University Hospital in the Czech Republic approved the study design.

The study population (Table 1) contained about 60% males and 40% females. All individuals included in the study were either exposed to genotoxic compounds due to their occupation and/or they were smokers. About half of the individuals (52.1%) had a history of occupational exposure to genotoxic organic compounds while 12.7% were exposed to heavy metals, mineral fibers, and low levels of radiations. All subjects filled a questionnaire listing beside the type of job and periods of exposure other exogenous factors such as smoking, radiation exposure, and dietary dispositions. About 66% of the individuals included in the study were smokers. Age of the participants ranged from 19 to 80 years with a median age of 43 years. Cytogenetic analysis was done in PBLs that were stimulated to grow and cultured for 48 h (Vodicka et al., 2010). About 100 mitoses per person were evaluated to score the frequency of CSAs and CTAs and they were summed up to CAtot (i.e., CSA + CTA = CAtot).


TABLE 1. Descriptive attributes of the study cohort and exposure-based distribution.

[image: Table 1]
For GWAS genotyping, Illumina HumanOmniExpressExome8v1.3 chip arrays were used and the quality control (QC) criteria were implemented according to the predetermined benchmarks (Niazi et al., 2018, 2019). Samples were included on the basis of successful genotyping ≥95%. Duplicates and related individuals were excluded by identity-by-state (IBS) score. Population outliers determined by the principal component analysis were removed. After prephasing with SHAPEIT v2.12 (Delaneau et al., 2011), imputation was performed using UK10K (Walter et al., 2015) and 1,000 genomes (phase 3, October 2014) (1000 Genomes Project Consortium, Auton et al., 2015) as reference panels with IMPUTE2 v2.3.2 software (Howie et al., 2011). Prior to analysis, SNPs were filtered according to call rate (<95%), Hardy–Weinberg equilibrium (HWE) (P < 1.0 × 10–5), minor allele frequency (MAF) (<0.05), and imputation quality (Info <0.70).

Association analysis between CA frequency and SNPs in DNA repair genes was conducted using PLINK version 1.90b3.30 (Purcell et al., 2007) using logistic (binary) and linear regression analyses on three phenotypes CAtot, CSAs, and CTAs. For binary logistic regression analysis, individuals were divided into high and low CA frequency groups. For CAtot analysis, individuals with ≥2% CAs were included in the high-frequency group, while for CSAs and CTAs, the threshold for inclusion into the high-frequency group was ≥1% (Dusinska et al., 2004a; Vodicka et al., 2010). The analyses were adjusted for gender, age, smoking status, and occupational exposure. GWAS summary statistics were then used for our gene-based study that included a list of 170 DNA repair genes (Wood et al., 2001, 2005; Friedberg et al., 2006; Lange et al., 2011; Table 2). For these genes, coordinates were extracted from USCS genome browser’s hg19 assembly, which gave a list of genes with chromosome number and transcription start and end position. Genes on the X chromosome were excluded from the analysis as well as those with no match found in NCBI RefSeq list, leaving 153 genes for the analysis (Rosenbloom et al., 2015). On the basis of the gene coordinates, a region including the gene of interest with 100 kb upstream and 100 kb downstream regions was selected, and all the SNPs in this window were analyzed. In total, about 40,000 SNPs from the repair genes’ regions were analyzed, with about 2000 independent loci among them as determined by using PLINK’s linkage disequilibrium-based pruning. These regions were plotted in LocusZoom (Pruim et al., 2010) and SNPs with P-value 5 × 10–3 or below were further studied for their capacity to influence the functional aspects of the corresponding DNA repair genes. This threshold was set to only select the SNPs above the background level of association in the analysis. In silico tools utilized in this analysis were Haploreg, GTex, and RegulomDB 2.0 (Ward and Kellis, 2012; Boyle et al., 2012; GTEx Consortium., 2013). These were used to ascertain linkage disequilibrium (LD) between the SNPs from the same locus identified by different phenotypic analysis as well as location [intergenic, 3′ and 5′ untranslated regions (UTRs)], intronic or expression quantitative trait locus (eQTL, minimal P-value of 10–5), and effect (synonymous, missense, and non-sense) of the genetic variation. Regulome DB version2.0 provided chromatin state, information about changed motifs, transcription factors, and DNase accessibility.


TABLE 2. Total 153 studied genes grouped based on DNA repair type (genes where the SNPs were associated with CAs are in bold letters).
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RESULTS

We identified 14 independent loci associated with CA frequency from six different analyses (two regression models, namely, linear and logistic for each of the three phenotypes, CAtot, CSA, and CTA) below the applied cutoff, P-value 5 × 10–3; note that the REV3L (REV3 like, DNA-directed polymerase zeta catalytic subunit) SNP was detected by both the linear and logistic models in CTA analysis (Table 3). All the SNPs that remained after cutoff P-value 5 × 10–3 in all phenotypes’ logistic and linear models are given in Supplementary Material. If one would consider the analysis of 153 genes, and assume one association per gene, the Bonferroni type of corrected significance level would have a P-value of 3.2 × 10–4. SNPs that remained significantly associated with CAs after applying this criterion are indicated in bold in Table 3. Among CAtot associated loci, SNP rs3130780 from logistic regression analysis had a P-value that was significant according to such a correction (OR 1.89, 95% CI 1.36–2.64, P-value 1.77 × 10–4). The SNP is located 1.7 kb 5′ to GTF2H4 (general transcription factor IIH subunit 4), which belongs to the nucleotide excision repair (NER) pathway. In the same analysis for gene PARP1 [poly(ADP-ribose polymerase 1], rs1341334 at 1q42.12 with OR 1.56, 95% CI 1.21–2.00, and P-value 5.16 × 10–4 also came close to the significance threshold. From the linear regression analysis for CAtot, no significant association was identified and the only SNP above the background level was an intronic variant in MGMT (O6-methylguanine-DNA methyltransferase) gene. This gene is involved in the direct reversal of DNA damage.


TABLE 3. SNP associations with P-value ≤ 5 × 10–3 from logistic and linear regression analyses of three CA types (CAtot, CTA, and CSA).
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A SNP marking the gene REV3L was found to be associated with the CTA phenotype in both linear and binary logistic regression models. This variant, rs7742724, exhibited a notable association in the linear model with β 0.16, 95% CI 0.09–0.24, and P-value 2.47 × 10–5 and a similar tendency in the binary model but with an elevated P-value of 6.42 × 10–4. The other variants from the CTA analysis had P-values ranging from 1.31 × 10–3 to 4.62 × 10–3. These included intronic SNPs in the genes BRIP1 (BRCA1 interacting protein C-terminal helicase 1), FANCC (Fanconi anemia complementation group C), MDC1 (mediator of DNA damage checkpoint 1), and XRCC4 (X-ray repair cross-complementing protein 4) as well as in TP53BP1 (TP53-binding protein 1). BRIP1 and FANCC belong to the Fanconi anemia pathway while MDC1 and TP53BP1 are conserved DNA damage response genes. XRCC4 is an NHEJ gene. A variant rs10009807 located at 1.1 kb 5′ to NEIL3 (nei like DNA glycosylase 3), which is a base excision repair (BER) pathway gene, was also among the associations identified from the CTA analysis.

The CSA group presented a total of four associations from both models; SNP at 6q25.3 and eQTL to GTF2H5 (general transcription factor IIH subunit 5) was the best candidate with OR 1.74, 95% CI 1.31–2.31, and P-value 1.50 × 10–4. GTF2H5 is a member of the NER pathway. rs2318861, an eQTL SNP, for PARP2 [poly(ADP-ribose) polymerase 2], which ADP-ribosylates DNA by acting on terminal phosphates at DNA strand breaks, had a P-value of 9.85 × 10–4. In the linear regression analysis for CSAs, two associations included a Fanconi anemia gene FANCD2 (Fanconi anemia complementation group D2) and an intronic variant for mismatch repair (MMR) pathway gene PMS2 (PMS1 homolog 2, mismatch repair system component).

In Table 4, the candidate SNPs were annotated using RegulomeDB and GTex; some eQTL data were also retrieved using Haploreg. SNPs linked to genes PARP1, NEIL3, FANCC, XRCC4, and FANCD2 show DNase accessibility in blood and all the selected variants were located in either the region of strong transcription or in transcription start sites (TSSs) and enhancers in blood and many other tissues. The eQTLs summarized in Table 4 each target the linked DNA repair gene. The SNP linked to PARP1 was a strong eQTL in cultured fibroblasts at 9 × 10–23, and the one linked to the MGMT gene was a strong eQTL in the whole blood at 1.4 × 10–33. The SNPs associated with MDC1, GTF2H5, PARP2, and FANCD2 were eQTLs in the whole blood/cultured fibroblasts. The SNP for PMS2 was an eQTL in the aorta, whereas those linked to genes REV3L and BRIP1 were eQTLs in the brain and the tibial nerve, respectively.


TABLE 4. Regulome DB 2.0/GTex in silico analysis of associated variants.
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DISCUSSION

Genetic variation can be the cause of inter-individual differences in susceptibility to CAs and susceptibility to cancer (Vodicka et al., 2004a). In a previous analysis of 11 DNA repair genes in mixed population of occupationally exposed and unexposed individuals, associations with CAs were found with XPD and RAD54L polymorphisms (Vodicka et al., 2015). In the present study, SNPs from a total of 153 DNA repair genes were tested on an exposed population of 607 individuals. It can be expected that DNA repair is more critical in persons exposed to high apparent exposure vs. background environmental exposure and the distribution of CAs has been shown to be skewed to higher damage levels in the exposed population (Niazi et al., 2019). This population difference together with a more stringent significance threshold in the present study might be the reason for the different outcomes of these two studies. While CSAs and CTAs are assumed to be independent markers of damage, arising at different phases of the cell cycle, CAtot is a composite measure as the sum of CSAs and CTAs. For the presentation of the results, we selected an arbitrary cutoff level of 5 × 10–3, which appeared to be stringent as only 14 SNPs passed the threshold and, with one exception, these results from the linear and logistic models were different. We considered the Bonferroni type of adjusted P-value as 3.2 × 10–4 based on the 153 genes tested; even though many more independent LD regions were considered, the sample size for rarer SNPs afforded a limited power (with a MAF of 10%, only six homozygous variants were to be expected). Credibility to the findings is supported by the chromatin state and eQTL data. All SNPs were located at a site of strong transcription, enhancer, or TSS, and five SNPs were located at DNase-accessible sites in blood. Ten of the 14 candidate SNPs influenced the expression of the target DNA repair gene, and for 5, the data were obtained from whole blood.

Most positive associations at P-value below 5 × 10–3 were found for CTAs (N = 7), followed by four for CSAs and three for CAtot. SNPs for the NER pathway emerged two times, for BER and Fanconi anemia repair pathways three times, while SNPs in other pathways were unique. For the BER pathway, the implicated SNPs were eQTLs to the target genes PARP1 and PARP2, two homologs encoding chromatin-associated enzymes, poly(ADP-ribosyl)transferases, which modify various nuclear proteins by poly(ADP-ribosyl)ation with multiple downstream regulatory functions (Azarm and Smith, 2020). PARP1 may be associated with xeroderma pigmentosum, complementation group A through interactions with XPA, and the related susceptibility to skin cancer. PARP1 is involved in the synthesis of telomere C-strand (Azarm and Smith, 2020). PARP2 has partially overlapping biochemical functions with PARP1. PARP1 and PARP2 function in both single- and double-strand DNA repair, and they have an important role in maintaining genome stability through diverse mechanisms. PARP inhibitors are being used as anticancer agents in BRCA1/2 mutated cancers (Boussios et al., 2020).

The NER pathway genes GTF2H4 and GTF2H5 encode different subunits of general transcription factor IIH and both associations were highly significant (Rimel and Taatjes, 2018; Hill and Theos, 2019; Kolesnikova et al., 2019). The proteins share structural and functional homology and they are associated with NER enzymes XPB and XPD (Kolesnikova et al., 2019). Syndromes associated with GTF2H4/5 include xeroderma pigmentosum, complementation groups B and D, Cockayne syndrome, and trichothiodystrophy, all of which are characterized by extreme sensitivity to ultraviolet radiation and development of other sun-related problems such as excessive freckling and skin cancer. These syndromes as well as Fanconi anemia germline mutations display genomic instability and CAs (Chan and Ngeow, 2017; Hill and Theos, 2019). The related SNP targeted GTF2H5 as an eQTL.

In summary, the present study on DNA repair gene polymorphisms in a healthy population with occupational and personal genotoxic exposures revealed SNP associations with CA frequency at the P-value level of 5 × 10–3 within 14 different genes, many of which with key roles in maintaining genomic integrity and thus plausibly associated with mechanisms leading to CAs. More than half of the implicated SNPs were eQTLs to the target DNA repair genes. Although the recent interest in measuring random CAs has decreased because of cumbersome techniques, the present results suggest that the results may have understandable mechanistic links. If the current techniques cannot be improved, there will be a need to provide alternative approaches for measuring individual sensitivity to genotoxic exposure that may lead to increased risk of cancer.
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Folate deficiency is associated with a broad range of human disorders, including anemia, fetal neural tube defects, age-associated dementia and several types of cancer. It is well established that a subgroup of rare fragile sites (RFSs) containing expanded CGG trinucleotide repeat (TNR) sequences display instability when cells are deprived of folate. However, given that folate sensitive RFSs exist in a very small percentage of the population, they are unlikely to be the cause of the widespread health problems associated with folate deficiency. We hypothesized that folate deficiency could specifically affect DNA replication at regions containing CG-rich repeat sequences. For this, we identified a region on human chromosome 2 (Chr2) comprising more than 300 CG-rich TNRs (termed “FOLD1”) by examining the human genome database. Via the analysis of chromosome shape and segregation in mitosis, we demonstrate that, when human cells are cultured under folate stress conditions, Chr2 is prone to display a “kink” or “bending” at FOLD1 in metaphase and nondisjunction in anaphase. Furthermore, long-term folate deprivation causes Chr2 aneuploidy. Our results provide new evidence on the abnormalities folate deficiency could cause in human cells. This could facilitate future studies on the deleterious health conditions associated with folate deficiency.
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INTRODUCTION

Folate is a B vitamin that functions as a carrier for one-carbon units that are essential for DNA synthesis (Ducker and Rabinowitz, 2017). Humans cannot synthetize folate and therefore rely on a dietary supply of this nutrient. In human populations where folic acid supplementation is absent, folate deficiency is frequently observed (Bailey et al., 1982; Senti and Pilch, 1985; Roman Vinas et al., 2011; Mensink et al., 2013). This deficiency is known to be associated with anemia (Green and Miller, 1999), fetal neural tube defects (No authors listed, 1991), infertility in men and women (Altmae et al., 2010; Gaskins et al., 2012; Sansone et al., 2018), age-associated dementia, psychological disorders (Araujo et al., 2015), and several types of cancer (including breast, pancreatic, colon, esophageal, and gastric) (Giovannucci, 2002; Larsson et al., 2006; Ericson et al., 2007). Notably, it is established that a subgroup of so-called rare fragile sites (RFSs), which contain CGG trinucleotide repeat (TNR) sequences (Durkin and Glover, 2007), are particularly sensitive to the intracellular level of folate. Among them, FRAXA is the most widely studied RFS and is associated with fragile X syndrome (FXS) when the TNR sequence expands beyond a critical length (Pieretti et al., 1991; Santoro et al., 2012). RFSs appear on metaphase chromosomes as gaps or breaks in otherwise fully condensed chromatin (called RFS “expression”). However, because they are present in a very small subset of individuals (less than 5%), RFSs containing abnormally expanded CGG-TNR sequences are unlikely to be the cause of the more widespread health problems associated with folate deficiency.

It is known that folate deficiency has a negative impact on genome stability. Previous studies showed that cells deprived of folate exhibit DNA replication-associated DNA breakage (Lamm et al., 2015) and chromosome instability (e.g., chromosome 8 aneuploidy) (Ni et al., 2010). In agreement with this, our previous work demonstrated that, in response to folate stress, the FRAXA locus is dramatically missegregated in mitosis (Bjerregaard et al., 2018). Importantly, long-term folate deprivation not only exacerbates FRAXA instability but also leads to chromosome X aneuploidy (Bjerregaard et al., 2018). However, it remains unknown whether other “non-RFS” regions are also susceptible to folate deprivation. Considering that all of the 24 folate sensitive RFSs contain abnormally long CGG-TNRs (Durkin and Glover, 2007), we hypothesized that folate deficiency might specifically affect genomic regions containing apparently non-pathological CG-rich repeat sequences. It is conceivable that folate deficiency could specifically interfere with the replication of these CG-rich sequences, which potentially can form DNA secondary structures due to the slowing of replication forks in response to a lack of thymidine and/or purines (Fry and Loeb, 1994; Usdin and Woodford, 1995). The resulting replication perturbation would then interfere with the timely locus condensation in early mitosis and the subsequent sister chromatid disjunction in anaphase, as is observed at FRAXA (Bjerregaard et al., 2018). This, in turn, would lead to heritable alterations at CG-rich TNR regions, and potentially explain the diverse health problems associated with folate deficiency.

To address this hypothesis, we conducted a bioinformatic analysis of human genome and identified a region at 2p11.2 that contains a cluster of more than 300 CG-rich TNRs (termed FOLD1 for “folate-deficiency-induced bending 1”). Our results demonstrated that folate deprivation leads to distinct mitotic abnormalities at FOLD1, possibly due to a difficulty in replicating the CG-rich TNRs in this region when cells are subjected to folate stress.



MATERIALS AND METHODS


Cell Lines

Epstein-Barr virus immortalized human B-lymphocyte GM09237 (male, with 931–940 CGG repeats (Bjerregaard et al., 2018) at the FRAXA locus) was from the Coriell Biorepository. Untransformed foreskin fibroblast Hs68 cells and osteosarcoma cell line U2OS were from the ATCC.



Cell Culture

B-lymphocytes were maintained in RPMI 1640 Medium (Gibco), while Hs68 cells were maintained in Dulbecco’s modified Eagle’s medium (DMEM). In both cases, the medium was supplemented with 15% fetal bovine serum (FBS, Thermo Fisher Scientific). U2OS cells were maintained in DMEM supplemented with 10% FBS. The cells were maintained at 37°C in a humidified atmosphere with 5% CO2 and were routinely subjected to mycoplasma testing (using MycoAlert; Lonza). Only mycoplasma-free cells were analyzed.



Cell Synchronization and Treatment

To obtain metaphase chromosomes, asynchronous cells were cultured under several different conditions including untreated (Unt), with 0.5 μM 5-fluorodeoxyuridine (FdU; Abcam), 0.4 μM aphidicolin (APH; Sigma Aldrich) or 0.4 mM hydroxyurea (HU; Sigma Aldrich) for 22 h and were synchronized in metaphase by being cultured with colcemid (100 ng/ml; Thermo Fisher Scientific) for the last 5 h of the 22-h treatment. For “No folate” condition, cells were cultured in RPMI 1640 medium without folic acid (Gibco), or DMEM medium without folic acid (Cell Culture Technologies) for 3 or 5 days and were then synchronized at metaphase by being cultured with colcemid (100 ng/ml; Thermo Fisher Scientific) for the last 5 h before harvesting.

To analyze mitotic DNA synthesis (MiDAS) on metaphase chromosomes, asynchronous cells under untreated or FdU treated conditions were arrested in late G2 using 12 μM RO3306 (12 μM; Merck) for 9 h. Cells were then released into medium containing 20 μM 5-ethynyl-2′-deoxyuridine (EdU; A10044 Thermo Fisher Scientific) and colcemid (100 ng/ml; Thermo Fisher Scientific) and were then incubated for 1 h before harvesting.

To harvest anaphase/telophase cells, asynchronous cultures were treated with RO3306 for 9 h to induce an arrest at the G2/M boundary. Cells were then released from RO3306, incubated for 30 or 45 min in pre-warmed cell culture medium (37°C), and then seeded onto poly L-Lysine coated slides (Sigma Aldrich) prior to fixation. For cells cultured in RPMI 1640 without folic acid (“No folate”), RO3306 was added to the medium after 3- or 5-day incubation, and the cells were then released after 9 h as indicated above.

To assess chromosome nondisjunction, a previously published protocol was used (Bjerregaard et al., 2018). Briefly, cells were released from FdU into medium containing 10 μM EdU (Thermo Fisher Scientific) for 3 h to label the cells that had gone through S phase in the presence of FdU. Cells were then released into cytochalasin B (3 μg/ml; Sigma-Aldrich) for 16 h and seeded onto poly L-Lysine slides (Sigma-Aldrich) for further analysis.



Fluorescence in situ Hybridization

To analyze metaphase chromosomes, cells in metaphase were harvested using standard procedures. Briefly, cells were swollen in 75 mM KCl (at 37°C), fixed in methanol:acetic acid (3:1) and then dropped onto glass slides. To analyze anaphase and cytokinesis-blocked cells, cells were seeded on poly-L-Lysine slides (Sigma-Aldrich) and fixed in methanol:acetic acid (3:1) for fluorescence in situ hybridization (FISH) analysis. BAC clones were used to prepare FISH probes targeting the regions of interests: RP11-439L14 (GenBank: AC012454.8) for FOLD1, RP11-464P18 (GenBank: AC073105.1) for Chr2Q, RP11-799C6 (GenBank: AC068519.1) for Chr1CCEN, RP11-383P16 (GenBank: AC233288.1) for FRAXA (Supplementary Figure 1A). Probes were labeled using the BioNick labeling system (Thermo Fisher Scientific) or DIG-nick translation mix (Sigma Aldrich). FISH was carried out using standard procedures, as previously published (Bjerregaard et al., 2018). Slides were mounted using Vectashield mounting medium with DAPI (Vector Labs). Images were captured using an Olympus BX63 microscope. Images were analyzed using CellSens (Olympus) or Fiji/ImageJ software. In the analysis of “bent” shape of human chromosome 2 (Chr2), all of the images were analyzed independently by two researchers.



Karyotype Analysis

Karyotypes of metaphase cells were obtained using conventional G-banding and were analyzed using a Leica light microscope equipped with CytoVision software.



FISH/EdU Detection

To detect EdU incorporation at FOLD1, revealed by FISH, we followed a previously described protocol (Garribba et al., 2018) with minor modifications. Briefly, at the end of the FISH procedure, slides were fixed in 4% paraformaldehyde (PFA) in PBS for 4 min at room temperature (RT) and then blocked in 3% bovine serum albumin (BSA) in PBS + 0.5% Triton-X100 for 10 min at RT. Then, EdU detection was carried out using Click-iT® Plus EdU Alexa Fluor® 594 Imaging Kit (C10339 Thermo Fisher Scientific). Slides were incubated with the reaction mix for 1 h at RT in the dark and were then washed in 3% BSA in PBS + 0.5% Triton-X100 (3 × 20 min). Slides were mounted using Vectashield mounting medium with DAPI (Vector Labs). Images were captured using an Olympus BX63 microscope and analyzed using CellSens (Olympus) or Fiji/ImageJ software.



Statistical Analysis

At least three independent experiments were carried out to generate each data set. Statistical significance in each case was calculated using Chi-squared or Fisher’s exact test for all of the data sets.



Genome Sequencing and Bioinformatic Analysis


Extraction of Simple Repeats

AT or CG rich simple repeats were obtained from the recent version of the human genome assembly (GRCh38/hg38) curated at UCSC Genome Browser Database (Rosenbloom et al., 2015). The number of nucleotides of repeat unit ranges from 1 to 14. Considering that the average GC-content in human genomes ranges from 35 to 60%, with a mean of 41% (Piovesan et al., 2019), we reasoned that, if a region has more than 60% C/G repeats, then it will have more C/G than the other parts of the genome. Therefore, we used 60% as a threshold to filter out the regions with simple repeats. Three databases, namely “RepeatMasker Database,” “Tandem Repeat Finder,” and “Microsatellites,” were used to extract repeats. To identify TNRs, the RepeatMasker database was used, while the repeats were concatenated and calculated with the other two databases. To extract and organize potential repeat sequences, genomic features including chromosome position, length of the repeat unit, number of repetitions of the repeat unit, total span of the repeat chain, the overall similarity of the consensus sequence to the repeat chain, consensus sequence, and database source were included (Supplementary Tables 1, 2). The extraction process was performed using an automated computational pipeline that includes custom-made Bash and Python scripts. The scripts can be accessed at github: https://github.com/puko818/trinucl-hunter.



Overlap Analysis With Genomic Features

To analyze the overlap between repeat sequences and genomic features, we obtained BED files from the following databases (Quinlan and Hall, 2010): (1) CpG islands (database table cpgIslandExt) (hg38); (2) Cytogenetic bands (database table cytoBand) (hg38); (3) Promoters (database table knownGene, with positions 2000 bases upstream and 500 bases downstream of the transcription start site) (hg38); (4) Exons (database table knownGene) (only positions of the exons from the downloaded coordinates (hg38); (5) introns (database table knownGene) (only positions of the introns from the downloaded coordinates) (hg38); (6) transposable elements (TEs; database table rmsk) Records labeled as simple repeats were skipped as those were already included in the AT/CG-rich database (hg38); (7) transcription factor binding sites (TFBS; database table wgEncodeRegTfbsClusteredV3) (hg19) (with coordinates being converted to h38 coordinates using the liftOver tool) (Rosenbloom et al., 2015); (8) COSMIC database of somatic mutations – database table COSMIC (hg19) (with coordinates being converted to hg38 using the liftOver tool; (9) polymorphisms (database of single nucleotide polymorphisms-database table snp147Common from hg38 and database of genomic variants - database table dgvMerged from hg38). BEDOPS package (Neph et al., 2012) was used to analyze the overlaps. The criterion for designation of an overlap was 1 bp. The expected or observed representation of the repeats in certain genomic features was calculated using the following formula:
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|repeati|is the length of the i-th repeat from the group of AT-rich or CG-rich repeat database of size n, |featurej|is the length of the j-th feature from the particular database of genomic features of size m. In detail, feature span corresponds to [image: image] and repeat span corresponds to [image: image]. These are both normalized to the length of the genome (|genome|2 in the denominator). Repeatspan refers to the total lengths for all such repeats within the genome. Featurespan is the total length for all such features across the genome. Nonrandom association of specific features with repeat categories was assessed based on observed association compared to an expectation of random distribution. Subsequently the expected and observed representations of overlapped genomic features with repeats were analyzed using ggplot2 and displayed as Log fold changes.



Genome Sequencing and Data Analysis


Secondary generation of whole-genome sequencing

Two DNA samples extracted from GM09237 cell line cultured with either normal medium (untreated; labeled as “YL2.1.18”) or medium with no folic acid for 5 days (no-folate-5-day; labeled as “YL2.2.18.mixed”) were sequenced by BGI PE100 platform (BGI whole genome 100 bp paired-end sequencing 60×; BGISEQ PE100). These two whole-genome sequencing (WGS) data can be accessed at: https://ega-archive.org/datasets/EGAD00001007732. WGS data quality was assessed using FastQC (available online at: http://www.bioinformatics.babraham.ac.uk/projects/fastqc/ (2015), “FastQC,” https://qubeshub.org/resources/fastqc), MultiQC (Ewels et al., 2016) and Fastq Screen (Wingett and Andrews, 2018). New WGS data were trimmed using “fastp” version 0.20.0 (Chen et al., 2018) with the settings of “detect_adapter_for_pe –correction –trim_poly_x –cut_tail –trim_front1 2 –trim_front2 2,” and mapped using “bowtie 2” (version 2.2.9) (Langmead and Salzberg, 2012) with the setting of “local,” and converted to bam files using Samtools (version 1.10) (Li et al., 2009) with the settings of “view – Sb.” The WGS data for the U2OS cell line was obtained from Akan et al. (2012) as bam files and assembled accordingly.



Evaluation of CG content in the genome

While optimizing the mapping at the hard to map regions including FOLD1 and FRAXA, we tested a range of different mapping settings including “–k 2” or “–k10000” to allow more multimapping regions in the output as well as “bwa mem” (Li, 2013). In addition, we generated fastq files consisting of 100 bp pseudoreads based on the reference genome sequence of the regions and their surroundings. While the pseudoreads could be mapped with high success-rates using the standard pipeline described above, none of the more permissive settings resulted in mapped reads within the regions. We therefore concluded that the lack of reads mapped to FOLD1 is not due to repetitive sequences or low “mappability” in general, but likely due to the exceptionally high GC content of the locus (92.6%), which may inhibit its PCR amplification, cluster formation in the flow cell and/or the sequencing reaction. Indeed, under standard library preparation procedures, the abundance of regions with a GC content >65% are reduced about hundred times compared to mid-GC reference regions after just ten PCR cycles (Aird et al., 2011).

To validate this in detail, FASTA files of hg38 genome sequence were downloaded from UCSC (Karolchik et al., 2004) and used to derive a bedgraph file with the C/G percentage in 100 bp in windows, as well as bed files with coordinates for each CpG dinucleotide or GCC/GGC trinucleotide. These files and bam files with mapped sequencing reads were imported as “datasets” in EaSeq (Lerdrup et al., 2016) using default settings, except for WGS data, where the option to filter for unique reads was disabled. A list of chromosome lengths in hg38 was imported into EaSeq as a Regionset and used to generate 1,000 bp windows covering the entire reference genome using the “Modify”-tool in the Regionset-panel with the setting “Homogenize and fragment regions to 1,000 bp.” The number of CpG and GCC/GGC coordinates as well as average C/G-percentage in each window was obtained for this set of regions using the “Quantify”-tool with all normalization options disabled. Genome-wide data from this set of regions were visualized using the “Scatter” plot type in EaSeq, with scales adjusted as shown in the plots and 100 bins on each axis. Tracks were visualized using the “FillTrack” plot type with Y-axis settings adjusted as indicated in the figures and with normalization and smoothing disabled. Plots were exported as pdfs from EaSeq and lay-outed in Adobe Illustrator CS6.



Third generation of WGS

Two DNA samples extracted from GM09237 cell line cultured with either normal medium (untreated; labeled as “YL2.1.18”) or medium with no folic acid for 5 days (no-folate-5-day; labeled as “YL2.2.18.mixed”) were sequenced by PacBio Sequel system (SMARTbell; performed by BGI). Raw data of this sequencing can be accessed at: https://ega-archive.org/datasets/EGAD00001007732. Long reads were mapped using two different algorithms: Minimap2 version 2.17 with the settings -ax map-pb (Li, 2018) and NGMLR version 0.2.7 (Sedlazeck et al., 2018). Reads which mapped using either algorithm were further excised from SAM output using awk and realigned for visualization using BLAST and Sequencher (Gene Codes Corporation, United States).



RESULTS


CG-Rich TNRs Are Frequently Associated With “Functional Genomic Regions”

To examine whether folate deprivation might adversely affect CG-rich regions of the human genome that have not been implicated as disease-causing, we performed a bioinformatic analysis of the GRCh38/hg38 human genome assembly1 to identify regions characterized by the presence of extended AT-rich or CG-rich simple repeats. In agreement with earlier work on the composition of the human genome (Burge et al., 1992; Nakashima et al., 1997; Lander et al., 2001; Venter et al., 2001), our analyses illustrated two marked differences between AT-rich and CG-rich repeats: (1) the number of AT-rich repeats in the human genome far exceeds that of CG-rich repeats (nearly 30-fold higher); (2) AT-rich repeats display a much wider range of repeat sequence classes and copy numbers than that of the CG-rich repeats (Supplementary Table 1 and Figure 1A). This relatively lowered abundance and diversity of CG-rich repeats likely reflects the deamination of 5-methylcytosine during evolution (Tomso and Bell, 2003; Fryxell and Moon, 2005; Walsh and Xu, 2006). When focusing on the TNR sequences we, however, found that the copy numbers of AT-rich or CG-rich repeats was very similar, ranging from 1 to 161 or 1 to 332, respectively (Supplementary Table 1). This suggested that CG-rich TNRs have been retained during evolution. Possibly, this reflects codons or the local aggregation of CpG-dinucleotides in thousands of CpG-islands, which are characterized by the overall low cytosine methylation levels, and the consequent protection from 5-methylcytosine deamination (Gardiner-Garden and Frommer, 1987; Antequera et al., 1989; Deaton and Bird, 2011; Long et al., 2016). In view of this, we compared the frequency of AT- or CG-rich repeats located in functional genomic regions, e.g., exons, promoters, TEs, TFBS, and regions mutated in cancer (COSMIC) (Figure 1B). This analysis showed that all of the CG-rich simple repeats, including TNRs, are more significantly enriched in functional regions including exons, promoters, TFBS, and regions mutated in cancer (Figure 1B and Supplementary Tables 1, 2). This is consistent with the notion that GC-rich sequences are preferentially retained in gene-rich and highly transcribed regions in the genome of warm-blood animals due to its thermostability, which helps in maintaining the advanced level of genomic organization in these animals (the “transcription/grade” concept) (Vinogradov, 2003). Taken together, this analysis indicates that CG-rich TNRs have a similar copy number range to that of AT-rich TNRs, and are enriched in functional genomic regions in the human genome.
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FIGURE 1. CG-rich TNRs are frequently located at “functional genomic regions.” (A) Summary of the total number, variation of length, and copy number of AT and CG repeats in human genome derived from Supplementary Table 1. (B) Quantification of the observed AT-rich (red) or CG-rich (blue) repeats in selected genomic features using theoretically predicted distribution frequency as a baseline. The quantification was performed respectively for repeats of period of 3 bp and with more than 50 copies (left), repeats of period of 3 bp (middle), or repeats of period length ranging from 1 to 14 bp (right). COSMIC is the Catalogue of Somatic Mutations in Cancer database. Copyn: copy numbers. TEs: transposable elements. TFBS: transcription factor binding sites.




Folate Deficiency Causes “Bending” at Chr2p11.2, FOLD1

Amongst the CG-rich TNR sequences, we identified a region at Chr2p11.2, that we termed FOLD1, which contains the largest cluster of CG-rich TNRs (∼333) in the human genome (Supplementary Table 1). To test our hypothesis that folate deficiency could affect the stability of regions containing large number of repeats, we started our analysis with a FXS mutant cell line GM09237, which is known to contain more than 900 CGG repeats at the FRAXA locus (Vincent et al., 1991; Seneca et al., 2012) and display missegregation in mitosis when it is cultured under folate stress conditions (Bjerregaard et al., 2018). First of all, we confirmed that either of the two types of widely-used folate stress-inducing treatments could induce fragility at FRAXA. For this, we treated the cells with FdU (a thymidylate synthase inhibitor that disrupts thymidine production (Wilson et al., 2014)) for 22 h, or deprived the cells of folate for 3 days (Bjerregaard et al., 2018), and then harvested metaphase cells for FISH using DNA probes targeting the FRAXA locus (Supplementary Figure 1). We then performed the same analysis with a DNA probe targeting the FOLD1 region (Supplementary Figure 1A and Supplementary Text 1). Our results showed that, although FOLD1 region did not exhibit a gap or break as observed at fragile sites, there was a recognizable structural abnormality at this locus in response to folate stress, which took the form of a “bending” or “kink” centered at FOLD1 with an angle less than 90°. We have subsequently quantified this bending shape of Chr2 in metaphase spreads obtained from different samples. Our results indicated that this unusual bending of Chr2 is consistently associated with folate stress (Figures 2A,B,F). In addition, we could observe that, amongst the metaphase spreads exhibiting Chr2 bending, a proportion of them have both copies of Chr2 showing distinct bending (19% versus 6% in “FdU” and “No-folate” conditions, respectively; Figures 2C,D). This suggests that the bending of Chr2 is not exclusive to either the maternal or the paternal copy of Chr2. Given that bending occurs on approximately 30% of the copies of Chr2, it would be expected statistically that, in average, 9% of the cells would show bending on both copies of Chr2, as was observed.
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FIGURE 2. Chr2 exhibits a “kink” at FOLD1 following FdU treatment or folate deprivation. (A) Experimental workflow for the analysis of metaphase cells following FdU treatment for 22 h (FdU) or folate deprivation for 3 days (No folate) in GM09237 cells. (B) Representative images of kinked Chr2 at FOLD1 (green) in GM09237 cells. (C) Representative images and (D) quantifications of metaphase spreads with either 1 or 2 bent Chr2 at FOLD1 (green) in cells exhibiting Chr2 bending. An “un-bent” Chr2 is indicated by a yellow arrowhead, and “bent” Chr2s are indicated by purple arrow/heads. Selected chromosomes are shown as zoomed images below. N: number of metaphase spreads analyzed. (E) Representative images of Chr1 at Chr1CCEN. The location of Chr1CCEN (magenta) is revealed by FISH analysis. (F) quantifications of kinked Chr2 at FOLD1 or Chr1 at Chr1CCEN in GM09237 cells. N: number of Chr2s or Chr1s analyzed. (G,H) Quantification of kinked Chr2 at FOLD1 or Chr1CCEN under aphidicolin (APH) or hydroxyurea (HU) in GM09237 cells. N: number of Chr2s or Chr1s analyzed. Scale bar, 5 μm. Data are means of at least three independent experiments. Error bars represent SD (ns, not significant; *p < 0.05; ****p < 0.0001).


To exclude the possibility that this phenotype was due to the large size of Chr2, we studied a region on the largest human chromosome, Chr1. This region is located at Chr1p12-21 (henceforth referred as Chr1CCEN) and lies proximal to the centromere on the shorter arm of Chr1 at a very similar position to that of FOLD1 on Chr2 (Supplementary Figure 1A). However, Chr1CCEN differs from FOLD1 in lacking any long CG-rich TNRs. We observed that, unlike FOLD1, the Chr1CCEN region was not associated with any consistent structural abnormality in response to folate deprivation or FdU treatment, suggesting that specific forms of chromosome “bending” are not a universal feature of large chromosomes per se (Figures 2E,F). Furthermore, we could confirm that Chr2 bending at FOLD1 was not induced by APH or HU (Figures 2G,H), which are known to perturb replication and induce common fragile site (CFS) (Glover et al., 1984) or early replicating fragile site (Barlow et al., 2013) expression, respectively.

We subsequently performed the same analysis on two more cell lines: a non-cancerous fibroblast cell line (Hs68) and an osteosarcoma cell line (U2OS). Our results indicated that, in these two cell lines, under folate stress conditions, Chr2 is also prone to bend at FOLD1, while Chr1 does not show increased bending at Chr1CCEN, which is similar to what we observed in the GM09237 cell line (Supplementary Figures 2A,B). We have also carried out conventional karyotyping to study the shape of Chr2 and Chr1 in the GM09237 and Hs68 cell lines, both of which are non-cancerous and diploid. The data from this analysis indicated that Chr2 indeed has a more pronounced bending shape when the cells are cultured under folate stress conditions, which is not the case for Chr1s or Chr3s, the two other largest human chromosomes (Supplementary Figures 2C,D).

Next, we asked whether MiDAS, which serves as a rescue pathway to complete locus duplication in mitosis, and is known to occur at CFSs (Minocherhomji et al., 2015), telomeres (Minocherhomji et al., 2015; Dilley et al., 2016; Min et al., 2017; Ozer et al., 2018) and FRAXA (Garribba et al., 2020), could occur at FOLD1 following folate stress treatment. To address this, we investigated whether mitotic EdU incorporation could be observed at the sites of bending FOLD1 following folate stress using an established protocol (Garribba et al., 2018) in GM09237 cells (Supplementary Figure 3). Although we could indeed see MiDAS at FRAXA as we observed previously, we could not detect MiDAS at FOLD1 after examining more than 150 metaphase spreads obtained from three replicate experiments. This suggests that, unlike FRAXA, the FOLD1 region is most likely fully replicated before mitosis.



FOLD1 Is Missegregated Under Folate Stress Conditions

Next, we investigated whether, similar to FRAXA (Bjerregaard et al., 2018), FOLD1 is missegregated in mitosis under folate stress conditions. To this end, we treated cells with FdU for 17 h, or deprived them of folate for 3 days, synchronized them in late G2 with the CDK1 inhibitor RO3306, and then released them into mitosis to harvest anaphase/telophase cells (Supplementary Figure 4A). We observed that FOLD1 was unevenly segregated in over 20% of the anaphase cells in response to folate stress but not under control conditions (Supplementary Figures 4B,C). To define whether this missegregation was in some way selective for FOLD1 or whether instead could affect the entire Chr2, we used a previously described FISH-based protocol to examine the fate of two regions on Chr2: FOLD1 and a region on the long arm of Chr2 (henceforth referred as Chr2Q), in cytokinesis-blocked binucleated cells (pseudo-G1 cells) (Figure 3A and Supplementary Figure 1A). We observed a fivefold increase in the frequency of nondisjunction of both FOLD1 and Chr2Q, indicative of whole Chr2 missegregation within one cell cycle of FdU treatment (Figures 3B,C,E). To evaluate the frequency of nondisjunction in other genomic regions that do not contain CG-rich TNRs, we conducted the same analysis with a FISH probe targeting the Chr1CCEN region. Our data indicated that the segregation of Chr1CCEN is not significantly affected by FdU treatment (Figures 3D,E). Intriguingly, and in contrast to what we observed previously through the analysis of FRAXA (Bjerregaard et al., 2018), FOLD1 did not localize to DNA bridges or laggards in anaphase cells (Supplementary Figure 4), or to micronuclei in the pseudo-G1 cells following the folate stress treatment (Figure 3).


[image: image]

FIGURE 3. FOLD1 displays frequent nondisjunction in G1 cells following FdU treatment. (A) Experimental workflow for quantifying FOLD1 nondisjunction in newly-born G1 cells following FdU treatment for 17 h in GM09237. (B–D) Representative images and (E) quantification of cytokinesis-blocked binucleated (G1) cells following FdU treatment of GM09237 cells. White arrowheads in panels (B–D) denote the location of FISH probes. N: number of pairs of newly-born G1 cells analyzed. Scale bar, 5 μm. Data are means of at least three independent experiments. Error bars represent SDs (*p < 0.05; ***p < 0.005).




Long-Term Folate Deprivation Causes Chr2 Aneuploidy

Our previous study reported severe FRAXA and ChrX instability in response to prolonged folate deprivation (Bjerregaard et al., 2018). To investigate whether this was also the case for FOLD1 and Chr2, we cultured the cells in the absence of folate for 5 days and analyzed the segregation of FOLD1 using FISH probes targeting FOLD1 or Chr1CCEN in anaphase cells (Supplementary Figure 5A). We observed that FOLD1 was either lost or missegregated in over 25% of the cells, while Chr1CCEN was segregated normally (Supplementary Figures 5B,C). Intriguingly, we could not observe FOLD1 located in between the two separating daughter DNA masses, indicating that the missegregation of FOLD1 was caused by the nondisjunction of two sister chromatids. Nonetheless, these findings are consistent with the observed missegregation of FOLD1 in cells treated with FdU or cultured in the absence of folate for 3 days (Supplementary Figures 4B,C).

To define more specifically whether the abnormal segregation of FOLD1 was associated with whole or partial Chr2 missegregation, we analyzed metaphase chromosome preparations from cells that had been cultured for 5 days in the absence of folate (Supplementary Figure 5D and Figure 4A). Using FISH probes targeting FOLD1, Chr2Q or Chr1CCEN in the metaphase spread analysis, we observed that FOLD1 and Chr2Q were frequently lost or gained (Figures 4B,C), while the Chr1CCEN region did not show an increased frequency of copy number changes upon prolonged folate deprivation (Supplementary Figures 5E,F). Taken together, these results demonstrate that long-term folate deficiency has a specific effect on the frequency of Chr2 aneuploidy (Figure 4).


[image: image]

FIGURE 4. Extended folate deprivation causes Chr2 aneuploidy. (A) Experimental workflow for the analysis of metaphase chromosomes following folate deprivation for 5 days. (B) Representative images and (C) quantification of chromosome 2 aneuploidy in GM09237 and Hs68 cells. Selected regions (white boxes) are shown as zoomed images on the right. N: number of metaphase spreads analyzed. Scale bar, 5 μm. Data are means of at least three independent experiments. Error bars represent SDs. (**p < 0.01; ***p < 0.005).




Sequence Analysis of the FOLD1 Region

To verify the sequence of FOLD1 region, we attempted to use PCR to amplify and then sequence this region using the Sanger method. However, after numerous attempts, we could not obtain reasonable PCR products to pursue Sanger sequencing. We therefore performed shot-gun WGS and long-range PacBio sequencing of DNA samples extracted from GM09237 cells cultured with either normal medium (untreated) or medium with no folate for 5 days (no-folate-5-day).

The data generated from shot-gun WGS demonstrated that, first, it was not possible to locate repeat rich sequences at the central part of the FOLD1 region in either of the samples, despite the fact we could successfully map the “pseudoreads” generated from the reference genome at this region using our algorithm settings (Figures 5A–C). We reasoned that this is because of the high CG content of the sequences of this region, which could inhibit the amplification and sequencing reactions during the sequencing process. We have also analyzed the FRAXA locus in the same fashion. We found that it is impossible to locate the CGG repeat sequences originating from the central part of the FRAXA region in the two samples either (Figures 5A–C). Second, the sequences of the reads that did map to the region and possible unmapped overhangs were very similar in the untreated and no-folate samples (Figure 5D). Therefore, there was no indication of obvious deletions or insertions surrounding the FOLD1 region in the “no-folate-5-day” samples, which is consistent with our data of MiDAS not occurring at FOLD1 (Supplementary Figure 3). Furthermore, we investigated whether the sequencing data mapped to these regions in our study were equal to those obtained in other WGS data. For this, we analyzed published WGS data of U2OS, A431, and U251MG cells (Akan et al., 2012) in the same way as above. Our analysis confirmed that, indeed, standard shot-gun WGS could not provide the detailed sequences in the FOLD1 or FRAXA regions in these cell lines either (Figure 5E).


[image: image]

FIGURE 5. The CG-rich repeats at FOLD1 or FRAXA regions are difficult to be sequenced by second generation of sequencing due to high C/G content. (A) Genome browser tracks showing the densities of CpG dinucleotides (top), G/C mononucleotides (middle), and GCC/GGC trinucleotides (bottom) at the FOLD1 (left) and FRAXA (right) regions. The hg38 reference database was used. (B,C) 2D-histograms showing the genome-wide relationship between densities of G/C mononucleotides (B) or CpG dinucleotides (C) on Y-axes and GCC/GGC trinucleotides on X-axes. Genomic sequences were analyzed in 1 kbp windows, and the number of windows with a particular combination are illustrated by the coloring. The composition of the FRAXA and FOLD1 regions is illustrated with orange overlays. The hg38 reference database was used. (D) Genome browser tracks showing the densities of mapped reads from whole-genome sequencing (WGS) of GM09237 cells treated with no folate for 5 days (orange) and untreated cells (blue) at the FOLD1 (top) and FRAXA (bottom) regions. The areas covered by the regions are highlighted in green, and the right-side inserts show zoomed tracks of the regions and their immediate surroundings. The hg38 genome database was used as reference. (E) Genome browser tracks showing the densities of mapped reads at the FOLD1 (top) and FRAXA (bottom) regions based on published WGS of A431, U2OS, and U251 cell lines. Data processing and mapping setting was preserved from the published data (Akan et al., 2012). The hg19 genome database was used as reference. The areas covered by the regions analyzed are highlighted in green. The right-side inserts show zoomed tracks of the regions and their immediate surroundings.


The data generated by PacBio sequencing corresponds to 7× or 4× coverage for untreated or no-folate-5-day samples respectively (using hg38 as the reference genome). Because of the low coverage read, we could only locate 10 reads partially or fully covering the FOLD1 region, amongst which 4 reads cover the whole FOLD1 region with 60–82% match (Supplementary Table 3 and Supplementary Figure 6). In general, the reads from either untreated or no-folate-5-day samples contained various mismatched sequences, which were single nucleotide changes, small deletions or insertions. It is well-known that PacBio Sequel sequencing has frequent read errors. This is usually mitigated by making consensus sequences from a substantial number of reads, which cannot be achieved in our case due to the low magnitude of sequencing. Therefore, we could not validate whether the mismatches in the Pacbio reads mapped to FOLD1 were due to sequencing errors, or the actual mutations caused by folate deficiency. In the meantime, as a control, we could identify four reads mapped to the FRAXA region, with one read covering the whole the FRAXA repeat locus (Supplementary Table 3 and Supplementary Figure 6). Our data indicated that the FRAXA locus in GM09237 cells has 931 CGG repeats, which is consistent with previous reports based on Southern blot analysis or allele specific PCRs (Vincent et al., 1991; Seneca et al., 2012).

We conclude that it is very difficult to PCR amplify or obtain the sequences of regions harboring long CG rich repeats (e.g., FOLD1 or FRAXA) using shot-gun WGS. Instead, deep, long-range sequencing (such as Pacbio) is required to verify the sequences at these regions. In addition, based on our Pacbio sequencing data and the Chr2 analysis via FISH (Figure 2), where a portion of cells have two “bent” Chr2s upon folate stress, we propose that GM09237 cell line has homozygous FOLD1 sequence.



DISCUSSION

Based on the previous knowledge of fragility and missegregation at the abnormally expanded FRAXA locus under folate stress (Santoro et al., 2012; Bjerregaard et al., 2018; Garribba et al., 2020), we investigated whether folate deficiency could perturb other genomic regions containing CG-rich repeat sequences. To address this, we analyzed the stability of the FOLD1 region on Chr2, which contains the largest cluster of CG-rich TNRs present in the human genome under folate stress conditions. By analyzing metaphase chromosomes, we observed a significant increase in the frequency of “bending” or “kinking” (but not “gap” or “break”) of Chr2 at the FOLD1 region in response to folate deprivation. To our knowledge, this phenotype has not been described previously in the human genome. Importantly, this effect was not due to the large size of Chr2, as this phenomenon was not observed at a region close to the centromere of Chr1, the largest human chromosome. We could also confirm this “bending Chr2” phenotype in two other human cell lines (Hs68 and U2OS).

Moreover, the “bending” phenomenon was most frequently observed at FOLD1 under conditions of folate stress, but very rarely in untreated cells or cells exposed to other replication-stress-inducing agents such as APH or HU. Thus, the bending at FOLD1 appears to be induced specifically by folate stress. Taking into the account the knowledge gained from previous studies on CFSs and FRAXA, we propose that this increased frequency of “bending” of Chr2 at FOLD1 is likely to be driven by the under-condensation of the DNA due to delayed replication at this region under folate stress condition. It is possible that, because CG-rich TNRs tend to form DNA secondary structures (Fry and Loeb, 1994; Usdin and Woodford, 1995) and assemble into nucleosomes with low efficiency after replication (Wang et al., 1996), folate stress exacerbates the replication-related difficulties of the FOLD1 region, thus causing its delayed condensation in early mitosis under this condition. Nevertheless, we could not rule out the possibility that folate deficiency could cause changes in replication timing and transcription of genes located in the FOLD1 region (e.g., the RGPD2 gene), which could then contribute to the delayed condensation at this region. Future work is needed to validate these possibilities.

Interestingly, our data also suggested that FOLD1 differs from FRAXA in that it is fully replicated when cells enter mitosis. This is based on the following observations: (1) FOLD1 does not localize to DNA bridges/laggards in anaphase, or to micronuclei in the newly-born G1 cells; (2) MiDAS is apparently absent from bent FOLD1; and 3) both sister chromatids look very similar at bent FOLD1, whereas the expanded FRAXA locus generally shows the conventional appearance of fragility, with a break/gap on a single sister chromatid only (Bjerregaard et al., 2018). To explain this apparent difference, it is important to note that the CG-rich TNRs at FOLD1, despite being over 900 nucleotides in length, are interrupted by A/T base pairs, with the longest continuous CGG repeat cluster comprising only 17 repeat units (Supplementary Text 1). It was shown previously that interruptions in the TNR sequence suppress repeat instability (Yrigollen et al., 2014), and more than 100 continuous CGG repeats are generally required to cause replication fork blockade (Voineagu et al., 2009). It is likely, therefore, that the CG-rich repeats at FOLD1 lead only to a temporary replication fork perturbation, but not an extended fork blockade. In agreement with this, in response to FdU or 3-day folate deprivation, although FOLD1 was frequently missegregated, we could always observe four copies of this region (in total) distributed between the two daughter cells (Supplementary Figure 4B and Figure 3B), which was not the case for FRAXA (Bjerregaard et al., 2018). Taken together, we propose that the bending (or “kink”) at FOLD1 simply reflects the perturbed condensation of a region due to delayed replication in interphase under folate stress conditions. In comparison with FRAXA, which appears fragile in metaphase and localizes on DNA bridges in anaphase upon folate stress (Bjerregaard et al., 2018), FOLD1 displays a milder phenotype in this respect.

Despite the fact that FOLD1 appears less susceptible to folate stress than the expanded FRAXA locus, we observed marked missegregation of the FOLD1 region, as well as the whole Chr2. In this regard, it might be significant that FOLD1 is adjacent to the Chr2 centromere, which might influence its mobility in mitosis. For example, as discussed above, the delayed condensation of FOLD1 might influence accurate microtubule attachment or the release of cohesin from Chr2 centromeres, which would then lead to nondisjunction of sister chromatids of this chromosome. A more direct effect of FOLD1 is also possible, based on the likelihood that unfinished replication of this locus might precipitate a failure to decatenate the two Chr2 sister-chromatids in a timely fashion, leading to Chr2 non-disjunction. Due to limited type and number of cells analyzed, it remains to be clarified whether the frequencies of missegregation of FOLD1 region or the whole Chr2 is the same in a larger collection of different cell types. Nonetheless, in line with our data on FOLD1’s copy number changes, it was observed that there is an increase of copy number of Chr2p11.2 in several tumor types (Mastracci et al., 2006; Oh et al., 2012). In addition, Chr2p11.2 is also the location of frequent deletions or insertions, some of which, particularly large deletions, are associated with human diseases (Firth et al., 2009) (Supplementary Tables 4, 5). Judging by the data from this study, we reckon this would most likely be caused by the mistakes occurring in S phase when this region is being replicated in the cells. Future studies are warranted to analyze the cellular functions of the genes located in this region.

In summary, we have demonstrated that nondisjunction of Chr2 is promoted by folate deficiency via a CG-rich TNR region (Supplementary Figure 7). Future studies are warranted to identify the proteins or pathways underlying this missegregation, and how this could lead to the altered expression of the genes located at this region. Considering that CG-rich TNRs are significantly enriched at genomic regions associated with the regulation of gene expression, our findings provide a new line of evidence to explain why folate deficiency is associated with a wide range of human disorders including cancers. In addition, because such chromosomal changes induced by folate deficiency could potentially be irreversible, our results highlight the importance of maintaining optimal folate levels irrespective of age or gender in human population.
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Supplementary Figure 1 | (Related to Figures 2–4) The background information of this study. (A) A diagram depicting the genomic location of the BAC clones used in FISH analyses. (B) Experimental workflow for the analysis of FRAXA fragility upon FdU treatment on metaphase spreads of GM09237 cells. (C) Representative images of the FRAXA locus (green) on metaphase chromosomes in GM09237 cells. The yellow arrow indicates an example of a fragile FRAXA locus. (D) Quantification of fragility at FRAXA following FdU treatment. N: number of ChrX analyzed. Scale bar, 5 μm. Error bars represent SDs from at least three experiments. Error bars represent SD. (****p < 0.001).

Supplementary Figure 2 | (Related to Figure 2) Chr2 exhibits bending at FOLD1 in Hs68 and U2OS cell lines upon folate stress. (A) Experimental workflow for the analysis of metaphase cells by FISH or karyotyping following FdU treatment for 22 h (FdU) or folate deprivation for 3 days (No folate) in GM09237, Hs68, or U2OS. U2OS cells were not included in karyotyping analysis since it is an aneuploid cell line. (B) Quantification of Chr2 or Chr1 bending at either FOLD1 or Chr1CCEN, respectively in Hs68 and U2OS cell lines under “FdU” or “No folate” conditions. N: number of Chr2s or Chr1s identified and analyzed by FISH probes targeting FOLD1 or Chr1CCEN respectively. (C) Representative karyotype and (D) quantification of Chr2 bending at the Chr2p11.2 that contains FOLD1 region (arrowed) in GM09237 and Hs68 cells. N: number of Chr2s analyzed in karyotype analysis. Chr1 and Chr3 were analyzed in parallel. Error bars represent SDs from at least three experiments (ns, not significant; ∗p < 0.05; ∗∗p < 0.01; ****p < 0.001).

Supplementary Figure 3 | Mitotic DNA synthesis does not occur at FOLD1 following FdU treatment. (A) Experimental workflow for the analysis of EdU incorporation at FOLD1 in mitosis upon FdU treatment in GM09237 cells. (B) Representative images of bent FOLD1 (green) negative for EdU incorporation (magenta). The FRAXA locus was used as a positive control. Scale bar, 5 μm.

Supplementary Figure 4 | (Related to Figure 3) FOLD1 missegregation in anaphase following FdU treatment or folate deprivation. (A) Experimental workflow for the analysis of missegregation in anaphase cells following FdU treatment for 17 h (FdU) or folate deprivation for 3 days (No folate) in GM09237 cells. (B) Representative images and (C) quantification of FOLD1 missegregation in anaphase GM09237 cells. White arrowheads indicate the location of FOLD1. N: number of anaphase cells analyzed. Scale bar, 5 μm. Data are means of at least three independent experiments. Error bars represent SD (ns, not significant).

Supplementary Figure 5 | (Related to Figure 4) Long-term effects of folate deprivation in anaphase cells and metaphase spreads. (A) Experimental workflow for analysis of anaphase cells following folate deprivation for 5 days. (B) Representative images and (C) quantification of missegregation/loss of FOLD1 in GM09237 cells. The Chr1CCEN region was used as a control. White arrowheads indicate the location of FOLD1. N: number of anaphase cells analyzed. (D) Experimental workflow for the analysis of metaphase chromosomes following folate deprivation for 5 days. (E) Representative images and (F) quantification of copy number changes of FOLD1 in metaphase chromosomes in GM09237 cells. The Chr1CCEN region was used as a control. Selected regions (numbered white boxes) are shown below as zoomed images. N: number of metaphase spreads analyzed. Scale bar, 5 μm. Data are means of at least three independent experiments. Error bars represent SDs (∗p < 0.05; ∗∗∗ p < 0.005; ****p < 0.001).

Supplementary Figure 6 | (Related to Figure 5) Examples of PacBio reads containing sequences of FOLD1 or FRAXA obtained from GM09237 cells. (A) A diagram of the alignment of a PacBio sequencing read (m54282_190714_174122/27394352/7413_34584), a part of Chr2 (hs38) and a FOLD1 sequence (hg38). The sequence of read m54282_190714_174122/27394352/7413_34584 matching to FOLD1 is marked in purple and shown in the lower panel. (B) A diagram of the alignment of a PacBio sequencing read (m54281_190714_174033/27198327/934_17319) and the sequences of 5′ or 3′ side of the FRAXA CGG repeats located in FMR1 exon 1 (hs38). The abnormally expanded 900 CGG repeats in the m54281_190714_174033/27198327/934_17319 read is marked in purple and shown in the lower panel. The alignment diagrams were created by Sequencher program.

Supplementary Figure 7 | A graphic summary of the key findings. When cells are grown under folate stress conditions, replication at FOLD1 is delayed, but is nevertheless completed in interphase. This, however, causes a delay in the condensation at FOLD1 in early mitosis, leading to the “bent” shape of Chr2 with the inflection point at the position of the FOLD1 region. During anaphase, the uncondensed FOLD1 region negatively influences the accuracy of sister chromatid separation, possibly due to its close association with the Chr2 centromere. This leads to FOLD1 and Chr2 nondisjunction in the newly born G1 cells. Because the copy number changes of Chr2 will likely not immediately affect cell growth, several rounds of cell proliferation under folate stress conditions can occur, leading to an increasing number of cells displaying Chr2 aneuploidy.

Supplementary Table 1 | (Related to Figure 1) An excel file of the genomic information of all of the AT-, or CG- rich repeats (period ranging from 1 to 14 bp) in human genome database, and the genomic information of AT-, or CG- rich trinucleotide repeats that have more than 50 copies in human genome database. This file contains four data containing sheets. The headings for these sheets are: “AT-rich_with_features,” “GC-rich_with_features,” “AT-rich_period3_copynumber > 50,” and “GC-rich_period3_copynumber > 50.” The categories of the information included are: the location of the repeat (chromosome number, chromStart – chromEnd, cytogenetic Band of the repeat, cytoBand period length, copy Numbers of the repeat, total Length of the repeat, perfect Match percentage, sequence of the repeat region, database source), and the overlap with functional features of the genome as described in Figure 1. The link to access this file is at: https://drive.google.com/open?id=1Mk3oFO4dxUNEosf-4pPPmJfzbugEi2Tl.

Supplementary Table 2 | (Related to Figure 1B) The data table for the plots shown in Figure 1B.

Supplementary Table 3 | (Related to Figure 5) The sequencing reads generated by Pacbio sequencing containing partial or full FOLD1 or FRAXA regions. This file contains 2 data containing sheets. The headings for these sheets are: “Positive_PacBio_reads_for_FOLD1” and “Positive_PacBio_reads_for_FRAXA.”

Supplementary Table 4 | A summary of the polymorphisms at FOLD1 (chr2:86913957-86914954) present in the general population.

Supplementary Table 5 | A summary of the mutations in patient reported in DECIPHER database containing FOLD1 (chr2:86913957-86914954) (DECIPHER: https://decipher.sanger.ac.uk/).

Supplementary Text 1 | Sequence of the FOLD1 CG-rich trinucleotide region (chr2:86913957-86914954; hg38). A/T interruptions are highlighted in bold.


FOOTNOTES

1https://www.ncbi.nlm.nih.gov/assembly/GCF_000001405.26/
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Common chromosomal fragile sites (CFSs) are genomic regions prone to form breaks and gaps on metaphase chromosomes during conditions of replication stress. Moreover, CFSs are hotspots for deletions and amplifications in cancer genomes. Fragility at CFSs is caused by transcription of extremely large genes, which contributes to replication problems. These extremely large genes do not encode large proteins, but the extreme sizes of the genes originate from vast introns. Intriguingly, the intron sizes of extremely large genes are conserved between mammals and birds. Here, we have used reverse genetics to address the function and significance of the largest intron in the extremely large gene PRKN, which is highly fragile in our model system. Specifically, we have introduced an 80-kilobase deletion in intron 7 of PRKN. We find that gene expression of PRKN is largely unaffected by this intronic deletion. Strikingly, the intronic deletion, which leads to a 12% reduction of the overall size of the PRKN gene body, results in an almost twofold reduction of the PRKN fragility. Our results stress that while the large intron clearly contributes to the fragility of PRKN, it does not play an important role for PRKN expression. Taken together, our findings further add to the mystery concerning conservation of the seemingly non-functional but troublesome large introns in PRKN.
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INTRODUCTION

CFSs are specific regions of the genome that often fail to replicate before mitosis, which results in chromosome breakage and high mutation rates (Debatisse et al., 2012). Several pan-cancer genome analyses have also revealed that CFSs are hotspots for structural variants in cancer genomes (Beroukhim et al., 2010; Bignell et al., 2010) with large deletions at the center of CFSs and insertions at the borders of CFSs (Li et al., 2020). In addition, DNA double-strand breaks are remarkably recurrent at CFSs in neuronal progenitor cells (Schwer et al., 2016; Wei et al., 2016).

It has become apparent that breakage and mutations at CFSs are due to replication problems caused by transcription of extremely large genes located at CFSs (Le Tallec et al., 2013; Wilson et al., 2015; Pentzold et al., 2018). To understand how transcription of large genes perturb replication, it is important to keep in mind that eukaryotic replication is initiated bidirectionally from origin of replication complexes (ORCs) scattered across the genome. The distance between these complexes thus determines the minimum distance that two opposing replication forks have to travel to complete replication of the region. Most origins of replication are not used during a normal cell cycle, but during replication stress, excess origins of replication are engaged to ensure complete replication of the genome. The process of transcription repositions the ORCs and thereby clears active intragenic regions of replication origins (Gros et al., 2015; Macheret and Halazonetis, 2018). Hence, transcription of extremely large genes clears vast genomic regions of ORCs and in that way suppresses the firing of backup replication origins in these regions, thus impeding genome replication in an indirect manner. Moreover, clashes between transcription and replication machineries may directly challenge replication of CFSs (Helmrich et al., 2011; Oestergaard and Lisby, 2016; Hamperl et al., 2017). Finally, AT-dinucleotide rich regions capable of forming secondary structures can further perturb replication of certain regions within CFSs (Kaushal and Freudenreich, 2019).

One of the most fragile regions of the human genome is called FRA6E. Here, transcription of the 1.4 Mb PRKN underlies its fragility (Glover et al., 2017). Intriguingly, the mature PRKN mRNA is only 4 kb despite the fact that the RNA polymerase has to synthesize 1.4 Mb of pre-mRNA. This is because PRKN as well as other extremely large genes mainly consist of introns (Voutsinos et al., 2018). Despite their unstable nature and scarce coding information, we recently showed that the size of PRKN and other extremely large genes at CFSs are conserved in vertebrates, suggesting that the large introns of these genes possess currently unknown biological functions (Pentzold et al., 2018).

The PRKN gene product, parkin, is an E3 ubiquitin-protein ligase that plays a key role in removal of damaged mitochondria through mitophagy (Frank et al., 2012). This process prevents excessive production of reactive oxygen species from dysfunctional mitochondria. Inherited mutations in PRKN are the most common cause of autosomal recessive juvenile form of Parkinson’s disease, thus emphasizing the neuroprotective importance of PRKN (Klein and Westenberger, 2012). Numerous studies suggest that impaired mitophagy is involved in Parkinson’s disease etiology (Frank et al., 2012; Guo, 2012). Additionally, loss or down-regulation of PRKN has been associated with various types of cancer (Gupta et al., 2017), and its loss has been shown to result in a switch to aerobic glycolysis, known as the Warburg effect, which is a characteristic of many cancer types (Zhang et al., 2011).

To investigate the functional significance of extremely large introns, we deleted 80 kb of intron 7 in PRKN in our model system, the avian cell line DT40. We previously showed that PRKN is transcribed and fragile in this cell line (Pentzold et al., 2018). Here, we find that the deletion does not affect PRKN expression levels but leads to a drastic reduction in PRKN fragility.



METHODS


Generation of Constructs

All constructs generated in this study are listed in Supplementary Table 1 and all primers plus other DNA oligos used in this study are listed in Supplementary Table 2. The PRKN homology arms for C-terminal fluorescent tagging were amplified with the primer pairs VV5/VV6 and VV7/VV8 for the 5′ arm or the 3′ arm, respectively. The Venus-YFP (2YFP) was amplified using VV47 and VV49. All primers were designed to facilitate directional cloning and they were synthesized by TAG Copenhagen. The amplified products were cloned into pCR2.1-TOPO (Invitrogen) and confirmed by Sanger sequencing (performed by Eurofins Genomics).

The fragments for the PRKN 2YFP-tagging construct were then assembled in pBluescript (SK+). Specifically, the 5′ homology arm was inserted as a KpnI SalI fragment, the 3′ homology arm was inserted as a BamHI NotI fragment, and a resistance cassette (BSR or PURO) was inserted as a BamHI fragment. Finally, the 2YFP fragment was inserted as a XhoI SalI fragment into the SalI site. Correct orientation was confirmed by restriction digest. The resulting constructs were named pVV6 and pVV15 encoding puromycin (PURO) or blasticidin (BSR) resistance, respectively.

To construct the repair template for PRKN intron-7 deletion, genomic regions flanking gRNA Target Site 1 (TS1) and gRNA TS2 were first amplified by PCR templated by genomic DNA (gDNA) from DT40 cells to obtain homology arms.

To create the 5′ homology arm extending 2 kb 5′ of gRNA TS1, PCR was conducted on gDNA with the primers 5′ fwd and 5′ rev adapted with ApaI and BamHI restriction sites, respectively. Similarly, PCR was conducted on gDNA with primers 3′ fwd and 3′ rev adapted with BamHI and XbaI restriction sites, respectively, to create the 3′ homology arm extending 3′ of gRNA TS2. The homology arm fragments were subcloned into TOPO TA vectors (Invitrogen; according to manufacturer’s protocol) and sequenced (Eurofins Genomics).

Then, the 5′ homology arm was subcloned from the TOPO TA vector into pBluescript (SK+) as an ApaI-BamHI fragment. Subsequently, the 3′ homology arm was subcloned from the TOPO TA vector into the 5′homology arm-pBluescript as a XbaI-BamHI fragment. Finally, the BSR cassette fragment was cloned in as a BamHI fragment. The final construct was sequenced to confirm correct assembly (Eurofins Genomics).



Cas9/gRNA Constructs

The backbone for the Cas9/gRNA constructs was pX458 (Addgene). The expression of specific target gRNAs was obtained by annealing the oligonucleotides listed in Supplementary Table 2 and integrating them into pX458 at the BbsI site. Correct integration was confirmed by sequencing (Eurofins Genomics). The constructs were named pX458 PRKN TS1 and pX458 PRKN TS2.



Cell Culture and Transfection

All DT40 cell lines used in this study are listed in Supplementary Table 3. DT40 cells were cultured in RPMI 1640 medium GlutaMAX (Thermo Fisher Scientific) supplemented with 2% chicken serum (Sigma-Aldrich), 8% fetal bovine serum (Thermo Fisher Scientific), 50 U/ml penicillin, 50 μg/ml streptomycin, and 50 μM β-mercaptoethanol at 39°C with 5% CO2.

Transfections for targeted integration were performed by electroporation with Gene Pulser XcellTM (BioRad) with the settings 25 μF and 0.6 kV. Approximately 35 μg of linearized plasmid DNA was used for transfection with the 2YFP targeting construct. For deletion of PRKN intron 7, 20 million cells were transfected with 50 μg linearized repair template and 30 μg of each of the two Cas9/gRNA expression vectors (110 μg DNA in total). Transfection with Cas9/gRNA was transient.

For transient expression of the Cre recombinase, 3.5 million cells were transfected with 15 μg plasmid DNA using the nucleofector system developed by Amaxa Biosystems GmbH (Franklin and Sale, 2006).



Image Cytometry

For quantification of fluorescently tagged protein levels, the Xcyto® 10 image cytometer (ChemoMetec A/S) was used. Cells were stained by Vybrant Ruby Stain (5 μM, V10309, Thermo Fisher Scientific) to exclude dead cells based on their DNA content. Only cells meeting the following criteria were included in the analysis: not in aggregate, circularity > 0.6, and with DNA content of viable cells.



Reverse Transcription Quantitative PCR (RT-qPCR)

Total RNA was isolated using the GeneJET RNA Purification Kit (Thermo Fisher Scientific). For RNA samples used for analysis of PACRG mRNA levels, 1 μg RNA was pre-treated with DNase I (Fermentas) to remove gDNA according to manufacturer’s instructions in the GeneJET RNA Purification Kit (Thermo Fisher Scientific). cDNA was made using RevertAid Premium Reverse Transcriptase (Thermo Fisher Scientific) with random hexamers and oligo(dT) primers.

Each qPCR reaction was performed in triplicates. All the primer pairs used for qPCR are shown in Supplementary Table 2. All the primer pair efficiencies were close to 1 (100%) and within the acceptable range according to the Minimum Information for Publication of Quantitative Real-Time PCR Experiments guidelines (Bustin et al., 2009). qPCR was performed with Maxima SYBR Green/ROX qPCR Master Mix (Thermo Scientific) according to manufacturer’s instructions for three-step RT-qPCR cycling protocol on CFX96 Real-Time PCR Detection System (BioRad). Fold changes were calculated using the 2–ΔΔCt method (Livak and Schmittgen, 2001). In all cases GAPDH was used as reference gene.



Fluorescence in situ Hybridization (FISH)

Metaphase spreads were prepared as previously described (Smith et al., 1990; Pentzold et al., 2018). Briefly, cells were treated with DMSO or aphidicolin (APH) (0.3 μM) (Sigma-Aldrich) over 16 h followed by a 3-h treatment of 0.1 μg/ml colcemid (Life Technologies). Next, cells were swelled in 8 ml hypotonic buffer [20% FBS (vol/vol), 15 mM KCl] for 15 min. Subsequently, 1 ml fixation buffer (25% acetone, 75% methanol) was gradually added. Cells were harvested by centrifugation and then resuspended in 10 ml fixation buffer. Cells were stored at −20°C O/N. Finally, the cells were splatted onto the slides to spread the metaphase chromosomes (Pentzold et al., 2018).

FISH was carried out as previously described with minor modifications (El Achkar et al., 2005; Pentzold et al., 2018). Briefly, the probe used for PRKN detection was made with the BAC CH261-119N16 from the CHORI library, and the probes for intron 7 detection were made by amplifying ≈10 kb fractions of intron 7 with the primers listed in Supplementary Table 2. Probes were labeled either by biotin or by digoxygenin by using BioPrime DNA Labeling system (Invitrogen). Metaphase spreads had been treated with RNase H (Thermo Fisher Scientific) before they were incubated with probes.

Metaphase spreads were incubated with blocking reagent and Streptavidin-Cy3 (Alexa 594) (1:200), Biotinylated rabbit anti-streptavidin (Rockland) (1:266) for biotin-labeled probe detection and mouse anti-digoxygenin FITC (Interchim) (1:50) and goat anti-mouse (Alexa 488) for digoxygenin-labeled probe detection.

Slides with metaphase spreads were mounted with coverslips using 15 μl of mounting medium containing DAPI (4% n-propyl gallate, 80% glycerol, 1 μg/ml DAPI). Metaphase chromosomes were visualized on a widefield microscope (AxioImager Z1; Carl Zeiss) equipped with a 100× objective lens (Plan Apochromat, NA 1.4; Carl Zeiss), a cooled CCD camera (Orca-ER; Hamamatsu Photonics), differential interference contrast (DIC), and an illumination source (HXP120C; Carl Zeiss).



RESULTS


Establishing PRKN Intron 7-Deleted Cell Lines

To investigate the role of large introns in genes coinciding with CFSs, we chose to study the PRKN gene, which is highly fragile in our model cell line (Pentzold et al., 2018). To enable live-cell detection of parkin protein levels, we first generated a DT40 cell line with PRKN endogenously tagged with a Venus-YFP (2YFP) tandem tag in a background where the non-fragile gene TOPBP1 was endogenously tagged with TFP on one of its three alleles. The resulting cell line thus has the genotype PRKNWT/2YFP TOPBP1WT/WT/TFP and is referred to as “P2Y-TT”. Following tagging of PRKN, the allele remained fragile in response to replication stress and the tagged gene product was expressed at full length (Supplementary Figures 1A–C). This cell line, P2Y-TT, was used as background for all further genetic manipulations unless otherwise stated.

PRKN, which is located on the long arm of gallus chromosome 3, contains 11 introns of varying sizes (Figure 1A). PRKN is not enriched for repetitive sequences and replicates in the middle of the S phase (Shang et al., 2013; Pentzold et al., 2018). The total AT-dinucleotide percentage of PRKN is 8.5 (Figure 1A, lower panel). We generated cell lines deleted for most of intron 7, which is the largest intron in PRKN and has a representative AT-dinucleotide frequency (Figure 1A). Deletion of this intron was achieved by combining a selectable targeting construct, with homology to each side of the region targeted for deletion, with CRISPR/Cas9-mediated cleavage at two target sites flanking the desired 80-kb deletion as outlined in Figure 1B. Successful targeting yields clones with 80 kb of PRKN intron 7 replaced with a blasticidin resistance (BSR) cassette. Flanking loxP sites enabled subsequent removal of the BSR cassette. Initial PCR screening suggested that some clones potentially had the 80 kb region replaced by the cassette (Supplementary Figures 2A–E). Subsequently, we tested whether the clones still contained a wild-type PRKN allele with PCR analyses of the two guide RNA target sites (Figure 1C). Most clones retained a wild-type allele, but three clones appeared to have lost both wild-type alleles (Figures 1D,E). Then, one potential homozygote and six potential heterozygotes for the 80-kb deletion were transiently transfected with the Cre recombinase to mediate removal of the BSR cassette followed by isolation of single clones. The resulting clones were analyzed with PCR across the region targeted for deletion, and an amplicon of the expected size confirmed successful deletion of 80 kb in PRKN intron 7 in a subset of the clones (Figure 1F). The successful homozygote (clone 27) and heterozygotes (clone 11, 18, 29, and 36) are referred to as PRKNΔ in7/Δ in7 and PRKNWT/Δ in7, respectively.
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FIGURE 1. Generating cell lines with large intronic deletion in the fragile site gene PRKN. (A) Upper panel, schematic representation of chicken chromosome 3 drawn to scale. Positions of the centromere (x) and PRKN (red box) are indicated. Middle panel, schematic representation of PRKN drawn to scale. Intron numbers are indicated. Exons are represented as vertical pins on a horizontal line. Ruler indicates position along the gene (kb). Lower panel, table showing sizes of introns given in basepairs (bp) as well as percentage of AT-dinucleotide frequency (AT freq). (B) Outline of the strategy for targeted deletion of 80 kb in PRKN intron 7. To delete 80 kb in PRKN intron 7, cells were transfected with Cas9 and guide RNA (gRNA) expression vectors along with a repair template. The Cas9 nuclease was directed to induce double-strand breaks (DSB) at two target sites (gRNA #1 and gRNA #2) 80 kb apart in PRKN intron 7. The DSBs can be repaired by homology-directed repair (HDR) using the repair template containing a selectable blasticidin resistance (BSR) cassette flanked by loxP sites (triangles) and homology regions (green and blue rectangles). After Cre-mediated removal of the floxed BSR cassette, PCR was used to amplify across the 80-kb deletion with primers (horizontal arrows) binding at the indicated positions outside of the homology regions. (C) Outline of the PCR strategy used to amplify across each of the two gRNA target sites (gRNA #1 and gRNA #2) denoted PCR 1 and PCR 2, respectively. Primers are shown as orange arrows. (D,E) PCR amplification across gRNA #1 (D) and gRNA #2 (E). Analysis of PCR products from the indicated clones and the parental P2Y-TT cell line (positive control). In E, an additional positive control (PRKNWT/Δin7(BSR)) was included. A no-template control (NT) was included in both analyses. A blue triangle on the right of each gel indicates the product of the predicted size. (F) PCR amplification across the 80-kb deletion (as shown in B). Analysis of PCR products from WT cells and selected clones before (U) or after (L) removal of the BSR cassette. If two clonal populations were tested after loxing, this is indicated with L1 and L2. A positive control with the indicated genotype was also included in the analysis. NT denotes the no-template control. The product of the predicted size is indicated by a blue triangle on the right of the gel.


Interestingly, in a previous attempt to generate cell lines with the 80-kb deletion, we isolated two clones with the deletion that both turned out to be trisomic for chromosome 3, which is the chromosome that contains the PRKN gene (not shown). Thus, we examined the karyotype of the clones derived from this transfection for aneuploidy. Here, we found that 2 out of 14 clones were trisomic for chromosome 3 (Supplementary Figure 2F). This suggests that there is a high risk of chromosome mis-segregation associated with targeting of the PRKN gene.

Taken together, the fact that we were able to isolate a homozygous PRKN intron 7-deleted DT40 cell line demonstrates that this part of the genome does not contain functional elements essential for cell viability.



The 80-kb Deletion in PRKN Intron 7 Does Not Significantly Change PRKN Expression

Although intron 7 is not essential for cell viability, it may contain regulatory elements that influence PRKN expression. We thus asked if deletion of the intron has an effect on parkin levels in the cell. First, we used fluorescence image cytometry to evaluate how PRKN-2YFP expression was affected by biallelic intron 7 deletion (Figure 2A). The levels of parkin-2YFP were similar in the intron 7-deleted clone and the parental cell line. Because cells with this genotype must contain the deletion in the 2YFP-tagged PRKN allele this indicates that the 80-kb deletion in PRKN intron 7 does not alter PRKN expression.
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FIGURE 2. 80-kb deletion of intron 7 does not influence prkn expression levels. (A) Histograms of parkin-2YFP fluorescence levels measured by fluorescence image cytometry in WT cells (PRKNWT/WT) and the P2Y-TT cell line with full-length PRKN (PRKNFL/FL) or intron 7-deleted PRKN (PRKNΔin7/Δin7). Rep1-3 denote three individual experiments. Blue vertical lines indicate the histogram peak for P2Y-TT cells in each replicate. Between 900 and 3,800 cells were analyzed per cell line per replicate. P-values were calculated using the mean YFP intensities from all replicates with Student’s t-test (n.s. = not significant). (B,C) RT-qPCR analysis of PRKN-2YFP (B) and PRKN (C) mRNA levels in P2Y-TT cells with full-length PRKN (PRKNFL/FL) or intron 7 deletion in one (PRKNFL/Δin7) or both alleles (PRKNΔin7/Δin7). Y-axis shows log2 fold change (log2 FC) in mRNA levels relative to PRKNFL/FL. Dots represent individual experiments (n = 3), and horizontal lines indicate the mean. Dashed line denotes log2 FC = 0. P-values were calculated with Student’s t-test (n.s. = not significant). (D) Upper panel, Schematic representation of PACRG and PRKN including their shared promoter. Gene sizes and orientations are indicated with green arrows. Exons are represented as vertical pins on a horizontal line. Ruler indicates position along the genes (kb). Bar chart showing CG dinucleotide frequency is shown below the genes (2,930-bp windows). Lower panel, RT-qPCR analysis of PACRG mRNA levels as in (B,C).


To evaluate the effect of intron 7 deletion on PRKN transcript levels, we performed reverse transcription quantitative PCR (RT-qPCR) with two different primer sets: One set binding specifically to transcripts from the 2YFP-tagged allele (PRKN2YFP) and one set binding to transcripts from both the 2YFP-tagged and untagged (PRKNWT) allele (referred to as “total PRKN transcripts”) (Supplementary Figure 3). Only the clone with homozygous intron 7 deletion was included in the analysis of PRKN2YFP transcript levels while the homozygote and two heterozygotes were included in the analysis of total PRKN transcript levels. No change in either PRKN2YFP transcript levels (Figure 2B) or total PRKN transcript levels (Figure 2C) were detected in any of the clones, supporting that the intron 7 deletion does not alter PRKN expression.

We further investigated whether the intron 7 deletion induced changes in the promoter activity of PRKN. Specifically, we exploited that PRKN shares its promoter (marked by high GC content in Figure 2D, upper panel) with the gene PACRG (parkin coregulated) (West et al., 2003), which is transcribed in the opposite direction of PRKN. Thus, we would expect changes in the promoter activity to affect both genes, and we therefore extended our RT-qPCR investigations to include PACRG transcription (Figure 2D). While a significant decrease in PACRG transcript levels were detected in PRKNWT/Δ in 7 clone 18 compared to the parental cell line, no significant differences were detected in any of the other clones including the homozygote for intron 7 deletion, suggesting that the difference seen in one of the clones is due to clonal variation.

Altogether, this indicates that the 80-kb deletion in PRKN intron 7 does not markedly alter PRKN or PACRG expression.



Truncation of PRKN Significantly Reduces Its Fragility

To test the hypothesis that the large introns in PRKN are underlying its fragility, we performed FISH on metaphase spreads from the two PRKNWT/Δ in 7 clones after inducing replication stress by treatment with the DNA polymerase inhibitor aphidicolin (APH). These clones enabled us to use the full-length wild-type allele of PRKN as an internal control. For FISH, we used a probe that binds PRKN outside of intron 7, which detects both full-length and intron 7-deleted PRKN, as well as a probe that binds the deleted region of intron 7 and therefore only detects the full-length PRKN (Figures 3A,B). While the full-length PRKN locus in the PRKNWT/Δ in 7 clones was as fragile as the full-length PRKN in the parental cell line, the intron 7-deleted PRKN allele was significantly less fragile in both PRKNWT/Δ in 7 clones (Figure 3C). Notably, the deletion, which is equivalent to approximately 12% of the length of PRKN, resulted in an approximately 50% reduction of the fragility of the gene. Thus, the 80 kb region in intron 7 clearly contributes to PRKN fragility even though this region does not have a clear role in PRKN expression or cell viability.
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FIGURE 3. 80 kb deletion in intron 7 significantly affects prkn fragility. (A) Scaled schematic representation of PRKN. Positions of the FISH probes for PRKN are indicated with green and red boxes. The deleted region of intron 7 is indicated by a black box. Exons are represented as vertical pins on a horizontal line. (B) Representative images of metaphase spreads with FISH probes against PRKN (green) and PRKN intron 7 (red) on DAPI-stained metaphase spreads. Cells were treated with 0.3 μM of APH for 16 h before harvesting. Yellow arrows point to a break/constriction at the full-length PRKN allele and the cyan arrows point to the intron 7-deleted PRKN allele only recognized by the PRKN FISH probe. Scale bars are 5 μm. (C) Quantification of breakage/constriction at PRKN in P2Y-TT cells and two independently derived clones of PRKNWT/Δ in7. Cells were treated with DMSO or 0.3 μM APH for 16 h. n denotes the total number of the indicated PRKN allele that was quantified for each clone. The data were analyzed by Fisher’s exact test. Error bars indicate 95% confidence intervals.




DISCUSSION

Extremely large genes arose in an early vertebrate ancestor due to intron expansions (Voutsinos et al., 2018). Furthermore, the size of extremely large genes seems to be conserved during evolution even though they pose a threat to genome integrity (Pentzold et al., 2018; Voutsinos et al., 2018). In this paper, we have investigated the cellular role of the largest intron in the PRKN gene, which is located in a highly fragile CFS (Wilson et al., 2015; Okamoto et al., 2018; Pentzold et al., 2018; Voutsinos et al., 2018). This is to our knowledge the first controlled experiment addressing the function of an extremely large intron. We were able to generate a cell line homozygous for an 80 kb deletion in PRKN intron 7, clearly demonstrating that the deleted region is not essential for cell viability. Moreover, we find that this intron 7 truncation does not have any significant effect on PRKN gene expression. Yet, the 80-kb intronic deletion leads to an almost 50% reduction of PRKN fragility although only shortening the gene length by 12%, which does not appear to be a consequence of altered transcriptional activity. Thus, these 80 kb of intronic sequence with no apparent function are significantly contributing to PRKN fragility, most likely reflecting that extreme gene size is a trigger for chromosomal fragility, which suggests a disproportional significance of gene length on chromosomal fragility. The reason for the reduction of fragility upon intron deletion might be that conflicts between transcription and replication are avoided due to the shorter traveling time for the RNA polymerase. However, given the importance of replication timing for fragility, the reduced fragility may result from change in replication timing, which we expect to occur because the transcription unit is shortened and thereby the distance between replication origins at each side of the gene will be reduced. However, further studies are needed to experimentally determine the effect of intron deletion on replication timing. We note that the size of the gene or elements within the intron may play a functional role in certain tissues. It may even be possible that genomic instability at CFSs play a physiological role for instance in neurons where it might serve to generate genetic diversity (Schwer et al., 2016; Wei et al., 2016; Voutsinos et al., 2018). Alternatively, the replication difficulties induced by long introns may provoke epigenetic diversification as shown for replication problems induced by G4 quadruplex forming DNA sequences (Schiavone et al., 2014).

Here, we find that intronic truncation does not lead to changes in gene expression, thus adding to the mystery regarding the conservation of large introns. Therefore, further studies are needed to unravel the functional significance of large introns in genes at CFSs that clearly cause problems for dividing cells.
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The human genome has many chromosomal regions that are fragile, demonstrating chromatin breaks, gaps, or constrictions on exposure to replication stress. Common fragile sites (CFSs) are found widely distributed in the population, with the largest subset of these sites being induced by aphidicolin (APH). Other fragile sites are only found in a subset of the population. One group of these so-called rare fragile sites (RFSs) is induced by folate stress. APH-inducible CFSs are generally located in large transcriptionally active genes that are A + T rich and often enriched for tracts of AT-dinucleotide repeats. In contrast, all the folate-sensitive sites mapped to date consist of transcriptionally silenced CGG microsatellites. Thus, all the folate-sensitive fragile sites may have a very similar molecular basis that differs in key ways from that of the APH CFSs. The folate-sensitive FSs include FRAXA that is associated with Fragile X syndrome (FXS), the most common heritable form of intellectual disability. Both CFSs and RFSs can cause chromosomal abnormalities. Recent work suggests that both APH-inducible fragile sites and FRAXA undergo Mitotic DNA synthesis (MiDAS) when exposed to APH or folate stress, respectively. Interestingly, blocking MiDAS in both cases prevents chromosome fragility but increases the risk of chromosome mis-segregation. MiDAS of both APH-inducible and FRAXA involves conservative DNA replication and POLD3, an accessory subunit of the replicative polymerase Pol δ that is essential for break-induced replication (BIR). Thus, MiDAS is thought to proceed via some form of BIR-like process. This review will discuss the recent work that highlights the similarities and differences between these two groups of fragile sites and the growing evidence for the presence of many more novel fragile sites in the human genome.

Keywords: break-induced DNA replication, mitotic DNA synthesis, SLX1-SLX4, MUS81/EME1, replication fork blockage, R-loops, origins of replication, secondary DNA structures


INTRODUCTION

Fragile sites are apparent as chromatin gaps, constrictions, or breaks in cells exposed to replication stress (Sutherland, 1991). These sites are typically classified based on the reagent that induces their expression most effectively. They are also classified as common or rare, depending on their frequency in the population (Feng and Chakraborty, 2017). The largest known group of fragile sites are most efficiently induced by aphidicolin (APH), an inhibitor of DNA polymerases α, δ, and ε. FRA3B and FRA16D are among the best known APH inducible CFSs. FRA3B is associated with the fragile histidine triad (FHIT) gene, a tumor suppressor gene located on chromosome 3p14.2 and FRA16D is associated with the WW domain-containing oxidoreductase (WWOX) gene, a tumor suppressor gene located on chromosome 16 (Bednarek et al., 2000). Another group of fragile sites are referred to as being folate-sensitive since they are induced by either too much or too little folate, with both situations resulting in nucleotide pool imbalances (Glover, 1981; James et al., 1993). Perhaps, the best known of the folate-sensitive fragile sites is the rare fragile site, FRAXA, a site on the X chromosome that is seen in individuals with fragile X syndrome (FXS), the most common heritable cause of intellectual disability and autism spectrum disorder (Lozano et al., 2014). Other fragile sites are induced by agents, such as 5-azacytidine, 5-bromo-2-deoxyuridine, or distamycin A that can be incorporated or intercalated into DNA (Schmid et al., 1980; Sutherland et al., 1985; Hori et al., 1988). Interestingly, FRA16B and FRA10B, two rare distamycin-inducible fragile sites, are AT-rich minisatellites (Yu et al., 1997; Hewett et al., 1998) that are expansions of the AT microsatellites normally present in the CFSs FRA16C and FRA10E, respectively (Zlotorynski et al., 2003). As such, they may share common features with the APH-inducible sites. While most fragile sites replicate late in the cell cycle, early replicating fragile sites (ERFSs) have also been identified that are readily induced by hydroxyurea, a reagent that causes depletion of deoxynucleotide pools (Barlow et al., 2013).

Fragile sites are all thought to be regions of the genome that for some reason are slow to complete replication, and their presence is associated with a variety of chromosome abnormalities. Genome instability at CFSs is thought to be a driving force for tumorigenesis with APH-CFSs being associated with copy number variations, including a variety of recurrent cancer deletions (Le Tallec et al., 2013; Wilson et al., 2015; Zheglo et al., 2019). Some CFS-associated CNVs are also associated with neurological disorders (Denison et al., 2003; Ambroziak et al., 2015; Zheglo et al., 2019). CFSs are also frequent sites of viral integration associated with cancer (Thorland et al., 2000; Yu et al., 2005). In contrast to the CNVs associated with CFSs, ERFSs are associated with recurrent chromosomal rearrangements during lymphomagenesis (Barlow et al., 2013). The RFS FRAXA is associated with a high frequency loss of the affected X chromosome in vitro in response to folate stress (Bjerregaard et al., 2018) and in vivo (Dobkin et al., 2009), and many cases of Jacobsen (11q-) syndrome, a chromosomal deletion disorder affecting chromosome 11, have been attributed to the presence of folate-sensitive fragile sites on that chromosome (Jones et al., 1994).



THE MOLECULAR BASIS OF THE REPLICATION PROBLEMS AT CFSS AND FOLATE-SENSITIVE FSS

Unlike ERFSs which are located in early replicating G + C-rich, gene-dense regions with high numbers of activated origins of replication (ORIs) (Barlow et al., 2013), many APH-inducible CFSs are located in active, A + T-rich genes that are >300kb in size, replicate late, and are frequently ORI-poor (Glover et al., 2017; Debatisse and Rosselli, 2019). CFSs have been reported to be located at topologically associated domains (TADs) in some studies (Sarni et al., 2020), but not others (Ji et al., 2020). Some CFSs are associated with the expression of different oncogenes that can modulate replication stress (Miron et al., 2015). Transcription is required for CFS expression (Helmrich et al., 2011; Park et al., 2021), although higher transcription rates are associated with reduced fragility, perhaps due to the associated shift of the locus to replication earlier in the cell cycle (Blin et al., 2019). The relationship to transcription likely explains the reported tissue specificity of CFS expression.

Many different models have been proposed to account for the replication difficulties of CFSs, including those invoking replication-transcription collisions that promote R-loop formation and ultimately the stalling of the replication fork (Helmrich et al., 2011) and/or structural blocks to replication fork progression resulting from hairpin or cruciform formation by the AT-dinucleotide-rich regions embedded within many CFSs (Zlotorynski et al., 2003; Ozeri-Galai et al., 2011; Irony-Tur Sinai et al., 2019; Van Wietmarschen et al., 2020). In addition, TAD boundaries located between different replication timing zones are known to be prone to replication fork stalling (Lombardi and Tarsounas, 2020). Since ORIs are only licensed in G1 and bound pre-replication complexes can be displaced by RNA Pol II, at least in yeast (Snyder et al., 1988), it has also been suggested that transcription of long genes results in a paucity of active ORIs within the gene body that delays the completion of replication (Brison et al., 2019). Parenthetically, while a paucity of ORIs is associated with replication stress at CFSs, it has been suggested that increased ORI initiation at ERFSs also causes replication stress, perhaps by prematurely depleting nucleotide pools or by increasing replication-transcription collisions (Barlow et al., 2013).

However, while some studies support a role of R-loops in replication stress at fragile sites, including FRA3B (Helmrich et al., 2011), others do not (Park et al., 2021). Furthermore, while molecular combing has demonstrated replication stalling at FRA16C (Ozeri-Galai et al., 2011) and at FRA16D and FRA6E in FANCD2−/− cells (Madireddy et al., 2016), combing studies of FRA3B and FRA6E showed no evidence of abnormal fork speed or replication fork stalling in normal APH-treated cells (Palumbo et al., 2010; Letessier et al., 2011). The lack of stalling at FRA3B together with the fact that transcription inhibition in S phase did not affect fragile site expression would be consistent with the idea that stalled replication forks and/or replication-transcription collisions are not a major source of replication stress at all CFSs (Brison et al., 2019). In addition, while delayed replication and their presence within large, transcriptionally active genes are consistent features of CFSs, these features are not sufficient for fragility, since a number of active, large genes that replicate late are not fragile (Wilson et al., 2015; Sarni et al., 2020; Park et al., 2021). Thus, the precise nature of the replication problem or problems at CFSs remains enigmatic and current thinking is that a combination of different factors may contribute to replication stress at different loci.

Unlike CFSs, many of the RFSs involve a much shorter region of DNA, usually 0.6–5kb. Of the 10 folate-sensitive RFSs characterized to date, all consist of a single tract of >200 CGG repeats (Table 1). In most cases, the repeat is in the 5' UTR of a gene that is epigenetically silenced (Lukusa and Fryns, 2008). Thus, fragility of these sites is likely to have a similar molecular basis. These sites are often associated with human disease, most commonly intellectual disability and autism spectrum disorder. However, it is not the fragile site itself that is responsible for this pathology, but rather the silencing-associated loss of the affected gene product. In the case of FRAXA and its associated disorder, FXS, the CGG repeat tract is located in the 5' UTR of the X-linked FMR1 gene. The CGG repeat tract is prone to two forms of instability, the tendency to gain repeats with time, a hallmark of the repeat expansion diseases (Paulson, 2018) and the propensity to show fragility and sex chromosome aneuploidy (Dobkin et al., 2009). Both CGG repeats and the complementary CCG repeat form secondary structures, including hairpins and either G4 quadruplexes or i-motif structures [reviewed in Mirkin (2006)]. In vitro the CGG repeats show a K+ specific block to DNA synthesis consistent with the underlying problem being the formation of a G4 structure (Usdin and Woodford, 1995). The repeats also stall DNA synthesis in mammalian model systems (Voineagu et al., 2009) and in the endogenous FMR1 locus (Gerhardt et al., 2014). In contrast to APH-inducible sites, the expression of FRAXA requires transcriptional silencing since those rare FXS alleles that escape silencing are not fragile (Yudkin et al., 2014). DNA methylation associated with gene silencing could increase the stability of fork blocking structures (Hardin et al., 1993; Lin et al., 2013). However, it is probable that silencing per se is not the trigger for fragility, but rather the delayed replication associated with silencing; transcribed FMR1 alleles replicate late in the cell cycle, in S4 or G2 (Hansen et al., 2010), with silenced FXS alleles replicating even later (Webb, 1992; Hansen et al., 1997). Folate stress would delay this even further. FXS alleles lack the association with a TAD boundary that is seen in normal alleles (Sun et al., 2018). Thus, while APH CFSs and FRAXA share some common features, the underlying problems responsible for these different classes of fragile sites are likely to also be different.



TABLE 1. Folate-sensitive rare fragile sites known to be associated with CGG microsatellites.
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THE DOWNSTREAM CONSEQUENCES OF THE REPLICATION PROBLEMS AT FRAGILE SITES

Both APH-inducible CFSs and the FRAXA locus undergo mitotic DNA synthesis (MiDAS; Minocherhomji et al., 2015; Bhowmick et al., 2016; Garribba et al., 2020), a salvage pathway that ensures that regions of the genome that have not completed replication by the start of mitosis are successfully duplicated before the cell divides (Minocherhomji et al., 2015). Given that folate-sensitive fragile sites are all comprised of long CGG microsatellites, it is reasonable to think that other folate-sensitive fragile sites undergo MiDAS as well. MiDAS at both APH-inducible CFSs and FRAXA shares some common features. Both proceed via conservative DNA replication, in which DNA synthesis is confined to just one of the sister chromatids. They both also require POLD3 (Bhowmick et al., 2016; Garribba et al., 2020). POLD3, an accessory subunit of the replicative polymerase Pol δ, is not required for normal chromosomal replication, but is required for break-induced replication (BIR) (Costantino et al., 2014), a form of homologous recombination involved in the repair of one-sided double-strand breaks (DSBs) arising at collapsed replication forks. Thus, MiDAS has many of the hallmarks of a BIR-related process. BIR usually proceeds via the cleavage of the leading strand template by one of the structure-selective endonucleases: XPF-ERCC1, MUS81-EME1, or SLX1-SLX4. Cleavage results in a free 3' DNA tail that can strand-invade the sister chromatid to create a D-loop thus allowing POLD3-dependent DNA synthesis to proceed using the sister chromatid as a template. Successful completion of BIR at fragile site loci results in completely replicated chromatids that can be properly segregated into daughter cells in anaphase. Inhibition of BIR, on the other hand, results in the reduced expression of both CFSs and FRAXA, consistent with the idea that fragility is an active process resulting from MiDAS that has not been completed by the time normal chromatin condensation begins (Minocherhomji et al., 2015; Garribba et al., 2020). BIR frequently involves multiple rounds of strand invasion, DNA synthesis, and dissociation (Smith et al., 2007). Dissociation at one interspersed repeat and reinvasion into a different one could produce deletions, if the second repeat was downstream of the first one, and duplications if upstream. This could contribute to the high incidence of CNVs associated with fragile sites. Repeated mispriming within the repeat tract during BIR could also account for the tendency of CGG repeat tracts to expand (Kononenko et al., 2018). However, in the case of CGG repeats at the FMR1 locus expansions occur in cells like ova that do not replicate (Yrigollen et al., 2014; Zhao and Usdin, 2018) and, in contrast to fragility, expansion at this locus requires transcription (Lokanga et al., 2014). Thus, the trigger for fragility and expansion of CGG repeats may differ.

While both the expression of CFSs and FRAXA likely involve some form of BIR, the process at these sites differs with respect to some of the proteins involved as illustrated in Figure 1. Specifically, initiation of BIR at APH-inducible sites involves cleavage of the replication intermediates by Mus81-EME1 (Ying et al., 2013) acting in conjunction with the scaffolding protein, SLX4 (Minocherhomji et al., 2015). Processing of the cleavage product requires Rad52 (Ying et al., 2013). In contrast, BIR at FRAXA requires the RAD51 recombinase and the SLX1-SLX4 endonuclease (Garribba et al., 2020). It has been suggested that the DNA secondary structures formed by the CGG repeat tract result in an atypical stalled fork that is a poor substrate for MUS81-EME1 (Garribba et al., 2020), a complex that specifically nicks duplex DNA on the 5'-side of a single-stranded/double-stranded DNA branch point (Wyatt et al., 2013). In contrast, the SLX1 endonuclease, which is activated by binding to SLX4, has a wider range of possible substrates and can incise duplex or single-stranded DNA on either the 5'- or 3'-sides of the branch point, thus allowing SLX1-SLX4 to nick either the leading or lagging strand template (Wyatt et al., 2013). This difference in substrates may account for the involvement of different enzymes for processing stalled replication forks in the case of CFSs and FRAXA (Garribba et al., 2020). Interestingly, in a tissue culture reporter system, siRNA knockdown of either RAD51 or RAD52 significantly reduced BIR-associated mutagenesis of the region flanking a CGG repeat tract (Kononenko et al., 2018). Whether this reflects two different BIR subpathways operating in these cells or some sort of hybrid process is unclear.
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FIGURE 1. Current models for events occurring at loci containing APH-inducible and folate-sensitive FSs. APH-inducible sites are difficult to replicate, a situation that may be exacerbated by collisions between the replication fork and the transcription complex. A head-on collision is depicted here since it is associated with elevated levels of DSBs as well as the formation of R-loops (Hamperl et al., 2017) suggested to be important for fragility of these sites (Helmrich et al., 2011). Folate-sensitive RFSs are associated with replication problems resulting from the formation of a fork blocking lesion at a locus that is transcriptionally silent. Rescue of the stalled replication forks occurs by MiDAS that involves two different BIR subpathways (Wyatt et al., 2013; Ying et al., 2013; Minocherhomji et al., 2015; Bhowmick et al., 2016; Garribba et al., 2020). Completion of MiDAS produces a normal chromosome, while failure to do so results in chromosome fragility. Strand switching during BIR that results in mispriming can result in CNVs. Failure to initiate MiDAS results in either double-stranded UFBs in the case of the APH sites (Chan et al., 2007) or single-stranded UFBs in the case of FRAXA (Bjerregaard et al., 2018).


While initiation of MiDAS is required for cytogenetic expression of the fragile site, failure to initiate MiDAS at both sets of loci leads to increased formation of ultrafine bridges (UFBs) in anaphase (Minocherhomji et al., 2015; Bhowmick et al., 2016; Garribba et al., 2020). These UFBs are anaphase bridges that do not stain with conventional DNA stains like Hoechst or DAPI and are not associated with histones (Chan et al., 2009). Failure to resolve these UFBs results the formation of micronuclei and chromosome mis-segregation (Fernandez-Casanas and Chan, 2018). Perhaps not surprisingly given the differences in the underlying cause of replication fork stalling, CFSs and the FRAXA locus also differ in the nature of the UFBs that are formed when MiDAS does not occur. The UFBs formed at APH-inducible sites are coated with PICH, a DNA translocase, are double-stranded (Liu et al., 2014), and are bounded by FANCD2/FANCI foci (Chan et al., 2009). The absence of an effect of topoisomerase II inhibition on the frequency of these UFBs suggests that they reflect the presence of under-replicated DNA or unresolved replication intermediates rather than dsDNA catenanes (Chan et al., 2009). The UFBs associated with FRAXA on the other hand are not associated with FANCD2, FANCI, or PICH. Instead, they are coated with RPA (Bjerregaard et al., 2018) and are thus likely to be single-stranded, consistent with unresolved HR intermediates (Fernandez-Casanas and Chan, 2018).



CONCLUDING REMARKS

Lessons learnt from these two groups of fragile sites have allowed many more potential fragile sites to be identified. For example, genome-wide mapping of loci that undergo MiDAS in the presence of APH has identified hundreds of potential new CFSs (Ji et al., 2020; Macheret et al., 2020). Genome-wide studies of loci showing a fragility signature consisting of a TAD boundary that overlaps a highly transcribed, large gene with APH-induced replication delay, also suggest the presence of additional sites (Sarni et al., 2020). In addition, folate stress induces MiDAS or γ-H2AX foci, a marker of DSBs, at many genomic loci in normal human cells (Kumari et al., 2009; Garribba et al., 2020), suggesting that there are also several common folate-sensitive fragile sites that are as yet uncharacterized. Furthermore, a recent study of epigenetic variation in the human genome suggests the existence of at least 19 rare, long, and silenced CGG repeat tracts that could well also be fragile (Garg et al., 2020).

In addition to the CGG repeat diseases associated with folate-sensitive RFSs, many other repeat expansion diseases are known (Paulson, 2018). The CTG repeats responsible for a subset of these disorders, block replication (Samadashwily et al., 1997; Pelletier et al., 2003), induce BIR (Kim et al., 2017), and cause chromosome fragility in yeast (Freudenreich et al., 1998; Freudenreich and Lahiri, 2004). They also block replication in human cells (Liu et al., 2012). Furthermore, when cells containing a reporter construct with (CTG)100 repeats were treated with hydroxyurea replication-dependent DSBs were seen close to the replication fork (Gadgil et al., 2020). Increased fragility as evidenced by the loss of an adjacent fluorescent reporter was also seen along with evidence of BIR. Interestingly, unlike BIR at the FRAXA locus, this BIR was dependent on MUS81 (Gadgil et al., 2020). CTG and CAG repeats form hairpins (reviewed in Mirkin, 2006), like the CGG and CCG repeats responsible for FRAXA. However, they do not form G4 or i-motif structures. The MUS81 requirement for fragility may reflect this difference. Since some of the CTG/CAG expansion disorders can involve thousands of repeats (Fu et al., 1992; Mahadevan et al., 1992; Van Kuilenburg et al., 2019), they may also be fragile. However, no mitotic fragility has been reported for individuals with one such disorder, myotonic dystrophy type 1 (DM1; Jalal et al., 1993; Wenger et al., 1996). This may reflect the fact that, according to the ENCODE dataset, DMPK, the affected gene, replicates in the G1 or G1b phase of the cell cycle (Thurman et al., 2007; Hansen et al., 2010). Similarly, the GAA repeat tract responsible for Friedreich ataxia has key hallmarks of a mammalian fragile site: It blocks DNA synthesis (Krasilnikova and Mirkin, 2004; Gerhardt et al., 2016; Murat et al., 2020), is fragile in yeast (Kim et al., 2008), and is prone to chromosomal duplications in culture (Kumari et al., 2015). It is also associated with a high frequency of de novo mutations in the flanking regions (Bidichandani et al., 1999), a hallmark of BIR. However, as with the DM1 repeats, these loci are not apparent as gaps or constrictions in the chromatin in metaphase spreads, perhaps because they too replicate early in S phase (Kumari et al., 2015).

Thus, the repeats responsible for the repeat expansion diseases, may represent an unappreciated double threat to the human genome: the first threat being mediated via the deleterious effects of having large numbers of repeats in the DNA, RNA, and/or protein encoded by the affected loci (Paulson, 2018) and the second posed by the difficulty of replicating the repeats, with downstream effects on genome integrity, including aneuploidy, translocations, and CNVs. In addition to the repeats currently known to be associated with pathology, many thousands of other microsatellites with potential to stall DNA replication are known to be present in the human genome (Murat et al., 2020). Thus, the number of potentially fragile sites in the human genome could well be much higher than currently appreciated.
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Sumoylation is an important enhancer of responses to DNA replication stress and the SUMO-targeted ubiquitin E3 ligase RNF4 regulates these responses by ubiquitylation of sumoylated DNA damage response factors. The specific targets and functional consequences of RNF4 regulation in response to replication stress, however, have not been fully characterized. Here we demonstrated that RNF4 is required for the restart of DNA replication following prolonged hydroxyurea (HU)-induced replication stress. Contrary to its role in repair of γ-irradiation-induced DNA double-strand breaks (DSBs), our analysis revealed that RNF4 does not significantly impact recognition or repair of replication stress-associated DSBs. Rather, using DNA fiber assays, we found that the firing of new DNA replication origins, which is required for replication restart following prolonged stress, was inhibited in cells depleted of RNF4. We also provided evidence that RNF4 recognizes and ubiquitylates sumoylated Bloom syndrome DNA helicase BLM and thereby promotes its proteosome-mediated turnover at damaged DNA replication forks. Consistent with it being a functionally important RNF4 substrate, co-depletion of BLM rescued defects in the firing of new replication origins observed in cells depleted of RNF4 alone. We concluded that RNF4 acts to remove sumoylated BLM from collapsed DNA replication forks, which is required to facilitate normal resumption of DNA synthesis after prolonged replication fork stalling and collapse.
Keywords: Bloom syndrome, BLM, DNA repair, dormant origins, fork collapse, homologous recombination, hydroxyurea, RAD51
INTRODUCTION
Accurate DNA replication is essential to maintenance of genome integrity. When the replicative polymerase encounters DNA damage such as chemical modifications of bases, the polymerase stalls at the site of the DNA lesion and the CDC45-MCM2-7-GINS (CMG) helicase uncouples from the polymerase and continues to unwind downstream duplex to expose single-stranded DNA (ssDNA) (Cortez, 2019). ssDNA binding protein (RPA) binds to ssDNA, and the complex activates the ATR kinase, which is required for the recruitment of factors from the homologous recombination (HR) pathway (Dungrawala et al., 2015). These factors stabilize and protect the replication fork from nascent-strand degradation (Schlacher et al., 2011). Fork protection and stabilization are dependent on the RAD51 recombinase (Zellweger et al., 2015; Mijic et al., 2017), which is thought to engage with other factors, including BRCA2 and SMARCAL1, that reverse the fork to form a structure resembling a Holliday junction and prevent nascent strand degradation due to exonucleolytic attack (Hashimoto et al., 2010; Kolinjivadi et al., 2017).
Nucleotide deprivation using the ribonucleotide reductase inhibitor hydroxyurea (HU) has provided a powerful probe to examine the mechanisms of fork stabilization and protection because no specific DNA lesion is generated (Vesela et al., 2017). Uncoupling occurs due to DNA polymerases stalling on the template following a >50% decrease in purine deoxynucleotide concentration (Skoog and Bjursell, 1974). In this context, activation of ATR and the recruitment of HR factors, such as RAD51 and BRCA2, are replication-specific (Petermann et al., 2010; Zellweger et al., 2015). Early studies conducted with radiolabeled thymidine tracer demonstrated that ribonucleotide reductase inhibition achieved a cessation of DNA replication and, upon removal of HU, DNA replication resumed (Bianchi et al., 1986). Analysis of DNA replication dynamics based on single molecule DNA fiber assay has demonstrated that HU-stalled replication forks resume synthesis at the sites where they stalled (Petermann et al., 2010; Sidorova et al., 2013; Thangavel et al., 2015). However, prolonged treatment with HU (≥16 h) leads to irreversible fork collapse. Cells treated with HU ≥16 h have two cell populations, namely, cells that were in S phase when drug was added to the medium and cells that transited the cell cycle then entered and were stalled at the beginning of S phase (Karnani and Dutta, 2011). Because collapsed forks cannot be restarted, successful genome duplication in cells depends on the firing of dormant origins (Woodward et al., 2006; Ge and Blow, 2010). The majority of dormant origins fired in these cells are >100 kb away from the collapsed forks.
Multiple proteins that are associated with replication fork stability and HR are sumoylated (Xiao et al., 2015). Sumoylation is in turn regulated by recruitment of SUMO-targeted ubiquitin E3 ligases (STUbLs). STUbLs contain tandem SUMO interaction motifs (SIMs), which bind poly-sumoylated proteins, and RING domains that mediate ubiquitylation (Prudden et al., 2007). The prototypical mammalian STUbL, RNF4, was first identified as a transcriptional co-regulator of hormone receptors (Moilanen et al., 1998). The S. cerevisiae ortholog of mammalian RNF4, the Slx5/Slx8 heterodimer, was discovered in a screen for genes synthetically lethal with the BLM ortholog Sgs1 (Mullen et al., 2001). Yeast strains lacking Slx5 or Slx8 are hypersensitive to chronic DNA replication stress and exhibit elevated levels of gross chromosome rearrangements and spontaneous mutations (Mullen et al., 2001; Zhang et al., 2006; Prudden et al., 2007); Slx5 or Slx8 regulate the levels of numerous sumoylated HR proteins (Burgess et al., 2007). In mammalian cells, RNF4 has been found to operate in a variety of DNA repair functions. It controls the formation of double-strand breaks (DSB) in ATR-deficient cells undergoing replication stress (Ragland et al., 2013). It mediates the recruitment of BRCA1 to DSB sites through the generation of SUMO-ubiquitin hybrid chains (Guzzo et al., 2012). It is recruited to sites of DNA damage via sumoylated MDC1 and is required for exonucleolytic processing of DSBs preceding HR-mediated repair (Galanty et al., 2012; Luo et al., 2012; Yin et al., 2012). RNF4-mediated ubiquitylation facilitates the extraction of proteins from DNA repair sites through recruitment of the Cdc48/p97 segregase (Nie et al., 2012), it regulates FANCI/FANCD2 turnover at stalled forks (Gibbs-Seymour et al., 2015), and it mediates the release of FAAP20 from sumoylated FANCA during interstrand crosslink repair (Xie et al., 2015). Although the function of RNF4 in DSB repair has been studied by many laboratories, it’s role in responding to fork collapse has not been well characterized in mammalian cells.
The BLM helicase has been implicated in replication fork stability as BLM-deficient cells exhibit multiple defects in DNA replication, including accumulation of abnormal DNA replication intermediates (Lonn et al., 1990), slower replication fork velocity (Rao et al., 2007), and excessive firing of dormant origins (Davies et al., 2007). BLM-deficient cells exhibit increased levels of chromatid breakage and HR, in particular, elevated sister chromatid exchanges (SCEs) (Chaganti et al., 1974). BLM interacts directly with both RAD51 (Wu et al., 2001; Bugreev et al., 2007; Patel et al., 2017) and RPA (Brosh et al., 2000; Doherty et al., 2005; Xu et al., 2008; Shorrocks et al., 2021). We have shown previously that BLM’s function in DNA replication is regulated by sumoylation (Ouyang et al., 2009). Cells that express a sumoylation-deficient BLM (SD-BLM) accumulate lower levels of RAD51 at collapsed forks but higher levels of RPA (Eladad et al., 2005; Ouyang et al., 2009; Ouyang et al., 2013). Study of an RPA-binding-deficient BLM showed that BLM’s capacity to bind RPA is required for its role in fork protection (Shorrocks et al., 2021), but the mechanism is unclear because RPA can block BLM’s DNA unwinding activity in vitro (Xue et al., 2019). Levels of SCE are normal in both untreated SD-BLM cells (Eladad et al., 2005) and untreated RPA-binding-deficient BLM cells (Shorrocks et al., 2021); however, in SD-BLM cells subject to prolonged HU treatment, SCEs are not induced but instead DSBs accumulate, associating the failure to recruit RAD51 to collapsed forks with failure to repair DSBs that are generated there. Our recent work with mutations of NSMCE2, the SUMO E3 ligase responsible for BLM sumoylation at collapsed forks, suggests that at least some of these DSBs occur subsequent to dormant origin firing when converging forks merge with collapsed forks (Pond et al., 2019).
Because BLM’s functions are regulated by sumoylation, we hypothesized that RNF4 promotes turnover of BLM at collapsed replication forks, possibly to facilitate downstream DSB processing events. We show here that sumoylated BLM is indeed an RNF4 substrate, but RNF4 is not required for DSB repair at collapsed forks. Instead, we found that deficiency in BLM turnover at collapsed forks resulted in defects in dormant origin firing.
MATERIALS AND METHODS
Cell Culture and Transfection
For knockdown experiments, cells were cultured to 30–50% confluence and transfected with Lipofectamine RNAiMAX (Invitrogen). NC1 negative control siRNA was obtained from IDT, Inc., RNF4 siRNA #1 (5’-GAC​TCA​CAA​TGA​CTC​TGT​TGT​GAT​T-3’) from Invitrogen, and RNF4 siRNA #2 (5’-GAA​UGG​ACG​UCU​CAU​CGU​UUU-3’) from Dharmacon. SENP6 siRNA (5’-AAG​AAA​GTG​AAG​GAG​ATA​CAG​UU-3’) was obtained from Qiagen, Inc. and BLM siRNA (5’- UCC​CGG​GAU​ACU​GCU​CUC​A-3’) was from IDT, Inc. siRNAs were used at a final concentration of 20 nM.
Antibodies
Antibodies were obtained from the following sources: anti-RPA/p34 (Neomarkers MS-691-P0), anti-γ-H2AX (Millipore 05-636), rabbit anti-BLM (Eladad et al., 2005), rabbit anti-RNF4 (a gift from Dr. Jorma Palvimo), rabbit anti-CHK1 (Cell Signaling Technology 2345) at 1:400, rabbit anti-phospho-CHK1 (ser317) (Cell Signaling Technology 2344S) at 1:400, rat anti-HSC70 (Assay Design) at 1:45,000, anti-tubulin (Sigma T9026), anti-SUMO2 (Zhang et al., 2008), anti-Myc (Cell Signaling Technology 2276S), and anti-SENP6 (a gift from Dr. Mary Dasso). AlexaFluor-labeled secondary antibodies (A11029; A11035), were obtained from Invitrogen. HRP-labeled secondary antibodies were anti-mouse IgG (Cell Signaling Technology 7076S), anti-rat IgG (Jackson Labs), and anti-rabbit IgG (GE Healthcare NA934V). For DNA fiber assays, antibodies for detection of 5-iodo-2′-deoxyuridine (IdU) were mouse anti-IdU (BD) and for detection of 5-chloro-2′-deoxyuridine (CldU) were rat anti-CldU (Abcam); the secondary antibodies were anti-mouse Dylight 488 and anti-rat Dylight 649 (Jackson ImmunoResearch).
Clonogenic Survival Assay
U2OS or HeLa cells were transfected with control or RNF4 siRNAs. 48 h after transfection, cells were incubated with varying concentrations of HU for 72 h or of camptothecin (CPT) for 3 h. Cells were trypsinized after treatment and counted with a hemocytometer. Then, 200, 400, and 800 cells were seeded in duplicate into six-well or 60 mm plates in normal medium. After one to two weeks, clones with >50 cells were scored. Clonogenic survival was calculated as the average of number of clones over the number of cells seeded for all scorable wells or dishes. The results were normalized to the clonogenic survival of untreated, negative control condition. The experiment was repeated three times. The average of experiments and standard deviations were calculated.
Immunofluorescence Microscopy
For analysis of RNF4 localization, U2OS cells were seeded in 35-mm glass-bottom culture dishes. For HU-induced DNA damage, cells were incubated in the presence of 2 mM HU for 16 h. Laser-induced irradiation was performed as described (Muniandy et al., 2009). Irradiated cells were allowed to recover for 2 h before antibody staining. Cells were fixed and stained as described (Zhang et al., 2008). Images were collected using Zeiss Observer Z1 fluorescence microscope with an Apotome VH optical sectioning grid and processed using AxioVision Software Release 4.8.1.
For analysis of DNA repair foci numbers and focal areas, 50,000 HeLa cells were seeded on cover slips, transfected with siRNAs, and treated with 2 mM HU for 16 h. As a positive control for a known RNF4-dependent phenotype, we also treated cells with 10 μM etoposide for 4 h, which is known to generate DSBs in all cell cycle phases. Following treatment, cells were pre-processed as described (Dimitrova and Gilbert, 2000) then fixed and stained as described (Zhang et al., 2008). Images were collected on a Zeiss LSM 710 Meta Confocal microscope using Zeiss LSM4.2 software. Foci numbers and areas were acquired in ImageJ/FIJI. The DAPI image was used to generate the nuclear regions of interest. For each experiment an image threshold of the red and green channels was determined using the brightest conditions (e.g., HU-treated control), and this threshold was used for all images acquired. Particles >2 pixels were counted in the resulting binary images using the Analyze Particles function. Quantification of numbers of foci was carried out using CellProfiler (version 2.0). 30 to 70 cells were counted in each experiment. Three experiments were performed and the three experiments were combined and box and whiskers plots prepared from the merged data.
Pulsed-Field Gel Electrophoresis to Measure Double-Strand Breaks
One million HeLa or U2OS cells were seeded into 35 mm dishes. The next day cells were transfected with negative control or RNF4 siRNAs. 48 h after transfection of siRNAs, the cells were treated with varying concentrations of CPT for 3 h. The cells were harvested, counted, and 250,000–3,000,000 cells were embedded in agarose plugs in agarose insert buffer (10 mM Tris-HCl pH 7.5, 20 mM NaCl, 50 mM EDTA). Plug preparation, cell lysis, and agarose gel electrophoresis were carried as described (Ouyang et al., 2009; Pond and Ellis, 2019). Gels were stained with SYBR Gold (1 part in 10,000 parts water) and the UV transilluminator image was analyzed using ImageJ Gel Analyzer. Arbitrary fluorescence units were normalized to untreated, untransfected controls. Experiments were repeated three times. The average of experiments and standard deviations were calculated.
Flow Cytometric Analysis
300,000 U2OS or HeLa cells or 150,000 HCT116 cells were seeded into 40 mm dishes and forward transfected the following day with negative control or RNF4-specific siRNAs. 24–30 h after transfection, the cells were treated or not with 2 mM HU for 16 h. The cells were released from the HU block and incubated in media containing 20 μM BrdU for 20, 30, 40, 60, or 120 min prior to harvest. 20 min of BrdU labeling was used for each time point prior to harvest. Processing of cells for flow cytometry was carried out using the APC BrdU Flow kit (BD Pharmingen) according to the manufacturer’s instructions. The fixed and stained cells were analyzed on a Beckman Coulter Cyan ADP. Data was analyzed using Summit 4.3 software from Beckman Coulter. After gating, percent of cells in each cell-cycle phase (G1, S, and G2/M) was calculated. Experiments were repeated three or more times. The average of experiments and standard deviations were calculated.
DNA Fiber Analysis
U2OS cells were transfected with control or RNF4 siRNAs. 48 h after transfection, cells were exposed to 20 μM IdU for 20 min. Cells were incubated or not with 2 mM HU for 2 or 16 h. Cells were washed and then exposed to 100 μM CldU for 30 min. DNA fibers were prepared and visualized as described (Davies et al., 2007). Microscopy was carried out using a Zeiss Observer Z1 fluorescence microscope.
Analysis of BLM Sumoylation and RNF4-Mediated Ubiquitylation
U2OS cells stably transfected with His-SUMO-1 or His-SUMO-2 were a gift from Dr. Mary Dasso (NIH). His-SUMO conjugates were purified as described (Jaffray and Hay, 2006). For in vitro sumoylation and ubiquitylation reactions, recombinant GST-tagged BLM (amino acids 1-431), SUMO E1 (Aos1/Uba2), E2 (Ubc9), and SUMO proteins were expressed and purified from E. coli as previously described (Zhu et al., 2008). Recombinant ubiquitin E1 (Uba1), E2 (UbcH5c), RNF4, and ubiquitin were kindly provided by Dr. Cynthia Wolberger (Johns Hopkins University). Sumoylated BLM on GST beads was produced as previously described (Zhu et al., 2008). The GST-BLM-SUMO beads were washed and incubated with 1 μM ubiquitin E1, 25 μM UbcH5a and 1 mM ubiquitin with or without 50 μM RNF4 in reaction buffer [1 mM ATP, 20 U/ml creatine phosphokinase, 5 mM phosphocreatine, 0.6 mg/ml inorganic pyrophosphatase in 20 mM HEPES-KOH (pH 7.3), 110 mM potassium acetate, 2 mM magnesium acetate and 1 mM DTT] at 37°C for 2 h. After five washes with 500 mM NaCl in PBS, proteins were eluted with 2X SDS sample buffer and analyzed by immunoblot analysis.
Analysis of BLM Stability
Cells were transfected with negative control or RNF4 siRNA oligos on two sequential days. 24 h after the second transfection, cells were treated with or without 100 ng/ml cycloheximide for different times and lysed directly in sample buffer at the end of treatment. Proteins were analyzed by immunoblot analysis.
Mitotic Index Analysis
Mitotic index was measure by seeding 50,000 transfected HeLa or HCT116 cells onto cover slips and treating them the next day with 2 mM HU for 16 h. Cells were released from the HU block by replacement with fresh medium, and the cover slips were processed for examination of mitoses at 1-h time points 9–15 h after release. For processing, cells were fixed in 4% paraformaldehyde diluted into PBS at room temperature for 20 min, washed in PBS, permeabilized in 0.5% Triton X-100 for 10 min, washed 3 times in PBS (the middle wash containing 0.1 M glycine), and mounted in Prolong Gold with DAPI (Invitrogen). Cells were examined at 40x magnification with a UV filter on a Nikon Eclipse E600 controlled by NIS-Elements BR 3.0 software. Fields were imaged and mitotic cells were identified as cells with chromosomes undergoing condensation or cells containing condensed chromosomes. The percent of mitotic cells was calculated as the total number of mitotic cells divided by the total number of cells. A small percentage of cells (<0.2%) that exhibited nuclear blebbing or other nuclear changes indicative of apoptosis, were not included in this total. Experiments were repeated three times. The average of experiments and standard deviations were calculated z.
Sister Chromatid Exchange
165,000 HeLa cells were seeded into T25 flasks overnight and were subsequently transfected with siRNAs on two sequential days. On the third day, cells were incubated in medium containing 20 μM bromodeoxyuridine (BrdU) for 42 h (untreated samples) or cells were incubated in 20 μM BrdU for 24 h, in 20 μM BrdU and 2 mM HU for 16 h, and finally in 20 μM BrdU for 14 h (HU-treated samples). 45 min prior to harvest, colcemid was added to achieve a concentration of 0.15 μg/ml. For HU-treated cultures, 3 h prior to harvest freshly prepared caffeine was added at a concentration of 1 mM, otherwise mitoses were not obtained in RNF4-depleted cells. The failure to obtain mitoses in RNF4-depleted cells was specific to colcemid treatment, because RNF4-depleted cells underwent mitosis and cell division in the absence of colcemid. Metaphases were prepared and stained using the fluorescence plus Geimsa method as described (Ouyang et al., 2009). Metaphases were examined at 100x magnification under oil with a Nikon Eclipse E600 controlled by NIS-Elements BR 3.0 software. SCEs in each metaphase and the numbers of chromosomes were counted, and the levels of SCEs expressed as the number of exchanges per 46 chromosomes over all scorable metaphases. Experiments were repeated twice. The average of experiments and standard deviations were calculated.
Statistical Analyses
T-tests were performed to compare the effects of RNF4 depletion vs control on proliferation; on focal accumulations of RAD51, γ-H2AX, BLM, and RPA; on SCEs; and, on replication dynamics exhibited by the DNA fiber analysis. To compare flow cytometry cell cycle profiles, the difference in the mean values for RNF4 versus NC1 were tested for percentage phase of the cell cycle (% G1, % S, and % G2) within each cell line using two sample t-tests. The interaction between caffeine and RNF4 (versus NC1) was initially tested using linear regression. Since it was not statistically significant for any conditions, it was removed from the model. Subsequently the difference between the caffeine treatment in the no HU and HU conditions was assessed using two sample t-tests. To analyze recovery from replication arrest, the difference in the percent of cells between siRNF4 and control was assessed using linear regression models. The initial model assessed whether the profile of the change across time differed between the two conditions (i.e., was there interaction). If the profile was not significantly different, the potential for a shift between the two conditions was assessed.
RESULTS
RNF4 Exhibited a Unique Role in Response to Prolonged Replication Stress
Although known to have important roles in cellular response to DNA replication stress (Ragland et al., 2013; Kumar and Sabapathy, 2019), the exact functions of RN4 at stalled and collapsed replication forks are not fully understood. To explore these functions, we first used indirect immunofluorescence confocal microscopy to investigate RNF4 localization in U2OS cells treated with 2 mM HU for 16 h, as localization under these conditions has not previously been reported. This analysis revealed that RNF4 co-localized with γ-H2AX, a marker for sites of collapsed replication forks and the modicum of DSBs induced by this duration of HU treatment (Petermann et al., 2010). As positive controls, we confirmed previous findings that RNF4 co-localizes with γ-H2AX at DSBs generated by microlaser- and γ-irradiation (Galanty et al., 2012; Yin et al., 2012; Vyas et al., 2013) (Figure 1A).
[image: Figure 1]FIGURE 1 | RNF4 was not required for HR repair of replication-associated DSBs. (A) RNF4 co-localized with phosphorylated histone H2AX (γ-H2AX) in U2OS cells treated with a micro-laser, ionizing radiation (IR), or hydroxyurea (HU). DNA was detected with DAPI. Bars = 10 µm. (B) RNF4 depletion in U2OS cells by two unique RNF4-specific siRNAs was evaluated by immunoblot analysis. Proliferation defect in RNF4-depleted U2OS cells exposed to varying concentrations of HU for 72 h. Error bars represent standard deviations from three biological replicates. p values were determined using a Student’s t-test. (C) Line graph showing results of clonogenic survival assays on RNF4-depleted and control-depleted HeLa cells exposed to varying concentrations of camptothecin (CPT) for 3 h. Results from three independent assays were averaged and standard deviations shown. (D) Bar graphs showing the relative levels of DSBs in RNF4-depleted and control-depleted HeLa cells exposed to varying concentrations of CPT for 3 h, as determined by pulsed field gel electrophoresis. Induced DSBs were normalized to DSBs in untransfected and untreated cells. Results from three independent experiments were averaged and standard deviations shown. (E,F) Box and whiskers plots showing the enumerations of focal accumulations of RAD51 and γ-H2AX, detected by indirect immunofluorescence, in RNF4-depleted and control-depleted HeLa cells untreated or treated 2 mM HU for 16 h. Results from three independent experiments were combined. As a positive control, cells were treated with 10 μM etoposide for 4 h. (G) Box and whiskers plot showing levels of sister chromatid exchange (SCE) in RNF4-depleted and control-depleted HeLa cells untreated or treated 2 mM HU. Cells were labeled with BrdU for one cell division, blocked in HU for 16 h, released from the HU block into medium containing BrdU, collected in metaphase with colcemid and processed for assaying SCEs. Results from two independent experiments were combined. NT = not treated.
To further explore the functions of RNF4 in the cellular response to DNA replication stress, we used two independent siRNA oligos to effectively deplete expression levels by >90% in human U2OS cells (Figure 1B). Consistent with previous studies (Galanty et al., 2012; Yin et al., 2012; Vyas et al., 2013), we found that RNF4 depletion enhanced sensitivity to chronic HU-induced replication stress (Figure 1B; Supplementary Figure S1A). We also examined the sensitivity of RNF4-depleted HeLa and U2OS cells to CPT, a topoisomerase I (TopI) inhibitor that stabilizes the normally transient TopI cleavage complex. CPT treatment also induces DNA replication stress in S phase, and the collision of replication forks with CPT-TopI-DNA complexes induces formation of DSBs (Vesela et al., 2017). We found that RNF4-depletion had no effect on the sensitivity to CPT (Figure 1C; Supplementary Figure S1B). Because CPT toxicity is linked to generation of DSBs, we measured the number of CPT-induced DSBs in HeLa and U2OS cells by pulsed-field gel electrophoresis. This analysis revealed that DSB formation was also unaffected in RNF4-depleted cells compared to control cells (Figure 1D; Supplementary Figure S1C). These observations suggested that RNF4 plays a unique role in the response to DNA replication stress, and that this role involves functions at sites of collapsed replication forks that may be independent of DSB repair.
RNF4 functions in the repair of DSBs generated by γ-irradiation in part by facilitating the recruitment of RAD51 to sites of DNA damage (Galanty et al., 2012; Yin et al., 2012; Vyas et al., 2013). We therefore examined whether RNF4 depletion in HeLa cells impaired RAD51 accumulation at collapsed replication forks and DSBs generated by prolonged HU treatment. Unexpectedly, the numbers of RAD51 and γ-H2AX foci, as well as their focal areas, were similar in RNF4-depleted cells with or without HU treatment compared to control-depleted cells (Figures 1E,F; Supplementary Figure S1D), suggesting normal responses to collapsed replication forks. In contrast, and as expected, the number of RAD51 foci were reduced in RNF4-depleted HeLa cells treated with etoposide, an inhibitor of Topoisomerase II that induces DSBs directly in all phases of the cell cycle (Vesela et al., 2017). Contrary to expectation, γ-H2AX foci were also reduced, suggesting that RNF4 depletion leads to slower proteolytic processing of the TopII-DNA cleavage complex or of the tyrosyl-DNA moiety left over after proteolysis (Sciascia et al, 2020). The tyrosyl-DNA moiety is processed by tyrosyl-DNA phosphodiesterase 2, which is a target of sumoylation and regulated by RNF4 (Sun et al., 2020). We also measured rates of SCE in HU-treated HeLa cells, which serves as a readout for DSB repair through RAD51-dependent HR. In agreement with the normal RAD51 recruitment to DSBs, the levels of SCE were similar in RNF4-depleted compared to control-depleted cells with or without HU treatment (Figure 1G). These findings provided further evidence that RNF4 plays a unique role in the response to HU-induced replication stress that is distinct from DSB recognition and repair.
RNF4 was Required for Normal Recovery of DNA Synthesis After Prolonged Replication Stress
The lack of a correlation between DSBs and HU sensitivity left unanswered the question of how RNF4 protects cells from prolonged DNA replication stress. To further investigate the roles of RNF4 in DNA synthesis under normal and replication-stress conditions, we examined the cell cycle profiles of control and RNF4-depleted HeLa, U2OS, and HCT116 cells by flow cytometry. For these experiments, we included the colon cancer cell line HCT116, because it has defects in the expression of the MRE11-RAD50-NBS1 complex and is thus more sensitive to replication stress. In the absence of DNA replication stress, RNF4-depleted cells exhibited reproducible perturbations of the G1 and S cell cycle phases in U2OS and HCT116 cells, showing a higher fraction of cells in G1 and a lower fraction in S phase compared to control-depleted cells (Figure 2A; Supplementary Table S1A). RNF4-depleted U2OS cells exhibited 17% more cells in G1 and 15% less in S phase, and for HCT116, it was 14% more in G1 and 22% less in S phase. For HeLa cells, it was 5% more cells in G1 and 4% less in S phase, but the results were not significant. These results show cell type-specific sensitivities to RNF4 depletion with HeLa cells being relatively resistant and U2OS and HCT116 cells being sensitive.
[image: Figure 2]FIGURE 2 | RNF4 depletion was associated with a cell cycle defect. (A) RNF4-depleted cells exhibited increases in fraction of cells in the G1 phase and decreases in fraction in S phase. Cell cycle distributions were determined by incorporation of BrdU for 20 min, anti-BrdU and propidium iodide staining, followed by flow cytometric analysis. Results of three independent experiments were averaged and standard deviations shown. (B) RNF4-depleted U2OS cells exhibited similar levels of CHK1 phosphorylation (Ser317) with or without treatment with 2 mM HU for 16 h. Levels were also measured in cells blocked in HU for 16 h then released into normal medium for various times. (C) RNF4-depleted HCT116 cells exhibited similar cell cycle distributions compared to control-depleted cells with or without treatment with HU, caffeine, or both. Results of three independent experiments were averaged and standard deviations shown.
To test whether the excess accumulation of cells in G1 in the absence of HU was due to a checkpoint response, we measured the phosphorylation of CHK1 (Ser317) in untreated cells and found no evidence of more or less DNA damage checkpoint activation compared to control-depleted U2OS cells (Figure 2B). Consistent with a lack of DNA damage checkpoint activation, treating HCT116 cells with the general checkpoint inhibitor caffeine had negligible effects on cell cycle distributions (Figure 2C; Supplementary Table S1B). Thus, the effect of RNF4 depletion on the cell cycle in untreated cells is not caused by activation of ATR or ATM by a DNA damage signal.
We next investigated how RNF4 depletion affects the progression of cells through S phase by examining the kinetics of DNA synthesis resumption following release from prolonged HU treatment. We treated HeLa, U2OS, and HCT116 cells with 2 mM HU for 16 h and released them into normal medium containing BrdU. Cells were then analyzed by flow cytometry at different time points following HU release. This analysis revealed that RNF4-depleted cells treated with HU exhibited a delay in the incorporation of BrdU compared to control-depleted cells (Figure 3A), with HCT116 cells exhibiting the most severe defect. An effect of replication stress was also evidenced by a reduction in the total percent of RNF4-depleted cells that incorporated BrdU after HU release (6% reduction in HeLa cells, 13% reduction in U2OS cells, and 25% reduction in HCT116 cells at 40 min after HU release).
[image: Figure 3]FIGURE 3 | RNF4 depletion was associated with a delay in cell cycle progression after replication stress. (A) Graphs of percent of S phase cells determined by BrdU incorporation and flow cytometric analysis. RNF4- and control-depleted HeLa, U2OS, and HCT 116 cells were cultured in 2 mM HU for 16 h and subsequently released into normal medium and labeled with 20 μM BrdU for 20 min at different times after release from the HU block. Results of three independent experiments were averaged and standard deviations shown. Because error bar overlaps made the graphs difficult to view for some points, we have only shown the error bars in opposing directions. (B) Graphs of the cumulative percent of cells entering mitosis after release from HU block. RNF4- and control-depleted HeLa and HCT 116 cells were cultured in 2 mM HU for 16 h and then released into normal medium. Cells entering mitosis were scored by DAPI staining. Results of three independent experiments were averaged and standard deviations shown. Because error bar overlaps made the graphs difficult to view for some points, we have only shown the error bars in opposing directions.
We also examined levels of CHK1 phosphorylation following release from overnight HU treatment. In both control- and RNF4-depleted cells, CHK1 phosphorylation remained elevated at least 150 min after release (Figure 2B), suggesting that dormant origin firing (see below) does not depend on reduction of CHK1 phosphorylation after HU release.
As an independent measure of the effect of RNF4 on S phase progression and exit, we treated HeLa and HCT116 cells with HU for 16 h, released the cells into normal medium, and then measured the mitotic index at different times after release. RNF4-depleted HeLa cells exhibited a delay in transit to metaphase following HU release compared to control-depleted cells, but the results were not significant (Figure 3B). HCT116 cells exhibited a more severe delay (>2 h), and a majority of cells appeared to fail to complete S phase. These results were consistent with the extreme hypersensitivity of HCT116 cells to RNF4 depletion (Supplementary Figure S2A). Thus, RNF4 is required for efficient resumption of DNA replication and completion of S phase following prolonged HU-induced DNA replication stress.
RNF4 was Required for Activation of Dormant Origins After Replication Fork Collapse
The delay in resumption of DNA synthesis after prolonged HU treatment suggested that RNF4 may be required for the activation of dormant origins in proximity to collapsed replication forks. We therefore measured the effects of RNF4 depletion on replication dynamics using the DNA fiber assay. To carry out this assay, RNF4-depleted and control-depleted U2OS cells were incubated in medium supplemented with 20 μM IdU for 20 min. The IdU-containing medium was then replaced with medium containing 2 mM HU for 2 or 16 h, followed by release from HU and incubation in medium supplemented with 100 μM CldU for 30 min (Figure 4A). Cells were then processed for single molecule stretching and immunofluorescence detection of halogenated nucleotide incorporation. We then calculated the percentage of DNA molecules labeled with both IdU and CldU (representing replication fork restart), IdU only (representing irreversible fork collapse and termination of replication), or CldU only (representing replication from newly fired origins). In the absence of HU, >95% of labeled DNA molecules in both RNF4-depleted and control-depleted cells contained IdU and CldU labels (Figure 4B), indicating that RNF4 is not required for ongoing replication in the absence of replication stress.
[image: Figure 4]FIGURE 4 | RNF4 depletion reduced dormant origin activation following prolonged replication stress. (A) Schematic representation of the dual labeling DNA fiber assay and possible outcomes. (B) Quantitative analysis of replication restart in control and RNF4-depleted U2OS cells in the absence of HU. Results from three independent experiments with standard deviations are shown. (C) Quantitative analysis of replication restart in control and RNF4-depleted U2OS cells following release from 2-h treatments with 2 mM HU. Results from three independent experiments with standard deviations are shown. (D) Quantitative analysis of replication restart after release from 16-h treatments with 2 mM HU. Cells transfected with RNF4-specific siRNAs together with an siRNA-resistant RNF4 cDNA showed complementation. Results from three independent experiments with standard deviations are shown.
In cells treated with HU for 2 hours, the increase in collapsed replication forks in RNF4-depleted cells compared to control-depleted cells was not significant (Figure 4C). Following treatment with HU for 16 h, RNF4-depleted and control-depleted cells also exhibited minimal differences in the percentage of replication forks undergoing restart. In contrast, however, RNF4-depleted cells exhibited a significantly higher percentage of collapsed forks and a lower percentage of forks starting at new origins compared to control-depleted cells (Figure 4D). This observed defect in new origin firing was rescued by the ectopic expression of siRNA-resistant RNF4 mRNA. These results provided further evidence that RNF4 is required for efficient resumption of DNA synthesis following replication stress and pointed to a role in the activation of dormant origins following fork collapse.
BLM was Found to be Regulated by RNF4 at Sites of Replication Stress
BLM accumulates at stalled and collapsed forks, is sumoylated in response to replication stress (Ouyang et al., 2009; Xiao et al., 2015), and it has been reported to be a substrate of RNF4 in proteomic studies (Kumar et al., 2017). We therefore hypothesized that RNF4 may regulate ubiquitin-mediated turnover of BLM at collapsed forks, and that an accumulation of excess BLM in the absence of RNF4 may inhibit the normal resumption of DNA synthesis after prolonged HU treatment.
To begin to test this hypothesis, we first investigated whether RNF4 interacts with BLM and whether this interaction is regulated by HU-induced replication stress. HeLa cells were transfected with a Myc-RNF4 expression construct and Myc-RNF4 was immunopurified from cell lysates prepared from control and HU-treated cells. Immunoblot analysis with BLM antibodies revealed an interaction in the absence of HU that increased following HU treatment (Figure 5A). The predominant form of BLM detected in the pulldown was unsumoylated BLM, suggesting a possible direct interaction between BLM and RNF4. Next, we tested whether sumoylated BLM is ubiquitylated by RNF4 by performing in vitro conjugation assays using purified recombinant proteins. Using an N-terminal fragment of GST-tagged BLM (BLM 1-431) that is readily sumoylated in vitro (Zhu et al., 2008), we found that sumoylated BLM was robustly ubiquitylated in comparison to unmodified BLM (Figure 5B).
[image: Figure 5]FIGURE 5 | RNF4 modulated BLM levels at sites of replication stress. (A) HeLa cells were transfected with Myc-tagged RNF4 and cultured in the presence or absence of HU. RNF4 was immunopurified from cell lysates and protein complexes were analyzed by immunoblot analysis with anti-Myc and anti-BLM antibodies. (B) A purified GST-tagged N-terminal fragment of BLM (amino acids 1- 431) modified by SUMO-2 in vitro is ubiquitylated by RNF4 in vitro whereas unmodified BLM is not (right panel). Ubiquitin alone (Ub). Input levels of GST-BLM and GST-BLM-SUMO2 were determined by immunoblot analysis (two left panels). (C) Levels of SUMO-BLM increase with 2 mM HU treatment for 12 h, treatment with MG132 for 3 hours, or treatment with HU for 12 h followed by MG132 for 3 h. Pull-downs with Ni-NTA agarose beads were performed in U2OS cells that express a His-tagged SUMO1 or SUMO2. U2OS WCL = control U2OS whole cell lysate. (D) Levels of SUMO-BLM increase in U2OS cells depleted of RNF4, SENP6, or both, in response to 2 mM HU for 12 h or in the absence of treatment. Ni-NTA pull-downs shown as in (C). (E) Excess BLM and RPA proteins accumulated at collapsed forks in RNF4-depleted HeLa cells treated with 2 mM HU for 16 h compared to control-depleted cells. Left panel, enumerations of BLM and RPA foci. Right panel, quantifications of focal areas of BLM and RPA foci. Results from three independent experiments were combined. NT, not treated.
To further investigate whether sumoylation targets BLM for ubiquitin-mediated turnover in vivo, we analyzed levels of sumoylated BLM in U2OS cell lines that stably expressed either a His-tagged SUMO-1 or His-tagged SUMO-2 using nickel-NTA bead affinity pull down and immunoblot analysis. As anticipated from previous studies (Eladad et al., 2005; Zhu et al., 2008; Ouyang et al., 2009), BLM was preferentially modified by SUMO-2 at low levels under control conditions, and these levels increased in response to HU treatment (Figure 5C). Consistent with sumoylation functioning as a signal for proteasome-mediated turnover, levels of sumoylated BLM were greater in cells treated with MG132 compared to untreated cells, and sumoylated BLM levels were further increased in cells treated with both HU and MG132 (Figure 5C). We note that the ratio of sumoylated to unsumoylated BLM was low, even under conditions of HU and MG132 treatment (Figure 5C).
To test whether RNF4 regulates the turnover of sumoylated BLM, we next measured sumoylated BLM levels in RNF4-depleted cells. We also tested cells depleted for SENP6, a chain-editing SUMO isopeptidase capable of limiting poly-sumoylation and thereby RNF4 recognition (Mukhopadhyay et al., 2010). In untreated cells, RNF4 depletion had minimal effect on sumoylated BLM levels, whereas levels were significantly increased when RNF4 was depleted in HU-treated cells (Figure 5D). Similarly, SENP6 depletion alone had minimal effect on sumoylated BLM levels in untreated cells, whereas levels were increased in combination with HU treatment. In comparison to the single knockdowns, an increase in sumoylated BLM levels was observed in cells co-depleted of both SENP6 and RNF4, and the highest levels of sumoylated BLM were detected in co-depleted cells treated with HU (Figure 5D).
Direct investigation of kinetics of sumoylated BLM turnover in control and RNF4-depleted cells was complicated by the low ratio of modified to unmodified BLM. In addition, studies using inhibition of new protein synthesis with cycloheximide were not possible because RNF4 is itself turned over within 2 h of cycloheximide addition (Supplementary Figure S3A).
Finally, to investigate the effect of RNF4 on BLM accumulation at sites of collapsed DNA replication forks, we quantified the number and area of BLM foci in control and RNF4-depleted cells by indirect immunofluorescence confocal microscopy (Figure 5E; Supplementary Figure S3B). In the absence of HU, we found that the number and area of BLM foci were similar in RNF4- and control-depleted cells. In contrast, following HU treatment for 16 h, both the number of BLM foci and their focal areas were significantly greater in RNF4-depleted cells compared to control-depleted cells. Because RPA is also sumoylated and accumulates at collapsed replication forks (Dou et al., 2010), we quantified RPA foci and focal areas in both untreated and treated cells. Although the numbers of RPA foci remained the same, the areas of RPA foci were significantly greater in RNF4-depleted cells compared to control-depleted cells following HU treatment. Altogether, these findings demonstrated that sumoylated BLM is a substrate for RNF4-mediated ubiquitylation and proteasome-mediated turnover, and that BLM accumulates at sites of collapsed DNA replication forks in the absence of RNF4.
BLM Contributed to Suppression of Dormant Origin Firing in RNF4-Depleted Cells
To investigate whether the accumulation of BLM at collapsed replication forks in RNF4-depleted cells contributed to defects in replication restart, we next asked whether co-depletion of BLM could rescue the observed defects in dormant origin firing. We again used DNA fiber assays to analyze replication dynamics in U2OS cells co-depleted of BLM and RNF4 (Figure 6A). Consistent with previous findings (Davies et al., 2007), we observed an increase in the proportion of DNA replication restart events from new origins in BLM-depleted cells after release from treatment with HU for 16 h compared to control-depleted cells (Figure 6B). In addition, we again observed a decrease in replication restart from new origins in RNF4-depleted cells. In contrast, replication restart from new origins in cells co-depleted of RNF4 and BLM was similar to control-depleted cells, which demonstrated that BLM depletion rescued the defect in dormant origin firing observed in RNF4-depleted cells. These findings were consistent with our hypothesis that an accumulation of excess BLM at collapsed replication forks inhibits the normal resumption of DNA replication following prolonged HU treatment.
[image: Figure 6]FIGURE 6 | BLM depletion rescued effects of RNF4 depletion on DNA replication stress responses. (A) Immunoblot analysis of U2OS cell lysates following siRNA-mediated depletion of RNF4, BLM, or BLM together with RNF4. (B) Quantitative analysis of replication restart in U2OS control, RNF4-depleted, BLM-depleted, or RNF4 and BLM co-depleted cells after release from 16-h 2 mM HU treatments. Results from three independent experiments with standard deviations are shown.
DISCUSSION
The experiments presented here have implicated RNF4 function in recovery from fork collapse. Brief exposure of RNF4-depleted cells to HU elicited little effect on replication fork stability, whereas RNF4-depleted cells exposed to prolonged HU treatment—a treatment that causes widespread fork collapse—exhibited a delay in the resumption of DNA synthesis after removal of drug and an increase in the percentage of cells that permanently left the cell cycle, which was demonstrated in both flow cytometric and DNA fiber assays (Figures 3, 4). Extending the results of earlier proteomic studies (Kumar et al., 2017), we showed that BLM interacts with RNF4, sumoylated BLM is ubiquitylated by RNF4 in vitro, and RNF4 depletion led to a substantial increase in SUMO-BLM in HU treated cells (Figure 5). Moreover, depletion of RNF4 led to excessive accumulation of BLM and RPA at collapsed forks as evidenced by increased focal areas. The observation that the number of RPA foci per cell remained the same whilst the number of BLM foci per cells increased could be an effect of better detection, as increased BLM protein accumulation at collapsed forks may have brought more sites of collapsed forks at which BLM localized above the detection threshold. The generation of excess SUMO-BLM in RNF4-depleted, HU-treated cells could explain the observed increases in BLM focal areas due to higher-order interactions, because BLM contains both multiple SUMO acceptors sites and a SIM and BLM can form a multimer in vitro (Karow et al., 1999; Xu et al., 2012). Earlier studies showed that the SUMO E2 conjugating enzyme UBC9 and E3 ligase NSMCE2 are targets for RNF4 that enforce a negative regulatory loop (Kumar et al., 2017). In vitro, UBC9 is sufficient for poly-sumoylation or multi-mono-sumoylation of BLM (Eladad et al., 2005) and we showed recently that NSMCE2 is required for sumoylation of BLM and for accumulation of BLM at collapsed replication forks in response to HU treatment (Pond et al., 2019). Although we cannot rule out the possibility that BLM accumulates excessively in HU-treated, RNF4-depleted cells due to damage at the replication fork, we favor the hypothesis that the excessive accumulation of BLM has pathological effects on recovery of DNA synthesis after prolonged HU exposure and that, by controlling the levels of sumoylated BLM, RNF4 facilitates resumption of DNA synthesis after widespread fork collapse. We previously showed that SD-BLM accumulates excessively at stressed replication forks, suggesting this accumulation is an upstream event. We found here that the delay in resumption of DNA synthesis in RNF4-depleted cells was rescued by co-depletion of the BLM protein (Figure 6).
The mechanism by which RNF4 contributes to immediate resumption of DNA synthesis is not known. One possibility is that the excess SUMO-BLM that accumulates at collapsed forks in RNF4-depleted cells ties up large amounts of the unsumoylated BLM and that BLM needs to be released and recycled in order to achieve efficient dormant origin firing or resolution of fork impediments that prevent rapid replisome take off at already-fired dormant origins. We do note, however, that the ratio of sumoylated to unsumoylated BLM is low even under conditions that limit its turnover (RNF4 and SENP6 knockdown and MG132 treatment). These low levels are nonetheless consistent with functionally relevant levels of sumoylation observed with other SUMO substrates (Hay, 2005). Another possibility is that RNF4-mediated degradation of SUMO-BLM at collapsed forks drives the disassembly of multiple factors in repair foci that are needed for dormant origin firing or replisome take off. Moreover, we do not know that BLM is the only sumoylated protein whose depletion would result in rescue. Because multiple damage-response factors are sumoylated, it is possible that depletion of other sumoylated proteins at sites of replication stress could also rescue the DNA synthesis resumption defect. In particular, interesting candidates would be proteins that contain both SUMO acceptor sites and SIMs, such as SLX4, which could mediate higher-order interactions and focus formation (Bursomanno et al., 2015; Hendriks et al., 2015; Gonzalez-Prieto et al., 2021).
Short-term treatment of BLM-deficient cells with HU induces excessive fork collapse and dormant-origin firing relative to normal cells (Davies et al., 2007; Patel et al., 2017). This evidence argues that BLM itself does not play a direct role in activating dormant origin firing, nor has it a known activity in the firing of origins of replication in early or late periods of S phase from in vitro studies (On et al., 2014; Kurat et al., 2017). For these reasons, we do not favor a hypothesis that places SUMO-BLM in an inhibitory role in firing of dormant origins.
Because RNF4 depletion promotes an increase in the size and numbers of PML bodies (Lallemand-Breitenbach et al., 2008; Tatham et al., 2008), it was formally possible that the flux of trafficking of damage response proteins that normally accumulate in PML bodies due to sumoylation or SIMs could be delayed by RNF4 depletion. In untreated RNF4-depleted cells, there is an increase in BLM foci approximately corresponding to the increase in PML bodies (Bohm et al., 2015). BLM’s localization to PML bodies relies primarily on its SIM (Eladad et al., 2005; Zhu et al., 2008); however, we did not find evidence that BLM recruitment to sites of replication stress was less efficient, because BLM substantially co-localized with RPA foci after HU treatment and RPA is not a PML-associated nuclear protein.
RNF4 is important in the repair of DSBs, because RNF4-depleted cells are hypersensitive to γ-radiation and have a defect in the recruitment of RAD51 to DSBs (Galanty et al., 2012; Yin et al., 2012; Vyas et al., 2013). Our investigation began with the question concerning the hypersensitivity of RNF4-depleted cells to HU treatment and with the hypothesis that RNF4 would be important for the repair of replication-associated DSBs (Figure 1). However, we did not observe a role for RNF4 in recruitment of RAD51 to collapsed replication forks caused by prolonged HU treatment. RNF4 depletion did not impair ATR- or ATM-dependent checkpoint signaling in response to HU, as indicated by normal γ-H2AX levels, nor were levels of phosphorylated CHK1 affected by RNF4 depletion with or without HU treatment (Figure 2B). Levels of SCE were similar in RNF4-depleted compared to control-depleted cells with or without HU treatment (Figure 1F). To our surprise, RNF4-depleted cells were not hypersensitive to CPT, and levels of CPT-induced DSBs were unaffected by RNF4 depletion (Figures 1C,D), despite the role of RNF4 in degradation of topoisomerase I-DNA cleavage complexes (Sun et al., 2020). Treatment with CPT generates a predominance of single-ended, replication-associated DSBs, and our evidence indicates that the repair of these breaks is not affected by RNF4 depletion. Because excess BLM accumulated at collapsed forks without affecting the rate of SCEs, our results also excluded a hypothesis in which BLM or other RNF4-regulated HR factors must be extracted from collapsed forks in order for HR repair to proceed. These data highlight the importance of damage context. Previous evidence has shown that the requirements for recruitment of RAD51 to two-ended DSBs and stalled forks are different (Chaudhuri et al., 2016). Moreover, previous results have shown that cells held in HU for up to 24 h do not accumulate many DSBs (Petermann et al., 2010); instead, DSBs accumulate after release from HU blockade (Pond et al., 2019) or after longer treatments with HU. Some fraction of the DSBs that accumulate after release from HU occur in late S phase, indicating that breaks occur when active forks converge on collapsed forks. The SCE results shown here indicate that repair of these DSBs was normal in RNF4-depleted cells. Our results did not address the question whether RNF4 was required for the repair of breaks generated during mitosis or at cytokinesis, where two-ended DSBs are thought to be generated (Spies et al., 2019).
In mouse knockout studies, RNF4 was found to be essential for embryogenesis and Rnf4-/- mouse embryonic fibroblast lines could not be obtained in at least one study (Hu et al., 2010; Vyas et al., 2013). RNF4-/- chicken DT40 cells are viable, but they have limited proliferation capacity due to chromosomal loss (Yin et al., 2012; Hirota et al., 2014); RNF4 knock-out human cell lines generated using CRISPR technology have been reported (Maure et al., 2016; Sun et al., 2020), which suggests that RNF4 is not cell essential. However, colony survival assays have consistently shown a ∼50% reduction in RNF4-depleted cells relative to control, indicating that RNF4 has a role in cell viability. Similarly, BLM-deficient cells proliferate less robustly than normal cells. These observations are consistent with the synthetic lethality of the yeast orthologs of BLM and RNF4, namely, SGS1 and the SLX5-SLX8 complex (Mullen et al., 2001). We found that RNF4-depleted cells exhibited an increase in the fraction of cells in the G1 phase and showed evidence that this increase was not a result of a DNA damage signal (Figure 2). Although it has been proposed that the essential function of RNF4 is due to its role in maintaining genomic integrity, RNF4 also plays important roles in gene transcription (Moilanen et al., 1998), global DNA methylation levels (Hu et al., 2010), chromatin structure (Hendriks et al., 2015), and regulation of oncogenes (Thomas et al., 2016), and it could be the combination of all these roles that leads to loss of viability in untreated cells.
The present study showed that the process of replication fork collapse and dormant origin firing are connected through the action of RNF4. RNF4 is required for the clearance of BLM from collapsed forks and the failure to release BLM from collapsed forks affected the recovery of cells from prolonged replication stress. With the varied roles that RNF4 plays in DNA damage responses, further investigation into its efficacy as a potential target in cancer treatments seems warranted. As a cancer target, the function of RNF4 in turnover of sumoylated BLM and other HR proteins could perhaps be utilized to slow recovery in replication stressed cells.
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Supplementary Figure S1 | (A) Bar graphs showing results of clonogenic survival assays on RNF4-depleted and control-depleted U2OS cells exposed to varying concentrations of HU. Results from three independent assays were averaged and standard deviations shown. (B) Bar graphs showing results of clonogenic survival assays on RNF4-depleted and control-depleted U2OS cells exposed to varying concentrations of camptothecin (CPT) for three hours. Results from three independent assays were averaged and standard deviations shown. (C) Bar graphs showing the relative levels of DSBs in RNF4-depleted and control-depleted HeLa cells exposed to varying concentrations of CPT for three hours, as determined by pulsed field gel electrophoresis. Induced DSBs were normalized to DSBs in untransfected and untreated cells. Results from three independent experiments were averaged and standard deviations shown. (D) Box and whiskers plot showing the quantifications of focal areas of RAD51 focal accumulations, in RNF4-depleted and control-depleted cells with and without treatment with 2 mM HU for 16 h. RAD51 localized to PML nuclear bodies in untreated cells, and PML bodies have been noted to enlarge in RNF4-depleted cells. Results from three independent experiments were combined. NT, not treated.
Supplementary Figure S2 | Proliferation defect in RNF4-depleted HCT116 cells exposed to 2 mM HU for 16 h. Results from three independent experiments with standard deviations are shown.
Supplementary Figure S3 | (A) BLM stability was unaffected by RNF4 depletion in HeLa cells treated with cycloheximide. Cycloheximide was added at time zero and treated cells examined hourly for six hours. Untreated control examined at six hours is indicated by an asterisk. Note that RNF4 levels were reduced by more than half after 2 h. (B) Representative indirect immunofluorescence image of BLM and RPA foci detected in HeLa cells transfected with negative control and RNF4 siRNAs and treated with 2 mM HU for 16 h.
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Accurate replication of the entire genome is critical for cell division and propagation. Certain regions in the genome, such as fragile sites (common fragile sites, rare fragile sites, early replicating fragile sites), rDNA and telomeres, are intrinsically difficult to replicate, especially in the presence of replication stress caused by, for example, oncogene activation during tumor development. Therefore, these regions are particularly prone to deletions and chromosome rearrangements during tumorigenesis, rendering chromosome fragility. Although, the mechanism underlying their “difficult-to-replicate” nature and genomic instability is still not fully understood, accumulating evidence suggests transcription might be a major source of endogenous replication stress (RS) leading to chromosome fragility. Here, we provide an updated overview of how transcription affects chromosome fragility. Furthermore, we will use the well characterized common fragile sites (CFSs) as a model to discuss pathways involved in offsetting transcription-induced RS at these loci with a focus on the recently discovered atypical DNA synthesis repair pathway Mitotic DNA Synthesis (MiDAS).
Keywords: transcription, replication, mitotic DNA synthesis (MiDAS), replication stress, fragile sites
INTRODUCTION
To proliferate, a cell needs to go through a division cycle, where it duplicates its chromosomes in S phase. The replicated chromosomes are then separated and segregated into daughter cells during mitosis. Due to the large size of human genome, cells start DNA replication from multiple origins and up to thousands of replication forks are established and coordinated to replicate the genome in a very short time period (S phase). The untimely duplication of the whole genome in S phase can lead to cells entering mitosis with under replicated DNA (URD). URD can affect sister chromatids separation and genome stability, which is a hallmark of cancer (Hanahan and Weinberg, 2011).
There are certain regions in the human genome that are inherently hard-to-replicate, posing a great challenge for the timely duplication of the entire genome. Such regions including fragile sites, rDNA and telomeres have been well documented and are the major cause of chromosome fragility (Özer and Hickson, 2018). Intriguingly, many of these regions are either characterized as containing very large genes or harboring highly transcribed genes, indicating transcription might play an important role in determining their fragility. Indeed, for very long genes that take more than one cell cycle for them to be transcribed, collisions of transcription and replication machineries are inevitable (Helmrich et al., 2011). In this article, we will first review the transcription-replication conflicts and the associated DNA:RNA hybrid called R-loop. R-loop can trigger RS leading to chromosome fragility. We will then discuss the strategies employed by cells to counteract this transcription associated RS to maintain chromosome stability.
TRANSCRIPTION-MEDIATED REPLICATION OBSTACLES
During transcription, RNA polymerase (RNAP) together with multiple transcription elongation and RNA processing factors form a large complex, which is tightly bound to DNA. In addition, eukaryotic transcription needs to be coupled with other downstream events, like RNA splicing to generate mature mRNA. Thus, transcription machineries together with RNA processing factors could be obstacles for an advancing replication fork. Since DNA replication and transcription compete for the same DNA template, it is inevitable that on some occasions there will be a collision between the two machineries. Indeed, it has long been known that transcription can trigger replication-dependent genome instability that would lead to recombination and mutations (Keil and Roeder, 1984; Voelkel-Meiman et al., 1987; Chávez and Aguilera, 1997; Prado and Aguilera, 2005; Kim and Jinks-Robertson, 2012).
Depending on how transcription and replication machineries approach each other, they can either collide co-directionally or in a head-on manner. When transcription uses the leading stand of DNA replication as a template, co-directional collisions might happen; when transcription uses the lagging strand as the substrate, head-on collisions might take place. In general, it is thought that a co-directional encounter is less toxic to cells than the head-on collision. Consistent with this notion, an in vitro study suggested that a reconstituted Escherichia coli replisome can remove or bypass a co-directional RNAP and use the newly synthesized mRNA as a primer to carry on DNA synthesis (Liu et al., 1993; Pomerantz and O’Donnell, 2008). Another fact is that highly transcribed regions of rRNA, tRNA and some other essential genes are almost exclusively co-directional to fork progression in most of the studied bacteria (Rocha and Danchin, 2003; Guy and Roten, 2004). This is probably because of the evolutionary pressure for the proper replication fork progression at these regions, which is critical for genome stability and cell survival. Indeed, inverting the highly transcribed ribosomal RNA (rRNA) operons can severely affect replication fork progression at these regions and induce DNA damage responses and cell death (Srivatsan et al., 2010). Intriguingly, there is also a bias towards co-directional collision between transcription and replication in the human genome (Petryk et al., 2016). On the other hand, co-directional encounters of transcription and replication machineries can also cause DNA damages. For example, a co-directional encounter can induce replication restart with the help from helicases and replication restart proteins in Bacillus subtilis (Merrikh et al., 2011). In budding yeast, DNA polymerases tend to accumulate at highly transcribed genes in an orientation independent manner (Azvolinsky et al., 2009). Furthermore, by generating an episomal system in human cells, Hamperl et al. discovered that co-directional collisions can provoke ATM-dependent DNA damage responses (Hamperl et al., 2017).
Multiple experimental data has indicated that head-on collisions are more deleterious to fork progression than co-directional collisions and are commonly associated with DNA damage formation (Deshpande and Newlon, 1996; Prado and Aguilera, 2005; Merrikh et al., 2012). First, the tightly bound large RNAP complex can be a physical barrier that is difficult for the replisome to bypass. Second, when transcription and replication machineries move towards each other, the accumulated positive supercoiled DNA structures would slow down the progression of replication fork (Bermejo et al., 2012). Consistent with this, torsional stress reliving factors: DNA topoisomerases I and II, travel with replication forks and are required for the avoidance of transcription and replication conflicts (Tuduri et al., 2009; Bermejo et al., 2012). Lastly, head-on collisions are always associated with the formation of stable pathological nucleic acid structure: R-loop. R-loop is a three-stranded nucleic acid structure containing one DNA-RNA hybrid and one single strand of DNA. It is much more stable than double stranded DNA, and therefore can directly interfere with DNA replication leading to fork stalling or collapse (Aguilera and García-Muse, 2012; Santos-Pereira and Aguilera, 2015). Consistent with this idea, R-loops are significantly enriched at head-on regions in human cells, and introducing a head-on collision on a plasmid causes plasmid loss in a R-loop dependent manner (Hamperl et al., 2017).
TRANSCRIPTION AT CHROMOSOMAL FRAGILE LOCI
As mentioned above, certain regions in the human genome are intrinsically difficult to replicate and are prone to recombination and viral integration (Thorland et al., 2003; Gao et al., 2017). These regions are called chromosomal fragile loci. Accumulating evidence suggests that transcription and replication conflict is an important factor contributing to chromosomal fragility. Some of these fragile regions are discussed below.
Fragile Sites
Fragile sites are specific regions that tend to form gaps or breaks on metaphase chromosomes in the presence of RS (Sutherland, 1979). Fragile sites could potentially comprise genome stability and are highly associated with the development of various diseases, including cancer and neurological diseases. Currently, there are three known types of fragile sites:
Rare fragile sites (RFSs) are only found in less than 5% individuals in the general population, and their fragility is associated with the expansion of dinucleotide or trinucleotide repeats, which can form secondary DNA structures, affecting DNA replication and transcription (Magenis et al., 1970). Furthermore, R-loop has been found to be at RFS:FRAXA, and is associated with its silencing (Kumari et al., 2015; Bhowmick et al., 2016).
Common fragile sites (CFSs) are present in all individuals. Some of the characteristics of CFSs might explain their fragility. First, CFSs are late replicating, which might leave insufficient time for cells to clear DNA replication obstacles or to repair damaged DNA following replication perturbations (Le Beau, 1998; Hellman et al., 2000). Second, CFSs are short of replication origins (Letessier et al., 2011; Sugimoto et al., 2018; Pruitt et al., 2017). Thus, to completely duplicate CFSs, two replication forks need to travel a long distance to converge, which is challenging to replication forks, especially when cells experience RS. Recent evidence suggests CFSs fragility is tightly associated with transcription. Indeed, CFSs harboring actively transcribed long genes tend to be hotspots for copy number variants (CNVs) (Wilson et al., 2015). Interestingly, more than 80% of human CFSs and all mouse embryonic flbroblast CFSs overlap with long genes of more than 300 kb (et al., 2013). Due to their large sizes, these regions can take the entire cell cycle for them to be completely transcribed, therefore the collisions between replication and transcription are inevitable, creating stable R-loops and consequent CFSs fragility (Helmrich et al., 2011) (Figure 1). Consistent with this notion, the depletion of R-loop by RNase H1 overexpression can reduce CFSs fragility (Helmrich et al., 2011). Also, low doses of aphidicolin (APH, commonly used as a CFSs fragility inducer) induced the formation of FANCD2 protein foci, which decorate the location of CFS loci, were found to bind to the central regions of large genes in human and chicken DT40 cells (Pentzold et al., 2018). In addition, FANCD2 has also been shown to be required to promote DNA replication at CFSs by preventing R-loop formation (García-Rubio et al., 2015; Schwab et al., 2015; Madireddy et al., 2016). Our recent study has identified RTEL1 as a key factor in suppressing CFSs fragility by resolving transcription-replication conflicts caused by G-quadruplex and R-loop structures. Moreover, through DNA-RNA immunoprecipitation (DRIP) sequencing, we found both RTEL1 and low dose APH can induce genome-wide R-loop formation. Importantly, around 70% of well characterized CFSs contains at least one region with high signal intensity of R-loop, which are significantly enriched following RTEL1 depletion or APH treatment (Wu et al., 2020). Therefore, transcription and replication collisions and their associated R-loops might underline CFSs fragility.
[image: Figure 1]FIGURE 1 | Model for head-on collision and chromosome fragility. A head-on collision of the RNA polymerase (purple, left) with replisome (green, right) results in supercoiling and R-loop leading to chromosome fragility.
Early replicating fragile sites (ERFSs) are newly discovered fragile sites that reside in highly transcribed, early replicating genes. Besides, ERFSs are very close to replication origins, which further increases the incidence of transcription and replication collisions (Barlow et al., 2013; Mortusewicz et al., 2013). Recent data suggested that transcription and replication conflicts might explain the mechanism of oncogene-induced replication stress. It has been proposed that oncogene activation forces cells exiting G1 phase and entering S phase prematurely, where transcription is not able to suppress replication origins within the body of such genes, resulting in transcription and replication conflicts. Of note, ERFSs have been mapped as hotspots for sites of oncogene-induced replication and transcription collisions (Halazonetis et al., 2008; Macheret and Halazonetis, 2018).
rDNA
Ribosomal DNA (rDNA) are regions clustered with long tandem repeats, where rRNA are transcribed. rDNA is highly transcribed by RNA polymerase I to meet the demand for the translation activity in cells. Each copy of a repeat harbors a potential replication origin (Linskens and Huberman, 1988). In yeast, it is estimated that each active rDNA gene can accommodate up to 150 RNA polymerases (French et al., 2003), which can form a physical barrier for the replication machinery (Berger et al., 1997; Coffman et al., 2005). Therefore, there are very high chances of transcription and replication collisions at rDNA (Deshpande and Newlon, 1996; Takeuchi et al., 2003; Kobayashi, 2014). In agreement with this, transcription and replication conflicts associated with R-loops are commonly found at rDNA (Chen et al., 2017; Lindström, 2018). Immunofluorescence staining analysis using a specific antibody recognizing R-loops showed the strongest signal in the nucleoli. Nuclear regions containing lots of rDNA, implying stable R-loops formation at rDNA loci. In addition, proteins involved in R-loops prevention or resolution, such as RNase H1, PIF1, and Top I are found to accumulate at rDNA region and are essential for their integrity (El Hage et al., 2010; El Hage et al., 2014; Shen et al., 2017; Tran et al., 2017). Moreover, the RNAi (RNA interference) component, Dicer, was found to be required to limit transcription and replication collisions at rDNA through promoting transcription termination (Castel et al., 2014).
Telomere
Telomeres are regions composed of thousands of TTAGGG repeats that lie at the ends of chromosomes. Usually, telomeres are bound by the shelterin complex. These nucleoprotein structures can prevent telomeres from being recognized as DNA double strand breaks (DSBs), which is critical for genome stability and cell survival (Palm and de Lange, 2008; de Lange, 2009). Although, telomeres are heterochromatic, transcription still happens from the subtelomeric regions towards the end of chromosomes. Currently, two types of telomere associated RNA have been reported, telomeric repeat-containing G-rich RNA (TERRA) and the complementary C-rich transcripts (ARIA) (Kwapisz and Morillon, 2020). Although the biological functions of ARIA remain to be explored, TERRA has been shown to invade into telomeres and induce the formation of stable R-loop structures (Azzalin et al., 2007). TERRA R-loops can be found in all eukaryotes (Rippe and Luke, 2015). As mentioned above, stable R-loops can be a challenging obstacle for replication forks. Furthermore, the displaced G-rich single strand DNA during TERRA R-loop formation promotes the generation of another noncanonical secondary DNA structure: G-quadruplex (G4). G4 is also known to obstruct DNA replication resulting in RS and genome instability (Wang et al., 2019). Therefore, TERRA R-loop may be a major source for telomere fragility. Interestingly, the level of TERRA transcription is negatively correlated with DNA replication process, with the highest being at the G1-S transition and the lowest at the S-G2 transition (Flynn et al., 2015), which can reduce the chance of replication machineries colliding with TERRA R-loops. Besides, several R-loops processing factors have been found to be essential for telomere stability. Specifically, RNaseH1 can regulate TERRA-telomeric DNA hybrids to maintain telomere stability in cells employing non-telomerase approach to maintain the length of their telomers (Arora et al., 2014). FEN1 and UPF1 (Up-frameshift 1) can promote telomeric leading stand DNA synthesis by processing TERRA R-loops through the flap endonuclease activity and 5′-3′ helicase activity, respectively, (Azzalin et al., 2007; Teasley et al., 2015).
PATHWAYS IN DEALING WITH TRANSCRIPTION ASSOCIATED RS AT CFSS
Despite the high incidence of transcription and replication collisions and the prevalence of R-loops at chromosome fragile loci, cells seem to proliferate with a fairly stable genome. Therefore, it is conceivable that cells have evolved surveillance pathways to avoid or minimize the deleterious effects cause by these transcription and replication collision events. Indeed, multiple strategies or pathways have been identified that can prevent or resolve transcription and replication collisions and R-loops, such as spatial and temporal separation of transcription and replication (Wei et al., 1998), the coupling of transcription with mRNA processing (Aguilera and García-Muse, 2012; Huertas and Aguilera, 2003; Li and Manley, 2005), RNAP anti-backtracking and clearance (Castel et al., 2014; Saponaro et al., 2014; Urban et al., 2016; Cheung and Cramer, 2011; Thomas et al., 1998; Roghanian et al., 2015; Ganesan et al., 2012; Epshtein et al., 2014; Zaratiegui et al., 2011; Zatreanu et al., 2019), Fanconi anemia pathway (Madireddy et al., 2016; Schwab et al., 2015; García-Rubio, 2015a), ATR-mediated DNA damage response and the expression of specific R-loop processing factors including RNase H1 (Lockhart et al., 2019) and SETX (García-Muse et al., 2019). Some of the key proteins involved in these pathways are summarized in Table 1. Interestingly, deficiency in some of these proteins such as FANCD2, ATR, RNase H1, and Dicer, have been linked to CFSs fragility (Casper et al., 2002; Madireddy et al., 2016; Di Marco et al., 2017; Fragkos et al., 2019), indicating cells employ these pathways to counteract transcription induced obstacles or RS to maintain CFS stability. Of note, most of these pathways seem to largely operate in S phase of the cell cycle.
TABLE 1 | Key proteins involved in preventing or resolving transcription associated RS.
[image: Table 1]Recently, an unscheduled mitotic DNA synthesis (MiDAS) pathway functioning in early mitosis has been found to be essential for CFS stability and is recognized as a “salvage pathway” to alleviate RS accumulated at CFSs (Minocherhomji et al., 2015). In response to RS, CFSs can remain under-replicated from interphase till mitosis without necessarily activating G2/M checkpoint. In early mitosis, under-replicated DNA (URD) can activate MiDAS to complete the under-replicated regions. Failure in filling up URD can cause DNA bridges (chromatin bridges and ultra-fine DNA bridges), which can affect sister chromatids separation and lead to genome instability or mitotic catastrophe (Ying et al., 2013). MiDAS is thought to be a break-induced replication (BIR) like pathway. Consistently, more than half of MiDAS foci, defined by visualizing nascent DNA synthesis in mitosis, were found to be on only one of the two sister chromatids, which is consistent with the conserved DNA synthesis feature in BIR (Özer and Hickson, 2018). Until now, many proteins have been identified to be essential for MiDAS. TRAIP is an E3 ubiquitin ligase required for replisome unloading at G2/M boundary, which is a prerequisite for SLX4-dependent endonucleases to access and cleave incomplete DNA structures. After that, RAD52 and POLD3 dependent DNA synthesis can take place. Our recent data has linked R-loop to MiDAS (Wu et al., 2020). In the presence of RS, RNase H1 depletion can stimulate robust MiDAS, while overexpression of RNase H1 can reduce MiDAS. The simplest and more understandable interpretation to these results could be envisaged as R-loop induced RS cannot be completely resolved in interphase, making the cells enter mitosis with incompletely replicated DNA, and consequently triggering the MiDAS pathway. However, there is another possibility that R-loop might directly take part in MiDAS pathway and regulate MiDAS. Indeed, R-loop can stimulate RAD52-POLD3-mediated BIR at ROS-induced telomeric DNA breaks (Tan et al., 2020). Which of the two possibilities is closer to what truly happens in cells warrants further investigation.
CONCLUSION
Tumorigenesis is a process involving mutations in tumor suppressor genes and the activation of oncogenes. In the early stage of tumor, oncogene activation induces RS and drives genomic instability. Many oncogenes act as growth factors to support proliferation by upregulating transcription factors which in turn can stimulate RNA synthesis (Kotsantis et al., 2016). The increased level of transcription might enhance the conflicts between transcription and replication machineries and its associated R-loops, giving rise to transcription associated RS in S phase. Indeed, accumulating evidence suggests transcription mediated RS is one of the major sources of genome instability, especially at difficult-to-replicate loci mentioned above. Of note, these loci are preferably targeted by RS generated during cancer development (Tsantoulis et al., 2008; Barlow et al., 2013), indicating these loci might be constantly being challenged and mutated during tumorigenesis. Understanding the mechanisms underlying their fragility and identifying molecular pathways in preventing or resolving transcription associated RS will help us understand the molecular basis of cancer development and identify more cancer specific druggable targets.
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Glioblastoma multiforme (GBM) is a malignant tumor of the central nervous system (CNS). The poor prognosis of GBM due to resistance to therapy has been associated with high chromosomal instability (CIN). Replication stress is a major cause of CIN that manifests as chromosome rearrangements, fragility, and breaks, including those cytologically expressed within specific chromosome regions named common fragile sites (CFSs). In this work, we characterized the expression of human CFSs in the glioblastoma U-251 MG cell line upon treatment with the inhibitor of DNA polymerase alpha aphidicolin (APH). We observed 52 gaps/breaks located within previously characterized CFSs. We found 17 to be CFSs in GBM cells upon treatment with APH, showing a frequency equal to at least 1% of the total gaps/breaks. We report that two CFSs localized to regions FRA2E (2p13/p12) and FRA2F (2q22) were only found in U-251 MG cells, but not lymphocytes or fibroblasts, after APH treatment. Notably, these glioblastoma-specific CFSs had a relatively high expression compared to the other CFSs with breakage frequency between ∼7 and 9%. Presence of long genes, incomplete replication, and delayed DNA synthesis during mitosis (MiDAS) after APH treatment suggest that an impaired replication process may contribute to this loci-specific fragility in U-251 MG cells. Altogether, our work offers a characterization of common fragile site expression in glioblastoma U-251 MG cells that may be further exploited for cytogenetic and clinical studies to advance our understanding of this incurable cancer.
Keywords: glioblastoma, cancer, chromosome instability, replicative stress, fragile sites
INTRODUCTION
Fragile sites are defined as gaps/breaks induced by replication stress that are visible on metaphase chromosomes. The Human Genome database currently reports 120 chromosomal regions to be fragile sites of which 30 are classified as rare fragile sites (RFSs) and 90 as common fragile sites (CFSs) (Feng and Chakraborty, 2018). To be considered fragile sites, these loci must exhibit as a chromosomal gap/break in at least 1% out of all gaps/breaks upon replication stress induced by treatments such as the DNA polymerase alpha inhibitor, aphidicolin (APH) (Le Tallec et al., 2011; Le Tallec et al., 2013; Arlt et al., 2003). The expression of common fragile sites as chromosome gaps/breaks may not be triggered by a single factor but rather by a combination of different mechanisms. Several studies in the last decade have added to our understanding of which CFS molecular features contribute to their fragility, especially regarding the convergence of replication and transcription machineries within these loci (Helmrich et al., 2011). Growing evidence shows that CFS instability can vary between different cell types in response to replicative stress conditions, partly due to tissue-specific expression of genes located within each CFS (Debatisse et al., 2012). Similarly, transcription of non-coding RNAs can also trigger chromosomal fragility within CFSs as has been shown for other fragile regions of the genome such as centromeres (Balzano et al., 2021; Balzano and Giunta, 2020; Giunta, 2018), leading to rearrangements and aneuploidy (Giunta et al., 2021; Giunta and Funabiki, 2017). Indeed, many of the common fragile sites recorded in lymphocytes harbor genes longer than 650 kb, called very long genes (VLGs) (Smith et al., 2006; Bosco et al., 2010) and long–non-coding RNAs (lncRNAs) as we recently characterized in fibroblasts (Maccaroni et al., 2020). A connection between the level of transcription and the frequency of instability of the corresponding region has been reported (Helmrich et al., 2011; Brison et al., 2019). However, APH delays replication timing (RT) of large genes in either fragile or non-fragile loci, highlighting that delayed replication timing and transcription processes alone are insufficient to drive CFS fragility (Sarni et al., 2020). Recent evidence shows that CFSs are chromatin regions with a defective condensin loading due to an under-replicated state which persists until mitosis (Boteva et al., 2020). These faulty chromatin-folding regions have been detected as sites of mitotic DNA synthesis (MiDAS) (Ji et al., 2020; Macheret et al., 2020), implying that chromatin conformation and delayed replication further underline their fragility (Miotto et al., 2016).
Fragile sites represent threats to genome stability as breaks on metaphase chromosomes but also as regions that are hot spots for deletions of tumor suppressor genes (TSGs) in cancer cells (Casper et al., 2002; Smith et al., 2007; Sarni and Kerem, 2016). The degree of a cause–effect relationship between the expression of fragile sites and TSG-driven transformation is unclear. However, mapping these fragile regions throughout the human genome in several tissues might identify specific tumor-associated stress sites that can contribute to malignancy.
To this end, we used the glioblastoma multiforme U-251 MG cell line as a genetic model in which we characterized common fragile site expression under mild replication stress using the DNA polymerase alpha inhibitor, aphidicolin (APH). We utilized low doses of APH to analyze its effects on metaphases and interphase nuclei and obtained a detailed quantification of CFS expression by scoring for breakage frequency across all known human CFS chromosomal regions. As a control, we compared GBM cells against lymphocytes taken from peripheral blood of healthy individuals and fibroblasts previously used in the study by Maccaroni et al., 2020 to analyze the tissue-specific responses to APH treatment. We found two glioblastoma-specific CFSs along with several CFSs that are expressed in GBM cells at a higher frequency than in primary tissues. We observed presence of long genes and delayed replication within some of these fragile regions, likely contributing to their breakage and expression as CFSs. Future studies of these CFSs can offer a window of opportunity to better understand CIN in GBM cells and may inform novel cancer treatments, such as use of transcription or DNA damage response (DDR) inhibitors to prevent clone selection, evolution, progression, and resistance of this deadly tumor.
MATERIALS AND METHODS
Human Cell Cultures
The human glioblastoma U-251 MG cell line (Astrocytoma IV WHO grade) was purchased from Banca Biologica and Cell Factory (Banca Biologica and Cell Factory, Genoa, Italy) and was provided by A.A.; U-251 MG cells were grown in Eagle’s Minimum Essential Medium (EMEM; Euroclone) supplemented with 10% fetal bovine serum (FBS) (Corning), 1% penicillin (Thermo Fisher Scientific), and 1% L-glutamine (Thermo Fisher Scientific) at 37°C with 5% CO2. Lymphocyte cultures were prepared from human peripheral whole blood of healthy individuals, collected with heparin; cells were grown in RPMI medium (Corning) supplemented with 10% FBS, 1% penicillin, and 1% L-glutamine at 37°C with 5% CO2. For stimulation of T lymphocyte proliferation, phytohemagglutinin (PHA, GIBCO, 3%) was added to the culture medium for 72 h. To induce common fragile sites, aphidicolin (0.4 μM) was added to the medium of both lymphocytes and U-251 MG cells for 22–24 h. To collect the mitotic cells, colchicine (Sigma-Aldrich) was supplemented to the medium of lymphocytes (1 mM) and U-251 MG cells (5 µM) for 2 and 4 h, respectively. For replication timing analysis, 5-Bromo-2′-deoxyuridine (BrdU; 10 μM) was added 20 min prior to harvesting the cells.
Metaphase Spreads Preparation
Upon colchicine treatment, lymphocytes and U-251 MG cells were harvested for metaphase spreads preparation. U-251 MG cells were trypsinized (trypsin 0.1% EDTA, Corning) and centrifuged prior to the addition of hypotonic solution (KCl 0.075 M) for 20 min at 37°C. The hypotonic treatment was performed for 8 min in lymphocytes; after centrifugation, Ibraimov’s solution (3% methanol and 5% acetic acid in dH2O) was used to remove the erythrocytes. Swollen cells were centrifuged twice and resuspended in cold fixative solution (methanol:acetic acid at a ratio of 3:1) and then stored overnight at −20°C. The metaphase spreads and interphasic nuclei were dropped onto clean glass slides and air-dried. The slides were stored at 4°C until subsequent analysis.
Cytogenetic Observation and Analysis
The slides were stained with 4% Giemsa (Carlo Erba) to detect chromosome aberrations and then with Chromomycin A3 (R-banding) to localize gaps/breaks, according to ISNC recommendation (Maccaroni et al., 2020). The karyotype of this glioblastoma multiforme U-251 MG clone using mFISH (multicolor-FISH) was performed by Antoccia Laboratory as can be seen in the study by Berardinelli et al., 2018. The quantification of chromosome aberrations was done according to the OECD guideline (OECD Test No, 2016).
BAC Extraction and Labeling by Nick Translation
The bacterial artificial chromosomes (BACs) were chosen from NCBI GenBank, 2121 (https://www.ncbi.nlm.nih.gov/genbank/) for chromosome 1 (RP11-316C12, chr1: 71,385,313-71,476,945), chromosome 3 (RP11-324H4 chr3: 116,954,325-117,125,019), and chromosome 7 (RP11 321C7 chr7: 67,705,408 - 67,771,498). Bacteria were grown in 10 ml of Luria-Bertani (LB) medium and selected with chloramphenicol (20 μg/ml). BACs were extracted by alkaline lysis and subsequently labeled by Nick Translation with bio-16-dUTP (biotin-16-deoxy-Uridine Triphosphate) and/or dig-16-dUTP (digoxigenin-16-deoxy-Uridine Triphosphate). The labeled probes were used for fluorescent in situ hybridization (FISH) experiments on interphase nuclei.
DNA Fluorescence in situ Hybridization
The slides were treated with RNase (100 µg/ml in 2× saline sodium citrate SSC solution) for 1 h at 37°C and dehydrated by washing for 5 min in 70, 90, and 100% ethanol. After air-drying, the slides were aged at 65°C for 60 min and denatured at 80°C for 2 min with 70% formamide (Sigma) in 2× SSC. The denaturation was stopped with cold 70% ethanol for 5 min, and the slides were dehydrated again with 90 and 100% ethanol and air-dried prior to hybridization using the denatured probes (200 ng). The used BACs were RP11-316C12 (1p31.1), RP11-324H4 (3q13.3), and RP11 321C7 (7q11.2). Sequentially, the overnight BAC probe incubation at 37°C and 3 × 5-min post-hybridization washes with 1× SSC were performed at 60°C. The slides were then incubated for 30 min with anti-digoxigenin-rhodamine antibody (1:20, Roche). Three washes with 0.1% Tween20 in 2× SSC were performed. The slides were counterstained with DAPI (4′,6′-diamidino-2-phenylindole hydrochloride, Sigma; 1 μg/ml), diluted 1:300 in VECTASHIELD Antifade Mounting Medium (Vector Laboratories).
Immunofluorescence on Interphase Nuclei
Immunofluorescence (IF) against BrdU was performed to distinguish the different stages of the S-phase. The slides were incubated for 1 h at room temperature with the anti-mouse BrdU monoclonal antibody (MoBU-1, Thermo Fisher Scientific), diluted 1:300 in 5% FBS in 1X PBS, pH 7.4. After 3 x 5-min washes in 1X PBS, the slides were incubated with FITC-conjugated anti-mouse IgG H&L antibody (Abcam) (1:1000 in 1X PBS, pH 7.4) for 1 h at room temperature. After 4 x 5-min washes in 1X PBS, a DAPI:VECTASHIELD Antifade solution (1: 300) was used to mount the slides.
Acquisition and Processing of Sample Observations
Metaphase spreads and nuclei were observed at a magnification of 100X using an epifluorescence microscope (Zeiss Axioplan) equipped with a CCD camera (charge-coupled device). The images of metaphase spreads and nuclei were taken using RSImage software and then processed using Photoshop (Adobe) software.
Fragile Sites Sequence Analysis
In addition to fragile site expression, we analyzed the sequence and gene composition for the region using three Human Genome Resources (NCBI Genome Data Viewerm, 2021: https://www.ncbi.nlm.nih.gov/genome/gdv/ [Release Data May 16, 2021]; Ensembl, 2021: http://www.ensembl.org/Homo_sapiens/Location/Genome [Human GRCh38p13]; GeneCards, 2021: https://www.genecards.org/). The characterization is visible in Supplementary Table S1.
The elements within the fragile sites characterized include location, length, and gene expression. Figure 6 and Supplementary Figure S2 represent ideograms for the chosen fragile sites with representations of the cytogenetic band and the genes expressed in brain tissue.
Statistical Analysis
Statistical paired t-tests were calculated on Prism (TablePad software). Individual p values are indicated in the figures. p values: ns (not significant) p > 0.05, *p ≤ 0.05, **p < 0.01, ***p < 0.001, and ****p < 0.0001.
RESULTS
Replication Stress Induces Chromosomal Instability in the U-251 MG Glioblastoma Cell Line
A complete and accurate DNA replication process is essential for chromosome integrity. In cancer, DNA synthesis can be compromised by a lack of checkpoint control leading to mitotic arrest and/or genome instability.
To understand how replication stress affects GBM cells, we evaluated the mitotic index of U-251 MG glioblastoma cells compared with primary lymphocytes and MRC-5 fibroblasts upon treatment with a low dose of APH (0.4 μM) for 24 h. We quantified the ratio of mitotic cells on the total of 500 cells and found that aphidicolin-treated cells show a significant reduction in the mitotic index (M.I.) of U-251 MG glioblastoma cells similarly to lymphocytes (Figure 1).
[image: Figure 1]FIGURE 1 | Percentage of the M.I. (mitotic index) in the three cell types, lymphocytes (red), MRC-5 fibroblasts (gray), and U-251 MG GBM cells (green) in control and APH-treated conditions. The color coding of the three cell types is maintained throughout the figures. The error bars represent the standard deviation (SD) determined from 3 independent experiments (N = 500 cells for each replicate). Paired t-test was used to calculate the p values, where p > 0.05 ns, *p ≤ 0.05, **p < 0.01, ***p < 0.001, and ****p < 0.0001.
We further assessed a variety of cellular phenotypes in both metaphase spreads and in interphase nuclei such as blebbing, cytoplasmic bridges, and micronuclei (Supplementary Figures S1A–C). Comparing the response under the APH stress condition in all three cell types, we found a trend of increased cytoplasmic bridges (Supplementary Figure S1B). Instead, the frequency of cellular blebbing and micronuclei remained unaffected between untreated and treated conditions in glioblastoma, lymphocytes, and fibroblasts (Supplementary Figures S1A,C). These results suggest that cells are likely arrested before entry into mitosis or after chromosome segregation in G1 after replication stress or that low-dose APH triggers only very mild phenotypes.
The effect of APH in mitotic cells was evaluated on 100 metaphases, where we scored chromosome aberrations (Figure 2A) such as biradials, double minutes (DMs), fragments, extra-chromatin, fragile chromatin, and dicentric chromosomes. As expected, we found several of these phenotypes to be present in untreated glioblastoma cells that were absent in lymphocytes. Interestingly, APH treatment caused an increase in the total amount of chromosome aberrations only in glioblastoma but not in lymphocytes, including biradials, fragile chromatin, and dicentric chromosomes (Figure 2B, graph). Conversely, some aberrations decreased upon APH treatment, such as DMs, DNA fragments, and extra chromatin, suggesting potential activation of checkpoints or repair upon replication stress under these conditions in U-251 MG glioblastoma cells.
[image: Figure 2]FIGURE 2 | Chromosome aberrations found in U-251 MG metaphases are represented (A), a cartoon model (left panel) and Giemsa staining (right panel) can be seen for each aberration scored: normal chr (chromosome), biradials, double minutes (DM), fragments, extra chromatin, fragile chromatin, and dicentric chrs (chromosomes). In the graph (B), the average number of chromosome aberrations was counted per metaphase. Number of metaphases counted for one replicate was 100 for each control and APH-treated condition (N = 100). Scale bar: 1 µm.
On 100 metaphase spreads, we also analyzed the pericentromeric heterochromatin for chromosomes 1, 9, and 16 being present as a morphological variant in a sub-condensed state named “qh+,” visible similarly to a secondary constriction (Figures 3A–C). In the human karyotype, these are the only chromosomes, including the Y chromosome, that exhibit this structural peculiarity (Purandare et al., 2011; Sipek Jr et al., 2014). In the case of glioblastoma cells, under-condensed pericentromeric chromatin was highly increased only upon treatment with APH. In lymphocytes, instead, we observed a similar qh+ expression under both untreated and APH conditions, except for chromosome 9 (Figure 3D, graph).
[image: Figure 3]FIGURE 3 | Left: sub-condensed pericentromeric regions (qh+) on chromosome 1 (A), 9 (B), and 16 (C). Right: percentage of each qh+ on chromosome 1, 9, and 16 in both lymphocytes and glioblastoma cells under the control and low APH conditions (D). Black arrows indicate qh+ in Giemsa staining and white arrow the qh+ in Chromomycin A3 staining. Number of counted metaphases under control and APH-treated conditions was 100 (N = 100) for one replicate. CHR, chromosome. Scale bar: 1 µm.
Altogether, our data show that GBM cells are highly affected by replication stressors even low-dose APH, leading to a decrease in overall number of mitoses and specific fragile chromosome phenotypes implying chromatin fragility.
Glioblastoma-Specific Expression of Common Fragile Sites After Replication Stress
Next, we investigated the incidence of DNA gaps/breaks under normal and replication stress conditions, and we compared the occurrence of common fragile sites. We used two stains, Giemsa and CRMA3 (Chromomycin A3), on the same metaphase to recognize both expression of the site and the specific cytogenetic band involved in the gap/break (Figure 4A). Notably, gaps and breaks were mainly detected after APH treatment within fragile sites in both U-251 MG cells and in lymphocytes (Figure 4B, graph). Cytogenetic observation of over 100 metaphases enabled us to detect and map gaps/breaks to CFSs on glioblastoma metaphase chromosomes. We scored all known human CFSs across primary cells (lymphocytes and MRC-5 fibroblasts) and GBM cells (Figure 5F, graph). We found 52 CFSs expressed as gaps/breaks in GBM cells; among them, only 17 CFSs showed fragility with a frequency equal to at least 1% on the total of gaps/breaks upon APH treatment. Importantly, two of these CFSs localized to regions FRA2E (2p13/p12) and FRA2F (2q22) appeared to be glioblastoma-specific since the breaks/gaps induced by APH were only seen in U-251 MG cells (Figure 5B) and were not found in lymphocytes or fibroblasts under these experimental conditions.
[image: Figure 4]FIGURE 4 | U-251 MG metaphases stained with Giemsa and CRMA3 in control and APH-treated conditions; the brackets highlight chromosome 2, where white arrows indicate the break within FRA2E (2p12/13) and red arrows the gap within FRA2F (2q22) (A). The graph shows the average number of gaps/breaks per metaphase under both conditions and how many of these lesions were fragile sites (FSs) or non-fragile sites (NFSs) (B). Number of counted metaphases under control and APH-treated conditions was 100 (N = 100) for one replicate. Scale bar: 10 µm.
[image: Figure 5]FIGURE 5 | Example images of the most expressed CFSs in U-251 MG cells are shown: 1p31.1 (A), FRA2E (2p13/12) and FRA2F (2q22) (B), 3q13.3 (C), 7q11.2 (D), and FRA16D (16q23.2) (E). R-banding by CRMA3 staining allows the recognition of the cytological band where the lesion is localized (chromosome ideograms are modified from the study by Dutrillaux et al., 1976). In the graph (F), we see CFSs expressed under APH treatment with an expression frequency equal to at least 1% of the total number of gaps/breaks in lymphocytes, fibroblasts, and glioblastoma cells. Number of metaphases counted for control and APH-treated conditions was 100 (N = 100) for one replicate. CHR, chromosome. Scale bar: 1 µm.
In line with previous evidence, our data show the striking heterogeneity in expressing specific CFSs at different frequencies across the three cell types. For all cells, the fragile sites did not occur without replicative stress. After APH is supplemented to the cell culture medium, high expression of specific fragile sites such as FRA2E and FRA2F (Figure 5B) were found in the glioblastoma cell line.
The effect of APH in promoting expression varies in frequency between CFSs observed in lymphocytes and in U-251 MG cells. For instance, the FRA3B site in lymphocytes has an expression greater than 19%, while in GBM cells it is less than 3% (Figure 5F, graph). Conversely, glioblastoma-specific breaks localized to regions FRA2E (2p13/p12) and FRA2F (2q22) were only seen in U-251 MG cells and were not observed in either lymphocytes or fibroblasts.
FRA16D (Figure 5E) appears as a CFS in all three cell types, potentially underscoring a different mechanism of fragility of this region that is not tissue-specific. We also identified several characteristic fibroblasts sites, such as 1p31.1 (Figure 5A), 3q13.3 (Figure 5C), and 7q11.2 (Figure 5D) as previously shown (Murano et al., 1989; Le Tallec et al., 2011; Maccaroni et al., 2020), which were also expressed as gaps and breaks in GBM (Figure 5F, graph).
Altogether, our data show that CFSs have a very different expression frequency in different cell types underscoring the tissue-specific expression of CFSs (Le Tallec et al., 2011; Maccaroni et al., 2020) and pointing to potential glioblastoma-specific vulnerability upon replication stress within CFSs FRA2E (2p13/p12) and FRA2F (2q22) seen in U-251 MG cells.
Given the specificity of the CFS FRA2E and FRA2F expression in GBM, we analyzed the sequence composition and the presence of transcripts of these regions. A detailed characterization was obtained by using different databases (NCBI, Ensembl, and GeneCards) (Supplementary Table S1). We found evidence of long genes that are frequently expressed in brain tissue (for FRA2E and FRA2F see Figure 6; for 1p31.1, 3q13.3, and 7q11.2, see Supplementary Figure S2). Interestingly, in addition to several long transcriptionally active genes in the brain, we also observed many antisense and intronic RNA transcripts that we hypothesize may also contribute to promoting glioblastoma-specific chromosomal fragility.
[image: Figure 6]FIGURE 6 | Schematic representation of the most expressed fragile sites in glioblastoma cells: FRA2E (2p13/p12) (A) and FRA2F (2q22) (B). In every ideogram, only the genes that are primarily expressed in the brain are indicated. Colors correspond to different genes localized in these specific regions (delimitated by the red brackets). Highlighted genes in blue brackets are the antisense RNAs (asRNAs) and intronic RNAs (itRNAs).
CFSs Replication Timing Analysis
We wondered whether replication stress affected the dynamics of replication during the S-phase within fragile regions expressed in U-251 MG cells. To this end, we analyzed the replication timing of three CFSs (1p31.1, 3q13.3, and 7q11.2) previously studied in MRC-5 fibroblasts (Maccaroni et al., 2020) by using a specific probe for each fragile region to compare their behavior upon mild replicative stress. These replication data were also compared with the replication analysis in lymphocytes. More than 100 nuclei for each FISH probe were observed both in the absence and the presence of APH. The spots indicate the replication status of the CFS: one spot for unreplicated allele (Figure 7D, yellow arrows) and double spots for replicated alleles (Figure 7D, white arrows). Immunofluorescence (IF) against BrdU on the same nuclei revealed each specific substage of the S-phase (early, mid, and late; Figure 7D). The combined FISH-IF allowed us to monitor the CFS replication status throughout the S-phase.
[image: Figure 7]FIGURE 7 | Replication timing of three CFSs in lymphocytes (red), MRC-5 fibroblasts (gray), and U-251 MG GBM cells (green). The graph represents the replicated alleles in each substage of the S-phase for 1p31.1 (A), 3q13.3 (B), and 7q11.2 (C). Example of nuclei stained with DAPI (blue), FISH spots for 3q13.3 with probe RP11-324H4 (red), and BrdU (yellow) as indicated, and merge (left) of early, mid, and late S-phase stages (D). Non-replicated alleles are single spots (yellow arrows), while replicated alleles are double spots (white arrows). Number of counted nuclei was 100 under control and APH treatment (N = 100) for one replicate. Scale bar: 10 µm.
In the control condition, the site 1p31.1 showed only 50% of replicated alleles in MRC-5 fibroblasts in the late S-phase; under APH treatment, we observed an increase in the total amount of replicated alleles (until ∼75%) in the late S-phase, as seen in APH-treated U-251 MG cells and lymphocytes (Figure 7A, graphs).
For 3q13.3, we did not observe any difference between untreated and treated cells in spite of being a highly expressed CFS in GBM (Figure 5F, graph). In U-251 MG cells and lymphocytes under APH stress, we observed a ∼5% reduction of replicated alleles compared to the control (Figure 7B, graphs).
Regarding the fragile site 7q11.2, in lymphocytes, it reached the same percentages of replicated alleles in the late S-phase under both normal and replicative stress conditions. Under APH, U-251 MG cells showed a slight decrease in replicated alleles, while MRC-5 fibroblasts showed a ∼10% increase in replicated alleles before the end of the S-phase (Figure 7C, graphs). However, for all the analyzed samples, we did not detect complete replications for these alleles, highlighting a possible delay in replication after the late S-phase/G2. Collectively, our data show no significant difference in replication dynamics within these regions, whether they were non-fragile (lymphocytes) or expressed as CFSs at different frequencies (U-251 MG and MRC-5 fibroblasts).
Replication in Interphase and Mitotic Cells
Our data suggest that upon exposure to a low dose of replication stress, GBM cells suffer insults that result in a lower level of mitotic cells (Figure 1) and chromosome instability (Figure 2 and Figure 4), including expression of specific CFSs (Figure 5). Some of these CFSs fail to duplicate within the timeframe of the S-phase (Figure 7), potentially entering mitosis unreplicated. To better understand the nature of these CFSs’ expression, we assessed the cell cycle distribution using 5-Bromo-2′-deoxyuridine (BrdU) incorporation under untreated and APH conditions in U-251 MG cells. We scored either replicating cells (BrdU-positive nuclei, white arrows in Figure 8A and Supplementary Figure S3) representing different stages of the S-phase (as in Figure 7D) or non-replicating cells (BrdU-negative, red arrows in Figure 8A), likely representing G1 or G2.
[image: Figure 8]FIGURE 8 | Replicating nuclei under control and APH-treated conditions with BrdU foci (yellow) and DAPI staining (blue) (A); the graph indicates the amount of BrdU-negative (non-replicating cells, red arrows) and BrdU-positive (replicating cells, white arrows) glioblastoma cells under control and APH-treated conditions (B). Scale bar: 10 µm. The error bars represent standard deviation (SD) determined from 3 independent experiments (N = 100 nuclei for each replicate). Paired t-test was used to calculate the p values, where p > 0.05 ns, *p ≤ 0.05, **p < 0.01, ***p < 0.001, and ****p < 0.0001.
We found a shift of glioblastoma cells exposed to replication stress from G1/G2 BrdU negative to a replicative state with a significant increase in BrdU-positive cells in APH-treated cells (Figure 8B, graph). The higher proportion of cells residing in the S-phase may imply the replication struggle induced by APH and activation of the intra-S-phase checkpoint and justify the decreased number of cells that make it into mitosis (Figure 1). We hypothesized that unfinished replication may cause MiDAS in U-251 MG cells, a phenomenon where DNA synthesis continues into mitosis. Thus, we assessed persistent BrdU incorporation on metaphase spreads (Supplementary Figure S4). Indeed, we observed the presence of BrdU signals on 1–4 chromosomes per metaphase spread only under the APH condition (Supplementary Figure S4), indicating that defective replication in U-251 MG cells is not dealt with in G2 but persists into mitosis, likely contributing to the chromosome defects as observed in Figures 2 and Figure 3 and resulting in gaps and breaks at specific CFSs (Figures 4 and Figure 5), given the small number of BrdU-positive loci seen in U-251 MG cells only after APH treatment.
Collectively, our data suggest that these chromosomal regions show glioblastoma-specific CFSs likely due to multiple converging features including presence of long genes actively transcribed in the tissue of origin, slower/impaired replication, and evidence of MiDAS to attempt completing DNA synthesis at these regions ahead of chromosome segregation in mitosis (Figure 9).
[image: Figure 9]FIGURE 9 | In untransformed cells such as lymphocytes, during unperturbed cell cycle progression, a chromosome region that does not show replication issue is depicted (non CFS) (A). In glioblastoma cells, the same chromosomal region can have an impairment that can be rescued (CFS) (C). Under an APH-induced stressful condition, glioblastoma-CFS is unable to rescue replication impairment, hereby depicted as replication fork stalling (D), contrary to non CFS in lymphocytes where the impairment is overcome (B); yellow dots are the new incorporated nucleotides during the repair processes. When the CFS burden is not dealt with, the site is expressed as a chromosome break (D).
DISCUSSION
Our work presents a characterization of CFS expression in a cell line derived from the malignant brain tumor GBM. Here, we assessed the expression of every CFS found in the human genome in U-251 MG cells under conditions of mild replicative stress using APH. Out of all known CFSs, we identified 52 CFSs expressed as gaps/breaks only after APH treatment in GBM cells and 17 CFSs that showed fragility with frequency equal to at least 1% on the total gaps/breaks. We also identified two CFSs that appear to be glioblastoma-specific localized to regions FRA2E (2p13/p12) and FRA2F (2q22), only seen as breaks in U-251 MG cells after APH treatment. Within the CFSs highly expressed in GBM after APH treatment, we observed presence of long genes, incomplete replication, and delayed DNA synthesis that persisted into mitosis (MiDAS). Given our data showing similar replication dynamics during the S-phase for untreated U-251 MG or treated with APH, we suggest that the replication issues at these sites partly activate a replication checkpoint as we observed upon scoring BrdU-positive and -negative cells. Likely, however, several cells continue into mitosis with under-replicated DNA. Presence of long genes, especially expressed in brain tissue, may further enhance the fragility of a specific region that manifests as gaps or breaks within mitotic chromosomes. We also noted fragile and uncondensed chromatin and other chromosome phenotypes, indicating that issues generated by replication stressors such as a low dose of APH result in a variety of phenotypes, including but not limited to fragile site expression that can readily compromise overall genome stability.
In cancer, DNA synthesis may be compromised by the lack of basic replication-components, leading to mitotic arrest (Miron et al., 2015). After APH treatment, we observed a specific pattern of CFSs in glioblastoma cells that is not detectable in lymphocytes and fibroblasts. This different response of the three cell types can be explained by the fact that cancer cells as glioblastoma could bypass DNA damage and the cell cycle checkpoint, including intra-S-phase ones, and proceed through the cell cycle despite the persistent damage and/or unfinished replication within the timeframe of the S-phase or G2, with the subsequent effect of aberrant mitoses and the potential for rearrangements and accumulation of chromosome aberrations.
Indeed, it can be noted that glioblastoma cells express several more CFSs than lymphocytes, implying that CFSs in primary cells such as lymphocytes may express breaks in specific regions after mild replication stress due to intrinsic and tissue-specific features; in glioblastoma, on the other hand, to these intrinsic features get added additional factors likely related to malignant transformation and decreased proficiency of checkpoints and DDR. This is in line with the notion that glioblastoma often displays high CIN. Some of the CFSs we have identified have been specifically characterized in fibroblasts (i.e., 1p31, 3q13, and 7q11; refer to Murano et al., 1989; Le Tallec et al., 2011; Maccaroni et al., 2020), suggesting that the chromosome fragility phenotype of GBM appears under our experimental conditions to be more similar to fibroblasts than lymphocytes.
Our work offers an initial overview of common fragile site expression in glioblastoma that may be further exploited for future cytogenetic, molecular, and clinical studies to advance our understanding of this incurable cancer.
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Common fragile sites (CFSs) are specific regions of all individuals’ genome that are predisposed to DNA double strand breaks (DSBs) and undergo subsequent rearrangements. CFS formation can be induced in vitro by mild level of DNA replication stress, such as DNA polymerase inhibition or nucleotide pool disturbance. The mechanisms of CFS formation have been linked to DNA replication timing control, transcription activities, as well as chromatin organization. However, it is unclear what specific cis- or trans-factors regulate the interplay between replication and transcription that determine CFS formation. We recently reported genome-wide mapping of DNA DSBs under replication stress induced by aphidicolin in human lymphoblastoids for the first time. Here, we systematically compared these DSBs with regards to nearby epigenomic features mapped in the same cell line from published studies. We demonstrate that aphidicolin-induced DSBs are strongly correlated with histone 3 lysine 36 trimethylation, a marker for active transcription. We further demonstrate that this DSB signature is a composite effect by the dual treatment of aphidicolin and its solvent, dimethylsulfoxide, the latter of which potently induces transcription on its own. We also present complementing evidence for the association between DSBs and 3D chromosome architectural domains with high density gene cluster and active transcription. Additionally, we show that while DSBs were detected at all but one of the fourteen finely mapped CFSs, they were not enriched in the CFS core sequences and rather demarcated the CFS core region. Related to this point, DSB density was not higher in large genes of greater than 300 kb, contrary to reported enrichment of CFS sites at these large genes. Finally, replication timing analyses demonstrate that the CFS core region contain initiation events, suggesting that altered replication dynamics are responsible for CFS formation in relatively higher level of replication stress.
Keywords: DNA double strand break (DSB), common fragile site (CFS), DNA replication stress, histone H3K36 trimethylation, histone H3K27 trimethylation, CTCF, topologically associated domain (TAD)
INTRODUCTION
CFSs are genomic regions that are prone to DNA strand breakage, observable as gaps or other abnormalities on the metaphase chromosomes. The manifestation, or expression, of CFSs is induced by mild level of DNA replication stress such as DNA polymerase inhibition or nucleotide pool limitation, as reviewed in (Feng and Chakraborty 2017). There are two major mechanisms proposed to underlie CFS formation: defective DNA initiation/progression and replication-transcription conflict (Le Tallec et al., 2014; Ozeri-Galai et al., 2014; Sarni and Kerem 2016). These theories are predicated on the observations that 1) with noted exceptions (El Achkar et al., 2005; Barlow et al., 2013; Handt et al., 2014), CFSs are generally characterized by late replication timing in an unperturbed S phase and experience persistent delay under replication stress (Le Beau et al., 1998; Wang et al., 1999; Hellman et al., 2000; Palakodeti et al., 2004; Pelliccia et al., 2008; Handt et al., 2014); and 2) CFSs tend to nest in large transcribed genes. It is thought that the persistently under-replicated regions, presumably as a result of replication fork breakdown, become unstable and induce genomic rearrangements. Additionally, it is thought that transcription suppresses initiation of DNA replication within these genes, thus contributing to the persistent replication delay (Brison et al., 2019). Finally, direct collisions between the replication and transcription machineries, particularly at sequence locations prone to form R-loops, is thought to cause DNA strand breakage at the CFSs (Helmrich et al., 2011).
CFSs are an intrinsic feature of the human genome and are hot spots for large scale amplification, deletion, and rearrangements, which are thought to underlie genome instability that are prevalent in cancer as well as neurological disorders (Arlt et al., 2003; Glover et al., 2005; Arlt et al., 2006; Ozeri-Galai et al., 2012; Alt et al., 2017; Alt and Schwer 2018; Palumbo and Russo 2019). Therefore, normal cells are arguably the most important model for CFS mapping in order to understand mechanisms of disease onset (Palumbo and Russo 2019). We recently applied the Break-seq method to map DSBs, both spontaneous or chemically induced, in the GM06990 cell line (Chakraborty et al., 2020). These endeavors led to the first high resolution map of DSBs under conditions used to induce CFSs in human lymphoblastoids. The salient points from this study are as follows. First, the vehicle control (DMSO) potently induce DSBs and APH further enhances DSBs; thus APH-induced DSB formation is necessarily a composite effect of the two chemicals. For simplicity we will refer to DSBs induced by both chemicals as APH-induced. Second, both DMSO- and APH-induced DSBs are predominantly located in late-replicating regions, consistent with the noted feature of CFSs. Third, while neither spontaneous nor APH-induced DSBs are enriched for R-loop forming sequences (RLFSs), the DMSO-induced DSBs are enriched for RLFSs, suggesting that transcription induction in the DMSO-treated cells played a major role in DSB formation. Fourth, these DSBs did not show significant correlation with the core sequences of 76 CFSs previously described in lymphoblasts (Le Tallec et al., 2013; Savelyeva and Brueckner 2014). Related to this final point, because CFS cores have been shown to have strong association with large genes of greater than 300 kb (Smith et al., 2006; Le Tallec et al., 2013), our results would suggest that DSBs were not enriched in large genes. Therefore, in this study we investigated the association, or the lack thereof, between DSBs and large genes harboring CFS cores and asked what cis- or trans-factors determine DSB formation.
We systematically examined the relationship between DSBs and select key genomic features mapped by published studies, the majority of which were curated by the Encyclopedia of DNA Elements (ENCODE) project. We specifically focused on data sets generated from the same cell line (GM06990) as our data were, to minimize confounding genetic factors. These data sets included histone modification sites—specifically histone 3 lysine 4 trimethylation (H3K4me3), H3K36me3, and H3K27me3—DNaseI hypersensitive sites (DNaseI HSS), and topologically associated domain (TAD) architectural protein CTCF binding sites. Each of these elements has been implicated in replication and/or transcription regulation (Kimura 2013; Zhang et al., 2015). Of note, it has been suggested that spontaneous DSB sites are correlated with epigenetic markers for chromatin accessibility, including DNaseI HSSs, H3K4me3, and CTCF binding sites (Mourad et al., 2018). We have also found that APH-induced CFSs are associated with TAD boundaries enriched for CTCF binding sites (Sarni et al., 2020). Finally, CTCF binding sites have been shown to be susceptible to DSBs induced by a topoisomerase inhibitor (Canela et al., 2017). Therefore, these studies provided compelling evidence for a connection between DNA strand breakage and 3D genome organization. Additionally, in our previous study (Chakraborty et al., 2020) we analyzed our DSBs for replication timing using Repli-seq data (Hansen et al., 2010); here we also compared the DSB locations to origins of replication mapped by Bubble-seq (Mesner et al., 2013). Our analysis demonstrated a correlation between DMSO- and APH-induced DSBs with H3K36me3 at two locations: first at the TSS, where CTCF bindings sites are also enriched; second within gene bodies downstream from the TSS; origins of replication are broadly distributed at both locales. These observations are consistent with a model where replication stress-induced DSBs are correlated with active transcription and are enriched at TAD boundaries.
MATERIALS AND METHODS
Downloaded data sets
DNaseI HSS_1: bigWig
https://www.encodeproject.org/files/ENCFF529JFV/@@download/ENCFF529JFV.bigWig.DNaseIHSS2:bigWig
DNaseI HSS_1: bigWig
https://www.encodeproject.org/files/ENCFF709PEX/@@download/ENCFF709PEX.bigWig
DNaseIHSS_1: bigBed narrowPeak
https://www.encodeproject.org/files/ENCFF735IVN/@@download/ENCFF735IVN.bigBed
DNaseIHSS_2: bigBed narrowPeak
https://www.encodeproject.org/files/ENCFF043DMN/@@download/ENCFF043DMN.bigBed
CTCF ChIP-seq: bigWig
https://www.encodeproject.org/files/ENCFF469OOI/@@download/ENCFF469OOI.bigWig
CTCF ChIP-seq: bed narrowPeak
https://www.encodeproject.org/files/ENCFF276JDQ/@@download/ENCFF276JDQ.bed.gz
H3K4me3 ChIP-seq: bigWig
https://www.encodeproject.org/files/ENCFF965GIX/@@download/ENCFF965GIX.bigWig
H3K4me3 ChIP-seq: bed narrowPeak
https://www.encodeproject.org/files/ENCFF357ALO/@@download/ENCFF357ALO.bed.gz
H3K27me3 ChIP-seq: bigWig
https://www.encodeproject.org/files/ENCFF533NLA/@@download/ENCFF533NLA.bigWig
H3K27me3 ChIP-seq: bed narrowPeak
https://www.encodeproject.org/files/ENCFF554UCC/@@download/ENCFF554UCC.bed.gz
H3K36me3 ChIP-seq: bigWig
https://www.encodeproject.org/files/ENCFF324YFT/@@download/ENCFF324YFT.bigWig
H3K36me3 ChIP-seq: bed narrowPeak
https://www.encodeproject.org/files/ENCFF372NOF/@@download/ENCFF372NOF.bed.gz
Bubble-seq origins of replication data (GSE38809_GM_combined_RD_bubbles.bedgraph) were downloaded from GEO accession number GSE38809.
MEME suite searches
The commands used for the following search engines are listed below.
AME: ame--verbose 1 --oc. --scoring avg--method fisher--hit-lo-fraction 0.25 --evalue-report-threshold 10.0 --control--shuffle-- --kmer 2 DSBFILE.fasta db/HUMAN/HOCOMOCOv11_core_HUMAN_mono_meme_format.meme
STREME: streme--verbosity 1 --oc. --dna--totallength 4000000 --time 14400 --minw 8 --maxw 15 --thresh 0.05 --align center--p DSBFILE.fasta
Tomtom: tomtom -no-ssc -oc. -verbosity 1 -min-overlap 5 -mi 1 -dist pearson -evalue -thresh 10.0 -time 300 query_motifs db/HUMAN/HOCOMOCOv11_core_HUMAN_mono_meme_format.meme
Random simulation test for correlation between DSBs and chromatin features
The association between a DSB and a chromatin feature was determined by whether the two regions overlap by at least 1 bp using intersectBed function in BEDTools. Random DSB sequences were generated by shuffleBed with the same number of DSBs per chromosome. The shuffled DSBs were then compared to the chromatin feature for overlaps. The random simulation was performed 1000 times in each test. The number of simulations in which the shuffled DSBs overlapped with the chromatin feature at an equal or higher frequency than the real data was divided by the number of simulations to calculate the p value.
GP-seq score calculation for DSBs
GP-seq scores were downloaded from the GEO database under the accession number GSE135882 for experiment 5 (GSE135882_Exp5.1 Mb). GP-seq scores in each unique DSB region were tallied, averaged, and plotted.
Random forest prediction of classifier for DSB formation
We used the R package “randomForest” to build and train the random forest models employed in this study. We left mtry on default and used a value of 700 for ntree which represents the number of decision trees used by the model. We set importance to TRUE in order to access the MeanDecreaseAccuracy and MeanDecreaseGini values as well as the variable importance plots. The ‘pROC’ package was installed to plot the ROC (receiver operating characteristic curve) and PR (Precision Recall) curves. We used the BigWigAverageOverBed function to calculate the feature signals over DSB regions and used the mean values as input variables. Random sampling of DSBs from the genome was accomplished using the shuffleBed function from the BEDTools suite.
Repli-seq
At least 2 × 106 cells were used for each Repli-seq experiment. Cells were treated with DMSO, or 0.3 µM, or 0.6 µM APH, or nothing at all for 24 h. BrdU was then added at 100 µM and cells were incubated for 2 h before washing with PBS and harvesting, followed by ethanol fixation. Fixed cells were then sorted by flow cytometry into early and late-replicating fractions. BrdU-labeled DNA from each fraction was immunoprecipitated, followed by preparation for sequencing libraries as previously described (Rivera-Mulia et al., 2022). Two biological replicates were produced for each sample, with similar results. Replication timing profiles from one replicate are shown.
RESULTS
APH-induced DSBs are a composite of those induced by replication stress through APH and transcriptional upregulation by DMSO
We recently generated high resolution mapping of genome-wide DSB sites in human lymphoblastoid (GM06990) cells (Chakraborty et al., 2020). We used conditions known to induce CFS formation, i.e., mild level of replication stress by APH, with equal volume of the vehicle, dimethyl sulfoxide (DMSO), or no treatment (NT) at all as controls. This study produced 2111 NT or spontaneous DSBs, and 3927 and 7002 DSBs in DMSO- and APH-treated cells, respectively, demonstrating drug-specific induction of DSBs (Figure 1A). Spontaneous DSBs did not show apparent chromosomal bias; in contrast, DMSO-treated cells showed an enrichment of DSBs on chr19 whereas APH-treated cells had the highest density of DSBs on chr21, followed by chr19 (Figure 1B). We compared the DSBs to derive those shared and those uniquely induced by each condition. The vast majority (>78%) of the spontaneous DSBs were also present in the DMSO- and APH-treated cells, suggesting that an integral component of the CFSs are those regions of the genome that are intrinsically susceptible to DSBs (Figure 1A). However, DMSO apparently elicited a strong induction of 2276 DSBs not present in the NT sample (“DMSO-unique”). We have shown that the genic association of DSBs increased from 33 to 41% from untreated cells to DMSO-treated cells (Chakraborty et al., 2020). Here we further showed that ∼50% of the “DMSO-unique” DSBs occur in genic regions (Figure 1C), suggesting that transcription increase in DMSO cells caused DSBs. In contrast, the genic association level dropped to ∼38% for “APH-unique” DSBs, though still a slightly higher level compared to NT-unique DSBs (Figure 1C), suggesting that transcription repression by APH-induced replication stress. Thus, we concluded that DSBs in APH samples are a composite effect of transcription induction by DMSO and repression by APH.
[image: Figure 1]FIGURE 1 | Break-seq mapping of DSBs in normal human lymphoblastoids. (A) Concordance between DSBs in pair-wise comparisons and subsetting DSBs unique to each condition. (B) DSB density (per Mb of DNA) across each chromosome. (C) Distribution of DSBs unique to each condition with respect to genes. (D) Cell cycle analysis of cells with the indicated treatment by flow cytometry. PI: propidium iodide. (E) Replication timing analysis under replication stress. Representative replication timing profile plotting the RT Log2 Ratio for chr19 is shown for each treatment. Bottom tracks represent RefSeq genes.
Previously, we have shown that DMSO- and APH-induced DSBs, but not spontaneous DSBs, are significantly enriched in late-replicating domains, using published Repli-Seq data for the GM06990 cell line (Hansen et al., 2010) to establish autosomal early- and late-replicating domains (Chakraborty et al., 2020). These observations are consistent with the known characteristics of the CFSs. To test if the same DSB-associated late-replicating regions remain late-replicating in DMSO or APH treatment, we performed Repli-seq experiments (Rivera-Mulia et al., 2022) with cells treated with DMSO, 0.3 μM or 0.6 μM APH, or nothing at all. Cells were transiently (2 h) labeled by BrdU, followed by sorting into early and late-replicating fractions by flow cytometry. BrdU-labeled nascent DNA was then immunoprecipitated from both fractions and subjected to next-generation sequencing, producing replication timing profiles represented as the Log2 ratios of sequence reads of early vs. late fraction. The result showed that 0.3 µM APH, the dosage at which the majority of our Break-seq experiments were conducted, caused S-phase arrest compared to the NT and DMSO controls (Figure 1D). Treatment with 0.6 µM APH also induced S-phase arrest (Figure 1D). Nevertheless, genome-wide replication timing profiles demonstrated that most of the normallly late-replicating regions remain late-replicating in drug-treated samples (Figure 1E), with few exceptions in the 0.6 µM APH treatment that produced some local advanced replication timing among a large late-replicating region (more later). These results are consistent with our previous findings of global preservation of replication timing after APH treatment in other cell types (Sarni et al., 2020). We next asked how these DSBs are distributed in the CFSs.
APH-induced DSBs demarcate CFS core sequences and are not enriched in large genes
It was estimated that approximately one-third of CFSs are associated with large genes (Smith et al., 2006). A recent study systematically defined these long (>300 kb) transcribed genes which experience significantly delayed replication in APH and showed that they correspond to CFS core regions reported in the literature (Brison et al., 2019). These CFS core regions were defined by higher resolution FISH (fluorescence in situ hybridization) probes in fourteen molecularly characterized CFSs (Savelyeva and Brueckner 2014). We first compared the DSBs in our Break-Seq experiments to these large transcribed genes with delayed replication (henceforth"large genes”), and found no significant correlation (p < 0.001) (Chakraborty et al., 2020). Moreover, the APH-induced DSBs mapped by another sequencing-based method called BLESS (Crosetto et al., 2013) did not show correlation with large genes either, while they showed significant correlation with DSBs mapped in our study (p < 0.001) (Chakraborty et al., 2020). We then systematicaly examined the fourteen molecularly characterized CFSs and we observed only 1 to 2 discrete spots of APH-induced DSBs in all of these CFS regions, even in large genes (e.g., FHIT and WWOX, sized 1502 and 1113 kb, respectively) associated with FRA3B and FRA16D, respectively (Figure 2A, “Break-seq” tracks). This relatively low density of DSBs in CFSs was also observed for the BLESS data set (Figure 2A, “BLESS_APH” track). Importantly, transcriptomic analysis showed that these CFS-associated genes were expressed at similar levels in all conditions (Figure 2B), with the exception of CAV2 at FRA7G, where we did not detect expression, nor any DSB, in APH (Figures 2A,B). LRP2 at FRA2G showed only moderate expression in APH and not in NT or DMSO samples, and the DSBs at the FRA2G locus were detected elsewhere with expressed genes (Figures 2A,B). Thus, despite a genome-wide transcription repression by APH, CFS-associated genes remain active.
[image: Figure 2]FIGURE 2 | Break-seq signals tend to demarcate the boundaries of molecularly characterized CFSs. (A) SeqMonk profiles for DSB tracks. Genes encoded on the + strand and–strand are represented by red and blue blocks, respectively. DSB signals and CFS or CFS core regions are represented by grey blocks. Break-seq samples of NT (not treated)-, DMSO-, or APH-treated normal human lymphoblastoids (GM06990) are shown. The published APH-induced DSBs by BLESS are also shown. Note that Break-seq is more sensitive and have higher resolution than BLESS. The size of CFS and CFS core regions are shown. Those Break-seq signals flanking the CFS or CFS core regions are labeled by a yellow box, and those located within the CFS or CFS core regions are labeled by a pink box. (B) Expression levels of genes at CFSs measured by RNA-seq in cells treated with 0.3 µM APH, or DMSO, or nothing at all, for 24 h. Detailed RNA-seq data analysis and raw data are described elsewhere (Chakraborty et al., 2020. in press) and accessible from the GEO accession number GSE124403.
Interestingly, both the Break-seq and BLESS-derived APH-induced DSBs tend to demarcate the boundaries of the mapped CFSs or CFS cores (Figure 2A). The relatively sparse nature of DSBs at these CFSs might be due to the relatively low APH concentrations (0.03 and 0.3 µM) employed by Break-seq experiments. Notably, we observed that when cells were treated with 0.6 µM APH it resulted in local late-to-early replication timing changes at 9 of the 14 CFS core regions, the exceptions being FRA2Ctel, 2G, 7H, 7G, and 8I (Figure 3). FRA2Ctel actually showed further delay in replication timing within the CFS core. Among the CFS cores with advanced timing, six (FRA1E, 3B, 7K, 13A, 16D and XB) clearly demonstrated initiation events within the core (Figure 3). These advanced timing changes suggested that the CFS core regions might contain dormant origins that are activated upon replication stress. They further suggested that altered replication dynamics within the CFS contribute to the DSB formation at higher APH dosages (see discussion). We then proceeded to further investigate the relationship between DSBs and genes in different size groups defined as 1–100, 100–300, 300–800, and >800 kb. Results showed that the number of DSBs as well as DSB density (number of DSBs per Mb of DNA) decreased with increasing gene size (Figures 4A,C). This trend was observed in both spontaneous DSBs and drug-induced ones. Notably, DSB density in all gene groups increased with DMSO/APH treatment compared to “NT” control (Figure 4B). However, it was the gene group of 1–100 kb, the smallest of all, that saw the biggest increase in DMSO-treated cells (from 24 per Mb of DNA in untreated cells to 33 per Mb of DNA), followed by a decrease with APH treatment (down to 27 per Mb of DNA). This result led us to hypothesize that the smaller gene groups, particularly the 1–100 kb group, were physically clustered and the gene cluster underwent DMSO-induced transcription and APH-induced replication fork impediments, which collectively led to the increase in DSB density. Thus, our data strongly suggest an underlying role of genome organization in drug-induced DSB formation.
[image: Figure 3]FIGURE 3 | CFS core regions advance their replication timing under replication stress. Replication timing profiles at CFS regions under distinct treatment with APH. The boxed regions correspond to CFS core sequences shown in Figure 2. The positions of the CFS core are approximate.
[image: Figure 4]FIGURE 4 | DSBs induced by DMSO or APH are present but not enriched in large genes >300 kb. Stacked column plots of the number of DSBs (A) and CTCF binding sites (B) in the indicated gene size groups. Stacked column plots of the density of DSBs (C) and CTCF binding sites (D), i.e., number per Mb of DNA, in the indicated gene size groups.
CTCF binding site density mirrors that of DSB density across gene groups
A recent study has shown that APH-induced CFSs correspond to TAD boundaries that are significantly delayed in replication timing (Sarni et al., 2020). TAD boundaries are delineated by CCCTC binding factor (CTCF) to form chromatin loops containing sequences with similar transcriptional regulation. We reasoned that large genes would require relatively fewer CTCF binding events for organization. In contrast, a similarly sized gene cluster housing many small genes might be organized into multiple smaller chromatin loops with distinct environment, which would require proportionally more CTCF binding sites. In other words, the density of chromatin loops should correlate with gene density. Indeed, we showed that the number and the density of CTCF binding sites decreased as gene size increased, a pattern that is almost identical to that of DSBs, particularly for those induced by APH (Figures 4C,D). This result suggested that DSB formation is determined by chromatin organization through CTCF binding and related events. Therefore, we sought to further test our hypothesis by investigating the relationship between DSBs and known chromatin accessibility markers.
Drug-induced DSBs locations are strongly correlated with TSS and the histone marker H3K36me3
We took advantage of the ENCODE project which cataloged a large set of genome-scale experiments of mapping chromatin structures. We specifically focused on those data generated from GM06990, the same cell line used in our Break-seq mapping experiments. We systematically analyzed the distribution of DSBs over each of the chromatin features including TSS, CTCF binding sites, DNaseI HSSs, H3K4me3, H3K27me3, H3K36me3, and origins of replication (Supplementary Figure S1A), whose genomic distributions were summarized in Supplementary Figure S1B. We began by analyzing the distribution of DSBs over a 20-kb window centered on each feature in order to assess if DSBs were likely to associate with any of the features. Note that all these features were mapped in untreated cells, therefore these analyses allowed us to specifically test if and how epigenomic features in otherwise normal cells impact the DSBs seen in DMSO- or APH-treated cells. Spontaneous DSBs showed moderate association with only CTCF binding sites and origins, and no apparent association with the other features (Figure 5). Interestingly, DSBs in DMSO- and APH-treated cells showed an even stronger association with CTCF binding sites and origins (Figure 5, note the different y-axis scale on each plot). It is important to note that the association between CTCF binding sites and DSBs was not statistically significant when compared to randomized DSBs, suggesting that the comparison of DSBs to CTCF binding sites alone might not be sufficient to discern the relationship between DSBs and epigenomic features.
[image: Figure 5]FIGURE 5 | Aggregated plots of DSBs around the nearest chromatin marker. The number of DSBs in each of the 50 bins across a 20,000 bp window centered on the given chromatin marker are scored and plotted on the Y-axis against the relative distance to the center of the chromatin marker (X-axis). “TSS” and “H3K36me3” are the only two markers that were found associated with DSBs in DMSO- and APH-treated samples at a genomic scale (see Supplementary Figure S2).
We next observed that drug-induced DSBs showed strong correlation with TSS and H3K36me3, moderately with H3K4me3 and DNaseI HSS, but not with H3K27me3, suggesting that DSBs are dependent on active transcription and not merely high chromatin accessibility (Figure 5). Moreover, we demonstrated that the drug-induced DSBs are correlated with TSS and H3K36me3 genome-wide by analyzing the distribution of DSBs overall features in the genome and not just the nearest ones (Supplementary Figure S2A). Specifically, 543 (13.8%) and 970 (13.9%) of the DMSO- and APH-induced DSBs, respectively, overlapped with H3K36me3 sites. These overlaps were significantly higher compared to randomized sequences in a random simulation test with >1000 iterations (p < 0.001). Because H3K36me3 is associated with active transcription and is enriched in the gene bodies downstream from TSS (Supplementary Figure S2B), the observed correlation of DSBs with both TSS and H3K36me3 suggested a strong dependence on transcription.
Furthermore, CTCF binding sites are strongly associated with TSSs and a small fraction of CTCF binding sites are also associated with H3K36me3 (Supplementary Figures S2C,D). Therefore, it appears that a subset of CTCF binding sites and a subset of H3K36me3 are associated with each other at the TSS, whereas the remainder of H3K36me3 are distributed downstream of TSS in gene bodies. These results led us to conclude that DSBs are associated with both H3K36me3 sites at the TSS as well as those downstream from TSS, suggesting a transcription-dependent mechanism of DSB formation. Moreover, APH-induced DSBs were better correlated with origins compared to spontaneous or DMSO-induced DSBs (Figure 5), consistent with induced replication stress impacting forks emanating from the origins. Finally, we showed that origins are broadly distributed around H3K36me3, CTCF binding sites, and TSS, in descending order of proximity (Supplementary Figures S3A–C). Therefore, it suggests that DSB formation at both TSS and gene bodies was also regulated by origin activities and replication fork movement.
Chromosomes enriched for DMSO- or APH-induced DSBs tend to be located in the radial center of the nucleus
To further discover defining features for these stress-induced DSBs we derived a list of DSBs overlapping with all features including H3K36me3, CTCF binding site, and origin (Data File S1). We found 24, 187, and 138 such DSBs in the untreated, DMSO-, and APH-treated samples, respectively. We first asked if there was any chromosomal bias of the DSBs. Remarkably, the chromosome with the highest enrichment of DSBs in all conditions was Chr19. While spontaneous DSBs were only enriched on Chr19, drug-induced DSBs also showed enrichment on Chr5, 17, and 22 for DMSO and Chr15, 17, and 22 for APH treatment. These chromosomes all tend to be located near the radial center of the nucleus based on an elegant study using Genome Positioning (GP)-seq to analyze the 3D chromosome positioning (Girelli et al., 2020). Among them Chr19 has the highest GP-seq score, i.e., the shortest radial distance from the center of the nucleus (Girelli et al., 2020). Indeed, compared to genomic average distribution of GP-seq score, the DSBs in our study showed skewed distribution towards higher GP-seq scores, hence nearer to the radial center of the nucleus (Figure 6). Girelli et al. further demonstrated that DSB level, using γH2A.X as a proxy, was the highest in the center of the nucleus (Girelli et al., 2020). It has been shown previously that the deterministic parameter for radial positioning of chromatin in the nucleus is regional gene density (Kupper et al., 2007). Therefore, these results support our hypothesis that DMSO- and APH-induced DSBs are enriched in gene-dense regions with high level of transcription. We next investigated conservation of sequence motifs within the DSB regions in an effort to identify additional evidence for transcription-dependent mechanism of DSB formation.
[image: Figure 6]FIGURE 6 | GP-seq scores of DSBs are higher than genomic average. The GP-seq scores for DSBs in each treatment are shown in a stacked column plots as a histogram. The GP-seq scores of the genomic average are also shown as a histogram.
Sequence motif discovery in replication stress-induced DSBs revealed binding sites for transcription factors implicated in maintaining 3D chromatin architecture
To specifically delineate the effect of DMSO-mediated transcription induction and APH-mediated replication stress on DSB formation, we analyzed the DMSO- and APH-specific DSBs, respectively. Motif search using AME (Analysis of Motif Enrichment, (McLeay and Bailey 2010)) identified a dearth of transcription factor (TF) binding sites in both groups. The top ten motifs enriched in DMSO only DSBs are binding sites for ZNF582, SMARCA5, ZNF770, STAT5B, ZNF121, PAX5, STAT5A, PRDM6, TAF1, and ZNF418 (p < 5.59e-42). The top ten motifs enriched in APH only DSBs are binding sites for ETS2, EGR2, EGR1, NFATC1, ETV5, LEF1, TBX21, ZNF341, BCL11A, and ZNF121 (p < 5.16e-124). Importantly, CTCF binding motif was also found as enriched in APH only DSBs (p = 5.74e-5). Many of the proteins above (e.g., PRDM histone methyltransferase, the SMARCA subgroup of genes belonging to the SWI1/SNF1 chromatin remodelers, etc.) have been implicated in chromatin modifications and remodeling. Others have been implicated in the maintenance of 3D chromatin architecture. For instance, ZNF770 and ZNF121 are significantly enriched at “insulator loops” mediated by CTCF to protect genes from emanating potentially harmful signals (Trieu et al., 2020). PAX5, a transcription factor essential for B-cell identity and function, changes 3D chromatin architecture (van Schoonhoven et al., 2020). Yet other TFs themselves are subjected to regulation for expression by chromatin architecture. For instance, CTCF has been shown to regulate and promote expression of EGR1 and EGR2 by establishing chromatin interaction loops between enhancer and promoter regulatory elements (Sekiya et al., 2019; Wang et al., 2020). We also used STREME (Bailey 2021) to discover new motifs in these groups, followed by identification of similar known motifs by Tomtom (Gupta et al., 2007) (Table 1). The results confirmed that DSB regions in both groups were enriched for sites for TF binding, thus supporting the notion that DSBs are transcription-dependent.
TABLE 1 | Select discovered motifs in DMSO unique DSBs and APH unique DSBs.
[image: Table 1]Identifying classifier(s) for DMSO- and APH-induced DSBs using machine learning
As a final endeavor, we asked if we could predict DSBs using these genomic and epigenomic features (henceforth “features” for simplicity). Motivated by Mourad et al.'s use of a machine learning method, Random Forest, to distinguish spontaneous DSBs from randomly sampled genomic regions, we developed a similar pipeline to validate features for replication stress-induced DSBs (Breiman 2001; Mourad et al., 2018). To best delineate the classification, we focused on the DSBs unique to each treatment rather than the entire cohort of DSBs in each treatment (Figure 1A). We then randomly sampled the hg19 genome for non-DSB regions with the same chromosome and length distributions as those DSBs in each treatment group for comparisons, i.e., non-NT/NT, non-DMSO/DMSO, and non-APH/APH. We assessed the variable importance of distance to DSBs by each feature. Note, we also analyzed the variable importance of feature signals over DSBs, computed as the sum or mean of signals across the DSBs from downloaded ChIP-seq bigWig data of GM06990 from the ENCODE project (Supplementary Figure S4). We then trained Random Forest to recognize the “real” DSBs, with reasonable accuracy (AUROC >0.8, class errors <0.3, i.e., >70% accuracy) using feature signals over DSBs (Figure 7), and with less accuracy using distance to features (Figure 7). By far the best predictor for NT, or spontaneous DSBs was DNaseI HSS (experiment 1) (Figure 7A). This result agrees with the findings by Mourad et al. and suggests that spontaneous DSBs occur at regions with high chromatin accessibility. The best predictor for both DMSO- and APH-specific DSBs was H3K27me3, followed by H3K36me3 (Figure 7B), indicating that both transcription induction and repression are correlated with DSBs. However, it is unclear whether the repressive histone marker is a consequence rather than a cause for the DSB. Moreover, high feature density might bias the results using feature signal over DSBs. Therefore, we then analyzed the results based on feature distance from DSB. In comparison, the class errors for feature distance were moderately higher than feature signal (Figures 7A,B). The best predictors for DSBs in NT, DMSO, and APH samples are H3K4me3, H3K36me3, and CTCF, respectively (Figure 7B). Among these, the role of active transcription in driving DMSO-specific DSBs was most apparent. These results corroborated our conclusions insofar as active transcription, as well as TAD domain boundaries, played an important part in induction of DSB formation. In summary, the inclusion of the Random Forest model in this study proved to be a promising tool in determining specific correlations between genomic and epigenomic features within the spontaneous and replication stress-induced DSBs.
[image: Figure 7]FIGURE 7 | Random forest analysis. (A) Comparisons between DSBs specific to each treatment, NT, DMSO, and APH, and randomly sampled DSBs from the genome using feature signals over DSBs. (B) Comparisons between DSBs specific to each treatment, NT, DMSO, and APH, and randomly sampled DSBs from the genome using feature distance to DSBs. AUROC, area under the receiver operating characteristic curve.
DISCUSSION
In this report, we detail the computational analysis of spontaneous and replication stress-induced DSBs in GM06990 lymphoblastoids, which were recently mapped by Break-seq (Chakraborty et al., 2020). We focused on understanding the relationship between DSB formation and epigenomic and genomic signatures. Importantly, by parsing the DSBs to those specifically induced by DMSO, or by APH, it allowed us to dissect the effect of the replication inhibitor from its solvent independently.
The first key finding was that DSBs were closely associated with active transcription histone marker H3K36me3 and TAD boundaries. Specifically, spontaneous DSBs are associated with CTCF binding sites. In contrast, we observed a correlation between DMSO-induced DSBs and markers associated with active transcription, including TSSs, H3K36me3 and CTCF binding sites. Upon APH treatment, there was a dampening of the transcriptional response as evidenced by a decrease in the levels of all markers above, as well as a decrease of DSBs in genic regions compared to DMSO treatment. Yet, the APH-induced DSBs showed strong association with H3K36me3, suggesting that despite an overall dampening of transcription by APH DSBs nevertheless took place at actively transcribing regions of the genome.
The second key finding related to the first one was that APH-induced DSBs in our study as well as the BLESS study (Crosetto et al., 2013; Chakraborty et al., 2020) were not enriched in large genes (>300 kb in size) and did not correlate with the CFS core sequences. Instead, we observed a tendency of the APH-induced DSBs to demarcate the boundaries of CFSs or the CFS core sequences. We suggest that DSBs occur at TAD boundaries marked by CTCF. Because the density of CTCF binding at large genes is relatively lower than that at smaller genes, DSB frequency is accordingly lower at large genes. However, we note that our Break-seq data were generated with relatively low level of APH (0.03 and 0.3 µM), while the BLESS study used 0.4 µM APH. Therefore, it is possible that the DSBs within the CFS cores might be more readily detected at higher level of APH.
Overall, these findings led us to hypothesize that DSBs were the result of CTCF-mediated chromosome remodeling due to transcription. We propose the following model to explain spontaneous and drug-induced DSB formation, specifically at the large genes where CFSs tend to reside (Figure 8). In untreated cells, DSBs occur at those CTCF binding sites involved in chromosome looping as replication forks originated from either side of the loop progress towards them. Thus, these DSBs form a bifurcated distribution over CTCF binding sites, as observed in Figure 5. Upon DMSO treatment, transcription induction causes the chromosome loop to disassemble, exposing the CTCF binding sites to replication forks on both sides and reducing the appearance of a bifurcated distribution pattern of DSBs over these sites. Meanwhile, active transcription within the chromosome loop also causes DSBs, either independently or when encountering approaching replication forks. In 0.3 µM APH, transcription remains active at large genes despite a global dampening of transcription. Additionally, unstable replication forks increase the probability of DSBs at CTCF binding sites (denoted by larger DSB icons) and/or active transcription sites. Finally, replication timing study indicated that in cells treated with 0.6 µM APH there were localized initiation events within the CFS core regions, suggesting that DSBs were produced by unscheduled replication termination with forks initiated from outside the CFS region. This observation provided an extended explanation for chromosome breakage at the CFS core regions. This model is consistent with a recent study presenting strong evidence that initiation of origin activation involves transcription-induced reorganization of the TAD demarcated by CTCF binding, which presents select origins within the TAD to move to the periphery for efficient activation (Li et al., 2021).
[image: Figure 8]FIGURE 8 | Proposed model of DSB formation at large genes organized by chromosome looping through CTCF binding. For details please see discussion in the main text.
In summary, our study provided a comprehensive overview of genomic and epigenomic features associated with replication stress-induced DSBs. It also laid out a framework for future studies to expand DSB mapping to more well-chosen cell lines and with simultaneous queries for active origins of replication and epigenomic features. Such an experimental design will promise to deliver important insights into the mechanisms of replication stress-induced DSB formation.
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CAtot-logistic  DNA repair Type of DNA repair SNP CHR BP Al OR 95% ClI P In silico
Gene
GTF2H4 Nucleotide excision rs3130780 6 30874308 T 1.89 1.36-2.64 1.77E-04 1.7 kb 5 of
repair (NER) GTF2H4
PARP1 Base excision repair rs1341334 1 226605024 G 1.56 1.21-2.00 5.16E-04 9.2 kb 5" of
(BER) PARP enzymes PARP1/eQTL
CAtot-linear DNA repair Type of DNA repair SNP CHR BP A1 Beta 95% CI P In silico
Gene
MGMT Direct reversal of DNA  rs12247555 10 131370520 C 0.09 0.03-0.15 2.78E-03 Intronic/eQTL
damage
CTA-logistic DNA repair Type of DNA repair SNP CHR BP A1 OR 95% ClI P In silico
Gene
NEIL3 Base excision repair rs10009807 4 178229925 A 0.69 0.54-0.89 4.62E-03 1.1 kb 5 of
(BER) NEIL3/histone
marks
REV3L DNA polymerases rs7742724 6 111839019 A 1.63 1.23-2.16 6.42E-04 eQTL
(catalytic subunits)
BRIP1 Fanconi anemia rs17542001 17 59915590 G 0.64 0.48-0.85 1.86E-03 Intronic/eQTL
CTA-linear DNA repair Type of DNA repair SNP CHR BP Al Beta 95% CI P In silico
Gene
FANCC Fanconi anemia rs13292454 9 97995075 A 0.16  0.05-0.28 3.93E-03 Intronic
MDC1 Conserved DNA rs3094090 6 30669956 C 0.19 0.07-0.32 2.33E-03 Intronic
damage response
genes
REV3L DNA polymerases rs7742724 6 111839019 A 0.16 0.09-0.24 2.47E-05 eQTL
(catalytic subunits)
XRCC4 Non-homologous rs301286 5 82602955 C —0.14 (-0.22)- 1.42E-03 Intronic/histone
end-joining (NHEJ) (—0.05) marks
TP53BP1 Conserved DNA rs28702649 15 43648629 T 0.12 0.05-0.19 1.31E-03 eQTL
damage response
genes
CSA-logistic DNA repair Type of DNA repair SNP CHR BP Al OR 95% ClI P In silico
Gene
GTF2H5 Nucleotide excision rs1744178 6 158496856 T 1.74 1.31-2.31 1.50E-04 eQTL
repair (NER)
PARP2 Base excision repair rs2318861 14 20758949 G 0.54 0.38-0.78 9.85E-04 eQTL
(BER) PARP enzymes
CSA-linear DNA repair Type of DNA repair SNP CHR BP Al Beta 95% CI P In silico
Gene
FANCD2 Fanconi anemia rs61429272 3 10037320 < 0.15 0.05-0.24 4.13E-03 eQTL
PMS2 Mismatch excision rs12702464 7 6041506 C —0.13 (-0.21)- 4.64E-03 Intronic/eQTL
repair (MMR) (—0.04)

ORs (in logistic regression analysis), Beta values (in linear regression analysis), and their corresponding P-values and in silico predictions are shown. SNP associations
that survived Bonferroni correction for multiple testing are marked in bold. SNP single nucleotide polymorphism; CHR chromosome; OR odds ratios; A1 The allele for

which beta and OR are calculated.
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Chr SNP Gene Accessibility (DNase Chromatin state Motifs eQTL ChiP
and FAIRE) in
tissues/cell types
Strong transcription Tissue Normalized P-value
(no. of tissues and effect size*
cell lines)
6 rs3130780 GTF2H4 — Blood + 102 BCL6, MEF2A  — — — ZNF792, MIXL1
1 rs1341334 PARP1 Blood (K562) 4+ 9 other Enhancer in blood BCL6, NANOG Cuttured ~ —0.31 9.00E-23  ZFX,ZNF770
tissues fibroblasts
10 rs12247555 MGMT — Blood + 16 — Whole —0.29 1.40E-33 —
blood
4 rs10009807 NEIL3 Blood, B cells, T cells  Enhancer in blood 4+ 30 — - - - POLR2A
17 rs17542001 BRIP1 — Blood + 62 — Nerve-tibial —0.41 7.30E-15 —
9  rs13292454 FANCC Blood + 3 others Blood + 48 FOXJ3 — — — —
6 rs3094090 MDC1 Tibial nerve Blood + 123 IRF3 Whole 0.13 6.40E-06  ZNF664
blood
6 rs7742724 REV3L Mammary glands Blood + 23 - Brain- 0.28 1.40E-06  SMARCA4 *
Cerebellum
5  rs301286 XRCC4 Blood + 6 others Active TSS in blood + 6 — - - - STAT5A*,
STAT3#,
TBP +10
15 rs28702649 TP53BP1  Placenta, H9, OCI-LY7  Blood + 109 SOX1 Cultured —-0.13 410E-08  CTCF*,
fibroblasts RAD21,
ZBTB33*
6 rs1744178 GTF2H5 H7-hESC, Lower leg Blood + 118 — *Whole ¥ 2.8783E- —
blood 17
14 rs2318861 PARP2 — Blood + 124 - “Whole * 6.61974E- ZBTB40
blood o7
3 rs61429272 FANCD2  Naive B cell + 9 other  Blood + 99 = Whole -0.17 270E-09 —
tissues blood
7 rs12702464 PMS2 — Blood + 124 - Artery— —0.44 450E-12  —
aorta

*eQTL values from Westra et al. (2013).

#In blood.
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FRAT1A® C11orf80 Debacker et al., 2007
FRA11B cBL2 Jones et al., 1994
FRA12AID DIP28 Winnepenninckx et al., 2007
FRA16A" XVt Nancarrow et al., 1994
FRAXA ID/FMRT disorders  FMRT Verkerk et al., 1991
FRAXE ID FMR2/AFF2 Knight et al., 1993
FRAXF" FAM11A Parrish et al., 1994;

Shaw et al., 2002

“not associated with disease. ‘responsible for some cases of Jacobsen syndrome, a
chromosome deletion syndrome.
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Study cohort

Age (years) Median
Range
Gender (%) Females
Males
Smoking status Smokers
(%)

Non-smokers

Occupational  Small organic compounds

exposure (n)
Heavy metals
Radiation (pilots)
Asbestos
Stone wool
Glass fibers
Others?

No. of High CAtot freq?
individuals with

Low CAtot freq
High CTA freq®
Low CTA freq
High CSA freq?
Low CSA freq

43

19-80

40.5
59.5
66.1

33.9
316

6
6
19
28
18
214
342

265
345
262
321
286

Covariate effect (P-value)®

0.56

0.05

5.55E-05

2.42E-05

a0ffice workers and blood donors who were reported as smokers.

PHigh CAtot freq = > 2 CAs/100 cells.
CHigh CTA freq = > 1 CA/100 cells.
dHigh CSA freq = > 1 CA/100 cells.

eP-value indlicates the association of the covariates (age, gender, smoking status,

and occupational exposure) with CAs.
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Modification sites

T2609

$2056

T2647
T3950
K3241 K3260
K4007

Modification type

phosphorylation

phosphorylation

phosphorylation
phosphorylation
acetylation
neddylation

Function

Activates Artemis-mediated endonuclease activity; Promoting cNHEJ
repair through end processing; DSB repair and cellular sensitivity to
gamma radiation; Facilitates telomere leading strand maturation

DSB repair and cellular sensitivity to gamma radiation; Promotes end
ligation in cNHEJ; Increases expression of RBX1 in G1 stage

Activates Artemis-mediated endonuclease activity

Shuts down the activity of DNA-PKcs kinase

Maintains genome stability and radiation resistance
Promotes autophosphorylation of DNA-PKcs at Ser2056

References

Liu et al., 2012; Lin et al., 2014; Longerich
etal., 2014; Lin et al., 2018

Ma et al., 2002; Goodarzi et al., 2006; Lu
et al., 2007; Reichert et al., 2011; Lin et al.,
2014; Madabhushi et al., 2014; Jiang et al.,
2019

Goodarzi et al., 2006; Lin et al., 2018
Konstantinopoulos et al., 2015
Kotsantis et al., 2018

Guo et al., 2020
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Inhibitor

NU7026

NU7441
(KU-57788)

LY3023414

AZD-7648

M3814
CC-115

Target

DNA-PK, PIBK

DNA-PK, PIBK, mTOR

PIBK, mTOR, DNA-PK

DNA-PK

DNA-PK
mTOR, DNA-PK

Cell line or animal model

K562, ML1 FeBALB/C mice, HelLa

SW620, LoVo, V3-YAC, V3 cells, Ferude mice bearing
SW620 xenografts

Athymic nude mice, CD-1 nude mice and NMRI
athymic nude mice

A549, H1299,BT-474, DLD1, FaDu, HCC70,
HCC1806, HCC1937, HT-29, JEKO-1, MDA-MB-231,
MDA-MB-436, MDA-MB-468, SKOV3, SUM149PT,
TOV21G, UWB1.289

HCT116, FaDu, NCI-H460, A549, Capan-1, BxPC3
Chronic lymphocytic leukemia (CLL) cells

IC50(DNA-PK)  Clinical Trial
0.23 uM
14 nM
4.24 nM Phase 2
0.6 nM Phase 1/2a
<3nM Phase 1/2
13nM Phase 2

References

Nutley et al., 2005;
Zimmermann and de
Lange, 2014; Zhang
etal., 2016

Zhang and
Matlashewski, 2019

Zhou et al., 2017
Zhuetal., 2017

Zhao et al., 2006

Zhou and Paull, 2013
Zhu et al., 2009
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Pathways Proteins

Transcription and mRNA processing coupling  THO complex (Gomez-Gonzélez, (2011), Sin3A (Salas-Armenteros, (2017), Spicing factors (ASF/SF2) (Li and Manley,

(2005)

RNAP anti-backtracking TFIIS Zatreanu et al. (2019), RECQS (Saponaro et al., (2014)

RNAP clearance TC-NER factors (XPF, XPG and CSB) (Soller et al., (2014), Def1 (Wison et al, (2013), Dicer (Castel et al., (2014)
Fanconi anemia pathway FANCD2 (Garcia-Rubio, (2015b)

ATR-mediated DNA damage responses ATR (Hodroj et al, (2017); Matos et al., (2020)

Rrloop processing factors RNase H1 and RNase H2 (Lockhart et al., (2019), SETX Cohen et al., (2018), DXHO Cristini et al., (2018), DDX39B

Pérez-Calero, (2020)
Mitotic DNA synthesis pathway POLD3, RAD52, SLX4, RTEL1 (Minocherhomij et al. (2015); Bhowrmick et al., (2016); Wu et al., (2020)
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