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Editorial on the Research Topic
 Regulation of synaptic structure and function





Introduction

Synaptic structure and function are fundamental for normal function of the nervous system. Synapses contain pre-synaptic terminals, synaptic cleft, and post-synaptic structures. Upon stimulation, synaptic vesicles in the pre-synaptic terminals fuse with the plasma membrane and release neurotransmitters to the synaptic cleft. The neurotransmitters then bind to their receptors on the post-synaptic membrane, leading to excitation or inhibition of the post-synaptic neurons, determined by the types of neurotransmitters and receptors. These brain functions require precise regulation of synaptic connections. In this Research Topic, we collected 19 research and review papers to address how synaptic structure and functions are regulated. Here we summarize these papers to guide readers through this Research Topic.



Regulation of synaptic structure

During the process of synaptic development, neurons first form complex neurites including axons and dendrites (Keyser, 1983; Gallo, 2013; Robichaux and Cowan, 2014). Yang et al. discovered that a novel adaptor for the RING-domain type ubiquitin E3 ligase, CG5003, is required for the axon development in the Drosophila Mushroom Body, providing further evidence that protein homeostasis is critical for axonal and synaptic development. In addition to ubiquitination, synaptic proteins are subjected to many other post-translational modifications such as small ubiquitin-like modification (SUMO). SUMOylation has been shown to modify and regulate synaptic proteins (Loriol et al., 2012; Daniel et al., 2017; Henley et al., 2021). To better understand the role of SUMOylation in synaptic sites, Pronot et al. performed SUMOylation proteomic analysis with synaptic fraction in rat brains and found that about 18% of synaptic proteins are SUMOylated, indicating SUMOylation in synaptic structure is very common.

Synaptic formation is regulated by secreted and cell adhesion molecules, such as Wnt, neurexin and Ephrin-Eph receptors (Salinas, 1999; Contractor et al., 2002; Lai and Ip, 2009; Poon et al., 2013; Sudhof, 2018). The role of Wnt signaling in synaptic development has been shown to be highly conserved (Salinas, 1999; Beretta et al., 2011; Shi et al., 2018). Teo and Salinas reviewed the recently advance of Wnt function in excitatory synaptogenesis, with focus on the role of Wnt5a and Wnt7a. Additionally, they summarized the role of neural activity in synaptic formation through Wnt7a/b. In mammals, through alternative splicing, neurexin genes produce diverse isoforms in different neuron types (Treutlein et al., 2014; Sudhof, 2017; Lukacsovich et al., 2019; Gomez et al., 2021). Previous studies indicated the alternative splicing of neurexin is activity-dependent (Gorecki et al., 1999; Rozic-Kotliroff and Zisapel, 2007; Iijima et al., 2011; Ding et al., 2017). Liakath-Ali and Südhof found that in cortical cultures and in vivo experiments, the previous finding about activity induced Nrxn1-SS4 specific splicing is most likely a secondary effect of activity-induced cell death. This study suggests that the link between neuronal activity and Nrxn1-SS4 splicing requires more sophisticated data. Li et al. found that EphB2-mediated dendritic spinogenesis is regulated by a scaffold protein, ligand of Numb protein X 1, which functions through maintaining EphB membrane localization. These studies further reiterate that secreted and cell adhesion molecules play vital roles in synaptic formation.

Recent studies indicate that non-coding RNA plays various roles in nervous system, including in synaptic formation. Wakatsuki and Araki summarized their recent finding about a special non-coding vault RNAs regulating synaptic formation through upregulating MEK1-ERK signaling pathway (Wakatsuki et al., 2021), which provides a novel synaptogenesis signaling pathway.

In addition to genetic factors, synaptic connections are also regulated by environmental conditions including ion concentration or drug usage. Zinc homeostasis has been shown to associate with neurologic disorders. Mo et al. found that in cultured neurons, high concentration of zinc results in synaptic formation and function defects through reducing the expression of PTPRM. It would be interesting to ask how PTPRM regulates synaptic formation. Drugs such as antibiotics or psychedelics could potentially affect synaptic formation and plasticity. Perna et al. found that perinatal penicillin exposure results in excessive synaptic pruning and lower dendritic spine density in the cortical region in mice, suggesting that the usage of antibiotics in early-life has an important effect on brain development and function. Consistently, Lukasiewics et al. summarized the critical role of exposure to another drug, psychedelics, in synaptic formation and neuronal plasticity. These studies provide insights into the mechanisms underlying the effects of drugs on the brain and will guide future drug development and usage.

Sexual dimorphism is observed at different levels of nervous system, which could explain the sex difference of neurological disorders. Uhl et al. reviewed the sexual dimorphism, with a special focus on synaptic density, morphology and molecular composition. The review summarized an advanced understanding of sexual synaptic dimorphism and potential underlying regulatory mechanisms. Taking advantage of the simplicity of the nematode C. elegans, Yan et al. analyzed the sexual synaptic structure and function dimorphism in vivo and revealed that at the neuromuscular junction (NMJ), the cholinergic synaptic density, the frequency of spontaneous neurotransmitter release, and the locomotory velocity of males are higher than those of hermaphrodites. Those studies provide cellular and molecular evidence underlying physiological and pathological sexual difference.

Synaptic maintenance and regeneration are essential for neural function. Huang et al. reviewed the mechanisms underlying NMJ degeneration and regeneration after denervation and the potential therapeutic strategies, which summarized recent advances in the maintenance and repair of NMJ synaptic connection.



Regulation of synaptic function

One of the most important functions of synaptic connection is to relay information from pre-synaptic to post-synaptic neurons. For example, in the sensory circuitry, sensory neurons are activated upon stimulation, which triggers the pre-synaptic synaptic vesicle fusion with the plasma membrane and the release of neurotransmitters and neuromodulators, through which the information from sensory neurons is passed onto their downstream targets.

C. elegans has served as an excellent model in studying neuronal activity and functional circuits (Bargmann et al., 1990; Kaplan, 1996; Bargmann, 2006; Dixit and Bhattacharya, 2021; Ferkey et al., 2021). To understand how sensory neurons respond differently to different odor concentrations, Cheng et al. analyzed four olfactory neurons AWA, AWB, AWC, and ASH. They found that while AWC shows no difference in response to different concentrations of isoamyl alcohol (IAA), the other three olfactory neurons display concentration-dependent responses, which uncovers the mechanisms underlying animal sensing different odor concentrations. Olfactory sensory neurons can adapt long-lasting or repetitive stimulation. Chen et al. found that adaptation to odor stimuli requires L-type voltage-gated calcium channel (L-VGCC) EGL-19 in Amsh glia in C. elegans, which highlights the important role of VGCC and glia in modulating sensory transduction. Ion channels are essential for depolarizing cell membrane and triggering behaviors. Yu et al. showed that A-type motoneurons display intrinsic rhythmic activity, which requires Na+ leak channels, VGCC and voltage-gated K+ channel (Kv4). Bhat et al. reviewed the important roles of neuropeptides in regulating neural activity and various behaviors. Those studies demonstrate that neuronal activity and therefore behaviors are regulated by external and internal factors.

In muscles, upon plasma membrane depolarization, L-VGCC undergoes conformation change and triggers calcium release by opening ryanodine receptors (RyR) and calcium channels on endoplasmic reticulum (ER). Muscle cell plasma membrane invaginates deep into the cell forming junctional membrane complex (JMC) with ER, which is critical for depolarization-induced calcium release. Piggott and Jin reviewed the key findings from both invertebrates and vertebrates about the role of the highly conserved junctophilins in JMC formation and function in muscles and the afterhyperpolarization (AHP) in neurons, which provided a comprehensive understanding of the function of junctophilins and JMC.

Calcium influx in pre-synaptic terminals promotes synaptic vesicle priming and fusion with the plasma membrane mediated by the SNARE complex (Bargmann, 1993; DiAntonio et al., 1993; Sollner et al., 1993; Littleton and Bellen, 1995; Sudhof and Rothman, 2009). During the process of SNARE complex, the Munc18-1/syntaxin-1 complex is disassembled. Gong et al. showed that opening syntaxin-1 linker is critical to initiate SNARE complex assembly, and the extension of Munc18-1 domain 3a regulated by Munc13 is required for synaptobrevin-2 and syntaxin-1 interaction and SNARE complex assembly. In addition to Munc18 and Munc13, there are a large cohort of SNARE regulatory proteins (SRPs) regulating SNARE assembly at the right time and right place. Sauvola and Littleton summarized the current models about how SRPs regulate SNARE assembly in the pre-synaptic sites to trigger neurotransmitter releases, particularly emphasizing the genetic findings from invertebrates such as C. elegans and Drosophila. The review provided a detail picture of regulation of pre-synaptic vesicle release.



Conclusion remarks

In summary, this Research Topic collected a series of research and review articles that are related to synaptic structure and function regulation, and advanced our knowledge on synapses and neural circuitry.
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Protein homeostasis serves as an important step in regulating diverse cellular processes underlying the function and development of the nervous system. In particular, the ubiquitination proteasome system (UPS), a universal pathway mediating protein degradation, contributes to the development of numerous synaptic structures, including the Drosophila olfactory-associative learning center mushroom body (MB), thereby affecting associated function. Here, we describe the function of a newly characterized Drosophila F-box protein CG5003, an adaptor for the RING-domain type E3 ligase (SCF complex), in MB development. Lacking CG5003 ubiquitously causes MB γ axon pruning defects and selective CG5003 expression in pan-neurons leads to both γ axon and α/β lobe abnormalities. Interestingly, change in CG5003 expression in MB neurons does not cause any abnormalities in axons, suggesting that CG5003 functions in cells extrinsic to MB to regulate its development. Mass spectrum analysis indicates that silencing CG5003 expression in all neurons affects expression levels of proteins in the cell and structural morphogenesis, transcription regulator activity, and catalytic activity. Our findings reinforce the importance of UPS and identify a new factor in regulating neuronal development as exemplified by the synaptic structure MB.

Keywords: F-box, axon pruning, mushroom body, Drosophila, synaptic structure


INTRODUCTION

Diverse behavior outputs rely on compartmentalized brain structures that function in a circuitry fashion. Drosophila mushroom body (MB) is the main olfactory-associative learning center in the adult brain and composed of three types of Kenyon cells (KCs) derived from four neuroblasts, each of them sequentially generates the γ,α′/β′, and α/β neurons (Ito et al., 1997; Lee et al., 1999; Noveen et al., 2000). By late larval stage (L3, 3rd instar), γ axons bifurcate into dorsal and medial lobes, both are completely pruned by 18 h after puparium formation (18 h APF), then re-projected to form the medial γ lobes in adults. α′/β′ neurons begin also in the larval stage to develop with axons projecting along a peduncle tract anteriorly, then bifurcates into dorsal α′ and medial β′ lobes. Likewise, MB α/β neurons then develop into dorsal α and medial β lobes at the beginning of puparium formation. These developmental and remodeling events make MB a great system to analyze intrinsic or extrinsic mechanisms regulating neuronal development.

The ubiquitination proteasome system (UPS) is a widely used mechanism to control protein turnover (Dikic, 2017; Pohl and Dikic, 2019). The UPS degradation machinery comprises a major enzymatic cascade that targets and covalently links the ubiquitin (Ub) chains to specific substrates. After the E1 activating enzyme utilizes ATP to form a high-energy thioester bond with Ub, the activated Ub is transferred to the E2 conjugating enzyme. The E3 ligase, either HECT or Cullin-based RING-type, recognizes specific substrates and catalyzes Ub-substrate conjugation from E2. Ultimately, the ubiquitinated substrates are sent for destruction by the 26S proteasome. The S phase kinase-associated protein 1 (SKP1)–cullin 1 (CUL1)–F-box protein (SCF) complex, a better-studied multi-subunit RING-type E3 ligase, provides the substrate specificity via the adaptor F-box protein (Ho et al., 2006, 2008). Substrates targeted for ubiquitination are often phosphorylated and interact with the substrate-binding domain of F-box protein (like WD repeats or leucine-rich repeats LRR).

Previous studies have shown that UPS regulates MB development (Watts et al., 2003; Zhu et al., 2005; Shin and DiAntonio, 2011; Wong et al., 2013; Meltzer et al., 2019). For instance, the E3 ligase Highwire is involved in MB axon guidance (Shin and DiAntonio, 2011), whereas Cul-1 and Cul-3 have been reported to regulate MB axon pruning and regrowth (Zhu et al., 2005; Wong et al., 2013), all in a cell-autonomous fashion. Here we report a newly characterized Drosophila F-box protein CG5003. CG5003 contains an F-box motif and interacts with Cul-1. Lack of CG5003 in the mutant background causes pruning defects of γ axons, indicating that CG5003 contributes to MB neuron remodeling. Also, selective CG5003 expression in pan-neurons, but not MB neurons, glia, nor DA neurons, causes both unpruned γ axons and thinned α/β lobes. Finally, mass spectrum analysis revealed possible CG5003 downstream effectors. These results suggest that CG5003 functions extrinsically to regulate MB development. Our findings identify a new factor in the UPS pathway that contributes to MB development.



MATERIALS AND METHODS


Fly Strains and Genetics

Flies were maintained on standard fly food at 25°C with 70% humidity. All fly crosses were carried out at 25°C with standard laboratory conditions unless noted otherwise. All strains were obtained from Bloomington Stock Center, the Vienna Drosophila RNAi Center (VDRC), or as gifts from colleagues. Fly microinjection was conducted by the Drosophila Core Facility, Institute of Biochemistry and Cell Biology, Chinese Academy of Sciences.



Immunohistochemistry and Western Blot Analysis

Whole-mount Drosophila adult brains were first dissected and fixed with 4% paraformaldehyde for 45 min. Samples were washed with PBT (PBS + 0.3% TX-100) three times and dissected further to remove additional debris in PBS solution. Clean and fixed brains were blocked in PBT solution with 5% Normal Donkey Serum (NDS) and subsequently probed with primary and secondary antibodies in solution with 5% NDS at 4°C overnight. Primary antibodies used in this study included: mouse anti-FasII-1D4 (1:50, DSHB) and mouse anti-Trio (1:50, DSHB), and anti-CG5003 (1:100). Secondary antibodies used from Jackson Lab included: rabbit anti-HRP-TRITC (1:500), donkey anti-mouse-Cy5 (1:200), donkey anti-rabbit Cy3 (1:200), and donkey anti-rabbit Cy5 (1:200).

For western blot analysis, fly tissue samples from adult heads were collected and lysed in lysis buffer. Protein extracts were then subjected to SDS-PAGE gel using antibodies against CG5003 and β-Actin.



Confocal Microscopy and Statistical Analysis

Images of brains at different developmental stages were acquired by merging a serial Z-stack of average 35–40 sections, each of 0.35–0.5 μm thickness, using the Nikon A1 confocal microscope with 40× or 60× objective. Depending on the desired regions, the whole brains were positioned so that they can be scanned anteriorly to posteriorly (top to bottom). Approximately 40 sections were scanned and merged for visualizing the anterior MB lobes. The acquired MBs labeled by GFP or antibodies such as α-FasII were analyzed and quantified for the lobe defects. Average 10–15 brains (20–30 α/β lobes) were analyzed. The exact N number for each genotype is indicated in all Figures. Data were shown mean ± SEM. P-values of significance (indicated with asterisks, *p < 0.05, **p < 0.01, ***p < 0.001) were calculated using one-way ANOVA with Bonferroni multiple comparison test among three groups or above. Prism and SPSS software were used to complete the statistical analysis.




RESULTS


CG5003 Mutant Exhibits MB γ Axon Pruning Defects

To investigate CG5003 function in MB development, we first verified if CG5003 is a component of the SCF complex. Co-IPpull-downs demonstrated that CG5003 interacts with Cul-1 (Figure 1A), suggesting that CG5003 is an adaptor protein for the SCF complex. Next, a p-element insertion fly line f02616 with the p-element inserted at the second exon of the gene region was examined (Flybase, Figure 1B). This line exhibits pupal lethality, indicating the possibility that CG5003 expression levels are affected by the insertion. An EMS screen was then conducted to isolate additional alleles of CG5003 for experimental purposes. Among all lines, line 9-1 was found pupal lethal, and trans-heterozygotes of 9-1 over f02616 (9-1/f02616) also caused pupal lethality. These results indicate that flies of line 9-1 fail to complement f02616 and might carry a point mutation in CG5003. To further support the notion, western blot analysis was done to examine CG5003 protein levels in these flies. Interestingly, CG5003 protein levels were drastically reduced in 9-1/f02616 mutant flies, indicating that these trans-heterozygotes are suitable for examining the consequence of lacking CG5003 (Figure 1C).


[image: image]

FIGURE 1. 9-1/f02616 is a CG5003 mutant fly line. (A) Representative western blot images for CG5003 and Cul-1 interaction. Note that endogenous CG5003 proteins are in the same eluates with Cul-1, as pulled down by the anti-CG5003 antibodies. (B) Schematic diagram on CG5003 gene region. Note that f02616 is a p-element insertion line located at the second exon. (C) Representative western blot images for analyzing CG5003 protein levels in the 9-1/f02616 mutants. Note a decrease in the CG5003 protein levels in the trans-heterozygotes. (D) Representative images of fly pupae with the indicated genotypes at 90 h after puparium formation (APF). Note that white-eye 9-1/f02616 mutant pupae exhibit head eversion normally in a similar time scale with the control.



Taking advantage of 9-1/f02616 mutant flies, we first examined the developmental progress of these mutants. The head eversion occurs normally in 9-1/f02616 mutant pupae, suggesting that flies lacking CG5003 develop in a similar time scale as the wild-type flies (Figure 1D). Next, MB morphologies of 9-1/f02616 mutants at 3rd instar larvae, 18 h After Puparium Formation (APF), and 24 h APF were analyzed using the anti-FasII antibodies, a marker that stains α/β lobes strongly and γ lobes weakly (Crittenden et al., 1998). By 18 h APF, the γ axons were completely pruned in the wild-type MB. Whereas no significant difference of FasII-positive γ lobes across different genotypes was observed at 0 h APF, vertical γ lobes were present and left unpruned in 9-1/f02616 mutants at 18 h APF and 24 h APF (arrows and dashed areas in Figure 2A). Statistical analysis indicated that a significantly higher portion of unpruned γ lobes was present in the 9-1/f02616 mutants (Figures 2C,D). Given that the head eversion occurs normally, it is likely that the overall animal development is normal until the lethal pupal stage. However, due to the presence of these unpruned γ lobes, we were not able to discern potential α/β lobes. Thus, we cannot rule out the possibility that a delay in MB development as shown by the possible absence of α/β lobes at this stage occurs. To demonstrate that CG5003 expression affects axon pruning, CG5003 is re-introduced into the mutant background by expressing CG5003 under the control of the pan-neuronal elav-Gal4 driver. Interestingly, pan-neuronal CG5003 expression partially rescued the mutant γ pruning defect (Figures 2B,E). Altogether, these results suggest that CG5003 is involved in MB γ axon pruning.
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FIGURE 2. CG5003 mutants exhibit mushroom body (MB) γ axon pruning defects. (A–E) Representative confocal images (A,B) and quantifications (C–E) of MB γ lobe formation of control and CG5003 mutant fly brains at different developmental stages: 0 h APF, 18 h APF, and 24 h APF. Note that FasII-positive γ lobes are left unpruned at 18 h APF and 24 h APF in CG5003 mutant MBs. elav driven CG5003 expression partially rescued the mutant pruning defects. White arrows and dashed lines encircle the area of unpruned γ lobes. White arrowheads indicate the vertical α lobes. The N number of brains dissected and quantified for each genotype is indicated in the figure. Scale bar: 50 μm.





Pan-Neuronal CG5003 Expression Causes MB γ Axon Pruning Defects

Based on the rescue results, we next examined whether pan-neuronal CG5003 expression alone causes any defects in γ axon pruning. Transgenic flies carrying the RNAi targeting CG5003 (CG5003-RNAi, VDRC#26679) or CG5003 were expressed using elav-Gal4. Efficiencies of these transgenes were validated by western blot analysis, revealing a corresponding reduction or increase in neuronal CG5003 protein levels (elav>CG5003-RNAi or CG5003, Figures 3A,B). These flies develop as the head eversion occurs normally (Figure 3C). As we examined the MB morphologies in 18 h APF, γ axons in a small portion of flies with pan-neuronal CG5003-RNAi expression were left unpruned, whereas the ones in flies with pan-neuronal CG5003 expression were largely uneliminated and distorted (Figures 3D,E). Manipulation of CG5003 expression using other Gal4 s, such as C739-Gal4 (expresses in α/β neurons, Supplementary Figures 1A,D), 201Y-Gal4 (expresses in γ neurons, Supplementary Figures 1B,E), or TH-Gal4 (expresses in dopaminergic DA neurons, Supplementary Figures 1C,F), did not cause significant γ axon pruning defects. These results indicate that CG5003 likely functions in cells other than MB or DA neurons to regulate MB γ axon pruning.
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FIGURE 3. Pan-neuronal CG5003 expression causes MB γ axon pruning defects. (A,B) Western blot analysis on the protein extracts collected from fly pupae with the indicated genotypes. Note that CG5003 protein levels increase or decrease when CG5003 or CG5003-RNAi are expressed, respectively. β-actin serves as an internal control. (C) Representative images of fly pupae with the indicated genotypes at 90 h APF. Note that red-eye elav>CG5003 or CG5003-RNAi pupae exhibit head eversion normally in a similar time scale with the control. (D,E) Representative confocal images (D) and quantifications (E) of MB γ lobe formation of control, CG5003, and CG5003-RNAi fly pupae at 18 h APF. Note that FasII-positive γ lobes are left unpruned in MBs expressing CG5003 or CG5003-RNAi. White arrows and dashed lines encircle the area of unpruned γ lobes. White arrowheads indicate the vertical α lobes. The N number of brains dissected and quantified for each genotype is indicated in the figure. Scale bar: 50 μm.





Pan-Neuronal CG5003 Expression Causes MB α/β Lobe Defects

In addition to γ axon pruning, we also investigated different stages of MB development such as α/β lobe formation in a later timeline. Interestingly, silencing CG5003 expression in all neurons or glia did not cause significant distortion in FasII-positive MB α/β and γ lobes of 3-day-old adult flies (Figures 4A,C,D). Neuronal overexpression of CG5003, however, causes significant thinnings of α/β lobes, indicating that too much neuronal CG5003 disturbs the proper development of MB α/β lobes (Figures 4A,C,D). On the other hand, MB α/β lobes remain normal upon either upregulating or downregulating CG5003 expression in glia, suggesting that glial CG5003 does not play a significant role in regulating MB α/β lobe integrity (Figures 4B,E,F). Taken together, these results indicate that pan-neuronal CG5003 expression regulates MB α/β lobe development in addition to γ axon pruning.
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FIGURE 4. Pan-neuronal CG5003 expression causes MB α/β lobe defects. (A–F) Representative confocal images (A,B) and quantifications (C–F) of MB α/β lobe formation of control and experimental fly brains at the adult stage. Note that FasII-positive α/β lobes are severely disrupted when CG5003 is expressed in all neurons. White arrows indicate the thinned α/β lobes. The N number of brains dissected and quantified for each genotype is indicated in the figure. Scale bar: 50 μm. ns, not significant; ****p < 0.000001.





Selective CG5003 Expression in Subtypes of MB Neurons Does Not Affect MB α/β Lobe Integrity

To further investigate whether CG5003 functions in a cell type-specific manner, transgenic CG5003-RNAi or CG5003 was expressed under the control of different MB Gal4s that target all or subsets of MB neurons. Interestingly, no significant distortion in MB α/β and γ lobes of 3-day-old adult flies was observed when expressing CG5003-RNAi or CG5003 using OK107-Gal4 or mb247-Gal4, suggesting that the defects caused by elav-Gal4 driven CG5003 expression do not depend on MB neurons (Figures 5A–C; Supplementary Figures 2A,C,D). Furthermore, expressing CG5003-RNAi or CG5003 using C739-Gal4, C305α-Gal4 (targeting α’/α’ neurons), 201Y-Gal4, or TH-Gal4 did not cause significant distortion of MB α/β, α’/β’, and γ lobes, indicating that CG5003 does not act intrinsically in MB or DA neurons (Figures 5D–O; Supplementary Figures 2B,E,F). Taken together, these results implicate that CG5003 likely functions in cells other than MB or DA neurons to regulate MB development.
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FIGURE 5. α/β lobes remain normal when altering CG5003 expression in all or subsets of MB neurons. (A–O) Representative confocal images (A–M) and quantifications (B,C,E,F, H,I, K,L, N,O) of MB α/β lobe formation of control and experimental fly brains at the adult stage. Note that FasII-positive α/β lobes remain intact when CG5003 or CG5003-RNAi is expressed in all MB (OK-107-Gal4), α/β (C739-Gal4), α’/β’ (C305 α-Gal4), γ (201Y-Gal4), or DA (TH-Gal4) neurons. The N number of brains dissected and quantified for each genotype is indicated in the figure. Scale bar: 50 μm. ns, not significant.





Mass Spectrum Analysis Reveals Possible CG5003 Downstream Effector Proteins

To gain insights into the mechanism of CG5003-mediated MB development, mass spectrum analysis was performed using samples from control and elav>CG5003-RNAi animals. A total of approximately 4,000 proteins that exhibit differential expression levels between two samples were identified and categorized following the protocol described previously (Li et al., 2013). Approximately 20 out of these proteins were identified with the highest values in the difference of expression levels were shown in Figure 6. Interestingly, several novel genes including uncharacterized CG genes were identified. Moreover, a greater number of proteins involved in catalytic and transcription regulatory activity and fewer number of proteins involved in the structural morphogenesis were found to be affected by downregulating CG5003 expression in all neurons. Vice versa, upregulated CG5003 levels affect mainly the protein expression in the structural morphogenesis levels. Taken together, these results provide insights on possible CG5003 downstream effectors regulating MB development.
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FIGURE 6. Mass spectrum analysis of CG5003 downstream effector proteins. (A,B) Representative proteins identified in mass spectrum analysis comparing samples from control and elav>CG5003-RNAi animals. The significance values are calculated based on protocols described previously (Li et al., 2013). Upregulated (A) and downregulated (B) proteins in different categories are shown. Protein annotations are indicated in each category.






DISCUSSION

UPS is commonly recognized as an important pathway regulating protein homeostasis using controlling protein degradation. Due to its prevalent roles, it is conceivable that UPS regulates the function and development of the nervous system. Our findings identify a new factor in the pathway, an adaptor F-box protein that regulates the development of MB. Lacking CG5003 in all tissues causes MB γ axon pruning defects, whereas overexpressing CG5003 in pan-neurons, but not MB nor DA neurons, leads to both γ axon pruning and α/β lobe thinning defects. These results demonstrate that CG5003 likely functions in cells other than MB or DA neurons in regulating MB development, further reinforcing the importance of UPS in neuronal development.

Previous studies have indicated that lacking the expression of the ubiquitin-activating enzyme (E1) or proteasome subunits in MB block γ axon pruning, suggesting that UPS is required for this process (Watts et al., 2003). It has also been shown that the E3 ligase Highwire regulates axon guidance of α/β neurons in a non-cell-autonomous fashion (Shin and DiAntonio, 2011). These findings all indicate an important requirement for UPS in the MB development. Interestingly, by analyzing the endogenous CG5003 expression using a CG5003 promoter-driven GFP fly line, it was found predominantly expressed in neuronal nuclei near the MB calyces, with some MB cell bodies expressing CG5003 within the calyces (Supplementary Figure 3). This expression pattern implicates that: first, CG5003 might function non-cell-autonomously in regulating MB development as its expression is predominantly seen outside of the MB calyces; second, a nuclear expression of CG5003 might help explain its control over various transcription factor activity, potential CG5003 downstream effectors as revealed by the mass spectrum analysis.

Our findings identify a new F-box protein CG5003 that regulates MB development in two aspects: axon pruning and axon integrity. These regulations are likely from other extrinsic neurons to MB neurons. Intriguingly, the lack of CG5003 causes similar pruning defects as pan-neuronal CG5003 expression. It is possible that the induced CG5003 expression results in an artificially higher level of CG5003 that causes a dominant-negative effect on pruning. Furthermore, the unpruned γ lobes were not detected in the adult stage, suggesting that other complementary mechanisms exist later in the MB development timeline to ensure pruning occurs and developmental events progress properly.

Since the change in CG5003 expression affects both axon pruning and axon integrity, it is likely that CG5003 regulates a master step upstream of MB axon development, for instance, MB neuron differentiation. By identifying possible downstream substrates of CG5003 using mass spectrum analysis, the detailed mechanism of how UPS regulates MB development will be unraveled. Some of these identified proteins may be expressed in MB and regulated by CG5003. Future work will be required to investigate this unique aspect of UPS-mediated neuronal development.
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Neurexins are presynaptic cell-adhesion molecules essential for synaptic function that are expressed in thousands of alternatively spliced isoforms. Recent studies suggested that alternative splicing at splice site 4 (SS4) of Nrxn1 is tightly regulated by an activity-dependent mechanism. Given that Nrxn1 alternative splicing at SS4 controls NMDA-receptor-mediated synaptic responses, activity-dependent SS4 alternative splicing would suggest a new synaptic plasticity mechanism. However, conflicting results confound the assessment of neurexin alternative splicing, prompting us to re-evaluate this issue. We find that in cortical cultures, membrane depolarization by elevated extracellular K+-concentrations produced an apparent shift in Nrxn1-SS4 alternative splicing by inducing neuronal but not astroglial cell death, resulting in persistent astroglial Nrxn1-SS4+ expression and decreased neuronal Nrxn1-SS4– expression. in vivo, systemic kainate-induced activation of neurons in the hippocampus produced no changes in Nrxn1-SS4 alternative splicing. Moreover, focal kainate injections into the mouse cerebellum induced small changes in Nrxn1-SS4 alternative splicing that, however, were associated with large decreases in Nrxn1 expression and widespread DNA damage. Our results suggest that although Nrxn1-SS4 alternative splicing may represent a mechanism of activity-dependent synaptic plasticity, common procedures for testing this hypothesis are prone to artifacts, and more sophisticated approaches will be necessary to test this important question.

Keywords: neurexins, alternative splicing, cFos, cell dealth, depolarization, kainate, cerebellum, hippocampus


INTRODUCTION

Neurexins are presynaptic cell-adhesion molecules that play crucial role in defining synapse properties through differential interactions with multifarious extra- and intra-cellular ligands. Genetic perturbation of neurexins and their ligands are implicated in multiple neuropsychiatric disorders (Sudhof, 2017; Kasem et al., 2018; Gomez et al., 2021). Neurexin genes (Nrxn1, Nrxn2, and Nrxn3 in mice) use alternative promotors to transcribe distinct isoforms (α, β, γ), whose mRNAs are subject to extensive alternative splicing in patterns that are specific to neuronal cell types (Treutlein et al., 2014; Fuccillo et al., 2015; Furlanis et al., 2019; Lukacsovich et al., 2019). Six canonical sites of alternative splicing (SS1–SS6) are known, of which SS1, SS2, SS3, and SS6 are specific to α-neurexins, whereas SS4 and SS5 exist in both α- and β-neurexins (Ullrich et al., 1995).

Among the sites of neurexin alternative splicing, SS4 has been most intensely studied. The two alternatively spliced SS4 variants either contain (SS4+) or lack a 90 bp sequences that is encoded by the alternatively spliced SS4 exon (Tabuchi and Sudhof, 2002). SS4– neurexins bind to LRRTMs (Sugita et al., 2001; Ko et al., 2009; Siddiqui et al., 2010; Boucard et al., 2012), whereas SS4+ neurexins bind to cerebellins (Uemura et al., 2010; Matsuda and Yuzaki, 2011). Both SS4+ and SS4– neurexins bind to neuroligins, albeit with differential affinities (Boucard et al., 2005; Chih et al., 2006; Comoletti et al., 2006). In hippocampal synapses, presynaptic Nrxn1 and Nrxn3 SS4 splice variants control, respectively, the postsynaptic NMDA- and AMPA-receptor content by a trans-synaptic mechanism (Aoto et al., 2013; Dai et al., 2019). Thus, at least for some synapses, neurexin SS4 alternative splicing is of central importance in controlling synapse properties.

Several studies reported that alternative splicing of neurexins is activity-dependent (Gorecki et al., 1999; Rozic-Kotliroff and Zisapel, 2007; Iijima et al., 2011; Rozic et al., 2011; Ding et al., 2017). Gorecki et al., were the first to investigate the regulation of neurexin alternative splicing using kainic acid (KA) and pentylenetetrazole (PTZ) stimulation, but concluded that alternative splicing of Nrxn2 at SS1–SS4 was not activity-dependent (Gorecki et al., 1999). Subsequently, Rozic-Kotliroff and Zisapel (2007) and Rozic et al. (2011) showed that Nrxn2 and Nrxn3 alternative splicing at SS3 is modulated by neuronal depolarization induced by high KCl (50 mM). Rozic et al. (2011) also showed that altnernative splicing of all three neurexins at SS4 is modulated in the rat hippocampus by fear conditioning (Rozic-Kotliroff and Zisapel, 2007; Rozic et al., 2011). Furthermore, Iijima et al. (2011) used mild KCl depolarization (25 mM), KA (50 μM), or electrical field stimulation in cultured mouse cerebellar granular cells to demonstrate an increase in Nrxn1 and Nrxn2 SS4– mRNA as a function of activity, whereas Nrxn3 mRNA was unaffected. Iijima et al. (2011) also found a significant increase in Nrxn1-SS4– mRNA abundance when a cerebral hemisphere was exposed to KA through focal injection. In a more extensive recent study, finally, Ding et al. (2017) showed that neuronal activity induces histone modifications that in turn regulate Nrxn1 SS4 alternative splicing. In this astonishing study using KCl-induced depolarization, optogenetic stimulation, and fear conditioning, Ding et al. (2017) uncovered robust changes in Nrxn1 SS4 alternative splicing in mice by various forms of neuronal activity, and confirmed these changes using RNA-seq experiments.

Altogether, especially the more recent papers paint a compelling picture of activity-dependent regulation of neurexin alternative splicing at SS4, the only site of neurexin alternative splicing that has been shown to be physiologically relevant. These results are of great potential significance because they suggest a novel mechanism of synaptic plasticity. However, the various papers report quite variable results and use diverse treatment conditions. Moreover, KCl and KA treatment are known to be neurotoxic (Sun et al., 1992; Cheng and Sun, 1994; Pollard et al., 1994; Kasof et al., 1995; Simonian et al., 1996; Cheung et al., 1998; Takahashi et al., 1999; Gluck et al., 2000; Milatovic et al., 2002; Le Duigou et al., 2005; Wang et al., 2005; Rienecker et al., 2020), thus raising the questions of validity. To address these issues, we here re-evaluated the activity-mediated regulation of Nrxn1 SS4 alternative splicing using simple in vitro and in vivo paradigms that replicate those employed by Iijima et al. (2011) and Ding et al. (2017), and we extended these experiments to Nrxn2 and Nrxn3 SS4 splice forms. Our data suggest that most, if not all, apparent activity-dependent alternative splicing of Nrxn1 at SS4 induced by high KCl or by KA is produced by the loss of Nrxn1 from neurons that are damaged by the unphysiological KCl or KA stimulation. Since astrocytic Nrxn1-SS4+ remains when neuronal Nrxn1-SS4– is lost, the neuronal cell death creates an apparent shift in Nrxn1 SS4 alternative splicing, thus eliciting the impression of regulated alternative splicing. Although our data do not exclude the possibility of activity-dependent Nrxn1 alternative splicing under other conditions, they suggest that previous reports of such events may have been confounded by the neurotoxic effects of the stimulation paradigms that were employed.



METHODS


Mice

All animal experiments performed in this study were conducted in accordance with protocols approved by the Administrative Panel on Laboratory Animal Care at Stanford University. Wild type mice used in this study were outbred CD-1 or C57BL/6J [Crl: CD1(ICR) and C57BL/6J mice obtained from Charles River]. Baf53b-Cre [also known as Actl6b-Cre; Tg(Actl6b-Cre)4092Jiwu/J; Stock No: 027826], and RiboTag [B6J.129(Cg)-Rpl22tm1.1Psam/SjJ, Stock No: 029977] mice were obtained from the Jackson Laboratory. Female homozygous Baf53b-Cre mice were used to breed with RiboTag males in order to avoid male germline recombination of RiboTag allele. Genotyping was performed using primers prescribed by the animal supplier.



Primary Cortical Neuronal Culture and Depolarization Experiments

Primary cortical culture from mouse embryos and KCl-mediated depolarization experiment were performed as described in Ding et al. (2017). Briefly, E16.5 embryos were harvested from WT C57B/L6J or CD-1 mice. Cortices were digested using 0.125% trypsin (Thermo Fisher, 15090046) with 0.05% DNase 1 (DN25, Sigma). Dissociated cells were plated on coverslips pre-coated with poly-d-lysine (Sigma, P7280) and laminin (Sigma, 11243217001) in the presence of neuronal platting medium [consist of neurobasal medium (Thermo Fisher), 10% fetal bovine serum (FBS), 1% Glutamax (Thermo Fisher, 35050-061), and penicillin/streptomycin (Thermo Fisher, 15070-63)]. After 3 h of incubation, platting medium was completely removed and cells were supplied with neuronal growth medium [consist of neurobasal medium supplemented with B27 (Thermo Fisher, 17504044), 1% Glutamax, and penicillin/streptomycin]. Media was changed every 3 days by removing 50% old media and replaced with fresh warm new media. Cells were maintained for up to 14 days. For Ara-C treatments, 2 μM cytosine arabinoside (Ara-C) was added to the cells when media was changed.

For KCl-mediated depolarization, the final depolarization buffer consisted 31% depolarization buffer (170 mM KCl, 2 mM CaCl2, 1 mM MgCl2, 10 mM HEPES), 50% old neuronal conditioned medium and 19% fresh neuronal medium. For 10 to 50 mM KCl treatment experiments, KCl concentration in the depolarization buffer was adjusted accordingly. DIV11 neuronal cultures were treated with the final depolarization solution or NaCl buffer (170 mM NaCl, 2 mM CaCl2, 1 mM MgCl2, 10 mM HEPES) for 10 min and washed and replaced with old neuronal medium. The culture plate was kept in an incubator and samples were collected at various time points. For chronic KCl exposure, depolarization buffer was left continuously until the samples were collected at different time points.



Pure Cortical Glial Culture

Embryos at E16.5 day from WT CD-1 mice used for culturing pure cortical glial cells. Cortical cells were subjected to harsh trituation to ensure low number of viable neurons (McCarthy and De Vellis, 1980). Cells were plated with Dulbecco's Modified Eagle Medium (DMEM) with 10% FBS. Media was changed after 24 h. At day 5, when glial cultures were ~80% confluency, they further purified by trypsnizing with 0.05% trypsin for 5 min, centrifugation for 5 min at 1,200 RPM, re-suspending and plating. This is considered passage 1 where residual neuronal cells were eliminated. On day 10, the cells were subjected to passage 2 and collected at day 14 for subsequent analysis.



Systemic and Stereotactic Administration of Kainic Acid

For systemic administration of KA, P30-45 WT CD-1 or Baf53b x RiboTag mice were used. 20 mg/kg of Kainic Acid (KA) monohydrate (Sigma, K0250) dissolved in PBS was delivered via intraperitoneal injection. Mice were monitored for seizures throughout the time course. Mice were euthanized using isoflourane and decapitated to harvest the brain at indicated time points. For IHC, brain were embedded in Optimal Cutting Temperature (OCT) solution on dry ice and stored in −80°C until further usage. For RNA extraction and immunoprecipitation of RiboTag-mRNA Cortex and hippocampus were dissected out and snap-frozen in liquid nitrogen and stored in −80°C until processing.

Focal administration of KA using sterotactic surgery was performed as described previously (Iijima et al., 2011). Briefly, for anesthetizing WT CD-1 mice (P30–P60), the stock solution of tribromoethanol was made by dissolving 5 g into 5 mL T-amyl alcohol. The working solution was made by diluting to 80-folds into PBS. 0.2 ml working solution per 10 g body weight of mouse was used for anesthesia before mounting the mouse in the stereotax surgery station. A glass micropipette attached to a 10-μL Hamilton syringe was used to deliver KA solution into one hemisphere of the cerebral cortex via a hole made in the occipital bone. Two microliters of 50 μM KA in PBS containing bromphenol blue dye (0.5 mg/ml) was delivered at the rate of 0.4 μl/min. After recovery, mice were monitored for seizures and brain was dissected at indicated time points for RT-PCR, RNA-ISH, and TUNEL assays.



RNA Extraction

RNA was extracted using Trizol reagent (Thermo Fisher, 15596026) following the manufacturer instructions.



Semi-quantitative RT-PCR

RNA was quantified using NanoDrop 1000 Spectrophotometer (Thermo Scientific) and equal quantities (total 800–1,000 ng) of RNA was used to synthesize cDNA using PrimeScript High Fidelity RT-PCR Kit (Clonetech, R022A). cDNA was then PCR amplified using following primer pairs.

Nrxn1-SS4-For and Rev (5′-CTGGCCAGTTATCGAACGCT-3′; 5′-GCGATGTTGGCATCGTTCTC-3′), Nrxn2-SS4-For and Rev (5′-CAACGAGAGGTACCCGGC-3′; 5′-TACTAGCCGTAGGTGGCCTT-3′), Nrxn3-SS4-For and Rev (5′-ACACTTCAGGTGGACAACTG-3′; 5′-AGTTGACCTTGGAAGAGACG-3′), Casp3-For and Rev (5′-CTGACTGGAAAGCCGAAACTC-3′; 5′-CGACCCGTCCTTTGAATTTCT-3′), Casp9-For and Rev (5′-TCAGGGGACATGCAGATATGG-3′; 5′-TTGGCAGTCAGGTCGTTCTTC-3′), Cycs-For and Rev (5′-CCAAATCTCCACGGTCTGTTC-3′; 5′-ATCAGGGTATCCTCTCCCCAG-3′), Camk2a-For and Rev (5′-TGGGGACTTGAAAATCTGTGAC-3′; 5′-CACGGGTCTCTTCGGACTG-3′), Syp-For and Rev (5′-AGACATGGACGTGGTGAATCA-3′; 5′-ACTCTCCGTCTTGTTGGCAC-3′), Syn1-For and Rev (5′-CCAATCTGCCGAATGGGTACA-3′; 5′-GCGTTAGACAGCGACGAGAA-3′), Actb-For and Rev (5′-TTGTTACCAACTGGGACGACA-3′; 5′-TCGAAGTCTAGAGCAACATAGC-3′), Arc-For and Rev (5′-AAGTGCCGAGCTGAGATGC-3′; 5′-ACTTCTTCCAGCGCTGTGAG-3′), cFos-For and Rev (5′-CGGGTTTCAACGCCGACTA-3′; 5′-TTGGCACTAGAGACGGACAGA-3′).

PCR amplicons were separated on agrose gel with GelRed gel dye (Biotium) and imaged using the ChemiDoc Gel Imaging station (Bio-Rad). Band intensities were quantified using Image Lab (Bio-Rad) software. To negate the intensity differences that may arise from increased dye incorporation with amplicon size, the band intensity values were normalized to the size of amplicons when the splicing ratio was calculated. Relative expression levels of neurexins in RT-PCR was calculated by combining the intensity of SS4+ and SS4– bands and normalized to Actb.



Quantitative RT-PCR

For qRT-PCR, equal concentration of RNA was combined with TaqMan Fast Virus 1-Step Master Mix (Life Technologies) and PrimeTime qPCR Probe Assays (Integrated DNA Technologies). The reactions were performed using the QuantStudio 3 Real Time-PCR System (Applied Biosystems). Following probe sets were used; NeuN or Rbfox3 (Mm.PT.58.11398454), vGlut1 (Mm.PT.58.12116555) Aqp4 (Mm.PT.58.9080805), Mbp (Mm.PT.58.28532164), P2ry12 (Mm.PT.58.43542033), Syn1 (Mm.PT.58.32922616), Syp (Mm.PT.58.29275406), Camk2a (Mm.PT.58.8246010), Tubb3 (Mm.PT.58.32393592), Actb (Mm.PT.51.14022423).



Single Molecule RNA Fluorescent in-situ Hybridization (smRNA-FISH)

Focal KA-injected mice were euthanized with isoflurane and decapitated. Brains were quickly removed and embedded in OCT solution on dry ice. Brain tissue was sectioned at 12-μm thickness using a Leica cryostat (CM3050-S) and mounted directly onto Superfrost Plus histological slides and stored at −80°C until further use. Single-molecule RNA-FISH for Nrxn1, Nrxn2, Nrxn3, and Fos mRNA (Advanced Cell Diagnostics, probe cat# 461511-C3, 533531-C2, 505431, and 316921) was performed using the multiplex RNAscope platform (Advanced Cell Diagnostics, 323100) according to the manufacturer instructions for fresh-frozen sections. Samples were mounted using Prolong Gold antifade mounting medium (ThermoFisher, Cat# P36930).



Immunohistochemistry (IHC)

Mouse brain section and slide were prepared as described in above section. After removing slides from −80°C, tissue were let thaw at RT for 5 min. Tissue were then fixed using ice cold 4% PFA for 30 min at RT. Tissue were washed three times with PBS and incubated with blocking solution (5% normal goat serum and 0.3% TritonX-100 in PBS) for 1 h at RT. Tissue sections were then incubated with primary antibodies diluted in blocking solution overnight at 4°C. Next day, sections were washed three times with PBS and incubated with secondary antibodies (Alexa Fluor conjugated, 1:1,000) diluted in blocking solution for 2 h at RT. Sections were washed three times with PBS and once with water. After drying, sections were mounted using DAPI Fluormount-G (Southern Biotech). Rabbit anti-cFos polyclonal antibody (Millipore, PC05; 1:500) was used in IHC sections.



Immunocytochemistry (ICC)

For immunocytochemistry, cells were gently washed with warm PBS and fixed for 10 min at RT with 4% PFA in PBS. Following fixation, cells were washed three times with PBS and permeabilized and blocked for 1 h at RT using 0.3% Triton-X 100 and 5% normal goat serum diluted in PBS (blocking solution). Following this step, cells were incubated with primary antibodies diluted in the blocking solution for overnight shacking at 4°C. Next day, cells were washed three times with PBS and then incubated with secondary antibodies (Alexa Fluor conjugated, 1:1,000) diluted in blocking solution for 1 h at RT. Cells were then washed three times with PBS and the coverslips were mounted on glass microscope slides with DAPI-Fluoromount-G mounting solution (Southern Biotech). Following antibodies and dilutions were used; chicken anti-MAP2 (EnCor Biotechnology, CPCA-MAP2; 1:1,000) and mouse anti-GFAP antibody (Neuromab, 75–240; 1:1,000).



TUNEL Assay

Tissue sections (10–16 micron thickness) from focal KA-injected brain were used for TUNEL assay. Click-iT Plus TUNEL Assay for in situ Apoptosis Detection with Alexa Fluor 488 dye (Thermo Fisher, C10617) kit was used following the manufacturer instruction.



Immunoprecipitation of RiboTag-mRNA

Immunoprecipitation of polyribosome-bound (RiboTag) mRNA was carried out as described previously (Sanz et al., 2009) with minor modifications. Frozen hippocampus or cortex samples were thawed in fresh homogenization buffer at 10% weight/volume and ground using Dounce homogenizer. Homogenates were then purified by centrifugation and 10% of the supernatant was used as input. The remaining supernatant lysate was incubated with pre-washed anti-HA magnetic beads (Thermo) in a rotating mixer overnight at 4°C. The beads were washed three times with a high-salt buffer and mRNA was eluted with RLT lysis buffer (Qiagen) containing 2-mercaptoethanol. RNA was extracted from input and IP samples using RNeasy Micro kit (Qiagen) and the concentration was measured using NanoDrop spectrophotometer and stored at −80°C until further qPCR and RT-PCR analysis.



Image Acquisition

RNA-ISH, IHC, ICC, and TUNEL samples were imaged using VS120 automated slide scanner (Olympus). For ICC of neuronal-astroglial co-cultures, whole coverslips were imaged and the mean fluorescence intensity (MFI) was calculated using Image J software.



RNA-Seq and Differential Splicing Analysis

Publicly available RNA-seq datasets were downloaded from Gene Expression Omnibus (GEO) repository for analysis. Datasets from Ding et al. (2017) were (GEO accession number and sample details): GSM2460426 (Control_rep1_RNA-seq), GSM2460428 (Control_rep2_RNA-seq), GSM2460427 (KCl_rep1_RNA-seq), GSM2460429 (KCl_rep2_RNA-seq). Datasets from (Quesnel-Vallieres et al., 2016) were: GSM2395151 (Untreated neurons replicate 1) GSM2395152 (Untreated neurons replicate 2) GSM2395155 (3 h KCl treatment replicate 1), GSM2395156 (3 h KCl treatment replicate 2). Datasets from Ataman et al. (2016) were: GSM2278965 (Mouse rep 1 cortical neurons 0 h post-KCl stim), GSM2278968 (Mouse rep 2 cortical neurons 0 h post-KCl stim), GSM2278967 (Mouse rep 1 cortical neurons 6 h post-KCl stim), GSM2278970 (Mouse rep 2 cortical neurons 6 h post-KCl stim).

RNA-seq data analysis, gene set enrichment analysis (GSEA) and differential splicing analysis were analyzed by workflows on Basepair software (https://www.basepairtech.com/) with a pipeline that consisted following steps: (a) Alignment of reads to the transcriptome derived from UCSC genome assembly using STAR with default parameters (Dobin et al., 2013). (b) Measuring of read counts for each transcript was performed using feature counts (Liao et al., 2014). (c) Differential gene expression (DE) was determined using DESeq2 pipeline (Love et al., 2014). For pathway analysis, cut off parameters of read count >10, p < 0.05 and p-adjusted (FDR, corrected for multiple hypotheses testing) <0.1 were used. Differential splicing analysis was performed using LeafCutter tool by incorporating parameters described in Li et al. (2018).




RESULTS


High KCl Depolarization Induces Neuronal Cell Death, Obscuring Neurexin SS4-Alternative Splicing Patterns

To quantify the depolarization-induced neurexin SS4 splicing ratio, we exposed cortical cultures derived from E16.5 mouse embryos to 10, 20, 30, 40, and 50 mM KCl or NaCl at DIV11 (days in-vitro) for 10 min (Ding et al., 2017). We analyzed the cells by RT-PCR after 6 h and by immunocytochemistry after 24 h (Figure 1A). Semi-quantitative RT-PCR of Nrxn1 SS4 splicing revealed a significant change in the Nrxn1-SS4 splicing ratio (defined as Nrxn1-SS4+/Nrxn1-SS4–), with an increasing preponderance of the SS4+ form associated with increasing KCl concentrations (Figures 1B,C). These data confirm previous results (Ding et al., 2017). Total expression of Nrxn1 and other key synaptic genes (Syn1, Syp, and CamK2a), however, decreased with increasing KCl concentrations, with the suppression of most synaptic gene expression becoming significant at higher KCl concentrations (Figure 1D). Importantly, KCl concentrations above 20 mM also produced a marked increase in the cell death marker Cycs (Boehning et al., 2003), whereas the levels of Casp3 and Casp9 did not change (Figures 1B,D). Addition of NaCl at equivalent concentrations had no effect on any of these parameters.
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FIGURE 1. High KCl exposure in cultured cortical neurons leads to reduction in synaptic gene expression and obscures Nrxn1 SS4+/– ratio. (A) Experimental paradigm where DIV11 cortical neurons isolated from E16.5 mouse embryos were treated with 10–50 mM NaCl or KCl for 10 min and harvested at 6 and 24 h for RT-PCR and ICC analysis, respectively. (B) RT-PCR shows Nrxn1-SS4 alternative splicing and expression of genes encoding key synaptic proteins and cell death markers in untreated and cultures treated with 10–50 mM NaCl or KCl. (C) Quantification of Nrxn1 SS4 splicing ratio showing significant difference with increasing KCl concentration compared to NaCl (* = p 0.0055, # = p < 0.0001). (D) Relative expression levels of total Nrxn1, synaptic markers Syn1, Syp, and Camk2a (note the significant downregulation upon different KCl concentrations), cell death markers Cycs, Casp3, and Casp9 (note the significant upregulation of Cycs upon different KCl concentrations) [Syn1: * = p 0.0457, ** = p 0.0015; Camk2a: # p < 0.0001; Syp: * = P 0.0151, ** = p 0.0042, $ = p 0.0011]; Cys: $ = p 0.0010 (30 mM), p 0.0001 (40 mM) p 0.0006 (50 mM). (E) Experimental paradigm where DIV11 cortical neurons isolated from E16.5 mouse embryos were treated with 50 mM NaCl or KCl for 10 min and harvested at indicated time points for RT-PCR and ICC analysis. (F) RT-PCR analysis shows Nrxn1 and Nrxn3 SS4 alternative splicing and expression of cFos and cell death markers Casp3 and Casp9. (G) Quantification of Nrxn1 and Nrxn3 SS4 ratios show significant difference in Nrxn1 SS4 ratio with time duration after KCl treatment compared to NaCl (# = p < 0.0001). (H) Quantification of relative expression levels of total Nrxn1 and Nrxn3 show increased levels between 0.5 and 24 h (* = p 0.0101, ** = p 0.0059) and cFos levels show significant induction at 0.5 h and decrease to basal levels at 6 h and increase again at 24 and 48 h. Cell death markers Casp3 is upregulated ta 24 and 48 h whereas Casp9 is downregulated initially at 0.5 and 6 h and upregulated at 24 and 48 h. (cFos: # = p < 0.0001, $ = 0.0003; Casp3: # = p < 0.0001; Casp9: *p = 0.0434, **p = 0.0017). All numerical data are represented as means ± SEM. Statistical significance was calculated by two-way ANOVA using Tukey's multiple comparison test.


These results suggest that elevated KCl causes both a change in Nrxn1-SS4 alternative splicing and a possible induction of cell death. To validate these results, we treated the cortical cultures with 50 mM KCl (55 mM final concentration) for 10 min, and harvested mRNAs from the cells at various times between 30 min to 48 h after the treatment (Figure 1E) (Ding et al., 2017). RT-PCR confirmed that K+-depolarization induced a significant shift in the Nrxn1-SS4 splicing ratio after 6 h, whereas the equivalent Nrxn3-SS4 splicing ratio was not changed (Figures 1F,G). In parallel with this shift, however, the Nrxn1 and Nrxn3 total mRNA levels exhibited a decrease (Figure 1H). In the same samples, we also measured the mRNA levels of cFos and of Casp3 and Casp9 (Figure 1H). cFos mRNA levels increased transiently at 30 min, and then decreased again to control levels at 6 h as expected. Unexpectedly, however, cFos levels thereafter increased again to high levels at the 24 and 48 h time points (Figure 1H). The second, but not the initial, cFos expression increase was associated with an equivalent large increase in Casp3 and Casp9 expression (Figure 1H). We did not observe such an increase in the experiments of Figure 1D because in that experiment we only examined the 6 h time point (Figure 1H). We next measured the level of neurexin SS4 splicing in neurons that were chronically exposed to 50 mM KCl, and collected RNA at 0.5, 1.0, and 1.5 h time points (Supplementary Figure 1A). We found no significant difference in the SS4 ratio or total neurexin levels (Supplementary Figures 1B–D). Viewed together, these experiments suggest that the K+-depolarization induced a biphasic response in cortical cultures: An initial phase of immediate-early gene expression (e.g., cFos) that is not accompanied by a change in Nrxn1-SS4 alternative splicing or increase in cell death, and a later phase of cell death that also features increased cFos expression and produces an apparent change in Nrxn1-SS4 alternative splicing.

To test this conclusion, we treated cortical cultures for 10 min with increasing concentrations of KCl and analyzed them by immunocytochemistry for the dendritic marker MAP2 and the astrocyte marker GFAP. Transient exposures (10 min) of cortical cultures to 30–50 mM KCl decreased MAP2 staining (~40–75% decline), but had no significant effect on GFAP levels (Figures 2A–C). The K+-depolarization strikingly altered the neuronal cell morphology, with a degeneration of dendrites and swelling of cell bodies (Figure 2A). We then treated cortical cultures with 50 mM KCl for 10 min, and measured the MAP2 and GFAP signals at 30 min to 48 h afterwards as described in Figure 1E. K+-depolarization caused a large decrease (~50%) in MAP2 staining after 6 h that persisted for the remaining time of the experiment. Although we also observed a lesser gradual decrease in the GFAP signal after K+-depolarization (~20% after 6 h), this change was not significant. Again, neurons exhibited large morphological changes, with fragmented dendrites lacking MAP2 in chronic KCl exposure, apparent from the 0.5 h timepoint onwards (Supplementary Figures 1E–G). In all experiments, we used treatments of cortical cultures with NaCl at equivalent concentrations as a negative control, confirming specificity and ruling out osmotic artifacts (Figure 2). Viewed together, these data indicate that the K+-depolarization both causes neuronal cell death and induces a shift in Nrxn1-SS4 alternative splicing, suggesting a causal relationship. Thus, we set out to explore the neuronal cell death might create the impression of a shift in neurexin SS4 alternative splicing.
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FIGURE 2. High KCl exposure in cultured cortical neurons leads to reduction in MAP2 protein expression marked by dendritic breakage followed by neuronal death. (A) Representative microscopic images of NaCl and KCl treated neurons at different concentrations show remarkable reduction in MAP2 levels from 30 mM KCl and almost no signal at 50 mM. Arrows indicate dendritic breakage. GFAP levels remains the stable across all concentration of KCl and NaCl. Untreated cells shown for comparison. (B,C) Quantification of mean fluorescence intensity (MFI) of MAP2 and GFAP immunofluorescence show gradual and significant reduction in MAP2 levels from 30 to 50 mM to KCl compared to NaCl treated cells. (* = p 0.0225, ** = p 0.0016, $ = p 0.0004) (B). GFAP levels show no significant difference across various NaCl and KCl concentrations (C). (D) Representative microscopic images of 50 mM NaCl and KCl treated neurons collected at different time points show notable staining pattern and reduction in MAP2 levels from as early as 0 h and almost no signal at 48 h. White arrows indicate dendritic breakage and purple arrow indicate mislocalization of MAP2 signals in the cell body. (E,F) MFI quantifications show significant reduction in MAP2 immunofluorescence from 6 to 48 h in KCl treated cultures compared to NaCl and no major difference in GFAP levels in same samples (# = p < 0.0001, $ = p 0.0001). All numerical data are represented as means ± SEM. Statistical significance was calculated by two-way ANOVA using Dunnett's multiple comparison test. Scale bars 100 μm.




Distinct Alternative Splicing in Neurons and Astrocytes Accounts for the Apparent Activity-Dependence of Nrxn1-SS4 Alternative Splicing

Astrocytes express high levels of Nrxn1 similar to neurons, but astrocytic Nrxn1 is primarily present as Nrxn1-SS4+ whereas neuronal Nrxn1 is a mixture of Nrxn1-SS4+ and Nrxn1-SS4– (Trotter et al., 2020). Examination of the Alternative Splicing and Gene Expression Summaries of Public RNAseq Data [ASCOT; http://ascot.cs.jhu.edu/ (Ling et al., 2020)] showed that Nrxn1-SS4 is differentially spliced between neurons and astroglial cells. Specifically, the percentage Nrxn1-SS4+ in most GABAergic neurons ranged from 75 to 100% and in most glutamatergic neurons ranged from 0 to 50%, whereas Gja+ astrocytes, Pdgfra+ oligodendrocyte precursor cells (OPC), and Rlk+ oligodendrocytes exhibited almost 100% Nrxn1-SS4+ expression (Figure 3A). We confirmed these data by culturing pure glia from E16.5 embryos over two passages to exclude neurons. Glial cell expressed almost exclusively Nrxn1-, Nrxn2-, and Nrx3-SS4+ splice forms in both passages, whereas total Nrxn1, Nrxn2, and Nrxn3 levels in glial cells declined in the 2nd passage (Figures 3B–D). Thus, the apparent shift in Nrxn1-SS4 alternative splicing induced by K+-depolarization could be a result of the survival of astrocytes expressing Nrxn1-SS4+, whereas neurons expressing Nrxn1-SS4– die.
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FIGURE 3. Neuronal and astroglial cells have differential Nrxn SS4 splice pattern. (A) ASCOT single cell RNA-seq data (http://ascot.cs.jhu.edu/) from V1 cortex show differential PSI of Nrxn1 SS4 in inhibitory, excitatory neurons, and astroglial cell populations. PSI, Percent Spliced in. Un - undetected. (B) RT-PCR shows Nrxn SS4 splice pattern in cells from pure glial culture. Three replicates from two passages shown. (C) Quantification of Nrxn SS4 percent spliced in show almost 100% of Nrxn1 and Nrxn3 SS4 spliced-in in glial cells. (D) Relative expression levels of all Nrxns in pure glial cells from passage 1 and 2 (# = p < 0.0001, ** = p 0.0026). (E) Experimental paradigm. Cultured cortical neurons isolated from E16.5 mouse embryos were treated with Ara-C from indicated DIV. At DIV11, cells were exposed to high-KCl or NaCl for 10 min and samples were collected after 6 h for RT-PCR and ICC. (F) RT-PCR shows Nrxn SS4 splicing in various Ara-C treatment regimens with NaCl and KCl treatments. (G) Quantification of splicing ratio shows dynamic change in Nrxn2 and Nrxn3 SS4 splicing between early and late AraC treated control (NaCl) groups. No change in splicing ratio between NaCl and KCl treated cells within specific Ara-C treatment regimens (* = p 0.0357, ns = not significant). (H) Quantification of relative expression show dynamics of Nrxn1 and Nrxn2, but not Nrxn3 between early and late Ara-C treated control (NaCl) groups. No change in expression levels between NaCl and KCl treated cells within specific Ara-C treatment regimens (* = p 0.0153, ** = p 0.0054, Nrxn1; * = p 0.039, DIV3 vs. DIV6; p 0.0204, DIV3 vs. DIV9). All numerical data are represented as means ± SEM. Statistical significance was calculated by two-way ANOVA using Sidak's multiple comparison test.


To further test this hypothesis, we treated cortical cultures with cytosine arabinoside (Ara-C), which blocks astrocyte proliferation (Price and Brewer, 2001). Ara-C was added to the cultures at DIV3, DIV6, or DIV9, and cells were exposed to 50 mM KCl or NaCl at DIV11 for 10 min (Figure 3E). RT-PCR analyses, performed 6 h afterwards, showed that AraC prevented the apparent shift in Nrxn1-SS4 alternative splicing (Figures 3F,G). Immunocytochemistry of the cultures revealed that AraC, when given to the cultures earlier (at DIV3 or DIV6), impaired dendritic development, decreased overall GFAP expression, and occluded the cytotoxic effect of high KCl on neurons (Supplementary Figures 2A,B). When AraC was given late (at DIV9), it no longer abolished the cytotoxic effect of KCl on neurons as assessed by MAP2 staining (Supplementary Figure 2C). These results indicate that when K+-depolarization induces neuronal cell death in cortical cultures, the persistent expression of astroglial Nrxn1-SS4+ produces the impression of an activity-dependent shift in Nrxn1-SS4 alternative splicing even though Nrxn1-SS4 alternative splicing does not actually change.



RNAseq Analyses Confirm Expression of Cell-Death Markers Induced by K+-Depolarization

Our results suggest that the interpretation of previous papers concluding that Nrxn1-SS4 alternative splicing is highly activity-dependent (Iijima et al., 2011; Ding et al., 2017) may have been confounded by neuronal cell death. To further examine this potential confound, we embarked on a direct analysis of the RNAseq results of Ding et al. (2017), who graciously deposited their data in the public domain (https://www.ncbi.nlm.nih.gov/geo/query/acc.cgi?acc=GSE93682). Ding et al. (2017) obtained these RNAseq data from neurons under experimental conditions identical to those used here (see Figure 1E vs. Figure 4A).
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FIGURE 4. RNA-seq analysis from Ding et al. datasets show significant downregulation of neuronal and synapse markers and upregulation of cell death markers. (A) Experimental paradigm used in Ding et al. study, where 55 mM KCl or NaCl was treated on DIV11 for 10 min and samples collected at 24 h for RNA-seq analysis. (B) Heatmap show differential gene expression between duplicate KCl and control samples (C) Valcano plot showing Log2 fold change of up and down regulated genes. Key synaptic and neuronal markers highlighted in red, enrichment of astrocyte markers in brown and cell death markers in purple. (D–H) Individual FPKM-values for neuronal and synaptic markers show down regulation in KCl treated compared to control groups (D), down regulation of all Nrxns (E), up regulation of immune-related genes (F), enrichment of astrocyte markers (G), and upregulation of key cell death markers (H).


Differential gene expression analysis of the RNAseq data revealed 1,781 downregulated and 1,246 upregulated genes (Figure 4B, Supplementary Table 1). Among downregulated genes, neuronal genes were prominent, and synaptic vesicle proteins and proteins involved in synaptic transmission were generally downregulated more than two-fold (Figures 4C,D, Supplementary Figure 3A). Neurexins and their ligands were similarly decreased in expression, with Nrxn1 levels declining two-fold (Figures 4D,E, Supplementary Figure 3A). The majority of upregulated genes, conversely, was related to inflammatory microglial and astrocytic reactions (Figures 4F–H, Supplementary Figure 3B). Expression of caspases and other cell-death-inducing genes was also increased—in the case of Fas, eight-fold (Figure 4H, Supplementary Figures 3C,D). Viewed together, this pattern of gene expression changes is diagnostic of a neuronal cell-death scenario with an astroglial inflammatory reaction. These results suggest that in the experiments of Ding et al. (2017), the KCl treatment also induced cell death with a loss of neuronal gene expression, including that of Nrxn1, and an appearance of regulated Nrxn1-SS4 alternative splicing produced by a change in the relative abundance of neuronal vs. astrocytic Nrxn1.

To deepen our analysis of the effect of sustained KCl-mediated depolarization on neuronal transcription, we analyzed two additional RNAseq datasets from recent studies that involved chronic KCl exposure of cultured neurons (Ataman et al., 2016; Quesnel-Vallieres et al., 2016). In the Quesnel-Vallieres et al. (2016) experiments, E16.5 hippocampal cultures were treated with 55 mM KCl for 0.5 and 3 h (Supplementary Figure 4A). Differential gene expression analysis comparing untreated and 3 h post-KCl treatment samples showed significant induction of IEGs such as Fos, Npas4, and Arc (Supplementary Figures 4B–D, Supplementary Table 2). While there was no significant de-enrichment of synaptic or neuronal markers, GSEA showed an enrichment of 49 genes that are ontologically categorized as “Regulation of RNA Splicing” (Supplementary Figure 5A, Supplementary Table 3) but the splicing factors SLM2 and SAM68 that are known to regulate Nrxn alternative splicing are not represented in the gene sets (Iijima et al., 2011; Traunmuller et al., 2016). However, GSEA analysis also revealed 50 genes from the list of 183 genes that are categorized in “Regulation of Neuron Apoptotic Process” (Supplementary Figure 5B, Supplementary Table 4).

In the Ataman et al. (2016) experiments, E16.5 cortical cultures were silenced at DIV14 overnight with 1 μM TTX and 100 μM D-APV, and then depolarized with 55 mM KCl for 6 h with continued suppression of neuronal excitation using TTX and D-APV (Supplementary Figure 4E). This ingenious protocol thus allows analysis of Ca2+-dependent gene expression changes under conditions that suppress excitotoxicity. Differential gene expression analysis uncovered an immediate-early gene expression pattern similar to that of Quesnel-Vallieres et al. (2016) (Supplementary Figures 4F–H, Supplementary Table 5). No significant de-enrichment of synaptic or neuronal markers was present, suggesting that no prominent neuronal cell death occurred. Although no enrichment for “Regulation of RNA Splicing” was observed, differential splicing analysis identified 82 genes with regulated splicing events (Supplementary Figure 6B, Supplementary Table 6). However, neurexins were not present among the 82 genes with differentially regulate alternative splicing, suggesting that even in these experiments in which the neurons appear to be healthy, massive neuronal stimulation did not change alternative splicing of neurexins (Supplementary Figures 5B, 6A). In addition, 60 genes among the 183 upregulated genes were categorized as “Regulation of Neuron Apoptotic Process” (Supplementary Figure 6A, Supplementary Table 7), indicating that even with neuronal silencing, extensive stimulation of neurons triggers a pro-apoptotic gene expression program.



Kainic Acid-Induced Neuronal Activation Does Not Alter Nrxn1-SS4 Splicing in vivo

Systemic administration of the glutamate receptor agonist KA induces massive synchronous activation of neurons in vivo (Wang et al., 2005). To test the effect of such activation on Nrxn1-SS4 alternative splicing, we injected adult mice with KA (20 mg/kg) intraperitoneally, and analyzed them at 0.5–24 h after injections. Immunohistochemistry showed prominent cFos expression in the hippocampus at the 1, 2, and 4 h time points (Figure 5A). RT-PCR revealed a 2- to 4-fold elevated cFos and Arc expression both in the hippocampus and the cortex between 0.5 and 4 h after injections, with a peak at 1 h after injections, indicating that KA efficiently stimulated neuronal activity throughout the brain (Figures 5B,C). However, the Nrxn1-SS4 splicing ratio was not altered by KA-induced neuronal stimulation in vivo in either the hippocampus or the cortex (Figure 5D). Moreover, total Nrxn1 levels did not significantly change (Figure 5E). These results are consistent with a recent study that surveyed alternative exon usage upon systemic administration of KA using RNAseq, and found no evidence for differential neurexin alternative splicing (Denkena et al., 2020).


[image: Figure 5]
FIGURE 5. Neuronal activity induced by systemic KA administration does not lead to Nrxn1 SS4 alternative splicing. (A) Experimental paradigm where CD-1 WT mice received 20 mg/kg KA and brains were collected at indicated time points. IHC images show induction of cFOS expression in hippocampus (insets) at 1 h and continued expression until 24 h post-injection. (B) RT-PCR for Nrxn1 SS4 splicing, cFos, Arc expression in hippocampus (Hpc) and cortex (Crtx) at different time points after KA injection. (C) Quantification of relative expression levels of cFos and Arc show significant induction between 0.5 and 4 h in Hpc and 0.5 and 2 h post-KA injection in Crtx (# = p < 0.0001, ** = p 0.0067, *** = p 0.0002). (D) Quantification of Nrxn1 SS4+/– ratio shows no significant difference in Hpc and Crtx across all time points post-KA injection. (E) Quantification of relative expression levels of total Nrxn1 show no major change across different time points in Crtx and Hpc. All numerical data are represented as means ± SEM. Statistical significance was calculated by two-way ANOVA using Tukey's multiple comparison test. Scale bar 100 μm.


Because the Nrxn1-SS4 splice pattern varies between neurons and astroglial cells (Figures 3A–C), it is possible that the lack of a KA-induced change in the Nrxn1-SS4 splice ratio was occluded by differential changes in neurons and astrocytes. To address this possibility, we employed a neuron-specific genetic RiboTag strategy to isolate translating neuronal mRNAs (Figure 6A). We injected KA into Baf53b-Cre mice [which exhibit pan-neuronal Cre expression (Zhan et al., 2015) that were crossed with RiboTag mice (Sanz et al., 2009)]. We then harvested the hippocampus at 2–24 h after injections, immunoprecipitated polyribosome-bound mRNAs, and analyzed them by qRT-PCR. Quality control measurements showed an enrichment for neuronal genes and a loss of glial markers in the isolated mRNA (Figure 6B). Immunohistochemistry revealed induction of cFos at 2 h after the KA administration that correlated with mRNA levels (Figures 6C–E), demonstrating that the KA injection stimulated neurons. However, measurements of the SS4 splicing ratio of all three neurexins failed to uncover any stimulation-induced changes in both the neuronal and the total input mRNA (Figure 6F), indicating that neuronal activity induced by systemic KA administration did not alter neurexin SS4 alternative splicing. Moreover, total neurexin levels were also not changed (Figure 6G). Thus, neuronal activation in the hippocampus by KA does not regulate neurexin SS4 alternative splicing.


[image: Figure 6]
FIGURE 6. KA-induced activity followed by neuronal specific mRNA enrichment using Baf53b-Cre x RiboTag approach show no change in Nrxn SS4 alternative splicing. (A) Baf53b-Cre x RiboTag experimental paradigm. Mice expressing Cre under neuronal-specific Baf53b promotor crossed with RiboTag mice. Adult mice heterozygous for both alleles received 20 mg/kg KA intraperitoneally. Hippocampus harvested at indicated time points. Poly-ribosome bound mRNA isolated using immunoprecipitation (IP) with HA beads and used for subsequent qPCR and RT-PCR. (B) Quality control qPCR shows enrichment of neuronal markers and de-enrichment of astroglial markers. (C) Microscopic images of IHC in the hippocampus shows KA-induced cFos expression at 2 h post-injection. (D) RT-PCR shows Nrxn SS4 splicing and cFos expression in IP and input samples in six mice in each time point. (E) Quantification of relative expression of cFos show high level in IP compared to input mRNA. Significant induction of cFos at 2 h in both IP and input samples shown [* = p 0.0103 (IP), * = p 0.0191 (input)]. (F) Quantification of Nrxn SS4 splicing ratio shows marked difference between IP and input mRNA but no significant difference within IP or input samples across different time points (G) Quantification of Nrxn relative expression levels show general difference in IP and input mRNA, except for Nrxn1 but no significant difference with in IP or input samples across different time points. All numerical data are represented as means ± SEM. Statistical significance was calculated by two-way ANOVA using Sidaks's multiple comparison test. Scale bar 100 μm.




Focal KA Injection Into Cerebellum May Alter Neurexin SS4 Alternative Splicing but Suppresses Neurexin Expression

Direct microinjection of KA into the cerebellum was shown to cause activity-dependent alternative splicing of Nrxn1 at SS4 (Iijima et al., 2011). To explore whether neurexin SS4 alternative splicing might be activity-dependent in the cerebellum, different from the hippocampus or cortex, we stereotactically injected KA into one cerebellar hemisphere (ipsilateral). We examined the injected cerebellum after 5 h, using the uninjected contralateral hemisphere as a control (Figure 7A). Immunohistochemistry, single molecule RNA fluorescent in-situ hybridization (smRNA-FISH), and RT-PCR analysis revealed a prominent induction of cFos at the injection site, consistent with KA-induced neuronal activation (Figures 7B–D). Using micro-dissected cerebellar tissue and RT-PCR analyses, we then compared the SS4 splice ratio between the ipsi- and contra-lateral sites for all neurexins. Strikingly, the SS4+/SS4– ratio decreased for all three neurexins. KA caused a relative decrease in the Nrxn1-, Nrxn2-, and Nrxn3-SS4+ levels, which is opposite to what we observed in KCl-treated cells (Figures 7C,E). The changes were most pronounced for Nrxn3 (~40% decrease), whereas they were modest for Nrxn1 (~15% decrease). The expression levels of neuronal and astroglial marker genes, however, did not change except for a small decrease (~15%) in synaptophysin (Syp) (Figures 7F,G). Neurexin mRNA levels were modestly decreased, but this decrease was not statistically significant (Figure 7H).


[image: Figure 7]
FIGURE 7. Focal injection of KA in cerebral hemisphere induces Nrxn SS4 alternative splicing. (A) Schematic of experimental paradigm. Fifty millimolars of KA stereotactically injected to ipsilateral cerebellum. Dotted area indicates KA-injected area with bromophenol blue dye and uninjected contralateral side. (B) Induction of cFos expression at protein (left) and RNA (right) levels in the injected area (dotted lines). (C) RT-PCR shows Nrxn SS4 splicing and cFos and Syn1 expression levels in ipsi and contralateral mRNA from three mice. (D) Quantification of relative expression levels of cFos shows significant induction in ipsilateral mRNA (* = p 0.0286). (E) Quantification of Nrxn SS4 splicing ratio shows difference in ipsilateral compared to contralateral side (* = p 0.0286). (F,G) Quantification of relative expression levels of key neuronal markers show no major change in ipsilateral compared to contralateral side, except a reduction in Syp expression (* = p 0.0175). (F). No change in relative expression levels of astroglial markers (G). (H) Quantification of relative expression levels of all Nrxns show general reduction in ipsilateral mRNA. All numerical data are represented as means ± SEM. Statistical significance was calculated by Mann-Whitney non-parametric unpaired t-test. Scale bar 1 mm.


These experiments confirm the results of Iijima et al. (2011), suggesting that KA-induced neuronal activation alters neurexin SS4 alternative splicing. However, they are based on dissecting out injected brain tissue, which could be prone to errors. To more directly analyze the injected area of the cerebellum, we analyzed sections by smRNA-FISH for neurexins (Figure 8). Strikingly, smRNA-ISH uncovered a dramatic loss of Nrxn1, Nrxn2, and Nrxn3 expression in the KA-injected area but not in the surrounding tissue (Figures 8A,B). This result suggests that the dissection of injected tissue was too imprecise to capture the stimulated neurons, and that the KA injection did cause a global change in total neurexin gene expression in the stimulated neurons. To elucidate whether this change was associated with a neurotoxic effect of KA that is known to induce DNA damage and cell death (Kasof et al., 1995; Simonian et al., 1996), we tested for DNA damage at the site of KA exposure. We labeled the KA injection sites 5, 24 and 48 h after treatments using terminal deoxynucleotidyl transferase dUTP nick end labeling (TUNEL) staining. The KA injected sites were strongly positive for TUNEL signals at all-time points (Figures 8C,E), consistent with highly fragmented DNA induced by KA-driven excitotoxicity and apoptosis. At 5 h, TUNEL-positive cells were mostly granule layer cells, whereas at 24 and 48 h, both granule and molecular layer cells were positive for TUNEL signals (Figure 8D). The sustained DNA damage even after 48 h of KA injection indicates long-lasting cell damage that may have a profound impact on the physiology, and confounds the interpretation of the neurexin SS4 alternative splicing observed by RT-PCR.


[image: Figure 8]
FIGURE 8. Focal injection of KA in cerebral hemisphere leads to reduced Nrxn expression levels and strong DNA damage. (A) Schematic of exon composition of Nrxn-α and -β forms with location of different splice sites and RNA-ISH probes. (B) Microscopic images of cerebellar cross sections hybridized with RNA probes against Nrxn1, 2, and 3 shows strong reduction in the expression in KA injected areas. Uninjected controls shown in bottom panel. (C) TUNEL labeling of cerebellar cross sections show significant induction of DNA damage in injected areas at 5, 24, and 48 h post-KA injection (D) Enlarged images of representative areas (dotted rectangle in C) show progression of DNA damage from Purkinji cell layer (arrows) in 5 h to all cells in 48 h post-KA injection. (E) Quantification of MFI of TUNEL signal show significant difference in ipsilateral compared to contralateral side. (# = p < 0.0001). All numerical data are represented as means ± SEM. Statistical significance was calculated by two-way ANOVA using Sidaks's multiple comparison test. Scale bar 1 mm in B and C, 100 μm in D.





DISCUSSION

This study was initiated to explore the mechanistic basis for the activity-dependent alternative splicing of neurexins at SS4, which is of interest because it regulates the glutamate receptor composition of synapses (Aoto et al., 2013; Dai et al., 2019). In pursuing this goal, we first aimed to establish optimal conditions for studying activity-dependent neurexin SS4 alternative splicing, based on pioneering papers that were recently published (Iijima et al., 2011; Ding et al., 2017). However, as we analyzed neurons treated as described in these papers, either in culture or in vivo, we noticed that the apparent stimulation-induced change in neurexin SS4 alternative splicing was associated with neuronal cell death. Given the importance of neurexin alternative splicing, we therefore examined in detail the effect of various conditions that are thought to regulate neurexin SS4 alternative splicing on the overall expression of marker genes and on neuronal viability. Our data show that most reported conditions that promote activity-dependent SS4 alternative splicing of neurexins predispose to neuronal cell death, suggesting that the interpretation of such studies is not straightforward. Thus, it is at present unclear whether activity-dependent alternative splicing of neurexins at SS4 is a physiological event.

Application of elevated levels of KCl (55 mM) to cultured neurons has been employed in many studies to trigger activity-dependent gene expression programs and to stimulate alternative splicing of neuronal mRNAs, including neurexins (Martinowich et al., 2003; Greer and Greenberg, 2008; Schor et al., 2009; Kim et al., 2010; Iijima et al., 2011; Rozic et al., 2011, 2013; Ding et al., 2017). This approach is thought to mimic the pattern of gene activation that occurs in response to physiological stimuli in brain (Greer and Greenberg, 2008). However, although elevated extracellular KCl induces membrane depolarization, it may not always actually enhance neuronal activity. Treatment of cultured neurons with 8 mM KCl retains spontaneous neuronal activity, but shifts the pattern of that activity from burst to tonic spike firing (Golbs et al., 2011). Treatment of cultured neurons with KCl above 10 mM conversely diminishes spontaneous activity (Grubb and Burrone, 2010; Rienecker et al., 2020), suggesting that persistent neuronal depolarization does not necessarily induce neuronal stimulation. Furthermore, persistent neuronal depolarization produces sustained increases in intracellular calcium, a key second messenger for numerous cellular processes, including transcription and alternative splicing (Collins et al., 1991; Grubb and Burrone, 2010; Rienecker et al., 2020). In addition, neurons die at concentrations of >50 mm KCl (Collins and Lile, 1989). Na+ influx upon KCl-mediated depolarization enhances cell death and induces autophagy (Takahashi et al., 1999; Shehata et al., 2012). In the light of this relationship of KCl to neuronal survival, the utility of the persistent depolarization paradigm as an “activity-inducing system” to study alternative splicing may need re-evaluation. While there are clear merits of using elevated extracellular KCl (extensively reviewed in Rienecker et al., 2020), the inherent confounds and limitations of this approach in studying complex and heterogeneous splice isoforms could outweigh its benefits. The results of our KCl treatment experiments and RNA-seq analyses exemplify and highlight potential disadvantage of this approach.

Historically, the glutamate receptor agonist KA has been used as a neurotoxin to induce cell death to study neurodegeneration in rodents (Pollard et al., 1994; Ankarcrona et al., 1995; Simonian et al., 1996; Wang et al., 2005; Kuzhandaivel et al., 2010). KA is 30-fold more neurotoxic than glutamate and activates kainite-type ionotropic glutamate receptors (Bleakman and Lodge, 1998). Kainate receptor activation by KA increases intracellular Ca2+, elevates reactive oxygen species, and stimulates multiple other biochemical reactions, resulting in neuronal cell death (Sun et al., 1992; Cheng and Sun, 1994; Gluck et al., 2000; Milatovic et al., 2002). Similar to the KCl-based assays, KA-induced neuronal activity has also been used to study activity-dependent transcription and alternative splicing of neuronal mRNAs (Iijima et al., 2011; Denkena et al., 2020). Systemic administration of KA may have lesser effects on cell death than focal microinjection of KA into brain regions (Le Duigou et al., 2005). However, systemic KA did not lead to any significant change in neurexin SS4 splicing, although the neurons were massively activated as revealed by induction of cFos. While we observed a small shift in the SS4 alternative splicing of neurexins in areas of the cerebellum that were injected with KA, the strong induction of sustained DNA damage and the suppression of neurexin mRNA levels suggests apoptosis-induced cell death. Moreover, in cerebellar granule cells, KA-induced apoptosis correlates with activation of c-Jun, an immediate-early gene (Cheung et al., 1998). Studies of alternative splicing after KA-induced neuronal activity often do not examine neuronal survival despite the fact that KA is a strong neurotoxic agent (Iijima et al., 2011). The correlation of neurexin SS4 splice changes and immediate-early gene activation with significant DNA damage muddles the interpretation of the alternative splicing results.

While it is possible that activity-dependent neurexin alternative splicing at SS4 occurs in a physiological context, this complex question needs to be tackled using assays that truly mimic neuronal activity in order to address the biological significance. It is likely that the use of massive stimulation paradigms or “hammering” approaches to elicit strong gene expression and alternative splicing changes does more harm than good. Moreover, any major conclusion arising from studies that utilize such approaches may call into question the actual mechanistic underpinning of activity-dependent alternative splicing.
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Supplementary Figure 1. Chronic exposure of high-KCl induces dendritic breakage and doesn't alter Nrxn SS4 splicing. (A) Experimental paradigm. DIV 11 cortical neurons isolated from E16.5 mouse embryos were chronically exposed to 50 mM NaCl or KCl and samples were collected during indicated time points. (B) RT-PCR of Nrxn SS4 splicing in NaCl and KCl treated samples at indicated time points. (C,D) Quantification of SS4 splice ratio (C) and relative expression levels (C) of Nrxns shows no difference between KCl and NaCl treatments. (E) Microscopic images of ICC stained with MAP2 and GFAP antibodies show marked dendritic breakage (arrows) in KCl treated neurons compared to NaCl. GFAP positive astrocytes show intact morphology. (F,G) Quantification of MFI show decrease in MAP2 fluorescence (F) in KCl treated cells and no difference in GFAP expression levels (G) (* = p 0.0313, 1.0 h; * = p 0.0208, 1.5 h). All numerical data are represented as means ± SEM. Statistical significance was calculated by two-way ANOVA using Tukey's multiple comparison test. Scale bar 100 μm.

Supplementary Figure 2. (A) Microscopic images of ICC stained with MAP2 and GFAP antibodies show marked reduction in dendritic development (arrows) in cells treated with AraC from DIV3. (B,C) Quantification of MFI show decrease in MAP2 fluorescence (B) in KCl treated cells with late AraC (from DIV9) treatment (C). Note the increase in GFAP expression level with early to late AraC treatment regimens (B). Scale bar 100 μm.

Supplementary Figure 3. (A) Heatmaps from Gene Set Enrichment Analysis (GSEA) of Ding et al. datasets show de-enrichment for several genes encoding neuronal cell body membrane and positive regulators of excitatory postsynaptic potential in KCL treated compared to control neurons. (B) Enrichment of inflammatory response genes and (C,D) postiive regulators of apoptosis and necrosis in KCL treated compared to control neurons.

Supplementary Figure 4. RNA-seq analysis of Quesnel-Vallières et al., and Ataman et al. datasets. (A) Experimental paradigm used in Quesnel-Vallières et al. study, where DIV10 hippocampal neurons isolated from E16.5 mouse embryos chronically exposed to 55 mM KCl and samples collected at 3 h for RNA-seq analysis. (B) Heatmap show differential gene expression between duplicate KCl and untreated control samples (C) Valcano plot showing Log2 fold change of up and down regulated genes. Note significant upregulation of IEGs, Npas4, cFos, and Arc. No de-enrichment for neuronal markers found. There is an onset of upregulation of Fas, a pro-apoptotic gene. (D) List of top 20 up and down regulated genes. (E) Experimental paradigm used in Ataman et al. study, where DIV15 cortical neurons isolated from E16.5 mouse embryos were silenced using 1 μM TTX + 100 μM D-APV for overnight before chronically exposing to 55 mM KCl or NaCl. Samples collected at 0 and 6 h for RNA-seq analysis. (F) Heatmap show differential gene expression between duplicate KCl and 0 h control samples. (G) Valcano plot showing Log2 fold change of up and down regulated genes. Note significant upregulation of IEGs, Npas4, Fos, Junb, and Arc. No de-enrichment for neuronal markers found. There is an onset of upregulation of Fas, a pro-apoptotic gene. (H) List of top 20 up and down regulated genes.

Supplementary Figure 5. GSEA analysis of Quesnel-Vallières et al., datasets. (A) Heatmap from GSEA analysis show enrichment of 49 genes (of 83) in the GO category: regulation of RNA splicing in 3 h KCl treated cells compared to untreated cells. (B) GSEA heatmap shows 50 genes (of 183 in the GO category) that are in the regulation of neuron apoptotic process category.

Supplementary Figure 6. Differential splicing and GSEA analysis from Ataman et al., datasets. (A) Bar graph shows genes with differential splicing events analyzed from the datasets. Note that Nrxns does not have any differential splicing events. (B) Heatmap from GSEA analysis show enrichment of 60 genes (of 183) in the GO category: regulation of neuron apoptotic process in 6 h KCl treated cells compared to 0 h treated cells.

Supplementary Table 1. List of differentially expressed (DE) genes with up and down regulated genes from Ding et al. (2017) datasets.

Supplementary Table 2. List of differentially expressed (DE) genes with up and down regulated genes from Quesnel-Vallieres et al. (2016) datasets.

Supplementary Table 3. List of GSEA genes of GO category: regulation of RNA splicing from Quesnel-Vallieres et al. (2016) datasets.

Supplementary Table 4. List of GSEA genes of GO category: regulation of neuron apoptosis process from Quesnel-Vallieres et al. (2016) datasets.

Supplementary Table 5. List of differentially expressed (DE) genes with up and down regulated genes from Ataman et al. (2016) datasets.

Supplementary Table 6. List of differentially spliced genes (with number of events) from Ataman et al. (2016) datasets.

Supplementary Table 7. List of GSEA genes of GO category: regulation of neuron apoptosis process from Ataman et al. (2016) datasets.
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The formation of synapses is a tightly regulated process that requires the coordinated assembly of the presynaptic and postsynaptic sides. Defects in synaptogenesis during development or in the adult can lead to neurodevelopmental disorders, neurological disorders, and neurodegenerative diseases. In order to develop therapeutic approaches for these neurological conditions, we must first understand the molecular mechanisms that regulate synapse formation. The Wnt family of secreted glycoproteins are key regulators of synapse formation in different model systems from invertebrates to mammals. In this review, we will discuss the role of Wnt signaling in the formation of excitatory synapses in the mammalian brain by focusing on Wnt7a and Wnt5a, two Wnt ligands that play an in vivo role in this process. We will also discuss how changes in neuronal activity modulate the expression and/or release of Wnts, resulting in changes in the localization of surface levels of Frizzled, key Wnt receptors, at the synapse. Thus, changes in neuronal activity influence the magnitude of Wnt signaling, which in turn contributes to activity-mediated synapse formation.
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INTRODUCTION

In the central nervous system, synapses permit the rapid transmission of information from one neuron to another in a unidirectional manner. Synaptic connectivity is required for all brain functions from cognition and memory to sensory processing and motor function (Mayford et al., 2012; Wyart, 2018). The assembly of functional synapses is a complex process and its dysregulation can lead to neurodevelopmental disorders such as intellectual disability, autism spectrum disorders, and attention deficit hyperactivity disorder (Zoghbi and Bear, 2012; del Pino et al., 2018). Synapse dysfunction and loss are also key features of neurodegenerative diseases such as Alzheimer’s and Parkinson’s (Ghiglieri et al., 2018; Merluzzi et al., 2018; Rajendran and Paolicelli, 2018). The ability to promote the formation of new synapses is a potential therapeutic approach for both neurodevelopmental and neurodegenerative disorders (Lu et al., 2013). Therefore, understanding the molecular mechanisms that regulate synapse formation is a crucial step in the development of treatments for these neurological conditions.

Synapse formation requires coordinated, bidirectional signaling between the presynaptic and postsynaptic compartments (Waites et al., 2005; Südhof, 2018). The assembly of synapses is first triggered when axons reach their targets. Thereafter, secreted molecules such as brain-derived neurotrophic factor (BDNF), fibroblast growth factors (FGFs), and Wnts instruct the assembly of synapses (Lu et al., 2008; Shen and Cowan, 2010; Salinas, 2012). Synaptic adhesion molecules such as neuroligins, which bind to neurexins, their presynaptic partners, also perform synaptic organizing roles after their recruitment to the nascent synapse (Tsetsenis et al., 2014; Südhof, 2017). In addition, neuronal activity is a key regulator of synapse formation and remodeling. For example, neuronal activity regulates the trafficking of synaptic cargo including synaptic vesicles and neurotransmitter receptors to the synapse (Maas et al., 2009; Schlager and Hoogenraad, 2009). Neuronal activity also regulates the expression of genes required for synapse assembly and modulates the expression and release of synaptogenic proteins such as BDNF (West and Greenberg, 2011; Sleiman et al., 2016; Mitre et al., 2017). Thus, synapse formation is a complex process that requires different synaptic organizers and neuronal activity.



WNTS ARE SIGNALING MOLECULES THAT REGULATE SYNAPSE FORMATION

Wnts are a family of secreted glycoproteins, which act both as long–range signaling molecules through graded distribution across the tissue, as well as short–range signaling molecules that act locally on neighboring cells in direct contact with the source of Wnts or in an autocrine manner (Zecca et al., 1996; Farin et al., 2016; Loh et al., 2016). Wnts can signal through many receptors such as the Ror and Ryk tyrosine kinases (Green et al., 2014; Cerpa et al., 2015; McQuate et al., 2017). However, the best characterized Wnt signaling pathways require Frizzled (Fz) receptors, seven-transmembrane proteins containing a cysteine-rich domain (CRD) in their extracellular N-terminus for Wnt binding (Dann et al., 2001). For a more comprehensive understanding of the Wnt-Fz signaling pathways, we refer the reader to reviews on this topic such as Clevers (2006) and Gordon and Nusse (2006).

Three main Wnt signaling cascades [canonical, planar cell polarity (PCP), and calcium] can be activated by the binding of Wnts to Fz receptors. A summary of the three signaling cascades is shown in Figure 1. Of note is that only the canonical pathway, but not the PCP or calcium pathways, requires the single-pass transmembrane low-density lipoprotein receptor-related protein (LRP) 5 or 6 co-receptor, encoded by two different genes LRP5 and LRP6, respectively (MacDonald and He, 2012). Activation of the three Wnt-Fz signaling pathways also requires the cytoplasmic scaffold protein Dishevelled (Dvl), which increases the efficiency of signal transduction and brings together different components of the signaling pathway (Wallingford and Habas, 2005; Sharma et al., 2018). Collectively, Wnt signaling regulates diverse aspects of neural development such as neuronal differentiation, neural stem cell proliferation, axon guidance, dendritogenesis, and synaptogenesis (Bovolenta et al., 2006; Salinas, 2012; Inestrosa and Varela-Nallar, 2015).
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FIGURE 1. Overview of the Wnt-Fz signaling cascades. (A) In the canonical pathway, the protein degradation complex consisting of Axin, glycogen synthase kinase-3 (GSK-3), and Adenomatous Polyposis Coli (APC) is active when Wnt is absent. GSK-3 phosphorylates β-catenin, resulting in its degradation. Wnt target genes are not transcribed since the DNA transcription factor T-cell factor/lymphoid enhancer factor (TCF/LEF) is bound to corepressor protein Groucho/transducing-like enhancer of split (TLE). In contrast to when Wnt is present, Wnt signals through the Frizzled (Fz) receptor and its co-receptor low-density lipoprotein receptor-related protein (LRP) 5/6 to activate the cytoplasmic protein Dishevelled (Dvl), which functions as a scaffold to regulate local Wnt signaling. Activation of the pathway disrupts the protein degradation complex. β-catenin subsequently translocates into the nucleus and binds to TCF/LEF, increasing the transcription of Wnt target genes. (B) In the planar cell polarity (PCP) pathway, Wnt-Fz signaling through Dvl leads to the activation of RhoA and Rac. The subsequent activation of ROCK and Jun N-terminal kinase (JNK) promotes changes in the cytoskeleton. (C) In the calcium pathway, Wnt-Fz signaling through Dvl activates phospholipase C (PLC), increasing the levels of inositol triphosphate (IP3) and diacyl glycerol (DAG). This results in an increase in intracellular calcium concentration and activation of the calcium-sensitive effectors protein kinase C (PKC) and calcium/calmodulin-dependent protein kinase II (CaMKII), triggering changes in gene transcription, cell movement, and actin polymerization.



In this review, we will examine the contribution of Wnt-Fz signaling to synaptogenesis, particularly during postnatal development when the majority of synapses are assembled. We will also analyze the role of Wnt signaling in activity-mediated synapse formation. We specifically focus our attention on the mechanisms controlling excitatory synapse formation in the mammalian central nervous system as their assembly has been extensively characterized. Excitatory synapses are asymmetric structures consisting of presynaptic boutons that make primary contact onto dendritic spines, actin-rich postsynaptic specializations (Amaral and Pozzo-Miller, 2009). We will cover the role of Wnt signaling in excitatory synapse formation by focusing on Wnt7a and Wnt5a, as the role of these Wnt ligands in synapse formation has been demonstrated in vivo.



WNTS REGULATE SYNAPSE FORMATION DURING DEVELOPMENT


Wnt7a Is Necessary for Presynaptic Assembly During the Early Postnatal Stages

Wnt7a plays a role in presynaptic assembly in the postnatal cerebellum. Wnt7a is expressed in granule cells in the cerebellum from postnatal day 6 (P6) and its expression increases until P22, coinciding with the peak of synapse formation between granule cells and mossy fibers, the presynaptic partners of granule cells (Lucas and Salinas, 1997). The first evidence that Wnt7a is involved in presynaptic assembly came from the observation that exposure of granule cells to Wnt7a induces axonal remodeling and accumulation of presynaptic protein clusters such as synapsin I (Lucas and Salinas, 1997). To test if Wnt7a has a role in presynaptic assembly at mossy fibers, further in vitro gain-of-function studies were performed. These studies showed that axonal remodeling in mossy fibers is mimicked by granule cell-conditioned medium but this activity is abolished in the presence of secreted frizzled-related protein-1 (sFRP-1), which antagonizes Wnt ligands (Hall et al., 2000). Together, these results suggest that Wnt7a is released from granule cells and acts retrogradely on mossy fiber axons to promote presynaptic assembly.

In vivo loss-of-function studies showed that Wnt7a regulates the formation of complex glomerular rosettes in the cerebellum. The cerebellar glomerular rosette is a multiple synaptic structure that forms between a mossy fiber axon and several dendrites of different granule cell neurons during postnatal development (Hámori and Somogyi, 1983). Analyses of Wnt7a null mutant mice revealed less complex glomerular rosettes at P8, consistent with defects in axon remodeling (Hall et al., 2000). In addition, the accumulation of synapsin I at glomerular rosettes of these mice is reduced (Hall et al., 2000; Ahmad-Annuar et al., 2006). Thus, Wnt7a is required for presynaptic assembly in the cerebellum, released from granule cell neurons to act retrogradely on mossy fiber axons.

Wnt7a is necessary for presynaptic protein accumulation at glomerular rosettes in the cerebellum, but mainly during the early postnatal stages. The level of synapsin I is reduced at the glomerular rosettes of Wnt7a mutant mice at P8 but not at P15, coinciding with an increase in the level of Wnt7b expression in granule cells (Hall et al., 2000). These results suggest that loss of Wnt7a function delays the maturation of glomerular rosettes and that Wnt7b might compensate for the loss of Wnt7a function. Although the in vivo role of Wnt7b in the presynaptic assembly has not been reported, in vitro gain-of-function studies have demonstrated that Wnt7b, like Wnt7a, increases the assembly of presynaptic boutons in mossy fibers (Ahmad-Annuar et al., 2006). To further investigate the compensatory effect of Wnt7b on the loss of Wnt7a function, Wnt7a/Dvl1 double mutant mice were analyzed. As Dvl is involved in all Wnt signaling cascades, Wnt7a/Dvl1 double mutant mice exhibit a stronger reduction in the accumulation of synapsin I at glomerular rosettes at P10 than Wnt7a or Dvl1 single mutants (Ahmad-Annuar et al., 2006). Of interest is that the reduction in synapsin I extends beyond P15. Therefore, whilst the presence of Wnt7b might be sufficient to compensate for the loss of Wnt7a function, it is insufficient to compensate for the loss of both Wnt7a and Dvl1 function. Future loss-of-function Wnt7b studies will unravel its role in presynaptic assembly and remodeling in the cerebellum.

What pathway does Wnt7a trigger to promote presynaptic assembly? Wnt7a regulates presynaptic assembly by activating the canonical Wnt pathway. Inhibition of glycogen synthase kinase-3 (GSK-3), a key event in the activation of the canonical pathway, by lithium chloride mimics the effects of Wnt7a by inducing axonal remodeling and the accumulation of presynaptic proteins in cerebellar cultures (Lucas and Salinas, 1997; Hall et al., 2000). The involvement of the canonical pathway at the receptor level was later confirmed by Dickins (2012) in cultured hippocampal neurons, where Wnt7a also plays a role in presynaptic assembly. Dickkopf-related protein-1 (Dkk-1), a secreted Wnt antagonist that blocks the LRP5/6 receptor, attenuates the effect of Wnt7a/b on cultured hippocampal neurons. Importantly, Dkk-1 also reduces the number of synaptic vesicle clusters, suggesting that endogenous Wnts present in hippocampal neuronal cultures activate the canonical pathway to promote presynaptic assembly (Dickins, 2012).

Studies suggest that Wnt7a promotes presynaptic assembly through a divergent canonical pathway. Although inhibition of GSK-3 mimics the effect of Wnts on presynaptic assembly, inhibition of transcription with actinomycin-D does not affect the Wnt-induced increase in presynaptic protein clustering (Dickins, 2012). Therefore, Wnt7a does not promote presynaptic assembly through the classical canonical pathway that regulates transcription (Figure 1A). We propose that Wnt7a does so through a divergent canonical pathway upstream of β-catenin. Preliminary evidence suggests that the divergent canonical pathway might involve stabilization of microtubule dynamics by Wnt/GSK-3 signaling (Ciani et al., 2004). Future studies are required to characterize the role of the divergent Wnt canonical pathway during presynaptic assembly.

Which Fz receptor does Wnt7a signal through to promote presynaptic assembly? Fz5 has been identified as the relevant receptor (Sahores et al., 2010). In the postnatal mouse hippocampus, the level of Fz5 protein increases during postnatal development until P27. Additionally, Fz5 loss-of-function in hippocampal neurons using small hairpin RNA (shRNA) or by exposure to the soluble CRD domain of Fz5 (Fz5 CRD), which blocks Wnts that bind to Fz5, decreases the number of presynaptic synapsin I and bassoon puncta. Importantly, Fz5 loss-of-function blocks the synaptogenic activity of Wnt7a (Sahores et al., 2010). These results show that Fz5 is a receptor for Wnt7a and that endogenous Wnt7a-Fz5 signaling is required for the assembly of presynaptic boutons in hippocampal neurons.



Wnt7a Is Required for Dendritic Spine Formation and Growth

In addition to its role in presynaptic assembly, Wnt7a is also required for postsynaptic assembly. To analyze the in vivo role of Wnt7a in dendritic spine development, the Wnt7a/Dvl1 double mutant was used as it exhibits stronger synaptic defects than the Wnt7a single mutant. In the hippocampus, both dendritic spine density and spine head size are reduced in the Wnt7a/Dvl1 double mutant (Ciani et al., 2011). These results demonstrate a requirement for Wnt7a-Dvl1 signaling in dendritic spine formation and growth in the hippocampus.

How does Wnt7a regulate postsynaptic assembly? The potent and specific Wnt antagonist Dkk-1 abolishes the Wnt7a-mediated increase in dendritic spine density in cultured hippocampal neurons, indicating that the effect of Wnt7a on dendritic spine formation is regulated by canonical signaling (Ramos-Fernández et al., 2019). In contrast, the Wnt7a-mediated increase in dendritic spine size is regulated by the calcium Wnt signaling pathway. Wnt7a increases the levels of active CaMKII phosphorylated at threonine 286 (Ciani et al., 2011). Interestingly, increased levels of phosphorylated CaMKII occur rapidly (within 2 min). Moreover, inhibition of CaMKII blocks the effect of Wnt7a on dendritic spine growth (Ciani et al., 2011). Expression of a local readout of CaMKII activity (containing the postsynaptic density protein 95 (PSD-95)-Vimentin-cyan fluorescent protein) revealed that Wnt7a activates CaMKII specifically at small dendritic spines (Ciani et al., 2011). Taken together these results suggest Wnt7a signals locally at dendritic spines to activate CaMKII and to promote dendritic spine growth. Future studies will elucidate how the canonical and calcium Wnt signaling pathways are activated to elicit the distinct processes of dendritic spine formation and their growth.

Which Wnt receptor functions on the postsynaptic side? Studies showed that Fz7 is a receptor for Wnt7a and it localizes to dendritic spines (McLeod et al., 2018). Importantly, Fz7 knockdown blocks the ability of Wnt7a to promote dendritic spine growth and synaptic strength (McLeod et al., 2018). The growth of dendritic spines is closely followed by an increase in the level of α-amino-3-hydroxy-5-methyl-4-isoxazole propionic acid receptors (AMPARs) at dendritic spines (Matsuzaki et al., 2001; Huganir and Nicoll, 2013). AMPARs are glutamate receptors crucial for synaptic connectivity and an increase in their levels enhances synaptic strength (Kessels and Malinow, 2009; Diering and Huganir, 2018). Gain- and loss-of-function studies have demonstrated that Wnt7a through Fz7 is required for the incorporation of AMPARs at dendritic spines through at least two mechanisms (McLeod et al., 2018; Figure 2). Firstly, Wnt7a-Fz7 signaling activates protein kinase A (PKA), which increases the surface levels of AMPARs at extrasynaptic sites by promoting the phosphorylation of the GluA1 subunit of AMPARs at serine-845 (S845). Consistently, the Wnt7a-mediated increase in extrasynaptic surface AMPARs is blocked by both Fz7 shRNA and PKI amide, an inhibitor of PKA. In addition, quantum dot analyses of the GluA1 subunit of AMPARs show that Wnt7a increases the fraction of immobile synaptic GluA1 and at the same time increases the diffusion of extrasynaptic GluA1, suggesting Wnt7a also regulates the lateral movement of extrasynaptic AMPARs to the synapse (McLeod et al., 2018). Secondly, Wnt7a-Fz7 signaling increases synaptic recruitment of AMPARs through the activation of CaMKII. It is known that CaMKII phosphorylates proteins such as synaptic Ras GTPase-activating protein (SynGAP) at the postsynaptic density, resulting in a reduction of SynGAP at dendritic spines and the activation of Ras-ERK signaling, thereby promoting synaptic AMPAR localization (Araki et al., 2015). Consistently, Wnt7a decreases the level of SynGAP at dendritic spines, and this effect is blocked by inhibition of CaMKII (McLeod et al., 2018). Loss-of-function of Fz7 using shRNA also blocks the long-term potentiation (LTP)-induced increase in AMPARs at dendritic spines, in agreement with the view that Wnt7a signals through Fz7 to regulate AMPARs (McLeod et al., 2018). These findings demonstrate that Wnt7a-Fz7 signaling is required for dendritic spine growth and synaptic strength by regulating the synaptic recruitment of AMPARs. These studies also revealed that Wnt7a-Fz7 signaling targets known synaptic plasticity pathways that contribute to LTP.
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FIGURE 2. Regulation of the synaptic localization of AMPARs by Wnt7a-Fz7 signaling. Wnt7a binds to the Frizzled 7 (Fz7) receptor present at dendritic spines and activates PKA, resulting in an increase in extrasynaptic AMPARs through phosphorylation of the GluA1 subunit of AMPARs at serine (S) 845. Wnt7a might also regulate the subsequent movement of extrasynaptic AMPARs to the synapse by lateral diffusion. In addition, Wnt7a-Fz7 signaling activates calcium/calmodulin-dependent protein kinase II (CaMKII), which phosphorylates synaptic Ras GTPase-activating protein (SynGAP) and activates Ras-ERK signaling, resulting in increased levels of AMPARs at dendritic spines.





Wnt5a Is Sufficient but Not Required for Dendritic Spine Formation

Wnt5a, like Wnt7a, regulates synapse formation during development at the presynaptic and postsynaptic sides. However, our understanding of the role of Wnt5a in presynaptic assembly is limited because most results are based on in vitro gain-of-function studies (Farías et al., 2009; Paganoni et al., 2010). In contrast, the contribution of Wnt5a to postsynaptic assembly is relatively well established. Exposure of cultured hippocampal neurons to exogenous Wnt5a promotes postsynaptic assembly by inducing the formation of dendritic spines (Varela-Nallar et al., 2010; Ramírez et al., 2016).

What is the receptor mediating the postsynaptic effects of Wnt5a? Studies suggest that Fz9 is a potential Wnt5a receptor (Ramírez et al., 2016). In synaptosomes isolated from adult rat brains, Fz9 is highly enriched in the PSD-95-containing fraction but not in the synaptophysin-enriched fraction, suggesting Fz9 is localized postsynaptically. Interestingly, Wnt5a is also coimmunoprecipitated with the CRD domain of Fz9. Importantly, Fz9 shRNA or blockade with the soluble CRD domain of Fz9 attenuates the Wnt5a-mediated increase in dendritic spine density (Ramírez et al., 2016). Thus, Wnt5a promotes dendritic spine formation, possibly through Fz9.

In contrast to the in vitro studies described above, in vivo studies showed that Wn5a is required for the maintenance of dendritic spines but not for their formation. To examine the in vivo role of Wnt5a in dendritic spine development and maintenance, a Wnt5a conditional knockout mice model was generated, whereby the Wnt5a locus was floxed by the pan-neuronal Nestin-Cre line expressed from embryonic day 10 (Chen et al., 2017). Wnt5a deficient mice do not exhibit defects in dendritic spine formation during postnatal development and up to 3 months of age. In contrast at 4.5 months, these mice develop defects in dendritic spine density in the hippocampus, without overt neuronal loss or change in axonal morphology. This phenotype becomes progressively more severe with age. Analyses of the downstream cascade showed that levels of the PCP pathway (phosphorylated Jun N-terminal kinase and active Ras-related C3 botulinum toxin substrate) and calcium cascade (phosphorylated CaMKII) are reduced in 3-month-old Wnt5a mutant mice even before the appearance of structural abnormalities. In contrast, the canonical signaling pathway evaluated by the levels of nuclear β-catenin is unchanged (Chen et al., 2017). The signaling defects are rescued by injection of adeno-associated virus (AAV)-expressing Wnt5a into the hippocampus of 3-month-old Wnt5a mutant mice. Furthermore, the reduction in dendritic spine number in 6-month-old Wnt5a mutants is reversed after 3 months of AAV-Wnt5a administration, suggesting that exogenous Wnt5a leads to the formation of new dendritic spines and the maintenance of existing ones. In summary, these results demonstrate that Wnt5a is not required for dendritic spine formation during development, possibly due to compensation by other Wnts including Wnt7a. However, Wnt5a is required for the maintenance of dendritic spines in the adult brain, likely through the PCP and/or calcium signaling pathways (Chen et al., 2017).




NEURONAL ACTIVITY MODULATES THE LEVELS OF WNTS AND THE LOCALIZATION OF THEIR RECEPTORS TO PROMOTE ACTIVITY-MEDIATED SYNAPSE FORMATION

Neuronal activity, which is crucial for synapse formation and modulation of neuronal connectivity, collaborates with Wnt signaling to promote synapse formation. In vivo studies have shown that neuronal activity modulates the expression of Wnt7a/b in the hippocampus. Mice housed under enriched environment (EE) conditions for 3 weeks exhibit increased levels of Wnt7a/b protein in the soma and dendrites of CA3 pyramidal neurons (Gogolla et al., 2009). Mice exposed to EE also exhibit an increased number of synapses in the hippocampal stratum lucidum and higher synapse densities at mossy fiber terminals projecting onto pyramidal neurons. The synaptic changes are likely mediated by Wnt7a since these changes are abolished in the presence of the Wnt antagonist sFRP-1, whilst local injection of Wnt7a protein into the hippocampus not exposed to EE conditions induces the same synaptic changes as observed following EE (Gogolla et al., 2009). Thus, changes in neuronal activity promote an increase in Wnt7a/b levels in hippocampal neurons, leading to synaptic remodeling between mossy fiber axons and CA3 dendrites.

Wnts and neuronal activity also cooperate to promote the formation of multi-innervated spines (MIS), dendritic spines that receive multiple presynaptic inputs. Although the number of MIS is low under basal conditions, LTP significantly increases the number of these structures (Nikonenko et al., 2003). However, the mechanisms controlling the formation of MIS remain poorly understood. A recent study showed that inhibition of Wnt signaling with sFRP-3 blocks the formation of MIS induced by N-Methyl-D-aspartate-mediated chemical LTP (cLTP; McLeod et al., 2020). Importantly, exposure to Wnt7a induces MIS formation in hippocampal neurons. Hence, Wnts, possibly Wnt7a, are required for activity-mediated MIS formation in hippocampal neurons.

Neuronal activity also modulates Wnt7a/b protein levels in hippocampal neurons. Indeed, both glutamate-induced depolarization and glycine-mediated cLTP increase Wnt7a/b protein levels in cultured rat hippocampal neurons (Tabatadze et al., 2014; McLeod et al., 2018). High-frequency stimulation (HFS) in brain slices also increases Wnt7a/b protein levels in the stratum radiatum of the CA1 region (McLeod et al., 2018). Further studies showed a rapid increase in Wnt7a/b protein at dendritic spines within 5 min of LTP induction. The fast accumulation of Wnt7a/b protein suggests that neuronal activity modulates the recruitment of Wnt7a/b protein to neuronal processes or promotes its release (McLeod et al., 2018). In contrast to Wnt7a, neither cLTP nor blockade of neuronal activity with L-type calcium channel antagonist nifedipine affects endogenous Wnt5a levels at glutamatergic synapses in cultured hippocampal neurons (Bian et al., 2015; McLeod et al., 2018). These results demonstrate that changes in neuronal activity regulate the expression and/or release of certain Wnt proteins in hippocampal neurons. Given the increased levels of Wnt7a/b at dendritic spines, these findings suggest that the levels of Wnt proteins can be regulated locally.

Changes in neuronal activity also regulate the localization of Wnt receptors to the cell surface and particularly at the synapse (Figure 3). Surface biotinylation experiments showed that potassium chloride depolarization increases the surface expression of Fz5 (sFz5; Sahores et al., 2010). Although Fz5 receptors are localized to both sides of the synapse, they are not enriched at dendritic spines, suggesting the increase in sFz5 is primarily presynaptic (McLeod et al., 2018). This finding led to further investigation of the role of neuronal activity in the localization of Fz receptors to the synapse. Interestingly, different patterns of neuronal activity elicit different changes in synaptic sFz5. In cultured hippocampal neurons, HFS increases sFz5 and mobilization of sFz5 to the synapse, whilst low- frequency stimulation decreases both sFz5 and its synaptic localization (Sahores et al., 2010). The total levels of Fz5 protein are unchanged after either pattern of stimulation, suggesting that changes in neuronal activity mainly affect the trafficking of this Wnt receptor to the cell surface and its localization to the synapse.


[image: image]

FIGURE 3. Cooperativity between neuronal activity and Wnt7a signaling in synapse formation. Under basal conditions, Wnt7a is present at the synapse. A fraction of Frizzled 5 (Fz5) receptor is also localized to both sides of the synapse, with relatively moreof the receptor at the presynaptic side. Changes in neuronal activity such as high-frequency stimulation (HFS) increase the expression and/or release of Wnt7a. In turn, Wnt7a increases the proportion of synaptic surface Fz5, thus changing the magnitude of Wnt signaling and contributing to activity-mediated synapse formation. However, it is unknown if the levels or localization of Fz5 at the postsynaptic side are modulated by neuronal activity.



What are the mechanisms through which HFS increases synaptic sFz5? Given that neuronal activity regulates Wnt expression and/or release, Sahores et al. (2010) tested the idea that the increase in synaptic sFz5 following HFS might be dependent on endogenous Wnt ligands. Consistent with this hypothesis, the HFS-mediated increase in synaptic sFz5 is attenuated by exposure to both sFRPs and Fz5 CRD. Thus, the trafficking of sFz5 to the synapse requires endogenous Wnts that bind to Fz5. Importantly, Fz5 blockade also abolishes HFS-mediated synapse formation (Sahores et al., 2010). In summary, these studies demonstrate that changes in neuronal activity such as HFS regulate Wnt signaling by modulating the expression and/or release of Wnt ligands such as Wnt7a/b and also by promoting the synaptic localization of Fz5. Thus, the increased localization of Wnt ligands and their receptors at the synapse contribute to activity-mediated synapse formation.



DISCUSSION

Here we discussed the role of Wnt signaling in the formation of excitatory synapses during development and in response to neuronal activity. In the adult hippocampus, growing evidence suggests that neuronal activity and Wnt signaling cooperate to promote synapse remodeling and synaptic plasticity. Changes in neuronal activity in hippocampal neurons modulate the expression and/or release of Wnts such as Wnt7a/b, which in turn affects the synaptic localization of Wnt receptors. Collectively, changes in the synaptic levels of Wnts and their receptors affect the magnitude of Wnt signaling, contributing to activity-mediated synapse formation.

During development, the assembly of synapses at both the presynaptic and postsynaptic sides require the activation of Wnt signaling pathways. Wnt7a and Wnt5a in particular have critical roles in this process (Figure 4). Wnt7a-Fz5 and Wnt7a-Fz7 signaling are necessary for presynaptic and postsynaptic assembly respectively. In contrast, Wnt5a specifically regulates postsynaptic assembly through Fz9 but it is not required for dendritic spine formation. Further studies are required to determine the mechanisms by which neuronal activity and Wnt signaling cooperate to promote synapse formation during postnatal development.


[image: image]

FIGURE 4. Wnt ligands promote synapse formation through different Fz receptors. Wnt7a signaling through Frizzled 5 (Fz5) and Fz7 is required for presynaptic assembly and dendritic spine formation respectively. Wnt5a through Fz9 is also sufficient but not required for the formation of dendritic spines.



In addition to Wnts, a number of secreted and membrane-bound proteins also regulate synapse formation during development (Shen and Cowan, 2010; Südhof, 2018; Short et al., 2021). However, the cooperation between these different synaptogenic proteins is not fully understood. It is unclear if the different synaptogenic proteins act in a chronological manner or if they cooperate with each other at different stages of synapse assembly. Further studies in this area will provide a better understanding of how synapses are assembled.

In mammals, the cooperation between neuronal activity and Wnt signaling to promote synapse formation has been studied primarily in the hippocampus. Does such cooperativity also exist in other regions of the nervous system? Studies using non-mammalian model organisms could also provide further insight into this question. For example, retinotectal synapses in the developing Xenopus optic tectum undergo synaptic remodeling in response to repetitive exposure to unidirectional moving visual stimuli (Engert et al., 2002). Interestingly, exposure to the Wnt antagonist sFRP-2 markedly reduces synaptic remodeling in the dorsal tectum after exposure to visual stimuli. These results demonstrate that Wnt signaling is required for activity-mediated synaptic remodeling in the Xenopus dorsal tectum (Lim et al., 2010). Future studies will shed new light not only on how cooperativity between neuronal activity and Wnt signaling regulates synapse formation but also on their role in synaptic remodeling and synaptic plasticity. These studies will provide new avenues to restore neuronal connectivity in neurodevelopmental and neurodegenerative disorders.
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Contacts between the endoplasmic reticulum (ER) and plasma membrane (PM) contain specialized tethering proteins that bind both ER and PM membranes. In excitable cells, ER–PM contacts play an important role in calcium signaling and transferring lipids. Junctophilins are a conserved family of ER–PM tethering proteins. They are predominantly expressed in muscles and neurons and known to simultaneously bind both ER- and PM-localized ion channels. Since their discovery two decades ago, functional studies using junctophilin-deficient animals have provided a deep understanding of their roles in muscles and neurons, including excitation-contraction coupling, store-operated calcium entry (SOCE), and afterhyperpolarization (AHP). In this review, we highlight key findings from mouse, fly, and worm that support evolutionary conservation of junctophilins.
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INTRODUCTION

Close contact sites between membrane compartments are observed universally in all cell types (Prinz et al., 2020). Junctional Membrane Complexes (JMCs) refer to stable contacts between the endoplasmic reticulum (ER) and plasma membrane (PM) found in excitable cells, particularly muscles and neurons. JMCs are composed of unique proteins that couple PM electrical excitation to ER calcium release. This review focuses on the junctophilin protein family, originally identified from rabbit muscle JMCs. Extensive work has now established that junctophilins are the primary component responsible for the generation of JMCs in skeletal and cardiac muscles. Junctophilins directly bind PM- and ER-localized calcium channels, and enable efficient trans-membrane signaling. Here, we will begin with a historical overview on the discovery of junctophilins, then cover functional studies of mammalian junctophilins in muscles and neurons, and end with emerging evidence supporting evolutionary conservation of junctophilins.


Discovery of Junctophilins at Triad Junctions in Muscle

Muscles have specialized structures known as transverse tubules (t-tubules) that are tubular invaginations of the PM. T-tubules extend the PM deep into the muscle cell where they make JMCs with the sarcoplasmic reticulum (SR, muscle equivalent of ER). In skeletal muscle, t-tubules are sandwiched between two SR compartments. Under electron microscopy, the t-tubule and adjacent SR appear as three compartments in a row and hence are called “triads.” In cardiac muscle, t-tubules are adjacent to only one SR compartment at a time and hence these are called “diads.”

Triads and diads are critical for excitation-contraction coupling in muscle contraction. In skeletal muscle, PM depolarization causes the voltage sensing L-type calcium channel (LTCC) to undergo a conformational change. Through direct physical coupling, the LTCCs trigger the opening of calcium-activated calcium channels called ryanodine receptors (RyRs) on the SR surface. RyRs release calcium from SR stores and binding of calcium to actin-myosin filaments enables muscle contraction. In skeletal muscle, LTCCs and RyRs are physically coupled and localize to triads. In cardiac muscle, LTCCs and RyRs localize to diads, but LTCCs are not physically coupled to RyRs. Instead, entry of extracellular calcium through LTCCs activates and opens RyRs, which is called calcium-induced calcium release.

In the late 1990s, the molecular basis of triad and diad formation was unclear. Knocking out the LTCC and RyRs in mouse skeletal muscle reduced the number of triad junctions, but the structure of formed triads was morphologically normal (Franzini-Armstrong et al., 1991; Ikemoto et al., 1997). The SR transmembrane proteins triadin and junctin localize to triads, but hydropathy and topology analysis placed the bulk of both proteins in the SR lumen, making it unlikely that the small cytoplasmic portions could directly interact with the PM (Knudson et al., 1993; Jones et al., 1995). These observations suggested that other, yet undiscovered, molecules were the primary structural component of triad junctions.

To identify proteins involved in triad formation, Takeshima et al. (1998) generated monoclonal antibodies against isolated SR vesicles enriched for junctional membranes from rabbit skeletal muscle. Using these antibodies for immunostaining rabbit skeletal muscle cryosections, they identified an antibody that labeled transverse rows corresponding to the location of triad junctions. Further screening of a protein-expression library using this antibody revealed a novel protein, named junctophilin 1 (JPH1) (Takeshima et al., 2000). Through cross-hybridization with mouse cDNA libraries, two other junctophilins were identified which were named junctophilin 2 (JPH2) and junctophilin 3 (JPH3). A fourth junctophilin, junctophilin 4 (JPH4), was later identified by sequence homology (Nishi et al., 2003). Importantly, electron microscopy studies with immunogold labeling confirmed that JPH1 localizes to JMCs in rabbit skeletal muscle (Takeshima et al., 2000).



Junctophilin Isotypes Are Differentially Expressed in Excitable Tissues

mRNA and protein analyses in mouse and human tissue samples revealed that the four mammalian junctophilins have different expression patterns in excitable tissues. Skeletal muscle expresses both JPH1 and JPH2 at similar levels, while JPH2 is the primary isotype in heart and smooth muscle (Nishi et al., 2000; Takeshima et al., 2000; Ito et al., 2001; Minamisawa et al., 2004; Pritchard et al., 2019; Saeki et al., 2019). JPH3 and JPH4 are broadly expressed in neurons of the brain and nervous system (Takeshima et al., 2000; Nishi et al., 2003, 2000). In addition, JPH3 is expressed in pancreatic beta cells (Li et al., 2016) and JPH4 is expressed in T-cells (Woo et al., 2016), both of which are excitable cell types.



Junctophilin Domain Structure Facilitates Simultaneous ER and PM Binding

Junctophilins are conserved from C. elegans to humans (Figure 1A). Their domain structure supports their role as an ER–PM contact site protein (Garbino et al., 2009). All junctophilins have eight N-terminal MORN (Membrane Occupation and Recognition Nexus) motifs, which are 14 amino acid motifs with the consensus sequence YxGxWxxGKRHGYG (Figure 1A) (Takeshima et al., 2000; Garbino et al., 2009). Expression studies in amphibian embryos using full-length and truncated rabbit JPH1 showed that MORN motifs are required for targeting JPH1 to the PM (Takeshima et al., 2000). Lipid binding assays showed that recombinant versions of JPH1 and JPH2 that lack the transmembrane domain can bind directly to phospholipids, particularly types enriched in the PM, suggesting that junctophilins can bind to the PM through their MORN motifs (Kakizawa et al., 2008; Bennett et al., 2013).
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FIGURE 1. Domain structures of junctophilin proteins and C. elegans junctophilin localization and function. (A) Domain structures of the four Mus musculus (mouse) junctophilins and sole members in Drosophila melanogaster (fly) and Caenorhabditis elegans (worm). Dashed lines indicate JPH2 cleavage sites. E169K mutation blocks binding to RyR and a 25 aa peptide flanking E169 prevents spontaneous RyR channel opening. Gene accession numbers are: M. musculus JPH1 (NP_065629.1), M. musculus JPH2 (NP_001192005.1), M. musculus JPH3 (NP_065630.1), M. musculus JPH4 (NP_796023.2), D. melanogaster Jp (NP_523525.2), and C. elegans JPH-1 (NP_492193.2). (B) Expression of GFP-tagged JPH-1 shows localization to JMCs in C. elegans muscles and neurons. Top: Head of a C. elegans animal showing GFP::JPH-1 in the pharyngeal muscle and body wall muscle. The white arrow indicates GFP::JPH-1 expression in a bundle of neuronal processes known as the nerve ring. Bottom left: In body wall muscle, JPH-1 localizes to rows of puncta, each one a JMC. Bottom right: In neurons, JPH-1 labels JMCs that form at the periphery of the soma. White asterisks mark neuronal nuclei. (C) jph-1 is required for the co-localization of UNC-68/RyR and EGL-19/LTCC in body wall muscle. jph-1(0) is a complete knockout. Scale bars, 5 μm. Panels (B,C) reproduced from Piggott et al. (2021).


Following the MORN motifs is a predicted α-helical domain of approximately 70 amino acids that would provide a flexible linker 10.5 nm long, enough to span the 10–12 nm JMCs (Garbino et al., 2009). The divergent region (Figure 1A) has high conservation when comparing the same isotype in different species – for example, >80% sequence identity when comparing human, mouse, and rat isotypes – but low conservation between JPH isotypes, with <20% sequence identity across isotypes in human, mouse, and rat (Garbino et al., 2009). The divergent region might be important for the isotype-specific functions of junctophilin, such as tissue-specific binding sites (Garbino et al., 2009).

A hydrophobic transmembrane domain resides at the C-terminus of junctophilin and anchors junctophilin in the ER/SR membrane (Takeshima et al., 2000). Collectively, these domains allow junctophilins to simultaneously bind both PM and ER membranes and localize to ER–PM JMCs.



Junctophilins Tether ER and PM Membranes

Junctophilins localize to ER–PM membrane contact sites by simultaneously binding both the ER and PM, thereby functioning as membrane tethers. Expression of JPH1 in amphibian embryos generated ER–PM contacts as well as unnatural ER stacks visible by electron microscopy, demonstrating that junctophilins are capable of tethering membranes (Takeshima et al., 2000). JPH2 knockout is embryonic lethal due to cardiac failure (Takeshima et al., 2000). Embryonic cardiomyocytes from JPH2 knockout mice had fewer 12 nm JMCs, suggesting that JPH2 is required for ER–PM coupling (Takeshima et al., 2000). Using an inducible heart-specific JPH2 knockdown to bypass embryonic lethality, van Oort et al. (2011) showed that JPH2 knockdown reduces ER–PM contact site number. Conversely, heart-specific overexpression of JPH2 in mouse increased ER–PM contact site area and also generated convoluted membrane structures visible by electron microscopy (Guo et al., 2014), reminiscent of the ER stacks generated by JPH1 overexpression in amphibian embryos (Takeshima et al., 2000). Taken together, these early studies provide strong evidence that junctophilin acts as an ER–PM tether.



FUNCTIONAL STUDIES OF MAMMALIAN JPH1 AND JPH2 IN MUSCLES

Over the past two decades, extensive studies using knockdown and knockout mice and relevant cell lines have supported critical roles of junctophilins in various types of muscle. Below, we will review functional studies of each junctophilin (summarized in Table 1).


TABLE 1. Functions of junctophilins from invertebrates to mammals.
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JPH1 and JPH2 Form and Stabilize Triad Junctions and T-Tubules in Muscles

JPH1 was first identified as a protein that localizes to triad junctions in rabbit skeletal muscle (Takeshima et al., 2000). Skeletal muscle from newborn JPH1 knockout mice has abnormal SR morphology and fewer triads, consistent with a role for JPH1 in triad formation (Ito et al., 2001). JPH1 knockout mice also have weaker muscle contraction and die within a day of birth due to suckling defects, suggesting that JPH1-mediated triad assembly is critical for muscle function (Ito et al., 2001). In adult mice, dual knockdown of JPH1 and JPH2 disrupts existing triads (Hirata et al., 2006). Therefore, JPH1 and JPH2 are required for both triad development and stabilization. Junctophilin’s ability to directly bind membranes likely contributes to this role. However, interactions with JMC-localized proteins such as the LTCC and RyRs, which will be discussed later in this article, may contribute to both membrane tethering and targeting JPH1 and JPH2 to triads.

Extensive studies have shown that JPH2 is also involved in the development and stabilization of t-tubules. The arrival of JPH2 at the rat cardiomyocyte PM coincides with the start of membrane invagination at P10 (Ziman et al., 2010). Constitutive heart-specific knockdown of JPH2 impedes t-tubule development (Chen et al., 2013; Reynolds et al., 2013). Knockdown of JPH2 in rat myocytes disrupts the organization of existing t-tubules (Wei et al., 2010). In an inducible mouse heart failure model, where JPH2 undergoes proteolytic cleavage, t-tubules are disrupted, suggesting that intact JPH2 is required for t-tubule maintenance (Wu et al., 2014). JPH2 overexpression has the opposite effect on t-tubule organization. Heart-specific JPH2 overexpression in mouse accelerates t-tubule development (Reynolds et al., 2013). In trans-aortic banded mice, which normally exhibit t-tubule disruption, JPH2 overexpression protects t-tubule organization (Guo et al., 2014). Given their ability to simultaneously bind t-tubule and SR membranes, it is conceivable that JPH2 generates and maintains t-tubule organization by tethering t-tubules to the SR.

These findings highlight junctophilin’s role as a structural protein that shapes the muscle ultrastructure. However, as we will discuss next, junctophilins also play a key role in positioning and regulating ion channels to facilitate excitation-contraction coupling.



JPH1 and JPH2 Facilitate Localization and Coupling of Calcium Channels for Excitation-Contraction Coupling

The co-localization of ER- and PM-localized calcium channels at JMCs is essential for effective excitation-contraction coupling. In skeletal muscle, depolarization of the PM causes LTCCs to trigger the opening of physically linked RyRs and release calcium from SR stores. In heart muscle, PM depolarization opens LTCCs and the resulting calcium influx triggers the opening of nearby RyRs. In both cases, coupling of PM-localized LTCCs and SR-localized RyRs is crucial for effective conversion of PM depolarization to SR calcium release which drives muscle contraction.

Pioneering studies showed that embryonic cardiomyocytes isolated from JPH2 knockout mice exhibited random, unsynchronized calcium transients (Takeshima et al., 2000). Calcium transients occurred even when extracellular calcium was removed, indicating that JPH2 is required for coupling SR calcium release to extracellular calcium entry (Takeshima et al., 2000). In cardiomyocytes and intact hearts from JPH2 knockdown mice, electrical stimulation induced calcium transients that were smaller and irregular compared to wild-type (Chen et al., 2013; Reynolds et al., 2013). This occurred with no change to LTCC and RyR protein levels, suggesting that LTCCs and and/or RyRs were mis-localized or mis-regulated when JPH2 was depleted.

Multiple studies have demonstrated that junctophilins interact with both RyRs and the LTCC. Super-resolution microscopy of rat cardiomyocytes showed that roughly 80% of RyRs and JPH2 co-localize (Jayasinghe et al., 2012). Co-immunoprecipitation studies in rabbit skeletal muscle, mouse heart muscle, and transiently transfected HEK293 cells demonstrated binding between JPH1 or JPH2 and RyRs (Phimister et al., 2007; Golini et al., 2011; van Oort et al., 2011; Beavers et al., 2013). Similarly, in rabbit skeletal muscle binding was seen between JPH1 or JPH2 and the LTCC (Golini et al., 2011). Moreover, cardiomyocytes isolated from heart-specific JPH2 knockdown mice had reduced LTCC and RyR co-localization (van Oort et al., 2011). These cardiomyocytes had normal depolarization-stimulated calcium influx through LTCCs but smaller cytosolic transients. These findings suggest that JPH2 is required for co-localizing LTCCs and RyRs so that extracellular calcium entry through LTCCs can efficiently stimulate RyR-mediated SR calcium release.

Another elegant study addressed the role of direct protein interactions in localizing LTCCs (Nakada et al., 2018). In GLT myotubes, expression of LTCCs with a point mutation that blocked binding to JPH1 and JPH2 caused LTCCs to become diffuse and no longer co-localize with RyR. Fewer myotubes produced calcium transients in response to electric field stimulation, and those that produced transients had smaller amplitudes. Moreover, mis-localizing LTCCs by introducing a truncated JPH1 lacking the transmembrane domain that itself was mis-localized resulted in reduced calcium amplitude and reduced contraction strength in mouse skeletal muscle. Therefore, JPH2 likely mediates excitation-contraction coupling by binding to and localizing LTCCs near RyRs.

Altogether, this substantial body of work, performed in multiple systems, shows that JPH1 and JPH2 directly bind the LTCC and RyRs to facilitate their co-localization and enable efficient excitation-contraction coupling.



JPH2 Controls Gating of Calcium Channels

A growing body of evidence suggests that junctophilins not only couple ER- and PM-localized calcium channels but also play a role in channel gating. Cardiomyocytes have spontaneous local increases in cytosolic calcium called “calcium sparks” that are caused by opening of RyRs (Cheng et al., 1993). Cardiomyocytes from inducible JPH2 knockdown mouse hearts have larger and more frequent spontaneous calcium sparks with no change in RyR expression level, suggesting that JPH2 is required for keeping RyRs closed (van Oort et al., 2011; Wang et al., 2014). Cardiomyocytes from mice expressing JPH2 with the E169K mutation, a residue required for RyR binding, also have more frequent spontaneous calcium sparks, suggesting that JPH2 directly binds and gates RyRs (Figure 1A) (Beavers et al., 2013). Supporting this, addition of a 25aa peptide flanking E169 to permeabilized cardiomyocytes from JPH2 knockdown mice abolishes spontaneous calcium release (Beavers et al., 2013).

Further evidence that JPH2-binding controls RyR gating comes from in vitro single-channel recordings using microsomes extracted from mouse hearts and reconstituted in planar lipid bilayers. RyRs from inducible JPH2 knockdown mouse hearts have higher open probability than RyRs from wild-type mice, suggesting that JPH2 prevents RyR opening (Wang et al., 2014). The 25aa JPH2-derived peptide flanking E169 reduces RyR opening probability to wild-type levels (Beavers et al., 2013). Conversely, JPH2 knockdown reduced spontaneous calcium spark frequency in HL-1 immortalized cardiomyocytes (Landstrom et al., 2011). This response, which was the opposite of results obtained from cardiomyocytes from JPH2 knockdown mice, may have been different due to the immortalized nature and altered calcium handling of HL-1 cells.

JPH1 and JPH2 dual knockdown in C2C12 myotubes in vitro has been shown to impair calcium influx through LTCC (Nakada et al., 2018). These findings were seen with unchanged membrane expression of LTCC and suggest that junctophilins may gate LTCC, though could also be explained by attenuation of a retrograde signal from RyR (Nakai et al., 1996).



JPH1 and JPH2 Are Required for Store-Operated Calcium Entry in Skeletal Muscle

When ER calcium stores are depleted, they can be replenished through a process called store-operated calcium entry (SOCE). ER calcium sensor STIM1 senses the drop in calcium concentration and relocalizes to ER–PM contacts, where it activates PM-localized calcium channel Orai1 to allow the entry of extracellular calcium. Sarco/ER calcium transport ATPase (SERCA) pumps then take up the calcium into the ER (Serwach and Gruszczynska-biegala, 2020).

In vitro and in vivo studies in skeletal muscle have demonstrated roles for junctophilins in SOCE. Knockdown of both JPH1 and JPH2 in cultured myotubes reduced pharmacologically-induced SOCE, measured by the quenching of intracellular Fura-2 by the entry of extracellular Mn2+ through SOCE channels (Hirata et al., 2006; Li et al., 2010). Adenovirus-mediated knockdown of both JPH1 and JPH2 in mouse skeletal muscle also reduced SOCE, indicated by the reduction of calcium in t-tubules (Hirata et al., 2006). This was associated with a slower recovery of voltage-induced calcium release after SR calcium depletion, consistent with impaired SOCE (Hirata et al., 2006). Skeletal muscle from these mice was found to have deformed triads (Hirata et al., 2006). As STIM1 and Orai1 interact at ER–PM contacts, an appealing hypothesis is that JPH1 and JPH2 are required for SOCE in skeletal muscle because STIM1-Orai1 interactions occur at JMCs generated by junctophilins.



JPH2 Couples RyRs and BK Channels in Smooth Muscle

Like cardiac and skeletal muscle, smooth muscle contraction is primarily regulated by an increase in cytosolic calcium concentration (Allen and Walsh, 1994). However, the regulation of cytosolic calcium in smooth muscle is a complex process that can be modulated by various signaling pathways (Kuo and Ehrlich, 2015). Similar to cardiac muscle, membrane depolarization triggers calcium-induced calcium release involving the LTCC and RyRs (Sanders, 1985). Alternatively, extracellular ligands bind to PM-localized receptors which generate 1,4,5-trisphosphate (IP3). IP3 diffuses across the cytosol and activates SR-localized calcium channels known as IP3 receptors, which release SR calcium (Sanders, 1985). Both calcium-induced and IP3-induced calcium release would appear to benefit from close coupling of the ER and PM. Indeed, LTCCs and RyRs co-localize at JMCs in smooth muscle (Moore et al., 2004). However, LTCCs and RyRs in smooth muscle exhibit “loose” coupling, wherein LTCC opening does not necessarily trigger RyR activation, and RyRs can open spontaneously to generate calcium sparks (Collier et al., 2000). Furthermore, unlike cardiac and skeletal muscle, smooth muscle lacks t-tubules to enhance ER–PM contact area. Therefore, JMCs, and by extension, junctophilins, may not be as critical for excitation-contraction coupling in smooth muscle as in cardiac or skeletal muscle.

Studies on junctophilins in smooth muscle have focused on coupling between RyRs and large conductance calcium-activated potassium channels, commonly called BK channels (short for “big potassium”). Calcium sparks from spontaneous opening of RyRs activate nearby BK channels and generate an outward potassium current (Nelson et al., 1995). This hyperpolarizes the PM, suppressing depolarization-dependent calcium influx and relaxing the muscle (Bolton and Imaizumi, 1996). JPH2 is the most abundant junctophilin isotype in vascular smooth muscle (Pritchard et al., 2019; Saeki et al., 2019). JPH2 localization overlaps with RyR and BK channels in vascular smooth muscle, where it directly binds BK, suggesting JPH2 couples RyRs and BK channels (Pritchard et al., 2019; Saeki et al., 2019). Calcium sparks, visualized using TIRF microscopy and the fluorescent calcium indicator Fluo-4 AM, occur near JPH2 clusters (Saeki et al., 2019). The outward current activated by spontaneous calcium sparks is reduced when JPH2 is knocked down, consistent with a role for JPH2 in coupling RyRs and BK channels (Pritchard et al., 2019; Saeki et al., 2019). Further supporting this, JPH2 knockdown causes increased vascular smooth muscle contraction (Pritchard et al., 2019; Saeki et al., 2019). Therefore, JPH2 plays an important role in maintaining vascular smooth muscle resting tone by coupling RyRs to BK channels. As JPH2 expression was detected in mouse stomach and lung (Takeshima et al., 2000), which contain smooth muscle, further study will be required to determine if this function of JPH2 is conserved across smooth muscle in different tissues.



Heart Stress Induces Cleavage of JPH2 to Regulate Transcription in Heart Muscle

Excessive muscle contraction and heart stress can cause prolonged elevation of cytosolic calcium (Gissel, 2000; Stary and Hogan, 2000; Dhalla et al., 2008). Such increases in calcium have been shown to disrupt excitation-contraction coupling in muscle fibers without altering LTCC or RyR levels (Lamb et al., 1995). Evoking high calcium levels was found to cause proteolysis of JPH1 and JPH2 in mouse skeletal muscle, raising the possibility that disrupted excitation-contraction coupling was due to junctophilin degradation (Murphy et al., 2013). In support of this, exposure of rat muscle fiber to high calcium degraded JPH1 and reduced the muscle’s contractile force (Murphy et al., 2013).

Junctophilin cleavage was found to be dependent on the calcium-activated protease calpain, as administering a calpain inhibitor to an inducible mouse model of heart failure blocked JPH2 cleavage and the associated t-tubule disruption and abnormal calcium handling (Wu et al., 2014). Subsequent studies revealed three putative calpain cleavage sites in JPH2 (Figure 1A) (Guo et al., 2015). Moreover, an N-terminal cleavage product of JPH2 (JPH2-NT) produced by heart stress is directed to the nucleus where it directly binds DNA (Guo et al., 2018). Microarray analysis of cultured cardiomyocytes overexpressing JPH2-NT demonstrated that JPH2-NT could alter transcription, likely by competing with transcription factors for DNA binding. Guo et al. further showed that JPH2-NT overexpression protected mouse hearts against stress, and in the converse experiment, preventing nuclear accumulation (by deleting the NLS in endogenous JPH2) exacerbated symptoms of heart stress.

Disrupted excitation-contraction coupling is considered to be a common step in the progression of heart failure (Ibrahim et al., 2011). It can be argued that reducing excitation-contraction coupling by cleaving JPH2 provides a temporary solution to excessive cardiac muscle contraction, which can lead to hypertrophy and eventually heart failure (Hunter and Chien, 1999). The cleavage product JPH2-NT has an additional protective role in inducing transcriptional reprogramming and attenuating the progression of heart failure (Guo et al., 2018). Terminating heart failure-inducing signals in a mouse model results in normalization of JPH2 levels, improvements in excitation-contraction coupling, and reversal of heart failure (Wu et al., 2014). Therefore, while JPH2 cleavage may be harmful under conditions of prolonged heart stress, it may be a beneficial response to short-term stress. Additional studies in other models will be required to test this model.



FUNCTIONAL STUDIES OF MAMMALIAN JPH3 AND JPH4 IN NEURONS


Neuronal Junctophilins Are Involved in Motor Coordination and Learning

JPH3 and JPH4 are broadly expressed in neurons of the brain and nervous system (Takeshima et al., 2000; Nishi et al., 2003, 2000). A growing body of evidence suggests that JPH3 and JPH4 have overlapping roles mediating learning and motor control through the regulation of intracellular calcium signaling in neurons. JPH3 or JPH4 knockout mice show slight impairment of motor coordination, which progresses with aging in the case of JPH3 knockout (Nishi et al., 2002; Kakizawa et al., 2007; Seixas et al., 2012). In contrast, JPH3 and JPH4 double knockout (JPH DKO) mice die 3-4 weeks after birth, though this can be prevented by switching their food from dry pellets to a wet paste, suggesting lethality is due to defects in the circuitry controlling saliva secretion (Moriguchi et al., 2006). JPH DKO causes severe defects in motor coordination, learning, and memory, suggesting that JPH3 and JPH4 have important overlapping roles in the brain (Moriguchi et al., 2006; Kakizawa et al., 2007).



JPH3 and JPH4 Are Required for Neuronal Afterhyperpolarization Currents

The molecular basis for the neurological defects in JPH DKO may lie in the production of afterhyperpolarization (AHP) currents. The depolarization and repolarization phases of an action potential are followed by AHP, where the neuron’s membrane potential falls below the normal resting potential, and is one factor determining action potential frequency (Andrade et al., 2012). Slice recordings in hippocampal CA1 neurons obtained from JPH DKO mice showed that AHP is absent (Moriguchi et al., 2006). Inhibitors of NMDA receptor cation channels, RyR channels, and small conductance calcium-activated potassium (SK) channels abolished AHP in wild-type neurons but had no additional effect on currents in JPH DKO neurons, leading the authors to propose that neuronal junctophilins are required for the production of AHP currents by coupling NMDA receptors, RyRs, and SK channels (Moriguchi et al., 2006). Slice recordings in cerebellar Purkinje cells obtained from JPH DKO mice or treated with channel inhibitors showed similar effects on AHP (Kakizawa et al., 2007). Moreover, addition of the SK channel enhancer EBIO restored AHP in Purkinje cells from JPH DKO animals, suggesting that SK channels are functional in JPH DKO but require junctophilin-mediated coupling to RyR for activation (Kakizawa et al., 2007).

Unlike in muscle, neuronal junctophilin knockout caused no disruption to ER–PM membrane contact sites detectable by electron microscopy (Nishi et al., 2002; Moriguchi et al., 2006; Kakizawa et al., 2007). Therefore, it appears that junctophilin’s main role in neurons is not to tether membranes but facilitate channel localization. Indeed, in cultured hippocampal CA1 neurons, studies using super-resolution microscopy showed that JPH3 and JPH4 are required to maintain the co-assembly of LTCCs, RyRs, and SK channels, and that disruption of this co-assembly leads to impaired AHP and more frequent action potentials (Sahu et al., 2019). These results suggest a model where junctophilins couple PM-localized cation channels (e.g., NMDA receptor, CaV1.3), ER-localized RyRs, and PM-localized SK channels for intracellular communication to link membrane depolarization to AHP current generation and ultimately control action potential frequency.

It is currently unclear how altered AHP might manifest as motor coordination and learning defects. Recordings from Purkinje cell and hippocampal CA1 neurons have shown that JPH DKO causes defects in long term potentiaton and long term depression (Moriguchi et al., 2006; Kakizawa et al., 2007). Future work will be required to determine the mechanism causing behavioral defects in JPH DKO animals.



A Trinucleotide Repeat Expansion in JPH3 Causes Huntington’s Disease-Like 2

Shortly after the discovery of junctophilins, a CAG/CTG repeat expansion in an alternatively spliced exon of JPH3 was found to cause Huntington disease-like 2 (HDL2), a disease clinically indistinguishable from Huntington’s disease (Holmes et al., 2001). Based on studies in cultured cells and transgenic mice, three disease mechanisms have been proposed: (1) sequestration of JPH3 mRNA carrying the expanded repeat and subsequent loss of function (Seixas et al., 2012), (2) toxic gain of function by JPH3 mRNA carrying the expanded repeat (Rudnicki et al., 2007), and (3) toxic gain of function peptides translated from either the sense or antisense strand carrying the expanded repeat (Wilburn et al., 2011). Additional studies will be required to determine if HDL2 pathogenesis involves the loss of endogenous JPH3 function, is caused by CUG repeats which merely happen to be located at the JPH3 locus, or a combination of both.



FUNCTION AND MECHANISM CONSERVATION: INSIGHTS FROM INVERTEBRATES

Recent studies from the invertebrates C. elegans and D. melanogaster have demonstrated that the functions and mechanisms of junctophilins are highly conserved. Invertebrates have only one junctophilin, facilitating the study of junctophilin without concerns of redundancy (Garbino et al., 2009) (Figure 1A).

In D. melanogaster, knockdown or overexpression of the sole junctophilin caused structural defects in skeletal and cardiac muscle structure which were accompanied by functional deficits (Calpena et al., 2018). However, the localization of fly junctophilin is not yet reported; therefore, its relationship to ER–PM calcium channels remains unaddressed. Interestingly, junctophilin overexpression appears to be protective against neuronal degeneration caused by expression of human huntingtin exon 1 carrying expanded polyglutamine repeats (Calpena et al., 2018). Genetic interaction experiments suggest that this role of junctophilin may involve the Notch signaling pathway.

In C. elegans, expression of GFP-tagged JPH-1 under the control of the jph-1 promoter showed that jph-1 is expressed in all muscles, and likely most neurons (Figure 1B) (Piggott et al., 2021). In muscles, JPH-1 localizes to longitudinal rows of puncta that match the pattern of repeating sarcomere units. These JPH-1 puncta co-localize with both the ER-localized UNC-68/RyR and PM-localized LTCC subunit EGL-19, implying that JPH-1 localizes to ER–PM contact sites. In neurons, JPH-1 co-localizes with the ER–PM contact site protein Extended-SYnaptoTagmin 2 (ESYT-2). Together, these data demonstrate that C. elegans junctophilin is expressed in excitable tissues and localizes to ER–PM contact sites, a feature that is conserved from C. elegans to mammals.

jph-1 knockout animals are viable, allowing the study of junctophilin function in whole animals (Piggott et al., 2021). jph-1 knockout animals show stunted growth and slow and uncoordinated movement. The stunted growth is likely due to reduced nutrient intake caused by weak contraction of the pharyngeal muscle, the organ that draws in and crushes bacteria for eating, as expression of JPH-1 in the pharyngeal muscle restored both muscle contraction and animal growth. The impaired movement is likely due to defective body wall muscle contraction, as expression of JPH-1 in body wall muscle rescued movement. Consistent with a role of jph-1 in coupling ER- and PM-localized calcium channels, jph-1 knockout abolishes co-localization between LTCC subunit EGL-19 and UNC-68/RyR in muscles (Figure 1C). Interestingly, precise subcellular localization of JPH-1 in both muscle and neurons depends on unc-68/RyR. It was reported that in rat cardiomyocytes, RyR localization to muscle triads precedes JPH2 arrival, suggesting that the targeting of junctophilins by RyRs may be conserved (Ziman et al., 2010). Mammalian JPH1 and JPH2 directly bind to RyR (Phimister et al., 2007; van Oort et al., 2011). Thus, it is possible that junctophilin targeting may involve directly binding to RyR already localized at MCSs.

Studies from C. elegans have also opened new directions for junctophilin research, particularly in neurons. jph-1 knockout animals were found to have reduced axon regrowth after injury (Piggott et al., 2021). Regrowth was rescued by expression of JPH-1 in pharyngeal muscle, raising the intriguing possibility that gut nutrients may impact neuronal injury response. In cholinergic neurons, JPH-1 surrounds synaptic release sites labeled by the vesicular acetylcholine transporter UNC-17. Pharmacological assays showed that jph-1 is required for synaptic transmission at the neuromuscular junction, a previously undescribed role for junctophilin. The ER–PM contact site protein ESYT-2 was also found to be required for synaptic transmission, echoing findings from D. melanogaster (Kikuma et al., 2017). Unexpectedly, mutating both jph-1 and esyt-2 restored wild-type synaptic transmission, in a display of mutual suppression (Piggott et al., 2021). While the underlying mechanism remains to be addressed, jph-1 and esyt-2 appear to have antagonistic roles in neuromuscular synaptic transmission. These observations hint at a delicate balance of different classes of tethering molecules at ER–PM junctions.

Gene duplication events provide the opportunity for isotypes to evolve specialized roles (Ohno, 1970). As vertebrates have four junctophilins and invertebrates have one, the ancestral function of junctophilin is likely closer to invertebrate junctophilins. Studies in C. elegans have shown that junctophilins likely have a conserved role in coupling ER- and PM-localized calcium channels, suggesting this is an ancestral role. Although a role in ER–PM tethering has yet to be experimentally demonstrated in fly or C. elegans, the high conservation of the overall domain structure and MORN motifs across species suggests that ER–PM tethering may also be an ancestral role.



CONCLUDING REMARKS

Since the discovery of junctophilins two decades ago, great progress has been made toward revealing their cell biology and functional importance. Compared to membrane contact sites, junctophilins are unique in that each isotype displays critical roles in a cell-type specific manner. JPH1 and JPH2 are expressed in muscle and contribute to muscle structure by generating JMCs, triads/diads, and t-tubules. JPH1 and JPH2 bind to LTCCs and RyRs to facilitate their co-localization and enable efficient excitation-contraction coupling. In addition to these well-established roles, there is evidence that JPH1 and JPH2 regulate SOCE in skeletal muscle, JPH2 controls gating of RyRs and acts as a transcriptional regulator in heart muscle, and JPH2 couples BK and RyR channels in smooth muscle. JPH3 and JPH4 are required in neurons for the generation of AHP currents and have roles in motor coordination and learning.

Emerging findings have begun to show additional roles for JPH3 and JPH4 in other cell types. JPH3 is required for glucose-stimulated insulin release in pancreatic beta cells (Li et al., 2016). JPH4 is required for SOCE in T-cells and dorsal root ganglia, showing that a role in SOCE is conserved in at least three out of four junctophilin isotypes (Woo et al., 2016; Hogea et al., 2021). JPH4 was found to facilitate SOCE by recruiting STIM1 and Orai1 to ER–PM contacts, providing a possible mechanism for how JPH1 and JPH2 might regulate SOCE in skeletal muscle (Woo et al., 2016; Hogea et al., 2021). In vitro studies demonstrated that JPH3 and JPH4 interact with Cav2.1 P/Q-type calcium channels and Cav2.2 N-type calcium channels and modify their inactivation rates (Perni and Beam, 2021). This study also found that JPH3 and JPH4 differentially interact with RyR isotypes, which may explain why the brain expresses two different junctophilin isotypes.

The roles of junctophilin in neurons are among the biggest open questions that remain to be addressed. More specifically: (1) Does impaired AHP, whichis observed in neurons obtained from JP3 and JPH4 knockout mice, cause the motor coordination and learning defects found in JPH3 and JPH4 knockout animals? And if so, what is the mechanism? (2) While JPH3 and JPH4 are broadly expressed in the nervous system, they have only been studied in cerebellar Purkinje cells, hippocampal CA1 neurons, and certain sensory neurons. Given that different neurons have different ion channel expression patterns, what are the functions of JPH3 and JPH4 in unexamined neurons? (3) Studies in C. elegans demonstrated that junctophilin and extended-synaptotagmin have antagonistic roles in synaptic transmission. The mechanism behind their roles in synaptic transmission and genetic interaction remain to be investigated. (4) What is the disease mechanism responsible for HDL2 in patients with JPH3 trinucleotide repeats? Addressing these questions will not only further our understanding of junctophilins, but also how calcium signaling in neurons can regulate neuronal function.
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Membrane fusion is a universal feature of eukaryotic protein trafficking and is mediated by the soluble N-ethylmaleimide sensitive factor attachment protein receptor (SNARE) family. SNARE proteins embedded in opposing membranes spontaneously assemble to drive membrane fusion and cargo exchange in vitro. Evolution has generated a diverse complement of SNARE regulatory proteins (SRPs) that ensure membrane fusion occurs at the right time and place in vivo. While a core set of SNAREs and SRPs are common to all eukaryotic cells, a specialized set of SRPs within neurons confer additional regulation to synaptic vesicle (SV) fusion. Neuronal communication is characterized by precise spatial and temporal control of SNARE dynamics within presynaptic subdomains specialized for neurotransmitter release. Action potential-elicited Ca2+ influx at these release sites triggers zippering of SNAREs embedded in the SV and plasma membrane to drive bilayer fusion and release of neurotransmitters that activate downstream targets. Here we discuss current models for how SRPs regulate SNARE dynamics and presynaptic output, emphasizing invertebrate genetic findings that advanced our understanding of SRP regulation of SV cycling.
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INTRODUCTION

Eukaryotes rely on membrane-bound organelles to organize and transport material between cellular compartments (Wickner and Schekman, 2008). Transport between membrane-bound compartments and secretion of cellular cargo requires fusion of opposing lipid bilayers (Rothman, 1994; Jahn and Südhof, 1999). A large family of membrane associated SNARE proteins constitute the minimal molecular machinery required for membrane fusion by assembling into energetically favorable coiled-coil bundles that pull opposing lipid bilayers together to induce fusion (Söllner et al., 1993; Jahn and Scheller, 2006; Südhof and Rothman, 2009). Most cargo do not require a trigger for release and are trafficked into secretory vesicles destined for immediate fusion with the plasma membrane via the constitutive secretory pathway (Burgess and Kelly, 1987). Many cells including neurons also display a regulated secretion pathway for fast stimulus-dependent cargo release, typically in response to transient rises in intracellular Ca2+. Regulated secretion is mediated by a large cohort of SNARE regulatory proteins (SRPs) that control the timing and localization of SNARE assembly (Südhof and Rothman, 2009). Although some SRPs like N-ethylmaleimide sensitive factor (NSF), the soluble NSF attachment proteins (SNAPs) and Unc18 function in both constitutive and regulated secretion, others like Unc13, Complexin (Cpx), Synaptotagmin 1 (Syt1), Rab3-interacting molecule (RIM), and Tomosyn (Tom) provide unique temporal and spatial control of regulated secretion.

Many SRPs are present in all eukaryotes, suggesting they existed in the last common ancestor (Bennett and Scheller, 1993; Littleton, 2000; Lloyd et al., 2000; Varoqueaux and Fasshauer, 2017; Göhde et al., 2021). Others appeared later in multi-cellular eukaryotes that required more extensive cell-cell communication (Barber et al., 2009; Ryan and Grant, 2009). Gene duplication events occurring in vertebrate lineages generated orthologs of most SRPs in chordates. This redundancy is often absent in non-vertebrate lineages, facilitating genetic analysis of conserved membrane trafficking mechanisms in simpler model eukaryotes like the budding yeast Saccharomyces cerevisiae, the nematode Caenorhabditis elegans and the fruit fly Drosophila melanogaster (Novick et al., 1980; Bargmann, 1993; DiAntonio et al., 1993; Littleton and Bellen, 1995; Sato et al., 2014). Behavioral screens for temperature-sensitive (TS) paralytic mutants in Drosophila identified several conserved SRPs that contribute to SV release (Siddiqi and Benzer, 1976; Chen et al., 1991; van der Bliek and Meyerowitz, 1991; Kawasaki et al., 1998; Littleton et al., 1998, 2001b; Tolar and Pallanck, 1998; Kawasaki and Ordway, 1999; Rao et al., 2001; Babcock et al., 2004; Guan et al., 2005; Iyer et al., 2013). Similarly, screens for C. elegans mutants displaying motor paralysis, uncoordinated locomotion or altered sensitivity to the acetylcholinesterase inhibitor aldicarb have revealed key functions for multiple SRPs (Brenner, 1973; Hosono et al., 1992; Bargmann, 1993; Nguyen et al., 1995; Miller et al., 1996; Richmond et al., 1999; Sieburth et al., 2005). Given the conservation of SRPs across evolution, reverse genetic approaches have also been used to define functions for these proteins in Drosophila and nematodes (Schwarz, 1994; Richmond and Broadie, 2002; Harris and Littleton, 2015). The accessibility of peripheral neuromuscular junctions (NMJs) for electrophysiology and imaging has also facilitated characterization of SNARE and SRP function in SV cycling in Drosophila and C. elegans (Jan and Jan, 1976; Richmond and Jorgensen, 1999; Peled and Isacoff, 2011; Melom et al., 2013).

The SV cycle is initiated following action potential firing and depolarization of presynaptic terminals that cause transient voltage-gated Ca2+ channel opening (Katz, 1969; Sudhof, 2004). Subsequent spikes in local [Ca2+] trigger fusion of SVs that are docked and primed at specialized release sites known as active zones (AZs) (Zhai and Bellen, 2004; Ackermann et al., 2015; Ghelani and Sigrist, 2018). Following Ca2+ influx, SVs fuse at individual AZs in a probabilistic manner that is governed by a range of factors including local Ca2+ channel density and SV distance from the source of Ca2+ influx (Meinrenken et al., 2002; Bucurenciu et al., 2008; Böhme et al., 2016; Akbergenova et al., 2018; Neher and Brose, 2018). Release probability (Pr) for SV fusion can be approximated by measuring AZ Pr, which varies across neuronal subclasses and within the AZ population of a single neuron (Atwood and Karunanithi, 2002; Koester and Johnston, 2005; Peled and Isacoff, 2011; Holderith et al., 2012; Melom et al., 2013; Akbergenova et al., 2018; Neher and Brose, 2018; Karlocai et al., 2021). Most SVs are released via Ca2+-dependent evoked release, although some fuse in a stimulus-independent mode called spontaneous release. After fusion with the presynaptic plasma membrane, several endocytic routes for membrane and protein retrieval recover individual SVs, or larger membrane patches that traffic through endosomal compartments for further sorting (Soykan et al., 2016; Gan and Watanabe, 2018; Chanaday et al., 2019). Reformed SVs acidify through the action of the vesicular H+ pump, load neurotransmitters by vesicular H+ antiporters, and subsequently re-enter the SV pool for additional rounds of release (Sudhof, 2004).

In this review we examine current models for how SRPs guide SNAREs through their assembly/disassembly cycle, focusing on insights from invertebrate genetic studies of SV fusion. We also highlight biochemical approaches that guided reverse genetic experiments and provided context for interpreting genetic studies. The biochemistry and genetics of mammalian SV fusion have been described in prior reviews (Südhof, 2013; Neher and Brose, 2018; Rizo, 2018; Brunger et al., 2019). Key invertebrate and mammalian SRP phenotypes and their predicted molecular function are described in Table 1. This review begins with a description of the mechanism enabling SNAREs to overcome innate repulsion between opposing membranes, and the role of Unc13 and Unc18 in regulating SNARE availability for partial assembly. The SRPs Syt1 and Cpx then arrest SNARE assembly in a partially zippered state and subsequently promote Ca2+-dependent fusion. After fusion, NSF and SNAPs disassemble the SNARE complex to recharge individual SNARE proteins for further cycles of release. Intrinsic SNARE properties protect SNAREs from spontaneous reassembly post-fusion with help from the SRPs Unc18 and Tomosyn. Finally, RIM and Rab3 cooperate with Unc13 to re-position endocytosed SVs for subsequent docking and priming. Each of these steps provide avenues for modulation of SV release that can impact synaptic strength and plasticity.


TABLE 1. Summary of synaptic and behavioral phenotypes in Mus musculus (M. mus), Caenorhabditis elegans (C. ele), and Drosophila melanogaster (D. mel) SNARE and SRP mutants.
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SV Fusion Is Mediated by SNARE Complex Assembly

Lipids form stable bilayer membranes that innately repel each other through electrostatic forces and hydration repulsion (Milovanovic and Jahn, 2015; Robertson, 2018). Binding and assembly of SNARE proteins embedded in distinct bilayers is an energetically favored event that provides sufficient input to disrupt and fuse opposing membranes (Weber et al., 1998; McNew et al., 2000b; Tucker et al., 2004). SNAREs are a large protein family characterized by a ∼70 amino acid α-helical heptad repeat known as the SNARE motif. Based on their primary subcellular location, SNAREs are classified as vesicular (v-) or target (t-) membrane SNAREs. A secondary classification scheme defines the proteins as Q- or R-SNAREs depending on whether a glutamine (Q) or arginine (R) is encoded at a highly conserved central hydrophilic layer within the 16-layer SNARE coil. A fusion-competent SNARE complex is formed when three Q-SNARE helices combine with one R-SNARE helix of an opposing membrane (Weimbs et al., 1997; Fasshauer et al., 1998). Across species, the SNARE complex mediating SV fusion is composed of the v-SNARE Synaptobrevin 2 (Syb2, also known as vesicular associated membrane protein (VAMP)) and the t-SNAREs Syntaxin 1 (Syx1) and Synaptosomal associated protein of 25 kilodaltons (SNAP-25) (Söllner et al., 1993). Like all known SNARE complexes, the SV SNARE complex is composed of four α-helices, a Q-helix from Syx1, two Q-helices from SNAP-25 and one R-helix from Syb2. Syb2 and Syx1 are C-terminal anchored transmembrane proteins translated on cytosolic ribosomes and post-translationally inserted into membranes by the transmembrane recognition complex (TRC) (Trimble et al., 1988; Bennett et al., 1992b; Kutay et al., 1993; Borgese et al., 2003). SNAP-25 lacks a transmembrane domain and is post-translationally embedded in membranes via palmitoylation of a cysteine-rich central region (Oyler et al., 1989; Gonzalo and Linder, 1998).

In their native state, SNAREs are disordered filaments that project from their carrier membranes into the cytosol (Fasshauer, 2003). Each protein displays selective binding to a set of cognate SNAREs that zipper together to form a highly structured four-helical SNARE bundle (Sutton et al., 1998; McNew et al., 2000b). Incorporation of individual SNARE filaments into the structured SNARE complex releases free energy that is harnessed to overcome the innate repulsion between opposing lipid membranes. Two competing models for the order of SNARE incorporation into the SNARE complex have been described (Rizo, 2018). One model proposes t-SNARE dimers of Syx1 and SNAP-25 are formed before the v-SNARE Syb2 is engaged. A more recent model argues the SRP Unc18 chaperones assembly of Syx1 and Syb2, ensuring proper alignment prior to SNAP-25 incorporation (Ma et al., 2013; Jiao et al., 2018). These two models converge once cognate SNARE recognition is established to form a partially zippered SNARE configuration known as the trans-SNARE complex, with transmembrane segments residing on separate compartments and full SNARE assembly being temporarily arrested (Figure 1A). SNARE zippering is directional, initiating at the free N-terminal end and progressing through the membrane embedded C-termini (Sutton et al., 1998; Pobbati et al., 2006; Stein et al., 2009; Hernandez et al., 2012). Full zippering through the C-terminus drives fusion by converting the trans-SNARE complex to a cis-complex where all transmembrane segments are embedded in the same bilayer (Figure 1B). The specific arrangement of SNARE complexes between fusing membranes and the number of complexes required for SV fusion remain unclear. However, current models suggest efficient fusion requires several SNARE complexes to be arranged like “spokes on a wheel” around the fusion pore formed between opposing membranes (Hua and Scheller, 2001; Kümmel et al., 2011; Shi et al., 2012).
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FIGURE 1. SNAREs assemble between opposing membranes to drive membrane fusion and neurotransmitter release. (A) One helix of the v-SNARE Syb2 assembles with three t-SNARE helices (one from Syx1 and two from SNAP-25) to form a four-helical trans-SNARE complex between opposing membranes. (B) Full SNARE zippering converts the trans-SNARE complex to a cis-SNARE complex to drive membrane fusion and neurotransmitter release. PDB structures in this and subsequent figures were obtained from the cited sources and rendered on membranes to highlight their role in SV fusion. Adapted from Fernandez et al. (1998); Sutton et al. (1998).


Genetic analysis of SNARE mutants in Drosophila and C. elegans support an essential and conserved role for the SNARE complex in mediating SV fusion. In Drosophila, Syx1 is essential for fusion of both SVs and post-Golgi vesicles with the plasma membrane (Broadie et al., 1995; Schulze et al., 1995; Schulze and Bellen, 1996; Burgess et al., 1997). This dual function has made it difficult to define the precise role of Syx1 in SV release, as complete absence of the protein prevents cell viability. Syx1 null mutants develop to the late embryonic stage due to maternal deposition of Syx1 mRNA. Development is arrested once maternal mRNAs are depleted and null embryos are paralyzed due to total absence of evoked and spontaneous SV release (Schulze et al., 1995). Structure-function studies targeting distinct regions of Syx1 and TS paralytic syx1 mutants identified in forward genetic screens are consistent with an essential role for Syx1 in SV fusion (Littleton et al., 1998; Wu et al., 1999; Stewart et al., 2000; Fergestad et al., 2001; Lagow et al., 2007). However, syx1 mutations in distinct regions of the protein differentially alter the amount of spontaneous versus evoked release, indicating Syx1 function can be altered to change either evoked or spontaneous SV fusion pathways. Consistent with an essential role for Syx1 in invertebrate SV fusion, null mutants in C. elegans Syx1 (unc-64) are immobile and lack detectable SV release (Ogawa et al., 1998; Saifee et al., 1998).

Genetic studies of the Drosophila Syb2 and SNAP-25 homologs have revealed phenotypes that are more challenging to interpret due to potential redundancy with other SNARE isoforms. Unlike Syx1, Syb2 function in SV and post-Golgi fusion is segregated between two Drosophila v-SNAREs, with c-Syb mediating post-Golgi fusion and n-Syb controlling SV release (Chin et al., 1993; DiAntonio et al., 1993; Broadie et al., 1995; Deitcher et al., 1998; Yoshihara et al., 1999). Although n-Syb null mutants show severe impairments in evoked release, a low rate of spontaneous fusion is preserved that indicates SV fusion is not eliminated. Consistently, high frequency stimulation elicits a low level of delayed evoked release (Yoshihara et al., 1999) and cleavage of n-Syb by tetanus toxin does not eliminate spontaneous fusion (Sweeney et al., 1995). n-Syb phenotypes can be rescued by overexpressing c-Syb, suggesting both proteins are capable of supporting SV release (Bhattacharya et al., 2002). Given overexpressed c-Syb supports relatively normal SV fusion in the absence of n-Syb, it is unclear why n-Syb mutants show defects primarily in evoked release. Perhaps endogenous neuronal c-Syb expression is too low to support evoked fusion, but high enough to contribute to residual spontaneous release. Alternatively, n-Syb may be specialized for evoked SV release, with spontaneous fusion supported by c-Syb and other Drosophila v-SNAREs (Littleton, 2000). Although no other v-SNARE beyond c-Syb has been shown to function in SV fusion in Drosophila, multiple v-SNAREs support spontaneous and asynchronous SV release at mammalian synapses (Ramirez et al., 2012; Lin et al., 2020). Similar to Drosophila, C. elegans null mutations in the Syb2 homolog (snb-1) are embryonic lethal, but retain uncoordinated movements that indicate a low level of residual SV release (Nonet et al., 1998).

Mutations in Drosophila SNAP-25 indicate redundancy may also compensate for loss of t-SNARE function. The first mutant in Drosophila SNAP-25 was isolated as a TS paralytic allele caused by an amino acid substitution at a highly conserved residue (G50E) in the second SNARE motif of the protein (Rao et al., 2001). Upon exposure to the non-permissive temperature of 37°C, adult animals rapidly paralyze. SNAP-25TS mutant larvae show elevated evoked and spontaneous release at room temperature and impaired release at 37°C. A Syx1 TS mutant (syx13–69; caused by a T254I substitution in the SNARE helix) displays a similar phenotype, indicating multiple t-SNARE mutations can alter SNARE dynamics in a manner that enhances fusion at lower temperatures and blocks release at elevated temperature (Littleton et al., 1998; Lagow et al., 2007; Bykhovskaia et al., 2013). While the mechanism underlying SNAP-25TS release enhancement is unknown, the T254I mutation in Syx1 has been suggested to enhance release by altering interactions between the fusion clamp Cpx and the SNARE complex (Bykhovskaia et al., 2013), as well as promoting C-terminal domain SNARE zippering (Ma et al., 2015). Subsequent studies on SNAP-25 revealed null mutants cause pupal lethality, but do not affect SV release in larvae due to compensation from the t-SNARE homolog SNAP-24 (Vilinsky et al., 2002). Together, these data suggest SNAP-25 normally excludes endogenous SNAP-24 from participating in the SV SNARE complex, though SNAP-24 can support normal SV release when SNAP-25 is absent. C. elegans SNAP-25 null mutants (ric-4) have not been characterized electrophysiologically though they display locomotor defects that suggest RIC-4 is essential for normal synaptic function (Miller et al., 1996). In summary, genetic approaches in Drosophila and C. elegans indicate an essential role for Syx1 in all forms of SV fusion, with spontaneous release persisting in the absence of Syb2 and SNAP-25 likely due to compensation from non-SV SNAREs.



Unc18 and Unc13 Restrict the Localization of SV SNARE Assembly to AZs by Regulating Syx1 Conformational Transitions

Although SNARE proteins are sufficient for membrane fusion in vitro, SRPs are required to regulate SNARE activity in vivo. Given SNARE complex formation is energetically favorable, the assembly process must be tightly controlled so it occurs at the right time and place for productive fusion (Rizo, 2018). The SM proteins (Sec1/Munc18, hereafter referred to as Unc18) and the AZ-localized Unc13 family are SRPs that control the subcellular localization of SNARE assembly. Unc18 is universally required for eukaryotic membrane fusion (Südhof and Rothman, 2009), while Unc13 functions only in regulated secretion (Aravamudan et al., 1999; Richmond et al., 1999). Both proteins act by controlling Syx1 availability and chaperoning SNARE complex assembly (Zhang and Hughson, 2021). Syx1 contains four α-helical domains with only the most C-terminal helix (termed the H3 domain) participating in SNARE complex formation (Fernandez et al., 1998; Sutton et al., 1998; Wu et al., 1999). The remaining N-terminal helices form a three-helix bundle called the Habc domain that folds back onto the H3 SNARE motif to generate a monomeric four stranded coiled-coil bundle. The Habc domain is separated from the H3 segment by a flexible hinge, allowing Syx1 to adopt an open or closed confirmation (Fernandez et al., 1998; Dulubova et al., 1999). In the closed state, the SNARE motif is locked into a grove along the length of the Habc domain and blocked from participating in SNARE complex formation. When converted to the open state, the H3 domain is relieved of Habc inhibition and SNARE complex formation can proceed. Point mutations in the hinge separating the Habc and H3 domains bias Syx1 toward the open conformation (open-Syx1) and enhance SV fusion in C. elegans (Richmond et al., 2001; Gerber et al., 2008). These observations indicate the Syx1 closed conformation is an autoinhibitory feature that must be overcome for SV fusion to proceed, with Unc13 and Unc18 controlling this conformational switch (Figure 2A).
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FIGURE 2. Unc13 and Unc18 chaperone SNARE complex assembly by regulating Syx1. (A) Unc18 holds Syx1 in a closed conformation prior to SNARE complex assembly. Unc13 bridges the SV and plasma membranes and interacts with Syx1 to drive transition to the open-Syx1 state. Adapted from Burkhardt et al. (2008); Liu et al. (2016); Xu et al. (2018). (B) Electrophysiological recordings of evoked responses at the Drosophila larval neuromuscular junction reveal overexpression of Unc18 impairs SV fusion. Adapted from Schulze et al. (1994). (C) Unc18 chaperones the assembly of Syb2 and Syx1 prior to SNAP-25 inclusion into the SNARE complex. Adapted from Burkhardt et al. (2008).


Unc18 proteins are cytosolic and bind to Syx1 in multiple conformational states (Hata et al., 1993; Pevsner et al., 1994; Yang et al., 2000; Dulubova et al., 2007; Khvotchev et al., 2007; Baker et al., 2015). These distinct binding interaction modes suggest Unc18 performs multiple roles in SNARE dynamics. Indeed, in vivo evidence indicates Unc18 both positively and negatively regulates SV release. The Drosophila Unc18 homolog ROP (Ras opposite) is essential for SV fusion, yet strongly inhibits both evoked and spontaneous release when overexpressed (Figure 2B; Harrison et al., 1994; Schulze et al., 1994; Wu et al., 1998). Like Syx1, ROP functions in all modes of cellular secretion and is required for SV and post-Golgi vesicle fusion (Harrison et al., 1994; DeBruhl et al., 2016). Unc18 proteins suppress Syx1 activity in part by holding the t-SNARE in its closed state (Pevsner et al., 1994; Yang et al., 2000). This interaction is required for transport of Syx1 through the secretory pathway, reducing its ability to form ectopic SNARE complexes at inappropriate times or subcellular locations (Rowe et al., 1999, 2001; Medine et al., 2007; McEwen and Kaplan, 2008). Overexpression of Unc18 is predicted to suppress neurotransmitter release by preventing formation of fusogenic SNARE complexes due to excessive inhibition of Syx1. Heterozygotes of Unc18 null mutants also display reduced evoked and spontaneous fusion, indicating SV release is impaired under conditions where Unc18 levels are limiting (Wu et al., 1998). Together, these data indicate SV release is bi-directionally sensitive to Unc18 abundance, suggesting synaptic levels of the protein are finely tuned for optimal presynaptic output.

Unc18 must also play a positive role in release given Unc18 null mutants show severe secretion defects (Harrison et al., 1994; Verhage et al., 2000; Weimer et al., 2003). Multiple positive effects of Unc18 on SV release have been described, including its ability to protect SNARE complexes from disassembly by NSF and α-SNAP. Assembly of the SNARE complex in vitro is blocked when NSF and α-SNAP are added, suggesting SNAREs must be protected from ongoing disassembly (Ma et al., 2013; Prinslow et al., 2019; Stepien et al., 2019). Addition of Unc18 and Unc13 to these in vitro assays restores the ability of SNAREs to trigger fusion, indicating the two proteins act in concert to ensure fusogenic SNARE zippering is not disrupted by premature disassembly. Unc18 also chaperones SNARE assembly by properly aligning individual SNARE helices during zippering of the 4-stranded helical bundle (Ma et al., 2013; Jiao et al., 2018). The SNARE complex is a coiled-coil structure divided into layers of hydrophobicity defined relative to the most central zero layer (Fasshauer et al., 1998). Misalignment of zippering decreases free energy released during SNARE assembly and alters the distance between fusing membranes (Fasshauer et al., 1998; Pobbati et al., 2006). In vitro data suggest Unc18 binds Syx1 and Syb2 in a prefusion intermediate where the two SNAREs are arrested in a partially zippered state and held in proper alignment prior to SNAP-25 arrival (Figure 2C; Jiao et al., 2018; Shu et al., 2020). This role of Unc18 in SNARE assembly is supported by crystal structures of several yeast homologs that hold individual v- and t-SNAREs in proper register (Baker et al., 2015). In summary, Unc18 likely supports SV fusion by templating SNARE complex assembly and inhibiting SNARE disassembly prior to fusion. How Unc18 transitions from inhibiting Syx1 availability by holding the protein in a closed conformation to templating Syx1 and Syb2 assembly is unclear, though Unc13 is hypothesized to regulate this transition in vivo.

Unc13 is one of several multidomain scaffold proteins enriched at presynaptic AZs. Unlike most AZ scaffolds, Unc13 is absolutely essential for both spontaneous and evoked release (Aravamudan et al., 1999; Augustin et al., 1999; Richmond et al., 1999). Unc13 contains C2, MUN and calmodulin binding domains that each have highly conserved binding interactions across evolution (Brose et al., 2000; Böhme et al., 2016). The lipid-binding C2 domains encoded at both termini of Unc13 enable simultaneous interaction with the SV and plasma membrane to facilitate SV capture (Liu et al., 2016). The MUN domain forms a long helical rod that extends from the AZ into the cytosol, similar to other vesicle tethering factors. The MUN domain plays a critical role in SV priming by converting Syx1 from its closed to open state, leading to subsequent v-SNARE engagement and SV docking (Betz et al., 1997; Li et al., 2011; Ma et al., 2011; Wang et al., 2011). Consistent with this model, open-Syx1 mutants rescue release defects in C. elegans Unc13 nulls, indicating Unc13 animals lack SV fusion due to insufficient conversion of Syx1 from its closed to open state (Richmond et al., 2001).



Syt1 and Cpx Regulate SNARE Assembly to Control the Timing of Ca2+-Dependent Fusion

Membrane fusion during constitutive secretion occurs spontaneously, with SNARE complex zippering hypothesized to occur in a single step. In contrast, SNARE assembly during regulated secretion is predicted to arrest in a partially zippered state, allowing membrane fusion to be tightly coupled to Ca2+ influx. Progressive step-wise zippering of the SV SNARE complex is supported by studies of the clostridial neurotoxins tetanus and botulinum that cleave individual SNAREs (Breidenbach and Brunger, 2005). After SV docking and priming, only a subset of toxin serotypes can access SNAREs for cleavage at each conformational state generated by progressive zippering (Hayashi et al., 1994; Bajohrs et al., 2004). Intermediate energy states along the trajectory of SNARE zippering are also observed in vitro using optical tweezers, further suggesting SNAREs assemble and disassemble in a step-wise manner (Gao et al., 2012; Zorman et al., 2014). The synaptic SRPs Cpx and Syt1 provide a neuronal-specific mechanism to further stall SNARE zippering until elevated Ca2+ triggers full SNARE assembly (Figure 3A). Cpx acts during trans-SNARE complex formation to arrest assembly in the partially zippered state (Giraudo et al., 2006; Malsam et al., 2012; Bykhovskaia et al., 2013), with Syt1 triggering full zippering and synchronous evoked fusion in response to Ca2+ (Chapman, 2008; Südhof, 2013; Quiñones-Frías and Littleton, 2021). The mechanisms by which these proteins regulate SNARE assembly and fusion are still being defined, but several models link their biochemical activities with defects in release observed in mutants disrupting their function.
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FIGURE 3. Cpx clamps the SNARE complex in a partially assembled state. (A) Cpx and Syt1 engage the SNARE complex on a shared binding interface to form a tripartite complex. Adapted from Zhou et al. (2017). (B) Electrophysiological recordings at Drosophila larval NMJs reveal cpx null mutants have a dramatically increased rate of spontaneous release. Spontaneous release is restored to near normal levels in syt1; cpx double mutants, indicating Syt1 is required for the elevated mini rate in cpx single mutants. Quantification of spontaneous release rate (mini frequency) is shown on the right for the indicated genotypes. (C) Evoked response amplitude is reduced in cpx null mutants, indicating Cpx is also required for efficient Ca2+-activated release. Panels (B,C) adapted from Jorquera et al. (2012). (D) Molecular-dynamics modeling suggests Cpx may clamp SNAREs in a partially assembled state by altering the confirmation of the C-terminus of Syb2 to prevent full SNARE zippering. Adapted from Bykhovskaia et al. (2013).


Cpx is small cytosolic α-helical protein identified through its binding affinity for the SNARE complex (McMahon et al., 1995). The protein is composed of an N-terminal accessory helix, a central SNARE-binding helix and an unstructured C-terminus that assembles into an amphipathic helix when bound to SV membranes (Pabst et al., 2000; Bowen et al., 2005; Xue et al., 2007; Cho et al., 2010; Kaeser-Woo et al., 2012; Buhl et al., 2013; Snead et al., 2014). Mouse Cpx mutants have decreased evoked release, suggesting the protein facilitates SV fusion (Reim et al., 2001). Subsequent in vitro assays indicated Cpx primarily functions to inhibit SNARE assembly and fusion (Giraudo et al., 2006; Malsam et al., 2020). In contrast to four Cpx genes in mammals, Drosophila contain a single Cpx that facilitates genetic analysis. Null mutants in Drosophila Cpx revealed both positive and negative functions in SV release, including a ∼100-fold increase in spontaneous fusion (Figure 3B) and a ∼50% decrease in evoked release (Figure 3C; Huntwork and Littleton, 2007). C. elegans Cpx null mutants display similar defects, indicating enhanced spontaneous fusion and decreased evoked release are conserved invertebrate phenotypes associated with loss of Cpx (Xue et al., 2009; Cho et al., 2010; Martin et al., 2011; Jorquera et al., 2012; Buhl et al., 2013; Iyer et al., 2013; Sabeva et al., 2017; Wragg et al., 2017). Cpx mutants also disrupt the speed of evoked release, with less synchronous fusion and increased release through the slower asynchronous pathway (Jorquera et al., 2012). In addition, Cpx participates in tethering SVs to release sites by interacting with the core AZ scaffolding protein Bruchpilot (BRP) (Scholz et al., 2019). Together, these observations indicate Cpx helps target SVs to release sites, facilitates the amount and speed of evoked release, and clamps SVs in a partially zippered state that limits spontaneous fusion.

In contrast to the dramatic increase in spontaneous fusion in invertebrate Cpx mutants, mouse Cpx knockouts do not display elevated spontaneous release (Xue et al., 2008, 2007; Yang et al., 2013; Chang et al., 2015; López-Murcia et al., 2019). However, mammalian Cpx is sufficient to clamp spontaneous release in both C. elegans and Drosophila Cpx mutants (Cho et al., 2010; Wragg et al., 2017), suggesting clamping properties are intrinsic to Cpx across phyla. Cpx3 is the most effective mammalian isoform for clamping SV fusion in Drosophila and C. elegans Cpx mutants. The primary difference between Cpx3 and other mammalian isoforms occurs in the C-terminus, suggesting this region harbors critical determinants for clamping fusion. Although it is unclear why mammalian synapses are more resistant to enhanced spontaneous release in Cpx mutants, Cpx can clamp SV fusion during the asynchronous phase of evoked release in mammals (Yang et al., 2010; Chang et al., 2015). This slower component of release occurs when Ca2+ levels are falling from their peak concentration that drives synchronous SV fusion. Therefore, higher baseline Ca2+ levels in invertebrate presynaptic terminals could account for the differences in Cpx clamping. Consistent with this hypothesis, presynaptic [Ca2+] can be reduced by long-term exposure to BAPTA and causes a ∼50% decrease in spontaneous release in Drosophila Cpx mutants (Jorquera et al., 2012). These data suggest Cpx clamping acts optimally at a slightly higher baseline [Ca2+], implying it may act in part by regulating the Ca2+ sensitivity of SV release.

Current data indicate the activating and inhibitory functions of Cpx can be genetically separated, though both require SNARE complex binding (Xue et al., 2007, 2010; Cho et al., 2010, 2014; Krishnakumar et al., 2011; Iyer et al., 2013). Several models for the inhibitory function of Cpx have been proposed. A “zig-zag” model based on structural evidence suggests the central helix of Cpx tucks into a partially zippered SNARE complex, while the accessory helix projects out at a 45-degree angle to bind a neighboring partial SNARE assembly (Kümmel et al., 2011). This mode would allow Cpx to bridge partial SNARE assemblies in an alternating zigzag chain sandwiched between docked SVs and the plasma membrane to clamp release before Ca2+ influx. Mutations predicted to abolish the zig-zag array have only mild effects on SV release in Drosophila, suggesting this binding mode is unlikely to represent the primary clamping configuration of Cpx (Cho et al., 2014). A second model from biochemical studies and molecular modeling suggests competition between Syb2 and Cpx for t-SNARE binding mediates clamping, with the Cpx N-terminal accessory helix binding partially assembled SNARE complexes in a grove between Syx1 and SNAP-25 in place of Syb2 (Figure 3D). This would allow Cpx to destabilize the final step of SNARE zippering by excluding Syb2 from the C-terminus of the SNARE complex (Bykhovskaia et al., 2013; Vasin et al., 2016; Brady et al., 2021). Although attractive, genetic analysis of Cpx and n-Syb mutations predicted to disrupt this mode of binding only partially disrupt clamping (Vasin et al., 2016). A modified version of the competition model has also been described where Syb2, a single helix of SNAP-25, and the Cpx accessory helix form a C-terminal helical bundle that displaces Syx1 from the SNARE complex at its C-terminus (Malsam et al., 2020). Mutations disrupting this binding mode do not affect evoked release but decrease the clamping efficiency for spontaneous fusion.

Regardless of its clamping configuration, enhanced spontaneous release in Cpx mutants is abolished in Drosophila Cpx, Syt1 double mutants (Figure 3B; Jorquera et al., 2012). Syt1 is a SV protein with tandem C2 domains (C2A and C2B, Figure 4A) that bind ∼ five Ca2+ ions via negatively charged aspartate residues encoded within protruding C2 loops (Ubach et al., 1998; Chapman, 2008). Ca2+ binding neutralizes the negative charge of these loops to allow C2•Ca2+ to partially insert into the plasma membrane (Davletov and Südhof, 1993; Chapman and Davis, 1998; Fernandez et al., 2001; Ubach et al., 2001). Ca2+ binding to the C2B domain of Drosophila Syt1 is critical for promoting evoked release (Figure 4B), with C2A-Ca2+ playing a supporting role (Littleton et al., 2001a; Mackler et al., 2002; Paddock et al., 2008, 2011; Yoshihara et al., 2010; Striegel et al., 2012; Lee et al., 2013; Bowers and Reist, 2020). The genetic interactions between Syt1 and Cpx suggest loss of Cpx may disrupt Syt1’s ability to link its fusion activation to Ca2+ binding. Following loss of Cpx, Syt1 may constitutively activate SNARE-dependent fusion in a Ca2+-independent manner, leading to elevated spontaneous fusion rates.
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FIGURE 4. Syt1 binds Ca2+ and SNARE complexes to trigger synchronous SV fusion. (A) Syt1 is tethered to SV membranes via a transmembrane region (TMR) and has two Ca2+-binding C2 domains projecting into the cytosol. Ca2+ (orange) binds to polybasic loops projecting from each C2 domain, with C2A accommodating 3 Ca2+ ions and C2B binding 2 Ca2+ ions. (B) Two-electrode voltage clamp recordings demonstrate syt1 nulls have dramatically impaired evoked synchronous release at Drosophila larval NMJs. Unlike rescue with wildtype (WT) Syt1 (gray trace), transgenes with impaired C2B Ca2+ binding (C2B*, blue) severely impair evoked release while C2A Ca2+ binding mutants (C2A*, green) fail to prevent the enhanced asynchronous release observed in nulls (black). Adapted from Yoshihara et al. (2010). (C) The Syt1 C2B domain (blue) also interacts with the SNARE complex at a primary interface independent of the Cpx-associated tripartite binding site. Critical residues coordinating binding of the Syt1 C2B domain to the SNARE complex are highlighted in yellow and were identified from crystal structures of the complex and genetic screens in Drosophila. (D) Disrupting Syt1-SNARE binding at the primary interface with two independent alleles mimics the syt1 null phenotype. Panels (C,D) adapted from Guan et al. (2017).


Regulation of Syt1 activity is also likely to contribute to Cpx’s positive role in promoting fusion as mutations in either gene cause similar SV release defects, though Cpx phenotypes are generally milder than those found in Syt1 (Jorquera et al., 2012). Both Cpx and Syt1 mutants show impaired evoked synchronous release while enhancing the number of SVs released through the slower asynchronous pathway (Mackler et al., 2002; Yoshihara and Littleton, 2002; Saraswati et al., 2007; Yoshihara et al., 2010; Paddock et al., 2011; Jorquera et al., 2012; Striegel et al., 2012; Lee and Littleton, 2015; Guan et al., 2020; Shields et al., 2020). Both mutants show an increased rate of spontaneous fusion (Littleton et al., 1993, 1994; DiAntonio and Schwarz, 1994; Huntwork and Littleton, 2007; Lee et al., 2013), with Cpx playing the primary role in clamping release at invertebrate terminals and Syt1 assuming this function at mammalian synapses. The Ca2+ sensitivity of evoked release is also reduced in either mutant (Littleton et al., 1994; Jorquera et al., 2012), suggesting a greater number of Ca2+ ions are required to fuse SVs in their absence. Evoked release defects in Cpx mutants can be partially rescued with elevated extracellular [Ca2+], arguing Ca2+ sensitivity is impaired but not abolished (Jorquera et al., 2012). In contrast, Syt1 mutants display severely impaired release across the entire [Ca2+] range (Littleton et al., 1994; Yoshihara and Littleton, 2002). Finally, both mutants reduce the size of the readily releasable SV pool and alter the speed of SV fusion in a Ca2+-dependent manner (Yoshihara and Littleton, 2002; Mace et al., 2009; Jorquera et al., 2012; Lee and Littleton, 2015). Recent structural evidence provides a potential model explaining why these SRPs phenocopy each other. Syt1 and Cpx bind the outer surface of the SNARE complex to form a split but continuous α-helix as part of a “tripartite complex” (Figure 3A), suggesting Syt1 and Cpx may form a single regulatory unit that reduces the energy barrier needed for full SNARE zippering (Trimbuch and Rosenmund, 2016; Zhou et al., 2017).

Beyond the tripartite SNARE binding site with Cpx, a primary SNARE complex binding interface on a distinct surface of the Syt1 C2B domain is critical for triggering SV release (Zhou et al., 2015b; Guan et al., 2017). The five key residues that form the primary binding site based on structural data were independently identified in a genetic screen for Syt1 mutants in Drosophila (Figure 4C), indicating this interface is highly conserved and essential for Syt1 function (Guan et al., 2017). Disrupting SNARE binding at this site phenocopies Syt1 null mutants in critical ways (Figure 4D), including loss of synchronous fusion and elevated rates of asynchronous and spontaneous release. Current models for Syt1’s role in fusion suggest SNARE binding, together with Ca2+-independent lipid interactions mediated through a polybasic stretch on a separate C2B surface, sandwich Syt1 between the plasma membrane and the partially assembled SNARE complex. This positions the Ca2+ binding loops of Syt1’s C2 domains close to the plasma membrane, enabling rapid membrane insertion of the loops following Ca2+ entry to trigger a conformational rotation that pulls the two fusing membranes together and initiates full SNARE zippering (Quiñones-Frías and Littleton, 2021). Ca2+-dependent conformational changes in Syt1 may also dislodge Cpx to facilitate conversion from the trans- to cis-SNARE complex to drive the final fusion reaction. Displacement of Cpx would provide binding sites for α-SNAP to initiate subsequent NSF-mediated SNARE complex disassembly. Together, these data indicate Syt1 and Cpx cooperate to prevent full SNARE zippering during SV priming and later activate full fusion following Ca2+ influx.



The AAA+ ATPase NSF Disassembles SNARE Complexes to Support Continual SV Cycling

NSF proteins are highly conserved AAA+ ATPases that disassemble SNARE complexes for both constitutive and regulated membrane trafficking (Wilson et al., 1989; Pallanck et al., 1995a). Disassembly of the SNARE complex supplies the energy input required for membrane fusion by returning SNAREs to their disordered state for future rounds of assembly (Block et al., 1988; Wilson et al., 1992; Littleton et al., 1998). The cis-SNARE complex (also called the 7S complex based on its gradient sedimentation) is highly stable and resistant to SDS denaturation, indicating a large input of cellular energy is required to break the complex apart (Fasshauer et al., 2002). Full dissociation of the SNARE complex is estimated to consume between 12 and 50 ATP molecules, generating 65 kBT of free energy that can be used to drive membrane fusion during future cycles of SNARE assembly (Cipriano et al., 2013; Yoon and Munson, 2018). NSF proteins are composed of an N-terminal domain and two AAA+ ATPase domains termed D1 and D2 (Tagaya et al., 1993; White et al., 2018). The D2 domains promote multimerization of NSF into hexamers that assemble around a single SNARE complex via interactions between the NSF N-terminal domains and SNAP proteins that preferentially associate with assembled SNARE complexes (Zhao et al., 2015; White et al., 2018). Once the SNAP/NSF/SNARE complex is formed (termed the 20S complex, Figure 5A), the D1 domains of NSF use ATP hydrolysis to twist the four-helical SNARE bundle opposite to its assembled orientation until individual SNAREs are sufficiently destabilized to disassociate (Cipriano et al., 2013; Ryu et al., 2015; Zhao et al., 2015). Whether SNARE disassembly by NSF occurs in a multi-step process or all at once remains contentious. One model based on the processive mechanism of the bacterial AAA+ ATPase ClpXP suggests NSF may drive SNARE disassembly by progressing along the assembled SNARE complex in discrete steps that each require ATP hydrolysis (Saunders et al., 2020). An alternate model supported by in vitro single molecule assays suggests NSF may use a spring-loaded trigger mechanism to disassemble the SNARE complex in a single round of ATP hydrolysis (Ryu et al., 2015).
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FIGURE 5. NSF and α-SNAP disassemble the cis-SNARE complex to maintain a pool of available free SNAREs for sustained release. (A) α-SNAP binds assembled SNARE complexes, enabling NSF to form a hexamer around the SNARE complex to initiate disassembly. Adapted from Zhao et al. (2015). (B) Western blot of Drosophila brain extracts with anti-Syx1 antisera demonstrates 7S complexes accumulate at the restrictive temperature in comatoseTS mutants at the expense of monomeric Syx1. Heat-shocked shibireTS mutants have reduced 7S complex compared to controls, indicating NSF continues to disassemble SNARE complexes within the plasma membrane when SVs are depleted. (C) Electroretinograms recorded from Drosophila TS comatose mutants reveal a loss of on and off transients (arrows) at elevated temperatures that occurs secondary to disrupted synaptic transmission from photoreceptors. Panels (B,C) adapted from Littleton et al. (2001b). (D) Drosophila TS mutants in Syx1 show rapid behavioral paralysis compared to the slower time-course for comatose TS mutations in NSF. Adapted from Littleton et al. (1998).


The Drosophila genome encodes two NSF proteins. NSF1 (comatose) mediates neuronal SNARE complex disassembly (Ordway et al., 1994; Boulianne and Trimble, 1995; Pallanck et al., 1995b) and NSF2 functions more broadly, including in the post-synaptic compartment (Golby et al., 2001; Stewart et al., 2002). TS behavioral screens in Drosophila uncovered numerous mutants in NSF1 that were originally named after their strong paralytic phenotype (comatose) (Siddiqi and Benzer, 1976; Pallanck et al., 1995a). Many comatose TS alleles result from single amino acid changes within a hinge region of the D1 domain that may impair the ability of NSF to twist the SNARE complex apart (Littleton et al., 2001b). Although restrictive temperatures are predicted to immediately disrupt NSF function, adult comatose animals behave normally for ∼ one minute before paralysis (Figure 4B). Accumulation of assembled 7S SNARE complexes (Figure 5B) and a progressive impairment of synaptic transmission within the visual system (Figure 5C) mirror the time course for paralysis (Littleton et al., 1998, 2001b; Tolar and Pallanck, 1998; Sanyal et al., 1999, 2001). These data suggest depletion of free SNAREs available to engage in SNARE complex assembly occurs after several rounds of SV fusion following loss of NSF1 function, leading to disrupted synaptic transmission and subsequent behavioral paralysis. The time course for recovery of comatose mutants correlates with the duration of the prior heat shock, likely due to the slow kinetics of NSF-mediated SNARE disassembly and the increasing depletion of free SNAREs as animals are maintained for longer periods at restrictive temperatures. The delayed onset and slow recovery from behavioral paralysis in NSF TS mutants contrasts with the rapid onset and recovery observed in Syx1 TS mutants (Syx13–69, Figure 5D). These kinetic differences highlight the requirement of Syx1 for immediate SV fusion and the large pre-existing pools of free SNAREs and SVs available to support ongoing release for several minutes after NSF inactivation (Littleton et al., 1998).

Although comatose mutations cause adult paralysis and synaptic transmission defects, the role of NSF at larval NMJs has been difficult to ascertain. NSF1 null mutants are lethal, but die over a developmental window that spans from late embryogenesis to the pharate adult stage (Golby et al., 2001; Littleton et al., 2001b; Sanyal and Krishnan, 2001). NSF1 null larvae display no obvious transmission defects at the NMJ even though lethality is rescued when NSF1 is re-expressed in the nervous system. NSF2 null mutants die during early larval development and are rescued by re-expression of NSF2 in mesodermal tissues, suggesting this isoform is predominantly active within muscles and other non-neuronal cells (Golby et al., 2001). NSF2 may also have SNARE-independent presynaptic functions given NSF2 mutants have defects in SV mobility due to decreased presynaptic actin filament assembly (Nunes et al., 2006). Overexpression of NSF2 in the nervous system is sufficient to rescue release defects in NSF1 mutants, suggesting differences in expression pattern and abundance are likely to account for their unique phenotypes. At the adult NMJ, comatose mutants display normal baseline synaptic transmission and a progressive activity-dependent reduction in evoked release during repetitive stimulation (Kawasaki et al., 1998; Kawasaki and Ordway, 1999). Together with an accumulation of docked SVs observed by EM at restrictive temperatures, these data suggest disassembly of SNARE complexes by NSF helps maintain SVs in a readily releasable state. Excess SNARE complexes in comatose mutants accumulate in both the presynaptic plasma membrane and on SVs (Tolar and Pallanck, 1998; Sanyal et al., 1999, 2001; Littleton et al., 2001b). Together, these data indicate NSF can break apart SNARE complexes in the plasma membrane that accumulate following fusion, as well as those already on SVs, to maintain a pool of free Syb2 to participate in trans-SNARE complex formation.

NSF relies on SNAP proteins to bind assembled SNARE complexes (Clary et al., 1990; Vivona et al., 2013). α-, β-, and γ-SNAP were initially purified from brain extracts based on their ability to promote NSF binding to SNARE-rich membranes. α-SNAP is the most extensively characterized and mediates association of NSF with the 7S SNARE complex in vitro and in vivo (Söllner et al., 1993; Barnard et al., 1997; Vivona et al., 2013; Zhao et al., 2015). The α-SNAP/SNARE complex binding interface includes residues from all SNAREs, suggesting it only recognizes assembled SNARE complexes (Whiteheart et al., 1992; Wilson et al., 1992; Marz et al., 2003). NSF hexamers bind SNAREs via four α-SNAP proteins that form a bridge between the SNARE complex and the NSF N-terminal domains (Zhao et al., 2015; Zhou et al., 2015a; Zhao and Brunger, 2016; White et al., 2018; Huang et al., 2019). In vitro evidence suggests NSF and α-SNAP indiscriminately disassemble SNARE complexes regardless of individual SNARE composition, suggesting they provide the energy for most cellular fusion reactions (Vivona et al., 2013; Zhao et al., 2015; Zhao and Brunger, 2016). Although the in vitro function of α-SNAP in SNARE disassembly has been well characterized, in vivo roles have not been extensively studied. In C. elegans, synaptic phenotypes resulting from NSF and α-SNAP mutations have not been reported, but Drosophila α-SNAP null mutants are embryonic lethal (Ordway et al., 1994; Babcock et al., 2004). Similar to Syx1 and Unc18, Drosophila α-SNAP mutants show defects in membrane trafficking in many cell types that indicate α-SNAP function is broadly required (Babcock et al., 2004). Like comatose mutants, α-SNAP hypomorphic alleles accumulate assembled 7S SNARE complexes but show no defects in synaptic transmission at larval NMJs (Babcock et al., 2004).

The functions of β- and γ-SNAP are less clear. α-SNAP is the only SNAP that restores in vitro fusion deficits in yeast sec17 (α-SNAP) mutants, suggesting SNAPs are not fully redundant (Clary et al., 1990; Griff et al., 1992; Peter et al., 1998). β-SNAP is a vertebrate-specific paralog of α-SNAP generated by a gene duplication event occurring after divergence of vertebrates and invertebrates. γ-SNAP is dissimilar in sequence to both α- and β- SNAP and may play a supportive role in NSF/SNARE complex dynamics (Whiteheart et al., 1992; Peter et al., 1998; Stenbeck, 1998). Many invertebrates lack a γ-SNAP homolog, though Drosophila has two γ-SNAP genes that have not been characterized. Although no γ-SNAP mutant has been reported in any species, RNAi knockdown of γ-SNAP indicates the protein mediates disassembly of an endosomal SNARE complex, suggesting a canonical SNAP function (Inoue et al., 2015). Although the requirement of NSF and SNAPs for SNARE complex disassembly has been well defined, the full complement of in vivo functions mediated by these proteins remains poorly characterized.



Multiple Modes of Endocytosis Mediate SV and SNARE Recycling

The SV and presynaptic plasma membranes become continuous during fusion, resulting in a temporary disruption in the spatial segregation of proteins. Many neurons can continue to release SVs for minutes to hours under high exocytotic demand, releasing far more SVs than observed in synaptic terminals by EM (Ceccarelli et al., 1973). To support further rounds of release, membrane proteins must be re-segregated and SV material selectively internalized to form new vesicles (Dittman and Ryan, 2009; Gan and Watanabe, 2018; Chanaday et al., 2019). SNARE disassembly by NSF is also required to free v-SNAREs from plasma membrane t-SNAREs after fusion. SNARE disassembly by NSF is hypothesized to occur in part at peri-active zones (PAZ), a presynaptic endocytotic domain surrounding AZs where SV material is retrieved from the plasma membrane (Estes et al., 1996; Littleton et al., 2001b; Rodal et al., 2008; Yu et al., 2011; Harris and Littleton, 2015; Maritzen and Haucke, 2018; Guan et al., 2020). Live imaging of NSF and α-SNAP show they redistribute from the cytoplasm to the peri-active zone (PAZ) to bind post-fusion SNARE complexes in Drosophila comatose mutants (Yu et al., 2011). Although endocytosis and SNARE disassembly can act within the same membrane compartment, how NSF activity is spatially and temporally coordinated with endocytosis is unknown. Three popular models have been proposed for SV endocytosis, including “kiss-and-run” endocytosis, ultrafast endocytosis and Clathrin-mediated endocytosis (CME) (Ceccarelli et al., 1973; Heuser and Reese, 1973; Fesce et al., 1994; Watanabe et al., 2013a,b).

Kiss-and-run is conceptually the simplest way to recover SV membrane proteins, with SNARE zippering causing brief fusion pore formation that releases neurotransmitters before the pore is quickly re-closed (Cremona and De Camilli, 1997; Rizzoli and Jahn, 2007; Chanaday et al., 2019). As such, SV material is never lost to the plasma membrane and SVs are immediately recovered without losing their identity. It is unclear how NSF-mediated disassembly works in this pathway given cis-SNARE complexes would not form in a fused membrane. Kiss-and-run has been documented for dense core vesicle (DCV) cargo release and for some SVs at a few central mammalian synapses (Artalejo et al., 1998; Aravanis et al., 2003; Xia et al., 2009; Zhang et al., 2009; Wen et al., 2017). However, experimental evidence does not support this mechanism at invertebrate synapses given kiss-and-run is a Clathrin-independent process (Henkel and Almers, 1996; Artalejo et al., 1998). Acute inactivation of Clathrin at Drosophila NMJs abolishes sustained release during repetitive stimulation and is accompanied by complete loss of SVs (Heerssen et al., 2008; Rodal and Littleton, 2008).

In contrast to kiss-and-run, CME enables SVs to be directly recovered from the plasma membrane after full collapse through progressive membrane invagination into reformed vesicles. Clathrin is a cytosolic protein that forms trimeric Y-shaped triskelions that progressively deform the plasma membrane by assembling on endocytic membrane patches to generate coated pits (Ungewickell and Branton, 1981; Smith et al., 1998). Further assembly shapes these pits into Clathrin-caged spheres that are budded from the plasma membrane (Heuser and Reese, 1973; Takei et al., 1996). GTP hydrolysis by the endocytic protein Dynamin provides energy to release nascent SVs from the plasma membrane by oligomerizing around the invaginating membrane stalk and pinching it to induce membrane fission (Hinshaw and Schmid, 1995; Sweitzer and Hinshaw, 1998; Ford et al., 2011). Hypomorphic alleles of the Drosophila Dynamin homolog Shibire were isolated in TS paralytic screens (Poodry et al., 1973; Koenig and Ikeda, 1989; Chen et al., 1991; van der Bliek and Meyerowitz, 1991; van de Goor et al., 1995; Delgado et al., 2000). Shibire mutants show fast synaptic depression and SV depletion at elevated temperatures, suggesting Dynamin is required to recover SVs for sustained release (Koenig and Ikeda, 1989; Delgado et al., 2000; Kawasaki et al., 2000; Wu et al., 2005).

Clathrin assembly is triggered by cytosolic adaptor proteins that recognize and cluster SV material into endocytic membrane patches (Haucke et al., 2011). Each SV protein is presumed to directly or indirectly associate with the general endocytic adaptor protein complex 2 (AP2) for retrieval from the membrane, with interactions between SV proteins likely contributing to AP2 recognition (Bennett et al., 1992a; Wittig et al., 2021). Syt1 is captured by the AP2 adaptor complex and Stonin2, while Syb2 is internalized by indirect AP2 association through the Clathrin adaptor AP180 (Zhang et al., 1994, 1998; Chapman et al., 1998; Nonet et al., 1999; Haucke et al., 2000; Littleton et al., 2001a; Martina et al., 2001; Walther et al., 2004; Bao et al., 2005; Diril et al., 2006; Kaempf et al., 2015). Mutations in the core α-adaptin subunit of the Drosophila AP2 complex cause embryonic lethality, with disrupted endocytosis and loss of SVs (González-Gaitán and Jäckle, 1997). Mutations in AP2 proteins in C. elegans also disrupt synaptic transmission and reduce SV numbers by up to 70%, with accumulation of large membrane vacuoles within synaptic terminals (Gu et al., 2008, 2013; Mullen et al., 2012). Loss of the Drosophila AP180 protein LAP causes a reduction in SV number, accumulation of cytosolic cisternae and increased SV size (Zhang et al., 1998), similar to mutants of the C. elegans AP180 homolog Unc11 that display an accumulation of Snb-1 (Syb2 homolog) on the plasma membrane, impaired neurotransmitter release and enlarged SVs (Nonet et al., 1999). NSF-mediated disassembly of the SNARE complex would expose Syb2 to AP180, providing one potential switch coupling SNARE disassembly to SV endocytosis. Neurotransmission is not fully eliminated in AP180 mutants, suggesting Syb2 can be retrieved from the plasma membrane via another mechanism. The abundant SV protein Synaptophysin simultaneously binds Syb2 and AP2 to provide a secondary pathway for SV internalization (Pennuto et al., 2003; Yelamanchili et al., 2005; Bonanomi et al., 2007; Gordon and Cousin, 2014, 2016; Gordon et al., 2016, 2011). Syx1 cannot bind Syb2 while associated with Synaptophysin, suggesting Syb2 would only be available for endocytosis recruitment after SNARE complex disassembly (Edelmann et al., 1995; Siddiqui et al., 2007). In addition, Synaptophysin may act to chaperone Syb2 and prevent premature SNARE complex re-assembly. Given the lack of a Synaptophysin homolog in Drosophila (Stevens et al., 2012), additional mechanisms to support v-SNARE endocytosis and chaperoning likely exist.

Ultrafast endocytosis is a newly proposed mechanism for Dynamin-dependent SV formation where the plasma membrane immediately buckles into the cytoplasm when SVs fuse (Watanabe et al., 2013a,b; Gan and Watanabe, 2018). Optically stimulated C. elegans motoneurons fixed within 25 milliseconds of SV release show large membrane invaginations at the periphery of the AZ that quickly resolve into cytosolic endosomes (Watanabe et al., 2013a). Following Dynamin activity, Clathrin-mediated fission of these endosomes generates new SVs. However, it is currently unclear whether the rapidly invaginated membrane compartments observed by EM contain SV proteins that were just exocytosed. This form of endocytosis may primarily act to relieve plasma membrane tension by internalizing lipids rather than fused SV proteins. Given the slow kinetics of NSF-mediated SNARE disassembly and the rapid time-course of ultrafast endocytosis, it is unlikely NSF could disassemble cis-SNARE complexes prior to plasma membrane internalization via this mechanism. As such, ultrafast endocytosis may internalize SV material lost during prior rounds of fusion. Indeed, some SV cargo like Syt1 and Syb2 are localized to the plasma membrane in resting mammalian neurons (Fernández-Alfonso et al., 2006), potentially allowing ultrafast endocytosis to draw from a pool of SV material normally found on the plasma membrane.



SNAREs, Rabs, and Rab Effectors Contribute to Target Specificity for Membrane Fusion

Following endocytosis, SVs navigate a host of non-target presynaptic membrane compartments as they traffic back to AZs. Dozens of t- and v-SNAREs are encoded in eukaryotic genomes, implying a large combinatorial assortment of possible SNARE complexes across different subcellular compartments. Only a subset of these theoretical complexes associate in vitro and in vivo to promote membrane fusion (Söllner et al., 1993; McNew et al., 2000a), suggesting cognate SNARE binding contributes to fusion specificity. SRPs also facilitate specificity in membrane trafficking, with Rab proteins and their effectors acting in vesicle-target recognition upstream of SNARE interactions. Rab proteins are monomeric GTPases that specify membrane identity by associating with one or a small subset of intracellular compartments via two cysteine-linked prenyl groups (Stenmark, 2009). These lipid anchors are exposed in the Rab GTP-bound active state and occluded following GTP hydrolysis (inactive GDP-bound state), allowing Rabs to cycle on and off membranes in a GTP-dependent manner (Pereira-Leal et al., 2001; Stenmark and Olkkonen, 2001). Rabs sculpt intracellular membrane composition by recruiting and activating effector proteins that include tethering factors, SNAREs, cytoskeleton modifiers, lipid kinases/phosphatases, endocytic proteins, and protein scaffolds (Grosshans et al., 2006; Stenmark, 2009). Among this group, tethering factors form critical Rab effectors for mediating membrane fusion specificity. These multimeric protein complexes project farther into the cytosol than SNARE proteins, identifying and luring vesicles via specific affinity for vesicular Rabs or SNAREs (Whyte and Munro, 2002; Yu and Hughson, 2010; Witkos and Lowe, 2015; Spang, 2016). Tethering complexes are phylogenetically diverse and include the Exocyst, Golgin, CORVET, and HOPS complexes, each tethering a distinct vesicle type to their cognate target membrane. After tethering factors bring vesicles to the appropriate target compartment, trans-SNARE assembly docks and primes them for fusion.

At the synapse, AZ components project into the cytoplasm to engage and recruit SVs to release sites via several large scaffolding proteins (Zhai and Bellen, 2004; Südhof, 2012; Ghelani and Sigrist, 2018). One of the most prominent AZ scaffold proteins in Drosophila is the ELKS/CAST-like protein BRP (Wagh et al., 2006). Brp null mutants lack the electron-dense T-bar structure at Drosophila AZs and have reduced evoked release secondary to decreased AZ Ca2+ channel density (Kittel et al., 2006; Wagh et al., 2006). Brp mutants lacking only the cytosolic C-terminus of the protein (Brpnude) have normal AZ dense body projections and Ca2+ channel clustering, but fail to accumulate SVs that normally surround the AZ due to defective Cpx binding (Hallermann et al., 2010; Scholz et al., 2019). Brpnude mutants display normal evoked release at low frequency, but severely reduced release following repetitive stimulation. These data indicate BRP is not an essential tethering factor for SV docking and priming, but clusters SVs for fast refilling of release sites to support sustained activity.

Among the AZ proteins that mediate SV targeting, RIM tethers vesicles to release sites via its interaction with Rab3 (Wang et al., 1997; Betz et al., 2001; Koushika et al., 2001; Schoch et al., 2002; Han et al., 2011). RIM mutants have severely impaired evoked release accompanied by a dramatic reduction in SV docking (Gracheva et al., 2008; Han et al., 2011; Graf et al., 2012; Kushibiki et al., 2019; Oh et al., 2021). Together with the AZ protein SYD-2/Liprin, the C. elegans RIM homolog Unc10 forms filamentous projections that extend from the AZ to capture and tether Rab3 bound SVs at release sites (Gracheva et al., 2008; Stigloher et al., 2011). Rab3 mutants also show defects in SV recruitment, but have more modest impairments in evoked release (Geppert et al., 1997; Nonet et al., 1997; Schlüter et al., 2006; Gracheva et al., 2008; Graf et al., 2009). Drosophila and C. elegans RIM/Rab3 double mutants do not have enhanced release defects, suggesting they operate in a similar pathway. Beyond SV tethering, Drosophila Rab3 mutants have defects in AZ maturation, with a subset of release sites lacking late AZ scaffold proteins required for efficient evoked release (Graf et al., 2009). This AZ maturation phenotype is not observed in RIM mutants, suggesting Rab3 interfaces with other Rab effector proteins to deliver AZ components during synaptic development.

RIM is hypothesized to partner with Unc13 to transition SVs from a tethered state to the downstream Unc18/Unc13-dependent priming mechanism (Liu et al., 2019). RIM and Unc13 display highly conserved interactions mediated by a C2 domain in Unc13 and a zinc finger domain of RIM. Disruption of the RIM/Unc13 interaction reduces the number of fusion competent SVs, suggesting efficient SV recruitment requires engagement with Unc13 (Betz et al., 2001). Homodimerization of Unc13 in C. elegans generates an autoinhibitory state that is relieved by RIM binding prior to SV priming (Liu et al., 2019). These biochemical interactions suggest a model where Unc13 autoinhibition is relieved by RIM before it primes Syx1 for SNARE complex assembly. Given the RIM zinc finger domain also interacts with Rab3 (Betz et al., 2001; Weimer et al., 2006; Liu et al., 2019), priming may be coupled to SV arrival through competition for RIM binding between Unc13 and SV-bound Rab3. Release of RIM from Rab3 would allow it to activate Unc13 for Syx1 priming, with open Syx1 engaging Unc18 on a distinct interaction surface that templates the onset of SNARE complex assembly between Syx1 and SV-localized Syb2. Release defects in both Unc10/RIM and Unc13 can be rescued by the open-Syx1 mutation (Tien et al., 2020), consistent with RIM-mediated SV tethering facilitating downstream SNARE-dependent SV priming.



Tomosyn Acts as a Decoy SNARE to Negatively Regulate SNARE Complex Assembly

SNARE proteins incompatible with membrane fusion, known as decoy SNAREs, provide an additional mechanism to ensure regulated SNARE assembly. Several decoy SNAREs have been described in mammals, but Tomosyn is the only known invertebrate decoy SNARE (Masuda et al., 1998; Lao et al., 2000; Scales et al., 2002; Gerst, 2003; Ashery et al., 2009). Tomosyn was originally identified for its ability to displace Syx1 from Unc18, and suggested to engage Syx1 and SNAP-25 in an intermediate stage of SNARE assembly preceding trans-SNARE complex formation (Fujita et al., 1998; Masuda et al., 1998; Pobbati et al., 2004). Subsequent experiments revealed Tomosyn prevents Syb2 binding to t-SNAREs, suggesting this complex is not a prefusion intermediate but may rather inhibit productive SNARE complex assembly (Yokoyama et al., 1999). Tomosyn is a large cytoplasmic protein with a Syb2-like R-SNARE motif at its C-terminus that forms a four-helical SNARE complex with synaptic t-SNAREs (Figure 6). However, the absence of a membrane anchor in Tomosyn prevents formation of fusogenic SNARE complexes. At the N-terminus, Tomosyn contains WD40 repeats organized into a propeller-like scaffold with homology to L(2)GL proteins (Lehman et al., 1999; Williams et al., 2011). In vivo studies suggest Tomosyn can also interact with SNAREs beyond its R-SNARE motif, as the yeast Tomosyn-like protein Sro7 lacks a SNARE motif and uses its scaffold domain to coordinate vesicle docking with SNARE assembly by binding the Sec9 t-SNARE (Lehman et al., 1999; McEwen et al., 2006; Yizhar et al., 2007; Yamamoto et al., 2010).
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FIGURE 6. Tomosyn forms a decoy SNARE complex with Syx1 and SNAP-25 in an Unc18 and Syb2 independent manner. Adapted from Pobbati et al. (2004); Hattendorf et al. (2007).


Tomosyn overexpression reduces both constitutive and regulated secretion in a diverse set of eukaryotes, suggesting a highly conserved inhibitory role (Hatsuzawa et al., 2003; Yizhar et al., 2004; Gracheva et al., 2006; Zhang et al., 2006; Chen et al., 2011; Williams et al., 2011; Li et al., 2019). Null mutations in C. elegans Tomosyn (tom-1) show a dramatic increase in evoked neurotransmitter release (Gracheva et al., 2006; McEwen et al., 2006; Burdina et al., 2011). Whether this phenotype is caused by reduced decoy SNARE activity remains unclear given the scaffold and SNARE domains are both required in tandem to suppress release (Burdina et al., 2011). Genetic interactions in C. elegans suggest release suppression by Tomosyn may prevent Unc13/Unc-18-independent SNARE assembly. The total elimination of release in unc-13 and unc-18 single mutants indicate SV priming normally occurs exclusively via an Unc13/Unc18-dependent mechanism. Remarkably, double mutants of tom-1/unc-13 and tom-1/unc-18 partially restore the loss of evoked and spontaneous release in unc-13 and unc-18 single mutants, indicating Tomosyn suppresses a pathway that would otherwise bypass Unc13 and Unc18 to generate dysregulated priming (McEwen et al., 2006; Gracheva et al., 2010; Hu et al., 2013). In vitro reconstitution experiments indicate Tomosyn does not interfere with Unc13/Unc18-chaperoned SNARE assembly, suggesting Tomosyn can only engage Syx1 in an Unc13/Unc18-independent manner (Li Y. et al., 2018). NSF disassembly of the Tomosyn/t-SNARE complex leads to Unc18 capture of Syx1 for incorporation into productive SNARE complexes (Hatsuzawa et al., 2003; Li Y. et al., 2018). In vivo, tom-1 enhanced release is exaggerated by the open-Syx1 mutation, causing a further increase in tom-1 sensitivity to the acetylcholinesterase inhibitor aldicarb (Tien et al., 2020). Enhanced SV fusion in tom-1 exceeds the residual release in tom-1/unc-13 and tom-1/unc-18 double mutants, indicating Tomosyn also suppresses SNARE assembly within the traditional Unc13/Unc18 priming pathway. Together, these data indicate Tomosyn ensures tight regulation of SNARE complex assembly by acting as a failsafe to prevent dysregulated Unc13/Unc18-independent priming of Syx1.



CONCLUSION AND FUTURE DIRECTIONS

SRPs guide SNARE interactions during multiple steps of the SV fusion cycle by localizing SNARE assembly, regulating Ca2+-dependent SNARE zippering, recycling SNAREs post-fusion and inhibiting dysregulated SV priming (Figure 7). Given their critical roles in synaptic communication, it is not surprising that mutations in these genes cause a host of severe human neurological disorders (Melom and Littleton, 2011; Engel et al., 2016; Lipstein et al., 2017; Redler et al., 2017; Salpietro et al., 2019; Abramov et al., 2021; Melland et al., 2021). SRPs and SNAREs are broadly expressed in all neurons and are ideally positioned to regulate intrinsic synaptic release strength and presynaptic plasticity. Given presynaptic output and plasticity mechanisms display wide heterogeneity across neuronal subtypes and at individual release sites, SRPs are likely subject to transcriptional and post-translational control that alters their function. Indeed, SRPs can regulate release differences by controlling SV availability, spontaneous release rate, and SV priming location (Hu et al., 2013; Melom et al., 2013; Cho et al., 2015; Böhme et al., 2016; Fulterer et al., 2018; Aponte-Santiago and Littleton, 2020; Pooryasin et al., 2021).
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FIGURE 7. Summary flowchart showing current models for SRP regulation of SNARE complex assembly and SV fusion.


Several examples of SRP regulation that alter synaptic function or plasticity have been characterized. Phosphorylation of Tomosyn by protein kinase A (PKA) prevents its ability to inhibit SV availability, thereby enhancing SV release to facilitate plasticity and memory formation (Baba et al., 2005; Chen et al., 2011; Ben-Simon et al., 2015). Additionally, PKA phosphorylation of a Drosophila Cpx isoform occurs during activity-dependent retrograde signaling that reduces its clamping function, allowing activity-dependent increases in spontaneous SV release to promote synaptic growth and development (Yoshihara et al., 2005; Huntwork and Littleton, 2007; Barber et al., 2009; Choi et al., 2014; Cho et al., 2015; Andreae and Burrone, 2018). The synaptic signaling molecule nitric oxide (NO) enhances synaptic transmission by modifying Cpx function in Drosophila, with NO-regulated S-nitrosylation of the Cpx C-terminus altering SNARE-binding and enhancing evoked release (Robinson et al., 2018). Transcriptional regulation of Cpx can also modulate synaptic strength in Drosophila, with caloric intake and insulin signaling decreasing synaptic transmission by increasing Cpx levels downstream of the translational inhibitor FOXO (Mahoney et al., 2016). Similarly, the synaptic levels of Unc18 and Syx1 are finely tuned to regulate SV priming dynamics that are required to support presynaptic homeostatic plasticity at Drosophila NMJs (Ortega et al., 2018). Alternative splicing of Unc13 in Drosophila and C. elegans results in unique isoforms that alter the protein’s length, allowing the MUN domain to position and control SV priming at varying distances from AZ Ca2+ channel clusters (Hu et al., 2013; Böhme et al., 2016; Reddy-Alla et al., 2017; Fulterer et al., 2018; Pooryasin et al., 2021). In Drosophila, newly formed AZs first accumulate the long Unc13B splice variant before the shorter Unc13A variant arrives as AZs mature. Unc13B does not support efficient evoked release but is sufficient for spontaneous fusion, while Unc13A is required for SV priming for evoked but not spontaneous release (Böhme et al., 2016). Short isoforms of Unc13 in C. elegans also promote greater evoked release than longer isoforms (Hu et al., 2013), suggesting alternative Unc13 splicing represents a general mechanism for altering the efficiency of SV release by controlling where SV priming occurs along the AZ. These examples highlight only a subset of the mechanisms by which SNARE function might be dynamically controlled by SRPs. Future studies will certainly provide additional insights into how regulation of these essential presynaptic gatekeepers of brain communication contribute to the diversity of synaptic function and plasticity observed across distinct neuronal populations.
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Small non-coding vault RNAs (vtRNAs) have been described as a component of the vault complex, a hollow-and-barrel-shaped ribonucleoprotein complex found in most eukaryotes. It has been suggested that the function of vtRNAs might not be limited to simply maintaining the structure of the vault complex. Despite the increasing research on vtRNAs, little is known about their physiological functions. Recently, we have shown that murine vtRNA (mvtRNA) up-regulates synaptogenesis by activating the mitogen activated protein kinase (MAPK) signaling pathway. mvtRNA binds to and activates mitogen activated protein kinase 1 (MEK1), and thereby enhances MEK1-mediated extracellular signal-regulated kinase activation. Here, we introduce the regulatory mechanism of MAPK signaling in synaptogenesis by vtRNAs and discuss the possibility as a novel molecular basis for synapse formation.
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INTRODUCTION

Non-coding RNAs (ncRNAs) function at the RNA level without being translated into proteins. Representative ncRNAs include ribosomal RNAs and transfer RNAs that are involved in protein synthesis. In recent years, ncRNAs have been reported to regulate many physiological processes, including transcription, translation, RNA processing, and chromatin regulation, and to contribute to protein stability and subcellular localization (Huttenhofer et al., 2005; Amaral et al., 2008; Tuck and Tollervey, 2011; Gebetsberger and Polacek, 2013; Sabin et al., 2013). Among various ncRNAs, small non-coding vault RNAs (vtRNAs) were first described as components of the giant ribonucleoprotein complex, the vault complex. The vault complex is composed of vtRNA and multiple copies of protein molecules, including major vault protein (MVP), and is ubiquitously present in most eukaryotes. There are multiple vtRNA paralogs, and the number varies from species to species: four expressed in humans, i.e., hvtRNA1-1, hvtRNA1-2, hvtRNA1-3, and hvtRNA2-1, and one expressed in mice, i.e., mouse vtRNA (mvtRNA). Previous reports have suggested that vtRNAs have different physiological functions beyond maintaining structural integrity of the vault protein complex (Nandy et al., 2009; Li et al., 2015; Horos et al., 2019).

Establishment of axon/dendrite polarity is an important step in neuronal differentiation (Barnes and Polleux, 2009; Yogev and Shen, 2017). Autism spectrum disorders (ASD), a group of high-prevalence neurodevelopmental disorders, are known to share common cellular/molecular characteristics, including abnormal morphology of synaptic connections, which result in synaptic dysfunction (Mohammad-Rezazadeh et al., 2016). Intracellular signaling, including protein kinases, play a pivotal role in synapse formation and regulation. Among such kinases, the mitogen activated protein kinase (MAPK) signaling pathway that leads to activation of extracellular signal-regulated kinase (ERK) plays an important role in local protein synthesis in dendrites, in the formation and stabilization of dendritic spines, and in the regulation of synaptic plasticity in the brain (Mao and Wang, 2016; Miningou and Blackwell, 2020). Unfortunately, however, their exact regulatory mechanisms remain unclear.

Recently, we showed that mvtRNA promotes synapse formation by activating the MAPK signaling pathway (Wakatsuki et al., 2021a,b). mvtRNA enhances ERK activation by binding to and activating MAPK kinase (MEK). Here we introduce the new role of vtRNAs and discuss their previously unknown roles for synapse formation.



MECHANISM OF REGULATION OF SYNAPSE FORMATION BY VAULT RNAs

Aurora-A was originally reported as a kinase that regulates cell division. Subsequently, Aurora-A was also found in non-dividing neurons and has recently been reported to play an important role in the regulation of neuronal morphological differentiation, including neurite outgrowth and polarity formation (Khazaei and Puschel, 2009; Mori et al., 2009; Pollarolo et al., 2011). To clarify the details of Aurora-A dependent processes in neurons, we screened substrates for Aurora-A kinase activity in neurons and found MVP as a prime candidate (Wakatsuki et al., 2021b). We found that the expression level of MVP expression in the brain and the degree of Aurora-A-MVP interaction in the postsynaptic region increase with development and remain stable in maturity. Based on these findings, we considered the possibility that intracellular signals of the Aurora-A-MVP axis are involved in synapse formation and decided to investigate this mechanism in detail.

It has been suggested that MVP interacts with ERK and functions as a scaffold to regulate its signaling (Kolli et al., 2004; Kim et al., 2006; Berger et al., 2009). As mentioned above, the MAPK signaling pathway plays an important role in the regulation of synaptogenesis. Consistent with this, we were able to confirm the presence of activated ERK in the postsynaptic region purified from mouse brain. To investigate the relationship between synaptogenesis through the Aurora-A-MVP pathway and ERK activity, we performed overexpression of Aurora-A or its constitutively active mutant together with MVP in primary cultured cortical neurons, and found that the enhancement of the Aurora-A-MVP signal increased ERK activity and synaptogenesis in neurites. Conversely, knockdown of the mvp gene by RNA interference (RNAi) decreased ERK activity and synaptic formation. We also confirmed the functionality of the increased synapses in response to the Aurora-A-MVP signaling by an increase of FM dye uptake into synaptic vesicles and glutamate-stimulated intracellular calcium ion concentrations. These results indicate that enhancement of the Aurora-A-MVP pathway promotes functional synaptogenesis (Wakatsuki et al., 2021b).

It has been suggested that the vault complex is transported through the neurite by a fast transporter (Herrmann et al., 1999; Li et al., 1999). The vault complex binds to several mRNAs that are translated in dendrites, such as tissue plasminogen activator and protein tyrosine phosphatase non-receptor type 5 (Paspalas et al., 2008). These reports strongly suggest that the vault complex serves as an mRNA transporter to neurites. Aurora-A activated in response to neuronal activity has been reported to positively regulate such local translation by phosphorylating cytoplasmic polyadenylation element (CPE) binding protein. The phosphorylated CPE binding protein binds to the CPE-binding sequence of mRNAs in neurites in response to neuronal activity in order to polyadenylate the mRNA and facilitate translation (Huang et al., 2003; Martin, 2004). As mentioned above, knockdown of the mvp gene by RNAi decreased Aurora-A expression levels and local translational activity in neurites. These results suggest that the vault complex may function as a transporter for both mRNAs translated in dendrites and Aurora-A, which are both involved in the regulation of local translation. In fact, the vault complex was found to bind to the dendritic transport motor protein KIF5 (Hirokawa, 2006; Wakatsuki et al., 2021b), suggesting that the vault complex is transported in dendrites as cargo of KIF5.

The vault complex is not a stable structure and is known to change shape dynamically (Kickhoefer et al., 1998). To correlate the activity of Aurora-A with the structural integrity of the Vault complex, we examined the biochemical behavior of the vault complex in neurons overexpressing a constitutively active form of Aurora-A. The fully assembled vault complex can be separated from incomplete/dissociated ones by high-speed centrifugation (Berger et al., 2009). Using this method, we predicted that overexpression of a constitutively active form of Aurora-A would destabilize the assembled structure of the vault complex. Furthermore, we found that mvtRNA is released from the vault complex, when the vault structure is destabilized. To understand the function of released mvtRNA, we examined how it affected ERK activity-dependent synaptogenesis. In neurites with RNAi-mediated downregulation of mvp or antisense oligonucleotide-mediated downregulation of mvtRNA, we observed reduced ERK activation, local translation and synaptic formation (Wakatsuki et al., 2021b). These results suggest that mvtRNA acts on ERK activity to potentiate local translation in neurites and positively regulate synaptogenesis (Figure 1).
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FIGURE 1. vtRNA functions as a putative riboregulator of synaptogenesis. vtRNA is transported to the distal regions of the neurites as part of the vault complex. vtRNA is released from the vault complex in the neurite by a mitotic kinase Aurora-A-dependent phosphorylation of MVP, a major protein component of the vault complex. vtRNA functions as a putative riboregulator of synaptogenesis. vtRNA binds to and activates MEK1, thereby enhancing MEK1-mediated ERK activation in neurites. Activation of ERK signaling promotes local translation of synaptic proteins, which accelerates synapse formation.


So how does mvtRNA control ERK activity? Although there are not many reports dealing with physiological roles of vtRNA thus far, several have suggested that vtRNAs directly bind to their target proteins to regulate their functions (Koromilas et al., 1992; Meurs et al., 1993). In our analysis, we found that mvtRNA binds to MEK, thereby enhancing its ability to phosphorylate ERK (Wakatsuki et al., 2021b). Extensive knowledge has been accumulated about the relationship between molecular structure and MEK activity; and the changes in molecular structure during the MEK activating process have been investigated in detail. When MEK is inactive, the activation loop (AL) interacts with residues outside the kinase domain (e.g., negative regulatory region) and is tightly wrapped in a catalytic pocket to maintain low MEK basal activity (Ordan et al., 2018). There are two serine residues in the AL that are important for MEK activity control. Their phosphorylation by a MEK activating kinase such as Raf kinase changes the structure and activates MEK (Figure 2A; Morrison and Davis, 2003). Thus, MEK activity is considered to be altered not only by modification of kinase domain residues but also by structural changes in the AL. This may suggest the possibility that mvtRNA binding to MEK alters its molecular structure and enhances its activity (Figure 2B). However, because MEK lacks previously known RNA-binding motifs, it is not possible at this time to determine the mode of binding of both molecules. In the future, it will be necessary to clarify the binding mode between mvtRNA and MEK by methods such as the high-throughput sequencing of RNAs isolated by cross-linking immunoprecipitation.


[image: image]

FIGURE 2. vtRNA functions as a regulator of MEK activity. (A) MEK1 is a core component of the MAP kinase signaling pathway, playing a key role in transmitting signals from active Ras to ERK. MEK1 is activated when it is dually phosphorylated by an upstream kinase such as Raf on two specific serine residues within its activation sequence. (B) Human MEK1 encodes a protein kinase of 393 amino acids. The docking domain (DD) for ERK1 and ERK2 is shown in red and the amino-terminal negative regulatory region (NRR) is shown in green. The kinase catalytic domain is shown in blue and includes the activation loop (AL) with specified sites for activating phosphorylation by Raf kinase. vtRNA appears to inhibit the interaction of the AL with the catalytic domain, and thereby enhances the kinase activity of MEK1 (see text for details).


Some of the recent reports suggest that the involvement of vtRNA1-1 in the regulation of ERK pathway may be complexed. Bracher et al. (2020) demonstrated that vtRNA1-1 loss leads to increased activation of ERK pathway in human cancer cells. Since vtRNA1-1-null conditions were used there, it is not clear whether vtRNA1-1 could inactivate ERK pathway in some contexts, but this report certainly suggests that different physiological/pathological conditions in different cell types add further complexity to the vtRNA-mediated regulation of subcellular signaling.



REGULATION OF LOCAL TRANSLATION IN DENDRITES AND SYNAPTOGENESIS BY NON-CODING RNAs

There are four vtRNA genes (hvtRNA1-1, hvtRNA1-2, hvtRNA1-3, and hvtRNA2-1) in the human genome. There are not much data on how the different nucleotide sequences of these variants influence their functions. hvtRNA2-1 differs widely from other hvtRNA1 variants except for two identical sequence blocks for Pol III transcription (Nandy et al., 2009; Stadler et al., 2009). It was previously reported that hvtRNA2-1 has no physical contact with the vault complex (Lee et al., 2011). Our results also showed that hvtRNA1-1 promotes synapse formation, whereas hvtRNA2-1 does not (Wakatsuki et al., 2021a). Amort et al. (2015) reported that in an Epstein-Barr virus-induced apoptosis model, the protective effect of only hvtRNA1-1 in the hvtRNA paralog requires a centrally located sequence, but the detailed mechanism has not yet been elucidated. Analysis of the nucleotide sequence required for the variant-specific functions of vtRNAs exemplified in these reports may lead to mechanistic understanding of the molecular basis of the variant-specific functions of vtRNAs.

Translation of proteins consists of several steps, including initiation and elongation. The initiation reaction is complex and closely regulated by multiple initiation factors, called the elongation initiation factors (eIFs; Sonenberg and Hinnebusch, 2009; Jackson et al., 2010). mTOR activity regulates the precise initiation of translation by phosphorylating eIF either directly or through the S6 kinase. CaMK2A is known to regulate the translational elongation. This kinase activation is initiated in response to neurotransmitter binding to cell surface receptors. For example, mTORC1 activity is regulated by PI3K-AKT and ERK, which are activated by NMDA receptors, etc. (Sosanya et al., 2013). Since the vault complex and Aurora-A are present at excitatory glutamatergic synapses, Aurora-A activity may be regulated via glutamate receptors (Figure 1). Interestingly, we observed that mvtRNA regulates ERK activity but has little effect on AKT activity (Wakatsuki et al., 2021b). These results suggest that vtRNAs may be involved in specific subcellular signaling elicited by neurotransmitter receptors. In the future, it will be necessary to clarify the synapse formation mechanism regulated by the Aurora-A-Vault complex in comparison with other kinase signaling pathways.

Few reports have shown that ncRNAs act locally and are directly involved in the regulation of neuron-specific events such as synaptogenesis. Among ncRNAs, miRNAs are specifically concentrated at dendrites and synapses, and it has been suggested that mature miRNAs may be generated at synapses from miRNA precursors (Kosik, 2006; Bicker et al., 2013). Translation of several different mRNAs is regulated by a group of miRNAs specifically present at synapses. One of the abundant miRNAs in dendrites, miR-26a regulates microtubule assembly via inhibition of Map2 mRNA translation in response to synaptic activation (Kye et al., 2007). Brain-specific miR-134 inhibits mRNA translation of LIMK1, which promotes dendritic spine formation at silent synapses (Schratt et al., 2006; Bicker et al., 2014). Thus, miRNAs regulate synaptogenesis through mRNA-targeted translational control, a mechanism quite different from that of vtRNA.



REGULATION OF KINASE ACTIVITY BY NON-CODING RNAs

Some ncRNAs act directly on kinases to regulate their activity. For example, neighbor of BRCA1 gene 2 is a long-chain ncRNA that is induced by cellular energy depletion and binds to the kinase domain of AMPK to increase its activity (Liu et al., 2016). LINK-A, identified as a long-chain ncRNA with a high affinity for the plasma membrane, binds to both the phosphatidylinositol 3,4,5-trisphosphate and the pleckstrin homology domain of AKT, and promotes their interaction to up-regulate AKT activity (Lin et al., 2017). In these examples, long-chain ncRNAs have been shown to bind directly to kinases, but it is not well understood how the ncRNA binding affects the activity of the kinases. With regard to vtRNAs, it has been reported that hvtRNA2-1 directly acts on protein kinase RNA-activated (PKR) to regulate its activity (García et al., 2007). PKR is a known interferon-induced, double-stranded RNA (dsRNA)-domain kinase and plays an important role in cellular proliferation and apoptosis (Gal-Ben-Ari et al., 2018). Previous reports suggest that PKR is a tumor suppressor (Koromilas et al., 1992; Meurs et al., 1993). Inhibition of hvtRNA2-1 activates PKR and its downstream pathways, resulting in impaired cellular proliferation. Therefore, hvtRNA2-1 is thought to be a PKR regulator, and its tumor-suppressive effect has attracted attention. Because PKR has a distinct RNA-binding motif and is primarily a kinase activated by dsRNA, hvtRNA2-1 may regulate PKR activity in a way similar to that by dsRNA. Our results show that MEK is a RNA-binding protein whose kinase activity is regulated by mvtRNA, even though MEK lacks a typical RNA-binding motif. Recent studies have identified the RNA-binding capacity of many proteins which have not previously been identified as RNA-binding proteins (Hentze et al., 2018). While MEK does not have a typical RNA-binding motif, mvtRNA may also directly bind to MEK to regulate its activity. It is necessary to clarify how the mvtRNA binding affects the molecular structure of MEK or alters the affinity of MEK to ERK to activate MAPK signaling.



CONCLUSION AND FUTURE DIRECTIONS

Our recent findings reveal a novel regulatory mechanism of synapse formation by the small non-coding vtRNA. Our results suggest that phosphorylation of MVP by Aurora-A activity triggers the release of mvtRNA from the vault complex. Remaining questions include detailed mechanisms by which Aurora-A dependent phosphorylation of MVP affects the structure of the vault protein complex, and by which vtRNA regulates MEK activity. For the former, we have thus far identified several serine residues in MVP whose phosphorylation prevents vault complex formation (unpublished observations). It is important to clarify how the phosphorylation of these serine residues affects the molecular structure of MVP and the release of vtRNAs from the vault complex to uncover the entire mechanism. No definitive experimental evidence has yet been obtained to show where the Aurora-A-vault complex regulates the MAPK signaling in the neurite. Knowing where the interaction between mvtRNA and MEK1 occurs in dendrites is important when considering the physiological significance of the vtRNA-dependent MEK activation mechanism. In addition to the analysis of the regulatory mechanism, other approaches may be needed to address this issue, including observation of phosphorylated ERK expression in dendrites using super-resolution microscopy.

The genes encoding MVP and ERK1 are located in the 16p11.2 region of the human chromosome. The microdeletion of this region is known to increase susceptibility to ASD (Horev et al., 2011; Ouellette et al., 2020; Rein and Yan, 2020). This suggests the critical roles of MVP and ERK1 in physiological development of the neuronal network. While a number of different factors/molecules are postulated in the pathogenesis of neurodevelopmental disorders including ASD, most such factors/molecules are involved in synapse formation during the developmental stage (Gilbert and Man, 2017; Guang et al., 2018). Thus, detailed understanding of the synapse formation mechanism is likely connected to further elucidation of the pathogenesis of neurodevelopmental disorders. A better understanding of the signaling in which the Aurora-A-vault complex is involved may lead to the development of new therapeutic strategies against such disorders.
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Psychedelics, compounds that can induce dramatic changes in conscious experience, have been used by humans for centuries. Recent studies have shown that certain psychedelics can induce neural plasticity by promoting neurite growth and synapse formation. In this review, we focus on the role of classical serotonergic psychedelics in neural plasticity and discuss its implication for their therapeutic potentials.
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INTRODUCTION

To fathom Hell or soar angelic, just take a pinch of psychedelic.

—Huxley and Osmond, 2018.

The term “psychedelic” was coined by the psychiatrist Humphry Osmond in 1956 in correspondence with the renowned author Aldous Huxley to remarket a class of compounds that induce profound changes in consciousness (Huxley and Osmond, 2018). Combining two Greek roots, psyche (soul, mind) and deloun (to manifest), the word means “mind-manifesting.” Previously, these compounds had been called “psychotomimetics” due to their ability to induce a transient, schizophrenia-like episode in healthy people (Gerard, 1956). Over the years, researchers have referred to this class of compounds variously as entheogens (“possessed by a god”) (Ruck et al., 1979), empathogens (“empathy-generating”) (Nichols et al., 1993), entactogens (“touching within”) (Nichols, 1986), and hallucinogens (Nichols, 2004), reflecting a constantly evolving perspective on their physiological and cultural impact.

The most recent term “psychoplastogen” emphasizes these drugs as catalysts for neuroplasticity in the brain (Olson, 2018). There is growing evidence that psychedelics promote the structural and functional plasticity of synapses (Ly et al., 2018; Inserra et al., 2021a; Kadriu et al., 2021), sites where neurons connect and communicate with each other. Interestingly, some structurally similar compounds share this feature but lack hallucinogenic effects (Cameron et al., 2021; Dong et al., 2021). As changes in synaptic circuits are widely believed to underlie learning and memory (Holtmaat and Svoboda, 2009), and numerous psychiatric disorders exhibit deficits in neuroplasticity (Goto et al., 2010; Forrest et al., 2018), psychedelics have attracted significant research interest in their molecular and cellular mechanisms of action (Inserra et al., 2021a; Kadriu et al., 2021), as well as in their therapeutic potential for psychiatric disorders such as addiction, depression, and anxiety (Carhart-Harris and Goodwin, 2017; Rucker et al., 2018; Dos Santos and Hallak, 2020).

Classical psychedelics fall into three main groups: tryptamines, ergolines, and phenethylamines (Nichols, 2016). They have diverse origins. For example, N, N-dimethyltryptamine (DMT) naturally occurs in mammalian brains (Saavedra and Axelrod, 1972); psilocybin is extracted from Psilocybe mushrooms (Hofmann et al., 1958) and mescaline from the peyote cactus Lophophora williamsii (Heffter, 1894); lysergic acid diethylamide (LSD) and 2,5-dimethoxy-4-iodoamphetamine (DOI) are semi-synthetic. They preferentially bind to the serotonin 2A (5-HT2A) receptor (Nichols, 2016), and the affinity is strongly correlated with the hallucinogenic effect (Glennon et al., 1984). Administration of ketanserin, a 5-HT2A receptor antagonist, blocks the hallucinogenic effect of the classical psychedelic psilocybin (Vollenweider et al., 1998). Moreover, in 5-HT2A knock-out (KO) mice, psychedelics do not produce the head-twitch response (high-frequency paroxysmal head rotation), a rodent proxy of hallucinatory behavior (Gonzalez-Maeso et al., 2007). A recent human study also reveals that the subjective intensity of psychedelic experience is correlated with 5-HT2A receptor occupancy in the brain (Madsen et al., 2019). Therefore, signaling induced by 5-HT2A receptor activation is likely necessary for psychedelics to cause hallucinations, even though many psychedelics bind to other receptors (e.g., 5-HT1A, other 5-HT2, and dopamine receptors) as well (Cumming et al., 2021). Since serotonin regulates mood, stress response, appetite, and reward processing (Berger et al., 2009), compounds with an affinity for 5-HT receptors may affect all these brain functions. As the pharmacology and downstream signaling pathways of psychedelics have been covered recently by excellent reviews (Lopez-Gimenez and Gonzalez-Maeso, 2018; Cumming et al., 2021; Kadriu et al., 2021), we will instead focus on the role of classical psychedelics in neural plasticity.



CLASSICAL PSYCHEDELICS AND THEIR EFFECTS ON NEUROPLASTICITY AND NEURAL CIRCUITS


N, N-Dimethyltryptamine (DMT) and Its Derivatives

DMT is an active ingredient in ayahuasca (“vine of the soul” in the Quechua language), a hallucinogenic drink consumed in shamanic rituals in South America. DMT can promote neuroplasticity both in vitro and in vivo. In cultured rat cortical neurons, DMT treatment for 24 h promotes the growth of neurites (axonal and dendritic processes emanating from the neuronal cell body), increasing their number, length, and complexity. The treatment also increases the density of dendritic spines (tiny protrusions from dendrites that are the postsynaptic sites of synapses). The increased spinogenesis is associated with synaptogenesis, as evidenced by an increase in the puncta density of VGLUT1, a presynaptic vesicular glutamate transporter. Likewise, a single high dose of DMT (10 mg/kg) increases synaptic density on pyramidal neurons in the prefrontal cortex (PFC) of adult rats. The structural changes are accompanied by functional changes, as shown by an increase in the frequency and amplitude of spontaneous excitatory postsynaptic currents (EPSCs) recorded ex vivo (Ly et al., 2018). In contrast, chronic, intermittent administration of a low dose of DMT (1 mg/kg) decreases PFC dendritic spine density in female, but not male, rats (Cameron et al., 2019). These findings suggest that DMT's psychoplastogenic effect is dose- and sex-dependent.

The molecular mechanisms underlying the neuroplastic effects of DMT are complicated. It likely involves 5-HT2A signaling, as it can be blocked by co-treatment with ketanserin. Co-treatment with ANA-12, a selective antagonist of TrkB (tyrosine receptor kinase B), or rapamycin, an inhibitor of mTOR (mechanistic target of rapamycin), also blocks it, implicating TrkB and mTOR signaling in DMT-induced neuroplasticity as well (Ly et al., 2018). Furthermore, DMT is an agonist for the sigma-1 receptor, a chaperone protein at the endoplasmic reticulum that modulates calcium signaling (Fontanilla et al., 2009). As sigma-1 receptors can regulate voltage-gated ion channels and synaptic transmission (Kourrich et al., 2012), they may provide another path through which DMT exerts neuroplastic effects.

5-methoxy-N, N-dimethyltryptamine (5-MeO-DMT), a methoxylated derivative of DMT, is present endogenously in several species of plants, fungi, and the Sonoran Desert toad, bufo alvarius (Uthaug et al., 2019). It disrupts oscillatory neural activity in the PFC, the visual cortex (V1), and the mediodorsal nucleus of the thalamus (MD) in mice (Riga et al., 2014, 2018). Surprisingly, these effects are also observed in 5-HT2A KO mice, but not in 5-HT2A KO mice co-treated with WAY-100635, an antagonist of 5-HT1A (Riga et al., 2018). It has been speculated that 5-MeO-DMT's action may depend on brain states: in anesthetized animals, it preferentially targets 5-HT1A receptors on GABAergic inhibitory interneurons, whereas in awake animals it primarily binds to 5-HT1A receptors on excitatory pyramidal neurons. Such state-dependent actions would differentially affect excitation/inhibition balance in the brain and may explain the opposite effect of 5-MeO-DMT on anesthetized vs. awake 5-HT2A KO mice (Riga et al., 2018). Intracerebroventricular administration of 5-MeO-DMT increases the proliferation of neural progenitors and these newborn neurons possess more complex dendritic arbors and exhibit shorter afterhyperpolarization potentials as well as higher action potential thresholds compared to saline-treated controls (Lima da Cruz et al., 2018). Moreover, a mass spectrometry analysis of human cerebral organoids treated with 5-MeO-DMT reveals its modulatory effects on proteins involved in long-term potentiation, dendritic spine formation, microtubule dynamics, and cytoskeletal organization, highlighting the potential impact of 5-MeO-DMT on neuroplasticity (Dakic et al., 2017).



Ibogaine and Its Analog

Ibogaine is a psychoactive β-carboline derivative isolated from the root bark of the West African rainforest shrub Tabernanthe iboga (Dybowski and Landrin, 1901). It has a high affinity for several targets including the N-methyl-D-aspartate (NMDA), the κ- and μ-opioid, and the 5-HT2A receptors. Furthermore, ibogaine has the highest affinity for the sigma-2 receptor among psychedelics (Baumann et al., 2001; Ray, 2010). In humans, ibogaine is metabolized by cytochrome P450 2D6 (CYP2D6) into noribogaine (10-hydroxyibogamine, also referred to as 12-hydroxyibogamine in the Chemical Abstracts Service nomenclature) (Obach et al., 1998). Noribogaine shows higher plasma levels and remains detectable for a much longer period than ibogaine, suggesting that it may be the active compound in vivo (Mash et al., 2000; Baumann et al., 2001). Indeed, recent research has suggested that it may be noribogaine, rather than ibogaine per se, that stimulates neuroplasticity. In cultured rat cortical neurons, noribogaine increases dendritic arbor complexity while ibogaine does not. Co-treatment with ketanserin blocks such effect of noribogaine, implicating 5-HT2A receptor activation (Ly et al., 2018). Unfortunately, a high dosage of ibogaine (≥ 50 mg/kg) can be neurotoxic: it induces cerebellar Purkinje cell degeneration in rats, possibly due to excitotoxicity from the inferior olive (O'Hearn and Molliver, 1993, 1997; Xu et al., 2000). The small safety margin between the therapeutic dose (40 mg/kg) and the neurotoxic dose raises concerns about ibogaine's safety for clinical use (Baumann et al., 2001). To address ibogaine's hallucinogenic and toxicity problems, researchers conducted function-oriented synthesis to develop tabernanthalog (TBG), a non-hallucinogenic, non-cardiotoxic analog of ibogaine (Cameron et al., 2021). TBG elevates the complexity of dendritic arbors of cultured rat cortical neurons and increases dendritic spine formation in the mouse somatosensory cortex in vivo. Such effects can be blocked by ketanserin co-treatment, indicating the involvement of 5-HT2A receptor signaling. A more recent study (Lu et al., 2021) showed that a single dose of TBG can rescue the elevated anxiety, cognitive inflexibility, and sensory processing deficits in mice subjected to unpredictable mild stress (UMS). It also partially compensates for the UMS-induced dendritic spine loss, restores the electrophysiological properties of parvalbumin-expressing inhibitory interneurons, and normalizes baseline and sensory-evoked cortical neuronal activities.



Psilocybin

Psilocybin is the active ingredient in so-called magic mushrooms (Geiger et al., 2018). In the body, psilocybin is quickly dephosphorylated into psilocin (Hasler et al., 1997), a compound that binds to several 5-HT receptor subtypes with relatively high affinity (Rickli et al., 2016). Both in vitro and in vivo studies on psilocybin have focused on its effect on excitatory synapses. They suggest that psilocybin promotes synaptic growth and strength. In cultured rat cortical neurons, psilocin increases dendritic arbor complexity and dendritic spine density (Ly et al., 2018). Likewise, a single dose of psilocybin promotes the formation of dendritic spines on layer 5 pyramidal neurons in the mouse medial frontal cortex in vivo, significantly increasing spine density; the psilocybin-induced new spines are no less stable than those formed under control conditions. In addition, psilocybin increases spine head size, which represents a strengthening of synapses (Shao et al., 2021). In the hippocampus and the PFC of pigs, a single dose of psilocybin also promotes synaptogenesis, as evidenced by a persistent increase in the presynaptic density of synaptic vesicle protein 2 (SV2A), a presynaptic integral glycoprotein that regulates neurotransmitter release (Raval et al., 2021). Another recent study (Hesselgrave et al., 2021) also shows that psilocybin increases synaptic strength, measured as an increased AMPA/NMDA ratio at the synapses between temporoammonic inputs and the distal dendrites of hippocampal CA1 pyramidal neurons in mice.



LSD

LSD is an ergoline first synthesized by Albert Hofmann in 1938 from the lysergic acid found in ergot, a fungus that grows on grains (Hofmann, 1979). Despite the long-standing interest in LSD's cognitive effects, its cellular impact has only been explored recently. On the neural circuit level, LSD can modulate the spontaneous firing and burst-firing of reticular thalamus GABAergic neurons and disinhibit thalamocortical relay neurons in the mediodorsal thalamus in mice, as shown by in vivo electrophysiology (Inserra et al., 2021b). At the sub-cellular level, one study (Ly et al., 2018) on cultured rat cortical neurons found that 24 h LSD treatment significantly increases dendritic arbor complexity and dendritic spine density. There is a concurrent increase in synaptic density as measured by the co-localization of the presynaptic marker VGLUT1 and the postsynaptic marker PSD95. Although LSD binds to several 5-HT receptors with high affinity, its neuroplastic effects require 5-HT2A receptor activation, as they are abrogated by co-treatment with ketanserin. Subsequently, it was shown (Ly et al., 2021) that shorter periods (15 min−6 h) of LSD stimulation already suffice to increase dendritic arbor complexity and spine density.



DOI

Phenethylamines are probably the most extensively explored class of psychedelics due to their ease of synthesis (Nichols, 2018). Paradoxically, we know relatively little about the neuroplastic effects of most phenethylamines except DOI, which was first synthesized in 1973 (Coutts and Malicky, 1973). In cultured neurons, transient (1 h) DOI treatment increases dendritic spine size (Jones et al., 2009), and longer treatment increases the morphological dynamics of dendritic growth cones and neurite complexity, length, and number (Persico et al., 2006; Ohtani et al., 2014; Ly et al., 2018). In the mouse frontal cortex, DOI treatment selectively elevates the density of stubby and thin spines, but not of mature mushroom spines, on layer 2/3 pyramidal neurons; it also enhances long-term potentiation (LTP) at synapses onto such neurons (de la Fuente Revenga et al., 2021). In vivo studies further show that DOI promotes dendritic spine formation in the mouse sensory cortex without affecting spine elimination (Cameron et al., 2021).

DOI can also perturb cellular and network activity in the cortex. Extracellular recordings in the rat frontal cortex show that DOI reduces low-frequency oscillations and disrupts the temporal relationship between pyramidal neuron discharges and the local field potential (LFP). Both effects can be blocked by the 5-HT2A antagonist M100907, implicating 5-HT2A activation (Celada et al., 2008). In the primary visual cortex of awake mice, DOI reduces visually-evoked responses and surround suppression but spares basic retinotopic organization, tuning properties, and receptive field structure, which supports the idea that reduced bottom-up sensory drive underlies psychedelic-induced hallucinations (Michaiel et al., 2019).

The neuritogenesis- and synaptogenesis-promoting effects of DOI are blocked in culture when co-treated with ANA-12, ketanserin, or rapamycin, implicating signaling from TrkB, 5-HT2A, and mTOR, respectively, in DOI's downstream effects (Ly et al., 2018). Moreover, a single administration of DOI in 5-HT2A knock-out mice does not increase the density of new synaptic spines in the frontal cortex, further suggesting that 5-HT2A activation is critical for DOI induced neuroplasticity (de La Fuente Revenga et al., 2021). DOI's effects also depend on kalirin-7, a guanine nucleotide exchange factor that is a major regulator of dendritic spine morphogenesis in pyramidal neurons (Penzes and Jones, 2008), as incubating cultured cortical neurons in kalirin-7 interfering peptides, peptides that displace kalirin-7 from the postsynaptic density of dendritic spines, also blocks DOI's neuroplastic effects (Jones et al., 2009). However, there is evidence that a single administration of DOI in mice induces epigenetic changes in enhancer regions, regions of DNA that increase the likelihood that certain genes will be transcribed, that persist for at least a week after DOI administration, suggesting a molecular basis for long-term effects (de La Fuente Revenga et al., 2021).



Ketamine

First synthesized in 1965 (McCarthy et al., 1965), ketamine is not a serotonergic psychedelic, but a non-competitive N-methyl-D-aspartate receptor (NMDAR) antagonist initially used as a general anesthetic. Notably, ketamine also produces significant psychological effects including hallucinations and dissociation from reality, not unlike the behavioral effects of psychedelics. Moreover, recent studies have highlighted its antidepressant effect (Nowacka and Borczyk, 2019). It is thus interesting to discuss ketamine's effects together with those of psychedelics.

Like classical psychedelics, ketamine also promotes neuroplasticity. Cultured rat cortical neurons significantly increase spinogenesis and synaptogenesis after 15 min of ketamine treatment (Ly et al., 2021). Similarly, transient ketamine treatment promotes the dendritic arborization of dopaminergic neurons either cultured from embryonic mouse mesencephalon or derived from human induced pluripotent stem cells (iPSCs) (Cavalleri et al., 2018). An enhancement in structural plasticity is also reported by multiple animal studies. For example, ketamine rapidly increases the spine density of L5 pyramidal neurons in the medial prefrontal cortex (mPFC) of rats (Li et al., 2010) as well as in hippocampal CA1 neurons in Flinders Sensitive Line (FSL) rats, a genetic model of depression (Treccani et al., 2019); it also significantly ameliorates the spine density decrease in the mPFC and hippocampus of mice subjected to chronic social defeat stress (Zhang et al., 2019). In vivo imaging studies further show that ketamine enhances spine formation in the mouse medial frontal cortex (Phoumthipphavong et al., 2016) and somatosensory cortex (Pryazhnikov et al., 2018), and partially restores spines lost during chronic exposure to corticosterone (Moda-Sava et al., 2019). Such plasticity is believed to underlie ketamine's rescuing effect on depression-like behaviors in rodent models (Moda-Sava et al., 2019). In addition to the structural plasticity, ketamine can elicit a form of functional synaptic plasticity reminiscent of homeostatic synaptic upscaling, providing another possible cellular mechanism for its antidepressant effect (Kavalali and Monteggia, 2020).




CONCLUSION AND DISCUSSION

Since the early 20th century, there has been considerable interest in using psychedelics to treat mental illnesses (Carhart-Harris and Goodwin, 2017; Bogenschutz and Ross, 2018; Nichols and Walter, 2021). Numerous clinical studies have shown encouraging therapeutic potentials of psychedelics, particularly LSD and psilocybin, and to a lesser extent ayahuasca, ibogaine, and dipropyltryptamine (DPT), in treating disorders including addiction to alcohol, nicotine, or illicit drugs, anorexia nervosa, depression, distress and anxiety concerning death, obsessive-compulsive disorder, and post-traumatic stress disorder (Bogenschutz and Johnson, 2016; Johnson et al., 2019; Dos Santos and Hallak, 2020; Foldi et al., 2020; Krediet et al., 2020; Andersen et al., 2021; Dos Santos et al., 2021). The neuroplastic effects of psychedelics, however, have only been appreciated much more recently. Given that DMT, LSD, and DOI, representatives of three classes of psychedelics, as well as ketamine, all possess the ability to promote dendritic branching and dendritic spine formation, it is conceivable that the therapeutic effects of psychedelics are at least partially mediated through the reconfiguration of neuronal networks. The formation of new dendritic spines represents the addition of new synapses to the neuronal circuitry (Knott et al., 2006). The new synaptic connections will persist or be eliminated in an activity-dependent manner; their presence or disappearance will in turn shape the activity patterns of the neurons they reside on (Fu and Zuo, 2011). In addition, psychedelics may modulate dendritic excitability in a compartmentalized manner through interactions with 5-HT receptor subtypes that are co-expressed in the same neuron but with distinct subcellular localizations. The local control of membrane excitability will affect dendritic calcium signaling and, consequently, synaptic plasticity and alter synaptic integration (Savalia et al., 2021). Through such reciprocal structural and functional modifications, some new synapses may eventually outcompete the existing aberrant synapses, and the neuronal circuit may cease the abnormal firing that underlies mental illnesses. The physical change in neural circuit connectivity potentially explains the persistence of symptomatic improvements.

Psychedelics' molecular mechanisms of action are very complex (Nichols, 2016). While 5-HT2AR signaling is widely believed to be a major contributor to psychedelics' effects, some recent studies indicate that it is not the sole player. One study shows that ketanserin treatment does not abolish the antidepressant effect of psilocybin in mice (Hesselgrave et al., 2021); another suggests that psilocybin decreases 5-HT2AR density in the hippocampus and PFC of pigs while increasing synaptic density (Raval et al., 2021). Indeed, in addition to being agonists or partial agonists of the 5-HT2AR, all known psychedelics are also agonists of the 5-HT2CR. The 5-HT1AR is also likely involved, particularly for tryptamines and LSD (Nichols, 2004, 2016). Moreover, psychedelics may have an affinity for other receptors. For example, LSD is a high-affinity agonist of dopaminergic receptors (Watts et al., 1995). In fact, a screening of 35 psychedelics at 51 receptors, transporters, and ion channels suggests that the interaction profile of psychedelics is broader than generally believed (Ray, 2010). Intracellularly, accumulating evidence suggests a central role of TrkB/BDNF (brain-derived neurotrophic factor) and mTOR signaling pathways in the neuroplastic and behavioral effects of psychedelics (Ly et al., 2018, 2021; De Gregorio et al., 2021; Inserra et al., 2021a). Interestingly, although ketamine binds to a completely different receptor (NMDAR), its pro-synaptogenesis and antidepressant effects also engage BDNF and mTOR signaling (Li et al., 2010; Autry et al., 2011; Liu et al., 2012; Zanos and Gould, 2018; Aguilar-Valles et al., 2021). Such convergence in intracellular signaling not only provides a molecular mechanism for the shared cellular and behavioral phenotypes of ketamine and psychedelic treatment, but also hints at the molecular etiology of the psychiatric abnormalities they both ameliorate. At the same time, future studies on the distinct signaling pathways engaged by these drugs (Zanos et al., 2016; Marinova et al., 2017; Wu et al., 2021) will help resolve the difference in their duration of effect (Hibicke et al., 2020) and other pharmacological characteristics.

Many questions regarding the neuroplastic effects of psychedelics remain to be addressed. Are the dendritic spine dynamics localized to certain hotspots on the dendrite, specific to particular inputs, or uniformly distributed across the dendritic arbor? What are the functional implications of the observed structural plasticity? For example, are induced new synapses stronger and more active? Do different types of psychedelics, with their complex pharmacology, induce neuroplasticity with different spatiotemporal patterns in specific types of neurons? Moreover, it is important to clarify the molecular and circuit underpinnings of the differential effects generated by psychedelics and their analogs. Finally, how do the hallucinogenic and neuroplastic effects interact and contribute to the therapeutic potential of psychedelics? To address these questions, a cross-disciplinary collaboration is needed among chemists, molecular/cell biologists, synaptic physiologists, and clinical neuroscientists.
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Various odorants trigger complex animal behaviors across species in both quality- and quantity-dependent manners. However, how the intensity of olfactory input is encoded remains largely unknown. Here we report that isoamyl alcohol (IAA) induces bi-directional currents through a Gα- guanylate cyclase (GC)- cGMP signaling pathway in Caenorhabditis elegans olfactory neuron amphid wing “C” cell (AWC), while two opposite cGMP signaling pathways are responsible for odor-sensing in olfactory neuron amphid wing “B” cell (AWB): (1) a depolarizing Gα (GPA-3)- phosphodiesterase (PDE) – cGMP pathway which can be activated by low concentrations of isoamyl alcohol (IAA), and (2) a hyperpolarizing Gα (ODR-3)- GC- cGMP pathway sensing high concentrations of IAA. Besides, IAA induces Gα (ODR-3)-TRPV(OSM-9)-dependent currents in amphid wing “A” cell (AWA) and amphid neuron “H” cell with single ciliated sensory ending (ASH) neurons with different thresholds. Our results demonstrate that an elaborate combination of multiple signaling machineries encode the intensity of olfactory input, shedding light on understanding the molecular strategies on sensory transduction.

Keywords: olfactory processing, cGMP, intensity dependence, sensory neuron, calcium imaging assay


INTRODUCTION

Animals sense numerous volatile compounds from environmental cues to locate food sources, avoid predators and pathogens, and communicate with each other (Bargmann, 2006; DeMaria and Ngai, 2010; Wilson, 2013). For example, humans can discriminate more than one trillion odor stimuli (Bushdid et al., 2014). The effects of one given odorant can be influenced by many factors including intensity, context and experience (Bargmann, 2006; Gottfried, 2009; Li and Liberles, 2015; Harris et al., 2019; Duan et al., 2020). However, it remains poorly understood how intensity of odorant signals are encoded by the olfactory system in higher organisms because of the complexity of their nervous systems.

The nematode Caenorhabditis elegans offers a powerful model to mechanistically study how the nervous system responds to various odorants at the molecular, cellular and circuit levels. Equipped with a compact nervous system with only 302 neurons and 56 glial cells, C. elegans can sense a vast number of odors and execute a wide range of olfactory-related behaviors such as chemotaxis to food sources, pathogen avoidance, social feeding, olfactory associativelearning and imprinting (de Bono and Maricq, 2005; Bargmann, 2006; Chalasani et al., 2007; Ha et al., 2010; Ohno et al., 2014; Duan et al., 2020). Five pairs of sensory neurons have been identified as the main olfactory receptor neurons in C. elegans- amphid wing “A” cell (AWA), amphid wing “C” cell (AWC), amphid wing “B” cell (AWB), amphid neuron “H” cell with single ciliated sensory ending (ASH), and amphid neuron “L” cell with dual ciliated sensory endings (ADL) (Bargmann, 2006). AWC and AWA are neurons mainly mediating chemotaxis to food attractants, while AWB, ASH, and ADL are neurons for repellents avoidance (Bargmann, 2006; Harris et al., 2014).

In vertebrates, a large group of G protein-coupled receptors (GPCRs) are employed as olfactory receptors (ORs) (DeMaria and Ngai, 2010). Various odorants bind to distinct ORs and activate the downstream G protein-dependent signal transductions, which eventually open the cAMP-gated CNG channels and Ca2+-activated Cl– channels (DeMaria and Ngai, 2010). In Drosophila, ORs form odorant-gated ion channels, which allow direct depolarization upon odorant binding (Wilson, 2013). Previous studies have identified a number of genes including GPCRs, Gi/o-like G proteins, cGMP-gated CNG channel (TAX-2/TAX-4), TRP channel (OSM-9) and voltage-gated calcium channel (EGL-19) that are involved in odorants detection and olfactory-related behaviors in C. elegans (Brenner, 1974; Bargmann et al., 1993; Bargmann and Kaplan, 1998; Bargmann, 2006; Chalasani et al., 2007; Harris et al., 2014; Ohno et al., 2014; Duan et al., 2020). Notably, a glial cell ensheathing the sensory cilia of olfactory neurons also responds to odorants cell-autonomously and drives olfactory adaptation in C. elegans (Duan et al., 2020).

Interestingly, similar to vertebrates, C. elegans exhibits distinct behaviors to certain odorants depending on their concentrations (Yoshida et al., 2012; Mainland et al., 2014). Attractive odorants such as IAA, benzaldehyde, 2,4,5-trimethylthiazole and 2,3-pentanedione become aversive at higher concentrations (Yoshida et al., 2012; Duan et al., 2020; Supplementary Figure 1). However, the molecular mechanisms underlying intensity-dependent olfactory transduction remain largely unknown. By integrating genetic manipulation, electrophysiology and calcium imaging at single neuron resolution, here we systematically identified the molecular strategies by which C. elegans encodes the intensity of odorant stimulus.



RESULTS


Odorants Induce Bi-Directional Currents in Amphid Wing “C” Cell Neurons

AWC neurons are the main olfactory neurons mediating the attractive response to at least five attractive odorants including IAA, butanone, 2,3-pentanedione, benzaldehyde, and 2,4,5-trimethylthiazole (Bargmann, 2006). The pair of AWC is divided as the AWCON and another AWCOFF based on the asymmetric expression pattern of the G protein-coupled serpentine receptor STR-2 (Bargmann, 2006; Chalasani et al., 2007). We tested the responses of AWCON and AWCOFF to butanone, 2, 3-pentanedione, benzaldehyde, and IAA using in vivo patch clamp recording (Supplementary Figure 2A). Very interestingly, we found that butanone (0.01%) activated a sustained outward current followed by a large transient inward current upon washing off specifically in AWCON but not in AWCOFF, and 2,3-pentanedione (0.01%) triggered similar responses in AWCOFF but not AWCON (Supplementary Figure 2B). Similarly, benzaldehyde (0.01%) and IAA (0.01%) activated bi-directional currents in both AWCON and AWCOFF (Figure 1A and Supplementary Figure 2B). Our electrophysiological results of odorant-induced bi-directional currents are consistent with previously reported calcium imaging results that intracellular Ca2+ in AWC is decreased on odorant addition and increased upon odorant removal (Chalasani et al., 2007; Tsunozaki et al., 2008; Yoshida et al., 2012; Duan et al., 2020). The latency of IAA addition-induced outward currents in AWC was 195.7 ± 30.3 ms (n = 12), and that of IAA removal-induced inward currents was 1.25 ± 0.35 s (n = 12) (Supplementary Table 1), which are much slower than that of touch- receptor currents in touch receptor neurons in C. elegans (Kang et al., 2010; Geffeney et al., 2011; Li et al., 2011), supporting the previous reports that the intracellular second messenger pathways are involved in olfactory transduction.
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FIGURE 1. Odorants induced diverse currents from olfactory neurons in an intensity-dependent manner. (A) IAA induced bi-directional currents from AWC neurons. (Left) Representative traces. (Right) Quantification of the currents. n ≥ 6. (B) 1 and 0.01% IAA-induced opposite currents from AWB neurons. (Left) Representative traces. (Right) Quantification of the currents. n ≥ 6. (C) 1%, but not 0.01% IAA, induced inward currents from ASH neurons, which were mediated by ODR-3 and OSM-9. (Left) Representative traces. (Right) Quantification of the currents. n ≥ 7. (D,E) Both 0.01 and 1% IAA induced OSM-9-dependent inward currents from AWA neurons. (D) Representative traces. (E) Quantification of the currents. n ≥ 5. (F) Neither 0.01% nor 1% IAA induced detectable currents from ADL neurons. Representative traces were shown. n ≥ 6. The cell membrane potential was voltage-clamped at –70 mV. Error bars: SEM. N.S., not significant, *P < 0.05, **P < 0.01, ***P < 0.001.


A previous study has reported that AWC is suppressed by other neurons under high concentrations of IAA (Yoshida et al., 2012). We then asked whether high concentrations of IAA induce bi-directional currents in AWC neurons. Interestingly, we found that AWC responded to 0.01 and 1% IAA to a similar extend (Figure 1A). We thus tested the IAA (1%)-induced currents in unc-13(e51), unc-13(e1091), unc-31(e928), and unc-18(e81) mutants, in which the release of neurotransmitter and/or neuropeptide is blocked (Hu et al., 2013; Zhou et al., 2013; Yang et al., 2015). Remarkably, AWC responded normally to 1% IAA in all these mutants (Supplementary Figure 2C). These results indicate that IAA-induced bi-directional currents in AWC are somehow concentration-independent, although low concentrations of IAA are attractive and high concentrations of IAA are repulsive to worms.



Different Concentrations of Isoamyl Alcohol Induce Opposite Currents in Amphid Wing “B” Cell Neurons

We next checked IAA-induced currents in AWB neurons. High concentration of IAA (1%) induced outward currents in AWB and inward currents upon removal, which were similar to those in AWC (Figure 1B). Strikingly, 0.01% IAA induced inward instead of outward currents in AWB (Figure 1B). Moreover, AWB responded normally to both 0.01 and 1% IAA in unc-13(e51) mutants (Supplementary Figure 2D). Additionally, 0.01% IAA induced calcium responses in either unc-13(e51) or unc-31(e928) mutants were equal to that in wild-type worms (Supplementary Figures 2E,F). Taken together, these observations suggest that different concentrations of IAA may cell-autonomously induce opposite responses in AWB.



Isoamyl Alcohol Induces TRPV/OSM-9-dependent Inward Currents in Amphid Neuron “H” Cell With Single Ciliated Sensory Ending and Amphid Wing “A” Cell (AWA) Neurons With Different Thresholds

By calcium imaging, it has been previously reported that polymodal nociceptor neuron ASH also responds to IAA (Yoshida et al., 2012; Duan et al., 2020). We found that only higher concentration of IAA (1%) activated inward currents in ASH (Figure 1C), which is consistent with previous reports that 1% IAA, but not 0.01% IAA, can trigger calcium elevations in ASH (Yoshida et al., 2012; Duan et al., 2020). Notably, the latency of IAA-induced currents in ASH was 0. 49 ± 0.14 s, and the rise time was 2 ± 0.3 s, both of which were slower than that of IAA-induced outward currents in AWC (Supplementary Table 1). Gα protein ODR-3 and TRPV channel OSM-9 are required for osmotic and repellent avoidance (Colbert et al., 1997; Kato et al., 2014; Duan et al., 2020). Consistently, IAA (1%) failed to induce any current in ASH neuron of either odr-3(n2150) or osm-9(ky10) mutants (Figure 1C), supporting that ASH relies on the ODR-3-OSM-9 pathway to detect high concentrations of IAA.

The olfactory neuron AWA shares some odorants sensation with AWC, such as 2,4,5-trimethylthiazole and IAA (Bargmann, 2006; Taniguchi et al., 2014). We found that both 1 and 0.01% IAA activated inward currents in AWA neurons in a dose-dependent manner (Figures 1D,E). Furthermore, no IAA-induced current was detected in AWA neurons of osm-9(ky10) mutants, suggesting that OSM-9 is required for the IAA-induced olfactory responses in AWA neurons (Figures 1D,E).

It has been implicated that ADL neurons are also involved in odorant sensing (Troemel et al., 1995). However, there was no detectable current recorded in ADL neurons in response to either high or low concentrations of IAA, suggesting that ADL neurons may not directly respond to IAA (Figure 1F).



CNG Channel Mediates Isoamyl Alcohol-Induced Responses in Amphid Wing “C” Cell and Amphid Wing “B” Cell Neurons

A cyclic nucleotide-gated ion channel (CNG) encoded by two subunits of tax-2 (α-subunit) and tax-4 (β-subunit) is required for olfaction, thermosensation, phototransduction, gustation and O2-sensing in C. elegans (Coburn and Bargmann, 1996; Komatsu et al., 1996, 1999; Ward et al., 2008; Couto et al., 2013). By dialyzing cGMP into either AWC or AWB neurons with the recording pipette, we detected robust inward currents in a dose-dependent manner (Figures 2A,B). In tax-2(p691) mutant worms, the cGMP-induced currents were abolished in both AWC and AWB neurons (Figures 2A,B). Furthermore, in tax-2(p691) or tax-4(ks11) mutant background, IAA failed to induce any detectable current in either AWC or AWB neurons (Figure 1C). We also observed that the resting membrane potentials of both AWC and AWB were lower in tax-2(p691) mutants as compared to wild-type worms and the input resistances were higher (Figures 1D,E), indicating that some TAX-2/TAX-4 channels are constitutively open in these neurons.
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FIGURE 2. TAX-2/TAX-4 channel is critical for intensity-dependent olfactory encoding. (A,B) Dialyzing cGMP into AWC and AWB neurons with the recording pipette induced inward currents in wild-type worms, but not in tax-2(p691) mutants. (A) AWC neurons. (B) AWB neurons. The cell membrane potential was voltage-clamped at –70 mV. n ≥ 5. (C) No IAA-induced current was recorded in either tax-2(p691) or tax-4(ks11) mutants from AWC and AWB neurons. (Right) AWC neurons. (Left) AWB neurons. The cell membrane potential was voltage-clamped at –70 mV. n ≥ 6. (D,E) Membrane potentials of AWC neurons (D) and AWB neurons (E) were hyperpolarized and input resistances were increased in tax-2(p691) mutants. –10 mV voltage step was injected into AWC and AWB and the input resistance was calculated by –10 mV divided by the recorded currents. n ≥ 7. Error bars: SEM. ***P < 0.001.


Additional CNG channel homologs CNG-1 and CNG-3 are expressed by several amphid neurons including AWC (Cho et al., 2004, 2005; Smith et al., 2013). However, IAA-induced currents from AWC in cng-1 (jh111);cng-3 (jh113) double mutants were similar to that of wild-type animals, suggesting that CNG-1 and CNG-3 are not required for olfactory transduction in AWC (Data not shown).



Gα Proteins Are Differentially Activated by Different Concentrations of Isoamyl Alcohol

Heterotrimeric G proteins, composed of Gα, Gβ, and Gγ subunits, transduce signals from the plasma membrane receptors to intracellular effectors (Buck and Axel, 1991; Troemel et al., 1995; Jansen et al., 1999). C. elegans genome encodes 21 Gα, 2 Gβ, and 2 Gγ subunits. The Gi/o-like Gα protein ODR-3, GPA-2, GPA-3, GPA-5, and GPA-13 have been implicated in mediating olfactory-related behaviors in C. elegans (Roayaie et al., 1998; Hilliard et al., 2004; Lans et al., 2004; Taniguchi et al., 2014; Duan et al., 2020). We then investigated the role of Gα proteins in intensity-dependent IAA encoding.

In AWC neurons, we found that both outward and inward currents were greatly reduced in odr-3(n2150) mutants, and the residual currents were eliminated in odr-3(n1605);gpa-3(pk35) double mutants. In gpa-3(pk35) mutants, the outward currents were slightly reduced, but the inward currents were unaffected (Figures 3A,B). These data suggest that ODR-3 mediates the majority of IAA-induced olfactory currents in AWC neurons.
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FIGURE 3. Two Gα proteins were differentially activated by different concentrations of IAA. (A,B) 0.01% IAA-induced currents from AWC neurons were mainly mediated by ODR-3. (A) Representative traces. (B) Quantification of the currents. n ≥ 6. (C,D) 0.01% IAA-induced inward currents from AWB neurons were mediated by GPA-3. (C) Representative traces. (D) Quantification of the currents. n ≥ 6. (E,F) 0.01% IAA-induced calcium increases from AWB neurons were mediated by GPA-3. (E) Representative traces. (F) Quantification of the maximumΔF/F0. n ≥ 7. (G–I) 1% IAA-induced outward currents from AWB neurons were mediated by ODR-3. (G) Representative traces. (H,I) Quantification of the currents. n ≥ 5. (J,K) 1% IAA-induced calcium decreases from AWB neurons were mediated by ODR-3. (J) Representative traces. (K) Quantification of the maximumΔF/F0. n ≥ 8. For patch-clamp recording, the cell membrane potential was voltage-clamped at –70 mV. Error bars: SEM. N.S., not significant, *P < 0.05, **P < 0.01, ***P < 0.001.


In AWB neurons, both 1% and 0.01% IAA-induced currents were abolished in odr-3(n1605);gpa-3(pk35) double mutants, suggesting that ODR-3 and GPA-3 are also required for the IAA-mediated olfactory responses in AWB (Figures 3C,D,G,H). Nevertheless, low concentration (0.01%) of IAA-induced inward currents were abolished in gpa-3(pk35) mutants but kept normal in odr-3(n2150) mutants (Figures 3C,D), implying that GPA-3 alone was sufficient to mediate the low concentrations of IAA-induced olfactory responses in AWB. Consistently, 0.01% IAA-induced calcium responses were eliminated in gpa-3(pk35) mutants, and the deficit was fully rescued by expressing of ODR-3 specifically in AWB neurons (Figures 3E,F).

Very interestingly, 1% IAA induced inward currents in odr-3(n2150) mutants instead of the outward currents in the wild-type worms (Figures 3G–I). In fact, the inward currents induced by 1% IAA in odr-3(n2150) mutants were similar to those induced by 0.01% IAA in wild-type worms (Figure 3I). Notably, while intracellular Ca2+ in AWB neurons was decreased on 1% IAA addition and increased upon removal, 1% IAA induced robust calcium increases in AWB (Figures 3J,K). These data suggest that GPA-3 mediates low concentration of IAA-induced currents in AWB neurons, while ODR-3 is required for high concentration of IAA-induced responses in AWB.



Guanylate Cyclases Are Essential for Intensity-Dependent Isoamyl Alcohol Encoding

How do ODR-3/GPA-3 regulate the open/closure of the CNG channel TAX-2/TAX-4? The TAX-2/TAX-4 channel is gated by intracellular cGMP (Komatsu et al., 1999; Ward et al., 2008; Wang et al., 2013). As the concentration of intracellular cGMP is determined by two enzymes, guanylate cyclase (GC, cGMP synthesis) and phosphodiesterase (PDE, cGMP hydrolysis) (Xiong et al., 1998; Yau and Hardie, 2009; Wang et al., 2013). We first tested how GCs are involved in the olfactory transduction of AWC and AWB neurons.

It have been reported that membrane guanylate cyclases ODR-1 and DAF-11 are involved in chemotaxis (Vowels and Thomas, 1994; L’Etoile and Bargmann, 2000). In AWC neurons, no IAA-induced current was recorded in either odr-1(n1936) or daf-11(ks67) mutants, suggesting that cGMP synthesis by ODR-1 and DAF-11 is essential for the olfactory transduction in AWC (Figures 4A,B). Consistently, IAA-induced currents were completely blocked by LY83583 (100 μM), a GC inhibitor (Su et al., 2006; Liu et al., 2010), in the bath solution (Figures 4C,D). We next used a previously described protocol to dissect the role of GCs in IAA-sensing (Su et al., 2006). We found that a 1 s puff of 100 μM LY83583 was sufficient to induce an outward current in AWC, similar in amplitude and the kinetics to that induced by a 1 s puff of 0.01% IAA (Figures 4E,F). To further test whether IAA reduced cGMP in AWC by inhibiting GCs, we applied a puff of LY83583 and a successive puff of IAA within 500 ms interval. We did not observe any summation effect between LY83583 and IAA application (Figures 4E,F). These results suggest that hyperpolarization of AWC with IAA addition mainly results from inhibition of GCs ODR-1/DAF-11, which decreases the intracellular level of cGMP, thus closes the CNG channel TAX-2/TAX-4.
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FIGURE 4. Guanylate cyclases are required in intensity-dependent olfactory encoding. (A,B) 0.01% IAA-induced currents from AWC neurons were abolished in either odr-1(n1936) or daf-11(ks67) mutant background. (A) Representative traces. (B) Quantification of the currents. n ≥ 6. (C,D) 0.01% IAA-induced currents from AWC neurons were blocked by 100 μM LY83583, a GC inhibitor, in the bath solution. (C) Representative traces. (D) Quantification of the currents. n ≥ 5. (E,F) A puff of either 100 μM LY83583 or 0.01% IAA induced an outward current from AWC neurons. (E) Representative traces. Black square: LY83583. Red square: 0.01% IAA. No summation of the currents induced by LY83853 and 0.01% IAA was observed, when a puff of LY83583 was followed by a successive puff of IAA within 500ms interval. (F) Quantification of the currents. A puff of 0.5% DMSO was taken as negative control. n ≥ 4. (G,H) Neither 0.01% nor 1% IAA elicited detectable current from AWB neurons in odr-1(n1936) mutants. (G) Representative traces. (H) Quantification of the currents. n ≥ 7. (I,J) 1% IAA-induced currents from AWB neurons were blocked by LY83583. (I) Representative trace. (J) Quantification of the currents. n ≥ 3. (K,L) A puff of either 500 μM LY83583 or 1% IAA induced an outward current from AWB neurons. (K) Representative traces. (L) Quantification of the currents. A puff of 2.5% DMSO was taken as negative control. n ≥ 3. (M,N) Transient LY83583-induced outward currents from AWB neurons were reversed to inward currents, when a successive puff of either 1 or 0.01% IAA was applied 500 ms after a puff of 500 μM LY83583. Black square: LY83583. Blue square: 1% IAA. Red square: 0.01% IAA. (M) Representative traces. (N) Quantification of the currents. The amplitudes of successive inward currents induced by 1 and 0.01% IAA were equal. n = 5. The cell membrane potential was voltage-clamped at –70 mV. Error bars: SEM. N.S., not significant, **P < 0.01, ***P < 0.001.


In AWB neurons, we observed that both 1% and 0.01% IAA-induced currents were abolished in odr-1(n1936) mutants (Figures 4G,H). Similar to AWC neurons, application of GC inhibitor LY83583 in bath solution abolished 1% IAA-induced responses in AWB (Figures 4I,J). A saturating puff (500 μM, 1 s) of LY83583 induced an outward current similar to that induced by a puff (1 s) of 1% IAA (Figures 4K,L). Interestingly, with a puff of either 0.01 or 1% IAA after a saturating puff of LY83583 in rapid succession, LY83583-induced outward current was reversed to inward current by IAA (Figures 4M,N). These results suggest that 1% IAA-induced outward currents from AWB, but not 0.01% IAA-induced inward currents, results from inhibition of membrane GCs.



Phosphodiesterases Play a Modulatory Role in Isoamyl Alcohol-Sensing of Amphid Wing “C” Cell Neurons

Decrease of cGMP can be achieved by more degradation, less synthesis, or both. There are six PDEs in C. elegans, in which PDE-2 and PDE-4 cleave cAMP, while PDE-1, PDE-2, PDE-3, and PDE-5 can cleave cGMP (Liu et al., 2010; Couto et al., 2013; Wang et al., 2013). PDEs have been reported to be essential for olfactory adaptation in C. elegans (O’Halloran et al., 2012). However, it is unclear whether PDEs are involved in acute odorant sensing in C. elegans. We found the amplitudes of IAA-induced olfactory currents from AWC from pde-1(nj57);pde-2(nj58);pde-3(nj59);pde-5(nj49) quadruple mutants were not significantly different from those in wild-type worms (Figures 5A,B). However, the kinetics of the currents were dramatically changed (Figures 5A,C–E). Loss of PDEs reduced rise rates of both the outward and inward currents. Recovery rate of the inward current was also prolonged in pde quadruple mutant animals (Figures 5A,C–E). These observations suggest that PDEs play a modulatory role in olfactory transduction of AWC. We found that the input resistance of AWC in pde quadruple mutants was smaller than that in wild-type worms, indicating that more CNG channels were open in AWC of pde quadruple mutants, probably due to a higher level of intracellular cGMP (Figure 5F). In addition, IAA-induced currents in AWC neurons showed no difference between WT and pde-4(nj60);pde-6(ok3410) double mutants, suggesting that cAMP is not required for IAA-sensing in AWC neurons (Data not shown).
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FIGURE 5. Dual functions of phosphodiesterases in intensity-dependent olfactory encoding. (A–F) 0.01% IAA-induced currents from AWC neurons in pde–1(nj57);–2(nj58);–3(nj59);–5(nj49) quadruple mutants. (A) Representative trace. (B) The amplitude of olfactory currents was normal in pde quadruple mutants. The rise time of both outward currents (C) and inward currents (D) become slower, and the decay time of inward currents induced by odorant removal become much longer (E). (F) Input resistance of AWC neurons was decreased in pde quadruple mutants. n ≥ 6. (G–L) 0.01 and 1% IAA-induced currents from AWB neurons in pde–1(nj57);–2(nj58);–3(nj59);–5(nj49) quadruple mutants. (G) Representative traces. (H) Quantification of the currents. 0.01% IAA-induced currents from AWB neurons were abolished in pde quadruple mutants. The amplitudes of 1% IAA-induced outward currents were increased and inward currents were decreased in pde quadruple mutants. The rise times of both 1% IAA-induced outward currents (I) and inward currents (J) become much slower, and the decay time of inward currents induced by 1% IAA removal become much longer (K). Input resistance of AWB neurons was decreased in pde quadruple mutants (L). n ≥ 6. (M,N) 0.01% IAA-induced calcium increases in AWB neurons were abolished in pde quadruple mutants. (M) Representative traces. (N) Quantification of the maximumΔF/F0. n ≥ 12. (O,P) 1% IAA-induced calcium decreases in AWB neurons were retained in pde quadruple mutants. (O) Representative traces. (P) Quantification of the maximumΔF/F0. n ≥ 6. (Q,R) A puff of either 1 mM IBMX or 0.01% IAA induced an inward current from AWB neurons. (Q) Representative traces. (R) Quantification of the currents. Black square: IBMX. Red square: 0.01% IAA. A puff of 0.5% DMSO was taken as negative control. No summation of the currents induced by IBMX and 0.01% IAA was observed, when a puff of IBMX was followed by a successive puff of 0.01% IAA within 500ms interval. n ≥ 3. Error bars: SEM. N.S., not significant, *P < 0.05, **P < 0.01, ***P < 0.001.




Dual Roles of Phosphodiesterase in Intensity-Dependent Isoamyl Alcohol Encoding in Amphid Wing “B” Cell Neurons

We then sought to characterize the function of PDEs in intensity-dependent IAA encoding in AWB neurons. In pde-1(nj57);pde-2(nj58); pde-3(nj59); pde-5(nj49) quadruple mutants, the amplitude of 1% IAA addition-induced outward currents was increased and that of 1% IAA removal-induced inward currents was reduced (Figures 5G,H). Similar to what we observed from AWC, the kinetics of both outward and inward currents induced by 1% IAA from AWB were dramatically changed (Figures 5G,I–K). Loss of PDEs also reduced the input resistance of AWB, indicating that the level of cGMP in AWB neurons was lower and less CNG channels were open in pde quadruple mutant animals (Figure 5L). These results indicate that PDEs also play a modulatory role in 1% IAA-induced responses in AWB neurons.

Surprisingly, 0.01% IAA-induced currents from AWB were absent in pde quadruple mutants (Figures 5G,H). Consistently, 0.01% IAA-induced calcium increases in AWB neurons were abolished, while 1% IAA-induced calcium decreases were retained in pde quadruple mutants (Figures 5M–P). We speculated that 0.01% IAA-induced inward currents resulted from inhibition of PDEs, thereby increasing the level of cGMP and opening of more CNG channels. To further test this hypothesis, we used a PDE inhibitor 3-isobutyl-1-methyl-xanthine (IBMX) (Su et al., 2006; Liu et al., 2010). A puff of IBMX (1 mM, 1 s) induced an inward current identical to that induced by a puff of 0.01% IAA (Figures 5Q,R). When we applied a puff of IBMX and a successive puff of 0.01% IAA within 500 ms interval, IAA elicited an inward current only when the IBMX-induced current declined from the peak (Data now shown). There was no summation effect between IBMX and 0.01% IAA application, although the IBMX-induced current in AWB neurons (–5.7 ± 0.4 pA) was only a small fraction of saturated cGMP-induced current (–26.8 ± 7.1 pA, 5 mM cGMP) (Figures 2B, 5Q,R). These results support the notion that 0.01% IAA induces inward currents from AWB neurons by inhibiting PDEs.



Phosphodiesterase-5 Is Involved in Isoamyl Alcohol-Sensing in Amphid Wing “B” Cell Neurons

Considering that PDEs play differential roles in response to different concentrations of IAA in AWB neurons (Figure 5), we next tested whether different subtypes of PDE are differentially involved in these events. We found that 0.01% IAA elicited-calcium increases were significantly reduced in pde-5(nj49) mutant animals, but not in either pde-1(nj57) or pde-2(nj58) or pde-3(nj59) mutants, suggesting that PDE-5 plays a role in 0.01% IAA-induced responses in AWB neurons (Figures 6A,B). Notably, the calcium increases elicited by removal of 1% IAA were also reduced in pde-5(nj49) mutants (Figures 6C,D). Given that calcium increases elicited by either high or low concentrations of IAA were not absent from any pde single mutant, several PDE proteins may function redundantly in AWB neurons.


[image: image]

FIGURE 6. PDE-5 is involved in olfactory encoding in AWB neurons. (A,B) 0.01% IAA-induced calcium increases in AWB neurons were reduced in pde-5(nj49) mutants. (A) Representative traces. (B) Quantification of the maximumΔF/F0. n ≥ 10. (C,D) 1% IAA removal-induced calcium increases in AWB neurons were reduced in pde-5(nj49) mutants. (C) Representative traces. (D) Quantification of the maximumΔF/F0. n ≥ 11. Error bars: SEM. N.S., not significant, *P < 0.05, **P < 0.01.




DISCUSSION

In this study, we demonstrate that a set of olfactory neurons combinatorically employ multiple signaling pathways to detect a single odor in an intensity-dependent manner. Our data showed that AWC neurons detect IAA through a Ga protein-cGMP-CNG channel pathway. Meanwhile, AWB neurons differentially respond to high and low concentrations of IAA, mediated by two antagonistic Ga protein-cGMP-CNG channel signaling pathways. Together with the notion that AWA and ASH neurons respond to IAA via Ga protein-OSM-9 channel pathway with different thresholds (Figure 1), our observations reveal how C. elegans utilizes a complex combination of olfactory sensory neurons and intracellular signaling pathways to detect and discriminate intensity of olfactory cues.

A combinatorial receptor coding scheme is often employed to encode odorant identities in the animal kingdom (Malnic et al., 1999; DeMaria and Ngai, 2010). A single odorant can activate multiple types of odorant receptors and a single receptor can also respond to multiple odorants. The C. elegans olfactory system operates according to the one neuron–multiple receptors mode (Bargmann et al., 1993), which is different from the one neuron–one receptor mode in mammals (Malnic et al., 1999; DeMaria and Ngai, 2010). However, a similar coding scheme is likely employed in C. elegans. For example, two GPCRs SRI-14 and ODR-10 were reported to serve as receptors of different concentrations of diacetyl in AWA neurons (Taniguchi et al., 2014), while our recently published study identified STR-61 and SRH-79 as IAA receptors with different affinities in ASH neurons and the amphid sheath glia, respectively (Duan et al., 2020). Logically, two types of IAA receptors may be expressed in AWB neurons. One is a low affinity receptor with high threshold, which can only detect high concentration of IAA and is associated with Gα protein ODR-3. Another is a high affinity receptor with low threshold, which is more sensitive to IAA and is associated with Gα protein GPA-3. However, in AWC neurons, a high affinity IAA receptor may be expressed and is associated with ODR-3. In addition, high affinity IAA receptor and low affinity IAA receptor are expressed in AWA and ASH neurons, respectively, which are associated with ODR-3. It should be noted that the IAA receptors expressed in AWB, AWC, ASH, and AWA neurons may differ, and it would be very interesting to identify these receptors in further studies.

Even though many similarities stand between vertebrates and C. elegans olfactory receptor neurons, the olfactory signaling cascades in C. elegans are diverse and show more similarities with phototransduction in some vertebrates and invertebrates. Olfactory transduction in AWC and AWB neurons are mediated by cGMP signaling pathways (Figure 2), which are similar to phototransduction in ciliary photoreceptors in vertebrate rods and cones, lizard parietal eye, and C. elegans ASJ neurons (Su et al., 2006; Yau and Hardie, 2009; Liu et al., 2010). The balance of cGMP relies on the homeostasis between synthesis (GC) and hydrolysis (PDE) (Yau and Hardie, 2009). Our electrophysiological data suggest that CNG channel TAX-2/TAX-4 is constantly open in the resting state in AWC and AWB neurons (Figure 2). An appealing model is as following (Figure 7): in AWC neurons, odorants bind to their receptor GPCR and activate Gα proteins ODR-3, which in turn inhibits membrane GCs ODR-1/DAF-11 and leads to drop of the intracellular level of cGMP, thereby closing CNG channels TAX-2/TAX-4 and hyperpolarizing the cell. Guanylate cyclase, but not phosphodiesterase, is likely a key component in this event. Firstly, the GC inhibitor LY83583 induced the same outward current as IAA (Figures 4E,F). Secondly, the kinetics, but not the amplitude of IAA-induced currents from AWC were significantly changed in pde-1(nj57);pde-2(nj58);pde-3(nj59);pde-5(nj49) quadruple mutants (Figures 5A,C–E), indicating that PDEs are not required for the olfactory transduction, but instead play a modulatory role in the olfactory transduction in AWC neurons. The Go/i-GC cGMP signaling pathway in AWC neurons is likely different from which in vertebrate photoreceptor rods and cones and in the parietal eye photoreceptor cells. In vertebrate photoreceptor rods, Gt/Ggust activates PDE and leads to the hydrolysis of cGMP, thereby closing the CNG channels that are open in darkness and finally hyperpolarizing the cells (Xiong et al., 1998; Yau and Hardie, 2009). In the vertebrate parietal eye photoreceptor cells, two antagonistic light signaling pathways present in the same cell- a blue-sensitive hyperpolarizing pathway and a green-sensitive depolarizing pathway (Su et al., 2006). The hyperpolarizing pathway is mediated by activate a PDE by pinopsin- Ggust, and the depolarizing pathway is mediated by inhibit a PDE by parietopsin- Go (Su et al., 2006). Nevertheless, G protein-GC pathway is present in scallop hyperpolarizing photoreceptors, in which Go activates a GC and increases intracellular cGMP, thereby opening a cGMP-gated K channel and hyperpolarizing the cell (Gomez and Nasi, 2000; Yau and Hardie, 2009). Notably, Go activates a GC in scallop hyperpolarizing photoreceptors, whereas Go/i may inhibit GCs in AWC neurons (Figure 4). Thus, the cGMP signaling pathway in AWC seems to be unique in evolution. Our data show that PDEs have modulatory function in acute odorant sensing in AWC and AWB. Notably, all though PDEs have previously reported to be involved in phototransduction in ASJ neurons and thermosensory transduction in AFD neurons, their function in these neurons is likely different from that in AWC and AWB neurons. In ASJ neurons, UV light-induced inward currents became much larger and more sustained in PDEs mutants (Liu et al., 2010). In AFD neurons, loss of PDEs increased threshold temperature T∗ and induced longer-lived thermoreceptor currents (ThRCs), but did not change the amplitude of ThRCs (Wang et al., 2013).


[image: image]

FIGURE 7. A working model of intensity-dependent olfactory encoding in C. elegans. In this model, different receptors (GPCRs) with different affinities are expressed in olfactory neurons. Gα proteins ODR-3 and GPA-3 are differentially associated with the receptors. The CNG channel TAX-2/TAX-4 is constantly open in resting state in AWB and AWC neurons. In AWC neurons, binding of IAA to its receptor mainly activates Gα ODR-3, thereby inhibiting the activity of membrane GCs ODR-1/DAF-11. Consequentially, cGMP synthesis is reduced, thereby closing cGMP-gated CNG channel TAX-2/TAX-4 and hyperpolarizing AWC. PDEs set the basal level of cGMP in AWC and modulate the kinetics of IAA-induced response. Removal of IAA relieves the inhibition of GCs and leads to depolarization of AWC. In AWB neurons, low concentrations of IAA may bind to a high affinity IAA receptor, which is associated with Gα GPA-3, thereby inhibiting PDEs and increasing cGMP. Thus, more CNG channels open and AWB neurons get depolarized. High concentrations of IAA may bind to both high and low affinity IAA receptors. When Gα ODR-3-associated low affinity receptor is activated, the activity of membrane GCs are inhibited, thereby hyperpolarizing AWB via a pathway similar to that in AWC. In addition, a high affinity IAA receptor and a low affinity IAA receptor are likely expressed in AWA and ASH neurons, respectively, which are associated with ODR-3. Activation of ODR-3 leads to closure of TRPV channel OSM-9, thereby depolarizing and activating AWA and ASH neurons. Note that the IAA receptors expressed in AWB, AWC, ASH and AWA neurons may be different.


In AWB neurons, high and low concentrations of IAA induced opposite currents, which is consistent to previously reported observations that AWB contributes to both avoidance response to high concentration of IAA and chemotaxis to low concentration of IAA (Yoshida et al., 2012). Here we revealed that high concentration of IAA (1% IAA) induced outward currents and calcium decreases from AWB neurons through a Gα (ODR-3)-membrane GCs (ODR-1/DAF-11)-cGMP pathway, which is similar to olfactory transduction in AWC neurons. However, low concentration of IAA (0.01%) induced inward currents and calcium increases from AWB neurons through a Gα(GPA-3)-PDEs (PDE–1,–2,–3,–5) pathway, which is evolutionarily conserved to the depolarizing phototransduction in vertebrate parietal eye photoreceptor cells (Xiong et al., 1998; Yau and Hardie, 2009; Figure 7). Low concentration of IAA-induced inward currents from AWB are similar to those induced by UV light from ASJ. However, loss of PDEs abolished the currents from AWB, but increased those from ASJ (Liu et al., 2010), indicating that the underlying mechanisms may be different.

Taken together, our study demonstrated how multiple signal transduction pathways are combinatorically employed by a set of olfactory sensory neurons to detect and discriminate intensity of olfactory inputs. Interestingly, the phenomenon that different concentrations of IAA induce opposite currents from AWB neurons resembles antagonistic light sensing in vertebrate parietal-eye photoreceptor. Furthermore, low concentration of IAA induces currents from AWB neurons through a mechanism conserved to that in vertebrate parietal-eye photoreceptor. These observations suggest a potential evolutionary scheme of olfactory transduction and phototransduction.



MATERIALS AND METHODS


Key Resources Table
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Contact for Reagent and Resource Sharing

Requests for information and for resources and reagents should be directed to and will be fulfilled by the Lead Contact, Lijun Kang (kanglijun@zju.edu.cn).



Strains and Media

All nematode strains were cultivated at 20°C on nematode growth medium (NGM) plates seeded with the OP50 strain of Escherichia coli using standard methods previously described (Brenner, 1974). Well-fed Day 2 adult worms were used in all experiments unless otherwise indicated. The strains used are listed in the Key Resources Table. wild-type N2, tax-2(p691), tax-4(ks11), cng-1(jh111);cng-3(jh113), unc-13(e51), unc-13(e1091), unc-31(e928), unc-18(e81), odr-3(n2150), gpa-3(pk35), odr-3(n1605);gpa-3(pk35), odr-1(n1936), daf-11(ks67), osm-9(ky10), pde-1(nj57), pde-2(nj58), pde-3(nj59), pde-5(nj49), pde-1(nj57);pde-2(nj58);pde-3(nj59);pde-5(nj49) and pde-4(nj60);pde-6(ok3410) were provided by the Caenorhabditis Genetic Center (CGC).



Molecular Biology

Promoters were PCR-amplified from N2 genomic DNA and then recombined with specific donor vector fragments using the In-Fusion PCR Cloning Kit (TaKaRa Inc.). Podr-1:RFP (AWC and AWB), Podr-1:DsRed2b (AWC and AWB), Pstr-2:DsRED (AWCon), Pstr-1:DsRED (AWB), Psra-6:DsRED (ASH and ASI), Pstr-3:YFP (ASI), Podr-10:mCherry (AWA) and Psrh-220:mCherry (ADL) transgenic strains were used to identify AWC, AWB, ASH, AWA and ADL neurons, respectively. Pstr-1:GCaMP5.0 was constructed for calcium imaging in AWB neurons.



Chemotaxis Assays

Chemotaxis assays were performed essentially as described (Yoshida et al., 2012). Briefly, 1 μl of 1M sodium azide was spotted on both marks of the plate. One μl 1% diluted (in ethanol) odorant or 10 μl undiluted odorant was spotted on one mark of the plate and the same amount of ethanol was placed on the opposite mark. After 1 h, the number of the worms in the odor area and control area were calculated. Chemotaxis index = [(number of the worms in the odor area) − (number of the worms in the control area)]/[(number of the worms in the odor area) + (number of the worms in the control area)].



Electrophysiology

Patch-clamp recording was carried out on an Olympus microscope (BX51WI) with an Axon 700A patch-clamp amplifier and Digidata 1320A interface (Axon Instruments). Signals were filtered at 2 kHz using amplifier circuitry, sampled at 10 kHz, and analyzed using Clampex 10.4 (Axon Instruments). Recording pipettes were pulled from borosilicate glass capillaries (B-120-69-10, Sutter Instruments) to a resistance of 15–20 MΩ on a P-97 micropipette puller (Sutter Instruments). Worms were glued on the surface of a sylgard-coated cover glass. A small piece of cuticle in the head of the worm was cut open and glued to the coverslip to expose the neurons of interest for recording as previously described (Yue et al., 2018; Zou et al., 2018). Odorants were delivered to the nose of the worm using a glass capillary with a tip I.D. of ∼110 μm and were washed off with bath solution using another glass capillary with a tip I.D. of ∼220 μm. The odorant applying and washing commands were driven by the Digidata 1320A interface. The bath solution constitutes (mM) of 145 NaCl, 2.5 KCl, 1 CaCl2, 1 MgCl2, 20 D-glucose and 10 HEPES (325∼335 mOsm, pH adjusted to 7.3). The pipette solution constitutes (mM) of 145 potassium gluconate, 2.5 KCl, 5 MgCl2, 10 HEPES, 0.25 CaCl2, 10 glucose, 5 EGTA, 5 Na2ATP and 0.5 NaGTP (315∼325 mOsm, pH adjusted to 7.2).



Calcium Imaging

Animals were immersed in bath solution (145 mM NaCl, 2.5 mM KCl, 1 mM MgCl2, 5 mM CaCl2, 10 mM HEPES, 20 mM glucose, pH adjusted to 7.3 with NaOH) and subsequently glued on a glass coverslip with a medical grade cyanoacrylate-based glue (Gluture Topical Tissue Adhesive, Abbott Laboratories) (Yue et al., 2018; Duan et al., 2020). All odorants were first dissolved 1:1 in DMSO as stock solutions and then diluted in the bath solution prior to use. The green fluorescent GCaMP5.0 was used to measure the intracellular calcium signals (Yue et al., 2018; Duan et al., 2020). Fluorescent images were acquired using an Olympus microscope (IX71) under a 40x objective lens coupled with an Andor DL-604M EMCCD camera. Data were collected using the Micro-Manager software. GCaMP5.0 was excited by a ThorLabs blue light (460–480 nm) LED lamp. The fluorescent signals were collected with a 1 Hz sampling rate.



Statistical Analysis

Data analysis was performed using GraphPad Prism 6. All data were presented as mean ± SEM. Unpaired two-tailed Student’s t-test or two-way ANOVA was used to compare data sets. If the data were not normally distributed, the Wilcoxon test was used. P < 0.05 was considered to be statistically significant. Sample sizes were determined by the reproducibility of the experiments and are similar to the sample sizes generally used in the field.
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Supplementary Figure 1 | Odorants which are attractive in low concentration elicit avoidance response with high concentration in C. elegans. Related to Figure 1. Odorants were diluted with ethanol. IAA, isoamyl alcohol; Tt, 2,4,5-trimethylthiazole; Bz, benzaldehyde; Pd, 2,3-pentanedione. N = 3. Error bars: SEM.

Supplementary Figure 2 | IAA induced responses in AWC and AWB neurons. Related to Figure 1. (A) A schematic drawing of the calcium imaging and electrophysiological recording of odorant-induced responses in C. elegans olfactory neurons. (B) Representative traces show olfactory currents from AWC neurons induced by 0.01% Bu (AWCON), 0.01% Bz (AWCON and AWCOFF), and 0.01% Pd (AWCOFF). Bz, benzaldehyde. Pd, 2,3-pentanedione. Bu, butanone. (C) 1% IAA-induced currents in AWC neurons in unc-13(e51), unc-13(e1091), unc-31(e928) and unc-18(e81) mutants were equal to that in wild-type animals. n ≥ 4. (D) IAA-induced currents in AWB neurons in unc-13 mutants. n ≥ 7. (E,F) 0.01% IAA-induced calcium responses in AWB neurons in unc-13(e51) and unc-31(e928) mutants. n ≥ 7. For patch-clamp recording, the cell membrane potential was voltage-clamped at –70 mV. Error bars: SEM. N.S., not significant.

Supplementary Table 1 | Biophysical properties of IAA-induced currents from AWC and ASH neurons. Related to Figure 1. The rise times and decay times were obtained from 10 to 90% of the peak amplitude. Voltage: –70 mV. n ≥ 5.
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Synapses are highly specialized structures that interconnect neurons to form functional networks dedicated to neuronal communication. During brain development, synapses undergo activity-dependent rearrangements leading to both structural and functional changes. Many molecular processes are involved in this regulation, including post-translational modifications by the Small Ubiquitin-like MOdifier SUMO. To get a wider view of the panel of endogenous synaptic SUMO-modified proteins in the mammalian brain, we combined subcellular fractionation of rat brains at the post-natal day 14 with denaturing immunoprecipitation using SUMO2/3 antibodies and tandem mass spectrometry analysis. Our screening identified 803 candidate SUMO2/3 targets, which represents about 18% of the synaptic proteome. Our dataset includes neurotransmitter receptors, transporters, adhesion molecules, scaffolding proteins as well as vesicular trafficking and cytoskeleton-associated proteins, defining SUMO2/3 as a central regulator of the synaptic organization and function.
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INTRODUCTION

A functional neuronal network relies on the coordinated organization of billions of highly specified contact points called synapses that interconnect neurons and allow communication in the mammalian brain. During the brain development, synapses undergo constant activity-dependent protein content rearrangements leading to both structural and functional changes. Many processes are involved in this modulation, including proteins, mRNAs and organelle transports along axons and dendrites as well as synaptic vesicular trafficking, synaptodendritic exchanges, local translation and protein degradation. Post-translational modifications (PTM) such as SUMOylation regulate protein function as well as the shaping of macromolecular complexes and participate in those processes.

SUMOylation consists in the covalent but reversible attachment of one or more SUMO peptides (around 100 amino acids, i.e., 11 kDa) on lysine residues of target proteins. SUMO conjugation is achieved by the sole E2 SUMO-conjugating enzyme Ubc9. Substrate recognition by Ubc9 is either direct or mediated by bridging proteins called E3 ligases. There are three SUMO paralogs (SUMO 1, 2, and 3) in the mammalian brain. SUMO2 and SUMO3 are nearly identical except three additional N-terminal residues in the SUMO3 sequence and are generally referred to SUMO2/3. SUMO1 shares around 50% identity with SUMO2/3 and even though SUMO1 and SUMO2/3 have an overlapping set of targets and functions, they differ in their subcellular abundance and their properties to form poly-SUMO chains (Cappadocia and Lima, 2018; Chang and Yeh, 2020). SUMOylation is readily reversible upon the activity of specific deSUMOylation enzymes called SENPs.

At the molecular level, protein SUMOylation can inhibit interactions by promoting a steric hindrance, or contribute to new protein-protein interactions by providing an additional binding site for partners presenting SUMO-Interacting Motifs (SIMs) (Cappadocia and Lima, 2018; Chang and Yeh, 2020). The consequences of SUMOylation are diverse. For instance, it can regulate the activity or the subcellular localization of some target proteins and/or enhance or inhibit protein degradation via its crosstalk with the Ubiquitin system. SUMOylation can also impact protein solubility and/or aggregation (Janer et al., 2010; Henley et al., 2021) and acts as a spatiotemporal shaping of protein–protein interactions within macromolecular complexes (Matunis et al., 2006).

The SUMOylation process was initially characterized in the nucleus, where SUMO substrates are far more abundant. However, it is now clear that SUMOylation also plays important extranuclear roles, for instance in mitochondrial fusion/fission (Harder et al., 2004), cytoskeleton organization (Alonso et al., 2015) or in cellular trafficking (Wasik and Filipek, 2014). In the brain, both the SUMO machinery expression and protein SUMOylation profiles vary according to brain areas (Akiyama et al., 2018), cell types (Maruyama et al., 2018) and sub-cellular compartments (Loriol et al., 2012; Colnaghi et al., 2019, 2020; Schorova et al., 2019) and evolves with brain maturation and neuronal activity (Watanabe et al., 2008; Andreou and Tavernarakis, 2010; Craig and Henley, 2012; Loriol et al., 2012, 2014; Ficulle et al., 2018; Josa-Prado et al., 2019; Schorova et al., 2019). As expected, the nuclear compartment of neuronal cells is highly enriched in SUMO enzymes and substrates (Loriol et al., 2012; Colnaghi et al., 2019). In synapses, the levels of SUMOylated proteins are much lower, with the highest levels occurring during the synaptogenesis period in early life (Loriol et al., 2012). The presence of synaptic SUMOylated proteins has been questioned (Daniel et al., 2017) despite the multiple reports demonstrating the functional and physiological impact of specific SUMOylated proteins at synapses (Lee et al., 2013; Schorova and Martin, 2016; Liu et al., 2017; Marcelli et al., 2017; Wilkinson et al., 2017; Henley et al., 2021). In line with these reports, recent work using super resolution microscopy confirmed the presence of SUMO1, SUMO2/3, Ubc9, and SENPs in both pre- and post-synaptic compartments (Colnaghi et al., 2019, 2020).

Of particular interest is also the role of SUMOylation in the regulation of several synaptic proteins (Schorova and Martin, 2016; Henley et al., 2021) involved in spine formation (Khayachi et al., 2018), neuronal excitability (Plant et al., 2011), presynaptic neurotransmitter release (Girach et al., 2013; Tang et al., 2015) and synaptic communication and plasticity (Martin et al., 2007; Loriol et al., 2014; Choi et al., 2016). In addition, neuronal activity often acts as a trigger to promote SUMOylation (Loriol et al., 2013, 2014; Schorova et al., 2019) leading to a fine tuning of the synaptic function.

Although the repertoire of identified SUMO substrates at synapses is regularly expanding (Henley et al., 2021), a broader view of the SUMO-modified proteins at the mammalian synapse is still missing. Given the peak of synaptic SUMO2/3-ylated proteins during the synaptogenesis period, we performed subcellular fractionation on PND14 rat brains to isolate the synaptic compartments, followed by denaturing immunoprecipitations with specific SUMO2/3 antibodies to enrich the preparation in SUMOylated substrates and finally, mass spectrometry analysis to identify the isolated SUMO2/3-modified proteins at the mammalian synapse. We then validated some SUMO-modified proteins among the 803 identified SUMO2/3 targets. This unique dataset represents about 18% of the synaptic proteome and includes neurotransmitter receptors, transporters, adhesion molecules, scaffolding proteins as well as vesicular trafficking and cytoskeleton-associated proteins, revealing a central regulatory function of the mammalian synapse by the SUMOylation process.



MATERIALS AND METHODS


Rat Strain

Wistar rats were exclusively from a commercial source (Janvier, St Berthevin, France). All animals were handled and treated in accordance with the ARRIVE Guidelines. Animals had free access to water and food. Lightning was controlled as a 12 h light and dark cycle and the temperature maintained at 23 ± 1°C. For brain retrieval, PND14 pups were euthanized by decapitation according to a protocol approved by the Animal Care and Ethics Committee and forebrains were immediately excised and used.



Synaptosomal Preparation

Synaptosomal preparation was adapted from previously published protocols (Loriol et al., 2014). Fresh forebrains of four PND14 rats were homogenized in 26 mL of ice-cold Sucrose Buffer (0.32 M Sucrose, 10 mM Tris–Hcl pH 7.4, complete EDTA-free protease inhibitor cocktail Roche) with 20 mM NEM to prevent proteins from deSUMOylation using a 30 mL glass-Teflon homogenizer with 12 gentle strokes. The homogenate (total fraction, Tot) was centrifuged at 1,000 g for 5 min at room temperature (RT) in a JA4.2 rotor (Beckman). The supernatant (cytoplasmic fraction, Cyt) was then layered by 2 mL on the top of a four-step Percoll-sucrose density gradient (2 mL of 20% Percoll, 2 mL of 10% Percoll, 2 mL of 6% Percoll, and 2 mL of 2% Percoll in Sucrose Buffer) and centrifuged at 18,000 rpm for 10 min at 4°C in a SW41Ti rotor (Beckman). Synaptosomal fraction was recovered at the 10–20% interface Percoll layers. This fraction was then washed in 10 mL of HEPES Buffer (5 mM HEPES, 140 mM NaCl, 3 mM KCl, 1.2 mM MgSO4, 1.2 mM CaCl2, 1 mM NaH2PO4, 5 mM NaHCO3, 10 mM Glucose, and complete EDTA-free protease inhibitor cocktail Roche, 10 mM NEM) and centrifuged at 10,000 g for 10 min in JA25.5 rotor (Beckman). The synaptosomal pellet was resuspended in Denaturing Lysis Buffer (20 mM Sodium Phosphate buffer pH7.4, 150 mM NaCl, 5 mM EDTA, 5 mM EGTA, 1% Triton X-100, 0.5% DOC, 1% SDS, complete EDTA-free protease inhibitor cocktail Roche, 10 mM NEM), supplemented with 50 mM DTT and boiled for 10 min at 95°C. Protein concentration was determined using standard Bradford assay.



Antibodies Immobilization on Protein-G Sepharose Beads

For IP beads preparation, Protein-G Sepharose beads (Sigma, P3296) were washed three times and incubated in PBS for 45 min at RT with SUMO-2/3 mouse monoclonal antibody (Clone 12F3, Cytoskeleton) or mouse IgG antibody as a negative control. After two washes in 20 mM Sodium Phosphate buffer (NaPi) pH7 and two washes in Triethanolamine Buffer (200 mM Triethanolamine, pH 8.2), beads were incubated for 1 h at RT in 30 mM dimethylpimelidate (DMP) freshly resuspended in Triethanolamine Buffer to crosslink the antibodies to the beads. The crosslinking step was stopped by resuspension of the beads in 50 mM Tris–HCl pH8. Finally, the beads were washed once with 200 mM Glycine pH2.9 and twice with 20 mM NaPi pH8.



Immunoprecipitation Experiments

The denaturing immunoprecipitation protocol was adapted from Becker et al., 2013. Briefly, the denaturated synaptosomal fractions were diluted in Dilution Buffer (20 mM NaPi pH7.4, 150 mM NaCl, 5 mM EDTA, 5 mM EGTA, 1% Triton X-100, 0.5% DOC, and complete EDTA-free protease inhibitor cocktail Roche, 10 mM NEM) to obtain a final concentration of 0.1% SDS. The lysate was centrifuged for 10 min at 20,000 g at 4°C. 8 mg of proteins, corresponding to synaptosomes isolated from ten PND14 rat brains, were incubated with 160 μg of SUMO-2/3 mouse monoclonal antibody, or mouse IgG antibody as a negative control immobilized on 60 μL of Protein-G Sepharose beads, overnight at 4°C under soft rotation. Beads were washed three times for 5 min at 4°C in Wash Buffer (20 mM NaPi pH7.4, 150 mM NaCl, 5 mM EDTA, 5 mM EGTA, 1% Triton X-100, 0.5% DOC, 0.1% SDS, and complete EDTA-free protease inhibitor cocktail Roche). Beads were additionally washed in Wash Buffer containing 500 mM NaCl for 30 min at 37°C. Proteins bound to the beads were then eluted three times for 30 min at 37°C with 200 μL of Wash Buffer supplemented with 0.5 mg/mL of SUMO2 peptide (CQIRFRFDGQPINE). Eluates were pooled and subjected to TCA precipitation prior to quality controls and mass spectrometry analysis.

SUMO2/3-ylated proteins immunoprecipitation from total brain extracts were performed as described above with few modifications: Beads were coated after antibody immobilization in Coating Buffer (PBS 1X, BSA 5 mg/mL, Dextran 40 kDa, 5 mg/mL, and Gelatin 1 mg/mL). Proteins bound to the beads were eluted in 2X Laemmli buffer + 5% β-mercaptoethanol.


Target Immunoprecipitation

For the validation of SUMO targets, synaptosomal fractions were denaturated in Denaturation buffer (20 mM NaPi pH7.4, 150 mM NaCl, 5 mM EDTA, 5 mM EGTA, 1% Triton X-100, 1% SDS, complete EDTA-free protease inhibitor cocktail Roche, 10 mM NEM) for 15 min at 56°C. The denaturated synaptosomal fraction was diluted in Dilution Buffer to obtain a final concentration of 0.1% SDS. Lysates were centrifuged for 15 min at 20,000 g at 4°C. 800 μg of proteins were incubated with immobilized anti-Ubc9 or not immobilized anti-SynGAP or anti-Flotillin-1 on coated Protein-G Sepharose beads, overnight at 4°C under rotation. The corresponding IgG antibody was used as a negative control. The beads were then washed 3 times at 4°C in Wash Buffer. Proteins were eluted in Laemmli Buffer supplemented with 5% β-mercaptoethanol.



Mass Spectrometry Analysis


Sample Preparation

Proteins from immunoprecipitation eluates were separated on SDS-PAGE on Bis-Tris gradient gel (4–20%, Mini-PROTEAN®, BioRad) and colored by Coomassie staining (Imperial blue). Each lane was manually excised into bands. Proteins contained into gel slices were reduced/alkylated and digested by a treatment with DTT/IAA and trypsin. Tryptic peptides were isolated by successive extractions in 1% formic acid (FA), in water and in acetonitrile (ACN). Peptides extracts were concentrated under vacuum and solubilized in 15 μL of aqueous 0.1% formic acid. The resulting peptides mix were then subjected to LC-MS/MS analysis.



NanoHPLC-Q-Exactive Plus Analysis

Peptide separations were carried out on a nanoHPLC (ultimate 3000, Thermo Fisher Scientific). 5 μL of peptidic solution was injected and concentrated on a μ-Precolumn Cartridge Acclaim PepMap 100 C18 (i.d. 5 mM, 5 μm, 100 Å, Thermo Fisher Scientific) at a flow rate of 10 μL/min and using solvent containing H2O/ACN/FA 98%/2%/0.1%. Next, peptides separation was performed on a 75 μm i.d. x 500 mM (3 μm, 100 Å) Acclaim PepMap 100 C18 column (Thermo Fisher Scientific) at a flow rate of 200 nL/min. Solvent systems were: (A) 100% water, 0.1%FA, (B) 100% acetonitrile, 0.08% FA. The following gradient was used t = 0 min 4% B; t = 3 min 4%B; t = 170 min, 35% B; t = 172 min, and 90% B; t = 180 min 90% B (temperature set at 35°C). The nanoHPLC was coupled via a nanoelectrospray ionization source to a Hybrid Quadrupole-Orbitrap High Resolution Mass Spectrometer (Thermo Fisher Scientific). MS spectra were acquired at a resolution of 70 000 (200 m/z) with a scan range of 150-1800 m/z, an AGC target value of 5e5 and a maximum injection time of 50 ms. 10 most intense precursor ions were selected and isolated with a window of 2 m/z and fragmented by HCD (Higher energy C-Trap Dissociation) with normalized collision energy (NCE) of 27. MS/MS spectra were acquired in the ion trap at a resolution of 17 500 (200 m/z) with an AGC target value of 2e5 and a maximum injection time of 100 ms.



Protein Identification

Data were reprocessed using Proteome Discoverer 2.2 equipped with Sequest HT. Files were searched against the Swissprot Rattus Norvegicus Reviewed and Unreviewed FASTA database. A mass accuracy of ± 10 ppm was used to precursor ions and 0.02 Da for product ions. Enzyme specificity was fixed to trypsin with two missed cleavages allowed. Because of previous chemical modification, carbamidomethylation of cysteines was set as a fixed modification and only oxidation of methionine was considered as dynamic modification. Reverses decoy databases were included for all searches to estimate false discovery rates, and filtered using Percolator algorithm with a 1% FDR.



SDS-PAGE and Western Blotting

Samples from the SUMO2/3 immunoprecipitations and the associated IgG negative control were resolved by SDS-PAGE followed by silver staining (Silver Quest Kit; Invitrogen) for quality control or Coomassie staining (Imperial blue) prior to in gel trypsin digestion and mass spectrometry analysis. For immunoblotting, proteins separated by SDS-PAGE were transferred onto nitrocellulose membrane (BioTrace NT, Pall Corporation) and immunoblotted using the following primary antibodies at the indicated dilution: mouse anti-SUMO2/3 (clone 12F3, Cytoskeleton, ASM23) 1/1000, rabbit polyclonal anti-SUMO2/3 (Dr. Guillaume Bossis, IGMM, France) 1/750, mouse anti-SUMO1 (clone 21C7, DSHB) 1.5 μg/mL, mouse anti-Synaptotagmin (Stressgen, SYA-148) 1/2000, rabbit anti-PSD95 (Millipore, AB9708) 1/2000, rabbit anti-Homer (Synaptic System, 160003) 1/1000, mouse anti-CoxIV (Abcam, ab14744) 1/2000, mouse anti-SOD2 (Santa Cruz, sc-137254) 1/2000, mouse anti-Calnexin (Santa Cruz, sc-23954), rabbit anti-GM130 (BD Biosciences, 610823) 1/500, mouse anti-Nopp140 (Santa Cruz, sc-374033) 1/700, mouse anti-Fibrillarin (Invitrogen, MA3-16771) 1/2000, rabbit anti-Histone H4 (Active Motif, 39269) 1/2000, mouse anti-Ubc9 (BD Biosciences, 610749) 1/250, rabbit anti-SynGAP (Synaptic System, 157002) 1/1000; and mouse anti-Flotillin-1 (BD Biosciences, 610820) 1/500. Primary antibodies were revealed using the appropriate horseradish peroxidase (HRP)-conjugated secondary antibodies (GE healthcare) or True Blot (Rockland, Tebu-Bio). Proteins were then identified using Immobilon Western (Millipore), SuperSignal Femto chemiluminescence (Thermo Scientific) or Western Lightning Ultra (Perkin Helmer) chemiluminescent solutions and images acquired on a Fusion FX7 system (Vilber Lourmat).



Bioinformatics Analysis

To compare proteome datasets, protein identifiers were converted to Entrez Gene identifiers using Uniprot, DAVID and db2db conversion tools. When rat datasets were compared to human or mouse datasets, human or mouse homologs to rat proteins were identified using the DRSC Integrative Ortholog Prediction Tool or alternatively Blast. Gene Ontology (GO) terms enrichment analyses were performed using clusterProfiler (ontology level 2) on the web interface ProteoRE (Nguyen et al., 2019). KEGG and Reactome pathways enrichment analysis were performed using DAVID. Enrichment analysis using the synapse specific database SynGO (Koopmans et al., 2019) were performed against the “brain expressed” background, setting medium stringency and second level terms as labels for Cellular Component representation and top-levels terms as labels for Biological Pathways representation. Disease annotations were conducted with the ToppGene portal on the human homologs of the rat protein dataset. Network analysis were performed using the STRING web tool (v. 11.0) combined to the Cytoscape application (v.3.8.2) implemented by the StringApp plug-in. Details for enrichment analyses are available in Supplementary Table 6.



RESULTS


Strategy to Identify Endogenous Synaptic SUMO2/3-Modified Proteins

The expression levels of SUMO-modified substrates as well as the components of the SUMOylation machinery are developmentally and spatially regulated in the mammalian brain, with a peak of SUMO2/3-ylated proteins at the post-natal day (PND) 14 (Loriol et al., 2012) during the synaptogenesis period (Semple et al., 2013; Figures 1A,B). PND14 rat brains were thus subjected to biochemical fractionation to purify the synaptosomal fraction (Figure 1C). The quality of the fractionation was assessed by immunoblotting using antibodies against specific markers for different subcellular compartments (Supplementary Figure 1A). As expected, the synaptosomal fraction was highly enriched in synaptic markers such as PSD95, Synaptotagmin and Homer1 compared to the other fractions. Synaptosomes also contain mitochondria and some endoplasmic reticulum. In line with this, the respective markers for mitochondria and endoplasmic reticulum, CoxIV and Calnexin, were also detected in the synaptosomal fractions. Importantly, synaptosomes were totally devoid of nuclear markers confirming the high quality of the fractionation process (Supplementary Figure 1A).
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FIGURE 1. Identification of the synaptic SUMO2/3-ylome. (A) Workflow to identify the synaptic SUMO2/3-ylome. PND14 rat brains, presenting intense synaptogenesis, neurotransmission and high levels of SUMO2/3-ylation, were subjected to biochemical subcellular fractionation to prepare synaptosomes. Denaturing immunoprecipitations were performed on the synaptosomal fractions using specific SUMO2/3 antibodies and peptidic elution. Isolated proteins were then identified by LC-MS/MS. The SUMO2/3-ylation profile of several selected targets was analyzed by biochemical approaches and the biological significance of the synaptic SUMO2/3-ylome was brought out by bio-informatics analysis. (B) Immunoblotting of SUMO2/3-ylation levels in PND14 and adult brain for SUMO2/3 (left panel). Ponceau-S staining was used to detect total proteins (right panel). (C) SUMO2/3-ylation levels detected by immunoblotting on 20 μg of proteins from indicated subcellular fractions. After low-speed centrifugation of the total brain lysate (Tot), the supernatant corresponding to the cytoplasmic fraction (Cyt) was loaded on sucrose percoll gradients to isolate the synaptosomal fraction (Syn) (Loriol et al., 2014) and the nuclear fraction (Nuc) in the pellet was purified on sucrose cushions (Boisvert et al., 2010). (D) Ten percent of the SUMO2/3 12F3 (S2/3) or control IgG immunoprecipitated proteins were subjected to silver staining (left panel) or SUMO2/3 immunoblotting (right panel).


Four independent synaptosomal preparations from PND14 rat brains were subjected to proteomics analysis. We established a list of 4379 proteins detected in at least 3 of the 4 preparations (Supplementary Table 1). This protein list was then used as our synaptic proteome reference. More than 88% of the proteins listed were found in at least three previously published synaptic proteomes and 97% were detected at least once as synaptic components (Supplementary Table 2). Gene Ontology (GO) enrichment analysis showed that among the top 20 for enriched GO Cellular Components terms, ten classes are associated to synapses whereas the other terms are linked to mitochondria and vesicular structures. Consistently, the top 20 for enriched GO Biological Processes terms revealed the involvement of the identified proteins in synapse organization, vesicle organization and trafficking, mitochondria organization as well as nucleotide metabolic processes (Supplementary Figures 1B,C). Altogether, these data confirmed the enrichment of the samples in synaptic components further highlighting the quality of the synaptosomal purification.

Previous proteomic studies on brain SUMOylation were performed using adult and/or whole brain extracts (Tirard et al., 2012; Yang et al., 2014; Matsuzaki et al., 2015; Hendriks et al., 2018; Stankova et al., 2018) and consequently, identified a high proportion of nuclear proteins as neuronal SUMO targets. To elaborate the most efficient protocol to assess synaptic SUMO2/3-ylation, we compared the levels of SUMO2/3-ylated proteins between synaptosomes and other subcellular fractions of the brain (Figure 1C). As expected, the SUMO2/3 immunoreactivity was maximum in the nuclear fraction, whereas synaptic SUMO2/3-ylation levels represented less than 1% of the total brain SUMO2/3-ylation. Considering the dynamic range of the Orbitrap Q-Exactive Plus mass spectrometer used in this study, it was absolutely necessary to enrich the preparations in synaptic material prior to isolate SUMO2/3-ylated proteins by denaturing immunoprecipitation (Becker et al., 2013) and identification by mass spectrometry.

To specifically isolate synaptic SUMO2/3-modified proteins, we performed immunoprecipitation using a commercially available mouse monoclonal SUMO2/3 antibody (Clone 12F3) that binds an epitope within the peptide CQIRFRFDGQPINE in SUMO2/3 (Becker et al., 2013; Supplementary Figure 2). This antibody specifically recognized proteins conjugated to SUMO2 but not conjugated to SUMO1 (Supplementary Figure 2A). Besides, peptide competition experiments monitored by dot blot using recombinant SUMO2 confirmed that free CQIRFRFDGQPINE peptides interfere between SUMO2 and the monoclonal SUMO2/3 antibody (Supplementary Figure 2B). We then showed that SUMO2/3 antibodies are able to specifically immunoprecipitate SUMO2/3-ylated proteins from rat brain in denaturing conditions (Supplementary Figures 2C,D). We thus performed a SUMO2/3 immunoprecipitation combined with a peptidic elution (Becker et al., 2013) to purify SUMO2/3-ylated proteins from denatured rat synaptosomes. Solubilization in 1% SDS efficiently extracted proteins from synaptic membranes, in particular those embedded in detergent resistant compartments such as the post-synaptic density (Jordan et al., 2006). Given the low levels of SUMO2/3-modified proteins at synapses, we performed immunoprecipitation experiments on synaptosomal lysates purified from a total of 10 PND14 rat brains per point. To assess the quality of this process, 10% of the proteins isolated with SUMO2/3 antibodies or mouse IgG as negative control were separated on gradient SDS-PAGE and silver stained (Figure 1D, left panel) or immunoblotted for SUMO2/3 (Figure 1D, right panel). Eluates from SUMO2/3 antibody-mediated immunoprecipitation showed a clear enrichment in SUMOylated proteins compared to eluates from matching IgG controls confirming that this approach allows to efficiently isolate synaptic SUMO2/3-ylated proteins.

Four synaptic SUMO2/3 immunoprecipitation assays with their IgG controls were performed independently. After protein separation by SDS-PAGE and in gel Trypsin digestion, samples were analyzed by liquid chromatography coupled to tandem mass spectrometry (LC-MS/MS). MS data were processed using Proteome Discoverer 2.2 against the Swissprot Rattus Norvegicus database and only Master Proteins with a 1% False Discovery Rate (FDR) for both peptides and proteins were considered. Then, the list of synaptic SUMO2/3-ylated proteins was built using the following selection criteria: (i) for each SUMO2/3 immunoprecipitation experiment, proteins present in the respective IgG control were subtracted from the proteins identified in the SUMO2/3 immunoprecipitates and (ii) the proteins present in at least three of the four filtered lists were selected as candidate SUMO2/3 targets. This finally led to a list of 803 synaptic SUMO2/3-ylated proteins with 291 (36%) present in all four experiments (Supplementary Table 3).



Insights Into the Synaptic SUMO2/3-ylome

To analyze the relevance of the synaptic SUMO2/3-ylome, we first compared the list of SUMO2/3-ylated target proteins with previously published proteomes obtained from synaptosomes or subspecific components of synaptosomal fractions (Figure 2 and Supplementary Table 4). We showed that more than 97% of the SUMO2/3-ylome were detected in at least five synaptic datasets with about 40% of the candidate SUMO2/3 target proteins associated with the Post-Synaptic Density, on average over the different selected PSD proteomes (Supplementary Table 4). Thus, the list of SUMO2/3-ylated candidate proteins identified largely overlapped with previously characterized synaptosomal protein datasets, demonstrating that the SUMO2/3-ylome is directly connected to the synaptic compartment.
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FIGURE 2. Venn diagrams showing overlap between the synaptic SUMO2/3-ylome and the indicated proteomes. Numbers indicate the number of proteins specifically present in the present study (blue), in the referenced previous studies (gray) and at the intersection of the protein sets. Details in the Supplementary Table 4.


Noteworthy, our dataset presented many proteins found to be SUMOylated in previous target specific studies such as mitochondrial proteins (DJ-1/Park7 (Guerra de Souza et al., 2016), Sirt3 (He et al., 2020), constituents or regulatory factors of the cytoskeleton (β-Actin, α-Tubulin, RhoGDI, and Septins) (Alonso et al., 2015; Feng et al., 2021), signaling molecules (RAS (Choi et al., 2018), β-catenin (Karami et al., 2017), CYLD (Kobayashi et al., 2015)), proteins involved in cellular trafficking (Flotillin-1 (Jang et al., 2019), EDH3 (Cabasso et al., 2015), and hnRNPA2B1 (Villarroya-Beltri et al., 2013)) as well as the well described SUMO-conjugating enzyme Ubc9 (Loriol et al., 2012; Hendriks et al., 2018), the PKC-α and PKC-ε (Zhao et al., 2020; Henley et al., 2021) or SOD1 (Fei et al., 2006).

To go deeper into the validation of the proteomic screen, we next verified the endogenous SUMOylation profile of a selection of candidate SUMO2/3 targets by immunoprecipitation/blotting with specific target antibodies. We first analyzed the modification of the SUMO conjugating enzyme Ubc9 that was previously reported to be SUMOylated in the brain by both SUMO1 and SUMO2/3 (Loriol et al., 2012; Hendriks et al., 2018). In PND14 synaptosomes, free Ubc9 is barely detected as a 18 kDa protein and appears mainly as a 38 kDa modified form (Figure 3A, left panel) that corresponds to a SUMO1-conjugated form (Loriol et al., 2012). Several SUMO-targeted lysines were identified in Ubc9 by proteomics or target specific approaches (Knipscheer et al., 2008; Loriol et al., 2012; Hendriks et al., 2018). Here, we showed at least four bands upper to the unmodified Ubc9 by immunoprecipitation assays on PND14 synaptosomal lysates using SUMO2/3 antibodies followed by anti-Ubc9 immunoblot (Figure 3A, middle panel). Similar results were obtained in converse experiments where Ubc9 immunoprecipitation was combined with SUMO2/3 immunoblotting (Figure 3A, right panel), thus confirming the modification of Ubc9 by SUMO2/3 at synapses.
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FIGURE 3. SUMO2/3-ylation profile of Ubc9, Flotillin-1 and SynGAP at synapses. (A) Immunoblot anti-Ubc9 of cytoplasmic and synaptic extracts from PND14 rat brains (left panel). Representative immunoblot using Ubc9 antibody of synaptic SUMO2/3 or control IgG immunoprecipitated proteins (middle panel; n = 3 independent experiments) and immunoblot using SUMO2/3 antibody of synaptic Ubc9 or control IgG immunoprecipitated (right panel; n = 3 independent experiments). Similarly to (A), immunoblot of cytoplasmic and synaptic extracts from PND14 rat brains (left panel), synaptic SUMO2/3 or control IgG immunoprecipitated proteins (middle panel; n = 3 independent experiments) and the converse immunoprecipitation (right panel; n = 3 independent experiments) were done for Flotillin-1 (B) and SynGAP (C). Black arrows indicate SUMO2/3-ylated forms of the different SUMO targets and red arrows indicate the unmodified forms.


Using a similar approach based on conversed and complementary immunoprecipitations, we analyzed the SUMO2/3-ylation profile of Flotillin-1/Reggie-2 (Figure 3B). Flotillin-1 is a multifunctional protein involved in signaling, actin cytoskeleton remodeling or receptor endocytosis/trafficking (Kwiatkowska et al., 2020). In the brain, it participates in synapse formation and neurite branching (Kwiatkowska et al., 2020). Flotillin-1 has been shown to be SUMOylated on several target lysines in cell lines (Hendriks et al., 2018) and in a cellular model of prostate cancer (Jang et al., 2019). Our data indicate that Flotillin-1 is also modified by SUMO2/3 at synapses, presenting multiple conjugated forms in line with the previous reports (Figure 3B).

We next examined the SUMO2/3-ylation of the Synaptic Ras-GTPase-activating protein SynGAP (Figure 3C). SynGAP is a downstream effector of NMDA receptors that tunes down the activity of Ras and Rap GTPases and impacts AMPA receptor trafficking within postsynaptic membranes (Jeyabalan and Clement, 2016). SynGAP is predominantly localized at the PSD where it interacts with the scaffolding protein PSD-95. Both the SUMO2/3 immunoprecipitation on synaptosomal extracts followed by SynGAP immunoblotting and its converse experiment allowed the detection of a 140–150 kDa SUMO2/3-ylated form of the protein (Figure 3C). This slight band shift corresponding to the SUMO-modified form of SynGAP may indicate that the protein is only modified by one SUMO2/3 moiety.

In addition to these biochemical validations, we compared our dataset to two previously published rodent brain SUMO2/3-ylomes (Yang et al., 2014; Hendriks et al., 2018). Thirty-six proteins of our synaptic SUMO2/3-ylome (i.e., 4.5%) were formerly shown to be modified by SUMO2/3 in the Central Nervous System (Supplementary Table 5). This narrow overlap is largely explained by the fact that these proteomic analyses were performed on whole adult brain extracts without any synaptic enrichments. Interestingly, an extended comparison with SUMOylomes obtained from 15 previous proteomics analysis in other cellular models indicates that 62% of our identified SUMO targets were also found in these studies. The overlap increased to 74% when alternative approaches were included (Supplementary Table 5). Altogether, these analyses further validated the SUMO immunoprecipitation approach on synaptosomal-enriched fractions from PND14 brains.



SUMO2/3, a Central Regulator of the Synaptic Organization and Function

We identified 803 SUMO2/3-modified protein candidates, which represents around 18% of our reference synaptic proteome (Figure 2 and Supplementary Table 4). To assess the biological meaning of this synaptic SUMO2/3-ylome, we performed Gene Ontology terms as well as KEGG and Reactome pathways enrichment analyses (Figure 4). Consistent with the clear overlaps with known synaptic proteomes and sub-proteomes (Figure 2 and Supplementary Table 4), the top 25 for enriched GO Cellular Components terms are connected to synapses, mitochondria and vesicles. Regarding GO Biological Processes or KEGG/Reactome pathways (Figures 4C,D), the synaptic SUMO2/3-modified proteome was enriched in proteins associated with neuronal development, organization and function, such as dendritic development (30 genes/proteins found in the SUMO2/3 dataset over 301 genes/proteins in the category), axon guidance (19/218), post-synapse organization (27/205), long-term potentiation (14/65) or depression (13/62), as well as glutamatergic (21/115), dopaminergic (19/129) and GABAergic synapses (14/87). In line with an enrichment in glutamatergic synapses, the synaptic SUMO2/3-ylome was also highlighted for the molecular function of glutamate receptor (12/67) and ionotropic glutamate receptor binding (9/44) (Figure 4B). Besides, vesicle-associated pathways as well as mitochondrial organization and processes, closely related to the synaptic function, clearly emerged in these analyses. Interestingly, the regulation of the actin cytoskeleton, which is involved in the shaping and intracellular trafficking at synapses as well as the proteasome, which participates in synaptic protein homeostasis, were also featured (Figures 4C,D). Cellular Components and Biological Processes enrichment analyses using the synapse specific annotation database SynGO (Koopmans et al., 2019) clearly corroborated the involvement of the synaptic SUMO2/3-ylome in synaptic organization, transmission and plasticity (Figures 4E,F). Last, enrichment analysis of the SUMO2/3-modified proteins dataset in KEGG pathways also highlight classes referring to brain disorders such as addictions and neurodegenerative diseases (Figure 4D).
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FIGURE 4. Terms enrichment analysis of the synaptic SUMO2/3-ylome according to the Gene Ontology, KEGG, Reactome and SynGO knowledge bases. (A–D) The list of the SUMO2/3-modified synaptic proteins was subjected to enrichment analysis for GO Cellular Components (A), GO Molecular functions (B), GO Biological Pathways terms (C), for KEGG and Reactome pathways (D) against the rat proteome. Categories were classified according to the -Log10 of the adjusted p-value using the Benjamini- Hochberg method. The number of counts compared to the total number of hits in the category is indicated. The list of the SUMO2/3-modified synaptic proteins was subjected to enrichment analysis for Cellular Components (E) or Biological Pathways (F) using the SynGO synaptic component curator tool. Details are available in Supplementary Table 6.


One of the main roles of SUMOylation is the modulation of protein-protein interactions. Therefore, proteins subjected to SUMOylation are highly interconnected (Hendriks et al., 2014). Besides, synaptic subdomains are organized around large dynamic protein networks. We thus tested the interconnectedness of the synaptic SUMO2/3-ylome using the STRING tool. As illustrated in Figure 5A, the synaptic SUMO2/3 targets assembled in a highly organized network. 74% of all identified proteins (599/803) were connected at high STRING confidence with an average node degree of 5.61, and 92% of these proteins (551/599) belonged to the core cluster. Using the Cytoscape resource, only experimentally validated interactions were extracted and the resulting network was submitted to cluster analysis (Figure 5B). Our settings highlight eight sub-complexes with an average node degree superior or equal to 3. The four prevalent clusters comprised numerous functionally related proteins from the cytoplasmic and mitochondrial ribosomes, the NADH dehydrogenase and the proteasome. Consistent with these findings, modification of the proteasomal subunits was robustly reported in different SUMO proteomes (Hendriks et al., 2014; Im and Chung, 2016; Pfammatter et al., 2018; Supplementary Table 5). In addition to the proteasome, ribosomes were also detected as one of the most dominant clusters in SUMOylome network analysis (Hendriks et al., 2014; Pfammatter et al., 2018) and many mitochondrial ribosomal proteins were detected as SUMO substrates in several proteomics studies (Supplementary Table 5). The other clusters were composed of proteins of the PSD, some aminoacyl t-RNA synthetases (ARS) associated with the ARS-interacting multi-functional protein two or some members of the cytoplasmic dynein complex as well as the retromer complex involved in intracellular trafficking.
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FIGURE 5. Network organization of the synaptic SUMO2/3-ylome. (A) Core cluster obtained by STRING network analysis of all identified SUMO2/3-ylated protein candidates, with a STRING interaction confidence of 0.7 or greater on all active interaction sources. (B) STRING network was imported into the Cytoscape application through the StringApp plug-in and further filtrated for experiments edges with a confidence of 0.4 or greater. The resulting sub-complex (346 components) was subjected to MCL clustering at granulosity 4, which resulted in 96 sub-complexes including eight clusters with an average degree superior or equal to three illustrated here. Node size reflects the average node degree within the network.


In the above sections, we highlighted an enrichment in SUMO2/3-modified proteins dataset for KEGG pathways referring to addiction and neurodegenerative diseases (Figure 4D). To get a broader view of the connections between the synaptic SUMO2/3-ylome and human brain disorders, we interrogated diseases databases using the ToppGene web tool. We found that 318 proteins out of the 803, which corresponds to about 40% of the SUMO2/3-ylome, are connected with at least one brain disease (Supplementary Table 6). In the enrichment analysis, the first 25 hits displayed many neurodevelopmental, psychiatric or neurodegenerative disorders, including, but not restricted to, schizophrenia, autism, epilepsy, Alzheimer’s and Parkinson’s diseases (Figure 6).
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FIGURE 6. Disease annotation enrichment analysis of the synaptic SUMO2/3-ylome. Proteins from the SUMO2/3 dataset were analyzed for correlation with human diseases using ToppGene with the full gene set as background. Categories were classified according to the -Log10 of the adjusted p-value using the Benjamini-Hochberg method. The number of counts compared to the total number of hits in the category is indicated. Details are available in Supplementary Table 6.




DISCUSSION

During the formation of a functional neuronal network, synapses undergo massive molecular, structural and functional changes. Post-translational modifications dynamically control protein-protein interactions, regulating their functions and are thus, key determinants for these essential processes. In the present study, we identified 803 candidate SUMO2/3-modified proteins at the synapses of PND14 rat brains by a proteomic approach.

Surprisingly, earlier studies using the double-tagged His6-HA-SUMO1 knock-in mice concluded that SUMO1-ylated proteins are not present at synapses (Tirard et al., 2012; Daniel et al., 2017). Additional SUMOylation proteomic studies on rodent adult and/or whole brain extracts (Yang et al., 2014; Hendriks et al., 2018) have identified only 5% of the proteins reported in the current MS study (Supplementary Table 5). This low overlap can be explained first, by the absence of synaptic fractionation prior to enrichment in SUMO substrates and/or the use of adult brains where SUMO levels are much lower than in younger animals. Indeed, the main difficulties classically encountered in the identification of endogenous SUMOylated proteins are the reversible nature of the SUMO conjugation process and the low proportion of modified proteins for most SUMO substrates. In the case of synapses, the levels of SUMOylation are very low in comparison to the levels detected in other subcellular compartments. We estimate here that the nuclear fraction shows SUMOylation levels of more than one hundred-fold higher than in the synapse. In addition, the overall volume of the synaptic compartment is minimal compared to the rest of the cell. Synapses also present highly cohesive subdomains like the postsynaptic density, compromising the efficient biochemical protein extraction. To circumvent these difficulties, there is an absolute need to enrich biochemical preparations in synaptic proteins and use a substantial amount of starting materials. We thus purified SUMO2/3-ylated proteins by denaturing immunoprecipitation on synaptic preparations from 10 PND14 rat brains per point i.e., when the synaptic SUMO levels are at their maximum (Loriol et al., 2012), prior to the identification of SUMO2/3-ylated substrates by tandem mass spectrometry. These conditions should be considered as a gold standard to efficiently identify synaptic SUMO targets at the mammalian synapse. Among the 803 synaptic SUMO2/3 target proteins identified, we experimentally validated three of them, Ubc9, Flotillin-1 and SynGAP. Moreover, a bibliographic analysis revealed that many proteins of this dataset are found SUMOylated in previous target specific studies (Fei et al., 2006; Loriol et al., 2012; Villarroya-Beltri et al., 2013; Alonso et al., 2015; Cabasso et al., 2015; Kobayashi et al., 2015; Guerra de Souza et al., 2016; Karami et al., 2017; Choi et al., 2018; Hendriks et al., 2018; Jang et al., 2019; He et al., 2020; Zhao et al., 2020; Feng et al., 2021; Henley et al., 2021). Last, the comparison of our protein list to available SUMOylomes characterized by proteomics or by alternative approaches revealed that there is an overlap of more than 70% with the current dataset (Supplementary Table 5).

Surprisingly, our protein list contains a few proteins traditionally referenced as nuclear SUMO targets. This is the case for instance for RanGAP1, one of the most abundant and stable SUMO targets, predominantly associated to the nuclear envelope. Interestingly, RanGAP1 has been observed in the nucleus of neurons but localizes also in their axons and dendrites (Yudin et al., 2008; Mencarelli et al., 2018) where it may regulate the availability of factors involved in axonal growth or anterograde transport by controlling the GTP-bound state of the small GTPase Ran. The current list of proteins also contains Trim28/Kap1, a transcriptional repressor and a ubiquitin and SUMO ligase able to auto-SUMOylate (Cheng et al., 2014). Yet, Trim28/Kap1 has been shown to ubiquitinylate targets out of the nucleus such as the vacuolar protein sorting Vps34 (Yang et al., 2013) or the mitochondrial BCL2A1 (Lionnard et al., 2019). Consistently, both RanGAP1 and Trim28 have been referenced in previous synaptic datasets (Supplementary Table 2).

The network analysis of SUMO targets as well as the identification of the cellular compartments and the biological pathways enriched in our dataset revealed that many protein clusters are regulated by SUMO at the synapses including ribosomal and proteasomal protein complexes. These two machineries play an essential role in synaptic protein homeostasis, ribosomes by promoting local translation and the proteasome by driving protein degradation. Components of both complexes were frequently identified in SUMO proteomics analysis (Hendriks et al., 2014; Im and Chung, 2016; Pfammatter et al., 2018). However, the functional role of SUMO in the regulation of these complexes is still poorly defined. These protein assemblies, combining multivalent but dynamic interactions, are perfect candidates for protein-group SUMOylation (Jentsch and Psakhye, 2013). Indeed, collective SUMOylation of proteins also referred as ‘SUMO spray’ may stabilize and/or modulate these complex assemblies, SUMO acting as a glue to hold protein components together through intermolecular SUMO-SIM interactions. Given the size and complexity of the synaptic SUMO2/3-ylome, it is tempting to extend this ‘SUMO spray’ to both pre- and postsynaptic compartments. Protein-group SUMOylation could thus modulate and/or shape synaptic multimeric complexes. Nevertheless, it is not possible to assess the real-time SUMOylation states of multiple proteins in or out of synaptic complexes with the molecular tools currently available.

Several proteins located in the post-synaptic density have been identified as SUMOylated in this MS analysis. The PSD is composed of hundreds of different proteins including neurotransmitters receptors, scaffold proteins and many signaling molecules organized as thickly packed but highly dynamic interconnected assemblies creating a defined synaptic subdomain. Recent studies suggest that the assembly and activity-dependent modulation of the PSD composition involves liquid-liquid phase separation (LPPS) (Wu et al., 2020). LLPS governs the formation of many membraneless compartments or macromolecular structures such as the nucleolus, the PML bodies and stress or mRNA transport granules (Bratek-Skicki et al., 2020). Interestingly, increasing evidence point out a central role of SUMOylation in the composition of LLPS-based structures. One of the best-characterized examples is its role in the tuning of PML bodies formation (Bratek-Skicki et al., 2020). More recently, SUMO has been involved in the regulation of the LLPS-promoted SOP-2 bodies (Qu et al., 2020) and in stress granules assembly and disassembly (Marmor-Kollet et al., 2020). It is interesting to note that intrinsically disordered regions (IDR) that are key drivers to LLPS, are the preferential domains targeted by SUMO (Hendriks et al., 2017). At synapses, LLPS would be involved in the organization of the PSD notably through interactions between PSD95 and SynGAP (Wu et al., 2020). Since we showed that SynGAP is SUMO2/3-ylated at synapses, it would be of interest to examine whether its modification could interfere with its interaction with PSD95 and thus, participate in the regulation of the synaptic organization. LLPS may also play a role in the clustering of the reserve pool of synaptic vesicles through Synapsin 1-mediated interactions or via the formation of active zone complexes containing RIM1α and RIM-binding proteins (Wu et al., 2020). Strikingly, RIM1α and Synapsin 1 are known SUMO targets (Girach et al., 2013; Craig et al., 2015), Synapsin 1 being modified in its IDR at the lysine 687. Since the present dataset includes numerous proteins associated with the PSD as well as components of synaptic vesicles, we can easily speculate that SUMOylation of some of these proteins represents an effective way to modulate the dynamic formation and/or elimination of synaptic LLPS-mediated protein complexes.

The current MS screening also identified many mitochondrial proteins as SUMO2/3 targets. The results are consistent with the presence of SUMOylation and deSUMOylation enzymes as well as SUMOylated proteins associated with mitochondria in cell line models or cultured neurons (Braschi et al., 2009; Akiyama et al., 2018; He et al., 2020). In addition, a number of studies dedicated to elucidate the function of specific mitochondrial SUMO targets indicated that SUMOylation participates in mitochondrial biogenesis (Guerra de Souza et al., 2016), regulates their fusion/fission processes (Guerra de Souza et al., 2016) and contributes to the metabolic adaption of mitochondria to stress (He et al., 2020). It is thus not surprising that SUMO2/3 substrates are also detected at synapses, as mitochondria are natural components of this compartment. Interestingly, mutations of the mitochondrial SUMO target DJ-1, also identified in the present screening, are associated with early-onset familial Parkinson’s disease (PD). The most deleterious DJ-1 mutation associated with PD leads to the aberrant SUMOylation of DJ-1 compromising the function and solubility of the protein (Guerra de Souza et al., 2016), which reinforced the idea that SUMOylation is essential to the synaptic mitochondrial function in physiological conditions.

The overall SUMO system is essential for the proper development and function of the brain. Indeed, disruption of the SUMOylation/deSUMOylation balance in animal models leads to deleterious effects such as neurodegeneration, seizure, impairments in learning and memory and/or dysfunctional behaviors (Henley et al., 2018; Huang et al., 2020; Yu et al., 2020). In the context of hypothermia, hibernation or ischemia, SUMOylation levels are significantly increased as part of a physiological neuroprotective response to stressful events. Thus, many efforts have been arrayed to pharmacologically modulate the SUMOylation machinery to protect the brain from damages caused by cerebral ischemia (Bernstock et al., 2018). Several studies have also highlighted a tight link between SUMO and brain disorders (Schorova and Martin, 2016; Anderson et al., 2017). In neurodegenerative disorders such as Alzheimer’s and Parkinson’s diseases, several proteins involved in the etiology of these diseases are modified by SUMO (Anderson et al., 2017). In addition, human AD brains present an increased SUMOylation level in both cortical tissue and synaptosomal lysates (Marcelli et al., 2017). Consistent with these findings, diseases annotation connects the present SUMO2/3 dataset to a large spectrum of neurological disorders, from neurodevelopmental pathologies to neurodegenerative diseases including schizophrenia, autism, epilepsy, Alzheimer’s and Parkinson’s diseases. By enlarging the repertoire of pathophysiological processes potentially affected by SUMOylation, our results provide additional perspectives to propose new biological markers or complementary therapeutic strategies. In particular, considering the neuroprotective effects of SUMO in response to cellular stresses, drugs modulating the SUMO system may be used to target brain pathologies involving altered SUMOylation levels.

To conclude, we report here that around 18% of the synaptic proteome is detected as SUMO2/3-ylated and propose that this post-translational modification regulates a wide range of cellular processes from synapse formation to synaptic transmission and plasticity. SUMO2/3 modifies many functionally connected synaptic proteins, suggesting that protein-group SUMOylation occurs at synapses and contributes to the modulation of synaptic multimeric complexes. A broader view would now require the characterization of the SUMO1-ylome as well as the identification of synaptic proteins presenting SUMO-interacting motifs. Moreover, SUMOylation evolving with brain development and life span, it would be particularly interesting to follow the SUMOylation profile of synaptic proteins over the age. With the current work, we finally propose an overall picture of the SUMO2/3 landscape at the mammalian synapse. Recent advances in imaging techniques allow to spatially and functionally map individual synapses according to their content in specific markers (Zhu et al., 2018) revealing that synapses are much more diverse than anticipated with each brain region having specific signatures regarding their synaptic composition. It is likely that PTM also participate in this identity card. In this context, detecting the SUMOylation status of specific target proteins in the brain at the single cell level is likely one of the most promising challenge of the future.
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One of the reasons that most multicellular animals survive and thrive is because of the adaptable and plastic nature of their nervous systems. For an organism to survive, it is essential for the animal to respond and adapt to environmental changes. This is achieved by sensing external cues and translating them into behaviors through changes in synaptic activity. The nervous system plays a crucial role in constantly evaluating environmental cues and allowing for behavioral plasticity in the organism. Multiple neurotransmitters and neuropeptides have been implicated as key players for integrating sensory information to produce the desired output. Because of its simple nervous system and well-established neuronal connectome, C. elegans acts as an excellent model to understand the mechanisms underlying behavioral plasticity. Here, we critically review how neuropeptides modulate a wide range of behaviors by allowing for changes in neuronal and synaptic signaling. This review will have a specific focus on feeding, mating, sleep, addiction, learning and locomotory behaviors in C. elegans. With a view to understand evolutionary relationships, we explore the functions and associated pathophysiology of C. elegans neuropeptides that are conserved across different phyla. Further, we discuss the mechanisms of neuropeptidergic signaling and how these signals are regulated in different behaviors. Finally, we attempt to provide insight into developing potential therapeutics for neuropeptide-related disorders.
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INTRODUCTION

Change is constant! Evolutionary studies show that organisms evolve by adapting to ever-changing environmental conditions. It is therefore critical for an animal’s survival to detect a diverse array of cues. This unique phenomenon of adaptation is attributed to synaptic plasticity [reviewed in Fusco and Minelli (2010)]. Consistent encounter with a stimulus reinforces neuronal wiring to ensure the appropriate biological activity, manifested as behavior [reviewed in Citri and Malenka (2008)]. Physiological activities coupled with biological events during behavior result from the interplay between the brain and the surroundings of an organism. The coordinated action of the neuronal connectome integrates information and directs behavioral responses.

It is intriguing to understand how organisms perceive their environment to execute behaviors and learn from their experiences. Hence, behavioral studies have been of keen interest for researchers in the field of neuroscience. Various reports from the past few decades have made it possible to parse out certain intricacies associated with behaviors and the neuronal and synaptic changes behind these behaviors. These studies have laid the path for delving further to elucidate the mechanisms underlying nervous system processes that direct the required behavioral output. Recent advances in molecular tools have proved a boon for such studies, but several challenges of different magnitudes pose limitations. One of the main challenges is the brain’s complex structure and function with millions of neurons and synaptic connections as seen in most organisms with complex behavioral outputs. To overcome this challenge, C. elegans has proved to be a pioneering organism.

The simple nervous system of a C. elegans hermaphrodite has just 302 neurons and has been completely reconstructed with electron microscopy (White et al., 1986). Further, C. elegans shows discrete, robust, and easily quantifiable behaviors, making it a suitable model system. Often, these behavioral studies in worms revolve around the wired neuronal network consisting of synaptic connections by small classical neurotransmitters. However, this review will focus on the non-wired neuronal network that involves the transmission of information by neuropeptidergic signaling. Unlike classical neurotransmitters that function through wiring transmission, neuropeptides function through volumetric transmissions and play a critical role in sustained biological responses (Sorensen et al., 2008; van den Pol, 2012). Neuropeptides are also known to modulate the activity of co-released neurotransmitters to increase or decrease the strength of synaptic signaling [reviewed in Russo (2017)]. Noteworthy is that these small peptides can also act as peptidergic hormones to regulate other bodily functions. Therefore, neuropeptides have been established as modulators of behavior in a wide range of animals. In C. elegans, neuropeptides are classified into three different families, viz, FMRFamide or FLP-like peptides (FLPs), Insulin-like peptides (ILPs), and Neuropeptide-like proteins (NLPs) [reviewed in Holden-Dye and Walker (2013)]. Evidence that these diverse neuropeptides play important roles in locomotion, mating, learning and memory, sleep and addiction is accumulating, but an integration has been lacking. Even though the functions of neuropeptides in C. elegans have been vigorously studied, relatively little is known about their modes of action in modulating behavior. Here, we attempt at piecing together the available information, to construct mechanistic models of behaviors regulated by neuropeptides. The list of all neuropeptides found in C. elegans that are discussed in this review can be found in Table 1.


TABLE 1. List of neuropeptides discussed in this review.
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Locomotion

Locomotion is a fundamental life process for all organisms to survive and thrive. It is the basis for numerous behaviors like foraging, feeding, mating, escaping predators, sleep, migration, and dispersal [reviewed in Gjorgjieva et al. (2014)]. The locomotion pattern differs across organisms and involves walking, running, flying, swimming, and crawling, depending upon the organism’s body plan.

In C. elegans, locomotion is an integral part of nearly all behaviors. C. elegans move in a sinusoidal pattern as a result of the dorsoventral flexing of body wall muscles. The differential synaptic inputs on these muscles restricts the movement in these worms to dorsoventral turns. The propagation of sinusoidal waves determines the direction of motion (White et al., 1986). Movement in C. elegans is a combination of different motion patterns, including forward crawls, reverse crawl (also known as reversals, illustrated in Figure 1A), and omega (Ω) turns [sharp reorientation events in which the head almost touches the tail, illustrated in Figure 1B and in Gray et al. (2005)]. It is interesting to note here that the frequency of reversals and Ω turns is critical in shaping C. elegans trajectory while executing any locomotory behavior (Gray et al., 2005; Lopez-Cruz et al., 2019).


[image: image]

FIGURE 1. Locomotion Pattern of C elegans. (A) Shows reversals, where θ represents the bending angle during reorientation and the numbers 1–5 indicate the stages of reversals in order (B) indicates an Ω turn where the numbers 1–5 indicates the stages leading to an Ω turn in order. The images have been adapted from Gray et al. (2005).


Locomotion, albeit a complex behavior controlled by wired and non-wired neuronal circuitry, and is regulated by environmental and internal factors. Although the cues and neuronal connectome controlling locomotion have been largely characterized, the underlying molecular mechanism remain to be fully elucidated (Gray et al., 2005; Piggott et al., 2011). Apart from the conventional small neurotransmitters, neuropeptides also play a critical role in shaping locomotion in response to perturbations in the system. Fundamental studies exploring the role of neuropeptides in locomotion were based on mutations in two genes required for formation of neuropeptides, EGL-3 (Proprotein convertase) and EGL-21 (Carboxypeptidase E). Proteins encoded by these genes are required for the maturation of neuropeptides into their functional forms (Kass et al., 2001; Jacob and Kaplan, 2003). Mutants in egl-3 and egl-21 show decreased sensitivity to the acetylcholine esterase inhibitor, aldicarb, as well as decreased acetylcholine (ACh) release in the presence of aldicarb at the neuromuscular junction (NMJ) (Jacob and Kaplan, 2003; Hu et al., 2011). Moreover, mutants in the neuropeptide nlp-12 show resistance to aldicarb, again suggesting that neuropeptides regulate the levels of acetylcholine at NMJ (Hu et al., 2011). NLP-12 (mammalian homolog of cholecystokinin), released from the DVA neuron, binds to its receptor CKR-2 on cholinergic motor neurons to allow for regulating ACh release at the NMJ, this in turn regulates locomotion in C. elegans (Hu et al., 2011). NLP-12 also integrates dopamine and ACh signaling pathways as DVA is postsynaptic to the PDE dopaminergic neuron. This integrated pathway when activated, increases body bends and amplitude of sinusoidal wave during locomotion to promote dwelling while on food (body bends and amplitude are illustrated in Figure 2; Bhattacharya et al., 2014; Bhattacharya and Francis, 2015). In contrast, the absence of food is associated with reduced dopamine levels and dispersal behavior (Sawin et al., 2000). The circuitry for this behavior has been delineated by Oranth et al. (2018). They show that PDE inhibits the AVK interneuron through dopamine/DOP-3 signaling in the presence of food. AVK releases the FLP-1 neuropeptide, which binds to receptors NPR-6 and FRPR-7 on the ventral cord and head motor neurons. FLP-1 inhibits the motor neurons and promotes dispersal by reducing bending angles during locomotion. Previous studies have also shown that FLP-1 maintains the amplitude of sinusoidal waves (Nelson et al., 1998), rate of body bends during swimming (Chang et al., 2015; Buntschuh et al., 2018), and the excitation-inhibition balance during locomotion (Stawicki et al., 2013). Another neuropeptide implicated in regulating body bends and bending angles is NLP-49. NLP-49 is released from the AVK interneuron and functions through the receptor SEB-3. Mutants in nlp-49 show reduced mid-body and hip bends, while NLP-49 overexpression leads to hyperactive locomotion (Chew et al., 2018a).
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FIGURE 2. Body bend and amplitude of a sinusoidal wave during locomotion in C. elegans. The image has been adapted fromPandey et al. (2021).


In addition to the parameters discussed above, other aspects of locomotion in C. elegans, including reversals, Ω turns, and speed are also modulated by neuropeptides. Reversals and Ω turns are essential for reorientation during foraging, mate search, and aversion. On the other hand, speed determines locomotion rate during aversion, arousal (a state of hyperactive locomotion), and sleep. Studies have implicated the FLP-18 neuropeptide in the control of reversal frequency and the reversal length (Cohen et al., 2009; Bhardwaj et al., 2018). FLP-18 functions through its receptors’ NPR-1, NPR-4, and NPR-5. In flp-18 mutants, reversal frequency decreases, and the reversal length increases during the local search (Cohen et al., 2009; Bhardwaj et al., 2018, 2020). This implies that flp-18 mutants fail to perform local search effectively. Interestingly, the reversal frequency in flp-18 mutants does not change significantly during the transition from local to global search (Cohen et al., 2009). As a result, global search is impaired in these animals. Various other neuropeptides modulate the dynamics of exploration. NLP-1 and INS-1 control the magnitude of reversals, where NLP-1 is released from the AWC sensory neurons, which also secretes glutamate. Both NLP-1 and glutamate bind to their receptors NPR-11 and GLC-3, respectively, on the AIA interneuron. Glutamate/GLC-3 is an inhibitory synapse that promotes reversals, while NLP-1/NPR-11 reduces reversal frequency. INS-1, released from AIA neurons, modulates the activity of AWC neurons and functions in the same process as NLP-1 (Chalasani et al., 2010). Exploration is also modulated by genes encoding pigment dispersing factor signaling components, including PDF-1, PDF-2, and their receptor PDFR-1. Mutants in pdf-1, pdf-2, or pdfr-1 fail to explore larger areas and show reduced speed (Flavell et al., 2013). Mutants in the galanin-like receptor npr-9 show decreased reversals, and Ω turns (Campbell et al., 2016). Previous studies in mice have shown that perfusion of the Galanin-like peptide (GALP) reduces locomotor activity in mice (Kauffman et al., 2005). Another neuropeptide, FLP-20 ensures the C. elegans stay on food by decreasing reversal frequency. flp-20 mutants show an increased reversal rate in off food conditions, suggesting its role in promoting dispersal (Rabinowitch et al., 2016). Delving further into the functioning of FLP-20, it has been reported to modulate speed during arousal in response to a mechanosensory stimuli. FLP-20 functions through FRPR-3, which acts in the RID interneuron (Chew et al., 2018b). The RID neuron, being a specialized neuroendocrine cell, releases the neuropeptide FLP-14, required for maintaining forward movement. Mutants in flp-14 have impaired forward movement and exhibit frequent pauses and increased reversal frequency (Lim et al., 2016). The function of some of these neuropeptides is illustrated in Figure 3. FLP-2 (functional analog of mammalian orexin) and PDF-1 have also been reported to modulate locomotion during arousal where FLP-2 functions through the receptor FRPR-18, a functional analog of mammalian orexin type-2 receptor (Chen et al., 2016). Behaviors like developmentally timed quiescence and sleep require reduced locomotor activity. These behaviors require the function of multiple neuropeptides, including FLP-11, FLP-24, FLP-13, NLP-8, and NLP-22 that regulate stopping of locomotion during quiescence and sleep (Nelson et al., 2013, 2014; Nath et al., 2016; Steuer Costa et al., 2019). Mating in C. elegans requires turning back or reversing during copulation and inhibition of reorientations during mate search. PDF-1 is required to inhibit reorientation in males during mate search to explore large areas (Janssen et al., 2009; Barrios et al., 2012). Neuropeptides including FLP-8, FLP-10, FLP-12, and FLP-20 regulate turning during mating (Liu et al., 2007).
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FIGURE 3. Schematic of multiple neuropeptidergic circuits underlying locomotion. This image has been partially adapted from Oranth et al. (2018).


In addition to solid substrates, C. elegans also inhabit liquid media and use swimming as their mode of locomotion in liquid. Several neuropeptides have been implicated in regulating the swimming rate of C. elegans. The swimming rate is quantified as the number of body bends per unit time. Mutants in flp-18, flp-3, flp-10, and flp-21 show increased swimming rates, while flp-9 mutants show the opposite phenotype of lower swimming rate (Chang et al., 2015).

Apart from C. elegans, neuropeptides regulate locomotion in arthropods, mollusks, and vertebrate systems (Henry et al., 2000; Kahsai et al., 2010b; Li et al., 2015). Some of these neuropeptidergic signaling pathways are conserved across phyla. In Drosophila melanogaster, the neuropeptide, Drosophila tachykinin (DTK) provides spatial orientation during exploration while another neuropeptide, short neuropeptide F (sNPF), fine-tunes locomotion and regulates speed of the animal (Kahsai et al., 2010a). In migratory locusts, Locusta migratoria, two related neuropeptides NPF1a and NPF2, regulate locomotion during the transition of the locust from solitary to the swarming phase (Hou et al., 2017). In mice, neuropeptide S functions through the corticotropin releasing factor receptor 1 (CRF1) to increase locomotory activity (Li et al., 2015). CRF1 shows similarity in structure and function with the SEB-3 GPCR in C. elegans (Jee et al., 2013). Several mood-related disorders like anxiety and depression are attributed to dysregulation of CRF signaling [reviewed in Arborelius et al. (1999)]. Another group of neuropeptides that are opiodergic including enkephalin and dynorphin have been shown to control locomotion and dyskinesia in parkinsonian rat models (Sgroi et al., 2016).

The discussed observations imply that neuropeptides play a vital role during locomotion and dysregulation in neuropeptidergic signaling could result in severe locomotory defects. The presence of some conserved signaling pathways allows researchers to extrapolate these circuits to vertebrates and humans to start to unravel the complex wiring of locomotion circuitry involving neuropeptides.



Feeding Behavior

Feeding is an indispensable process for survival, influencing a wide range of behavioral repertoire by an organism. Despite its simple structure, C. elegans exhibits a variety of physiological and behavioral changes in response to food availability and nutritional status. For instance, behaviors like foraging, mating, egg-laying, dauer formation, quiescence, social interactions, etc., are affected by the feeding state of the animal [reviewed in Avery and You (2012), Barrios (2014)]. Caenorhabditis elegans is a bacterivorous worm, largely maintained on a slow-growing strain of E. coli bacteria, i.e., OP50 strain under standard laboratory conditions. It ingests the bacterial food through pumping and peristaltic movements of the pharynx [reviewed in Avery and You (2012)]. The feeding process and related behaviors are highly regulated by neuromodulators released by the somatic and pharyngeal nervous systems. These comprise of many neuropeptides and biogenic amines such as serotonin, octopamine, tyramine, etc., which control feeding and locomotion in a food-dependent manner (Horvitz et al., 1982; Rex et al., 2004; Alkema et al., 2005; Suo et al., 2006). The study of neuropeptide processing mutants, i.e., egl-3 and egl-21, paved the way to understand the importance of neuropeptides in feeding and/or fat storage [(Husson et al., 2006, 2007) and reviewed in Holden-Dye and Walker (2013); Srinivasan (2020)]. Further, the significance of neuropeptides is established by the neuropeptide release mutants, unc-31 that exhibit constitutive pharyngeal pumping during starvation, suggesting an underlying reduction in neuromodulation (Avery et al., 1993; Dalliere et al., 2016).

Literature has reported the role of diverse neuropeptides such as FLPs, ILPs, and NLPs in the feeding circuit. The widely expressed family of FLP neuropeptides act on GPCR receptors to modulate feeding behavior in C. elegans. For instance, FLP-1 is implicated in fat storage and diet-induced changes in antioxidant responses mediated via the NPR-4 receptors in the intestine (Mutlu et al., 2020; Jia and Sieburth, 2021). Also, npr-4 mutants result in impaired foraging behavior, fat homeostasis, and food preference (Cohen et al., 2009; Yu et al., 2016; Bhardwaj et al., 2018). Another allatostatin/galanin-like GPCR, viz, NPR-9 impinges on the AIB interneurons to regulate food-evoked foraging, which, in turn, may affect metabolism and fat storage (Bendena et al., 2008). Interestingly, the FLP-18 neuropeptide has been found to act on different GPCRs to regulate a variety of feeding-related functions, i.e., FLP-18 binds to NPR-4 receptors to regulate fat accumulation in the intestine and modulate foraging behavior in the RIV and AVA neurons (Cohen et al., 2009). Moreover, NPR-5 receptors mediate the effects of FLP-18 in the ciliated sensory neurons to induce lipid storage in ASJ neurons to regulate dauer formation and in ADF neurons to stimulate feeding (Cohen et al., 2009; Lemieux et al., 2015). Multiple features of feeding behaviors are illustrated in Figure 4. Further, FLP-18 and FLP-21 are implicated in the social feeding behavior, by associating with the different isoforms of NPR-1 receptors (de Bono and Bargmann, 1998; Rogers et al., 2003). It is noteworthy that the NPR-1 receptor is an evolutionary conserved Neuropeptide Y (NPY) receptor, known for its role in regulating feeding in vertebrates [reviewed in Beck (2006)]. NPY and its receptor defects have been shown to contribute to eating disorders such as anorexia nervosa and obesity [reviewed in Gehlert (1999), Zhang et al. (2012)].
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FIGURE 4. Schematic of neuropeptidergic circuits underlying feeding related behaviors. The figure has been adapted from Cohen et al. (2009).


More recent studies have shown that a tachykinin-like peptide, FLP-7, secreted by the ASI neurons has been found to act on the intestinal NPR-22 receptors to promote fat mobilization (Palamiuc et al., 2017). The pharyngeal circuit in C. elegans also secretes FLP-17A and FLP-17B neuropeptides, indicating their possible role in promoting feeding (Dalliere et al., 2016). A group of highly conserved insulin-like neuropeptides has been shown to determine the on and off states during pharyngeal pumping in C. elegans. These include INS-1 peptide, which acts by increasing the 5-HT sensitivity and insulin signaling pathway mutants, i.e., daf-2 and daf-18 mutants involved in promoting feeding adaptation (Dwyer and Aamodt, 2013; Dillon et al., 2016). Insulin-based regulation of feeding is extremely important as its malfunctioning could result in several metabolic disorders such as obesity, heart disease, and diabetes [reviewed in Kolb et al. (2020)]. Intriguingly and showing similarities to vertebrate systems, C. elegans possess endogenous opioids like NLP-24 that act through the opioid receptor, NPR-17, to modulate feeding by stimulating pharyngeal pumping during starvation in worms (Cheong et al., 2015). Moreover, feeding states have been found to influence decision-making between attractive and aversive stimuli along with foraging via PDF-2/PDFR-1 dependent neuropeptidergic signaling (Ghosh et al., 2016; O’Donnell et al., 2018). In parallel, the Luqin-like RYamide peptides secreted from the pharyngeal M1 and M2 neurons, induce food-evoked satiety as a negative feedback loop. These peptides primarily exert their actions via the NPR-22 receptors on the feeding pacemaker MC and serotonergic RIH neurons (Ohno et al., 2017).

The identification of highly conserved cholecystokinin (CCK)-gastrin-like peptides, viz, DYRPLQFamide (NLP-12a) and DGYRPLQFamide (NLP-12b) in C. elegans has helped to illuminate the pathways of satiety transmission and fat storage in mammals. Janssen et al. report that the nlp-12 and ckr-2 receptor mutants show an increased fat accumulation, indicating a mechanism operating by alleviated metabolism of fat stores (Janssen et al., 2008). The functional conservation of CCKs is also complemented by another study, where expression of the mammalian CCK-8 degrading enzyme, tripeptidyl peptidase II (TPPII) in C. elegans fat cells resulted in decreased fat accumulation (McKay et al., 2007).

Despite noteworthy strides in functionally characterizing the roles of neuropeptides in regulating feeding behavior, their numerous non-cell-autonomous endocrine effects are yet to be understood. Future investigations in this area could aid in addressing prevailing metabolic disorders such as obesity, diabetes, etc.



Mating Behavior

Caenorhabditis elegans mating is a complex behavior, comprising of the coordinated execution of spatio-temporal motor actions. In an androdioecious species like C. elegans, males initiate and execute the mating process while hermaphrodites essentially play a passive role [reviewed in Sherlekar and Lints (2014)]. Of the total 385 neurons present in the C. elegans male, at least 79 are known to facilitate mating (Liu and Sternberg, 1995; Molina-Garcia et al., 2020). The stereotyped mating begins due to the influence of chemical pheromones, i.e., ascarosides which attract the male to contact and scan its mate for detecting the vulva [reviewed in Chute and Srinivasan (2014)]. Once the vulva is located, the male stops scanning and inserts its protracted copulatory spicules inside the hermaphrodite animal to transfer sperm [reviewed in Barr and Garcia (2006)]. Thus, the mating process involves five different steps: mate identification, reversals, repetitive turning, vulva detection, and finally intromission (illustrated in Figure 5). A plethora of literature indicates the role of neurotransmitters like dopamine, serotonin, octopamine, etc., in regulating mating behaviors in C. elegans. While dopamine is involved in the mating motivation, sperm transfer, and recovery from post-coital lethargy, serotonin influences the ventral-tail curling during male turning (Loer and Kenyon, 1993; Carnell et al., 2005; Correa et al., 2012; LeBoeuf et al., 2014). On the other hand, octopamine, the biological equivalent of norepinephrine in invertebrates, acts downstream of dopamine to regulate the locomotor activity state in copulating mates (Suo et al., 2019).
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FIGURE 5. Cycle of events during mating in C. elegans. The neuropeptides involved in each step of the mating behaviors are indicated below the step they function at. This image has been adapted from Sherlekar et al. (2013).


Apart from neurotransmitters, neuropeptides are known to play a pivotal role in modulating the mating circuit. Here, we review the neuropeptides implicated in mating behaviors of C. elegans. The alleged role of neuropeptides in this behavior was initially observed by examining the neuropeptide processing egl-3 mutants, defective in egg-laying and other mechanosensory responses that could be important during mating (Kass et al., 2001). The commencing step of the mating process, i.e., mate-searching behavior is regulated by the PDF-1 (Pigment-dispersing factor) neuropeptide released by the AIM neuron, which promotes the expression of DAF-7/TGFβ in the male-specific ASJ neurons. PDF-1 modulation circuit also extends to URY, PQR, and PHA neurons due to PDFR-1 receptor expression in these neurons (Barrios et al., 2012; Hilbert and Kim, 2018). Interestingly, PDF-1 also displays phylogenetic conservation in other organisms, for instance, regulation of male sex drive in Drosophila melanogaster (Fujii and Amrein, 2010). Further, defects in the orthologs of PDFR-1 receptors in humans are known to result in anhedonia-related disorders such as bipolar disorder and post-traumatic stress disorders (Soria et al., 2010; Ressler et al., 2011).

The function of neuropeptides in the mating process is further established by the neuropeptide-release unc-31 mutants, required for the release of Dense-core vesicles (DCVs). These mutants are unable to initiate spicule insertion and hence, fail to transfer sperms into the vulva. However, the other steps of mating behavior remain unaffected in unc-31 mutants (LeBoeuf and Garcia, 2017). In addition, the coherence of all these mating steps is governed by the oxytocin/vasopressin-like peptide known as nematocin. Nematocin (NTC-1) is released by the male ray DVA neuron and acts on the NTR-1 receptor to promote response to the potential mates and integrate different steps of the mating behavior (Garrison et al., 2012). In most species studied, these oxytocin-related neuropeptides display genetic and functional conservation in reproduction-related behaviors, such as selection of mate, copulation and offspring care (Wagenaar et al., 2010; Melis and Argiolas, 2011; Garrison et al., 2012; Marlin et al., 2015). Apart from oxytocin/vasopressin like peptides, the FLP neuropeptides including FLP-5, FLP-6, and FLP-17 are suggested to modulate the spicule circuit upon stimulation of the male RnA ray neurons (Lints et al., 2004). Liu et al. (2007), have additionally shown that FLP-8, FLP-10, FLP-12, and FLP-20 neuropeptides participate in sensory transduction during male sexual turning behaviors. In parallel, a FLP neuropeptide orthologs in Drosophila, i.e., neuropeptide F and the mammalian neuropeptide Y are known to influence male courtship (Lee et al., 2006). More recent work has shown that glia-derived neuropeptides in C. elegans potentially explain the age-related decline in male mating behaviors, RGBA-1 neuropeptides acting on the NPR-28 receptor in serotonergic and dopaminergic neurons influence mating efficiency. Noteworthy is that the polymorphic alleles of the rgba-1 gene are associated with male virility and were found to alleviate mating behavior deterioration in aging worms (Yin et al., 2017). The fact that diverse neuropeptides are involved in the multiple overlapping steps of mating behaviors, highlights the intricate ways by which they modulate the mating circuit. However, it is unclear how these neuropeptides differentially participate in the anticipatory phase, i.e., arousal in response to pheromones and instinctive drive, or the consummatory phase, i.e., execution of the mating process.



Sleep-Like Behavior

Molecular mechanisms underlying sleep have been studied using multiple model organisms including invertebrate models like Drosophila melanogaster, and Danio rerio (Hendricks et al., 2000; Shaw et al., 2000; Zhdanova et al., 2001; Mackiewicz et al., 2008). A quiescent state known as lethargus before each molt during development is referred to as developmentally timed sleep (DTS, illustrated in Figure 6). Caenorhabditis elegans also shows a state of sleep-like quiescent behavior during which there is a temporary halt in locomotion, pharyngeal pumping, head movement, defecation and feeding [(Cassada and Russell, 1975; Nath et al., 2016) and illustrated in Figure 6].
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FIGURE 6. Sleep patterns in C. elegans. The top panel shows the types of Sleep in C. elegans. The bottom Panel shows the physiological events during each type of sleep. The bottom panel has been adapted from Nath et al. (2016).


Caenorhabditis elegans has been used as a model for studying lethargus behaviors induced by a variety of genes. For instance, cyclic guanosine monophosphate (cGMP) dependent protein kinase (EGL-4) boosts sleep-like state in C. elegans (Raizen et al., 2008). Neuropeptides play an important role in the sleep/wake cycle of vertebrates [reviewed in Sutcliffe and de Lecea (2002)]. However, mechanistic insights into neuropeptide function in sleep-like behavior comes in large part from work on D. melanogaster and C. elegans. In Drosophila the Pigment-Dispersing Factor (PDF) neuropeptide is responsible for normal circadian rhythm (Renn et al., 1999). Caenorhabditis elegans also secrete PDF-1 from the RMG neuronal circuit and the secretion of PDF-1 is lowered during lethargus (Choi et al., 2013). Neuropeptide NLP-22, structurally similar to the mammalian Neuromedin S peptide (NMS), released from the RIA interneuron allows for sleep-like behavior and functions through protein kinase A (PKA) dependent mechanisms (Nelson et al., 2013) and illustrated in Figure 7A.
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FIGURE 7. Neuropeptide circuitry regulating sleep. The image indicates (A) Developmentally Timed Sleep (DTS) and (B) Stress Induced Sleep (SIS) along with the neuropeptides involved in each process. This image has been adapted from work by Nelson et al. (2013, 2014) and Nath et al. (2016).


Apart from DTS, cellular stress like heat, cold, tissue damage, and hypertonicity also results in a stress-induced quiescence state or stress-Induced sleep (SIS) in C elegans, [(Hill et al., 2014) and illustrated in Figure 4]. Again, neuropeptides play a crucial role in SIS-like behavior. The neuropeptide receptor NPR-1 modulates heat stress-induced sleep-like behavior during hyperoxic conditions (Soto et al., 2019). Heat stress causes the release of LIN-3/EGF, which acts on its receptor LET-23/EGFR present on the ALA neuron, triggering the release of FLP-13 neuropeptide that is required for feeding and locomotory quiescent behavior (Nelson et al., 2014). The FLP-13 neuropeptide released from the ALA neuron as a result of stress acts on the receptor FRPR-4 on the DVA neuron to modulate the posture of the animals during quiescence (Nelson et al., 2015). The transcription factor LIM-6 controls both peptidergic and GABAergic function in the RIS neuron. LIM-6 maintains the expression of the APTF-1 transcription factor, which in turn upregulates the expression of FLP-11 neuropeptide required for sleep behavior in RIS neurons (Turek et al., 2016). Studies have also shown that triple mutants in the neuropeptides nlp-8, flp-24, and flp-13 synergistically inhibit SIS-like behavior (Nath et al., 2016). This experiment shows that different neuropeptidergic signaling mechanisms could contribute collectively toward sleep behavior (illustrated in Figure 7B).

Neuropeptidergic control of sleep is conserved in higher organisms as well. In zebrafish multiple neuropeptides maturing from proprotein RFamide neuropeptide VF (NPVF) act synergistically to promote sleep (Lee et al., 2017). NPY has been shown to modulate sleep patterns in rats and also affects sleep endocrine systems in patients facing depression (Held et al., 2006; Szentirmai and Krueger, 2006). Neuropeptide-S, an evolutionary conserved neuropeptide regulates sleep-wake cycle in mammals (Xu et al., 2004). Another neuropeptide hypocretin (also known as orexin) promotes wakefulness and inhibits sleep in mammals [reviewed in Soya and Sakurai (2020)]. Narcolepsy, a neurological condition affecting sleep has been associates with dysregulation of orexin signaling. The discovery of these neuropeptidergic pathways in invertebrates and vertebrate models, can answer many questions related to molecular mechanisms underlying sleep and hence may be of importance in the field of neuropsychiatric disorders related to sleep.



Learning and Memory

Learning and memory are crucial biological properties for an organism to survive in its habitat. Multiple invertebrate models are used for understanding the mechanisms behind memory and learning (Carew and Sahley, 1986). For instance, C. elegans and D. melanogaster allow for intricate genetic manipulations of the nervous system, which in turn can provide insight into molecular mechanisms involved in the process of memory formation and cognitive functions (Cerutti and Levin, 2006).

Caenorhabditis elegans typically shows two types of learning, associative learning and non-associative learning that induce different degrees of memory based on the training paradigms used (Wen et al., 1997; Morrison et al., 1999). Different paradigms could result in Long-Term Memory (LTM), Short-Term Memory (STM), and Intermediate-Term Memory (ITM) (Rose et al., 2002, 2003; Steidl et al., 2003; Li et al., 2013; Dahiya et al., 2019). Another important learning paradigm involves understanding the interactions between C. elegans with their surrounding microbes. For instance, C. elegans can detect and discriminate infectious microbes like Pseudomonas aeruginosa, through its innate immune system [reviewed in Nicholas and Hodgkin (2004)].

Pathogen avoidance learning is known to be dependent on signaling through insulin-like peptides (ILPs), such as INS-11, secreted by the intestinal cells (Lee and Mylonakis, 2017). During this process ILPs act through different sets of neurons for sensing external signals, for instance, INS-16 through the pheromone-sensing neuron ADL and INS-4 through the bacteria-sensing neuron AWA (Wu et al., 2019). Further, FLP-20 has been reported to be required for STM in the mechanosensory neurons after mass training (Li et al., 2013). FLP-20 neuropeptides from primary mechanosensory neurons bind to their receptor FRPR -3 which is present on the neuroendocrine cell RID, thus controlling arousal behavior in C. elegans (Chew et al., 2018b). Further, the Neuropeptide-Like Protein-38 (NLP-38)/Myo Inhibitory Peptide (MIP) signal activates the G protein-coupled receptor SPRR-2 which is responsible for salt aversive learning (Peymen et al., 2019). The evolutionarily conserved Neuromeric U (NMU) neuropeptide family homolog CAPA-1 in C. elegans, is secreted from ASG neurons and alongwith its receptor NMUR-1 is required for the retrieval of learned salt avoidance behavior (Watteyne et al., 2020). In order to promote learning, ILPs have been shown to play antagonistic roles. Chen et al., have reported that INS-6 from ASI neurons suppresses the expression of INS-7 in URX neurons to enable learning (Chen et al., 2013). Similarly, FLP-34, released from the serotonergic neurons, acts through the NPR-11 receptor on the AIA interneuron for negative associative learning (Fadda et al., 2020).

Interestingly, the administration of one such neuropeptide, i.e., Neuropeptide S (NPS) into the APP/PSI mouse model of Alzheimer’s disease (AD), has been shown to result in the reduction of β-Amyloid plaques indicating the clinical relevance of employing neuropeptides in treating age related disorders of the brain (Zhao et al., 2019). Neuropeptide S is also shown to promote olfactory, and spatial memory in rodent models (Wang et al., 2020). These studies bring out the importance of understanding the role of neuropeptides in different forms of learning and memory.



Addiction Behavior

Substance abuse is a growing concern of societies around the world. It refers to the illicit and/or excessive use of psychoactive drugs, including alcohol. Chronic use of these drugs alters the expression of several key players in the neuronal substrate resulting in a state of tolerance and gradual addiction. Apart from voluntary priming to these drugs, stress has been attributed to one of the leading causes of addiction [reviewed in Schank et al. (2012)]. Alcohol is a commonly used drug, and the physiological effects associated with it have been studied extensively. Alcohol induces effects in a dose-dependent manner ranging from dysregulation in limb coordination, impaired speech at lower doses to even death at higher doses. Although several genes are implicated in addiction behavior, the mechanism by which binge episodes of alcohol consumption lead to addiction, however, remain largely elusive. Caenorhabditis elegans shows sedation and defects in locomotion in response to alcohol at a concentration similar to that seen in humans (Davies et al., 2003; Mitchell et al., 2007; Pandey et al., 2021). Therefore, C. elegans, with a simple nervous system and easy genetic manipulation, serves as a good model system for studying addiction behaviors and their underlying molecular mechanism. Caenorhabditis elegans exhibit multiple behaviors in response to attractant or aversive cues. Chemotaxis and locomotion changes are some of the well-established behaviors that can be utilized for addiction studies. In this part of the review, we will be focusing on the role of neuropeptides in addiction.

Most studies regarding addiction focus on circuitry that controls tolerance, withdrawal, and relapse pathways. Dopamine signaling, for that matter, has been well studied [reviewed in Wise (2004), Hyman et al. (2006)]. Another important gene encoding the calcium sensitive potassium (BK) channel has gained attention as one of the key players in addiction behavior. BK channels are activated to mediate behavioral responses to alcohol with mechanisms that may be conserved across multiple systems (Davies et al., 2003; Pietrzykowski and Treistman, 2008; Kreifeldt et al., 2013; Velazquez-Marrero et al., 2016).

The role of neuropeptides in addiction related behaviors is poorly understood. However, hints indicating possible roles for neuropeptides in addictive behaviors in vertebrate systems and C. elegans have started to emerge (Mitchell et al., 2010; Schank et al., 2012). An intriguing study by Thiele et al., has opened a new avenue indicating the role of neuropeptide signaling in addiction. They show that neuropeptide Y (NPY) levels inversely control the ethanol intake and resistance in rats. The study further reports that animals lacking NPY are resistant to ethanol induced effects even though the plasma concentration of ethanol is similar to controls showing the behavior (Thiele et al., 1998). Infusion of NPY in CNS also shows reduced intake of alcohol post tolerance in rats (Thorsell et al., 2007). Previous evidence has indicated that NPY levels are higher in ethanol preferring rats than in ethanol non-preferring animals (Ehlers et al., 1998). This neuroadaptive circuit functioning through NPY is conserved, and in C. elegans acts through NPY receptor-like protein, NPR-1. Ethanol exposure leads to downregulation of the NPR-1 pathway suggesting that the development of acute tolerance is negatively regulated by NPR-1 signaling (Davies et al., 2004).

Addiction-related withdrawal and relapse are mainly associated with a negative emotional state of elevated anxiety and stress and CRF, being a stress neuropeptide, has been shown to mediate these behaviors [reviewed in Heilig and Koob (2007), Koob (2008)]. The levels of CFR increase during the ethanol withdrawal period and subsequently decrease after ethanol intake (Merlo Pich et al., 1995; Olive et al., 2002). The withdrawal related anxiogenic effect is relieved in animals treated with CRF antagonist alarmin or alpha-helical CRF confirming the role of CFR in withdrawal associated behavior (Rassnick et al., 1993; Funk and Koob, 2007). As discussed till now, it is clear that CFR and NPY exert opposing effects in ethanol related behaviors. The mechanism for this antagonism was parsed out recently (Pleil et al., 2015). These exciting results show that NPY activation inhibits CFR neurons through a Gi-mediated PKA-dependent postsynaptic mechanism to reduce withdrawal response and ethanol intake. Likewise, in C. elegans, a CFR receptor-like protein, SEB-3, positively regulates acute tolerance to ethanol. SEB-3 is a potential receptor for neuropeptide NLP-49 and mutants in seb-3 (gf) phenocopy withdrawal behavior showing increased tremors in C. elegans (Jee et al., 2013). Endogenous cannabinoid signaling has also been parsed out in C. elegans. A putative neuropeptide receptor NPR-19 (mammalian homolog of CB1 receptor) mediates the cannabinoid signaling in these animals and inhibits the aversive response to nociception (Oakes et al., 2019).

The puzzle is still far from complete, and many more pieces are yet to be found. Although neuropeptide research regarding addiction has recently gained momentum, a plethora of questions remains unanswered. Interesting to note here is that several candidate ligands of neuropeptide receptors, already implicated in addiction, are potential candidates for screening. Moreover, neuropeptides released in response to stress and regulating arousal can be interesting molecules for further studies. Even though some receptors are known to play an essential role in ethanol-induced behavior, their site of action and their circuitry are still largely unknown. Together, these findings and further work with multiple model organisms can serve an important role in designing potential therapeutics to treat relapse and reward behaviors associated with substance abuse.



CONCLUSION

Organisms bring change in their activities in response to both intrinsic and extrinsic cues. These changes are referred to as the organism’s behavior. In this review, we have summarized the results from various studies to understand the complex mechanisms underlying behaviors and how neuropeptides regulate them. We also provide insight into multiple neuropeptide-based behaviors using C. elegans as a model system. Neuropeptides, once released, are not re-uptaken and therefore continue transmitting information until they are degraded or their signal is inhibited [reviewed in Russo (2017)]. Hence, neuropeptides are interesting molecules to study sustained physiological responses. In this regard, neuropeptides are emerging as crucial modulators of several behaviors, including some discussed in this review.

As discussed in this review, neuropeptidergic signaling plays a pivotal role in relaying the information between the neurons during the execution of behaviors and is conserved across the phyla. For instance, Neuropeptide Y is one of the major neuromodulators of feeding, sleep, memory, and learning in humans. Likewise, in C. elegans, Neuropeptide Y/RFamide- like receptors called NPR regulates a broad spectrum of behaviors, including feeding, locomotion, mating, etc., Neuropeptide or neuropeptide receptor mutants show behavioral defects which can be easily scored as a phenotype for analyses. These behavioral studies have helped in developing several C. elegans disease models to extrapolate the findings to human diseases. Caenorhabditis elegans based disease models for multiple conditions including epilepsy, autism and neurodegenerative disorders continue to allow is to understand the molecular pathways and biomarkers associated with these diseases (Dexter et al., 2012; Wong et al., 2018; Rawsthorne et al., 2021).

With emerging researchers’ interest in investigating the role of neuropeptides in relation to behavioral studies, a plethora of questions remain unanswered. (1) How multiple neuropeptides act in concert to execute a particular behavior? (2) Identifying the pleiotropic effects of a neuropeptide through its multiple sites of action. (3) Deciphering the crosstalk between different neuropeptides during complex behaviors. (4) Understanding stimulus-response relationship due to slow and extended-release of neuropeptides.

Addressing these and other questions will help to elucidate the complex mechanism of behaviors and could allow for developing therapeutic strategies to treat the disorders associated with defects in neuropeptide signaling.
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Calcium-dependent synaptic vesicle exocytosis is mediated by SNARE complex formation. The transition from the Munc18-1/syntaxin-1 complex to the SNARE complex is catalyzed by the Munc13-1 MUN domain and involves at least two conformational changes: opening of the syntaxin-1 linker region and extension of Munc18-1 domain 3a. However, the relationship and the action order of the two conformational changes remain not fully understood. Here, our data show that an open conformation in the syntaxin-1 linker region can bypass the requirement of the MUN NF sequence. In addition, an extended state of Munc18-1 domain 3a can compensate the role of the syntaxin-1 RI sequence. Altogether, the current data strongly support our previous notion that opening of the syntaxin-1 linker region by Munc13-1 is a key step to initiate SNARE complex assembly, and consequently, Munc18-1 domain 3a can extend its conformation to serve as a template for association of synaptobrevin-2 and syntaxin-1.
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INTRODUCTION

Neurotransmitter release is mediated by the calcium-dependent exocytosis of synaptic vesicles (Südhof and Rizo, 2011). Synaptic vesicles loaded with neurotransmitters are transported to the presynaptic active zone, docked at the presynaptic membrane, and primed for release in an ATP-dependent manner. Upon Ca2+ influx, the vesicles fuse with the presynaptic membrane to release neurotransmitters into the synaptic cleft (Südhof and Rizo, 2011; Jahn and Fasshauer, 2012). The core fusion machinery for synaptic exocytosis comprises three SNAREs (soluble N-ethylmaleimide-sensitive-factor-attached protein receptors), including syntaxin-1, synaptobrevin-2, and SNAP-25 (Brunger, 2005; Jahn and Scheller, 2006). The SNAREs form a tight SNARE complex, consisting of a four-helix bundle, to bring the two membranes together and drive membrane fusion (Sutton et al., 1998; Weber et al., 1998; Stein et al., 2009). To achieve the exact regulation of exocytosis, numbers of other SNARE regulatory proteins are required, including Munc18-1 and Munc13-1 (Malsam et al., 2008; Jahn and Fasshauer, 2012; Rizo and Xu, 2015).

In neurons, deficiency of Munc18-1 or Munc13s impedes the release of neurotransmitters (Augustin et al., 1999; Richmond et al., 1999; Verhage et al., 2000). Munc18-1 binds tightly to syntaxin-1 to form the Munc18-1/syntaxin-1 complex (Misura et al., 2000; Burkhardt et al., 2008; Colbert et al., 2013), which chaperones syntaxin-1 to the plasma membrane (Arunachalam et al., 2008; Han et al., 2009). However, in this complex, Munc18-1 locks syntaxin-1 in a “closed” conformation, preventing syntaxin-1 from entering the SNARE complex (Dulubova et al., 1999; Yang et al., 2000). This might lead to the accumulation of vesicle in the docking stage (Toonen et al., 2006; Han et al., 2011). In the vesicle priming process, Munc13-1 catalyzes the transition from the Munc18-1/syntaxin-1 complex to the SNARE complex in the presence of synaptobrevin-2 and SNAP-25 (Ma et al., 2011). The NF (N1128, F1131) sequence in the middle of the Munc13-1 MUN domain interacts with the RI (R151, I155) sequence in the syntaxin-1 linker region (Yang et al., 2015; Wang et al., 2017). During the transition, two conformational changes occur, the opening of the syntaxin-1 linker region and the extension of Munc18-1 domain 3a (Misura et al., 2000; Margittai et al., 2003; Parisotto et al., 2014; Munch et al., 2016; Wang et al., 2017). Previous studies have shown that either a L165A/E166A (LEAA) mutation of syntaxin-1 that helps to open its linker region or a P335A mutation of Munc18-1 that promotes its domain 3a extension can facilitate vesicle exocytosis in neurons and neuroendocrine cells (Dulubova et al., 1999; Gerber et al., 2008; Martin et al., 2013; Han et al., 2014; Munch et al., 2016; Park et al., 2017). Interestingly, in C. elegans, overexpression of the syntaxin-1 LEAA or Munc18-1 P335A variants rescued vesicle exocytosis defects caused by deletion of unc13, the invertebrate homolog of Munc13s (Richmond et al., 2001; Hammarlund et al., 2007; Park et al., 2017), suggesting that the conformational changes of the syntaxin-1 linker region and Munc18-1 domain 3a are highly related with the function of Munc13-1. At least two questions are raised: which conformational change represents the decisive step in the transition of the Munc18-1/syntaxin-1 complex to the SNARE complex, and how do the two conformational changes couple? In previous in vitro studies, we have found that both the syntaxin-1 LEAA mutant and the Munc18-1 P335A mutant could initiate the transition of the Munc18-1/syntaxin-1 complex to the SNARE complex in the absence of the MUN domain (Yang et al., 2015; Wang et al., 2020). In addition, our in vitro results suggest that the opening of syntaxin-1 linker region driven by the MUN domain leads to the extension of domain 3a (Wang et al., 2020). However, the physiological relevance of our conclusions derived from in vitro data has not been tested.

In this study, we investigate the relationship between the two conformational changes using in vivo electrophysiological experiments and in vitro FRET and native-PAGE assay. Our results confirmed the notion that Munc13-1 activates the Munc18-1/syntaxin-1 complex via driving the two conformational changes, wherein opening of the syntaxin-1 linker region by the Munc13-1 MUN domain result in the extension of Munc18-1 domain 3a. Taken together, our data strongly suggest that opening of the syntaxin-1 linker region by Munc13-1 is a key step to initiate SNARE complex assembly.



MATERIALS AND METHODS


Plasmid Construction

The shRNAs of syntaxin-1, Munc13-1, and Munc18-1 were used as previously reported (Zhou et al., 2013; Wang et al., 2017, 2020). To knockdown the syntaxin-1a and 1b, the shRNA oligonucleotides (sense sequences: TCGACCAGAGGCAGCTGGAGATCACTTCAAGAGAGTGA TCTCCAGCTGCCTCTGGTTTTTTGGAAAT and CGCGCC CGATCATCATTTGCTGTGTGTTCAAGAGACACACAGCAA ATGATGATCATTTTTTTGGAAA) were designed to target two conserved regions, and inserted into XhoI/XbaI and AscI/RsrII sites of lentiviral vector L309, respectively. The shRNA oligonucleotides (sense sequences: GTCTGT CCACTCTCTCATCCCATGGGATGAGAGAGTGGACAGAC) were inserted into XhoI/XbaI sites of L309 to silence the Munc18-1 expression. To silence the expression of Munc13-1, the shRNA oligonucleotides (sense sequences: CCGGCCCGTGTGAAACAAAGGTTTACTCGAGTAAACCT TTGTTTCACACGGGTTTTT) were inserted into XhoI/XbaI sites of L309. Munc18-1 and its mutant sequences, syntaxin-1 and its mutant sequences, or Munc13-1 C1C2BMUN domain and its mutant sequences were inserted into the BamHI/EcoRI sites.

Rat Munc18-1 (residues 1–594), Munc18-1 mutants P335A, KKEE (K332E K333E), and rat syntaxin-1, syntaxin-1 mutants LEAA, RIAA were cloned into pGEX-KG vector that includes an N-terminal GST tag. Full-length rat synaptobrevin-2 were cloned into pGEX-6p-1 vector. Rat Mun13-1 MUN domain were constructed into pET28a vector.



Cell Culture

HEK293T cells (CRL-11268, ATCC) were cultured in Dulbecco’s modified Eagle’s medium (Gibco), supplemented with 10% (v/v) fetal bovine serum and penicillin-streptomycin (50 and 50 μg/mL).

Neuron cultures were obtained from the cortex of newborn Kunming mice as described previously (Wang et al., 2019). Briefly, the cerebral cortex was dissected from postnatal day 0 (P0) mice, digested with 0.25% trypsin at 37°C for 12 min, blown and sucked into single cells. The single cell suspension was obtained after passing the cell strainer. Neurons were planted on glass coverslips coated with poly-L-lysine and cultured in the medium MEM (Gibco) supplemented with 0.5% (w/v) glucose, 100 mg/L transferrin, 5% (v/v) fetal bovine serum, 2% (v/v) B27 (Gibco), and 2 mM Ara-C (Sigma). The culture medium was changed on DIV (day in vitro) 1, 4 and 9, in the manner of 500 μL out and 600 μL in. Neurons were infected with lentiviruses at DIV 5–7, and analyzed at DIV13–14.

Neurons and HEK293T cells were all grown at 37°C, 5% CO2 in a cell incubator (Thermo).



Lentivirus Preparation

Lentivirus preparation from HEK293T cells as described previously. In brief, lentivirus vectors (L309 or its constructions) and three helper plasmids (pRSV-REV, pMDLg-pRRE, and pVSVG) were co-transfected by polyethylenimine (PEI) into HEK293T cells. The ratio of each component was L309: pRSV-REV: pMDLg-pRRE: pVSVG: PEI = 3: 2: 2: 1: 24. The plasmids and PEI were in the medium Opti-MEM (Gibco), incubated for 30 min at room temperature, and added into the HEK293T cells. The cell culture medium containing virus was harvested at 48 h after transfection, and then precleaned with 1,000 g centrifuge. The virus-containing medium was overlaid on a sucrose-containing buffer (50 mM Tris–HCl pH 7.4, 100 mM NaCl, 0.5 mM EDTA) at 4:1 (v/v), and centrifuged in 10,000 g for 4 h at 4°C (Jiang et al., 2015). After centrifugation, the buffer and medium were removed. PBS buffer was added into the tube carefully and incubated in a 4°C fridge overnight for virus resuspension. All steps were carried out under level II biosafety conditions.



Electrophysiological Recording

Electrophysiological recording was performed in whole-cell patch clamping mode by using HEKA EPC10 amplifier as described previously (Gong et al., 2016). Micropipettes were pulled from borosilicate glass capillary tubes (Word Precision Instruments) by using P-97 puller (Sutter instruments). The micropipette solution contained 120 mM CsCl, 10 mM HEPES, 10 mM EGTA, 0.3 mM Na-GTP, 3 mM Mg-ATP. Adjust the pH to 7.2–7.4 with CsOH, and adjust the osmotic pressure with dd H2O to about 305. Add 5 mM QX-314 to the micropipette solution before use for the evoke release recording. The bath solution contained 140 mM NaCl, 5 mM KCl, 2 mM MgCl2, 2 mM CaCl2, 10 mM HEPES, and 10 mM glucose. Adjust the pH to 7.2–7.4 with NaOH, and adjust the osmotic pressure with dd H2O to about 315. Inhibitory postsynaptic currents (IPSCs) were isolated by adding the AMPA and NMDA receptor blockers CNQX (20 μM) and AP-5 (50 μM) to the bath solution. Evoked IPSC was recorded in the stimulus pulse (90 μA) mini IPSCs were recorded in the presence of tetrodotoxin (1 μM) for action-potential blocking. Sucrose IPSC was measured with a 0.5 M sucrose application in the bath solution. Electrophysiological data analyzed by Clampfit 10 (Molecular devices).



Protein Expression and Purification

All recombinant proteins were expressed in Escherichia coli BL21 (DE3) and purified as described previously (Wang et al., 2020). In short, the cells were grown to the OD600 ≈ 0.8 at 37°C and induced by 0.5 mM IPTG (isopropyl-β-thiogalactoside) at 16 or 20°C. Cultured cells were harvested by centrifugation at 5,000 g, 4°C for 20 min, resuspended by PBS, and lysed with high pressure crusher in the presence of 1 mM PMSF (phenylmethanesulfonyl fluoride), 5 mM DTT (1,4-dithio-DL-threitol), and 1 mM EDTA (pH 8.0), then centrifugated at 31,000 g. For the GST-fused proteins, the supernatants were collected and mixed with glutathione Sepharose 4B (GE Healthcare) affinity media. Thrombin (Sigma) was used for removing GST fusion tag. For hexa-histidine-tagged proteins, the supernatants were collected and mixed with Nickel-NTA agarose (Qiagen) affinity media, and eluted with buffer containing 300 mM imidazole. The eluted proteins were further purified by size-exclusion chromatography. All recombinant proteins were expressed in Escherichia coli BL21 (DE3) and purified as described previously (Wang et al., 2020). In short, the cells were grown to the OD600 ≈ 0.8 at 37°C and induced by 0.5 mM IPTG (isopropyl-β-thiogalactoside) at 16 or 20°C. Cultured cells were harvested by centrifugation at 5,000 g, 4°C for 20 min. For GST-fused proteins, cells were resuspended by PBS (pH 7.4) supplemented with 1 mM PMSF (phenylmethanesulfonyl fluoride), 5 mM DTT (1,4-dithio-DL-threitol), and 1 mM EDTA (pH 8.0), lysed with high pressure crusher and then centrifugated at 31,000 g. the supernatants were collected and mixed with glutathione Sepharose 4B (GE Healthcare) affinity media. Thrombin (Sigma) was used for removing GST tag. For hexa-histidine-tagged proteins, cells were resuspended with Tris–HCl buffer (50 mM Tris–HCl pH 8.0, 150 mM NaCl, 10% glycerol) containing 5 mM imidazol. Cells were lysed and centrifugated as GST-fused proteins. The supernatants were incubated with Nickel-NTA agarose (Qiagen) affinity media. Hexa-histidine-fused proteins bound to agarose affinity media were eluted with Tris–HCl buffer buffer containing 300 mM imidazole. Both eluted proteins were further purified by size-exclusion chromatography.



Native PAGE

Native gel was prepared with polyacrylamide without SDS. To obtain the Munc18-1/syntaxin-1 complex, purified Munc18-1 and syntaxin-1 were incubated together in the ratio of 1.2:1 at 4°C overnight. Then, the Munc18-1/syntaxin-1 (3 μM/2.5 μM) complex was mixed with synaptobrevin-2 (10 μM) and SNAP-25 (10 μM), with or without Munc13-1 MUN domain (30 μM) at 30°C for 2 h. Then samples were mixed with 5 × loading buffer and electrophoresis was carried out at 4°C for 2 h in 15% native gel. Gels were stained with Coomassie Brilliant Blue.



Ensemble FRET Assay

Purified synaptobrevin-2 (residues 29–93, with mutation of S61C) and SNAP-25 (with native cysteines mutated to serine and mutation of Q197C) were mixed and labeled with donor-dye BODIPY FL-maleimide (Molecular Probes) and acceptor dye tetramethylrhodamine-5-maleimide. The ratio of protein and dye was 1:5. The mixture rotated overnight at 4°C avoiding light in buffer containing 25 mM HEPES (pH 7.4), 150 mM KCl, and 10% (v/v) glycerol. Excess dyes were removed by PD-10 desalting columns (GE Healthcare) after addition of 10 mM DTT. To obtain the Munc18-1/syntaxin-1 or its mutant complex, Munc18-1, or its mutants P335A/KKEE and syntaxin-1 or its mutants LEAA/RIAA were pre-incubated with a ratio of 1.5:1 at 4°C overnight. The labeled synaptobrevin-2 (2 μM) and SNAP-25 (10 μM) were mixed with Munc18-1/syntaxin-1 (5 μM) or its mutant complex (5 μM) and Munc13-1 MUN domain (30 μM). All ensemble FRET experiments were performed by a QM 40 spectrofluorometer (Photon Technology Incorporated) in a 1-cm quartz cuvette at 30°C. The excitation and emission wavelength were 485 and 513 nm. FRET efficiency was calculated by the formula: E = (F0-Fobs)/F0 × 100% (E: FRET efficiency; F0: the initial fluorescent intensity; Fobs, the observed fluorescent intensity).



Statistical Analysis

Prism 6.01 (GraphPad) was used for statistical analysis, all of which are described in figure legends.




RESULTS


Syntaxin-1 LEAA Bypasses the Requirement for Munc13-1 NF Sequence in Vesicle Exocytosis

In our previous in vitro studies, we showed that the opening of synatxin-1 linker region and the extension of Munc18-1 domain 3a are driven by the interaction of the Munc13-1 MUN domain with the Munc18-1/syntaxin-1 complex (Wang et al., 2017, 2020). To verify this in vivo, we employed the crucial mutations that were previously identified (Figure 1), including N1128A/F1131A in Munc13-1 MUN domain (Yang et al., 2015), R151A/I155A and L165A/E166A in the syntaxin-1 linker region (Dulubova et al., 1999; Wang et al., 2017), and K332E/K333E and P335A in the Munc18-1 domain 3a (Han et al., 2014; Parisotto et al., 2014; Wang et al., 2020). The NF sequence in the MUN domain and RI sequence in the syntaxin-1 linker region correspond to the essential binding sites responsible for the MUN domain targeting to the syntaxin-1 linker region (Figure 1C). The syntaxin-1 LEAA mutation helps to open the syntaxin-1 linker region (Wang et al., 2017) and the Munc18-1 P335A mutation promotes the extension of domain 3a (Parisotto et al., 2014).


[image: image]

FIGURE 1. The schematic diagrams show the crucial sequences of Munc13-1, Munc18-1, and syntaxin-1. (A) Domain depictions of Munc13-1 C1C2BMUN, syntaxin-1, and Munc18-1. Mutations used in this paper are shown below, including N1128A/F1131A on C1C2BMUN domain, R151A/I155A or L165A/E166A on the syntaxin-1 linker region, and K332E/K333E or P335A on the Munc18-1 domain 3a. TMR, transmembrane region. (B) Crystal structure overview of MUN domain (PDB ID 4Y21) and Munc18-1/syntaxin-1 (PDB ID 3C98). Munc18-1 domain 3a and syntaxin-1 linker region are shown in blue and orange, respectively. Mutating residues are highlighted with red sticks. (C) Enlarged views of labels correspond to residues that were mutated. Two orientations rotating 180° with respect to each other are shown.


We used a knockdown (KD)-rescue approach in cultured mouse cortical neurons. The endogenous expression of Munc13-1 and syntaxin-1 (syntaxin-1a and 1b) was suppressed by lentivirus-delivered short hairpin RNAs (shRNAs), as previously reported (Zhou et al., 2013; Wang et al., 2017). We then monitored synaptic exocytosis with the expression of the main functional domain of Munc13-1, C1C2BMUN, or its NFAA mutant, as well as syntaxin-1a or its LEAA mutant. Expression of C1C2BMUN and syntaxin-1a rescued both the frequency of spontaneous mini IPSCs and the amplitude and charge transfer of action potential-evoked IPSCs (Figures 2A,B). In contrast, the NFAA mutant of C1C2BMUN cannot rescue any of these parameters (Figures 2A,B), implying that the NFAA mutant fails to support synaptic vesicle exocytosis, consistent with previous results (Wang et al., 2017). Interestingly, the expression of the syntaxin-1 LEAA mutant rescued the defects caused by the C1C2BMUN NFAA mutation, suggesting that the opening of the syntaxin-1 linker region bypasses the role of the Munc13-1 NF sequence in both spontaneous and evoked release. In addition, the mini IPSC amplitude was unchanged under all conditions (Figure 2A), ruling out major postsynaptic effects of these mutant proteins.
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FIGURE 2. The syntaxin-1 LEAA mutant bypasses the requirement of Munc13-1 NFAA mutation in synaptic vesicle exocytosis. (A) Sample traces (left), summary graphs of frequency (middle) and amplitude (right) of mini IPSC recorded from cultured cortical neurons that were infected with lentivirus expressing the Munc13-1 shRNAs (M13-1 KD), Munc13-1 C1C2BMUN or its NFAA mutant (M13-1 C1C2BMUN-NF), and wild-type syntaxin-1a (Syx-1a WT) or its LEAA mutant (Syx-1a LE). (B) Sample traces (left), summary graphs of amplitude (middle), and charge transfer (right) of evoked IPSC recorded from neurons that are described in (A). (C) Sample traces (left), summary graphs of charge transfer (right) of sucrose evoked IPSC recorded from neurons that described in (A). Data information: Numbers of cells/independent cultures analyzed are listed in the bars. Data shown in summary graphs are mean values ± SEM. Statistical significance was analyzed by Student’s t-test, *p < 0.05; ***p < 0.001.


We next analyzed vesicle priming by characterizing the size of the readily releasable pool of vesicles induced by the application of a hypertonic sucrose solution (Rosenmund and Stevens, 1996). The significant decrease in the sucrose-induced charge transfer observed in neurons expressing the C1C2BMUN NFAA mutant was rescued by expressing the syntaxin-1 LEAA mutant but not by expressing wild-type (WT) syntaxin-1 (Figure 2C). Therefore, these in vivo data indicate that the open form of syntaxin-1 linker region (syntaxin-1 LEAA) can compensate the function of the Munc13-1 NF sequence in priming of synaptic vesicles.



Syntaxin-1 LEAA Is Equal to the Function of the MUN NF Sequence in SNARE Assembly

We thought to verify the above results by using a previously established native-PAGE assay that can detect the transition from the Munc18-1/syntaxin-1 complex to the SNARE complex catalyzed by the MUN domain (Wang et al., 2020). Consistent with previous results, the transition to the SNARE complex assembly from the Munc18-1/syntaxin-1 complex was promoted by the MUN domain but not by the MUN NFAA mutant in the presence of synaptobrevin-2 and SNAP-25 (Figure 3A). However, when the Munc18-1/syntaxin-1 LEAA mutant was used, the transition can be promoted the MUN NFAA mutant (Figure 3A), suggesting that the open form of syntaxin-1 compensate the function of the NF sequence in SNARE assembly.
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FIGURE 3. The syntaxin-1 LEAA mutant is equal to the function of MUN NFAA mutation in SNARE assembly. (A) The SNARE complex assembly from Munc18-1/syntaxin-1 (Munc18/Syx WT) or Munc18-1/syntaxin-1 LEAA mutant (Munc18/Syx LE) with addition of synaptobrevin-2 (Syb), SNAP-25, MUN domain or MUN NFAA mutant (NF) detected by native gel. (B) The SNARE complex assembly from Munc18-1/syntaxin-1 (Munc18-1/Syx-1 WT) or Munc18-1/syntaxin-1 LEAA mutant (Munc18-1/Syx-1 LE), in the absence or presence of synaptobrevin-2, SNAP-25, MUN domain or MUN NFAA mutant (MUN NF) detected by FRET assay. FRET between the BODIPY FL-labeled synaptobrevin-2 (donor) and TMR-labeled SNAP-25 (acceptor) was monitored. (C) Summary graphs of FRET efficiency calculated from (A). Data shown in summary graphs are mean values ± SD, n = 3. Statistical significance was analyzed by Student’s t-test, ***p < 0.001; ****p < 0.0001.


We further characterized the function of the syntaxin-1 LE sequence using an ensemble FRET assay (Wang et al., 2017). The FRET experiments demonstrated that the NFAA mutation abrogated the MUN-catalyzed transition to the SNARE complex from the Munc18-1/syntaxin-1 complex (Figures 3B,C). Likewise, the syntaxin-1 LEAA mutant promoted the transition to the SNARE complex by rescuing the defects caused by the NFAA mutation (Figures 3B,C).

Collectively, our data confirmed that the MUN domain is crucial for synaptic vesicle release due to the functional importance of its NF sequence in the transition from the Munc18-1/syntaxin-1 complex to the SNARE complex. Moreover, our results showed that the open form of the syntaxin-1 linker region was equal to the function of the Munc13-1 NF sequence, emphasizing that syntaxin-1 linker region opening is driven by the Munc13-1 MUN interaction with Munc18-1/syntaxin-1.



An Extension State of Munc18-1 Domain 3a Overcomes the Defect of the Syntaxin-1 Linker Region Opening in Vesicle Exocytosis

Two conformational changes occur in the Munc18-1/syntaxin-1 complex upon its activation by Munc13-1. However, the relationship between the two conformational changes under physiological conditions has not been fully understood. Our previous in vitro studies have shown that the opening of syntaxin-1 linker region driven by the MUN domain leads to the extension of Munc18-1 domain 3a (Wang et al., 2020). The MUN domain was unable to open the linker region when syntaxin-1 contains the RIAA mutation, as the RI sequence mediates interaction with the MUN NF pocket (Wang et al., 2017). To further figure out the action order of the two conformational changes, we suppressed the endogenous expression of Munc18-1 and syntaxin-1 (syntaxin-1a and 1b) using lentivirus-delivered shRNAs in mouse cortical neurons. We found that the expression of the syntaxin-1 RIAA mutant decreased both the frequency of mini IPSCs and the amplitude and charge transfer of evoked IPSCs (Figures 4A,B), which is consistent with previous findings (Wang et al., 2017). Interestingly, this defect was rescued by the expression of Munc18-1 P335A, but not by Munc18-1 WT (Figures 4A,B). These results imply that Munc18-1 P335A bypasses the opening of syntaxin-1 linker region in synaptic vesicle exocytosis.
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FIGURE 4. The Munc18-1 P335A mutant supports synaptic vesicle exocytosis in neurons expressing syntaxin-1 RIAA mutant. (A) Sample traces (left), summary graphs of frequency (middle) and amplitude (right) of mini IPSC recorded from cultured cortical neurons that were infected with lentivirus expressing the syntaxin-1 shRNAs (Syx-1 KD), wild-type syntaxin-1a (Syx-1a WT) or its RIAA mutant (Syx-1a RI), and wild-type Munc18-1 (Munc18-1WT) or its P335A mutant (Munc18-1 P335A). (B) Sample traces (left), summary graphs of amplitude (middle), and charge transfer (right) of evoked IPSC recorded from neurons that are described in (A). (C) Sample traces (left), summary graphs of charge transfer (right) of sucrose evoked IPSC recorded from neurons that described in (A). Data information: Numbers of cells/independent cultures analyzed are listed in the bars. Data shown in summary graphs are mean values ± SEM. Statistical significance was analyzed by Student’s t-test, **p < 0.01; ***p < 0.001.


In addition, we analyzed vesicle priming, as accessed by measurements of the readily releasable vesicle pool (Figure 4C). As before, the decrease in sucrose-induced charge transfer in neurons expressing the RIAA mutant was rescued by expressing Munc18-1 P335A but not Munc18-1 WT (Figure 4C), indicating that Munc18-1 P335A could overcome the defect of opening of sytanxin-1 linker region in the priming of synaptic vesicles. Thus, our results suggest that the extension of domain 3a actions downstream of syntaxin-1 linker region opening. Our data confirm that the extension of Munc18-1 domain 3a results from of the interaction of the Munc18-1/syntaxin-1 complex with Munc13-1 MUN domain.



An Extension State of Munc18-1 Domain 3a Rescues the Defect of the Syntaxin-1 Linker Region Opening in SNARE Assembly

To corroborate the above results, we used native-PAGE and ensemble FRET assays to analyses the MUN-catalyzed transition from the Munc18-1/syntaxin-1 complex to the SNARE complex. Consistent to previous results, the syntaxin-1 RIAA mutant abolished SNARE complex formation in the presence of MUN (Figure 5 and Supplementary Figure 1), confirming that RI residues are crucial for the MUN-catalyzed transition to the SNARE complex. However, the SNARE complex formed when Munc18-1 P335A was complexed with the syntaxin-1 RIAA mutant (Figure 5 and Supplementary Figure 1), indicating that the defect caused by syntaxin-1 RIAA was rescued by Munc18-1 P335A. Our results suggest that the extension of domain 3a bypasses the requirement for opening of syntaxin-1 linker region in SNARE complex assembly.
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FIGURE 5. The Munc18-1 P335A rescues the defect of syntaxin-1 RIAA mutant in SNARE assembly. (A) The SNARE complex assembly from Munc18-1/syntaxin-1 RIAA mutant (Munc18-1 WT/Syx-1 RI) or Munc18-1 P335A mutant/syntaxin-1 RIAA mutant (Munc18-1 P335A/Syx-1 RI), synaptobrevin-2, SNAP-25, with or without MUN domain detected by FRET assay. FRET between the BODIPY FL-labeled synaptobrevin-2 (donor) and TMR-labeled SNAP-25 (acceptor) was monitored. (B) Summary graphs of FRET efficiency calculated from (A). Data shown in summary graphs are mean values ± SD, n = 3. Statistical significance was analyzed by Student’s t-test, ***p < 0.001.


In summary, the above results suggest that the extension of Munc18-1 domain 3a and the opening of the syntaxin-1 linker region are caused by the interaction between MUN and Munc18-1/syntaxin-1. The extension of domain 3a is a subsequent event following the opening of syntaxin-1 linker region.



Syntaxin-1 LEAA Rescues the Munc18-1 Domain 3a KKEE Mutation in Vesicle Exocytosis and SNARE Assembly

Synaptic exocytosis and SNARE complex assembly can occur when Munc18-1 domain 3a is extended (P335A mutant, gain-of-function) even when the syntaxin-1 linker region adopts a closed conformation (RIAA mutant, loss-of-function). However, when the syntaxin-1 linker region is in a constitutive opened state (LEAA, gain-of-function), it is unclear whether the state of Munc18-1 domain 3a influences synaptic exocytosis. According to previous results, the KKEE mutation in domain 3a abolishes the vesicle exocytosis because of its inability to interact with the H3 domain of syntaxin-1 which impedes the Munc18-1 function in templating SNARE complex assembly. Hence, we use the Munc18-1 KKEE mutant and the syntaxin-1 LEAA mutant to address this issue.

The endogenous expression of Munc18-1 and syntaxin-1 (syntaxin-1a and 1b) was suppressed by lentivirus-delivered shRNAs in mouse cortical neurons, as described above. The Munc18-1 KKEE mutant, which abolished the template function of domain 3a, was unable to rescue the decrease in the mini IPSC frequency, the evoked IPSC amplitude, or the evoked charge transfer. Overexpression of the syntaxin-1 LEAA mutant rescued the decrease in the mini IPSC frequency and evoked IPSC amplitude and charge transfer caused by Munc18-1 KKEE (Figures 6A,B). We also analyzed vesicle priming (Figure 6C). Likewise, the decrease in sucrose-evoked charge transfer caused by the Munc18-1 KKEE mutant was rescued by expressing the syntaxin-1 LEAA mutant, but not by syntaxin-1 WT (Figure 6C), indicating that the opening of the syntaxin-1 linker region promotes vesicle priming in a way that is not dependent on binding of domain 3a to the syntaxin-1 H3, which is not expected. To address this in vitro, we further conducted a SNARE complex assembly experiment using FRET assay. The KKEE mutant of Munc18-1 abolished the transition of Munc18-1/syntaxin-1 to the SNARE complex catalyzed by MUN (Figure 7). However, the syntaxin-1 LEAA mutant promoted the formation of the SNARE complex by rescuing the defects caused by the KKEE mutation (Figure 7). A plausible explanation is that the syntaxin-1 LEAA combined with the Munc18-1 KKEE mutation exerts a strong effect leading to the escape of the syntaxin-1 H3 from Munc18-1 clamping. In this circumstance, the H3 assembles with synaptobrevin-2 and SNAP-25 to form the SNARE complex in a manner independent of Munc18-1 and Munc13-1.
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FIGURE 6. The syntaxin-1 LEAA mutant rescues the KKEE mutation of Munc18-1 in synaptic vesicle release. (A) Sample traces (left), summary graphs of frequency (middle) and amplitude (right) of mini IPSC recorded from cultured cortical neurons that were infected with lentivirus expressing the Munc18-1 shRNAs (Munc18-1 KD), wild-type Munc18-1 (Munc18-1 WT) or its KKEE mutant (Munc18-1 KKEE), and wild-type syntaxin-1a (Syx-1a WT) or its LEAA mutant (Syx-1a LE). (B) Sample traces (left), summary graphs of amplitude (middle), and charge transfer (right) of evoked IPSC recorded from neurons that described in (A). (C) Sample traces (left), summary graphs of charge transfer (right) of sucrose evoked IPSC recorded from neurons that described in (A). Data information: Numbers of cells/independent cultures analyzed are listed in the bars. Data shown in summary graphs are mean values ± SEM. Statistical significance was analyzed by Student’s t-test, *p < 0.05; **p < 0.01; ***p < 0.001.
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FIGURE 7. The syntaxin-1 LEAA mutant overcomes the KKEE mutation of Munc18-1 in SNARE assembly. (A) The SNARE complex assembly from Munc18-1 KKEE mutant/syntaxin-1 (Munc18-1 KKEE/Syx-1) or Munc18-1 KKEE mutant/syntaxin-1 LEAA mutant (Munc18-1 KKEE/Syx-1 LE), synaptobrevin-2, SNAP-25, with or without MUN domain detected by FRET assay. FRET between the BODIPY FL-labeled synaptobrevin-2 (donor) and TMR-labeled SNAP-25 (acceptor) was monitored. (B) Summary graphs of FRET efficiency calculated from (A). Data shown in summary graphs are mean values ± SD, n = 3. Statistical significance was analyzed by Student’s t-test, ****p < 0.0001.





DISCUSSION

Previous studies have shown that two conformational changes in the Munc18-1/syntaxin-1 complex are involved in the transition to the SNARE complex, including (i) transition of the linker region of syntaxin-1 from a defined structure to a random coil (Misura et al., 2000; Margittai et al., 2003; Wang et al., 2017) and (ii) transition of domain 3a of Munc18-1 from a bent to an extended conformation (Parisotto et al., 2014; Munch et al., 2016; Jiao et al., 2018). The two conformational changes are mediated by the MUN domain that interacts with Munc18-1/syntaxin-1. Q301/K308 residues on the domain 3a of Munc18-1 and residues R151/I155 on the syntaxin-1 linker region collaborate to provide the interaction sites for the MUN domain (Wang et al., 2017, 2020). In this study, we investigated the relationship between these two conformational changes using both in vitro FRET and native-PAGE and in vivo electrophysiological assays.

First, we investigated the relationship between the syntaxin-1 linker region and the Munc13-1 MUN domain and found that the constitutively open form of syntaxin-1 is equal to the function of the MUN NF sequence in the process of SNARE assembly and vesicle exocytosis (Figures 2, 3). Our results further confirmed that the opening of the syntaxin-1 linker region is driven by Munc13-1 MUN interacting with the Munc18-1/syntaxin-1 complex (Figures 2, 3). A previous study reported that in C. elegans, syntaxin-1 LEAA could partially rescued the knockout of unc-13 (Richmond et al., 2001). Here, our results showed this function is conserved in mouse neurons. Notably, the syntaxin-1 LEAA mutant yielded limited rescue of Munc13-1–knockout mouse (Lai et al., 2017). We speculate that this difference is due to the expression of the C1C2BMUN NFAA mutant in cultured neurons instead of Munc13-1 knockout. The C1C2BMUN may have donated other sites than NF sequences in the interaction with Munc18-1/syntaxin-1. These other potential sites may interact with Q301/K308 of Munc18-1 domain 3a, which mediates the interaction between MUN and Munc18-1/syntaxin-1 (Wang et al., 2020). Besides, full-length Munc13-1 has additional functions beyond opening the syntaxin-1 linker region, such as membrane tethering and recruiting synaptobrevin-2 and SNAP-25 (Quade et al., 2019; Kalyana Sundaram et al., 2021).

Second, we investigated the relationship between the two conformational changes, and found that the domain 3a P335A mutant overcomes the requirement for syntaxin-1 RI sequences (Figures 4, 5), implying that the extension of domain 3a resulted from MUN interacting with the Munc18-1/syntaxin-1 complex, and is the subsequently step following the syntaxin-1 linker region opening. In addition, our previously experimental details need to be noted: (i) addition of the MUN domain enhanced the efficiency of SNARE complex assembly the transition when using Munc18-1 P335A but not when using syntaxin-1 LEAA; and (ii) single-molecule fluorescence resonance energy transfer (smFRET) experiments revealed that the linker region of syntaxin-1 adopted the closed conformation when bound to Munc18-1 P335A mutant. Altogether, we speculated that the opening of the syntaxin-1 linker region driven by the MUN domain is an early event, leading to the extension of domain 3a. The available data support the notion that the opening of the syntaxin-1 linker region leads to the extension of domain 3a (Wang et al., 2020). Similarly, the Munc18-1 P335A variant is equal to the function of syntaxin-1 RI sequences here, while in C. elegans, Munc18-1 P335A could partially rescued the phenotype of unc-13 knockout, as previously reported (Park et al., 2017). Notably, in our previous study, Munc18-1 P335A partially overcame the SNARE assembly defect caused by loss of the MUN domain (Wang et al., 2020). This is likely because the syntaxin-1 RIAA mutant was expressed in our cultured neurons, which only abolished interaction with MUN NF sequences, not the absence of Munc13-1. This further suggests that other sites in the MUN domain are likely to be involved in the interaction with Munc18-1/syntaxin-1.

Third, we further explored the relationship between the syntaxin-1 linker region and Munc18-1 domain 3a, and found that once the syntaxin-1 linker is open, SNARE assembly and vesicle priming and fusion occur, no matter whether Munc18-1 domain 3a binds to the syntaxin-1 H3 (Figures 6, 7). According to previous results, the KKEE mutation in domain 3a abolishes SNARE complex assembly and vesicle release because of the inability of the variant to interact with the H3 domain of syntaxin-1 and template SNARE complex assembly. However, we found that the constitutively open form of the syntaxin-1 linker region fully rescued exocytosis in neurons, even when domain 3a was in an inactive state. We suspected that syntaxin-1 LEAA mutation in combination with the Munc18-1 KKEE mutation causes a strong effect on the conformation of syntaxin-1, leading to the escape of the H3 from Munc18-1 clamping and thus allowing the assembly in a way independent of Munc18-1 and Munc13-1.

The available data suggest that a conformational change in the syntaxin-1 linker region is key to initiate exocytosis and SNARE complex assembly. Unfortunately, we have not directly observed the dynamic conformation change in Munc18-1 domain 3a even with the single-molecule FRET experiments, because of its cysteine enrichment, which renders specific FRET-pair labeling difficult. It is hoped that with the future development of super-high-resolution microscopy, we will be able to observe the interactions and conformational changes of these key synaptic proteins directly and dynamically.

Overall, our results and those of previous studies illustrate the temporal and spatial relationships of the three synaptic proteins Munc13-1, Munc18-1, and syntaxin-1. First, Munc18-1 binds to syntaxin-1 to form the Munc18-1/syntaxin-1 complex, preventing SNARE complex assembly. The Munc13-1 MUN domain then interacts with the Munc18-1/syntaxin-1 complex to open the syntaxin-1 linker region. Subsequently, Munc18-1 domain 3a extends to template SNARE assembly.
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Perinatal Penicillin Exposure Affects Cortical Development and Sensory Processing

James Perna†, Ju Lu†, Brian Mullen, Taohui Liu, Michelle Tjia, Sydney Weiser, James Ackman and Yi Zuo*

Department of Molecular, Cell and Developmental Biology, University of California, Santa Cruz, Santa Cruz, CA, United States

Edited by:
Yang Yang, ShanghaiTech University, China

Reviewed by:
Haiyan He, Georgetown University, United States
Xiao-Hong Lu, Louisiana State University Health Sciences Center Shreveport, United States

*Correspondence: Yi Zuo, yizuo@ucsc.edu

†These authors have contributed equally to this work and share first authorship

Specialty section: This article was submitted to Neuroplasticity and Development, a section of the journal Frontiers in Molecular Neuroscience

Received: 02 May 2021
Accepted: 22 November 2021
Published: 22 December 2021

Citation: Perna J, Lu J, Mullen B, Liu T, Tjia M, Weiser S, Ackman J and Zuo Y (2021) Perinatal Penicillin Exposure Affects Cortical Development and Sensory Processing. Front. Mol. Neurosci. 14:704219. doi: 10.3389/fnmol.2021.704219

The prevalent use of antibiotics in pregnant women and neonates raises concerns about long-term risks for children’s health, but their effects on the central nervous system is not well understood. We studied the effects of perinatal penicillin exposure (PPE) on brain structure and function in mice with a therapeutically relevant regimen. We used a battery of behavioral tests to evaluate anxiety, working memory, and sensory processing, and immunohistochemistry to quantify changes in parvalbumin-expressing inhibitory interneurons (PV+ INs), perineuronal nets (PNNs), as well as microglia density and morphology. In addition, we performed mesoscale calcium imaging to study neural activity and functional connectivity across cortical regions, and two-photon imaging to monitor dendritic spine and microglial dynamics. We found that adolescent PPE mice have abnormal sensory processing, including impaired texture discrimination and altered prepulse inhibition. Such behavioral changes are associated with increased spontaneous neural activities in various cortical regions, and delayed maturation of PV+ INs in the somatosensory cortex. Furthermore, adolescent PPE mice have elevated elimination of dendritic spines on the apical dendrites of layer 5 pyramidal neurons, as well as increased ramifications and spatial coverage of cortical microglia. Finally, while synaptic defects are transient during adolescence, behavioral abnormalities persist into adulthood. Our study demonstrates that early-life exposure to antibiotics affects cortical development, leaving a lasting effect on brain functions.
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INTRODUCTION

Antibiotics have revolutionized medicine and saved countless lives. Over the past few decades, they have been extensively used in pediatric care in developing and developed countries alike (Rogawski et al., 2017; Youngster et al., 2017). In the United States, medical professionals prescribe antibiotics, particularly β-lactam antibiotics such as penicillin, more than any other drug to infants and young children (Hicks et al., 2015; Hales et al., 2018). Furthermore, antibiotics are widely used during pregnancy and as intrapartum prophylaxis, which may indirectly expose the child to antibiotics (Stokholm et al., 2013; Persaud et al., 2015). However, accumulating evidence suggests that early-life antibiotic exposure may have long-lasting adverse effects on the health and wellness of children (Clausen et al., 2016; Ahmadizar et al., 2017), particularly with regards to brain development (Rogers et al., 2016). Early-life antibiotic exposure has been epidemiologically correlated with lower intelligence, reading, and social scores as well as higher behavioral difficulty scores, suggesting that it may be a risk factor for attention deficit (hyperactivity) disorder (ADD/ADHD) as well as depression and anxiety disorders (Slykerman et al., 2017). Penicillin exposure in the second and third trimesters have also been associated with an increased risk of autism spectrum disorder (ASD) (Atladottir et al., 2012). Corroborating these findings, rodents subjected to various antibiotic regimens have been found to exhibit a number of behavioral abnormalities, including decreased sociability (Desbonnet et al., 2014; Leclercq et al., 2017), increased anxiety-like behaviors (Tochitani et al., 2016), and increased visceral hypersensitivity (O’Mahony et al., 2014).

Sensory processing refers broadly to the processes in which the animal receives, interprets, integrates, and responds to sensory information. It develops through early life in an experience-dependent manner (Lickliter, 2011). Abnormal sensory processing has been observed in a number of neurodevelopmental disorders including ADHD (Mangeot et al., 2001; Parush et al., 2007) and ASD (Ben-Sasson et al., 2009; Marco et al., 2011), in which defects are strongly associated with symptoms of depression and anxiety (Reynolds and Lane, 2009; Mazurek et al., 2013; Bitsika et al., 2016). In these diseases, sensory processing defects may manifest as hyper- or hypo-sensitivity to sensory stimuli as well as impaired discrimination abilities (Ghanizadeh, 2011; American Psychiatric Association, 2013). As defects in sensory processing can be quantitatively measured and analyzed in rodent models as well as human patients, they may serve as biomarkers for neurological and neuropsychiatric disorders (Sinclair et al., 2017; Harrison et al., 2019).

Synapses, the sites where neurons communicate with each other, are fundamental units of information processing in the brain (Sudhof and Malenka, 2008). Neural circuits in the mature brain emerge from the pruning of supernumerary synapses, and neural circuit reconfiguration hinges upon the continual formation and elimination of synapses (Holtmaat and Caroni, 2016; Bennett et al., 2018). Abnormal synaptic pruning thus leads to circuit mis-wiring and abnormal neuronal activities, and underlies various neurodevelopmental and neuropsychiatric disorders (Keshavan et al., 1994; Irwin et al., 2000; Thomas et al., 2016). In addition, the synaptic circuit is shaped by microglia, the resident immune cells in the central nervous system (Mosser et al., 2017). Microglia tile the neural parenchyma, exhibit a ramified morphology, and continuously extend and retract their processes to survey their immediate environment (Davalos et al., 2005; Thion and Garel, 2017). Recent studies further show that microglia contribute to the modulation of neuronal activity as well as synaptic dynamics and plasticity (Tremblay et al., 2010; Li et al., 2012). During postnatal brain development, they facilitate synaptic pruning by complement activation and subsequent phagocytosis (Paolicelli et al., 2011; Schafer et al., 2012); in adolescent and mature brains they regulate experience-dependent synaptic plasticity (Tremblay et al., 2010; Rogers et al., 2011; Parkhurst et al., 2013; Sipe et al., 2016). Altered microglial morphology, dynamics, and interactions with neuronal synapses have been found in many neurological and psychiatric diseases (Yirmiya et al., 2015; Tay et al., 2017; Yokokura et al., 2021).

In this study, we investigated how early-life antibiotic exposure affects sensory processing in a mouse model. We subjected mice to a therapeutically relevant perinatal penicillin exposure (PPE) regimen. We found that PPE significantly increased sensorimotor gating and decreased the ability to discriminate between textures. Such behavioral alterations were accompanied by increased spontaneous neuronal activities and delayed maturation of inhibitory neuronal circuits. Furthermore, PPE accelerated synaptic pruning on cortical excitatory neurons and increased the ramification and structural dynamics of microglia therein. Our findings shed light on the potential mechanisms underlying the long-term effects of PPE on the developing brain.



MATERIALS AND METHODS


Experimental Animals

Snap25-GCaMP6s (JAX#025111), Thy1-YFP-H (JAX#003782), and Cx3cr1-GFP (JAX#005582) mouse lines were purchased from The Jackson Laboratory and maintained on the C57BL/6J background. Mice were group-housed in the UCSC animal facility, with 12 h light-dark cycle and access to food and water ad libitum. Mice of both sexes were used in the study. All animal studies were performed in accordance with protocols approved by the Institutional Animal Care and Use Committee (IACUC) of UCSC.



Perinatal Penicillin Exposure

We followed a published PPE regimen (Leclercq et al., 2017). Briefly, phenoxymethylpenicillin (penicillin V) was administered to pregnant dams in the drinking water (31 mg/kg bodyweight per day) from embryonic day 16 (E16) to postnatal day 15 (P15).



Behavioral Tests

Home cages were moved from the colony room to the behavior room at least 30 min prior to any handling or experiment. Animals were handled 5 min per day for 2 days in the behavior room prior to any behavioral test to acclimate them to the experimenter and the environment.


Spontaneous Alternation Y-Maze

The Y-maze is an opaque plastic arena composed of three 35 cm × 7 cm arms diverging at 120° angles. During the test, the subject mouse was placed at the center of the Y-maze and allowed to roam freely and uninterrupted for 15 min. Behavior was recorded using an ELP USB camera with 2.8–12 mm VARIFOCAL lens (Cat# ELP-USBFHD04H-FV) and analyzed with a custom-written program in Bonsai (Lopes et al., 2015). Number of entries and percentage of alternation were recorded as previously described (Gue et al., 2004).



Whisker-Dependent Texture Discrimination

Whisker-dependent texture discrimination test was performed as previously described (Chen et al., 2018). All behavior was recorded using a Basler acA1300-60gm GigE camera and EthoVision XT V10.0. Mice exhibiting insufficient interest (<16 total interactions or <10 s total interaction time) or a column bias (>60% interactions with one column) during encoding were excluded.



Prepulse Inhibition of the Acoustic Startle Response

The Kinder Scientific Acoustic Startle system (Cat# SM1000-II) was used to evaluate ASR and PPI. The mouse was acclimated to the restrainer with 65 dB white noise (15 min/days for 2 days). On day 3, it underwent the ASR test, starting with a 5-min acclimation. Then it was exposed to a series of white noise stimuli (70, 80, 90, 100, 110, or 120 dB; 40 ms each, 10 stimuli per loudness) in a pseudo-random order, with a variable inter-trial interval of 10–25 s. A group of five consecutive stimuli (40 ms 120 dB white noise) were presented immediately before and after the 60 trials. Maximum responses were recorded for each trial and averaged for each loudness level.

On day 4, the mouse underwent the PPI test starting with a 5-min acclimation. Then it was exposed to a series of white noise stimuli (seven types, 10 stimuli each) presented in a pseudo-random order, with a variable inter-trial interval of 10–25 s. One of the seven types consisted of a single 40 ms 120 dB white noise (startling stimulus). The remaining six types each consisted of a non-startling prepulse (40 ms white noise, 67, 69, 71, 73, 75, or 77 dB) followed by a 40 ms 120 dB white noise stimulus 100 ms later. A group of five consecutive stimuli (40 ms 120 dB white noise) were presented immediately before and after the 70 trials. Maximum responses were recorded for each trial and averaged for each stimulus type (Rmax). Percent inhibition was calculated as [image: image]




Mesoscopic in vivo Ca2+ Imaging

The Snap25-GCaMP6s mouse (P21) was anesthetized with 2.5% isoflurane and placed on a heating pad to maintain body temperature. Ophthalmic ointment was applied to the eyes and 1% lidocaine was applied to the scalp. The scalp was then carefully excised to expose the skull. Cyanoacrylate glue was used to secure two head bars to the skull, one across the back of the skull and the other on the lateral parietal bone. While still anesthetized, the mouse was transferred to a rotating disk apparatus with its head bar fastened to the head fixation platform and allowed to recover for 1 h, after which mesoscopic imaging started. Images were taken through a pair of photographic lenses in tandem (focal length 50 mm, F = 1.2 and 5.6, respectively) coupled to a scientific cMOS camera (PCO Edge 5.5, ∼ 6.5 μm pixel resolution; PCO AG, Kelheim, Germany). A pair of blue light-emitting diodes (470 nm, Cat# M470L3, Thorlabs) provide the excitation light, each beam passing through a 480/30 nm bandpass filter (Cat# AT480/30x, Chroma Technology). Emitted fluorescence was collected through a 520/36 nm bandpass filter (Cat# 67-044, Edmund Optics). In each imaging session, 16-bit images (2,560 × 2,160 pixels) were collected at 10 Hz frame rate for 10 min. Each mouse underwent two imaging sessions before being euthanized.

For image analysis, we first used a mask generated from a single image frame to select pixels belonging to the brain for further processing. We computed ΔF/F0 per pixel using its mean value throughout the entire time series as F0. Then we applied an independent component analysis (ICA) pipeline custom-written in Python to decompose the Ca2+ image series into eigenvectors, and manually removed eigenvectors corresponding to vascular and other artifacts. From images re-built with neural eigenvectors we defined domain maps and aligned them to the Allen Brain Atlas to determine to which anatomical regions they belong.

Wavelet coherence between domains was computed using custom-written code based on the software provided by Torrence and Compo1. We implemented a morlet wavelet (ω = 4) and functions of wavelet coherence (Grinsted et al., 2004). We computed the wavelet coherence between each pair of domains and used a threshold of 0.4 to define whether they were coherent. In each anatomical region, we defined its coherence index as the percentage of distinct pairs of domains therein that were coherent. Analogously, for each pair of anatomical regions, we defined their mutual coherence index as the percentage of distinct pairs of domains (one from each region) that were coherent. Ca2+ events were detected by projecting through the periods of the wavelet space; each event was defined as a significant wavelet structure above the red noise threshold (Torrence and Compo, 1998). Descriptive statistics of each event were then computed, and the median of each feature was reported as a measure of each domain’s behavior.



Immunohistochemistry for Parvalbumin and Perineuronal Net

Mice were transcardially perfused with 4% paraformaldehyde (PFA) in 0.1 M PBS. Brains were post-fixed in 4% PFA at 4°C overnight and then cryopreserved (30% sucrose, 0.01M PBS, 0.05% NaN3). 50 μm-thick coronal sections were cut using a vibratome (Cat# VT1000S, Leica Biosystems), incubated first in a blocking solution (5% normal goat serum, 5% BSA, 0.2% Triton X-100 in PBST), then with a mouse anti-PV primary antibody (MAB1572, Millipore; 1:1000) for 72 h at 4°C, and next with a goat-anti-mouse secondary antibody conjugated to Alexa Fluor 594 (Cat# A-11032, Thermo Fisher Scientific, 1:500) for 2 h at room temperature (RT). Sections were then incubated with biotinylated Wisteria Floribunda Lectin (WFL; Cat# B-1355, Vector Laboratories; 1:200) and subsequently with streptavidin conjugated to Alexa Fluor 488 (Cat# S32354, Thermo Fisher Scientific; 1:200) for 2 h at RT. Sections were counterstained with DAPI (1:36,000) and mounted with Vectashield (Cat# H-1000, Vector Laboratories). Images of the barrel cortex were captured on a Zeiss Axio Imager Z2 widefield microscope with apotome using a 10x/0.45 NA objective lens. Cells that were PV+ or surrounded by WFL immunostaining were marked using Stereo Investigator 11 (MBF Bioscience), and their densities were calculated using Neurolucida Explorer 11 (MBF Bioscience).



Immunohistochemistry for Microglia Density and Morphological Analysis

To examine microglia density, 50 μm-thick coronal sections were incubated first in a peroxidase solution (0.6% H2O2, 1% methanol, 0.01M PBS), followed by a blocking solution (10% normal donkey serum, 5% BSA, 0.7% PBST), and then with a goat anti-Iba1 primary antibody (Cat# ab5076, Abcam, 1:1000) for 72 h at 4°C. Sections were finally incubated with a biotinylated donkey-anti-goat secondary antibody (Cat# 017-000-121, Jackson ImmunoResearch Laboratories; 1:200) for 2 h at RT, and treated with the VECTASTAIN Elite ABC system (Cat# PK-6100, Vector Laboratories). Sections were then counterstained with DAPI (1:36,000) and mounted onto slides with Fluoromount-G (Cat# 00-4958-02, Thermo Fisher Scientific). Images were captured on a Zeiss Axio Imager Z2 widefield microscope using a 10x/0.45 NA objective. Microglia density was quantified using Neurolucida Explorer 11 (MBF Bioscience).

To examine microglia morphology, 50 μm-thick coronal sections were incubated first in the blocking solution and then with a goat anti-Iba1 primary antibody as above. Sections were then incubated with a donkey-anti-goat secondary antibody conjugated to Alexa Fluor 488 (Cat# A11055, Thermo Fisher Scientific, 1:1000), counterstained and mounted as above. Images were taken on a Zeiss 880 confocal microscope using a 63x/1.4 NA oil-immersion objective and analyzed using IMARIS (Bitplane). Microglia with all processes entirely contained within the image stack were identified, and a ROI was generated around each using the IMARIS surface function. Microglia were reconstructed with the IMARIS filament tracer function using autopath (no loop allowed), with spurious or missing filament traces manually removed or appended. The number of terminal points, total process length, convex hull volume, and number of Sholl intersections were exported from IMARIS.



In vivo Transcranial Imaging of Dendritic Spine and Microglial Dynamics

The procedure for thin skull preparation, imaging, spine and microglia analyses were performed as described previously (Davalos et al., 2005; Xu et al., 2009). Imaging was performed on a Bruker Ultima Investigator 2P microscope equipped with a Spectra-Physics Mai Tai laser operating at 940 nm. Spine image stacks were acquired using a 16x/0.8 NA water immersion objective (CFI75 LWD 16X W, Nikon Instruments) at 12x optical zoom with z-step = 1 μm and analyzed using ImageJ. For microglial imaging, a time series of a single image plane was acquired with a 40x/0.8 NA lens at 4x optical zoom at an interval of 10 s for 25 min and analyzed using IMARIS. Typically, 7–11 terminal tips were analyzed per cell. Terminal tip length was calculated by measuring the distance from the tip to the first node using the IMARIS semi-automatic tracer function every 5 min. Net length change was calculated by summing the difference in length between subsequent timepoints for each terminal tip across 25 min. Absolute length change was calculated by summing the absolute value of the difference in length change between subsequent time points for each terminal tip across 25 min.



Statistical Analyses

Statistical analyses were performed using GraphPad Prism 8.4. The Shapiro–Wilk test was used to check for normality and to determine whether parametric or non-parametric tests were to be used. Data presented as bar graphs show the mean with error bars or shades representing the SEM; data presented as boxplots show the minimum, the first quartile, the median, the third quartile, and the maximum.




RESULTS


Perinatal Penicillin Exposure Impairs Texture Discrimination in Adolescent Mice

Mice use their whiskers, highly specialized and sensitive peripheral tactile sensing structures, to acquire tactile and spatial information about their surroundings. This information is relayed to the barrel cortex (S1BF) for further processing, which ultimately shapes behavioral responses (Petersen, 2007; Feldmeyer et al., 2013). To examine how PPE affects sensory processing, we gave penicillin (31 mg/kg bodyweight per day) to pregnant dams in their drinking water starting on embryonic day (E) 16 to postnatal day (P) 15 (Figure 1A). As penicillin is absorbed by mammalian cells, crosses the placenta, and is secreted in milk, pups were exposed to penicillin both in utero and via nursing (Chung et al., 2002; Doi and Chambers, 2015). This delivery method does not affect the daily liquid intake of the dam (Supplementary Figure 1) and avoids the stress of gavage or injection to the pups.
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FIGURE 1. PPE impairs WTD and sensorimotor gating, but not exploratory activity or working memory. (A) Timeline of PPE and behavioral assessments. (B) Schematic of WTD task. (C) PPE mice behave similarly as controls (Ctrl) in the encoding phase [unpaired t-test, t(11) = 1.549, p = 0.150], but show significantly diminished novelty-preference in the testing phase [unpaired t-test, t(11) = 3.279, p < 0.01]. (D) Ctrl and PPE mice spend a comparable amount of time investigating the textures in both the encoding [unpaired t-test, t(11) = 0.6563, p = 0.525] and the testing phase [unpaired t-test, t(11) = 0.0295, p = 0.977]. (E) Schematic of the Y-maze arena. (F) PPE does not affect the number of arm entries (Mann–Whitney test, U = 96, p = 0.262). (G) PPE does not affect the percentage of spontaneous alternation [unpaired t-test, t(30) = 0.5636, p = 0.577]. (H) Louder acoustic stimulus evokes greater ASR in both Ctrl and PPE mice [two-way ANOVA, main effect of volume, F(5,204) = 127.4, p < 1 × 10–4], with no significant difference between the two groups [two-way ANOVA, main effect of treatment, F(1,204) = 0.1207, p = 0.729]. (I) Louder prepulse stimulus attenuates ASR more in both Ctrl and PPE mice [two-way ANOVA, main effect of prepulse volume, F(5,186) = 15.09, p < 1 × 10–4]. PPE mice exhibit significantly greater inhibition of ASR than Ctrl mice [two-way ANOVA, main effect of treatment, F(1,186) = 32.85, p < 1 × 10–4]. Post hoc Bonferroni’s multiple comparison test shows that with 75 and 77 dB prepulses, the mean inhibition is significantly different between PPE and Ctrl mice (p < 0.05 for both). Hereinafter unless stated otherwise, n = number of mice; *p < 0.05, **p < 0.01, ***p < 0.001 or less.


PPE mice grossly followed the same developmental trajectory as controls (Supplementary Figure 2). When PPE mice reached adolescence (1 month of age), we subjected them to the whisker-dependent texture discrimination (WTD) task (Figure 1B), a behavioral paradigm that takes advantage of the rodent’s innate preference for novelty to assay sensory processing (Wu et al., 2013; Chen et al., 2018). While control mice spent significantly more time investigating the column coated with the novel texture than the one with the familiar texture, PPE mice lost such preference (Supplementary Figure 3). To quantify such preference, we defined a discrimination index (DI) as the amount of time spent interacting with one texture (e.g., the novel) minus that with the other texture (e.g., the familiar), normalized by the total amount of interaction time. PPE mice exhibited comparable DI in the encoding phase as controls, but significantly lower DI in the testing phase than controls (Figure 1C). The diminution of DI in PPE mice is not due to a lack of interest in texture exploration, as they spent a comparable time investigating the columns as controls during both encoding and testing (Figure 1D). Nor is the lack of novelty preference due to increased anxiety or impaired working memory, as PPE mice performed normally in the open field maze (Supplementary Figure 4) and the Y-maze spontaneous alternation test (Figures 1E–G).



Perinatal Penicillin Exposure Alters Sensorimotor Gating in Adolescent Mice

Sensorimotor gating refers to the phenomenon whereby sensory stimuli suppress motor responses. It can be assayed via the prepulse inhibition (PPI) of the acoustic startle response (ASR), in which a non-startling acoustic stimulus (prepulse) preceding a startling stimulus attenuates the startle response to the latter (Ouagazzal and Meziane, 2012). We found that higher startle volumes elicited increasingly larger ASRs in both control and PPE mice, without significant difference in the mean startle responses between the two groups (Figure 1H). In the PPI test, we observed that increased prepulse volumes elicited significantly greater percent inhibition of ASR in both control and PPE animals. Interestingly, PPE mice exhibited significantly higher percent inhibition than controls. The difference in percent inhibition was most significant when the 120-dB startle stimulus was preceded by the loudest prepulse stimuli (Figure 1I).



Perinatal Penicillin Exposure Alters the Functional Network of Cortical Neurons in Adolescent Mice

Next, we used mesoscopic in vivo Ca2+ imaging (Vanni and Murphy, 2014) to monitor cortical neural activities in early adolescent (P21) control and PPE Snap25-GCaMP6s mice. These mice express the genetically encoded Ca2+ indicator GCaMP6s across cortical neurons. With an intact skull, the illumination intensity is greatest at the superficial layers. Furthermore, due to light scattering in the brain tissue, signals from neuronal somata in deep layers are widespread at the surface (Waters, 2020). Therefore, neurons in superficial layers, as well as apical dendrites of deeper layer neurons, together contribute most significantly to the recorded signal. We used an independent component analysis pipeline (pySEAS) (Weiser et al., 2021) to isolate neuronal activities and identify distinct functional domains. Domain maps generated by pySEAS have been shown to be very similar across imaging sessions within the same animal, and share structural similarities across animals (Weiser et al., 2021). We further assigned each functional domain to one of the ten cortical regions defined by the Allen Brain Atlas (Figure 2A). We found that PPE and control mice had comparable number of domains per cortical region (Figures 2B,C). Using coherence analysis (Grinsted et al., 2004) to quantify synchronous activities, we further showed that PPE did not significantly alter the level of coherence either between domains within a cortical region or between pairs of cortical regions (Supplementary Figure 5). However, PPE increased the duration of spontaneous Ca2+ events in most cortical regions including the barrel cortex, which we further investigated below (Figure 2D).
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FIGURE 2. PPE affects mesoscopic spatiotemporal organizations of cortical neuronal activities. (A) Schematic of the mesoscale Ca2+ imaging and data processing pipeline. (B) Representative regionalized domain maps of Ctrl and PPE mouse cortices. (C) PPE does not change the number of domains per cortical region (df = 6, q > 0.4 for all regions). (D) PPE significantly increases Ca2+ event duration in domains of S1BF, S1C, RSC, mM (q < 1 × 10–6), V+ (q < 1 × 10–5), oS1, S2, Aud (q < 0.01), and V1 (q < 0.05); df = 1695 for all comparisons. All q-values are given by multiple t-tests with FDR correction using the two-stage Benjamini-Krieger-Yekutieli procedure. n = number of mice (C) or number of domains (D). *p < 0.05, **p < 0.01, ***p < 0.001 or less.




Perinatal Penicillin Exposure Perturbs the Maturation of Parvalbumin-Expressing Inhibitory Interneurons in the Barrel Cortex

Parvalbumin-expressing inhibitory interneurons are the predominant type of interneurons in the mammalian cortex (Rudy et al., 2011). They mature postnatally and play important roles in feedforward inhibition and sensory processing (Atallah et al., 2012; Lee et al., 2012). During early adolescent development, perineuronal nets (PNNs; extracellular proteoglycan matrices) assemble around these cells. PNNs are thought to be involved in the closure of critical periods and thus may serve as markers for the functional maturity of cortical circuits (Carulli and Verhaagen, 2021). To determine how PPE affects the development of PV+ INs in the S1BF, we stained brain slices collected from adolescent (P45) mice with an anti-PV antibody and Wisteria floribunda lectin/agglutinin (WFL/WFA), a lectin that binds the aggrecan component of PNNs (Figure 3A). We found that the PV+ IN density in S1BF L4, but not L2/3 or L5/6, was significantly lower in PPE mice than in controls (Figure 3B). Additionally, the percentage of PV+ INs that were surrounded by WFL+ PNNs was significantly lower in L5/6, but not L2/3 or L4 of the S1BF of PPE mice compared to controls (Figure 3C). Together, these defects resulted in a significant decrease in the density of S1BF PV+ INs that were surrounded by WFA+ PNNs in deeper cortical layers (L4 and L5/6) in PPE mice as compared with controls (Figure 3D).
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FIGURE 3. PPE perturbs the maturation of S1BF PV+ INs during adolescence. (A) Representative images of immunohistochemistry for PV and WFL in the S1BF of Ctrl and PPE mice. Scale bar = 100 μm. (B) PPE significantly decreases PV+ cell density in L4 [t(17) = 3.304, p < 0.01], but not L2/3 [t(17) = 0.6082, p = 0.551] or L5/6 [t(17) = 1.448, p = 0.166]. Unpaired t-tests for all. (C) PPE significantly decreases the percentage of PV+ cells that are WFL+ in L5/6 [unpaired t-test, t(17) = 3.735, p < 0.01], but not L2/3 [unpaired t-test, t(17) = 0.0883, p = 0.931] or L4 [unpaired t-test with Welch’s correction, t(11.3) = 1.974, p = 0.073]. (D) PPE significantly decreases the density of neurons that are both PV+ and WFL+ in L4 [t(17) = 3.645, p < 0.01] and L5/6 [t(17) = 3.005, p < 0.01], but not in L2/3 [t(17) = 0.5625, p = 0.581]. Unpaired t-tests for all. **p < 0.01.




Perinatal Penicillin Exposure Leads to Dendritic Spine Loss in the Barrel Cortex of Adolescent Mice

Dendritic spines are highly specialized membranous structures that protrude out of the dendritic branches. Abnormal spine density and morphology are observed in a number of neuropsychiatric disorders (Blanpied and Ehlers, 2004; Penzes et al., 2011). To investigate how PPE affects dendritic spines in the S1BF, exposed Thy1-YFP-H line (Feng et al., 2000) mouse pups to PPE. These mice expressed cytoplasmic yellow fluorescent protein (YFP) in a sparse subset of L5 pyramidal neurons in the cortex, which enabled us to image dendritic spines in vivo using transcranial two-photon microscopy. We imaged spines on apical dendrites (within 150 μm below the pial surface) in S1BF of control and PPE mice at 1 month of age (Figure 4A) and found that the spine density in control mice was significantly higher than that in PPE mice (Figure 4B). Following the same dendrites over time, we further showed that spine elimination over 7 days was significantly elevated in PPE mice compared to controls (Figure 4C). In contrast, spine formation over the same period was not affected by PPE (Figure 4D).
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FIGURE 4. PPE accelerates the pruning of dendritic spines on L5 pyramidal neurons in S1BF during adolescence. (A) Examples of the same dendritic segment imaged over 7 days in vivo in Ctrl and PPE mice. Arrow: eliminated spine; arrowhead: new spine; asterisk: filopodium. Scale bar: 2 μm. (B) PPE significantly decreases spine density [unpaired t-test, t(6) = 10.77, p < 1 × 10–4]. (C) PPE significantly increases spine elimination over 7 days [unpaired t-test with Welch’s correction, t(4.639) = 9.363, p < 0.001]. (D) PPE does not affect spine formation [unpaired t-test, t(8) = 0.5474, p = 0.599]. ***p < 0.001 or less.




Perinatal Penicillin Exposure Increases the Ramification and Territorial Overlap of Microglia in the Barrel Cortex of Adolescent Mice

To evaluate the effect of PPE on microglia, we stained them with an antibody against Iba1, a constitutively expressed microglia marker (Imai and Kohsaka, 2002), in brain slices from adolescent control and PPE mice, and analyzed their density and morphology in S1BF (Figure 5A). We found that PPE affected neither the overall microglia density (Figure 5B) nor any of the layer-specific densities (Supplementary Figure 6). Interestingly, microglia in PPE mice appeared much larger (Figure 5C): they had significantly increased total process lengths (Figure 5D), more termini (Figure 5E), and larger convex hull volume (Figure 5F). Sholl analysis further revealed that microglia in PPE mice had more ramifications than controls, particularly at distances of 13–31 μm from the cell body (Figure 5G). As PPE increased the size of S1BF microglia without affecting their density, we sought to determine whether PPE affected the degree to which microglia respected the parenchymal territories of their neighbors (Figure 5H). Within the convex hulls of traced microglia, we observed significantly more termini (Figure 5I) as well as longer processes belonging to neighboring microglia (Figure 5J).
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FIGURE 5. PPE increases the ramification and territorial coverage of microglia in adolescent S1BF. (A) Representative images of immunolabeling for Iba1 in Ctrl and PPE mice. Scale bar = 100 μm. (B) Microglia density is comparable between Ctrl and PPE mice [unpaired t-test, t(11) = 0.7046, p = 0.496]. (C) Representative three-dimensional reconstructions of Ctrl and PPE microglia. Scale bar = 10 μm. (D–F) PPE significantly increases the total process length [unpaired t-test with Welch’s correction, t(82.77) = 4.861, p < 1 × 10–4; (D)], the number of terminal points [unpaired t-test, t(91) = 4.634, p < 1 × 10–4; (E)], and the convex hull volume [unpaired t-test, t(91) = 3.728, p < 0.001; (F)]. (G) PPE significantly increases microglial ramifications as shown by Sholl analysis [two-way ANOVA, main effect of treatment, F(1,5520) = 260.3, p < 1 × 10–4]. The increase is particularly significant at distances of 13–31 μm from the soma (p < 0.05 for all but 15, 16, and 18 μm, post hoc Bonferroni multiple comparisons test). (H) A cartoon illustrating neighboring microglial processes (green) entering the convex hull (light purple) of one microglia (dark purple). (I,J) PPE increases the number of terminal points [Mann–Whitney test, U = 692, p < 0.01; (I)] and the total process length [Mann–Whitney test, U = 665, p < 0.01; (J)] of neighboring microglia within the convex hulls of the traced microglia. (K) Example time-lapse in vivo 2P images of microglia in Ctrl and PPE mice. Arrows: process extension; arrowheads: process retraction. Scale bar = 10 μm. (L,M) PPE does not affect the absolute length change [Mann–Whitney test, U = 1826, p = 0.592; (L)] or the net length change [Mann–Whitney test, U = 1841, p = 0.645; (M)] of microglia terminal processes. n = number of mice (B), microglia (D–J), or terminal processes (L,M). **p < 0.01, ***p < 0.001 or less.


To investigate how PPE affects the process dynamics of microglia, we performed in vivo two-photon imaging of adolescent CX3CR1GFP/+ mice with and without PPE (Figure 5K). We found that the tips of microglia were dynamic, with comparable extensions and retractions over 25 min between control and PPE mice (Figure 5L). There was no significant difference in the net change of microglial tip length between control and PPE mice (Figure 5M). Coupled with the significant increase in the number of microglia process termini in PPE mice, these data suggest that the overall dynamics of PPE microglia at the cellular level are significantly increased.



Perinatal Penicillin Exposure-Induced Behavioral Abnormalities Persist Into Adulthood

To determine whether the effects of PPE are transient or long-lasting, we examined behavioral and neuronal phenotypes in adult mice (P90). We found that adult PPE mice continued to exhibit behavioral defects in sensory processing and sensorimotor gating. Adult PPE mice behaved normally during the encoding phase of the WTD task (Figure 6A), but lost the preference for the novel texture in the discrimination phase (Figure 6B). Interestingly, while adult PPE mice exhibited comparable ASR as age-matched controls (Figure 6C), they had lower PPI (Figure 6D), in contrast to adolescent PPE mice (Figure 1I). However, neither the density of PV+ INs nor the density of PV+ INs surrounded by WFL+ PNNs in all layers of S1BF was significantly different between adult PPE mice and controls (Figures 6E,F). Finally, adult PPE mice showed comparable dendritic spine dynamics with aged-matched controls (Figures 6G,H). Together, these results suggest that, while PPE-induced deficits in PV+ IN maturation and in cortical dendritic spine dynamics were transient, the behavioral impairment persists beyond adolescence into adulthood.
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FIGURE 6. PPE-induced behavioral and neuronal defects persist into adulthood. (A,B) Adult PPE mice show no difference in column preference during the encoding phase [(A); unpaired t-test, t(17) = 0.4792, p = 0.638], but significantly diminished novelty-preference in the testing phase [(B); unpaired t-test, t(17) = 4.647, p < 0.001]. (C) Louder acoustic stimulus evokes greater ASR in both adult Ctrl and PPE mice [two-way ANOVA, main effect of volume, F(5,138) = 43.95, p < 1 × 10–4], with no significant difference between the two treatment groups [two-way ANOVA, main effect of treatment, F(1,138) = 0.6748, p = 0.413]. (D) Louder prepulse stimulus attenuates ASR more in both adult Ctrl and PPE mice [two-way ANOVA, main effect of prepulse volume, F(5,138) = 20.70, p < 1 × 10–4]. However, adult PPE mice exhibit significantly lower inhibition of ASR than Ctrl mice [two-way ANOVA, main effect of treatment, F(1,138) = 13.79, p < 0.001]. (E) Adult PPE mice have normal density of PV+ neurons in L2/3 [t(14) = 0.2776, p = 0.785], L4 [t(14) = 0.4878, p = 0.633], and L5/6 [t(14) = 0.1750, p = 0.864] of S1BF. Unpaired t-tests for all. (F) Adult PPE mice have normal density of neurons that are both PV+ and PNN+ in L2/3 [t(14) = 0.6907, p = 0.501], L4 [t(14) = 0.7806, p = 0.448], and L5/6 [t(14) = 0.8416, p = 0.414] of S1BF. Unpaired t-tests for all. (G,H) PPE does not significantly affect spine formation [t(6) = 0.4189, p = 0.690] or elimination [t(6) = 1.452, p = 0.197] over 7 days in adult mice. Unpaired t-test for both. ***p < 0.001 or less.





DISCUSSION

In humans, late embryonic development and early postnatal life (especially the first year) is marked by pronounced structural and functional changes in the brain, including synaptogenesis, neural circuit maturation, as well as the maturation of microglia. It is also within this period that epidemiological work has revealed significant correlations between antibiotic exposure and lasting neurocognitive issues (Atladottir et al., 2012; Slykerman et al., 2017). In the mouse, an analogous neurodevelopmental period, comprising much of these processes, occurs in the final days of gestation and first few weeks of life (Stagni et al., 2015). In this study, we adopted an antibiotic exposure regimen that had been reported to elicit penicillin-associated defects in social behaviors, localized increases in neural transcription of proinflammatory cytokines, and perturbations to microbiota communities in mice (Leclercq et al., 2017). The dosage (31 mg/kg per day) is comparable with the usual therapeutic dosage for children (25–50 mg/kg per day, divided into three doses) and for adults (125–500 mg, four times per day) (Doi and Chambers, 2015). Various previous studies on perinatal antibiotic exposure used slightly longer time windows ending at P21 or P28 (Cox et al., 2014; Leclercq et al., 2017; Miyoshi et al., 2017; Lynn et al., 2018). We ended penicillin exposure at P15 to better align with the aforementioned neurodevelopmental period; this choice also avoids the complication that older pups may drink from the water bottle and thus be exposed to penicillin directly. We found penicillin-associated behavioral defects in sensory processing as well as neurobiological defects in the somatosensory cortex. Notably, some previous studies also restricted antibiotic exposure to the prenatal period or adopted a shorter postnatal exposure time window, and still found altered behavioral or immune responses in the offspring (Russell et al., 2013; Tochitani et al., 2016; Lynn et al., 2018; O’Connor et al., 2021). Whether different regimens differentially affect neuronal maturation, synaptic dynamics, and neuronal activities in the offspring remain to be investigated.

We found in adolescent PPE mice increased PPI of the ASR, but decreased PPI in adult PPE mice. This result is intriguing. The neural mechanism underlying PPI in rodents is very complex, involving multiple cortical and subcortical regions (Swerdlow et al., 2001). Further studies are necessary to dissect the circuit basis of such disparate changes in adolescent vs. adult PPE mice. We also found that PPE mice had decreased investigative preference for a novel texture in the WTD task. This deficit is accompanied by an increase in the spontaneous Ca signals in multiple cortical regions including S1BF. In a previous work (Lu et al., 2021), we showed that increased spontaneous neuronal activity in S1BF of stressed mice is associated with decreased signal-to-noise ratio (SNR) in stimulus-associated neuronal activities and impaired texture discrimination. A similar reduction in SNR may occur in PPE mice, potentially related to the decreased inhibitory inputs (see below). Furthermore, the similarity in the cytoarchitectonics across cortical regions suggests that other sensory areas may be analogously affected.

The behavioral phenotypes we observed suggest that PPE broadly affects sensory processing. Abnormal sensory processing (including sensory sensitivity and active sensing) may be correlated with, or contribute to, neuropsychiatric disorders including ASD, depression, anxiety, and obsessive-compulsive disorder (Harrison et al., 2019). In particular, abnormal sensory experiences, including those in the tactile domain, are frequent in ASD patients, and somatosensory deficits have been reported in multiple mouse models of ASD (Balasco et al., 2019). In these diseases as well as in our PPE mouse model, it is possible that sensory processing deficit is one of the co-morbid conditions, because the neural circuits associated with sensory processing and those associated with other behaviors (e.g., social behaviors) share the same set of molecular and cellular mechanisms, and genetic or environmental perturbations to such underlying mechanisms cause deficits across different circuits simultaneously. Alternatively, as defective sensory processing prevents the animal from properly perceiving environmental and social cues for appropriate reactions, it may indeed be the direct trigger of other behavioral symptoms. Thus, it has been speculated that sensory processing aberrations are part of the etiology of neuropsychiatric disorders (Harrison et al., 2019). If so, early life penicillin exposure may increase the susceptibility of children to neuropsychiatric disorders, consistent with findings in epidemiological studies.

Inhibitory interneurons are pivotal regulators of neural circuit development and function by modulating the activities of local neurons (Le Magueresse and Monyer, 2013; Tremblay et al., 2016). PV+ INs are the predominant type of INs in the cortex (Rudy et al., 2011). They mature postnatally (del Rio et al., 1994) and are believed to be particularly vulnerable to developmental perturbations; their dysfunction is thought to play a large part in various neuropsychiatric disorders (Marin, 2012; Ferguson and Gao, 2018). The finding of decreased density of PV+ INs surrounded by PNNs in the adolescent mouse S1BF suggests PPE affects the maturation of PV+ INs, which is consistent with Ca2+ imaging results showing increased spontaneous activity therein. Furthermore, PV+ INs play important roles in sensory processing: their activation facilitates perception, and their impairment is associated with defective sensory discrimination (Lee et al., 2012; Chen et al., 2018). Thus, decreased PV+ IN maturation may be one of the contributors to sensory processing impairments in adolescent PPE mice. Although the density of PV+ INs surrounded by PNNs in S1BF of PPE mice is normalized by P90, the impaired texture discrimination in these mice suggests that the transient perturbation to PV+ IN maturation disrupts the neural circuit in a permanent way. The exact site and nature of the PPE-induced circuit alterations awaits future studies.

Both synaptic and microglial abnormalities have been found in developmental neurological disorders (Frick et al., 2013; Forrest et al., 2018). Accumulating evidence has shown that microglia are important regulators of synaptic activity, dynamics, and plasticity (Tremblay et al., 2010; Rogers et al., 2011; Parkhurst et al., 2013; Sipe et al., 2016). We found that microglia in the PPE mouse cortex are hyper-ramified with higher process dynamics, and such microglial changes accompany the increases in spine elimination. Earlier studies have shown that microglia facilitate synaptic pruning by complement activation and phagocytosis during postnatal development (Paolicelli et al., 2011; Schafer et al., 2012). Conversely, they listen to and feedback on neuronal activities (Badimon et al., 2020; Umpierre and Wu, 2020). Thus, whether microglia in the PPE brain actively remove dendritic spines or simply respond to altered neuronal activity and synaptic elimination remains to be elucidated.

Human data suggest that penicillins administered to lactating women appear in trace quantities, not in therapeutic concentration, in the milk (Anderson, 1977; Chung et al., 2002). Despite inter-species differences in milk protein and lipid composition, milk pH, drug transporter systems, and anatomy (Anderson, 2018), the amount of penicillin V taken up by mouse pups from the milk is expected to be very low as well. Furthermore, little penicillin V can penetrate into the cerebrospinal fluid (Geddes et al., 2017). Therefore, the observed neural and behavioral effects likely do not result from a direct impact of penicillin V on the pup’s physiology, but rather derive indirectly from penicillin-induced dysbiosis in the dam. As the pup acquires its gut microbiota from the dam, the altered microbiota may affect neural development and behavior in the pup via various gut-brain signaling routes, including direct neural connections by the vagus nerve as well as indirectly through microbial metabolites, peptides produced by gastrointestinal cells, and immune signaling elicited by bacterial antigens (Gars et al., 2021). The exact signaling mechanism underlying PPE-induced neural and behavioral phenotypes remains to be elucidated.
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Sexually dimorphic differentiation of sex-shared behaviors is observed across the animal world, but the underlying neurobiological mechanisms are not fully understood. Here we report sexual dimorphism in neurotransmitter release at the neuromuscular junctions (NMJs) of adult Caenorhabditis elegans. Studying worm locomotion confirms sex differences in spontaneous locomotion of adult animals, and quantitative fluorescence analysis shows that excitatory cholinergic synapses, but not inhibitory GABAergic synapses exhibit the adult-specific difference in synaptic vesicles between males and hermaphrodites. Electrophysiological recording from the NMJ of C. elegans not only reveals an enhanced neurotransmitter release but also demonstrates increased sensitivity of synaptic exocytosis to extracellular calcium concentration in adult males. Furthermore, the cholinergic synapses in adult males are characterized with weaker synaptic depression but faster vesicle replenishment than that in hermaphrodites. Interestingly, T-type calcium channels/CCA-1 play a male-specific role in acetylcholine release at the NMJs in adult animals. Taken together, our results demonstrate sexually dimorphic differentiation of synaptic mechanisms at the C. elegans NMJs, and thus provide a new mechanistic insight into how biological sex shapes animal behaviors through sex-shared neurons and circuits.
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INTRODUCTION

Behavioral sex differences are observed in most, if not all animal species. Sexually dimorphic behaviors are the result of the presentation of specific neurons and synaptic connections exclusive in one sex, and/or sex-biased functional modulation of shared neurons in both sexes (Ngun et al., 2011; Portman, 2017; Choleris et al., 2018). Although the contribution of sexually dimorphic neuroanatomy in sex-specific behaviors (e.g., mating and courtship) has been extensively characterized (Ngun et al., 2011; Choleris et al., 2018), the neurobiological basis underlying sex-dependent physiological modulation of neurons and circuits common to both sexes, which ultimately generates differences in sex-shared animal behaviors, remains poorly understood.

The genetic model organism Caenorhabditis elegans has two biological sexes, XO male and XX hermaphrodite (a self-fertile female) (Herman, 2006; Barr et al., 2018). The complex and quantifiable behaviors, the fully described entire neuron lineage, as well as the completely mapped neural wiring diagram of both sexes, put C. elegans in a leading position to investigate the neurophysiological basis of sex differences in animal behavior (Hart, 2006; Hobert, 2010; Cook et al., 2019; Witvliet et al., 2021). Similar to other model organisms, C. elegans processes a number of sex-specific anatomical features in the nervous system, including male- and hermaphrodite-specific neurons and synaptic connections, which not only encode sex-specific behaviors, but also drive sexually dimorphic traits in behaviors developed in both sexes (Portman, 2017; Barr et al., 2018). For instance, the male-specific PHB-AVG synapse, which is eliminated in adult hermaphrodites during sexual maturation, facilitates mate searching in adult males (Oren-Suissa et al., 2016). In addition to sex-specific neurons and synaptic connections, sex-dependent physiological modulation of neurons presented in both sexes also encodes sexually dimorphic behaviors in C. elegans. For example, low expression of the food-associated chemoreceptor ODR-10 in AWA sensory neuron of well-fed males, one of the core sensory neurons in both sexes, promotes mate-search search (Ryan et al., 2014).

Sex differences in locomotion is one of the most prominent behaviors showing sexual dimorphism in C. elegans. Although the locomotion of males and hermaphrodites are both characterized as rhythmic sinusoidal movement, males move with a faster speed and a higher bending frequency and spend more time in exploration than hermaphrodites (Lipton et al., 2004; Barrios et al., 2008; Mowrey et al., 2014). Interestingly, this “hyperactive” locomotion in males is encoded by the lineally equivalent and almost morphologically identical motor system shared with hermaphrodites (Mowrey et al., 2014; Cook et al., 2019). As the fundamental and universal unit of the motor system, the neuromuscular junction (NMJ) in C. elegans plays a key role in the chemical signal transduction between motor neurons and muscle cells (Richmond, 2007). Excitatory acetylcholine (ACh) and inhibitory γ-aminobutyric acid (GABA) released from presynaptic motor neurons trigger muscle contraction or relaxation, respectively (Richmond, 2007). Neurotransmitter release at the NMJs in hermaphrodites has been well documented and is known to be modulated by multiple internal and external signals, such as the neuropeptide NLP-12 and the male pheromones (Hu et al., 2011; Qian et al., 2021). However, whether C. elegans motor neurons release neurotransmitters in a sexually dimorphic manner, and if so, to modulate behavioral differences between males and herapathites has not been addressed.

In this study, we aimed to investigate sex differences in worm locomotion at the synaptic level by conducing behavioral quantification, morphological analysis, and function characterization with the NMJs of both sexes. Our result showed that males exhibited enhanced locomotion velocities and superior bending angels, compared with hermaphrodite, and sex differences in worm locomotion were only observed between adult males and hermaphrodites. Correspondingly, the cholinergic NMJs exhibited adult-specific differences in synaptic structure between males and hermaphrodites. Further functional analysis of worm NMJs supported that adult males had increased neurotransmitter release and the higher calcium sensitivity of ACh and GABA release than hermaphrodites, while stronger synaptic depression and slower vesicle replenishment were observed in cholinergic NMJs in hermaphrodites. Interestingly, T-type calcium channels/CCA-1 was required for ACh release at the NMJs of males, but not hermaphrodites.



RESULTS


Adult Caenorhabditis elegans Displays Sex Differences in Locomotion

The nematode C. elegans comprises two nature sexes: male (XO) and self-fertilization hermaphrodite (XX). To compare sex differences in locomotion behavior between male and hermaphrodite worms, we quantified the sinusoidal locomotion of C. elegans on the fresh Escherichia coli OP50-seeded NGM plates at both the larval stage L4 and the adult stage (Day 2) as described previously (Liu et al., 2013; Li G. et al., 2019). Our results were consistent with previous observations (Mowrey et al., 2014) showing that the locomotion of adult males was characterized with faster velocities and higher bending angels than that of adult hermaphrodites, while no obvious sex-related motor differences were observed at the larval stage L4 (Figure 1). These results support the adult-specific behavioral differences between male and hermaphrodite worms.
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FIGURE 1. Adult C. elegans exhibits sex-specific difference in locomotion behaviors. (A) Bar graph of the locomotion speed of hermaphrodites and males at the larval stage L4 and adult stage (**p = 0.0015, t-test). (B) Bar graph of the bending angle of hermaphrodites and males in the larval stage L4 and adult stag (*p = 0.0416, t-test). Sample sizes (n numbers) are indicated in the bars of each graph. All data are represented as mean ± SEM.




Adult Caenorhabditis elegans Displays Sex-Specific Morphological Features of Cholinergic Neuromuscular Junction

Caenorhabditis elegans sinusoidal movement results from the alternating contraction and relaxation of body wall muscle cells, which are triggered by ACh and GABA released at the NMJs, respectively. The NMJ is a specialized synapse where motor neurons release chemical signals to innervate muscle activation. We therefore asked whether the synaptic structure of the NMJ also exhibits sex differences between males and hermaphrodites during development. The excitatory cholinergic and inhibitory GABAergic NMJs along the ventral nerve cord were observed with the integrated strains nuIs152 and juIs1, in which GFP-targeted synaptobrevin (SNB-1:GFP) driven by the promoter unc-129 and unc-25, respectively (Hallam and Jin, 1998; Ch’ng et al., 2008). Imaging analysis showed the average number of cholinergic puncta per 100 μm in adult males and the fluorescent intensity were significantly higher than that in adult hermaphrodites, although SNB-1:GFP puncta in GABAergic synapses did not display obvious sex-dependent differences (Figure 2). Since SNB-1 is presynaptic vesicle-associated protein required for versicle release, these results suggested that adult males host more presynaptic vesicles at NMJs than adult hermaphrodites. Because sex differences in locomotion were only observed between adult males and hermaphrodites, rather than worms at the last larval stage L4, we next investigated whether sex differences in the synaptic architecture at the NMJs are also developmental stage-dependent. We found that males and hermaphrodites at the L4 stage processed a similar number of SNB-1:GFP puncta in the cholinergic synapses along the ventral nerve cord (Figure 2C). Taken together, these results suggest that C. elegans only processes adult-specific sex differences in the excitatory cholinergic NMJs.
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FIGURE 2. Cholinergic NMJs exhibit sex-specific difference in adult C. elegans. The distribution of Punc-129:SNB-1:GFP (A) and Punc-25:SNB-1:GFP (B) at NMJs of males and hermaphrodites at the larval stage L4 and adult stage. (C) Bar graph summarizing the Punc-129:SNB-1:GFP puncta density and fluorescence from males and hermaphrodites. (D) Bar graph summarizing the Punc-25:SNB-1:GFP puncta density from males and hermaphrodites. Sample sizes (n numbers) are indicated in the bars of each graph. All data are represented as mean ± SEM (**p < 0.01, ****p < 0.0001, t-test).




Neurotransmitter Release at the Neuromuscular Junctions of Adult Males Has an Enhanced Sensitivity to Extracellular Calcium

Sex-specific anatomical features of the NMJ of adult animals promoted us to investigate the function of the NMJ in adult males and hermaphrodites. Recording postsynaptic currents in muscle cells offers a reliable and comprehensive approach for the functional evaluation of the NMJs in different species (Liu et al., 2013). With the specific intracellular solution and the bath solution for whole-cell voltage-clamp recording from muscle cells, spontaneous ACh and GABA release at the C. elegans NMJs were recorded as miniature excitatory postsynaptic currents (mEPSC) and miniature inhibitory postsynaptic currents (mIPSC) at a holding potential of −60 or 0 mV, respectively (Dong et al., 2015). We first quantified the spontaneous vesicular ACh and GABA release at the NMJs with 1 mM Ca2+ in the bath solution, which was used in the following experiments unless otherwise specified. Compared with adult hermaphrodites, adult males exhibited increased frequencies of mEPSC and mIPSC without changes in mini amplitudes (Figures 3A–G). At C. elegans NMJs, the amplitude of mEPSC and mIPSC depend on the quantal content of presynaptic vesicles and the physiological function of postsynaptic reporters at NMJs, while the frequency reflects the presynaptic activity at NMJs. The enhanced mini frequency in adult males therefore was mostly like result from an increase in presynaptic vesicle release rather than a difference at postsynaptic receptors at the NMJs between adult males and hermaphrodites.
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FIGURE 3. C. elegans males exhibit enhanced Ca2+ sensitivity of ACh and GABA release at the NMJs. (A,B) Sample traces of mEPSC recorded from the NMJs of adult hermaphrodites and males under distinct extracellular calcium ([Ca2+]e) (0, 0.1, 0.5, 1, and 5 mM). Bar graph of the frequency (C) and the amplitude (D) of mEPSC recorded from the NMJs of adult hermaphrodites and males under distinct [Ca2+]e. The Ca2+ sensitivity of spontaneous ACh release (E) and spontaneous GABA release (H) greatly enhanced in adult males. The normalized frequency of mEPSC and mIPSC is plotted as a function of [Ca2+]e. The plots are fitted by the Hill equation with difference EC50 (mEPSC: 0.1450 males vs. 0.8569 hermaphrodites; mIPSC: 0.1034 males vs. 0.4819 hermaphrodites). Bar graph of the frequency (F) and the amplitude (G) of mIPSC recorded from the NMJs of adult hermaphrodites and males under distinct [Ca2+]e. Sample sizes (n numbers) are indicated in the bars of each graph. All data are represented as mean ± SEM (*p < 0.05, **p < 0.01, ****p < 0.0001, two-way ANOVA followed by Bonferroni’s post hoc tests).


Neurotransmitter release at C. elegans NMJs is a classic calcium-dependent vesicle exocytosis, which is tightly controlled by the conserved SNARE complex, including the Ca2+ binding protein UNC-13 and synaptotagmin (Richmond, 2007; Sudhof, 2012). Extracellular Ca2+ modulates neurotransmitter release in a concentration-dependent manner in many types of neurons, including the motor neuron of adult hermaphrodites (Sudhof, 2012; Liu et al., 2018). The observed sex differences in the mini frequency recorded with 1 mM extracellular Ca2+ imply different calcium sensitivities of the neurotransmitter release at the NMJs between males and hermaphrodites. Therefore, we next examined the calcium sensitivity of neurotransmitter release at the NMJs by recording mEPSC and mIPSC of both sexes with bath solutions containing difference Ca2+ (0, 0.1, 0.5, or 5 mM). In agreement with previous studies, the frequency and amplitude of both mEPSC and mIPSC of adult hermaphrodites were significantly increased under the bath solution containing high levels of Ca2+ (Figure 3; Liu et al., 2018). The extracellular Ca2+-dependent increase in the frequency and the amplitude of both mEPSC and mIPSC was also observed at the NMJ of adult males, supporting that the motor neurons in both males and hermaphrodites release ACh and GABA in an extracellular Ca2+-dependent manner (Figure 3). However, we found a left shift of the extracellular Ca2+ and the relative mini frequency relation in male worms, and the relation was fitted with the Hill equation with a lower EC 50, compared to that in adult hermaphrodites (Figures 3E,H), indicating an enhanced Ca2+ sensitivity of neurotransmitter release at the NMJ of adult males. It should be noted that the Ca2+-independent GABA spontaneous release at the NMJ was observed in adult hermaphrodites, not adult males (Figure 3F). Collectively, our findings suggest the spontaneous neurotransmitter release at the NMJ of both sexes is characterized with an extracellular Ca2+-dependent exocytosis, but the neurotransmitter release in adult male worms has an enhanced sensitivity to extracellular Ca2+.



Sex Differences in the Neurotransmitter Release at the Neuromuscular Junctions Are Developmental Stage Dependent

Sex differences in locomotion were only found in adult worms. We thus asked whether sex differences in the Ca2+ sensitivity of vesicle exocytosis at the NMJs are developmental stage dependent. To address this question, we first evaluated the in vivo acetylcholine release at the NMJs with an aldicarb-induced paralysis assay (Hu et al., 2011; Qian et al., 2021). Aldicarb inhibits acetylcholinesterase, which in turn causes the sustained activation of muscular ACh receptor and leads to a hypercontractive paralysis via the accumulation of ACh at NMJs (Hu et al., 2011). Consistent with the sex difference in locomotion and ACh release at the NMJ of adult animals, the rate of aldicarb-induced paralysis in adult males was significantly faster than that of hermaphrodites (Figure 4A). By sharp contrast, the paralysis rate is comparable between L4 males and hermaphrodites (Figure 4A). These behavior analyses indicated that sex differences in the neurotransmitter release at the NMJs are developmental stage dependent. To provide additional evidence, we next examined the spontaneous neurotransmitter release at the NMJ of L4 and adult animals. As our expectation, the average frequency and amplitude of both mEPSCs and mIPSCs of males were generally comparable to those of hermaphrodites at the larval stage L4, although the sex-specific difference in the mini frequency was observed again in adult animals (Figures 4B–G). Altogether, our results indicate that sex differences in the neurotransmitter release at the NMJs depend on the developmental stage of C. elegans. The strong development correlation among the changes of locomotion, the alternation of synaptic connections, and the neurotransmitter release at the NMJs indicates the mechanistic link among these properties in C. elegans.
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FIGURE 4. Sex-specific calcium sensitivities of neurotransmitter release at the NMJs are developmental stage-dependent. (A) The time course of 1 mM aldicarb-induced paralysis with hermaphrodites and males at the larval stage L4 and adult stage. (B) Sample traces of mEPSC recorded from the NMJs of hermaphrodites and males at the larval stage L4 and adult stage. Bar graph of the frequency (C) and the amplitude (D) of mEPSC recorded from the NMJs of hermaphrodites and males at the larval stage L4 and adult stage. (E) Sample traces of mIPSC recorded from the NMJs of hermaphrodites and males at the larval stage L4 and adult stage. Bar graph of the frequency (F) and the amplitude (G) of mIPSC recorded from the NMJs of hermaphrodites and males at the larval stage L4 and adult stage. Sample sizes (n numbers) are indicated in the bars of each graph. All data are represented as mean ± SEM (**p < 0.01, ****p < 0.0001, t-test).




Cholinergic Synapses in Adult Males Exhibit Slower Depression and Faster Replenishment Than That in Hermaphrodites

Sex difference in extracellular Ca2+ sensitivity of the neurotransmission at the NMJs indicates different plasticity properties of the NMJs between adult males and hermaphrodites. Previous research demonstrated that synaptic plasticity at the cholinergic NMJs of adult hermaphrodites was characterized with synaptic depression in response to a train stimulus in motor neurons (Liu et al., 2009; Li et al., 2021). We therefore sought to investigate whether biological sex affects synaptic plasticity at the cholinergic NMJs. To address this question, we recorded the light-evoked postsynaptic excitatory currents (evoked EPSCs) in muscle cells of worms zxIs6 expressing channelrhodopsin, a light-gated cation channel, in cholinergic motor neurons (Liu et al., 2009). For the evaluation of synaptic plasticity, the amplitude of evoked EPSCs was measured and normalized to the first evoked amplitude. Application of a stimulus train at 1 or 5 Hz led to the decreased amplitude in response to repeated 3 ms light exposures in both adult males and hermaphrodites, supporting the synaptic depression of the cholinergic NMJs in both sexes (Figures 5A–E). However, the relative amplitude of the evoked EPSCs from the second to the sixth stimulus in 1-Hz train of adult males, as well as the second and the third evoked EPSCs in 5-Hz stimulus, was significantly higher compared to the corresponding responses in hermaphrodites (Figures 5B,E). The depression rate of cholinergic synapses in adult males was significantly slower than that of hermaphrodites (Figures 5C,F). It supports that the ACh release at the NMJs in adult males is characterized with a weaker slow depression under both 1- and 5-Hz stimulus compared with adult hermaphrodites.
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FIGURE 5. Synaptic depression and replenishment at the NMJs differ between adult hermaphrodite and male C. elegans. Synaptic depression and recovery were investigated by applying a 1 or 5 Hz stimulus train with worms expressing ChR2 in cholinergic motor neurons. Sample traces of 1 Hz (A) and 5 Hz (D) light train stimulus-evoked EPSC. Normalized evoked EPSC amplitude during 1 Hz (B) and 5 Hz (E) stimulation train. Bar graph of the depression index of the normalized amplitude of evoked EPSC in response to 1 Hz (C) and 5 Hz (F) stimulation train. Cumulative charge of evoked EPSC during 1 Hz (G) and 5 Hz (I) stimulation train. Bar graph of the replenishment rates during 1 Hz (H) and 5 Hz (J) stimulation train. Sample sizes (n numbers) are indicated in the bars of each graph. All data are represented as mean ± SEM (*p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001, n.s. indicates non-significant. t-test).


Weaker depression in male worms may arise from a faster replenishment rate of synaptic vesicles in the presynaptic terminals. We thus calculated the replenishment rate by fitting the slope of the cumulative amplitude of evoked EPSCs as previously described (Li L. et al., 2019; Li et al., 2021) and found that adult male worms displayed faster replenishment rates in response to both 1− and 5-Hz stimulus compared to adult hermaphrodites (Figures 5G–J). Taken together, our results demonstrated the synaptic depression at the cholinergic NMJs of both adult males and hermaphrodites, and revealed weaker depression and faster replenishment rates of vesicle release at the cholinergic NMJ in adult males.



CCA-1 Plays a Male-Specific Role in Acetylcholine Release at the Cholinergic Neuromuscular Junctions

Synaptic vesicle exocytosis is directly triggered by the influx of Ca2+ through voltage-gated calcium channels (VGCCs). In C. elegans, egl-19, unc-2, and cca-1 encode the central pore-formation α1-subunit of the CaV1 (L-type), CaV2 (R-, N-, and P/Q-type), and CaV3 (T-type) channels, respectively (Schafer and Kenyon, 1995; Lee et al., 1997; Steger et al., 2005). Different behavioral defects were reported with the mutant hermaphrodites in egl-19, unc-2, or cca-1, such as the uncoordinated movement with unc-2 mutants (Schafer and Kenyon, 1995). Previous research emphasized the essential role of EGL-19 and UNC-2 in spontaneous neurotransmitter release at the NMJ of adult hermaphrodites (Tong et al., 2017; Liu et al., 2018). To identify the calcium channels responsible for the sex-specific neurotransmitter release at the male NMJs, we compared the frequency and the amplitude of mEPSC recorded from three VGCC mutants with that of WT worms. In line with previous research (Tong et al., 2017; Liu et al., 2018), the decreased frequency of mEPSCs was found in unc-2 null mutants and elg-19 loss-of-function mutant hermaphrodites, but not cca-1 null mutants (Figure 6). Interestingly, all three mutant males exhibited decreased frequencies of mEPSC (Figure 6B), supporting that CCA-1, UNC-2, and EGL-19 are required for the spontaneous ACh release at the male NMJs. It should be noted that no significant changes were found in the amplitude of mEPSC in three VGCC mutant animals (Figure 6C). Changes in the mEPSC amplitude reflect the physiological alternations in the ACh quantal release from each presynaptic vesicle and the physiological function of postsynaptic muscle receptors. Three VGCC mutants therefore had unchanged quantal size of presynaptic vesicles and unaltered function of postsynaptic receptors in muscle cells, compared to wild-type animals. Collectively, these results confirm the function of EGL-19 and UNC-2 in the neurotransmitter release at the worm NMJs and suggested that CCA-1 plays a male-specific role in the spontaneous ACh release at the NMJs.
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FIGURE 6. T-type calcium channel CCA-1 plays different roles in ACh release between adult hermaphrodites and males. (A) Sample traces of mEPSC recorded from the NMJs of adult WT and calcium channel mutants. Bar graph of the frequency (B) and the amplitude (C) of mEPSC recorded from adult WT and calcium channel mutants. Sample sizes (n numbers) are indicated in the bars of each graph. All data are represented as mean ± SEM (*p < 0.05, **p < 0.01, two-way ANOVA with Dunnett test).




Muscle Cells of Males and Hermaphrodites Exhibit Different Acetylcholine-Evoked Responses

Neurotransmitter released from motor neurons of C. elegans stimulates the postsynaptic receptors of muscle cells to direct muscle activities. Alternation in postsynaptic receptors has been linked with the locomotion differences in C. elegans (Richmond and Jorgensen, 1999). Sexual modification of muscle cells modulates the wave propagation speed in C. elegans (Mowrey et al., 2014), implying the sex-specific modulation of the muscular receptors in C. elegans. To check sex-specific properties of the ACh and GABA receptors in muscle cells, we recorded the ACh- and GABA-evoked muscle currents with drug puff application. We found that the intensity of the ACh-evoked inward currents in adult males was significantly higher than that in adult hermaphrodites (Figures 7A,B). Interestingly, the increased intensity of the ACh-evoked inward currents was also observed in males at the larval stage L4 (Figures 7A,B). By sharp contrast, muscle cells of adult males and hermaphrodites displayed similar responses when exogenous GABA was applied (Figures 7C,D). Taken together, our results support the sex-specific modulation of the muscle ACh receptors in muscle cells of C. elegans.
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FIGURE 7. Muscle cells exhibit sex-specific difference in ACh current intensity. Sample traces of body-wall muscle currents evoked by 1 mM ACh (A) and 1 mM GABA (C) in hermaphrodites and males at the larval stage L4 and adult stage. Bar graph of ACh-evoked currents (B) and GABA-evoked currents (D) in body-wall muscle cells. Sample sizes (n numbers) are indicated in the bars of each graph. All data are represented as mean ± SEM (*p < 0.05, t-test).





DISCUSSION

How biological sex generates sexual dimorphism of the human brain and drives different behaviors between males and females has been recognized as one of the fundamental questions of neuroscience since the ground-breaking study of Raisman and Field (1973). However, understanding the neurophysiological basis underlying sexually dimorphic behaviors in humans is extremely challenging, given the complexity of the brain and the ethical considerations in human research. The nematode C. elegans, a genetic model organism with the complete cell lineage and the fully mapped connectomes, also exhibits sex-dependent differences in multiple behaviors, such as male-specific copulation and sex-biased olfaction (Sulston et al., 1983; Portman, 2017; Barr et al., 2018; Cook et al., 2019). Sex differences in worm behaviors, similar to those of humans, result from the sex-related physiological differentiations in the nervous system at the level of neurons, circuits, and synapses (Portman, 2017). C. elegans sinusoidal locomotion is the pronounced worm behavior characterized with different physiological traits between males and hermaphrodites (Mowrey et al., 2014). Our studies demonstrate that the development-dependent sexual dimorphism at the level of synaptic structure, synaptic communication, and animals’ behavior (model Supplementary Figure 1), which build upon the linearly equivalent and anatomically identical motor unit shared with both sexes. Studying C. elegans locomotion therefore provides novel insights for connecting the sexually dimorphic modulation of synaptic transmission to behavior, despite the great diversity of the neuroanatomy in animals.

The neurotransmission at C. elegans NMJs directly correlates with the locomotion speed of C. elegans (Liu et al., 2013). Our studies show that the enhanced neuromuscular transmission and the higher locomotion speed in males are only observed at adult stages, supporting that sexually dimorphic synaptic organization and function drives sex differences in the motor performance between adult males and hermaphrodites. The critical role of the sex-specific synaptic strength in sexually dimorphic behaviors has been long appreciated in many animal species, including humans (Choleris et al., 2018; Hyer et al., 2018). For example, male-specific properties of long-term potentiation (LTP) in hippocampal field CA1 result in better motor and spatial ability in males (Wang et al., 2018). Sex-specific synaptic strength in Mammals normally stems from sex-dependent adult neurogenesis and synaptogenesis, as well as sex-specific response to hormones. In C. elegans, all male-specific neurons differentiate in the last larval stages L4, and some of these neurons are connected to postsynaptic motor neurons by chemical synapses (Oren-Suissa et al., 2016; Cook et al., 2019). Furthermore, multiple sex-specific synaptogenesis, such as male-specific synaptic connection between AVG and VD13, exclusively display at the adult stage (Oren-Suissa et al., 2016). Whether these development-dependent and sex-specific features in the nervous system also contribute to sexually dimorphic synaptic transmission in adult worms requires further investigation. In addition to adult-specific sex differences in neuroanatomy, recent research shows that male-specific pheromones modulate the locomotion speed of hermaphrodites by promoting the ACh release at the C. elegans NMJs (Qian et al., 2021). Because males used in our studies were grown on “male + hermaphrodite” plates, quantifying the synaptic function with males cultured on “male” only plates will evaluate the potential role of hermaphrodite-specific signals in the synaptic morphology and function in males.

Our research reveals an unexpected role of the C. elegans T-type voltage-gated calcium channel/CCA-1 in ACh release at the male NMJs. Voltage-gated calcium channels (VGCCs) play pivotal roles in the timing and strength of synaptic neurotransmitter release (Carbone et al., 2014; Dittman and Ryan, 2019; Dolphin and Lee, 2020). VGCCs are divided into two groups: high-voltage activated calcium channels Cav1 (L-type) and Cav2 (N-, P/Q-, R-type) and low-voltage activated calcium channel Cav3 (T-type). Although Cav2 channels dominantly control the neurotransmitter release at most synapses, increasing evidence supports that Cav1 and Cav3 actively regulate presynaptic calcium influx and vesicle release at specific synapses (Dolphin and Lee, 2020). Specifically, Cav3 channels control basal exocytosis above the resting membrane potential at various neurons, such as glutamate release in cortical neurons and GABA release at hippocampal perisomatic interneurons (Dolphin and Lee, 2020). In C. elegans, egl-19, unc-2, and cca-1 encode the pore-forming α1 subunit of Cav1, Cav2, and Cav3, respectively (Schafer and Kenyon, 1995; Lee et al., 1997; Steger et al., 2005). In hermaphrodites, UNC-2 and EGL-19 control spontaneous ACh release at the NMJs in a cell-autonomous manner, while cca-1 mutant has normal neurotransmitter release at the NMJs (Tong et al., 2017; Liu et al., 2018). Our research demonstrates that CCA-1, working together with UNC-2 and EGL-19, modulates the ACh release at the male NMJs. The sexual dimorphism of CCA-1 function in neuromuscular transmission could stem from either sex differences in the internal state of motor neurons or male-specific expression and modulation of CCA-1. Previous research shows that masculinization of the core locomotor circuitry (motor neurons and command interneurons) does not induce male-like locomotion in hermaphrodites, but masculinization of the entire nervous system enhances the locomotion speed of hermaphrodites (Mowrey et al., 2014). Although it cannot fully rule out the possibility that sexually dimorphic physiology of motor neurons generates the sex-different function of CCA-1 in vesicle release, a likelier explanation for male-specific function of CCA-1 is that male-specific signals modulate CCA-1 in motor neurons in a cell non-autonomous manner. Further studying in CCA-1 will provide a novel insight into the molecular mechanisms underlying sexually dimorphic behaviors in C. elegans.



MATERIALS AND METHODS


Strains of Caenorhabditis elegans

The C. elegans strains were grown and maintained on nematodes growth medium (NGM) plates at 20°C (Stiernagle, 2006). The following strains were obtained from the Caenorhabditis Genetics Centre (CGG): Wide Type (Bristol strain N2), nuIs152[Punc-129:GFP:SNB-1], juIs1[Punc-25:snb-1:GFP], cca-1(ad1650), unc-2(e55), egl-19(n580), and zxIs6 [Punc-17:ChR2(H134R):YFP]. All males were generated by heat shock and the mutants were confirmed by Sanger sequencing.



Behavioral Analysis

Worm tracking and analysis were performed as previously described with minor modifications (Liu et al., 2013; Li G. et al., 2019). Day 2 adult animals were transferred onto NGM plates seeded with 50 μL fresh E. coli OP50 (6–8 worms per plate) for behavioral analysis. 5 min videos of multiple animals were captured at 3.75 Hz frame rate with WormLab imaging system (MBF Bioscience, United States). A standard ruler was used to set the measurement scale for videos. Locomotion characteristics were analyzed using WormLab software (MBF Bioscience, United States).



Drug Assays

Aldicarb-induced paralysis assays were conducted following the method previously described (Hu et al., 2011; Qian et al., 2021). Nematode growth media (NGM) plates containing 1 mM aldicarb (Sigma, United States) were seeded with 50 μL fresh E. coli OP50 and allowed to dry for 30–60 min at room temperature before the experiment. Animals (blinded for genotype) were transferred to aldicarb-supplemented plates and were individually touched on the posterior body to assess movement every 10 min. Animals were considered as paralyzed when no main body or head movement was detected.



Fluorescence Imaging

All quantitative imaging was captured on a Nikon C1 upright confocal, using a CFI Plan Apochromat VC 100X oil objective and a DS-Fi3 camera (Roper, Trenton, NJ, United States). Worms were paralyzed with 20 mM sodium Azide in M9 buffer and mounted on 5% agar pads for imaging. For ventral nerve cord (VNC) imaging, in which the ventral cord was oriented toward the objective, worms were imaged in the region midway between head and vulva. Stacks of confocal images were used. Images were processed using ImageJ software, and the number of synapse clusters was counted manually. All intensity measurements were performed as previously described (Fry et al., 2014). The background fluorescence signal was subtracted before intensity analysis, and fluorescence intensity was measured in arbitrary units (AU).



Retinal Feeding

NGM plates (60 mm) were seeded with 250 μL fresh OP50 mixed with 5 μL 100 mM all-trans retinal (Sigma) as previously described (Piggott et al., 2011). Seeded retinal plates were stored in the dark at 4°C for less than 1 week until used. L4 transgenic hermaphrodites and males were transferred to retinal plates and grown in the dark for additional 48 h at room temperature.



Electrophysiology

Electrophysiology was conducted on dissected C. elegans using a protocol described by Ward et al. (2008). Whole-cell patch-clamp recordings were performed under an Olympus microscope (BX51WI) with an EPC-10 amplifier and the Patchmaster software (HEKA). Current data were filtered at 2 kHz and sampled at 20 kHz. Series resistance and membrane capacitance were both compensated. Recording pipettes were pulled from borosilicate glass capillaries (BF150-86-10, Sutter Instruments, United States) to a resistance of 3–5 MΩ. An L4 or Day 2 worm was glued on a sylgard-coated coverslip in bath solution using a medical grade, cyanoacrylate-based glue (Dermabond Topical Skin Adhesive, Ethicon). A small piece of cuticle on the worm body was carefully cut and glued down to the coverslip to expose muscle cells for recording. The regular bath solution contains (in mM) 140 NaCl, 5 KCl, 5 MgCl2, 1 CaCl2, 11 glucose, and 10 HEPES (330 mOsm, pH adjusted to 7.3). The pipette solution contains (in mM) 135 CH3O3SCs, 5 CsCl, 5 MgCl2, 5 EGTA, 0.25 CaCl2, 10 HEPES, and 5 Na2ATP (325 mOsm, pH adjusted to 7.2 using CsOH). Body wall muscle cells were clamped at −60 mV and 0 mV for recording mEPSC and mIPSC, respectively. To record ACh- and GABA-induced currents in muscle cells, the pipette solution contains (in mM) 120 KCl, 20 KOH, 4 MgCl2, 5 EGTA, 0.25 CaCl2, 10 HEPES, and 5 Na2ATP (325 mOsm, pH adjusted to 7.2 using NaOH). Channelrhodopsin was excited by a 1 or 5 Hz train of blue light pulse (3 ms) delivered with a blue light-emitting diode (LED) source (Thorlabs, M00552407, Newton, NJ, United States). Light switch was triggered by TTL signals from a HEKA EPC-10 double amplifier. All experiments were carried out at room temperature (20–22°C).



Statistical Analysis

Data analysis and graphing were performed using Excel (Microsoft), Igor Pro (Wavemetrics), Prism (GraphPad), and Clampfit (Molecular Devices). In this study, n refers to the number of recordings (one cell per animal). P < 0.05 was regarded as statistically significant.
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Supplementary Figure 1 | A working model of sex-specific neurotransmission at the NMJs in adult C. elegans. Adult males process more presynaptic cholinergic vesicle at NMJs and ACh receptors in muscle membrane compared to hermaphrodites. The Cav3 calcium channel CCA-1 plays male-specific roles in spontaneous neurotransmitter release at NMJs. Sex-specific characterizations in both presynaptic neurons and postsynaptic muscles work together to generate sex-specific locomotion in adult C. elegans.
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A synaptic sexual dimorphism is relevant in the context of multiple neurodevelopmental, neurodegenerative, and neuropsychiatric disorders. Many of these disorders show a different prevalence and progression in woman and man. A similar variance is also present in corresponding animal models. To understand and characterize this dimorphism in pathologies it is important to first understand sex differences in unaffected individuals. Therefore, sexual differences have been studied since 1788, first focusing on brain weight, size, and volume. But as these measures are not directly related to brain function, the investigation of sexual dimorphism also expanded to other organizational levels of the brain. This review is focused on sexual dimorphism at the synaptic level, as these specialized structures are the smallest functional units of the brain, determining cell communication, connectivity, and plasticity. Multiple differences between males and females can be found on the levels of spine density, synaptic morphology, and molecular synapse composition. These differences support the importance of sex-disaggregated data. The specificity of changes to a particular brain region or circuit might support the idea of a mosaic brain, in which each tile individually lies on a continuum from masculinization to feminization. Moreover, synapses can be seen as the smallest tiles of the mosaic determining the classification of larger areas.
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INTRODUCTION

Sexual dimorphism is the difference in appearance between males and females of the same species. Many neurodevelopmental, neurodegenerative and neuropsychiatric disorders, among them, autism spectrum disorder (ASD) (Lai et al., 2013; Werling and Geschwind, 2013; Baio et al., 2018), stress disorders (Ramikie and Ressler, 2018), anxiety disorders (Maeng and Milad, 2015; Asher et al., 2017), depression (Kessler et al., 1993; Altemus, 2006; Eid et al., 2019), schizophrenia (Jackson et al., 2013; Mendrek and Mancini-Marïe, 2016), Alzheimer’s disease (Irvine et al., 2012; Association, 2016) and Parkinson’s disease [reviewed in Gillies et al. (2014), Hirsch et al. (2016)] show different prevalence and/or clinical characteristics in woman and man. Similar sexual differences are also imminent in corresponding model organisms. Even if the reasons for these differences are not fully understood yet, they can at least partially be attributed to a sexual dimorphic brain. To understand the role of the dimorphic brain in disorders, it is important to first investigate sex differences in unaffected individuals. For this, different approaches and techniques have been used over the past decades.

Early on studying the brain aimed to explain, so thought, given behavioral and intellectual differences between woman and man (Schröter et al., 2012). Soemmerring (1788) reported in his neuroanatomical studies that the male brain is larger and heavier than the female brain. This statement was later on specified by the anatomist Tiedemann, who showed that, in correlation to body weight and size, the female brain is larger and of higher weight (Tiedemann, 1837). Since these early publications a lot of work has been done in the field of the brain sexual dimorphism. Regarding brain size, a more in-depth analysis not only examined the overall brain size, but the volume of different brain regions, gray and white matter. This showed the existence of region and sex-specific volumetric differences (Gur et al., 1999; Ruigrok et al., 2014). Even considering these advanced methods, it still proves to be difficult to relate brain size to behavioral differences. Therefore, it is important to investigate the sexual dimorphism of the brain on different organizational levels.

The lowest functional and organizational level of the brain are synapses. They facilitate the communication between neurons and thereby determine functions and mechanisms, from learning and memory formation to many pathomechanisms (van Spronsen and Hoogenraad, 2010; Mayford et al., 2012; Verpelli et al., 2012; Lisman et al., 2018; Batool et al., 2019). Considering this important role of synapses, relatively little is known about synaptic sex differences. Till now research in this field often focuses on one sex, mainly males, leaving the transferability of the results undetermined. Consequently, we see the importance to review the data on the synaptic sexual dimorphism and evaluate the importance of sex-disaggregated data in this context. To provide a comprehensive overview of sex-specific synaptic dimorphism, this review includes information on spine and synapse density, morphology, and molecular composition.



SPINE AND SYNAPSE DENSITY

Options to study the abundance of synapses in the context of sex differences are to either look at the density of synapses directly, or to investigate spine density as a proximate of synapse density. Diverse attempts using both methods have been undertaken in animal models. Early studies were performed in Sprague-Dawley rats. These studies did not focus on intersex differences, they reported changes of the spine density in pyramidal cells of the hippocampus during the female estrus cycle and the effect of gonadal steroids in adult [postnatal day 110 (P110)] rats. This showed that the spine density is highest in proestrus and lowest in estrus (Woolley et al., 1990). Ovarectomization and rescue experiments revealed the dependency of this effect on the gonadal hormones estrogen and progesterone (P75) (Gould et al., 1990). Comparing 2–3 months old female Sprague-Dawley rats in proestrus to male rats, the female rats have a higher density of apical dendritic spines of hippocampal CA1 pyramidal cells. These cyclical as well as intersex differences lead to different reactions to stress. While in female rats in proestrus the spine density decreases, it increases in males and non-proestrus females. The spines were analyzed using Golgi impregnation (Shors et al., 2001). Putative orexin neurons exhibit a higher spine density in female mice than in male mice at P65 to P75 (Grafe et al., 2019). At basal dendrites of the CA1 region, the spine count is higher in female Sprague-Dawley rats at 7 weeks after birth (Bowman et al., 2014). No variation in spine count was found in CA1 apical dendritic spines, neither within the estrus cycle nor between the sexes. In contrast to that, the spine size deviates. Female mice have more large spines (head diameter ≥ 0.6 μm) compared to males at 8 weeks. This difference is also imminent in primary hippocampal neurons created from male and female Wistar rats after birth (P0), but it is not visible in cultures generated before birth (E18). This indicates a sex-specific maturation of the neurons between these time points (Brandt et al., 2020). The age dependency of sex differences is also visible in the stratum radiatum (SR) of the hippocampal CA1 region. In this region female C57BL/6J mice have a higher density of dendritic spines and synaptic boutons at P15 than male mice, also resulting in a higher overall synapse count in females. This difference diminishes with aging and is not imminent at P40 (Weinhard et al., 2018). Overall, most, but not all studies in the hippocampus report a higher spine density in females compared to males.

Differences in spine density also occur in other brain regions (Figure 1) and can be persistent over the course of aging. In pyramidal cells of the auditory and visual regions of the cortex (A1, A2, V1, V2, and TeA) the dendritic spine density is higher in male C57BL/6 J mice than in females. This is persistent from P28 to P84 (Parker et al., 2020). Looking in detail at layer 5 of the primary visual cortex, the difference in spine density disappears by P60 (Muñoz-Cueto et al., 1991).
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FIGURE 1. Spine density and size in the female mouse brain compared to the male. Red displays a higher spine density in females, blue a lower one, and green similar levels in males and females. The depiction of the mouse brain is modified from the Allen Mouse Brain Atlas (2004), Lein et al. (2007).


In layer II/III of the prelimbic portion of the medial prefrontal cortex (PFC) 7 weeks old male Sprague-Dawley rats have fewer spines on the basal tree of the neurons than females (Bowman et al., 2014).

In the nucleus accumbens first analysis showed a higher spine density and larger spines in female Sprague-Dawley rats at P60 to P67. Later on, this was specified by a study showing a rostro-caudal gradient in female mice with a higher spine density in the caudal core of the nucleus accumbens and a higher tendency toward larger spines in the rostral core (Forlano and Woolley, 2010; Wissman et al., 2012).

Investigating adult (3 months) Wistar rats no differences in dendritic spine density were found in the posterodorsal medial amygdaloid nucleus (MePD) between diestrus females and males (Arpini et al., 2010). Another study on 3 months old male Wistar rats showed that the number of inhibitory synapses on dendritic shafts of right MePD varies with the estrus cycle, being higher in proestrus than in any other phase and in male mice. Regarding synaptic vesicles in the MePD it was shown that on the right side, females have higher numbers of vesicles throughout all stages of the estrus cycle than males, which do not show a left-right difference. Furthermore, in proestrus, females have more docked vesicles on the right side (Brusco et al., 2014). In the basolateral nucleus (BL) of the amygdala the number of spine synapses is higher in female C57BL/6J than in males at P65 (Bender et al., 2017). In juvenile, 25–29 days old, Sprague-Dawley rats, males have a greater frequency of miniature excitatory postsynaptic currents (EPSC) in the left hemisphere of the MePD than females, while no difference occurs in miniature EPSC amplitude, indicating a higher number of excitatory synapses. This was further supported by a higher number of asymmetric synapses per neuron in males. These asymmetric synapses were classified as excitatory synapses due to a lack of GABA immunostaining. In this experiment the number of symmetric synapses was not changed between the sexes (Cooke and Woolley, 2005).

Spine and synapse density are difficult to access in humans due to the need of fresh brain tissue of corresponding brain regions from several individuals. Therefore, corresponding measurements and specifically comparative studies are rare. The sample numbers tend to be low in such experiments, using biopsy or autopsy material. In addition, samples are often limited to pathological conditions (e.g., epilepsy). Moreover, some of the existing studies contradict each other. A higher synapse density has been shown in man compared to woman in all layers of the temporal neocortex by Alonso-Nanclares et al. (2008). Contradicting to that, another study reported the synapse density in layer 4 of the temporal lobe neocortex to be about 2- to 3-folds higher in females than in males. In this study the overall inter-individual variability of synapse/mm3 was reported to be between 1.5 and 4-folds, which raises the question if the reported male to female difference is conclusive (Yakoubi et al., 2019). New methods for in vivo imaging could shine light on the investigation of spine/synapse density in humans in the future (Finnema et al., 2016).

Spine and synapse density are dependent on underlying molecular mechanisms determining spine formation and synapse plasticity. The fact that spine and synapse density deviate between the sexes implicates a dimorphism in synaptic composition and signaling pathways involved in these processes. Consequently, the following parts of this review focus on known molecular sex differences of synapses.



MOLECULAR SYNAPSE COMPOSITION

There are different ways of investigating the molecular composition of synapses. The analysis of protein or RNA abundance allows a broad overview, which can give starting points for further in-depth analysis. Focusing on specific proteins or pathways allows a deeper understanding of certain processes. For the investigation of sex differences both approaches are important and complement each other.

In an RNA-seq analysis of the hippocampus from female and male mice of different ages (1, 2, and 4 months), 198 transcripts differed between sexes in at least one age group. Sixty-eight mRNAs were found, which change their expression in a sex-dependent manner over time. The enriched transcripts are involved in protein folding and response to unfolded protein as identified by a GO analysis (Bundy et al., 2017). Unfortunately, this analysis was not synapse specific and therefore only shows broad differences. In the rat medial amygdala (MeA), levels of different microRNAs that affect synaptic plasticity, vary with the estrus cycle and are differentially expressed in males and females (Hirsch et al., 2018). In another RNA-seq analysis no differences were found in major cell types, relative abundance and major cell type markers. Looking more in detail at neurons, more sex-specific differentially expressed genes were found in GABAergic neurons than in glutamatergic neurons. Because of that a linear discriminative analysis (STAR Methods) is able to classify male vs. female samples based on the expression profile of neuronally enriched genes if the analysis program is trained on GABAergic cells, but not if it is trained on glutamatergic neurons (Chen et al., 2019). A more synapse-specific analysis was performed with synapse-enriched fractions of different brain regions. This comparative proteome analysis among different brain regions in male and female C57BL/6J mice at P42 showed differential expression of proteins between sexes in all of them, without controlling for the estrus stage. Seventy-one proteins were found to be changed between males and females in the hippocampus, 28 in the cerebellum, 7 in the striatum, and 8 in the cortex. Among them were proteins related to ASD: DDX3X, KMT2C, MYH10, and SET (Distler et al., 2020). DDX3X is primarily associated with intellectual disability in woman (Snijders Blok et al., 2015; Wang X. et al., 2018). It regulates embryonic corticogenesis by affecting neurogenesis in the cortex. A missense mutation in this gene can lead to an altered translation of selected mRNAs and to the accumulation of ribonucleoprotein granules (Lennox et al., 2020). KMT2C is a histone H3 lysine 4 methyltransferase (Froimchuk et al., 2017) and involved in neuronal differentiation (Dhar et al., 2012). MYH10 encodes for the non-muscle myosin heavy chain IIB, which is involved in brain development, influencing the migration of specific neurons (Ma et al., 2004). SET has also been related to intellectual disability (Stevens et al., 2018). It is a nuclear proto-oncogene (von Lindern et al., 1992) and encodes for a component of a histone acetyltransferase inhibitor (Seo et al., 2001). Although most of these proteins have known neuronal implications, their synaptic functions are unknown and remain to be further investigated. This indicates the relevance of differentially expressed proteins especially in ASD, but also in the overall context of neuropsychiatric disorders (Distler et al., 2020).

Aside from these RNA and proteome-focused approaches, also single proteins and pathways have been investigated focusing on a sexual dimorphism. These studies sometimes show differences, which are not detected with broader techniques. Therefore, the next part will focus on these case studies of specific proteins and pathways.


Estradiol Pathway

Most differences in synaptic signaling currently known are related to sex steroids, which are produced in the gonads, the adrenal glands, the placenta as well as directly in the brain (Kimoto et al., 2001; Kawato et al., 2002; Prange-Kiel et al., 2003; Hojo et al., 2004; Woolley, 2007).

One of these gonadal steroids is estradiol. It is accessible systemically, but fast concentration changes, which have been observed in the brain, do not match up with the systemic fluctuations. This can be explained with estradiol being produced in different brain regions of both female and male mice. The regions include the hippocampus, cortical regions, the bed nucleus of the stria terminalis, the MePD, the medial preoptic area (MPOA) and discrete hypothalamic regions (Lauber and Lichtensteiger, 1994; Wagner and Morrell, 1996; Woolley, 2007; Cornil, 2018). The synthesis of estrogens from androgens is catalyzed by aromatase (Boon et al., 2010).

Estradiol was shown to influence a variety of processes and pathways (Morley et al., 1992; Aronica et al., 1994; Webb et al., 1995; Gu and Moss, 1996; Mermelstein et al., 1996; Watters and Dorsa, 1998; Singer et al., 1999; Wade et al., 2001; Boulware et al., 2005; Kramár et al., 2009). It is known to influence synaptic plasticity and increases EPSC amplitude in both sexes (Smejkalova and Woolley, 2010; Jain et al., 2019). Inhibition of cytochrome P450 aromatase (AROM), which converts testosterone to 17β-estradiol (E2), diminishes long-term potentiation (LTP) in female rat acute slices of the BL of the amygdala, while not significantly affecting LTP in male acute slices. Moreover, the inhibition reduces the density of spine synapses in the BL, by reducing the spine number in females (Bender et al., 2017). A similar effect is observed in CA1 SR hippocampal neurons, which lose spines and spine synapses after aromatase inhibition in females (Kretz et al., 2004; Zhou et al., 2010; Vierk et al., 2012). In the PFC, the level of AROM is higher in females than in males. Moreover, inhibition of AROM diminishes the protective effect estrogen has in females against repeated stress (Wei et al., 2014). Effects of AROM have also been reported in humans. Women treated with AROM inhibitors reported memory deficits, which could be connected to effects on the hippocampus (Shilling et al., 2003; Bayer et al., 2015), and symptoms of depression, possibly related to changes in the amygdala (Gallicchio et al., 2012). One of the mechanisms through which E2 influences LTP in females is depending on Protein Kinase A (PKA). The inhibition of PKA diminishes the potentiation of EPSCs by E2 in CA1 pyramidal cells of hippocampal slice cultures from female Sprague-Dawley rats. Thereby, blocking of PKA also inhibits LTP in females. In males, a combined inhibition of PKA and Ca2+/calmodulin-dependent protein kinase II (CaMKII) is necessary to block EPSC potentiation. Moreover, CaMKII is necessary for the maintenance of potentiation in both sexes. Other kinases – mitogen-activated protein kinase, Src tyrosine kinase, and rho-associated kinase – influence initial EPSC potentiation in both sexes, but are not involved in maintenance. Further investigating the role of calcium, it was shown that blocking of L-type calcium channels in combination with depletion of internal calcium stores diminishes potentiation of EPSCs in male Sprague-Dawley rat CA1 pyramidal cells. In females one of both factors is sufficient to lead to the same result (Jain et al., 2019).

Further assessing the mechanism through which estrogen affects the synapse and therefore LTP, it was shown by light microscopic examination of immunoreactivity that the estrogen receptor α (ERα) is more abundant in the CA1 SR and the CA3 stratum lucidum of the hippocampus of female C57BL/6J mice (Mitterling et al., 2010). Moreover females have more ERα-positive synapses (Wang W. et al., 2018). This could be due to differences in membrane integration because no sex difference is detectable in cDNA abundance of ERα and estrogen receptor β (ERβ) in the hippocampus of Sprague-Dawley rats (Meitzen et al., 2019). Sex differences are also imminent regarding the function of ERα. LTP-enhancing effects of E2 in females are reduced by blocking ERα (Wang W. et al., 2018). E2 promotes an interaction between ERα and mGluR1 in inhibitory synapses of hippocampal CA1 pyramidal cells in hippocampal slices of adult female rats. This is proposed to activate phospholipase C (PLC) and subsequently inositol trisphosphate (IP3) and the inositol trisphosphate receptor (IP3R), ultimately leading to Ca2+-dependent N-arachidonylethanolamide (AEA) synthesis and release from the postsynapse, thereby suppressing the inhibitory effects of the synapse by inhibiting neurotransmitter release (Figure 2; Huang and Woolley, 2012; Tabatadze et al., 2015). In CA1 pyramidal cells of male Sprague-Dawley rats ERα activation replicates the frequency-enhancing effect E2 has on mEPSCs. Therefore, ERα could be involved in presynaptic mechanisms of glutamate release in males (Oberlander and Woolley, 2017). Differences in ERα signaling in males and females could be due to a different expression of proteins mediating membrane integration and interaction (Meitzen et al., 2019).
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FIGURE 2. Synaptic differences of male and female synapses in the hippocampus. In excitatory synapses (green) ERα is more abundant in females, where it is involved in the LTP enhancing effects of E2. In males ERα could be involved in presynaptic mechanisms of glutamate release. ERβ sparks a presynaptic response leading to the release of glutamate in females, while it postsynaptically modulates the actin cytoskeleton in males. In inhibitory synapses (red) E2 promotes an interaction between ERα and mGluR1. This is proposed to activate phospholipase C and subsequently inositol trisphosphate and the inositol trisphosphate receptor, ultimately leading to Ca2+-dependent N-arachidonylethanolamide (AEA) synthesis and release from the postsynapse, thereby suppressing the inhibitory effects of the synapse.


Moreover, ERβ is differentially expressed between the sexes in different brain regions. Higher levels of ERβ have been shown in males in the bed nucleus of the stria terminalis, while in females increased expression is imminent in the anteroventral periventricular nucleus of the hypothalamus near the third ventricle (Zuloaga et al., 2014). ERβ is also expressed in the hippocampus and interacts with estrogen (Smejkalova and Woolley, 2010; Kumar et al., 2015; reviewed in Hara et al., 2015). ERβ activation potentiates excitatory synapses in CA1 pyramidal cells of the hippocampus in both sexes but does so in different ways. In females the activation of ERβ sparks a presynaptic response leading to the release of glutamate (Smejkalova and Woolley, 2010; Oberlander and Woolley, 2017), while it postsynaptically modulates the actin cytoskeleton in males (Kramár et al., 2009; Oberlander and Woolley, 2017).

G-protein estrogen receptor 1 (GPER1) potentiates the synaptic response in CA1 neurons of the hippocampus in females due to an increase of postsynaptic glutamate sensitivity (Kumar et al., 2015; Oberlander and Woolley, 2017).

Testosterone can induce spine formation by interacting with androgen receptors in pyramidal neurons in the CA1 SR of male and ovariectomized female Sprague-Dawley rats. In ovariectomized females, testosterone tends to be processed to E2 by aromatase, decreasing the effect of testosterone in combination with letrozole, an aromatase inhibitor. Effects of 5α dihydrotestosterone (DHT) are visible in males and ovariectomized females independent of aromatase (Kovacs et al., 2003; Leranth et al., 2003, 2004). Androgen receptors were shown to have a lower expression in Blue-Spruce Long Evans and Sprague-Dawley rat females than in males (Xiao and Jordan, 2002; Feng et al., 2010). This effect is also visible in humans, where women show a weaker staining of androgen receptors in the lateral mamillary nucleus (LMN) and the medial mamillary nucleus (MMN) of the hypothalamus than males, even though the differences vary depending on the specific area (Fernández-Guasti et al., 2000).



Neurotransmitters and Receptors


Glutamate Signaling Pathway

Glutamate is the main neurotransmitter of excitatory synapses in the mammalian central nervous system. It can activate different kinds of glutamate receptors and is involved in multiple pathways (Meldrum, 2000; Platt, 2007; Zhou and Danbolt, 2014). The activation and following integration or disintegration of glutamate receptors are important aspects in LTP and long term depression (LTD) (Lüscher and Malenka, 2012; Diering and Huganir, 2018). Because of this prominent role in the nervous system, the investigation of a potential dimorphism concerning glutamate and glutamate receptors is of significant interest.

Differences in glutamate concentrations have been investigated in multiple brain regions using magnetic resonance spectroscopy (Grachev and Apkarian, 2000; Sailasuta et al., 2008; Zahr et al., 2013). One analysis reported a slight difference between the glutamate levels of woman and man in the parietal gray matter (PGM) (Sailasuta et al., 2008). Another showed the enrichment of glutamate in the female sensorimotor cortex (Grachev and Apkarian, 2000). Average metabolite concentrations displayed an overall higher glutamate concentration in the male brain (O’Gorman et al., 2011). A different study did not find any sex-specific differences in the striatum, cerebellum and pons (Zahr et al., 2013). In the rat brain, differences in glutamate concentration exist regarding sex as well as the estrus cycle. Male rats have higher glutamate levels than females in diestrus in most brain regions among them the ventromedial hypothalamic area (VMH), the lateral hypothalamus, habenula and diagonal band. In contrast to that, female rats have more glutamate in the MPOA in all phases of the estrus cycle (Frankfurt et al., 1984). Apart from the transmitter concentration also receptors were investigated. mGluR5 was shown to have a higher expression in the PFC and the hippocampus in female, than in male rats (Wang et al., 2015).

Investigating glutamate receptors, it was shown that, some subunits of the AMPA receptor (AMPAR) differ between the sexes, while others do not. In the PSD of the hippocampus the amount of GluA1 is not affected by sex, while GluA2 and its phosphorylation at Ser880 are higher in females (Monfort et al., 2015). Also the mRNA levels of Gria2, which encodes for the GluA2 subunit, are higher in somatostatin interneurons in the medial PFC in females (Gerhard et al., 2020). AMPARs are stabilized in the postsynaptic membrane by Transmembrane AMPA-Receptor-associated Proteins (TARPs), which bind to PSD95 (Tomita et al., 2003). TARPs are therefore important for LTP, which involves an increase of AMPAR recruitment at the membrane (Tomita et al., 2005; Opazo and Choquet, 2011). In females a correlation between the binding of TARPs and the binding of SynGAP to the PSD has been shown. In the case of a heterozygous SynGAP knockout the TARP concentration increases (Mastro et al., 2020). Looking at the function of TARPs, this correlation could also influence the localization of AMPARs at the membrane.

Looking specifically at the NMDAR as the major glutamate receptor, different changes were observed between females and males. Comparing gonadectomized animals, male Sprague-Dawley rats have a higher ratio of NMDAR binding in the dentate gyrus (DG) and the CA1 stratum oriens (SO) and SR of the hippocampus than female rats. While this difference is diminished in the SR by estradiol benzoate treatment, which increases E2 levels in females, it still is imminent in the DG (Romeo et al., 2005). Looking at non gonadectomized animals over all phases of the estrus cycle higher levels of NMDA receptor (NMDAR) subunit (GluN1 and GluN2A/B) expression have been found in female Thy1-GFP mice compared to males. These differences are also imminent in cultures created from male and female Wistar rats after birth, but not in cultures generated before birth (E18). This indicates a sex specific maturation of the neurons during this time span (Brandt et al., 2020). Moreover GluN subunits of the NMDAR were shown to be increased in females compared to male Sprague-Dawley rats: GluN1 in the PFC, hippocampus and amygdala and GluN2B in the PFC (Wang et al., 2015). The knockdown of GluN2B resulted in an increase in spontaneous EPSCs in layer V pyramidal neurons of male C57BL/6J mice but not in females (Gerhard et al., 2020). In NMDAR channels GluN2B can be exchanged with GluN2A. The turnover rate concerning this change was higher in male heterozygous dysbindin mutant mice with a C57BL/6 background, due to an increase in Y1472-GluN2B phosphorylation (Sinclair et al., 2016). Regarding the role of the NMDAR, it was shown that the influence of E2 on spine formation is depending on the functionality of NMDAR in females (Woolley and McEwen, 1994; Smith and McMahon, 2006). Furthermore, low doses (0.1 mg/kg) of the NMDAR antagonist MK-801 (dizocilpine) lead to ataxia, hyperlocomotion and swaying movements of the head from side to side in female Wistar rats. Males are similarly affected at higher doses (0.3 mg/kg). This indicates a higher sensibility of females to manipulation of the NMDAR (Hönack and Löscher, 1993). Overall, the expression, excitability, and composition of NMDARs are differently affected in the sexes.



GABA Signaling Pathway

GABA is the main inhibitory neurotransmitter in the brain and known to be involved in multiple neurodevelopmental disorders. Moreover, many sexually dimorphic behaviors are connected to GABA signaling. Looking at aggression behavior in flies, it was shown that in male flies, female contact is recognized by the pheromone-sensing ppk29 neurons, activating a GABAergic circuit dependent on Resistant to dieldrin receptor. This pathway inhibits male-male aggression after 24 h of contact to a female fly. The GABAergic neurons in this mechanism express fruitless, a sex determinant gene, and are sexually dimorphic in number and arborization pattern (Yuan et al., 2014). This kind of dimorphisms is not only apparent in flies. In mice [C57BL/6J, gatCre/+ and Vglut2Cre/+ (Vong et al., 2011)], parenting behavior and infanticide are controlled by sexual dimorphic GABAergic neurons in the MeA. In virgin and mother females, activation of VGAT neurons can be observed in females during grooming behavior. Stimulation of these neurons leads to grooming behavior and pup retrieval in virgin females while the inhibition suppresses parenting behavior in females. In males the activation of VGAT neurons can also be observed in grooming behavior. During infanticidal behavior the same neurons show a five times higher activation. This difference can also be seen in stimulation of VGAT neurons high intensity leads to infanticidal behavior and in low intensities to grooming. This is also the case in fathers not only in virgin males. These differences might be due to differently expressed genes in male and female GABAergic neurons (Chen et al., 2019).

Also, structural differences in the brain have been connected to GABAergic neurons. The sexually dimorphic nucleus of the preoptic area (SDN-POA) is a sexually dimorphic area in the hypothalamus of rats. It is bigger in male than in female rats. By in situ-hybridization with different glutamic acid decarboxylase (GAD) oligonucleotides in albino rats of the Sprague-Dawley strain (Taconic), it has been shown that this area contains GABAergic neurons. No difference in the level of expression of the GAD isoforms was found between the sexes. In humans a similar nucleus was identified in the hypothalamus. This nucleus does contain GABAergic neurons and therefore is probably homologue to the rat nucleus. No difference was found in neural labeling between the sexes in humans. The human samples tested were formalin-fixed autopsy samples and fresh frozen samples from Alzheimer patients. This nucleus therefore provides inhibitory input to its innervation areas in rats and humans (Gao and Moore, 1996).

Specifically, synaptic differences have been studied during development and sexual differentiation. During the development of the brain, GABA can have an excitatory function. This is because Cl– can move through the GABA channel in two directions; therefore, it is dependent on the concentration gradient between the cytosol and the extracellular fluid (Cherubini et al., 1991; McCarthy et al., 2002). This gradient is dependent on different Ion transporters [K+-Cl– cotransporter 2 (KCC2), Na+-K+-2Cl– cotransporter 1 (NKCC1)] and Cl– channels, which change in abundance over the course of development (Plotkin et al., 1997; Kanaka et al., 2001; McCarthy et al., 2002). The hypothalamus is the region in the brain where GABA signaling becomes inhibitory first, around P6 (Obrietan and van den Pol, 1995). In other regions it can take up to P13 (Leinekugel et al., 1995; Owens et al., 1996). In the hypothalamus, excitatory GABA activity is strongest around birth. It is suspected that in the time of development GABA interacts with steroid hormones. One example supporting this theory is that, in the estrogen-receptor expressing regions (dorsomedial hypothalamic nucleus (DMH), VMH, CA1, arcuate nucleus (ARC)) of newborn mice, the GABA and GAD concentration are twice as high in male pubs compared to female ones. Other investigated regions or timepoints did not show a difference. In a different analysis it was shown that at P15 the GAD67 expression is higher in the female MeA. GAD65 showed a similar trend but was not significant. In the DMH hormonal manipulation with testosterone on P0 of castrated animals leads to higher levels of two isoforms of GAD on P1. It does not result in any differences at P15. In the MPOA independent of the testosterone treatment the GAD levels are higher in males at P1 (Davis et al., 1996, 1999; McCarthy et al., 2002). Antagonizing GABA with muscimol has opposite effects on different brain regions in neonatal male and female Sprague-Dawley rats. Phosphorylation of the cAMP response element binding protein (CREB) is increased in the MPOA, the VMH, the ARC and the CA1 area of the hippocampus in males. In females it is also increased in the ARC, but decreased in all other regions. The CA3 region shows no significant changes in both sexes upon muscimol treatment (Auger et al., 2001). In ovariectomized female Sprague-Dawley rats estradiol treatment increases GAD mRNA levels in the CA1 region and the hilus of the hippocampus. Showing the interaction of estradiol with GAD and therefore with GABA (Weiland, 1992). In the anteroventral periventricular nucleus (AVPV) of adult female Sprague-Dawley rats GABAergic neurons contain VGLUT2 mRNA. As a result of that VGLUT2 and VGAT are co-localized at synapses in the AVPV of females. These dual phenotype terminals occur rarely in male rats or in the MPOA. Moreover, an E2 treatment in combination with the afternoon decreases the number of VGAT positive terminals contacting the medial gonadotropin-releasing hormone (GnRH) neurons, which facilitate the neuronal signaling for ovulation and increase the number of dual-phenotype terminals contacting GnRH neurons. Without E2 treatment no dual-phenotype terminals contacting GnRH neurons are detectable. Overall, in E2 treated animals the immunoreactivity of VGAT goes down and the one of VGLUT2 goes up in dual-phenotype terminals in the afternoon. These experiments were done in gonadectomized males and females and show that in the female AVPV neurons can release both glutamate and GABA. These neurons are involved in luteinizing hormone surge release and ovulation, hormonal and photoperiodic signaling is necessary for that (Ottem et al., 2004).




Neuromodulators


Nitric Oxide

Nitric oxide (NO) is a freely diffusible gas and serves as a cellular messenger in various organs including the brain. Glutamate, the previously discussed neurotransmitter, initiates the synthetization of NO in the central nervous system. This connection is often taken as an indicator for NOs importance in the brain (Karatinos et al., 1995; Colasanti and Suzuki, 2000; Džoljić et al., 2015). NO can have neuroprotective as well as neurotoxic effects. Therefore, it is relevant in the context of different neurological diseases (Colasanti and Suzuki, 2000; Akyol et al., 2004; Boje, 2004). All of these aspects show the importance of NO, also in the context of sexual dimorphisms.

A study specifically mapping S-nitrosylation (SNO) proteins in the cortex in female and male mice found that 266 SNO proteins were exclusively expressed in females, 320 SNO proteins in males and 189 SNO proteins were expressed in both sexes. Further analysis revealed that the SNO proteins exclusive to males were to a high extent involved in cytoskeleton remodeling and the regulation of cytoskeleton proteins in oligodendrocyte differentiation and myelination. The proteins exclusively expressed in females are involved in the regulation of Dopamine receptor 1A (D1A) signaling by glutamate and the fusion and recycling of synaptic vesicle in nerve terminals as well as activity dependent AMPAR removal at the synapse (Khaliulin et al., 2020). Apart from this overall analysis, investigations of individual proteins and pathways including nitric oxide have been done. Nitric oxide synthase-1 (NOS1) seems to be of different importance for LTP in male and female mice. In the layer IV–II/III pathway between barrel columns and in experience-dependent plasticity in the barrel cortex an αNOS1 knockout significantly reduces the probability and the magnitude of LTP in male mice, while it does not affect females (Dachtler et al., 2012). The female hippocampus contains less NO than the male one. Further on, while in males neuronal nitric oxide synthase (nNOS) levels stay unchanged, they change in females according to the stage of the estrus cycle. In proestrus and estrus the quantity of nNOS is similar to males, but it is significantly lower during diestrus and metestrus as well as in ovariectomized females. This dependency on the estrus cycle indicates a correlation between nNOS and the previously described E2. Further investigation of this correlation showed that E2 dose dependently upregulates nNOS in hippocampal neurons in females. In males the regulation of nNOS, seems to be dependent on the glucocorticoid, corticosterone system (Zhou et al., 2011; Hu et al., 2012).



Brain-Derived Neurotrophic Factor

Brain-derived neurotrophic factor (BDNF) is a neurotrophic factor (Barde et al., 1982) and is involved in many neuronal processes, from neuronal differentiation over plasticity and regeneration to neuronal survival (Johnson et al., 1986; Kalcheim et al., 1987; Leibrock et al., 1989; Alderson et al., 1990; Hyman et al., 1991; Ernfors et al., 1994). It is known to be differently expressed and involved in sexual dimorphic behaviors. So, the BDNF abundance in the hippocampus, the frontal cortex and the brain stem is higher in male mice over all regions (Szapacs et al., 2004; Sardar et al., 2021). Looking more closely at the hippocampus it was shown that the expression of BDNF in female Sprague-Dawley rats is higher in the CA3 region, lower in the DG and unchanged in the CA1 region compared to males (Franklin and Perrot-Sinal, 2006). This was confirmed in the right DG in male Wistar rats, showing they have more BDNF positive cells at P14 than females. No difference was found in other regions of the right hippocampus (CA1, CA2, and CA3) or in the left hippocampus. No sex differences in BDNF expression are detectable at earlier points in development (P0 and P7) (Sardar et al., 2021). In humans BDNF was found to be expressed in higher levels in the female frontopolar PFC than in the male one. Moreover, in females, the BDNF levels are lower in suicidal, depressed individuals. This data was accumulated in a western blot analysis using rapidly frozen frontopolar PFC samples of people who died through suicide or other causes (acute cardiac failure, acute myocardial infection or accident) (Hayley et al., 2015). Related to that, knocking out BDNF in the forebrain has sexually dimorphic results in mice, leading to depressive and anxiety behavior in females, while it causes hyperactivity in males (Monteggia et al., 2007). Moreover, the fact that the gene encoding for BDNF contains a section similar to an estrogen response element, could explain why BDNF is differentially regulated in males and females. The estrogen receptor-ligand complexes can bind to this sequence. Estrogen exposure increases the BDNF mRNA in the cerebral cortex and the olfactory bulb of ovariectomized rats (Sohrabji et al., 1995).

Further on, it was shown that estrogen is not the only receptor which can affect BDNF expression at the synapse. BDNF changes in abundance in response to manipulation of different synaptic receptors. In the retrosplenial cortex BDNF is regulated by NMDA. So female Sprague-Dawley rats increasing the expression of BDNF mRNA at administration of dizocilpine, an NMDAR antagonist. In males that is the case as well, but they require the administration of a higher dosage than females. Therefore, females are more sensitive to the manipulation of the NMDAR (Matsuki et al., 2001). Similarly, Phencyclidine, which also acts as an NMDAR antagonist, reduces BDNF levels in several cortical (medial PFC, motor cortex, orbital cortex, retrosplenial cortex, frontal cortex, and parietal cortex) and hippocampal (CA1 and polymorphic layer of DG) regions as well as in the amygdala (central amygdala, lateral amygdala and basolateral amygdala) and the olfactory bulb in female Lister hooded rats but not in male ones (Snigdha et al., 2011). In contrast to that male Long-Evans rats are more affected by the manipulation of GABA receptors (GABARs). This was tested by injecting pregnant rats with diazepam, a GABAR agonist. The males in the offspring were expressing higher quantities of BDNF in the hypothalamus, while males did not show a difference between diazepam and vesicle treatment (Kellogg et al., 2000). Moreover the cannabinoid agonist CP 55,940 decreases BDNF expression in the CA1 region of the hippocampus in female Wistar rats, but does not do so in males (López-Gallardo et al., 2012).



Neuropeptides

Neuropeptides (e.g., neuropeptide Y, vasopressin, and oxytocin) are involved in many mechanisms and pathways regulating a variety of behaviors. Sex differences are known in the behaviors regulated by neuropeptides, including stress, anxiety, feeding and social sharing (Stanley et al., 1992; Bredewold and Veenema, 2018; Ma et al., 2018; Nahvi and Sabban, 2020), as well as in the abundance of the peptides in different brain regions (Rugarn et al., 1999; Dumais and Veenema, 2016). Although there is no doubt that neuropeptides contribute to the dimorphism of the brain, since neuropeptides and the corresponding receptors are not restricted to synaptic structures and involved in volume transmission (Zoli et al., 1999; Landgraf and Neumann, 2004; Nässel, 2009; Ludwig et al., 2016), there is only limited information about the contribution of neuropeptides to the synaptic dimorphism.

It is known that vasopressin can reduce short time potentiation in glutamatergic synapses of corticotropin-releasing hormone neurons in the paraventricular nucleus of the hypothalamus of female mice. This normally is implicated in the buffering of synaptic changes by the company of a native partner after stress, but can also be induces in vitro. This was investigated using Crh-IRES-Cre; Ai14 mice, which have tdTomato expressing corticotropin-releasing hormone neurons (Loewen et al., 2020).





MOSAIC BRAIN AND SYNAPTIC DIMORPHISM

The previous paragraphs have illustrated that synaptic sex differences exist. Conclusively, one could say that synapses are sexually dimorphic. The dimorphism is depending on the investigated brain region or circuit. This variation throughout the brain could indicate that there is no universal feminization or masculinization, but a mosaic maturation of different brain areas. The idea of a mosaic brain proposes that the brain consists of several mosaic tiles, which can individually be disposed on a continuum from female to male (Joel, 2011; Joel et al., 2015). First indicators supporting this theory have been obtained in an analysis of human connectomes, showing no internal consistency in connectome and gender characteristics (Joel et al., 2015), suggesting that no dimorphism can be found on such a high organizational level. Therefore, it might make sense to look for dimorphisms on the smallest organizational level. Synapses can be taken as the smallest tiles of the mosaic, being either feminized or masculinized. The placement of a brain region on a male to female scale would then be determined by the sum of the synapses. The synaptic dimorphism is not constant among all brain regions and circuits. So, the male to female continuum seems to be specifically determined for each brain region.



CONCLUSION

In this review, we provide an overview of sex differences at synapses. Besides that, there is only little data available in this field; there are strong hints that females and males differ on multiple levels, from the density of spines and synapses in different brain areas, to the abundance of specific proteins. Therefore, it is complicated to transfer the results of a study done in one sex to the other without regarding the putative sex dimorphism of synapses. Moreover, this review should illustrate that it is always important at which brain region and circuit one is looking, because sex differences vary depending on the location in the brain. This variation throughout the brain could indicate that there is no universal feminization or masculinization, but a mosaic maturation of different brain areas. The idea of a mosaic brain proposes that the brain consists of several mosaic tiles, which can individually be disposed on a continuum from female to male (Joel, 2011; Joel et al., 2015). This does not neglect the importance of gender- or sex-disaggregated data. Especially in the area of synapse analysis the data is fragmented, most of the time focusing on one specific region or circuit. So, the brain mosaic assembles bit by bit showing differences in some areas and similarities in others. That way, even if focusing on two extreme poles is not the end goal, it can help to identify regions where higher discrepancies are imminent. This might note directly indicate a binary system but a higher polarization of the continuum in this area. The larger the discrepancy the higher might be the relevance for therapeutic approaches. Moreover, dimorphisms could become relevant on the synaptic level. As synapses can be seen as the smallest anatomical tiles of the brain mosaic and we propose that they can be determined as dimorphic showing differences in several brain regions. This dimorphism would then form the continuum visible on higher organizational levels. Therefore, sex-disaggregated data is of high importance especially on low organizational levels and can be a first step toward a more individualized and differentiated approach to research and medicine.
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Neuromuscular junctions (NMJs) are the key interface between terminal nerves and targeted muscle, which undergo degeneration during denervation periods. Denervation-related NMJs changes limits the recovery level of nerve repair strategies. Insights into mechanisms behind neuromuscular junction degeneration and regeneration, following denervation and reinnervation, are of clinical value. Developing some therapies to maintain or protect structures and functions of NMJs may contribute to a better prognosis. Here, we reviewed previous studies of NMJs focusing on the morphological, functional, and molecular changes after denervation, and if those changes can be reversed after reinnervation. Also, we reviewed about the present probable strategies that have been applied clinically or could still be studied in targeting the neuromuscular junction protection or regeneration improvement.
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INTRODUCTION

Neuromuscular junctions (NMJs) are the structural and functional interface between terminal of peripheral nerves and their target muscle, which transfers nerve impulse to muscle contraction. The basic composition of NMJ can be divided into three parts: pre-synaptic area, cleft, and post-synaptic area. The most important medium existing in this structure that switch electrical signal to chemical signal should be acetylcholine (Ach), which is released from the pre-synaptic membrane, combined to acetylcholine receptors (AchRs) on the post-synaptic membrane, and, finally, is retrieved to pre-synaptic area. Typical and mature shape of NMJ is called “pretzel-shape” (Koppel et al., 2019). A number of NMJ gathered in a specific area and shaped to form the motor endplates (MEPs). They arrange into an “M”-like patterned lamella clusters in the muscle tissues (Yin et al., 2019).

The maturation process of NMJ is still ongoing in postnatal period. This includes the rearrangement of nerve terminals, subtype shift of AchRs, and so on. Modifications occur inside and outside the cells in NMJ, and peri-synaptic components also play roles during the process such as the Schwann cells (SCs) (Santosa et al., 2018; Chan et al., 2020; Pęziński et al., 2020).

Denervation can be the outcome of many pathological conditions, such as injury, aging, and cancer cachexia. In these conditions, dysfunction and atrophy of the muscle tissue can be the most common and severe consequence, and degeneration of NMJ may be the key point during these processes. So, it is important to find out the changes of NMJ after denervation in addition to when and how these changes happen. Furthermore, if reinnervation can reverse these changes or not is crucial for determining the targeted therapies in those clinical conditions.

Most of the present studies focusing on this topic are animal experiments. There are several types of animal models which can be mainly divided into chemical, such as botox-induced models, and mechanical denervation like sciatic or other neurectomy (Deng et al., 2021). For studies caring about not only the denervation but also the reinnervation, neurectomy models are used more often for second-stage nerve repair surgery.



MORPHOLOGICAL AND FUNCTIONAL CHANGES OF NEUROMUSCULAR JUNCTION AFTER DENERVATION


Acetylcholine Receptors Density and Motor Endplates Distribution Change

Hartzell and Fambrough (1972) and Fambrough (1974) discussed a lot about AchRs density and sensitivity changes after denervation in rat models and found that intrajunctional AchRs decreased while extrajunctional AchRs increased within 14 days after denervation. Similar results were found in cat models in the study of Steinbach (1981).

With the aids of progressive tissue optical clearing technology, Yin et al. (2019) used a 3D imaging technology to observe the spatial distribution of MEPs and its change after denervation in mice models. They found that the mean width of the lamella clusters of MEPs was increased at 2 months after denervation, with a significant decrease in the mean volume of single MEP, which meant that MEPs were disintegrated and were fragmented along the lamella clusters after denervation until they completely disappeared (Figure 1). Other than the findings from animal models, a study of Gupta et al. (2020) presented results from a human body, in which, there were relative absence of normal-appearing MEPs, fragmentation and dispersion of AChRs, and an apparent shift toward plaque-like endplate morphology within 1 year after denervation. Interestingly, after long-term denervation, morphologically preserved MEPs still persisted in muscles that had been denervated for more than 3 years, which means the degeneration process goes more slowly and gradually in human body.
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FIGURE 1. Spatial conformation of acetylcholine receptors (AChRs) stained by α-BTX in motor endplates (MEPs) at different time points. The mean width of the lamella clusters was increased after denervation (Yin et al., 2019).




Higher Turnover Rate of Acetylcholine Receptors and Functional Instability of Neuromuscular Junction

Other than morphological changes, half-time of AchRs decreased, which means a higher turnover rate in short-term after a denervation is caused by surgery (Pumplin and Fambrough, 1982) or toxin (Fumagalli et al., 1990). Therefore, denervation could functionally decrease the stability of NMJs. This kind of higher turnover rate could reduce the functional maturation of AchRs and lead to a metabolic instability of both intra- and extrasynaptic AchRs.

However, studies (Brenner and Rudin, 1989; Rotzler and Brenner, 1990) found that it is the reduced muscle contraction that reduced the half-time of AchRs, but not denervation itself, since direct muscle stimulation protected the stability of NMJs in both innervated and denervated groups.

Hence, we can conclude that after denervation, NMJs in both animals and human bodies have obvious morphological and functional changes. For individual synapses, AChRs dispersed, fragmented, and their turnover increased. Also, the whole arrangement of MEPs changed as they disintegrated. Beyond these changes that happened on NMJ after denervation, it is also important whether there are irreversible molecular changes behind morphological changes and when irreversible changes could happen. In addition, previous studies indicated that NMJs in animal models and human beings have obvious differences, such as the time sequence of these changes, which should be highlighted since they do affect the reference value of many research results from different models, and influence the clinical decision-making for clinicians.




MOLECULAR MECHANISMS BEHIND NEUROMUSCULAR JUNCTION DEGENERATION AFTER DENERVATION

Several signaling are involved in the processes of NMJ formation, maturation, and maintenance. Among all the molecular mechanisms, Agrin-LRP4P-MuSK signaling, DOK7 signaling, and Wnt pathways are classic pathways with strong evidence in formation and maintenance of NMJ, while Ach-CDK5-Calpain has more connections with dispersion of AChRs and degeneration of NMJ. Previous reviews (Gonzalez-Freire et al., 2014; Rodríguez Cruz et al., 2020) have systematically discussed about different molecules participating in different physiological and pathological processes, such as aging and some inherited disorders. However, whether these signaling pathways are activated following denervation, can be still confused.


Mechanism Involved in Changes of Intrinsic Components in Neuromuscular Junctions

Chao et al. (2013) found that Agrin-LRP4P-MuSK signaling help the maintenance of NMJ following a nerve injury by using the MMP3 knockout mice model, which preserved the neural agrin and helped the clustering of AchRs. In study of Kurimoto et al. (2015), they demonstrated that Wnt3a was upregulated, and β-catenin was activated following a traumatic nerve injury, which induced NMJ dispersion and destabilization (Figure 2). The Ca2+-p35-p25-dependent proteolysis can be another important muscle cell degradative system that is activated by denervation. It leads to the dispersal of AChR clusters (Machado et al., 2019).
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FIGURE 2. Intrinsic molecular changes related to neuromuscular junction (NMJ) maintenance and degeneration after denervation. Rapsyn, as a cytoplasmic anchoring protein rapsyn, plays a role in stabilizing the AchRs clusters.


Also, Lok et al. (2007) demonstrated that Gβ subunits, which are located at the NMJ and negatively regulate NRG-mediated MEK-ERK activation, were upregulated after a nerve injury. This played a negative role in regeneration and differentiation of the post-synaptic muscle cells at NMJ. Grosheva et al. (2016) and Rink et al. (2020) found an elevated expression of FGF2 and a reduced expression of BDNF, following a facial nerve injury as two kinds of neurotrophic expression induced a striking reduction in poly-innervated endplates in the NMJs and disturbed a complete recovery.



Perisynaptic Components Participation in Neuromuscular Junction Remodeling

Besides intrinsic changes of NMJ, perisynaptic cells participate in the process of NMJ remodeling following denervation. Among them, perisynaptic Schwann cells play essential roles in the development and maintenance of NMJ. Also, their ability is related to the time of denervation. In models of rodents, SCs showed an impaired ability of supporting regeneration of axon and NMJ after denervation for more than 4–8 weeks (Sulaiman and Gordon, 2000), and the time can be longer in human body (Ebenezer et al., 2007). Jablonka-Shariff et al. (2020) demonstrated that a GPCR Gpr126 was critically important for not only myelinating SCs to the nerve regeneration, but also in terminal SCs for NMJ maintenance after nerve injury. Also, Lu et al. (2020) demonstrated beneficial contributions of a macrophage-mediated response of NMJs through the induction of terminal SCs response (Figure 3).
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FIGURE 3. Schwann cell (SC) responses toward denervation for nerve repair and NMJ regeneration.


All in all, molecular changes of intra and extra components of NMJs happen following denervation. Some of them play a protective role for NMJ maintenance and regeneration, while some of them may negatively affect the morphology and function of NMJs which could then limit the potentiality of function recovery after reinnervation.




REGENERATION OF NEUROMUSCULAR JUNCTION AFTER REINNERVATION AND ITS LIMITATION

Functional recovery is a core for evaluating the effect of therapies targeting denervation such as nerve transfer or grafting surgery. The connection between re-dominating nerves and their target muscle can be essential for recovery level, which depends on maintenance and regeneration of NMJs. The reinnervation process, including nerve regeneration, MEPs reunion, and NMJs, reform.

Since MEPs arranged in the lamella cluster and disperse along the similar line following denervation, Yin et al. (2019) investigated if NMJs could regain the original pattern and found that anatomical organization of MEPs is apparently “regained” after reinnervation. However, in the study of Li et al. (2022), they showed that a delayed repair (3 months) could restore the spatial distribution of MEPs, but adversely affect the homogeneity of MEPs and lamellar MEP clusters in mice. Similar results from Vannucci et al. (2019) demonstrated that despite high percentage of NMJs reinnervation, morphological changes, including polyinnervation, axonal sprouting, and endplate fragmentation, occurred with reinnervation.

During the process of reinnervation, there is an important phenomenon called “NMJ-polyinnervation” because of nerve sprouting. Going into details, Rich and Lichtman (1989) found that during the first week of reinnervation, many of the endplate sites are innervated by more than one axon, while within 2 weeks after reinnervation, nerve terminal staining shows that most of the sprouts have regressed. However, this condition of polyinnervation reduced the effectiveness of signaling transduction, which resulted in poor recovery of functional NMJ (Brown et al., 1981). Neurotrophic factors, including CNTF, BDNF, GDNF families, and so on, are related to this pathological process (Sendtner, 1998; Hernandez-Morato et al., 2014; Raimondo et al., 2019; Rink et al., 2020), and their antibodies application could reduce the polyinnervation and improve NMJ recovery.

The NRG-1/ErbB signaling is an important pathway that participates in the stability maintenance of AchRs by modulating Agrin-induced AchR clustering (Schmidt et al., 2011; Ngo et al., 2012). Morano et al. (2018) demonstrated that the regulation of NRG-1/ErbB system correlated to the reinnervation phase, especially ErbB4, has tighter relationship with the NMJs. Muscle activity also has an impact on NMJ regeneration during reinnervation process. After denervation, several signaling systems are activated, and this eventually leads to muscle atrophy and fibrosis in long-term denervation. Interestingly, Macpherson et al. (2015) found that among pathways activated in denervated muscle, Gdf5 and Myog systems also regulated reinnervation process. They demonstrated that when Gdf5 and Myog were inhibited by Dach2-Hdac9, muscle reinnervation was also impaired, which indicated the interaction between the muscle and the nerve activity.

As discussed before, perisynaptic cells are not only involved after denervation. They also participate in NMJs’ regeneration following reinnervation. The most important cells in the process might be SCs since they could guide the growth of regenerative nerve and remodel NMJs (Kang et al., 2019). Furthermore, ECM components cannot be ignored since Brayman et al. (2021) identified the roles for the ECM molecules, Hevin and SPARC for NMJ repair, as they were be upregulated by muscles during reinnervation to orchestrate the fidelity of NMJ repair, at the expense of its rate of reinnervation.



NEUROMUSCULAR JUNCTION PROTECTION STRATEGIES AND THEIR CLINICAL VALUE

Neuromuscular junctions degenerate after denervation, and the time between denervation and successful reinnervation could be the most important factor that limit their regeneration (Scheib and Höke, 2013). Clinically, immediate therapies or surgeries for patients are sometimes not available. So, it is important to find out some methods to protect NMJs during the interval period. Besides the earlier nerve repair and acceleration of nerve regeneration, strategies for NMJ protection can target to synapse integration, SCs to function maintenance, and micro-environment modulation.


Synapse Integration Maintenance

For synapse integration maintenance, there are several strategies that have been discussed. Electrical stimulation has beneficial effects for AchRs clustering for NMJ formation (Lozano et al., 2016) which has been widely applied for patients with peripheral nerve injury. To reduce the inflammation response, McAvoy et al. (2019) developed a microelectrode array which successfully stabilize the AchRs during long-term denervation. As discussed before, Agrin-LRP4P-MuSK signaling can be important for the maintenance of NMJs, therapy-targeting MuSK, which is thought to be of great clinical value, has been attempted to preserve NMJ (Cantor et al., 2018; Feng et al., 2021). However, most studies focusing on these therapeutic medicines are still limited in the animal trials stage.

Furthermore, for those cases in which original dominate nerve repair cannot be achieved, compensatory nerve sprouting can also be a potential therapeutic strategy for muscle function preservation (Marshall and Farah, 2021).



Schwann Cells Function Recovery

Schwann cells play an irreplaceable role during NMJ regeneration since they could guide axons to achieve the original NMJs sites and remyelinate them (Gordon, 2020; Nocera and Jacob, 2020). The GH-IGF-1 system has been proven to have the potential to improve outcomes after the nerve injury (Tuffaha et al., 2016; Lopez et al., 2019; Slavin et al., 2021). Also, it has been demonstrated that during the regeneration period, GH and IGF-1 support SCs myelination and inhibit SCs apoptosis. What is gratifying is that some drugs in this area have been approved by the Food and Drug Administration (FDA), such as Tesamorelin, for other diseases rather than denervation (Traynor, 2010). Clinical trials are promising and are to be carried out for peripheral nerve injury.

Emerging therapeutic strategies, including human muscle-derived stem/progenitor cell (hMDSC) transplantation, has been studied by Lavasani et al. (2014), and they found that hMDSCs differentiated into myelin-producing SCs and helped NMJs reorganization, which promised a potential clinical application.



Supporting Environment Regulation

Supporting environment can also be essential for NMJ regeneration, including interstitial cells and components, cytokines, inflammatory cells, and so on. As discussed before, Neuregulin (NRG) is an important neurotrophic factor that improved the NMJ regeneration in animal studies and found that NRG-1 works for NMJs protection after denervation (Fricker et al., 2011; Mancuso et al., 2016).

Another component in the environment around NMJs can be the infiltrating inflammation cell, such as mast cells (Trias et al., 2017) and macrophages (Mokarram et al., 2012), some of them infiltrated around the denervated NMJ, Masitinib, which normalize their infiltration, decreased NMJ degeneration, which has already undergone clinical trials for ALS patients. Furthermore, muscle satellite cells (MuSCs) are vital for muscle regeneration following any type of muscle injury including denervation (Wong et al., 2021). Also, impaired function of MuSCs lead to poor regeneration of NMJs (Liu et al., 2015, 2017).




CONCLUSION

All in all, along with the denervation, NMJs changed and degenerated gradually to an irreversible level. Functional recovery would be restricted after the clinical nerve repair therapy because of these irreversible degenerations. While in clinical work, there are several situations in which the interval time before reinnervation strategies cannot be avoided. So, it could be of great clinical value to develop some medicines or other types of therapies [e.g., exercise (Nishimune et al., 2014)] to maintain the integrity and functions of NMJs for better prognosis. Furthermore, it should be highlighted that our review mainly focused on previous studies that targeted adults. Similar topics in children should be distinguished due to the differences between adult and pediatric treatment. For example, NMJs still undergo maturation period during the neonatal period such as the AchR γ-ε subunits switch (Missias et al., 1996).
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Motor rhythm is initiated and sustained by oscillatory neuronal activity. We recently discovered that the A-class excitatory motor neurons (MNs) (A-MNs) function as intrinsic oscillators. They drive backward locomotion by generating rhythmic postsynaptic currents (rPSCs) in body wall muscles. Molecular underpinning of the rPSCs, however, is not fully elucidated. We report here that there are three types of the rPSC patterns, namely the phasic, tonic, and long-lasting, each with distinct kinetics and channel-dependence. The Na+ leak channel is required for all rPSC patterns. The tonic rPSCs exhibit strong dependence on the high-voltage-gated Ca2+ channels. Three K+ channels, the BK-type Ca2+-activated K+ channel, Na+-activated K+ channel, and voltage-gated K+ channel (Kv4), primarily inhibit tonic and long-lasting rPSCs with varying degrees and preferences. The elaborate regulation of rPSCs by different channels, through increasing or decreasing the rPSCs frequency and/or charge, correlates with the changes in the reversal velocity for respective channel mutants. The molecular dissection of different A-MNs-rPSC components therefore reveals different mechanisms for multiplex motor rhythm.
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INTRODUCTION

Motor rhythm encompasses multiple behaviors that are essential for animal survival, including locomotion, breathing, feeding, and courtship. Motor rhythm is driven by a network of neurons that autonomously generate or sustain oscillatory activities in the absence of external sensory inputs, called central pattern generators (CPGs) (Marder and Bucher, 2001). Locomotor CPGs consist of spinal interneurons (INs) and motor neurons (MNs); they respond to initiation or configuration signals from the central or peripheral nervous systems (Pearson, 1993; Grillner et al., 2008). Depicted as a top-down unidirectional network, the CPG spinal INs instruct the output of MNs to coordinate muscle contractions. MNs in the networks are considered to be merely the relay from pattern-generating circuits to muscles (Grillner, 2006; Kiehn, 2006, 2016). The episodic discharge from locomotor CPG-INs, with particular frequency and phase, ensures precise coordination of muscles controlling the speed and strength of locomotor movements (Wilson, 1961; Grillner, 1975; Wallén and Williams, 1984; Hultborn and Kiehn, 1992; Guertin et al., 1995; Marder and Rehm, 2005; Briggman and Kristan, 2006; Juvin et al., 2007; Ayali and Lange, 2010).

However, electron microscopy reconstructions reveal that MNs make mixed-synapse (chemical and electrical) connections with premotor INs in C. elegans (White et al., 1986) and spinal neurons in tadpole larva (Ryan et al., 2016). These physical connections raise the possibility that MNs are not simple “final common path,” but could be considered as an integral part of the locomotor CPGs. Indeed, evoked MN activity retrogradely regulated the activity of CPG-INs or premotor INs was reported across phyla, from the tadpole (Roberts and Perrins, 1995), zebrafish (Song et al., 2016), chick (Wenner and O’Donovan, 1999, 2001), and rodent (Mentis et al., 2005), to leech (Rela and Szczupak, 2003; Szczupak, 2014) and C. elegans (Liu et al., 2017). In addition, disruption of the MN activity affects the upstream CPG-IN patterns and motor rhythm in the crayfish and Drosophila (Heitler, 1978; Matsunaga et al., 2017).

We and others previously discovered that C. elegans ventral cord motor circuit contains multiple CPG-like locomotor networks or oscillators for body undulation (Kato et al., 2015; Fouad et al., 2018; Gao et al., 2018; Xu et al., 2018; Wen et al., 2018). They were located in two subcircuits with anticorrelated activity dynamics: premotor INs (AVB and PVC) and B-class MNs (B-MNs) composed forward circuit, and premotor INs (AVA AVE and AVD) and A-MNs composed backward circuit (Figure 1A). Both subcircuits are connected to each other through both electrical and chemical synapses (Chalfie et al., 1985; White et al., 1986). Antagonistic activity between the two subcircuits underlies transition between the directional motor states (Kawano et al., 2011; Kato et al., 2015; Roberts et al., 2016). More importantly, we recently found that, without all premotor INs, the excitatory A-MNs themselves constitute a CPG-like distributed network of oscillators (Gao et al., 2018). The isolated A-MN oscillators drive continuous rhythmic backward locomotion without INs or sensory inputs. These results indicate that A-MNs function as a chain of phase-coupled local oscillators to organize and execute backward locomotion. Therefore, A-MNs are not only the backward movement execution unit, but also a core module of locomotor CPG.
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FIGURE 1. Three types of compound rPSCs constitute A-MNs oscillators. (A) Left, schematics of the motor circuit components and connectivity. Upon ablation of premotor INs and B-MNs using miniSOG transgene animals, A-MN backward motor circuit, containing A-MNs and D-MNs, was isolated. Right, representative spontaneous PSCs trace and continue charge frequency analysis (–pC/3s) from wild-type neuromuscular junction upon the coablation of premotor INs and B-MNs. Rhythmic PSCs events with large charges were recorded. Muscle cell was held at –60 mV. (B) Top: three typical compound rPSCs exhibit distinct activation dynamics, including phasic-type, slow activated with tonic spillover PSCs (tonic-type), and fast activated long-lasting-type PSCs (long-lasting-type), respectively. Bottom: frequency spectrum analysis of above rPSCs. (C) Quantification of the duration and rise time (10–90%) of different types of events. (D) Colormap and charge efficiency (by linear fitting) of all rPSC events from the animals with (Ablated) and without (Control) ablation. Blue dots denote phasic-type events, yellow dots denote tonic-type events, and green dots denote long-lasting-type events. (E) Quantification of the frequency and charge of different rPSCs without (−) or with (+) premotor INs and B-MNs ablation. n ≥ 19 animals in each group. (F) Representative curvature kymogram (up) and instantaneous velocity (bottom) of free-behaving animals, with (Ablated) and without (Control) ablation. Ablated animals exhibit persistent reversal, as posterior to anterior propagating body bends (arrows). (G) Distribution of instantaneous velocity of animals with (Ablated) and without (Control) ablation. The velocity fraction is drastically left-shifted after ablation. n ≥ 10 in each group. ***p < 0.001 against non-ablated Control groups by the Kolmogorov–Smirnov test. All data are expressed as means ± SEM. Student’s t-test was used (B,C,E,F). Statistical significance is indicated as follows: ns, not significant, *p < 0.05, **p < 0.01, ***p < 0.001 in comparison with that as denoted.


In this study, we address how A-MN’s oscillatory properties are constituted at the physiological and molecular level. We applied dissected C. elegans NMJ preparation (Richmond and Jorgensen, 1999; Mellem et al., 2008; Gao and Zhen, 2011; Liu et al., 2013) to record the postsynaptic currents (PSCs) in anterior ventral body muscles to analyze currents that constitute A-MN’s endogenous activity. Previously, we have shown a standard muscle PSCs recording consists of miniature PSCs (mPSCs) and rare patterned events, called rhythmic PSC (rPSCs) bursts that are activated by premotor INs (Gao et al., 2015). These rPSCs are A-MN-dependent and become prominent in premotor INs and B-MNs ablated animals (Gao et al., 2018). Importantly, the frequency and charge of these rPSCs, but not the frequency or amplitude of the mPSC, correlated with the reversal velocity (Gao et al., 2018).

Here, we report three classes of the rPSC, each with distinct kinetics (frequency spectrum, activation rate, and duration) generated by the isolated C. elegans backward circuit. These rPSCs constitute the A-MN’s oscillatory property and instruct sustained reversal. By further comparison of the rPSC’s frequency and charge between wild-type and various channel mutant animals, we identified several Ca2+, Na+, and K+ channels that differentially affect each of the three patterns and reversal movement. Our results denoted multiple forms and regulations of C. elegans locomotory oscillators.



RESULTS


Isolated Backward Motor Circuit Preparation Exhibits Three Types of Rhythmic Postsynaptic Currents

A-class excitatory motor neurons generate spontaneous periodic electric activities independent of premotor INs (Gao et al., 2018). To address how these rhythmic patterns of activity are constituted, we optogenetically isolated a pure A-MN backward motor circuit. A transgenic strain by simultaneous expression of a flavoprotein miniSOG into all premotor INs and B-MNs was used (section “Materials and Methods”). MiniSOG releases singlet oxygen by blue-light illumination that induces acute functional loss and subsequent death of neurons (Qi et al., 2012). Upon ablation, the entire population of all premotor INs and B-MNs were removed, and thus, A-MN backward motor circuit was isolated (Figure 1A). We then recorded spontaneous rPSCs for more than 5 min to collect rhythmic events from the dissected neuromuscular preparation. Strong periodic compound PSCs were observed at all ablated preparations with an average frequency of ∼4 events per 300 s (n = 19). These rPSC events were obviously distinct from the mPSCs due to the 5-to 10-fold charge transfer difference (rPSCs 67.50 ± 12.11 vs. mPSCs 7.42 ± 0.41 –pC/3s) (Figure 1A). By contrast, only sporadic rPSC events were observed in non-ablated wild-type preparations with dramatically low frequency (1.52 ± 0.34 events per 300 s) and charge transfer (33.49 ± 4.46 –pC) (n = 21) (Supplementary Figures 1A,B). These results clarified that isolated A-MN motor circuits exhibit robust rhythmic PSCs.

To analyze these rPSCs, we reexamined their components. From these pooled traces, at least three types of rPSCs were recorded, with different activation dynamics. The phasic rPSCs consisted of a group of rapid burst depolarizing currents of –50 to –300 pA: each had the burst frequency between 1 and 4 Hz and lasted 3.88 ± 0.36 s (Figures 1B,C). Different from the phasic-type, tonic rPSCs had the highest proportion (45.5%) and slowest activation kinetics: 10–90% rise time 817.98 ± 68.79 ms and a slightly longer duration (5.60 ± 0.45 s). Long-lasting rPSCs had a duration of 9.94 ± 1.53 s and were usually accompanied with a fast initiation current with 10–90% rise time of 13.20 ± 2.61 ms (Figures 1B,C). The tonic and long-lasting types of rPSCs were usually containing high-frequency mPSCs and irregular bursts. Transient PSC bursts or multiphasic mPSCs were also observed sporadically but without predictable rhythmicity (data not shown). Three types of rPSCs are proposed excitatory, since periodic action potential bursts corresponded to these rPSCs after premotor INs and B-MNs were ablated (Gao et al., 2018). Therefore, we isolated various rhythmic electrical signals that undergo the A-MN oscillating activities.

Except for the phasic rPSCs, which are potentiated by activation of premotor INs AVA (Gao et al., 2015, 2018), the characterizations of tonic and long-lasting types of rPSCs have not been reported. To determine how these rPSC components constitute the rhythmic patterns of activity, we pooled all rPSCs events together from all ablated wild-type animals (Figure 1D). In individual preparation, tonic rPSCs occurred either alone or together with others, arising mixed types of rPSCs. The average frequency of each rPSCs is approximately 1–2 events per 300 s, building a total frequency of 3.83 ± 0.58 events per 300 s (Figure 1E and Supplementary Figure 1B). Each type of rPSCs also exhibited different charge transfer, from minimal phasic-type (25.46 ± 2.17 –pC) to maximal long-lasting type (107.27 ± 17.92 –pC), correlated with the rPSC duration (Figures 1D,E and Supplementary Figure 1B). Thus, these rPSCs orchestrated the rhythmic patterns of activity of the A-MN oscillator from the isolated backward motor circuit.

Spontaneous rPSCs were also observed in the same non-ablated transgenic worms without blue-light illumination. By pooling the sporadic rPSC events from 21 non-ablated wild-type (Control) preparations, we noticed that three types of rPSCs were also recorded (Figure 1D). The frequency of each type of rPSCs, however, was significantly lower than that of ablated animals (Figure 1E), which leads to decreased total frequency (Supplementary Figure 1B). The charge of tonic and long-lasting types of rPSCs in these animals was also less than that of ablated worms, which is largely due to shortened duration (Figure 1E and Supplementary Figure 1B). Increased frequency and charge transfer of the rPSCs from the isolated backward motor circuit reflected boosted rhythmic activity of the A-MN oscillator. Taken together, these results demonstrated that rhythmic patterns of activity from A-MNs were constituted by three key components of rPSCs with different activation dynamics.



The Rhythmic Postsynaptic Currents Promote Backward Movement Propensity and Velocity

To address whether these types of rPSCs from A-MNs are intrinsically functional, we then examined the behavioral response by the ablation of all premotor INs and B-MNs. Consistently, upon ablation, animals with isolated A-MNs exhibited continuous backward movements with periodic stalled by the forward-promoting head oscillations (Figure 1F). The animals without ablation (Control), however, exhibited predominantly forward locomotion with occasional backward interruption, similar to the non-transgenic wild-type N2 strain (data not shown). Consequently, ablation induced a strong left-shift in the velocity curve (Figure 1G). Considering the increased frequency or charge of rPSCs from these ablated animals, our results suggest that these rPSCs provide the intrinsic depolarizing signals that drive coordinated muscle contraction, thus promoting the rhythmic backward movements.



A Na+ Leak Channel NCA/NALCN Is Required for All Rhythmic Postsynaptic Currents

We and others have identified that the sodium (Na+) leak channel NCA (Humphrey et al., 2007; Jospin et al., 2007; Yeh et al., 2008; Xie et al., 2013; Flourakis et al., 2015), homolog of the mammalian NALCN (Lu et al., 2007), is critical for rhythmic locomotion. This channel, encoded by two functionally redundant pore-forming subunits nca-1 and nca-2, is expressed ubiquitously in the nervous system and sustains motor activity (Xie et al., 2013; Gao et al., 2015). To identify NCA’s involvement in the backward motor circuit, we examined the motor behaviors of nca(lf) mutants with the isolated backward motor circuit preparation.

Upon the removal of premotor INs and B-MNs, the reversal velocity of nca(lf) mutant animals was decreased when compared to that of wild-type animals (Figures 2D,E). We then asked whether NCA channels regulate the A-MN rPSCs. In nca(lf) animals, the phasic rPSCs exhibit a decrease in both frequency and charge. Both tonic and long-lasting rPSCs also exhibit reduced frequency; their charge exhibited the trend of decrease, but failed to reach statistical significance (Figures 2A–C). These results suggest that the NCA Na+ leak channel is involved in all rPSCs.
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FIGURE 2. NCA Na+ leak channel is required for all types of rPSCs. (A) Colormap and charge efficiency (linear fitting) of all rPSC events recorded from ablated nca-1(hp102; gf) and nca-1(gk9; lf); nca-2(gk5; lf) mutant animals, respectively. Blue dots denote phasic-type events, yellow dots denote tonic-type events, and green dots denote long-lasting-type events. (B,C) Quantification of the frequency and charge of different rPSCs in respective genotypes. n ≥ 15 animals in each group. (D) Representative curvature kymogram (up) and instantaneous velocity (bottom) of free-behaving animals of respective genotypes after ablation. nca-1(hp102; gf) mutant animals exhibit increased reversal, as posterior to anterior propagating body bends (arrows), and nca-1(gk9; lf); nca-2(gk5; lf) mutants exhibit stalled backward. (E) Distribution of instantaneous velocity of wild-type, nca-1(hp102; gf) and nca-1(gk9; lf); nca-2(gk5; lf) mutant animals. The velocity fraction is left-shifted in the nca-1(hp102; gf) mutant, and right-shifted in the nca-1(gk9; lf); nca-2(gk5; lf) mutant, respectively. n ≥ 10 in each group. ***p < 0.001 against ablated wild-type by the Kolmogorov–Smirnov test. All data are expressed as means ± SEM. Student’s t-test was used (B,C). Statistical significance is indicated as follows: ns, not significant, *p < 0.05, ***p < 0.001 in comparison with that as denoted.


A gain-of-function mutation allele of nca-1 (nca(gf)) led to enhanced motor activity (Yeh et al., 2008). We found that in the nca(gf) isolated reversal motor circuit, the frequency of phasic rPSCs and charge of tonic rPSCs were significantly increased (Figures 2A–C). Consistently, after the removal of premotor INs and B-MNs, nca(gf) mutants exhibited increased reversal velocity when compared to that of wild-type animals. The increased frequency of phasic rPSCs in nca(gf) and decreased frequency of all rPSCs in nca(lf) mutants indicated that the Na+ leak channel has widespread effects on all types of rPSCs.



Regulation of Tonic and Phasic Rhythmic Postsynaptic Currents by the High-Voltage P/Q/N-Type VGCC

Functional rPSCs are initiated by the periodic neuronal activity, which is established by voltage-gated ion channels (Grillner, 2003), voltage-gated Ca2+, Na+ channels that provide the excitatory currents for depolarizing the membrane potential, and voltage-gated K+ channels that instruct the membrane hyperpolarized currents (Harris-Warrick, 2002). To address the molecular regulators that underlie the above different types of rPSCs, we focused on channel proteins and analyzed the rPSCs frequency or charge in mutants by decreasing and/or increasing the channel activity. All mutant animals were recorded without premotor INs and B-MNs after ablation. High-voltage-activated P/Q/N-type calcium channel (VGCC) is substantially required for coordinated locomotion and Ca2+ oscillation of MNs (Büschges et al., 2000; Gao et al., 2018; Huang et al., 2019). In a partial lf mutant for the α-subunit of the P/Q/N-CaV2α UNC-2, the frequency of tonic and phasic rPSCs was significantly decreased (Figures 3Aii,B), which results in a drastically reduced total frequency of rPSCs (Supplementary Figures 1C,D). The charge transfer of these two types of rPSCs also exhibited a drastic decrease in the unc-2(lf) mutant when compared to wild-type animals (Figures 3Aii,C). Neither frequency nor charge transfer of long-lasting rPSCs was affected in this mutant. These results confirm the essential requirement of P/Q/N-type VGCC for A-MN rhythmic oscillations and demonstrate specific regulation of P/Q/N-type VGCC for tonic and phasic types of rPSCs.
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FIGURE 3. High-voltage P/Q/N-VGCC(UNC-2) facilitates tonic and phasic rPSCs. (A) Colormap and charge efficiency (linear fitting) of all rPSC events from unc-2(hp647; gf) (up) and unc-2(e55; lf) (bottom) mutant animals, after the coablation of premotor INs and B-MNs. Blue dots denote phasic-type events, yellow dots denote tonic-type events, and green dots denote long-lasting-type events. (B,C) Quantification of the frequency and charge of different rPSCs in respective genotypes. n = 13 animals in each group. (D) Representative curvature kymogram (up) and instantaneous velocity (bottom) of free-behaving animals of respective genotypes after the ablation. unc-2(hp647; gf) mutant animals exhibit persistent fast reversal, as posterior to anterior propagating body bends (arrows), while unc-2(e55; lf) mutants exhibit almost sluggish backward locomotion. (E) Distribution of instantaneous reversal velocity of wild-type, unc-2(hp647; gf) and unc-2(e55; lf) mutant animals. The velocity fraction is drastically left-shifted in unc-2(hp647; gf), and right-shifted in unc-2(e55; lf) mutants, respectively. n ≥ 10 animals in each group. ***p < 0.001 against ablated wild-type by the Kolmogorov–Smirnov test. All data are expressed as means ± SEM. Student’s t-test was used (B,C). Kolmogorov–Smirnov test was used (E). Statistical significance is indicated as follows: ns, not significant, *p < 0.05, **p < 0.01, ***p < 0.001 in comparison with that as denoted.


Altered A-MN activity corresponded with changes in reversal velocity. We then asked whether the reduced tonic and phasic types of rPSCs in unc-2(lf) had any behavioral consequences. Upon the ablation of premotor INs and B-MNs, unc-2(lf) mutants exhibited strikingly reduced reversal velocities than ablated wild-type animals (Figures 3D,E), which reinforce the requirement of P/Q/N-type VGCC for locomotion. This result indicates that activity change in two types of rPSCs affects locomotion substantially. More interesting, we further examined the effect of a gain-of-function (gf) mutation in unc-2 with prolonged channel opening kinetics (Huang et al., 2019). In contrast to the case of unc-2(lf) mutants, upon ablation, only the tonic rPSCs in the unc-2(gf) mutant exhibited increased frequency and charge (Figures 3A–C). Intriguingly, ablated unc-2(gf) mutants also exhibited dramatically increased reversal velocities than ablated wild-type animals (Figures 3D,E), which suggests a dominant effect of tonic rPSCs on locomotion.

Collectively, through decreasing or increasing the activity of P/Q/N-type VGCC/UNC-2, these results demonstrate the differential regulation of tonic and/or phasic rPSCs by the high-voltage-activated P/Q/N-type VGCC is sufficient to alter the property of reversal movements.



The Requirement of High-Voltage L-Type High-Voltage-Activated P/Q/N-Type Calcium Channel for the Tonic Rhythmic Postsynaptic Currents

Multiple types of voltage-activated calcium currents are also recorded in the locomotor network neurons (Tegnér et al., 1997; Guertin and Hounsgaard, 1998). C. elegans genome has two more VGCC genes, namely, egl-19, which encodes L-type VGCC and cca-1 that encodes T-type VGCC, respectively. Both of them were reported to be expressed in the ventral nerve cords (Lee et al., 1997; Bargmann, 1998; Consortium, 1998). To identify whether they are also involved in rPSC regulation, we examined the lf mutants of the genes. In mutants containing a partial lf allele for the pore-forming α-subunit of the L-VGCC CaV1α EGL-19, tonic rPSCs were significantly decreased, in both frequency and charge, when compared to wild-type animals (Figures 4A–C and Supplementary Figures 1C–E; egl-19(n582; lf)). The reversal velocity in ablated egl-19(lf) mutants was also substantially attenuated (Figures 4D,E). By contrast, in a lf allele mutant of the T-type VGCC CaV1α CCA-1, all types of rPSCs were readily recorded [Supplementary Figures 1C–E, 2A–C; cca-1(ad1650; lf)]. The reversal velocity was also unaltered in cca-1(lf) mutants (Supplementary Figures 2D,E). These results demonstrate that L-VGCC/EGL-19, but not T-VGCC/CCA-1, is critical for rPSC regulation, especially for tonic ones.
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FIGURE 4. High-voltage L-VGCC (EGl-19) specifically regulates tonic-rPSCs. (A) Colormap and charge efficiency (linear fitting) of all rPSC events from egl-19(ad695; gf) and egl-19(n582; lf) mutant animals, after the coablation of premotor INs and B-MNs. Blue dots denote phasic-type events, yellow dots denote tonic-type events, and green dots denote long-lasting-type events. (B,C) Quantification of the frequency and charge of different rPSCs in respective genotypes with premotor INs and B-MNs ablation. n ≥ 16 animals in each group. (D) Representative curvature kymogram (up) and instantaneous velocity (bottom) of free-behaving animals of respective genotypes after ablation. egl-19(ad695; gf) mutants exhibit increased reversal, as posterior to anterior propagating body bends (arrows). egl-19(n582; lf) mutants exhibit reduced backward locomotion. (E) Distribution of instantaneous velocity of wild-type, egl-19(ad695; gf) and egl-19(n582; lf) mutants. The velocity fraction is left-shifted in egl-19(ad695; gf), and right-shifted in egl-19(n582; lf) mutants, respectively. n ≥ 10 in each group. ***p < 0.001 against ablated wild-type by the Kolmogorov–Smirnov test. All data are expressed as means ± SEM. Student’s t-test was used (B,C). Statistical significance is indicated as follows: ns, not significant, *p < 0.05, ***p < 0.001 in comparison with that as denoted.


According to the results that the unc-2(gf) mutant exhibited counter-effects on rPSCs compared to the unc-2(lf) mutant, we predicted that a gf mutant of egl-19 would show improved rPSCs. Indeed, egl-19(ad695), a gf mutant in which the EGL-19 I-V curve is left-shifted, inducing channel activation at more negative potentials (Lainé et al., 2014), exhibited obviously increased tonic rPSCs in charge (Figures 4Ai,C). Interestingly, egl-19(gf) mutants also exhibited significantly increased reversal velocity than ablated wild-type animals (Figures 4D,E), which confirms the importance of tonic rPSCs. No change in rPSCs frequency in the egl-19(gf) mutants suggests that increased charge only is sufficient to improve movement.



Ca2+-Activated K+ Channel SLO-1 Inhibits the Tonic Rhythmic Postsynaptic Currents

Potassium (K+) channels regulate the repolarization of membrane potentials, thus inhibiting the neuronal activity. Ca2+-activated BK-type K+ channel, activated by Ca2+ influx through P/Q/N-type VGCC, modulates afterhyperpolarization of spinal neurons, which is required for locomotion (Wikström and El Manira, 1998). We reasoned that the BK channel is also important for A-MNs-CPG. First, SLO-1, the C. elegans BK-type K+ channel, has expression in MNs (Wang et al., 2001). Second, upon the ablation of premotor INs and B-MNs, the frequency and charge of tonic rPSCs were significantly increased in slo-1(lf) mutants compared to wild-type animals (Figures 5Aii,B). The charge of phasic and long-lasting rPSCs was also increased (Figure 5C), which indicates that the BK/SLO-1 channel has diverse regulations of rPSCs. Furthermore, slo-1(lf) mutant animals exhibited dramatically increased reversal velocity after the removal of premotor INs and B-MNs (Figures 5D,E). These results denote that BK/SLO-1 channel is indeed required for the A-MN rPSCs.
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FIGURE 5. BK/SLO-1 channel inhibits tonic- and phasic-type rPSCs. (A) Colormap and charge efficiency (linear fitting) of all rPSC events recorded from ablated slo-1(ky389; gf) and slo-1(js379; lf) mutant animals, respectively. Blue dots denote phasic-type events, yellow dots denote tonic-type events, and green dots denote long-lasting-type events. (B,C) Quantification of the frequency and charge of different rPSCs in respective genotypes with premotor INs and B-MNs ablation. n ≥ 14 animals in each group. (D) Representative curvature kymogram (up) and instantaneous velocity (bottom) of free-behaving animals of respective genotypes. slo-1(js379; lf) mutant animals exhibit faster reversal, as posterior to anterior propagating body bends (arrows). (E) Distribution of instantaneous velocity of wild-type, slo-1(ky389; gf), and slo-1(js379; lf) mutant animals. The velocity fraction is drastically left-shifted in slo-1(js379; lf) mutants, and right-shifted in slo-1(ky389; gf) mutant animals. n ≥ 10 animals in each group. *p < 0.05, ***p < 0.001 against ablated wild-type by the Kolmogorov–Smirnov test. All data are expressed as means ± SEM. Student’s t-test was used (B,C). Statistical significance is indicated as follows: ns, not significant, *p < 0.05, ***p < 0.001 in comparison with that as denoted.


We also tested the rPSCs and reversal velocity in a gf mutant of slo-1, which exhibited sluggish locomotion (Troemel et al., 1999). Upon ablation, the frequency of tonic rPSCs was significantly decreased (Figures 5Ai,B). The charge of all types of rPSCs was, however, comparable to the ablated wild-type. Behaviorally, the reversal velocity was modestly inhibited in slo-1(gf) mutants (Figures 5D,E). Taken together, our results indicate that BK/SLO-1 channel, such as NCA channel, has wide effects on the rPSCs.



Two Kv Channels Modestly Reduce Some Rhythmic Postsynaptic Currents Components

Except of BK/SLO-1 channel, C. elegans genome predicts > 70 K+ channel components (Bargmann, 1998). Three of them, slo-2, shl-1, and shk-1, were reported to be expressed in MNs (Yuan et al., 2000; Fawcett et al., 2006). Slo-2 encodes a subunit of a Na+ and Cl–-activated K+ (KNa) channel, whereas shk-1 and shl-1 are α-subunits of the Kv1 and Kv4 voltage-gated K+ channels, respectively. Among these mutants, only kv4/shl-1(lf) exhibited ∼2-fold frequency increase of tonic rPSCs. By contrast, kNa/slo-2(lf) and kv1/shk-1(lf) have no effects on the frequency at all types of rPSCs (Figures 6A,B and Supplementary Figures 3A,B). On the other hand, when compared to ablated wild-type, both kNa/slo-2(lf) and kv1/shk-1(lf) increased the charge. Specifically, kNa/slo-2(lf) displayed ∼10-fold and ∼4-fold charge increase of long-lasting and tonic rPSCs, respectively (Figure 6C). Kv1/shk-1(lf) displayed a moderately charge increase only in tonic-type (Supplementary Figure 3C). Behaviorally, the reversal velocity was significantly increased in kNa/slo-2(lf) and kv4/shl-1(lf) (Figures 6D,E). The moderate charge increase of tonic rPSCs in kv1/shk-1(lf) mutant, however, had no obvious effect on reversal velocity (Supplementary Figures 3D,E). Thus, these results suggest that the KNa/SLO-2 channel is required for regulating tonic and long-lasting rPSCs, whereas Kv4/SHL-1 channel is specific for tonic-type.
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FIGURE 6. KNa/SLO-2 and Kv4/SHL-1 channels differentially regulate tonic- and long-lasting-type rPSCs. (A) Colormap and charge efficiency (linear fitting) of all rPSC events recorded from ablated slo-2(nf100; lf) and shl-1(ok1168; lf) mutant animals, respectively. Blue dots denote phasic-type events, yellow dots denote tonic-type events, and green dots denote long-lasting-type events. (B,C) Quantification of the frequency and charge of different rPSCs in respective genotypes. n ≥ 11 animals in each group. Only 2 long-lasting-type rPSCs events were recorded in shl-1(lf) mutants. (D) Representative curvature kymogram (up) and instantaneous velocity (bottom) of free-behaving animals of respective genotypes. Ablated slo-2(nf100; lf) and shl-1(ok1168; lf) animals exhibit increased reversal, as posterior to anterior propagating body bends (arrows). (E) Distribution of instantaneous velocity of wild-type, slo-2(nf100; lf), and shl-1(ok1168; lf) mutant animals. The velocity fraction is drastically left-shifted both in slo-2(nf100; lf) and in shl-1(ok1168; lf) mutant animals. n ≥ 10 in each group. **P < 0.01, ***p < 0.001 against ablated wild-type by the Kolmogorov–Smirnov test. All data are expressed as means ± SEM. Student’s t-test was used (B,C). Statistical significance is indicated as follows: ns, not significant, *p < 0.05, ***p < 0.001 in comparison with that as denoted.





DISCUSSION

Recent studies uncover that in the compact C. elegans motor system, excitatory ventral cord MNs are the rhythm generators for body movement (Fouad et al., 2018; Gao et al., 2018; Xu et al., 2018). The A-type MNs, as backward oscillators, exhibit periodic electrical activities that regulate rhythmic reversal movement (Gao et al., 2018). However, how the A-MN’s oscillatory properties are constituted and the molecular identities of underlying channel conductance remain elusive. Here, we report multiple types of A-MN rPSCs. Genetic disruption of specific types of rPSCs substantially affects the reversal velocity; thus, all types of rPSCs likely contribute to reversal movement. This is the first report of multiple types of rhythmic electrical activities by the same MN circuit in a C. elegans preparation.


The Origin of Heterogeneous Rhythmic Postsynaptic Currents

Oscillatory motor CPG activities drive repetitive movement tracks (Marder and Rehm, 2005; Grillner, 2006). Our observation shows that the same circuit can generate heterogeneous forms of rPSCs. How many different forms of rPSCs be generated? The multiple forms of rPSCs are not likely caused by multiple neuron classes. The body wall muscles in our preparation can only receive excitatory inputs from two classes of ventral nerve cord MNs, the A-MNs and VC-MNs. VC MNs regulate egg-laying that have less impact on body movement (Zhang et al., 2008). The remaining MNs (AS) only excite the dorsal muscles (Tolstenkov et al., 2018). Therefore, the observed excitatory rPSCs are mostly originated from A-MNs.

How are the mixed rPSCs generated by the A-MNs? One possibility is that each A-MN is capable of generating all types of rPSCs, and different types of rPSCs were stochastically generated. Anatomically, each ventral muscle sends 4–5 muscle arms to receive synaptic inputs from more than one ventral A-MN. Thus, another possibility is that the A-MN themselves have heterogeneous activity patterns, and the mixed rPSCs are generated from multiple A-MNs input onto the same muscle. Regardless, A-MNs are rigid oscillators with homogenous patterns, and they may innervate muscle with integrated activity patterns.



Differential Regulation of Rhythmic Postsynaptic Currents by Ion Channels

The observation of different types of rPSCs in the isolated C. elegans backward motor circuit provides a rare opportunity for in vivo dissection of the molecular mechanism of motor rhythm. We identified the role of several Ca2+, Na+, and K+ channels in the rPSC pattern and motor rhythm (Supplementary Figures 4A,B). The Na+ leak channel NCA in depolarization of membrane potential, it was required for all types of rPSCs, consistent with their roles for basic resting membrane potential regulation (Lu et al., 2007; Xie et al., 2013).

However, other ion channels differentially regulated one or multiple classes of rPSCs. For example, the frequency and charge of the rPSCs could be modulated separately. The inward channels increase the activity of rPSCs, including the high-voltage-gated Ca2+ channels (VGCC), P/Q/N-type (UNC-2) and the L-type (EGL-19), and the Na+ leak channel NCA. Among them, UNC-2 preferentially promoted the tonic and phasic rPSCs, especially for the tonic-type. The involvement of the P/Q/N-VGCC in motor CPG has been reported in other vertebrate motor systems (Harris-Warrick, 2002; Grillner, 2003; Koch et al., 2013), which denotes the functional conservation of the regulation of these ion channels for motor rhythm.

EGL-19 specifically increased the activity of tonic rPSCs. Unlike UNC-2, which is expressed exclusively by neurons, EGL-19 is expressed by both neurons and muscles. Previously, we and others have shown that EGL-19 expressed by muscle cells is required for the action potential initiation (Gao and Zhen, 2011; Liu et al., 2011). We also implicated that EGL-19 expressed by neurons regulates the frequency of muscular action potentials (Gao and Zhen, 2011). A recent study showed that EGL-19 is also required for a sensory neuron AWA action potential firing (Liu et al., 2018). Here, the role of EGL-19 in rPSCs is of A-MN neuron origin. Its regulation of A-MN tonic rPSCs reveals multiple roles of egl-19 in neurons and NMJs, from cellular and circuitry levels, respectively. Functional redundancy between different Ca2+ channels is well documented (Qian and Noebels, 2000; Takahashi et al., 2004a,b; Kaja et al., 2006). Our study similarly implicates potential functional redundancy between the UNC-2 and EGL-19 VGCC for tonic rPSCs in A-MNs, further demonstrated that the invertebrate nematode model with compact motor circuit is essential for motor rhythm dissection, specifically for molecular identity (Zhen and Samuel, 2015; Wen et al., 2018).

Three K+ channels, including BK/SLO-1, KNa/SLO-2, and Kv4/SHL-1, exhibited differential and partially overlapping inhibitory effects on the rPSCs. The BK/SLO-1 K+ channel was required for all types of rPSCs, but more important for tonic-type. KNa/SLO-2 K+ channel depressed the tonic and long-lasting rPSCs, and more critical for long-lasting-type. Kv4/SHL-1 K+ channel specifically decreased the activity of tonic rPSCs. These effects also implicate potential functional redundancy of the K+ channels.

The demonstration of spontaneous rhythmic PSCs in the simple backward motor circuit containing excitatory A-MNs and inhibitory D-MNs implicates that the existence of a functional attractor network in this circuit generates the finite rhythmic behavior. The identification of multiple components of these rPSCs from this circuit further indicates that this attractor is highly dynamic and probably be modulated by various factors. The ion channel configuration of this dynamic attractor was then partially addressed in this study. Additionally importantly, all channels that exhibit preferential regulation on the specific types of rPSCs also changed the reversal velocity. The dynamic rPSCs in wild-type and mutant animals that correlated with different velocities will help the attractor network simulation, which will shed light on our understanding in how fictive locomotion is generated in mammalian locomotion circuits.



Optogenetic Isolation of a Neural Circuit

With a compact neural system and a conserved molecular repertoire, small animals serve as compact models to solve the similar challenges in locomotor rhythm faced by large animals. The isolated motor circuit—the spinal cord preparation of large animals—requires bathing in exogenously neuromodulators and young animals. Its activity could only be correlated with fixative locomotion. C. elegans motor circuit consists of a small number of neurons but a fundamental similarity in the circuit structure (Zhen and Samuel, 2015; Wen et al., 2018). Through genetic expression of a flavoprotein miniSOG, we have isolated a backward motor circuit in live animals and in the population (Gao et al., 2018). We demonstrated that this circuit exhibits intrinsic and oscillatory activity that is sufficient to drive rhythmic reversal in moving animals. This optogenetic strategy for circuit isolation in intact and behaving animals is of critical advantage to circuit studies.



Limitations of the Study

We show here that three types of rPSCs constitute the A-MNs CPG rhythmic activity in C. elegans. These rPSCs occur either separately or simultaneously, without a clear sequential relationship. Whether these events are phase-locked or spontaneous and how the sequence of the events determines the reversal movements are largely puzzled. In the isolated preparations, transient single PSC bursts or multiphasic mPSCs were also observed. These PSC burst events are different from either the rPSCs or the mPSCs. What is the relationship between these events remains unknown and requires further investigation.




MATERIALS AND METHODS


Constructs, Transgenic Arrays, and Strains

All C. elegans strains were cultured on the standard nematode growth medium (NGM) plates seeded with OP50 and maintained at 22°C (Brenner, 1974). Unless stated otherwise, the wild-type animal refers to the control transgenic strain. Strains that contain miniSOG transgene (hpIs603) were cultured in darkness on NGM plates. Only hermaphrodite worms were used for the experiments. Other genetic mutants used for constructing transgenic lines and compound mutants were obtained from the Caenorhabditis Genetics Center (CGC). All animals were backcrossed at least four times against N2 prior to analyses.



MiniSOG-Based Neuron Ablation

For neuronal ablation constructs, miniSOG fused with an outer mitochondrial membrane tag TOMM20 (tomm20-miniSOG or mito-miniSOG) (Qi et al., 2012) was used. The constructs and sequence information referred to our previous description (Gao et al., 2018). The ablation of all members of premotor INs and B-MNs was performed using a homemade LED box, where the standard NGM culture plates located in without lid. Animals were exposed under 470 nm blue light (70 mW/cm2) for 40–45 min at 22°C. To monitor the specificity and efficacy of cell ablation, cytoplasmic RFP was coexpressed with miniSOG (tomm-20-miniSOG-SL2-RFP) in targeted neurons by the same promoter. Ablation was performed when animals were in the L2 stage.



Behavioral Analyses

A single young adult hermaphrodite (12–18 h post-L4 stage), maintained on standard culture conditions, was transferred to a 60 mm imaging plate seeded with a thin layer of OP50. One min after the transfer, another one-min video of the crawling animal was recorded on a modified stereo microscope (Axio Zoom V16, Zeiss) with a digital camera (acA2500-60 um, Basler). Postimaging analyses utilized an in-house written MATLAB script. As we previously described, the central line was used to track. Images for velocity analysis from each animal were divided into 33 body segments. The midpoint was used to calculate the velocity and direction of movements between each frame.

Imaging plates were prepared as follows: a standard NGM plate was seeded with a thin layer of OP50 12–14 h before the experiment. Immediately before the transfer of worms, the OP50 lawn was spread evenly across the plate with a sterile bent glass rod. All images were captured with a 10X objective at 10 Hz.



Fluorescence Microscopy

After the behavioral analysis, miniSOG animals were checked by fluorescence marker before and after LED illumination, respectively. They were mounted individually on agar pads to be examined for RFP signals; recordings from animals where RFP signals were absent were analyzed. Worms were immobilized with 2.5 mM levamisole (Sigma-Aldrich, United States) in M9 buffer. Fluorescence signals were captured from live worms using a Plan-Apochromatic 60X objective on a confocal microscope (FV3000, Olympus, Japan).



In vivo Electrophysiology

Dissection and recording were carried out using protocols and solutions described in Gao and Zhen (2011), which were modified from Richmond and Jorgensen (1999) and Mellem et al. (2008). Briefly, 1- or 2-day-old hermaphrodite adults were glued (Histoacryl Blue, Braun) to a sylgard-coated cover glass covered with bath solution (Sylgard 184, Dowcorning) under a stereoscopic microscope (M50, Leica). After clearing the viscera by suction through a glass pipette, the cuticle flap was turned and gently glued down using WORMGLU (GluStitch Inc.) to expose the neuromuscular system. Body wall muscle cells were patched using 4–6 MΩ-resistant borosilicate pipettes (1B100F-4; World Precision Instruments). Pipettes were pulled by micropipette puller P-1000 (Sutter) and fire-polished by microforge MF-830 (Narishige). Membrane currents were collected in the whole-cell configuration by pulse software with an EPC9 amplifier (HEKA, Germany). Currents were recorded at a holding potential of –60 mV. Data were digitized at 10 kHz and filtered at 2.6 kHz. The pipette solution contains (in mM): K-gluconate 115; KCl 25; CaCl2 0.1; MgCl2 5; BAPTA 1; HEPES 10; Na2ATP 5; Na2GTP 0.5; cAMP 0.5; cGMP 0.5, pH 7.2 with KOH, ∼320 mOsm. cAMP and cGMP were included to maintain the activity and longevity of the preparation. The bath solution consists of (in mM): NaCl 150; KCl 5; CaCl2 5; MgCl2 1; glucose 10; sucrose 5; HEPES 15, pH 7.3 with NaOH, ∼330 mOsm. Chemicals and blockers were obtained from Sigma unless stated otherwise. Each animal was recorded for at least 5 min. Experiments were performed at room temperatures (20–22°C).



Frequency Spectrum Analysis

Frequency spectrum analysis was used to transform the rhythmic PSC time waveform data into discrete frequency components by taking a fast Fourier transform (FFT) analysis. The Hamming window was used for the analysis in Clampfit 10.2 (Molecular Devices). The spectrum analysis showed that the dominant frequency of the phasic rPSCs is about 1–4 Hz and the effective frequency band is 1–10 Hz, whereas no similar dominant frequencies were observed in tonic and long-lasting rPSCs.



Statistical Analysis

Two-tailed Student’s t-test was used to compare data sets. p-value < 0.05 was considered to be statistically significant; ∗, ∗∗, and ∗∗∗ denote p < 0.05, p < 0.01, p < 0.001, respectively. Graphing and subsequent analysis were performed using Igor Pro (WaveMetrics), Clampfit (Molecular Devices), ImageJ (National Institutes of Health), MATLAB (MathWorks, United States), GraphPad Prism 8 (GraphPad Software Inc., United States), and Excel (Microsoft, United States). For behavior analysis and electrophysiology, each recording trace was obtained from an individual animal (Supplementary Table 1). Unless specified otherwise, data were presented as the mean ± SEM.
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In the nervous system, the trace metal ion zinc is required for normal mammalian brain development and physiology. Zinc homeostasis is essential for the control of physiological and pathophysiological brain functions. Synapses, the junctions between neurons, are the center of the brain’s information transmission. Zinc deficiency or excess leads to neurological disorders. However, it is still unclear whether and how zinc ion regulates synapse formation. Here, we investigated the effect of zinc on synapse formation in a cultured neuron system, and found that synapse formation and synaptic transmission were regulated by zinc ions. Finally, we identified that PTPRM is the key gene involved in synapse formation regulated by zinc ions. This study provides a new perspective to understanding the regulation of brain function by zinc ion.

Keywords: zinc ion, synapse, synapse formation, synaptic transmission, synaptogenesis


INTRODUCTION

The trace metal ion zinc, serving structural, catalytic, and regulatory roles in cellular biology, is required for normal mammalian brain development and physiology. Neurons containing “free ionic zinc” (Zn2+) exist in many areas of the brain, such as the hippocampus, cortex, amygdala, olfactory bulb (Bitanihirwe and Cunningham, 2009; Choi et al., 2020). Zinc ions enter the synaptic vesicles through their Zn2+ transporters (ZnTs), then store together with glutamate. About 10% of all Zn2+ distribute in the synaptic vesicles of glutamatergic neurons and is released upon the vesicle fused with the plasma membrane (Howell et al., 1984; Kitamura et al., 2006). Zinc is released along with glutamate into the synaptic cleft and acts on postsynaptic receptors, such as GABA receptor, NMDA receptor, or voltage-gated channel (Ohana et al., 2004; Bitanihirwe and Cunningham, 2009). In the nervous system, ion zinc is maintained in a proper concentration with a complex and precise regulatory mechanism. The concentration of Zn2+ in the cytoplasm is about the picomolar range, while rises to micromolar levels in the proximity of axon terminals following release from synaptic vesicles that contain millimolar (Frederickson et al., 2005). According to previous studies, in the synaptic cleft, peak concentrations of Zn2+ were in the 100–300 μM range (Assaf and Chung, 1984; Howell et al., 1984; Kitamura et al., 2006). Zinc deficiency or excess leads to neurological disorders. Zinc deficiency induces neurogenesis and cognitive dysfunction, such as increased neuronal death and decreased learning and memory (Takeda and Tamano, 2009; Adamo and Oteiza, 2010). In the 1980s, studies have shown that zinc deficiency impaired the maturation of Purkinje cells and cerebellar cortex development (Dvergsten et al., 1984). Later, it was found that embryos with reduced neural progenitor cell proliferation in the ventricular zone with the zinc-deficient diet during mother pregnancy (Nuttall et al., 2015). Then, zinc deficiency not only impairs neuronal precursor cell proliferation but also inhibited neuronal differentiation in human neuroblastoma cell (IMR-32) culture experiments (Corniola et al., 2008; Adamo et al., 2010). Furthermore, zinc deficiency alters the hippocampal gene expression and impairs neuronal differentiation (Gower-Winter et al., 2013). Increasing evidence suggests a link between zinc deficiency and depression. Clinical data have demonstrated a lower serum zinc concentration in patients with depression (Wang et al., 2018). In particular, serum zinc levels were negatively correlated with the severity of depression (Nowak et al., 2005). By contrast, antidepressant therapy causes an elevation in zinc levels (Nowak and Schlegel-Zawadzka, 1999; Nowak et al., 2003). It has been clearly supported by animal models of epilepsy that synaptic zinc has a great relationship with seizure activity (Takeda et al., 2003; Flynn et al., 2007; Foresti et al., 2008). In addition, the presence of zinc in the basolateral amygaloid terminals may play a crucial role in the GABAergic neuronal cell loss found in schizophrenia models (Lipska, 2004; Woo et al., 2008). In short, zinc deficiency affects the development and functions of the nervous system.

Excess zinc has been shown to play a role in neurotoxicity associated with traumatic brain injury, stroke, seizures, and neurodegenerative diseases. During forebrain ischemia, considerable zinc is released from synaptic vesicles and accumulated in hippocampal CA1 pyramidal neurons, leading to delayed neuronal death (Sensi et al., 2011). Studies show that the level of extracellular zinc ion reached peak value (600 nmol/L) after 15 mins of ischemia, then decreased and returned to the basal level 15 min after reperfusion. However, the pyramidal cells in the hippocampal CA1 region showed intracellular zinc accumulation 24 h after ischemia (Kitamura et al., 2006). The number of zinc positive cells was positively correlated with the ratio of cerebral infarction volume in the middle cerebral artery occlusion (MCAO) model of rats. Zinc excess causes serious mitochondrial dysfunction, calcium homeostasis disorder, and ROS (reactive oxygen species) release, leading to acute cell necrosis (Lee et al., 2006; He and Aizenman, 2010). High concentrations of zinc are observed in the amyloid deposits from both AD patients and AD-prone transgenic mice (Friedlich et al., 2004; Zhang et al., 2008). Zinc-rich amyloid plaques are likely to promote the aggregation of amyloid-b protein (Aβ), as the interactions of Aβ with zinc can lead to its aggregation in vitro (Dong et al., 2003). Therefore, zinc homeostasis is essential for the control of physiological and pathophysiological brain functions (Sensi et al., 2009; Paoli, 2014). However, the mechanism of zinc ions in regulating nervous system function and leading to diseases remains unclear.

Synapses, the junctions between neurons, mediate the communication of brain network information (Ovsepian, 2017; Südhof, 2018; Shin et al., 2019). Synapses are composed of presynaptic membrane, postsynaptic membrane, and the synaptic cleft. Presynaptic vesicles encapsulated neurotransmitters, fused with presynaptic membrane, released neurotransmitters to synaptic cleft, acted on postsynaptic, completing the signal transduction (Südhof, 2004). The formation and functions of the synapse are the basis for the realization of advanced behaviors such as brain cognition, memory, and thinking (Chua et al., 2010; Südhof, 2018). So far, it is still unclear whether and how zinc ion regulates synapse formation.

Here, we investigated the effect of zinc on synapse formation in the cultured neuron system, and found that synapse formation and synaptic transmission were impaired by zinc ions excess. The expression of PTPRM gene was decreased in high Zn2+ treated neurons. Recovery of PTPRM expression could rescued the impairments caused by Zn2+ excess. Our results provide a new perspective to the mechanism of zinc ion on neuronal function.



MATERIALS AND METHODS


Cell Culture

HEK293T cells (CRL-11268, ATCC) were cultured in Dulbecco’s modified Eagle’s medium (Gibco) with 10% fetal bovine serum (Gibco) and penicillin–streptomycin (100 μg/ml and 100 μg/ml).

Cortical neurons were obtained from postnatal day 0 (P0) pups of Kunming mice, as described previously (Wang et al., 2020). Briefly, the cortex was dissected from newborn mice, digested to single cell with 0.25% trypsin (Gibco) for 12 min at 37°C. Then cells were plated at a density of 80,000 per circular glass coverslips (12 mm diameter) coated with poly-L-lysine (Sigma). Cells seeding medium contains MEM (Gibco), 2% (v/v) B27 (Gibco), 0.5% (w/v) glucose, 100 mg/L transferrin (Sigma), 5% (v/v) fetal bovine serum (Gibco), and 2 mM Ara-C (Sigma). During the process of neuron culture, the growth medium was needs to replace in DIV1 (the day 1 in vitro), DIV4, and DIV9. Each time 500 μl medium was taken out and 600 μl was added in. Different concentrations (0 μM, 10 μM, or 50 μM) of Zn2+ were added in culture medium from DIV1.

HEK293T cells and neurons were all grown at 37°C, 5% CO2 in a cell incubator (Thermo).

All animal procedures were carried out in accordance with the animal use rules of South-Central Minzu University and the requisite approvals of the animal use committee.



Immunostaining

Neurons were fixed in 4% paraformaldehyde at DIV13 and permeabilized with 0.2% Triton X-100, incubated with anti-synapsin1 (rabbit polyclonal antibody), and anti-MAP2 (Microtubule-associated protein 2, mouse monoclonal, Sigma M4403) primary antibodies in PBS with 5% BSA, washed, and visualized using Alexa Fluor-488 goat anti-rabbit and Alexa Fluor-546 goat anti-mouse secondary antibodies (Molecular Probes). Primary antibodies anti-synapsin1 were used to mark synapse of the cultured neuron. The antibodies anti-MAP2 were used to mark the dendrites of cultured neurons. Primary antibodies anti-vGult-1 were used to mark excitatory synapse and anti-GAD65 was used to mark inhibitory synapse. The antibodies anti-tubulin was used to mark the cultured neurons. Images were captured by a Nikon C2 confocal microscope equipped with a 60× oil-immersion objective. Synapse size and number were statistical by ImageJ (NIH).



Electrophysiological Recordings

Electrophysiological recordings were performed in whole-cell patch clamping mode as described previously (Gong et al., 2016). Micropipettes were pulled from borosilicate glass capillary tubes (World Precision Instruments, Inc.) by using a P-97 micropipette puller (Sutter Instruments). The micropipette solution for recording mEPSC contained 140 mM CsCl, 5 mM NaCl, 10 mM HEPES, 5 mM EGTA, 0.3 mM Na2GTP, and 3 mM Mg2ATP. Adjusted pH to 7.2–7.4 with CsOH. Adjusted osmotic pressure to about 305 mOsm with dd H2O. For recording eEPSC, add 5 mM QX-314 to the micropipette solution before use. The bath solution contained 150 mM NaCl, 4 mM KCl, 1 mM MgCl2, 2 mM CaCl2, 10 mM HEPES, and 10 mM glucose. Adjusted pH of bath solution to 7.2–7.4 with NaOH and adjust osmotic pressure to about 315 mOsm with dd H2O. For mEPSC recording, 50 μM AP-5, 100 μM picrotoxin, and 1 μM tetrodotoxin were added to the bath solution before use. Add 50 μM AP-5 and 100 μM picrotoxin to the bath solution for eEPSC recording.

Synaptic currents were monitored with an EPC10 amplifier (HEKA). Miniature events were analyzed in Clampfit 10 (Molecular Devices) using the template matching search function. Single extracellular stimulus pulses (90 μA, 1 ms) were controlled with a Model 2100 Isolated Pulse Stimulator (A-M Systems, Inc.) for eEPSCs measurements. All data were analyzed in Clampfit 10 (Molecular Devices).



Microarray Hybridization

Total RNA was isolated from cortical neurons cultured with or without 50 μM Zn2+ by using TRIzol extraction. RNA was quantified by the NanoDrop ND-2000 (Thermo Scientific) and the RNA integrity was assessed using Agilent Bioanalyzer 2100 (Agilent Technologies). The sample labeling, microarray hybridization, and washing were performed based on the manufacturer’s standard protocols. Briefly, total RNA was transcribed to double strand cDNA, then synthesized into cRNA and labeled with Cyanine-3-CTP. The labeled cRNAs were hybridized onto the microarray. After washing, the arrays were scanned by the Agilent Scanner G2505C (Agilent Technologies).

Feature Extraction software (version10.7.1.1, Agilent Technologies) was used to analyze array images to get raw data. Genespring (version 13.1, Agilent Technologies) was employed to finish the basic analysis with the raw data. To begin with, the raw data was normalized with the quantile algorithm. The probes that at least 100% of the values in any one out of all conditions have flags in “Detected” were chosen for further data analysis. Differentially expressed genes were then identified through fold change as well as P value calculated with a t-test. The threshold set for differentially expressed genes was a fold change ≥2.0 and a P value ≤0.05. Afterward, GO analysis and KEGG analyses were applied to determine the roles of these differentially expressed mRNAs.



Plasmid Construction

Full length PTPRM of mice was inserted into the BamHI/EcoRI sites downstream of the UbC promoter of L309 vector. The PTPRM gene was synthesized by GeneCreate.



Lentiviruses Preparation

Lentiviral expression plasmids and three helper plasmids (pRSV-REV, pMDLg/pRRE, and pVSVG) were co-transfected into HEK293T cells. The transfections were carried out using the polyethylenimine (PEI) method (Jiang et al., 2015). Each well of 6-well-plate including 1 μg pRSV-REV, 1 μg pMDLg/pRRE, 0.5 μg pVSVG, 1.5 μg lentiviral expression plasmids, 12 μl PEI, and 100 μLopti-MEM (Gibco). The virus-containing medium was harvested 48 h after transfection and subsequently concentrated with a sucrose-containing buffer (50 mM Tris-HCl pH 7.4, 100 mM NaCl, 0.5 mM EDTA) at a 4:1 (v/v) ratio and centrifuged at 4°C, 10,000 g for 4 h. After centrifugation, the supernatant was carefully removed. PBS buffer was added to the tube for virus resuspension. Then the tube was placed in the 4°C fridge for recovery overnight. All steps were performed under level II biosafety conditions. Neurons were infected with lentiviruses at DIV 6–7 and electrophysiological or immunostaining analyzed at DIV 13–14.



Real-Time Fluorescence Quantitative PCR Detection

The neuron was collected, subsequently subjected to RNA extraction by adding TRIzol RNA isolation. Reverse transcription was conducted with reverse-transcription kit (Trans Gen, AT311). qPCR was conducted by 2×TSING KE Master qPCR Mix.The results of this study were analyzed with β-actin as the reference gene. The relative expression of the target gene was calculated by 2–ΔΔ.



Statistical Analysis

Prism 6.01 (GraphPad) was used for statistical tests, all of which are described in figure legends.




RESULTS


Higher Concentration of Zn2+ Damages the Neuronal Synapse Formation

To investigate the effect of zinc ions on synaptic development, we cultured neurons from newborn mice with the addition of 0 μM, 10 μM, and 50 μM zinc ions to the culture medium. We stained neurons with a universal synapse markersynapsin1 to mark synapse and MAP2 to mark dendrites (Figure 1A) to selectively visualize formed synapses.Quantitation of synapsin1-puncta number as synapse number demonstrated a significant decrease in neurons cultured with zinc ion (Figure 1B). Particularly, the number of formed synapses decreased by about 15% with the addition of 10 μM zinc ion. When 50 μM zinc ions were added, nearly 50% of formed synapses were lost. That is to say, with the higher concentration of zinc ion, the fewer neuronal synapses formed. Besides, we also calculated the synapsin1 puncta size as the synapse size. Statistical results show no relative difference in synapse size in neurons cultured with different concentrations of zinc ion (Figure 1C). These results indicated that synapse formation in cortical neurons is regulated by zinc ion. With the increase of zinc concentration, synaptogenesis of neurons is damaged.
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FIGURE 1. Higher concentration of Zn2+ decreases the synapse formation of cultured neurons. (A) Representative images of neurons cultured with 0 μM/10 μM/50 μM Zn2+ were fixed and labeled by synapsin1 (to mark synapses) and MAP2 antibodies (to mark dendrites). The scale bar in the right lower corner applies to all images. (B,C) Summary graphs of synapse number (the number of synapsin1-specific puncta) and synapse size (the area of synapsin1-specific puncta) for all conditions as described in (A). Data information: numbers of cells/independent cultures analyzed are listed in the bars. Data shown in summary graphs are mean values ± SEM. Statistical significance was analyzed by Student’s t-test. *p < 0.05; ***p < 0.001. Scale bar: 5 μm.



Furthermore, to figure out the effect of zinc ions on excitatory and inhibitory synapse formation, we stained neurons with vGlut-1 and GAD65 to mark excitatory and inhibitory synapse individually (Supplementary Figure S1). We calculated the vGlut1-puncta number and the GAD65 puncta number as the excitatory and inhibitory synapse number. Our results illustrated that the number of excitatory and inhibitory synapses were both reduced with the application of 50 μM zinc ion. The synapse size shows no relative difference in neurons cultured with or without zinc ions.



The Excitatory Synaptic Transmission Decreases With Higher Concentration of Zn2+

Neurotransmitter’s release and reception are the basis of nerve signal transduction. The formation of synapses is closely related to the signal transmission ability of neurons. We next wondered whether the neural signal transduction is affected by zinc ions as well. To test the effect of zinc ion on synaptic transmission, neurotransmitter release was evaluated in neuron cultured with different zinc ion.We systematically measured excitatory mini spontaneous transmitters release and action potential evoked excitatory transmitters release in neurons cultured with 0 μM, 10 μM, and 50 μM zinc ion at DIV 13 respectively (Figures 2A,C). Consistently, the normalized frequency of mini excitatory post synaptic currents (mEPSCs) decreased nearly 60% with the addition of 10 μM zinc ions, and reduced by approximately 80% with the addition of 50 μM zinc ions (Figure 2B). These data suggested that the excitatory spontaneous release decreased with the increase of zinc ion concentration. Furthermore, we observed a concomitant decrease in the amplitude of action potential evoked excitatory postsynaptic current (eEPSC) with the addition of zinc ions. Similarly, the normalized amplitude of eEPSC was reduced by nearly 50% in the presence of 10 μM zinc ions, and reduced by practically 60% at the condition of 50 μM zinc ions (Figures 2C,D). These changes in electrophysiology suggested that neurotransmitters release the ability of neurons impaired with the increase of zinc ion. Taken together, results shown above indicate an expected consequence thatzinc ion changes the ability of synaptic formation and transmission.
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FIGURE 2. Higher concentration of Zn2+ damages the excitatory synaptic transmission. (A) Sample traces of mEPSCs recorded in cortical neurons cultured with 0 μM/10 μM/50 μM Zn2+. (B) Summary graphs of the normalized frequency of mEPSCs for all conditions as described for (A). (C) Sample trace of action potential eEPSCs recorded from cortical neurons cultured with 0 μM/10 μM/50 μM Zn2+. (D) Summary graphs of the normalized amplitude of eEPSCs recorded in the neurons described in panel (C). Data information: numbers of cells/independent cultures analyzed are listed in the bars. Data shown in summary graphs are mean values ± SEM. Statistical significance was analyzed by Student’s t-test. **p < 0.01; ***p < 0.001.





Screening Differentially Expressed Genes Mediated by Zinc Ion With Transcriptome Microarray

The above results suggest that zinc ions can regulate the formation and function of neuronal synapses. To clarify the mechanism, cultured mice cortical neurons were divided into two groups, one group cultured without Zn2+, the other group cultured with 50 μM Zn2+ addition. Neurons were collected and lysed at DIV13. The mRNA of neurons was extracted, and neuronal transcriptome was analyzed with Agilent sure print G3 mouse Ge v2.0 chip.The differential expression genes were obtained from the two groups’ microarray data. Thirteen upregulated and five downregulated DEGs (differentially expressed genes) were determined, based on the screening conditions of Fc ≥ 2 and P-value (P ≤ 0.05), in neurons with 50 μM Zn2+ (Figure 3A). Among the 18 DEGs, four of them are link RNA. The remaining 14 gene names are shown in Figure 3B. Next, the 14 DEGs were pooled and a heat map was made according to the expression amount (Supplementary Figure S2). The heat map is used to reveal the differences of gene expression patterns from different samples. The gene expression patterns of different samples are closer, the clustering relationship is more similar. It can be seen that the differential gene expression patterns are more similar in the experimental group (50 μM Zn2+) or in the control group (0 μM Zn2+), which is in line with the law of repeated samples. This illustrated the correctness of sampling and data analysis. Among the DEGs (Figure 3B), we noticed that the PTPRM is involved in cell recognition, signal transduction, or cell proliferation and differentiation. Therefore, we hypothesized that PTPRM is associated with synapse formation during neuronal development.
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FIGURE 3. The DEGs of neuron cultured with or without Zn2+ analysis by microarray hybridization. (A) The volcano map of differential expressed gene. Take neurons cultured with 0 μM as a control group, analyze differentially expressed genes of neurons cultured with 50 μM. The red dots on the map represent significantly upregulated expressed genes, blue dots represent significantly downregulated expressed genes, and black dots represent genes whose expression levels have not changed significantly. The filter condition for differentially expressed genes was a fold change ≥2.0 and a P value ≤0.05. (B) The table shows the names of differentially expressed genes that encode proteins. Red is upregulated, and blue is downregulated.



Furthermore, we analyzed the mRNA expression of other genes in the PTPRM family (Supplementary Figure S3). The results showed that only the expression of PTPRd decreased after adding zinc ions to the culture medium, whereas the expression of the other members of PTPR family was unaltered. Although the decrease was significant, the gene PTPRd was not included in our DEGs list because the fold change did not reach 2.



PTPRM Is Critical for Synapse Formation Mediated by Zn2+

To validate whether PTPRM is critical for synapse formation, we examined the synapse number and size in PTPRM over expressing neurons cultured with or without Zn2+ by immunostaining. We quantified the PTPRM expression by qPCR. The mRNA level of PTPRM was decreased by 70% with the addition of 50 μM zinc ions, which is consistent with the results of chip data. The mRNA level of PTPRM was nearly doubled in virus-infected neurons (Supplementary Figure S4). Like Figure 1, then we stained neurons with anti-synapsin1 and anti-MAP2 to mark synapses and dendrites separately (Figure 4A). Quantitation of synapsin1 puncta number shows that the expression of PTPRM significantly rescued the synapse number decreased caused by Zn2+ (Figure 4B). As always, the size of synapses has not change (Figure 4C). These data indicated that PTPRM participates in the process of synapse formation regulated by Zn2+.
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FIGURE 4. PTPRM is critical for synapse formation regulated by Zn2+. (A) Representative images of neurons overexpressed PTPRM or not cultured with/without 50 μM Zn2+ when expressed PTPRM or not. Neurons were fixed and labeled by synapsin1 (to mark synapses) and Map AP2 (to mark dendrites) antibodies. The scale bar in the right lower corner applies to all images. (B) Summary graphs of synapse number calculated from the number of synapsin1-specific puncta for the conditions described in (A). (C) Summary graphs of synapse size calculated from the area of synapsin1-specific puncta for the conditions described in (A). Data information: numbers of cells/independent cultures analyzed are listed in the bars. Data shown in summary graphs are mean values ± SEM. Statistical significance was analyzed by Student’s t-test. **p < 0.01. Scale bar: 5 μm.





PTPRM Plays a Key Role in Excitatory Synaptic Transmission Mediated by Zn2+

Changes in synapse formation are often accompanied by the variation in neural signal transmission. Since PTPRM regulated synapse formation in the presence of Zn2+, is synapse transmission also regulated by PTPRM? To answer this question, we tested the mEPSC and eEPSC of the cultured neurons with or without PTPRM overexpression and in the presence of 50 μM Zn2+or not (Figure 5). Consistent with the data in Figures 2A,B; the normalized frequency of mEPSC was decreased with the addition of 50 μM Zn2+ (Figures 5A,B). Moreover, the overexpression of PTPRM rescued the decreased frequency of mEPSC induced by 50 μM Zn2+. These results illustrate that the PTPRM is vital for excitatory synaptic transmission mediated by Zn2+. The mEPSC amplitude was unaffected in all conditions, suggesting the major presynaptic effect caused by the PTPRM (Figure 5C). Similarly, the normalized amplitude of eEPSC was deceased with the addition of 50 μM Zn2+, which is consistent with the data in Figures 2C,D. And the decrease of eEPSC amplitude was rescued with the overexpression of PTPRM (Figures 5D,E). Collectively, these results provide consistent evidence to reveal that PTPRM is indispensable for excitatory synaptic transmission mediated by Zn2+.
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FIGURE 5. PTPRM is key for excitatory synaptic signal transduction mediated by Zn2+. (A) Representative traces of mEPSCs recorded in cortical neurons overexpressed PTPRM or not cultured with/without 50 μM Zn2+ when expressed PTPRM or not. (B) Summary graphs of the normalized frequency of mEPSCs for all conditions as described in panel (A). (C) Statistical summary of the normalized amplitude of mEPSCs for all conditions as described in panel (A). (D) Representative of eEPSCs recorded from cortical neurons described in panel (A). (E) Statistical summary of normalized amplitude of eEPSCs recorded in the neurons described in panel (A). Data information: numbers of cells/independent cultures analyzed are listed in the bars. Data shown in summary graphs are mean values ± SEM. Statistical significance was analyzed by Student’s t-test. *p < 0.05.






DISCUSSION

Previous studies have shown that zinc ions play vital roles in the physiology and pathology of the nervous system, but its regulatory mechanism is still unclear (Sensi et al., 2009; Choi et al., 2020). Synapse is the junction of our brain’s information communication and the basis for the realization of the brain’s advanced functions (Südhof, 2014). However, little is known about whether synapse formation is regulated by zinc ions. In this article, we try to figure out this question.

Firstly, we found that the synapse formation in cultured cortical neurons was decreased with the addition of 50 μM zinc ions (Figure 1). Secondly, the ability of neuronal signal transduction changed with the addition of zinc ions according to the mEPSC and eEPSC data in Figure 2. These data indicated that synapse formation and synaptic transmission were regulated by zinc ions. The synapse marker used here was the antibody of synapsin-1, which can label both excitatory and inhibitory synapses (Gitler et al., 2004). However, we only monitored the synaptic transmission of excitatory synapses (Figures 2, 5). We speculate that inhibitory synapses have similar effects, which needs to be confirmed by further evidence.

For figuring out the mechanism of synapse formation regulated by zinc ions, the gene expression of neurons cultured with or without zinc was analyzed, which provided a basis for further study. After analyzing, we found that 14 genes encoding proteins were differentially expressed. According to the functional description of DEGs, we noticed that the PTPRM plays a role in cell adhesion, suggesting that PTPRM is essential for in-cell growth, activation, and signal transduction (Mukouyama et al., 1995; Barazeghi et al., 2019; Im et al., 2020; Song et al., 2021). Excessive zinc ions lead to a decrease in the expression of PTPRM (Figure 3). Therefore, we suspect that PTPRM is involved in the synaptic formation of zinc ions regulation. To test this hypothesis, we overexpressed PTPRM in neurons, and tested the synapse formation and synaptic function. More interestingly, using electrophysiological and immunofluorescence experiments, we identified PTPRM could recover the defects of synapse formation and transmission caused by zinc ions (Figures 4, 5). These results suggest that PTPRM plays an indispensable role in the synaptic formation regulated by zinc ions. It is inevitable that whether other differentially expressed genes also play a key role in synaptic formation regulated by zinc ions remains unknown.

However, how PTPRM mediates synapse formation regulated by zinc ions remains unclear. The protein expressed by PTPRM is receptor-type tyrosine-protein phosphatase mu, which is a type IIB receptor protein tyrosine phosphatase. PTPRM is a transmembrane protein with a single transmembrane domain. The extracellular region includes one MAM (meprin/A5/m) domain, one immunoglobulin (Ig)-like domain, and four fibronectin (FN) type III repeats, and the intracellular region consists of two conserved phosphatase domains (den Hertog et al., 1999). The membrane-proximal C1 domain is responsible for the catalytic activity of PTPRM. The ectodomain of PTPRM interacts with itself in an anti-parallel homophilic manner, involving cell-cell contact (Brady-Kalnay et al., 1993; Gebbink et al., 1995; Aricescu et al., 2007). The PTPRM associates with and appears to mediate axon outgrowth-promoting effects through interactions with cadherins (Brady-Kalnay et al., 1998). Downregulation of PTPRM expression can decrease retinal ganglion cell axon outgrowth on an N-cadherin substrate (Burden-Gulley and Brady-Kalnay, 1999). This demonstrates that PTPRM is a key regulator of neurite outgrowth. These studies suggest that the synapse formation of cortical neurons may be regulated by PTPRM, probably because PTPRM regulates the development of axons. Of course, there are reports showing that LAR-RPTPs (the other sub family of PTPRs) are also synaptic adhesion molecules that form trans-synaptic adhesion complexes by binding to various postsynaptic adhesion ligands, such as Slit-, Slitrks, and IL1RAPL1 (Won et al., 2017; Won and Kim, 2018). This enlightens us that PTPRM may also participate in synaptic formation as a synaptic adhesion molecule. Then zinc ions may indirectly regulate synapse formation by regulating the expression of PTPRM. To figure out how PTPRM mediates synapse formation regulated by zinc ions will be one direction of future exploration.

In addition, the function of other DEGs such as Sfrp5 or Abr regulated by zinc ions is unclear. Do they play a role in synapse formation or in other biological functions of neurons? How are they incorporated with PTPRM? More experimental evidence is needed.

Zinc is one of the most abundant nutritionally essential elements in our body. In particular, zinc is a biological component that plays an important physiological role in the central nervous system, and a pathophysiological role in major neurological disorders. In this article, we identified PTPRM is involved in Zn2+ related neuronal synaptic function, hoping to provide new ideas for understanding the regulation of brain function by zinc ions.
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Supplementary Figure S1 | 50 μMZn2+ decrease both the excitatory and inhibitory synapse formation. (A) Representative images of neurons cultured with 0 μM or 50 μM Zn2+ were fixed and labeled by vGult-1 (to mark excitatory synapses) and Tubulin antibodies (to mark neurons). The scale bar in the right lower corner applies to all images. (B,C) Summary graphs of excitatory synapse number (the number of vGult-1-specific puncta) and synapse size (the area of vGult-1-specific puncta) for all conditions as described for (A). (D) Representative images of neurons cultured with 0 μM or 50 μM Zn2+ were fixed and labeled by GAD65 (to mark inhibitory synapses) and Map-2 antibodies (to mark dendrites). The scale bar in the right lower corner applies to all images. (E,F) Summary graphs of inhibitory synapse number (the number of GAD65-specific puncta) and synapse size (the area of GAD65-specific puncta) for all conditions as described for (D). Data information: numbers of neurons analyzed are at least 13. Data shown in summary graphs are mean values ± SEM. Statistical significance was analyzed by Student’s t-test. **p < 0.01. Scale bar: 5 μm.

Supplementary Figure S2 | The heat map of differentially expressed gene. A heat map was made based on the amount of expression. The horizontal is the sample, and the vertical are the differentially expressed genes.

Supplementary Figure S3 | The relative mRNA expression of the genes of PTPR family. The mRNA expression profiles of PTPR family determined by chip data from neurons cultured with or without Zn2+. Data shown in summary graphs are mean values ± SEM. Statistical significance was analyzed by Student’s t-test. *p < 0.05.

Supplementary Figure S4 | The relative mRNA expression of PTPRM determined by qPCR. The mRNA expression was quantitative analyzed from the neurons cultured with or without 50 μM zinc ions, infected with viruses expressing control vector or PTPRM. β-actin was used as the reference gene. Data shown in summary graphs are mean values ± SD, n = 3. Statistical significance was analyzed by Student’s t-test. *p < 0.05; **p < 0.01; ***p < 0.001.
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Postsynaptic structure assembly and remodeling are crucial for functional synapse formation during the establishment of neural circuits. However, how the specific scaffold proteins regulate this process during the development of the postnatal period is poorly understood. In this study, we find that the deficiency of ligand of Numb protein X 1 (Lnx1) leads to abnormal development of dendritic spines to impair functional synaptic formation. We further demonstrate that loss of Lnx1 promotes the internalization of EphB receptors from the cell surface. Constitutively active EphB2 intracellular signaling rescues synaptogenesis in Lnx1 mutant mice. Our data thus reveal a molecular mechanism whereby the Lnx1-EphB complex controls postsynaptic structure for synapse maturation during the adolescent period.
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INTRODUCTION

Synapse formation and stabilization are fundamental to the remarkable specificity of neuronal wiring for learning, memory, and cognition (Lamprecht and LeDoux, 2004; McAllister, 2007; Holtmaat and Svoboda, 2009; Kolodkin and Tessier-Lavigne, 2011). Conversely, improper formation or function of these synapses may lead to neurodevelopmental abnormalities and mental disorders, such as Autism spectrum disorder and schizophrenia (Mirnics et al., 2001; Stephan et al., 2009; van Spronsen and Hoogenraad, 2010; Bourgeron, 2015). Numerous studies over the past decades have demonstrated that functional synapse formation requires coordination of intrinsic genetic programming and extrinsic regulatory factors during postnatal neural development (Scheiffele, 2003; McAllister, 2007; Giagtzoglou et al., 2009; Shen and Scheiffele, 2010; Sheng and Kim, 2011; Siddiqui and Craig, 2011; Sala and Segal, 2014). Recent studies have revealed that glutamatergic neurotransmission is not necessary for the assembly of excitatory synapses in the developing forebrain, which highlights an instructive role for intrinsic mechanism in synapse formation (Lu et al., 2013; Sando et al., 2017; Sigler et al., 2017).

Synapse assembly and maturation are orchestrated by secreted, transmembrane, and intracellular proteins that guide axons to their targets, mediate initial connections, and recruit organizing molecules to active zones and opposed postsynaptic sites (Cohen-Cory, 2002; Tada and Sheng, 2006; Shen and Scheiffele, 2010; Kolodkin and Tessier-Lavigne, 2011; Krueger et al., 2012; Sudhof, 2012). Scaffold proteins containing PDZ domains play critical roles in this process to ensure synaptic efficiency and fidelity (Garner et al., 2000, 2002; Sheng and Sala, 2001; Feng and Zhang, 2009; Williams et al., 2010; Emes and Grant, 2012). Typically, PDZ-domain-containing proteins are able to bind with short peptide motifs of other proteins that are targeted to a restrictive subcellular site of functional receptors or channels to perform a specific function (Garner et al., 2000; Nourry et al., 2003; Kim and Sheng, 2004; Feng and Zhang, 2009). Over the past decades, a large number of PDZ proteins have been identified to participate in numerous biological processes that include synaptic transmission and plasticity (Beique and Andrade, 2003; Gardner et al., 2005; Cane et al., 2014), dendritic morphogenesis, and spinogenesis (El-Husseini et al., 2000; Penzes et al., 2001; Hoogenraad et al., 2005; Nakamura et al., 2011; Geiger et al., 2014; Heisler et al., 2014), suggesting fundamental roles of these PDZ proteins in the development of the brain. However, although more than 400 PDZ proteins have been found so far, only a small part is studied and most of their functions remain elusive.

Among these PDZ proteins, the ligand of Numb protein X 1 (Lnx1) functions as an E3 ubiquitin ligase to promote proteasome-dependent degradation of Numb and enhance Notch signaling that has been revealed in cultured cell systems (Dho et al., 1998; Nie et al., 2002). We have revealed that Lnx1 is expressed in postsynaptic densities (PSDs) of hippocampal CA3 neurons and is required for mossy fiber (MF) axon targeting during the postnatal period (Liu et al., 2018). However, the postsynaptic function of Lnx1 remains largely unknown. In the present study, we further demonstrate that Lnx1 prevents EphB2 receptor internalization for the postsynaptic maturation. Constitutively active EphB2 receptor kinase in Lnx1−/− mice is sufficient to rescue the postsynaptic structure and promote functional synapse formation. Thus, our data indicate that postsynaptic Lnx1-EphB complex is essential for hippocampal CA3 postsynaptic structure assembly and associated synaptic function in the developing brain.



MATERIALS AND METHODS


Mice and Sample Preparation

Lnx1−/− (Liu et al., 2018) knockout and EphB2F620D (Holmberg et al., 2006) knockin mice and genotyping methods have been described previously. Lnx1−/− mice were crossed with the Thy1-GFP M (Feng et al., 2000) transgenic mouse line, which were generously provided by Mark Henkemeyer (University of Texas Southwestern Medical Center, Dallas, TX, USA). Mice were anesthetized with isoflurane and perfused with 0.1 M phosphate-buffered saline (PBS) followed by 4% paraformaldehyde in phosphate buffer. The brains were then removed, postfixed, and sectioned at 30 μm using a vibratome. All experiments that involved mice were carried out in accordance with the US National Institutes of Health Guide for the Care and Use of Animals under an Institutional Animal Care and Use Committee approved protocol and Association for Assessment and Accreditation of Laboratory Animal Care approved Facility at the Shanghai Jiao Tong University School of Medicine. Mice were raised in animal facilities with a constant temperature (22°C) and on a 12-h light-dark cycle. Food and water were unlimited to access.



Immunofluorescence

For immunofluorescence, vibratome sections were blocked with permeable buffer (0.3% Triton X-100 in PBS) that contained 10% donkey serum for 30 min at room temperature, incubated with primary antibodies in a permeable buffer that contained 2% donkey serum overnight at 4°C. The slices were then washed three times with PBS-T (0.1% Tween-20 in PBS) for 10 min every time and incubated with Alexa Fluor secondary antibodies (1:200, Molecular Probes) in the PBS buffer for 2 h at room temperature. The slices were washed in PBS-T three times and mounted on glass slides using Aqua-Poly/Mount (Polysciences) and photographed using a confocal microscope (Leica SP8). For primary antibodies, we used goat anti-EphB2 (1:500, R&D, P54763), rabbit anti-synapsin1 (1:1,000, gift from Ilya Bezprozvanny, University of Texas Southwestern Medical Center, Dallas, TX, USA), and rabbit anti-proteasome S20 (1:1,000, Abcam, ab3325).

To quantify the shape of the spine, a procedure was adapted from our previous study (Xu et al., 2011). To classify the shape of neuronal spines in slices, we used the NeuronStudio software package and an algorithm with the following cutoff values: aspect ratio (AR)_thin (crit) = 2.5, head to neck ratio (HNR) (crit) = 1.3, head diameter (HD) critical value (crit) = 0.4 μm. The protrusions with length 0.2–3.0 μm and Max width 3 μm were counted. Spine density was calculated by dividing the total spine number by the dendritic branch length. Primary dendrite was defined as the dendrite from the soma. The localizations of the terminals and spines were carefully identified in the 3D rendering views. The synapsin1+ spines were defined as the overlapped connections of spines and synapsin1+ terminals with any identical red/green pixels, otherwise synapsin1− (separated from terminals). The neurons of the CA3 corner area were chosen and spines in the stratum oriens layer of the CA3 area were counted. Control and experiment conditions were adjusted with the same parameters. Acquisition of the images and morphometric quantification were performed under “blinded” conditions.



Transmission Electron Microscopy

Mice were perfused with 2.5% glutaraldehyde in phosphate buffer, pH 7.2 for 30 min, dissected brains were then postfixed in the same buffer overnight at 4°C. After PBS buffer rinse, samples were postfixed in 1% osmium tetroxide buffer (2 h) on ice in the dark. Following a double-distilled water rinse, tissue was stained with 3% aqueous uranyl acetate (0.22 μm filtered, 1 h dark), dehydrated in a graded series of ethanol, propylene oxide, and embedded in Epoxy 618 resin. Samples were polymerized at 60°C for 48 h. Thin sections, 60–90 nm, were cut with a diamond knife on the LKBV ultramicrotome and picked up with Formvar-coated copper slot grids. Grids were stained with lead citrate and observed with transmission microscopy (PHILIP CM-120). Images from the CA3 corner area were chosen and an average of 8 pictures per mouse (n = 4 animals per genotype) were captured. The PSDs or PSD length was counted or analyzed by Image J software under “blinded” conditions.



Primary Cell Culture

Primary cell culture of hippocampal neurons was performed as described (Xu and Henkemeyer, 2009). Briefly, hippocampal neurons were dissociated from postnatal day 0 (P0) pups. The triturated cells (1 × 105 cells per well) were grown on either 6 well dishes or glass coverslips coated with 10 μM polylysine overnight in 24 well dishes. Then the culture was grown in a medium of Neurobasal A media (GIBCO) supplemented with B27 and 2 mM glutamine for indicated days.



Receptor Trafficking and Internalization Assay

For receptor trafficking assay, cultured neurons were incubated with special N-terminus EphB2 antibodies (1:100, R&D, P54763) for 10 min. After three washes with preheated PBS, Alexa 488-conjugated secondary antibody (1:100) in blocking buffer was then applied for 10 min to label the total membranous receptors. After a rapid rinse with culture medium, neurons were placed back in the incubator with the original culture medium for 30 min to allow the trafficking of receptors. Then EphB2 antibodies (1:100) followed by Alexa 555-conjugated secondary antibody were applied for 10 min to label the trafficking receptors. After three washes with PBS, the neurons were fixed in 4% paraformaldehyde for 10 min and mounted.

For receptor internalization assay, cultured neurons were incubated with special N-terminus EphB2 antibodies (1:100, R&D, P54763) for 10 min. After a rapid rinse with a culture medium, neurons were placed back in the incubator for 30 min to allow the internalization of receptors. Alexa 488-conjugated secondary antibody (1:100) in blocking buffer was applied for 10 min to label the existing surface EphB2 receptors. After three washes with preheated PBS, the neurons were fixed in 4% paraformaldehyde for 10 min and permeabilized with a blocking buffer that contained 0.1% Triton-X 100 for 30 min. Alexa 555-conjugated secondary antibodies were then applied for 10 min to label the internalized population of receptors. Finally, the neurons were further incubated with proteasome S20 antibody (1:1,000, Abcam, ab3325) in a permeable buffer that contained 2% donkey serum overnight at 4°C and corresponding Alexa 647-conjugated secondary antibody (1:1,000) on the next day. After three washes with PBS, the neurons were mounted.



Isolation of Cell-Surface Protein and Western Blotting

Primary hippocampal neurons from wild-type (WT) or Lnx1−/– pups were cultured for 3 days, then GFP or FLAG-Lnx1 virus (OBIO Company, Shanghai, China) was added into the neurons for another 7-day culture. Then the primary hippocampal neurons were prepared for cell surface protein isolation and western blotting. Cell surface protein isolation of the cultured primary hippocampal neuron samples was separated using a Pierce Cell Surface Protein Isolation Kit (Thermo) as the manufacturer's protocol. Total and membrane proteins were separated by sodium dodecyl sulfate–polyacrylamide gel electrophoresis (SDS-PAGE), transferred to nitrocellulose membranes, and then immunoblotted with indicated antibodies. Analysis of the data was performed using NIH ImageJ software, the mean density of each band was normalized to β-actin signal in the same sample and averaged. For primary antibodies, we used mouse anti-β-actin (1:3,000, Thermo, MA5-15739), mouse anti-Flag (1:1.000, Sigma, F1804), and Goat anti-EphB2 (1:1,000, R&D, P54763).



Electrophysiology

Brain coronal slices were prepared from 3-week-old naive Lnx1+/+, Lnx1−/–, EphB2F620D, and Lnx1−/–; EphB2F620D mice. Brains were dissected quickly and chilled in ice-cold artificial cerebrospinal fluid (ACSF) that contains (in mM): 125 NaCl, 2.5 KCl, 2 CaCl2, 1 MgCl2, 25 NaHCO3, 1.25 NaH2PO4, and 12.5 Glucose. Coronal brain slices (300 μm thick) were prepared with a vibratome and recovered in ACSF bubbling with 95% O2 and 5% CO2 at 31°C for 1 h and then maintained at room temperature (22–25°C). The electrode internal solution was composed of 115 mM CsMeSO3, 10 mM HEPES, 2.5 mM MgCl2·6H2O, 20 mM CsCl2, 0.6 mM ethylene glycol tetraacetic acid (EGTA), 10 mM Na2phosphocreatine, 0.4 mM Na-guanosine 5′-triphosphate (GTP), and 4 mM Mg-adenosine triphosphate (ATP). For mEPSC recording, tetrodotoxin (1 μM) and picrotoxin (100 μM) were included in the external solution. Cells were held at −70 mV. Miniature responses were acquired with a Multiclamp 200B at 10 kHz. Prior to mEPSC detection and analysis, current traces were low-pass filtered at 5 kHz. Data were analyzed in pClamp 10.6 (Molecular Devices) and recordings were made from an average of 3 cells per slice and 2–3 slices per mouse.



Statistical Analysis

The results are presented as mean ± SEM. Statistical differences were determined by Student's t-test for two-group comparisons or ANOVA followed by Turkey test for multiple comparisons among more than two groups.




RESULTS


The Ligand of Numb Protein X 1 Is Required for CA3 Spinogenesis and Synapse Formation

We have identified that Lnx1 was expressed especially in the postsynaptic fraction of hippocampal CA3 neurons (Liu et al., 2018), the postsynaptic localization prompted us to detect whether neuronal morphogenesis is altered in Lnx1−/− mice. We compared the dendrites and spines between postnatal week 3 (PW3) Lnx1−/− and WT mice with a Thy1-GFP-M transgenic reporter (Feng et al., 2000) and found a higher spine density of CA3 but not CA1 pyramidal neurons in Lnx1−/− mice than that of WT littermate mice (Figures 1A,B), though no difference was observed in primary dendrites (data not show). Analysis of spine morphology showed that the spine head width and spine length in CA3 pyramidal neurons of Lnx1−/− mice were significantly decreased (Figures 1A,C). These results indicated that the deficiency of lnx1 in CA3 neurons may lead to changes in the morphology and function of dendritic spines. To examine whether the changes in spine density and morphology resulted in changes in synapse number or postsynaptic structure, we further performed transmission EM and analyzed the number of synapses in the CA3 area and their postsynaptic morphology in PW3 mice. We observed a significant increase in the density of synapses with a decreased postsynaptic profile area indicated by its PSD length in Lnx1−/− mice as compared to WT mice (Figures 1D–G). These results demonstrate a critical role of Lnx1 in the process of spinogenesis in adolescent mice.


[image: Figure 1]
FIGURE 1. Ligand of Numb protein X 1 (Lnx1) is required for spinogenesis in CA3 neuron. (A) Spine morphogenesis in CA3 and CA1 neurons from PW3 Lnx1+/+ and Lnx1−/− mice. Arrows delineate neurons (upper panel) with the mushroom spine (arrowheads in lower panel). Scale bars represent 100 μm (upper panel), 2.5 μm (middle panel), and 3 μm (lower panel). MF, Mossy Fiber. (B,C) Quantification of the spine density in CA3 neurons and CA1 neurons. Percentage distribution of spine head diameter and spine length in CA3 neurons. n = 39 neurons from 4 mice in wild-type (WT) and 43 neurons from 5 mice in the Lnx1−/− group. (D) Transmission electron micrographs of CA3 regions. Asterisks mark postsynaptic spines. Straight lines denote postsynaptic density (PSD) length. Scale bars represent 0.5 μm (left panel) and 0.1 μm (right panel). (E) Quantification of synapse density in the CA3 region determined from electron microscopy analysis. n = 37 images from 4 mice in WT and 42 images from 4 mice in the Lnx1−/− group. (F,G) Quantification of PSD thickness and PSD length in the CA3 region determined from electron microscopy analysis. The right panel presents a cumulative frequency plot of PSD length with histogram distribution and Gaussian curve fit for the inset. n = 82 synapses from 4 mice in WT and 104 synapses from 4 mice in the Lnx1−/− group. Data are presented as mean ± SEM. *p < 0.05; **p < 0.01; ***p < 0.001.


The abnormal spine morphogenesis in Lnx1−/− mice promotes us to ask if the structure of synapses is anatomically altered. Brain slices from PW3 WT and Lnx1−/− mice with Thy1-GFP-M transgenic reporter were immunostained with anti-synapsin1, a protein marker for presynaptic terminals. In WT mice, most spines of CA3 neurons were contacted with presynaptic terminals (synapsin1+ spine), while this ratio was decreased in Lnx1−/− mice (Figures 2A–C). We further classified the synapsin1+ spines of CA3 neurons into three types based on their morphology: one presynaptic terminal on one spine (Type I, typical 1:1 spine), two or more presynaptic terminals on one spine (Type II, multi-innervated spines), and one presynaptic terminal on two or more spines (Type III, multi-spine boutons) (Figures 2A,B). We observed a differential distribution of the three type synapses, Type I the highest and Type III the lowest, in WT mice. However, Lnx1−/− mice showed an increased rate of Type III synapse and a decreased rate of Type II synapse (Figure 2D). To validate the phenotype observed by immunofluorescence staining, we performed transmission EM to analyze these synapse types (Figure 2E). We observed an increased rate of Type III synapse and a decreased rate of Type II synapse, while the percent of Type I synapse remains unchanged in Lnx1−/− mice when compared with littermate controls (Figure 2G). We further classified the Type I synapse into two subtypes, continuous PSDs (Type I-A) and segmented PSDs (Type I-B) (Figure 2F), and observed a significantly increased ratio of Type I-B to Type I-A synapse in Lnx1−/− mice (Figure 2H). Combined with our previous results that postsynaptic efficacy was greatly reduced in the CA3 neurons of Lnx1−/− mice (Liu et al., 2021), these results thus demonstrate a critical role for Lnx1 to establish an intact postsynaptic structure that attributes to the formation of functional synapses in adolescence mice.


[image: Figure 2]
FIGURE 2. Ligand of Numb protein X 1 (Lnx1) is required for synapse formation in CA3 neuron. (A) Representative images showing the deconvolved 3D-rendered views of spines of CA3 neuron (green) contacting synapsin1 (red) in PW3 WT and Lnx1−/− mice (left). Cross-sections through the x- and y-axes show the interface between the spines and synapsin1+ terminals (right). White arrowheads indicate synapsin1− spine, blue arrowheads indicate type II synapse, yellow arrowheads indicate type III synapse. Scale bar represents 4 μm. (B) Schematic diagram showing synapsin1− spine and synapsin1+ spines which include three types of synapse. (C,D) Percentage of various synapse types determined from 3D-rendered views in WT and Lnx1−/− mice. n = 14 neurons from 4 mice in WT and 16 neurons from 4 mice in the Lnx1−/− group. (E,F) Schematic of various synapse types that include presynaptic terminals (red) and postsynaptic spines (green) in electron microscopy. Asterisks mark postsynaptic density (PSD). Scale bar represents 0.5 μm. (G,H) Percentage of various synapse types analyzed by electron microscopy from WT and Lnx1−/− mice. n = 592 synapses from 4 mice in WT and 475 synapses from 4 mice in the Lnx1−/– group. Data are presented as mean ± SEM. *p < 0.05; **p < 0.01; ***p < 0.001.




The Ligand of Numb Protein X 1 Participates in the Internalization Trafficking of EphB Receptors

In the previous study, we screened molecules that were involved in synaptogenesis mediated by Lnx1 and found that the EphB receptors, a family of tyrosine receptor kinases that regulate excitatory synaptogenesis early during development (Sheffler-Collins and Dalva, 2012), were reduced in cell membrane component extracted from Lnx1−/− hippocampus. Lnx1 stabilized EphB receptors through specific binding sites to prevent their degradation in the proteasome (Liu et al., 2018). Lnx1 knockout decreased the surface localization of EphB receptors, which could be the result of either impaired trafficking of EphBs receptors into the plasma membrane or enhanced internalization of EphBs from the plasma membrane. To further determine how Lnx1 regulated the surface expression of EphB receptors, we cultured Lnx1−/− hippocampal neurons and investigated the surface trafficking of the EphB2 receptor. We firstly used a special antibody against the N-terminus of the EphB2 receptor and corresponding fluorescence secondary antibody (488, green) to label the already existing surface EphB2 receptors at DIV10 (day in vitro), after a 30 min trafficking, we used N-terminal EphB2 antibody again and another corresponding fluorescence secondary antibody (555, red) to label new surface EphB2 receptors that trafficked from cytoplasm to membrane in the 30-min period (Figure 3A). We observed the surface EphB2 receptors (488, green) were decreased in the Lnx1−/− hippocampal neurons when compared with WT neurons, which was inconsistent with our previous results that loss of Lnx1 reduced surface EphB receptors (Figures 3B,C). However, the newly trafficked EphB2 receptors (555, red) showed no difference between WT and Lnx1−/− neurons (Figures 3B,C), indicating that Lnx1 did not affect the trafficking of EphB receptors into the plasma membrane.


[image: Figure 3]
FIGURE 3. Ligand of Numb protein X 1 (Lnx1) knockout affects the internalization of EphB2 receptors. (A) Schematic diagram shows the strategy to label the trafficking of EphB2 receptors. (B) Trafficking of EphB2 receptors in Lnx1+/+ and Lnx1−/− hippocampal neurons. Green, total membranous EphB2 receptors; red, newly trafficked EphB2 receptors. Scale bars represent 10 μm (left) and 5 μm (right). (C) Statistical analysis of total and trafficked EphB2 receptors. n = 20 neurons from three biological replicates in wild-type (WT) and 19 neurons from three biological replicates in the Lnx1−/− group. (D) Schematic diagram shows the strategy to label the internalization of EphB2 receptors. (E) Internalization of EphB2 receptors in Lnx1+/+ and Lnx1−/− hippocampal neurons. Green, surface EphB2 receptors; red, internalized EphB2 receptors. Scale bars represent 10 μm (left) and 5 μm (right). (F) Statistical analysis of the internalized ratio of EphB2 receptors. n = 22 neurons from three biological replicates in WT and 21 neurons from three biological replicates in the Lnx1−/− group. (G) Total level or membrane level of EphB2 receptor were analyzed by western blotting of primary hippocampal neurons from WT or Lnx1−/−pups with or without overexpression of Lnx1 protein. ns indicates no significant. Quantitative results of three biological replicates are shown. Data are presented as mean ± SEM. *p < 0.05; **p < 0.01; ***p < 0.001.


Then we investigated whether the internalization of EphB2 receptors from the plasma membrane was affected by Lnx1. Similarly, we used an antibody against the N-terminus of the EphB2 receptor to bind the surface EphB2 receptors and allow them to internalize from the plasma membrane. We added the corresponding fluorescence secondary antibody (488, green) to label the existing surface EphB2 receptors after 30-min incubation, then neurons were fixed and permeabilized for another corresponding fluorescence secondary antibody (555, red) to label the internalized EphB2 receptors from the plasma membrane (Figure 3D). We found that the ratio of internalized EphB2 was increased in Lnx1−/− hippocampal neurons as compared to WT neurons (Figures 3E,F). Furthermore, we extracted the membrane fraction of cultured primary hippocampal neurons from WT or Lnx1−/− pups and observed a decreased EphB2 level in both total and membrane fractions in Lnx1−/− neurons, which could be restored to a comparable normal level after the overexpression of Lnx1 protein (Figure 3G). Together, these data suggest that Lnx1 is necessary and sufficient for the stability of EphB receptors by preventing their internalization from the cell surface.



Activating EphB2 Kinase Promotes Synapse Maturation in Lnx1–/– Mice

We have found that Lnx1 stabilized EphB receptors by preventing their degradation in proteasome in our previous study (Liu et al., 2018). To test whether the internalized EphB2 receptors in Lnx1−/− hippocampal neurons were subsequently submitted to proteasome for degradation, we performed internalization assays and immunofluorescence staining with anti-proteasome S20 to label the proteasomes. In WT neurons, we observed little co-localization between EphB2 receptors and proteasomes, while a portion of internalized EphB2 receptors in Lnx1−/− neurons were co-localized with proteasome S20 protein (Figures 4A–C), suggesting that Lnx1 is necessary for arresting EphB2 receptor internalization for proteasomal degradation.
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FIGURE 4. EphB kinase activation promotes synaptogenesis. (A) Internalization of EphB2 receptors and immunofluorescent staining with anti-proteasome S20 in wild-type (WT), Lnx1−/−, and Lnx1−/−; EphB2 F620D/F620D hippocampal neurons. Green, surface EphB2 receptors; red, internalized EphB2 receptors; cyan, proteasome S20. White arrowheads indicate co-localization of internalized EphB2 and proteasome S20. Scale bars represent 5 μm (left) and 2 μm (right). (B) Statistical analysis of the internalized ratio of EphB2 receptors. (C) Quantification of internalized EphB2 and S20 co-localization (inter-EphB2+S20+) / internalized EphB2 (Inter-EphB2+). n = 20 neurons from three biological replicates in WT, 20 neurons from three biological replicates in Lnx1−/− and 21 neurons from three biological replicates in Lnx1−/−; EphB2 F620D/F620D. (D,E) Spine morphogenesis and the quantification of percentage distribution of spine head diameter and spine length in CA3 neurons from PW3 WT, EphB2 F620D/F620D, Lnx1−/−, and Lnx1−/−; EphB2 F620D/F620D mice. Scale bars represent 3 μm. (F) The increased spine density in Lnx1−/− mice was restored to normal level in Lnx1−/−; EphB2 F620D/F620D mice. n = 39 neurons from 4 mice in WT, 27 neurons from 3 mice in EphB2 F620D/F620D, 43 neurons from 5 mice in the Lnx1−/– group, and 36 neurons from 4 mice in Lnx1−/–; EphB2 F620D/F620D group. (G) The shorter PSD length in Lnx1−/− mice was restored to normal level in Lnx1−/−; EphB2 F620D/F620D mice. n = 80 synapses in WT, 93 synapses in Lnx1−/–, 72 synapses in EphB2 F620D/F620D, and 88 synapses in Lnx1−/−; EphB2 F620D/F620D from 4 mice per group. (H) Schematic and quantification of different synapse types in WT, EphB2 F620D/F620D, Lnx1−/−, and Lnx1−/−; EphB2 F620D/F620D mice determined from electron microscopy analysis. n = 592 synapses in WT, 475 synapses in Lnx1−/–, 393 synapses in EphB2 F620D/F620D, and 534 synapses in Lnx1−/−; EphB2 F620D/F620D from 4 mice per group. (I) Representative average traces (left) and summary graph (right) showed that decreased mEPSC frequency and amplitude in PW3 Lnx1−/− mice were restored to normal level in Lnx1−/−; EphB2 F620D/F620D mice. n = 15 neurons from 3 mice in WT, 18 neurons from 4 mice in EphB2 F620D/F620D, 17 neurons from 4 mice in the Lnx1−/– group, and 20 neurons from 4 mice in Lnx1−/–; EphB2 F620D/F620D group. Data are presented as mean ± SEM. *p < 0.05; **p < 0.01; ***p < 0.001.


EphB2 forward signaling has been reported to be required for the spine morphogenesis and synapse formation in the CA3 pyramidal neurons in vivo (Henkemeyer et al., 2003). To determine whether constitutive catalytic activation of EphB2 is able to reverse the morphological defect caused by Lnx1 ablation, EphB2F620D/F620D, a constitutively active form of EphB tyrosine kinase (Holmberg et al., 2006), was crossed with Lnx1−/− mice. We first detected the ratio of internalized EphB2 receptors in WT, Lnx1−/− and Lnx1−/−; EphB2F620D/F620D primary hippocampal neurons, and found that the increased ratio of internalized EphB2 in Lnx1−/− was recovered in Lnx1 −/−; EphB2F620D/F620D neurons (Figures 4A,B). Moreover, the ratio of co-localization between internalized EphB2 receptors and proteasomes was also restored to a comparable normal level in Lnx1−/−; EphB2F620D/F620D neurons (Figure 4C), which suggest that active EphB2 is more resistant to the degradation. We next examined the spine morphology of CA3 neurons and found that the EphB2F620D/F620D mice per se remain unchanged when compared to the WT mice, while the shrunken spines in CA3 neurons were completely recovered in Lnx1−/−; EphB2F620D/F620D compound mutants (Figures 4D–F). We also examined the rearrangement of all types of synapses and found that the EphB2F620D/F620D mice per se showed no difference when compared to WT mice in synapse type percentage (Figure 4G). The decreased Type II and increased Type III and upregulated I-B/I-A ratio were significantly restored in Lnx1−/−; EphB2F620D/F620D compound mutants compared with Lnx1−/− mice (Figure 4H). Finally, to determine whether constitutive catalytic activation of EphB2 can rescue synaptic efficacy in Lnx1−/− neurons, we measured synaptic activity in CA3 pyramidal neurons from acute brain slices of PW3 mice. Both frequency and amplitude of mEPSC were recovered to WT level in Lnx1−/−; EphB2F620D/F620D compound mutants (Figure 4I). Taken together, our data are consistent with a model whereby Lnx1 serves as a specific protein stabilizer for postsynaptic EphB receptors in hippocampal CA3 pyramidal neurons to promote diversiform spinogenesis and synaptic remodeling (Figure 5).
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FIGURE 5. Proposed model for diversiform synaptogenesis through Lnx1-EphB signaling. Ligand of Numb protein X 1 (Lnx1) serves as a specific protein stabilizer for postsynaptic EphB receptors in hippocampal CA3 pyramidal neurons to sculpt postsynaptic structure and promote diversiform synaptogenesis during the developing hippocampus. PSD, postsynaptic density.





DISCUSSION

In this study, we reveal PDZ scaffold protein Lnx1, which serves as a membrane stabilizer to sustain receptor proteins at postsynaptic compartments to control the formation of diversiform synapses in the developing hippocampus. In contrast to our previous study that Lnx1 controls the axon targeting and maturation of MF terminals in a non-cell-autonomous manner (Liu et al., 2018), we reveal that Lnx1 functions as an intrinsic determinant of postsynaptic structure maturation and synapse function by sustaining EphB2 receptor proteins at the cell surface to activate forward kinase signaling.

The postsynaptic structure has long been theorized to be a component of memory, which is enhanced with increased synapse density in the hippocampus (Moser, 1999; Geinisman, 2000; Leuner and Shors, 2004; Segal, 2005). On the contrary, through a genetic targeting approach, we found that the increased synapse density of CA3 pyramidal neurons during hippocampal development, caused by Lnx1 deficiency, results in an impaired social memory as shown in our previous study (Liu et al., 2021). Here, we suggest that this might be attributable to the numerous immature spines in Lnx1−/− mice, that this is either unable to connect with presynaptic terminals as shown in Figures 2A–C or merely forms silent synapses with weak synaptic efficacy, which has been validated in our previous studies (Liu et al., 2018, 2021). These results indicate that the CA3 synapse is impaired in the absence of Lnx1 as the hippocampus develops, which may lead to damage to social memory.

In our study, we observed an increase in perforated (Type I-B) and multi-spine synapses (Type III) companied with a reduction in single synapses (Type I-A) in 3-wk-old Lnx1−/− mice when compared to WT mice possessing a high proportion of single synapses but little perforated synapse or multi-spine synapses. Previous studies have shown that multiple spine synapses (Type III) and perforated synapses (Type I-B) showed a timely increase during the LTP induction, which may represent an intermediate state of synapses that probably transformed to mature and functional synapses eventually (Buchs and Muller, 1996; Toni et al., 1999). The vast majority of multiple spine synapses (Type III) had spines from different dendrites, while the number and ratio from the same dendrite were greatly increased during LTP induction (Toni et al., 1999). We thought that the increased multiple spine synapses (Type III) in Lnx1−/− mice may be originated probably from the same dendrite that was similar to LTP stimulation. We also observed more multiple spine synapses (Type III) that have both spines on the same dendrite in Lnx1−/− mice when compared to that in WT mice with immunofluorescence staining as shown in Figure 2A. Upon LTP induction, single synapse (Type I-A) becomes an unstable perforated synapse (Type I-B) through an unknown mechanism, and this results in the formation of multiple single synapses (Type I-A), eventually increasing the total number of synapses (Luscher et al., 2000; Harris et al., 2003), which may explain why more synapses were found in Lnx1−/− mice. In addition, the Type II structures (spine with multiple excitatory contacts) formed by the competition between neighboring inputs for postsynaptic resources are found more frequently during the development than in adulthood (Sorra et al., 1998; Radwanska et al., 2011; Risher et al., 2014). Thus, our results may uncover a novel mechanism for dynamical modulation of structural changes in the formation of synapses during postnatal development.

In the present study, we find that Lnx1 is required for the stabilization of EphB2 on the cell surface. Loss of Lnx1 promotes the internalization and degradation of EphB2. We observed that a portion of the internalized EphB2 receptors in Lnx1−/− neurons were co-localized with proteasome S20 proteins upon their internalization from the cell surface, thus, our data suggest a model in which EphB2 receptors were internalized quickly from the cell surface and subsequently sent to the proteasome for degradation in the absence of Lnx1. EphB receptors may be integrated differently in a heterogeneous molecular complex by Lnx1 to regulate variable synaptic structure dynamics. As the forward signals mediated by membrane EphB receptors in CA3 pyramidal neurons is essential for spinogenesis and postsynaptic structure remodeling (Henkemeyer et al., 2003), we crossed the EphB2 mutant with constitutively active forward signaling (EphB2F620D/F620D) mice with Lnx1−/− mice to observe an obvious rescue in synapse formation. Mechanistically, secreted glycoprotein Reelin can bind to the extracellular domain of the EphB receptor to induce forward signaling, which works together with ApoER2 and VLDL receptor cascades to regulate neuron cytoskeleton and cellular behavior in CA3 neurons (Bouche et al., 2013). In particular, EphB receptor signaling in postsynaptic specializations can also be induced by the PDZ scaffold proteins PICK1 and GRIP1, to regulate the synapse formation and functions (Sheffler-Collins and Dalva, 2012; Sloniowski and Ethell, 2012). Thus, our study adds a new regulatory member in the large macromolecular complex.

Accumulating pieces of evidence have revealed the critical role of EphB receptors in brain development and function (Sheffler-Collins and Dalva, 2012; Klein and Kania, 2014; Kania and Klein, 2016) and genetic and protein linkage of EphB signal deficit in the hippocampus to Alzheimer's disease (Attwood et al., 2011), autism (Sanders et al., 2012), and Angelman syndrome (Margolis et al., 2010). Besides the EphB receptor, Lnx1 involved a protein interaction network of postsynaptic compartments (Wolting et al., 2011; Guo et al., 2012) and of alternatively spliced isoform that links genetic risk factors for autism spectrum disorders (Corominas et al., 2014). Therefore, our analysis clarifies the mechanisms by which structural and functional synapse assembly is regulated in the developing brain and leads to a greater understanding of the molecular basis for brain wiring and cognitive functions.
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Calcium channelopathies have been strongly linked to cardiovascular, muscular, neurological and psychiatric disorders. The voltage-gated calcium channels (VGCC) are vital transducers of membrane potential changes to facilitate the dynamics of calcium ions and release of neurotransmitter. Whether these channels function in the glial cell to mediate calcium variations and regulate behavioral outputs, is poorly understood. Our results showed that odorant and mechanical stimuli evoked robust calcium increases in the amphid sheath (AMsh) glia from C. elegans, which were largely dependent on the L-Type VGCC EGL-19. Moreover, EGL-19 modulates the morphologies of both ASH sensory neurons and AMsh glia. Tissue-specific knock-down of EGL-19 in AMsh glia regulated sensory adaptability of ASH neurons and promoted olfactory adaptation. Our results reveal a novel role of glial L-Type VGCC EGL-19 on olfaction, lead to improved understanding of the functions of VGCCs in sensory transduction.

Keywords: glia, glia-neuron interaction, olfaction, calcium channel, adaptation


INTRODUCTION

Behaviors are strictly dependent on the appropriate flow of information within neuronal circuits consisting of both inhibitory and excitatory neurons. Voltage-gated calcium channels (VGCC) function in the cell membrane to mediate an influx of extracellular calcium in response to membrane depolarization (Catterall, 2000, 2011). In excitable cells, the entering calcium ions triggers neurotransmitter release from nerve terminals and muscle contraction through excitation-contraction coupling. In addition, calcium can act as second messengers to initiate longer lasting effects on gene expression and synaptic plasticity. Thus, VGCCs serve as an important link between electrical signaling and numerous important cellular processes in the nervous system (Catterall, 2000, 2011; Tam et al., 2000). VGCCs are mostly studied in excitable cells, like neurons and muscles; however, VGCCs have also been shown to play essential roles in non-excitable cells, including breast cancers and osteoclasts (Catterall, 2011; Pitt et al., 2021). Further glial cells are an indispensable component of the nervous system, but they are not easy to be excited electrically. Studies have revealed that glial cells exhibited spontaneous microdomain Ca2+ transients and also can be activated by odor and mechanical stimuli in a calcium-dependent manner, and function in olfactory detection, transduction and processing (Liu et al., 2014; Ding et al., 2015; Duan et al., 2020; Fernandez-Abascal et al., 2022). However, there are relatively few studies about glial calcium transients in regards to functions of VGCCs in glia cells.

Vertebrate VGCCs typically consist of the pore forming α1 subunit and the accessory subunits β, α2δ, and γ. The α1 subunit is a membrane spanning protein with the voltage sensor and a pore-forming structure in the center, which, when open, selectively allows Ca2+ flux across the membrane (Catterall, 2000, 2011). Vertebrate α1 subunits are classified into three major types: L-type high voltage activated (HVA), non-L-type HVA, and low voltage activated (LVA), or T-type channels (Catterall, 2011; Stout and Parpura, 2011; Pitt et al., 2021). The genetic model Caenorhabditis elegans possess all main types of VGCCs. C. elegans have five putative α1 subunits, encoded by egl-19, cca-1, unc-2, nca-1, and nca-2, and two α2δ subunits and two β subunits (Bargmann, 1998; Hobert, 2013). EGL-19, UNC-2, and CCA-1 are homologs to vertebrate α1 subunits conducting L-type, non-L-type, and LVA T-type channels, respectively (Bargmann, 1998; Jospin et al., 2002; Shtonda and Avery, 2005; Laine et al., 2011; Hobert, 2013). Equipped with 302 neurons and 56 glial cells, C. elegans is an good excellent model to study the function of VGCCs in glial cells.

EGL-19, a homolog of mammalian CACNA1 which is known for the rare human channelopathy Timothy syndrome type 1, carries L-type VGCC currents in C. elegans (Shtonda and Avery, 2005; Laine et al., 2011; Hobert, 2013; Lagoy et al., 2018). EGL-19 can not only affect the action potentials of neurons and muscles (Shtonda and Avery, 2005; Liu et al., 2011, 2018), but also affect calcium dynamics of ASH neurons and regulate their adaptability under sensory stimulation (Kato et al., 2014). Nevertheless, the mechanism by which EGL-19 regulates the adaptability of ASH neurons is unclear. Interestingly, our previous study revealed that the sheath glial cells of the amphid organ (AMsh glia) can also regulate the adaptability of ASH neurons (Duan et al., 2020), raising a question that whether EGL-19 affects the function of AMsh glial cells to regulate sensory adaptation.

Here, we found that EGL-19 modulated the morphologies of both neurons and glia. Odor- and touch- induced calcium signals in the AMsh glia were weakened in worms with the egl-19 dysfunction mutation. We further revealed that AMsh glial EGL-19 contributes to sensory adaptability of ASH neurons and olfactory adaptation.



RESULTS


The VGCC EGL-19 Is Essential for Olfactory Sensing of AMsh Glia

Caenorhabditis elegans respond with avoidance behaviors to a wide range of odorants in a dose-dependent manner to avoid tissue damages (Yoshida et al., 2012; Duan et al., 2020; Cheng et al., 2021). Our previous studies showed that aversive olfactory stimuli directly induced calcium variations in both olfactory neurons and AMsh glia (Duan et al., 2020; Cheng et al., 2021). It has been reported that the voltage-gated calcium channel EGL-19 is required for olfaction of ASH neurons (Duan et al., 2020). Therefore, we first checked whether voltage-gated calcium channels are involved in odorant induced responses in AMsh glia.

We employed calcium imaging with transgenic worms expressing a genetically encoded calcium reporter GCaMP5.0 under the control of the AMsh glia-specific promoter vap-1 (Pvap-1::GCaMP5.0) (Bacaj et al., 2008; Ding et al., 2015; Duan et al., 2020). Consistent with our previous report (Duan et al., 2020), AMsh glia displayed robust calcium increases in response to isoamyl alcohol (IAA, 1:100 in bath solution) (Figure 1A). Remarkably, IAA-evoked calcium increases were significantly reduced in egl-19(n582) mutants. Note that egl-19(n582) is a reduced-function allele, since knock-out alleles for egl-19 are homozygous lethal (Stout and Parpura, 2011). Meanwhile, no defect was observed in mutations of either UNC-2 (P/Q-type α1 subunits) or CCA-1 (T-type α1 subunits) (Figures 1A–C). To better understand how EGL-19 affects the IAA-induced responses in AMsh glia, we conducted tissue-specific RNAi of egl-19 in AMsh glia by transgenic microinjection (Duan et al., 2020). Remarkably, the AMsh glia-specific RNAi of egl-19 largely reduced calcium transients of AMsh glia in response to IAA (Figures 1D–F). Collectively, these results support that EGL-19 VGCC is essential for olfaction of AMsh glia.
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FIGURE 1. EGL-19 is involved in IAA-evoked Ca2+ increases in AMsh glia. (A–C) IAA (1/100)-evoked calcium increases of AMsh glia in wild type, egl-19(n582) mutants, unc-2(ra612) mutants, and cca-1(gk30) mutants. (A) Calcium responses. Note that the solid lines show the average fluorescence changes and the shading indicates SEM. (B) Heat map of calcium responses. (C) Maximum ΔF/F0 changes. IAA were dissolved 1:1 in DMSO as stock solution and then diluted in the bath solution to a final concentration of 1:100 before use. ΔF and F0 are defined as the fluorescence changes after IAA addition and the average fluorescence intensity from the last 10 s before IAA addition, respectively. Wild type (ST1071), n = 70; egl-19(n582) (ST2889), n = 45; unc-2(ra612) (ST2990), n = 31; cca-1(gk30) (ST2991), n = 29; unpaired t-test. (D–F) Specific knockdown of egl-19 in AMsh glia led to defective AMsh glial calcium increases in response to IAA (1/100). (D) Calcium responses. (E) Heat map of calcium responses. (F) Maximum ΔF/F0 changes. Mock (ST2674), n = 17; AMsh egl-19 RNAi (ST2729), n = 20; unpaired t-test. (G) The co-localization of Pegl-19::mCherry with Pvap-1::GFP supports that EGL-19 is expressed in AMsh glia. Scale bar, 10 μm Error bars represent SEM. **p < 0.01.


It has been implicated that EGL-19 is expressed in neurons and muscles (Lee et al., 1997; Jospin et al., 2002; Shtonda and Avery, 2005; Laine et al., 2011; Kato et al., 2014; Duan et al., 2020). However, no literature has reported whether EGL-19 is expressed in glial cells. We thus checked the co-localization of Pegl-19::mCherry and Pvap-1::GFP, and confirmed the expression of EGL-19 in AMsh glia (Figure 1G).



Touch-Induced Calcium Increases in AMsh Glia Are Regulated by EGL-19

AMsh glia are not only bona fide odorant receptor cells (Bianchi, 2020; Duan et al., 2020), but also mechano-receptor cells which can be activated by nose touch stimulation (Ding et al., 2015; Fernandez-Abascal et al., 2022). We next tested whether EGL-19 is required for touch-induced calcium increases in AMsh glia. Consistent with our previous report (Ding et al., 2015), robust calcium increases were observed in both the soma and the processes of AMsh glia under mechanical stimulation (stimuli with 20 μm displacement toward the nose tip of the worms, 2 Hz 5 s) (Figure 2A). Moreover, nose touch-induced calcium increases in AMsh glia were significantly reduced in egl-19(n582) mutants, but not in unc-2(ra612) or cca-1(gk30) mutants (Figures 2A–C). Further, the AMsh glia-specific RNAi of egl-19 remarkably reduced nose touch-induced calcium increases in AMsh glia (Figures 2D–F). These results suggest that EGL-19 is also required for mechanical sensing of AMsh glia.


[image: Figure 2]
FIGURE 2. EGL-19 is essential for touch-evoked Ca2+ Increases in AMsh Glia. (A–C) Nose touch (2 Hz 20 μm displacement for 5 s) -evoked calcium variations of the AMsh glia in wild type, egl-19(n582) mutants, unc-2(ra612) mutants, and cca-1(gk30) mutants. (A) Calcium responses. (B) Heat map of calcium responses. (C) Maximum ΔF/F0 changes. Touch was performed toward the nose tip of the animals through a piezoelectric actuator, which can transform one volt pulse to 4.5 μm mechanical stimulation, wild type (ST1071), n = 26; egl-19(n582) (ST2889), n = 10; unc-2(ra612) (ST2990), n = 19; cca-1(gk30) (ST2991), n = 10; unpaired t-test. (D–F) Specific knockdown of egl-19 in AMsh glia led to defective AMsh glial calcium increases in response to nose touch. (D) Calcium responses. (E) Heat map of calcium responses. (F) Maximum ΔF/F0 changes. Mock (ST2674), n = 10; AMsh egl-19 RNAi (ST2729), n = 9; unpaired t-test. Error bars represent SEM. **p < 0.01.




Dysfunction of EGL-19 Causes Longer Soma and Processes in Both Neurons and Glia

A previous study reported that gain-of-function mutations of egl-19 cause the growth of an ectopic process from the cell body of the ALM neurons (Buddell and Quinn, 2021). To better understand the phenotype of egl-19 in olfaction, we labeled ASH neurons with GFP and checked the morphology by confocal microscopy. The morphology of ASH neurons in egl-19(n582) mutants at larva stage 1 (L1) was similar to that in wild type (Figure 3A). However, the soma of ASH neurons of egl-19(n582) mutants at adult day 1 (D1) stage were more posteriorly displaced, showing longer anterior processes [mean lengths of the anterior process of ASH neuron: 102.63 μm in wild type, and 138.24 μm in egl-19(n582)] (Figures 3B,C) and longer soma [mean lengths of the soma of ASH neurons: 8.95 and 18.18 μm in wild type and egl-19(n582) mutants, respectively] (Figures 3D,E). Moreover, we observed a much longer axon of ASH neurons that extended toward the posterior direction in egl-19(n582) animals.


[image: Figure 3]
FIGURE 3. The morphologies of both AMsh glia and ASH neuron were modulated by EGL-19. (A) Representative morphologies of ASH neurons (green, labeled with Psra-6::GFP) in wild type and egl-19(n582) mutants at L1 stage (upper) and D1 stage (lower), respectively. Scale bar, 20 μm. (B,D) The lengths of the anterior processes (B) and soma (D) of ASH neurons in wild type and egl-19(n582) mutants at L1 and D1 stage. (C,E) The Ratio of the lengths of the anterior processes (C) and soma (E) of ASH neurons to the lengths of the second pharynx in wild type and egl-19(n582) mutants at L1 and D1 stage. The lengths of the second pharynx is calculated as the distance from nose tip to the middle of the second pharynx. L1 stage [WT (ST2169), n = 18; egl-19(n582) (ST2993), n = 18]; D1 stage [WT, n = 19; egl-19(n582), n = 17]; unpaired t-test. (F) Representative morphologies of AMsh glia (red, labeled with Pvap-1::mCherry) in wild type and egl-19(n582) mutants at L1 (upper) and D1 (lower), respectively. Scale bar, 20 μm. (G,I) The lengths of the anterior processes (G) and soma (I) of AMsh glia in wild type and egl-19(n582) mutants at L1 and D1 stage. (H,J) The Ratio of the lengths of the anterior processes (H) and soma (J) of AMsh glia to the lengths of the second pharynx in wild type and egl-19(n582) mutants at L1 and D1 stage. L1 stage [WT (ST826), n = 21; egl-19(n582) (ST993), n = 18]; D1 stage [WT, n = 21; egl-19(n582), n = 20]; unpaired t-test. Error bars represent SEM. ***p < 0.001.


Next we asked whether the morphology of AMsh glia is also affected by egl-19 mutation. Both the soma and the processes were intact in egl-19(n582) mutants. Nevertheless, the AMsh glia showed longer anterior processes and longer soma in egl-19(n582) mutants than that in wild type animals both at larva stage and at adult (Figure 3F). The mean lengths of the anterior processes of AMsh glia were 79.57 and 99.52 μm in wild type and egl-19(n582) mutants, respectively, at larva stage 1 (L1), which turned to 100.97 μm in wild type and 160.65 μm in egl-19(n582) mutants at adult day 1 (D1). Meanwhile, the mean lengths of the soma of AMsh glia were 18.09 and 27.22 μm in wild type and egl-19(n582) mutants, respectively, at L1, and 17.14 μm in wild type and 71.36 μm in egl-19(n582) mutants at D1 (Figures 3G–J).

Collectively, these results suggest that EGL-19 VGCC modulates the morphologies of both neurons and glial cells.

We then asked whether EGL-19 functions in AMsh glia to modulate the morphologies of ASH neurons and AMsh glial cells. Interestingly, no significant morphological change of ASH neurons in the worms with the AMsh glia-specific RNAi of egl-19 was observed. However, knocked down of EGL-19 in AMsh glia caused moderate morphological changes of AMsh glial cells with longer soma (Supplementary Figure 1). These results suggest that EGL-19 might modulate the morphology changes of ASH neurons in an AMsh glia-independent manner.



EGL-19 Acts in AMsh Glia to Modulate Olfactory Adaptation

We next sought to characterize the function of EGL-19 in AMsh glia. Previously we reported that activation of AMsh glia under odorant stimulation suppresses ASH neurons via GABAergic signaling, which in turn promotes olfactory adaptation (Duan et al., 2020). So we tested the calcium response adaptation of ASH neurons upon three repetitive IAA stimuli with 1-min intervals. Consistent with our previous reports, ASH neurons adapted to repetitive IAA stimuli with decreased responses (Kato et al., 2014; Duan et al., 2020) (Figures 4A–D). Moreover, ASH neurons displayed reduced calcium response adaptation to repetitive IAA stimuli in the worms with the AMsh glia-specific RNAi of egl-19. These data suggest that EGL-19 is essential for the AMsh glia-regulated adaptability of ASH neurons.
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FIGURE 4. EGL-19 acts on AMsh glia to modulate olfactory adaptation. (A–D) The calcium response adaptation of ASH neurons upon repetitive IAA stimulation (1:100 IAA, 30 s-odorant pulses with 1-min intervals) was reduced in worms with AMsh glia-specific knockdown of egl-19. (A) Calcium responses. (B) Heat map. (C) Maximum ΔF/F0 changes of the ASH neuron in response to repetitive IAA. (D) The ratio of the average maximum ΔF/F0 changes of peak 2 and peak 3 to the maximum ΔF/F0 changes of the first peak. Mock (ST2996), n = 16; AMsh egl-19 RNAi (ST2995), n = 12; unpaired t-test. (E) Worms with AMsh glia-specific egl-19 RNAi shown reduced behavioral adaptation to IAA. Five milliliter of undiluted odorant was dropped on the lid of a 3 cm-diameter NGM plate, then D1 adult worms were transferred into the plate and were covered by the odorant-containing lid. Sealed the plate with Parafilm. After 5-min adaptation, worms were washed twice with basal buffer (5 mM KPO4 [pH 6], 1 mM CaCl2, 1 mM MgSO4), and then were transferred onto normal NGM plates. Placed a 10 μL pipette tip filled with IAA in front of a forward-moving worm, and recorded the response latency for the worm to cease forward movement and initiate reversal (backward movement). No-exposure [Mock (ST2996), n = 46; AMsh egl-19RNAi (ST2995), n = 46]; pre-exposure [Mock (ST2996), n = 56; AMsh egl-19RNAi (ST2995), n = 57]; unpaired t-test. Error bars represent SEM. *p < 0.05; ***p < 0.001.


ASH neurons play a dominant role in the olfactory avoidance behaviors (Bargmann et al., 1993; Hilliard et al., 2005; Kato et al., 2014; Duan et al., 2020). Since our observation showed that the adaptability of ASH neurons is regulated by AMsh glial EGL-19, we further established that the behavioral adaptation to pre-exposure IAA stimuli was largely reduced in the worms with the AMsh glia-specific RNAi of egl-19 (Figure 4E), which supports that AMsh glial EGL-19 is essential for olfactory adaptation. Together, these results suggest that EGL-19 functions in the AMsh glia to promote olfactory adaptation by regulating the adaptability of ASH neurons.




DISCUSSION

The processing and storage of information by the nervous system requires the ability to modulate responses of excitable cells to stimulation. Adaptation occurs when prolonged or repetitive stimulation triggers processes that attenuate the response (Duan et al., 2020). It has been reported that L-type VGCC EGL-19 regulates the adaptability of ASH neurons under prolonged or repetitive stimulation but the mechanism is unclear (Kato et al., 2014). Neuronal VGCCs serve complex yet essential physiological functions via their pivotal roles in translating electrical signals into intracellular calcium elevations and associated downstream signaling pathways (Catterall, 2000, 2011). Several regulatory mechanisms have been implicated to act on VGCCs to indirectly regulate the amplitude, duration, adaptation and subcellular localization of the Ca2+ signal in neurons (Catterall, 2000, 2011). Compared to neurons, however, functional studies of VGCCs in glial cells have received less attention due to relatively weak electrical activities in these cells (Nedergaard and Verkhratsky, 2012).

In cultured cephalic sensilla sheath (CEPsh) glial cells respond to depolarization induced by high K+ solution with calcium increases mediated by VGCC genes egl-19, cca-1 and unc-2 (Stout and Parpura, 2011). However, the physiological meaning of VGCCs in glial cells is poorly understood. In this study, we found that EGL-19 L-type VGCC, but not UNC-2 P/Q-type or CCA-1 T-type VGCCs, is essential for calcium dynamics in AMsh glia in response to mechano- and odor- stimuli, correlating EGL-19 VGCC with the sensory function of AMsh glial cells. Moreover, we reveal that EGL-19 acts in AMsh glia to promote the adaptability of ASH neurons, which in turn modulating olfactory adaptation under odor stimulation.

Olfactory adaptation is a ubiquitously characteristic of olfaction from lower invertebrates to our humans, which prevents the saturation of transduction machinery and allows the retention of high sensitivity upon continuous or repetitive odorant stimulation (Colbert and Bargmann, 1995; Zufall and Leinders-Zufall, 2000). It has been implicated that most olfactory adaptation events occur cell-autonomously at the level of olfactory receptor neurons using distinct molecular mechanisms (Colbert and Bargmann, 1995; Zufall and Leinders-Zufall, 2000). In our previous study, we identified a novel mechanism by which the AMsh glia regulates olfactory adaptation by inhibiting the neighboring ASH neurons (Bianchi, 2020; Duan et al., 2020).

L-type VGCCs play a critical role in a wide spectrum of physiological processes, including neurotransmission, cell cycle, muscular contraction, cardiac action potential, and gene expression. The egl-19 gene in C. elegans encodes the pore forming subunit for the L-type voltage gated calcium channel that is homologous to the CACNA1C gene in humans (Lagoy et al., 2018). Variants in CACNA1C are risk factors for autism and other psychiatric disorders such as schizophrenia (Strom et al., 2010; Lu et al., 2012; Li et al., 2015). Timothy syndrome is a syndromic form of autism that can be caused by either of three rare de novo mutations in CACNA1C (Bader et al., 2011). Meanwhile, a gain-of-function egl-19 mutation, which is equivalent to the Timothy syndrome mutation in CACNA1C, causes defects in axon termination and neuronal polarity in the ALM neuron of C. elegans (Buddell and Quinn, 2021). Our results showed that the reduced-function mutation of egl-19 results in longer processes and longer soma in both glia and neurons. It would be interesting to identify the relationship of glial VGCCs and olfaction in mammals and the psychiatric disorders including of autism and schizophrenia in future studies.

In this study, We found that EGL-19 function in both activity and morphology of AMsh glia cells and ASH neurons. Also, EGL-19 has an impact on ASH neuronal activity under repeated stimuli. AMsh glia suppress ASH neurons activity through GABA and mediate ASH olfactory adaptation (Duan et al., 2020). Interestingly, we found that ASH neuronal activity can be modulated by knocked down of EGL-19 in AMsh glial cells. Moreover, there was no significant morphological change of ASH neurons in the worms with the AMsh glia-specific RNAi of egl-19, even though moderate morphological changes were observed in AMsh glial cells. These results suggest that EGL-19 might cause the functional and morphological changes of ASH neurons though different pathways.

Taken together, our findings provide evidence that the EGL-19 L-type voltage gated calcium channel acts on the glia to modulate responses to environmental sensory cues and regulate olfactory adaptation. Our study has provided an improved understanding of the functions of VGCC in sensory transduction in both vertebrates and invertebrates, as well as the potential treatments of VGCC dysfunction-related hereditary diseases in humans.



METHODS


Strains and Media

All nematode strains were cultivated at 20°C on nematode growth medium (NGM) plates seeded with the OP50 strain of Escherichia coli using standard methods previously described (Brenner, 1974). Well-fed Day 1 adult worms were used in all experiments expect measure of the morphologies of AMsh glia and ASH neurons. The strains used in this study are listed in the Table 1. Wild-type N2, egl-19(n582), unc-2(ra612), and cca-1(gk30) mutant strains were all provided by the Caenorhabditis Genetic Center (CGC). egl-19(n582) used in this study is a L-type voltage-gated calcium channel (VGCC) α1 subunit reduced-function allele, because knock-out alleles for egl-19 are homozygous lethal.


Table 1. Key resources table.
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Molecular Biology

Promoters were PCR-amplified from N2 genomic DNA and then recombined with specific donor vector fragments using the In-Fusion PCR Cloning Kit (TaKaRa Inc.). The following promoter fragments constructed with GFP or mCherry were used in this study: Psra-6::GFP (ASH neuron) and Pvap-1::mCherry (AMsh glia), which were used to identify ASH neurons and AMsh glia, respectively. Psra-6::GCaMP5.0 and Pvap-1::GCaMP5.0 were used for calcium imaging in ASH neurons and AMsh glia, respectively, as previously described (Ding et al., 2015; Duan et al., 2020).



Cell-Specific RNAi

Construction of transgenes for cell specific knock-down requires the fusion of a cell specific promoters to the exon rich regions of the genes. The cell-specific promoter was fused with gene fragments cloned in the sense and antisense orientations, respectively (Chao et al., 2004; Duan et al., 2020). The AMsh glia specific promoter Pvap-1 was used in this study. The target gene was egl-19. The promoters were PCR-amplified from N2 genomic DNA and then recombined with specific donor vector fragments using the In-Fusion PCR Cloning Kit (TaKaRa). The C. elegans genes were amplified from genomic DNA, and an exon rich fragment of egl-19 was amplified with primers as follow:

senseF: ACTTCGACCGCTTCGTCTTG;

senseR: TTTGGAAATGATCGAGCCATTCGGATTGTCCAT

antisenseF: TTGAGGGTACCAAAATTT

antisenseR: ACTTCGACCGCTTCGTCTTGTATC.

These two reactions yield DNA fragments in which the target gene fragment can be transcribed by the cell specific promoter in the sense orientation and in the antisense orientation. Then they are mixed in equimolar amounts and injected, together with a visible selectable marker (Punc-122::mCherry), in recipient animals. The fragments for the sense and antisense expression of the target gene were injected at 40 ng*μL−1 each, together with 30 ng*μL−1 of co-makers such as Punc-122::mCherry. Mock is the control group of the AMsh glia specific egl-19 RNAi. The mock group animals were injected with the fragments of the sense expression of target geneat 40 ng*μL−1, together with 30 ng*μL−1 of co-makers such as Punc-122::mCherry.



Behavioral Assays

Odorant avoidance assays were performed as previously described (Yue et al., 2018; Duan et al., 2020). We placed a 10 μL pipette tip filled with IAA in front of a forward-moving animal, and the response latency for the worm to cease forward movement and initiate reversal (backward movement) was recorded.

Olfactory adaptation assays were performed as we described previously (Duan et al., 2020). Five microliter of undiluted odorant was dropped on the lid of a 3 cm-diameter NGM plate, then D1 adult worms were transferred into the plate and covered the plate with the odorant-containing lid. Sealed the plate with Parafilm. After 5-min adaptation, worms were washed twice with basal buffer [5 mM KPO4 [pH 6], 1 mM CaCl2, 1 mM MgSO4], and then transferred onto normal NGM plates to perform odorant avoidance assays afterwards.



Calcium Imaging

Animals were immersed in bath solution (145 mM NaCl, 2.5 mM KCl, 1 mM MgCl2, 5 mM CaCl2, 10 mM HEPES, 20 mM glucose, pH adjusted to 7.3 with NaOH) and subsequently glued on a glass coverslip with a medical grade cyanoacrylate-based glue (Gluture Topical Tissue Adhesive, Abbott Laboratories) (Duan et al., 2020; Cheng et al., 2021, 2022). IAA was first dissolved in DMSO (1:1) as stock solution and then diluted in the bath solution prior to use. The green fluorescent GCaMP5.0 was used to measure the intracellular calcium signals of AMsh glia and ASH neurons (Duan et al., 2020; Cheng et al., 2021, 2022). Fluorescent images were acquired using an Olympus microscope (IX71) under a 40x objective lens coupled with an Andor DL-604M EMCCD camera. Data were collected using the Micro-Manager software. GCaMP5.0 was excited by a ThorLabs blue light (460–480 nm) LED lamp. The fluorescent signals were collected with a 1 Hz sampling rate.

Mechanical stimulation was performed toward the nose tip of the animals through a piezoelectric actuator P-840.30 (Physik Instrumente, Germany) mounted in MPC-325 Micromanipulator (Sutter, USA). The piezoelectric actuator can transform one volt pulse to 4.5 μm mechanical stimulation, triggered by a HEKA EPC-10 amplifier (HEKA, Germany). Odorant stimulation was conducted with IAA (1:100 in bath solution) for 1 min.

To assay the olfactory adaptation of ASH neurons in response to IAA, calcium increases induced by three repetitive applications of IAA (1:100) (30 s-odorant pulses performed with 1-min intervals) were recorded. The baseline calcium level (F0) was corrected as the average fluorescence intensity from the last 10 s before each IAA application, and the ratio of the average maximum ΔF/F0 changes of peak 2 and peak 3 to the maximum ΔF/F0 changes of the first peak was calculated to reflect the adaptation level of ASH neuron.

A detailed glial calcium imaging protocol was described previously.



Statistical Analysis

Data analysis was performed using GraphPad Prism 6. All data were presented as mean ± SEM. Unpaired two-tailed Student's t-test or two-way ANOVA was used to compare data sets. P < 0.05 was considered to be statistically significant. Sample sizes were determined by the reproducibility of the experiments and are similar to the sample sizes generally used in the field.
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Supplementary Figure 1. Specific knockdown of egl-19 in AMsh glia led to moderate change of morphology of AMsh glia but not that of ASH, related to Figure 3. (A,B) Morphologies of ASH neurons (A) and AMsh glia (B) in mock and AMsh glia-specific egl-19 RNAi worms at D1 stage, respectively. Scale bar, 20 μm. (C,E) The lengths of the anterior processes (C) and soma (E) of ASH neuron in mock and AMsh glia-specific egl-19 RNAi worms at D1 stage, respectively. Mock (ST2996), n = 17; AMsh glia-specific egl-19 RNAi (ST2995), n = 16; unpaired t-test. (D,F) The ratio of the anterior processes (D) and soma (F) of ASH neurons to the lengths of the second pharynx in mock and AMsh glia-specific egl-19 RNAi worms at D1 stage, respectively. The lengths of the second pharynx is calculated as the distance from nose tip to the middle of the second pharynx. Mock (ST2996), n = 17; AMsh glia-specific egl-19 RNAi (ST2995), n = 16; unpaired t-test. (G,I) The lengths of anterior processes (G) and soma (I) of AMsh glia in mock and AMsh glia-specific egl-19 RNAi worms at D1 stage, respectively. Mock (ST2674), n = 16; AMsh glia-specific egl-19 RNAi (ST2729), n = 27; unpaired t-test. (H,J) The ratio of the anterior processes (H) and soma (J) of AMsh glia to the lengths of the second pharynx in mock and AMsh glia-specific egl-19 RNAi worms at D1 stage, respectively. The lengths of the second pharynx is calculated as the distance from nose tip to the middle of the second pharynx. Mock (ST2674), n = 16; AMsh glia-specific egl-19 RNAi (ST2729), n = 27; unpaired t-test. Error bars represent SEM. ***p < 0.001.
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Syt M. mus Syt1 Syt1tm1Sud Postnatal lethality; severely reduced synchronous Geppert et al., 1994
SV release
C. ele snt-1 snt-1(md290) Viable; reduced evoked and spontaneous SV LiL.etal, 2018
release
D. mel syt syt1N13/AD4 Viable; severely reduced synchronous SV release, Littleton et al., 1993, 1994
enhanced spontaneous release

SNARE recycling NSF M. mus Nsf Nsfim1b(KOMP)Mbp Embryonic lethal Dickinson et al., 2016

C. ele nsf-1 nsf-1(tm2194) Lethal C. elegans Deletion Mutant Consortium, 2012

D. mel comt comtlP Embryonic lethal Siddigi and Benzer, 1976; Sanyal and

Krishnan, 2001
comtST17 TS paralysis
Nsf2 Nsf258 Larval lethal Golby et al., 2001
NSF attachment | a-/B-SNAP | M. mus Napa Napa!™iCaw Embryonic lethal Chae et al., 2004; Bronson and Lane, 1990
Napahyh Hydrocephaly, abnormal gait
Napb Napbimifihee Viable; seizures Burgalossi et al., 2010

C. ele snap-1 snap-1(tm2068) Lethal C. elegans Deletion Mutant Consortium, 2012

D. mel aSNAP aSNAPMY3 Embryonic lethal Babcock et al., 2004
Decoy SNARE Tomosyn | M. mus Stxbpb5 Tomosyn<© Viable; enhanced evoked SV release Sakisaka et al., 2008

Stxbp5/ Tom2Ko Viable; enhanced SV rundown Geerts et al., 2015
C. ele tom-1 tom-1(0k285) Viable; enhanced evoked SV release, Gracheva et al., 2006
hypersensitive to aldicarb
D. mel tomosyn
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Function Protein | Species | Gene name Mutant Phenotype References
Membrane fusion Syx1 M. mus Stx1A Stx1ARA No abnormal phenotypes detected
Stx1B Stx1B8m1-1Rmnd Premature death; minimal SV release defects Gerber et al., 2008; Wu et al.,
2015
Stx1BOPen Decreased RRP size, increased evoked SV release
C. ele unc-64 unc-64(js115) Lethal Saifee et al., 1998; Liu et al., 2018
unc-64(e246) Reduced cholinergic SV release, normal GABAergic
release
D. mel Syx1A Syx1AA229 Embryonic lethal; no SV release Schulze et al., 1995; Littleton
etal., 1998
Syx1A3-69 TS paralysis
Syb2 M. mus Syb2 Syb2im1Sud Lethal; reduced evoked SV release Schoch et al., 2001
C. ele snb-1 snb-1(tm6668) Lethal C. elegans Deletion Mutant
Consortium, 2012; Liu et al., 2018
snb-1(md247) Reduced cholinergic SV release, normal GABAergic
release
D. mel n-Syb n-sybAF338 Lethal; no evoked SV release, some spontaneous Deitcher et al., 1998
release
nSyb™ Very little movement
c-Syb syb!44 Lethal Bhattacharya et al., 2002
SNAP-25 | M. mus Snap25 Snap25tmiMew Lethal; no evoked SV release, elevated spontaneous Washbourne et al., 2002
release
C. ele ric-4 ric-4(md1088) Viable; aldicarb resistance, sluggish movement Miller et al., 1996
D. mel SNAP-25 snap-25124 Reduced evoked SV release, enhanced spontaneous Rao et al., 2001; Vilinsky et al.,
release 2002
snap-25'5 TS paralysis
SV priming Unc18 M. mus | Munc18-1 Stxbp1tm1Sud Embryonic lethal; no evoked or spontaneous SV release Verhage et al., 2000
Munc18-2 Stxbp2tmibdic Postnatal lethality Kim et al., 2012
Munc18-3 Stxbp3imivt Postnatal lethality; altered insulin secretion Kanda et al., 2005
C. ele unc-18 unc-18(e174) Uncoordinated movement Brenner, 1973
D. mel rop rop@2’ Embryonic lethality Harrison et al., 1994
Unc13 | M.mus | Munci13-1 | Munc13- 1/2PKO Embryonic lethality; no evoked or spontaneous SV | Augustin et al., 1999; Varoqueaux
release et al., 2002
Munc13-2
Munc13-3 Unc13cim1Bros Viable; mild cerebellar synaptic phenotypes Augustin et al., 2001
Munc13-4
C. ele unc-13 unc-13(s69) No evoked or spontaneous SV release Richmond et al., 1999, 2001
D. mel Unc13 unc13P8400 Embryonic lethal; no evoked or spontaneous SV release Aravamudan et al., 1999
SV targeting Rab3 | M. mus Rab3a Rab3/BCD Premature death; moderately reduced evoked SV Schliiter et al., 2004
release
Rab3b
Rab3c
Rab3d
C. ele rab-3 rab-3(js49) Viable; weaker pharyngeal pumping, aldicarb resistance Nonet et al., 1997
D. mel rab3 rab3™P Viable; mild SV release defect, abnormal AZ Graf et al., 2009
development
RIM M. mus Rim1 Rim 1alphabeta . Severely impaired evoked and spontaneous SV release, | Schoch et al., 2002; Kaeser et al.,
Rim2alphabetagamma reduced Ca* channel accumulation 2008, 2011
Rim2
Rim3 Rim39amma No abnormal phenotypes detected
Rim4 Rim4m1Btr Low body weight, small size
C. ele unc-10 unc-10(md1117) | Viable; severely reduced evoked and spontaneous SV Koushika et al., 2001
fusion
D. mel Rim Rim&xX73 Viable; impaired SV release, reduced Ca?* channel Graf et al., 2012
accumulation
Fusion clamp/Ca?* Complexin | M. mus Cpx1 Cpxi/IIPKO Postnatal lethality; severely reduced evoked SV release Reim et al., 2001
sensor
Cpx2
Cpx3 Cpx3/4PKO Viable; impaired retinal neurotransmission Xue et al., 2008; Reim et al., 2009
Cpx4
C. ele cpx-1 cpx-1(ok1552) Viable; reduced evoked SV release, enhanced Martin et al., 2011
spontaneous release
D. mel cpx cpxSH1 Viable; reduced evoked SV release, enhanced Huntwork and Littleton, 2007

spontaneous release
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