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Editorial on the Research Topic
 Responses of marine microbes to multiple environmental drivers of global change: The interplay of abiotic and biotic factors





Introduction

Global warming and other anthropogenic pressures have led to the ongoing changes in the ocean. These changes are referred to as drivers or stressors, including ocean acidification, surface ocean warming, deoxygenation, and shifts in salinity, density, nutrient, and light regimes (Boyd et al., 2019; IPCC, 2021). The complex matrix of environmental drivers varies at different spatial or temporal scales, thus exerting strong influence on marine microbes inhabiting these environments. On the other hand, structural and functional alternations of microbial communities may provide feedback to the environment and ultimately influences the global climate. It is noteworthy that environmental drivers never act independently in nature, but rather have multiplicative effects on marine ecosystems due to complex stressor interactions (Crain et al., 2008; Boyd and Brown, 2015). Thus, in order to make a more realistic projection of the ecological consequences of global ocean change, it is essential to elucidate the combined effects of environmental forcing on marine life (Boyd et al., 2018).

In addition to the abiotic changes, the interplay between organisms also plays an important role in shaping the geographical distribution of marine life (Wisz et al., 2013; Donelson et al., 2019) and their ecosystem services (Montoya and Raffaelli, 2010). Marine microbial communities, particularly phytoplankton, are among the first responders to complex environmental changes. As the “driving engine” of the ocean, marine phytoplankton have direct impacts on the planktonic marine food web, regulating not only life at higher trophic levels (e.g., protists and zooplankton, etc.; Fox et al., 2018), but also affecting the reproduction and propagation of marine heterotrophs (Ducklow and Carlson, 1992) and viruses (Danovaro et al., 2011). Meanwhile, by decomposing and remineralizing organic debris, marine heterotrophs play an important role in alleviating the nutrient limitation of marine phytoplankton in the oligotrophic ocean (Burkhardt et al., 2014). Thus, interactions between phytoplankton and heterotrophs likely shape the global distribution pattern of marine phytoplankton (Follett et al., 2022). Besides, marine heterotrophs are involved in mediating dissolved organic carbon (DOC) flow to the traditional food chain via microbial loop (Azam et al., 1983), and are thought to be responsible to the massive accumulation of recalcitrant DOC (rDOC) in the global ocean via microbial carbon pump (Jiao et al., 2010). Therefore, microbial interactions and their feedback to marine environments should be extensively studied in order to better understand the biogeochemical cycles of the future ocean.

This Research Topic summarizes recent advances on the effects of multiple environmental drivers on marine microbes. In total, the authors contributed 22 papers covering a wide variety of subjects including the physiological and molecular characterization of microbial responses to global ocean changes on both single species and community levels, and the depiction of microbial interactions among marine phytoplankton, heterotrophs, and viruses (Figure 1). Across different geographical locations, these studies highlighted microbial responses to environmental changes in the marginal seas of the Northwest Pacific (coasts of China and Viet Nam), the Indian Ocean (Red Sea and the North Indian Ocean), the Atlantic (the Sargasso Sea, coasts of North Carolina and the Caribbean Islands), and the Antarctica. Here we provide an overview of contributions provided in this article collection, as well as perspectives to stimulate future research.
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FIGURE 1
 The abiotic and biotic drivers addressed by the published articles in this Research Topic. Numbers refer to the articles listed in the top panel.




Contributions


The effects of multiple environmental drivers on marine microbes
 
Primary producers

Environmental changes may regulate photosynthesis and growth of marine phytoplankton, thus affect oceanic primary production. In this Research Topic, physiological responses of marine phytoplankton to single and multiple environmental drivers (e.g., irradiance, temperature, CO2, and nutrient availability) are addressed for marine coccolithophores (Xie et al.) and for marine diatoms (Gao et al.; Kelly et al.; Jin et al.). Coccolithophores are a major calcifying phytoplankton producing calcite scales (coccoliths) in the cell surface (Brownlee et al., 2021). In order to better understand the physiological responses of marine coccolithophores to ocean acidification, Xie et al. dissected the effects of elevated dissolved inorganic carbon (DIC) concentration and reduced pH value on the growth, elemental compositions and cellular macromolecule contents of a model coccolithophore species, Emiliania huxleyi. Elevated DIC concentration and reduced pH were observed to synergistically increase the contribution of carbohydrate–carbon to POC, and antagonistically affect the contribution of protein–nitrogen to PON, consequently influencing the C:N ratio and the contribution of E. huxleyi to marine biogeochemical cycles. For marine diatoms, previous studies showed that ocean acidification could reduce the dissolution of silica, thus reduced seawater pH may decrease the bioavailability of silica and affect biological silicification (Petrou et al., 2019; Taucher et al., 2022). However, how will other metabolic processes be affected are still not fully resolved. A long-term (~400 days) selection experiment (Jin et al.) examined the lipidomic response of model marine diatom Phaeodactylum tricornutum to ocean acidification. Apart from increased production of phosphatidylglycerol (PG) under high CO2 conditions (Jin et al.), acidification also triggered substantial lipid remodeling by down- and up-regulating 33 and 42 lipid metabolites, respectively. In addition to ocean acidification, impacts of multiple environmental variables on diatom growth was further examined by Gao et al. and Kelly et al. The synergistic effects of solar ultraviolet radiation (UVR) and reduced CO2 availability upregulated the carbon concentration mechanism (CCMs) of a bloom-forming diatom Skeletonema costatum (Gao et al.). The results indicate that over the course of bloom when CO2 concentration and PAR decrease, UVR helps S. costatum promote its carbon fixation, and consequently prolongs the bloom duration. The interactive effects of ultraviolet B (UVB) radiation, warming, and changing nitrogen source on the toxic coastal diatom Pseudo-nitzschina multiseries were examined by a multi-variable experimental approach (Kelly et al.). The cellular toxin production of P. multiseries were reduced under the warming condition, while increased exposure to UVB could inhibit the bloom formation, indicating that the interactive effects of multiple environmental variables could not be predicted based on simply combining the single variable effects.

Cumulative effects of multiple environmental drivers may differ in various oceanic regions, leading to regional microbial responses. Spatial variations in the photophysiological parameters of the natural Trichodesmium populations were observed in both the Northwest Pacific and the North Indian Ocean with a multi-excitation wavelength fast repetition rate fluorometry (FRRf) (Zhu et al.). The regional responses were mainly caused by different nutrient supply and physiological stress in the two study sites. Zhu et al. also suggests that the use of multi-LED generated significant higher values of maximum photochemical efficiency (Fv/Fm) compared to that of blue-only excitation, providing novel insight into photo-acclimation of natural Trichodesmium populations.



Other microbial groups

The environmental impacts on the primary producers will be passed through the marine food web, and further affect the feeding behaviors of organisms on the higher trophic levels. Liu, Ng et al. observed a selective feeding behavior of the mixotrophic dinoflagellate Lepidodinium sp. under different combinations of temperature and nutrient conditions. The higher ingestion rate on high-N prey under lower N supply indicates a compensatory feeding to balance the cellular elemental stoichiometry. On the other hand, warming mainly resulted in an increase in the Chesson selectivity. Apart from mixotrophs, the microzooplankton herbivory is believed to be a major mortality source of marine phytoplankton, playing important ecological roles at the base of pelagic marine food webs (Calbet and Landry, 2004; Caron and Hutchins, 2013). Cabrerizo and Marañon analyzed the thermal sensitivity of grazing pressure by microzooplankton through an extensive literature analysis on paired rate estimates of growth and grazing rates from dilution experiments. Temperature was found to have a highly regional impact on the microzooplankton grazing pressure throughout the world's oceans, with stimulatory effects in polar open-ocean or tropical coastal regions, but inhibitory effects elsewhere. Nitrate availability worked synergistically with temperature in stimulating grazing pressure in open-ocean ecosystems, but antagonistically in coastal environments, particularly in polar regions.

In addition, other groups in the microbial community, including bacteria, archaea, viruses, protists, and fungi are also important components of the marine ecosystems. For example, viruses constitute a great part of marine nitrogen inventory and recent discoveries of novel viruses involved in nitrogen biotransformation processes provide new insights into the marine nitrogen cycling (reviewed by Wang et al.). Long et al. reviewed the current understanding and knowledge gaps of the microbial ecology in the oxygen minimum zones (OMZs). The review covers the formation of OMZ, abiotic and biotic factors affecting OMZ expansion, and the ecology of OMZ microbes and their responses to climate change. Several directions to close the current knowledge gaps were proposed, including the need for a more comprehensive approach, such as in situ incubations to characterize microbial responses to climate change, and the call for investigations of the least studied microbial groups in natural microbial communities of OMZs, such as microeukaryotes and viruses. Perkins et al. investigated the potential of endophytic fungi to degrade kelp detritus, a major source of cellulose in marine systems. Their results suggest that endophytic kelp fungi may play a significant role in marine carbon cycling via polymeric organic matter degradation under both oxic and anoxic conditions.



Microbial communities

Considerable studies have focused on the effects of global change on single marine species, while microbial community responses to environmental changes are still understudied, particularly in the perspectives of community resilience and adaptive evolution (Hutchins and Fu, 2017; Collins et al., 2020). Short- and long-term microbial community-level studies are required for predicting and mitigating the impacts of future climate change on marine ecosystems (Cavicchioli et al., 2019). Microbial communities in several typical ecosystems were assessed in this Research Topic. By conducting a microcosm incubation experiment, Yang et al. reported that the bacterioplankton communities in a coastal ecosystem in the eutrophic Xiamen Bay, South China Sea, could be adaptable to the short-term elevated pCO2. A high-frequency assessment of bacterial community dynamics in Red Sea coastal waters suggests that temperature, chlorophyll-a, and dissolved organic carbon concentration were the major environmental variables affecting bacterial abundance and diversity patterns (Ansari et al.). In the polar regions, climate change especially tends to drive dramatic environmental changes, including the ice coverage. Currie et al. assessed the effects of legacy sea ice conditions on benthic microbial communities in different regions of Antarctica, by comparing the benthic microbial communities underlying first-year and multi-year sea ice. The sea ice-benthic coupling reveals that the sea ice dynamics have crucial influence on the ecosystem functioning in a changing polar environment.

Understanding the responses of microbial communities to physical disturbances is also critical for predicting nutrient cycling and ecosystem stability. In this article collection, Mao et al. showed that microbial community structure may be impacted by mesoscale physical processes. Moreover, deep convective mixing of dissolved and suspended organic matter is an important export pathway in the biological carbon pump. Liu, Longnecker et al. assessed the fate and compositional transformation of dissolved organic matters by marine microbes in the northwestern Sargasso Sea. The biogeochemical and microbial parameters were analyzed on a seasonal timescale from 2016 to 2017, and the results highlight the contribution of microbes in the DOM transformation and export. Furthermore, extreme weather events, such as hurricanes, floods, droughts, wildfires, etc., are expected to increase in frequency, duration and intensity under global warming scenarios (Diffenbaugh et al., 2017). In this regard, Garrison et al. examined the impact of hurricane season on the coastal microbial community dynamics within the barrier island system of Outer Banks, North Carolina. Strong disturbances of planktonic bacterial communities were observed at offshore sites after hurricanes, which favored fast-growing copiotrophs rather than autotrophs, further suggesting enhanced organic matter remineralization and nutrient cycling in future warmer oceans.

Lastly, in order to mitigate the progress of global warming caused by anthropogenic CO2 emission, alkalinity enhancement through weathering reactions has been proposed as a potential solution to increase the capacity of CO2 absorption by seawater. The impacts of olivine addition on the bacterial diversity and community composition in the surface and bottom seawater of a representative marine ranch area were studied by Ren et al. in the northern coastal area in China. The results suggest that the olivine addition may shift the bacterial community structure, and thus reveal the need for risk evaluation of the potential ocean geoengineering plan.




The biotic interactions of microbial organisms in a changing ocean

Marine phytoplankton and associated bacteria often establish a close relationship by exchanging metabolites or nutrients, making the microenvironment surrounding phytoplankton cells or colonies a special biosphere, known as the phycosphere (Seymour et al., 2017). How is the phycosphere structured and regulated under environmental disturbance remain largely understudied. Phaeocystis globosa (P. globosa) is a bloom-forming microalgal species that morphologically can be in either solitary cells or large colonies. Colonies are the dominant form during P. globosa blooms, where algal cells embedded in the balloon-like colony periphery and transparent fluid filled inside (Schoemann et al., 2005). Off the coast of Southeast Asia, P. globosa could form gigantic colonies (up to 3 cm) (Qi et al., 2004). Two articles in this Research Topic (Zhu et al.; Xu et al.) analyzed the bacterial communities associated with P. globosa colonies using high-throughput 16S rDNA-based amplicon sequencing. Interestingly, they both revealed that the bacterial communities associated with P. globasa were evolutionarily conserved and might play an important role in the ecological success of P. globosa. Zhu et al. reported that the P. globosa intracolonial fluid was inhabited mainly by species of Balneola and Labrezia, and suggested that this core set of bacterial consortia promote P. globosa colony formation during the P. globosa bloom off the coast of Viet Nam. On the other hand, Xu et al. compared the shared epibionts of two P. globosa strains isolated from different locations off the coast of South China and revealed that long-term laboratory cultivation might select for agal growth promoting bacteria, such as diverse N2-fixing bacteria.

Floating Sargassum rafts are complex ecosystems, providing special habitats for various associated species. Hervé et al. used metabarcoding approaches to examine the differences in both the eukaryotic- and prokaryotic-associated communities from pelagic Sargassum rafts present at two different sites on Caribbean Islands. Significant differences in microbial community structure and composition between landing Sargassum, the surrounding seawater, and Sargassum from inland storage sites were detected. Therefore, these molecular inventories of the micro- and meiofauna communities provide baseline information for further characterization of trophic interactions, algal organic matter decomposition, and nutrient transfers at coastal and inland storage sites.

Environmental changes may shift the species competition in marine ecosystems. Bi et al. took a step forward to address the responses of marine diatom-dinoflagellate competition to the interplay of temperature, nutrient concentration, and N:P ratio. Although diatoms dominated under high nutrient concentrations, there was a competitive superiority of dinoflagellates at the highest temperature and very high nutrient concentrations. N:P ratios had negative correlation with diatoms/dinoflagellates ratios and the lipid biomarkers could provide useful tools as indicators of diatoms/dinoflagellates relative composition (Bi et al.). Additionally, the interactions between different lineages of MGII archaea and phytoplankton in the northern coast of South China Sea were studied by Chen et al. The results based on non-metric multidimensional scaling and cluster analysis provide insights into the multiple interactions between co-existing planktonic archaea and phytoplankton species.




Perspectives

Overall, the integrated results of this article collection extend our understanding of important aspects of the microbial responses to multiple environmental drivers of global change: from abiotic drivers to biotic interactions, from single driver to multiple driver effects, from short term to long term adaptative responses, and from single species level to microbial communities across a broad temporal and spatial scales. For the future research directions, a number of overarching gaps emerge and we make the following suggestions to fill in the knowledge gaps.

First, improvement of experimental designs should be undertaken to investigate the holistic responses of marine microbes to the global change. This requires approaches to connect the effects of single environmental drivers and the interactions of multiple drivers. On the other hand, future studies should consider the interactions between different components of the microbial community, connecting the direct environmental effects with these indirect biotic effects, as well as their linkages with the upper trophic levels on the ecosystem level. Furthermore, the study subject, the specific research questions, and the locale of the experiment need to be considered prior to designing the experiments for the assessment of multiple driver effects. As such, the online tool Multiple Environmental Driver Design Lab for Experiments (MEDDLE, https://meddle-scor149.org, Boyd et al., 2019) provides a good web-based practice guide to direct these research approaches. It provides online materials and tools for designing single and multi- driver experiments, in order to generate more accurate and statistically robust experimental results for ocean research.

Secondly, advanced culture-independent approaches should be applied to natural microbial communities for a better understanding of in situ microbial processes and adaptation mechanisms. The rapid expansion of the meta'omics toolbox has enabled direct investigation of microbial abundance, community composition and dynamics, metabolic activities and microbial products in natural microbial communities. Meta'omics approaches bypass the cultivation step, which are not only crucial for studying microbes that are resistant to cultivation, but also necessary for understanding adaptation mechanisms of extremophiles inhabiting inaccessible environments or microbes with extremely slow growth rates. However, accurate partition of biotic interactions from environmental stressors are also challenging with in situ microbial communities, and hypothesis testing on synthetic microbial communities could help to dissect biotic interactions from community responses to global change (Grosskopf and Soyer, 2014).

Last but not least, a concerted effort is required to integrate results generated from laboratory manipulation, in situ incubation, and environmental data collection based on long term monitoring, as well as model projections. Laboratory manipulation experiments often provide useful information on the response patterns of organisms to single drivers or driver interactions, as well as molecular mechanisms behind the acclimation or adaptation responses. While in situ manipulations help to assess these responses at the ecological scale by including a more integrated microbial community. Furthermore, the model projections based on results of manipulation experiments can be further optimized using data obtained from long-term monitoring efforts. These research approaches together will provide a comprehensive view of how marine biota will respond to the changing marine environment at regional, global, and various temporal scales for policymakers.
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The diatom Skeletonema costatum is cosmopolitan and forms algal blooms in coastal waters, being exposed to varying levels of solar UV radiation (UVR) and reduced levels of carbon dioxide (CO2). While reduced CO2 availability is known to enhance CO2 concentrating mechanisms (CCMs) in this diatom and others, little is known on the effects of UV on microalgal CCMs, especially when CO2 levels fluctuate in coastal waters. Here, we show that S. costatum upregulated its CCMs in response to UVR (295–395 nm), especially to UVA (320–395 nm) in the presence and absence of photosynthetically active radiation (PAR). The intensity rise of UVA and/or UVR alone resulted in an increase of the activity of extracellular carbonic anhydrase (CAe); and the addition of UVA enhanced the activity of CCMs-related CAe by 23–27% when PAR levels were low. Such UV-stimulated CCMs activity was only significant at the reduced CO2 level (3.4 μmol L−1). In addition, UVA alone drove active HCO3− uptake although it was not as obvious as CAe activity, another evidence for its role in enhancing CCMs activity. In parallel, the addition of UVA enhanced photosynthetic carbon fixation only at the lower CO2 level compared to PAR alone. In the absence of PAR, carbon fixation increased linearly with increased intensities of UVA or UVR regardless of the CO2 levels. These findings imply that during S. costatum blooming period when CO2 and PAR availability becomes lower, solar UVR (mainly UVA) helps to upregulate its CCMs and thus carbon fixation, enabling its success of frequent algal blooms.
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INTRODUCTION

Anthropogenically released chemicals such as chlorofluorocarbons (CFCs) and other chlorine-containing volatile gases have resulted in the decline of ozone in the stratosphere since the 1970s, leading to increasing UV radiation (UVR) on the ground (Stolarski, 1988; Staehelin et al., 2001; Manney et al., 2011). Due to the effective implementation of the Montreal Protocol, stratospheric ozone depletion has been stalled and a recovery in the Antarctic ozone hole seems to occur (Newman and Mckenzie, 2011; Solomon et al., 2016). However, in 2020, record-low ozone levels stretched across much of the central Arctic, covering an area about three times the size of Greenland (Witze, 2020). This vast ozone hole is probably the biggest on record in the Northern Hemisphere, which was caused by very chilly temperatures that induced the formation of high-altitude clouds and the ozone-destroying reactions. Therefore, variations of solar UVR reaching the earth surface remains uncertain. Solar radiation is essential for photosynthesis of primary producers on Earth, but its UV component (100–400 nm) could do harms to living organisms. UVR is commonly divided into three wavelength bands: UVA (315–400 nm), UVB (280–315 nm), and UVC (100–280 nm). Most UVA and partial UVB can reach the surface of Earth with UVC completely filtered out by ozone in the Earth’s atmosphere (mainly stratosphere). UVB only accounts for about 0.2% of total solar irradiance that reaches the ground at noon and UVA accounts for about 5% in the areas without ozone holes (Koronakis et al., 2002; Dias and von Sperling, 2017). It has been intensively reported that UVB can induce free oxygen radicals, impair the structure and function of DNA and proteins (Boelen et al., 2000; Gao et al., 2009), inhibit photosynthetic activity (Sobrino et al., 2008; Yin and Ulm, 2017), and thus reduce algal growth and primary productivity (Gao et al., 2009; Li et al., 2011; Domingues et al., 2017). On the other hand, UVA at low to moderate levels was found to stimulate carbon fixation of algae. For instance, UVA could stimulate photosynthetic carbon fixation of phytoplankton in coastal waters of South China Sea in summer by up to 25% (Li et al., 2011). The growth rate of brown alga Fucus gardneri embryos was also enhanced by UVA radiation (Henry and Van Alstyne, 2004). Previous studies about the effects of UVR usually employed different radiation treatments in the presence of PAR with or without UVR. Since there are potential interaction between UVR and PAR (Liu et al., 2014), it would be more essential to expose cells to UVR alone when investigating the effects of UVR. However, this kind of studies is very few. Gao et al. (2007) found that photosynthetic carbon fixation of phytoplankton assemblages in a coastal area (23°29'N, 117°06'E) of the South China Sea increased linearly with UVA or UVR alone. In addition, it was reported that UVA alone could be utilized by the red alga Gracilaria lemaneiformis to drive O2 evolution and carbon fixation (Xu and Gao, 2010; Xu et al., 2018). However, the potential mechanisms of UVR driving carbon fixation of algae remain unclear.

Carbon dioxide (CO2) is the essential substrate for algal photosynthesis. Although there are abundant dissolved inorganic carbon (DIC, ~2 mM) in seawater, the predominant form is HCO3− with CO2 accounting for less than 1% (~13 μM). The key enzyme in photosynthetic carbon fixation, ribulose-1,5-bisphosphate carboxylase/oxygenase (Rubisco), that catalyzes the conversion of CO2 into organic carbon, has a relatively low affinity for CO2 and is commonly less than half saturated in most marine microalgae under current CO2 levels (Hopkinson et al., 2011; Goudet et al., 2020), limiting marine algal carbon fixation. Accordingly, most algae evolved CO2 concentrating mechanisms (CCMs), including enhanced carbonic anhydrase (CAe) activity, active uptake of HCO3−, acidified compartment, etc. (Giordano et al., 2005; Beardall and Raven, 2020), to deal with the CO2 limitation. Due mainly to human activities, CO2 level in seawater is predicted to increase in future (Pörtner et al., 2019) and, therefore, a large number of studies have been conducted to investigate the impacts of increased CO2 levels on algal CCMs and photosynthesis (Gao et al., 2017; Hennon et al., 2017; Raven et al., 2017; Porzio et al., 2018; Huang et al., 2019). On the other hand, CO2 level in coastal waters is very dynamic and could be lower than the current average value at noon when photosynthesis is intensive (Duarte et al., 2013; Raven et al., 2020). For instance, the pH at noon could reach 8.9 in seawater of toosh Island (48.32°N, 124.74°W) located in the Eastern Pacific, leading to a low CO2 condition (Wootton et al., 2008). During algal blooms, seawater pH could be extremely high with CO2 availability being very low. It was reported that pH level in the surface waters of Mariager Fjord, Denmark, achieved 9.75 during an algal bloom (Hansen, 2002). Algal tolerance to high pH and low CO2 varies among species, which may be related to the capacity of their CCMs (Björk et al., 2004; Gao et al., 2018a).

In terms of the combined effects of UVR and CO2 on diatoms, most studies used elevated CO2 levels compared to ambient levels (Sobrino et al., 2008; Domingues et al., 2014; Gao et al., 2018c) and little is known regarding the interaction of reduced CO2 levels and UVR. Skeletonema costatum, as a ubiquitous diatom species, can be found from equatorial to polar areas. It has optional applications in lipid diet and biofuels (Berge et al., 1995; Gao et al., 2019a). Meanwhile, it is an opportunist that can grow very rapidly and lead to algal blooms in many coastal waters when the conditions are suitable (Shikata et al., 2008; Gao et al., 2019b; Zeng et al., 2019). It has reported that both UVA and UVB reduced photosynthetic carbon fixation of S. costatum grown under incident solar radiation (Gao et al., 2009). On the other hand, the extracellular CA activity and photosynthetic carbon fixation of S. costatum (Greville) Cleve could be stimulated by moderate levels of UVA or UVR when treated with visible radiation (Wu and Gao, 2009), implying a possibility that UVR may modulate CCMs in this diatom, which are closely related to activity of its extracellular CAe (Chen and Gao, 2003). It seems likely that S. costatum have developed a strategy to cope with UVR and reduced CO2 availability during its blooming. Here, we hypothesized that S. costatum may utilize UVR to stimulate its CCMs to deal with lower CO2 condition and maintain its photosynthesis when the light intensity is low. In this study, we cultured cells of S. costatum at two levels of CO2 and exposed them to different levels of UVR to test this hypothesis by monitoring the change of carbon fixation, effective photochemical efficiency, CAe activity, HCO3− utilization, etc.



MATERIALS AND METHODS


Culture Conditions and Experimental Design

The experimental algal species, S. costatum (Greville) Cleve (strain 2042), was obtained from the Institute of Oceanography, Chinese Academy of Sciences. Before the experiment, cells were grown in sterilized seawater enriched with f/2 medium with the pH of 8.20 in an intelligent incubator (GXZ-300C, Jiangnan, Ningbo, China). The temperature was set at 20°C and intensity of PAR was 200 μmol photons m−2 s−1 (12:12 light:dark cycle). Cells at the exponential growth phase were harvested by centrifugation at 5,000 g for 10 min and transferred to two conditions. One was ambient CO2 (12.8 μmol L−1) and lower pH (8.2), and the other was lowered CO2 (3.4 μmol L−1) and higher pH (8.7) that simulates the situation when algal blooms occur (Brussaard et al., 1996). Before cultured at these two conditions, the harvested cells were washed twice with fresh media with the target CO2 levels. Cells were cultured in cylindrical quartz tubes (55 mm in diameter and 160 mm in length) and exposed to five radiation treatments (PAR, PAR + UVA, PAR + UVA + UVB, UVA, and UVA + UVB) for 1 h. The treatments of UVA and UVA + UVB were set to verify whether UVR alone could affect physiological performance of cells. Different radiance treatments were achieved by following operation: (1) PAR (395–700 nm), quartz tubes covered with Ultraphan film 395 (UV Opak; Digefra); (2) PAR + UVA (320–700 nm), quartz tubes covered with Folex 320 (Montagefolie no. 10155099; Folex, Dreieich, Germany); (3) PAR + UVA + UVB (295–700 nm), Ultraphan film 295 (UV Opak; Digefra, Munich, Germany); (4) UVA, a Folex 320 cutoff foil (Montagefolie, Nr. 10,155,099; Folex, Dreieich, Germany) was placed on the top of the PAR cutoff filter, UG11 (Schott, Mainz, Germany) to screen off UVB + UVC irradiance; and (5) UVA + UVB, a Ultraphan 295 foil (UV Opak; Digefra, Munich, Germany) was placed on the top of the UG11 filter (only UVR penetrable) to screen off UVC irradiance. Five levels of light intensity were set for five radiation treatments (Table 1), reflecting daily average light intensities of cloudy and sunny days in spring at Xiamen, China. Different radiance intensities were achieved by covering the tubes with different layers of neutral filtering screens. A solar simulator (Sol 1,200; Dr. Hönle GmbH, Martinsried, Germany) equipped with a 1,000-W xenon arc lamp was used for the experiment. The irradiances of PAR, UVA, and UVB were measured with a broadband filter radiometer (ELDONET, Real Time Computer, Möhrendorf, Germany). A cell concentration of 2 × 105 cells ml−1 representative of the biomass density during algal blooms (Gao et al., 2019b) was inoculated and the changes of pH levels were within 0.01 units. Cultures were carried out in triplicate.



TABLE 1. Five radiation treatments and intensities (W m−2) were set in this study.
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Manipulation of Seawater Carbonate System

The two levels of pH (8.20 and 8.70) were obtained by adding NaHCO3 solution to sodium barbital buffered DIC-free seawater. DIC-free seawater was achieved by bubbling HCL acidified seawater (pH 2.0) with pure N2 for 1 h. The pHNBS was measured using a pH meter (Orion STAR A211, Thermo Scientific, United States) that was calibrated with standard National Bureau of Standards (NBS) buffers (pH = 4.01, 7.00, and 10.01 at 25.0°C; Thermo Fisher Scientific Inc., United States). The DIC was measured using a total organic carbon analyzer (TOC-5000A; Shimadzu, Kyoto, Japan). CO2 level in seawater was calculated via CO2SYS (Pierrot et al., 2006) based on measured pH and DIC and known levels of nutrients, using the equilibrium constants of K1 and K2 for carbonic acid dissociation (Roy et al., 1993) and the KSO4− dissociation constant from Dickson (1990).



Measurement of Carbon Fixation

Photosynthetic carbon fixation was measured using a 14C method (Gao et al., 2009). Briefly, cells grown under different treatments were transferred to cylindrical quarts tubes (15 ml, 17 mm in diameter and 69 mm in length) and injected with 50 μl-2.5 μCi (0.0925 MBq) NaH14CO3 solution (ICN Radiochemicals, United Kingdom). The incubation was conducted for 1 h under five radiation treatments (PAR, PAR + UVA, PAR + UVA + UVB, UVA, and UVA + UVB). Three quartz tubes were wrapped with aluminum foil as dark control. After the incubations, cells were filtered onto Whatman GF/F glass filters and then transferred into 20 ml scintillation vials. The filters were fumed with a high concentration of HCl (12 mol L−1) in a fuming cupboard for12 h to expel the non-fixed inorganic carbon and then dried in an oven for 6 h at 45°C (Gao et al., 2007). Three milliliter of scintillation cocktail (Wallac Optiphase HiSafe 3, United States) was added to the vials and incubated for 2 h at room temperature. The 14C incorporated via photosynthesis was counted with a liquid scintillation counter (LS 6500, Beckman Coulter, Fullerton, CA, United States), and the carbon fixation rate was calculated by the following equation: carbon fixation rate [mg C (mg Chl a)−1 h−1] = [(CPM(l)-CPM(d))/Ce] × If × DIC/A/T/CChl a, where CPM(l) and CPM(d) are the numbers of counts per minute in the “light” bottle and in the “dark” bottle, respectively, Ce is the counting efficiency of the counter, If is the isotope discrimination factor, DIC is the concentration of total dissolved inorganic carbon, A is the number of added μCi added multiplied 2.2 × 106, T is the incubation time, and C is the concentration of Chl a (Gao et al., 2007).



Measurement of PSII Activity

Activity of PSII, presented by the effective photochemical efficiency, was estimated by a portable pulse amplitude modulated fluorometer (PAMWATER-ED, Walz, Effeltrich, Germany). After exposed to different radiation treatments for 1 h, samples were transferred to the cuvette of the fluorimeter. The measuring light and saturating pulse were 0.01 and 4,000 μmol photons m−2 s−1 (0.8 s), respectively. The actinic light pulse was set to the corresponding intensity of PAR in the corresponding radiation treatments (zero for UV-alone treatments). The effective photochemical efficiency was determined as: F'v/F'm = (F'm − Ft)/F'm, where F'm is the instant maximal fluorescence and Ft is the steady-state fluorescence of light-adapted cells.



Estimate of Carbonic Anhydrase Activity

The activity of extracellular CAe of the intact cells was determined by an electrometric method based on Gao et al. (2009) with some modification. At the end of the exposure to different radiation treatments, the cells were immediately harvested by centrifugation (6,000 g, 4°C) for 10 min, washed and suspended in barbitone-buffered seawater (20 mM, pH 8.2). The cells were examined microscopically and no ruptured cells were found. One milliliter of cell suspension was added to 4 ml icy barbitone-buffered seawater and CO2-saturated icy distilled water (2 ml) was gently injected into the bottom of cell suspension (2 × 106 cells/ml). The time required for the pH to decrease from pH 8.2 to 7.2 was recorded. During the reaction, cell suspension was stirred and the temperature was controlled at 4°C. Activity of the enzyme was calculated as follows: EU = 10 × (T0/T − 1), where T0 and T represent the time required for the pH change in the absence or presence of the cells, respectively.



Test for pH Drift Under Different Radiation Treatments

To obtain the pH compensation point of S. costatum under different light conditions, cells grown at 200 μmol photons m−2 s−1 PAR were transferred to sealed quartz tubes (25 mm in diameter and 90 in length) and exposed to five radiation treatments at two levels of light intensity (Levels 3 and 5 in Table 1). The cell concentration for all treatments was 1.10 × 106 cells/ml and the temperature was kept at 20°C. The change of medium pH was monitored with a pH meter (Orion STAR A211, Thermo Scientific, United States) and the pH compensation point was obtained when there was no further increase in pH.



Statistical Analysis

Results were presented as means of replicates ± SD and data were analyzed with the software SPSS v.23. The data from each treatment conformed to a normal distribution (Shapiro-Wilk, p > 0.05) and the variances could be considered equal (Levene’s test, p > 0.05). Three-way ANOVA was conducted to assess the effects of CO2, radiation spectrum and intensity on carbon fixation, effective photochemical efficiency, extracellular CAe activity, and pH compensation point. Least significant difference (LSD) was conducted for post hoc investigation. Repeated-measures ANOVA was conducted to assess the effect of incubation time on media pH in a closed system, with Bonferroni for post hoc investigation. The threshold value for determining statistical significance was p < 0.05.




RESULTS

Each factor (CO2, radiation spectrum, and intensity) affected CAe activity of S. costatum cells cultured in the presence of PAR and each two had an interactive effect (Supplementary Table S1). At ambient CO2 level (Figure 1A), CAe activity increased with radiation level until 51.84 W m−2 (238 μmol photons m2 s−1) PAR. There were no significant differences among radiation treatments. At lower CO2 level (Figure 1B), CAe activity increased first and then decreased with radiation level. Compared to PAR, PA stimulated CAe activity by 23 and 27% when PAR was 15.55 and 30.24 W m−2, respectively; PAB reduced it at all radiation levels. The lower CO2 level induced higher CAe activity at each treatment except for the highest PAB intensity.
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FIGURE 1. Activity of extracellular carbonic anhydrase (CAe) of Skeletonema costatum cultured at ambient (A) and lower CO2 (B) levels when exposed to different radiation treatments. PAR, photosynthetically active radiation; PA, PAR + UVA, PAB, PAR + UVA + UVB. The error bars indicate the SDs (n = 3).


Similar to CAe activity in the presence of PAR, each factor (CO2, radiation spectrum, and intensity) affected CAe activity of S. costatum cells cultured in the absence of PAR, each two had an interactive effect except for radiation spectrum and intensity, and these three also interacted (Supplementary Table S1). When cells were transferred from the growth condition to UVA exposure (Figure 2A), cells grown under lowered CO2 condition had a big leap in CAe activity and the CAe activity increased with UVA intensity until 12.96 W m−2. On the other hand, CAe activity of cells grown under ambient CO2 condition did not change when transferred from growth condition to UVA intensities below 12.96 W m−2 and afterward it increased to 0.23 ± 0.02 EU at 12.96 W m−2 and did not vary until the highest intensity of 43.20 W m−2. When cells were exposed to UVR (Figure 2B), CAe activity in cells grown at lowered CO2 also increased with UVR intensity until 13.53 W m−2. For cells grown at ambient CO2, CAe activity did not change with light intensity but the highest intensity reduced it compared to the lowest intensity. For both UVA and UVR exposure, cells grown at lowered CO2 had much higher CAe activity than those at ambient CO2.

[image: Figure 2]

FIGURE 2. Activity of CAe of S. costatum grown at ambient and lowered CO2 levels when exposed to UVA (A) or UV radiation (UVR; UVA + UVB; B). The blue points represent the CA activity of cells cultured at pH 8.20 before exposed to UVR. The error bars indicate the SDs (n = 3).


To test whether S. costatum can utilize HCO3− even when exposed to UVR alone, pH drift experiment was conducted (Figure 3). Incubation time interacted with light intensity and spectrum to affect the pH in the diatom culture (Supplementary Table S2). At the low light intensity (Figure 3A), media pH under different light treatments increased with time. After 9 h exposure, the media pH under PAB, PA, and P exceeded 9.20, being 9.22 ± 0.05, 9.26 ± 0.01, and 9.20 ± 0.03, respectively. After 13 h exposure, media pH under PAB, PA, and P reached 9.30 ± 0.04, 9.33 ± 0.05, and 9.27 ± 0.04, respectively. No significant differences among PAB, PA, and P were found for each time point. During 13 h exposure, the media pH at UVA or UVA + UVB did not reach 9.20 and was largely lower than that with PAR. The media pH at UVA + UVB was lower than that at UVA at 11 and 13 h exposure but did not have differences at other time points.
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FIGURE 3. Changes of pH in a closed system driven by photosynthesis of S. costatum exposed to different light treatments. The initial pH was 8.20. The low (A) and high (B) density levels are 51.84 and 172.80 W m−2 for PAR, 12.96 and 43.20 W m−2 for UVA, and 13.53 and 45.09 W m−2 for UVR (UVA + UVB), respectively. The error bars indicate the SDs (n = 3). The dash line represents the pH compensation point above which indicates active HCO3− uptake.


At high light intensity (Figure 3B), media pH under different light treatments also increased with time. After 9 h exposure, only the media pH under PAR exceeded 9.20, being 9.22 ± 0.05, After 13 h exposure, the media pH under PAR and PA exceeded 9.20, being 9.31 ± 0.05 and 9.31 ± 0.03, respectively, while the media pH under PAB was still below 9.20, being 9.15 ± 0.02. The media pH under PAB was significantly lower than PAR since 5 h exposure. The media pH at UVR or UVA did not reach 9.20, being 8.40 ± 0.01 and 8.74 ± 0.09, respectively, after 13 h exposure. The media pH at UVR had been lower than that at UVA since 5 h exposure.

Although media pH at UVA or UVA + UVB did not reach 9.20 during 13 h exposure, they maintained a rising trend, indicating that the media pH may increase further if culture period is extended. Therefore, another pH drift experiment was conducted after setting the initial media pH 9.00 to verify whether S. costatum exposed to UVR only has the capacity of active uptake of HCO3− (Figure 4). Exposure time interacted with light intensity and spectrum to affect media pH over 11.4 h of incubation (Supplementary Table S2). Media pH exposed to HL-UVA increased with exposure time and reached 9.21 ± 0.03 and 9.23 ± 0.04, respectively, after 8.4 and 10.4 h culture. Media pH exposed to LL-UVA also rose with exposure time and reached 9.23 ± 0.04 after 10.4 h culture. On the other hand, media pH exposed to UVR did not show significant increase during 11.4 h of incubation.
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FIGURE 4. Changes of pH in a closed system driven by photosynthesis of S. costatum when exposed to different UVR treatments. The initial pH was 9.00. The low (LL) and high (HL) light densities are 12.96 and 43.20 W m−2 for UVA, and 13.53 and 45.09 W m−2 for UVR (UVA + UVB), respectively. The error bars indicate the SDs (n = 3). The dash line represents the pH compensation point above which indicates active HCO3− uptake.


Carbon dioxide did not affect carbon fixation but both radiation spectrum and intensity affected it; each two factors had an interactive effect (Supplementary Table S3). At ambient CO2 (Figure 5A), presence of UVA (PAR + UVA) or UVR (PAR + UVA + UVB) did not affect carbon fixation at lower radiation levels (PAR ≤ 93.31 W m−2, 429 μmol photons m2 s−1) compared to PAR alone, though addition of UVA showed slightly higher values than that with UVR at PAR of 30.24 W m−2 (139 μmol photons m2 s−1). At higher radiation level [PAR = 172.80 W m−2 (795 μmol photons m2 s−1), UVA = 43.2 W m−2, and UVB = 1.89 W m−2], presence of UVA or UVR reduced carbon fixation by 20.35 and 28.66%, respectively. At lowered CO2 level (Figure 5B), the carbon fixation rate was higher with UVA compared to that under PAR alone at lower PAR levels (15.55 and 30.24 W m−2, corresponding to 72 and 139 μmol photons m2 s−1). However, UVA did not bring about such enhancement under higher PAR levels (PAR ≥ 51.84 W m−2, 238 μmol photons m2 s−1). Presence of UVR did not affect carbon fixation at lower radiation levels (PAR ≤ 93.31 W m−2, 429 μmol photons m2 s−1) but significantly reduced it at the highest radiation level (PAR = 172.80 W m−2, 795 μmol photons m2 s−1) by 46.18%.
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FIGURE 5. Photosynthetic carbon fixation rates of S. costatum grown at ambient (A) and lowered CO2 (B) levels when exposed to different radiation treatments. PAR, photosynthetically active radiation; PA, PAR + UVA, PAB, PAR + UVA + UVB. The error bars indicate the SDs (n = 3).


Changed CO2 levels did not affect UVR-driving carbon fixation; UVR spectrum and intensity affected it and they had an interactive effect (Supplementary Table S3). At ambient CO2 level (Figure 6A), carbon fixation of the cells grown under UVA or UVR alone increased linearly with radiation level (R2 = 0.957, p = 0.002 for UVA; R2 = 0.901, p = 0.009 for UVR), with the rate being higher under UVA than UVR at each radiation level, reflecting an inhibitory impacts of UVB. The gap between UVA and UVR became larger with increasing radiation levels. At the lowered CO2 level (Figure 6B), carbon fixation of cells grown under both UVA and UVR increased as well with increasing radiation levels (R2 = 0.985, p < 0.001 for UVA; R2 = 0.995, p < 0.001 for UVA + UVB), but the difference between UVA and UVR was not significantly different at any radiation level. For UVA, there was no significant difference between two CO2 levels at any radiation level. For UVR, ambient CO2 reduced carbon fixation although the decrease at 13.527 or 24.35 W m−2 was not statistically significant.
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FIGURE 6. Carbon fixation rates of S. costatum grown at ambient (A) and lowered CO2 (B) levels when exposed to UVA or UVR (UVA + UVB). The error bars indicate the SDs (n = 3).


Each factor (CO2, radiation spectrum, and intensity) affected PAR-driving F'v/F'm, each two had an interactive effect and these three also interacted (Supplementary Table S4). At ambient CO2 level (Figure 7A), F'v/F'm decreased with radiation level. When PAR level was above 30.24 W m−2 (139 μmol m2 s−1), PA reduced F'v/F'm and PAB led to a larger decrease compared to PAR. At lowered CO2 level (Figure 7B), F'v/F'm also decreased with radiation level, but there were no differences among three radiation treatments (PAR, PA, and PAB). For each radiation treatment, cells had higher F'v/F'm at lower CO2 compared to ambient CO2 except for the highest PAB level.
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FIGURE 7. Effective photochemical efficiency (F'v/F'm) of S. costatum cultured at ambient (A) and lower CO2 (B) levels exposed to different radiation treatments. PAR, photosynthetically active radiation; PA, PAR + UVA, PAB, PAR + UVA + UVB. The error bars indicate the SDs (n = 3).


Similar to PAR-driving F'v/F'm, each factor (CO2, radiation spectrum, and intensity) affected UVR-driving F'v/F'm, each two had an interactive effect and these three also interacted (Supplementary Table S4). When cells were exposed to UVA (Figure 8A), F'v/F'm did not change until UVA passed 12.96 W m−2 for both ambient and lowered CO2 conditions. Compared to the lowest intensity, the highest UVA intensity resulted in a decrease of 6.75% at lowered CO2 level while it was 20.97% for ambient CO2 level. When cells were exposed to UVR (Figure 8B), F'v/F'm did not change until UVR passed 13.53 W m−2 for lower CO2 level but it began to decrease when the light intensity was above 7.89 W m−2 for ambient CO2 level. Compared to the lowest light intensity, the highest UVR intensity resulted in a decrease of 6.31% at lower CO2 level while it was 30.49% for ambient CO2 level. F'v/F'm at lower CO2 was higher than that at ambient CO2 for each light intensity. For both ambient and lower CO2, cells had lower F'v/F'm under UVR compared to those under UVA at each radiation level.
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FIGURE 8. Effective photochemical efficiency (F'v/F'm) of S. costatum cultured at ambient and lowered CO2 when exposed to UVA (A) or UVR (UVA + UVB; B). The error bars indicate the SDs (n = 3).




DISCUSSION

In the present work, we found that the diatom S. costatum up-regulated its CCMs due to synergistic effects of solar UVR and reduced CO2 availability, and showed that even UVR alone (without the presence of PAR) could stimulate the activity of CAe, induce active HCO3− uptake and thus promote photosynthetic carbon fixation. These results showed the first evidence that UVR alone can stimulate CCMs-mediated carbon acquisition.


UVR Enhancing CCMs Activity at Reduced CO2 Level

Carbonic anhydrase, which catalyzes the interconversion between CO2 and water and the dissociated ions of carbonic acid, is deemed as an important component of algal CCMs (Giordano et al., 2005; Beardall and Raven, 2020). Therefore, changes in CA activity have been considered as a signal of regulation of CCMs. Lowered CO2 availability usually induces CA activity to different extents under different levels of nutrients (Gao et al., 2018a,b). While it is known that decreased CO2 concentration and increased levels of light can trigger higher CA activity in S. costatum (Chen and Gao, 2003; Giordano et al., 2005), only limited knowledge has been documented on effects of UVR on it (Wu and Gao, 2009). In this work, the addition of UVA to PAR enhanced CAe activity, while UVB appeared to be inhibitive when combined with UVA. On the other hand, the CAe activity of cells grown at higher CO2 was not induced by UVA or UVR (Figure 1). This might be caused the downregulation of CCMs by the higher CO2 level, consequently dampening the UV-mediated effects on CCMs activity. Furthermore, we provided the first evidence that UVR alone drove CAe activity (Figure 2). This may be related to the change of the redox activity in the plasma membrane induced by UVA (Wu and Gao, 2009) and additionally the energy of UVA may also be utilized for the synthesis of CA through photosynthetic electron transport.

Active uptake of HCO3− is another pathway of algal CCMs (Giordano et al., 2005). A pH compensation point over 9.2 has been deemed as a sign of active HCO3− uptake for algae because there is hardly any CO2 available in water with a pH above 9.2 (Axelsson and Uusitalo, 1988; Gao et al., 2018a). In the present study, the addition of UVA to PAR promoted active uptake and utilization of HCO3−, so that pH increased to higher extent (Figure 3A). On the other hand, active uptake of HCO3− did not occur when PAR + UVR increased to a higher level. Sobrino et al. (2005) speculated that UVR may damage one or more of the processes involved with HCO3− transport in Nannochloropsis gaditana. Our pH drift tests showed that damage of UVR on algal HCO3− transport was due to UVB rather than UVA, since the cells exposed to PAR + UVA maintained a high pH compensation point over 9.2 while addition of UVB led to lower value (Figure 3B), reducing the pH compensation point to the value below 9.2. In addition, UVA alone drove HCO3− transport and utilization in S. costatum while UVR did not make it (Figure 4), indicating the damaging effect of UVB again. To the best of our knowledge, this is the first report on the UVR-driving active uptake of HCO3− in algae. As shown in this study, UVR can drive electron transport in PSII and the generated ATP may be utilized for active uptake of HCO3−. This can help to explain why UVA alone can drive photosynthetic carbon fixation at low CO2 levels.



UVR Driving Carbon Fixation Under Changing CO2 Levels

In this study, exposures to moderate levels of UVA or UVR in the presence of PAR did not affect carbon fixation of S. costatum, and high levels of UVR (UVA of 43.2 W m−2 or UVR of 45.1 W m−2) significantly reduced its carbon fixation under ambient CO2 level (Figure 5A). On the other hand, when CO2 level decreased to 2.8 μmol L−1, the addition of UVA to PAR increased carbon fixation of S. costatum grown at lower irradiance levels and did not reduce it even at the highest irradiance level (Figure 5B). The stimulating effect of UVA on carbon fixation was also found in phytoplankton assemblages in coastal waters of the South China Sea (Gao et al., 2007; Li et al., 2011). Such stimulation is most likely due to compounded effects of the UV-mediated CCMs activity and photosynthetic capture of UVA as a supply of energy. Since the CCMs activity was only induced with reduced availability of CO2 in S. costatum (Chen and Gao, 2003), our data indicate that UVR, especially, UVA only functions positively during the period when CCMs regulation is modulated, and there is a threshold beyond which UVR turns to damage CCMs-related proteins and inhibit carbon fixation.

UVA or UVR alone drove carbon fixation of S. costatum with lesser extent in the presence of UVB, indicating its inhibitory effect (Figure 6), which is the first time evidenced in this diatom. While diatom-dominated phytoplankton assemblages in the coastal waters were shown to be capable of photosynthesizing, and presence of UVB exhibited inhibitory effects (Gao et al., 2007), our results support this by providing species-level evidence. In the present work, presence of UVB reduced carbon fixation at ambient CO2 level but did not significantly affect it at lower CO2 level, suggesting that low to moderate levels of UVB may be utilized under lower CO2 level. Such a utilization of UVB has also been reported in a freshwater cyanobacterium Nostoc sphaeroides, in which photosynthesis and biomass production were even enhanced by low-dose UVB via enhancing the primary quinone-type acceptor (QA) re-oxidation, plastoquinone (PQ) pool re-oxidation, photosystem I (PSI) content, and cyclic electron transfer around PSI (Chen et al., 2020). Subsequently, both UVA and UVB may play roles in signaling for additional processes in addition to photosynthetic carbon fixation and CCMs.



UVR Driving Light Reaction Under Changing CO2 Levels

The addition of UVA or UVR to PAR significantly reduced the effective photochemical efficiency (F'v/F'm) of S. costatum grown at ambient CO2 (Figure 7A). Similar results were also found in the diatoms Cylindrotheca closterium f. minutissima (Wu et al., 2012) and Thalassiosira weissflogii (Gao et al., 2018c). It has been documented that UVR could inhibit PSII activity by impairing photosynthetic apparatus, such as PSII subunits PsbA (D1), and PsbD (D2) proteins (Six et al., 2007; Gao et al., 2018c). In contrast, the addition of UVA or UVR to PAR did not affect F'v/F'm under lowered CO2 condition even at the highest irradiance levels (Figure 7B). The energy of UV should be consumed during low CO2-induced upregulation of CCMs and hence the PSII was protected. Compared to lower CO2 (13.3 μmol L−1), higher CO2 (33.7 μmol L−1) exacerbated the stress of UVR on photosystem II function in the diatom T. weissflogii through reducing PsbD removal rate and the ratio of RbcL to PsbA during UVR exposure (Gao et al., 2018c). In the present study, compared to the cells grown at 2.8 μmol L−1 CO2, those grown at 10 μmol L−1 CO2 were more vulnerable to UVR in terms of photochemical performance, combined with the study by Gao et al. (2018c) study, indicating that the sensitivity of diatom to UVR may increase with the increase of CO2 level; therefore, inducing higher NPQ was in induced as reported in another work (Li et al., 2012). Under reduced CO2 availability, light energy could be transported and converted quickly and thus UVR did not reduce activity of PSII, which could be due to the upregulation of CCMs (Gao et al., 2012). Under lower CO2 conditions, intracellular CO2 is not enough to saturate carbon fixation. CCMs are usually activated or upregulated to increase intracellular DIC pools but the operation of CCMs is energy-consuming (Mishra et al., 2018). Since UVR can be used to stimulate CCMs in S. constatum, it could be quickly drained to fuel the energy demand associated with CCMs, avoiding the harm to PSII. Furthermore, UVA or UVR alone could drive electron transport in PSII (Figure 8). This indicates that the carbon fixation driven by UVA or UVR was through the electron transport and operation of PSII that supplies ATP and NADPH, following the same pathway as PAR.




CONCLUSION

The findings in the present study verifies the hypothesis proposed in the introduction that S. costatum could utilize UVR particularly UVA to drive carbon fixation at the lower CO2 condition by stimulating CCMs. The only deviated result is that presence of UVB, when combined with UVA, did not stimulate the activity of CCMs, carbon fixation, or photochemical quantum yield. Therefore, it is shorter wavebands of UVB that may have played an inhibitory role. The photons of UVA can be absorbed and transported through PSII and transformed into chemical energy ATP, which can be used to upregulate CCMs via enhancing CA activity and HCO3− utilization. Such UV-utilizing capability is particularly important for S. costatum to maintain survival and growth when PAR is low. With increased biomass density during the diatom blooms, both CO2, light, and UV levels are usually reduced due to self-shading. Therefore, harmful impacts of high levels of UVR can hardly be expected; instead, the low levels of UVR can promote CCMs and thus carbon fixation, so that successful and frequent occurrence of diatom blooms becomes possible. More studies in future should be conducted to investigate whether other diatoms or algae could also utilize UVR to upregulate CCMs when CO2 and PAR are in low levels.
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Understanding the environmental conditions that trigger Pseudo-nitzschia bloom formation and domoic acid (DA) production is critical as the frequency and severity of these toxic blooms increases in the face of anthropogenic change. However, predicting the formation of these harmful blooms in a future ocean remains a challenge. Previous studies have examined the effects of single environmental drivers on Pseudo-nitzschia spp. growth and toxin production, but few have considered the interactions between them. In this multiple driver study with Pseudo-nitzschia multiseries, we used a full factorial matrix experimental design to examine the simultaneous effects of temperature (20 and 25°C), nitrogen source (nitrate and urea), and irradiance (photosynthetically active radiation with and without ultraviolet B radiation; UVB). This strain of P. multiseries was unable to withstand prolonged exposures (>0.5 h) to 0.06 mw⋅cm–2 UVB light, with implications for near-surface bloom formation if future shallower mixed layers increase UVB exposure. Growth rates were inhibited by UVB, but photosynthesis and carbon fixation continued at a reduced capacity. Additionally, DA synthesis continued despite UVB-induced growth inhibition. Warming by 5°C enhanced cellular DA quotas three-fold. Within these warmer treatments, urea-grown cultures exposed to UVB had the highest amount of DA per cell, suggesting that interactive effects between UVB exposure, warming, and urea can synergistically enhance toxin production. However, overall production of toxic biomass was low, as growth-integrated DA production rates were near zero. This indicates that although Pseudo-nitzschia multiseries cell-specific toxicity could worsen in an anthropogenically-altered future ocean, bloom formation may be inhibited by increased exposure to UVB. This multi-variable experimental approach revealed previously unknown interactions that could not have been predicted based on combined effects of single-variable experiments. Although P. multiseries DA production may be enhanced in a future ocean, inherent sensitivity to prolonged UVB exposure may moderate trophic transfer of toxin to coastal food webs.

Keywords: multiple drivers, Pseudo-nitzschia multiseries, domoic acid, climate change, harmful algal blooms, ultraviolet radiation


INTRODUCTION

Harmful algal blooms (HABs) threaten human health and are responsible for millions of dollars lost to fisheries and tourism every year (Anderson et al., 2000). In coastal areas around the globe, annual blooms of the diatom Pseudo-nitzschia spp. pose a serious threat to human and ecosystem health. Members of this genus produce domoic acid (DA), an amino acid-like molecule that is a potent neurotoxin that affects humans, marine mammals, and sea birds (Figure 1; Lelong et al., 2012; Trainer et al., 2012; McCabe et al., 2016). DA bioaccumulates in the food web, most notably in commercially harvested species such as shellfish, crustaceans, and finfish (Hallegraeff, 1993), which can lead to strandings and mass mortality of cetaceans, otters, and pinnipeds (McCabe et al., 2016). Human consumption of DA-contaminated seafood causes amnesic shellfish poisoning, a neurological disorder that in severe cases can cause death (Perl et al., 1990). Thus, commercial fisheries must close during toxic bloom events, leading to massive economic losses (Ritzman et al., 2018). The increasing frequency and severity of Pseudo-nitzschia spp. blooms may be linked to climate and anthropogenic change (Fu et al., 2012; Smith et al., 2018; Gobler, 2020; Trainer et al., 2020), but the direct causes of bloom formation and toxin production remain poorly understood.
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FIGURE 1. Experimental design and domoic acid molecule. Factorial matrix experimental design used to examine the effects of irradiance (PAR-only vs. +UVB), temperature (20 and 25°C), and nitrogen source (nitrate and urea) on the growth and toxin production of Pseudo-nitzschia multiseries. Also shown is the molecular structure of the nitrogen-rich domoic acid molecule (National Center for Biotechnology Information, 2021). The DA molecule image in this figure was obtained from PubChem.


Climate change and other anthropogenic influences are increasingly altering many aspects of coastal environments, and consequentially, the provenance and occurrence of HABs. Laboratory experiments have demonstrated relationships between DA production and individual environmental drivers. For instance, because warming is an unequivocal consequence of climate change, temperature effects on Pseudo-nitzschia spp. growth and toxicity have been well studied (Lelong et al., 2012; Trainer et al., 2012; Bates et al., 2018). A consistent trend among various Pseudo-nitzschia species is an enhancement of toxin production as temperatures warm above optimal growth temperatures (Bates et al., 1998; Zhu et al., 2017).

However, water temperature is not the only way in which the coastal ocean will be altered in the future. Warming itself modifies other key environmental variables, and in fact induces a cascade of numerous changes. Warming-enhanced stratification of the water column may cause the mixed layer to shoal, and decrease the delivery of nutrients like nitrate to phytoplankton in the surface ocean (Hutchins and Fu, 2017). At the same time, anthropogenic nitrogen sources, such as urea from agricultural runoff and wastewater effluent, are expected to become increasingly important to coastal phytoplankton. It has been suggested that the magnitude of these anthropogenic inputs could rival the natural inputs of nitrate via upwelling or mixing in some places. Additionally, because natural and anthropogenic nitrogen inputs are often separated temporally (i.e., inputs from upwelling and rainwater runoff are seasonal while wastewater effluent is more or less constant), situations may arise whereby urea is the dominant nitrogen source available to phytoplankton (Kudela et al., 2008; Auro and Cochlan, 2013; Howard et al., 2014).

Because nitrogen is required for both growth and DA biosynthesis, the effects of excess nitrogen loading (eutrophication) and chemical speciation on Pseudo-nitzschia spp. have been well documented (Glibert et al., 2005). In fact, both natural and anthropogenic inputs of nitrogen can enhance Pseudo-nitzschia spp. growth and toxicity (Heisler et al., 2008), and blooms have been associated with both upwelling and eutrophication (Lange et al., 1994; Schnetzer et al., 2013). In 2014–2015, a massive, highly toxic Pseudo-nitzschia spp. bloom occurred along the West Coast of the United States that was thought to be the result of high nutrient influxes from upwelling combined with warming (McCabe et al., 2016; McKibben et al., 2017). An accident washing >2,750 tons of urea-dominant fertilizer into Danish waters induced a highly toxic multi-species Pseudo-nitzschia bloom in 2016 (Olesen et al., 2020). Furthermore, Pseudo-nitzschia abundances have been positively correlated with high rainfall, as this runoff can deliver large amounts agricultural nitrogen to the ocean (Rees et al., 2009; Downes-Tettmar et al., 2013). However, both inter- and intra-specific differences in nitrogen preference constrain predictions of how changing nitrogen sources may influence Pseudo-nitzschia bloom dynamics. Examining growth and DA production in the context of nitrogen speciation in a strain-dependent manner thus becomes increasingly important with ongoing anthropogenic change.

Another indirect consequence of warming is that phytoplankton cells will be exposed to more intense light regimes in a shallower mixed layer, including both photosynthetically active radiation (PAR; 400–700 nm) and shallow-penetrating ultraviolet B radiation (UVB; 280–315 nm; Beardall et al., 2009). UVB radiation can cause oxidative stress and damage to nucleic acids in diatoms (Mengelt and Prézelin, 2005). Field studies have demonstrated that UV radiation can significantly impact phytoplankton mortality, leading some to suggest that UVB partially inhibits net community production in some areas of the ocean (Llabrés and Agustí, 2006; Agustí and Llabrés, 2007; Llabrés et al., 2010; Godoy et al., 2012). Studies have demonstrated mixed responses of Pseudo-nitzschia spp. to ultraviolet radiation (UVR; 280-400 nm) exposure. One experiment found that UVB caused a loss of fixed carbon in a Pseudo-nitzschia-dominated natural community (Mengelt and Prézelin, 2005); however, DA production was not measured. Another study found that UVR exposure enhanced toxin production in stationary phase batch cultures of P. pungens var. multiseries; growth under these conditions declined for P. fraudulenta and P. pungens var. pungens, yet had no effect on P. pungens var. multiseries, suggesting species-specific responses (Hargraves et al., 1993). Clearly, much remains unresolved regarding how more intense UVR exposures will affect Pseudo-nitzschia spp. growth and toxicity in future oceans.

Despite the multitude of studies identifying particular environmental variables that affect Pseudo-nitzschia growth and toxin production in the lab, the oceanic conditions that fuel blooms in the natural environment remain poorly understood. The majority of these experiments have focused on studying responses to a single factor, yet these conditions do not accurately reflect the natural coastal environment where multiple drivers interactively impact bloom dynamics. Indeed, the few studies that have examined multiple factors have often shown interactive effects between variables (Pan et al., 1998; Sun et al., 2011; Tatters et al., 2012, 2018).

The objective of the present study was to elucidate the potential interactive effects of multiple environmental change drivers on the physiology and toxicity of Pseudo-nitzschia multiseries. We used a full factorial matrix experimental design to examine the combined effects of three environmentally relevant anthropogenic and climate change variables, including temperature (20 vs. 25°C), nitrogen source (nitrate vs. urea), and light (PAR-only vs. UVB-exposed). We hypothesized that experiments examining the complex interactions between these key drivers would better reflect the dynamics occurring in natural coastal ecosystems. Our results suggest that while warming is the main individual driver of increased DA production, there are interactive effects between UVB, warming, and nitrogen source that exacerbate toxicity to a greater extent than could have been predicted by examining each variable in isolation.



MATERIALS AND METHODS


Culture Conditions

Pseudo-nitzschia multiseries was isolated from Sungo Bay, Yellow Sea, China (37° 02′ N, 122° 33′ E). The ambient sea surface temperature was 19.8°C at the time of isolation. In the laboratory, cells were maintained semi-continuously on modified F/2 medium at 20°C on a 12-h light:12-h dark cycle under 130 μmol m–2 s–1 cool white fluorescent light. Modified F/2 medium (100 μM total nitrogen, 100 μM silicate, 6 μM phosphate; Guillard and Ryther, 1962; Guillard, 1975) was made using natural seawater filtered through an ultrafiltration water purifier (MUF1580-2T, Midea, China), autoclaved, and bubbled with air filtered through a 0.22 μm PVD syringe filter (Membrane Solutions, Nantong) to equilibrate with ambient atmospheric gas concentrations. Quartz culture bottles were used to allow UVB wavelengths to pass through (Zhu et al., 2020).



UVB Intensity and Dose Experiments

Preliminary experiments using in vivo fluorescence (measured with a Trilogy Laboratory Fluorometer, Turner Designs, United States) to calculate growth rates demonstrated that P. multiseries was unable to survive relatively high UVB intensities of 0.18 mw⋅cm–2 for 4 h each day over a 2-day period (Supplementary Table 2). This led us to lower the UVB intensity and analyze the dose duration-dependent responses of P. multiseries photosystem (PS) health.

To determine the duration of ultraviolet B radiation (UVB; 280–315 nm) exposure to use in our full factorial matrix experiments, effective quantum yield of PSII (Fv/Fm) was measured as a proxy for photosynthetic efficiency for P. multiseries exposed to UVB (+UVB; Philips FS20T12-UVB Broadband bulb), concurrent with PAR irradiance (>400 nm; irradiance conditions described in section “Culture Conditions”), for varying durations on a daily basis. Cultures maintained semi-continuously in the exponential growth phase were incubated at 20°C in modified F/2 medium with nitrate (see section “Culture Conditions”) under 130 μmol m–2 s–1 cool white fluorescent light and allowed to acclimate for 2 weeks (∼10 generations) until steady state growth was achieved. New medium was then inoculated at a concentration of ∼20,000 cells per liter, and triplicate quartz bottles were incubated under four different durations of 0.06 mw⋅cm–2 +UVB: 0, 0.5, 1, and 2 h each day, over a 2-day period. This regimen was chosen to simulate transitory mixing of cells to near-surface, high-UVB waters in the natural environment (Denman and Gargett, 1983; Helbling et al., 2003; Tedetti and Sempéré, 2006; Llabrés et al., 2013). Fv/Fm was measured just after inoculation (T0), before and after each UVB exposure (T3, T24, and T27), and at the time of final sampling (T48). P. multiseries was only able to tolerate short term exposures (<0.5 h) to low intensity UVB (0.06 mw⋅cm–2). We found that longer exposure periods caused Fv/Fm to decline to zero by T48, indicating complete inhibition of P. multiseries PSII activity (see section “Determining Sensitivity of Photosynthesis to UVB With Dosage Experiments”). Thus, this dosage was chosen for our full factorial matrix experiments.



Multiple Driver Experimental Design

A three-by-two full factorial matrix experimental design was used to examine all three-way combinations of temperature, nitrogen source, and irradiance, each at two treatment levels (Figure 1). The treatments for each variable were selected based on conditions reflecting contemporary oceans, and those predicted for future oceans altered by climate and anthropogenic change (Duarte, 2014; Hutchins and Fu, 2017). Nitrate treatments used concentrations of 100 μM, whereas concentrations of urea were 50 μM. Total nitrogen concentrations were thus equivalent (100 μM) across nitrogen treatments, as the urea molecule contains two nitrogen atoms.

Cultures were not acclimated to UVB in order to simulate a short-term mixing event, whereby cells residing deeper in the euphotic zone are advected closer to the surface ocean and suddenly exposed to shallow penetrating UVB light (Helbling et al., 2003). Therefore, physiological responses to UVB can be considered consequences of short-term stress rather than acclimated responses.

Cultures were acclimated and grown in their respective temperature-nitrogen source combinations using semi-continuous culturing methods, which allowed the cells to remain in the exponential growth phase. By reducing culture cell density every other day to a concentration in the early exponential growth phase, cells were allowed to grow at rates determined by acclimation to temperature and nitrogen, rather than having a growth rate imposed on them (as in continuous cultures) or growing into nutrient-starved stationary phase (as in batch cultures). Therefore, in our P. multiseries experiments near steady-state exponential growth rates, physiology, and toxicity were measured as they were influenced by temperature and nitrogen source.

Once cultures had achieved acclimated steady-state growth under experimental conditions, fresh medium was inoculated with ∼20,000 cells per liter. All treatments were incubated in 500 mL quartz experimental tubes under their respective conditions continuously for 48-h. Under PAR irradiance, +UVB treatments were exposed to 0.06 mw⋅cm–2 UVB from the UVB bulb for 0.5 h per day at midday (11:45-12:15), twice over the 2-day experimental period. This exposure regimen represents transitory vertical mixing. Incident UVB radiation was measured with a digital ultraviolet radiometer (Solarmeter). PAR-only treatments were grown under the same conditions, but on a different shelf in the same incubator. These PAR-only quartz tubes were wrapped in a UVB-absorbing Ultraphan film 395 (UV Opak, Digefra), which only allows the penetration of PAR wavelengths (400–700 nm; Cai et al., 2017; Zhu et al., 2020).



Analytical Methods


Cell Counts and Growth Rates

Cell count samples were obtained at the beginning of the experiment just after medium inoculation (T0), and again during final sampling (T48). Samples were preserved in a 10% Lugol’s solution, stored at room temperature until counted on a Nikon Eclipse Ts2-FL light microscope (NIKON, Tokyo, Japan) using a Sedgewick Rafter Chamber. Specific growth rates were determined using cell counts (only counting frustules that contained chloroplasts) and the following equation:
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where μ is the specific growth rate (per day) and N is the number of cells at T0 and T48.



Elemental Analysis

To measure particulate organic carbon and nitrogen, 20-100 mL of culture was filtered on glass microfiber (GF/F) filters (pre-combusted at 500°C for 2 h), then dried for at least 48 h at 60°C in a drying oven. Dried filters were pelleted for analysis on a Costech 4010 Elemental Analyzer (Fu et al., 2007). For biogenic silica samples, 30–50 mL of culture was filtered on 0.5 μm polycarbonate filters and analyzed using an alkaline digestion and colorimetric assay (Nelson et al., 1995). To measure particulate organic phosphorus, 20–60 mL of culture was filtered on pre-combusted GF/F filters and rinsed with 0.17 M Na2SO4, placed in borosilicate scintillation vials with 2 mL of 0.017 M MgSO4 and dried at 60°C for at least 48 h (Fu et al., 2007). These were then combusted for 4 h at 500°C in order to convert the organic phosphorus to inorganic orthophosphate. Samples were then acidified in 0.2 M hydrochloric acid and analyzed colorimetrically on a spectrophotometer.



Domoic Acid

Samples for cellular toxin quotas (particulate DA) were collected at the end of the experiment (T48) by filtering 50 mL of culture onto 0.5 μm polycarbonate filters and stored at −20°C until subsequent analysis. Sample extraction and cleanup were carried out according to Wang et al. (2012) with minor modifications to the protocol. For each sample, 8 mL of 10% methanol/water (methanol:water, 1:9, v/v) was added to a 10 mL plastic conical centrifuge tube containing the filter, then homogenized by vortexing at room temperature for 10 min. Cells were disrupted by sonication using a 650 W sonic disrupter at 30% amplitude of power setting for 2 min on an ice slurry to release intracellular DA into solution. The extraction was centrifuged at 10,000 g for 5 min and then filtered with a 0.22 μm MCM syringe filter into an LC vial for liquid chromatography coupled with tandem mass spectrometry (LC-MS/MS) analysis.

Liquid chromatography coupled with tandem mass spectrometry analysis was performed using an U3000 HPLC system (Thermo Scientific, United States) linked to a Thermo TSQ Endura mass spectrometer equipped with an ESI source operated in positive ionization mode. The chromatographic system equipped with a binary pump and an autosampler with a 100 μL sample loop. To obtain maximum abundance of molecular ions and generate higher sensitivity for analyte, optimization of MS/MS parameters was necessary. Using flow injection analysis at 10 μl min–1, the mass spectrometer was tuned using the CRM-DA-f DA standard solution (1 μg mL–1; National Resource Council, Canada) and the final ion source conditions were as follows: spray voltage (kV) of +3.50, sheath gas flow 25 (arb), auxiliary gas flow 15 (arb), sweep gas flow 0 (arb), ion transfer tube temperature of 300°C, and vaporizer temperature of 250°C.

Full scan MS in the positive ion mode gave the predominant peak at [M+H]+m/z 312.0, which was selected as precursor ion. The SRM transitions from the protonated DA ion were m/z 312.0 > 266.0 ([M-HCOOH+H]+) at collision energy (CE) = 15 V used for quantitative analysis, and two confirmatory transitions of m/z 312.0 > 248.0 ([M-HCOOH–H2O+H]+) at CE = 16 V and m/z 312.0 > 161.0 ([M-HCOOH-C2H3O2N-H2O-CH2+H]+) at CE = 22 V, all with a RF lens of 142 V, a dwell time of 250 ms, and a collision induced dissociation gas setting of 1.5 mTorr. Resolution of both quadrupoles Q1 and Q3 were set at 0.7 FWHM. Chromeleon and Xcalibur software were used for the entire MS tune, instrument control, data acquisition, and data analysis. Quantitative analysis was attained by an external standard method with DA calibration solutions at a concentration of 1,000 ng ml–1. DA had a retention time of around 9.49 min. The flow was diverted to waste by a six-way valve for the 0–7.5 min and 11.5–25.0 min of each run to keep the ion source clean.



Photophysiology

The maximum quantum yield of PSII (Fv/Fm), effective quantum yield of PSII (Fv′/Fm′), non-photochemical quenching (NPQ), relative electron transport rate (rETR), and light saturation point (Ik) of live cultures was assessed using a Multi-Color-PAM Chlorophyll Fluorometer (MC-PAM; Heinz Walz GmbH, Germany; Schreiber et al., 2011) at the time of final sampling.

Fv/Fm was measured after 15 min of dark adaptation of the cultures and calculated as
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Fv′/Fm′ was measured at an actinic light value close to the experimental PAR irradiance (230 μmol photons m–2 s–1) and calculated using the following the equation:
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Non-photochemical quenching was calculated as:
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Relative electron transport rate was calculated using the following equation:
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where 0.5 is the equal distribution of photons between PSII and PSI, and 0.84, the homogeneous absorption factor, is a widely accepted absorptivity value (Bjrkman and Demmig, 1987; Ralph et al., 2005). Ik was calculated according to Jassby and Platt (1976).



Statistical Methods

Multivariate analyses were conducted in R version 4.0.21 using statistical tools in Rallfun-v382. A percentile bootstrap method for multiple comparisons of 20% trimmed means (t3way) was used to detect significant one-, two-, and three-way interactions between variables (temperature, nitrogen, and irradiance) in the three-by-two factorial matrix experiment. A percentile bootstrap method for comparing 20% trimmed means (t1way) was used to detect significant differences in final (T48) Fv/Fm values in UVB dosage experiments. Pairwise analyses using percentile bootstrapping of 20% trimmed means (trimpb2) were also conducted to test for significant differences between any two matrix treatments for growth rates, DA quotas and production rates, and photophysiology measurements. All tests were performed at the α = 0.05 level. These robust methods were chosen over classical one- and three-way ANOVA tests as they do not assume normality or homoscedasticity (Wilcox, 2003).



RESULTS


Determining Sensitivity of Photosynthesis to UVB With Dosage Experiments

In initial short-term UVB dosage experiments, measurements of the maximum quantum yield of PSII (Fv/Fm) showed that P. multiseries PSII activity was unable to tolerate exposure to 0.06 mw⋅cm–2 UVB for >2 h per day, or any dose of UVB greater than 0.06 mw⋅cm–2 (Supplementary Tables 1, 2). The average Fv/Fm of all treatments at T0 was 0.623 (Figure 2). From T0 to T24 (following one dose of UVB), Fv/Fm declines were similar across all treatments: 44, 47.3, and 42% for 2, 1, and 0.5 h of exposure, respectively (Figure 2). Fv/Fm was significantly different between treatments at T48 (t1way, p = 0.000004), after two UVB doses. In cultures exposed for 2 or 1 h per day, Fv/Fm further decreased to 0.072 and 0.086 (respectively) after a second UVB exposure, declining by a total of 88.7 and 85.8% from T0 to T48. However, Fv/Fm of cultures exposed to UVB for 0.5 h per day only declined to 0.319, representing a 47% decline from T0 to T48 (Figure 2).
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FIGURE 2. Change in the maximum quantum yield of PSII (Fv/Fm) of P. multiseries in UVB dose experiments. Cultures were exposed to 0.06 mw⋅cm–2 UVB for different lengths of time (0.5, 1, and 2 h). Cultures exposed to photosynthetically active radiation with no UVB (PAR-only) served as a control. UVB exposure occurred once daily (just after T0 and T24). Fv/Fm was measured at the time of inoculation (T0), before and after each UVB exposure, and at the time of final sampling. Error bars represent the standard deviation of the mean (n = 3).




Growth Rates

Spectral quality of irradiance had the greatest impact on P. multiseries growth (t3way, p = 0.0001). Cell-specific growth rates were <0.05 day–1 for all UVB-exposed (+UVB) treatments (Figure 3A and Supplementary Table 3). In contrast, a temperature-nitrogen source interaction impacting growth rates was observed for the PAR-only treatments (t3way three-way interaction, p = 0.046; Figure 3B, Supplementary Table 4). Growth rates for treatments with nitrate differed between temperatures (20 vs. 25°C), while those of cells grown with urea did not. For nitrate-supported cultures, growth rates declined from 0.58 to 0.39 day–1 (46.3% decrease) with warming from 20 to 25°C (pairwise comparison between two treatments, p < 0.001, and Supplementary Table 5). Conversely, growth rates for urea-supported cells were not significantly different at 0.51 and 0.50 day–1 for 20 and 25°C, respectively.
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FIGURE 3. Interaction plots of P. multiseries cell-specific growth rates for each three-way combination of the variables examined (each at two levels of treatment) in the experimental matrix. Data are shown as interactions between temperature and nitrogen source for (A) +UVB and (B) PAR-only cultures. A significant three-way interaction was observed between temperature, light, and nitrogen source (t3way, p = 0.046). Error bars represent the standard deviation of the mean (n = 3). Letters represent statistically significant differences between treatments, based on pairwise analyses (Supplementary Table 5).




Domoic Acid

Cellular DA quotas at 25°C were on average three orders of magnitude greater than DA quotas in the 20°C incubations, regardless of nitrogen source or irradiance (Figure 4A and Supplementary Table 3). Similarly, DA production rates for PAR-only treatments were on average two orders of magnitude greater at 25°C, relative to 20°C (Figure 4B and Supplementary Table 3). Additionally, DA production was greatly reduced by UVB exposure (t3way, p = 0.0001). On average, DA production rates for all +UVB treatments were 8.1 × 10–3 pg cell–1day–1, while maximum DA production rates, measured for 25°C PAR-only with nitrate or with urea treatments, were two orders of magnitude greater (0.22 and 0.18 pg cell–1 day–1, respectively).
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FIGURE 4. Cellular DA quotas and production rates plotted on a logarithmic scale. (A) DA quotas and (B) DA production rates for each matrix combination of temperature, nitrogen source, and light regime. Scaling demonstrates the large temperature effect on DA quotas and production rates. Error bars represent the standard deviation of the mean (n = 3). Letters represent statistically significant differences between treatments, based on pairwise analyses (Supplementary Table 5).


The three-way interaction between nitrogen source, temperature, and irradiance was deemed significant for DA quotas (t3way, p = 0.032; Figures 5A,B and Supplementary Table 4). Interactions between light and nitrogen source (t3way, p = 0.032) were observed at each respective temperature treatment (i.e., within 20°C treatments, and within 25°C treatments); therefore, results are presented separately for each temperature treatment in the following sections. DA quotas have been plotted as interaction plots to aid in the comparison of trends both across and within treatments, and to highlight the primary drivers of differences between treatments.
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FIGURE 5. Cellular DA quotas and production rates for P. multiseries. Average DA quotas are shown relative to the interactions between nitrogen source and light for (A) 20°C treatments and (B) 25°C treatments. A significant three-way interaction was observed between temperature, irradiance, and nitrogen (t3way, p = 0.032). Note that scaling for y-axes differs between each plot. DA production rates are plotted with separate scales for 20°C (C) and 25°C treatments (D). Error bars represent the standard deviation of the mean (n = 3). Letters represent statistically significant differences between treatments, based on pairwise analyses (Supplementary Table 5).



Domoic Acid Quotas at 20°C

Within each light treatment, DA quotas were significantly greater with nitrate than with urea (pairwise comparison, PAR p < 0.001; UVB p = 0.001; Figure 5A and Supplementary Tables 3, 5). This difference was greater for +UVB treatments: cultures with nitrate contained 8.21 × 10–4 pg DA cell–1, while cultures with urea contained 3.13 × 10–4 pg DA cell–1. DA quotas also differed between light treatments, especially for nitrate-grown cells; DA quotas significantly increased from 3.54 × 10–4 pg DA cell–1 when grown under PAR-only, to 8.21 × 10–4 pg DA cell–1 with UVB exposure (pairwise comparison, p < 0.001). DA quotas also differed between PAR-only with urea and +UVB with urea treatments (1.41 × 10–4 and 3.13 × 10–4 pg cell–1, respectively; pairwise comparison, p = 0.001), but the magnitude of this difference was smaller compared to nitrate-grown cells (Figure 5A).



Domoic Acid Quotas at 25°C

The greatest DA quotas were observed at 25°C, relative to 20°C treatments (Figures 5A,B and Supplementary Table 3). For the two 25°C treatments with nitrate, cellular DA quotas did not significantly differ between light regimes; PAR-only with nitrate DA quotas were on average 0.56 pg cell–1, similar to those of +UVB with nitrate (0.52 pg cell–1; Figure 5B). Conversely, a large difference in cellular DA quotas was observed between PAR-only with urea and +UVB with urea treatments (pairwise comparison, p < 0.001, and Supplementary Table 5). When 25°C urea treatments were exposed to UVB, cellular DA quotas increased from 0.39 to 0.93 pg cell–1 (Figure 5B). Despite higher cellular DA quotas, DA production rates were much lower in UVB treatments than in PAR treatments at both 20°C (Figure 5C) and 25°C (Figure 5D) for both nitrogen sources, due to the greatly reduced growth rates in all treatments after UVB exposure (Figure 3).

Examining the same four treatments in the context of nitrogen source-effects within light treatments (i.e., 25°C PAR with nitrate vs. with urea, and 25°C +UVB with nitrate vs. with urea) allows for interpretation of the data from another perspective, revealing additional key differences between treatments (Figure 5B). DA quotas differed between nitrogen sources within each light treatment, both in terms of magnitudes and direction of change. Under a PAR-only light regime, DA production was 1.46 times higher with nitrate (0.56 pg cell–1) than urea (0.39 pg cell–1), but the difference was marginally not significant at p = 0.058 (pairwise comparison). In contrast, +UVB treatments produced significantly more DA with urea (0.93 pg cell–1) compared to treatments with nitrate (0.52 pg cell–1; p < 0.001).



Photophysiology

Large differences were observed between PAR-only and +UVB treatments for Fv/Fm and effective quantum yield (Fv′/Fm′; Figures 6A,B and Supplementary Table 6). At 20°C, Fv/Fm decreased with UVB exposure by 58.7% for nitrate and 52.5% for urea. For 25°C treatments with nitrate and with urea, Fv/Fm declined in +UVB treatments by 42.2 and 45.2%, respectively (Figure 6A). The magnitude of decline was greater for Fv′/Fm′: 78.8 and 71.9% for 20°C treatments with nitrate and with urea, and 74.5 and 74.5% for 25°C treatments with nitrate and with urea (Figure 6B). Furthermore, a significant temperature-nitrogen interaction was observed for both Fv/Fm and Fv′/Fm′ (t3way, p = 0.007 and p = 0.001, Supplementary Table 4). For PAR-only treatments, Fv/Fm did not significantly differ between 20 and 25°C treatments, with urea averaging 0.592 and 0.579, respectively (Figure 6A). A similar trend was observed for Fv′/Fm′ values, which were 0.496 and 0.508, respectively (Figure 6B). However, Fv/Fm and Fv′/Fm′ for PAR-only with nitrate treatments did differ between temperatures; with an increase in temperature, Fv/Fm decreased by 14.8% from 0.610 to 0.520 (Figure 6A), while Fv′/Fm′ decreased by 21.1% from 0.536 to 0.432 (Figure 6B). These temperature-dependent nitrogen source effects were not observed for +UVB treatments.
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FIGURE 6. P. multiseries photophysiological parameters measured at the time of final sampling, including (A) maximum quantum yield of photosystem II (Fv/Fm), (B) effective quantum yield of PSII (Fv′/Fm′), (C) non-photochemical quenching (NPQ), (D) light saturation point (IK), and (E) relative electron transport rate (rETR) vs. PAR irradiance curve. Error bars represent the standard deviation of the mean (n = 3). Letters represent statistically significant differences between treatments, based on pairwise analyses (Supplementary Table 5).


Non-photochemical quenching was 0 for all PAR-only treatments, except for a very low value of 0.017 at 25°C with nitrate (Figure 6C and Supplementary Table 6). The temperature-light interaction was deemed significant at the p = 0.003 level (t3way). For +UVB treatments, NPQ values were higher at 25°C with both nitrate and with urea (0.174 and 0.185, respectively) relative to 20°C treatments (0.068 and 0.071; Figure 6C). Differences between nitrogen treatments were not significant within each temperature.

Measured differences in the irradiance at the light saturation point (Ik) were mainly driven by light (t3way, p = 0.0001; Figure 6D, Supplementary Tables 4, 6). Decreases were observed from PAR-only to +UVB treatments at 20°C with nitrate (40.5%), 25°C with nitrate (41.4%), and 25°C with urea (51.9%), but 20°C with urea only decreased by 12.5%. Furthermore, trends within PAR-only treatments were under different controls than UVB-exposed treatments. For PAR-only, urea treatments did not vary between temperatures, while the Ik for nitrate treatments decreased with an increase in temperature. In contrast, within +UVB treatments, measured Ik values were greater at 20°C relative to 25°C within each nitrogen source treatment. Additionally, at each respective temperature, Ik was greater for treatments with urea compared to treatments with nitrate (Figure 6D).

Furthermore, maximum relative electron transport rates (rETRmax) for +UVB treatments were on average 5.37x lower than PAR-only treatments (Figure 6E and Supplementary Table 6). Differences between UVB treatments were not large in magnitude. In contrast, rETRmax for PAR-only treatments were dependent on interactions between nitrogen source and temperature (t3way, p = 0.001, Supplementary Table 4); urea treatments were similar between temperatures, yet there was an inverse relationship between temperature and rETRmax for nitrate treatments (Figure 6E).



Elemental Ratios and Quotas

The amount of carbon per cell (cellular carbon quota) significantly increased with UVB exposure (t3way, p = 0.0003; Table 1 and Supplementary Tables 4, 7). This increase was observed to a greater extent for 25°C treatments; relative to PAR-only, +UVB increased carbon quotas by 30 and 50% at 25°C with nitrate and 25°C with urea treatments, respectively. This +UVB effect was not observed for 20°C treatments. Similar light effects were observed for cellular nitrogen quotas (Table 1 and Supplementary Table 7). Smaller cellular nitrogen pools were measured at 20°C and were little influenced by UVB-exposure, yet at 25°C UVB-exposure increased nitrogen quotas relative to PAR-only treatments by 27.5 and 46.7% for both nitrate and urea treatments, respectively (Table 1 and Supplementary Table 7). However, while temperature alone did not significantly influence cellular carbon pools, it did influence nitrogen pools, demonstrated by increased nitrogen per cell for 25°C treatments (t3way, p = 0.012).


TABLE 1. P. multiseries cellular elemental quotas and ratios.

[image: Table 1]Cellular phosphorus quotas were most influenced by irradiance (t3way, p = 0.002, and Supplementary Table 4), as each paired treatment showed a percent increase of at least 30% with UVB-exposure (Table 1 and Supplementary Table 7). Warming also influenced differences in measured cellular phosphorus quotas (t3way, p = 0.007). The smallest cellular phosphorus pools were measured for 20°C PAR-only with nitrate (5.17 × 10–8 μmol P cell–1), while the largest pools were an order of magnitude greater for 25°C +UVB with urea treatments (1.18 × 10–7 μmol P cell–1). Change in nitrogen source did not result in significant differences in phosphorus quotas between treatments (Table 1).

Temperature significantly increased biogenic silica (BSi) quotas (t3way, p = 0.014, Supplementary Table 4) for all treatments except 25°C PAR-only with nitrate (Table 1 and Supplementary Table 7). However, irradiance effects were marginally insignificant at the p = 0.054 level, and interactive effects between nitrogen and temperature were not significant. Cellular BSi quotas at 20°C were not significantly impacted by nitrogen source (Table 1).

C:N and C:P ratios were significantly impacted by temperature (t3way, p = 0.016 and p = 0.012, Supplementary Table 4). The largest C:N ratio was measured in the 25°C PAR with nitrate treatment, while the smallest was observed for 20°C UVB with urea (Table 1 and Supplementary Table 7). All C:P ratios measured for 20°C treatments were significantly above the Redfield Ratio, while 25°C treatments were below (with the exception 25°C +UVB with nitrate). Nitrogen, irradiance, and interactive effects on C:P were not deemed statistically significant. Temperature effects on BSi:C ratios were marginally insignificant at the p = 0.056 level, with irradiance being a more significant driver of differences between treatments (t3way, p = 0.026). PAR-only treatments had larger BSi:C ratios than their paired UVB-exposed treatments, except for 25°C with nitrate. No significant differences in N:P ratios were detected between treatments (Table 1 and Supplementary Table 7).



DISCUSSION


Dependency of Growth Under PAR-Only Conditions on Temperature-Nitrogen Interactions

Our multiple-driver experimental design revealed previously unknown interactions between temperature, nitrogen, and UVB in this HAB species. P. multiseries growth rates under PAR-only conditions were moderately affected by nitrogen source in a temperature-dependent manner. Growth rates for nitrate treatments declined with warming, while growth rates for cultures with urea did not differ between temperatures. Previous studies examining the effects of nitrogen source on Pseudo-nitzschia spp. growth rates have demonstrated a great degree of variability between both species and strains. Growth rates measured for two strains of P. multiseries were slower for urea-supported cultures relative to nitrate, while growth rates for another strain did not differ between nitrogen treatments. For some strains of P. calliantha and P. fraudulenta, growth rates decreased in urea-supported cultures compared to nitrate and ammonium. In contrast, no difference between nitrogen substrates was observed for P. australis (Thessen et al., 2009; Martin-Jézéquel et al., 2015). Based on a metanalysis of nitrogen source-effects on growth rates for several species of Pseudo-nitzschia, Radan and Cochlan (2018) hypothesized that differences in culture conditions (PAR irradiance, temperature, and nitrogen concentration) partially contributed to differences in growth rates. This demonstrates that interactive effects between variables are important to consider. Nevertheless, there is a great deal of both intra- and inter-specific variability in terms of Pseudo-nitzschia nitrogen source preference (Thessen et al., 2009; Auro and Cochlan, 2013). The mechanisms driving P. multiseries nitrogen source preference and utilization remain unclear, yet it is evident that this interactive effect on nitrogen utilization has implications for bloom formation and photosynthesis in future oceans with altered nitrogen source availability.

Climate and anthropogenic change may modify the inorganic nitrogen species available to phytoplankton in future oceans. In contemporary coastal oceans, primary productivity is primarily supported by naturally-supplied nitrate delivered to the surface ocean via mixing and upwelling (Dugdale and Goering, 1967). However, future warming-induced stratification of the water column may reduce the intensity of upwelling and mixing, thereby decreasing the delivery of nitrate to the surface ocean (Hutchins and Fu, 2017). Additionally, the supply of nitrogen from anthropogenic sources (e.g., urea from agricultural runoff and wastewater effluent) is expected to increase as global fertilizer use and human populations in coastal areas expand (Glibert et al., 2006). Anthropogenic inputs of alternative nitrogen species may eventually rival or exceed natural inputs of nitrate, becoming the dominant species of nitrogen available to phytoplankton in coastal areas (Howard et al., 2014). Because of the importance of nitrogen to growth, photosynthesis, and toxin biosynthesis, and the previously documented impacts of nitrogen species on Pseudo-nitzschia toxin biosynthesis (Howard et al., 2007; Thessen et al., 2009; Auro and Cochlan, 2013; Martin-Jézéquel et al., 2015; Radan and Cochlan, 2018), the effects of this predicted eutrophication and changing nitrogen speciation on Pseudo-nitzschia spp. may have important implications for HAB modeling and forecasting (Glibert et al., 2005).

Despite potential changes to nitrogen speciation and availability in coastal zones, our data suggest that P. multiseries grows at the same rate on both urea and nitrate at temperatures representative of a future, warmer ocean (25°C). Temperature and nitrogen also interacted to impact photosynthetic parameters like Fv/Fm, Fv′/Fm′, Ik, and rETRmax in a similar manner; measurements for nitrate-supported treatments decreased with warming, while temperature had negligible effects on the photophysiology of urea-supported cells. Therefore, at warmer temperatures (under PAR-only conditions), P. multiseries blooms and primary productivity may not be strongly influenced by shifting nitrogen sources. This aligns with previous evidence demonstrating that diatom nitrogen metabolism is highly flexible, enabling cells to alter uptake and assimilation mechanisms quickly and efficiently when other nitrogen sources become available (Smith et al., 2019). However, in the present study nitrate-supported growth rates at 25°C were slightly lower than maximum observed rates at 20°C for PAR-only treatments. This suggests that future warming may incrementally reduce P. multiseries growth, with implications for bloom development and primary productivity relative to contemporary nitrate-dominated systems. However, the trends just described are only applicable to PAR-only treatments. Therefore, these results are most relevant to populations of cells residing deeper in the water column where UVB is largely attenuated (see below).



P. multiseries Growth Under UVB Exposure

Despite the differential effects alternative nitrogen sources and warming may have on P. multiseries growth rates, increased UVB exposure in a future surface ocean may have an overpowering influence on bloom formation. Inhibition of cellular division across all treatments exposed to 0.06 mw⋅cm–2 UVB demonstrates that the growth of this strain of P. multiseries is strikingly sensitive to UVB. This dose of UVB is similar to near-surface measurements in the natural environment. For example, summertime UVB radiation measured just below the surface in the coastal Red Sea was 0.084 mw⋅cm–2 (Al-Aidaroos et al., 2014). Other studies examining the impact of UVR on diatoms have also used UVB doses similar to or lower than those measured at the air-sea interface, reasoning that these lower irradiances are more reflective of the light regimes present at the depths to which phytoplankton are mixed (Nilawati et al., 1997; Liang et al., 2006; Helbling et al., 2011).

Many studies have demonstrated the sensitivity of phytoplankton to UVB, causing declines in both growth and photosynthesis (Cullen and Lesser, 1991; Helbling et al., 1992; Smith et al., 1992; Neale et al., 1994; Nilawati et al., 1997; Gao et al., 2007a, b; Guan and Gao, 2010; Li Y. et al., 2012; Cai et al., 2017; Zhang et al., 2019). However, only a handful of studies have specifically examined Pseudo-nitzschia sp. in this regard. For instance, UVB exposure of polar P. seriata caused growth rates to decline by 50% and Fv/Fm to decline by 27% (Nilawati et al., 1997). UVR contributed to inhibition of both growth and Fv′/Fm′ in P. pungens, with warming playing a role in alleviating the severity of inhibition (Chen et al., 2018). Hargraves et al. (1993) reported declines in P. fraudulenta and P. pungens var. pungens growth rates with exposure to either artificial or natural UV light, respectively, yet growth was not fully inhibited. On the other hand, P. pungens var. multiseries growth was unaffected by either type of UVR exposure. Furthermore, field studies found that in a mixed diatom community dominated by P. australis, loss of fixed carbon was greater in treatments exposed to UVB (Mengelt and Prézelin, 2005). Therefore, it is clear that UVB alone can impose controls on phytoplankton growth and photosynthesis, with implications for Pseudo-nitzschia blooms in the natural environment.

We propose that the co-occurrence of UVB inhibition of growth and increased toxicity for some treatments is a situation similar to growth limitation by low silicate or phosphate availability. Growth rates are typically inversely correlated with DA production, since as cellular division decreases due to nutrient limitation or other growth-limiting stressors, DA production increases (Bates et al., 1991; Zhu et al., 2017). Because DA is a secondary metabolite, only produced when there is enough energy, this inverse correlation is hypothesized to be a function of re-allocation of energy resources within the cell (Pan et al., 1998). This has previously been studied in the context of growth limitation by silicate and phosphate. These studies have shown that growth inhibition by macronutrient limitation can enhance cellular toxin quotas (Bates et al., 1991, 1996; Pan et al., 1996; Fehling et al., 2004; Sun et al., 2011; Tatters et al., 2012). In a chemostat culture experiment using silicate limitation to control P. multiseries growth rates, DA quotas were inversely correlated with growth rates (Bates et al., 1996). The authors concluded that DA was “produced during conditions of stress” as part of secondary metabolism occurring when cellular division is not the main energy sink, or when there is sufficient energy for growth. Therefore, when cellular division is slowed or inhibited by macronutrient limitation, unused energy is reallocated toward toxin production, increasing cellular DA quotas. This is similar to our growth-inhibited UVB exposed cultures. UVB-exposure stressed cellular growth rates and, in some treatments, enhanced cell-specific toxicity. We hypothesize that these observed increases in toxicity could therefore be a stress response to UVB-limited growth, whereby DA production is a sink for energy not being used for growth.

Other research suggests that ultraviolet A radiation (UVA; 320–400 nm) wavelengths can help to mitigate cellular UVB damage (Quesada et al., 1995) by stimulating photo-repair mechanisms (DNA repair and antioxidant mechanisms; Mitchell and Karentz, 1993), the synthesis of photoprotective pigments (mycosporine-like amino acids; Lesser, 1996; Xu and Gao, 2010), and increased photosynthetic carbon fixation (Mengelt and Prézelin, 2005; Gao et al., 2007a; Li et al., 2011). Our study did not incorporate UVA wavelengths, but we hypothesize that the inclusion of this portion of the light spectrum in our experimental design may have decreased the sensitivity of P. multiseries to damaging UVB rays. Therefore, our measurements may represent a maximum estimate of damaging UVB-related effects.

Furthermore, in the natural environment, self-shading can occur in dense phytoplankton blooms, reducing effective light exposure and decreasing oxidative stress within the population (Barros et al., 2003). Self-shading thus acts as a photoprotection mechanism for in situ blooms. However, our use of semi-continuous culture techniques maintained cultures at low cell abundances, such that photoprotection from harmful UVB irradiance as a result of self-shading was minimal. Accordingly, our estimates of UVB-impacts on P. multiseries physiology and toxicity represent an upper estimate. Our results nevertheless suggest that UVB could be an important control on P. multiseries growth in the natural environment. Future studies using full spectrum natural sunlight at a range of intensities are needed to validate our findings and examine the potential synergistic or antagonistic effects of both UVA and UVB.

The extent to which UVB impacts P. multiseries in the natural environment will depend on changing physical oceanography. Projected ocean warming will intensify stratification of surface waters and cause the mixed layer to shoal, increasing the residence time of cells in the near-surface ocean. Consequentially, light exposure integrated over depth will increase, exposing cells to more intense PAR and especially to additional shallow penetrating UVB rays (Beardall et al., 2009; Gonçalves et al., 2010; Steinacher et al., 2010; Gao et al., 2019). Therefore, the inhibition of growth by UVB exposure observed in the present study suggests that the ability of P. multiseries to form near-surface blooms in a future ocean may be inhibited by increases in UVB exposure and intensity.



Cells Continued to Function Despite Inhibition of Growth and Damage to Photosystems

Pseudo-nitzschia multiseries photosystem health was also impaired by UVB but was less sensitive compared to cellular division. Fv/Fm, Fv′/Fm′, Ik, and rETRmax decreased with UVB exposure relative to PAR-only treatments, indicating stress, damage to photosynthetic proteins, and a diminished capacity of photosystems to absorb and process light energy. In another study, the marine cyanobacterium Trichodesmium exhibited sharp declines in Fv′/Fm′ just 10 min after initial exposure to UVB, concurrent with measured reductions in carbon fixation rates (Cai et al., 2017). Similarly, sharp declines in Fv/Fm soon after UVB exposure were observed in the UVB-dosage experiments of the present study (section “Determining Sensitivity of Photosynthesis to UVB With Dosage Experiments”) in addition to the decreases in Fv/Fm and Fv′/Fm′ for all UVB treatments relative to PAR-only in the matrix experiments. This suggests that UVB damage to P. multiseries photosystems may have also reduced, but not fully inhibited, carbon fixation rates. Furthermore, NPQ increased with UVB exposure, suggesting diversion of a greater proportion of energy away from damaged reaction centers that are unable to handle the amount of incoming light energy. NPQ increased to a greater degree for 25°C treatments, indicating that cells increased photosynthetic stress-responses as a result of warming. Although +UVB impaired photosynthetic processes, photosystem function was not fully inhibited. Therefore, despite the suppression of cellular division, cells were able to survive and continue photosynthesis under UVB stress. This allows P. multiseries to obtain energy for cellular functions such as carbon fixation, nutrient uptake, and DA synthesis, as well as stress mitigation and repair.

Increases in cellular elemental quotas with UVB exposure and warming provide additional evidence for continued carbon fixation and nutrient uptake in stressed cells. Carbon per cell increased with UVB exposure for 25°C treatments. This effect was not observed at 20°C, indicating an interactive effect whereby UVB exposure magnifies the response of cells previously stressed by warming. Similarly, nitrogen and silica cell quotas were higher for 25°C UVB-exposed treatments, relative to the respective PAR-only treatments, though silica differences were marginal for the 25°C urea-supported treatments. Phosphorus quotas increased with UVB exposure at both temperatures, but the increase at 25°C was greater. These increased carbon, nitrogen, silica, and phosphorus pools suggest that both photosynthesis and nutrient uptake mechanisms continued to function in stressed cells. Because cellular division was inhibited by UVB, the fixed carbon and nutrients taken up by cells could not be used for growth related to cellular division. In other diatoms, cellular nutrient storage pools have increased when growth was inhibited by other stressors such as phosphate, silicate, nitrogen, and iron limitation (Kilham et al., 1977; Hutchins and Bruland, 1998; Tantanasarit et al., 2013; Liefer et al., 2019). This nutrient storage capacity has implications for growth resumption and potential bloom formation upon relief and recovery from stress.

The continued survival and functioning of cells under stress raises questions about post-stress recovery. Depending on the severity and duration of exposure to UVB, it is possible that P. multiseries may be able to recover and resume normal functioning. Studies have shown that cells can recover from UVB-caused photosynthetic inhibition once the stressor has been removed (Villafañe et al., 2007; Roncarati et al., 2008; Halac et al., 2009; Helbling et al., 2011; Cai et al., 2017). Chen et al. (2018) demonstrated that recovery rates of P. pungens exposed to UVR were enhanced with warming. We hypothesize that the kinetics of recovery may play an important role in bloom formation for P. multiseries residing in environments with dynamic light regimes. Damage from short-term vertical mixing of P. multiseries to the surface ocean may be mitigated by subsequent mixing back down to depth, which provides stressed cells respite from shallow penetrating UVB rays and time to repair damage and recover. Reduced PAR-irradiances are also beneficial to recovery from photoinhibition (Helbling et al., 2011). Previous research suggests that shorter mixing events are not as inhibitory to phytoplankton community carbon fixation, as these short periods of exposure are not terribly damaging to photosystems (Helbling et al., 2003). However, future shoaling of the mixed layer may prevent mixing to depths at which UVB wavelengths are completely attenuated, reducing the ability of cells to recover. This cellular recovery aspect was not investigated in the present study, and thus further research with long-term tracking of post-stress growth and photophysiology is needed to draw further conclusions.



Multiple Stressor Effects on P. multiseries Toxicity

Temperature was the main driver of differences in cellular DA toxin quotas between treatments, regardless of nitrogen source or light spectrum. Although there were significant differences between 20°C nutrient and irradiance treatments, they were small. Therefore, any interactive effects occurring at 20°C are unlikely to have a great influence on the severity of a toxic bloom. On average, DA quotas were three orders of magnitude greater for 25°C treatments compared to 20°C incubations. This suggests that during current heatwave events or in a future consistently warmer ocean, P. multiseries toxicity per cell will increase. Previous laboratory studies have also demonstrated that warming above optimal growth temperatures can enhance toxin production in several Pseudo-nitzschia species (Bates et al., 1998; Zhu et al., 2017). Field-based observational studies have also positively correlated temperature and DA (Downes-Tettmar et al., 2013; McKibben et al., 2015). In contrast, there has been one documented occurrence of a negative correlation between DA quotas and temperature, whereby greater DA quotas were measured in P. seriata incubated at 4°C compared to 15°C (Lundholm et al., 1994). This demonstrates heterogeneity in warming responses of the Pseudo-nitzschia genus, indicating that more species should be studied with regard to temperature effects. This becomes problematic as global ocean mean temperatures rise, and the frequency of marine heat waves increases (Oliver et al., 2018). The effects of warm anomalies are already being felt in coastal ecosystems; the extensive and highly toxic 2014–2015 “Blob” bloom occurred when an anomalously warm water mass developed off the West Coast of North America (McCabe et al., 2016; McKibben et al., 2017). More frequent events such as these could have devastating impacts for coastal ecosystems. Adding another layer of complexity, within the 25°C treatments, DA quotas appear to be related to nitrogen source and irradiance. This implies that although temperature was the main driver of increased toxicity, it likely cannot be the sole parameter used to draw accurate conclusions about the threat of toxic bloom events in warmer coastal oceans.

Nitrogen source and UVB interacted with warming to influence DA quotas. The most DA was measured in the 25°C +UVB treatment with urea. In addition to warming stress, UVB also caused an increase in DA quotas for most treatments, relative to respective PAR-only treatments. However, the magnitude of this increase between PAR-only and +UVB treatments was temperature- and nitrogen source-dependent. DA biosynthesis and cellular division, both energetically demanding processes, tend to be decoupled: as cells become thermally-stressed, growth rates decline and DA production increases (Pan et al., 1998). This is hypothesized to be caused by a reallocation of cellular energy and resources within the cell away from growth and toward DA biosynthesis (Lelong et al., 2012; Trainer et al., 2012; Bates et al., 2018). Previous studies have attributed this increased DA to growth suppression by nutrient limitation (Si, P, and Fe) or warming stress (Maldonado et al., 2002; Sun et al., 2011; Tatters et al., 2012; Zhu et al., 2017). Our study suggests that UVB, which also suppresses P. multiseries growth, triggers increased DA production. Few studies have examined the impacts of UVB on Pseudo-nitzschia spp., and to our knowledge only one has also measured DA. Hargraves et al. (1993) found that P. pungens var. multiseries growth was unaffected by UV exposure using natural sunlight (representative of a 1.5 m depth in a coastal area), but DA quotas were greater in treatments without UVB exposure measured in stationary phase batch cultures. Differences between results from Hargraves et al. and our own study may lie in the severity of UVB exposure and effects on growth. While UVB did not affect growth rates in the other study, we hypothesize that the marked UVB inhibition of growth contributed to greater DA yields in our study.

Light spectral quality strongly influenced calculated DA production rates. The calculation for DA production integrates growth rates and DA quotas, assuming DA production is proportional to growth. This provides us with an estimate of how much DA could be produced by a bloom, based on both the toxicity per cell and the rate at which this toxin-containing cellular biomass accumulates. P. multiseries was not able to grow with UVB exposure, so under this assumption the calculated DA production was also zero. Although this was true for two of the temperature-nitrogen pairings (20°C with urea and 25°C with nitrate), as DA quotas were equal between PAR and +UVB light treatments, DA quotas were greater with UVB relative to PAR-only for the other two temperature-nitrogen combinations (20°C with nitrate and 25°C with urea). This contradicts the assumption of the DA production rate calculation, whereby cells must be growing in order to produce DA. Therefore, calculated production rates can be somewhat deceptive because of this growth rate effect. In the present study, P. multiseries cells were able to continue photosynthesis and the uptake of nutrients. This excess energy and nitrogen not being used for growth may instead be used in other secondary metabolic processes, such as DA production. Some studies have found an inverse relationship between Pseudo-nitzschia DA production and growth rates. As cells become stressed for growth, DA production increases (Lelong et al., 2012; Trainer et al., 2012; Bates et al., 2018).

Our results suggest that although UVB treatments had near-zero growth rates, it is likely that the surviving cells were producing DA. In spite of this increased cell-specific toxicity, the amount of DA produced over time is what determines the ultimate accumulation of toxic biomass in a bloom. Although cells in UVB-exposed 20°C treatments with nitrate and 25°C treatments with urea were more toxic relative to their PAR counterparts, the inhibition of growth due to UVB prevents rapid biomass accumulation. Therefore, a toxic bloom is not likely to manifest under these conditions.

Because we did not measure dissolved DA (i.e., the fraction released into the medium), it is important to consider that our estimates of DA production may be low. Godinho et al. (2018) found that in P. multiseries batch cultures, 63-98% of total measured DA was released into culture medium during exponential growth, and 99% was released during stationary phase. They hypothesized that cell death and lysis beginning in late exponential phase, and increasing during stationary phase, was the cause of increased dissolved DA. In the present semi-continuous experiment, final sampling occurred during steady state exponential growth phase for PAR-only cultures; dissolved DA can account for as little as 10% of the total under these growth conditions (Sun et al., 2011). However, growth was arrested in UVB-exposed cultures, and it is likely that many cells died due to exposure to this stressor, as indicated by empty (yet intact) frustules observed under the microscope. It is therefore possible that our estimates including only particulate DA may represent a minimum estimate of total DA produced, especially in UVB treatments. Most published studies have focused on particulate DA, because this is the form usually assumed to be involved in trophic transfer and biomagnification of the toxin. Nonetheless, future studies should measure both fractions, as extracellular DA could be important to consider in UVB-induced cell mortality.



Interactions Between Irradiance and Nitrogen Source May Impact Cellular Energetics

Our study also showed that UVB reduces photosystem function, which may limit light harvesting capabilities. Light energy plays an important role in nitrogen uptake; when PAR irradiance is limiting, the uptake of urea, a reduced form of nitrogen, is less energetically expensive relative to nitrate (Legrand et al., 1998; Li J. et al., 2012). This interaction between nitrogen source and light, and its impacts on cellular energetics, has been demonstrated in P. cuspidata using PAR irradiance. In this study, nitrogen preference was a function of light availability; at saturating irradiances, growth rates were nearly identical between nitrate or ammonium-supported cultures, and slower on urea. In contrast, at a low photon flux density, urea-supported cultures grew fastest (Auro and Cochlan, 2013). A potential mechanism for these differences in nitrogen use efficiencies could be the reallocation of energy from nitrogen uptake to growth when supported by urea. From this, we surmise that light-dependent uptake of nitrate may have been reduced when photosystems are damaged by UVB, yet the uptake of urea may not have been as impacted. Because cellular energetic allocation is important for DA production, this may partially explain observed increases in DA quotas between nitrogen sources for some UVB-exposed treatments. However, uptake kinetic experiments with nitrogen use efficiency calculations will need to be performed to validate these suggestions.

Previous studies examining the effects of nitrogen source on P. multiseries DA production have demonstrated a large degree of variability between strains. For instance, one strain of P. multiseries produced more DA per cell in urea-supported cultures relative to those supported by nitrate, while two separate strains both produced more DA per cell on nitrate compared to urea (Thessen et al., 2009; Martin-Jézéquel et al., 2015). This variability has also been described across the whole Pseudo-nitzschia genus, and several studies with other species and strains have observed increases in toxicity in urea-supported cultures of Pseudo-nitzschia (Howard et al., 2007; Thessen et al., 2009; Radan and Cochlan, 2018). Because of this variability within the diatom genus, elucidating the precise mechanisms for increased DA quotas with regard to nitrogen source is challenging and speculative.

Prior studies interrogating the question of nitrogen source preference used measurements of nitrogen uptake kinetics as a proxy for preference. These revealed that P. fryxelliana preferred ammonium over nitrate, with urea being the least preferred nitrogen substrate. This low preference for urea was also observed in P. australis and P. delicatissima (Cochlan et al., 2008; Loureiro et al., 2009; Auro and Cochlan, 2013). However, uptake preference does not indicate how the nitrogen is used within the cell. Future studies should not only include a broader representation of the genus, but also mechanistically investigate the role of different nitrogen sources in toxin biosynthesis, possibly using stable isotopic methods.



Multiplicative Interactions Between Multiple Drivers Provide New Insights Into P. multiseries Toxicity and Bloom Dynamics

The highest observed yield of DA per cell in this experiment may be a consequence of the interactive effects between urea, UVB, and warming that synergistically enhanced cellular DA quotas. This interaction was multiplicative, meaning the resulting DA quotas from the combination of these three variables could not have been predicted by adding together the effects of each individual driver (Boyd et al., 2018). First, trends within 20°C treatments differed from those observed within the 25°C treatments. Therefore, interactive effects observed at 25°C could not have been predicted based on trends observed at 20°C. At 25°C, UVB did not alter DA quotas between nitrate with PAR-only versus nitrate +UVB cultures, as the two treatments had similar cellular DA quotas. PAR treatments also had DA quotas that were nearly 1.5x greater for cells grown on nitrate than those supported by urea. Based on these results, we would expect DA quotas for the 25°C +UVB urea-supported treatment to be similar to the 25°C PAR-only urea-supported treatment, as +UVB does not increase DA quotas for nitrate-supported cells at 25°C. However, measured DA quotas did not follow these predictions in the present experiment, as UVB exposure of 25°C urea treatments enhanced DA production more than any of the other treatments. This result was unexpected and shows that the impact of UVB enhances DA production more than would have been expected due to interactions between light and nitrogen source.

This three-way interaction between warming, urea, and +UVB indicates that a future warmer, more stratified ocean with a greater influence of anthropogenic nutrients could enhance the toxicity of P. multiseries. However, these results also point to a potential decrease in P. multiseries bloom events, as increased UVB exposure may inhibit cellular division and growth that could offset enhanced toxicity. Despite increased toxicity per cell, harmful effects will not be so impactful if cellular abundances are low. Therefore, projected increases in cellular toxicity may be mitigated by UVB inhibition of bloom formation in a future ocean.

Alternatively, P. multiseries may find refuge from harmful UVB wavelengths in the deep chlorophyll maximum (DCM). Field surveys have detected high abundances of Pseudo-nitzschia spp. in the DCM (McManus et al., 2008; Velo-Suárez et al., 2008; Durham and Stocker, 2012). It has been suggested that Pseudo-nitzschia spp. blooms may be induced by upwelling or mixing of these seed populations from the dim DCM to the well-lit surface ocean (Seegers et al., 2015). Our multiple stressor experimental results both support and build upon these ideas by demonstrating that P. multiseries growth can be extremely sensitive to UVB, and thus may be strongly inhibited by extended exposures in the surface ocean. The thin layers of Pseudo-nitzschia spp. that reside in the DCM are protected from UVB rays, which only penetrate the first 10–12 m of the water column in clear coastal areas (Denman and Gargett, 1983; Tedetti and Sempéré, 2006). In more turbid coastal regions, these wavelengths are attenuated even more rapidly, with only ∼10% of incident UVB radiation reaching a depth of 0.5 m (Llabrés et al., 2013). In these systems, the DCM may serve as a refugium for P. multiseries in between bloom events. Mengelt and Prézelin (2005) suggested that Pseudo-nitzschia does best at mid-depths in the water column, where UVB is attenuated but UVA remains. If high concentrations of these cells are advected to the surface, exposure to UVB may be a stressor that inhibits growth and consequentially promotes DA production. The persistence of these cells and their subsequent impact on coastal ecosystems will then depend on surface conditions, including prolonged exposure to intense UVB rays, which may inhibit further growth and reduce the impact of the toxic bloom.

These results demonstrate that multiple driver experimental approaches are necessary for revealing the complex interactive effects between climate-relevant environmental variables, with consequences for toxic Pseudo-nitzschia blooms. In situ observational studies and long-term monitoring datasets are also a convenient system for studying multiple stressors, as correlations can be made between numerous environmental parameters, Pseudo-nitzschia abundance, and particulate DA (Fehling et al., 2006; Downes-Tettmar et al., 2013; Schnetzer et al., 2013; McKibben et al., 2017; Anjani et al., 2020). Laboratory-based multi-factorial experiments are advantageous in their ability to mechanistically elucidate potential interactive effects between multiple drivers, which cannot be teased apart using observational in situ studies. Furthermore, while these experiments are limited in their capacity to incorporate additional variables and levels of treatment, they portray a more comprehensive view of ocean dynamics compared to single-driver experiments. The incorporation of additional drivers would yield even more information about P. multiseries bloom dynamics, yet experiments using more than three drivers become exponentially larger in scale and are thus infeasible (Boyd et al., 2018). Therefore, based on previous single-driver literature and future projected ocean conditions, we chose three drivers that could be key controls on P. multiseries growth and toxicity, but have not been examined together before. For instance, single-driver studies have demonstrated that trace metals (iron and copper), pCO2/pH, and silicon or phosphorus limitation impact Pseudo-nitzschia toxicology, and thus should be incorporated into these multi-driver experimental designs (Bates et al., 1998; Maldonado et al., 2002; Sun et al., 2011). Future studies should combine these two approaches, using in situ observational studies to identify key drivers, and laboratory experiments to gain a mechanistic understanding of how these environmental parameters impact toxic blooms.



CONCLUSION

Our study is among the few to use more than two environmental drivers to test hypotheses regarding drivers of Pseudo-nitzschia toxicity and bloom formation (Tatters et al., 2018). These experiments suggest that certain combinations of environmental parameters can create conditions that synergistically or antagonistically enhance or reduce DA production and growth. The inclusion of multiple variables in experimental designs more accurately reflect the natural coastal environment where Pseudo-nitzschia spp. interacts with multiple environmental parameters simultaneously. Multiple stressor experiments therefore help us to gain a more holistic view of bloom dynamics in situ.

Because these three-way interactions cannot be predicted based on one variable alone, it is important to consider what might be missed by only including single variable experiments in models and forecasts. For instance, phosphorus and silicon limitation also seem to be a key driver of toxicity, yet we do not know how they interact in the context of multiple drivers (other than with ocean acidification; Sun et al., 2011; Tatters et al., 2012). These blooms threaten human health, the marine ecosystem, and economically important fisheries, thus accurately forecasting their occurrence is important to our ability to prepare rapid and effective responses to bloom events. However, our current HAB forecasting models are incomplete in their predictive powers, reducing our ability to anticipate toxic blooms. Although some predictive models include multiple variables, they typically do not include the interactive effects between them. Improvement of existing models may require more accurate representation of interactive effects between multiple environmental drivers on toxicity and growth of a diverse selection of toxic Pseudo-nitzschia species, in order to better understand HAB dynamics in a rapidly changing ocean.
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Grazing pressure, estimated as the ratio between microzooplankton grazing and phytoplankton growth rates (g:μ), is a strong determinant of microbial food-web structure and element cycling in the upper ocean. It is generally accepted that g is more sensitive to temperature than μ, but it remains unknown how the thermal dependence (activation energy, Ea) of g:μ varies over spatial and temporal scales. To tackle this uncertainty, we used an extensive literature analysis obtaining 751 paired rate estimates of μ and g from dilution experiments performed throughout the world’s marine environments. On a geographical scale, we found a stimulatory effect of temperature in polar open-ocean (∼0.5 eV) and tropical coastal (∼0.2 eV) regions, and an inhibitory one in the remaining biomes (values between −0.1 and −0.4 eV). On a seasonal scale, the temperature effect on g:μ ratios was stimulatory, particularly in polar environments; however, the large variability existing between estimates resulted in non-significant differences among biomes. We observed that increases in nitrate availability stimulated the temperature dependence of grazing pressure (i.e., led to more positive Ea of g:μ) in open-ocean ecosystems and inhibited it in coastal ones, particularly in polar environments. The percentage of primary production grazed by microzooplankton (∼56%) was similar in all regions. Our results suggest that warming of surface ocean waters could exert a highly variable impact, in terms of both magnitude and direction (stimulation or inhibition), on microzooplankton grazing pressure in different ocean regions.

Keywords: activation energy, herbivorous grazing, phytoplankton growth, plankton communities, polar ecosystems, temperate ecosystems, temperature, tropical ecosystems


INTRODUCTION

Temperature is a key environmental driver controlling the rates at which energy and materials flow through food webs and ecosystems (Gillooly et al., 2001; Cross et al., 2015). Predictions by the metabolic theory of ecology (MTE, Brown et al., 2004) and evidence from terrestrial (Allen et al., 2005; Allen and Gillooly, 2009) and aquatic (López-Urrutia et al., 2006; Liu et al., 2019; Barton et al., 2020) ecosystems show that the thermal dependence [or activation energy (Ea)] of heterotrophic processes [e.g., grazing rates (g)] is higher than that of autotrophic ones [e.g., phytoplankton growth rates (μ)]. A weaker thermal sensitivity of phytoplankton growth compared with microzooplankton growth and grazing activity could contribute to trigger phytoplankton blooms in cold waters (Rose and Caron, 2007). However, growing empirical evidence has shown that autotrophic processes can be as sensitive to temperature as heterotrophic ones (Chen and Laws, 2017; Wang et al., 2019). Recent experimental studies also show that the thermal dependence of phytoplankton growth and microzooplankton grazing can change seasonally, with Ea of μ exhibiting variations two- to four-fold larger than those found in Ea of g (Liu et al., 2019). In light of these findings, two hypotheses can be postulated. According to MTE, if Ea of g is higher than that of μ, Ea of g:μ should be positive, i.e., enhanced grazing pressure with increasing temperature. By contrast, following the arguments of Wang et al. (2019), if Ea of g and μ are similar, grazing pressure should be independent of temperature. In addition, the temperature dependence of plankton metabolism can be weaker (Liu et al., 2021b) and even suppressed (O’Connor et al., 2009; Marañón et al., 2018) when nutrient availability is low. Under this premise, if nutrient limitation decreases Ea of μ (without altering Ea of g), we could expect a lower Ea of g:μ in nutrient-rich, coastal, and upwelling areas than in the open ocean, where nutrient limitation of phytoplankton growth is most prevailing (Moore et al., 2013).

Despite the well-recognized ecological role of grazing pressure by microzooplankton, which represents a consumption of ∼60% of global marine primary production (Schmoker et al., 2013), most studies evaluating its sensitivity to temperature have considered microzooplankton grazing and phytoplankton growth separately (Liu et al., 2019). However, the g:μ ratio is a key variable to evaluate how warming could impact microbial trophic interactions because it gives a more integrative view of trophic functioning than considering both rates separately and has major implications for the fate of newly produced organic matter. Moreover, earlier studies have evaluated mostly geographical variability (Calbet and Landry, 2004; Chen et al., 2012; Liu et al., 2019), whereas changes over time have received less attention (Lawrence and Menden-Deuer, 2012; Franzè and Lavrentyev, 2014; López-Ábate et al., 2016). The importance of temporal dynamics has been stressed by Anderson and Harvey (2019), who proposed that μ and g should be measured over annual cycles at weekly to monthly intervals and across ecosystems to provide more accurate predictions of the fate of primary production (and related food web processes) and to ascertain the factors that drive plankton dynamics in contrasting marine regions. In addition, Li et al. (2013) have shown the feasibility of space-for-time substitution for inferring the future structural and compositional state of plankton communities in a given ecosystem from present observations across geographical gradients.

Here, we address the temperature dependence of g:μ in surface natural planktonic communities considering both geographical (i.e., from temperate to polar biomes in coastal and open-ocean ecosystems) and seasonal variability. We compiled a global ocean database using published reports of experimental determinations of μ and g using the dilution or modified dilution method (Landry and Hassett, 1982; Chen, 2015). Our main goal was to quantify the thermal sensitivity of g:μ over geographical and seasonal scales of variability and to assess how its magnitude and direction can be affected by changes in nutrient availability.



MATERIALS AND METHODS


Literature Database

We surveyed the published literature until February 4, 2020 using SCOPUS® and Web of Knowledge® with the following keywords and Boolean operators in advanced searches: (“grazing∗” OR “growth∗”) AND (“microzooplankton∗” OR “phytoplankton∗”) AND (“seasonal variations”) and retrieved a total of 163 studies published from 1988 to 2020. After a detailed inspection of the abstracts, results, and supplementary information, when supplied, we found that 64 studies reported in situ μ and g rates using the dilution method in coastal and open-ocean ecosystems from polar, temperature and tropical biomes worldwide and 20 that reported in situ μ and g rates from the same sampling point/area over time. Additionally, we used in situ phytoplankton μ and microzooplankton g rates from an updated database made by Sherman et al. (2016) from the work by Calbet and Landry (2004).

We conducted a subsequent filtering of the data of μ and g retrieved, whereby data were excluded in the following cases: (1) the linear regression fit between dilution factor and phytoplankton growth rate had a determination coefficient <0.35 (Sherman et al., 2016); (2) growth rates had values of zero, which results in a value of infinite for g:μ; (3) rates in which μ was higher in undiluted treatments than in diluted ones; (4) experiments in which inorganic nutrients were added to the incubation bottles, and (5) experiments that did not expose samples to in situ temperature and light conditions. We focused our study in rates measured under non-enriched conditions because experiments where nutrients were added did not follow a consistent pattern. They differed in chemical forms applied (e.g., nitrate vs. ammonium), concentrations used (nitrate ranging between 0 and 10 μM; phosphate ranging between 0 and 1 μM), and also in the ratios N:P applied. In some cases, other macronutrients (e.g., silicate) and even different micronutrients were also added.

Additionally, and to minimize the potential effect of differences in light availability among sites and experiments, we only considered surface or near-surface waters (<30 m depth). The biomes considered (i.e., tropical, temperate, polar) were established following a latitudinal range (0–29.99°, 30–59.99°, and 60–90°, respectively) from the latitude coordinates given in the studies considered, whereas geographical areas followed the criteria already established by Sherman et al. (2016): open ocean are oceanic habitats, and coastal areas are habitats overlying the continental shelf. The rationale for assessing changes in g:μ ratios for each biome separately was testing how natural plankton communities with a priori different thermal histories respond to changes in temperature.

With the abovementioned considerations, we obtained a total of 473 (n polar = 83, n temperate = 175, n tropical = 215) and 278 (n polar = 53, n temperate = 113, n tropical = 112) valid individual data points for the geographical and seasonal analyses, respectively (Supplementary Figures 1, 2). Additional information compiled was geographical location of the sampling points (latitude and longitude), chlorophyll a concentration (Supplementary Figures 3A, 4A and Supplementary Tables 1, 2), nitrate concentration (Supplementary Figures 3B, 4B and Supplementary Tables 2, 3), and temperature (°C). Considering the scarcity of data on nutrients other than NO3–, and the fact that nitrogen is the primary limiting nutrient in the majority of the ocean (Moore et al., 2013), we focused on NO3– availability to assess the role of nutrient limitation.



Statistical Analysis

From the two original databases, data were divided to study grazing pressure response, as g:μ ratios, in global open-ocean versus coastal ecosystems, in polar, tropical, and temperate ecosystems, as well as in polar, tropical, and temperate open-ocean and coastal ecosystems. By considering temperature as predictor variable, and g:μ as dependent variable, we used ordinary least-squares regression to determine the apparent activation energy of grazing pressure, i.e., the slope (−Ea) of the linear relationship between 1/KT and the natural logarithm of the g:μ ratio, where K is the Boltzmann’s constant (8.62 × 10–5 eV K–1) and T is temperature in K. We used temperature as a single predictor variable because previous stepwise multiple linear regression analyses (with temperature, nitrate and Chl a as predictors) evidenced that it was the only significant variable (data not shown). In the geographical analysis, some g:μ ratios had extremely low values, which were identified as outliers after calculating the lower inner fences using the formula Q1–1.5 × IQR where Q1 is the 25th percentile and IQR is the interquartile range (difference between the 75th and 25th percentiles). Therefore, we tested how the exclusion of such values could affect the slope of the linear fit model and thus the response pattern observed. Since in no case did we find significant differences between models (Supplementary Figure 5 and Supplementary Table 4), we used the slope values obtained after extremely low g:μ data points were excluded. Linear regression models were fitted to assess the relationship between apparent Ea and NO3– availability in the geographical and seasonal approaches. Two-way analysis of the variance (ANOVA) was used to test for interactions between area (i.e., coastal vs. open-ocean) and biome type (i.e., polar/boreal, temperate and tropical) on apparent Ea of g:μ ratio for the geographical study. Also, two-way ANOVA, with study (i.e., this study vs. Calbet and Landry, 2004) and biome or area type (i.e., global comparisons, open-ocean vs. coastal comparisons, and temperate, tropical, and boreal/polar) as factors, were used to test for significant differences between estimates of g:μ ratios. One-way ANOVA, with biome type as factor, was used to test for significant differences in the apparent Ea of g:μ ratio quantified in the seasonal approach. Before performing regression and ANOVA analyses, assumptions of homogeneity of variance (by Shapiro-Wilk’s test and by residual vs. fitted values plots for linear regression) and normal distribution (by Kolmogorov-Smirnov’s test) of the errors, and independence of the predictor variable respect to the explanatory variable (by Pearson’s correlation coefficient) were checked. Because such assumptions were not met for apparent Ea in the seasonal approach, original data were 1/x-transformed. When interactions were significant, a Least Significant Differences (LSD) post hoc test was performed. Student’s t-test was used to evaluate significant differences between apparent Ea values obtained in the geographical analysis using the full dataset and dataset with low g:μ ratios excluded. Mann–Whitney U test was used to test for significant differences in NO3– and Chl a concentrations among biomes and/or within areas in both approaches.



RESULTS


Chl a Concentrations on a Geographical vs. Seasonal Approach

Chl a concentrations showed low median values (<2 μg L–1) regardless of the ecosystem considered; however, such values ranged between ∼0.1 and ca. 18 μg L–1 (temperatecoast), and significant differences were found between most biomes and areas considered (Supplementary Figure 3A and Supplementary Table 1). For the seasonal approach, we also found significant differences in Chl a concentration between biomes, with median values being lower in polar (i.e., 1.35 μg L–1) than in temperate (3.90 μg L–1) and tropical (5.60 μg L–1) regions (Supplementary Figure 4A and Supplementary Table 2). The higher Chl a concentration observed in the tropical biome was likely due to a higher contribution of samples from coastal waters (e.g., estuaries and lagoons).



Nitrate Concentrations on a Geographical vs. Seasonal Approach

Median nitrate concentrations were <1 μM in tropical ecosystems, 3.10–5.40 μM in temperate regions, and 6–21 μM in polar ones. These concentrations were significantly different between coastal and open-ocean areas in polar (Z = −3.76, p < 0.001) and temperate (Z = 2.28, p < 0.05) biomes, but not in tropical ecosystems (Z = −0.60, p = 0.55) (Supplementary Figure 3B and Supplementary Table 3). Nitrate concentrations measured in biomes considered in the seasonal analysis were significantly higher in polar (i.e., ∼10 μM) compared with tropical (i.e., 1.40 μM) and temperate (i.e., 0.80 μM) ones (Supplementary Figure 4B and Supplementary Table 2).



Grazing Pressure by Microzooplankton on a Geographical vs. Seasonal Approach

Global ocean-scale ln g:μ ratios ranged between ∼0 and -3.70 (which corresponds to ca. 0.02–1 in non-transformed values; Supplementary Figure 2A). The strongest grazing pressure was similar in coastal and open ocean ecosystems (i.e., values ∼0, which correspond to g:μ ratios near 1), whereas the weakest was observed in open-ocean ecosystems (i.e., -3.66, or a non-transformed g:μ ratio of 0.06; Supplementary Figures 2B,C). No significant relationship was found between temperature (which ranged from ca. −3 to 31°C) and g:μ ratios, neither when all ecosystems were pooled together nor when we differentiated them by areas (i.e., coastal vs. open-ocean). However, at the biome level, there was a modest but significant negative thermal dependence of g:μ ratios for temperate ecosystems (Ea = -0.10 ± 0.04; R2 = 0.05, F166 = 5.23, p < 0.01; Supplementary Figure 2E). When we performed a detailed geographical analysis, distinguishing between areas and biome types (i.e., polar/boreal, temperature, and tropical), two response patterns emerged: (1) a negative relationship between temperature and g:μ ratios, observed in polar and temperate coastal ecosystems (Figures 1A,B and Supplementary Table 5) as well as in temperate and tropical open-ocean ones (Figures 1E,F and Supplementary Table 5), and (2) a positive relationship between temperature and grazing pressure, as found in tropical coastal and polar open-ocean ecosystems (Figures 1C,D and Supplementary Table 5).
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FIGURE 1. Geographical analysis. Natural logarithm of microzooplankton grazing:phytoplankton growth ratio (g:μ) versus in situ temperature in natural plankton communities from coastal (A–C) and open-ocean (D–F) areas in polar, temperate, and tropical biomes. Solid lines denote the linear regression fit. Data points indicated with filled symbols were excluded from the linear regression analyses (see section “Materials and Methods”).


Over the seasonal scale of variability, g:μ ratios ranged between ∼0 and −3 (or between 0.05 and ∼1 in non-transformed values) over the thermal gradient considered (Figure 2). Also, we found that the magnitude (i.e., slope absolute values) and direction (i.e., positive or negative) of the temperature effect on g:μ ratios was highly variable regardless of the biome (Figure 2 and Supplementary Table 6).
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FIGURE 2. Seasonal analysis. Natural logarithm of microzooplankton grazing:phytoplankton growth ratio (g:μ) versus in situ temperature in natural plankton communities coming from polar, temperate, and tropical biomes. Note that each individually colored solid line represents the linear regression fit of an experimental study performed in a specific coastal study site over time.




Thermal Sensitivity of Grazing Pressure by Microzooplankton: Geographical vs. Seasonal Patterns

From g:μ ratios and temperature we calculated the apparent Ea as shown in Figures 3, 4. Apparent Ea values indicated a variable thermal dependence of g:μ ratios due to a significant biome × area interacting effect (df = 2, F = 15.24, p < 0.001; Figure 3). Temperature exerted a stimulatory effect on g:μ ratio (i.e., increased grazing pressure) in polar open-ocean (∼0.5 eV) and, to a lesser extent, tropical coastal (∼0.2 eV) ecosystems (Figure 3A). By contrast, increasing temperature resulted in decreased grazing pressure in the remaining areas and biomes. Specifically, rising temperature exerted a stronger inhibitory effect in tropical open-ocean ecosystems (Ea ∼−0.4 eV) followed by those on polar coastal and temperate ecosystems, where no significant differences between areas were detected (Ea ∼−0.1 and −0.2 eV) (Figure 3A). Considering the seasonal variability, apparent Ea values showed that the overall mean temperature effect on g:μ ratios was slightly stimulatory, particularly in polar environments; however, due to the large variability existing we did not find significant differences among biomes (df = 2, F = 0.05, p = ∼0.95; Figure 3B).
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FIGURE 3. Mean (±SE) apparent activation energy (Ea) of microzooplankton grazing:phytoplankton growth ratio (g:μ) on a geographical (A) and seasonal (B) analyses in polar, temperate, and tropical biomes.
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FIGURE 4. Mean (±SE) apparent activation energy (Ea) of microzooplankton grazing:phytoplankton growth ratio (g:μ) (A) geographical and (B) seasonal analysis in polar, temperate, and tropical biomes and their relationship with median (±SE) nitrate availability (in mmol NO3– m–3). Solid and dashed lines represent the fitted linear regression models, and numbers next to the symbols indicate the number of estimates obtained for each biome/area.




Thermal Sensitivity of Grazing Pressure by Microzooplankton: Effect of Nitrate Availability

We also explored the relationship between nitrate availability and apparent Ea of g:μ (Figure 4). For the geographical analysis, we found significant and opposite response patterns in open-ocean [y = 0.04 × −0.35, R2 = 0.80, p = 0.0024] and coastal [y = −0.06 × + 0.15, R2 = 0.76, p = 0.0023] ecosystems, with increasing nitrate availability stimulating (i.e., leading to more positive Ea) the temperature dependence of g:μ in open-ocean ecosystems and weakening it in coastal ones (Figure 4A). In the seasonal analysis, we found a positive but not significant relationship between the temperature sensitivity of g:μ ratio and nitrate availability ([y = 0.15 × −0.02, R2 = 0.31, p = 0.1180; Figure 4B).



Recent vs. Previous Estimates of Grazing Pressure by Microzooplankton in the Ocean

Finally, we compared our g:μ estimates with previous results by Calbet and Landry (2004; Figure 5). Although our database included a ∼50% of new estimates (i.e., 219 estimates), we found that g:μ ratios, i.e., the percentage of primary production grazed by microzooplankton, was similar in the two studies, regardless of the biome or region considered. However, in our dataset, microzooplankton grazing represented, on average, 56% of phytoplankton production, compared with ∼68% found by Calbet and Landry (Table 2; reduced dataset).
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FIGURE 5. Mean (±SE) microzooplankton grazing:phytoplankton growth ratios (g:μ,%) in global ocean, open-ocean vs. coastal ecosystems, and temperate, tropical, and polar/boreal biomes. Solid bars represent estimates extracted from Table 2 (reduced data) of Calbet and Landry (2004). Letters and numbers on top of bars represent significant differences by LSD post hoc test.




DISCUSSION

Our results show that the temperature dependence of grazing pressure is highly variable among biomes and regions. This high variability is particularly marked (up to three-fold higher) when the thermal dependence is addressed over a seasonal instead of a geographical scale. In addition, we found that even within the same biome (i.e., polar), rising temperature can exert a dual effect, accentuating or reducing grazing pressure. These patterns differ from predictions by MTE (Brown et al., 2004; Bruno et al., 2015) and field observations supporting an increased grazing pressure with rising temperature (O’Connor et al., 2009; Chen et al., 2012; Carr et al., 2018; Liu et al., 2021a,b). By contrast, our results align with experimental evidence showing a negative relationship between temperature and grazing pressure (Menden-Deuer et al., 2018; Liu et al., 2019). Although the latter studies considered only short-term and transient responses to abrupt temperature changes, recent findings have shown that lack of acclimation do not necessarily affect microzooplankton activity (Franzè and Menden-Deuer, 2020).

According to the MTE, the different Ea of autotrophic versus heterotrophic metabolic rates arises because RUBISCO has a lower thermal sensitivity than processes associated with heterotrophy (Allen et al., 2005). However, these predictions are based on land plant ecophysiology and do not consider some particular characteristics of photosynthetic unicells (i.e., presence of inorganic carbon concentrating mechanisms, Raven et al., 2008), and additional constraints such as the different availability of CO2 in water and air and the different solubility of CO2 and O2 (Sarmiento and Gruber, 2013). A recent study by Wang et al. (2019) challenging this paradigm proposes that the thermal sensitivity of autotroph growth rates can be as high as that of heterotroph growth when considering within-taxon responses. In addition, considering that gross growth efficiency is relatively constrained in microzooplankton (∼30%; Straile, 1997) which means that the coupling between grazing and growth is high, it is likely that both rates exhibit comparable thermal sensitivity. A similar Ea for both phytoplankton growth and microzooplankton grazing would explain the absence of thermal dependence of grazing pressure (g:μ ratio) reported by Sherman et al. (2016), which differs from the results reported here, where temperature either stimulated or inhibited grazing pressure.

One unexpected result from our geographic analysis is that grazing pressure decreased with increasing temperature in four of the six ecosystems considered. Several non-exclusive mechanisms may help explain this pattern. For instance, secondary metabolites with allelopathic effect such as polyunsaturated aldehydes (PUA), which are abundant both in coastal and open-ocean areas and oceanic gyres (Cózar et al., 2018), can be a strong deterrent for microzooplankton herbivory (Franzè et al., 2018). Compounds produced by dominant phytoplankton groups in coastal and open-ocean areas (e.g., PUAs by diatoms, microcystins-like compounds by Synechococcus) have been shown to inhibit microzooplankton growth in natural communities (Lavrentyev et al., 2015; Sliwinska-Wilczewska et al., 2017). These allelopathic effects can be enhanced by warming (Felpeto et al., 2019) and nutrient-limited conditions (Fistarol et al., 2005). Also, warmer environments and/or low (or limiting) nutrient availability can lead to increased phytoplankton carbon:nutrient stoichiometry, i.e., seston with reduced nutritional quality (De Senerpont Domis et al., 2014), which constitutes an effective defense mechanism against herbivore predators (Branco et al., 2020), and could help explain inverse relationship between temperature and grazing pressure found in temperate, tropical open-ocean and polar coastal ecosystems. A negative relationship between temperature and g:μ may have also arisen from a decrease in microzooplankton biomass with increasing temperature. In this connection, Chen et al. (2012) showed that a reduced grazing pressure with increasing temperature in oligotrophic waters was associated with a decrease in microzooplankton biomass. Moreover, global-ocean-scale findings by Chust et al. (2014) suggest that rising temperatures will accentuate these reductions in zooplankton biomass by 11%, on average, and that they will be particularly prevalent in temperate and tropical coastal and open-ocean areas. The decreased microzooplankton biomass could be due to a higher energetic demand (e.g., respiration; Clarke and Frasser, 2004) or feeding thresholds (Buitenhuis et al., 2010) imposed by warm temperatures. Finally, and because we used data from natural plankton assemblages, it is likely that different populations making up the phytoplankton assemblage were experiencing different growth phases (i.e., exponential vs. stationary) at the same time. For instance, Synechococcus populations in the early-mid exponential growth phase have been shown to suffer larger predation by Oxyrrhis marina than populations in stationary phase (Apple et al., 2011). Thus, the reduced grazing pressure reported here in some areas could be also consequence that the communities studied were dominated by phytoplankton populations in stationary growth phases.

The deviation in the thermal sensitivity of grazing pressure from MTE predictions may also arise because of other ecological (e.g., community composition, biomass availability) and environmental (e.g., nitrate concentration) factors that covary with temperature. For instance, we found that a higher nitrate availability (>7 mmol m–3) was associated with a stimulatory effect of temperature on grazing pressure in open-ocean areas, and an inhibitory one in coastal ones. One plausible explanation could be the above mentioned fact that low nutrient availability increases the carbon:nutrient ratios in phytoplankton, thus reducing its nutritional quality for grazers and potentially reducing losses to grazing.

To the extent that the variability observed reflects the response of organisms acclimated and adapted to local thermal conditions, the observed patterns are relevant to predict the response of marine plankton communities to ocean warming. The highly variable apparent temperature dependence of grazing pressure by microzooplankton on a geographical and seasonal scale suggests that communities inhabiting polar regions could be as sensitive to warming as those inhabiting tropical ones, hence rising temperatures will not necessarily have the strongest effect on tropical species, as traditionally thought, because their optimal temperature for growth is close to current mean temperature (Kingsolver, 2009; Thomas et al., 2012).

Our analysis covered a wide range of marine environments characterized by markedly different phytoplankton size structure [from a dominance by small cells in unproductive regions to a dominance by large cells in highly productive ones; see reviews by Chisholm (1992) and Marañón (2015)]. We found that the proportion of primary production grazed by microzooplankton in all regions is relatively similar, in line with previous ocean-scale patterns reported in regions with contrasting phytoplankton size structure (Schmoker et al., 2013). A similar grazing pressure in ecosystems with widely different size structure (coast vs. open-ocean) is at odds with the view that large cell size provides a refuge from predation (Kiørboe, 1993) and that the increased dominance of larger cells during blooms arises solely from a top-down mechanism (Irigoien et al., 2005). An alternative though not mutually exclusive mechanism is that large (e.g., 10–20 μm in diameter) cells are capable of sustaining faster maximum growth rate than their smaller counterparts (Marañón et al., 2013), thus being more successful in exploiting conditions of enhanced resource availability.

In conclusion, our study reveals a complex relationship between temperature and microzooplankton grazing pressure in marine ecosystems. Rising temperature stimulates grazing pressure by microzooplankton in polar open-ocean and tropical coastal environments, which could potentially reduce the amount of newly produced biomass available for direct transfer to upper trophic levels, thus favoring the microbial food web. On the other hand, increasing temperature is associated with decreased grazing pressure in the remaining regions, potentially favoring the herbivorous food chain. Increased nutrient availability enhances the thermal dependence of grazing pressure in open-ocean ecosystems but attenuates it in coastal ones, particularly in polar environments.
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Ocean-related global change has strongly affected the competition between key marine phytoplankton groups, such as diatoms and dinoflagellates, especially with the deleterious consequency of the increasing occurrence of harmful algal blooms. The dominance of diatoms generally shifts toward that of dinoflagellates in response to increasing temperature and reduced nutrient availability; however, contradictory findings have also been observed in certain sea areas. A key challenge in ecology and biogeochemistry is to quantitatively determine the effects of multiple environmental factors on the diatom-dinoflagellate community and the related changes in elemental and biochemical composition. Here, we test the interplay between temperature, nutrient concentrations and their ratios on marine diatom-dinoflagellate competition and chemical composition using bi-algal competition experiments. The ubiquitous diatom Phaeodactylum tricornutum and dinoflagellate Prorocentrum minimum were cultivated semi-continuously, provided with different N and P concentrations (three different levels) and ratios (10:1, 24:1, and 63:1 molar ratios) under three temperatures (12, 18, and 24°C). The responses of diatom-dinoflagellate competition were analyzed by a Lotka-Volterra model and quantified by generalized linear mixed models (GLMMs) and generalized additive models (GAMs). The changes in nutrient concentrations significantly affected diatom-dinoflagellate competition, causing a competitive superiority of the diatoms at high nutrient concentrations, independent of temperature and N:P supply ratios. Interestingly, the effect amplitude of nutrient concentrations varied with different temperatures, showing a switch back toward a competitive superiority of the dinoflagellates at the highest temperature and at very high nutrient concentrations. The ratios of particulate organic nitrogen to phosphorus showed significant negative correlations with increasing diatoms/dinoflagellates ratios, while lipid biomarkers (fatty acids and sterols) correlated positively with increasing diatoms/dinoflagellates ratios over the entire ranges of temperature, N and P concentrations and N:P ratios. Our results indicate that the integration of phytoplankton community structure and chemical composition provides an important step forward to quantitatively understand and predict how phytoplankton community changes affect ecosystem functions and biogeochemical cycles in the ocean.
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INTRODUCTION

The changes in hydrological conditions and climate warming have strongly influenced phytoplankton community composition, which consequently affects marine food webs and biogeochemical cycles as different phytoplankton groups have varying contributions to the ocean’s biological pump (Falkowski and Oliver, 2007). It has been increasingly realized that the pivotal roles of key phytoplankton groups in marine ecosystems relate with distinctive chemical composition of each group (Dalsgaard et al., 2003; Volkman, 2003; Weber and Deutsch, 2010; Shemi et al., 2016; Jo et al., 2021). C:N:P stoichiometry in marine phytoplankton primarily reflects the evolutionary inheritance, e.g., lower N:P molar ratios in diatoms compared to dinoflagellates (Quigg et al., 2003). Determining biologically and abiotically driven variability in phytoplankton C:N:P stoichiometry (particulate organic carbon to nitrogen (POC/PON) and particulate organic nitrogen to phosphorus (PON/POP) hereafter) is of critical importance for understanding ocean biogeochemical cycles and their interactions with environmental changes (Tyrrell, 1999; Martiny et al., 2013; Lee et al., 2021). Equally important is biochemical composition in phytoplankton. Certain phytoplankton-produced biomolecules (biomarkers), such as fatty acids (FAs) and sterols have been applied as trophic markers for tracing food web structures (Dalsgaard et al., 2003; Martin-Creuzburg and von Elert, 2009; Ruess and Müller-Navarra, 2019; Kohlbach et al., 2021) and as proxies for reconstructing phytoplankton community structure in the past and present-day ocean (Schubert et al., 1998; Zimmerman and Canuel, 2002; Wu et al., 2016; Wang et al., 2019). Ocean-related global change has significant effects on the chemical composition of phytoplankton (Guschina and Harwood, 2009; Hixson and Arts, 2016; Ding et al., 2019; Bi et al., 2020), e.g., showing up to a 83% increase in stoichiometric P:C in response to warming and a 76% increase in carbon-normalized contents of polyunsaturated fatty acids (PUFAs) in response to nutrient deficiency (Bi et al., 2017). Despite this increasing awareness of strong variations in the chemical composition of phytoplankton, little is known about the quantitative relationship between marine phytoplankton community structure and its chemical composition in the changing environments.

Diatoms and dinoflagellates are major phytoplankton groups in the ocean. Diatoms contribute as much as 40% of the total annual organic carbon production in the sea and occupy the base of the simple, ecologically efficient food web which is typical at high nutrient regimes with rapid changes of light conditions (Sommer et al., 2002; Armbrust et al., 2004). Adaptation of diatoms to such environments has resulted in their evolution of photosynthetic and metabolic machinery optimized to different nutrient and light regimes (Lavaud et al., 2004; Gao et al., 2018; Smith et al., 2019; Fisher et al., 2020). In contrast, dinoflagellates are favored following seasonal stratification and nutrient depletion in eutrophic coastal seas, fuel microbial food webs and have the potential to form harmful algal blooms (Margalef, 1978; Smayda, 2002; Sommer et al., 2002; Delwiche, 2007). Diatoms and dinoflagellates have distinct biochemical composition. For example, diatoms contain high levels of 16:1n-7, EPA (eicosapentaenoic acid, 20:5n-3) and brassicasterol/epi-brassicasterol, and high ratios of 16:1n-7/16:0 and EPA/DHA (docosahexaenoic acid, 22:6n-3), while characteristic FAs and sterols of dinoflagellates are 18:0; 18:1, DHA, and dinosterol (Dalsgaard et al., 2003; Volkman, 2003; Bi et al., 2014; Jiang et al., 2016). Such differences in biochemical composition have shown strong effects on trophic carbon transfer between phytoplankton and consumers (Müller-Navarra et al., 2000; Martin-Creuzburg and von Elert, 2009; Malzahn et al., 2010; Bi and Sommer, 2020). Also, on a long-term scale the shift in the diatom-dinoflagellate community have been reported in many areas of the ocean, which were driven by environmental changes induced by anthropogenic and climatic forcing (Schubert et al., 1998; Xing et al., 2016; Yuan et al., 2020).

Temperature and nutrients (N and P) are the most important factors controlling the diatom-dinoflagellate community (Glibert et al., 2011; Cross et al., 2015; Sunagawa et al., 2015; Cloern et al., 2016). The ocean is simulated to be warmed 5- to 7-fold from today to 2100 compared with the change from 1970 until today, according to the RCP8.5 scenario of the high emissions (Bindoff et al., 2019). The external supply of N and P to the ocean has increased, with a projected total input of 50:1 in N:P molar ratios to the ocean by 2050 (Moore et al., 2013). N:P ratios have strong variations, e.g., a molar ratio of 6:1 in the Southeast Pacific Gyre (Bonnet et al., 2008) and up to 100:1 in summer in certain areas of the East China Sea (ECS) (Wu et al., 2016). Warming, eutrophication and imbalanced N:P ratios have caused dramatic changes in the diatom-dinoflagellate community, which is typified by an increase in relative abundance of dinoflagellates compared to diatoms, with dinoflagellates becoming dominant together with diatoms or being the only dominant group (Xie et al., 2015; Liu et al., 2016; Siemering et al., 2016; Carreto et al., 2018).

However, contrasting observations have been obtained on the responses of diatom-dinoflagellate communities to temperature and nutrient availability changes. An increase in temperature generally enhances the abundance of dinoflagellates but not diatoms (Morse et al., 2013; Jiang et al., 2015; Xie et al., 2015); in contrast, an increase in the relative abundance of diatoms vs. dinoflagellates with increasing temperature has been found in different sea areas, such as the northeast Atlantic and North Sea (Hinder et al., 2012) and Chilean Patagonian fjord (Montero et al., 2017). While diatoms usually dominate at high nutrient conditions at both global and local scales (Aubry et al., 2004; Guo et al., 2014a; Rousseaux and Gregg, 2015; Mutshinda et al., 2016), some have reported the dominance of dinoflagellates at high nutrient conditions (Lotze and Milewski, 2004; Liu et al., 2016; Klais et al., 2017). An increasing N:P ratios often negatively correlates with the diatoms/dinoflagellates ratio (Zhang, 2009; Glibert et al., 2011; Guo et al., 2014b); however, a positive correlation has been also found in some coastal areas (Hodgkiss and Ho, 1997; Heisler et al., 2008; Xiao et al., 2013). Such seemingly contradictory findings on diatom-dinoflagellate competition can be largely attributed to the interplay between multiple environmental factors, especially between warming and eutrophication (Lewandowska et al., 2014; Cross et al., 2015; Xiao et al., 2018; Gerhard et al., 2019). While increasing attention has been devoted to experimentally study the effects of temperature and/or nutrient conditions on the diatom-dinoflagellate community (Wang et al., 2006; Lassen et al., 2010; Huang et al., 2012; Bach et al., 2020), our quantitative knowledge of these effects is still inadequate.

In this study, laboratory experiments were conducted to investigate the responses of a diatom-dinoflagellate community to the interactions between temperature, N and P concentrations and their ratios. In particular, we focus on quantitatively assessing the changes in elemental stoichiometry and lipid biomarkers associated with the shifts of community composition. We hypothesize that (1) dinoflagellates have the competitive superiority at high temperature, as well as at combined conditions of low temperature, high N:P supply ratios and a low nutrient regime; diatoms have the competitive superiority at combined conditions of low temperature, low N:P supply ratios and a low nutrient regime, as well as at low temperature and a high nutrient regime (Figure 1); and (2) the changes in elemental and biomarker composition can quantify the shifts in a diatom-dinoflagellate community under different temperature and nutrient conditions.
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FIGURE 1. Hypothetic responses of diatoms vs. dinoflagellates to the changes in temperature, N:P supply ratios and nutrient concentrations. Dinoflagellates have the competitive superiority at high temperature, as well as at combined conditions of low temperature, high N:P supply ratios and a low nutrient regime. Diatoms have the competitive superiority at combined conditions of low temperature, low N:P supply ratios and a low nutrient regime, as well as at low temperature and a high nutrient regime.




MATERIALS AND METHODS


Experimental Set-Up

The phytoplankton species used in the experiments were the diatom Phaeodactylum tricornutum (Code No.: MACC/B254, supplied by the Microalgae Culture Center at the Ocean University of China) and the dinoflagellate Prorocentrum minimum (Code No.: HYESL63, isolated from the ECS and supplied by Microalgae Germplasm Bank in the Second Institute of Oceanography, the Ministry of Natural Resources). Both monocultures and bicultures of the two species were exposed to a salinity of 37 psu and a light intensity of 100 μmol photons m–2 s–1 with a light:dark cycle of 12:12 h in temperature-controlled cabinets of 12, 18, and 24°C. The light intensity used in this study did not limit the growth of P. tricornutum and P. minimum (Beardall and Morris, 1976; Grzebyk and Berland, 1996). The chosen temperatures cover the optimal values for the growth of the two species (Grzebyk and Berland, 1996; Bojko et al., 2013), and the range of 6°C was set based on the ocean general circulation model under the scenarios of IPCC SRES A1F1 (Lewandowska et al., 2014). In bicultures, two species were mixed from the beginning on in the experiments. The culture medium was prepared according to the modified Provasoli’s medium (Provasoli, 1963; Ismar et al., 2008). Enrichment nutrient solutions were added to sterile filtered (0.2 μm pore size, Sartobran® P 300) sea water. Sodium nitrate and potassium dihydrogen phosphate were added to achieve the molar ratios of 10:1, 24:1, and 63:1 at three different nutrient concentration levels (Table 1). Sodium silicate was added to the medium at a concentration of 880 μmol L–1 in all treatments. At the normal nutrient level, N and P concentrations were comparable with those in the f/2 medium, which has been widely used as a general enriched seawater medium for culturing coastal marine algae (Harrison and Berges, 2005), while a 5-fold increase in N and P concentrations from the normal to high nutrient level covered the ranges of nutrient concentration changes in natural conditions, such as in the ECS (Xiao et al., 2018). The intermediate level of N:P supply ratios (24:1) was also consistent with that in the f/2 medium. The culture volume was 200 mL, and each treatment was replicated three times. All culture flasks were carefully agitated twice per day at a set time to minimize sedimentation. Prior to the experiments, the two species were maintained under the tested conditions for more than 12 generations to ensure that lipid composition of phytoplankton reflected acclimated responses (Burkhardt et al., 1999; Reinfelder, 2012).


TABLE 1. N and P concentrations (μmol L–1) and their molar ratios in bi-algal competition experiments.

[image: Table 1]Batch cultures were first set for each treatment across a fully factorial combination of three temperatures (12, 18, and 24°C), three N:P supply ratios (molar ratios 10:1, 24:1, and 63:1) and three nutrient concentration levels. The observed maximal growth rate (μmax, d–1) was calculated based on cell numbers within the exponential growth phase of batch cultures (Supplementary Table 1). Once the early stationary phase was reached, semi-continuous cultures were initiated with the algae from batch cultures. For bicultures, the growth of the diatom P. tricornutum was used to determine the start of semi-continuous cultures. In semi-continuous cultures, the gross growth rate (μ, d–1) was set as 20% of μmax. The volume of the daily renewal medium was determined by multiplying the daily renewal rate (D, d–1; D = 1 – e–μ × t, where t is renewal interval which was 1 d in the experiments) by the culture volume (200 mL). As both species had different μmax in bicultures, μ of P. tricornutum was used to define the daily renewal rate. Steady state of semi-continuous cultures was assessed based on the net growth rate (r, d–1), i.e., the difference between μ and the loss rate (r = μ - D). In semi-continuous cultures, population losses result from the process of daily renewal incubation water, and the loss rate equals the renewal rate (D). At steady state in monocultures, μ was equivalent to D, and r was zero, while in bicultures, a zero net growth rate existed for both species if they coexisted, and for the dominant species when the other was driven to low abundances or excluded.



Sample Analysis

Algal cells were harvested at steady state in semi-continuous cultures. The following parameters were analyzed: Cell density, POC, PON, POP, FAs, and sterols. Cell density was measured daily during the experiments using an improved Neubauer hemacytometer (Glaswarenfabrik Karl Hecht GmbH) under a microscope (Olympus CX41) (Supplementary Figure 1). Algal cells for elemental and lipid biomarker analysis were harvested by filtration on pre-combusted and hydrochloric acid-treated GF/F filters (Whatman) at the same time. Filtration volumes were 15–30 mL depending on cell density. After filtration, all samples were frozen at -80°C until analysis.

The determination of POC and PON was carried out after Sharp (1974) by gas chromatography in an organic elemental analyzer (Thermo Flash 2000), with organic analytical standards atropine (Thermo Fisher Scientific) and a low organic content soil (Elemental Microanalysis Ltd.) as standards. POP was analyzed by converting organic phosphorus compounds to orthophosphate (Hansen and Koroleff, 1999) and measured colorimetrically at 880 nm with a spectrophotometer (HITACHI U-2910).

Lipid biomarkers (sterols and FAs) were measured according to Zhao et al. (2006). Briefly, freeze-dried samples were extracted with the mixture of dichloromethane and MeOH (3:1, vol/vol) for eight times, with C19 n-alkanol and nonadecanoic acid (19:0) as internal standards. After hydrolysis with 6% KOH in MeOH, the extracts were separated into polar and apolar fractions using silica gel chromatography. The polar lipid fraction (containing brassicasterol/epi-brassicasterol and dinosterol) was eluted with 22-mL dichloromethane/methanol (95:5, vol/vol) and dried under a gentle N2 stream. After elution, the polar fractions were silylated with 80 μL BSTFA (N, O-bis(trimethylsilyl)-trifluoroacetamide) at 70°C for 1 h. FAs in the acid fraction were derivatized to corresponding fatty acid methyl esters (FAMEs) with MeOH/HCl (95:5, 12 h at 70°C). Sterols and FAMEs were quantified based on internal standards on a gas chromatograph with flame ionization detection (GC-FID; Agilent Technologies 7890A). The GC columns for sterol and FA analysis were HP-1 (50 m × 0.32 mm i.d., 0.17-μm film thickness; Agilent J&W) and SP-2560 (100 m × 0.25 mm i.d., 0.20-μm film thickness; Supelco), respectively. Sterols were identified according lab standards, while FAs were identified with reference to commercially available standards, Supelco 37 component FAME mixture and Supelco Menhaden fish oil.



Data Analysis and Statistics

Species interactions were estimated by fitting Lotka-Volterra model (Eqs. 1 and 2):
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where Ndiatom and Ndino (104 cells ml–1) represent cell density of the diatom P. tricornutum and the dinoflagellate P. minimum, respectively, during semi-continuous cultures. [image: image] and [image: image] are thus calculated for the period of semi-continuous cultures. rdiatom (d–1) and Kdiatom (104 cells ml–1) are the maximum growth rate and carrying capacity for P. tricornutum in monoculture, and rdino and Kdino for P. minimum (Supplementary Table 1). In this model, α and β are interaction coefficients, with α representing the impact of the dinoflagellates on the diatoms and β indicating that of the diatoms on the dinoflagellates. In this study, we focused on the impact of the dinoflagellates and the diatoms, as ocean-related global change generally enhances the competitive superiority of dinoflagellates over diatoms in many areas of the ocean (Morse et al., 2013; Xie et al., 2015; Carreto et al., 2018). Thus, we analyzed the responses of α. The dinoflagellates have the competitive superiority at α > 0; the diatoms have the competitive superiority at α < 0; and there is no competitive superiority for either species at α = 0.

Generalized linear mixed models (GLMMs) were used to investigate the factors determining phytoplankton competition, stoichiometric and lipid biomarker contents. Response variables were cell density, the interaction coefficient α, C:N:P stoichiometric molar ratios, FA biomarkers (16:1/16:0 and EPA/DHA), sterol biomarkers [the ratios of brassicasterol/epi-brassicasterol to (brassicasterol/epi-brassicasterol + dinosterol), B/(B + D)], with temperature, N:P supply ratios and nitrate concentrations as fixed effects. Target distributions were tested and link functions were consequently chosen. For all response variables, models containing first-order effects of the three factors, and second- and third-order interactions of all factors were tested. Model selection with the Akaike Information Criterion corrected (AICc) was used to determine the model that best predicted targets. A lower AICc value represents a better fit of the model, with 10 units or more difference being considered as a reasonable improvement in the models. If the difference in AICc values was smaller than 10 units, the simpler model was chosen, unless significant second- or third-order interactions were detected. Models containing only first-order effects of temperature, N:P supply ratios and nutrient concentrations were selected as the best models for interaction coefficient α, POC/PON, PON/POP, 16:1/16:0, and EPA/DHA, while that containing first-order effects and second-order interactions was chosen for B/(B + D) (Supplementary Table 2).

Generalized additive models (GAMs) were used to determine the amplitude of the response of the competition coefficient α to nitrate concentration under different temperatures, i.e., the difference between α at the strongest and the weakest effect of nitrate concentration under certain temperature condition. The GAMs were fitted separately for each of the three temperatures, as well as to the data from all temperature treatments. The partial additive effect of nitrate concentration on the coefficient α was visualized by GAM curves of partial residuals of the non-linear terms. The GAM results show that the individual temperature models explained 34.3–73.5% of the deviance in α, while the joined model with three temperatures explained 33.5% of the deviance (Table 2). Also, r2 and generalized cross-validation (GCV)-values were better in the individual temperature models than the joined model in most cases. Thus, the individual temperature models were selected, from which GAM curves of partial residuals of the non-linear estimation are presented in our study.


TABLE 2. Generalized additive model (GAM) results.

[image: Table 2]Linear regressions were conducted to test the relationship between PON/POP (and 16:1/16:0 and EPA/DHA) and the cell ratios of diatoms to dinoflagellates. Also, the correlations between B/(B + D) and the cell ratios of diatoms to the sum of diatoms and dinoflagellates were analyzed.

GLMMs and linear regressions were conducted in SPSS 19.0 (IBM Corporation). GAM was conducted using the “gam” function from the package mgcv (Wood, 2017) in R version 3.5.1 (R Development Core Team, 2010). Significance level was set to p < 0.05 in all statistical tests.



RESULTS


Diatom-Dinoflagellate Competition Response

Dinoflagellates had the competitive superiority (α > 0) under low nutrient concentrations, but diatoms had the competitive superiority (α < 0) under high nutrient concentrations (Figure 2). The interaction coefficient α responded significantly to nutrient concentration changes (GLMMs; Table 3), showing a decrease as nutrient concentrations increased (Figure 2), while its responses to temperature and N:P supply ratios were not significant.


TABLE 3. Results of the selected GLMMs testing for the effects of temperature, N:P supply ratios, and nitrate concentrations on interaction coefficient α, POC/PON, PON/POP, 16:1/16:0, EPA/DHA and the ratios of brassicasterol/epi-brassicasterol to (brassicasterol/epi-brassicasterol + dinosterol) [B/(B + D)] in bicultures.
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FIGURE 2. The responses of the interaction coefficient α to temperature, N:P supply ratios and nutrient concentrations in the bicultures of Phaeodactylum tricornutum and Prorocentrum minimum. At α > 0 dinoflagellates have the competitive superiority, while diatoms have the competitive superiority at α < 0. There is no competitive superiority for either species at α = 0.


The response amplitude of the competition coefficient α to nitrate concentration decreased with increasing temperature (Figure 3). The y-axis of Figure 3 indicates the partial additive effect of nitrate concentration on interaction coefficient α, with s () as the shorthand for fitting smoothing splines. While temperature per se had no overall effect on coefficient response, it was the amplitude of the response that was affected, not the direct response. Indeed, we observed that the interaction coefficient α also varied with temperature, showing higher values at the lowest temperature under normal-nutrient conditions, but higher values at higher temperatures under the highest nutrient concentrations (α > 0 indicating the competitive superiority of dinoflagellates; Figure 2).
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FIGURE 3. Partial residuals of the non-linear estimation from the generalized additive models (GAMs) with smoothing splines. The y-axis indicates the partial additive effect of nitrate concentration on interaction coefficient α, and s () is the shorthand for fitting smoothing splines. The solid curves are the estimates of the smooth with GAMs, and the dots represent observed data points. The summary of GAM results is shown in Table 2.




C:N:P Stoichiometry of Particulate Organic Matter

POC/PON responded significantly to changes in nutrient concentrations, but not to temperature or N:P supply ratios (GLMMs; Table 3 and Supplementary Table 1). POC/PON decreased with increasing nutrient concentrations (Figure 4A).
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FIGURE 4. The responses of C:N:P stoichiometry in particulate organic matters (mean ± SE) to temperature, N:P supply ratios and nutrient concentrations in the bicultures of Phaeodactylum tricornutum and Prorocentrum minimum: (A) POC/PON and (B) PON/POP.


PON/POP responded significantly to nutrient concentrations and N:P supply ratios, but not to temperature (GLMMs; Table 3), showing general higher values at lower nutrient concentrations and higher N:P supply ratios (Figure 4B and Supplementary Figure 2). PON/POP showed a significant negative correlation with increasing diatoms/dinoflagellates cell ratios (Linear regression, p = 0.001; Figure 5A).
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FIGURE 5. The correlations between PON/POP (and lipid biomarker ratios) and cell density ratios of diatoms/dinoflagellates [or diatoms/(diatoms + dinoflagellates)] under three levels of nutrient concentrations over the entire ranges of temperature and N:P supply ratios in the bicultures of Phaeodactylum tricornutum and Prorocentrum minimum: (A) PON/POP, (B) 16:1/16:0, (C) EPA/DHA, and (D) the ratios of brassicasterol/epi-brassicasterol to (brassicasterol/epi-brassicasterol + dinosterol) [B/(B + D)].




Lipid Biomarkers—Fatty Acids and Sterols

Of the 22 FA components identified in our study, seven contributed largely to TFAs (>5% of TFAs) over the entire ranges of temperature, N:P supply ratios and nutrient concentration levels (Supplementary Table 3). These included the saturated 14:0 and 16:0, monounsaturated 16:1n-7 and 18:1n-9c, and polyunsaturated 18:2n-6c, EPA and DHA. The ratios of both 16:1n-7 to 16:0 (16:1/16:0) and EPA to DHA (EPA/DHA) responded significantly to the changes in nutrient concentrations (GLMMs; Table 3), showing an increase with increasing nutrient concentrations (Figures 6A,B). Moreover, EPA/DHA also changed significantly with temperature and N:P supply ratios, showing overall higher values at higher temperatures and lower N:P ratios. 16:1/16:0 and EPA/DHA correlated positively with the cell density ratios of diatoms/dinoflagellates (Linear regression, p < 0.001; Figures 5B,C).
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FIGURE 6. The responses of lipid biomarker ratios (mean ± SE) to temperature, N:P supply ratios and nutrient concentrations in the bicultures of Phaeodactylum tricornutum and Prorocentrum minimum: (A) 16:1/16:0, (B) EPA/DHA, and (C) the ratios of brassicasterol/epi-brassicasterol to (brassicasterol/epi-brassicasterol + dinosterol) [B/(B + D)].


Brassicasterol and dinosterol were two major sterols detected in bicultures (Supplementary Table 3). The ratios of brassicasterol/epi-brassicasterol to (brassicasterol/epi-brassicasterol + dinosterol) [B/(B + D)] responded significantly to the interactions of temperature and nutrient concentrations (GLMMs; Table 3), showing a decrease with increasing temperature at the lowest nutrient concentration (Figure 6C). B/(B + D) showed significant positive correlations with the cell density ratios of diatoms to the sum of diatoms and dinoflagellates (Linear regression, p < 0.001; Figure 5D).



DISCUSSION

This study shows that the effect of nutrient concentrations is key in regulating diatom-dinoflagellate competition, as revealed by the competition coefficient, elemental stoichiometry and lipid biomarkers (FAs and sterols). Significant effects of temperature and N:P supply ratios were only observed on certain competition indices. Specifically, our results show competitive superiority of the diatom P. tricornutum over the dinoflagellate P. minimum at high nutrient concentrations, which holds independently of temperature conditions and N:P supply ratios in the culture medium. Although temperature showed non-significant effects on the competition coefficient, the variation in temperature altered the response amplitude of diatom-dinoflagellate competition to nutrient concentration changes, showing the interaction between the two environmental factors, consistent with previous findings in eutrophic coastal areas (Xiao et al., 2018). The changes in temperature and N:P supply ratios had significant effects on elemental and lipid composition in the diatom-dinoflagellate community, e.g., the increase in N:P ratios causing significant higher PON/POP at the two low nutrient levels. Such variations in chemical composition of the diatom-dinoflagellate community significantly correlated with the changes in the relative abundance of diatoms and dinoflagellates.


Diatom-Dinoflagellate Competition Under Different Temperature and Nutrient Regimes

Nutrient concentrations had significant effects on the interaction coefficient α of the diatom-dinoflagellate competition (Table 3). Specifically, the responses of the interaction coefficient α to nitrate concentration reveal two scenarios. On the one hand, interaction coefficient α showed a switch from a competitive superiority of the dinoflagellates to the diatoms as nitrate concentration increased at the low nutrient regime (Figure 3), indicating that the dinoflagellates favor low nutrient condition, but the diatoms favor high nutrients. Our results are consistent with the succession trends in phytoplankton communities in the world ocean where high concentrations of nitrate are encountered, mainly in highly eutrophic bays and river inlets (Aubry et al., 2004; Gettings et al., 2014; Mutshinda et al., 2016; Barcelos e Ramos et al., 2017; Ratmaya et al., 2019). For example, the Bay of Brest received high-nitrate-loaded freshwater (>700 μmol L–1) in winter in 1990s, which supported a diatom-dominated spring bloom (Del Amo et al., 1997). Comparable situations have been reported for the Changjiang Estuary and adjacent shelf of the ECS and southern Yellow Sea, where diatoms dominated within river plume and high-DIN regions (up to 50 μmol L–1), while the density of dinoflagellates was typically high at low-nutrient areas outsides diatom-blooming zones (Jiang et al., 2015, 2019). The diatom-dinoflagellate succession along nitrate concentration changes aligns with ecological traits defined by Margalef (1978). The diatom P. tricornutum appeared to have high requirements for nutrients (r-strategy), and the dinoflagellate P. minimum outcompeted the diatoms at low nutrient conditions (K-strategy). Genetic analysis has shown the remodeling of intermediate metabolism in P. tricornutum, allowing the diatoms to efficiently respond to changes in nitrogen availability and thereby to become ecologically successful in the aquatic environments where nitrogen can be introduced rapidly through turbulence (Levitan et al., 2015; Smith et al., 2019). In contrast, dinoflagellate abundance has shown a positive correlation with N-acquisition genes, which is linked to the competitive advantage of dinoflagellates at low nutrient conditions (Zhuang et al., 2015; Elferink et al., 2020).

On the other hand, the response amplitude of the interaction coefficient α to nitrate concentration shows a switch back toward competitive superiority of the dinoflagellates at the high nitrate regime (Figure 3). Note that only at the highest temperature (24°C) and only at the very high nitrate concentrations, the partial residuals of the non-linear terms in the GAM plot truly became positive again (the red curve in Figure 3). The results are in agreement with field observations, which show that climate warming and high nutrient concentration play a dominant role in the phytoplankton assemblage changing from the diatoms to the dinoflagellates in different regions, e.g., the Chesapeake Bay (Malone, 1992), the north Atlantic (Leterme et al., 2005), the western English Channel (Xie et al., 2015), and the Baltic Sea (Spilling et al., 2018). In particular, the extent of the increase in nutrient concentrations in our study (5-fold higher than f/2 medium) is comparable with that during 2002–2015 in the ECS (∼5- to 10-fold increase; NO2– + NO3–: between 0–1.0 and 10–50 μmol L–1; PO43–: between 0–0.08 and 0.8–1.5 μmol L–1) (Xiao et al., 2018). Consistent with our study, model simulations on the diatom-dinoflagellate competition demonstrated that the spring dinoflagellate bloom in the coastal ECS is projected to increase at high temperature (>∼24°C) and high nutrient concentrations (PO43–: 0.25 and 0.6 μmol L–1, ∼5- to 10-fold more than the lowest concentration 0.05 μmol L–1) (Xiao et al., 2018). An explanation for the switch back toward competitive superiority of the dinoflagellates is that the highest temperature 24°C in our study is above the temperature optimum (around 20°C) for the growth of P. tricornutum (William and Morris, 1982), while it is within the higher optimal temperatures for P. minimum (around 18–26°C) (Grzebyk and Berland, 1996). Furthermore, P. minimum can also form toxic blooms, particularly occurred under warm and eutrophic coastal waters in subtropical and temperate climatic zones (Heil et al., 2005). It has been observed that allelochemicals produced by P. minimum significantly inhibited the growth of the diatom Skeletonema costatum (Tameishi et al., 2009). For another dinoflagellate Prorocentrum lima, increasing temperature may lead to higher cellular toxin levels (Aquino-Cruz et al., 2018). Therefore, the allelopathic effects of P. minimum on P. tricornutum may be partially attributed to the competitive dominance of P. minimum at the highest temperature and nitrate concentrations in our study, which should be tested in further studies.

In summary, we observed a switch from a competitive superiority of the dinoflagellates to the diatoms with increasing nutrient concentrations, and the shift back to dinoflagellates at very high nutrient levels and high temperatures. While the former responses in the diatom-dinoflagellate competition have been previously observed, the latter has not been even covered in classical competition theories, which focused on resource competition and were not coupled with increasing temperature (Tilman, 1982; Sommer, 1989; Smayda and Reynolds, 2003). Our results reveal strong impacts of temperature and nutrient concentrations on diatom-dinoflagellate competition, which are consistent with previous studies, indicating that dinoflagellates are more competitive than diatoms and often form harmful algal blooms under high nutrients and warming conditions, particularly in highly eutrophic bays and coastal areas (Xiao et al., 2018; Glibert, 2020).



Stoichiometric C:N:P and Diatom-Dinoflagellate Competition

We found significant responses of POC/PON and PON/POP to the changes in nutrient concentrations and N:P supply ratios (only for PON/POP), showing lower values at higher nutrient concentrations (Table 3 and Figure 4), but there were no significant responses to temperature changes. In support, a recent meta-analysis demonstrated that the availability of dissolved inorganic phosphorus and nitrogen is the most significant and shared environmental driver of phytoplankton C:N:P, with POP:POC and PON:POC positively related to the increased in nutrient availability (Tanioka and Matsumoto, 2020). These results are consistent with the nutrient supply hypothesis, which predicts the dependence of ecosystem stoichiometric flexibility on dissolved nutrient concentrations (Galbraith and Martiny, 2015; Garcia et al., 2018). Contrary to our findings, the effects of temperature on phytoplankton stoichiometric variation has been also observed (Toseland et al., 2013; Yvon-Durocher et al., 2015; Bi et al., 2017). For example, the optimal N:P (i.e., threshold N:P at which N and P are co-limiting) is temperature dependent in the green alga Chlamydomonas reinhardtii (Thrane et al., 2017). Because nutrient availability can change the extent or even reverse the effects of temperature on phytoplankton C:N:P stoichiometry (Bi et al., 2017), the effects of temperature may be more pronounced under certain nutrient conditions. Nevertheless, our results illustrate that nutrient concentrations highly regulate stoichiometric C:N:P in the diatom-dinoflagellate bicultures.

Furthermore, PON/POP correlated negatively with cell density ratios of diatoms/dinoflagellates in our study (Figure 5A). In line with previous studies (e.g., Weber and Deutsch, 2010; Martiny et al., 2013; Martiny et al., 2016), our results indicate the link between elemental stoichiometry and phytoplankton community structures, in this case, reduced PON/POP was associated with an elevated contribution of diatoms to the diatom-dinoflagellate bicultures. This linkage can be explained by phytoplankton group-specific C:N:P stoichiometry, i.e., lower PON/POP in diatoms than other phytoplankton groups (Quigg et al., 2003; Weber and Deutsch, 2010; Sharoni and Halevy, 2020). Differences in stoichiometric C:N:P composition between phytoplankton groups reflect the variations in biochemical composition, such as protein, ribosomal RNA and lipids (Geider and La Roche, 2002; Sterner and Elser, 2002; Loladze and Elser, 2011; Bi et al., 2014), and in luxury consumption of nutrients, e.g., the accumulation of phosphorus storage pools like polyphosphate (Sterner and Elser, 2002; Martin et al., 2014; Lin et al., 2016). It has been found that residual P (intracellular storage or surface adsorption of inorganic P) rather than nucleic acids and phospholipids dominates the variability in phytoplankton PON/POP during N starvation, with more than 80% of cellular P allocated to residual P in diatoms and only 60% in prasinophytes (Liefer et al., 2019). Such mechanistic insights of residual P pools may therefore indicate a greater luxury uptake of P in diatoms than dinoflagellates, especially under high nutrient concentrations in our study, where diatoms became dominant associated with low PON/POP.

Overall, our study shows that stoichiometric C:N:P varied significantly with changes in N and P concentrations, indicating the fundamental roles of nutrient availability in phytoplankton stoichiometry. Also, PON/POP responded positively to increasing N:P supply ratios, which was more pronounced at low levels of N and P (≤the concentrations in the commonly used f/2 medium) (Supplementary Figure 2). The optimal allocation strategy of N and P in cellular machinery may decouple PON/POP from N:P supply ratios at the highest nutrient level in our study (Klausmeier et al., 2004). Moreover, we found that C:N:P stoichiometry significantly correlated with the shift in the diatom-dinoflagellate community, revealing important implications for marine biogeochemistry and food web dynamics. For example, the competitive superiority of diatoms with low PON/POP can reduce the phosphorus available for nitrogen fixation, with the opposite situation for the competitive superiority of dinoflagellates (Mills and Arrigo, 2010). The relatively low POC/PON at the competitive superiority of the diatoms represents a high elemental quality of food for zooplankton, as high N-rich compounds promote the growth and reproduction of consumers; in contrast, the high POC/PON at the competitive superiority of the dinoflagellates reveals an inferior quality of food (Anderson et al., 2004). The low elemental quality of food may reduce the production of higher trophic levels. An example is the long-term change in the copepod communities in the southern German Bight, where the decrease in elemental food quality of phytoplankton has been suggested to cause a strong decrease in calanoid copepod densities and a decline in herring recruitment during 1975–2011 (Boersma et al., 2015).



Lipid Biomarkers and Diatom-Dinoflagellate Competition


FA Biomarkers

In our study, the two FA biomarkers, 16:1/16:0 and EPA/DHA, had highly significant responses to the changes in nutrient concentrations, showing higher values at higher nutrient concentrations (Table 3 and Figures 6A,B). Similarly, the interaction coefficient α also responded significantly to nutrient concentrations in our study. Indeed, the two FA biomarkers correlated positively with cell density ratios of diatoms/dinoflagellates (Figures 5B,C). Field and laboratory studies have shown that high values of 16:1/16:0 and EPA/DHA can indicate the dominance of diatoms vs. dinoflagellates in phytoplankton communities (Reuss and Poulsen, 2002; Cañavate, 2019; Kohlbach et al., 2021). Our data add to previous findings, suggesting a strong correlation between FA composition and phytoplankton community structure over large temperature and nutrient ranges (Dalsgaard et al., 2003; Galloway and Winder, 2015).

Furthermore, we found that EPA/DHA responded significantly to temperature and N:P supply ratios (Table 3), being higher at higher temperatures and lower N:P supply ratios under high nutrient regimes (Figure 6B); however, the interaction coefficient α showed non-significant responses to temperature or N:P supply ratios. As the diatoms were overall dominant at higher nutrient concentrations, the observed changes in EPA/DHA preliminarily reflected the responses of diatom FAs to environmental changes. On top of phylogeny, environmental conditions can also determine phytoplankton FA composition (reviwed by Dalsgaard et al., 2003; Galloway and Winder, 2015; Jónasdóttir, 2019). Previous field studies reported that the main driver of FA composition of phytoplankton was environmental changes, such as seasonal fluctuations in freshwater inflow in San Francisco Bay (Canuel, 2001), and nutrient availability in coastal areas of the Western English Channel (White et al., 2015). Trommer et al. (2019) reported that the shifts in PUFA composition in lake Brunnensee in Germany were independent of algal group succession, but was rather dependent on the changes in per-cell PUFA contents in phytoplankton in response to an increase in nitrogen supply. Our laboratory experiments further quantified the relationship between FA markers and cell density ratios of diatoms/dinoflagellates, showing that the relationship between EPA/DHA and diatoms/dinoflagellates was highly discrete at the highest nutrient concentration (Figure 5C), which can be attributed to the significant effects of temperature and N:P supply ratios (Table 3 and Figure 6B). Our results thus suggest that the effects of environmental factors on phytoplankton FA composition can to some extent modify the relationship between FA biomarkers and phytoplankton community structure.



Sterol Biomarkers

The ratios of brassicasterol/epi-brassicasterol to (brassicasterol/epi-brassicasterol + dinosterol) [B/(B + D)] responded significantly to the interactions between temperature and nutrient concentrations, showing a clear decrease with increasing temperature at the lowest nutrient concentration (Figure 6C). Such a decrease in B/(B + D) was associated with a strong increase in carbon-normalized dinosterol contents, but no clear change in brassicasterol/epi-brassicasterol contents (Supplementary Figure 3), in agreement with the competitive superiority of dinoflagellates at the lowest nutrient concentration (Figure 2).

We further showed that B/(B + D) had a good correlation with cell density ratios of diatoms to the sum of two species density (Figure 5D). Our laboratory results are consistent with those in field studies, which have shown the applicability of brassicasterol and dinosterol as proxies of community structure of diatoms and dinoflagellates in suspended particles, e.g., in the Crozet plateau, Southern Ocean (Hernandez et al., 2008), the West Pacific (Dong et al., 2012), and the ECS (Wu et al., 2016; Bi et al., 2018). The present study provides strong evidence for the application of brassicasterol and dinosterol to reveal community structures of diatoms and dinoflagellates under highly variable environmental conditions.

To summarize, our study shows that nutrient concentrations had significant effects on all biomarkers of FAs and sterols [16:1/16:0, EPA/DHA and B/(B + D)], while temperature and N:P supply ratios showed a significant influence only on certain biomarker indices. The variations in lipid biomarkers were overall consistent with those in cell density ratios between diatoms to dinoflagellates. Our results reveal strong ecological relevance for the understanding of the roles of lipid biomarkers in food webs. EPA and DHA are particularly important for animals to meet their needs for population growth and reproduction (Arts et al., 2001; Arendt et al., 2005; Jónasdóttir et al., 2009; Malzahn and Boersma, 2012). These two essential FAs play important but different ecological roles in food webs, showing different distribution patterns within food webs, e.g., EPA highly retained in zooplankton but DHA in fish (Kainz et al., 2004). It has been recently observed that flagellate-dominated phytoplankton communities in summer conferred a higher nutritional value, i.e., higher DHA/EPA ratio, compared to diatom-dominated community in spring, indicating a better quality of zooplankton for fish in summer in the Strait of Georgia in northeast Pacific (Costalago et al., 2020). Nevertheless, our results show significant correlations between lipid biomarkers and diatom-dinoflagellate community composition over wide ranges of temperature and nutrient conditions, indicating that the shift in diatom-dinoflagellate community can result in the fluctuations in the dietary lipids and consequently alter the production of higher trophic levels.



CONCLUSION

This study demonstrates that diatom-dinoflagellate competition responded strongly to the changes in nutrient concentrations, while the amplitude of this response was modified by temperature. Specifically, our results show a switch from a competitive superiority of dinoflagellates to diatoms with increasing nitrate concentrations at the low nutrient regime, and a switch back toward the competitive superiority of the dinoflagellates at the high nitrate regime and the highest temperature. These results are consistent with previous field observations, suggesting that dinoflagellates are more competitive than diatoms under high nutrients and warming conditions, particularly in highly eutrophic bays and coasts. Our findings present an important step to quantitatively assess the effects of multiple environmental drivers on diatom-dinoflagellate competition.

Furthermore, elemental stoichiometry and lipid biomarkers in bicultures changed significantly with nutrient concentrations, but significant effects of temperature and N:P supply ratios were only observed on certain parameters. We quantified the relationship between cell density ratios of the two species and their chemical composition in bicultures, showing that the shift in the diatom-dinoflagellate community was significantly correlated with the fluctuations in elemental and biochemical composition over wide ranges of temperature, N and P concentrations and N:P ratios studied in this work. The variations in elemental and biochemical composition reveal a potential far-reaching consequence of the diatom-dinoflagellate succession on biogeochemical cycles and ecological function, e.g., influencing the process of nitrogen fixation, and changing nutritional quality of phytoplankton for higher trophic levels. In addition to the importance of species-specific responses in phytoplankton which is not the focus of this study, our results based on two typical species are very consistent with field observations and ecological modelings. Future work should thoroughly focus on other species and more complex phytoplankton communities to refine our understanding of biogeochemical and ecological consequences of the diatom-dinoflagellate competition.
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The cosmopolitan algae Phaeocystis globosa forms harmful algal blooms frequently in a number of tropical and subtropical coastal regions in the past two decades. During the bloom, the giant colony, which is formed by P. globosa, is the dominant morphotype. However, the microenvironment and the microbial composition in the intracolonial fluid are poorly understood. Here, we used high-throughput 16S rRNA amplicon sequencing to examine the bacterial composition and predicted functions in intracolonial fluid. Compared with the bacterial consortia in ambient seawater, intracolonial fluids possessed the lower levels of microbial richness and diversity, implying selectivity of bacteria by the unique intracolonial microenvironment enclosed within the P. globosa polysaccharide envelope. The bacterial consortia in intracolonial fluid were dominated by Balneola (48.6% of total abundance) and Labrezia (28.5%). The bacteria and microbial function enriched in intracolonial fluid were involved in aromatic benzenoid compounds degradation, DMSP and DMS production and consumption, and antibacterial compounds synthesis. We suggest that the P. globosa colonial envelope allows for the formation of a specific microenvironment; thus, the unique microbial consortia inhabiting intracolonial fluid has close interaction with P. globosa cells, which may benefit colony development.

Keywords: bacterial consortia, colony, colonial envelope, 16S rRNA, microenvironment, Phaeocystis globosa


INTRODUCTION

Phaeocystis globosa is a cosmopolitan marine phytoplankton that plays important roles in carbon and sulfur biogeochemical cycles (Schoemann et al., 2005). P. globosa forms large blooms and is considered to be a harmful algal bloom species due to its negative economic and ecological impacts. Blooms of P. globosa in temperate regions, especially in the North Sea, have been observed regularly since the 1970s and are associated with nutrient enrichment from rivers (Cadee and Hegeman, 2002). Outbreaks of P. globosa blooms have been reported in tropical and subtropical regions frequently in the past two decades, including coastal waters of China (Qi et al., 2004), Viet Nam (Tang et al., 2004; Doan-Nhu et al., 2010; Smith et al., 2014) and the Arabian Sea (Madhupratap et al., 2000).

A unique feature of Phaeocystis is its polymorphic life cycle, which includes free-living solitary cells and colonies. A colony is balloon-like, with an envelope consisting of mucilaginous polysaccharides excreted by cells that are in turn embedded in this envelope (Baumann et al., 1994; Vanrijssel et al., 1997). The interior of the colony is filled with seawater. P. globosa colonies usually reach several millimeters in diameter; however, observations in Asian waters have shown that colonies can reach 1cm, with the maximum diameter being ca. 3cm (Qi et al., 2004). Individual cells (both those embedded in colonies and solitary forms) are only 3–12.4μm in diameter (Rousseau et al., 1994; Smith et al., 2014). Colony formation may provide a number of competitive advantages relative to free-living solitary cells. For example, the large size protects colonial cells from being grazed by small zooplankton due to size mismatch (Jakobsen and Tang, 2002). Additionally, the polysaccharide envelope may physically protect colonial cells against infection from bacteria and viruses (Hamm, 2000). Numerous studies have shown that colonies are the dominant forms in P. globosa blooms (Qi et al., 2004; Smith et al., 2014), supporting the perspective that Phaeocystis blooms are linked to the ecological advantages of colony formation. It remains unclear why the sizes of Asian Phaeocystis colonies are greater than those found in other areas of the ocean.


Phaeocystis colonies have special characteristics imparted by the envelope. The envelope is a thin yet mechanically stable skin (Hamm et al., 1999), forming a diffusive boundary layer that may limit nutrient and solute fluxes across the envelope (Ploug et al., 1999). The interior liquid develops into a unique microenvironment that is significantly different from ambient seawater. Smith et al. (2014) demonstrated that dissolved organic carbon (DOC) concentrations of intracolonial fluid were 25 times greater than ambient concentrations. Furthermore, the pH inside young healthy colonies can exceed those of ambient seawater (Lubbers et al., 1990), suggesting the flux of some ions is restricted, a finding that direct experiments verified (Smith et al., 2014).

The microenvironment provided by phytoplankton offers microscale niches for its associated heterotrophic bacteria (Seymour et al., 2017). For example, in the Trichodesmium holobiont, Trichodesmium colonies create a chemically heterogeneous microenvironment (Klawonn et al., 2020), presumably supporting diverse microbial composition and metabolisms, including phosphate and iron acquisition and denitrification pathways in millimeter-sized colonies (Gradoville et al., 2017), which in turn facilitate growth of Trichodesmium. The unique intracolonial microenvironment of P. globosa may harbor specific microbial consortia, which in turn facilitate the growth of P. globosa colonies. However, the microbial diversity and composition of the intracolonial microenvironment is unknown.

In the Amundsen Sea, it has been shown that microbial diversity within P. antarctica blooms was greatly reduced (Delmont et al., 2014), and the dominant microbes had metabolic features that were tied to the metabolism of Phaeocystis and sulfur cycling (Delmont et al., 2015). A number of bacteria in ambient seawater were clearly associated with Phaeocystis, and it was suggested that the bacteria and Phaeocystis established a mutualistic association (Delmont et al., 2014). In the northern Beibu Gulf of China, Xu et al., 2021 demonstrated that microbial communities from P. globosa bloom and non-bloom sites exhibited distinct community composition, and the bloom microbes were likely driven by high environmental selection. However, the microbial community enclosed by the colony envelope is still unknown, and hence the importance of the microenvironment in establishing the unique phytoplankton-bacteria association remains unclear.

We sampled the internal fluid of giant P. globosa colonies collected in Vietnamese coastal waters and analyzed its bacterial composition, sequenced 16S rRNA amplicons, and compared them to those found in ambient seawater to test if the intracolonial microenvironment of P. globosa provides a unique habitat for the development of a specific microbial assemblage. Our results suggest that the microenvironment is indeed different and leads to the development of a microbial consortia that is distinct from the ambient environment.



MATERIALS AND METHODS


Sample Collection

Samples during a P. globosa giant colony bloom were collected in August 2019 off the coast of Phan Thiet, southcentral Viet Nam (Figure 1), where blooms regularly occur during summer (Tang et al., 2004; Doan-Nhu et al., 2010). Chlorophyll a data for August 2019 were obtained from the Moderate Resolution Imaging Spectroradiometer aboard the Aqua (MODIS-Aqua) satellite with the horizontal resolution of 4km, and the data were extracted and binned from 10–12°N, 107–100°E to generate the monthly averaged chlorophyll a concentration along the coast. In addition to abundant intact spherical colonies, there were substantial numbers of collapsed colonies in the coastal zone, likely due to extreme turbulence of the near-shore waters during sampling. The maximum size of P. globosa colonies we observed was ca. 1.5cm, while diameters of most intact colonies were 0.4–1.0cm. Large volume (~10L) of surface seawater was collected, 500–1,000ml seawater was used for collecting seawater bacteria consortia, and the remaining seawater was used for picking P. globosa colonies. Hand-picked intact colonies were kept in a smaller container (~1L) filled with seawater for subsequent procedure.
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FIGURE 1. Monthly averaged chlorophyll a concentration off the southcentral Viet Nam derived from MODIS-Aqua satellite estimates for August 2019. The red circle represents the sampling location.


Freshly collected P. globosa colonies were used to sample the internal microenvironment. First, a single colony was transferred with a small plastic spoon into a Petri dish for diameter measurement, after which the colony was immediately transferred to a new container containing similar-size colonies. We chose 0.7–1cm-diameter colonies for intracolonial fluid collection, as smaller colonies were more difficult to extract and provided a smaller amount of internal fluid for analysis. Internal fluids were directly extracted using a sterile syringe fitted with small-gauge needle. About 7ml of pooled intracolonial fluid, collected from ca. 20 colonies, was filtered through sterile 0.2-μm polycarbonate filters (Merck Millipore) to collect intracolonial bacteria. Seawater samples were pre-filtered through Whatman 47mm GF/F filters (nominal pore size ~0.7μm) to remove P. globosa colonies and larger particles. Then, sterile 0.2-μm pore-size polycarbonate filters were used to collected seawater bacteria. All filters were preserved in 2ml RNAlater solution (Life Technologies, Gaithersburg, MD, USA) and stored at −20°C until further processing. Three replicates were collected for intracolonial fluid samples and seawater samples, respectively.



DNA Extraction and 16S rRNA Sequencing

Microbial DNA was extracted from filters by employing FastDNA Spin Kit for Soil (MP Biomedicals, Heidelberg, Germany) according to manufacturer’s instructions. Primer pair 338F (5'-ACTCCTACGGGAGGCAGCAG-3') and 806R (5'-GGACTACHVGGGTWTCTAAT-3') was first chosen to amplify V3-V4 region of the bacterial 16S rRNA gene. However, initial results suggested substantial chloroplast contamination. To minimize chloroplast contamination, primer pair 799F (5'-AACMGGATTAGATACCCKG-3') and 1193R (5'-ACGTCATCCCCACCTTCC-3'; Beckers et al., 2016), which amplified the V5-V7 region of 16S rRNA gene, was subsequently used.

A nested PCR strategy was performed to amplify all samples and thereby minimize the formation of primer dimers according to Beckers et al. (2016). A first round of PCR amplification was conducted using primer pair 799F and 1392R (5'-GACGGGCGGTGWGTRCA-3') by an ABI GeneAmp® 9700 PCR thermocycler (Applied Biosystems, Foster City, CA, USA). Each 20μl PCR contained 10ng of template DNA, 1U TransStart FastPfu DNA Polymerase (TransGen, Beijing, China), and a final concentration of 1×TransStart FastPfu buffer, 0.25mm dNTPs and 0.2μm of each primer. The PCR amplification consisted of a 3-min initial denaturation step at 95°C, followed by 27 cycles each at 95°C for 30s, 55°C for 30s and 72°C for 45s, and final extension at 72°C for 10min. PCR products were purified with Agencourt AMPure XP Beads (Beckman Coulter, Brea, CA, USA) and used as the second-round PCR templates. A second round of PCR amplification was carried out in triplicate for primer pair of 799F-1193R with Illumina adapters and the sample-specific barcodes. PCR were identical as the first-round PCR, with the exception of only using 13 PCR cycles this time. The second-round PCR products were subsequently purified using the AxyPrep DNA Gel Extraction Kit (Axygen Biosciences, Union City, CA, USA), and the quality of the amplicons was evaluated using Quantus™ Fluorometer (Promega, Madison, WI, USA) according to manufacturer’s instructions.

Purified amplicons were pooled in equimolar and paired-end sequenced on an Illumina MiSeq PE300 platform (Illumina, San Diego, CA, USA) according to the standard protocols by Majorbio Bio-Pharm Technology Co. Ltd. (Shanghai, China). The raw reads were deposited into the NCBI Sequence Read Archive (SRA) database and are available under the accession number: PRJNA720571.



16S rRNA Sequence Analyses

The raw 16S rRNA gene sequencing reads were demultiplexed, quality-filtered by Fastp version 0.20.0 (Chen et al., 2018) and the paired-end reads were merged by FLASH version 1.2.7 (Magoc and Salzberg, 2011). Quality-filtered sequences were clustered into operational taxonomic units (OTUs) with 97% similarity cutoff using UPARSE v.7.1 (Edgar, 2013). Chimeric sequences were identified and removed. The taxonomies of representative OTU (the most abundant sequence in each OTU) were classified by RDP Classifier (Wang et al., 2007) against the Silva database version 138. Sequences matching “Chloroplast” and “Mitochondria” were moved. To correct for differences in sequencing depth, OTU counts were rarefied to the lowest number of sequences per sample (13,172 sequences) and OTUs with fewer than 15 counts across all the samples were excluded. The final OTU table is provided as Supplementary Table S1.

Alpha-diversity of each sample was assessed by community richness or OTU richness estimator (Chao 1 estimator) and community diversity estimator (Shannon’s diversity index). Statistical difference in alpha-diversity between the microbial assemblage of seawater and intracolonial fluid was calculated using a Student’s t test. The significance level was a priori set at 0.05.

The top 50 most abundant OTUs were used for taxa analysis. Linear discriminant analysis (LDA) effect size (LEfSe) algorithm (Segata et al., 2011) was applied through the Galaxy server to identify significant differentially abundant bacterial taxa enriched in the seawater or intracolonial fluid. Only those OTUs whose LDA score > 2 and value of p<0.05 were considered differentially represented.



Microbial Function Prediction

Phylogenetic Investigation of Communities by Reconstruction of Unobserved States 2 (PICRUSt2; Langille et al., 2013; Douglas et al., 2020) was used to predict metagenome functions from 16S rRNA data, and the metagenomes were aligned to the Kyoto Encyclopedia of Genes and Genomes (KEGG) bioinformatics database. The Nearest Sequenced Taxon Index (NSTI) score, which measures the average distance between OTUs and their nearest sequenced genome representatives, was used as an indicator for the accuracy of PICRUSt (Langille et al., 2013). Significantly different KEGG pathways between seawater samples and intracolonial samples were identified and visualized by STAMP’s implementation (Parks et al., 2014) of a two-sided Welch’s t test with a Storey FDR adjusted q value <0.05. The final data were filtered to remove features with small effect sizes by considering only features with the ratio of the proportions were larger than 2 and the difference in proportions were larger than 0.5 (effect size<2.00).




RESULTS


Sequencing and Quality Control

As the intracolonial fluid samples exacted from P. globosa colonies were mixture of microbiota and P. globosa cells (since individual Phaeocystis cells were likely released upon colony collapse as the internal fluid was removed), co-amplification of chloroplast DNA by 338F-806R was observed and resulted in 92.1% OTUs annotated as P. globosa chloroplast DNA in intracolonial fluid samples (Supplementary Figure S1). Therefore, primer pair 799F-1193R, which have been shown to perform better in plant-microbiota research (Beckers et al., 2016), were selected to remove chloroplast contamination. After being rarefied and filtered from the low abundance OTUs, none of OTUs were assigned to chloroplast sequences, suggested the OTUs represented bacterial DNA.

Illumina MiSeq PE300 platform was used for sequencing and produced sequences of 300 bases. A total of 108,764 high-quality 16S rRNA sequences were obtained from seawater samples (n=3) and intracolonial fluid samples (n=3). After clustering all sequences at a similarity threshold of 97%, being rarefied and filtered, 79,032 raw sequences assigned to 199 OTUs were established (Supplementary Table S1). Although only rarefaction curves of internal fluid samples reached an asymptote and rarefaction curves of seawater samples did not, the sequencing effort did detect the majority of species present in both samples. The result demonstrated that sequencing depth was sufficient to represent the total diversity of the microbial assemblage (Supplementary Figure S2).



Microbial Diversity and Composition

Accumulation of chlorophyll along the coast was observed from satellite image (Figure 1), especially in our sampling area, where chlorophyll concentrations were greater than 9μgl−1. Based on long-term observation along Binh Thuan Province, upwelling occurred during the southwest monsoon in summer, and it caused blooms of diatom, P. globosa and dinoflagellate successively (Tang et al., 2004; Doan-Nhu et al., 2010; Smith et al., 2014). Our direct sampling and microscopic observation have suggested that enhancement of chlorophyll at Phan Thiet during our work has been largely contributed by colonial P. globosa, although other autotrophic species were present. Water temperature was ca. 28°C.

The Chao and Shannon diversity indices of microbial assemblage were significantly higher in seawater than in intracolonial fluid (Student’s t test; Chao 1, p<0.01; Shannon: p<0.01; Figure 2), which indicates that ambient seawater possessed the higher levels of microbial richness and diversity, and conversely that the microbial diversity within P. globosa microenvironments was significantly reduced. This suggests that the microenvironment of the internal fluid in P. globosa provided a substantially different growth medium than that external to colonies.
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FIGURE 2. Bacterial community alpha-diversity of ambient seawater and Phaeocystis globosa intracolonial fluid as expressed by the Chao diversity (A) and Shannon diversity (B) indices. Values are means of triplicates ± SD. The asterisks on the bar chars represent the statistical significance of the difference (Student’s t test, **
p<0.01).


At the phylum level, seawater samples were dominated by Proteobacteria (48.4%), Bacteroidetes (35.5%), and Actinobacteria (10.5%), which together contributed 94.3% of seawater microbiota, while Bacteroidetes (55.1%) and Proteobacteria (43.4%) composed 98.5% of the intracolonial fluid microbiota (Figure 3A, Supplementary Table S1). However, at the class level, great difference of Proteobacteria abundance was observed between seawater and intracolonial fluids microbiota, e.g., abundance of Alphaproteobacteria were 20.6 and 35.5%, respectively (Figure 3A). Other phyla, including Marinimicrobia, Firmicutes, shared the remaining portion, which was 5.7 and 1.5% of seawater and intracolonial fluid microbiota, respectively.
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FIGURE 3. Bacterial composition of ambient seawater and P. globosa intracolonial fluid. The stacked bar plots show the relative abundance of operational taxonomic units (OTUs) at phylum levels (A) and genus levels (B). Proteobacteria OTUs has been displayed at the subclass levels (alpha, beta, gamma and delta) (A). Each bar represents the average of pooled replicates.


At the genus level, the dominant taxa in intracolonial fluids were distinct from those in seawater (Figure 3B). In intracolonial fluid, the four dominant genera (Balneola, 48.6%; Labrezia, 28.5%; Formosa, 6.5%; and Hyphomonadaceae unclassified, 5.9%) represented nearly 90% of the microbiota. In contrast, they were in extremely uncommon in seawater (0.3, 0.1,<0.1 and<0.1%, respectively). Moreover, none of the top five dominant bacterial genera in seawater, Prevotellaceae_UCG-001, SAR 11 Clade_la, Cryomorphaceae, Candidatus_Actinomarina, and Rhodobacteraceae were present in the intracolonial fluid microbiota (Figure 3B).

The results of the LEfSe identified the taxa enriched in intracolonial fluid of P. globosa colonies. The 50 most abundant OTUs comprised 90.8% of all microbiota, and they were used for enriched OTUs analysis. Seven OTUs were significantly enriched in intracolonial fluid, including the four dominant genera Balneola, Labrezia, Formosa, and Hyphomonadaceae unclassified (Supplementary Figure S3).



Predicted Microbial Functioning

Functional prediction was conducted using PICRUSt2, a software tool that predicts the functional profile of a microbial consortia based on 16S rRNA sequences (Langille et al., 2013). Prediction accuracy was first evaluated by NSTI scores. Mean (and standard deviation) NSTI scores of seawater samples and intracolonial fluid samples were 0.258 (0.031) and 0.111 (0.002), respectively (Supplementary Table S2). A total of 5746 KEGG orthology (KO) categories were obtained. PICRUSt2 analysis predictions at KEGG level 2 revealed that all of the six dominant KEGG categories belonged to metabolism category at KEGG level 1, including global and overview maps, carbohydrate metabolism, amino acid metabolism, energy metabolism, metabolism of cofactors and vitamins, and nucleotide metabolism (Figure 4A). These functional categories were relatively consistent in both sample types and comprised 55.6% (seawater) and 54.8% (intracolonial fluid) of the predicted level 2 functional categories, respectively (Figure 4A; Supplementary Table S3). According to the KEGG hierarchical level 3 classification, 303 metabolic pathways were predicted (Supplementary Table S3). Seawater and intracolonial fluid microbiota shared the same top 15 KEGG pathways, which contributed 36.4 and 35.3%, respectively (Figure 4B). The dominant functions were biosynthesis of amino acids (ko01230) and carbon metabolism (ko01200), contributing 5.7 and 4.3% in seawater, and 5.2 and 4.2% in intracolonial fluid, respectively (Figure 4B; Supplementary Table S3). Four pathways were identified as being significantly different between seawater and intracolonial fluid samples (Figure 5). Secondary bile acid biosynthesis (ko00121) was the only pathway enriched in seawater microbiota, while KEGG pathways involved in penicillin and cephalosporin biosynthesis (ko00311), fluorobenzoate degradation (ko00364), and toluene degradation (ko00623) were enriched in intracolonial fluid.
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FIGURE 4. Predicted microbial functions of samples collected from ambient seawater and P. globosa intracolonial fluid. Functions were categorized to KEGG pathway level 2 and level 3 using PICRUSt software. The top six dominant functions categorized to level 2 (A) and the top fifteen dominant functions categorized to level 3 (B) were ordered from largest contribution (left) to smallest contribution (right).
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FIGURE 5. Predicted microbial functions with significantly difference in samples collected from ambient seawater and P. globosa intracolonial fluid. Differential abundance between samples was determined using a two-sided Welch’s t test, with a Storey FDR, adjusted q value <0.05 and followed by an effect size filter (ratio of proportions effect size <2.00).





DISCUSSION

DNA sequencing of 16S rRNA gene fragments revealed that the microbial assemblage in the intracolonial fluid of P. globosa colonies is significantly different from that in ambient seawater. As the intracolonial fluid extracted from P. globosa colonies contained a mixture of bacteria and P. globosa cells, we used a specific 799F-1193R primer set to minimize contamination of chloroplast sequences (Chelius and Triplett, 2001; Bodenhausen et al., 2013), which has been used in several studies on bacteria associated with plants and macroalgae (Bulgarelli et al., 2012; Vieira et al., 2016; Serebryakova et al., 2018). This primer set displayed very low amplification of non-target DNA and retrieved high number of OTUs as well as exhibiting high Inverse Simpson diversity (Beckers et al., 2016). The use of 799F-1193R primer pair also revealed that Shannon diversity of bacteria from seawater was high and comparable to previous studies (Wang et al., 2019). Although PCR amplification bias introduced by primer selection was inevitable, the primer pair 799F-1193R was well suited for Phaeocystis-associated microbiome analysis.

Our results indicated that both the microbial richness and diversity of the surrounding water were significantly higher than those of the intracolonial fluid, suggesting that the microenvironment of colonies allowed the development of an independent consortia from that outside the colony. Moreover, the four dominant genera, which represented 89.6% of the intracolonial microbiota, were present in extremely low abundances in seawater. This is consistent with previous research that reported that the diatom Thalassiosira rotula-associated microbial assemblages have lowered diversity and are generally dominated by fewer bacterial species (Mönnich et al., 2020). Phytoplankton microenvironments may be much more common in the environment than previously thought and have considerable impacts on biogeochemical cycles.

Although numerous studies revealed the mutually beneficial relationship between phytoplankton and their associated bacteria, there is currently no unifying theory for the mechanism of bacterial assembly on marine phytoplankton. Two hypotheses have been proposed to explain the development of specific phytoplankton-associated bacterial consortia. One is the lottery hypothesis, which implies whoever “gets there first” ultimately dominates the consortia (Munday, 2004). Another hypothesis is “habitat filtering effect,” which emphasizes interactions and the selection from the host (Costello et al., 2012). The second theory has been supported by numerous direct experimental investigations, including the recent replicated and reproducible primary colonization experiment (Mönnich et al., 2020). Phaeocystis colonies likely form from solitary cells that multiply and remain together, ultimately forming colonies (Mathot et al., 2000), although it is also possible for colonies to fragment and create smaller colonies. Recently a colony formation model of P. globosa has been proposed, which suggested that even a single solitary cell with flagella can form the polysaccharide matrix (Zhang et al., 2020). Thus, the volume of seawater inside the matrix would initially be very small and contain only a limited number of bacteria, implying that either a few specific P. globosa-associated bacteria or stochastic bacteria in the ambient seawater would have been initially enclosed in the envelope. However, as colonies grew larger, the microenvironment becomes altered, being substantially different from ambient seawater [i.e., it has greater DOC concentrations (Smith et al., 2014) and elevated pH levels (Lubbers et al., 1990)], allowing for a selection of bacterial forms as the colony grows and continues to alter the intracolonial fluid.

Many observations confirm that phytoplankton-associated bacteria are often restricted to only a small number of groups, dominated by specific members of Bacteroidetes, Alphaproteobacteria, and Gammaproteobacteria (Buchan et al., 2014). The most enriched OTUs in the intracolonial fluid were identified as belonging to the genera Balneola and Labrezia, which are Bacteroidetes and Alphaproteobacteria, respectively. The most dominant OTU (Balneola) comprised 48.6% of the intracolonial fluid sequences. Balneola has been frequently observed to associate with marine phytoplankton, including Emiliania huxley and Cochlodinium polykrikoides (Taniguchi et al., 2011; Rosana et al., 2016). An arabinogalactan utilization gene cluster present in Balneola sp. genome indicated its ability to degrade polysaccharide, thus the heterotrophic bacteria could use polysaccharide synthesized by P. globosa as its carbon source. Moreover, Balneola has been implicated in the degradation of aromatic benzenoid compounds such as toluene (Li et al., 2012). Aromatic benzenoid compounds can be significant organic contaminants, but some benzenoid compounds serve as a biochemical defense when plants or microorganisms encounter stress (Misztal et al., 2015). No evidence is available for toluene production by P. globosa, although significant toluene fluxes to the atmosphere from Emiliania huxleyi blooms (a haptophyte like P. globosa), have been observed (Misztal et al., 2015). Isotopic labeling experiments have confirmed that plants release toluene and increase toluene production under stress conditions (Heiden et al., 1999; Misztal et al., 2015). Although the biological function of toluene in plants and phytoplankton remains unclear, we speculate that toluene accumulated in P. globosa colonies could provide carbon source to Balneola.

The second dominant OTU was classified as Labrenzia, which frequently forms close associations with a variety of marine autotrophs including diatoms, dinoflagellates, green and red algae (Weber and King, 2007). However, the close relationship between Labrenzia and P. globosa, and the biological function of enriched Labrenzia in P. globosa intracolonial fluid, have not been reported. It has long been recognized that P. globosa is an important DSMP producer and consumer (Keller et al., 1989; Stefels and Van Boekel, 1993). However, the role of the marine heterotrophic bacteria Labrenzia in DMSP producing and consuming has been demonstrated recently (Curson et al., 2017). In addition to serving as an osmolyte in many marine algae, including prymnesiophytes and dinoflagellates, DMSP and DMS also function as antioxidants under stressful conditions (e.g., high solar photon fluxes and nutrient limitation), which result in substantial increases in cellular DMSP and DMS concentrations (Sunda et al., 2002; Brisbin and Mitarai, 2019). Marine phytoplankton will encounter challenges caused by global change in the future, and as a result, cellular DMSP and DMS production may increase due to this stress. If this were to occur, release of these volatile sulfur compounds to the atmosphere will increase, enhancing atmospheric feedback loops that influence global climate and hydrological cycles. Research to date has not focused on the source of DMSP and DMS in P. globosa colonies, but future research should determine the dominant source of DMS/DMSP and consider the interaction between the two biotic components.

In the present study, dominant bacteria in the intracolonial fluid were completely different from the dominant bacteria observed by Xu et al. (2021) during P. globosa blooms, neither in free-living fraction (0.22–3μm) nor in particle-attached fraction (3–20μm). However, NS5 marine group, which belongs to Proteobacteria, was observed as one of the dominant bacteria in seawater free-living fractions at the bloom site from both studies. The results suggested the significance of microenvironment enclosed by colonial envelope, which established the distinct bacterial community. The interaction between heterotrophic bacteria and P. globosa solitary cells in the microenvironment might benefit the development of P. globosa colony.

Bioinformatic prediction by PICRUSt offers an effective way to understand the function of bacteria inside P. globosa colonies when metagenomic data are not available. However, methods, including NSTI scores, should be used to test the reliability of PICRUSt. Generally, accuracy of PICRUSt decreased with increasing NSTI score, but still produced reliable results for a dataset of soil samples with a mean NSTI score of 0.17 (Langille et al., 2013). In the present study, mean NSTI scores were relatively low (0.111) for intracolonial fluid samples, and relatively high for seawater samples (0.258). Langille et al. (2013) indicated that environments containing much unexplored diversity, such as the Guerrero Negro hypersaline microbial mats, showed a markedly lower accuracy with a mean NSTI score of 0.23. The relatively high NSTI scores obtained here indicate that the PICRUSt predictions must be treated with caution. The results, however, still provide some interesting insights into potential bacterial community functioning, that should be confirmed in future with more reliable and quantitative studies.

PICRUSt prediction revealed that the 15 abundant KEGG level 2 pathways were the same in P. globosa intracolonial fluid and ambient seawater, which demonstrated that both microbiomes have the same basic biological functions. However, significant functional differences were observed between two microbiomes by STAMP analysis. Surprisingly, the KEGG pathway of penicillin and cephalosporin biosynthesis (ko00311) was significantly enriched in intracolonial bacteria communities. Synthesis of antibacterial compounds is one mechanism by which one particular species of bacteria can out-compete another and increase the successful colonization associated with phytoplankton. The widespread marine roseobacter Phaeobacter inhibens produces the broad-spectrum antibiotic tropodithietic acid (TDA), which confers to it a competitive advantage (Majzoub et al., 2019). Thus, P. inhibens dominates the diatom T. rotula associated microbiota (Majzoub et al., 2019); it also colonizes the surface of Ulva australis (Rao et al., 2006). Our results suggest that elevated bacterial competition in P. globosa intracolonial fluid via the release of antibacterial compounds likely resulted in lower species diversity of the P. globosa-associated microbiota than that in the ambient seawater. Consistent with the function of dominant genus Balneola in the intracolonial fluid, the aromatic compound degradation pathways were also depicted by PICRUSt prediction. Although the source of the aromatic compounds in the intracolonial fluid is unknown, the predicted function suggests that the associated bacteria could use fluorobenzoate and toluene as a carbon and energy source.

Based on the dominated OTUs and the enriched predicted KEGG pathways, our study suggests that the P. globosa colonial envelope acts as a selective mechanism, and allows the development of a bacterial consortia and their specific functions. Furthermore, upregulated synthesis of antibacterial compounds also promoted the specificity of intracolonial bacteria. Enriched bacteria in the intracolonial fluid involved in DMSP and DMS production, which may affect DMSP and DMS synthesis by P. globosa, thus have a substantial influence on the sulfate cycle of the ocean. The results presented here highlight the close interaction between P. globosa and bacteria in the intracolonial fluid. However, the specific mechanisms are still unknown. For example, although both the toluene-degrader Balneola and the predicted function of toluene degradation have been suggested, the concentration of toluene inside the colonies is unknown. Thus, further research is needed to determine whether P. globosa can produce toluene, under what conditions this production is enhanced, and to investigate the interaction between Balneola and P. globosa. In addition, the contribution of Balneola and Labrezia in P. globosa intracolonial fluids should be confirmed by qPCR. While metabolic function analysis was only predicted by PICRUSt, its accuracy relies on the availability of completely sequenced genomes for the representative organisms (Wilkinson et al., 2018). Therefore, metagenomics and metatranscriptomics analysis are needed to verify the actual bacterial structure and function of P. globosa-associated communities to reveal the interaction between microbiota and P. globosa.



CONCLUSION

We assessed the bacterial composition and their predicted functions in P. globosa intracolonial fluids. The results indicated that bacterial richness and diversity were significantly lower in intracolonial fluid than that in ambient seawater due to the selection by unique intracolonial microenvironment. In addition, the close interaction between P. globosa solitary cells and heterotrophic bacteria might benefit the development of P. globosa and further impact the global biogeochemical cycles. In summary, the results suggests that the P. globosa colonial envelope acts as a selective mechanism and allows the development of a bacterial consortia and their specific functions.
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Ocean acidification is recognized as a major anthropogenic perturbation of the modern ocean. While extensive studies have been carried out to explore the short-term physiological responses of phytoplankton to ocean acidification, little is known about their lipidomic responses after a long-term ocean acidification adaptation. Here we perform the lipidomic analysis of a marine diatom Phaeodactylum tricornutum following long-term (∼400 days) selection to ocean acidification conditions. We identified a total of 476 lipid metabolites in long-term high CO2 (i.e., ocean acidification condition) and low CO2 (i.e., ambient condition) selected P. tricornutum cells. Our results further show that long-term high CO2 selection triggered substantial changes in lipid metabolites by down- and up-regulating 33 and 42 lipid metabolites. While monogalactosyldiacylglycerol (MGDG) was significantly down-regulated in the long-term high CO2 selected conditions, the majority (∼80%) of phosphatidylglycerol (PG) was up-regulated. The tightly coupled regulations (positively or negatively correlated) of significantly regulated lipid metabolites suggest that the lipid remodeling is an organismal adaptation strategy of marine diatoms to ongoing ocean acidification. Since the composition and content of lipids are crucial for marine food quality, and these changes can be transferred to high trophic levels, our results highlight the importance of determining the long-term adaptation of lipids in marine producers in predicting the ecological consequences of climate change.
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INTRODUCTION

Diatoms are responsible for ∼20% of global primary production and play crucial roles in carbon and silicon biogeochemical cycles (Field et al., 1998). Their fixed carbon is partitioned into either carbohydrates or lipids (Kroth et al., 2008). The lipids of diatoms consist of almost all lipid classes, including both polar lipids (Guschina and Harwood, 2006) and non-polar lipids [free fatty acids, sterols, glycerols and especially triacylglycerols (TAGs)]. TAGs of diatoms have been increasingly studied for their potential as nutritional sources and for biofuel production (Hildebrand et al., 2012; Shahidi and Ambigaipalan, 2018). Fatty acid profiles of diatoms are enriched with medium-chain and very long-chain polyunsaturated fatty acids (PUFAs), namely ω3 fatty acids such as eicosapentaenoic acid (EPA) (Dunstan et al., 1993; Guschina and Harwood, 2006). In aquatic food webs, PUFAs are exclusively synthesized by phytoplankton and cannot be synthesized de novo by metazoans, and therefore must be acquired by non-phytoplanktonic organisms via their diet (Hixson et al., 2015). As such, PUFAs are important determinants of food quality and, consequently, an important indicator for the health and optimal functioning of marine and freshwater food webs (Dalsgaard et al., 2003). The polar lipid fraction of diatoms mainly consists of digalactosyldiacylglycerol (DGDG), monogalactosyldiacylglycerol (MGDG), sulfoquino vosyldiacylglycerol (SQDG), phosphatidylinositol (PI), phosphatidylglycerol (PG), phosphatidylcholine (PC), and minor lipids such as betaine lipids (Stonik and Stonik, 2015).

Global change induces many alterations in marine environments, such as ocean acidification (Gattuso et al., 2015). The molecular, physiological, biochemical and ecological responses of diatoms to ocean acidification have been studied extensively in the last two decades (Gao et al., 2012; Hennon et al., 2015; Petrou et al., 2019; Shi et al., 2019; Li et al., 2021; see also comprehensive reviews by Gao and Campbell, 2014; Bach and Taucher, 2019 and references therein). It has been reported that the lipid contents and fatty acid compositions of diatoms are highly dependent on CO2 concentrations (Bermúdez et al., 2015; Wang et al., 2017; Abreu et al., 2020). For example, ocean acidification decreased the content of PUFAs in the marine diatom Cylindrotheca fusiformis by ∼3% (Bermúdez et al., 2015). The mechanisms through which CO2 affects the composition of fatty acids in microalgae are still unclear, however, it has been suggested that elevated CO2 can enhance the synthesis and accumulation of saturated fatty acids (Sato et al., 2003). This response reduces cell membrane fluidity, which helps the organism to cope with pH reductions and facilitates the regulation of cell homeostasis (Lane and Burris, 1981; Rossoll et al., 2012). More recently, it has been reported that the operation of carbon concentration mechanisms (CCMs) of microalgae are tightly coupled with their lipid metabolisms (Renberg et al., 2010; Abreu et al., 2020) and that the CCMs of diatoms are partially down-regulated under ocean acidification conditions (Trimborn et al., 2009; Wu et al., 2010; Hopkinson et al., 2011; Yang and Gao, 2012). The down-regulations of CCMs led to decreased photorespiration and symptoms of oxidative stress because of an increase in the electron sink constituted by CO2 fixation (Raven, 2010; Renberg et al., 2010). These changes consequently altered the composition of lipids (such as DGDG, MGDG, and triacylglycerol, given their importance for cell functioning, especially in stress-responses (e.g., oxidative stress) (Bréhélin et al., 2007; Abreu et al., 2020). However, most published studies have analyzed responses of lipid metabolisms in the short term only (i.e., 1–2 weeks), and were thus unable to resolve long-term responses to ocean acidification conditions. Since diatoms are characterized by large population sizes, standing genetic variations and short generation times (Reusch and Boyd, 2013; Collins et al., 2020), they have a high potential to adapt to acidifying oceans, as recently indicated (Li et al., 2017; Zhong et al., 2021).

To address this fundamental knowledge gap, we carried out a ∼400 days selection experiment with the model marine diatom Phaeodactylum tricornutum, and employed a lipidomics approach to investigate long-term responses in the lipid metabolism of diatoms to different emission scenarios associated with ocean acidification.



MATERIALS AND METHODS


Culture Conditions

Cultures of Phaeodactylum tricornutum Bohlin bac-2, obtained from the Institute of Oceanology at the Chinese Academy of Sciences, were maintained in half-strength Guillard’s “F” solution (Guillard and Ryther, 1962). Prior to the long-term experiments, the cultures were kept in 15°C plant growth chambers (HP1000G-D, Ruihua) under a photon flux of 100 μmol photons m–2 s–1 with a light:dark cycle of 12 h:12 h (HP1000G-D, Ruihua). To initiate the long-term selection experiments, the single-clone cultures were diluted into triplicates (500 mL each) and grown at low CO2 (400 μatm, ambient CO2 condition, denoted LC) and high CO2 (1,000 μatm, projected year 2100 high CO2 according to the high emission scenario RCP 8.5, IPCC, 2014, denoted HC) levels. The LC condition was attained by pre-aerating the medium with the ambient outdoor air, while the HC treatment was achieved within a plant growth chamber (HP1000G-D, Ruihua). In the chamber, the target CO2 level of 1,000 μatm was obtained by mixing air and pure CO2 gas. The CO2 partial pressure was continuously monitored and maintained at 1,000 ± 50 μatm. Triplicate semi-continuous batch cultures were grown for ∼400 days under the two selection regimes (i.e., LC, HC). After the 400-days selection period, the cells have grown for approximately 885 and 883 generations under LC and HC conditions, respectively. The initial cell concentration was 50 cells mL–1 and the cell densities were maintained within a range of ∼4.0 × 104 to 5.0 × 105 cells mL–1 at the time of dilution. The cultures were inoculated every 5–7 days to restore the cell density to the initial level (i.e., batch growth cycle) with fresh medium equilibrated with the corresponding target CO2 levels. To main a stable carbonate chemistry over each batch growth cycle (pH variations < 0.1 units), the cultures were maintained in closed polycarbonate bottles that were completely filled with culture medium to prevent head space gas exchange. Instead of analyzing the carbonate chemistry parameters on a weekly basis for a ∼400 days experiment, we measured the parameters before running the long-term selection experiments to ensure the semi-continuous culture approaches are reliable (Jin et al., 2013). In the pilot experiment, pH and dissolved inorganic carbon (DIC) were measured before and after the renewal of the medium in LC and HC cultures of P. tricornutum.



Lipid Extraction

At the end of the long-term selection experiment, six replicate samples (n = 6) of the HC- and LC-selected cells were collected in the middle of the photoperiod, centrifuged (8,000 g, 10 min), flash frozen in liquid nitrogen, and stored at −80°C until further analysis. The pellets of freeze-dried cells were placed into a glass tube with a Teflon lined cap, and extracted in 0.75 mL methanol. Then, 2.5 mL of methyl tert-butyl ether (MTBE) was added and the mixture was incubated in a shaker at room temperature for 1 h. Phase separation was induced by adding 0.625 mL of UHPLC -grade water. After 10 min of incubation at room temperature, the sample was centrifuged at 1,000 g for 10 min. The upper organic phase was collected, while the lower phase was re-extracted with 1 mL of solvent mixture [MTBE/methanol/water (10:3:2.5, v/v/v)] and the resulting upper phase was collected again. The combined upper phases were dried with a Termovap sample concentrator (Ecom, Czechia). To speed up sample drying, 100 μL of MS-grade methanol was added to the upper phase after 25 min of centrifugation. Extracted lipids were dissolved in 100 μL CHCl3/ methanol/water (60:30:4.5, v/v/v) for storage until further analysis using liquid chromatography with tandem-mass spectrometry (LC-MS/MS).



Liquid Chromatography With Tandem-Mass Spectrometry Analysis

Liquid chromatography with tandem-mass spectrometry analysis was performed using a Thermo VanquishTM UHPLC (ThermoFisher Scientific). Samples were injected into a Thermo Accucore C30 column using a 20-min linear gradient at a flow rate of 0.35 mL min–1. The column temperature was set at 40°C. Mobile phase buffer A was acetonitrile / water (6/4) with 10 mM ammonium acetate and 0.1% formic acid, whereas buffer B was acetonitrile/isopropanol (1/9) with 10 mM ammonium acetate and 0.1% formic acid. The solvent gradient was set as follows: 30% B, initial; 43% B, 8 min; 50% B, 8.1 min; 70% B, 17 min; 99% B, 24 min; 30% B, 27.1 min; 30% B, 31 min. The MS condition was set as follows: Q-Exactive mass series spectrometer was selected in the m/z 114-1700 scanning range, and the MS/MS scan was used for a data-dependent full scan. The Q-Exactive mass series spectrometer was operated in negative polarity mode with a spray voltage of 3 kV, capillary temperature of 350°C, sheath gas flow of 20 arbitrary units and auxiliary gas flow of five arbitrary units.



Lipid Identification

The raw data files generated by the HPLC-MS/MS were processed using the software Compound Discoverer 3.0 (CD3.0, Thermo Fisher) to perform peak alignment, peak picking, and quantitation for each metabolite. The main parameters were set as follows: retention time tolerance: 0.2 min, actual mass tolerance: 5 ppm, signal intensity tolerance: 30%, signal/noise ratio: 3, and minimum intensity: 100,000. Peak intensities were normalized to the total spectral intensity. The normalized data were used to predict the molecular formula based on additive ions, molecular ion peaks and fragment ions. Peaks were matched with the databases LIPID MAPS1 and LipidBlast to obtain accurate qualitative and relative quantitative results. Then the identified metabolites were annotated using the Human Metabolome Database (HMDB)2 and LIPID MAPS database.



Quality Evaluation of Lipid Metabolites Data

Quality control samples (QCs) were obtained by collecting an equal amount of mixture from each replicate sample. The consistency analysis was performed between QCs and our culture samples. Before the analysis, three QCs were used to stabilize the analysis system and to remove the acquired data before data processing. All QCs were used to monitor the robustness of sample preparation and the stability of instrumental analysis by analyzing batch random inserts. During the whole instrumental analysis process, all samples were analyzed randomly to avoid inter-batch differences (Wang et al., 2015). In order to evaluate the overfitting of the model, 200 permutation tests were performed in the partial least squares discriminant analysis (PLS-DA) model (Broadhurst and Kell, 2006).



Statistical Analysis

After metabolic information collection and data pre-processing, the resulting matrix was imported into the software metaX (Wen et al., 2017) for unsupervised principal component analysis (PCA) and supervised PLS-DA (Roede et al., 2014). Identification of metabolites has a variable importance in the projection (VIP) graphs (99% confidence) (Roede et al., 2014). For each multivariate model, the calculated R2 value reflects the goodness of fit. The parameter Q2 in the PLS-DA represents the predictive ability of the model (Roede et al., 2014). A Q2 value close to 0.5 reflects a good model. We applied univariate analysis (t-test) to calculate the statistical significance (p-value). Metabolites with VIP > 1, p < 0.05 and fold change (FC) ≥ 2 or FC ≤ 0.5 were considered to be differential metabolites. Volcano plots were used to filter metabolites of interest, based on Log2 (FC) and -log10 (p-value) of metabolites. For clustering heat maps, the data were normalized using z-scores of the intensity areas of differential metabolites, and plotted using the pheatmap package in R (R version R.3.6.1) and TBtools (Chen et al., 2020). The correlations between differential metabolites were analyzed using the cor() function in R (method = Pearson). Statistical significances of correlation between differential metabolites were calculated by the function cor.mtest() in R. P-values < 0.05 were considered as statistically significant, and the correlation plots were generated using the corrplot package in R. The Kyoto Encyclopedia of Genes and Genome (KEGG) database was used for enrichment analysis and pathway analysis of differential metabolites. Chi-square test was used to test the differences in lipid metabolite compositions between long-term HC- and LC-selected cells.




RESULTS


Sample Quality Control

The Pearson correlation coefficient between QC samples based on the peak area value found high correlation coefficients (∼0.99) of QC samples, which indicated a stability of the whole detection process and a high data quality (Supplementary Figure 1).



Overall Metabolites Description

We identified a total of 476 lipid metabolites in long-term HC- and LC-selected P. tricornutum cells (Supplementary Table 1). At the lipid category level, the majority of lipid metabolites were glycerophospholipids (GP) (49%), followed by glycerolipids (GL) (29%). Other lipid categories, such as sphingolipids (SP) and fatty acyls (FA), contributed relatively small proportions (SP: 15%; FA: 6%) in the detected lipid metabolites. At the lipid class level, the main lipid classes identified in long-term HC- and LC-selected P. tricornutum cells were glycosyldiradylglycerols, accounting for 27% of total lipid metabolites (Supplementary Table 1). Other identified lipid classes, such as glycerophosphoglycerols, glycerophosphocholines, and ceramides, represented 19, 15, and 13% of the total lipid metabolite pool (Supplementary Table 1).



Changes in Lipid Metabolites Between Long-Term HC- and LC-Selected Cells

The principal component analysis (PCA) of total lipid metabolites showed that PC1 and PC2 explain 43.4 and 31.1% of variation, respectively (Supplementary Figure 2). Although there were some variations among the six replicate samples due to the nature of the lipidomics analysis, our results showed there was a satisfactory separation of lipid metabolites between long-term HC- and LC-selected cells (Supplementary Figure 2). This discrimination was further evidenced by the PLS-DA scores plot (Supplementary Figure 3).

We found that of the identified 476 lipid metabolites, 74 significantly regulated different between long-term HC- and LC-selected cells (Table 1). Of those 74 lipid metabolites, 44 were significantly up-regulated, while the remaining 30 were significantly down-regulated in the long-term HC-selected cells compared to those under LC-selection (Table 1 and Figures 1, 2). Overall, the lipid classes MGDG (19%), HBMP (18%), PE (12%), and PG (12%) dominated in these 74 differentially regulated lipid metabolites (Table 1). However, the frequency of lipid classes differed significantly between down- and up-regulated lipid metabolites (χ2 = 65.317, p < 0.001, df = 16, n = 74) (Table 1). Specifically, MGDG (43%) was the most abundant in the down-regulated lipid metabolites, while HBMP (23%) and PE (20%) dominated in the up-regulated lipids (Table 1). We also found that the majority of the differently regulated PG lipids (seven out of nine) were up-regulated in long-term high CO2 selected cells (Table 1).


TABLE 1. Lipid metabolites that showed greater than twofold alterations in abundance in Phaeodactylum tricornutum selected under low (400 μam, ambient CO2 condition) or high CO2 (1,000 μam, projected year 2100 high CO2 according to high emission scenario RCP 8.5) for nearly 400 days.

[image: Table 1]

[image: image]

FIGURE 1. Volcano plot displaying the differentially regulated lipid metabolites between long-term low (400 μatm, LC) and high (1,000 μatm, HC) CO2 selected Phaeodactylum tricornutum cells. The dots represented in blue (down-regulated) and red (up-regulated) are differentially regulated lipid metabolites with > 2-fold change and a p-value of <0.05. VIP value represents the importance projection value of the metabolite obtained from the PLS-DA model.
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FIGURE 2. Heatmap displaying the log2-fold change in lipid metabolite between low (400 μatm, LC) and high (1,000 μatm, HC) CO2 selected Phaeodactylum tricornutum cells.




Correlations of Differently Regulated Metabolites

We further explored the correlations between differently regulated metabolites. Our results showed that MGDG (37:1, C46H86O10) were positively correlated with MGDG (34:4, C43H74O10), MGDG (32:4, C46H86O10), MGDG (37:2, C46H84O10) and GlcADG (37:1, C46H82O11) [Pearson correlation coefficients (r): 0.70–0.86] (Figure 3). PC (36:7, C44H74NO8P) were positively correlated with three MGDGs (36:2, C45H82O10; 34:4, C43H74O10, 32:4, C41H70O10) (r: 0.70–0.87). PC (36:7, C44H74NO8P) was positively correlated with GlcADG (37:1, C46H84O11) (r: 0.80), SQDG (36:2, C45H82O12S) (r: 0.74), HBMP (54:3, C60H111O11P) (r: 0.80), PG (33:0, C39H77O10P) (r: 0.73), and PEtOH (40:10, C45H69O81P) (r: 0.99) (Figure 3). In contrast, PC was negatively correlated with SQDG (32:1, C41H76O12S) (r: −0.70) and MGDGs (40:3, C49H88O10) (r: −0.73) (Figure 3). There were also pronounced negative correlations of two metabolites (MGDG, 40:3, C49H88O10; SQDG, 32:1, C41H76O12S) with the other metabolites presented in Figure 3 [e.g., SQDG (C41H76O12S) with PG (C39H77O10P), r: −0.6]. In summary, the up- and down-regulations of the metabolites were tightly coupled either by negative or positive correlations.
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FIGURE 3. Pearson correlations between differential metabolites (top 20). The size of the circle represents the magnitude of correlation. Green circles indicate positive correlations, red negative correlations. The value of the correlation coefficient (r) is shown in the color bar below the graphs.





DISCUSSION

Our results show that after 400 days (corresponding to almost 900 generations) of long-term high CO2 selection, the marine diatom species P. tricornutum revealed significant changes in lipid metabolisms. One of the most apparent findings of the present study is that MGDG, the main glycerolipid in non-plastid membranes, was significantly down-regulated in long-term LC selected cells. Our results are in agreement with the results of a previous short-term (6 h) study with the green algae species Chlamydomonas reinhardtii (Abreu et al., 2020). MGDG is a hexagonal II phase polar membrane lipid, whose role is to give the membrane a high internal lateral pressure among the fatty acyl chains and a pressure on the membrane proteins (Kruijff, 1997). Due to its non-bilayer lipid properties, different ratios of MGDG to other phase properties lipids may affect the lateral pressure on membrane proteins (Kruijff, 1997). For instance, it has been widely reported that a lower ratio of DGDG (a lamellar phase lipid) to MGDG reflects increased sensitivities of microalgae to various abiotic stresses (e.g., low temperature, CO2 limitation, salt stress, nitrogen starvation) (Du et al., 2018; Liu et al., 2019). Since no significant changes of DGDG were detected in the present study, the down-regulations of MGDG in long-term HC selected cells resulted in an increased ratio of DGDG:MGDG. Therefore, our results suggest that long-term high CO2 selection may be not stressful for P. tricornutum.

It is also worth noting that the down-regulations of MGDG would result in an increased conductivity of the thylakoid and in an increase of luminal pH, causing the activity of violaxanthin de-epoxidase to decrease (Aronsson et al., 2008). In addition, the down-regulations of MGDG are also likely to decrease the violaxanthin availability from the membrane for violaxanthin de-epoxidase (Schaller et al., 2010). Consequently, such a decrease in de-epoxidase would lead to a low efficiency of the violaxanthin-zeaxanthin interconversion, which is a key process of the xanthophyll cycle, a crucial regulatory component for energy dissipation in diatoms (Miloslavina et al., 2009; Goss and Jakob, 2010; Lepetit et al., 2017). This is evidenced by previous studies, in which diatoms in high CO2 conditions exhibited higher non-photochemical quenching (NPQ) (i.e., a lower energy dissipation capacity) (e.g., Gao et al., 2012; Wu et al., 2017; Li et al., 2019). These findings were further supported by our recent investigations, in which we found three proteins, namely the precursor protein of zeaxanthin epoxidase (ZEP2), zeaxanthin epoxidase (ZEP1) and violaxanthin de-epoxidase (VDE), were significantly down-regulated in HC selected cells (data not shown). To summarize, our results suggest that the MGDG down-regulation in long-term HC selected P. tricornutum cells is likely an adaptation strategy to cope with the long-term high CO2 conditions.

PE is one of the major phospholipids (phosphoglycerides) in most algae species (Guschina and Harwood, 2009). Very long chain polyunsaturated fatty acid can be incorporated into PE by acyltransferase reactions of the Kennedy pathway (Sayanova et al., 2017; Li-Beisson et al., 2019). The production of PE by algae was recognized as a response to abiotic stresses, such as light, temperature and nutrient. For instance, it was evidenced that the content of PE significantly increased with increasing temperature (Thompson, 1996). Both dark exposure and phosphate starvation were found to lead to a decrease of PE content in microalgae species (McLarnon-Riches et al., 1998; Khozin-Goldberg and Cohen, 2006). For the response of PE to high CO2, the degree of unsaturation of PE was reported to decrease in response to high CO2 by decreasing the contents of C18:3 at the sn-2 position of PE (Sato et al., 2003). Our results indicated that rather than the unsaturation of PE, the concentration of PE was significantly enhanced under long-term high CO2 selection.

In addition to PE, the majority of the differently regulated PG lipids (seven out of nine) were up-regulated in long-term high CO2 selected cells (Figure 4). PG is the major phospholipid in chloroplasts, and it contains an uncommon trans-3-hexadecenoic acid (C16:1t), located exclusively at position sn-2 of the glycerol backbone in all eukaryotic photosynthetic organisms (Boudière et al., 2014; Figure 4). PG play an important role in the light harvesting complex trimerization process and in the functioning of the photosystem (Loll et al., 2007). Along with MGDG and PE, PG is also sensitive to various abiotic stressors. It is well recognized that the contents of PG in various algal species, including diatoms, decrease under nutrient starvation (Van Mooy et al., 2009; Abida et al., 2015; Wang et al., 2019), elevated temperatures (Feijão et al., 2017, 2020), and low pH conditions (Vítová et al., 2016). In the present study, we found that ∼80% of the significantly regulated PGs were up-regulated after long-term high CO2 selection (Figure 4). This may be due to adaptation driven by long-term high CO2 selection. While the content of PG may decrease after short-term high CO2 selection, its content may be partially or completely reversed over the long-term high CO2 selection period. Such an adaptive response has been evidenced in multiple previous studies (Lohbeck et al., 2012; Jin et al., 2020). For instance, the fatty acid and lipid contents of three diatoms partly or entirely recovered following a long-term exposure (∼2 years) to warming conditions (+4°C) (Jin et al., 2020). Thus, our results suggest a high potential of diatoms to adapt their lipid metabolites to long-term high CO2 selection.
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FIGURE 4. (A) Model of lipid metabolism changes in Phaeodactylum tricornutum after long-term high CO2 selection. The heatmaps display the log2-fold changes in lysophosphatidylcholine [LPC, (B)], lysophosphatidylethanolamine LPE (C), monogalactosyldiacylglycerol [MGDG, (D)], PC, phosphatidylcholine [PC, (E)], phosphatidylethanolamine [PE, (F)], and phosphatidylglycerol [PG, (G)].


It is known that an increase of SQDG could compensate the absence of PG in plastids (Jouhet et al., 2010; Boudière et al., 2014; Abida et al., 2015), thus the contents of SQDG and PG are expected to be negatively correlated, as shown in our study. Under stressful conditions, such as nutrient starvation, a PG-to-SQDG replacement was considered to be a ubiquitous phenomenon in photosynthetic organisms, enabling the preservation of an anionic lipid environment to the photosystems in the thylakoids (Boudière et al., 2014; Nakamura and Li-Beisson, 2016). Besides a PG-to-SQDG replacement, there was also a PC-to-DGTA replacement occurring in the diatom P. tricornutum, which was also considered to be a strategy to cope with environmental stresses (Abida et al., 2015). Since we observed multiple negative or positive correlations between different lipid metabolites (e.g., positive correlation between PC and PEtOH; negative correlations between MGDG and PC), our results suggest several more lipid remodeling mechanisms that have not been identified yet. We propose that the underlying mechanisms for lipid remodeling in response to various abiotic stressors in diatoms should be further investigated as part of future studies.

It is also recognized that the lipid metabolism of microalgae was regulated by some mineral elements such as silicon and calcium. For instance, lipid production in marine diatoms Chaetoceros gracilis and Thalassiosira pseudonana was reported to increase under silicon limitation conditions (Zendejas et al., 2012; Adams and Bugbee, 2014). Since high CO2 was reported to affect the biogenic silica cellular contents of diatoms (Xu et al., 2014), such a change induced by high CO2 is expected to regulate the lipid metabolism as well. Calcium (Ca2+), a secondary messenger, plays a crucial role in the signal transduction through the activation of various receptors associated with metabolic in coping with various environmental changes (Chen et al., 2014). Calcium can bind with calmodulin and then affect the energy metabolism by regulating the cyclic electron flow in photophosphorylation and respiratory oxidative phosphorylation in microalgae (Chen et al., 2015). It is known that an appropriate concentration of calcium can stimulate the activity of Acetyl-CoA carboxylase that catalyzes the conversion of acetyl-coenzyme A to malonyl-CoA during the fatty acid biosynthesis (Gorain et al., 2013). However, how would high CO2 interact with calcium to regulate the lipid modeling of diatoms (through energy metabolism or signal transduction) remains unknown. Hence, we recommend that the underlying mechanisms for lipid remodeling in response to high CO2 interacting with essential (or non-essential) elements in diatoms are warranted for further investigations.

In conclusion, our observations suggest that long-term high CO2 selection triggered substantial changes in lipid metabolites of the marine diatom P. tricornutum (Figure 4A). Some lipid metabolites (such as PGs) showed high adaptive potential to the selection. The tightly coupled regulations (positively or negatively correlated) of lipid metabolites reveal that the lipid remodeling is an organismal adaptation strategy of marine diatoms to ongoing ocean acidification. The composition and concentration of lipid are crucial for marine food quality, and their changes can be transferred to high trophic levels (Rossoll et al., 2012; Jin et al., 2015, 2020). Therefore, our results outline the importance of investigating the long-term responses of lipids of primary producers to prolonged ocean acidification conditions, and assessing the ecological consequences.
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Cellulose and chitin are the most abundant polymeric, organic carbon source globally. Thus, microbes degrading these polymers significantly influence global carbon cycling and greenhouse gas production. Fungi are recognized as important for cellulose decomposition in terrestrial environments, but are far less studied in marine environments, where bacterial organic matter degradation pathways tend to receive more attention. In this study, we investigated the potential of fungi to degrade kelp detritus, which is a major source of cellulose in marine systems. Given that kelp detritus can be transported considerable distances in the marine environment, we were specifically interested in the capability of endophytic fungi, which are transported with detritus, to ultimately contribute to kelp detritus degradation. We isolated 10 species and two strains of endophytic fungi from the kelp Ecklonia radiata. We then used a dye decolorization assay to assess their ability to degrade organic polymers (lignin, cellulose, and hemicellulose) under both oxic and anoxic conditions and compared their degradation ability with common terrestrial fungi. Under oxic conditions, there was evidence that Ascomycota isolates produced cellulose-degrading extracellular enzymes (associated with manganese peroxidase and sulfur-containing lignin peroxidase), while Mucoromycota isolates appeared to produce both lignin and cellulose-degrading extracellular enzymes, and all Basidiomycota isolates produced lignin-degrading enzymes (associated with laccase and lignin peroxidase). Under anoxic conditions, only three kelp endophytes degraded cellulose. We concluded that kelp fungal endophytes can contribute to cellulose degradation in both oxic and anoxic environments. Thus, endophytic kelp fungi may play a significant role in marine carbon cycling via polymeric organic matter degradation.
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INTRODUCTION

Coastal habitats have been recognized as carbon (C) cycling hotspots with the potential to influence climate through organic matter (OM) decomposition (Wang and D’Odorico, 2013) controlling the balance between atmospheric CO2 and O2 (Guenet et al., 2010). Coastal vegetation, including mangroves, seagrasses, salt marshes, and macroalgae supply a significant portion of polymeric, organic C (lignin, cellulose, and hemicellulose) to coastal sediments (Duarte et al., 2005; McLeod et al., 2011; Ortega et al., 2020). Furthermore, macroalgae form the largest vegetated habitats in the coastal ocean (ca. 3.4 million km2) with a total annual primary production of ∼ 1.5 Pg C y–1 (Krause-Jensen and Duarte, 2016; Krause-Jensen et al., 2018; Raven, 2018). A significant amount (82%) of macroalgae biomass enters the detrital pathway (Krumhansl and Scheibling, 2012), forming an essential component of the marine C cycle. Of all macroalgae, brown macroalgae (kelp) deposit the largest quantities of detritus, globally, in a variety of receiver habitats from sandy beaches to the deep ocean (Krause-Jensen and Duarte, 2016). This detritus is predominantly comprised of cellulose, hemicellulose (mannan, xylan) and sulfated polysaccharides (carrageenan) (Trevathan-Tackett et al., 2015; Deniaud-Bouët et al., 2017), which may ultimately be buried in the sediment, leached into groundwater (Queirós et al., 2019), or degraded through biological processes (Wang and D’Odorico, 2013). Whether kelp detritus is stored as blue carbon or remineralized depends mainly on microbial communities (Raghukumar, 2004), temperature (Passerini et al., 2016), and oxygen concentration; these are fundamental variables controlling biogeochemical processes (Glud, 2008). Degradation pathways can have a significant influence on coastal and marine C cycling, and the global C budget (Guenet et al., 2010; Worden et al., 2015; Jeewon et al., 2017; Grossart et al., 2019; Chrismas and Cunliffe, 2020). Although the role of bacteria in marine detritus degradation is reasonably well known, the potential role of marine fungi has received relatively little attention.

In terrestrial systems, research has shown that fungi (Ascomycota and Basidiomycota) are the major microbial organisms responsible for degradation of refractory polymers (lignin, cellulose, and chitin) (Van der Wal et al., 2013; Berlemont, 2017; Amend et al., 2019; Weinberger et al., 2020). Fungi are known to occur in marine (Hyde et al., 1998; Bonugli-Santos et al., 2015; Behera et al., 2017), and coastal environments (Alsheikh-Hussain et al., 2014; Lakshmi et al., 2017; Amend et al., 2019), however, studies in marine systems have so far mainly focused on characterizing the fungal community rather than assessing its function (Grossart et al., 2019). The ocean floor is a key marine habitat receiving a substantial fraction of the sinking marine detritus that could be degraded by fungi. However large sections of the ocean floor and deeper coastal sediments (below the upper few centimeters of sediment) are anoxic (Watson, 2016) and the potential for fungal degradation to occur in anoxic sediments has been recognized only since the past decade (Ivarsson et al., 2016; Drake and Ivarsson, 2018; Zain UI Arifeen et al., 2019). Marine macroalgae, which are a major contributor of marine detritus, provide an excellent habitat for endophytic fungi, where fungi live in symbiosis within the macroalgae tissues (Suryanarayanan et al., 2010; Suryanarayanan, 2012). Once the macroalgae dies, these endophytic fungi have the ability to turn in to saprophytes and degrade the dead macroalgae biomass (Hyde and Soytong, 2008; Balabanova et al., 2018). Thus, endophytic fungi may be transported within the macroalgae tissue over long distances and become ultimately buried within deep marine sediments or in coastal sediments. This gives fungi the opportunity to remineralize the detritus to a large extent before colonization by any other decomposer, and the ability to potentially influence colonization by other decomposers (Cline et al., 2018; Wolfe and Ballhorn, 2020). Endophytic fungi may therefore directly and indirectly affect degradation of macroalgae detritus.

Fungi produce a range of versatile enzymes to degrade refractory, polymeric compounds such as lignin, chitin, cellulose, hemicellulose, and phenolics (Harms et al., 2011; Wang and D’Odorico, 2013; Khatoon et al., 2017), some of which are found in macroalgae detritus. The primary fungal degradation enzymes are laccases (Janusz et al., 2017), manganese-dependent peroxidase (MnP), manganese-independent peroxidase (MiP), lignin peroxidase (LiP) (Hammel, 1997), and protocatechuate-3,4 dioxygenase (Leonowicz et al., 2001). These enzymes are assisted by secondary enzymes (aryl alcohol oxidase, and glyoxal oxidase) which produce H2O2 and ⋅OH (Shao et al., 2020). A third group of enzymes [glucose oxidase and cellobiose dehydrogenase (quinone oxidoreductase)] play a crucial role in degrading high-molecular-weight woody material, acting as a feedback system for the primary and secondary enzymes. While these enzymes work synergistically to enhance microbial degradation (Wood and Garcia-Campayo, 1990; Chen et al., 2021), certain enzymes such as laccases, because of their multi-copper oxidases, can also act separately to break down lignin (Leonowicz et al., 2001). Fungi can also potentially break down organic C by inducing cellulose degradation via short-lived reactive oxygen species (ROS), including hydroxyl radicals (⋅OH), superoxide anion radicals (O2–⋅), and singlet oxygen (1O2) formation (Ślesak et al., 2019; Smirnoff and Arnaud, 2019). The short-lived ROS are often formed from the longer-lived ROS H2O2, which is commonly produced in eukaryotic mitochondria (Ivarsson et al., 2016). Hydroxyl radicals and singlet oxygen, in particular, are potent oxidants that can degrade a variety of polymeric, organic C compounds and whose activity can be catalyzed by the presence of other redox-active compounds, such as Cu, Fe, or specific organic moieties (Rose et al., 2010). These same degradation pathways are known to exist in marine and terrestrial fungi, but the knowledge of their ability to degrade polymers in anoxic marine sediments can be improved.

Fungal polymer degradation under oxic conditions has been well studied, where oxygen is used as a terminal electron acceptor (Canfield et al., 2005). Fungal degradation under anoxic conditions is less well known, although yeasts are active under anoxic conditions and can carry out anaerobic respiration, oxic and/or anoxic fermentation and can switch their metabolism (Rangel-Porras et al., 2019). Research into the ability of fungi to degrade OM under anoxic conditions has been expanding over the last decade within the deep biosphere (Ivarsson et al., 2016; Drake and Ivarsson, 2018; Zain UI Arifeen et al., 2019), groundwater (Perkins et al., 2019), and marine environments (Cathrine and Raghukumar, 2009; Lovelock et al., 2017). Certain fungi can function as facultative anaerobes (Ivarsson et al., 2016), using nitrate or nitrite as the terminal electron acceptor (Canfield et al., 2005), or as facultative chemolithotrophs, where metabolic energy is gained from sulfur oxidation (Xu et al., 2018). Given that sulfate reduction rapidly consumes oxygen during kelp degradation (Van Erk et al., 2020) and given that kelp is transported to anoxic/hypoxic environments (buried, or in the deep sea) (Krause-Jensen and Duarte, 2016), understanding oxygen limitation for a potentially facultative decomposing fungi is important for assessing the ability of fungi to contribute to kelp degradation.

The kelp genus Ecklonia occurs globally, and the species Ecklonia radiata is the principal macroalgal species in the temperate reefs of Australia (Kelaher et al., 2013). Here, we cultivated 11 endophytic fungi (10 individual species, with one species having 2 strains) from the brown macroalgal kelp species E. radiata and assessed their ability to degrade various organic polymeric compounds. Organic polymers can be used as a quick indicator for degradation potential and can identify microbial enzymatic activities, aiding to understand microbial degradation potentials (Caldwell et al., 2000; Promputtha et al., 2010; Perkins et al., 2019) and the function of endophytes. We compared the polymeric organic matter decomposition abilities of these kelp endophytic fungi with four common terrestrial fungal species (3 Basidiomycota and 1 Ascomycota). To determine the ability of endophytic fungi to degrade kelp in low oxygen environments (buried in coastal sediments, or transported to the deep sea), we investigated organic polymer degradation indicated through dye decolorization under oxic and anoxic conditions for marine and terrestrial Ascomycota, Basidiomycota, and Mucoromycota. We hypothesized that (1) kelp endophytic fungi can degrade a variety of organic polymeric substrates under oxic conditions, (2) some kelp endophytic fungi can also degrade organic polymeric substrates under anoxic conditions, (3) the degradation potential under oxic and anoxic conditions differs between kelp endophyte species, and (4) there are functional differences between the degradation abilities of Ascomycota, Basidiomycota, and Mucoromycota. If kelp endophytic fungi that are symbiotic within living kelp have the capacity to degrade organic polymers, particularly under anoxic conditions, this suggests that they may become saprophytes of kelp detritus even when buried in the anoxic sediments, representing a currently unquantified coastal carbon cycling process.



EXPERIMENTAL PROCEDURES


Endophytic Fungal Isolation and Cultivation

Whole and healthy (with no apparent symptoms of disease) Ecklonia radiata specimens were collected from water at 2–4 m depth in Charlesworth Bay, NSW, Australia (30°18′15″S, 153°9′5″E) then immediately transported in fresh seawater to the laboratory. The fresh kelp material was rinsed with sterile tap water and then blotted dry with autoclaved paper towels in a biosafety cabinet, equipped with a laminar flow-hood (Flewelling et al., 2013a). Surface sterilization was tested with 70% ethanol dip for varying durations (5, 10, 15, and 20s), and with Metrex cavicide (for the detailed surface sterilization method, please refer to Supplementary Material). A flame sterilized scalpel was used to cut the kelp material into discs for cultivation. For equipment sterilization, 70% ethanol was used.

From five surface-sterilized E. radiata, approximately 200 circular discs (5–8 mm diameter) were cut with a flame sterilized scalpel. These were taken from different sections (stipe, blade, and holdfast) of E. radiata, to represent the whole E. radiata organism. Discs from the various kelp sections were cultivated on separate plates. The discs were placed onto 70 Petri dishes (9 cm diameter, vented; 3 discs per Petri dish) containing either (1) 2% malt extract agar (MEA), (2) 2% MEA with sterilized seawater (MEA-SW), (3) selective agar for pathogenic fungi (SA) (Sigma Aldrich, BCBN8597TV), or (4) selective agar for pathogenic fungi with sterilized seawater (SA-SW). Seawater was collected during high tide at Seven Mile Beach (NSW, Australia 28.7906102S, 153.5940488E). These plates were incubated for up to 2 weeks at 22–24°C, and all emerging fungal endophytes were isolated onto 2% MEA. To prepare a stock library of each fungus, all isolates were further cultivated on 2% MEA.



Molecular Identification of Fungal Isolates

To characterize each fungal isolate, ca. 250 mg DNA was extracted from the fungal mycelia of each isolate using the cetrimonium bromide (CTAB)-phenol-chloroform-isoamylalcohol/bead-beating protocol (Nercessian et al., 2005). Briefly, mycelial fragments were homogenized in a bead beater with zirconia/glass beads (0.1, 0.7, and 3 mm) and the following was added: (1) 600 μL 10% CTAB buffer in 1.6 M NaCl with a 1:1 ratio with 240 mM K2HPO4/KH2PO4 buffer, (2) 600 μL phenol:chloroform:isoamylalcohol (25:24:1), (3) 60 μL 10% N-lauryol sarcosine, and (4) 60 μL 10% sodium dodecyl sulfate (SDS). Following shaking (2,850 rpm for 10 min) and centrifugation (16,000× for 10 min at 4°C), the upper aqueous phase was removed and centrifuged in a new reaction tube with chloroform-isoamylacohol (24:1, 650 μL) to remove residual phenol. This solution was then incubated in 30% PEG 6000 prepared in 1.6 M NaCl (1.1 mL) to precipitate the DNA and was centrifuged again. The subsequent pellet was removed and cleaned with 1 mL icy 70% ethanol and centrifuged again. The ethanol was removed with a pipette, and the supernatant was dried at 37°C for up to 10 min. Finally, the recovered genetic material was dissolved in 50 μL PCR water and stored at −18°C until further processing.

For PCR, 2 μL of the stored DNA was mixed in 31.75 μL PCR water, 10 μL buffer, 2 μL bovine serum albumin (BSA), 1 μL each ITS1 and ITS4 (ITS1-5.8S-ITS2 region was amplified; White et al., 1990), 2 μL MgCl2 and 0.2 μL MyTaq Red DNA Polymerase (Bioline, Germany) and the PCR conditions were set at: (i) 95°C for 2 min, (ii) 35 cycles at 95°C for 30 s, (iii) 53°C for 30 s, (iv) 72°C for 45 s, and (v) 72°C for 5 s. The amplification was terminated at 10°C. PCR products were sequenced with Sanger technology at Macrogen Europe. Sequences were assembled using BioEdit (Hall, 1999). The taxonomic assignment of isolates was determined by comparing the ITS sequences against reference databases such as UNITE1 and the NCBI GenBank. Taxonomy was further curated using the Index fungorum.2 For the phylogenetic analysis, we aligned the sequences with MAFFT v7 (Katoh et al., 2018). We generated a maximum likelihood phylogenetic tree with FastTree version 2.1.9 (Price et al., 2010), using a GTR + G + I model of evolution. The resulting phylogenetic tree was displayed and edited in MEGA-X (Kumar et al., 2018). The fungal sequencing data was deposited to NCBI website (ID: 4751, MW999952-66). The link is included in Supplementary Material. For long term preservation, all isolates were freeze-dried at −80°C < 0.1 mBar (Labconco model 7934032) over 3 days.



Organic Polymer Degradation Testing

For organic polymer degradation testing, the culture medium was prepared with, per liter, 0.94 g KH2PO4, 1.9 g K2HPO4, 1.6 g KCl, 1.43 g NaCl, 0.15 g NH4Cl, 0.037 g MgSO4, 0.1 g yeast, 10 g light-malt sugar, and 15 g agar. The solution was aliquoted into six sterile 1-liter Schott Duran glass bottles, kept in a water bath at 55°C, and supplemented with 100 mg streptomycin and penicillin to prevent bacterial contamination. To test for fungal organic polymer utilization, each of the following organic polymers were added to one of five aliquots: (1) 0.1% wt./vol 2,2’-Azino-bis(3-ethylbenzothiazoline-6-sulfonic acid) diammonium salt (ABTS), (2) 0.02% wt./vol Congo Red (CR), (3) 0.02% wt./vol Remazol Brilliant Blue (RBBR), (4) 0.02% wt./vol Toluidine Blue 199 (Tol), or (5) 0.02% wt./vol Bromocresol Green (Bromo). The degradation potential and/or bioactive compound production indicated by each of these substrates is detailed in Table 1. The sixth aliquot was used as a control, with no addition of any organic polymers allowing it to be compared to the growth of fungi with organic polymeric substrates.


TABLE 1. Isolated kelp endophytic fungi from E. radiata and their occurrence in different plant tissues(HF-holdfast, S-stipe, B-blade).

[image: Table 1]Once the aliquots were mixed, the media was poured into 9 cm diameter vented Petri dishes, and once solidified the media was inoculated with one of 11 cultivated kelp endophytic fungi or one out of four terrestrial fungi (one Ascomycota, cultivated from local soils, and three commercially available Basidiomycota [Oyster (Pleurotus sp.), Shiitake (Lentinula sp.), and Tasman Reishi (Ganoderma sp. from “Aussie mushroom supplies”), no strain number available)]. The total number of Petri dishes was 192 [16 (15 fungi + 1 control) times 12 (5 organic polymer + 1 MEA control plates), duplicated for oxic and anoxic treatments]. To ensure that each Petri dish was inoculated with a similar mass of fungi, a flame sterilized molded wire was used. For each fungus, material for inoculations was taken from a single initial plate to ensure the same organism was used across treatments. The terrestrial fungi were chosen to gain a deeper knowledge of dissimilarities or similarities in degradation functions of the three fungal phyla and of kelp endophytic fungi from marine sources with common terrestrial fungi. Of the 192 plates, one set (96) was sealed with parafilm in front of the laminar flow hood and was packed into a clear still air box. To assess the degradation during anoxic conditions, the second set (96) was placed into a pre-sterilized anaerobic chamber. Any specimen transferred to the chamber was first purged with high purity N2. The anaerobic chamber was a COY model 10 gas analyzer, which automatically measures H2 and O2. Anoxic conditions were maintained at under 1–5% H2 in a N2 atmosphere at ambient temperature, using a Pd catalyst that consumes O2. This was monitored by an inbuilt alarm system that would be triggered if the gas concentration fell outside the chosen range. Due to the requirement for N2 purging, the second set of inoculates could only be sealed inside the anaerobic chamber. Any tool used in the chamber was first sterilized and purged with high purity N2. Kelp degradation where detritus was collected occurs at highly variable temperatures (in Australia 5–40°C); Petri dishes were kept at a median temperature (22–24°C) and under natural light conditions.

Each of the isolates was assessed weekly to determine growth and color change. Changes in color indicate catalytic conversion through the splitting of organic polymeric bonds in the substrates (Saroj and Narasimhulu, 2018). This enzymatic activity, known as hydrolysis, occurs through the production of acids or bases by the hydroxide anion and hydrogen cation of water during fungal OM degradation. The production of degrading enzymes changes the color of the media, and the type of enzymes determines the color change during hydrolysis (e.g., for CR loss of red color, or the media becoming clear would indicate acidic enzymatic production, whereas darkening of the media indicates alkaline enzymatic production). Hydrolysis was visually observed and was assessed (+, or ++) depending on the area of the specimen (diameter in cm) with changes in color to the media (Saroj and Narasimhulu, 2018) (if the color change did not exceed the area under the specimen received + and if the color change exceeded the area under the specimen received ++). Once a specimen received ++, or the specimen reached 90% growth on the Petri dish, it was kept for further observation but was not re-assessed. The isolates in oxic conditions were maintained for 6 weeks. As the anaerobic chamber acts as a laminar flow hood and as anaerobic degradation takes longer (Prasad et al., 2007), the isolates under anoxia were kept there for 16 weeks. After week 16, the fungi were transferred to a still air box and kept there for another week to observe any response following the change from anoxic to oxic conditions. Bacterial or mold contamination was not observed on any media throughout the experiments.



RESULTS


Fungal Species

Isolated strains were identified by visual morphological assessment (Supplementary Figure 1), and their identity confirmed via genetic analysis. A phylogenetic tree of the 11 fungal isolates from E. radiata kelp (Figure 1) assigned the fungi to three phyla (Ascomycota, Mucoromycota, and Basidiomycota), five classes (Eurotiomycetes, Sordariomycetes, Dothideomycetes, Mucoromycetes, and Agaricomycetes), six orders (Eurotiales, Xylariales, Pleosporales, Capnodiales, Mucorales, and Polyporales), and seven families (Aspergillaceae, Sporocadaceae, Didymellaceae, Trichocomaceae, Mucoraceae, and Polyporaceae) (Supplementary Table 2). From E. radiata tissues (blade, stipe, and holdfast), the species more frequently isolated were M. circinelloides (2 strains identified from 1 species on over 30 plates, although there may be other strains), Penicillium sp. (3 species on 23 plates, although there may be other species or strains), and Cladosporium sp. (15 plates). In contrast, T. assiuntensis was isolated only on four plates. Each plant section from E. radiata was separately cultivated to determine tissue specificity, particularly for the holdfast (Table 1).


[image: image]

FIGURE 1. Maximum likelihood tree of all tested fungi in this study. The ITS1-5.8S-ITS2 sequences were aligned with MAFFT, the phylogenetic tree was generated with FastTree using a GTR + G + I model and visualized with MEGA X. Bootstrap values are indicated on the nodes. The red squares represent terrestrial fungi that were not derived from E. radiata. The scale represents the sequence divergence between the number of nucleotide substitutions per site.




Organic Polymer Degradation

All E. radiata endophytic fungal isolates presented activities related with the degradation (change of color) of the polymeric compounds analyzed under oxic conditions, with varying effectiveness over time (Table 2 and Supplementary Table 1). CR is commonly used as a sensitive assay for the cellulase enzyme; this enzyme breaks down cellulose (Sazci et al., 1986; Florencio et al., 2012), which is the major component of E. radiata detritus. Strong decolorization of CR, which is associated with degradation of cellulose, was observed in A. proliferans, E. sorghinum, Cladosporium sp., P. corylophilum, Penicillium sp., P. fagi, and M. circinelloides, all of which produced significant (++) color change within 1 week. G. sessile and T. tephropora (endophytic Basidiomycota) changed the color of CR, but only by week three.


TABLE 2. Degradation of organic polymers by endophytic fungal isolates from kelp after 3 and 6 weeks under oxic conditions.

[image: Table 2]Hydrolysis (color change) of Tol is indicative of sulfur-containing lignin peroxidase activity (Hamza et al., 2012) and was observed within 1 week for B. pondoensis, E. sorghinum, Cladsporium sp. A. proliferans, B. pondoensis, E. sorghinum, Cladosporium sp., P. fagi, and M. circinelloides. No color change on Tol was detected for any Basidiomycota at this time and, overall, Basidiomycota showed a stronger color change of ABTS, RBBR, and Bromo than Ascomycota and Mucoromycota.

Within the first week, all Basidiomycota fully changed the color of ABTS, a compound associated with laccase activity (Leonowicz et al., 2001), whereas all Ascomycota required more time and showed less intensity in the color change. The change of color in RBBR by Basidiomycota, linked to ligninolytic and laccase activities (Sing et al., 2017), was slower than the color change on ABTS. Ascomycota and Mucoromycota showed a color change on RBBR only after 4 weeks. The color change of Bromo (associated with sulfonephthaleins lignin degrading enzymes) first occurred in week three for Basidiomycota, and in general, Ascomycota and Mucoromycota showed less activity. Overall, the Fusarium sp. patterns in changing the color of the media under oxic conditions were similar to Mucoromycota strains.

In general, growth or activity on polymers without any atmospheric oxygen was slower and no polymer changed color within the first 3 weeks (Table 3). CR was the first substrate to change color by week six under anoxic conditions; by this time four of the E. radiata endophytic fungal isolates (+) had changed the color of the media. G. sessile was the only Basidiomycota that changed color of any media, being ABTS by week 12. The control (MEA) was the least favored substrate for all fungi under anoxic conditions. The last 4 weeks of incubation resulted in more color changes for the same isolates. In contrast to Basidiomycota, endophytic Ascomycota successfully survived and revived after exposure to oxic conditions following 16 weeks of anoxia.


TABLE 3. Degradation of organic polymers by endophytic fungal isolates from kelp after 3, 6, and 12 weeks under anoxic conditions.
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DISCUSSION


Community Composition of Kelp Endophytic Fungi

E. radiata had a diverse mycobiome of endophytic fungi and the 10 cultivated species and two strains represented three phyla: Ascomycota, Basidiomycota, and Mucoromycota (Supplementary Table 2). The phylum Ascomycota is the largest endophytic phylum (over 70,000 species in terrestrial and marine environments; Rashmi, 2019), and ca. 70% of endophytic fungi from E. radiata belong to this phylum. Eurotiomycetes, Dothideomycetes (Ascomycota), and Agaricomycetes (Basidiomycota) are the most commonly recorded endophyte classes (Rashmi, 2019) and were also dominant in E. radiata (eight of eleven isolates) (Supplementary Table 2). Pleosporales, Eurotiales, and Xylariales are the most commonly recorded endophytic orders (Rashmi, 2019), with seven of our eight isolates belonging to these orders (Supplementary Table 2). Here we cultivated five isolates (Penicillium sp., Aspergillus sp., and Cladosporium sp.; Supplementary Table 2), which are frequently isolated endophytes (Rashmi, 2019), from various macroalgae (Zuccaro et al., 2003, 2008; Suryanarayanan et al., 2010; Flewelling et al., 2013b; Sarasan et al., 2020). Endophytic fungi from E. radiata were cosmopolitan, found in other hosts or different environments (Table 1). Endophytic fungi are a diverse group, inhabiting and degrading terrestrial (Arnold, 2007; Kusari et al., 2012; Rana et al., 2019; Yan et al., 2019; Manganyi and Ateba, 2020) and marine vegetation (Hamzah et al., 2018; Noorjahan et al., 2019; Teixeira et al., 2019; Parthasarathy et al., 2020; Calado et al., 2021), linking ecology to plant pathology (Shipunov et al., 2008; Behie and Bidochka, 2014; Leach et al., 2017; Latz et al., 2018; Poveda et al., 2020), and evolution (Miyauchi et al., 2020; Tiwari and Bae, 2020), as well as plant communication and nutrient distribution (Kothe and Turnau, 2018; Sharifi and Ryu, 2021). Endophytic fungi live in symbiosis within the macroalgae, as in terrestrial vegetation (Jia et al., 2016), or in marine vegetation (Hamzah et al., 2018; Noorjahan et al., 2019; Calado et al., 2021) and are likely to regulate many biochemical pathways through their life cycle (Navarro-Meléndez and Heil, 2014; Latz et al., 2018). Clearly, endophytic fungi are likely of considerable importance, potentially for OM degradation (macrophytes, or other vegetation sources) and C cycling in terrestrial and marine environments.



Organic Matter Degradation by Kelp Endophytic Fungi

This study focused on endophytic fungi from marine kelp, and we confirmed their presence. Our degradation assay demonstrates that kelp endophytic fungi can potentially turn to saprophytes, and we show that these fungi have the ability to decolorize several polymeric compounds found within the kelp detritus. Kelp detritus often travels great distances and our assay suggest that, after the death of E. radiata saprophytic endophytic fungi may be as important in marine sediments as has been reported for terrestrial soils (Mohamed and Martiny, 2011; Worden et al., 2015; Dini-Andreote et al., 2016; Ortega-Arbulú et al., 2019). Furthermore, endophytic fungi may influence kelp degradation in both oxic and anoxic environments (Cline et al., 2018; Wolfe and Ballhorn, 2020).

Fungal oxic degradation may be important in the water column, or on top of the kelp pile on the beach. The ability of the three phyla (Ascomycota, Basidiomycota, and Mucoromycota) to decolorize the various polymeric substrates differed significantly. Ascomycota and Mucoromycota primarily decolorized CR and Tol, which could indicate their cellulose degradation potential (pointing to the production of MnP, MiP, and sulfur-containing LiP), whereas Basidiomycota decolorized ABTS, RBBR, and Bromo (reflecting the potential production of laccase and LiP) (Supplementary Table 1). Importantly, although this study highlights the potential role of endophytic fungi in kelp degradation, the ability of fungi to degrade kelp detritus cannot be categorically determined through their dye decolorization abilities alone. However, the considerable differences in the dye decolorization ability of the various fungal species tested suggest that the decolorization was not simply caused by biosorption but was rather related to some difference in the biodegradation ability among the fungal species. These differences in degradation potential supports the ability of fungi to co-exist through niche-partitioning, as previously reported (Asgher et al., 2008). The composition of the fungal community within kelp may therefore be important for kelp detritus degradation.

Unlike in terrestrial environments, anoxic conditions are relatively common in coastal and marine sediments, where kelp detritus is deposited. The anoxic degradation potential of kelp endophytes is therefore particularly important. In this study we showed that some of the endophytic fungal isolates were able to decolorize CR in the absence of oxygen, indicating that they may have the potential to play a significant role in kelp (cellulose) degradation within anoxic sediments. This is in line with recent reports of anoxic fungal degradation in terrestrial (Ivarsson et al., 2016; Drake and Ivarsson, 2018) and marine environments (Barone et al., 2019; Zain UI Arifeen et al., 2019). CR was the substrate that was most decolorized by fungi under anoxia; this is not surprising, as CR is the most soluble and least recalcitrant of all substrates tested (Costa et al., 2012). Under oxic conditions the color change of CR media varied between species, from a loss in color to the media becoming dark (red, gray, or black) and, in some cases, later becoming losing color again after initially darkening. Under anoxic conditions, however, the media turned dark during hydrolysis. One single species of Basidiomycota (G. sessile) indicated activity on ABTS (associated with laccase production) under anoxic conditions. These results suggest that Ascomycota and Mucoromycota may have the potential to degrade cellulose under anoxic conditions.

Three endophytes were active under anoxia (P. corylophilum, M. circinelloides, and B. pondoensis) and of the isolated fungi, these three species showed the highest potential to degrade kelp in anoxic environments. The ability of these species to contribute to anoxic kelp degradation is not surprising. Under anoxic conditions P. corylophilum can reduce the chemical oxygen demand of activated sludge (Mannan et al., 2007), B. pondoensis produces cellulase (Yadav and Reddy, 2013) and emits volatile organic compounds (Navarro-Meléndez and Heil, 2014), and M. circinelloides has been shown to have the ability to use numerous C sources (e.g., xylose, arabinose, glycerol, starch, cellulose, or chitin) (Xia et al., 2011). M. circinelloides was the most active isolate under anoxic conditions, producing more cellulose-degrading and lignin-degrading enzymes (RBBR and Bromo). M. circinelloides is a yeast-mold dimorphic species, where dimorphism is influenced by C metabolism (Díaz-Pérez et al., 2020), thus it can switch between fermentative and oxidative processes (Crabtree effect—aerobic fermentation) (Rangel-Porras et al., 2019). Aerobic fermentation was found during macroalgae degradation (Van Erk et al., 2020). A likely pathway for fungi to break down macroalgal cellulose, whether in oxic or anoxic conditions, is via MnP or MiP production (Dos Santos et al., 2007) and subsequent splitting of cellulose bonds via hydrolysis (Conrad, 2006; Jung et al., 2015). MnP acts as a catalyst in the degradation of cellulose or phenolic and non-phenolic compounds in macroalgae, using H2O2 as an oxidant (Shin et al., 2005). The three endophytic fungi that were active under anoxic conditions in the current study probably work on charges alone and as such may not require oxygen. Aerobic fermentation during kelp degradation offers potential for more fungi to capitalize on the rich C source from kelp even in anoxic environments.



Implications for Global Marine Carbon Cycling

The productivity of kelp is the highest amongst all coastal vegetation (Krause-Jensen and Duarte, 2016; Raven, 2018). Of all kelp, the widely distributed genus Ecklonia has moderately high productivity and detritus production (Krumhansl and Scheibling, 2012). Therefore, it is important to understand how C is cycled through the lifecycle Ecklonia sp., how that relates to marine carbon cycling, and to establish if the rich endophytic mycobiome has the ability to influence kelp degradation. In marine pelagic systems or coastal ecosystems, fungi have received far less attention than in terrestrial systems (∼1,900 documented marine species compared to over 100,000 documented terrestrial species) (Hyde et al., 1998; Ortega-Arbulú et al., 2019), and marine fungal degradation has received far less attention than marine bacterial OM degradation. Fungal pathways for kelp degradation are yet to be explored, whereas kelp degradation by bacteria (Bacteroidetes, Verrucomicrobia, Planctomycetes, Gammaproteobacteria, and Chlamydiae) has been intensively investigated (Sakai et al., 2003; Bengtsson et al., 2011; Silchenko et al., 2013; Sichert et al., 2020; Sun et al., 2021). Bacteria account for 60% (Sichert et al., 2020) to 90% (Koop et al., 1982) of kelp detritus degradation. Kelp detritus degradation by fungal degradation has been largely disregarded (Koop et al., 1982; Bengtsson et al., 2011; Van Erk et al., 2020), despite the dominant role of terrestrial fungi in refractory OM degradation (Gooday, 1990a; Tedersoo et al., 2014; Treseder and Lennon, 2015; Beaton et al., 2019). As has been reported previously, (Ivarsson et al., 2016; Drake and Ivarsson, 2018; Barone et al., 2019) the current study demonstrates that, like bacteria, some fungi may be active under anoxic conditions and have the capacity to break down kelp cellulose in various habitats. In terrestrial environments, an antagonistic interaction between bacteria and fungi is reported (Gooday, 1990b; Mille-Lindblom and Tranvik, 2003), and this may also be true for the marine environment. As cellulose is the most abundant polymer in marine systems, cellulose degradation is an important process for global C cycling (Leschine, 1995; Hyde et al., 1998; Worden et al., 2015; Ortega-Arbulú et al., 2019; Chrismas and Cunliffe, 2020). The role of both fungi and bacteria for kelp detritus degradation processes needs to be evaluated in further detail. Given that fungal polymeric OM degradation in terrestrial systems outcompetes bacterial degradation (Malik et al., 2016; Fabian et al., 2017), fungi in anoxic marine sediments may also contribute significantly to global C cycling (Worden et al., 2015; Lakshmi et al., 2017; Balabanova et al., 2018).



Future Research

To date, kelp degradation by fungi has received little attention and this study highlights that endophytic fungi in kelp have the potential to contribute to kelp detritus degradation. Cultivation based techniques would be complemented with further studies; DNA analysis to confirm the endophytic fungal community within the macroalgae and genomics to confirm the specific role of fungi in kelp detritus degradation with the underlying mechanisms, such as the relative contribution of specific enzymes (e.g., MnP, MiP, and LiP). Kelp degradation can be assessed by using a single dye or a mixture of dyes coupled with different environmental factors (e.g., pH, temperature, oxygen, and agitation) (Rani et al., 2014; Sen et al., 2016). Biosorption is a major mechanism in dye decolorization and can address the differences (e.g., deposition, entrapment in inner spaces, surface ion-exchange, complexation, precipitation, adsorption, and the formation of hydrogen bonds) within living and dead fungal cells (Yeddou-Mezenner, 2010). Moreover, coastal contamination (e.g., agriculture, or waste processing) can influence macroalgal community dynamics and seedling bioassays using different dyes can define how these contaminants affect growth rate, or the physiological fitness of the macroalgal community. Pollution also holds the potential to impact the kelp endophytic fungal community, their kelp degradation rates and thus marine C cycling.
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Elemental contents change with shifts in macromolecular composition of marine phytoplankton. Recent studies focus on the responses of elemental contents of coccolithophores, a major calcifying phytoplankton group, to changing carbonate chemistry, caused by the dissolution of anthropogenically derived CO2 into the surface ocean. However, the effects of changing carbonate chemistry on biomacromolecules, such as protein and carbohydrate of coccolithophores, are less documented. Here, we disentangled the effects of elevated dissolved inorganic carbon (DIC) concentration (900 to 4,930μmolkg−1) and reduced pH value (8.04 to 7.70) on physiological rates, elemental contents, and macromolecules of the coccolithophore Emiliania huxleyi. Compared to present DIC concentration and pH value, combinations of high DIC concentration and low pH value (ocean acidification) significantly increased pigments content, particulate organic carbon (POC), and carbohydrate content and had less impact on growth rate, maximal relative electron transport rate (rETRmax), particulate organic nitrogen (PON), and protein content. In high pH treatments, elevated DIC concentration significantly increased growth rate, pigments content, rETRmax, POC, particulate inorganic carbon (PIC), protein, and carbohydrate contents. In low pH treatments, the extents of the increase in growth rate, pigments and carbohydrate content were reduced. Compared to high pH value, under low DIC concentration, low pH value significantly increased POC and PON contents and showed less impact on protein and carbohydrate contents; however, under high DIC concentration, low pH value significantly reduced POC, PON, protein, and carbohydrate contents. These results showed that reduced pH counteracted the positive effects of elevated DIC concentration on growth rate, rETRmax, POC, PON, carbohydrate, and protein contents. Elevated DIC concentration and reduced pH acted synergistically to increase the contribution of carbohydrate–carbon to POC, and antagonistically to affect the contribution of protein–nitrogen to PON, which further shifted the carbon/nitrogen ratio of E. huxleyi.
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INTRODUCTION

Coccolithophores are an important group of the marine phytoplankton and characterized by production of particulate inorganic carbon (PIC) via calcification. Coccolithophores play a central role in the marine carbon cycle and contribute 1–10% to marine organic carbon fixation through photosynthesis (Poulton et al., 2007) and 40–60% of CaCO3 export to tropical and high-latitude sediments through calcification (Broecker and Clark, 2009). The cosmopolitan coccolithophore Emiliania huxleyi is thought to be the most representative phytoplankton species in modern oceans and can form massive blooms in temperate and sub-polar waters with cell concentrations up to 10×107 cells L−1 (Tyrell and Merico, 2004; Kondrik et al., 2019; Kubryakova et al., 2021). The importance of coccolithophores is well investigated in the field of biogeochemistry due to their effects on the biogeochemical cycling of carbon (Monteiro et al., 2016; Feng et al., 2018). However, only a few studies report the biochemical basis for varying elemental composition of coccolithophores under changing seawater carbonate chemistry (Jones et al., 2013; Heidenreich et al., 2019; Zhang et al., 2021). Therefore, it is of interest to investigate the shifts in biochemical composition, such as protein, carbohydrate, lipid, and pigment of coccolithophores under various seawater carbonate chemistry conditions, which will improve our biochemical understanding on the contribution of this important phytoplanktonal function group to the marine biogeochemical cycle of carbon and nitrogen.

In recent years, calcification and photosynthesis of E. huxleyi received considerable attention with a number of studies investigating their responses to ocean acidification (OA; Meyer and Riebesell, 2015; Feng et al., 2017). Ocean acidification refers to a reduction in the pH of the surface ocean and an increase in dissolved inorganic carbon (DIC) and CO2 concentrations, caused primarily by uptake of anthropogenically derived CO2 from the atmosphere (Caldeira and Wickett, 2003). The studies showed that calcification rates of E. huxleyi were generally reduced and photosynthetic carbon fixation rates were increased under ocean acidification at the end of this century (Riebesell and Tortell, 2011; Feng et al., 2017). The microarray-based transcriptome profiling reveals that the observed lowered calcification under OA can be caused by impaired signal-transduction and ion–transport associated with Ca2+ and H+ fluctuation, and that the observed increases in organic carbon fixation may be attributed to stimulated carbon allocation to lipids under OA (Rokitta et al., 2012). In addition, the metabolome profiling reports minor changes in lipids, amino acids, and pigments of E. huxleyi in response to OA (Heidenreich et al., 2019). The proteome profiling also shows no-significant changes in most of the examined protein groups associated with many key metabolic processes of E. huxleyi under OA condition (Jones et al., 2013). One of the reasons for the biased conclusions introduced by transcriptome and proteome techniques may be due to non-homogeneous translation of all ribonucleic acids and the post-translational regulation of enzymatic machinery (Fernie and Stitt, 2012). To the best of our knowledge, few studies investigated the regulation of OA on both cellular elemental contents and biomacromolecules of coccolithophores.

Carbon dioxide concentration and pH are thought to affect coccolithophores in different ways. CO2 concentration mainly alters photosynthetic carbon fixation (Bach et al., 2013; Zhang et al., 2015), whereas pH affects cellular pH homeostasis, ion balance and hence, the synthesis of the bioactive products, such as enzymes and ion transporters (Monteiro et al., 2009; Taylor et al., 2011, 2017). Some studies have reported responses of PIC, particulate organic carbon (POC) and particulate organic nitrogen (PON) of E. huxleyi to changing CO2 and pH (Bach et al., 2013; Kottmeier et al., 2016; Zhang et al., 2021). However, little has been documented on the shifts in biomacromolecules of E. huxleyi under changing seawater carbonate chemistry, and it is still unclear how the shifts in biomacromolecules affect elemental composition of E. huxleyi. In the present work, we investigated variations in growth rate, electron transport rate, cellular PIC, POC, PON, protein, and carbohydrate contents of E. huxleyi under 400μatm CO2 and pH 8.04 treatment, under 400μatm CO2 and pH 7.70 treatment, under 1,000μatm CO2 and pH 8.04 treatment, and under 1,000μatm CO2 and pH 7.70 treatment and reported the contributions of protein–carbon and carbohydrate–carbon to POC and protein–nitrogen to PON in E. huxleyi under different carbonate chemistry conditions.



MATERIALS AND METHODS


Experimental Setup

Emiliania huxleyi strain RCC1266, originally isolated from shelf water around Ireland (49o30ʹ N, 10o30ʹ W), was obtained from the Roscoff algal culture collection. Cells were maintained in semi-continuous cultures in artificial seawater (ASW) media prepared according to Berges et al. (2001) without the addition of NaHCO3, with a salinity of 33psu, under 200μmol photons m−2 s−1 of photosynthetically active radiation (PAR; measured using a LI-190SA quantum sensor, Beijing Ligaotai Technology Co. Ltd., China) and a 12:12h light/dark cycle (light period: 8:00 to 20:00) and 20°C in a thermo-controlling incubator (GXZ, Dongnan Instrument Company). The DIC-free ASW media was enriched with 64μmolL−1 NO3−, 4μmolL−1 PO43−, f/8 concentrations for trace metals and vitamins (Guillard and Ryther, 1962). To disentangle the effects of carbonate system parameters on elemental contents and biomacromolecules of E. huxleyi, calculated amounts of Na2CO3 (1.20molkg−1, filtered by PTFE filter, 0.22μm pore size, Filter-Bio, Nantong) and hydrochloric acid (HCl, 2.00molkg−1) were added stepwise into the media to achieve four different carbonate chemistry conditions (Table 1). Initial CO2 concentration and pHTotal (Total scale) value were set to 400μatm and 8.04 under low CO2 and high pH treatment (1980μmolkg−1 DIC, LCHpH, present DIC and pH treatment), 400μatm and 7.70 under low CO2 and low pH treatment (910μmolkg−1 DIC, LCLpH, reduced pH), 1,000μatm and 8.04 under high CO2 and high pH treatment (4,930μmolkg−1 DIC, HCHpH, ocean carbonation), and 1,000μatm and 7.70 under high CO2 and low pH treatment (2,160μmolkg−1 DIC, HCLpH, ocean acidification), respectively. In each condition, the ASW was put into the incubator at 20°C for 24h and then filtered (0.22μm pore size, Polycap 75 AS, Whatman) and carefully pumped into autoclaved 100ml, 1,120ml, and 2,350ml polycarbonate bottles with no headspace to minimize gas exchange. 100ml seawater was used to determine initial total alkalinity (TA) and pHTotal of seawater, 1,120ml bottles were used to acclimate cells to experimental conditions (one replicate), and the main experiment culture was conducted in 2350ml bottles (four replicates). The cells were inoculated to achieve an initial concentration of about 3,000 cell ml−1 and cultured in each experimental condition for 2days and then diluted to the initial cell density again (Supplementary Figure S1). This process was performed four times under each treatments, and cells were maintained in exponential growth phase for a minimum of 13 generations (Supplementary Table S1) and then transferred from 1,120ml to 2,350ml bottles at the same time. The volume of culture inoculum was calculated to match the volume of media taken out from the bottles before inoculation. Culture bottles were rotated 10 times until cells were mixed at 9:00, 14:00 and 18:00 (Beijing Time). In the second days of the main experiments, cell densities were lower than 70,000 cells ml−1 under all treatments, and sub-samples in each incubation bottle were harvested with different volume for measurements of TA, pHTotal, cell density, total particulate carbon (TPC), POC, and nitrogen (PON), protein, carbohydrate, and pigment. It should be mentioned that Barcelos e Ramos et al. (2010) reported that E. huxleyi can rapidly alter the rates of essential metabolical processes in response to changing seawater carbonate chemistry within 26h. In this study, E. huxleyi cells were incubated under each treatment with 4 biological replicates for 2days, thus the results found here were comparable with other studies (see discussion section; Feng et al., 2017; Bi et al., 2018).



TABLE 1. Carbonate chemistry parameters at the start and end of the incubation, and changes in carbonate chemistry parameters during the incubation.
[image: Table1]



Carbonate Chemistry Measurements

In the second days of the main experiments, to reduce impact of respiration of E. huxleyi on seawater pH value and total alkalinity (TA), 40ml and 50ml samples were, respectively, filtered (PTFE filter, 0.22μm pore size, Nantong) 5h after the onset of the light period (at 13:00) and used to measure the pHTotal and TA. The bottles were filled from bottom to top with overflow, and closed immediately without a headspace. The pHTotal was measured immediately at 20°C using a pH meter which was calibrated with buffers (Tris•HCl, Hanna) at pH 4.01, 7.00 and 10.00. The pH value was not corrected with a standard buffer of defined pH in seawater (Dickson et al., 2007). TA samples were stored at 4°C for a maximum of 7days (Zhang et al., 2021), and TA was measured at 20°C by potentiometric titration (AS-ALK1+, Apollo SciTech) according to Dickson et al. (2003). Phosphate concentration was not measured at the beginning and end of the incubations. In this study, the carbonate system was estimated from TA, pHTotal, temperature, salinity, and phosphate (4μmolL−1) using the CO2SYS program (Pierrot et al., 2006) with carbonic acid constants, K1 and K2, taken from Roy et al. (1993).



Cell Density Measurements

Twenty fiveml samples were taken daily 6h after the onset of the light period (at 14:00) and fresh ASW with the same carbonate chemistry as in the initial treatment conditions were added as top-up. Cell density was measured using a Z2 Coulter Particle Count and Size Analyzer (Beckman Coulter). The diameter of detected particles was set to 3–7μm in the instrument, which excluded detached coccoliths (Müller et al., 2012). Cell concentration was also measured by microscopy (ZEISS), and variation in measured cell concentrations was±8% between the two methods. Growth rate (μ) was calculated for each replicate according to the equation: μ=(ln Nt−ln N0)/d, where Nt and N0 refer to the cell concentrations in the second day and beginning of the main experiment, respectively, and d was the growth period in days.



Chlorophyll Fluorescence Measurements

The photosynthetic fluorescence parameters were determined using a pulse amplitude modulated fluorometer (WATER–PAM, Walz, Effeltrich, Germany). 2ml samples were taken from the incubation bottles and kept in the dark for 15min at 20°C. The assay light levels (A-PAR) between 0 and 1,120μmol photons m−2 s−1 were applied in nine steps and 45s each in fast light response curve measurements. The instant minimal (F0ʹ) and maximal fluorescence (Fmʹ) were, respectively, determined at the end of each A-PAR and saturating light pulse (800ms, 3,000μmol photons m−2 s−1). The effective photochemical quantum yield (Yield) was calculated as: Yield=(Fmʹ−F0ʹ)/Fmʹ (Baker, 2008). The relative electron transport rate (rETR) was calculated as: rETR=Yield×A-PAR (Ralph and Gademann, 2005). The parameters of the photosynthesis vs. irradiance curves (P–I curves) were analyzed as follows: rETR=rETRmax×tanh (a×A-PAR/rETRmax; Jasby and Platt, 1976). The maximal relative electron transport rate (rETRmax) represents the light-saturating level of rETR, and light use efficiency (a) was derived from the slope of each electron transport rate (ETR) vs. light curve. Saturating light intensity, Ik, is calculated from the expression rETRmax/a and is characteristic for the onset of light saturation.



Pigment Measurements

One hundredml samples were filtered onto pre-combusted GF/F filters (at 450°C for 6h) with low vacuum pressure (<0.02MPa) at 15:00 and soaked in 5ml 90% acetone overnight at 4°C in the dark. The extracts were centrifuged at 4300×g for 10min to remove glass fibers. Absorbance (A) of the supernatant on 750, 664, 647, and 480nm was measured using a spectrophotometer (SP-722, Shanghai Spectrum Instruments, China). The chlorophyll a (Chl a) concentration was calculated as: Chl a (μgml−1)=−1.93×(A647–A750)+11.93×(A664–A750). The carotenoid concentration was calculated as: Carotenoid (μgml−1)=4×(A480–A750; Jeffrey and Humphrey, 1975; Davies, 1976).



Total Particulate Carbon, Particulate Organic Carbon, and Nitrogen Measurements

Two hundredml samples for determinations of TPC and POC (PON) were, respectively, gently filtered onto GF/F filters (pre-combusted at 450°C for 6h) at the same time (15:30) in each treatment, rinsed three times with DIC–free ASW media, and then stored in the dark at −20°C. For determination of POC (PON), samples were fumed with HCl for 12h to remove inorganic carbon. TPC and POC (PON) samples were dried at 60°C for 12h and analyzed using an Elementar CHNS analyzer (Vario EL cube, GmbH, Germany). PIC quota was calculated as the difference between TPC and POC quota (Fabry and Balch, 2010). PIC, POC, and PON production rates were calculated by multiplying cellular contents with μ (d−1), respectively, (Supplementary Figure S2).



Protein and Carbohydrate Measurements

After mixing, 700ml and 800ml samples for determinations of protein and carbohydrate were, respectively, filtered onto polycarbonate filters (25mm diameter, 0.6μm pore size, Nuclepore, Whatman) and onto pre-combusted GF/F filters at 15:30 and then stored in the dark at −80°C. Protein samples were put into 2ml MP Biomedical tubes (Lysing, Matrix D) containing large ceramic beads. After being freeze-dried, protein samples were extracted by a mixture of 0.7ml 1X protein extraction buffer (0.10mmolL−1 4-(2-aminoethyl) benzenesulfonyl fluoride hydrochloride (protease inhibitor), 125.00mmolL−1 ethylene diamine tetraacetic acid, 28.07mmolL−1 Tris base, 21.10mmolL−1 Tris-HCl, 1085.89mmolL−1glycerol and 73.44mmolL−1 lithium dodecyl sulfate). Cells were lysed using a FastPrep–24 machine (MP Biomedicals, United States) at 6.5ms−1 with 4cycles and 1min each, and samples were chilled in an ice bath for 2min between 2cycles. Then, the samples were centrifuged at 10,000×g for 5min (Centrifuge 5,418 R, Eppendorf, Germany), and extracted protein in the supernatant was determined at 562nm using the BCA Assay with Bovine gamma globulin as a standard, using a spectrophotometer (Ni et al., 2016).

Carbohydrate samples were firstly treated with 12.00molL−1 sulfuric acid (H2SO4) in the dark for 1h and then diluted by milliQ water for a final H2SO4 concentration of 1.20molL−1. Samples were then sonicated for 5min and vortexed for 30s, and boiled at 90.0°C for 3h in a water bath (Pakulski and Benner, 1992). The concentration of monosaccharide was analyzed at 490nm by phenol–sulfuric reaction using a spectrophotometer with D-glucose as standard (Masuko et al., 2005).



Data Analysis

The elemental content of macromolecular pools was calculated based on a mean elemental stoichiometry for protein, carbohydrates, Chl a and carotenoid (Geider and LaRoche, 2002). Two-way ANOVA were used to determine the main effects of CO2 concentration and pH value and their interactions on each variable. Tukey post hoc tests were conducted to identify significant differences between two CO2 concentrations or two pH values. Normality of residuals was tested using a Shapiro–Wilk test, and a Levene test was used to analyze for homogeneity of variances. All statistical calculations were performed using R Core Team (2018) with the packages carData, lattice, and nlme.




RESULTS


Carbonate Chemistry

Initial CO2 concentrations ranged from 400 to 420μatm under low DIC (LC) treatments and were 1,010μatm under high DIC (HC) treatments (Table 1). Initial pH values were 8.04 and 7.70 in high and low pH conditions, respectively. During the experiment, DIC concentrations decreased by, on average, 4.57 to 14.42% under various carbonate chemistry treatments. Correspondingly, CO2 concentrations decreased by, on average, 10.44 to 20.61%, and pHTotal values increased by less than 0.07 under different experimental treatments (Table 1). Under low pH treatment, low DIC concentration (LCLpH) represents low CO2, bicarbonate (HCO3−), carbonate (CO32−) and TA concentrations, and under high pH treatment, high DIC concentration (HCHpH) represents high CO2, HCO3−, CO32−, and TA concentrations (Table 1).



Growth Rate, Cellular Pigment Content, and Photosynthetic Fluorescence Parameter

Compared to present DIC concentration and pH value (LCHpH), ocean acidification (high DIC concentration and low pH value, HCLpH) did not significantly affect growth rate, rETRmax, light use efficiency (a), and saturating light intensity (Ik; all p>0.10) and increased chlorophyll a (Chl a) and carotenoid content by 13.56 and 7.17%, respectively (both p<0.01; Figures 1, 2, gray). Under the same pH treatments, the effects of elevated DIC concentration on growth rate, Chl a and carotenoid contents, rETRmax, a, and Ik were positive, which can be seen by comparing these variables at HC concentrations with their paired LC concentrations (Figures 1, 2). Compared to low DIC concentration, high DIC concentration increased growth rate by 18.96% at high pH and by 10.34% at low pH, increased Chl a content by 33.83% at high pH and by 65.02% at low pH, increased carotenoid content by 53.55% at high pH and by 45.51% at low pH (Figures 1A–C), increased rETRmax by 22.50% at high pH and by 21.99% at low pH, increased a by 20.88% at high pH and by 12.40% at low pH (all p<0.05), respectively (Figures 2B,C; Tables 2, 3) and did not significantly increase Ik under both high and low pH treatments (both p>0.10; Figure 2D).
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FIGURE 1. (A) Growth rate, (B) chlorophyll a (Chl a) content, (C) carotenoid content and (D) carotenoid: Chl a ratio of Emiliania huxleyi RCC1266 under present DIC concentration and high pH value (LCHpH, gray), low DIC concentration and low pH value (LCLpH, reduced pH), high DIC concentration and high pH value (HCHpH, ocean carbonation), and high DIC concentration and low pH value (HCLpH, ocean acidification, gray) treatments. Data were obtained after cells were acclimated to experimental conditions for at least 13 generations and means±standard deviation (SD) of 4 replicate populations. Different letters (a, b, c, d) in each panel represent significant differences between four treatments (Tukey Post hoc, p<0.05).


[image: Figure 2]

FIGURE 2. (A) Relative electron transport rate (rETR) as a function of the assay light intensity (0–1,120μmol photons m−2 s−1), (B) maximal relative electron transport rate (rETRmax), (C) light use efficiency (a) and (D) saturating light intensity (Ik) of E. huxleyi RCC1266 under the LCHpH (gray), LCLpH, HCHpH, and HCLpH (gray) treatments. Different letters (a, b, c) in each panel represent significant differences between four treatments (Tukey Post hoc, p<0.05). For more information, please see Figure 1.




TABLE 2. Results of two-way ANOVAs of the effects of dissolved inorganic carbon (DIC) and pH and their interaction on growth rate, chlorophyll a (Chl a) and carotenoid contents, carotenoid: Chl ratio, rETRmax, light use efficiency (a), saturating light intensity (Ik), PIC, POC and PON contents, PIC/POC and POC/PON ratios, protein and carbohydrate contents, the percentages of protein–carbon to POC (Protein–C: POC), carbohydrate–carbon to POC (carbohydrate–C: POC), Chl–carbon to POC (Chl–C: POC) and carotenoid–carbon to POC (Carotenoid–C: POC), and the percentages of protein–nitrogen to PON (Protein–N: PON) and Chl–nitrogen to PON (Chl–N: PON).
[image: Table2]



TABLE 3. Summary of all parameters under four carbonate chemistry treatments.
[image: Table3]

Under the same CO2 concentrations, the effects of reduced pH value on growth rate, Chl a and carotenoid contents, rETRmax, a and Ik were negative, which can be seen by comparing these variables in low pH condition with their paired high pH condition (Figures 1, 2). Compared to high pH value, low pH value reduced growth rate by 12.82% at LC and by 19.14% at HC, reduced Chl a content by 31.18% at LC and by 15.14% at HC, reduced carotenoid content by 26.35% at LC and by 30.21% at HC (Figures 1A–C), reduced rETRmax by 21.59% at LC and by 21.91% at HC (all p<0.01), reduced a by 8.16% at LC and by 14.60% at HC (p=0.10 at LC; p<0.01 at HC) and reduced Ik by 14.68% at LC and by 8.52% at HC (p<0.01 at LC; p=0.14 at HC), respectively (Figures 2B–D). These results showed that elevated DIC concentration compensated for the negative effects of reduced pH on growth rate, Chl a and carotenoid contents, rETRmax, a and Ik.



Cellular PIC, POC, and PON Contents, PIC/POC Ratio and POC/PON Ratio

Compared to present DIC concentration and pH value (LCHpH), ocean acidification (HCLpH) reduced PIC content by 40.93% and PIC/POC ratio by 44.05%, and increased POC content by 13.75% and did not significantly affect PON content (p=0.24) and POC/PON ratio (p=0.62; Figure 3, gray). The effects of elevated DIC concentration on cellular PIC, POC, and PON contents, and on PIC/POC ratio and POC/PON ratio were pH dependent (Figure 3). In high pH condition, elevated DIC concentration increased PIC content by 37.93%, POC content by 44.43%, PON content by 34.09% (all p<0.01; Tables 2, 3) and did not significantly affect PIC/POC ratio and POC/PON ratio. In low pH condition, elevated DIC concentration increased PIC content (p<0.01), PIC/POC ratio (p=0.01) and POC/PON ratio (p=0.07) did not significantly affect POC content and significantly reduced PON content.
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FIGURE 3. (A) Particulate inorganic carbon (PIC) content, (B) particulate organic carbon (POC) content, (C) particulate organic nitrogen (PON) content, (D) PIC/POC ratio, and (E) POC/PON ratio of E. huxleyi RCC1266 under the LCHpH (gray), LCLpH, HCHpH, and HCLpH (gray) treatments. Different letters (a, b, c, d) in each panel represent significant differences between different treatments (Tukey Post hoc, p<0.05). For more information, please see Figure 1.


Under both low and high DIC concentrations, reduced pH value reduced PIC contents by 53.74–57.17% and PIC/POC ratios by 39.62–63.53% (Figures 3A,D). The effects of reduced pH value on POC and PON contents were DIC dependent (Figures 3B,C). In low DIC concentration, reduced pH value increased POC content by 18.03% and PON content by 27.09% (both p<0.01); in high DIC concentration, it reduced POC content by 21.24% and PON content by 19.78% (both p<0.01; Figures 3B,C). These results showed that reduced pH value mainly reduced PIC content and PIC/POC ratio and reduced pH value and elevated DIC concentration acted antagonistically to affect cellular POC and PON contents.



Cellular Protein and Carbohydrate Contents

Compared to present DIC concentration and pH value (LCHpH), ocean acidification (HCLpH) did not significantly affect protein content and increased carbohydrate content by 38.20% (Figure 4, gray). The effect of elevated DIC concentration on cellular protein content was pH dependent (Figure 4A). In high pH condition, elevated DIC concentration increased protein content by 60.42%, and in low pH condition, it did not significantly affect protein content (p=0.06). In low CO2 concentration, reduced pH value did not significantly affect protein content (p=0.05), and in high CO2 concentration, it significantly reduced protein content (p<0.01).
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FIGURE 4. (A) Cellular protein content and (B) cellular carbohydrate content of E. huxleyi RCC1266 under the LCHpH (gray), LCLpH, HCHpH, and HCLpH (gray) treatments. Different letters (a, b, c) in each panel represent significant differences between four treatments (Tukey Post hoc, p<0.05). For more information, please see Figure 1.


The effect of elevated DIC concentration on carbohydrate content was positive, which can be seen by comparing the carbohydrate contents in high DIC concentrations with their paired low DIC concentrations (Figure 4B). Elevated DIC concentration increased carbohydrate content by 55.43% in high pH condition and by 30.02% in low pH condition. The effect of reduced pH value on carbohydrate content was DIC concentration dependent. Reduced pH value did not significantly affect carbohydrate content in low DIC concentration and reduced carbohydrate content by 11.08% in high DIC concentration (Figure 4B, p<0.01). These results showed that elevated DIC concentration increased protein content in high pH condition but not in low pH condition and mainly increased carbohydrate content under both low and high pH treatments (Figures 4A,B).



Percentage of POC Allocated to Protein and Carbohydrate, and Percentage of PON Allocated to Protein, and Their Correlation With Growth Rate

Compared to present DIC concentration and pH value (LCHpH), ocean acidification (HCLpH) did not significantly reduce the percentage of POC allocated to protein (p=0.08; Figure 5A, gray), significantly increased the percentage of POC allocated to carbohydrate by 21.52% (Figure 5B, gray) and did not significantly affect the percentage of PON allocated to protein (p=0.82; Figure 5E, gray). Under high or low pH treatments, elevated DIC concentrations did not significantly affect the percentages of POC allocated to protein (Protein–C: POC; p=0.07 at high pH; p=0.88 at low pH; Figure 5A; Tables 2, 3). Reduced pH did not significantly affect the percentages of POC allocated to protein in low DIC concentration (p=0.27) and significantly reduced this percentage in high DIC concentration.
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FIGURE 5. Percentage of POC allocated to (A) protein, (B) carbohydrate, (C) Chl a and (D) carotenoid, percentage of PON allocated to (E) protein and (F) Chl a of E. huxleyi RCC1266 under the LCHpH (gray), LCLpH, HCHpH, and HCLpH (gray) treatments. Different letters (a, b, c) in each panel represent significant differences between four treatments (Tukey Post hoc, p<0.05). For more information, please see Figure 1.


Elevated DIC concentration did not show significant influence on the percentage of POC allocated to carbohydrate (Carbohydrate–C: POC) under high pH treatment (p=0.40) and significantly increased this percentage by 34.98% under low pH treatment (Figure 5B). Under low or high DIC concentrations, reduced pH value did not significantly affect the percentages of POC allocated to carbohydrate (p=0.21 at LC; p=0.06 at HC). The percentages of POC allocated to Chl a (Chl a–C: POC) and carotenoid (Carotenoid–C: POC) were 0.45–0.78% and 0.38–0.65%, respectively, under different carbonate chemistry treatments (Figures 5C,D).

Under high or low pH treatments, the effect of elevated DIC concentration on the percentage of PON allocated to protein (Protein–N: PON) was positive, which can be seen by comparing this percentage in high DIC concentrations with their paired low DIC concentrations (Figure 5E). Elevated DIC concentration increased the percentage of PON allocated to protein by 19.73% in high pH condition and by 9.86% in low pH condition (p=0.11). Under low or high DIC concentrations, the effect of reduced pH value on percentage of PON allocated to protein was negative, which can be seen by comparing this percentage in low pH conditions with their paired high pH conditions (Figure 5E). Reduced pH value reduced the percentage of PON allocated to protein by 13.95% in low DIC concentration and by 21.04% in high DIC concentration (both p<0.05). These results showed that elevated DIC concentration and reduced pH value acted synergistically to increase the percentage of POC allocated to carbohydrate (Figure 5B), and antagonistically to affect the percentage of PON allocated to protein (Figure 5E).

Under four carbonate chemistry treatments, growth rate or PIC production rate significantly and positively correlated with rETRmax (R2=0.93 and 0.88, both p<0.01; Figures 6A,B). In addition, the percentage of POC allocated to protein (Protein–C: POC) or the percentage of PON allocated to protein (Protein–N: PON) significantly and positively correlated with growth rate (R2=0.61 and 0.83, both p<0.01; Figures 6C,D).
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FIGURE 6. Relation between rETRmax and (A) growth rate or (B) PIC production rate, and relation between growth rate and (C) percentage of POC allocated to protein or (D) percentage of PON allocated to protein of E. huxleyi RCC1266. Line in each panel was fitted based on data of four independent cultures under each treatment condition. For more information, please see Figure 1.





DISCUSSION

In this study, we analyzed the effects of the changing carbonate chemistry on elemental contents and macromolecules of E. huxleyi and determined how the effects on macromolecules affect elemental contents. Although DIC, HCO3−, CO32−, and TA concentrations and pH value were lower under the LCLpH treatment and higher under the HCHpH treatment, CO2, HCO3−, CO32−, and pH were found to mainly affect the physiological and biochemical processes of E. huxleyi as these can be perceived by cells (Kottmeier et al., 2016; Hoppe et al., 2011). With the chosen experimental design, it is difficult to disentangle the effects of CO2, HCO3−, and CO32− on growth rate, POC, protein, and carbohydrate contents. Thus, in this study, we focused on effects of ocean carbonation and acidification on growth, elemental contents, and macromolecules. It should be noted that under the same DIC concentration, decreasing TA concentration did not significantly affect growth rate and POC content of E. huxleyi strain NZEH although TA ranges considered in this study are considerably narrower (Hoppe et al., 2011). Under the same TA concentration, decreasing DIC concentration or pH value significantly reduced growth rates and PIC contents of E. huxleyi strains NZEH, RCC1256, and RCC1266 (Hoppe et al., 2011; Zhang et al., 2021). These results suggest that the response of E. huxleyi to TA concentration is masked by changing DIC concentration and pH value. Therefore, DIC concentration and pH value are main factors affecting the physiological and biochemical process of E. huxleyi. Here, we found that elevated DIC concentration within the test range increased the total cellular carbohydrate content, which increases the contribution of carbohydrate–carbon to POC under high DIC concentration (Borchard and Engel, 2015). Ocean acidification (HCLpH) did not change the contribution of protein–carbon to POC and the contribution of protein–nitrogen to PON. Combining our results with those from other studies can help us to understand the impact of changing carbonate chemistry on physiological and biochemical metabolism of coccolithophores (Bi et al., 2018; Heidenreich et al., 2019; Feng et al., 2020).

Under high pH treatments, elevated DIC concentration in seawater facilitates a higher rate of CO2 diffusion into the cell, which supplies photosynthetic carbon fixation with more CO2 and then leads to enhanced ETR and growth rate of E. huxleyi. On the other hand, low pH value in the culture medium results in high intracellular proton concentration ([H+]; Dickson et al., 2007; Suffrian et al., 2011), which increases the rate of CO2 uptake of E. huxleyi (Kottmeier et al., 2016). In this case, the physiological and biochemical responses of E. huxleyi to low pH value are dependent on the inhibiting influence of high [H+] and the stimulating influence of high rate of CO2 uptake (Bach et al., 2015; Paul and Bach, 2020). Firstly, compared to present DIC concentration and pH value (LCHpH), low pH value in low DIC concentration (LCLpH) mainly reduces the trans-membrane H+ electrochemical gradient, H+ efflux rate, and then a high concentration of H+ accumulates within cells, which inhibited ETR, calcification and growth rate (Taylor et al., 2011; Rokitta et al., 2012). However, under ocean acidification (HCLpH), the negative effects of high H+ concentration on ETR and growth rate of E. huxleyi RCC1266 were offset by elevated DIC concentration. These results are also supported by other studies with different E. huxleyi strains (Feng et al., 2017; Jin et al., 2017; Bi et al., 2018). Secondly, under low DIC concentration, no significant difference in carbohydrate contents between low and high pH treatments indicates that high rate of CO2 uptake compensates for low DIC limitation on carbohydrate synthesis under low pH treatment (Nimer et al., 1994; Kottmeier et al., 2016). Furthermore, in ocean acidification condition, elevated DIC concentration downregulates the activity of microalgal carbon-concentration mechanisms (CCMs; Rost et al., 2002), and low pH value reduces calcification rates of E. huxleyi, which lead to less energetic cost for sustaining the operation of CCMs and calcifying. In these cases, E. huxleyi increases the carbohydrate or lipid contents to store more energy (Rokitta et al., 2012), and the contribution of carbohydrate–carbon to total organic carbon.

To increase growth rate, one of the most important requirements of eukaryotic phytoplankton is to increase protein synthesis rates (Sterner and Elser, 2002). Our data suggest that under high DIC concentration and high pH value (HCHpH), to maintain high growth rate, E. huxleyi cells produced more protein and then allocated more cellular organic carbon and nitrogen to protein. Meanwhile, under low DIC concentration, no significant differences in protein contents between low and high pH treatments could be due to the fact that to maintain intracellular pH homeostasis, E. huxleyi cells increase or maintain the synthesis of protein, such as the H+ transport protein, to compensate for low pH–induced decreases in the H+ efflux efficiency (Taylor et al., 2011). High protein contents and low protein activities under low pH treatment have been observed in the cyanobacterium Trichodesmium (Hong et al., 2017). It should be mentioned that compared to HCHpH treatment, under low DIC concentration and low pH (LCLpH) treatment, cellular protein content was significantly lower, whereas PON content was no difference, which reduced the contribution of protein–nitrogen to PON under the LCLpH treatment. These results also suggest that other nitrogen-enriched macromolecules such as ATP might contribute to PON content. To acclimate to LCLpH value, E. huxleyi cells increase ATP synthesis to enhance energy costs for ion transport and maintenance of intracellular pH homeostasis (Taylor et al., 2017; Lin et al., 2018).

In terms of ecological implications, the positive correlations between growth rate and rETRmax found in E. huxleyi, in the cyanobacterium Microcystis aeruginosa and Pseudanabaena sp. (Li et al., 2020) and in the diatom Skeletonema costatum (Li et al., 2021) suggest that rETRmax can be considered as a proxy for growth rate of phytoplankton and may have a potential to predict phytoplankton blooms. Furthermore, no significant differences in protein content, POC/PON ratio, and the contribution of protein–N to PON between present DIC concentration and pH value and ocean acidification treatments suggest that changing ocean carbonate chemistry in a high–CO2 world in future may have less influence on the nutritional quality of E. huxleyi (Riebesell et al., 2007).

In this study, we found that reduced pH value in the surface ocean counteracted the positive effects of elevated DIC concentration on growth rate, POC, and protein contents. Elevated DIC concentrations under both low and high pH treatments mainly increased carbohydrate contents and the contribution of carbohydrate–carbon to POC. Ocean acidification did not significantly affect the contribution of protein–carbon to POC and the contribution of protein–nitrogen to PON. Positive correlations between growth rate and the contribution of protein–carbon to POC or the contribution of protein–nitrogen to PON suggest that growth rate of E. huxleyi may play an important role in regulating the carbon and nitrogen allocations between biomacromolecules.
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Oxygen minimum zones (OMZs) have substantial effects on the global ecology and biogeochemical processes of marine microbes. However, the diversity and activity of OMZ microbes and their trophic interactions are only starting to be documented, especially in regard to the potential roles of viruses and protists. OMZs have expanded over the past 60 years and are predicted to expand due to anthropogenic climate change, furthering the need to understand these regions. This review summarizes the current knowledge of OMZ formation, the biotic and abiotic factors involved in OMZ expansion, and the microbial ecology of OMZs, emphasizing the importance of bacteria, archaea, viruses, and protists. We describe the recognized roles of OMZ microbes in carbon, nitrogen, and sulfur cycling, the potential of viruses in altering host metabolisms involved in these cycles, and the control of microbial populations by grazers and viruses. Further, we highlight the microbial community composition and roles of these organisms in oxic and anoxic depths within the water column and how these differences potentially inform how microbial communities will respond to deoxygenation. Additionally, the current literature on the alteration of microbial communities by other key climate change parameters such as temperature and pH are considered regarding how OMZ microbes might respond to these pressures. Finally, we discuss what knowledge gaps are present in understanding OMZ microbial communities and propose directions that will begin to close these gaps.
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INTRODUCTION

In addition to rising temperatures and ocean acidification, deoxygenation is one of the key effects of climate change on marine ecosystems. Predictions of future ocean deoxygenation are largely driven by rising water temperatures that decrease the solubility of O2 in water. Global ocean deoxygenation is predicted to further extend oxygen minimum zones (OMZs), whose expansion has been documented since the 1960s (Falkowski et al., 2011; Horak et al., 2016; Breitburg et al., 2018). Thus, the study of OMZs is vital to understanding how climate change may alter marine environments. Moreover, the current knowledge of OMZ formation, expansion, and the microbial ecology of OMZs may prove useful in predicting how marine environments will be altered upon deoxygenation.

Oxygen minimum zones, using their simplest definition, exist where O2 is at its minimum in the water column and therefore occur globally. However, the magnitude and thickness of OMZs varies considerably; from oxic to hypoxic in much of the open ocean to functionally zero oxygen in anoxic marine zones (AMZs) such as the Eastern Tropical North and South Pacific (ETNP and ETSP) and the Arabian Sea (Figure 1). In addition to open ocean OMZs and AMZs, there are so-called “low oxygen” OMZs like the northeastern subarctic Pacific (NESAP), anoxic OMZs with sulfidic bottom waters such as the Cariaco Basin and Saanich Inlet, and seasonal hypoxic areas, which occur in many coastal environments like the Gulf of Mexico or in other oceanic regions such as the Baltic Sea. The various types of OMZs have different specific circumstances that lead to their formation but, in general, OMZs are engendered by physiochemical and biological processes such as thermal stratification, poor circulation, and eutrophy that drives biological productivity and oxygen consumption (Kessler, 2006; Karstensen et al., 2008; Paulmier and Ruiz-Pino, 2009). In addition to decreasing the solubility of O2 in seawater, rising temperatures are expected to contribute to all of these common factors in the creation of OMZs, which provide the basis of our understanding for the further expansion of OMZs (Oschlies et al., 2018).
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FIGURE 1. Global map of oxygen concentrations at 300 m depth. Data from NOAA World Ocean Database using all O2 data from 2009–2018. Data was plotted using Ocean Data View.


Oxygen minimum zones have wide ranging effects on the ecology of organisms from every trophic level, which include range expansion or contraction and alterations in metabolic function. The availability of oxygen is one of the key factors that structures community composition and biogeographic range of marine organisms from bacteria and zooplankton to fishes and squids. While not the focus of this review, there are important effects on nekton that merit some discussion (reviewed in more detail here: Gilly et al., 2013). Recent results from hypoxic event models suggest that deoxygenation negatively affects crustaceans, fish, and mollusks even more than higher temperature or acidification through decreased survival, abundance, and metabolic functions (Sampaio et al., 2021). However, unless the deoxygenation drives local extinction of prey species, some predators might benefit; such as Humboldt squid, whose range has increased with OMZ expansion (Stewart et al., 2014), and elephant seals, which have been observed foraging in OMZs where a prey species, the ragfish, did not respond to the threat of predation (Naito et al., 2017). Likewise, deoxygenation is likely to benefit microbes with anaerobic metabolisms while possibly limiting the range for obligate aerobes. For instance, anaerobic microbes in OMZs greatly contribute to global biogeochemical cycles through N cycling in particular with up to 50% of the ocean’s N-removal occurring in OMZs (Codispoti et al., 1986; Bertagnolli and Stewart, 2018) and produce greenhouse gases [reviewed in Wright et al. (2012)]. As such, OMZs may contribute to climate change feedback loops where their expansion causes further greenhouse emissions and subsequent warming, which would then contribute to continued OMZ expansion.

A major goal of this review is to synthesize the current knowledge of OMZ formation, expansion, and the ecologies of viruses, bacteria, and microeukaryotes in these biogeochemically active systems. Our approach, which differs from other recent OMZ reviews (e.g., Ulloa et al., 2012; Wright et al., 2012; Bertagnolli and Stewart, 2018; Jurgens and Taylor, 2018; Wakeham, 2020), is to take into account all microbes, not just bacteria, and the underlying sediments of OMZs in addition to the water column. We then use this holistic description of OMZs in order to predict how marine deoxygenation might alter microbial communities and their processes. As this is inherently speculative in nature, we will conclude by identifying the current gaps in our understanding and make suggestions for how our field might address the vital question of how climate change driven deoxygenation will alter the base of marine ecosystems.


Drivers of Oxygen Minimum Zone Formation


Abiotic Factors

The ocean is ventilated at the air-sea interface, which supplies oxygen to the surface mixed layer that is then transported to the global deep ocean at high latitudes (Luyten et al., 1983; Khatiwala et al., 2012). Oxygenated waters are also transported within basins by lateral advection mediated primarily by mesoscale eddies (Lee et al., 1997; Gnanadesikan et al., 2013; MacGilchrist et al., 2017; Bahl and Gnanadesikan, 2019). OMZs are often formed at midwater depths due to little lateral advection at these depths and the depletion of surface dissolved oxygen (Karstensen et al., 2008). These OMZs comprise ∼7–10% of oceanic volume and ∼1/3 of oceanic area (Paulmier and Ruiz-Pino, 2009; Bianchi et al., 2012).

In areas with low local ventilation, low lateral transport, and little basin-scale wind-driven circulation (Chavez and Messié, 2009), such as the ETNP (Busecke et al., 2019), ETSP (Paulmier and Ruiz-Pino, 2009), Arabian Sea (Resplandy et al., 2012), Benguela upwelling system (Schmidt and Eggert, 2016), and Cariaco Basin (Scranton et al., 1987), the OMZ can become functionally anoxic (Thamdrup et al., 2012). These OMZs are further exacerbated by upwelling of nutrient-rich waters to the surface, which increase biological productivity and therefore oxygen utilization at midwater depths (Busecke et al., 2019). However, some OMZs defined by riverine input such as the Bay of Bengal are less strong, likely due to the increased remineralization depth of their mineral-rich particles (Al Azhar et al., 2017).

Further, the size and strength of OMZs can follow seasonal patterns. While increased turbulence and lower temperatures in winter increase local ventilation (Zhang et al., 2018), most large OMZs such as the ETNP and ETSP do not exhibit significant seasonality (Paulmier and Ruiz-Pino, 2009). The Arabian Sea and Bay of Bengal, which are strongly and hydrodynamically influenced by monsoons, do not exhibit large seasonal trends in oxygen concentration despite vast seasonal differences in biological productivity (Resplandy et al., 2012; McCreary et al., 2013). Saanich Inlet, a seasonally anoxic fjord, experiences a strong OMZ during spring and summer due to low vertical mixing, but returns to oxic conditions in the winter due to an influx of oxygenated water from the NESAP (Herlinveaux, 1962; Lilley et al., 1982; Torres-Beltrán et al., 2017). Additionally, areas of coastal eutrophication, like the Gulf of Mexico hypoxic area, display strong seasonal trends due to excess nutrient input and increased summer stratification (Rabalais et al., 2002). Many abiotic factors contribute to the formation of OMZs and are inexorably linked to biotic factors as they allow for conditions that are amenable to further deoxygenation.



Biotic Factors

The main biotic input of dissolved oxygen into the ocean is photosynthetic primary production in the euphotic zone. Oxygen is primarily depleted via respiration, and when this rate exceeds the rate of oxygen input via biotic and abiotic factors, oxygen minimum zones can form (Rabalais et al., 2010). While OMZs are present throughout the ocean, dissolved oxygen can be completely depleted in areas with high productivity (Bianchi et al., 2012). OMZs are dominated by microbes (Wright et al., 2012; Bertagnolli and Stewart, 2018), as most multicellular organisms escape the low-oxygen area or are negatively impacted (Wishner et al., 2013). In upwelling regions such as the ETNP, ETSP, Arabian Sea, and Benguela upwelling system, microbial activity can be particularly high due to excess nutrients (e.g., Kalvelage et al., 2015). In the lower part of the euphotic zone of these strong OMZs, oxygen production via photosynthesis and utilization via respiration can be almost equivalent, resulting in a cryptic oxygen cycle (Garcia-Robledo et al., 2017).

Seasonal trends in coastal OMZ formation seem to be largely driven by biological productivity. During spring and summer, microbial blooms are more frequent and severe, directly depleting surface oxygen and increasing particle export to midwater depths that are broken down by diverse microorganisms (Wright et al., 2012). This can lead to more extreme OMZs than under fall and winter conditions. The biotic factors in OMZ formation and seasonality may be further enhanced by anthropogenic factors.



Anthropogenic Factors

Perhaps the most well-documented example of anthropogenic impacts on oxygen minimum zone formation is eutrophication-induced hypoxia, which affects many large fisheries including the Baltic Sea and northern Gulf of Mexico (Rabalais et al., 2001, 2002; Conley et al., 2002; Zillén et al., 2008). This eutrophication-induced hypoxia has affected over 500 sites globally (Diaz and Rosenberg, 2008) since the introduction of man-made nitrogenous fertilizers in the 1940s (Galloway et al., 2008). Most of these areas experience hypoxia in the spring and summer after phytoplankton blooms when stratification is strong, which often results in a decline of benthic organisms in coastal regions (Diaz and Rosenberg, 2008). Additionally, anthropogenic climate change has raised global temperatures, decreasing the solubility of dissolved oxygen into the surface ocean and increasing stratification (Stramma et al., 2008; Rabalais et al., 2010). Stratification increases the chance of deoxygenation as it prevents the equilibrium of subsurface ocean depths with the atmosphere due to the differences in density under the mixed layer. Anthropogenic, abiotic, and biotic factors all contribute to the predicted expansion and strengthening of OMZs.



Expansion of Oxygen Minimum Zones Over Time

The expansion of low-oxygen areas has been well documented since the 1960s (Diaz and Rosenberg, 2008; Stramma et al., 2008; Keeling et al., 2010; Schmidtko et al., 2017; Breitburg et al., 2018). One major cause of this expansion is increased global temperatures, which decrease oxygen solubility and increase stratification (Keeling et al., 2010; Rabalais et al., 2010; Helm et al., 2011). Generally, increased temperatures also boost microbial productivity, further decreasing ocean dissolved oxygen as it is depleted through cellular respiration. These warmer temperatures may also strengthen winds that influence upwelling (Feely et al., 2008; Sydeman et al., 2014), resulting in yet more nutrients available at the surface to support biological production. As discussed above, increased nutrient loading from anthropogenic sources has contributed to the expansion of coastal hypoxia as well (Rabalais et al., 2010). However, the change in dissolved oxygen concentrations varies based on local hydrogeomorphology. For example, warming along the Chilean coast results in increased local ventilation and increased dissolved oxygen concentrations (Gnanadesikan et al., 2012). Even so, current climate models do not accurately replicate the observed deoxygenation in the global oceans, so there remains uncertainty regarding the exact causes of OMZ expansion (Oschlies et al., 2018). The continued deoxygenation of the world’s oceans will undoubtedly have an influence on the microbial ecology of OMZs, thus the current state of microbes in these environments must be addressed.



Microbial Ecology of Oxygen Minimum Zones

The microbial community and activity within OMZs are fundamentally different compared to oxygenated waters and sediments. These differences are especially pronounced in the fully anoxic waters of AMZs, where anaerobic metabolisms thrive and aerobic metabolisms may only exist in microaerobic patches, sometimes caused by oxygen-generating processes such as photosynthesis (Tiano et al., 2014; Kalvelage et al., 2015) and possibly NO2–-dependent anaerobic methane oxidation (n-damo, Raghoebarsing et al., 2006; Ettwig et al., 2009). Further, microeukaryotes such as those belonging to Protozoa are known to be distributed along oxygen gradients from fully oxic to nearly anoxic (Fenchel, 2014). Likewise, viruses have unique communities in OMZs compared to over- and underlying oxic waters (Cassman et al., 2012; Mara et al., 2020; Vik et al., 2020). Thus, physiological and community composition differences are important in assessing how future deoxygenation events will expand or contract microbial niches within OMZs. As such, we will provide an overview of the diversity and physiological potential of bacteria, microeukaryotes, and viruses in the following sections before using these observations to speculate on how future deoxygenation events will alter the status quo.



Prokaryotes

As in every marine environment, prokaryotes are the base of food webs in OMZs in both oxic and anoxic waters. In addition to contributing to carbon transfer through trophic levels in OMZs, prokaryotes are responsible for key processes in many biogeochemical cycles that have global implications. For instance, up to 35–50% of world-wide nitrogen loss occurs within the borders of OMZs (Devol et al., 2006), despite OMZs taking up only ∼7–10% of oceanic volume (Paulmier and Ruiz-Pino, 2009; Bianchi et al., 2012). Organisms within OMZs also contribute to sulfur (Callbeck et al., 2021) and methane (Chronopoulou et al., 2017) cycles, further cementing the importance of OMZs to global biogeochemistry. Community composition and genetic potential both inform how microbes can contribute to these processes; thus, we will first consider the current knowledge of OMZ community composition and how it differs between oxic, hypoxic, and anoxic regions within the water column.

Bacterial community composition is perhaps the most well-studied area of modern microbial ecology. Despite this, there are myriad fundamental questions that remain unanswered and there is some debate on which methodologies are most efficacious (e.g., Brumfield et al., 2020). Bacterial community composition has typically been assessed using one of three approaches: metagenomics, amplicon sequencing of 16S, or amplicon sequencing of functional genes. In general, studies using metagenomic or 16S sequencing seek to represent the entire bacterial community, while those utilizing functional gene or targeted 16S sequencing are designed to capture the diversity of bacteria that occupy specific niches within the whole community. A fully realized discussion of the benefits and caveats of these approaches is beyond the scope of this review and have been reviewed elsewhere (e.g., metagenomics: Nayfach and Pollard, 2016; 16S: Hugerth and Andersson, 2017), but a short summary of some of the key points is merited here as all OMZ community composition studies rely heavily on these methods. Although long considered the “gold standard” of bacterial community composition due to its assumed lack of primer bias, metagenomic sequencing is not without some caveats. For instance, metagenomic sequencing often requires steps that may cause highly abundant organisms or organisms with large genomes to be overrepresented. As previously mentioned, one of the primary drawbacks to 16S amplicon sequencing lies in primer bias, which can artificially inflate the relative abundance of specific taxa while depressing that of other taxa (Parada et al., 2016; Bukin et al., 2019). Even with these caveats, metagenomic and so-called “universal” 16S amplicon sequencing can provide an accurate representation of the total microbial community (Parada et al., 2016) and the improvement of the bioinformatic analysis of metagenomic and 16S sequences remain active areas of research (Straub et al., 2020). Finally, the analysis of functional genes from microbes (or targeted 16S gene primers) with specific niches in biogeochemical cycles have many of the same limitations as “universal” 16S gene analyses, but they provide an increased resolution of those organisms. However, functional gene and targeted 16S analyses cannot resolve the relative abundance of their targeted organisms compared to other bacteria present. Altogether, the three commonly used sequencing tactics provide complimentary information on the bacterial community and their genetic potential and studies employing them will thus be discussed in the following paragraphs.

Oxygen minimum zones are perhaps the ideal proving ground for the old adage that “Everything is everywhere, but the environment selects” (Becking, 1934). Differences in density along the water column prevent the mixed layer from reaching the seafloor in all but the most near-shore regions, providing a stratified system whose primary colonization routes are either from sinking particles from the overlying water column or currents from adjacent areas. Bacterial communities from adjacent areas can be excluded from this thought experiment as they will have similar hydrographic characteristics and thus similar selective pressures. Thus, despite being physically close, different depths in the same water column will have different selective pressures, which besides light availability perhaps none are stronger than changes in oxygen concentration and will therefore be expected to have quite different microbial communities. Walsh et al. (2016) explicitly tested this idea by using 16S sequencing across multiple depths from the surface to the sediment in three different regions in the Pacific Ocean: the ETSP, the open-ocean central equatorial Pacific, and the North Pacific gyre. In all three of these sampling sites, the OMZ contained unique communities compared to the other sampling depths. This trend of differing bacterial communities within OMZs compared to more oxygenated depths has been observed in other sampling sites within the ETSP (Beman and Carolan, 2013), as well as other OMZs such as the ETNP (Faull et al., 2020), the Bay of Bengal (Rajpathak et al., 2018; Fernandes et al., 2019, 2020; Lincy and Manohar, 2020), the Arabian Sea (Bandekar et al., 2018a; Fernandes et al., 2020), the Cariaco Basin (Zinger et al., 2011), and the Black Sea (Zinger et al., 2011). Taken all together, these findings suggest that dispersal may only add to species richness in OMZs when the species in question can persist in lowered oxygen conditions. While seemingly inconsistent with Baas Becking’s tenant, which is an obvious simplification, due to everything not actually being everywhere, a slight modification to “Everything has the ability to be everywhere, but the environment selects” allows the differences in community composition between OMZ and more oxygenated areas of the water column to fit within its framework.

While the methodologies used in these studies are not able to be directly compared, generalities about the community composition of prokaryotes from the surface to the OMZs can be made. Like in any oceanic region, Prochlorococcus, Marine Group II Euryarchaeota, SAR86, Verrucomicrobiales, Cellvibrionales, Actinomarina, Rhodobacterales, and SAR11 surface clades dominate the photic zone of many OMZs, even where the photic zones overlap suboxic and anoxic depths (e.g., Zaikova et al., 2010; Beman and Carolan, 2013; Bandekar et al., 2018a; Beman et al., 2020; Pajares et al., 2020). In contrast to oxic depths, OMZ prokaryotic communities often have higher relative abundances of Nitrospina, SAR202, SAR324, SAR406, Thaumarchaeota, Nanoarchaeota, and SAR11 deep clades in general (e.g., Zaikova et al., 2010; Beman and Carolan, 2013; Bandekar et al., 2018a; Beman et al., 2020; Pajares et al., 2020) and SUP-05 and Desulfobacteraceae in euxinic waters such as the Cariaco Basin (e.g., Rodriguez-Mora et al., 2015) and Saanich Inlet (Zaikova et al., 2010; Walsh and Hallam, 2011; Torres-Beltrán et al., 2019). While OMZ communities are likely to have endemic strains or amplicon sequence variants, the methodologies utilized to characterize prokaryote communities are too varied to make any concrete statements about the differences in community composition from one OMZ to another. As many studies on OMZ community composition speculate, the unique bacterial communities in OMZs are likely to reflect the redox conditions of OMZs compared to more oxygenated depths. The redox conditions of OMZs are often favorable for processes in the nitrogen cycle such as denitrification and anammox as well as other important processes in the sulfur and methane cycles. These redox conditions are reflected in the organisms present in OMZs such as known nitrogen and sulfur cycling organisms like genera belonging to Candidatus Scalindua, Caulobacteriaceae, Pelagibacteriaceae, α-Proteobacteria, δ-Proteobacteria, and γ-Proteobacteria in the Arabian Sea and Bay of Bengal (Bandekar et al., 2018a,b; Rajpathak et al., 2018; Fernandes et al., 2019, 2020; Amberkar et al., 2021), the Gulf of Alaska (Muck et al., 2019), Cariaco Basin (Madrid et al., 2001; Lin et al., 2008; Rodriguez-Mora et al., 2013, 2015; Cernadas-Martín et al., 2017), the ETSP (Stevens and Ulloa, 2008; Bryant et al., 2012), the ETNP (Podlaska et al., 2012; Beman and Carolan, 2013; Beman et al., 2020; Pajares et al., 2020), and Saanich Inlet (Zaikova et al., 2010; Walsh and Hallam, 2011; Torres-Beltrán et al., 2019). The contribution of prokaryotes identified in OMZs to biogeochemical cycles has global ramifications and has thus been well-studied throughout previous decades and remains a highly active research endeavor.



Prokaryotic-Driven Nutrient Cycling

Much of what we know about microbe-driven nutrient cycling in marine environments stems from incubation experiments with labeled substrates, which, as was the case for sequencing, have several caveats that should be discussed before detailing their findings. Several reviews contain in-depth discussions on the considerations needed for individual methods for estimating rates in the nitrogen (e.g., Seitzinger et al., 1993; Zhang et al., 2020), sulfur (e.g., Jørgensen et al., 2019), and methane (e.g., Schulz, 2000) cycles. In general, all methods for determining rates of biogeochemical processes require careful sample collection schemes in order to obtain a representative sample in heterogeneous substrates and if the method requires bottle incubations, shorter incubation times are often required to reduce bottle effects and prevent the selection of microbes that favor these conditions. As such, many of the rates obtained are considered to be potential rather than actual rates and thus require careful interpretation.

Prokaryotes are key contributors to nutrient cycles in OMZs and in over and underlying oxic depths within the water column. While there are anoxic microenvironments within oxic waters and oxic microenvironments within deoxygenated waters, the presence of oxygen, in addition to light availability and nutrient concentrations, is one of the key environmental factors that controls microbial metabolisms. The switch from heterotrophic consumption of carbon via respiration to fermentation is perhaps the most obvious difference, but the metabolic differences cascade through other nutrient cycles. For instance, the microbial-driven nitrogen cycle is typically separated between oxic and anoxic processes (Figure 2). Nitrification, the stepwise oxidation of NH4+ to NO2– to NO3–, typically occurs in oxic environments. Anammox, the anaerobic oxidation of NH4+ with NO2– to N2, denitrification, the stepwise reduction of NO3– to N2O and N2, and DNRA, the dissimilatory reduction of NH4+ to NO2–, all usually occur in anoxic environments. Nitrogen fixation, the transformation of N2 to bioavailable N-species, has been observed in both oxic and anoxic environments.
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FIGURE 2. Simplified schematic of carbon, nitrogen, sulfur cycles in oxygen minimum zones, underlying sediments and overlying oxic waters. Purple cocci shapes represent processes that archaea perform, green rods represent bacteria, teal pennate diatoms represent microeukaryotes, and maroon phage particles represent processes viruses potential augment. Full details in text.


Nitrification is carried out by archaea and bacteria in either an incomplete fashion with ammonium-oxidizing bacteria or archaea performing the first step of nitrification (NH4+ to NO2–) and nitrite-oxidizing bacteria completing the second step (NO2– to NO3–) or in a complete fashion with “comammox” bacteria. Nitrifiers have been observed in the oxygenated waters overlaying OMZs (e.g., Stewart et al., 2012; Peng et al., 2013) and several studies have found copies of amoA, the gene encoding ammonium oxidase, present in anoxic waters (Peng et al., 2013). Furthermore, while nitrification activity is highest in oxic waters nearer the surface (e.g., Füssel et al., 2012; Bristow et al., 2016; Peng et al., 2016), several studies have observed NO2 – oxidation in anoxic depths (e.g., Lipschultz et al., 1990; Beman et al., 2013; Kalvelage et al., 2013; Peng et al., 2015). NO2 – oxidation in the absence of O2 requires an alternative electron acceptor, but this electron acceptor is currently unknown (Peng et al., 2016). Likewise, nitrogen fixation has been observed in both oxic and anoxic depths with higher rates of nitrogen fixation often occurring in the oxic waters nearer the surface (e.g., Fernandez et al., 2011, 2015; Jayakumar et al., 2017; Chang et al., 2019; Löscher et al., 2020). Nitrogen fixation is most commonly performed by cyanobacteria, including Trichodesmium (Capone et al., 2005) and UCYN-A (Zehr, 2011; Krupke et al., 2015), but heterotrophic diazotrophs belonging to α-Proteobacteria and γ-Proteobacteria also occur in many OMZs (Jayakumar and Ward, 2020).

Denitrification and anammox are the dominant N-loss processes in OMZs. Denitrification is carried out by myriad different genera including Pelagibacter (Tsementzi et al., 2016) and organisms belonging to α-Proteobacteria, δ-Proteobacteria, and γ-Proteobacteria in OMZs (e.g., Stevens and Ulloa, 2008; Jayakumar et al., 2009; Bandekar et al., 2018b). In addition to bacteria, a genome of potential archaeal denitrifier belonging to Marine Group II was recently assembled from metagenomic samples from the ETSP, which suggests that archaea may contribute to denitrification in OMZs (Sun and Ward, 2021). The genera of anammox bacteria found in most marine OMZs is Candidatus Scalindua (Woebken et al., 2007, 2008; Pitcher et al., 2011; Villanueva et al., 2014), while Candidatus Brocadia was recently found to be highly abundant in the Gulf of Alaska OMZ (Muck et al., 2019). The relative importance of denitrification and anammox toward the total N-loss seems to be dependent on regional and depth-related factors, with denitrification exceeding anammox in the Arabian Sea (Ward et al., 2009; Bulow et al., 2010), Saanich Inlet (Michiels et al., 2019) and in the OMZ core of the ETNP and ETSP but not in shallower depths still within the OMZ, where anammox contributed up to 80% of the N-loss (Babbin et al., 2020). Additional studies have found anammox to be the dominant N-loss process in the Benguela upwelling system (Kuypers et al., 2005), and in the ETSP in one study (Lam et al., 2009) but not in another (Dalsgaard et al., 2012). These discrepancies might be partially due to the influence of particles. The presence of particles is known to increase nitrite reduction, denitrification, anammox, and the encoding of particular genes involved in these processes (Ganesh et al., 2015). Further, anammox rates are influenced by the presence of small sinking particles such that anammox bacteria encounter appreciably more NH4+ when near particles (Karthäuser et al., 2021). While the relative contribution of anammox and denitrification may seem trivial to the overall picture at first glance, it becomes more important due to the fact that the denitrification pathway oftens stops at N2O in OMZs (e.g., Farías et al., 2009; Ji et al., 2015), thus producing a potent greenhouse gas. Additionally, N-loss processes can be sensitive to oxygen, as anammox and denitrification rates and the transcription of the genes involved decreased at nanomolar oxygen concentrations in the ETSP (Dalsgaard et al., 2014).

Oxygen minimum zones also provide a potential niche for prokaryotes that undergo dissimilatory reduction of nitrite to ammonium (DNRA). This process has been observed in several OMZs and may provide anammox bacteria with an additional source of NH4+ (Lam et al., 2009; Jensen et al., 2011). However, DNRA is sometimes undetectable in the ETSP (De Brabandere et al., 2014) and thus its importance in the nitrogen cycle may be limited. Despite this, prokaryotes with the genetic potential for DNRA are widespread across several OMZs, including the Arabian Sea (Lüke et al., 2016), the Alfonso Basin in the Gulf of California (Ramos-de la Cruz et al., 2021), and the ETNP (Pajares et al., 2019). Additionally, bacteria involved in n-damo, NO2–-dependent anaerobic methane oxidation, occur in OMZs and potentially link carbon and nitrogen cycling (Padilla et al., 2016; Chronopoulou et al., 2017). The n-damo process is carried out by bacteria from the NC-10 phylum (Raghoebarsing et al., 2006; Ettwig et al., 2009). The n-damo process produces N2 through the oxidation of CH4 via the reduction of NO2– to NO, which is dismutated into N2 and O2. This newly produced O2 is then used as an oxidant for intra-aerobic methanotrophy. While NC-10 bacteria are present in several OMZs, their and n-damo’s importance in nitrogen and methane cycling has yet to be fully investigated. Despite this, they are transcriptionally active in the OMZ core of the ETNP, where it has been suggested that anaerobic CH4 oxidation is a substantial CH4 sink (Thamdrup et al., 2019). OMZs also support other methanotrophs due to the high concentration of CH4 within OMZ boundaries due to methanogenesis in the underlying bethos (Naqvi et al., 2010; Pack et al., 2015; Chronopoulou et al., 2017). While many of these methanotrophs have been identified in aerobic depths, some are also found within the OMZ core (Tavormina et al., 2013). As these methanotrophs require oxygen, they seem to partition based on oxygen concentration and may be associated with photosynthetic activity in the upper OMZ core (Torres-Beltrán et al., 2016; Padilla et al., 2017).

Sulfur metabolisms are another important nutrient cycle that occurs within the boundaries of OMZs. Callbeck et al. (2021) and van Vliet et al. (2021) have recently reviewed sulfur cycling in OMZs in detail beyond the scope of the present review, including describing key players and their metabolisms. Sulfur cycling in OMZ core waters has been elucidated with the detection of “cryptic” cycles in which sulfides are produced and utilized at nearly the same rate, thus resulting in sulfides at or below the detection limit (Canfield et al., 2010; Johnston et al., 2014; Carolan et al., 2015). Like methane, much of sulfur cycling in OMZs is directly linked to benthic nutrient cycling. Heterotrophic sulfate-reducing bacteria in sediments underlying OMZs are stimulated by inputs of organic matter (Fossing, 1990; Ferdelman et al., 1997, 1999; Brüchert et al., 2003). If the waters overlying these sediments remain stagnant for extended periods of time, sulfidic events may occur where benthically-produced sulfide reaches the water column which results in O2 and NO3– consumption (Dale et al., 2016; Sommer et al., 2016). SUP05 bacteria, which display an extremely high affinity to sulfide (Crowe et al., 2018), are responsible for much of the sulfide-oxidation in OMZs after a sulfidic event and couple sulfide oxidation with the reduction of NO3– (Callbeck et al., 2018, 2019). This clade often makes up a large proportion of the microbial community, as has been detected in the Benguela upwelling system (Lavik et al., 2009) and ETSP core OMZ waters (Callbeck et al., 2018). Even when sulfide concentrations are low, SUP05 bacteria have been found at high relative abundances due to mesoscale eddy-driven dispersal (Callbeck et al., 2018).



Microeukaryotes

Microeukaryotes have, perhaps, an underappreciated role in OMZs. While comparably difficult to study in anoxic environments, microeukaryotes are important players in the carbon cycle, have the potential to exert top-down control upon prokaryotic communities via grazing, and some can even contribute to nutrient cycling via processes typically considered prokaryotic in nature such as denitrification. Even so, the community composition of OMZ microeukaryotes is the most well studied aspect of their ecology. Microeukaryotic community composition is typically assessed with 18S amplicon sequencing and is thus subject to the same caveats as 16S amplicon sequencing. In addition, 18S sequencing can be skewed by organisms that have many 18S gene copies (de Vargas et al., 2015). Metagenomic sequencing is rarely undertaken for microeukaryotes due to their large genome sizes but recovering eukaryotic genomes from metagenomes is becoming increasingly feasible with the development of new bioinformatic tools (e.g., Delmont and Eren, 2016; Krinos et al., 2021). The community composition of microeukaryotes in OMZs has been assessed in the Arabian Sea (More et al., 2018), the Black Sea (Wylezich et al., 2018), the Cariaco Basin (Edgcomb et al., 2011a,b; Orsi et al., 2011, 2012), the Costa Rica Dome (Jing et al., 2015), the ETNP (Duret et al., 2015), the ETSP (Parris et al., 2014; De la Iglesia et al., 2020), Framvaren Fjord (Behnke et al., 2006; Orsi et al., 2012), Saanich Inlet (Orsi et al., 2012; Torres-Beltrán et al., 2018), and Tolo Harbor (Rocke et al., 2016). One commonality between all of these studies is that the microeukaryotic communities in oxic waters were quite different from the communities in anoxic waters, which suggests that oxygen concentration has a profound effect on the presence or absence of certain microeukaryotic species. In these OMZs, the oxic waters, typically in the photic zone, were dominated by photosynthetic protists while the anoxic depths were dominated by putatively heterotrophic and parasitic protists. Beyond this trend, even heterotrophic Protozoa are likely to be distributed based on their oxygen tolerance and some are likely to be facultative anaerobes or facultative aerobes with the ability to persist in both oxic and anoxic habitats (Fenchel, 2014). Further, Rhizaria have also been found to partition vertically in the California Current ecosystem with the symbiont-bearing Acantharia and Collodaria near the surface, flux-feeding Phaeodaria in the lower epipelagic, and Foraminifera and other Phaeodaria populations near the OMZ (Biard and Ohman, 2020). Foraminifera have also been found in the OMZ core of the Arabian Sea (Gooday et al., 2000). The observations of Foraminifera near or in OMZs is of potential importance to the nitrogen cycle in OMZs as several benthic Foraminifera species are known to perform denitrification (Pina-Ochoa et al., 2010) and may contribute up to 50% of benthic denitrification in sediments underlying OMZs (Glud et al., 2009; Glock et al., 2013). Further studies of Foraminifera in the water column would be necessary to confirm their contribution to nutrient cycling in OMZs.

The potential for microeukaryotic grazing of prokaryotes is well established for oxic marine environments. The methods employed to estimate grazing rates in oxic waters are difficult to utilize in anoxic waters due to the likelihood of oxygen contamination from sampling with Niskin bottles (e.g., De Brabandere et al., 2012; Edgcomb et al., 2016) and thus in situ estimates may be better suited for OMZs (Medina et al., 2017). Even with these caveats, studies focusing on grazing found that up to 80% of prokaryotes were grazed daily in the Baltic Sea in anoxic waters (Detmer et al., 1993; Anderson et al., 2012), grazing in the OMZ of the Mediterranean Sea approached the level of grazing in the overlying oxic waters (Pachiadaki et al., 2016), grazing was negligible but selective in anoxic waters of the Cariaco Basin (Lin et al., 2007), and grazing in suboxic waters was higher than grazing in oxic waters of the ETSP (Cuevas et al., 2006). The inconsistency of results may be partially explained by the lack of in situ measurements of grazing or that the grazing pressure in separate OMZs can be drastically different. When using in situ methods, up to 28% of the total bacterial biomass may be consumed by protists in oxygen concentrations ∼4.8 μM and 13% of the biomass in completely anoxic waters in the ETSP (Medina et al., 2017). Taken all together, the loss of prokaryotes by grazing is an important piece of nutrient cycling in OMZs that is often overlooked.



Viruses

Like the contribution of microeukaryotes, viruses in OMZs are understudied compared to prokaryotes in these environments. This is despite the recognized roles that viruses play in marine environments such as exerting top-down controls of prokaryotic and eukaryotic populations alike, modulating host metabolisms, and even transferring nutrients if they are consumed by organisms. For instance, the percent of microbial mortality due to viral lysis was estimated to be 2–50% in hypoxic depths in the Baltic Sea (Weinbauer et al., 2003; Anderson et al., 2012), with estimates generally higher in anoxic samples. High virus-induced prokaryotic mortality (up to 90%) has also been observed in an anoxic marine-influenced lake near the Adriatic Sea (Rastelli et al., 2016). Though one study in the subtropical western Pacific shows a relative switch from grazer-driven to virus-driven mortality with increasing depth (Tsai et al., 2016), other studies in the Mediterranean Sea and Arabian Sea estimated viral production and viral-induced prokaryotic mortality to decrease with depth (Weinbauer et al., 2003; Parvathi et al., 2018). Thus, the relationships between the contributions of viral lysis and grazing to prokaryotic mortality based on depth and oxygen concentration have not been resolved. Additionally, there is some evidence that OMZs may have a higher incidence of lysogeny than the surrounding oxygenated waters. Changes in nutrient availability, productivity, and oxygen concentration can cause stress to host organisms and subsequently cause viruses to enter the lysogeny cycle (Howard-Varona et al., 2017; Correa et al., 2021). Direct estimates of lysogeny via prophage induction in OMZs have been generated for the Arabian Sea (Parvathi et al., 2018) and Baltic Sea (Weinbauer et al., 2003). In both cases the percentage of lysogens was estimated to increase between the surface and low-oxygen waters, though the percent lysogeny decreased in the suboxic samples in the Baltic Sea and increased in the Arabian Sea. In both cases, oxygen contamination in incubations was difficult to prevent and not directly measured, potentially resulting in an altered response from the microbial community that may have affected virus-host interactions. Whether the aforementioned trends in virus-host interactions hold true for all OMZs or even within the same OMZs over multiple seasons remains an open question.

To date, the total virus community composition has only been assessed in the ETSP (Cassman et al., 2012; Vik et al., 2020), the Cariaco Basin (Mara et al., 2020), and Saanich Inlet (Chow et al., 2015) and the putative archaeal virus community has been assessed in the ETNP (Vik et al., 2017). In each OMZ, viral community composition was appreciably different in anoxic samples compared to oxic samples. In the case of the ETSP (Vik et al., 2020) and Cariaco Basin (Mara et al., 2020), some identified viral populations were detected in other OMZs contained within the Global Ocean Virome 2.0 dataset (Gregory et al., 2019), suggesting that some viral populations specialized for low-oxygen environments may be distributed across global OMZs. However, this represented a small fraction of the total virus populations which hints at a majority of virus populations in OMZs being endemic to their OMZ of origin. The question of cosmopolitan or endemic virus populations requires more OMZ viral communities to be sequenced and a direct comparison to be undertaken.

Additional challenges in understanding the roles of viruses in OMZs include the issues that viruses with RNA genomes are not included within the current studies, and that relatively few DNA viral populations from OMZ studies could be assigned a taxonomic identification. This latter issue is largely due to most viruses being known only from metagenomic sequencing data and lacking cultivated representatives in genomic databases. Thus, more endeavors to cultivate viruses from OMZs, and indeed all marine environments, must be undertaken to gain a more comprehensive understanding of the roles of viruses in these environments. This challenge of matching viral populations with host microbial populations is the biggest obstacles in understanding environmental viruses. As the labor involved in cultivating new viruses would take decades to fill in all the potential holes in our knowledge, a number of bioinformatic techniques are being actively developed to match viruses to hosts. These approaches either rely on in silico or in vitro methods. The in silico methods are varied and numerous, with nine published in the past 2 years alone [reviewed in Coclet and Roux (2021)] but all require databases of both host and virus sequences, ideally paired from the same study. The in vitro methods are also numerous [reviewed in Coclet and Roux (2021)] but as many of them rely on probes and PCR primers, their utility in OMZs is limited to viruses that are close relatives to each other. High-throughput chromosomal confirmation capture (Hi-C) has been used to link viral and host DNA (Bickhart et al., 2019; Marbouty et al., 2021), thus capturing a close relationship, indicting either infection, lysogeny, or attachment. Hi-C has been further adapted to link viral RNA with host DNA, with the idea being that this allows the user to capture an ongoing infection (Ignacio-Espinoza et al., 2020). Both the in silico and in vitro methods show great promise for elucidating virus-host pairings and should be undertaken in OMZ samples.

Viruses influence host metabolism during infection, not only through diverting substrate usage to building viral machinery, but also through possibly supplementing key components within host energetic pathways via viral auxiliary metabolic genes (AMGs). The most thoroughly studied and best understood AMG is psbA, which codes for a photosystem II protein, in bacteriophages that infect cyanobacteria. As we reach the 20th anniversary of this discovery (Mann et al., 2003), our understanding of AMGs has rapidly evolved. For instance, viral psbA expression can sometimes account for over half of all psbA expression, highlighting the potential of viruses to directly affect important host metabolisms and biogeochemical cycles (Sieradzki et al., 2019). However, the relative abundance of psbA genes in T4-like cyanophages decreases with depth in the ETNP, which may be reflective of its low-light adapted Prochlorococcus host in anoxic chlorophyll maxima and suggests other AMGs are more important in OMZs (Fuchsman et al., 2021). For instance, several putative AMGs have been identified from the Cariaco Basin, the ETNP, the ETSP, and Saanich Inlet (Roux et al., 2014; Ahlgren et al., 2019; Mara et al., 2020; Vik et al., 2020; Gazitúa et al., 2021). Some of the putative AMGs found within OMZs and their overlying oxic waters potentially contribute to important processes in the carbon, nitrogen, and sulfur cycles (Figure 2). For instance, viruses carrying dsrC genes, which are involved in dissimilatory sulfate reduction, were found in Saanich Inlet that putatively infect SUP05 bacteria (Roux et al., 2014). AMGs putatively involved in sulfite oxidation, soxY, have also been observed in the ETSP (Kieft et al., 2021). Additionally, viruses carrying putative AMGs from nitrogen cycle pathways have been observed in OMZs such as amoC, which encodes for ammonia monooxygenase subunit C involved in nitrification, nirK, which encodes for a Cu-containing nitrite reductase involved in denitrification, and norB, which encodes for a nitric oxide reductase involved in denitrification (Ahlgren et al., 2019; Gazitúa et al., 2021). Finally, viruses carrying the pmoC gene, a subunit of the particulate methane monooxygenase enzyme that catalyzes methane oxidation, have been observed in freshwater lakes (Chen et al., 2020) and soils (Lee et al., 2021). This indicates that viruses have the potential to augment methane oxidation by their methanotrophic hosts, even though they have yet to be observed in OMZs. While these carbon, nitrogen, and sulfur cycle AMGs have not been expressed in controllable systems to confirm their function, nor has their expression in nature been fully observed, the presence of these putative AMGs in virus genomes points at the vast potential of viruses to affect global nutrient cycles.



Sediments

The sediments underlying OMZs can be important sources of carbon, nitrogen, and sulfur species that have the ability to influence the ecology of OMZ cores. In some OMZs, the anoxic waters may even reach the benthos. As such, a complete understanding of OMZs is impossible without taking sediments into consideration. Despite this, sediments are understudied compared with the overlying water column. As discussed above, sediment sulfur cycling can introduce sulfide into the overlying water column, partially due to the higher relative sulfate reduction in sediments where OMZ cores reach nearer the bottom waters (Fernandes et al., 2018). Methanogenesis is also known to occur in sediments where the OMZ meets the continental shelf, which contributes to the large methane reservoirs in OMZs (Pack et al., 2015; Chronopoulou et al., 2017; Thamdrup et al., 2019). Further, both sulfate reduction and methanogenesis have appreciably higher rates in sediments where the OMZ core reaches the benthos in the ETSP (Maltby et al., 2016). The role of sediments in nutrient cycling extends to the nitrogen cycle as nitrification, denitrification, anammox, and DNRA all occur in the ETSP, where the sediments contribute to a net loss of N where the bottom waters are anoxic or nearly anoxic (Bohlen et al., 2011). Denitrifiers are also found in the sediments underlying the Arabian Sea (Lincy and Manohar, 2020; Amberkar et al., 2021), the Bay of Bengal (Lincy and Manohar, 2020), and the ETNP (Liu et al., 2003). Even the sediments in less intense OMZs, such as the NESAP, can greatly contribute to N2O production from denitrification and is largely modulated by the oxygen concentration of bottom waters (Jameson et al., 2021). Likewise, the effect of low bottom water oxygen concentrations is felt by the prokaryotic communities as well, with different microbes occurring in sediments with oxic bottom waters compared to those with anoxic bottom waters (e.g., Divya et al., 2011; Divya, 2017; Besseling et al., 2018; Bhattacharya et al., 2020; Lincy and Manohar, 2020; Amberkar et al., 2021). Unfortunately, there have been no studies characterizing the community composition of viruses in sediment underlying marine OMZs. However, two studies in anoxic Mediterranean Sea sediments found viruses occurred in anoxic sediments at similar abundances as they did in nearby oxic sediments (Danovaro et al., 2005), and have much higher viral production rates in anoxic than in oxic sediments (Corinaldesi et al., 2014). While these studies were not explicitly in OMZs, this suggests that viruses may have strong effects on cellular life in sediments impacted by OMZs. Taken all together, the sediments underlying OMZs are both influenced by and influence the microbial ecology of the water column, with the most dramatic effects occurring in regions where the OMZ core reaches the sediment-water interface.

With the expansion of OMZs, we must also consider the potential impacts on the fauna residing on or near the seafloor. OMZs can impact the benthos through shifting community structures, as seen in ETSP meiofauna (Neira et al., 2018) and ETNP benthic decapod crustaceans (Papiol et al., 2017). Further, differences in oxygen concentration may alter coral community composition (e.g., Hanz et al., 2019; Hughes et al., 2020). For instance, the Angolan margin was able to support cold-water coral mounds, while the Namibian margin could not, possibly due to lower dissolved O2 concentration (Hanz et al., 2019). Changes in coral species distributions are likely to impact the distributions of their microbial symbionts and could shift their metabolisms (Hughes et al., 2020).



Response of Microbes to Climate Change and Continued Deoxygenation

While this review focuses on the potential effects of climate change-driven deoxygenation on marine microbial ecology, other major climate alterations may help cause feedback loops that result in continual deoxygenation. For instance, warming is expected to increase prokaryotic respiration rates (e.g., Wang et al., 2021), which, in turn, has the potential to stimulate more and stronger deoxygenation events (Oschlies et al., 2018; Robinson, 2019). Acidification seems to have a negligible effect on prokaryotes overall (Wang et al., 2021), but several studies have found that nitrification is inhibited by acidification (Huesemann et al., 2002; Beman et al., 2011; Kitidis et al., 2011; Braeckman et al., 2014; Wannicke et al., 2018), which, while not directly related to OMZs, would likely have an effect on the availability of NO3– and NO2– for denitrifiers and anammox bacteria. The direct effect of increased temperature and lowered pH on OMZ microeukaryotes is less clear. Acidification will likely decrease the abundance of any calcium test-bearing microeukaryotes in OMZs like it does for coccolithophores (D’Amario et al., 2020). Further, rising temperatures have the potential to increase grazing rates of bacteria by microeukaryotes in oxic waters (Gu et al., 2020; Cabrerizo and Marañón, 2021), but it is unclear whether this can overcome the observed negative effect low oxygen concentrations have on grazing. As for viruses, warming has the potential to increase decay rates, especially in tropical regions (Danovaro et al., 2011), and acidification seems to have the ability to select for particular coccolithophore virus strains over others (Highfield et al., 2017) but whether this is a general trend for all viruses has not been ascertained.

The continued deoxygenation of the ocean will result in thicker and more intense OMZs. Based on the differences between oxic and anoxic depths detailed in this review, deoxygenation has the ability to drastically change the microbial community in marine environments by shrinking the available niches of aerobic organisms and greatly expanding the range of anaerobes (Figure 3). These changes can potentially reverberate through trophic levels. Further work on how trophic linkages differ between oxic and anoxic waters is needed to gain a fuller picture of how food webs will be altered. Even so, it is likely that prokaryotic, microeukaryotic, and virus communities will shift to strains or species more tolerant of low oxygen conditions. This shift will, in turn, favor anaerobic metabolisms such as fermentation, denitrification, anammox, sulfate reduction, methanogenesis, etc. In the case of denitrification and methanogenesis, favorable conditions for anaerobic metabolisms may cause further greenhouse gases to be released from marine systems if the increase in these processes outstrips the utilization of N2O and CH4 by marine microbes. This is of particular importance when considering that regions with less intense OMZs like the Gulf of Mexico may act as N2O and CH4 sources rather than sinks (Rogener et al., 2021). Further, microeukaryotic grazing of prokaryotes may decrease and the abundance of parasitic microeukaryotes may increase. The overall virus community will shift to viruses that infect hosts utilizing anaerobic metabolisms and the percentage of viruses that undergo lysogeny may increase. Benthic communities are likely to change as well, with higher instances of anaerobic processes such as denitrification, anammox, sulfur oxidation, and methanogenesis and shifts in coral communities are likely to be altered by deoxygenation. Benthic macrofauna communities are also likely to be altered even in hypoxic areas like the Gulf of Mexico, where regions experiencing hypoxia are more likely to provide habitats for polychaetes rather than the bivalves, pericaridean crustaceans, gastropods, and ophiuroids typically in oxygenated benthic environments (Rabalais et al., 2002). Further, viruses may have an increased importance in causing prokaryotic mortality with increasing deoxygenation as viral lysis has been observed to increase in suboxic relative to oxic waters (e.g., Anderson et al., 2012; Rastelli et al., 2016), but other studies show conflicting evidence (e.g., Weinbauer et al., 2003; Parvathi et al., 2018), so this potential effect is not reflected in Figure 3 due to the uncertain nature of virus-host responses to deoxygenation. As these predictions based on the literature are speculative in nature, we will close by offering some suggestions for how future research on marine microbes should be conducted to fill the gaps in our knowledge.


[image: image]

FIGURE 3. Schematic of how future deoxygenation may affect the ecology of OMZs and their adjacent areas. Upward pointing arrows indicate the process or organisms whose abundance/rate is expected to increase, not considering biotic interactions and feedback loops by climate change and downward pointing arrows indicate negative effects.


First, a concerted effort should be undertaken to study how climate change will alter marine microbes in a holistic manner. While extremely valuable information can be gleaned from studies targeting the response from one group of organisms, how linkages between microeukaryotes, prokaryotes, and viruses will be altered from climate change cannot be assessed without studies that track all of these biological entities. Secondly, there is a desperate need for more anoxic and/or in situ incubations to estimate important processes in OMZs such as grazing and viral lysis, lysogeny, and how these and other processes affect biogeochemical cycling. Even though prokaryotes are the best studied microorganisms in OMZs, there is a clear need for research examining the differences between communities in different OMZs globally and how they differ in transitional OMZs that are likely to have decreased oxygen concentration in the future. The need for more studies on microeukaryotes and viruses in OMZs is evident from the sparsity of the literature presented in our review and should be a main target for future research endeavors. Metatranscriptomics may be used to assess the activity of viruses as they infect cells within OMZs, including how the expression of the newly discovered nitrogen cycling putative AMGs compare to their host homologs. Even at a more basal level, the total virus community of OMZs should be assessed in seasonally hypoxic areas such as the Gulf of Mexico hypoxia and other coastal environments that will experience further deoxygenation from climate change.
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Climate change is driving dramatic variability in sea ice dynamics, a key driver in polar marine ecosystems. Projected changes in Antarctica suggest that regional warming will force dramatic shifts in sea ice thickness and persistence, altering sea ice-associated primary production and deposition to the seafloor. To improve our understanding of the impacts of sea ice change on benthic ecosystems, we directly compared the benthic microbial communities underlying first-year sea ice (FYI) and multi-year sea ice (MYI). Using two tractable coastal habitats in McMurdo Sound, Antarctica, where FYI (Cape Evans) and MYI (New Harbour) prevail, we show that the structure and composition of the benthic microbial communities reflect the legacy of sea ice dynamics. At Cape Evans, an enrichment of known heterotrophic algal polysaccharide degrading taxa (e.g., Flavobacteriaceae, unclassified Gammaproteobacteria, and Rubritaleaceae) and sulfate-reducing bacteria (e.g., Desulfocapsaceae) correlated with comparatively higher chlorophyll a (14.2±0.8μgg−1) and total organic carbon content (0.33%±0.04), reflecting increased productivity and seafloor deposition beneath FYI. Conversely, at New Harbour, an enrichment of known archaeal (e.g., Nitrosopumilaceae) and bacterial (e.g., Woeseiaceae and Nitrospiraceae) chemoautotrophs was common in sediments with considerably lower chlorophyll a (1.0±0.24μgg−1) and total organic carbon content (0.17%±0.01), reflecting restricted productivity beneath MYI. We also report evidence of a submarine discharge of sub-permafrost brine from Taylor Valley into New Harbour. By comparing our two study sites, we show that under current climate-warming scenarios, changes to sea ice productivity and seafloor deposition are likely to initiate major shifts in benthic microbial communities, with heterotrophic organic matter degradation processes becoming increasingly important. This study provides the first assessment of how legacy sea ice conditions influence benthic microbial communities in Antarctica, contributing insight into sea ice–benthic coupling and ecosystem functioning in a polar environment.
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INTRODUCTION

High-latitude polar oceans are covered in an extensive layer of sea ice, which grows and shrinks throughout seasonal cycles. Covering 3–6% of Earth’s surface area (Comiso, 2003), the high albedo of sea ice and snow cover reflects large fractions of incoming solar radiation, playing a crucial role in regulating Earth’s global climate system (Hall, 2004). However, the anthropogenic increase in atmospheric greenhouse gas concentrations is increasing Earth’s surface temperature and driving variability in sea ice dynamics (e.g., Thomas and Dieckmann, 2008). In the Arctic, the once dominant thicker and more persistent multi-year sea ice (MYI) is declining and transitioning into thinner and more ephemeral first-year sea ice (FYI; Polyakov et al., 2012; Meier et al., 2014). Recent climate models have estimated that within the Arctic, an ice-free summer is likely to occur before the end of this century (Overland and Wang, 2013; Notz and Stroeve, 2018). In the Antarctic, an overall gradual increase in sea ice extent was observed from 1979 to 2014, with the greatest increases occurring in the Ross Sea. However, since 2014, strong declines in overall Antarctic sea ice extent have greatly exceeded rates in the Arctic, with a record low recorded in 2017 (Maksym, 2019; Parkinson, 2019). Current climate models predict that substantial continental scale losses of sea ice will occur in the Antarctic before the end of this century (Bracegirdle et al., 2008; Collins et al., 2013; Smith et al., 2014).

Sea ice provides an important habitat for diverse under-ice microalgal communities that are typically dominated by diatoms (Arrigo, 2014). Primary productivity is closely associated with variations in sea ice conditions and its control on sunlight availability, consequently influencing the amount of under-ice algal biomass and detrital material falling to the seafloor (Dayton et al., 1986; Lizotte, 2001; Boetius et al., 2013). Once settled on the seafloor, the algal-derived organic matter serves as a major food resource to benthic primary consumers (Norkko et al., 2007; Wing et al., 2012, 2018). Predictions for the Antarctic suggest that declines in sea ice and snow cover will lead to increased primary productivity (Lohrer et al., 2013; Smith et al., 2014; Leung et al., 2015; Kaufman et al., 2017). There have been observations of rapid and long-lasting reorganizations of benthic macrofauna (Thrush and Cummings, 2011; Dayton et al., 2013; Clark et al., 2017) associated with changes in sea ice conditions and organic matter deposition. However, much less is known about the effects on benthic microbial communities, the key drivers of organic matter remineralization processes and biogeochemical cycling (Falkowski et al., 2008). Previous polar studies have shown that the quality and quantity of organic matter are major drivers of microbial diversity and community composition, with certain taxonomic groups showing strong affiliations with environmental parameters such as sediment algal pigment concentration and total organic carbon (TOC; Bienhold et al., 2012; Ruff et al., 2014; Learman et al., 2016; Cho et al., 2020). However, few studies in Antarctica have characterized the benthic microbial communities, and none have compared the effects of FYI and MYI, which may provide a unique perspective on marine ecosystem functioning in these difficult to study and rapidly changing polar environments.

The Ross Sea represents the southernmost seasonally ice-free ocean region in the world, and sea ice dynamics in this region have so far been among the slowest on Earth to react to climate change – unlike regions further north, such as the Antarctic Peninsula (Kim et al., 2018). The McMurdo Sound, in the southwestern Ross Sea (77°S latitude), is covered by land-fast sea ice (ice fastened to the coastline) for most of the year. Sea ice thickness and persistence conditions within McMurdo Sound differ across the east and west sides which, along with circulation patterns, drive regions of low and high primary productivity, generating measurable differences in the supply of labile organic matter to the seafloor and benthic macrofauna assemblages (Dayton and Oliver, 1977; Barry, 1988; Thrush et al., 2006). In this study, we used the strong east–west food supply gradients at Cape Evans and New Harbour as tractable means of determining whether the structure and diversity of the benthic microbial communities are reflective of FYI and MYI conditions, respectively. Due to the proximity of New Harbour to the terminus of the Taylor Valley, one of the McMurdo Dry Valleys, we also considered the potential influence of local terrestrial inputs on the microbial communities at New Harbour. Terrestrial surface material is known to be transported by katabatic winds down the valley to the surface of the near-shore MYI (Murray et al., 2013). Additionally, we investigated the hypothesis proposed by Mikucki et al. (2015) that a sub-permafrost brine aquifer underlying the Taylor Valley discharges at New Harbour by investigating the presence of extreme halophiles.



MATERIALS AND METHODS


Study Sites, Sampling, and Sediment Analysis

The microbial communities inhabiting the surface sediments of the seafloor were sampled from Explorers Cove, New Harbour (NH; 77°34.573ʹS, 163°32.608ʹE), and Cape Evans (CE; 77°38.115ʹS, 166°24.410ʹE) in western and eastern McMurdo Sound, respectively (Figure 1). Two sites were sampled by divers (NH, 18.5m depth; CE, 14.2m depth) who accessed the seafloor through holes in the sea ice (3.5 and 2.0m thick at NH and CE, respectively). Additionally, sediments were collected from the edge of a shoreline moat (SM, ~0.1m depth) at the beach-moat interface of Explorers Cove, at the eastern terminus of Taylor Valley in the McMurdo Dry Valleys (Figure 1). The water of the shoreline moat is brackish and forms during spring and summer as temperatures increase. All samples were collected by the same personnel during the same expedition (November 2017) using 2-cm internal diameter by 2-cm deep cores (n=4 or 5 randomly positioned replicates from a single 20-m transect per site). A total of 13 cores were collected: four each from Cape Evans and the shoreline moat and five from Explorers Cove, New Harbour. After collection, each sediment sample was homogenized using a sterile spatula, and a 5-ml subsample was transferred into a new 15-ml Falcon tube. Falcon tubes were centrifuged for 5min at 1,000 RCF, and the supernatant discarded. At least 5ml of LifeGuard Soil DNA Preservation Solution (Qiagen, CA, United States) was added to each tube to preserve DNA. The tubes were capped, shaken by hand to mix, and stored at −20°C until nucleic acid extraction.
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FIGURE 1. Moderate Resolution Imaging Spectroradiometer (MODIS) satellite imagery of McMurdo Sound and McMurdo Ice Shelf region during November 2017 with sample site locations [Cape Evans, CE (14.2m); Explorers Cove, New Harbour, NH (18.5m); the shoreline moat, SM (~0.1m)]. The locations for four New Zealand Terrestrial Antarctic Biocomplexity Survey (nzTABS) terrestrial soil samples within the lower Taylor Valley are represented by red squares. Regions historically dominated by multi-year sea ice (dark grey) vs. first-year sea ice (light grey) are overlaid on the map (indicative only). Brackish water is present at the shoreline moat site during months of sunlight. Image credit: MODIS, NASA, United States.


Sediment samples from Cape Evans and New Harbour were prepared for analyses of sediment pigments (chlorophyll a and its degradation product pheophytin), TOC, total nitrogen (TN), and δ13C and δ15N stable isotopic composition following previously published protocols (Kennedy et al., 2005). Pigments were extracted from freeze-dried sediments in 90% ethanol, and their concentrations measured spectrophotometrically. For the remainder, 5g of wet sediment per sample was dried in a 40°C oven in an aluminum pan, and then homogenized by grinding with a mortar and pestle. Carbonate was removed using repeated treatments of 1M HCl until samples stopped effervescing, with drying occurring in a 40°C oven between each addition. An Isoprime 100 analyzer (Elementar, Langenselbold, Germany) was used for TOC and TN measurements and a 20/20 isotope analyzer (Sercon Ltd., Crewe, United Kingdom) for isotopic abundance at the Waikato Stable Isotope Unit (WSIU; Hamilton, New Zealand).



Amplicon Sequencing for Microbial Community Analysis

A modified DNA extraction protocol was developed using the Qiagen PowerSoil®DNA Isolation Kit (CA, United States). Briefly, for each sample, five tubes each containing 200mg of wet sediment were extracted and then pooled together onto a single elution column to concentrate the extracted material. The protocol was modified at the “prepare sample” step (C1 buffer heated to 60°C), “cell lysis” step (samples heated on a Thermomixer for 10min at 60°C then shaken on a vortex mixer for 10s before bead beating), “inhibitor removal technology” step (incubation time increased to 10min), “bind DNA” step (incubation time increased to 20min, samples inverted every 3min), “wash” step (five representative extracts from each sample were pooled through the same spin column), and “elute” step (DNA eluted in 20μl of 60°C nuclease-free water and left on the spin column at room temperature for 2min before centrifuging). DNA concentration was determined using a Qubit 2.0 Fluorometer (Life Technologies, CA, United States) and the quality confirmed by electrophoresis in 2% TAE agarose gel prior to downstream analysis.

The 16S hypervariable region V4–V5 was PCR amplified in triplicate reactions using the primer set 515F-Y and 926R (Quince et al., 2011; Parada et al., 2016) modified for Ion Torrent sequencing using a one-step PCR strategy (IonCode Barcode Adapters, Thermo Fisher Scientific). For each sample, amplicons were generated in triplicate in 20-μl reaction volumes of 4.8mM dNTP (Invitrogen, CA, United States), 1×PCR buffer, 120mM MgCl2 (Invitrogen), 4mM forward and reverse primer (Integrated DNA Technologies, Inc., IA, United States), 1U Taq DNA polymerase (Invitrogen), and 3ng total genomic DNA with the following conditions: 3-min initial denaturation at 94°C, followed by 30cycles of 94°C for 45s, 50°C for 1min, and 72°C for 1.5min, and a final elongation step at 72°C for 10min. Triplicate reactions were pooled and PCR amplicon products normalized using a SequalPrep Normalization Plate Kit (Invitrogen). Amplicons were sequenced using Ion Torrent Personal Genome Machine (PGM) DNA sequencer chemistry with an Ion 318v2 chip (Life Technologies) at the University of Waikato DNA sequencing facility (Hamilton, New Zealand).

We were fortunate to be able to use raw sequencing data from Taylor Valley soil samples, used under permission from the New Zealand Terrestrial Antarctic Biocomplexity Survey (nzTABS).1 DNA was extracted from Taylor Valley soil samples using a previously published CTAB method (Power et al., 2018). The V4 region of the 16S rRNA was amplified in triplicate using 515F-806R primers (Caporaso et al., 2011) and sequenced as described above.



Raw Sequence Data Processing

To understand the impact of changing sea ice conditions on benthic microbial communities, we had to ensure potential terrestrial inputs from the Taylor Valley were not influencing the microbial communities at New Harbour. To do this, we constructed two independent datasets. We constructed Dataset 1 to identify terrestrial impacts on the marine sediment microbiomes and Dataset 2 to assess the influence of sea ice thickness and persistence on the benthic microbial communities at Cape Evans and New Harbour.

Sequencing adapters, low-quality reads and short reads (< 250 bp) were identified and removed with Mothur v1.40.5 (Schloss et al., 2009). Ion Torrent barcodes and sequencing primers were removed, and new labels were created using the Python script fastq_strip_barcode_relabel2.py in USEARCH v10 (Edgar, 2010).

A total of 539,109 valid reads across nine samples (Dataset 1) and a total of 127,668 valid reads across nine samples (Dataset 2) were processed using DADA2 v1.14.1 (Callahan et al., 2016) in R v3.6.3 (R Core Team, 2018) to generate amplicon sequence variants (ASVs; Supplementary Table 1). Briefly, reads < 250 bp, quality score < 2, and expected error > 2 were removed. After all quality steps, an ASV table was constructed containing 4,649 ASVs and 3,037 ASVs with an average read length of 225 bp for Dataset 1 and 2, respectively. Representative ASV sequences were used to check for chimeras, and 312 and 56 chimeric sequences were removed for Dataset 1 and 2, respectively. A total of 4,394 and 2,981 unique ASVs were produced for analysis for Dataset 1 and 2, respectively. Taxonomy was assigned to ASVs using the SILVA v138 database (Quast et al., 2012). Sequences were aligned using Multiple Alignment using Fast Fourier Transform (MAFFT) v7 (Katoh et al., 2002), and a phylogenetic tree was generated using FastTree v2.1.11 (Price et al., 2010).

ASVs classified as eukaryotes, mitochondria, chloroplasts, or those sequences that were unclassified at the level of kingdom and phylum were removed from the datasets. Before discarding chloroplast ASVs, these sequences were classified using Basic Local Alignment Search Tool (BLAST) against the nt database. Raw sequence data can be accessed at the Sequence Read Archive under the BioProject accession ID PRJNA721518.



Sequencing Data Analyses

Analysis of ASVs was completed in R v3.6.3 with data visualized using ggplot2 v3.3.0 (Wickham, 2016).2


Dataset 1 Sequencing Data Analyses

The rarefaction curves were calculated to confirm completeness of sequencing using the R wrapper ggrare3 and displayed using ggplot2. Breakaway v4.6.10 (Willis and Bunge, 2015) was used to estimate total species richness (observed plus unobserved) and Shannon diversity (Shannon, 1948) within the bacterial and archaeal communities at all four sample sites. Species richness was calculated at the level of ASVs. All ASVs classified to the level of domain were kept within the dataset, and species richness was estimated on all ASVs classified to this level. The statistical differences in taxonomic diversity values between sample sites were assessed for each metric using Wilcoxon rank-sum tests.

A principal coordinates analysis (PCoA) ordination of weighted and unweighted UniFrac dissimilarity matrices based on transformed data was used in Phyloseq v1.30.0 (McMurdie and Holmes, 2013) to determine the community compositional dissimilarity (beta diversity) between all four sample sites. Analysis of similarity (ANOSIM; Clarke, 1993) was determined using vegan v2.5 (Oksanen et al., 2020) to test the significance of the differences identified by PCoA between sampling units.



Dataset 2 Sequencing Data Analyses

The rarefaction curves were calculated to confirm completeness of sequencing using the R wrapper ggrare and displayed using ggplot2. Breakaway v4.6.10 was used to estimate total species richness (observed plus unobserved) and Shannon diversity (Shannon, 1948) within the bacterial and archaeal communities at Cape Evans and New Harbour. Species richness was calculated at the level of ASVs. All ASVs classified to the level of domain were kept within the dataset, and species richness was estimated on all ASVs classified to this level. The statistical differences in taxonomic diversity values between sample sites were assessed for each metric using Wilcoxon rank-sum tests.

Phylogenetic clustering and overdispersion were measured for Cape Evans and New Harbour samples in Picante v1.8.1 (Kembel et al., 2010) using divergence-based measures of mean pairwise distance (MPD; relatedness of species deep in the tree; Webb, 2000) and mean nearest taxon distance (MNTD; relatedness near branch tips; Webb et al., 2002). MPD and MNTD were standardized to account for differences in species richness between sites, resulting in a nearest relative index (NRI) and nearest taxon index (NTI), respectively (Webb, 2000). A positive NRI/NTI value indicates phylogenetic clustering in which coexisting taxa are more closely related than expected by chance. A negative NRI/NTI value indicates phylogenetic overdispersion in which coexisting taxa are more distantly related than expected by chance.

A PCoA ordination of weighted and unweighted UniFrac dissimilarity matrices based on transformed data was used in Phyloseq v1.30.0 to determine the community compositional dissimilarity (beta diversity) between Cape Evans and New Harbour sample sites. ANOSIM (Clarke, 1993) was determined using vegan v2.5 (Oksanen et al., 2020) to test the significance of the differences identified by PCoA between sampling units.

To identify ASVs with differing relative abundances between Cape Evans and New Harbour, the analysis of composition of microbiomes (ANCOM) v1.1-3 (Mandal et al., 2015) was applied with default settings. ASVs identified as significant (p<0.05) by ANCOM were grouped together at the level of family. Those family groupings with cumulative relative abundances <1.5% were removed from the dataset to focus the interpretation and heat map visualization on more abundant and site-specific family groupings.

Functional gene abundances were predicted for ASVs in Cape Evans and New Harbour samples using PICRUSt2 v2.3.0 beta (Phylogenetic Investigation of Communities by Reconstruction of Unobserved States; Douglas et al., 2020; using tools: EPA-NG (Barbera et al., 2019) and Gappa (Czech et al., 2020) for phylogenetic placement of reads, Castor (Louca and Doebeli, 2018) for hidden state prediction, and MinPath (Ye and Doak, 2009) for pathway inference). The nearest sequenced taxon index (NSTI) was used to estimate accuracy of PICRUSt2 predictions, and ASVs with a NSTI value >2.0 were removed. Averaged abundances of predicted pathways for each site derived by PICRUSt2 from the Metabolic Pathway Database (MetaCyc; Caspi et al., 2020) were selected, and a two-sided z-test statistically compared the predicted MetaCyc functions between sample sites in STAMP v2.1.3 (STatistical Analysis of Metagenomic Profiles; Parks et al., 2014). The Newcombe-Wilson method was used to calculate the confidence interval (95%) and features with <2 reads, and p>0.05 was removed. We selected MetaCyc pathways of interest based on expected dominant biogeochemical pathways in coastal marine sediment environments subjected to variations in productivity [sulfate reduction I (assimilatory), nitrate reduction VI (assimilatory), nitrate reduction I (denitrification), nitrifier denitrification, reductive tricarboxylic acid (rTCA) cycle I, reductive TCA cycle II, Calvin–Benson–Bassham (CBB) cycle, and glycine betaine degradation I] to compare function across sites.





RESULTS


Sediment Characteristics

The concentration of sediment chlorophyll a (a proxy for fresh algal material) and pheophytin (a proxy for degraded algal material) at Cape Evans was 14× higher than that of New Harbour (Table 1). The ratio of fresh-to-degraded algal material (chlorophyll a/pheophytin) was 2:1 at both study sites. The δ13C and δ15N values were similar between Cape Evans and New Harbour sediments. Sediment TOC from Cape Evans was higher than New Harbour, as was TN. TOC/TN ratios of the sediments were 7.1±0.3 at Cape Evans and 8.5±0.5 at New Harbour.



TABLE 1. Sea ice and surface sediment characteristics at Cape Evans (17/11/2017) and New Harbour (7/11/2017).
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Identifying Terrestrial Impacts on the Marine Sediment Microbiomes

Due to the proximity of the New Harbour sampling site to the Taylor Valley, it was important that we demonstrate that wind-blown terrestrial inputs were not influencing the marine sediment microbiomes so we could be confident that any differences between Cape Evans and New Harbour microbial communities would be in relation to the impact of local FYI and MYI conditions.

Sequencing sampling effort was assessed for all sequences recovered from Cape Evans, New Harbour, shoreline moat and the Taylor Valley (Supplementary Figure 1A). Sample read counts ranged from 7,794 to 77,707 per sample (Supplementary Table 1). Total ASVs classified as eukaryotes (120 ASVs), mitochondria (38 ASVs), chloroplasts (41 ASVs), or that were unclassified at the level of kingdom (21 ASVs) and phylum (190 ASVs) were removed from the dataset. The filtered and quality checked 16S rRNA gene amplicon dataset included a total of 3,851 ASVs across all 17 samples from Cape Evans, New Harbour, the shoreline moat, and Taylor Valley.

Taxonomic classification of ASVs across the samples from Cape Evans, New Harbour, the shoreline moat, and Taylor Valley identified that at the level of phylum, Actinobacteriota (52.8%±4.9) and Bacteroidota (11.7%±2.5) dominated Taylor Valley (Supplementary Figure 2A), whereas Cape Evans, New Harbour, and the shoreline moat were dominated by Proteobacteria (CE 33.5%±1.8; NH 39.7%±1.5; SM 24.5%±2.3) and Bacteroidota (CE 29.8%±1.4; NH 14.8%±2.3; SM 36.8%±4.1). Planctomycetota (CE 10.0%±0.7; NH 14.7%±1.7) were also common at Cape Evans and New Harbour. The shoreline moat was the only site also dominated by Cyanobacteria (12.4%±2.1).

At the level of class, Taylor Valley was dominated by Thermoleophilia (23.8%±6.4), Actinobacteria (13.7%±2.8), and Bacteroidia (11.6%±2.6; Supplementary Figure 2B). Cape Evans, New Harbour, and the shoreline moat were all dominated by Bacteroidia (CE 29.5%±1.6; NH 14.1%±2.4; SM 36.3%±4.2) and Gammaproteobacteria (CE 25.7%±1.4; NH 25.8%±1.6; SM 12.6%±1.6). Alphaproteobacteria (NH 13.7%±1.2; SM 11.9%±1.0) were also common at New Harbour and the shoreline moat. New Harbour was the only site where Planctomycetes (13.5%±1.6) dominated, and the shoreline moat was the only site where Cyanobacteria (12.4%±2.1) dominated.

Significant site-specific compositional differences were identified across all four sampling sites. The most significant compositional differences occurred between the Taylor Valley soils and the marine sediments collected from the other three sites, with 43.5% of the variation explained across PCoA axis 1 (ANOSIM R=0.9, p<0.01, weighted UniFrac; Supplementary Figure 2C). The structure of the microbial communities collected from the Taylor Valley and the shoreline moat was distinct from the communities collected from New Harbour and Cape Evans (Supplementary Figure 2C). A separation between Cape Evans and New Harbour samples occurred across PCoA axis 2 which explained 14.4% of the variation (Supplementary Figure 2C).

Estimates of species richness were similar across Cape Evans, New Harbour, and the shoreline moat sites (CE 1,942.20±156.85; NH 2,041.21±117.74; SM 1,845.21±267.88), whereas Taylor Valley was comparably lower (1,179.35±326.02; Supplementary Figure 2D). Shannon diversity was the highest in New Harbour samples (Hʹ 6.22±0.02) compared to all other sites (CE Hʹ were similar across 5.78±0.20; SM Hʹ 6.06±0.13) and Taylor Valley was the lowest (Hʹ 4.77±0.65; Supplementary Figure 2E).



Influence of Sea Ice Thickness and Persistence on the Benthic Microbial Communities at Cape Evans and New Harbour

Sequencing sampling effort were assessed for all sequences recovered from Cape Evans and New Harbour (Supplementary Figure 1B). Sample read counts ranged from 7,779 to 20,001 per sample (Supplementary Table 1). Total ASVs classified as eukaryotes (115 ASVs), mitochondria (31 ASVs), chloroplasts (39 ASVs), or that were unclassified at the level of kingdom (18 ASVs) and phylum (144 ASVs) were removed from the datasets. Chloroplast ASVs represented 5,198 reads in the dataset (2%), and BLAST analysis identified these reads to be predominantly diatoms Haslea nipkowii (43.5%), Skeletonema pseudocostatum (22.7%), Chaetoceros sp. (9.0%), and Asterionellopsis glacialis (5.1%).

The filtered and quality checked 16S rRNA gene amplicon datasets included a total of 2,076 ASVs across nine samples from Cape Evans and New Harbour. Of these ASVs, 1,308 ASVs (63%) were found at both Cape Evans and New Harbour.

Taxonomic classification of ASVs within the sediment samples across Cape Evans and New Harbour identified that at the phylum level, Proteobacteria (CE 34.0%±1.9; NH 40.5%±1.6), Bacteroidota (CE 30.1%±1.5; NH 15.3%±2.4), and Planctomycetota (CE 10.2%±0.7; NH 15.1%±1.7) dominated the communities. Verrucomicrobiota (CE 13.2%±1.8; NH 7.5%±1.2) were also common at both sites.

At the level of genus, Woeseia (CE 5.8%±1.8; NH 17.1%±2.0) and Blastopirellula (CE 8.6%±0.7; NH 7.1%±0.8) were both dominant at Cape Evans and New Harbour (Figure 2A). Additionally, Lutimonas (7.2%±1.2), Halioglobus (6.4%±1.2), and Ulvibacter (5.3%±0.4) were dominant at Cape Evans, and Pir4_lineage (5.5%±1.0) and Sulfitobacter (5.1%±1.1) were dominant at New Harbour.
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FIGURE 2. Microbial community composition at the level of genus (A) in surface sediment samples from Cape Evans (CE) and New Harbour (NH). Differentially abundant taxa identified by ANCOM (analysis of composition of microbiomes; (B) in surface sediment samples from Cape Evans and New Harbour, with p>0.05 and relative sequence abundance >1.5%, visualized in a heatmap at the taxonomic level of family (left column) and order (right column).


Our search for extreme halophiles identified the presence of Thiohalorhabdales (CE 0.5%±0.2; NH 1.5%±0.6) and Geopsychrobacteraceae (CE 0.0%±0.0; NH 0.4%±0.1) at Cape Evans and New Harbour. Thiohalorhabdales were not present in the samples exposed to air (shoreline moat or Taylor Valley).

Significant site-specific compositional differences were identified across Cape Evans and New Harbour sampling sites with 85.1% of the variation explained across PCoA axis 1 (ANOSIM R=0.9, p<0.01, weighted UniFrac; Figure 3A) and 46.3% of the variation explained across PCoA axis 1 (ANOSIM R=0.9, p<0.01, unweighted UniFrac; Figure 3B).
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FIGURE 3. Beta diversity in surface sediment samples from Cape Evans (CE, red circle) and New Harbour (NH, blue square) using weighted UniFrac (analysis of similarity, ANOSIM=0.9, p<0.01; (A) and unweighted UniFrac (ANOSIM=0.9, p<0.01; (B) dissimilarity matrices.


Estimates of species richness were not significantly different between sites (CE 1,705.62±74.08; NH 1,766.71±38.47, p=NS; Figure 4A). Shannon diversity was higher in New Harbour samples (Hʹ 6.18±0.01) than in Cape Evans samples (Hʹ 5.74±0.20; p<0.05; Figure 4B). The phylogenetic diversity measured by the NRI and NTI revealed negative values across both sites with more negative values in New Harbour samples (−15.83±0.75 and −19.11±0.87, respectively) than in Cape Evans samples (−13.56±0.42 and −17.49±1.05, respectively; Figures 4C,D).
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FIGURE 4. Alpha diversity of microbial communities in surface sediment samples from Cape Evans (CE, red) and New Harbour (NH, blue) estimated using metrics of species richness (A), Shannon–Wiener index (B), the nearest relative index (C), and the nearest taxon index (D). Horizontal bar represents value of sample median, box represents the interquartile range, and whiskers represent maximum and minimum values.


The relative sequence abundances of 218 ASVs differed between Cape Evans and New Harbour (ANCOM p<0.05; Supplementary Table 2). These 218 ASVs were grouped at the level of family and were reflected by 51 distinct families. Across these ASVs, those families with accumulative relative abundances of >1.5% were displayed (Figure 2B), reflective of 25 families. Of the 97 ASVs identified at Cape Evans, the most differentially abundant family level taxa were represented by Flavobacteriaceae (13 ASVs; 9.2%), unclassified groups of Gammaproteobacteria (nine ASVs; 5.3%), Desulfocapsaceae (five ASVs; 3.0%), Crocinitomicaceae (two ASVs, 2.6%), and Rubritaleaceae (seven ASVs; 2.4%; Figure 2B). Of these differentially abundant ASVs, the genera Lutimonas (two ASVs, 3.5%), Ulvibacter (one ASV, 1.7%), and Winogradskyella (two ASVs, 1.7%) dominated the Flavobacteriaceae; Haloferula (two ASVs, 1.2%) and Luteolibacter (three ASVs, 0.7%) dominated the Rubritaleaceae; and unclassifiable genera (two ASVs, 1.6%) and SEEP-SRB4 (one ASV, 0.8%) dominated the Desulfocapsaceae. Crocinitomicaceae were unclassifiable at the level of genus.

Of the 122 significant ASVs identified as more abundant at New Harbour, the dominant family level taxa were represented by Woeseiaceae (11 ASVs; 3.4%), Flavobacteriaceae (five ASVs; 3.2%), Rhodobacteraceae (nine ASVs; 3.2%), Pirellulaceae (14 ASVs; 2.5%), Nitrosopumilaceae (four ASVs; 2.0%), and Nitrospiraceae (four ASVs; 1.4%; Figure 2B). At the level of genus, the differentially abundant Woeseiaceae ASVs were dominated by Woeseia (11 ASVs, 3.4%), Pirellulaceae were dominated by Pir4 lineage (five ASVs, 1.1%) and Blastopirellula (five ASVs, 0.7%), Rhodobacteraceae were dominated by NAC11-7 lineage (two ASVs, 1.0%) and Roseobacter (one ASV, 0.8%), and Nitrospiraceae were dominated by Nitrospira (four ASVs, 1.4%; Supplementary Table 2). The differentially abundant Flavobacteriaceae and Nitrosopumilaceae ASVs at New Harbour were unclassified at the level of genus.

In association with the hypothesized submarine discharge of sub-permafrost brine from the Taylor Valley, the extreme halophile Thiohalorhabdales was also identified as being a differentially abundant family level taxa at New Harbour (two ASVs; 0.4%) compared to Cape Evans. The Thiohalorhabdales ASVs were unclassified at the level of genus.

Using PICRUSt2 to assign metabolic function from taxonomic inference, a total of 245 MetaCyc pathways were inferred within the Cape Evans and New Harbour samples following the removal of 29 ASVs which had NSTI scores of >2. Of the pathways of interest selected across the two study sites, PICRUSt2 predicted that the differences in relative pathway abundances for sulfate reduction I (assimilatory) and the reductive TCA cycle II were higher at Cape Evans than New Harbour (Supplementary Figure 3), whereas at New Harbour, predictions of the relative pathway abundances for the reductive TCA cycle I, CBB cycle, nitrate reduction I (denitrification), nitrifier denitrification, and glycine betaine degradation I pathways were higher than at Cape Evans (Supplementary Figure 3).




DISCUSSION

McMurdo Sound in the southwestern Ross Sea exhibits contrasting sea ice conditions that drive regions of low vs. high primary productivity (Dayton and Oliver, 1977; Lohrer et al., 2013), providing a unique setting to investigate and compare the impact of sea ice thickness and persistence on shallow-water coastal benthic microbial communities and their potential role as sentinels for climate change. Land-fast FYI breaks out annually in the east at Cape Evans, and the area is typically ice-free from mid-December to late March, whereas thicker MYI in the west at New Harbour rarely breaks out. Sea ice dynamics at these two sites are well-known to influence food supply, benthic faunal densities, community composition and food web structure (Dayton and Oliver, 1977; Kim et al., 2019), and microbially mediated rates and processes (Lohrer et al., 2013). Here, we show that there is a strong association between the legacy of sea ice dynamics and benthic microbial community structure and composition. With Antarctic and Arctic sea ice predicted to decline this century (Bracegirdle et al., 2008; Collins et al., 2013; Overland and Wang, 2013; Smith et al., 2014; Notz and Stroeve, 2018), this highlights the capacity of benthic microbial communities to be sentinels for climate change within polar marine ecosystems.

We found that the origin and quantity of organic matter on the seafloor at Cape Evans and New Harbour reflected the legacy of local sea ice dynamics. The measured stable isotopes of carbon within the sediments at both sites (δ13C –20.3‰ to −22.7‰) were suggestive that the origin of the organic matter was likely to be the same at both sites [i.e., diatoms (−20.3‰; Meyers, 1994)], and were comparable to sea ice associated δ13C microbial communities previously measured at Cape Evans [−20.2‰ (Norkko et al., 2007); −19.8‰ (Wing et al., 2018)]. Sediment δ13C at Cape Evans and New Harbour was marginally lower than that previously reported (−18.7‰ and −19.7‰, respectively) and higher than δ13C found in pelagic phytoplankton (−23.8‰ and −24.0‰, respectively; Norkko et al., 2007). When combined, these results indicate that settling sea ice algae provided the primary source of organic matter to the benthos at both sites at the time of sampling, not advected phytoplankton from the water column. This finding supports previous observations that organic matter originating from sea ice is the primary food source for benthic macrofauna under sea ice at Cape Evans (Dayton et al., 1986; Norkko et al., 2007; Wing et al., 2018). We cannot rule out that some primary production does come from benthic diatoms. However, Wing et al. (2018) and Norkko et al. (2007) have also previously reported that sea ice-associated algae is the primary source of organic matter to the benthos within McMurdo Sound.

The impact of FYI vs. MYI on the sediment environment was evident in the concentrations of chlorophyll a, pheophytin, TOC, and TN, which were higher at the FYI site (Cape Evans) than the MYI site (New Harbour). These differences reflect the legacy of ice thickness and persistence at these two sites as sea ice conditions (including ice opacity and snow cover) affect sea ice algal productivity, the flux of ice algal-derived organic matter to the seafloor, and in situ microphytobenthos production (Dayton et al., 1986; Norkko et al., 2007; Thrush and Cummings, 2011). Consistent with higher chlorophyll a concentration and TOC content, heterotrophic bacteria associated with phytoplankton blooms and which participate in the degradation of algal polysaccharides (Teeling et al., 2012; Buchan et al., 2014; Cardman et al., 2014; Krüger et al., 2019) were enriched at Cape Evans compared to New Harbour. For example, Cape Evans sediments had higher abundances of Flavobacteriaceae, which are well-known specialists in the initial break down of algal-derived organic matter (Teeling et al., 2012; Buchan et al., 2014; Krüger et al., 2019). Studies in the Antarctic Polar Front (Ruff et al., 2014), the Antarctic Peninsula (Learman et al., 2016; Li et al., 2020), and the Mertz Glacier Polynya, East Antarctica (Bowman and McCuaig, 2003) support the role of Flavobacteriaceae, including the genus Ulvibacter, in the degradation of diatom-derived organic matter. The sloughing of ice algae from the under-ice layer and melting of the FYI itself at Cape Evans could also play a role in structuring the benthic microbial community, with the relative sequence abundance of taxa associated with sinking algal aggregates [e.g., Ulvibacter and Winogradskyella (Rapp et al., 2018)] higher than in New Harbour. Taxa within the family Rubritaleaceae (genera Haloferula and Luteolibacter) were also more common at Cape Evans. An Arctic fjord (Smeerenburgfjord, Svalbard) study suggested that both Haloferula and Luteolibacter were associated with the breakdown of laminarin, the major storage glucan in diatoms (Cardman et al., 2014). Laminarin is one of the most well-studied algal polysaccharides and contributes substantially to carbon export in the ocean (Becker et al., 2020). Together, these taxa may also be playing a central role within the community at Cape Evans by breaking down complex algal polysaccharides.

In support of increased organic matter deposition at Cape Evans, strictly anaerobic sulfate-reducing bacteria [e.g., Desulfocapsaceae (CE 4.0%±1.5; NH 0.6%±0.5)] were more abundant at this site compared to New Harbour and the PICRUSt2 pathway prediction tool identified that this community had a greater capacity for sulfate reduction I (assimilatory). Higher organic matter deposition rates and increased degradation of organic matter can result in greater compression of redox zones which affects microbial community distribution (Rasigraf et al., 2020). It is therefore likely that the anoxic sediment layer is shallower at Cape Evans, and that anaerobic organic matter degradation processes are more important within this community than at New Harbour. Altogether, our results suggest that at Cape Evans, the legacy of annual FYI breakout and intense pulse fluxes of organic matter have selected for heterotrophic taxa that specialize in degrading algal detrital material within the sediments. In regions where MYI is predicted to breakout more frequently, heterotrophic benthic bacteria are likely to play an increasingly important role in transferring energy through the food web.

At New Harbour, windblown terrestrial sediment is known to accumulate on the near-shore MYI at the terminus of the ice-free Taylor Valley (Murray et al., 2013), thus it was important that we assess the possible influence of terrestrial inputs on the benthic microbial community at New Harbour. Our analysis showed that the composition of the microbial community collected from sediment within the shoreline moat, where the MYI meets the Taylor Valley coastline, was composed of taxa that reflected both terrestrial (Taylor Valley) and marine (New Harbour) input. For example, similarities with the Taylor Valley included the presence of Actinobacteria, Blastocatellia, and Thermoleophilia, whereas the presence of Gammaproteobacteria and Planctomycetes reflect more marine influences as would be expected in an intertidal marine environment impacted by katabatic Taylor Valley winds. These observations show that aeolian inputs have had minimal impact on the composition of the microbial community at our New Harbour marine site, consistent with the findings by Chewings et al. (2014) who calculated low sedimentation rates of aeolian material in New Harbour. Nevertheless, accumulations of terrestrial sediments within and on the surface of the MYI in Explorers Cove, while very evident, is also very patchy (authors’ pers. obs.) and more widespread seafloor sampling is recommended to confirm the consistency of this observation.

In comparison with Cape Evans, the presence of MYI and low organic inputs at New Harbour selected for a community enriched in chemolithoautotrophic taxa. New Harbour had comparatively higher abundances of taxa capable of ammonia oxidation [e.g., Nitrosopumilaceae (Könneke et al., 2014)] and nitrite oxidation [e.g., Nitrospira (Daims et al., 2015)], and those with known metabolic potential for sulfur and hydrogen oxidation [e.g., Woeseiaceae (Mußmann et al., 2017; Hoffmann et al., 2020)]. Our PICRUSt2 analysis also predicted higher representations of CO2 fixation pathways at New Harbour including the rTCA cycle I and CBB cycle, and included predictions for a higher representation of the nitrate reduction VI (assimilatory) and nitrifier denitrification pathways. The enrichment of ammonia-oxidizing Nitrosopumilaceae in the low organic matter sediments at New Harbour was consistent with reports that this archaeal group thrives in nutrient limited environments (Könneke et al., 2014) including deep-sea sediments of the Ross Sea (Learman et al., 2016). Deep-sea sediment studies in the Guaymas Basin, Gulf of California (Baker et al., 2013) and North Pond, Mid-Atlantic Ridge (Zhao et al., 2019) also suggested the role of nitrite-oxidizing bacteria Nitrospira as important contributors to nitrogen cycling, carrying out the second step of nitrification coupled to CO2 fixation via the rTCA cycle (Lücker et al., 2010; Bayer et al., 2020). The higher relative importance of chemoautotrophy at New Harbour was further supported by the enrichment of Woeseiaceae (previously JTB225 Marine Benthic Group) which are prevalent in deep-sea sediments (Bienhold et al., 2016; Dyksma et al., 2016) and are capable of CO2 fixation via the CBB cycle (Mußmann et al., 2017; Hoffmann et al., 2020). Consistent with lower sediment chlorophyll a and TOC at New Harbour, it is likely that these chemolithoautotrophic taxa have adapted to life under a legacy of limited organic resource availability by specializing in using alternative inorganic energy sources. Thus, the selection of these taxa at New Harbour is reflective of the legacy of the prevailing MYI conditions. Under current climate-change scenarios, the role that chemolithoautotrophic taxa play in supporting primary productivity within the community may become less important if organic matter fluxes increase.

In 2015, Mikucki et al. (2015) proposed that a sub-permafrost brine system may exist in the Taylor Valley, discharging at New Harbour. In searching for known extreme halophiles within the dataset, we identified two halophiles [Thiohalorhabdales (NH 1.5%±0.6; CE 0.5%±0.2) and Geopsychrobacteraceae (NH 0.4%±0.1; CE 0.0%±0.0)] that were significantly more abundant at New Harbour than at Cape Evans, lending taxonomic support for the presence of sub-surface brine. Given that we showed the communities at New Harbour were significantly more diverse than at Cape Evans, these differences between relative sequence abundances of Thiohalorhabdales and Geopsychrobacteraceae across sites are noteworthy. PICRUSt2 also predicted increased glycine betaine degradation I pathways at New Harbour compared to Cape Evans, a compound widely used by the majority of bacteria for osmoprotection (Sleator and Hill, 2002). Extreme halophiles grow in high-osmolarity environments, and their presence at New Harbour supports the proposal of a submarine discharge of sub-permafrost brines from the Taylor Valley. This finding is also consistent with earlier work of the Dry Valley Drilling Project in the 1970s, during which boreholes drilled 183m below sea level near the shoreline of New Harbour filled with liquid brine (Cartwright and Harris, 1981). Further investigations of the subsurface hydrology of the McMurdo Dry Valleys and the associated microbial communities are needed to better understand the degree and implications of such hypothesized connectivity between the two systems.

Our analyses show that the legacy of local sea ice dynamics has a strong influence on the diversity of the benthic microbial communities at Cape Evans and New Harbour. Our observation of increased diversity at New Harbour compared to Cape Evans is potentially reflective of a more stable environment driven by a history of MYI cover and low productivity vs. a more dynamic environment driven by ephemeral and productive FYI. Both the NRI and NTI also revealed greater phylogenetic overdispersion (coexisting taxa are more distantly related than expected by chance) within the communities at New Harbour than at Cape Evans. The low temperatures, prolonged darkness, and consistently low nutrient inputs at New Harbour are analogous to conditions of the deep-sea (Dayton and Oliver, 1977). In deep-sea sediments, infaunal communities exhibit remarkably high diversity despite only intermittent fluxes of detrital material falling from the water column (Hessler and Sanders, 1967). More recently, microbial communities were also shown to be extremely diverse in deep-sea sediments, such as the eastern South Atlantic Ocean (Schauer et al., 2010), the Pacific Ocean in the Arctic (Li et al., 2009), and Fram Strait in the Arctic (Jacob et al., 2013). It has been theorized that the co-existence of many species in deep-sea sediments arises from past competitive interactions within a stable environment, thus promoting niche differentiation and enabling many taxa with narrower metabolic niches to co-exist (Sanders, 1968). Our observations support those by Dayton and Oliver (1977), and we propose that the persistent MYI conditions and low carbon inputs at New Harbour, which provide stable conditions that parallel the deep-sea, selects for more diverse and specialized microbial taxa. These findings support our overarching hypothesis that the legacy of sea ice conditions structure the benthic microbial communities at Cape Evans and New Harbour.

Future climate change scenarios predict substantial sea ice decline this century in both the Antarctic and Arctic (Bracegirdle et al., 2008; Collins et al., 2013; Overland and Wang, 2013; Smith et al., 2014; Notz and Stroeve, 2018; IPCC, 2019). Based on the taxonomic assessment made in this study, increased fluxes of organic matter to the seafloor may cause significant community shifts with heterotrophic taxa (e.g., Flavobacteriaceae, unclassified Gammaproteobacteria, and Rubritaleaceae) becoming more dominant and playing an increasingly important role in transferring energy through the food web. An enrichment of Flavobacteriaceae at New Harbour may be a sign that change is already underway, as sea ice breakout events at this site have been increasing in frequency recently (authors’ pers. obs.). Changes to microbial community structure and functioning are likely to affect nutrient cycling between the sediments and water column, with unknown effects on primary production and marine ecosystem functioning. We highlight the role of the connectivity between sea ice and shallow water benthic microbial communities and demonstrate the importance of microorganisms as sentinels of climate change (Cavicchioli et al., 2019) in polar marine ecosystems globally.
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Rafts of drifting pelagic Sargassum that are circulating across the Atlantic Ocean are complex ecosystems composed of a large number of associated species. Upon massive stranding, they lead to various socio-environmental issues including the inflow of contaminants and human health concerns. In this study, we used metabarcoding approaches to examine the differences in both the eukaryotic- and prokaryotic-associated communities from Sargassum present in two islands of the Lesser Antilles, namely Guadeloupe and Martinique. We detected significant differences in microbial community structure and composition between landing Sargassum, the surrounding seawater, and Sargassum from inland storage sites. In total we identified 22,214 prokaryotic and 17,679 eukaryotic OTUs. Among them, functional prediction analyses revealed a number of prokaryotes that might contribute to organic matter decomposition, nitrogen cycling and gas production, including sulfate-reducing bacteria at coastal landing sites, and methanogenic archaea at inland storage sites. We also found that Metazoan was the most abundant group in Sargassum samples, with nematode clades that presented exclusive or specific richness and abundance patterns depending on their Sargassum substrate. Together, these molecular inventories of the micro- and meiofauna communities provide baseline information for further characterization of trophic interactions, algal organic matter decomposition and nutrient transfers at coastal and inland storage sites.
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INTRODUCTION

Numerous seaweeds, including benthic and drifting pelagic Sargassum species, are becoming invasive in various regions of the world, creating potential threats to native species and local resources, and causing economic and health concerns (Hu and Fraser, 2016). Over the last decade, the whole Caribbean region and the west coast of Africa have been faced with massive tides of Sargassum (Wang et al., 2019). These holopelagic macroalgae shoals contains several morphotypes, with the most common one being S. fluitans and S. natans (Parr, 1939; Schell et al., 2015; Amaral-Zettler et al., 2017; Martin et al., 2021). The large amounts of seaweed biomass washed up along coastlines has direct and indirect consequences on beaches and on the functioning of nearshore ecosystems (Van Tussenbroek et al., 2017; Cabanillas-Teran et al., 2019; Rodriguez-Martinez et al., 2019), and a massive influence on the tourist industry and local economies (i.e., the cost of removing and disposing of piled-up Sargassum, the effect on housing markets, etc.). Sargassum tides can also have serious health impacts, not only because of the toxicity of the associated heavy metals and pollutants, but also through their decomposition which can lead to the production of hydrogen sulfide (H2S) and ammonia (NH3), which have been shown to cause a real threat to human health (Resiere et al., 2018).

Pelagic Sargassum in the Atlantic Ocean constitutes a floating ecosystem serving as a habitat for marine species like sea turtles, seabirds, fish or invertebrates. Additionally, a number of micro- and macro-epiphytes have been described (Parr, 1939; Weis, 1968; Fine, 1970; Casazza and Ross, 1972; Ryland, 1974; Haney, 1986; Jobe and Brooks, 2009; Ballard and Rakocinski, 2012; Witherington et al., 2012; Jacobucci and Leite, 2014; Susilowati et al., 2015; Monroy-Velazquez et al., 2019), and a few of them are endemic species. Endophytic and epiphytic communities of small eukaryotes are likely to be involved in the growth of Sargassum, and might contribute to nutrient uptake, macroalgae spore release and germination, the defense against bactericidal pathogens and other competing organisms, reproduction and settlement (Egan et al., 2013; Florez et al., 2017; Van Der Loos et al., 2019). In addition, exchanges between the Sargassum holobiont and the surrounding environment might have reciprocal impacts, and micro-organisms initially associated with algae growth might also contribute to their degradation processes (Florez et al., 2017). Indeed, microorganisms are likely to contribute to algae raft formation and maintenance, algae sinking and biodegradation upon beaching (De Fouw et al., 2016). In addition, the microbial communities that are associated with the seaweeds can thrive in new habitats, as postulated for the export of surface-dwelling fauna associated with Sargassum from the surface down to the seafloor (Baker et al., 2018).

At the molecular level, bacterial diversity has been investigated for floating Sargassum from various locations and for several species. Serebryakova et al. (2018) investigated the 16S rRNA gene sequences associated with the invasive benthic S. muticum from various locations in Portugal, and showed that the epibionts were dominated by Proteobacteria, Bacteroidetes, and Actinobacteria. The structure of the bacterial community has also been analyzed for drifting S. horneri from the Yellow Sea (Mei et al., 2019). As with other macroalgae studies, Mei et al. (2019) demonstrated differences at the genus level in the bacterial composition between the surrounding water and the drifting algae, and between drifting and nearshore algae Sea. Torralba et al. (2017) found that Sargassum complexes of two main surface drifting species (S. natans and S. fluitans), collected from the Gulf of Mexico, were associated with microbial communities dominated by Rhodobacteraceae and Saprospiraceae. Another molecular study on the bacterial community of drifting Sargassum has shown that the microbial profile can vary depending on location, abundance of zooplankton and nutrient levels (Michotey et al., 2020). Surprisingly, the composition of protists associated with Sargassum have been largely investigated using taxonomic and/or morphological analyses (Maples, 1984; Huffard et al., 2014; Damare, 2015; Coelho-Souza et al., 2017; Baker et al., 2018; Kim H. M. et al., 2019), but to our knowledge, only one study have described the molecular diversity of the eukaryotic plankton and epifauna associated with floating S. horneri (Kim H. M. et al., 2019).

It was expected that the physicochemical conditions encountered along the coasts, associated to different microbial communities in both the water column and beaches could induce large modification of the micro- and macrofauna associated with Sargassum. Moreover, the significant accumulation (ca., corresponding to a new food source) and decay of seaweed biological materials at landing sites are further factors that could largely influence the local biodiversity and the microbiota associated to Sargassum. The objective of the present study was to perform the first investigations of the microbial communities associated with Sargassum from coastal landing sites (i.e., surf zone and deposited on beaches), and from inland storage sites. We used metabarcoding approaches to describe both the prokaryotic and eukaryotic diversities from two islands of the Lesser Antilles, Guadeloupe and Martinique. By comparing molecular data from the seaweed-associated fractions, we hoped to identify microorganisms that are more specifically associated with stranding or more dried seaweeds. We also aimed to gain novel information on the diversity of the species that are involved in Sargassum aging and biodegradation.



MATERIALS AND METHODS


Field Sampling Procedure

Various samples were taken along the Atlantic coasts of Martinique and Guadeloupe during the summer of 2018 (Figure 1). At coastal sites, for each sample, about 500 g of Sargassum seaweed were collected and the excess of seawater was gently drained off using a salad spinner, and then about 30 g were put into 50 ml Falcon tubes. At the same coastal landing sites, the surrounding seawater was also collected using sterile 50 ml Falcon tubes, at distances between 1 and 20 m from the shoreline and at about 0.5 m below the surface. In Martinique, we took samples from four different inland sites that were used by the local authorities to store the seaweeds collected on the beaches. For most of the tide sampling sites we collected at least one seawater marine sample and two Sargassum samples, and three samples for the inland storage sites. During the campaigns we placed all sample on ice, and then, upon arrival at the laboratory they frozen and maintained at –20°C until the nucleic acids were extracted.
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FIGURE 1. Maps of sampled Sargassum tide sites. The year 2018 corresponded to the biggest tide events ever recorded in the Caribbean region. (A) From left to right, the Caribbean Basin, the Guadeloupe archipelago (violet), and the island of Martinique (red). Due to the proximity of the sampled sites, some circles may overlap. (B–E) Photographs of sampling sites. Sargassum accumulated along the shorelines of Guadeloupe at Saint Félix (B), and La Porte d’Enfer (C). In Martinique, Sargassum in the small harbor of Le Marigot city (D), Sargassum pileup at an inland storage site located in the township of Le Diamant (E).




DNA Extraction and Library Preparation

The Sargassum samples were thawed at 4°C, suspended in 50 ml RNase-free water, vortexed and then mechanically sonicated in a water bath (35 kHz) for 3 min. The latter procedure was repeated three times. Then the microbial fractions present in the supernatant and extracted from the seaweed were filtered through a 0.2 μm GTTP Biofilm Type Filter kit (Millipore). About 50 ml of marine water samples were filtered using the same filter type that was mentioned above. The environmental DNA was extracted from the filters using the DNeasy PowerBiofilm Kit (Qiagen), in accordance with the manufacturer’s recommendations. Total DNA was then quantified using Quant-it PicoGreen (Invitrogen, Thermo Fischer Scientific, Carlsbad, CA, United States) and a CFX96 Real-Time System, C1000 Touch Thermal Cycler (Biorad, California, United States).

The DNA libraries were prepared using universal primers to target both prokaryotes and eukaryotes. To amplify the V4-V5 of the 16S rRNA, we used the 16S-515F-Y (5′-GTGYCAGCMGCCGCGGTAA-3′), and 16S-926R (5′-CCGYCAATTYMTTTRAGTTT-3′) primers that cover both bacteria and archaea (Walters et al., 2016). To amplify the V4 region of the 18S rRNA gene, we used the primer pair TAReuk454FWD1 (5′-CCAGCASCYGCGGTAATTCC-3′) and TAReukREV3 (5′-ACTTTCGTTCTTGATYRA-3′) (Stoeck et al., 2010). For each sample, we duplicated the initial DNA amplification in a final volume of 25 μl following the Taq Q5 Hot Start High Fidelity DNA Polymerase recommendations (New England Biolabs). For the 16S rRNA amplification, we also added to the amplification reactions 0.4 μl of a 10 μM of peptide nucleic acid (PNA) clamps (Fitzpatrick et al., 2018), that we designed to match 16S RNA genes from Sargassum plastid (pPNA: 5′-AGCTCAACTTCAAAACT-3′) and mitochondria (mPNA: 5′- GGCTAGCCTTATTCGTC-3′). For each sample, the PCR products were checked on agarose gels, purified using Agencourt AMPure XP beads (Beckman Coulter), and quantified using a Qubit dsDNA HS assay kit (Thermo Fisher Scientific). We then quantified and pooled the technical replicates per sample. To create unique library per amplicon type (16S or 18S), we pooled same quantity of all samples. These libraries were prepared using 1 μg pooled DNA and using the TruSeq Nano Library Preparation Kit (Illumina). The supplier’s protocol was followed, with the exception of the use of a modified End-Repair mix to avoid production of chimeric constructs, and no PCR cycle was done to finalize the libraries. The resulting libraries (16S or 18S) were quantified by qPCR and the paired-end (2 × 300 bp) sequencing were done using a HiSeq 2500 by Fasteris SA (Plan-les-Ouates, Switzerland).



Sequence Processing

Amplicons of the 16S and 18S rRNA gene sequences were analyzed independently with the mothur software, version 1.41.3 (Schloss et al., 2009), following a standard operating procedure for Illumina MiSeq data (Kozich et al., 2013). First, contigs were assembled between the read pairs. Then the barcodes, primer sequences and low-quality sequences were removed (minimum length of 350 bp and maximum length of 420 bp, removing any sequences with ambiguous bases and any sequences with homopolymers longer than 8 bp). The sequences were then aligned with the SILVA reference database release 132 (Quast et al., 2013) and preclustered (pre.cluster, diffs = 1). Singletons were excluded, and chimeras were removed with vsearch (Rognes et al., 2016) implemented in mothur. The sequences were then classified using the k-nearest neighbor (knn) algorithm implemented in mothur and the BLASTN search method (cut-off of 80%) with the SILVA reference database, release 132, and the PR2 database, v4.11.1 (Guillou et al., 2013) for the 16S and 18S rRNA gene amplicons, respectively. After classification, non-prokaryotic, chloroplast, mitochondria (for the 16S rRNA gene dataset), non-eukaryotic, Sargassum (for the 18S rRNA gene dataset) and unknown (for both 16S and 18S rRNA amplicons) sequences were excluded. To account for differences in sampling efforts, 28,491 and 53,263 sequences from the 16S and 18S rRNA gene datasets, respectively, were then randomly subsampled from each sample using mothur. Finally, operational taxonomic units (OTUs) were generated using the vsearch distance-based greedy clustering algorithm, with an OTU being defined at the 97 and 99% sequence similarity level for the 16S and 18S rRNA gene reads, respectively. The raw datasets generated and analyzed during the current study were submitted to the NCBI Sequence Read Archive (SRA) under the BioProjects PRJNA630532 (16S rRNA genes) and PRJNA630533 (18S rRNA genes).



Diversity and Statistical Analyses

Alpha diversity indices (observed OTU richness, Shannon and inverse of Simpson indexes) as well as Good’s coverage estimates and rarefaction curves were computed with mothur. All the statistical analyses were computed using R software version 3.6.3. To compare the alpha diversity indices between compartments, we used Kruskal-Wallis tests and corrected our P-values for multiple comparisons with the Benjamini-Hochberg method. Principal coordinates analyses (PCoA) and constrained analysis of principal coordinates (CAP) were computed based on Bray-Curtis dissimilarity matrices with the phyloseq package (McMurdie and Holmes, 2013). The effect of compartments on prokaryotic and eukaryotic community composition was tested by non-parametric permutational multivariate analysis of variance (PERMANOVA) on Bray-Curtis dissimilarity matrices, as implemented in the vegan function adonis (permutations = 9,999), after checking for homogeneity of group dispersions with the vegan function betadisper (Oksanen et al., 2015). We also used permutation tests for CAP, as implemented in the vegan function anova.cca (permutations = 9,999). To test the relationship between the prokaryotic and eukaryotic community matrices, a Mantel test was performed using the ecodist package (Goslee and Urban, 2007), with Pearson correlation coefficient and 106 random permutations. To identify OTUs with differential abundances between compartments, we used the ALDEx2 algorithm on the prokaryotic and eukaryotic community matrices after filtering out the OTUs with less than 0.01% abundance (Fernandes et al., 2014). In this analysis, statistical significance was assessed based on the Wilcoxon rank test with Benjamini and Hochberg’s correction to maintain a 5% false discovery rate. Potential function among microbiota was predicted by using Functional Annotation of Prokaryotic Taxa (FAPROTAX v1.1), which was initially designed for marine samples (Louca et al., 2016). The predicted functional roles were visualized with the pheatmap R package, using Euclidean distances, and the weighted pair group method centroid (WPGMC) as a clustering method.



Phylogenetic Analyses

Phylogenetic relationships between the abundant OTUs (>1% relative abundance) of Nematoda were investigated. We first collected nearly full-length 18S rRNA gene sequences from recent studies (Meldal et al., 2007) as reference sequences. These sequences were aligned with the Silva SSU database using SINA v1.2.11 (Pruesse et al., 2012) and the subsequent alignment was filtered using trimAl v1.2rev59 with the gappyout method (Capella-Gutierrez et al., 2009). OTU sequences were added to the reference alignment using the –addfragments option of MAFFT v7.310 (Katoh and Standley, 2013). The alignment was trimmed and Smart Model Selection (Lefort et al., 2017) was used to determine the best-fit evolutionary model based on the Akaike Information criterion. Subsequently, a maximum-likelihood phylogenetic tree was built with PhyML 3.0 (Guindon et al., 2010). Branch supports were calculated using a Chi2-based parametric approximate likelihood-ratio test (aLRT) (Anisimova and Gascuel, 2006). Finally, the tree was visualized and edited with iTOL (Letunic and Bork, 2019).



RESULTS


Sampling

In the present study, we investigated both the prokaryotic and eukaryotic communities associated with Sargassum at landing sites along the Atlantic coastlines of the Guadeloupe archipelago and the island of Martinique (Figure 1). We analyzed seawater surrounding Sargassum from different tide sites (n = 52; 34 sites). Marine Sargassum samples were collected either in water (30 samples; 27 sites) or stranded on beaches (9 samples; 6 sites). Unfortunately, we could not obtain any specific information on the arrival dates of the Sargassum and/or on landing duration. Such data are in fact very difficult to obtain also because the local parameters (i.e., currents, wind, tide, etc.) and sinking processes can vary from place to place. Nevertheless, measurements on 87% of the collected samples revealed that the dry matter content was 16.2% ± 1.8%, showing that all samples had a similar hydration level (not shown). In Martinique, we also collected samples from inland storage sites (9 samples; 4 sites). Since there was no available information on the deposition period, we took samples from the middle and the top of the piles; partial measurements indicated that the Sargassum dry matter (2 sites) was 49.9% (not shown). As mentioned above because we analyzed seaweed samples that were fresh, partially or dried we did not and often could not separate the morphotypes that composed Sargassum samples. Hereafter, the three types of delineated biotic entities, hereafter named compartments, correspond to seawater from tide sites (TS-sw), Sargassum from tide sites (TS-sarg), and Sargassum from inland storage sites (ISS-sarg).



Overall Diversity and Community Structure

After sequencing of the 100 samples and following bioinformatic procedures, we obtained a total of 22,214 prokaryotic and 17,679 eukaryotic operational taxonomic units (OTUs). For both datasets, the rarefaction curves (Supplementary Figure 1) as well as the high Good’s coverage estimates (median value 0.977 for the prokaryotes, Supplementary Figure 2; median value 0.997 for the eukaryotes Supplementary Figure 3) indicated that the sequencing depths were sufficient to estimate and compare the microbial diversity of our samples.

Regarding the alpha diversity of the prokaryotes, we found no significant differences in OTU richness nor diversity between the three compartments (P > 0.05) (Supplementary Figure 2). For the eukaryotes, we found significantly more OTUs in the seawater (TS-sw) than in the terrestrial and marine Sargassum samples (P < 0.001) (Supplementary Figure 3). For both the Shannon index and the inverse of Simpson index, eukaryotic diversity was significantly higher in TS-sw than in TS-sarg (P < 0.001) but no differences were found between TS-sarg and ISS-sarg (P > 0.05) (Supplementary Figure 3).

Beta diversity of the Sargassum microbiota was first visualized using unconstrained ordinations, namely principal coordinates analyses (PCoA) (Supplementary Figure 4) focusing on the three compartments (TS-sw, TS-sarg, and ISS-sarg). PERMANOVAs indicated that both the prokaryotic (R2 = 0.08, P < 0.001) and the eukaryotic (R2 = 0.09, P < 0.001) communities were significantly different across the three compartments TS-sw, TS-sarg, and ISS-sarg. Differences between compartments were further investigated using constrained ordinations, namely canonical analysis of principal coordinates (CAP) (Figure 2), and confirmed by permutation tests for CAP (P < 0.001). For both the prokaryotic and the eukaryotic communities, the first axis discriminated between TS-sarg and TS-sw, while the second axis discriminated between ISS-sarg and both the TS-sarg and TS-sw samples (Figure 2). Among the TS-sarg samples, we found no differences between samples collected in the water or on the beaches (ANOSIM, R = –0.07, P = 0.78 and R = 0.01, P = 0.42, for the prokaryotic and eukaryotic communities, respectively). We also examined the relationship between the prokaryotic and eukaryotic dissimilarity matrices. A Mantel test revealed that the community structures of prokaryotes and eukaryotes were strongly correlated (rM = 0.43, P < 0.0001), indicating potential biotic associations between microbiota.
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FIGURE 2. Differences in community composition. Both the prokaryotic community (A) and eukaryotic communities (B) presented significant differences (permutation tests for CAP, P < 0.001) between seawater at tide sites (TS-sw, in blue), Sargassum at marine tide sites (TS-sarg, in brown), and Sargassum at inland storage sites (ISS-sarg, in green).




Diversity of the Sargassum-Associated Prokaryotic Communities

The overall prokaryotic diversity corresponded to 658 bacterial and archaeal families distributed across 350 orders, and 57 phyla. For the TS-sarg samples we found that the most diverse phyla were Proteobacteria (34.3% of the richness in this compartment), Bacteroidetes (22.9%), and Planctomycetes (9.0%) (Figure 3A, also see Supplementary Figure 5A). At the phylum taxonomic rank, the diversity pattern present similarities with the TS-sw compartment, but differences were observed for the ISS-sarg samples (Figure 3A, and Supplementary Figure 5). Differences in diversity pattern of the three compartments were visible when analyzed at lower taxonomic ranks, with differences in the ten most rich orders (Supplementary Figure 6) or families (Supplementary Figure 7).
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FIGURE 3. Molecular inventory of the biodiversity associated with Sargassum tides from 100 sampled sites. Differences in the observed OTU richness and relative abundance of seawater at tide sites (TS-sw), Sargassum at tide sites (TS-sarg) and inland Sargassum from storage sites (ISS-sarg). (A) Prokaryotic diversity corresponds to 22,214 OTUs obtained from 2,849,100 reads. (B) Eukaryotic diversity corresponds to 17,679 OTUs obtained from 5,326,300 reads.


In the samples from coastal tide sites (TS-sw and TS-sarg), the most abundant phyla were the Proteobacteria, followed by Bacteroidetes, Cyanobacteria, Spirochaetes and Firmicutes. For the inland storage sites (ISS-sarg), the most abundant phyla corresponded to Bacteroidetes, Proteobacteria, Planctomycetes, Firmicutes and Acidobacteria (Figure 3, also see Supplementary Figure 5B). In fact, differences in relative abundances between the three compartments and specially the terrestrial one, were discernible at all taxonomic levels analyzed, as shown at the order (Supplementary Figure 6) and family (Supplementary Figure 7) levels.

Even though there were differences in the number of samples per compartment, we analyzed the number of OTUs shared between them. The Venn diagram showed that 9.3% of the richness was shared between the three compartments (Supplementary Figure 8), corresponding to members of 4 archaeal and 41 bacterial phyla.



Diversity of the Sargassum-Associated Eukaryotic Communities

The eukaryotic diversity spread across 278 orders, with an overall dominance of Opisthokonta in terms of both richness (24.9%) and read abundance (48.9%), followed by the Alveolata (22.3% of richness and 21.4% of relative abundance), and the Stramenopiles (20.7% of richness and 9% of relative abundance). Independent analyses of the three compartments revealed differences in both OTU richness and relative abundance (Figure 3B, and Supplementary Figure 5). We found that 2.2% of the eukaryotic OTUs were present in all three compartments, a result which was lower than the one obtained for the prokaryotes (Supplementary Figure 8).

Specially in TS-sw samples we found that the phototrophs were among the most abundant organisms with key groups corresponding to Bacilliophyta, Florideophyceae, Ulvophyceae and Dinophyceae (Supplementary Figures 9, 10). In fact, in both kind of tide site samples (TS-sw and TS-sarg), the phylum that presented the highest richness were the Bacilliophyta (Supplementary Figure 9), with highest abundance of polar centric and raphid pennate diatoms in TS-sw and TS-sarg, respectively (Supplementary Figure 10). Compared to the tide site samples, differences in both richness and relative abundance were visible at all taxonomic ranks for the ISS-sarg ones (Figure 3B and Supplementary Figures 5–10).

Focusing on the Metazoa, we found strong differences between the compartments, with the Bryozoa dominating the TS-sarg samples (Supplementary Figure 11). A large abundance of Bryozoans associated with Sargassum (42% of average relative abundance for the TS-sarg samples) was expected because of the large number of them visible on axe, blade, receptacle and vesicle surfaces (see Supplementary Figure 12). Because the Nematoda were the most dominant group in terrestrial samples (Supplementary Figure 11), the taxonomy of the most abundant OTUs was refined by phylogenetic analysis and their putative membership to trophic groups were inferred following Meldal et al.’s (2007) classification (Figure 4). We identified 24 OTUs belonging to five orders, namely Enoplida, Chromadorida, Monhysterida, Tylenchida, and Rhabditida. Among the Monhysterida, ten OTUs including seven potentially bacterivorous were particularly abundant in TS-sarg. Conversely, seven Tylenchida OTUs, all assigned to the genus Halicephalobus, and the four Rhabditida OTUs were mainly present in the ISS-sarg samples. Besides bacterivores, we identified nematodes that are related to species known to be algivores-omnivores-predators, entomopathogens and vertebrate parasites (Figure 4).
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FIGURE 4. Phylogenetic relationships between the most abundant nematode OTUs associated with Sargassum. The maximum likelihood phylogenetic tree was constructed with PhyML v3.0 using the GTR + G + I model. Branch supports were calculated using a Chi2-based parametric approximate likelihood-ratio test and are represented by black circles for values above 0.90 and gray circles for values between 0.7 and 0.89. OTU sequences are in bold. The horizontal bar plots represent the normalized total abundance of each OTU in the different compartments: TS-sw in blue, TS-sarg in brown, and ISS-sarg in green. Putative trophic groups were assigned following recommendations by Meldal et al. (2007): algivore-omnivore-predator (AOP), bacterivore (B), entomopathogen (E), and vertebrate parasite (VP).




Identification of Discriminant Operational Taxonomic Units for Each Compartment

Because we demonstrated significant differences in community structure between the three compartment (Figure 2), we then investigated the OTUs that present differential abundance using ALDEx2 algorithm. We first made comparisons between the surrounding seawater and Sargassum at tide sites. We identified 68 prokaryotic and 30 eukaryotic OTUs with differential abundance (Figures 5A,B and Supplementary Table 2). For the prokaryotes, the TS-sw samples presented 46 OTUs that were significantly more abundant than in the TS-sarg samples (Figure 5A, blue bars). On the other hand, we found 22 OTUs preferentially associated with the TS-sarg samples compared to the seawater (Figure 5A, brown bars). In the case of the eukaryotes, the 20 OTUs were significantly more abundant with the TS-sw seawater compartment, and 10 OTUs for the TS-sarg one (Figure 5B).
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FIGURE 5. Identification of the OTUs presenting significant differential abundance for the different Sargassum-associated samples, via the ANOVA-like differential expression (ALDEx2) analysis. Comparison between tide sites OTUs that are differentially represented between seawater (TS-sw, blue) or Sargassum (TS-sarg, brown): (A) Prokaryotic, and (B) Eukaryotic. Analyses of the Sargassum-associated OTUs that are differentially represented between marine Sargassum (TS-sarg, brown) or terrestrial Sargassum (ISS-sarg, green): (C) Prokaryotic, and (D) Eukaryotic.


When comparing the communities associated to Sargassum collected at tide sites compared to Sargassum from inland storage sites, we identified 146 prokaryotic and 32 eukaryotic OTUs with differential abundance (Figures 5C,D and Supplementary Table 2). Coastal Sargassum samples showed a significant enrichment of 93 OTUs prokaryotic OTUs, including members of the Saprospiraceae, Flavobacteriaceae, Cyanobacteria, Alphaproteobacteria, and Gammaproteobacteria (Figure 5C). The prokaryotes found to be enriched in terrestrial samples represented 53 OTUs distributed over 13 classes (Figure 5C). For the eukaryotes, the marine Sargassum showed a significant enrichment of 24 OTUs, among them we found Dynophyceae, Bryozoans, Hydrozoans, or Bacillariophyceae (Figure 5D). The Sargassum samples from storage sites showed a significant enrichment of 8 OTUs, including one nematode (Figure 5D, green bars).



Functional Inference of Prokaryotic Diversity

To investigate the putative roles of the prokaryotic taxa associated with the Sargassum samples, we used FAPROTAX and obtained putative functional assignment for 2,831 prokaryotic OTUs (12.7% of the global dataset) distributed into a minimum set of 22 functional groups (Figure 6 and Supplementary Table 3). The five most abundant ones corresponded to chemoheterotrophy (1,260 OTUs; 23.19% of the relative abundance), fermentation (314 OTUs; 13.04% of the relative abundance), nitrate reduction (71 OTUs; 9.32% of the relative abundance), phototrophy (388 OTUs; 6.98% of the relative abundance), and respiration of sulfur compounds (404 OTUs; 3.91% of the relative abundance) (Figure 6). Intracellular parasites, predators or exoparasites, and animal parasites or symbionts, corresponded to a relatively large number of organisms with 491, 263 and 189 OTUs, respectively. Interestingly, other functional groups specifically abundant in terrestrial samples corresponded to methanogenesis (32 OTUs; 0.21%), hydrocarbon degradation (21 OTUs; 0.31%), and dark oxidation of sulfur compounds (20 OTUs; 0.09%).
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FIGURE 6. Heatmap of predicted functions based on the FAPROTAX database. The 22 categories presented here correspond to 2,831 prokaryotic OTUs. Functions were clustered with the weighted pair group method centroid (WPGMC) algorithm based on Euclidean distances. The color scale represents the proportion of each predicted function within a sample.




DISCUSSION

Sargassum washout in the coast of the Caribbean region, including the Gulf of Mexico, and in the coasts of Africa are causing many environmental and health concerns. Part of these concerns are probably the results of the load of new microbes associated with the seaweed, and the putative transient or persistent modifications of the microbial communities at tide sites. Here we investigated samples from three different compartments, namely from seawater and Sargassum from tide sites (TS-sw and TS-sarg samples, respectively) and Sargassum from inland storage sites (ISS-sarg samples). We found that the alpha diversity was similar for prokaryotes in the three compartments, and that the richness was higher for eukaryotes in seawater compared to the Sargassum-related samples. Beta diversity analyses revealed clear distinctions between the three compartments and proved a correlation between eukaryotic and prokaryotic communities. When analyzed at the high taxonomic ranks, compositional analyses revealed some similarities between the Sargassum and the surrounding water, even if differences exist at lower taxonomic ranks, also see below. This result somehow contrasted with previous reports on Sargassum (Torralba et al., 2017; Michotey et al., 2020), but those corresponded to analyses of Sargassum that were collected in offshore regions. In fact, beside the well documented technical biases when comparing samples across studies (DNA extraction, primer choice, PCR program, sequencing platform, etc.), we believe that differences between published data on the Sargassum microbiota could be due to a number ecological reasons including spatial and temporal variability in Sargassum-associated communities (Huffard et al., 2014; Torralba et al., 2017; Serebryakova et al., 2018; Mei et al., 2019; Michotey et al., 2020), biogeochemical factors at tide sites compared to offshore, or aging and drowning of the seaweeds (Baker et al., 2018; Sanders-Smith et al., 2020).


Sargassum-Associated Prokaryotic Communities, and Their Putative Environmental Roles

The most abundant prokaryotic family associated with the Sargassum samples from tide sites (TS-sarg) was the Vibrionaceae (Proteobacteria) (ca. 18% of the relative abundance, see Supplementary Figure 7), a family of ubiquitous marine bacteria. The second most abundant family was the Flavobacteriaceae (Bacteroidetes). Interestingly, utilization of macromolecules such as polysaccharides is a common feature of many members of this family (McBride, 2014; Thomas et al., 2021), and more generally of the Bacteroidetes (McKee et al., 2021). In fact, several genera of the Flavobacteriaceae that were found to possess conserved polysaccharide utilization loci, as defined by Kruger et al. (2019), were abundant at tide sites, with the NS5_marine_group, Polaribacter spp., Formosa spp., Dokdonia spp., Gramella spp., Cellulophaga spp., Lutibacter spp., Winogradskyella spp., Cryomorphaceae, Crocinitomicaceae, and Cyclobacteriaceae together making up to 12.9 and 4.3% of the relative abundance in TS-sw and TS-sarg samples, respectively. These results suggest that these bacteria might be involved in the degradation of polysaccharides either exudate or release by the seaweeds and the associated epifauna, and probably contribute to Sargassum degradation. The third most abundant family was the Saprospiraceae (Bacteroidetes), another bacterial clade harboring species capable of degrading complex macromolecules produced by seaweeds and their associated algae (Mcilroy and Nielsen, 2014). The Flavobacteriaceae (Bacteroidetes) family was the most abundant for terrestrial storage sites (Supplementary Figure 7), again suggesting a possible contribution of some of these bacteria to organic matter decay. Further studies should address the shift in microbial communities in the water column of coastal areas, depending on the Sargassum morphotypes, algal biomass and aging.

Using FAPROTAX, we obtained functional prediction for a number of prokaryotic OTUs. We found that the most abundant ones corresponded to chemoheterotrophy, nitrate reduction, phototrophy, and respiration of sulfur compounds. Interestingly, putative intracellular parasites, predators or exoparasites, and animal parasites or symbionts, corresponded to a relatively large number of organisms. Within terrestrial samples, these functional predictions identified abundant OTUs (2.0% of the relative abundance in ISS-sarg) potentially involved in methanogenesis, and corresponding to euryarchaeota assigned to Methanomicrobiaceae, Methanosarcinaceae, and Methanococcaceae. Members of these families have been reported to be involved in methane production from algal biomass (Bapteste et al., 2005; Adam et al., 2017; Klassen et al., 2017). Our results suggest that at inland storage sites, a portion of the carbohydrates from the seaweed alga biomass (for Sargassum see Devault et al., 2021, and references therein) is probably degraded anaerobically by these archaea, and used as potential energy source (Smetacek and Zingone, 2013; Helbert, 2017; Milledge et al., 2020).

When washed ashore, Sargassum decomposition processes can lead to hydrogen sulfide (H2S) and ammonia (NH3) gas emissions, which can result in significant environmental issues (Van Tussenbroek et al., 2017; Cabanillas-Teran et al., 2019; Rodriguez-Martinez et al., 2019) and health concerns (Resiere et al., 2018, 2020). As mentioned above, functional prediction identified OTUs involved in the respiration of sulfur compounds (Figure 6), which represent 3.8, 4.7, and 0.9% of the relative abundance in TS-sarg, TS-sarg and ISS-sarg compartment, respectively. These OTUs were assigned to several orders including Desulfobacterales (257 OTUs), Desulfovibrionales (87 OTUs), Clostridiales (51 OTUs), Desulfarculales (35 OTUs), Desulfuromonadales (3 OTUs), Syntrophobacterales (3 OTUs), and Thermococcales (1 OTU). Member of these orders, except the Thermococcales were present in the three compartments. In addition to the FAPROTAX predictions, we found in the three compartments additional OTUs assigned to Sulfurovum and Sulfurimonas (Campylobacterales) which are genera known to be involved in sulfur oxidation, and thus probably also contribute to the sulfur cycle in our samples (Han and Perner, 2015). A deeper understanding of the diversity of sulfate-reducing and sulfur-oxidizing microorganisms associated with Sargassum decomposition processes will require specific investigations, such as the presence of functional sulfur cycling-related genes (Pelikan et al., 2016). Furthermore, it will be important to further link the sulfur cycle to several others such as carbon, metals and metalloids such as arsenic (As) (Fisher et al., 2008; Edwardson and Hollibaugh, 2017). This issue seems particularly relevant to us given the large amount of arsenic that bioaccumulates in various Sargassum species (see Rodriguez-Martinez et al., 2020; Devault et al., 2021, and our unpublished data for Guadeloupe and Martinique).

Nitrate reduction is another predicted functional role that might be played by prokaryotes. The 71 OTUs functionally predicted to contribute to nitrate reduction belong to 16 bacterial families (Supplementary Table 3) with the most abundant OTUs assigned to the genus Vibrio (4.6 and 17.4% of the relative abundance in TS-sw and TS-sarg). This genus, was found to present variable and eventually very high abundance in pelagic Sargassum samples (Michotey et al., 2020), could contribute to nitrogen cycling (Urdaci et al., 1988; Herbert, 1999) and potentially to the host nitrogen metabolism. Vibrios have been shown to also contribute to the marine organic carbon cycle (Martin et al., 2015; Zhang et al., 2018), and to potential sanitary risks because many of them are pathogenic to animals or humans (Baker-Austin et al., 2017). Regarding the nitrogen cycle, we also found 12 prokaryotic OTUs potentially involved in nitrogen fixation as well as 19 OTUs potentially involved in nitrification. Recent analyses have shown that %N has increased over the years in Sargassum and that this percentage is higher in Sargassum from coastal waters (see Lapointe et al., 2021 and references therein) raising the importance to further study N metabolism of landing Sargassum.



The Metazoa Are the Most Abundant Eukaryotes Associated to Sargassum Samples

The eukaryotic community associated to Sargassum has been rarely investigated by molecular approaches (Kim H. M. et al., 2019). Here we demonstrate that the eukaryotic communities of Sargassum samples is dominated by Metazoa, with 24.8% of diversity and 69.9% of the relative abundance from tide sites, and 20.3% of diversity and 38.0% of the relative abundance for the inland storage sites. We expected that some of them correspond to the non-motile and motile epifauna species (Stoner and Greening, 1984; Martinsmith, 1994; Gestoso et al., 2012; Martin et al., 2021). Indeed, crustacea were the most abundant clade in the TS-sw and the second most abundant in the TS-sarg samples, and corresponded essentially to the class Maxillopoda. Copepods (Maxillopoda) have already been described as an abundant invertebrate fauna associated with floating Sargassum (Ólafsson et al., 2001; Abé et al., 2013). Among the 555 Maxillopoda OTUs found from the tide site samples, 16.4% were shared between the seawater (TS-sw) and Sargassum (TS-sarg) samples, and 36.9% were exclusive to TS-sarg. The most abundant copepod that was found to be shared between these two compartments was assigned to the genus Zaus (best blast hit), a genus already found to be associated with macroalgae (Kangtia et al., 2015). We hypothesized that colonization of Sargassum by copepods could have occurred during rafting, explaining why different communities could be found between Sargassum and seawater at tide sites. Alternatively, some of the copepods identified might correspond to genuine coastal species, and that for some of them the arrival of Sargassum and macroalgal detritus could have correspond to new ecological niches to colonize.

Association between nematodes and floating Sargassum in the Atlantic region was already noted a century ago (Micoletzky, 1922). The colonization of such usually benthic meiofauna could be the result of accidental encounters and dispersal when clumps of algae are carried by wind or currents. Indeed, benthic nematode species were previously found attached to the surface of pelagic or benthic Sargassum spp. (Gerlach, 1977; Kito, 1982; Vranken et al., 1986; Kim H. G. et al., 2019). Within our dataset, we specifically investigated the most abundant nematode-related OTUs and, interestingly, found specific patterns depending on the substrate (Figure 4). The nematodes that were found to be associated with Sargassum at tide sites belong to the Enoplia and Monhysterida clades that have been described in marine habitats. The trophic behaviors of species from these clades have been shown to correspond to bacterivore and algivore-omnivore-predator (Meldal et al., 2007; Smythe, 2015). Nematodes were largely dominant in terrestrial samples, with 92% of the metazoan’s read abundance. OTUs assigned to Tylenchina, which corresponds mostly to plants, invertebrate and vertebrate parasites, and to Rhabditina, which are generally terrestrial free-living nematode species (Meldal et al., 2007), showed exclusive or specific patterns with inland Sargassum samples (Figure 4). Regarding the OTUs related to Halicephalobus, the best blast hit for Otu00067 and Otu00111 was Halicephalobus sp. (accession number GQ918144), a bacterivore nematode that has been found in the terrestrial deep subsurface in hypoxic conditions (Borgonie et al., 2011). The hypoxic conditions within the piles of Sargassum at storage sites are likely to be one of the important factors explaining differences in the distribution of nematode species within compartments.



Identification of Sargassum Specific Operational Taxonomic Unit Associations

In the present study we also identified OTUs that presented differential abundance at tide sites, or between coastal and terrestrial Sargassum samples. In total, we found 199 prokaryotic and 56 eukaryotic OTUs with differential abundance in our compartments (Supplementary Table 2). At tide sites, the eukaryotic OTUs significantly more abundant in the surrounding water corresponded to Dinophyceae, unclassified Maxillipoda, Bryozoa [probably to the genus Membranipora, a hydrozoan of the genus Zanclea that was previously described as being common on a hydroid assemblage on holopelagic Sargassum from the Sargasso Sea (Calder, 1995)], and one OTU of flatworm of the Rhabdocoela order. Some of these later species are known to live in association with Sargassum (Willems et al., 2004). Among the 24 OTUs that were significantly associated with the TS-sarg samples, we found one OTU assigned to a toxic dinoflagellate of the Amphidinium carterae species, another to Ulvella that are endophytic microalgae, one related to the raphid diatom genus Aneumastus, one OTU with the best BLASTN results as Sargassococcus simulans, an epiphyte on floating Sargassum thallus, isolated in the Sargasso Sea, one to the copepod genus Zaus, which are organisms living in the phytal zone, and five OTUs belonging to Hydrozoans, which are also frequently encountered as Sargassum epibionts (Huffard et al., 2014). The Sargassum samples from storage sites showed significant enrichment of 8 OTUs, including a flagellated protist of the Colpodellidae order, a nematode assigned to the Monhysterida order, and a filose amoeba.

Among the prokaryotes differentially abundant in Sargassum from tide sites, we identified several Oxyphotobacteria and Saprospiraceae which have often been reported as associated with macroalgae surface (Florez et al., 2017). Members of these family were also differentially abundant when comparing Sargassum samples between tide sites and inland storage sites. In particular, we found at tide sites 3 Rubinisphaeraceae OTUs preferentially associated with inland storage sites, and this family of Planctomycetes was also recently found in wastewater treatment plants (Al Ali et al., 2020), a putatively new member of the Rivularia-like cyanobacterium, and members of Rhizobiales Altogether, our data revealed a number of potential new molecular markers associated with Sargassum racks from the Caribbean. Even if further researches will have to address more specifically the intra and inter-sites variability as well as the variation of the communities depending on Sargassum morphotypes, we have identified here a number of potentially new or poorly described species, with some of these taxa performing selective functions for the host and/or involved in Sargassum degradation processes.



CONCLUSION

Our study revealed specific micro- and meiofauna depending on the Sargassum samples. We also identified prokaryotic (archaea and bacteria) and eukaryotic biomarkers for marine waters at tide sites, near-shore and beach stranded wracks, and at inland storage sites. The description of this biodiversity provides a grounding for further investigations of the functions played by the epiphytes for the host, algal organic matter decomposition or nutrient transfers between trophic levels at both sea to land sites. Among other things, comparative and targeted investigations on biogeography and Sargassum holobionte composition, as well as the role of the degradation processes are required to further elucidate the environmental changes induced by Sargassum tides and their local consequences on biodiversity.
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Insignificant Response of Bacterioplankton Community to Elevated pCO2 During a Short-Term Microcosm Experiment in a Subtropical Eutrophic Coastal Ecosystem

Yunlan Yang1,2†, Fei Zhang1,3†, Xiaowei Chen2,4, Huifang Li2,4, Nianzhi Jiao2,4* and Rui Zhang2,4*


1College of the Environment and Ecology, Xiamen University, Xiamen, China


2State Key Laboratory of Marine Environmental Science, Fujian Key Laboratory of Marine Carbon Sequestration, Xiamen University, Xiamen, China


3Laboratory of Marine Biology and Ecology, Ministry of Natural Resources, Third Institute of Oceanography, Xiamen, China


4College of Ocean and Earth Sciences, Xiamen University, Xiamen, China


Edited by:
 Feixue Fu, University of Southern California, United States

Reviewed by:
 Juntian Xu, Jiangsu Ocean University, China
 Yantao Liang, Ocean University of China, China

*Correspondence: Nianzhi Jiao, jiao@xmu.edu.cn 
 Rui Zhang, ruizhang@xmu.edu.cn

†These authors have contributed equally to this work and share first authorship

Specialty section: This article was submitted to Aquatic Microbiology, a section of the journal Frontiers in Microbiology

Received: 24 June 2021
 Accepted: 25 October 2021
 Published: 12 November 2021

Citation: Yang Y, Zhang F, Chen X, Li H, Jiao N and Zhang R (2021) Insignificant Response of Bacterioplankton Community to Elevated pCO2 During a Short-Term Microcosm Experiment in a Subtropical Eutrophic Coastal Ecosystem. Front. Microbiol. 12:730377. doi: 10.3389/fmicb.2021.730377
 

Ocean acidification, as one of the major consequences of global climate change, markedly affects multiple ecosystem functions in disparate marine environments from coastal habitats to the deep ocean. Evaluation of the responses of marine microbial community to the increasing partial pressure of CO2 (pCO2) is crucial to explore the microbe-driven biogeochemical processes in the future ocean. In this study, a microcosm incubation of eutrophic coastal water from Xiamen Bay under elevated pCO2 (about 1,000 μatm) and control (ambient air, about 380–410 μatm) conditions was conducted to investigate the effect of ocean acidification on the natural bacterioplankton community. During the 5-day incubation period, the chlorophyll a concentration and bacterioplankton abundance were not significantly affected by increased pCO2. Hierarchical clustering and non-metric multidimensional scaling analysis based on Bray-Curtis similarity among the bacterioplankton community derived from the 16S rRNA genes revealed an inconspicuous impact of elevated pCO2 on the bacterial community. During the incubation period, Proteobacteria, Bacteroidetes, Actinobacteria, Cyanobacteria, and Epsilonbacteraeota were predominant in all microcosms. Despite the distinct temporal variation in the composition of the bacterioplankton community during the experimental period, statistical analyses showed that no significant difference was found on bacterioplankton taxa between elevated pCO2 and control, indicating that the bacterioplankton at the population-level were also insensitive to elevated pCO2. Our results therefore suggest that the bacterioplankton communities in the fluctuating and eutrophic coastal ecosystems appear to be adaptable to the short-term elevated pCO2.
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INTRODUCTION

Human activities have triggered substantial changes in global climate systems with a preternatural rate over the past two centuries, leading to massive CO2 absorption by the world’s oceans and a reduction in the pH of seawater which is known as ocean acidification (Caldeira and Wickett, 2003; Orr et al., 2005). The partial pressure of atmospheric CO2 (pCO2) has increased by nearly 40% from the preindustrial period to the present day (about 400 μatm) and is predicted to reach approximately 1,000 μatm by the end of this century (Caldeira and Wickett, 2003; IPCC, 2013). Ocean uptake of CO2 changes the equilibrium of the carbonate system, and the continued release of anthropogenic CO2 may lead to another 0.3–0.4units decline in seawater pH globally by 2100 (Orr et al., 2005; IPCC, 2013). As the most complicated and productive ecosystems, coastal oceans generally consist of diversiform but tightly connected aquatic environments, such as rivers, estuaries, tidal wetlands, and sea margins, all of which are strongly influenced by climatic and anthropogenic factors (Cai et al., 2011; Melzner et al., 2012; Wallace et al., 2014). Recent syntheses of the air-sea CO2 fluxes in coastal waters suggest that CO2 uptake in coastal ecosystems has reached to 0.22–0.45 Pg C yr.−1, which is expected to affect the global carbon flux (Cai et al., 2006; Bauer et al., 2013; Regnier et al., 2013). In addition to a large CO2 sink for the atmosphere, ocean acidification in coastal habitats was also reported to be amplified by eutrophication and hypoxia, and these regions might be grimmer by future climate change than previously thought (Cai et al., 2011; Melzner et al., 2012; Wallace et al., 2014). Therefore, the subsequent effects of ocean acidification on coastal life have become one of the most important issues.

Microorganisms exist everywhere and are abundant in density and genetic diversity (Azam and Worden, 2004; Azam and Malfatti, 2007). It has been estimated that microorganisms account for more than two-thirds of marine biomass, despite their tiny size (Bar-On and Milo, 2019). Furthermore, they are key components of the marine food web and play crucial roles in marine ecosystem function and carbon cycling (Azam, 1998; Jiao et al., 2010). The responses of microorganisms to climate change (e.g., ocean acidification) will be pivotal for the marine food web and the biogeochemical cycle in the future ocean. The responses of cyanobacteria, as important primary producers in the ocean, to elevated pCO2 have been investigated in terms of their growth rates, photosynthesis, carbon concentration mechanisms, and cellular affinities for inorganic carbon (Fu et al., 2007; Flombaum et al., 2013; Dutkiewicz et al., 2015; Hutchins and Fu, 2017; Ma and Wang, 2021). With a higher abundance than cyanobacteria by 1–2 orders of magnitude, heterotrophic bacteria play a major role in recycling dissolved organic carbon and nutrients through the microbial loop; however, far less studies were conducted on relationships between heterotrophic bacteria and ocean acidification than phytoplankton (Azam et al., 1983; Azam, 1998; Robinson and Ramaiah, 2011). Previous studies have shown that responses of bacterioplankton communities to elevated pCO2 are diverse and complex and even conflicting. Bacterioplankton communities were found to be susceptible to changes in pCO2 or pH in some studies that were reflected in abundance, diversity, or composition (Krause et al., 2012; Zhang et al., 2013; Xia et al., 2019; Aguayo et al., 2020; Crummett, 2020), whereas other studies reported negligible effects (Roy et al., 2013; Oliver et al., 2014; Wang et al., 2015). Take coastal ecosystems for example, microbial community from coastal ecosystem with naturally low pH (average=7.8) was still sensitive to acidification (Crummett, 2020). However, recent evidence demonstrated that bacterioplankton community from variable coastal ecosystem was relatively stable under elevated pCO2 condition (Allen et al., 2020). The relationships between bacterioplankton communities and elevated pCO2 were more likely to be associated with environmental characteristics, such as nutrients and temperature (Bergen et al., 2016; Sala and Aparicio, 2016; Allen et al., 2020; Wang et al., 2021). Nevertheless, most studies on this topic have been performed in mesotrophic high-latitude regions, especially the Arctic Ocean, while less investigations were conducted in eutrophic low- and middle-latitude coastal ecosystems.

As a subtropical coastal region, Xiamen Bay is characterized by the input of nutrient-rich freshwater from Jiulong River, intrusion of saltwater from the South China Sea, and inflow of artificial wastewater, as well as being affected by intensive human activities (Chen et al., 2013; Cai et al., 2016). The Xiamen coastal ecosystem has showed nutrient-enhanced eutrophication since mid-1990s because of its hydrographical setting (Chen et al., 2013; Cai et al., 2016; Fu et al., 2016). Analyses of the long-term variations in the concentrations of nutrients in Xiamen coastal seawater suggest that dissolved inorganic nitrogen and phosphate have increased by several fold over recent decades (Cai et al., 2016). A time series sampling investigation revealed that the concentration of dissolved organic matter has even in Xiamen coastal ecosystem (Chen et al., 2021b). And estuarine input contributed a mass of dissolved organic matter, including humic-like fluorescent dissolved organic matter, S-containing, and N-containing organic molecules, to the coastal ecosystem (Chen et al., 2021b). In addition to eutrophication, interactions between anthropogenic CO2 emissions and local drivers in coastal ecosystems (such as eutrophication, hypoxia, and biological activities) result in complex regulation of the pH and carbon cycle in coastal waters (Cai et al., 2011; Melzner et al., 2012; Wallace et al., 2014). Analyses of the annual variations in water quality indices in Xiamen Bay from 1986 to 2007 revealed that the mean pH values ranged from 7.86 to 8.21 and continuously decreased (Cai et al., 2016). To investigate the effects of elevated pCO2 on bacterioplankton community at such a changing environment, a 5-day microcosm incubation experiment with eutrophic coastal water from Xiamen Bay under elevated pCO2 and ambient conditions was conducted. During the incubation, the response of bacterioplankton community structure to elevated CO2 and the population size of bacterioplankton were continuously detected.



MATERIALS AND METHODS


Location and Experimental Setup

The microcosm experiment was carried out in March 2013 using surface seawater collected from a site east of Xiamen, China (24°29′47″N, 118°14′12″E; Figure 1A). Environmental parameters, such as pH, temperature, salinity, and dissolved oxygen, were measured in situ using a YSI Professional Plus multiparameter meter (YSI Incorporated, Yellow Springs, OH, United States). For nutrients analysis, water samples were filtered through a 0.45μm cellulose acetate filter and stored at −20°C. The nitrite (NO2−), nitrate (NO3−), phosphate (PO43−), and silicate (SiO32−) concentrations were analyzed according to colorimetric method with a Technicon AA3 Auto-Analyzer (Bran+Lube, GmbH, Norderstedt, Germany; Dai et al., 2008; Han et al., 2012). To determine microbial abundance, samples (1.98ml for each one) were fixed with a final concentration of 0.5% glutaraldehyde (Sangon Biotech, Shanghai, China) for 15–30min at room temperature (about 25°C), flash-frozen in liquid nitrogen, and then kept at −80°C until analysis (Marie et al., 1997).
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FIGURE 1. Location of sampling station (A) and setup of microcosm experiment (B). The mesocosms were treated with two levels of pCO2, HC (about 1,000 μatm) and control (about 380–410 μatm), and incubated under dark (0 μE m−2 s−1) and light (64.4 μE m−2 s−1) cycles at approximately in situ temperature (about 17.5°C). Map is colored according to the pH values of seawater around Xiamen Island. Map was constructed using Ocean Data View software (version 5.3.0).


The microcosm experimental design is shown in Figure 1B. Briefly, a total of 80L of surface seawater were collected and pre-filtered through a 20μm mesh to remove the large-size fraction. The pre-filtered seawater was then distributed into 20L polycarbonate bottles (Nalgene, United States), with approximately 60–70% of light transmittance, that served as the experimental microcosms (Ha et al., 2013). To simulate atmospheric CO2 concentrations currently and by the end of this century, two levels of pCO2 (ambient air was set as control, about 380–410 μatm; elevated pCO2 was set as HC treatment, about 1,000 μatm) were obtained by adjusting ambient air with CO2 using an enrichment device (Wuhan Ruihua Instrument and Equipment, Wuhan, China). For equilibration of the carbonate system, bubbling was continued throughout the experiment. The pH was monitored using a pH detector (Thermo Scientific, Waltham, MA, United States) during the whole incubation period (Supplementary Figure 1). The microcosms were incubated under a 12h light (64.4 μE m−2 s−1) and 12h dark (0 μE m−2 s−1) cycle at approximately in situ temperature (about 17.5°C), using a light incubator equipped with fluorescent lamps of 400–700nm wavelength (PGX-450B-HM, Ningbo Saifu, China). Two replications were established for the HC treatment and the control. During 5-days of incubation, subsamples were collected from all microcosms every other day to determine the chlorophyll a (Chl a) concentration and the microbial abundance and community structure.



Measurements of Chlorophyll a Concentration and Microbial Abundance

For Chl a determination, about 100ml water samples were filtered onto GF/F filters (25mm, Whatman, Sigma-Aldrich, MO, United States) and extracted overnight at 4°C in absolute methanol. Then, each sample was centrifuged at 5,000× g for 10min to remove particulates, and the absorbance of the supernatant was determined using a UV-VIS spectrophotometer (Beckman Coulter, Brea, CA, United States). The Chl a content was calculated according to the formulae reported by Porra (2002).

Total bacterioplankton (including autotrophic and heterotrophic bacteria), virioplankton, and autotrophic picoplankton were counted with a flow cytometer (Epics Altra II, Beckman Coulter, United States; Marie et al., 1997; Jiao et al., 2002; Brussaard, 2004; Brussaard et al., 2010). After thawing, bacterioplankton samples were diluted in Tris-EDTA buffer (pH=8, Sigma-Aldrich) and then stained with SYBR Green I (10,000× final concentration in DMSO, Molecular Probes, Invitrogen, Carlsbad, CA, United States) for 15min in the dark at room temperature (about 25°C). Samples for virus counting were dyed with SYBR Green I for 10min at 80°C in the dark before analyzed. Abundance of autotrophic picoplankton (picoeukaryote, Synechococcus, and Prochlorococcus) could be directly detected by flow cytometry without dyeing. As an internal standard, 10μl of 1μm diameter fluorescent microspheres (Molecular Probes Inc.) was added to all samples before flow cytometry analysis. The data were obtained and analyzed with EXPOTM32 MultiCOMP software (Beckman Coulter) and FCM Express software (De Novo Software, version 3). Green fluorescence and side scatter were recorded and used as discriminators of bacterioplankton and virioplankton, while autotrophic picoplankton was identified in the plots of side scatter vs. red fluorescence and orange fluorescence vs. red fluorescence.



DNA Extraction, PCR, and Sequencing

Microbial cells were collected from a 1 L sample of each microcosm for bacterial community structure analysis using membrane filtration (0.22μm-pore-size Isopore membrane, Millipore, Billerica, MA, United States). To avoid nucleic acid degradation, samples were flash-frozen in liquid nitrogen and stored at −80°C until DNA extraction. Parallel samples were mixed, and total genomic DNA was extracted using a bacterial DNA extraction kit (Tiangen DP302, Beijing, China) following the manufacturer’s instructions. Amplification, library construction, and sequencing of the extracted DNA were conducted by the Shanghai Personal Biotechnology Co., Ltd. (Shanghai, China). The V4 region of the bacterial 16S rRNA gene was amplified with the primers 520F (5'– GCACCTAAYTGGGYDTAAAGNG–3') and 802R (5'–TACNVGGGTATCTAATCC–3'; Lu et al., 2018; Zhu et al., 2018). The DNA libraries were constructed using a TruSeq Nano DNA LT Library Prep Kit (Illumina, San Diego, CA, United States) following the preparation guide, and the amplicons were sequenced on the Illumina Miseq PE300 Platform.



Sequence Assignment and Data Analysis

All sequence analyses were performed using fast length adjustment of SHort reads version 1.2.7 (FLASH) and quantitative insights into microbial ecology version 1.8.0 (QIIME; Caporaso et al., 2010; Magoc and Salzberg, 2011). A total of 291,315 raw sequences were obtained, and high-quality sequences (quality score≥Q20 and without poly-N strings) longer than 150bp were reserved. The unique operational taxonomic units (OTUs) were clustered at 97% sequence similarity. The OTUs with only one sequence (singleton) were eliminated, and the same number of sequences from each sample were subsampled for further analysis. Classification was carried out using the SILVA database (release 132) with 80% cutoff (Quast et al., 2013). Rarefaction curves based on the identified OTUs were estimated by PAST (version 3.18; Supplementary Figure 2). The Good’s coverage, richness (Chao1), and diversity (Simpson’s and Shannon’s) indexes were calculated using QIIME. Clustering and non-metric multidimensional scaling (NMDS) analysis based on Bray-Curtis similarity of OTUs relative abundance were carried out using PRIMER 6 (version 6.1.16). To determine significant differences in bacterioplankton communities between HC and control and among different sampling days, the analysis of similarity (ANOSIM) was tested using PRIMER 6.



Statistical Analyses

The significance of differences in Chl a content, total bacterioplankton abundance, viral abundance, and Good’s coverage, Chao1, Shannon’s, and Simpson’s indexes between HC and the control were assessed by the paired-samples t-test using PASW statistical software (version 18.0.0). To determine the significance of differences in bacterioplankton communities between HC and the control and among different sampling times, statistical analysis of similarities was conducted using PRIMER 6. Significant differences in bacterioplankton community composition between HC and control at the phylum, class, order, family, and genus levels were detected using the statistical analysis of metagenomic profiles (STAMP) software package (Parks et al., 2014). To explore the relationship between bacterioplankton communities and environmental variables (pH, Chl a, bacterial abundance, and viral abundance), distance-based multivariate regression analysis (DistLM) was carried out using forward selection in Primer 6 with the PERMANOVA+ add on package (version 1.0.6).




RESULTS


Environmental Conditions

The abiotic and biotic characteristics of in situ seawater are shown in Supplementary Table 1. The initial pH value of seawater was 7.55, while the mean pH value of global seawater is estimated to be about 8.1. The temperature of the seawater collection was 17.5°C, and this temperature was maintained during the incubation period. The sampling station was located at a subtropical coastal ecosystem that was affected by saline water from the South China Sea. Therefore, the salinity at this location (31.55) was higher than that at other areas around Xiamen (about 23.86-30.00, unpublished data), and this result was consistent with prior studies (Liu et al., 2017; Wang et al., 2019). The collected seawater had an initial dissolved oxygen concentration of 8.68mgl−1. Similar to the results of other studies, the seawater was eutrophic and the nutrient concentrations of NO2−, NO3−, PO43−, and SiO32− were 7.11, 51.66, 1.38, and 34.40μmoll−1, respectively (Chen et al., 2019; Wang et al., 2019). The abundance of in situ bacterioplankton (1.43±0.07×106 cells ml−1) at the sampling station was consistent with published values for Xiamen Bay (Wang et al., 2019). The abundance of Synechococcus and picoeukaryotes was 2.40±0.15×103 cells ml−1 and 1.09±0.00×104 cells ml−1, respectively. In addition, no Prochlorococcus was detected at the sampling site.



Dynamics of Bacterioplankton Abundance

During the 5-day incubation period, phytoplankton abundance was assessed by the Chl a concentration, which increased from 1.39±0.00μgl−1 to 26.70±3.29μgl−1 in HC and from 0.93±0.00μgl−1 to 31.10±4.27μgl−1 in the control in the first 3-days and declined afterward (Figure 2A), and no significant difference in Chl a between HC and the control was found (t-test, p>0.05). The abundance of total bacterioplankton increased on day 1, dropped to the lowest values of 1.75±0.11×106 cells ml−1 in HC and 1.72±0.22×106 cells ml−1 in the control on day 3, and then slightly increased toward the end of the incubation period (Figure 2B). In addition, bacterial abundance was insensitive to elevated pCO2, although it was slightly higher in HC than in the control on day 1 of incubation. The bacterioplankton grew preferentially on the first day but not keep increasing concomitant with phytoplankton in the following days, and nutrients competition may be one of the reasons for the different growth patterns of bacterioplankton and phytoplankton (Thingstad et al., 2008; Zhang et al., 2017; Huang et al., 2018). During the incubation period, viral abundance in both HC and the control remained nearly constant with a range of 1.16–1.91×107 particles ml−1, and no significant difference between HC and the control was observed (t-test, p>0.05).
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FIGURE 2. Changes in Chl a concentration (A) and total bacterioplankton abundance (B) during incubation under elevated pCO2 (HC, about 1,000 μatm) or ambient pCO2 (Control, about 380–410 μatm) conditions in microcosm experiment. Error bars indicated SD of replicate samples.




Bacterioplankton Community Composition

After screening and quality control, a total of 230,562 high-quality sequences were obtained from all samples. Subsamples with 8,832 sequences from each sample were clustered into 403 to 686 OTUs at the 97% sequence similarity level (Supplementary Table 2). The richness of the bacterioplankton community was found to be invariable in the first 3-days but decreased to 71.33% in HC and 56.53% in the control on day 5 of the incubation period. Although the bacterioplankton community richness did change during the incubation period, it did not significantly differ between HC and the control (t-test, p>0.05; Figure 3). Likewise, bacterioplankton community diversity, as indicated by Shannon’s and Simpson’s indexes, decreased slightly on the last day and was not affected by elevated pCO2 (t-test, p>0.05; Figure 3). The results of the clustering and NMDS analyses showed that the bacterioplankton community composition changed during the incubation and was significantly different on day 5 of the incubation period than on other days (Figure 4). Further analyses revealed that the temporal shift in bacterioplankton community composition was significant (ANOSIM global test: global R=1, p=0.01). However, there was no evidence that elevated pCO2 affect the bacterioplankton community composition (ANOSIM global test: global R=−0.222, p>0.05).

[image: Figure 3]

FIGURE 3. Bacterioplankton community richness (A) and diversity (B,C) in elevated pCO2 (HC, about 1,000 μatm) and ambient pCO2 (Control, about 380–410 μatm) conditions. Changes in Chao1 index, Simpson’s index, and Shannon’s index over time are shown on the left. Boxplots on the right show responses of Chao1 index, Simpson’s index, and Shannon’s index to elevated pCO2 throughout the whole experiment.
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FIGURE 4. Clustering (A) and non-metric multidimensional scaling (NMDS; B) analyses showing relationships between the bacterioplankton communities in elevated pCO2 (HC, about 1,000 μatm, solid circles) and ambient pCO2 (Control, about 380–410 μatm, hollow circles) conditions during microcosm experiment. Similarities were based on Bray-Curtis similarity. Samples were clustered at a similarity level of 70% in NMDS analysis.


Overall, bacterioplankton communities were allocated to 26, 44, 125, 198, and 372 groups at the phylum, class, order, family, and genus levels, respectively (Supplementary Table 3). Bacterioplankton community compositions at the phylum, class, order, family, and genus levels (with relative abundance higher than 1%) are shown in Figure 5. Proteobacteria, which mainly consisted of Alphaproteobacteria and Gammaproteobacteria, were predominant in both HC and the control throughout the incubation period, accounting for about 57.17% of the bacterioplankton community (Figure 5). Bacteroidetes, Actinobacteria, Cyanobacteria, and Epsilonbacteraeota were also abundant in all microcosms and were not affected by elevated pCO2 (Figures 5, 6). The relative abundance of Bacteroidetes increased by about three-fold during the incubation period, while the proportion of Actinobacteria decreased to 16.67% (Supplementary Figure 3). As expected, Cyanobacteria reached to the highest abundance after 3-day incubation and were insensitive to elevated pCO2, consistent with the Chl a concentration (Supplementary Figure 3; Figure 6). Likewise, bacterial groups at finer levels varied over time but did not differ significantly between HC and the control (STAMP analysis, p>0.05; Figures 5, 6). These results suggested that dominant groups constantly changed over time resulting in a prominent temporal shift in the bacterioplankton community. However, contrary to our expectation, the relative abundance of these taxa did not differ significantly between HC and the control (t-test, p>0.05), indicating that the bacterioplankton community from the Xiamen coastal ecosystem remained stable under elevated pCO2 conditions upon a short-term incubation.
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FIGURE 5. Composition of bacterioplankton community at the phylum (A), class (B), order (C), family (D), and genus (E) levels in elevated pCO2 (HC, about 1,000 μatm) and ambient pCO2 (Control, about 380–410 μatm) conditions during incubation. Charts show relative abundance of taxa present at >1%.
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FIGURE 6. STAMP analysis of relative abundance of bacterioplankton communities at the phylum (A), class (B), order (C), family (D), and genus (E) levels between elevated pCO2 (HC, about 1,000 μatm) and ambient pCO2 (Control) conditions.


To identify the potential drivers of changes in the bacterioplankton community, DistLM-forward analysis was carried out to explore the relationships between environmental variables and the bacterioplankton community. However, the bacterioplankton community was not significantly correlated with any of the variables of the microcosms in this study, indicating that these variables could not explain the changes in the bacterioplankton community during the incubation period (Table 1).



TABLE 1. Relationship between bacterioplankton communities and environmental variables (pH, Chl a, bacterial abundance and viral abundance) in microcosms as determined by distance-based multivariate regression analysis with forward selection (DistLM-forward).
[image: Table1]




DISCUSSION

Our results showed that both the population size and community structure of bacterioplankton were not significantly affected by elevated pCO2 during 5-days of incubation, indicating that the bacterioplankton community in the coastal Xiamen Bay ecosystem was adaptable to the short-term elevated pCO2. Similar results were also observed in earlier investigations (Grossart et al., 2006; Newbold et al., 2012; Oliver et al., 2014). For instance, elevated pCO2 did not significantly affect the total bacterial cell count distributions in a marine picoplankton community under phytoplankton pre-bloom and post-bloom conditions (Newbold et al., 2012). Bacterioplankton communities were found to be highly resistant to short-term catastrophic pCO2 perturbation in a mesocosm experiment, and no significant differences in community abundance, structure, or composition were observed (Oliver et al., 2014).

Recently, a hypothesis was re-proposed that environmental stability might influence the sensitivity of the bacterioplankton community to climate change (Liu et al., 2010; Joint et al., 2011; Wang et al., 2021). In other words, many bacterioplankton communities are already adapted to changing environments due to long-term exposure to variable environmental conditions and subsequent influence. The evidence to date suggests that coastal communities might be more resistant or flexible under changing environmental conditions than communities in more stable environments such as open ocean gyres (Wang et al., 2021). In addition, many studies have detected minor effects of elevated pCO2 on bacterial abundance, while only few studies showed statistical significant responses which were mainly conducted in oligotrophic oceans, implying that nutrients might be an important influence on the relationship between bacterial population size and elevated pCO2 (Grossart et al., 2006; Allgaier et al., 2008; Newbold et al., 2012; Maas et al., 2013; Bergen et al., 2016; Lin et al., 2018; James et al., 2019; Xia et al., 2019; Allen et al., 2020; Crummett, 2020; Hu et al., 2021). Similarly, significant impacts of elevated pCO2 on bacterioplankton community diversity and composition also have been reported to be associated with nutrient regimes (Roy et al., 2013; Sala and Aparicio, 2016; Allen et al., 2020). By way of illustration, bacterioplankton community composition changed consistently in response to elevated pCO2 at the ultra-oligotrophic center of the South Pacific gyre, while no significant pCO2 treatment effect was found at the mesotrophic fringe of the South Pacific gyre (Allen et al., 2020). In general, therefore, it seems that bacterioplankton communities from coastal ecosystems were more stable in response to elevated pCO2 and these ecosystems were always characterized as rapidly changing and eutrophic.

The Xiamen coastal ecosystem is a typical subtropical coastal ecosystem that is subjected to complex geographical and environmental influences. One of the consequences caused by anthropogenic activities and hydrological factors was the drastic pH fluctuation in Xiamen coastal ecosystem. The highest pH value of Xiamen coastal water has exceeded 8.5, and the lowest was under 7.5 for the last few decades (Cai et al., 2016). In addition, the probability of acid rain in Xiamen reached up to 68.8%, and this might also contribute to the low pH of the seawater.1 Therefore, the bacterioplankton community in the Xiamen coastal region has already experienced the average surface ocean pH predicted to occur at the end of the century or even lower. Previous studies showed that the bacterioplankton community composition in an elevated pCO2 mesocosm would be more conserved through time and resistant to CO2 perturbation (Oliver et al., 2014). In addition, the variable pH in coastal ecosystems should also consider the effects of biological activity although the changes might be contrary to expectation in the future ocean. Biological driven diel fluctuations in pH could reach to 0.3–0.5 pH units in coastal ecosystems and even exceed 0.5 pH units during phytoplankton blooms or red tides (Joint et al., 2011; Hendriks et al., 2015). According to the records of red tide outbreak in the Xiamen coastal ecosystem, a total of 53 red tide events were recorded from 1986 to 2017 (Chen et al., 2021a). All these evidence indicated that the Xiamen coastal seawater has undergo drastic pH fluctuations on daily, seasonal, and even inter-annual scales. The coastal bacterioplankton communities in this area have probably adapted to these changes through processes including physiological acclimation and evolution (Evans and Hofmann, 2012). Moreover, as a result of the complexity and fluctuation in coastal habitats, bacterioplankton communities in coastal ecosystems were suggested to be highly variable reflecting the heterogeneity. And this heterogeneity might play a role in community stability (Zinger et al., 2011; Shade et al., 2012).

Prior studies have also noted the importance of trophic states in the response of the bacterioplankton community to ocean acidification. Bacterioplankton communities were suggested to be more resistant to ocean acidification in nutrient-rich waters (Roy et al., 2013; Sala and Aparicio, 2016; Allen et al., 2020). There was an experimental demonstration of the trophic effect in response of bacterioplankton to elevated pCO2 revealed that more pronounced pH homeostasis genes were aroused to cope with pH stress in oligotrophic marine environments compared with high-nutrient conditions (Bunse et al., 2016). Additionally, the high expression levels of pH homeostasis genes in some bacterial groups are at the expense of growth, and this can ultimately affect the composition and diversity of the bacterioplankton community (Bunse et al., 2016; Allen et al., 2020). However, the energy cost of pH homeostasis expression was not necessary for bacterial cells in eutrophic oceans. The evidence thus far supports the idea that physiological acclimation of the bacterioplankton community to elevated pCO2 is highly possible in eutrophic and highly changeable primitive environments.

Our results differ from those of a previous study on phytoplankton from the Xiamen nearshore, which showed that CO2 enrichment enhanced the relative abundance of Flavobacteria during the early stage of a phytoplankton bloom (Lin et al., 2018). Notably, we used in situ bacterioplankton communities in our study, while the previous study introduced an artificial phytoplankton community into mesocosms system and conducted the incubation for a longer period (Lin et al., 2018). Therefore, one explanation for the differences in results might be that our 5-day incubation was too short to detect the long-term responses of the bacterioplankton community to seawater acidification, since Flavobacteria only showed increased relative abundance in the HC treatments at day 10 in the study of Lin et al. (2018). Another possible explanation is that artificial phytoplankton inoculated in the mesocosms influenced the competitive ability of Flavobacteria group at high pCO2 level. In addition, the possible interference of bacterial community (including Flavobacteria) of the inoculated phytoplankton cultures could not be ruled out although the authors thought natural bacterioplankton was the determiner of responses to different CO2 concentrations.



CONCLUSION

Bacterioplankton communities response to elevated pCO2 in coastal regions are supposed to be foresight and important. Our results suggest the bacterioplankton community in the coastal region of Xiamen appears to be adaptable to the short-term elevated pCO2 on account of the eutrophic and changeable habitat. To understand the ecological processes and mechanism underlined these phenomena, better experimental setup (e.g., >3 replicates), more comprehensive analysis of relevant environmental parameters (such as dynamics of organic and inorganic nutrients) and including other ecological components (e.g., heterotrophic nanoflagellates and phytoplankton) are required. In addition, given the influences of long-term environmental exposures on microbial phenotypic plasticity, acclimation, and evolutionary adaptation, this study cannot rule out the long-term effects of ocean acidification on coastal bacterioplankton communities. Thus, further experimentation at multiple temporal scales are needed to address issues related to acclimation and adaptation. Considering the diversification of coastal marine ecosystems caused by specific hydrogeological conditions and anthropogenic activities, predicting how coastal bacterioplankton communities will respond to elevated pCO2 requires more investigations in more coastal ecosystems. Overall, the findings of this study contribute to our knowledge of bacterioplankton community responses to ocean acidification in coastal area and highlight the need for further research toward to understanding the long-term effects of ocean acidification on dynamic coastal ecosystems.
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To examine the influence of mesoscale eddy on the natural phytoplankton community and its sinking rate changes, a comprehensive investigation cruise was carried out in the western South China Sea in autumn 2016. A total of 108 phytoplankton species were found, which belong to 54 phytoplankton genera; most of them were dominated by Dinophyta (54 genera), followed by Bacillariophyta (50 genera), Cyanophyta (3 genera), and Chrysophyta (1 genus). Bacillariophyta and Dinophyta were the main phytoplankton communities in the investigated sea area. The sinking rate of phytoplankton ranged from 0.12 to 3.17 m day–1, determined by the SETCOL method. The highest phytoplankton sinking rate was found in the 200-m water layer, followed by the DCM layer. No significant correlation was found between phytoplankton sinking rates and most of the environmental parameters during this cruise. At a similar time, we have carried out the estimation of carbon flux in the investigated sea area by using the sinking rate of phytoplankton, which showed that the carbon flux ranged from 2.41 × 10–6 to 0.006 mg C m–2 day–1; in addition, the maximum was at the 200-m layer. Phytoplankton community and sinking rate were significantly affected by the mesoscale eddy processes. The cold eddy could affect the community distribution of diatom and dinoflagellate, and the upwelling mainly affects the community of dinoflagellate. Both of them could contribute to a higher sedimentation rate of phytoplankton in the surface and DCM layers. Warm eddy could reduce the abundance of phytoplankton in the surface layer; simultaneously, the sinking rate of phytoplankton in the shallow water layer above 100 m is also reduced. These results can fill in the knowledge gap of mesoscale eddy processes in the study of phytoplankton community change and sinking rate; furthermore, it can provide insights into phytoplankton carbon and its implementation in further carbon sink.
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INTRODUCTION

The largest ecosystem on earth is the marine ecosystem. The sea surface occupies nearly 71% of the earth’s surface, and seawater accounts for about 97.5% of the earth’s water (Peng, 2000). As a component and regulator in marine ecosystem, phytoplankton play an important role in the global carbon cycle (Sun, 2011). Phytoplankton can trap approximately 3 to 5 billion tons of carbon per year, which accounts for 40 to 50% of the world’s total primary productivity (Raymont, 2014). Although marine phytoplankton are tiny individuals and only account for 1% of the total global plant life, they fix as much net carbon dioxide as land plants, and perform nearly half of photosynthetic carbon fixation and half of the oxygen production (Hutchins and Boyd, 2016). In terms of spatial and temporal distribution, phytoplankton are more widely distributed and can respond more rapidly to environmental changes and, thus, are important to the global carbon cycle (Behrenfeld, 2014; Behrenfeld et al., 2017).

The South China Sea (SCS) is one of the largest semi-enclosed marginal sea, located in the tropical and subtropical regions of Southern Asia (Su, 2004; Guan and Yuan, 2006). The SCS, which is located in the East Asian monsoon region, has its own circulation structure, in which the circulation brought by the monsoon can affect the upper waters in the sea area (Fang et al., 2002). Affected by the monsoon and complex terrain, some mesoscale physical processes are expected to form in this sea area, such as mesoscale eddies, upwellings, and riverine input (Xue et al., 2001; Wu et al., 2002; Wu and Li, 2003; Lu et al., 2010). In the SCS, the southwest monsoon prevails in summer and autumn, and the northeast wind prevails in winter (Su, 2004; Guan and Yuan, 2006). Due to the monsoon, mesoscale physical processes can significantly affect the growth and distribution of phytoplankton by altering the marine environment (Liao et al., 1999; Shiah et al., 2000; Wu et al., 2016). The western South China Sea (wSCS) is one of the main regions with active mesoscale physical processes (Zhuang et al., 2010). In the wSCS, one study reported that the total chlorophyll a (Chl-a) in the warm eddy area increased significantly while that in the cold eddy area did not change significantly. In the meantime, the contribution of Haptophyta decreased while that of Prochlorococcus and Synechococcus increased in the warm eddy area. In the cold eddy area, the Bacillariophyta contribution increased, while the Synechococcus contribution decreased (Zhong et al., 2013). Another study confirmed that compared with cyclonic vortices, anticyclonic vortices in the wSCS in summer have a more prominent impact on Chl-a, leading to lower concentrations of Chl-a (He et al., 2019). Another previous study found that the cold eddy water in wSCS contained higher nutrient salts, which could significantly improve the primary productivity of the sea area (Leng et al., 2016).

It is generally considered that directly sinking phytoplankton cells are major contributors to carbon export from surface layers, and it is an important part of ocean carbon sink (Boyd and Newton, 1999; Sun, 2011). It has been found that phytoplankton cells can regulate their sinking rate in a number of ways, such as their physiological state (Steele and Yentsch, 1960; Eppley et al., 1967), their morphology (Stokes, 1851; Kromkamp and Mur, 1984; Reynolds, 1987; Pitcher et al., 1989), light (Bienfang, 1985), and environmental factors such as temperature (Eppley, 1972) and nutrients (Titman and Kilham, 1976). At present, the SECTOL method described by Bienfang (1981) is generally accepted as the most accurate method to calculate the precipitation rate of phytoplankton, which can measure not only phytoplankton community sinking rate but also species-specific sinking rate (Pitcher et al., 1989; Peperzak et al., 2003; Pantorno et al., 2013). A recent study has shown that in the Changjiang (Yangtze River) estuary, a significant correlation was observed between phytoplankton sinking rate and phytoplankton community structures in the surface layer: the higher dominance of Bacillariophyta in the phytoplankton community corresponded to higher phytoplankton sinking rate (Guo et al., 2016). In the present study, in order to explore the influence of mesoscale physical processes on phytoplankton community structure and sinking rate in the wSCS, 64 initial water samples of phytoplankton, 192 sinking rate samples, and 576 Chl-a samples were measured in 16 stations. This study may yield a better understanding of the mesoscale physical processes on phytoplankton communities and sinking rate in the wSCS.



MATERIALS AND METHODS


Study Area and Sampling Stations

This research was carried out to determine phytoplankton community and sinking rate in the western part of the SCS (110.48–114.00 °E, 10.04–15.45 °N) from September 22 to October 11, 2016, by the RV “Experiment 3.” A total of 16 sample stations were used for sample collection. The sampling stations are shown in Figure 1. A variety of mesoscale physical processes (cold eddy, warm eddy, upwelling, and diluted water) occurred during the sampling, which had a great influence on the content of this study. According to where mesoscale physical processes occurred, this paper selects four regions (C: cold eddy, W: warm eddy, U: upwelling, and R: riverine input) that have significant influence on mesoscale physical processes.
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FIGURE 1. The investigation map in the western South China Sea (C: areas affected by cold eddy; W: areas affected by warm eddy; U: areas affected by upwelling; and R: areas affected by riverine input).




Sampling and Analysis

At each sampling station, the Seabird CTD was used to record the temperature, salinity, and fluorescence intensity of the seawater. Simultaneously, according to the fluorescence distribution, four layers (surface layer, maximum Chl-a layer, 100-m layer, and 200-m layer) were set, and 7-L seawater samples were collected from each layer, to determine Chl-a concentration, nutrient concentration, phytoplankton community, and phytoplankton sinking rate.

In this study, the concentration of Chl-a was determined by a fluorescence method (Welschmeyer, 1994). Two-liter seawater samples were filtered by GF/F film of 25 mm, and the filter film was kept under shading at −20°C. Chl-a was extracted in the dark with 90% acetone for 24 h at −20°C and measured with a Turner-Designs Trilogy TM fluorescence analyzer. Continuous Flow Auto Analyzer (Bran + Luebbe) was used to determine the concentration of nutrient such as NH4-N, NO3-N, PO4-P, SiO3-Si, and NO2-N in the laboratory (Liu et al., 2011). The structure of phytoplankton community was analyzed by the Utermöhl method (Sun et al., 2002). The identification of phytoplankton species taxa in the study area mainly referred to the article written by Sun et al. (2007). Cell volume conversion of phytoplankton was carried out according to the geometric model of cell volume (Sun and Liu, 2003). Carbon content and equivalent sphere diameter (ESD) of phytoplankton cells were converted according to cell volume (Eppley et al., 1970). The sinking rate of phytoplankton was determined by the SETCOL method (Bienfang, 1981). In order to acquire data with more credibility, four parallel water samples were set in each water layer, and each plexiglass column with a height of 0.53 m and a volume of 1,080 ml (Figure 2) was filled completely with a homogeneous seawater sample and capped. After sinking for 2 h, the water samples from one of the columns were collected in sequence from outlets 1, 2, and 3, the sinking rate of phytoplankton of each species was calculated in one column (red box), and the other three columns were used to calculate the total phytoplankton sinking rate.
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FIGURE 2. Application of SETCOL method in this study (Bienfang, 1981).




Data Analysis

The calculation formula of phytoplankton dominance (Y; Sun and Liu, 2004) is as follows:
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where ni is the cell abundance of species i phytoplankton species in all samples, N is the cell abundance of all species, and fi is the frequency of occurrence for species i in all samples.

The sinking rates of phytoplankton is calculated as follows (Bienfang, 1981):
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where ψ is sinking rate, Bs is the biomass settled into the bottom compartment, Bt is the total biomass in the column, L is the height of the column, and t is the settling interval.

Phytoplankton cell carbon and ESD were calculated by the following formula (Eppley, 1972):

[image: image]

[image: image]

[image: image]

where C is the carbon of per cell (pg C cell–1) and V is the cell biovolume of each species (μm).

The carbon flux (F) of phytoplankton is calculated according to the following formula:
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where F is phytoplankton carbon flux, ψa is the average of the sedimentation rate in water column, and Ca is the average of the phytoplankton biomass carbon.

In this study, Ocean Data View was used to draw and analyze the location map of the sampling station and the temperature and salinity distribution map. The Chl-a distribution and phytoplankton community composition were plotted and analyzed by Origin 2016. SPSS14.0 software was used to analyze the correlation between phytoplankton sedimentation rate and environmental factors.




RESULTS


Hydrographic Conditions of the Survey Area

The planar distribution of temperature, salinity, and nutrient (DIP: dissolved inorganic phosphorus; DIN: dissolved inorganic nitrogen; and DSi: dissolved inorganic silicate) at each water layer is shown in Figure 3. The temperature of the survey sea area ranged from 12.98 to 29.95°C (average = 21.38 ± 5.77°C; Figures 3A–D). The salinity ranged from 31.66 to 34.64 PSU (average = 34.20 ± 0.65 PSU; Figures 3E–H). In the north part of the survey area, an obvious area of low temperature and high salinity at shallow water above 100 m (blue box) proves that there had been a cold eddy in the survey area. In the middle of the survey sea area, the lowest temperature and the highest salinity of each water layer were found (blank box). Combined with the previous studies, it can be proved that it was an upwelling region (Wu and Li, 2003; Xie et al., 2003; Hu and Wang, 2016). In the eastern part of the sea area, an area of high temperature and low salinity was found between the DCM layer and the 100-m layer (red box), which proved that a warm eddy occurred here. At the bottom of the survey area, high temperature and low salt surface water appeared (orange box), indicating that this area was heavily affected by riverine input water.
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FIGURE 3. The horizontal distributions of temperature (Tem) (°C), Salinity (Sal) and nutrient concentration in the western South China Sea in autumn 2016. (A) Surface temperature. (B) DCM layer temperature. (C) 100 m layer temperature. (D) 200 m layer temperature. (E) Surface salinity. (F) DCM layer salinity. (G) 100 m layer salinity. (H) 200 m layer salinity. (I) surface DIP concentration. (J) DCM layer DIP concentration. (K) 100 m layer DIP concentration. (L) 200 m layer DIP concentration. (M) Surface DIN concentration. (N) DCM layer DIN concentration. (O) 100 m layer DIN concentration. (P) 200 m layer DIN concentration. (Q) Surface DSi concentration. (R) DCM layer DSi concentration. (S) 100 m layer DSi concentration. (T) 200 m layer DSi concentration.


The concentration of DIP, DIN, and DSi varied from 0 to 1.48 μmol L–1 (average = 0.52 ± 0.43 μmol L–1; Figures 3I–L), 0.26–17.98 μmol L–1 (average = 6.52 ± 4.90 μmol L–1; Figures 3M–P), and 0.44–20.44 μmol L–1 (average = 6.36 ± 5.58 μmol L–1; Figures 3Q–T), respectively. In addition to the surface layer, the concentration distribution of nutrients in other water layers is similar in response to mesoscale physical processes: in the cold eddy area and the upwelling area, the concentration of all kinds of nutrients was high; in the warm eddy region, the nutrient concentration was low. In the surface seawater, the DIP concentration was higher in the riverine input area and the cold eddy area, while the concentration in other areas was lower; DIN concentration was lower in the cold eddy area, the upwelling area, and the dilute water area; and the concentration of DSi was lower in the cold eddy region and the upwelling region, while it was higher in the warm eddy region.



The Distribution of Chlorophyll a and the Phytoplankton Community Structure

Through microscopic examination of the samples in the wSCS in the autumn of 2016, a total of 108 phytoplankton species were identified belonging to 54 genera from the samples collected in the present investigation, including 50 species of Bacillariophyta, 54 species of Dinophyta, 3 species of Cyanophyta, and 1 species of Chrysophyta. Bacillariophyta and Dinophyta were the main phytoplankton communities in the investigated sea area, whose species number accounts for 96% of the total phytoplankton species. The dominant phytoplankton species in the sea area are shown in Table 1. The most dominant species was Trichodesmium thiebautii. After removing all cyanobacteria, the dominance of Coscinodiscus argus was significantly higher than other species, accounting for 31% of the total phytoplankton cell abundance.


TABLE 1. Dominant species in the western South China Sea in autumn 2016.
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In order to intuitively compare the effects of mesoscale physical processes on phytoplankton abundance and community distribution, the stations were divided into five regions: region C affected by cold eddy (S46, S50, S53, S56, S60, and S64); region U affected by upwelling (S74, S78, S87, and S90); region W affected by warm eddy (S82 and S98); region R affected by riverine input (S92 and S95); and others that were not affected by mesoscale physical process. The concentration of Chl-a and the distribution of phytoplankton cell abundance at each station in the investigated sea area are shown in Figure 4. The variation range of Chl-a concentration was 0.003–0.666 μg L–1, with an average value of 0.117 μg L–1. The concentration of Chl-a has little correlation with the abundance of phytoplankton cells, which may be related to the different phytoplankton species in each water layer after the influence of mesoscale physical processes. The cell abundance of T. thiebautii had no significant contribution to the concentration of Chl-a. For example, in the surface layer of S95 and the DCM layer of S69, T. thiebautii account for 96.0 and 98.3% of the total cell abundance, respectively, but the concentration of Chl-a was below the other stations. The cell abundance of diatom directly affected the concentration of Chl-a. In this study, it was found that the concentration of Chl-a in the DCM layer was always high in the station with high abundance of C. argus, such as S90 and S64.
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FIGURE 4. Schematic diagram of Chl-a concentration (μg L–1) and phytoplankton cell abundance (cell L–1) at the survey station in the western South China Sea in autumn 2016. (A) 5 m layer; (B) DCM layer; (C) 100 m layer; and (D) 200 m layer.


Both the cold eddy and upwelling brought the deep cold water to the upper layer. Because each station had a different effect, in this study, according to the distribution of temperature and salinity, the most influential stations were selected for analysis. The most affected station in the cold eddy area was S53, in which the cell abundance of diatom increased significantly. The most affected stations in the upwelling area were S90 and S87; the cell abundance of diatom was significantly increased. The rise in cell abundance of diatom is caused by the cold eddy and upwelling, in which the main species was C. argus. As a result of warm eddy, T. thiebautii in the surface layer was brought to the DCM layer at S82. The surface seawater of S92 and S95 was affected by fresh water, and the cell abundance was significantly higher than the other stations, among which T. thiebautii is greatly abundant. It was preliminarily concluded that the fresher water brought the extreme abundance of T. thiebautii.



Carbon Biomass of Phytoplankton

The carbon biomass of dominant phytoplankton species and other species in the survey area is shown in Figure 5. The variation range of phytoplankton carbon biomass was 4.36 × 10–5–0.07 mg C L–1, and the mean value was 0.002 mg C L–1. The largest phytoplankton carbon biomass was in the DCM layer, and most of the phytoplankton carbon biomass were contributed by C. argus. In region C and region U, it can be seen that C. argus has the least contribution to the carbon biomass in the surface layer and has a great contribution in the DCM layer and 100-m layer. According to the formula in section “Sampling and analysis,” the ESD of C. argus is about 58.294 μm. Compared with other dominant species, C. argus is larger in size and does not have characteristics that can resist sedimentation, so it can easily live in the DCM layer and deeper water layer. In this study, it was found that cold eddy and upwelling could bring the deep sea water that is rich in C. argus to the surface, and C. argus only stayed on the surface for a short time and then continued to sink to the DCM layer or deeper layers. Warm eddy brought phytoplankton from the surface to the deep water, leading to the increase of carbon biomass in the deep water. The riverine input brought a high abundance of cyanobacteria from the river to the ocean, leading to the highest carbon biomass in the surface water.
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FIGURE 5. The carbon biomass (mg C L–1) of phytoplankton at the survey station in the western South China Sea in autumn 2016. (A) 5 m layer; (B) DCM layer; (C) 100 m layer; and (D) 200 m layer.




Sinking Rate of Phytoplankton

The sinking rate of phytoplankton is shown in Figure 6. The range of the sinking rate of phytoplankton was 0.12–3.17 m day–1, and the average value was 0.72 m day–1. The sedimentation rate of phytoplankton was highest in the 200-m layer and relatively low in all other three water layers. The sedimentation rate of phytoplankton is governed by multiple factors. In this study, we found that various mesoscale physical processes in the marine area and the cell abundance of C. argus had the most significant effects on the sedimentation rate. What is more, different mesoscale physical processes affect the sedimentation rate by influencing the phytoplankton community distribution. The sinking rate of the DCM water layer at S60 and S64 in region C was relatively high, and the percentage of C. argus in diatom was 52.9 and 87%, respectively. Similarly, the sinking rate was the highest at S90 in region U, and the C. argus proportion of diatom in the DCM layer was 93%. The sinking rate of region W was relatively low in the surface layer to the 100-m layer, mainly because the warm eddy brought the surface sea water and active surface phytoplankton to the deep layer, which was caused by the upward movement of phytoplankton. The surface seawater of region R contains abundant phytoplankton, which were obtained from the riverine input, leading to the high sinking rate.


[image: image]

FIGURE 6. Sinking rate (m day–1) of phytoplankton at the survey station in the western South China Sea in autumn 2016.




Carbon Flux of Phytoplankton

The vertical distribution of phytoplankton carbon flux in the surveyed sea area is shown in Figure 7. The carbon flux of phytoplankton could directly represent the contribution of phytoplankton to carbon in each water layer. The variation range of phytoplankton carbon flux was 2.41 × 10–6–0.006 mg C m–2 day–1, and the average value was 0.0002 mg C m–2 day–1. Cold eddy and upwelling caused the carbon flux values of phytoplankton in the DCM layer to increase, with the most pronounced performance at station S90. Warm eddy caused lower carbon flux in all phytoplankton layers, as represented by station S98. The riverine input of fresh water caused the carbon flux of surface phytoplankton to increase, highlighted at station S92 (Figure 7A). Phytoplankton carbon flux was highest in the 200-m layer, followed by the DCM layer, and lowest in the 100-m layer (Figure 7B).


[image: image]

FIGURE 7. Carbon flux (mg C m–2 day–1) of phytoplankton at the survey station in the western South China Sea in autumn 2016. (A) Phytoplankton carbon flux in each water layer under various mesoscale physical processes; (B) summary of phytoplankton carbon flux at each station in four water layers.





DISCUSSION


The Sinking Rate of Phytoplankton and Its Controlling Environmental Factors

The correlation analysis results between the sinking rate of phytoplankton and the environmental factors in each water layer of the investigated sea area are shown in Figure 8. It has been found that the sinking rate of phytoplankton measured in the laboratory was mainly determined by environmental parameters (Bienfang, 1984; Johnson and Smith, 1986; Muggli et al., 1996; Pantorno et al., 2013). Different from the previous research, the results of this study showed that the sinking rate of phytoplankton was not significantly correlated with most environmental factors especially nutrient concentrations, which was similar to the research results of Guo et al. (2016). The sinking rate of phytoplankton in the 100-m water layer had a significant negative correlation with temperature, while the partial nutrient concentration in the DCM layer and 100-m layer had a positive effect on the sinking rate. In laboratory experiments, phytoplankton lived in a stable hydrological environment, and the sinking rate was greatly affected by environmental factors. However, due to the interaction of various mesoscale physical processes, the environmental parameters in the investigated sea area were changeable, so the environmental parameters had little influence on phytoplankton in the field experiment.
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FIGURE 8. Relationships between phytoplankton sinking rate and environmental parameters in the survey area in the western South China Sea in autumn 2016. Pearson correlation coefficients (r) ranged from negative to positive and are indicated by color intensity changing from dark blue to red, respectively. **p < 0.01; *p < 0.05 (two-tailed). Tem: Temperature; Sal: Salinity; PO43–, NH4+, NO2–, NO3–, SiO32–: concentration of each component.




The Sinking Rate of Dominant Phytoplankton Species

The sinking rate of phytoplankton was affected by many factors. In order to explore whether cell morphology has a significant effect on the sinking rate of phytoplankton, the first 20 dominant species were selected to compare their cell ESD, direct measurement sinking velocity, and real specific vertical flux of a single species (Table 2). The sinking rate of phytoplankton was correlated with community structure (Culver and Smith, 1989). The sinking rate of Bacillariophyta was generally higher than that of Dinophyta, while that of Cyanophyta was the lowest. According to Stokes’ law, both cell size and cell density were important factors to determining the sinking rate. As shown in Figure 9, there was no significant correlation between the sinking rate of phytoplankton and its own cell size, which indicated that the cell density of phytoplankton had a greater influence on the sinking rate. Culver and Smith (1989) and Muggli et al. (1996) found that the sinking rate of phytoplankton cells was related to the physiological activity of the cells. Many studies had shown that the impact of water flow on phytoplankton was also extremely important. The scientists believed that water disturbance could reduce the precipitation rate of phytoplankton (Walsby and Reynolds, 1980; Lande and Wood, 1987); Other scientists suggested that water disturbance would accelerate the rate of phytoplankton deposition (Ruiz et al., 1996, 2004). Therefore, it is not enough to research the sinking rate of phytoplankton in the whole sea area by a single factor. More detailed studies on phytoplankton sinking rate should be carried out from various perspectives, such as phytoplankton cell density, cell physiological activity measurement, and sea water characteristics.


TABLE 2. The equivalent spherical diameter (ESD), direct measurement sinking velocity (DMSV), and real specific vertical flux (RSVF) of the first 20 phytoplankton taxa in the survey area in the western South China Sea in autumn 2016.
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FIGURE 9. The ESD (μm) and DMSV (m day–1) scatter plots of the first 20 phytoplankton taxa in the survey area in the western South China Sea in autumn 2016.




Response of the Sinking Rate to Mesoscale Physical Processes

The SCS, which is located between the Indian monsoon and Asian monsoon region, is subject to seasonal risk control all year round, resulting in a multi-eddy structure (Wyrtki, 1961; Chen and Yang, 2010). Owing to the strong vertical stratification throughout the SCS, the growth of surface phytoplankton is limited by nutrient concentrations (Ning et al., 2004). Hence, the generation and reduction of numerous eddies can vary the amount of nutrients entering the euphotic layer and play an important role in the growth and distribution of phytoplankton (McGillicuddy et al., 2003; Lin et al., 2010; He et al., 2019). During the summer, an offshore rapid flow from the southwest to the northeast usually forms at about 12°N in the eastern part of Vietnam due to the influence of the southeast monsoon, which transports the cold water masses generated by the coastal upwelling to the basin area (Xie et al., 2003; Liang and Tang, 2017). The rapids are part of a cold–warm eddy dipole structure in the western part of the SCS during summer, located between the cold and warm eddies (Wang et al., 2006; Gan and Qu, 2008). The northern part of the rapids is frequently subjected to eruptive algal blooms into the basin, which explains the phytoplankton blooms in the western part of the SCS in summer (Tang et al., 2004a,b). The study of mesoscale physical processes has special significance for the development of ecology, chemistry, biology, and other disciplines. Therefore, mesoscale vortex plays a very important role in biogeochemistry.

The correlation findings obtained in this study can be briefly summarized in conjunction with Figure 10. Due to the influence of cold eddy, the nutrient concentration of each water layer was relatively higher; furthermore, the concentration of Chl-a in the DCM layer was the highest at all stations except S53, which caused the maximum Chl-a layer to move up. The cell abundance of Bacillariophyta was larger in the DCM layer and the 100-m layer; C. argus, Coscinodiscus subtilis, Thalassionema nitzschioides, and Thalassionema frauenfeldii accounted for a large proportion, while Dinophyta was larger in the 5-m layer and DCM layer, mainly dominated by Prorocentrum compressum and Prorocentrum lenticulatum. The sinking rate of phytoplankton was higher in the 200-m layer and the DCM layer, but decreased in the 5-m layer. It is worth noting that the C. argus with high abundance appeared in both S60 and S64, and their sinking rates were very high in the DCM layer. Influenced by the cold eddy, a large number of C. argus were carried to the upper sea water, leading to a faster sinking rate of phytoplankton in the DCM layer. Surface phytoplankton were mainly Prorocentrum brought by cold eddy, and due to sufficient illumination and abundant nutrients, their physiological state was more active and thus the sinking rate was slower. In the area affected by upwelling, the nutrient concentration of each water layer increased, and the concentration of Chl-a was the highest in the DCM layer, followed by the 5-m layer. The cell abundance of Bacillariophyta at all stations except S87 showed an increasing trend with the deepening of water layer, in which the main species were T. nitzschioides, T. frauenfeldii, and C. argus. S87 showed the highest abundances in the 5-m layer; however, the dominant species were still T. nitzschioides and T. frauenfeldii. This is mainly due to the two species with high abundances at S87 that existed in single branches examined under the microscope, while at other stations, they existed in bunches or clusters; this form could not be easily carried to the upper seawater, such that the abundances increased in the deeper layers. The response to the upwelling was the most significant at S90, the C. argus cell abundance in this station was absolutely dominant, and the sinking rate was the highest at the DCM layer, reaching 3.17 m day–1. Generally speaking, the upwelling was associated with the cold eddy (Chai et al., 2001), and the high cell abundance of individual diatom species (such as C. argus) and the high phytoplankton sinking rate in the DCM layer in the study area were mainly affected by the cold eddy and the upwelling. It is inferred that there may be a connection between the abnormally high values of C. argus and the algal blooms formed by the rapids. In the area affected by the warm eddy, the concentration of nutrient in each water layer was decreased. The effect of warm eddy on Chl-a concentration was not obvious; the DCM layer was the largest, and the 200-m layer was the lowest. The cell abundance of Bacillariophyta at the 100-m layer was the largest, mainly of T. nitzschioides and T. frauenfeldii, while the cell abundance of Dinophyta at the 5-m layer and DCM layer was the largest, mainly of P. lenticulatum. Cyanophyta only appeared in the DCM layer. This means that warm eddy carried Bacillariophyta and Cyanophyta from the upper layer to the deeper water, and Dinophyta were still distributed in the upper layer because they could move by themselves. The influence of warm eddy on phytoplankton sinking rate was mainly reflected in the surface layer, while the values of sedimentation rate in the DCM and 100-m layer were lower and minimized in the DCM layer. This is mainly caused by the upward movement of phytoplankton as warm eddy carries the phytoplankton from the surface to deeper layers. Part of the sea area under investigation was affected by the fresh water, resulting in a high abundance of phytoplankton species and quantities in the surface layer and an increase in the number of dinoflagellate in the DCM layer, mainly Prorocentrum and Gymnodinium. The sinking rate in the surface layer was higher than that in the DCM layer and 100-m layer.
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FIGURE 10. A conceptual schematic for the phytoplankton community and the sinking rate response to mesoscale physical processes (the blue solid line represents cold eddy, the green represents upwelling, the red represents warm eddy, and the orange represents riverine input water).





FINAL CONCLUSION

There were many kinds of mesoscale vortices in the investigated sea area, and their effects on phytoplankton community and sinking rate were significant. The sinking rate of the DCM layer increased due to the cold vortex and the upwelling, and the response of C. argus was the largest. Warm eddy could reduce the sinking rate of phytoplankton in shallow water above 100 m. The carbon flux of phytoplankton showed that the bottom layer had the largest carbon flux, followed by the DCM layer, and the 100-m layer was the smallest, which could be well explained by the sinking rate of phytoplankton. The faster the sinking rate was, the greater the carbon flux contributed by phytoplankton. The division of mesoscale physical process regions in this study is mainly based on the in situ temperature and salinity data and the results of previous studies, but there is a lack of investigation and research related to the rapids in the sea area. Moreover, the sinking rate obtained in the experiment is only a relatively rough value, without considering the direction and velocity of the eddies in the sea area, which can still reflect the response of the phytoplankton community structure and sinking rate to the mesoscale physical processes. It was expected to provide basic data to study the response of phytoplankton sinking rate to mesoscale vortices in the SCS, and more accurate and specific studies are needed in the future.
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Marine Group II (MGII) archaea (Poseidoniales) are the most abundant surface marine planktonic archaea and are widely distributed in both coastal and pelagic waters. The factors affecting their distribution and activity are poorly understood. MGII archaea have the metabolic potential to utilize algae-derived organic matter and are frequently observed in high abundance during or following phytoplankton blooms, suggesting that they are key players of the marine food web. In this study, we studied interactions between MGII archaea and the diverse taxa of phytoplankton in the northern coast of South China Sea. Non-metric multidimensional scaling and cluster analyses demonstrated distinct MGII community patterns in the Pearl River plume (PRP) and the open regions of the northern South China Sea (ONSCS), with MGIIb dominating the former and MGIIa and MGIIb showing remarkable variations in the latter for the same sampling season. Nevertheless, positive correlations (Pearson correlation: R > 0.8 and P < 0.01) in absolute abundances of ribosomal RNA (rRNA)-derived complementary DNA and rRNA genes from network analyses were found between MGII archaea and phytoplankton (cyanobacteria, haptophytes, and stramenopiles in both PRP and ONSCS) among different particle size fractions, indicating their intrinsic relationships under changing environmental conditions. The results of this study may shed light on the multiple interactions between co-existing species in the micro-niches of different oceanic regions.
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INTRODUCTION

Planktonic archaea are one of the fundamental life forms in the ocean and play essential roles in ecological function and biogeochemical cycles. They amount up to ∼1.3 × 1028 cells, in the same order of magnitude as the bacteria in seawater (Karner et al., 2001). The major archaeal group Marine Group II (MGII) is widely distributed in the global ocean (Massana et al., 2000; Wendeberg et al., 2002; Zhang et al., 2015) and has relatively higher biomass in the surface waters than in the deep waters of the open ocean (Karner et al., 2001; Wendeberg et al., 2002; Alderkamp et al., 2006; Lincoln et al., 2014; Liu et al., 2017; Xie et al., 2018; Santoro et al., 2019). MGII archaea are recently named Candidatus Poseidoniales at the order level, which comprises two major family-level groups, namely, MGIIa (Candidatus Poseidonaceae) and MGIIb [Candidatus Thalassarchaeaceae, previously named as Thalassarchaea (Martin-Cuadrado et al., 2015)], each comprising of numerous ecologically and metabolically diverse subclades or genera (Rinke et al., 2019; Tully, 2019).

Aquatic phytoplankton is one of the most important co-existing microorganisms with MGII archaea; the latter are presumed to consume the organic substrates released by the former (Stoica and Herndl, 2007; Hugoni et al., 2013; Lima-Mendez et al., 2015). MGII were observed to co-exist with a variety of phytoplankton such as dinophyta, chlorophyta, bacillariophyta, and cyanobacteria in the Pearl River mouth (Xie et al., 2018; Wang et al., 2019). They were also found to co-occur with green algae (chlorophyta)-Micromonas pusilla and Bathycoccus, haptophyta-Phaeocystis, and cryptophyta-Teleaulax or in a delayed phase with diatom-Chaetoceros and rhaphidophyta-Heterosigma in other coastal waters (Orsi et al., 2015; Needham and Fuhrman, 2016; Needham et al., 2018; Orellana et al., 2019). All MGIIa and nearly half of MGIIb genomes possess the archaeal flagella gene operon. It is suggested that flagella are used by these archaea to attach to phytoplankton cells (Lassak et al., 2012; Rinke et al., 2019). Chitinase, glycoside hydrolase, and protease expressed by MGII archaea may have the function of cracking high-molecular-weight organic matters such as oligosaccharide agarose or agaropectin from intact phytoplankton biomass (Martin-Cuadrado et al., 2015; Zhang et al., 2015; Orsi et al., 2016; Rinke et al., 2019; Tully, 2019; Damashek et al., 2021).

Most of the above-mentioned co-occurrence studies were based on the relative abundances of MGII archaea and phytoplankton. It is unclear how the diverse subgroups of MGII archaea interact with specific phytoplankton types in the coastal waters (Galand et al., 2010; Orsi et al., 2015; Xie et al., 2018), and thus the potential phytoplankton control on the distribution of MGII archaeal populations in coastal waters is still elusive.

The ribosomal RNA (rRNA) gene has been proven to be effective for characterizing the phylogenetic and taxonomic structure of microbial assemblages, and the rRNA has been widely applied to characterize active microbes in a mixed community (Blazewicz et al., 2013; Hugoni et al., 2013). Here, we used phytoplankton 23S rRNA gene primers and newly designed MGII-specific 16S rRNA gene primers to quantify rRNA gene/rRNA-derived complementary DNA (cDNA) abundances of phytoplankton (including both cyanobacteria and chloroplasts of microbial eukaryotes) taxa and MGII archaea subgroups, respectively, in the Pearl River plume (PRP) and the open regions of the northern South China Sea (ONSCS). Quantitative real-time PCR (qPCR) and sequencing were performed on both DNA and RNA samples. Features of the free-living (FL) and the particle-associated (PA) subcommunities were compared. We applied network analysis to explore the potential effect of the phytoplankton population on MGII archaea distribution and niche speciation.



MATERIALS AND METHODS


Seawater Sample Collection and Physicochemical Analyses

Surface seawater (5 m) sampling and hydrographic profiling (water depth, temperature, and salinity) were conducted in the PRP and ONSCS areas (Figure 1) using a conductivity–temperature–depth (CTD) rosette sampler (model SBE 9-11 Plus; Sea-Bird Electronics, Inc., Bellevue, WA, United States) equipped with 12-L Niskin sample bottles.
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FIGURE 1. Locations of sampling stations. Blue dots represent stations in the PRP, and orange dots are stations in the ONSCS. Only surface water samples were analyzed in this study.


Around 2–4 L seawater was filtered with a vacuum of at most 100 Mbar through 2.7 μm (Glass Microfiber Membrane, Whatman 1823-047) and then 0.22 μm (Nitrocellulose Membrane, Millipore GSWP04700) pore-sized membrane filters to collect PA and FL microorganisms, respectively. Filters were preserved within 20 min of collection in liquid nitrogen till nucleic acid extraction. Filtrates were transferred into 50 ml centrifuge tubes and preserved at −20°C for nutrient analysis.

The concentration of NH4+ was analyzed by the indophenol blue spectrophotometric method (Sims et al., 1995); the NO3–, NO2–, PO43–, and SiO32– were measured with a four-channel continuous-flow Technicon AutoAnalyzer 3 (AA3; Bran-Lube GmbH, Norderstedt, Germany).



Nucleic Acid Extraction and Complementary DNA Generation

The filtered membranes for simultaneous extraction and purification of DNA and RNA follow the method introduced by Tournier et al. (2015) using the Fast DNA SPIN Kit for Soil (MP Biomedicals, Solon, OH, United States). Briefly, filtered membranes were cut into pieces to a Lysing Matrix E tube and frozen overnight at −80°C. A sodium phosphate buffer and MT buffer were then applied to lysate cells frozen in the tube. Cellular proteins were removed using a protein precipitation solution. The remaining DNA/RNA were collected using a binding matrix suspension and spin™ filter (total DNA can be diluted with DNase/pyrogen-free water). The filtrate (containing RNA) of spin™ filter was removed and transferred to a new centrifuge tube for further RNA purification. This was done by adding isopropanol and sodium acetate to precipitate RNA from the solution. The RNA precipitant was washed with 70% ethanol and resuspended in 100 μl of RNase-free water for storage (Tournier et al., 2015).

The raw RNA was subjected to DNA digestion by Recombinant DNase I (RNase-free, Takara, 2270B) and further purified by using the RNeasy MinElute Cleanup Kit (Qiagen, 74204). The residual DNA in purified RNA was quantified by qPCR analysis with primers Bac331F: TCCTACGGGAGGCAGCAGT and Bac797R: GGACTACCAGGGTATCTAATCCTGTT (Nadkarni et al., 2002) and was below the detection limit. cDNA was synthesized by using the PrimeScript™ II 1st Strand cDNA Synthesis Kit (TaKaRa, 6210A) with random hexamer primers.



Microbial Ribosomal RNA and Ribosomal RNA Gene Quantification

QPCR analyses were performed on a QuantStudio5 (Thermo Fisher Scientific, Inc., Waltham, MA, United States) by using the QuantStudio5™ Design and Analysis Software v1.5.1. The primers targeting phytoplankton 23S rRNA genes were A23SrVF1: 5′-GGACARAAAGACCCTATG-3′ and A23SrVR1: 5′-AGATCAGCCTGTTATCC-3′ (Sherwood and Presting, 2007). The newly designed primers Ar-559F: THTTATTGGGCCTAAAACGTCCG and MGII-771R: TATCTA ATCCGGTTCGTGCCCCT were used to target MGII archaeal 16S rRNA genes (see Supplementary Material). The qPCR reaction volume was 10 μl containing 5 μl of TB Green™ Premix Ex Taq™ II (Takara, PR820A), 0.4 μM of each primer, and 1 μl of template DNA/cDNA. Thermal cycling consisted of initial denaturation at 95°C for 30 s, followed by 40 cycles of denaturation at 95°C for 5 s, annealing at 55°C for 45 s, and extension at 72°C for 60 s. QPCR was conducted in triplicates for each sample. The quantification standard was generated with a series of 10-fold diluted purified plasmid DNA (103–108 copies/μl) with cloned rRNA genes, which were amplified from a collection of the PRP and ONSCS water samples (Figure 1) by using primers A23SrVF1/A23SrVR1 and Ar-559F/MGII-771R, respectively (Sherwood and Presting, 2007). The R2 values of the qPCR standard curves were greater than 0.99, and the efficiency was 90–100%. QPCR results were discarded when the melt curves showed an evidence of primer dimers. Finally, we normalized the number of the rRNA (cDNA)/rRNA gene to copies per liter.



Sequencing and Taxonomic Classification

High-throughput amplicon sequencing targeting the phytoplankton 23S rRNA and archaeal 16S rRNA genes was conducted to investigate the proportional changes of phytoplankton taxa and MGII archaea in archaeal communities, respectively. Specifically, a nest-PCR approach using primers A23SrVF1 and A23SrVR1 for the first round and the primers A23SrVF2: 5′-CARAAAGACCCTATGMAGCT-3′ and A23SrVR2: 5′-TCAGCCTGTTATCCCTAG-3′ for the second round (Sherwood and Presting, 2007; Yoon et al., 2016) was performed to amplify phytoplankton plastid 23S rRNA genes from both DNA and cDNA samples. Archaeal V4–V5 16S rRNA genes were amplified by using primers 524F10extF: 5′-TGYCAGCCGCCGCGGTAA-3′ and Arch958RmodR: 5′-YCCGGCGTTGAVTCCAATT-3′ (Pires et al., 2012). Sequencing was conducted by Majorbio Bio-Pharm Technology Co., Ltd. (Shanghai, China) according to the standard protocols of the Illumina MiSeq platform.

The raw sequences with average quality scores lower than 20 were filtered, and primer sequences were cut off by using USEARCH11 (Edgar, 2010). The resulting sequences of 200 bases and longer were dereplicated and denoised by chimera filtering, and zero-radius operational taxonomic units (ZOTUs) were obtained. The taxonomies of representative ZOTUs for the 16S rRNA gene were assigned against the Silva 138.1 database by using the RDP classifier implemented in QIIME v1.9.1 with a bootstrap cutoff of 80% (Caporaso et al., 2010; Quast et al., 2013). The ZOTU representatives of the MGII 16S rRNA gene were selected in TBtools (Chen et al., 2020) and taxonomically classified by searching against a custom database (Supplementary Table 1) by using BLASTn (similarity > 95% and E-value < 10––5; NCBI-blast-2.10.0+1). Phytoplankton taxonomies as Class/Order names were assigned to the 23S rRNA gene ZOTUs by using BLASTn (similarity > 90% and E < 10–5) against the Silva 138.1 LSU database because the annotation of most 23S rRNA sequences is not accurate enough at the genus level (Altschul et al., 1990). The accuracy of taxonomic classification was verified to the neighbor-joining phylogenetic tree in MEGA7 (Kumar et al., 2016; Supplementary Figure 2).



Statistical and Ecological Analyses

The ZOTU sequence numbers were normalized to an equal number by subsampling in QIIME for a later statistical and ecological analysis (Caporaso et al., 2010). The alpha diversity of each sample was calculated by using Mothur-1.35.1 (Schloss et al., 2009). Non-metric multidimensional scaling (NMDS) was carried out to delineate community structure differences among samples based on the Bray–Curtis similarity matrix at the ZOTU level. The phytoplankton community structure differences affecting the MGII community was interpreted in the Mantel test based on the Bray–Curtis similarity matrix (Pearson, permutation = 999) at the ZOTU level by using the “vegan” R package (Oksanen et al., 2013).

The responses of the relative abundance of MGII archaeal and phytoplankton ZOTUs to the PRP and ONSCS areas were further determined using the linear discriminant analysis effect size (LEfSe) method2 with default parameters (Segata et al., 2011). “envfit” was used to compare and interpret the effects of environmental factors on the phytoplankton and MGII compositions with the Monte Carlo permutation test (permutation = 999) by using the “vegan” R package (Dixon, 2003).

iCAMP analysis was performed to unify niche and neutral perspectives on governing community structure based on MGII ZOTU relative abundances, phylogenetic tree, and environmental factors (Ning et al., 2020). The cluster analysis of phytoplankton and MGII genera proportions was performed by using TBtools (Chen et al., 2020).

The absolute abundances of phytoplankton or MGII genera/ZOTUs were calculated from each genus/ZOTU proportion multiplied by the total qPCR abundances in phytoplankton and MGII, respectively. Outlier tests were analyzed in LOF before doing a regression analysis of the total qPCR abundances (Breunig et al., 2000). Pearson correlations in phytoplankton and MGII ZOTUs’ absolute abundances and environmental factors were analyzed in RStudio (RStudio Team, 2020). The rRNA/rRNA gene abundances of MGII and phytoplankton were defined as the absolute abundances retrieved from cDNA/DNA.

The top 40 MGII ZOTUs of highest relative abundance and present in over half of the sequencing samples were selected for network analysis. The Pearson correlations (R2 > 0.64 and P < 0.01) of phytoplankton and MGII ZOTUs’ absolute abundances and environmental factors were visualized in Cytoscape 3.2.1 (Shannon et al., 2003). The hub ZOTUs of networks were identified based on the degree using CytoHubba (Chin et al., 2014).



Nucleotide Sequence Accession Numbers

The raw reads generated in this project have been deposited at NCBI under the umbrella project number PRJNA748026.




RESULTS


Physicochemical Characteristics

The water depths of the sites ranged from 15 to 86 m in the PRP and ranged from 37 to 200 m in the ONSCS except for two deep ocean sites S21 (1307 m) and S38 (1604 m). The temperature varied from 26.9 to 27.7°C in the PRP surface water and from 27.3 to 30.2°C in the ONSCS surface water (Supplementary Table 5). Except that NH4+ (0.0–1.8 μmol/L) was low in all samples, the concentrations of other nutrients were significantly (unpaired t-test: P < 0.001) higher in the PRP region (NO3–: 1.05–1.44 μmol/L, NO2–: 0.6–1.02 μmol/L, PO43–: 0.04–1.17 μmol/L, and SiO32–: 2.70–6.91 μmol/L) than that in the ONSCS region (NO3–: 0.45–0.87 μmol/L, NO2–: 0.00–0.11 μmol/L, PO43–: 0.00–0.19 μmol/L, and SiO32–: 1.04–4.62 μmol/L) (Supplementary Table 5 and Supplementary Figure 3).



Abundances of Phytoplankton and Marine Group II Archaea Ribosomal RNA Sequences

In all samples, the phytoplankton rRNA gene and rRNA (cDNA) absolute abundances were 0.9–3.0 orders of magnitude higher than those of MGII archaea. Significantly higher abundances of phytoplankton and MGII were associated with the FL fractions than the PA fractions (paired one-tailed t-test: P < 0.01), except for the phytoplankton rRNA gene in the PRP (Supplementary Figure 4 and Supplementary Table 6). Both phytoplankton [one-way analysis of variance (ANOVA): P < 0.01] and MGII rRNA genes in PA fractions (one-way ANOVA: P < 0.01) had significantly higher abundance in the PRP than in the ONSCS, while in FL fractions, similar abundances existed between the two geographical locations. The abundances of both phytoplankton and MGII rRNA were significantly (t-test: P < 0.01) higher than that of the rRNA genes in FL fractions, but no significant difference was found in PA fractions.

Significant positive correlations were found between MGII and phytoplankton abundances in the PA-rRNA, PA-rRNA (cDNA), and FL-rRNA gene samples (P < 0.01, R2 > 0.64; Supplementary Figures 5A–C). The positive relationships between MGII and phytoplankton abundances in FL-RNA gene samples were less obvious, which may be due to the narrow distribution of abundances between the samples for both MGII archaea and phytoplankton (Supplementary Figures 5B,D).



Community Structures and Potential Activities of Phytoplankton and Marine Group II Archaea

High-throughput amplicon sequencing targeting the phytoplankton and archaeal rRNA genes using the Illumina MiSeq platform was conducted to investigate the proportional changes of phytoplankton and MGII in archaeal communities. A total of 1,966,449 high-quality archaeal 16S rRNA sequences from 34 DNA and 28 RNA samples and 532,756 high-quality phytoplankton 23S rRNA sequences from 34 DNA and 33 RNA samples were obtained (Supplementary Tables 7, 8). Coverage estimation suggests that most sequence diversity in samples was captured (>97.8%). No significant differences of the MGII Shannon index were found in PRP-PA, PRP-FL, ONSCS-PA, and ONSCS-FL fractions for both rRNA genes and rRNA (Supplementary Table 8). The NMDS tests were carried out to delineate any ZOTU differences among sequencing samples (Figure 2).
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FIGURE 2. Non-metric multidimensional scaling analysis of the phytoplankton-rRNA gene (A), phytoplankton-rRNA (cDNA, B), MGII-rRNA gene (C), and MGII-rRNA (cDNA, D) based on the Bray–Curtis similarity matrix at the ZOTU (100% similarity) level. Sample grouping is based on the PRP and ONSCS areas. Significant differences (P < 0.05) of MGII archaeal and phytoplankton ZOTUs were added to NMDS based on the LEfSe method between the PRP and ONSCS areas (black arrows). ZOTUs and environmental factors that may significantly (P < 0.05) affect phytoplankton and MGII community structures were added as yellow arrows using the “envfit” function.


The samples of the PRP and ONSCS can be well distinguished based on MGII and phytoplankton ZOTUs compositions. Multiple ZOTUs had similar trends in rRNA gene and rRNA samples, such as Synechococcus-ZOTU2, ZOTU4, Cerataulina-ZOTU9, MGIIb-O1-ZOTU7, -ZOTU14, and MGIIb-O2-ZOTU29, which were more abundant in the PRP than in the ONSCS. Prochlorococcus-ZOTU1, -ZOTU3, -ZOTU22, MGIIa-M-ZOTU11, MGIIb-N1-ZOTU3, and MGIIa-L1-ZOTU4 were more abundant in the ONSCS (Figure 2).

Nutrients (NO3–, NO2–, PO43–, and SiO32–) and temperature may have significantly (P < 0.05) shaped phytoplankton and MGII archaea community structures and potential activities between the PRP and ONSCS samples (Figure 2C). Meanwhile, the Synechococcus-ZOTU2, ZOTU4, Cerataulina-ZOTU9 may have shaped (P < 0.05) MGII archaea community structures and potential activities and the Prochlorococcus-ZOTU1, -ZOTU3, -ZOTU22 may have affected (P < 0.05) MGII archaea potential activities (Figure 2D).

Marine Group II and phytoplankton community structures have similar (Pearson: P < 0.05) changes in the PRP-PA-rRNA, PRP-FL-rRNA, and ONSCS-PA-rRNA genes (Supplementary Figure 6). The positive relationships between MGII and phytoplankton ZOTUs were closer for the PRP-FL-rRNA gene (Pearson: R = 0.90, P < 0.05) than for the PRP-PA-rRNA gene (Pearson: R = 0.72, P < 0.05); and these positive relationships were closer for the ONSCS-PA-rRNA gene (Pearson: R = 0.49, P < 0.05) than for the ONSCS-FL-rRNA gene (Pearson: P > 0.05) (Supplementary Figure 6). MGII and phytoplankton potential activities only had positive relationships in PRP-PA-rRNA (Pearson: R = 0.90, P < 0.05) and PRP-FL-rRNA (Pearson: R = 0.90, P < 0.05) except in the ONSCS (Pearson: P > 0.05) (Supplementary Figure 7).

In the PRP area, cyanobacteria-Synechococcus (average 33.8% in the rRNA gene and 46.7% in rRNA, respectively), diatoms-Cerataulina, and diatoms-Thalassiosira were dominant abundant/activity phytoplankton in PA fractions, and the cyanobacteria-Synechococcus (average 60.6% in the rRNA gene and 66.1% in rRNA, respectively), haptophytes-Chrysochromulina, green algae-Picochlorum, and dinoflagellates-Dinophysis were the main phytoplankton in FL fractions (Figure 3). In the ONSCS area, the cyanobacteria-Prochlorococcus (average 16.5% in the rRNA gene and 28.9% in rRNA, respectively), haptophytes-Chrysochromulina, cyanobacteria-Synechococcus (average 12.1% in the rRNA gene and 16.8% in rRNA, respectively), dinoflagellates-Kryptoperidinium, diatoms-Eunotia, diatoms-Nannochloropsis, and haptophytes-Prymnesium were prevalent phytoplankton in PA fractions, and the cyanobacteria-Prochlorococcus (average 74.2% in the rRNA gene and 75.2% in rRNA, respectively) and cyanobacteria-Synechococcus (average 18.9% in the rRNA gene and 18.7% in rRNA, respectively) were abundant in FL fractions (Figure 3).
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FIGURE 3. Cluster analysis of phytoplankton communities (genus level) based on the proportions in rRNA gene (A) and rRNA (cDNA, B) fractions. The total absolute abundances of phytoplankton (based on qPCR data) were shown at the top. Orange labels represented the PA fraction, and green labels represented the FL fraction.


The main MGII genera in rRNA gene and rRNA fractions were illustrated in Figures 4A,B, respectively; the samples could be divided into the PRP and ONSCS areas based on the proportion of the MGII genus. In the PRP area, MGIIb (-O1, -O3, -O2, and -N1) were the most abundant/activity MGII in PA (average 90.5% in rRNA gene and 92.3% in rRNA, respectively) and FL (average 92.7% in rRNA gene and 94.7% in rRNA, respectively) fractions. In the ONSCS area, the MGIIa (-L1, -M, and -K1) and MGIIb (-N1 and -O3) were prevalent in PA (average 67.8% in the rRNA gene and 51.1% in rRNA, respectively) and FL (average 60.2% in the rRNA gene and 37.2% in rRNA, respectively) fractions.
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FIGURE 4. Cluster analysis of MGII communities (genus level) based on the proportions in rRNA gene (A) and rRNA (cDNA, B) fractions. Warm colors represent the MGIIa subgroups, and cool colors represent the MGIIb subgroups. The total absolute abundances of MGII (based on qPCR data) were shown at the top. Orange labels represent the PA fraction, and green labels represent the FL fraction.




Correlations Between Phytoplankton and Marine Group II Archaeal Zero-Radius Operational Taxonomic Units and Environmental Parameters

To investigate the potential impact of phototrophs on the distributions of those MGII in the PRP and ONSCS areas, the absolute abundance of phytoplankton and MGII ZOTUs fractions were used to build the PRP-PA-rRNA gene, PRP-FL-rRNA gene, ONSCS-PA-rRNA gene, and ONSCS-FL-rRNA gene networks after filtering the low-abundance ZOTUs (R2 > 0.64 and P < 0.01; Figure 5). The rRNA (cDNA) abundance of phytoplankton and MGII ZOTUs were used to build the PRP-PA-rRNA, PRP-FL-rRNA, ONSCS-PA-rRNA, and ONSCS-FL-rRNA networks (R2 > 0.64; P < 0.01; Figure 6).
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FIGURE 5. Network analysis showing significant correlations (Pearson: R2 > 0.64; P < 0.01) in phytoplankton and MGII ZOTU absolute abundances (ZOTUs proportion multiplied by total qPCR abundance) and environmental variables (including salinity, temperature, NO3–, NH4+, SiO32–, and PO43–) in the PRP-PA-rRNA gene fraction (A, n = 5), the PRP-FL-rRNA gene fraction (B, n = 5), the ONSCS-PA-rRNA gene fraction (C, n = 12), and the ONSCS-FL-rRNA gene fraction (D, n = 12). Red lines indicate positive relationships and gray lines negative relationships. The size of each node shows the ZOTUs’ absolute abundances. The hub ZOTUs were marked with red borders.
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FIGURE 6. Network analysis showing significant correlations (Pearson: R2 > 0.64; P < 0.01) in rRNA (cDNA) abundances of phytoplankton and MGII ZOTUs (ZOTU proportion multiplied by total qPCR abundance) and environmental variables (including salinity, temperature, NO3–, NH4+, SiO32–, and PO43–) in the PRP-PA-rRNA fraction (A, n = 5), PRP-FL-rRNA fraction (B, n = 5), ONSCS-PA-rRNA fraction (C, n = 6), and ONSCS-FL-rRNA fraction (D, n = 12). Red lines indicate positive relationships and gray lines negative relationships. The size of each node shows the ZOTUs’ absolute abundance. The hub ZOTUs were marked with red borders.


In the “PRP-PA-rRNA gene” network, only one negative and three positive relationships were found between three MGII (represented 12.7% of total MGII reads) and two phytoplankton ZOTUs (2.3% of total phytoplankton reads) (Figure 5A). The abundant MGIIb-O3-ZOTU5 constituting 11.4% of total MGII reads was positively correlated with a haptophytes-Chrysochromulina (ZOTU35) and negatively correlated to a haptophyte (ZOTU53) in abundance. In the “PRP-FL-rRNA gene” network, a total of 111 positive relationships were found between 16 MGII ZOTUs (69.4% of total MGII reads) and 12 phytoplankton ZOTUs (18.5% of total phytoplankton reads) (Figure 5B). Both MGIIa and MGIIb ZOTUs were included in this network with diverse cyanobacteria, haptophytes, and stramenopiles. High-proportion MGIIb (65.8% of total MGII reads) and minor MGIIa (3.6% of total MGII reads) ZOTUs had positive relationships with multiple phytoplankton. The most abundant MGII MGIIb-O1-ZOTU7 constituting 30.8% of total MGII reads was positively correlated with four cyanobacteria-Synechococcus ZOTUs, one haptophytes-Chrysochromulina ZOTU, and one haptophytes-Phaeocystis ZOTUs (Figure 5B). There were miscellaneous ZOTUs identified as hubs in the PRP-FL-rRNA gene network (analysis top 10 ZOTUs), which may play important roles and shape the MGII community, including one MGIIa-L1 ZOTU, one MGIIb-N1 ZOTU, two diatoms’ ZOTUs, three haptophytes’ ZOTUs, four cyanobacterial ZOTUs, and one stramenopile’s ZOTU (Figure 5B).

The difference in network complexity was also found in the RNA samples of the PRP area between the FL and the PA fractions (Figure 6A). Specifically, only five positive correlations were found in the PRP-PA-rRNA network, while 120 positive correlations were found in the PRP-FL-rRNA one. Both the PRP-PA-rRNA gene (taking 12.7% of MGII) and PRP-PA-rRNA (taking 2.4% of MGII) networks demonstrated that only low proportions of MGII had positive relationships with phytoplankton (Figures 5A, 6A). While in the PRP-FL-rRNA gene and PRP-FL-rRNA networks, there were high proportions of MGII positively connecting with phytoplankton (cyanobacteria, haptophytes, and stramenopiles). Especially, the abundant MGIIb-O1-ZOTU7 (taking 30.8 and 33.7% of total MGII reads in the PRP-FL-rRNA gene and PRP-FL-rRNA, respectively) was positively connected with diverse phytoplankton in the PRP-FL-rRNA gene network, but it was only positively connected with cyanobacteria-Synechococcus in the PRP-FL-rRNA network (Figures 5B, 6B). There were one MGIIa-M ZOTU, one MGIIb-O1 ZOTU, and eight cyanobacterial ZOTUs identified as hub ZOTUs in the PRP-FL-rRNA network (Figure 6B).

In the “ONSCS-PA-rRNA gene” network, a total of 271 positive relationships were found between 24 MGII ZOTUs (represented 71.4% of total MGII reads) and 18 phytoplankton ZOTUs (27.9% of total phytoplankton reads; Figure 5C). The high proportion of MGIIa (50.9% of total MGII reads) and relatively lower MGIIb (20.5% of total MGII reads) were positively connected with phytoplankton. Cyanobacteria, diatoms, green algae, haptophytes, and stramenopiles had positive relationships with mainly MGIIa ZOTUs MGIIa-L1-ZOTU4 (12.5% of total MGII reads), -L1-ZOTU9 (10.3% of total MGII reads), and -M-ZOTU11 (11.7% of total MGII reads) in this network. In the ONSCS-FL-rRNA gene fraction, a total of 38 positive relationships were found between 17 MGII ZOTUs (represented 27.4% of total MGII reads) and 8 phytoplankton ZOTUs (2.3% of total phytoplankton reads) (Figure 5D). Similar proportions of MGIIa (14.7% of total MGII reads) and MGIIb ZOTUs (12.6% of total MGII reads) were found to have positive relationships with phytoplankton. Four cyanobacterial ZOTUs, two dinoflagellates ZOTUs, one stramenopile’s ZOTU, and one haptophyte’s ZOTU were identified as the top 10 hub ZOTUs in the ONSCS-PA-rRNA gene network (Figure 5C).

Unlike the networks in the PRP area, the ONSCS-PA-rRNA network was more complex than the ONSCS-FL-rRNA network (Figures 6C,D). In the ONSCS-PA-rRNA network (Figure 6C), 11 MGII ZOTUs (70.5% of MGII) and 29 phytoplankton ZOTUs (49.3% of phytoplankton) had 279 positive correlations. Both of MGIIa (taking 28.2% of MGII) and MGIIb (42.3% of MGII) had high proportions that positively correlated with cyanobacteria, diatoms, haptophytes, and stramenopiles, such as the abundant MGIIa-L1-ZOTU4 (12.9% of MGII) and MGIIb-N1-ZOTU7 (34.9% of MGII). In the ONSCS-FL-rRNA network (Figure 6D), 15 MGII ZOTUs (87.8% of MGII) and 16 cyanobacterial ZOTUs (10.7% of phytoplankton) had 35 positive correlations. Compared to MGIIa (13.4% of MGII), the higher active abundance of MGIIb (34.2% of MGII) was positively correlated with phytoplankton. The dominating MGII ZOTU MGIIb-N1-ZOTU3 (28.8% of MGII) and MGIIa-L1-ZOTU4 (11.3% of MGII) had positive relationships with cyanobacteria. Five MGIIa ZOTUs, three MGIIb ZOTUs, one cyanobacterial ZOTU, and one diatom ZOTU were identified as the top 10 hub ZOTUs in the ONSCS-PA-rRNA network (Figure 6C), while three cyanobacterial ZOTUs in the ONSCS-FL-rRNA network was identified as the top 10 hub ZOTUs (Figure 6D).




DISCUSSION


Factors Affecting the Abundance and Activity of Marine Group II Archaea in the Pearl River Plume and Open Regions of the Northern South China Sea Areas

The higher abundances of phytoplankton and MGII in the PRP than in the ONSCS area and the concentrations of nutrients were significantly higher in the PRP than in the ONSCS area, which might result from the high nutrient input from the river and estuary (Supplementary Figures 3, 4; Xie et al., 2018). Most PRP and ONSCS sites had higher MGII abundance in FL than the PA fraction (Supplementary Figure 4 and Supplementary Table 6, except in S45 and P0 sites), which might be due to the higher abundance of phytoplankton in FL than the PA fraction (Supplementary Figures 4, 5). This is different from the observation that MGII archaea prefer to attach to particles in the estuarine and coastal regions (Xie et al., 2018; Orellana et al., 2019).

The significant positive correlations (Supplementary Figure 5) between the abundance of MGII and phytoplankton in both PA and FL in the PRP and ONSCS surface waters support the notion that phytoplankton may have an important control on the MGII distribution (Galand et al., 2010; Orsi et al., 2015; Xie et al., 2018). As indicated by many genomic studies (Martin-Cuadrado et al., 2015; Zhang et al., 2015; Orsi et al., 2016; Rinke et al., 2019; Tully, 2019; Damashek et al., 2021), MGII archaea have metabolic potentials to attach to phytoplankton and utilize phytoplankton-derived organic matter. However, evidence is lacking that the phytoplankton would have to couple with MGII archaea for their growth.

The potential MGII activity based on RNA analysis has been poorly reported (Zhang et al., 2015; Liu et al., 2017; Xie et al., 2018). The MGII rRNA had a significantly higher abundance than the rRNA gene in PA and FL fractions (Supplementary Figure 4), indicating that the MGII cells were active. The MGII rRNA abundance was higher in FL than the PA fraction in most waters (Supplementary Table 6), suggesting that MGII tend to live in an FL lifestyle. In particular, the PA MGII have stronger correlations to phytoplankton than the FL MGII in the PRP and ONSCS (Supplementary Figure 5), which may be caused by increased capacity for surface adhesion, transcriptional regulation, and high molecular catabolism in the MGII genomes in PA fraction (Orsi et al., 2015). Stronger positive correlations of MGII archaeal and phytoplankton abundances were found in rRNA than in rRNA genes, suggesting that the growth of phytoplankton might stimulate the activity of the heterotrophic MGII archaea (Beier et al., 2015; Damashek et al., 2021).



Dispersal Limitation May Play an Important Role in Surface Marine Group II Assembly

MGIIa and MGIIb were found to partition in different niches and have varying metabolic characteristics, which indicate that the subgroups of MGII may represent distinct ecotypes (Iverson et al., 2012; Zhang et al., 2015; Xie et al., 2018; Rinke et al., 2019; Santoro et al., 2019; Tully, 2019; Dai et al., 2020). Here, we found that the stochastic processes of dispersal limitation may be the most important factor in MGII community assembly (see Supplementary Material). Dispersal limitation means that the movement of MGII (colonization) in a new location is restricted (Zhou and Ning, 2017). This is revealed in the NMDS and cluster analysis of MGII communities (Figures 2C,D, 4A,B). Samples of the PRP and ONSCS can be well distinguished based on MGII and phytoplankton ZOTUs compositions. Multiple Synechococcus and MGIIb ZOTUs had similar trends in rRNA gene and rRNA samples and were more abundant in the PRP than in the ONSCS, while Prochlorococcus and MGIIa were more abundant in the ONSCS (Figures 2, 3). Synechococcus are much more abundant in nutrient-rich regions than in oligotrophic areas, but Prochlorococcus are the most abundant photosynthetic prokaryotes in the oligotrophic oceans (Partensky et al., 1999). Picocyanobacteria are major primary producers in the world’s oceans (Li, 1994) and contribute to the marine DOM and particulate organic matter (POM) pool in the surface ocean (Jiao et al., 2011; Gontikaki et al., 2013), indicating that Synechococcus and Prochlorococcus were important speciation drivers of MGII communities in the PRP and ONSCS.

The MGIIb genera are well adapted to environmental conditions in the PRP that is characterized by high concentrations of remineralized DOM from river inputs and phytoplankton bloom (Chen et al., 2004; Sieczko et al., 2015; He et al., 2020). Generally, MGIIb MAGs encoded a higher fraction of peptidases and membrane transporters compared to MGIIa (Orellana et al., 2019) and the MGIIb proportions increased in nutrient-enriched waters during winter (Galand et al., 2010; Orellana et al., 2019). The MGIIa genera (included: -L1, -M, and -K1) represented most of MGII in ONSCS. The MGIIb genera (included: -O1, -O2, and -O3) were the majority of MGII in the PRP (Figures 4A,B), which had relatively higher nutrients than the ONSCS (NO3–, NO2–, PO43–, and SiO32–; Supplementary Table 3), suggesting that MGIIb distribution may respond to high nutrient availability (Figure 2C). MGIIb encode a large number of peptidases and membrane transporters in their genomes, suggestive of the capacity for DOM and POM degradation (Galand et al., 2010; Orellana et al., 2019; Dai et al., 2020), which may help to maintain their ecological dominancy in the PRP.



Correlations Between Phytoplankton and Marine Group II Archaeal Zero-Radius Operational Taxonomic Units in the Pearl River Plume and Open Regions of the Northern South China Sea Areas

The network analyses were used to explore the potential interactions for phytoplankton and MGII archaea in PA and FL fractions from the near estuarine environment (PRP) to open oceans (ONSCS). An advantage of the absolute phytoplankton and MGII ZOTU abundances is that it may lead to less spurious correlations (Friedman and Alm, 2012; Berry and Widder, 2014).

Most of the interactions between phytoplankton and MGII archaea were positive relationships in all networks. This may be caused by the special metabolic potentials of MGII archaea, which can obtain and utilize the phytoplankton-derived organic carbon (Martin-Cuadrado et al., 2015; Zhang et al., 2015; Orsi et al., 2016; Rinke et al., 2019; Tully, 2019; Damashek et al., 2021). Similar patterns are found in rRNA genes and rRNA-based networks that the PRP-FL and ONSCS-PA networks were much larger and more complex than the PRP-PA and ONSCS-FL networks (Figures 5, 6). In the DOM/nutrient-rich PRP area (near estuary) (He et al., 2020), more positive relationships of MGII and phytoplankton were found in FL than the PA fraction, in which MGII ZOTUs consisted of almost MGIIb, whereas in the DOM/nutrient-poor ONSCS area, more complex positive relationships of MGII and phytoplankton were found in PA than the FL fraction, consisting of over 50% MGIIa ZOTUs in the ONSCS-PA-rRNA gene network (Figure 5). This is coincident with the difference in genome characters that MGIIb genera have a greater capacity for DOM degradation and all MGIIa genera possess the archaeal flagella gene operon playing the function for cell adhesion (Rinke et al., 2019). The metabolic characteristic difference of MGII genera makes multiple MGIIb abundant in the nutrient-rich PRP area (Figure 4), and MGIIb tend to have an FL lifestyle that makes the networks in PRP-FL more complex than in the PRP-PA (Figures 5, 6).

The changes in phytoplankton populations and activities might cause the shift of the MGII population and activities between FL and PA fractions (Supplementary Figure 5). The dominant abundant/active phytoplankton were found in cyanobacteria, dinoflagellates, diatoms, green algae, and stramenopiles in the PRP and ONSCS areas (Figure 3). Multiple-hub ZOTUs in haptophytes, cyanobacteria, and stramenopiles indicate that the phytoplankton population was an important factor in the MGII distribution and activity in PRP-FL and ONSCS-PA networks (Figures 5, 6). The cyanobacteria were the only hub phytoplankton in the PRP-FL-rRNA and ONSCS-FL-rRNA networks, but some cyanobacteria with haptophytes consisted of the ONSCS-PA-rRNA network (Figure 6). The phytoplankton such as cyanobacteria and haptophytes can supply organic cofactors/siderophores; DMSP and glycolate (Malin, 2006; Uronen et al., 2007; Tsuji and Yoshida, 2017), which could be utilized by MGII, may influence the MGII communities and activities in the PRP and ONSCS areas.

Some MGII ZOTUs can live in both PA and FL lifestyles, which displayed similar relationships with phytoplankton in the PRP-FL-rRNA gene and ONSCS-PA-rRNA gene networks (Figure 5). For example, the abundant MGII ZOTUs MGIIa-L1-ZOTU4, MGIIa-M-ZOTU11, and MGIIb-N1-ZOTU3 were present in the PRP-FL-rRNA gene and ONSCS-PA-rRNA gene networks, which responded to various phytoplankton ZOTUs in cyanobacteria, haptophytes, and stramenopiles. The MGIIa-M may have the potential to attach to particular organic matter through the presence of archaeal flagellin and a high-affinity cytochrome bd oxidase in surrounding phytoplankton (Tambalo et al., 2010; Meshcheryakov and Wolf, 2016; Tully, 2019). MGIIa-L1 have flagella genes and are increased with the blooms of the diatom at Port Hacking in spring (Rinke et al., 2019). The MGIIb-N1 have no flagella genes but have thrombospondin and flotillin genes, which may make them form cell aggregation (Rinke et al., 2019). The MGIIa-L1 and MGIIb-N1 genera have the potential to shift between different lifestyles to better utilize phytoplankton-derived organic matters and adapt to the environmental changes, making them widely distributed in the PRP and ONSCS areas.

Although the published genomic data have revealed some unique metabolic potentials of MGII, the physiological and biochemical characteristics of MGII diverse subgroups are still unknown, which need the pure cultures/enrichments to unscramble. The observation of syntrophic interactions within MGII and phytoplankton in the coastal surface water may provide valuable information for future research on this mysterious group of organisms that still resist being brought into pure culture.
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Spreading olivine powder in seawater to enhance alkalinity through weathering reactions has been proposed as a potential solution to control atmospheric CO2 concentration. Attention has usually been paid to the chemical properties of seawater after the addition of olivine within lab and modeling studies. However, both microbial acclimation and evolution in such manipulated natural environments are often overlooked, yet they are of great importance for understanding the biological consequences of whether olivine addition is a feasible approach to mitigating climate change. In this study, an olivine addition experiment was conducted to investigate variation in bacterial diversity and community composition in the surface and bottom seawater of a representative marine ranch area in the Muping, Yantai. The results show that the composition of the particle-attached microbial community was particularly affected by the application of olivine. The relative abundance of biofilm-forming microbes in particle-attached fraction increased after the addition of olivine, while no significant variation in the free-living bacterial community was observed. Our study suggests that olivine addition would reshape the bacterial community structure, especially in particle-attached microenvironments. Therefore, the risk evaluation of alkalinity enhancement should be further studied before its large-scale application as a potential ocean geoengineering plan.
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INTRODUCTION

Massive fossil fuel combustion has contributed to a significant increase in atmospheric CO2 content, resulting in an increase in pCO2 from 280 to 419 ppm since the industrial revolution1, causing global warming (Lackner et al., 1995; Lal, 2008). Carbon dioxide removal technologies have been proposed to limit the mean global temperature increase to 1.5°C above preindustrial levels (Oelkers and Cole, 2008; Rogelj et al., 2016), and enhanced silicate weathering has been suggested as one of these solutions (Seifritz, 1990; Schuiling and Krijgsman, 2006; Hartmann et al., 2013). Silicate weathering is a natural process that can remove CO2 from the atmosphere on a geologically historical time scale (Cornwall et al., 2013). The removal of atmospheric CO2 could be stimulated with enhanced weathering of olivine (a type of silicate mineral) by its application to forests or oceans (Berner et al., 1983; Schuiling and Krijgsman, 2006). Since the industrial revolution, the ocean has absorbed one-third of the CO2 emitted by human activity (Sabine et al., 2004). The oceans have tremendous potential to remove CO2 and at less risk than does the land (Kheshgi, 1995; Kantola et al., 2017; Bach et al., 2019). Olivine added to seawater can enhance buffering capacity and absorb extra CO2 from the atmosphere. However, little is known about the impact of mineral dissolution products on microbes in the ecosystem, which plays a vital role in ocean carbon cycling (Meysman and Montserrat, 2017; Montserrat et al., 2017).

Microbial utilization and transformation of various forms of carbon are important regulators of global carbon fluxes (Jiao et al., 2010; Zhao et al., 2019). Bacteria generally can be characterized as particle-attached (PA) and free-living (FL) bacteria based on their different life strategies (Azam et al., 1983; Crump et al., 1999; Zhang et al., 2016). PA bacteria prefer to attach themselves to the suspended particulate matter and degrade parts of bioavailable particles into dissolved organic matter and inorganic nutrients supporting the surrounding biomass production (Ploug et al., 1999; Bachmann et al., 2018). The presence of suspended particles and its various quality can considerably influence the PA bacterial community (Smith et al., 2013). The addition of olivine powder to seawater not only releases ions into the surrounding seawater but also provides particles to attach to. However, the interaction between olivine particles and PA bacteria communities is not yet clear. Meanwhile, the accumulation of mineral dissolution products in the seawater might also influence the FL bacteria suspended in the water column (Meysman and Montserrat, 2017). In the context of global warming, the addition of olivine to seawater, without the effect of olivine on the bacteria, makes the current study very important.

In this study, industrial-grade olivine was added to natural coastal seawaters, and the bacterial community was investigated within 10 days of incubation. The goal of this study is to understand the following: (1) How do the PA and FL bacterial communities in the coastal seawater respond to the addition of olivine? (2) What type of mechanisms underpin the microbial response to the addition of olivine?



MATERIALS AND METHODS


Experimental Procedure

The natural seawater used in this experiment was from the Muping Marine Ranch, Yantai, China (Figure 1), where the maximum depth is ∼22 m, with an averaged tidal current rate of ∼0.5 m s–1 (Lu et al., 2015; Li et al., 2021). In this ranch, the abundance and diversity of the bacterial community have been altered greatly by anthropogenic activities and aquaculture (Li et al., 2021). Before the experiment, the seawater was collected in the morning (8:00 to 10:00 a.m.) of August 10, 2019 from the surface (∼1-m depth) and bottom layers (∼1 m above the seabed) of the ranch with a Niskin bottle (Sea–Bird). The seawater collected from each depth was put into three 20-L dark buckets and transported to the laboratory within 10 h. After returning to the laboratory, the seawater from each layer was mixed, filtered with a 200-μm nytex net, and dispended into six 10-L transparent polycarbonate buckets (Nalgene), three of which were added with commercially available olivine powder to a final concentration of 1‰ (m/m). The remaining buckets were set as the control. The chemical composition of olivine powder includes MgO (35–50%), SiO2 (37–42%), ΣFe (≤10%), and CaO (<1%)2, and its particle size quantiles are D10 = 3.93 μm, D50 = 30.3 μm, and D90 = 133 μm, determined by a Mastersizer 3000 (Malvern, United Kingdom).
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FIGURE 1. Map of Muping Marine Ranch (Yantai) with a star (★) showing the sampling area. Samples were collected from the surface and bottom of the sea on August 10, 2019.


In total, 12 independent biological cultures were used in this experiment. To mimic the in situ condition, the surface layer of seawater with or without the addition of olivine powder was exposed to natural sunlight, and the bottom layer was kept in the dark by wrapping the buckets in aluminum foil. Temperature in the buckets was maintained at 25 ± 1.0°C (close to field condition) in a large thermostat-controlled bath. During the 10-day incubation, the buckets were manually mixed once a day to make the bacteria and particles suspend homogeneously. On day 0 (before olivine addition) and day 10 (the end of incubation), the seawater samples from each bucket were collected to determine the environmental variables and particle-attached and free-living bacteria compositions, as below.



Dissolved Silicate, pH, and Total Alkalinity Measurements

Before seawater was collected at the sampling site, the site temperature and salinity were measured using a Water Quality Monitor (Seabird, United States). In the laboratory, on day 0 and day 10 of incubation, an aliquot of 250-ml seawater was taken from each bucket with or without olivine addition and filtrated with a syringe to avoid exposure to air. The filtration was collected to measure dissolved silicate (DSi) concentration, pH, and total alkalinity (TA).

For DSi measurement, duplicate 15-ml filtration samples were dispensed into 15-ml tubes and stored at −20°C for later analysis. The DSi was measured with an automatic nutrient analyzer (SEAL AA3, German) with the molybdate blue method (Hansen and Koroleff, 1999). The uncertainty in DSi measurements was ± 0.1 μmol kg–1.

For pH measurements, an aliquot of 40-ml filtration was immediately dispensed into a borosilicate glass without headspace. The pH was then measured with a Fisher pH-meter (Star A211) equipped with an Orion combined electrode (8157BNUMD). Before measuring, the pH meter was calibrated with NIST buffers (pH = 4.01, 7.00, 10.01 at 25°C). The uncertainty in pH measurements was ± 0.01.

For TA measurements, an aliquot of 120-ml filtration was dispensed into high-density polyethylene bottles, preserved with 0.02% saturated HgCl2 solution, and pre-stored in the dark at room temperature. The TA concentration was measured through Gran titration with an automatic titration system (T960, HANON). The certified reference materials (batch 178) from the Dickson lab were used for quality control. The uncertainty in TA measurements was ± 2 μmol kg–1.



DNA Extraction and Sequencing

On day 0 and day 10, a 500-ml seawater sample was collected from each bucket with or without the olivine addition. The collected seawater was firstly filtrated through a 20-μm nylon sieve and then sequentially filtrated through 3- and 0.2-μm pore size polycarbonate membrane filters (47-mm diameter; Millipore) for microbe collection at a negative pressure of <0.01 MPa. The bacteria that settled on the membrane filter of 3-μm pore size were defined as the particle-attached fraction (PA, 3–20 μm), while those that settled on the filter of 0.2-μm pore size were defined as the free-living fraction (FL, 0.2–3 μm). The DNA of bacteria from both the 3- and 0.2-μm filters were extracted using a DNeasy PowerSoil Kit (Qiagen, Germany) according to the manufacturer’s protocol.

Amplicon sequencing of the microbial community in the DNA extraction was performed by Tianjin Novogene Bioinformatic Technology Co., Ltd. (Tianjin, China). The PCR products of one replicate of the olivine-added group in surface seawater are not enough for sequencing, so this part of the data is excluded from the data processing. The V3–V4 region of the bacterial 16S rDNA gene was amplified using the primer pair 341F (5′-CCTAYGGGRBGCASCAG-3′) and 806R (5′-GGACTACNNGGGTATCTAAT-3′) (Zhang et al., 2016), and sequencing was performed on an Illumina Hiseq 2500 pe250.



Data Analysis

Sequences were denoised and clustered using amplicon sequencing variants (ASVs) according to the SILVA database (V138) using Qiime2 (Bolyen et al., 2019). All the sequences assigned to chloroplast and mitochondrion origins were removed from the dataset. Normalized rarefaction was performed, and all data were rarefied to 7,989 sequences per sample because sequencing depth influences diversity analysis. Statistical analyses were conducted in the R software (R Core Team, 2013). Alpha diversity was estimated with the Shannon–Weiner diversity index, and the significance of bacterial α-diversity was tested using Student’s t-tests. Principal coordinates analysis (PCoA) was carried out with a Bray–Curtis (BC) distance matrix using the “vegan” package, and information on chemical parameters was added to the PCoA plot using envfit to explore correlations between changes in bacterial community composition and environmental factors (Oksanen et al., 2020). Analysis of similarities (Anosim) using BC distance matrices was used to test the significance of the grouping based on the PCoA ordination. Similarity percentage analysis (SIMPER) was used to identify the major classes primarily responsible for the dissimilarity of bacterial community between control and olivine-added groups. Differences between control and olivine-added groups were analyzed by t-tests, and the confidence level was set at 0.05.




RESULTS


Olivine Dissolution in Seawater

The temperature in the field was 25.2 ± 0.2°C and 24.6 ± 0.2°C in the surface and bottom layers of the sampling sites, respectively, while the salinity was 31.55 ± 0.16 and 31.78 ± 0.04, respectively. Accordingly, the initial DSi was 9.1 ± 0.9 and 10.0 ± 0.6 μmol kg–1, the pH was 8.07 ± 0.03 and 7.99 ± 0.03, and TA was 2410 ± 23 and 2386 ± 7 μmol kg–1, respectively (Figure 2). The temperature, TA, and pH in the surface layer were higher than in the bottom layer, while the salinity and DSi were lower in the surface layer.
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FIGURE 2. Changes of dissolved silicate concentration (A,B) DSi, μmol kg–1, pH (C,D), and total alkalinity (E,F) μmol kg–1 in initial and 10-day incubated seawater with or without olivine addition, from the surface (A,C,E) and bottom layers (B,D,F) of the sampling site. The vertical bar indicates the standard deviation (N = 3), and different letters indicate significant differences (p < 0.05).


The 10-day incubation caused no significant changes of seawater DSi, pH, and TA compared to the control for both the surface and bottom layers (Figure 2). In the olivine-added group, however, the DSi, pH, and TA were markedly increased in both layers (p < 0.01 in all cases). Adding the olivine increased the seawater DSi by 8.6 ± 0.1 μmol kg–1 from 9.1 ± 0.9 to 17.7 ± 0.8 μmol kg–1 in the surface water within 10 days of incubation, and by 9.3 ± 0.6 μmol kg–1 from 10.0 ± 0.6 to 19.2 ± 0.9 μmol kg–1 in the bottom water (Figures 2A,B). Meanwhile, the olivine addition increased the pH by 0.09 ± 0.02 in the surface (from 8.07 ± 0.03 to 8.16 ± 0.02) and by 0.14 ± 0.02 in the bottom (from 7.99 ± 0.03 to 8.13 ± 0.01) (Figures 2C,D), and increased the TA by 177 ± 4 μmol kg–1 (from 2410 ± 23 to 2587 ± 24 μmol kg–1) and 185 ± 4 μmol kg–1 (from 2386 ± 7 to 2572 ± 3 μmol kg–1), respectively (Figures 2E,F).



Response of the Bacterial Community to Olivine Addition

The PA bacterial diversity and richness of the control groups showed a small range of variation over time (4.23–4.39 in surface seawater incubation and 3.82–4.28 in bottom seawater incubation). That of the olivine-added groups increased slightly (4.23–4.86 in surface seawater incubation and 3.82–4.59 in bottom seawater incubation) (Figures 3A,B). Similar to the PA bacteria, the FL bacterial diversity and richness of both the control and olivine-added groups changed little over time (Figures 3C,D). Moreover, there were no significant differences in bacterial diversity and richness between the two groups after 10 days of incubation for both FL and PA fractions according to the t-test (p > 0.05).
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FIGURE 3. Changes of Shannon–Weiner index of the particle-attached (A,B) PA, 3–20 μm and free-living (C,D) FL, 0.2–3 μm bacterial communities in initial and 10-day incubated seawater with or without olivine addition, from the surface (A,C) and bottom layers (B,D) of the sampling site. The vertical bar indicates the standard deviation (N = 3), and different letters indicate significant differences (p < 0.05).


Variation in the bacterial community composition was evaluated by using PCoA of the Bray–Curtis distance. Analysis indicated the distinctiveness of the PA bacterial community after olivine addition (Supplementary Figures 1A,B). The first two constrained axes together explained 47.34 and 51.49% of the variation in the PA bacterial community in the surface and bottom water incubations, respectively. The bacterial communities of the control and olivine-added groups were separated along the chemical properties after 10 days of incubation (rAnosim = 0.58 in surface seawater; rAnosim = 0.37 in bottom seawater). The two PCoA axes, PCo1 and PCo2, captured 36.1 and 33.26%, and 17.74 and 21.79% of the total variation in the FL bacterial community in the surface and bottom incubations, respectively. The changes of bacterial community composition over time were primarily separated along PCo1 (Supplementary Figures 1C,D). The FL bacterial community showed a visible differentiation between day 0 and day 10, but the FL bacterial community of the olivine-added group on day 10 was not separated from the control group, which clustered together (rAnosim = 0.07 in surface seawater; rAnosim = −0.07 in bottom seawater).

The dataset consisted of 29 phyla, of which Proteobacteria, Bacteroidota, Firmicutes, Actinobacteriota, and Campilobacterota were the most abundant. Each of these five phyla accounted for ≥1% of the total sequences (all FL and PA libraries together) (Figure 4). Proteobacteria was the most abundant phylum in both PA and FL bacterial communities in the control groups on day 10. The sequences affiliated to Bacteroidota and Firmicutes in the PA fraction responded differently to the addition of olivine compared with the control in both the surface and bottom seawater incubations after 10 days. In the surface seawater, the relative abundance of Firmicutes increased considerably after adding olivine, and the distribution of the Bacteroidota sequences did not vary much between the control and olivine-added groups. In the bottom seawater, Bacteroidota and Firmicutes became the dominant bacteria, comprising more than 50% of the bacterial community after olivine addition. Five major phyla of the FL fraction showed a non-significant difference between the control and olivine-added groups, and Proteobacteria was the dominant phylum in both groups. The distributions of Bacteroidota, Firmicutes, and Actinobacteriota in the control were similar to those in the olivine-added group.
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FIGURE 4. Changes of averaged relative abundance (N = 3) of particle-attached (A,B) PA, 3–20 μm and free-living (C,D) FL, 0.2–3 μm bacterial communities at the phylum level in initial and 10-day incubated seawater with or without olivine addition, from the surface (A,C) and bottom layers (B,D) of the sampling site. The standard deviations of bacterial relative abundances are shown in Supplementary Figure 2.


Similarity percentage analysis analysis identified six classes primarily responsible for the observed bacterial community dissimilarities of the PA fraction between the control and olivine-added groups (Figures 5A,B), and these classes contributed more than 85% to the overall dissimilarities. In surface seawater, of all the six classes, two classes of Firmicutes contributed the most to the overall dissimilarities (36.82%), followed by Proteobacteria (two classes, 35.91%), Bacteroidota (one class, 6.05%), and Actinobacteriota (one class, 4.96%). The relative abundances of classes affiliated with Firmicutes were much higher in the olivine-added group (12.0–24.4%) than the control group (0.6–2.8%) (Figure 5A). The observed differences in bottom seawater were similar to those in surface seawater, and the olivine-added group in bottom seawater incubation was characterized by high relative abundances of Bacilli, Clostridia (affiliated with Firmicutes), and Bacteroidia (affiliated with Bacteroidota). For the FL bacterial community, in surface seawater, Gammaproteobacteria and Alphaproteobacteria were the two most different classes, making up more than half of the observed differences, followed by Acidimicrobiia, Bacteroidia, Actinobacteria, and SAR324 (Figure 5C). In bottom seawater, the differences in the FL bacterial community between the control and olivine-added groups were mainly affected by Gammaproteobacteria, Campylobacteria, Clostridia, Alphaproteobacteria, Bacteroidia, and Dehalococcoidia (Figure 5D). Further analysis of the genera from the classes of PA bacteria that responded to olivine addition showed that the members of Lactobacillus, Dubosiella, and Turicibacter from class Bacilli and Clostridium sensu stricto 1 from class Clostridia were more abundant after olivine addition (Figures 6E,F). Meanwhile, Bifidobacterium (class Actinobacteria) and Muribaculaceae (class Bacteroidia) were enriched in the olivine-added groups (Figures 6C,D,G,H).
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FIGURE 5. Contributions of the top six particle-attached (A,B) PA, 3–20 μm and free-living (C,D) FL, 0.2–3 μm bacteria classes to community dissimilarities after 10-day incubations in control and olivine-added seawater from surface (A,C) and bottom layers (B,D) of the sampling site.
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FIGURE 6. Changes of averaged relative abundance (N = 3) of particle-attached (PA, 3–20 μm) bacterial communities that respond to olivine addition at the genera level, in initial and 10-day incubated seawater with or without olivine addition: (A,B) Proteobacteria (Alphaproteobacteria and Gammaproteobacteria); (C,D) Bacteroidota (Bacteroidia); (E,F) Firmicutes (Bacilli and Clostridia); and (G,H) Actinobacteriota (Actinobacteria) in the surface (A,C,E,G) and bottom layers (B,D,F,H) of the sampling site. The standard deviations of bacterial relative abundances are shown in Supplementary Figure 2.





DISCUSSION

Olivine weathering in seawater can effectively enhance the alkalinity of the seawater (Montserrat et al., 2017). Consistent with previous studies (Hartmann and Kempe, 2008; Hangx and Spiers, 2009; Renforth and Henderson, 2017), the addition of olivine in this experiment resulted in a significant increase in pH, TA, and DSi concentrations relative to the control groups in both surface and bottom seawater incubations (Figure 2). Previous studies indicated that the accumulation of dissolution products and particles might influence the bacterial community (White and Brantley, 2003; Meysman and Montserrat, 2017). However, until now the mechanisms behind this have not been clear.

We further explored the variations in the bacterial community in seawater after adding olivine through the laboratory culture experiment of natural surface and bottom seawater. PA and FL bacterial communities responded differently to olivine addition after 10 days of incubation (Supplementary Figure 1). The PCoA and analysis of similarities (Anosim) indicated that the addition of olivine had no evident influence on the FL bacterial community during the experimental period, which might be due to the fact that coastal FL bacteria have adapted to the in situ near-shore environmental fluctuations (Cornwall et al., 2013; Jing et al., 2013; Liu et al., 2019), and they were not attached to the olivine particles nor exposed to the microenvironment formed by olivine dissolution. However, the analysis of similarities suggested that PA bacterial communities of the control and olivine-added groups were different after 10 days of incubation. The interaction between olivine particles and biofilm-forming microbes was considered the main reason for changes in PA bacterial community composition (Shirokova et al., 2012; Caraballo Guzman et al., 2020). Phyla Bacteroidota and Firmicutes have an inclination for growth attached to particles (Fernandez-Gomez et al., 2013; Zhang et al., 2016; Bachmann et al., 2018). After grinding, olivine has a large specific surface area and that of ground olivine provides more opportunities for bacteria to colonize when olivine particles float in the seawater column (Smith et al., 2013; Rigopoulos et al., 2015). Similar to our findings, a high proportion of Bacteroidota was also found on the glass beads (Ogonowski et al., 2018), indicating that Bacteroidota can not only attach to polymers but also colonize inorganic particles. Members of Bacilli, Clostridia, and Bacteroidia were enriched in the PA fraction after olivine addition. Previous studies indicated that biofilm formation by Bacilli conferred antibiotic resistance, and Clostridia could be found in moving bed biofilm reactor systems (Houry et al., 2012; Pantaleon et al., 2014). Bacteroidia was identified as the core microbiome of the polyethylene-associated biofilm in coastal environments (Tu et al., 2020). The high concentrations of mineral dissolution products around the particles might stimulate microorganisms to facilitate biofilm development to resist environmental stress (Negrete-Bolagay et al., 2021). The complex structure of biofilms might lead to diffusion limitation, and the oxygen distribution was strongly influenced by the biofilm depth. As a result, the anaerobic area formed at some depth below the biofilm surface, which could facilitate the cohabitation of anaerobic and aerobic bacteria within the microbial biofilm (Tay et al., 2002). Strictly or facultative anaerobic bacterial genera were enriched in the PA fraction during the 10-day incubation, indicating the possible formation of an anoxic microenvironment (Figure 6). Lactobacillus, one of the major PA bacterial taxa in olivine-added groups, was a genus of facultative anaerobic bacteria that could grow as biofilms on abiotic surfaces and was enriched in the PA fraction of all samples. Bifidobacterium was a strictly anaerobic genus, which was enriched in the olivine-added groups, and bifidobacterial biofilm formation might be a multifactorial adaptive phenomenon in response to olivine exposure (de Vries and Stouthamer, 1969; Liu et al., 2021). The anaerobic genera Muribaculaceae, Dubosiella, and Turicibacter were also enriched after olivine addition in the PA fraction, indicating that micro-anaerobic conditions might form (Licht et al., 2007; Liu et al., 2020; Park et al., 2021).

The residence time of olivine in the seawater column mainly depends on the size of the particles (Hangx and Spiers, 2009). Smaller-size olivine particles remain in the surface layer for longer. The quality of suspended matter also influences microbial colonization. It has been reported that the bacterial abundance on organic and aged particles is higher than that on inorganic and fresh particles (Kernegger et al., 2009). Inversely, the secondary production of individual bacteria on inorganic and fresh particles is higher than that on organic and aged ones (Kernegger et al., 2009). At the same time, the attachment and remineralization of organic particulate matter by PA bacteria can retain nutrients and DOM in the surface layer, which is important in summer when the thermocline forms and nitrogen and phosphorus nutrients are limited (Simon et al., 2002; Hangx and Spiers, 2009). Meanwhile, olivine dissolution enriches the DSi pool in the surface ocean (Bach et al., 2019). The accumulated nutrients can stimulate planktonic algal blooms to take up more CO2 if olivine addition conducts in a reasonable time.



CONCLUSION

The dissolution of olivine can effectively raise the alkalinity and pH of seawater, and thus uptake extra CO2 from the atmosphere, and mitigate ocean acidification. Our study showed that the influence of olivine addition on the bacterial community was mainly on particle-attached bacteria rather than the free-living bacterial community during the experimental period. The difference between the particle-attached bacterial community in the control and olivine-added groups might be due to environmental stress resulting from the olivine dissolution, which could stimulate particle-attached bacteria to facilitate biofilm development. Further investigation on ecological effects is still needed before large-scale enhanced weathering through the dissolution of olivine, even though it is feasible and effective.
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Phaeocystis globosa (P. globosa) is one of the dominant algae during harmful algal blooms (HABs) in coastal regions of Southern China. P. globosa exhibits complex heteromorphic life cycles that could switch between solitary cells and colonies. The ecological success of P. globosa has been attributed to its colony formation, although underlying mechanisms remain unknown. Here, we investigated different bacterial communities associated with P. globosa colonies and their influence on colony formation of two P. globosa strains isolated from coastal waters of Guangxi (GX) and Shantou (ST). Eight operational taxonomic units (OTUs) were observed in ST co-cultures and were identified as biomarkers based on Linear discriminant analysis Effect Size (LEfSe) analysis, while seven biomarkers were identified in P. globosa GX co-cultures. Bacterial communities associated with the P. globosa GX were more diverse than those of the ST strain. The most dominant phylum in the two co-cultures was Proteobacteria, within which Marinobacter was the most abundant genus in both GX and ST co-cultures. Bacteroidota were only observed in the GX co-cultures and Planctomycetota were only observed in the ST co-cultures. Co-culture experiments revealed that P. globosa colony formation was not influenced by low and medium cell densities of Marinobacter sp. GS7, but was inhibited by high cell densities of Marinobacter sp. GS7. Overall, these results indicated that the associated bacteria are selected by different P. globosa strains, which may affect the colony formation and development of P. globosa.

Keywords: Phaeocystis globosa, associated bacteria, colony formation, Marinobacter, composition


INTRODUCTION

The Phaeocystis are globally distributed marine algae, which cause frequent coastal harmful algal blooms and play important roles in carbon and sulfur biogeochemical cycling (Schoemann et al., 2005; Verity et al., 2007). Owing to their negative effects on marine ecosystems, fisheries, and local economies, the bloom development of Phaeocystis has gained much attention in recent decades (Schoemann et al., 2005). Phaeocystis species, such as Phaeocystis globosa, Phaeocystis pouchetii, and Phaeocystis antarctica have all been reported to form extensive colony blooms in many regions including in tropic and polar waters (Schoemann et al., 2005).

Phaeocystis exhibit complex polymorphic life cycles involving solitary cell and colony stages, wherein solitary cells are generally 3–9 μm and colonies are usually several mm in diameter (Rousseau et al., 1994). Extraordinarily large Phaeocystis colonies (up to 3 cm in diameter) have also been found in coastal waters of South China (Qi et al., 2004; Smith et al., 2014).

Colony formation partially underlies the success of Phaeocystis in marine ecosystems (Rousseau et al., 1994; Hamm, 2000). Solitary cells are generally consumed by small grazers (Tang et al., 2001), while colonies are ingested by zooplankton to a lesser degree due to their tough exteriors and size mismatches between colonies and grazers (Hamm et al., 1999; Jakobsen and Tang, 2002). Thus, colony formation protects Phaeocystis cells from predation and thus significantly decreases mortality (Hamm et al., 1999). Several abiotic and biological factors have been proposed to affect the colony formation of Phaeocystis, such as light exposure (Wang et al., 2014), macronutrient levels (Wang et al., 2010), temperatures (Wang et al., 2010), and zooplankton grazing (Jakobsen and Tang, 2002), or combinations of these factors, while the molecular mechanisms underlying colony formation remain enigmatic (Verity et al., 2007).

Colonies largely comprise polysaccharides (Hamm et al., 1999), which provide a carbon source for surrounding bacterial populations (Dutz and Koski, 2006; Verity et al., 2007; Wemheuer et al., 2015). Previous studies have shown dynamic bacterial community compositions during P. globosa blooms (Li et al., 2020). For example, in the course of Phaeocystis blooms in the southern North Sea, bacterial diversity decreased significantly and Gammaproteobacteria became more abundant (Wemheuer et al., 2014, 2015). During the demise of a Phaeocystis spring bloom in the North Sea, Bacteroidota abundances increased sharply, which might be involved in mucopolysaccharide degradation (Alderkamp et al., 2006). Similar trends were also observed in the coastal blooms of South China. For instance, Li et al. (2021) found that bacterial diversity of free-living bacteria was lower during P. globosa marine blooms, while Marinobacterium, Erythrobacter, and Persicobacter became dominant in the terminal stage of P. globosa blooms. Zhu et al. (2021) suggested that seawater bacterial richness and diversity were significantly lower in comparison to P. globosa intracolonial fluids during P. globosa blooms (Zhu et al., 2021). Despite these observations, the potential effects of bacterioplankton on P. globosa colony formation remain enigmatic.

Here, bacterial communities associated with P. globosa isolated from coastal waters were investigated and their effects on P. globosa colony formation were explored via co-culture experiments. Specifically, this study aimed to address: (i) how different P. globosa strains influence bacterioplankton composition and diversity, (ii) the identity of bacterial species associated with P. globosa colony development, and (iii) the potential bacterial influences on P. globosa colony formation.



MATERIALS AND METHODS


Bacterial Growth, Isolation, and Classification

Phaeocystis globosa Guangxi (GX) and Shantou (ST) strains were isolated from coastal waters of Guangxi in 2017 and Shantou in 2003, respectively. Bacterial cells were isolated from the exponential stages of P. globosa GX and ST strain growth by serially diluting 1.0 ml aliquots of cultures into sterile seawater. After serial dilutions, 100 μl of the 10–2 to 10–7 dilutions were spread onto agar plates of marine agar 2216 (MA; BD Difco) (Yang et al., 2021). Plates were then incubated at 20°C for 7 days in the dark. Bacterial colonies exhibiting different morphological characteristics were isolated and stored in marine broth 2216 (MB, BD Difco) supplemented with 20% glycerol to form stocks that were stored at −80°C for future experiments (Xu et al., 2021a,b).

Bacteria grown on marine agar plates (MA; BD Difco) were incubated at 20°C in the dark with shaking at 200 revolutions per minute (rpm). To identify the isolated bacteria, single colonies were cultured in marine broth after incubating for 72 h in the dark, followed by centrifugation of cells at 10,000 rpm for 1 min. The centrifuged supernatants were removed and DNA was extracted from the pellets using a TIANGEN Bacterial DNA extraction kit according to the manufacturer’s instructions. The 16S rRNA genes from bacterial isolates were then amplified using universal 16S rRNA primers (27F, 1492R) (Frank et al., 2008) and a Green Tap amplification kit (Vazyme, China). Amplicons were sequenced at Sangon Biotech (Shanghai) Co., Ltd. (Shanghai, China). Marinobacter sp. GS7 cells were fixed using glutaraldehyde and then photographed using a scanning electron microscope (Zeiss ULTRA™ 55, Carl Zeiss Inc., Oberkochen, Germany).

Sequence alignments were generated for the 16S rRNA genes using the EzBioCloud server1 platform. Phylogenetic inference was then conducted using the Maximum-Likelihood method in Mega X and node support was evaluated with 1,000 bootstrap replicates (Kumar et al., 2018).



Phaeocystis globosa Growth

Cultures of P. globosa GX and ST strains were maintained in the exponential growth stage via regular dilution with f/2 medium, and were grown in f/2 medium at 20°C with 12 h light: 12 h dark diurnal cycles (100 μmol m–2 s–1) (Liang et al., 2020).



Axenic Phaeocystis globosa Culture Generation

To generate axenic cultures, solitary P. globosa cells were separated by filtering culture stocks through 10 μm filters. The cells were centrifuged at 2,000 rpm for 5 min, then quickly rinsed with sterile f/2 medium twice and washed for 1 min in sterile media containing 20 μg ml–1 Triton X-100 (Amin et al., 2015). Solitary cells were subsequently washed off the filter by gentle shaking into sterile media containing a suite of antibiotics (per milliliter: 5 μg penicillin, 10 μg streptomycin, 0.1 mg kanamycin, and 1 mg ampicillin). Cells were then incubated in antibiotic-containing media for 48 h under equivalent growth conditions. Finally, 20 ml of antibiotic-treated cells were centrifuged at 2,000 rpm for 5 min, then washed twice with sterile f/2 medium by centrifuging at 2,000 rpm for 5 min and removal of supernatant fluid. The cells were then transferred to conventional f/2 media for 8 days, with four or five rounds of continual transfer. Bacterial contamination was checked via traditional agar plate culturing.



Co-culture Experiments

Bacteria were plated on fresh marine agar plates and grown from single colonies in marine broth by incubating for 72 h at 28°C in the dark with shaking at 200 rpm. Cells were then centrifuged at 8,000 rpm for 5 min and washed twice with sterile seawater, followed by diluting to a stock cell density of 101−1 × 107 cells/ml. Bacterial isolates and axenic P. globosa were then co-cultured using f/2 medium. The initial bacterial cell densities were 1 × 105, 1 × 106, and 1 × 107 cells/ml, while P. globosa cell densities were adjusted to 1 × 104 cells/ml to achieve starting bacterial: P. globosa ratios of 10:1, 100:1, and 1,000:1. Cultures with different starting ratios were designated as L (low cell density, 1 × 105 cells/ml), M (medium cell density, 1 × 106 cells/ml), and H (high cell density, 1 × 107 cells/ml). In addition, P. globosa GX and ST strain cultures without bacterial co-culture were used as controls. All treatments and controls were conducted in triplicate. Cultures were maintained under the same conditions as stock cultures for 10 days (Liang et al., 2020). The abundances of solitary and colonial P. globosa cells were then counted using an Olympus inverted microscope (CKX53, Japan).



DNA Extraction

A 400 ml sample of culture was used for DNA extractions, with three parallel replicates each. Samples were filtered with 0.22 μm Millipore filters to capture bacterial communities, followed by storage of filters at −20°C for subsequent DNA extraction. DNA extraction using the FastDNA Spin Kit for Soil (MP Biomedicals, Solon, OH, United States) according to the manufacturer’s instructions. DNA yield and purity were measured using a NanoDrop 2000 spectrophotometer (Thermo Scientific Inc., Waltham, MA, United States) and 1.0% agarose gel electrophoresis, respectively.



High-Throughput Sequencing and Bioinformatics

The V3–V4 hypervariable regions of bacterial 16S rRNA gene were amplified using the universal primer with 338F/806R (Xu et al., 2016). PCRs comprised TransStart® Fastpfu DNA Polymerase (TransGen Biotech, Beijing, China) and reactions were prepared according to the manufacturer’s instructions. PCR conditions included 95°C for 3 min followed by 27 cycles of 95°C for 30 s, 55°C for 30 s, and 72°C for 45 s, with a final extension at 72°C for 10 min. High-throughput sequencing of amplicons was conducted at Shanghai Majorbio Bio-pharm Co., Ltd. (Shanghai, China) on the Illumina MiSeq platform (Illumina, San Diego, CA, United States) with 250 bp paired-end sequencing.

Sequences were merged using FLASH (version 1.2.7) (Magoc and Salzberg, 2011) and the raw FASTQ files were quality filtered using fastp (version 0.20.0) (Chen et al., 2018). Quality filtered sequences were aligned with the SLIVA alignment (Quast et al., 2013), and sequences annotated as chloroplasts or mitochondria were removed, followed by clustering of sequences into operational taxonomic units (OTUs) at the 97% nucleotide sequence similarity threshold with UPARSE (version 7.1) (Edgar, 2013). Linear discriminant analysis Effect Size (LEfSe) analysis (Segata et al., 2011) was used to explore potential bacterial biomarkers associated with different P. globosa strains. The potential functions of bacterial populations were evaluated with FAPROTAX (version 1.2.4) (Louca et al., 2016).



Statistical Analyses

The OTU sequence numbers were normalized to an equal number by 31065 for the later statistical analysis. The α-diversity indexes for richness estimators (ACE and Chao1), diversity (Shannon and Simpson), and Good’s coverage were calculated by using “vegan” R package (Jari Oksanen et al., 2019). The NMDS (non-metric multidimensional scaling) were by ANOSIM with 999 permutations for Bray–Curtis dissimilarities by using vegan and ggplot2 R packages (Wickham, 2017; Jari Oksanen et al., 2019). Distance-based redundancy analysis (db-RDA) followed the ANOVA with 999 permutations by using vegan R package (Jari Oksanen et al., 2019). Using the variable inflation factor (VIF) index with a maximum cut-off score of 10 checked multicollinearity among solitary cells abundance, colonial abundance, and colony diameter of P. globosa.




RESULTS


Bacterial Community Diversity and Composition in the Guangxi and Shantou Strain Co-cultures

Rarefaction curves and Good’s coverage index indicated that the level of sequencing conducted was adequate to recover most sample diversity for both the GX and ST strain co-cultures (Supplementary Figure 1). The ACE and Chao 1 richness index values for the GX co-culture bacterial community were much higher than those of the ST strain, indicating that bacterial richness was significantly different in the GX and ST strain co-cultures (ACE, p < 0.05, Chao 1, p < 0.01). Significant differences were not observed for the Shannon and Simpson indices when comparing the GX and ST communities (Figure 1A), which is consistent with their bacterial OTU compositions (ANOSIM, p > 0.05 for Bray–Curtis metrics) through the NMDS analysis (Figure 1B).
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FIGURE 1. The diversity of bacterial communities associated with Phaeocystis globosa GX and ST strain cultures. (A) α-Diversity indices for the two co-culture communities. Statistical differences between pairs were assessed by t-tests. nsNot significant; *p < 0.05; **p < 0.01. (B) Non-parametric multidimensional scaling (NMDS) plots show variation in OTU compositions among the two co-cultures. GX, P. globosa GX strain co-culture; ST, P. globosa ST strain co-culture.


A total of 26 OTUs were identified from the 6 co-culture (ST1, ST2, ST and GX4, GX5, GX6) communities, comprising 5 phyla, 8 classes, 15 orders, 21 families, and 25 genera. OTU2 was the dominant OTU among all samples (Supplementary Table 1). Community composition was considerably similar in both GX and ST co-cultures (Figure 2A). At the phylum level, Proteobacteria (82.7% average relative abundance) dominated the bacterial communities in both co-cultures, followed by Bacteroidota (16.9%), which were more abundant in the GX co-cultures. Proteobacteria (98.8%) and Planctomycetota (1.2%) were more abundant in the ST co-cultures, while Bacteroidota was absent. Proteobacteria was the most abundant phylum for both GX and ST co-cultures (Figure 2B). Marinobacter, Marixanthomonas, and unclassified Alteromonadaceae were the dominant genera in the GX co-culture (abundances >5%), while Marinobacter, unclassified Alteromonadaceae, uncultured Hyphomonadaceae, and Labrenzia were the dominant genera in the ST co-culture. Although the bacterial compositions differed between the GX and ST co-cultures, Marinobacter dominated both systems, with 55.0% and 61.9% abundances in the GX and ST co-cultures, respectively (Figure 2C).
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FIGURE 2. Composition of Phaeocystis globosa bacterial communities. (A) Shared and unique OTUs among co-cultures, visualized with Venn diagrams. (B) Co-culture bacterial community composition at the phylum level. (C) Co-culture bacterial community composition at the genus level. GX, P. globosa GX strain co-culture; ST, P. globosa ST strain co-culture.




Bacterial Biomarkers in the Guangxi and Shantou Strain Co-cultures

Cladograms were used to depict the distributions of taxonomic groups (Figure 3), with LDA scores >2 being used to identify biomarkers with LEfSe analysis (Figure 4). More biomarkers (LDA > 2) were identified for the P. globosa ST co-cultures compared to the GX co-cultures. Specifically, LEfSe analysis indicated that the P. globosa ST co-cultures included eight biomarkers including OTU27 (p__Planctomycetota, c__OM190), OTU20 (g__Roseitalea), OTU23 (g__Cohaesibacter), OTU5 (g__Stappia), and OTU16 (g__Labrenzia) affiliated with Rhizobiales (p_Proteobacteria, c_Alphaproteobacteria); OTU18 (g__Rhodococcus) affiliated with the Corynebacteriales (p__Actinobacteriota, c__Actinobacteria); OTU25 affiliated with the Caulobacterales (p__Proteobacteria, c__Alphaproteobacteria); and OTU9 (g__unclassified_o__Salinisphaerales) affiliated with the Salinisphaerales (p__Proteobacteria, c__Gammaproteobacteria).
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FIGURE 3. Cladogram showing the phylogenetic distributions of bacterial taxa associated with Phaeocystis globosa cultures. Circles indicate the taxonomic level ranging from the phylum to OTU levels. The diameter of each circle is proportional to the abundance of that group. GX, P. globosa GX strain co-culture; ST, P. globosa ST strain co-culture. p, phylum; o, order; f, family; g, genus; s, species.
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FIGURE 4. Indicator bacterial taxa with LDA scores >2. Different-colored regions of the bars in panel indicate taxa from different co-cultures. GX, P. globosa GX strain co-culture; ST, P. globosa ST strain co-culture. p, phylum; o, order; f, family; g, genus; s, species.


The P. globosa GX co-culture harbored seven biomarkers including OTU3 (g_Devosia) and OTU13 (g_Hoeflea) affiliated with the Rhizobiales (p_Proteobacteria, c_Alphaproteobacteria); OTU11 and OTU7 (g_Sulfitobacter) affiliated with the Rhodobacterales (p_Proteobacteria, c_Alphaproteobacteria); along with OTU6 (g__Marixanthomonas), OTU1 (g__SM1A02), and OTU4 (g__Algiphilus). Greater numbers of biomarkers affiliated with Rhizobiales were enriched in the P. globosa ST co-cultures compared to the GX co-culture, while one biomarker was affiliated with the Planctomycetota in P. globosa ST co-culture that was not observed in the GX co-cultures.



Potential Metabolic Functions of Bacterioplankton in the Guangxi and Shantou Strain Co-cultures

FAPROTAX was used to predict the potential metabolic functions of bacterioplankton populations based on 16S rRNA gene identities. Twelve functional groups were predicted from the 26 OTUs. Chemoheterotrophic (chemoheterotrophy and aerobic chemoheterotrophy) microbial populations were predicted as the most dominant groups, accounting for 67.7 and 70.3% of the P. globosa GX and ST co-cultures, respectively (Figure 5A). Hydrocarbon degradation-associated functional groups accounted for 24.3 and 26.0% of the P. globosa GX and ST co-cultures, respectively. OTU2 (Marinobacter) was present in all samples and was predicted to be involved in chemoheterotrophy, aerobic chemoheterotrophy, and hydrocarbon degradation (Figures 5B,C and Supplementary Table 2). Overall, functional predictions suggested that bacterial communities of P. globosa GX and ST co-cultures maintained similar metabolic functions, with the dominant functional profiles arising from Marinobacter.
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FIGURE 5. Predicted functional groups among the bacterial communities associated with Phaeocystis globosa cultures. (A) Relative abundances of functional classifications. (B) OTUs associated with predicted chemoheterotrophic functions. (C) OTUs associated with predicted aerobic chemoheterotrophic functions.




Co-culture Experiments of Bacterial and Phaeocystis globosa Strains

To identify strain-specific interactions between Phaeocystis and associated bacteria, ten and eight cultivable bacterial strains were isolated from the GX and ST co-cultures, respectively. The strains were identified as Alteromonas, Hoeflea, Labrenzia, Sulfitobacter, Oceanicaulis, and Marinobacter genera based on >97% similarity in 16S rRNA gene sequences.

Marinobacter GS7 cells are Gram-negative, rod-shaped, not flagellated, 1.5–2.5 μm in length, and 0.3–0.5 μm wide (Supplementary Figure 2). Phylogenetic analysis based on 16S rRNA gene sequences indicated that GS7 was closely related to Marinobacter shengliensis SL013A34A2 (98.6% 16S rRNA gene identity) (Supplementary Figure 3). GS7 formed a distinct phylogenetic cluster (16S rRNA genes exhibited 99.7% nucleotide similarity) with OTU2, which was the dominant taxa in GX and ST strain co-cultures (Supplementary Figure 4 and Supplementary Table 1).

We first determined that the growth rate of P. globosa was not influenced by the short-term removal of bacterial populations. Further, the growth rate was also unaffected when co-cultured with Marinobacter sp. GS7 at cell densities of 1 × 101 to 1 × 104 cells/ml. However, high cell densities of Marinobacter sp. GS7 significantly decreased (p < 0.01) the solitary cell abundances of P. globosa ST and GX strains (Figure 6A). In contrast, low and medium cell densities of Marinobacter sp. GS7 did not impact (p > 0.05) solitary cell abundances of the P. globosa ST and GX strains (Figure 6A). Addition of low and medium cell densities of Marinobacter sp. GS7 also did not impact (p > 0.05) P. globosa colony numbers for either strain. Rather, P. globosa GX and ST strains failed to form colonies when they were exposed to high cell densities of Marinobacter sp. GS7 (Figure 6B).


[image: image]

FIGURE 6. Growth characteristics of Phaeocystis globosa-Marinobacter sp. GS7 co-cultures. (A) The abundances of solitary P. globosa cells. (B) The abundances of P. globosa colonies. Each bar represents the mean of three biological replicates and error bars indicate standard deviations of the means. Statistical differences between treatments and controls were tested with t-tests. *p < 0.05; **p < 0.01. Non-significant comparisons are not marked. GX, P. globosa GX strain co-culture; ST, P. globosa ST strain co-culture. L, M, and H indicate the final bacterial cell densities of 1 × 105, 1 × 106, and 1 × 107 cells/ml, respectively.





DISCUSSION


Phaeocystis globosa Effects on Bacterial Assembly

Bacterial communities associated with field P. globosa blooms were studied for decades, while bacterial community assemblage and function associated with long-term P. globosa laboratory culture remain relatively understudied (Li et al., 2020; Rosenberg et al., 2021). Marine environmental conditions change dynamically across multiple temporal and spatial scales, thereby impacting bacterial communities (Rosenberg et al., 2021). These selective forces can drive divergent bacterial community succession in distinct natural marine environments (Jasti et al., 2005). In contrast to marine environments, laboratory culture conditions can be altered to modulate single variables including light, temperature, and the concentrations of dissolved inorganic and organic nutrients. In this study, only 26 bacterial OTUs were obtained from laboratory co-cultures, representing a simplified microbial community compared to communities in natural marine ecosystems. Many studies have shown that bacterial communities associated with P. globosa blooms are dominated by Proteobacteria and Bacteroidota (Brussaard et al., 2005; Buchan et al., 2014; Delmont et al., 2014; Wemheuer et al., 2015; Wohlbrand et al., 2017; Li et al., 2020). Moreover, Guangxi and Shantou are two distinct coastal systems, which are shaped by tides, weather, and local anthropogenic influences (Wang et al., 2013). For instance, the sea surface temperature and light intensity of Guangxi are usually higher than that of Shantou (Zhao et al., 2018), thus, primary production in Guangxi is relatively higher than Shantou over the whole year (Ma et al., 2021). These distinct local environments select for adapted P. globosa strains, which further select associated microbes. In laboratory cultures, this close phytoplankton-heterotroph association was maintained and enhanced after many generations. In this study, Proteobacteria were also the dominant bacteria phylum among all P. globosa long-term laboratory cultures, while Bacteroidota were not observed in the P. globosa ST strain co-culture. The abundances of Bacteroidota (OTU6) were positively correlated with colony abundances but were negatively correlated with solitary cell abundances by db-RDA analysis, suggesting Bacteroidota may be associated with P. globosa colonies. ST co-cultures are dominated by solitary cells in life history (Liang et al., 2020), which may not favor the attachment and growth of Bacteroidota, thus gradually lost during the P. globosa cultivation.

Since laboratory culture conditions of both strains were identical, the difference in bacterial community assemblage likely arose from selective forces imposed by differences in the two P. globosa strains. In addition, the most dominant bacterial genus, Marinobacter, as identified in this study, was not the most dominant one in previous studies which used P. globosa strains differ from the current study (Xu et al., 2021a,b; Zhu et al., 2021). These results suggest that different P. globosa strains might recruit different microbes, and stable association could be formed during the long-time laboratory co-culture (Kogure et al., 1982; Vaqué et al., 1990; Sapp et al., 2007).

In addition, db-RDA modeling was used to assess the associations of P. globosa solitary cell abundances and colony abundances as meaningful explanatory variables of bacterial community variation (Figure 7A). Bacterial communities of P. globosa GX cultures were associated with P. globosa colony abundances. In contrast, bacterial communities of P. globosa ST cultures differed from GX co-cultures and were associated with P. globosa solitary cell abundances. Thus, bacterial communities are impacted by P. globosa growth dynamics and strain-specific characteristics. These results are consistent with previous studies indicating that bacterial community composition is selected by characteristics of microalgal growth, but also by characteristics of different microalgal strains (Kogure et al., 1982; Vaqué et al., 1990; Sapp et al., 2007).
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FIGURE 7. Distance-based redundancy analysis (db-RDA) ordination plots of bacterial community variation at the OTU level. (A) The relationships of Phaeocystis globosa growth indices and community composition. The relationships of P. globosa growth indices and the 10 most abundant OTUs (B). GX, P. globosa GX strain co-culture; ST, P. globosa ST strain co-culture.


In the present study, the potential functions of bacteria associated with P. globosa were evaluated using the FAPROTAX software. Chemoheterotrophy was the dominant predicted metabolic lifestyle among P. globosa co-culture bacteria, mostly contributed by Marinobacter. Likewise, db-RDA (Figure 7B) indicated that bacterial community composition (considering the 10 most abundant OTUs) varied with P. globosa growth. Specifically, the abundances of Marinobacter (OTU2) were positively correlated with solitary cell abundances but were negatively correlated with colony abundances, suggesting Marinobacter is associated with P. globosa growth.

Linear discriminant analysis Effect Size analysis indicated that the P. globosa GX and ST co-cultures were associated with different biomarkers. Interestingly, both P. globosa strains were associated with diverse N2-fixing bacteria, with five N2-fixing OTUs identified as biomarkers in the ST cultures, and two N2-fixing OTUs in the GX strain. These bacteria included Planctomycetota that encode nifD and nifH genes (Delmont et al., 2018) and Alphaproteobacteria (order Rhizobiales) that include N2-fixing rhizobia (Remigi et al., 2016; Zhang et al., 2021). Besides the N2-fixing bacterial biomarkers (Rhizobiales), P. globosa GX co-culture also harbored an OTU affiliated with Sulfitobacter which was not absent in the P. globosa ST co-culture. Previous studies Hypothesized that N2-fixing bacteria can fix nitrogen, which might release the nitrogen limitation of algae (Ferro et al., 2019; Tait et al., 2019). In addition, studies also showed that Sulfitobacter could enhance the growth of Pseudo-Nitzschia multiseries via secretion of the hormone indole-3-acetic acid (Amin et al., 2015; Seymour et al., 2017). Thus, long-term cultivation of P. globosa leads to the selection of bacteria that could be beneficial for the dominant microalgae.



Marinobacter Negatively Affects Phaeocystis globosa Colony Development

A previous study also indicated that Marinobacter might be a potential bacterial bioindicator of P. globosa blooms (Li et al., 2020). Marinobacter exhibits high metabolic diversity, that can use a variety of carbon sources, and participate in important biogeochemical cycling processes (Bonis and Gralnick, 2015; Wang et al., 2015; Wemheuer et al., 2015). Besides, Marinobacter also plays a major role as a dominant Fe (II)-oxidizer in different environments (Bonis and Gralnick, 2015). Marinobacter can be found in single algal laboratory cultures, but also coexist with microalgae (Alavi et al., 2001; Hold et al., 2001b; Lupette et al., 2016).

An association of P. globosa solitary cell numbers and colony abundances was observed with Marinobacter sp. GS7 when grown in co-culture. Interestingly, co-culture with low and medium cell densities of Marinobacter did not lead to significant changes in P. globosa solitary cell and colony abundances, while high cell densities of Marinobacter sp. GS7 significantly impaired the growth and colony formation of P. globosa. The inhibition effect on P. globosa growth might be related to the physiological change of Marinobacter cells at high cell densities compared to low cell densities, such as chemotaxis, cell motility, and attachment (Sonnenschein Eva et al., 2012), or extracellular electron transfer (Eddie et al., 2021), or discharging of chemical mediators such as antibacterial and algicidal compounds (Imai et al., 1993; Mayali and Azam, 2004; Meyer et al., 2017; Cirri and Pohnert, 2019). Lifestyle change of Alteromonas, another opportunitroph frequently associated with marine phytoplankton, has been observed when co-culturing with Trichodesmium (Hou et al., 2018). Alteromonas cell motility and cellular activities were tightly regulated and coupled with the physiology of phytoplankton. Here the density-dependent inhibitory effect of Marinobacter on P. globosa growth might indicate a transition of their relationship from mutualism/commensalism to competition. When Marinobacter cell density was low, P. globosa exudates facilitated the heterotrophic growth of Marinobacter as important carbon sources (Fouilland et al., 2014). In return, Marinobacter may produce growth factors or secrete siderophores to promote the growth of associated phytoplankton (Töpel et al., 2019). At high cell densities, Marinobacter cells may compete with P. globosa for resources or compete with each other for attachment to phytoplankton, thus preventing P. globosa growth and colony formation. Previous studies reported that many heterotrophic bacteria could secrete chemicals inhibiting phytoplankton growth (Gallacher et al., 1997; Hold et al., 2001a; Kim et al., 2008; Yang et al., 2014). Some of the algicidal compounds are concentration dependent (Paul and Pohnert, 2011; Tan et al., 2016), which are likely to release at high bacterial cell densities (Mayali and Doucette, 2002; Roth et al., 2008) for competing nutrients (Meyer et al., 2017). Thus, it is possible that at high cell densities, algicidal compounds or other toxic substances produced by Marinobacter inhibited the growth and colony formation of P. globosa. Although we could not determine the exact chemicals in this study, it represents an interesting avenue for future research.




CONCLUSION

In this study, bacterial communities associated with two P. globosa strains and their influence on colony formation were evaluated. The P. globosa GX strain cultures showed higher bacterial community richness than the ST strain cultures. Overall community compositions and biomarker bacteria were also different between the two P. globosa strains, suggesting a strain-specific epibiont association. Co-culture experiments with P. globosa and Marinobacter sp. GS7 revealed that P. globosa formed colonies in the presence of low and medium cell densities of Marinobacter, but high cell densities of Marinobacter severely inhibited colony formation. In summary, these results support the hypothesis that bacteria communities associated with P. globosa strains are strain-specifically selected, and associated bacterioplankton could play key roles in P. globosa colony formation processes.
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Deep convective mixing of dissolved and suspended organic matter from the surface to depth can represent an important export pathway of the biological carbon pump. The seasonally oligotrophic Sargasso Sea experiences annual winter convective mixing to as deep as 300 m, providing a unique model system to examine dissolved organic matter (DOM) export and its subsequent compositional transformation by microbial oxidation. We analyzed biogeochemical and microbial parameters collected from the northwestern Sargasso Sea, including bulk dissolved organic carbon (DOC), total dissolved amino acids (TDAA), dissolved metabolites, bacterial abundance and production, and bacterial community structure, to assess the fate and compositional transformation of DOM by microbes on a seasonal time-scale in 2016–2017. DOM dynamics at the Bermuda Atlantic Time-series Study site followed a general annual trend of DOC accumulation in the surface during stratified periods followed by downward flux during winter convective mixing. Changes in the amino acid concentrations and compositions provide useful indices of diagenetic alteration of DOM. TDAA concentrations and degradation indices increased in the mesopelagic zone during mixing, indicating the export of a relatively less diagenetically altered (i.e., more labile) DOM. During periods of deep mixing, a unique subset of dissolved metabolites, such as amino acids, vitamins, and benzoic acids, was produced or lost. DOM export and compositional change were accompanied by mesopelagic bacterial growth and response of specific bacterial lineages in the SAR11, SAR202, and SAR86 clades, Acidimicrobiales, and Flavobacteria, during and shortly following deep mixing. Complementary DOM biogeochemistry and microbial measurements revealed seasonal changes in DOM composition and diagenetic state, highlighting microbial alteration of the quantity and quality of DOM in the ocean.
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INTRODUCTION

Marine dissolved organic matter (DOM) is produced by various food-web processes such as extracellular release from phytoplankton, zooplankton excretion, grazer sloppy feeding, bacterial release, and viral lysis (Carlson and Hansell, 2015; Koch et al., 2020). Removal of DOM occurs mainly through microbial oxidation by heterotrophic prokaryotes. Therefore, DOM is an important link connecting diverse biological functions in oceanic ecosystems. Its bioavailability ranges from labile DOM that is rapidly consumed to recalcitrant DOM that resists rapid degradation (Carlson and Ducklow, 1995; Carlson, 2002; Hansell, 2013). For instance, a portion of freshly produced dissolved organic carbon (DOC) from phytoplankton was drawn down rapidly within 1–2 weeks in the Southern Ocean and Arctic Ocean, selecting for a distinct bacterial community structure (Landa et al., 2018; Dadaglio et al., 2019); in contrast, a majority of DOC in the water column is composed of compounds of varying degrees of recalcitrance that turn over on a time scale of months to millennia (Carlson and Ducklow, 1995; Hansell, 2013; Carlson and Hansell, 2015).

Microbial oxidation leads to compositional changes of DOM that can be assessed by examining changes in specific components, such as dissolved combined neutral sugars (DCNS) (Skoog and Benner, 1997; Goldberg et al., 2009) or total dissolved amino acids (TDAA). TDAA comprises dissolved free amino acids (DFAA) and amino acids hydrolyzed from proteins, peptides, and other amino acid-embedded polymers (dissolved combined amino acids, DCAA) (Lee and Bada, 1977; Coffin, 1989). TDAA accounts for 0.4–7% of DOC and a larger portion (1.4–15%) of dissolved organic nitrogen (DON) in the ocean (Dittmar et al., 2001; Aluwihare and Meador, 2008; Kaiser and Benner, 2009; Repeta, 2015). Amino acids are one of the most labile components in the DOM pool because they are preferentially degraded by microbes; therefore, their concentrations and compositions can be used as indicators of DOM diagenesis (Suttle et al., 1991; Cowie and Hedges, 1994; Amon et al., 2001). To that end, a commonly used degradation index (DI) is calculated with each amino acid’s relative abundance and its empirical factor coefficient; this index is sensitive to DOM degradation over time scales of weeks to decades (Dauwe et al., 1999; Davis et al., 2009; Kaiser and Benner, 2009).

Metabolomics measures small labile organic molecules that are end products of cellular metabolisms (Fiehn, 2002), and is often analytical challenging (Kido Soule et al., 2015; Boysen et al., 2018). Advanced technologies such as ultrahigh resolution mass spectrometry enable detection of DOM composition at the molecular or compound level, in addition to specific biomolecules such as TDAA (Sleighter and Hatcher, 2008; Lechtenfeld et al., 2014; Kido Soule et al., 2015; Medeiros et al., 2015; Osterholz et al., 2016). Using these techniques, metabolomics, including both particulate and dissolved metabolomics, has primarily been applied to marine culture studies (Baran et al., 2010; Fiore et al., 2015; Longnecker et al., 2015; Kashfi et al., 2020), with more limited applications to field samples (Durham et al., 2019; Johnson et al., 2020; Boysen et al., 2021; Heal et al., 2021). However, seasonal changes of dissolved metabolites in the marine environment are rarely studied.

DOM compositional changes often affect bacterial growth, metabolism, and community structure (Harvey et al., 2006; Båmstedt and Wikner, 2016; Dadaglio et al., 2019). DOM polymers must first be hydrolyzed extracellularly by hydrolytic enzymes to low molecular weight (< 600 Da) prior to uptake by bacterioplankton (Chróst, 1991; Baltar et al., 2010; Arnosti, 2011). Due to different nutrition strategies and hydrolytic efficiencies among different bacteria (Polz et al., 2006; Yooseph et al., 2010; Liu and Liu, 2020; Reintjes et al., 2020), DOM of varying quality may trigger the growth of specific bacterial populations (Covert and Moran, 2001; Alonso-Sáez et al., 2009; Quigley et al., 2019). For instance, fresh DOM input from a phytoplankton bloom, enriched with polysaccharides and TDAA, led to rapid bacterial growth, high bacterial production, and selected copiotrophs such as Flavobacteria, Roseobacter, and Pseudoalteromonas (Buchan et al., 2014; Landa et al., 2016; Balmonte et al., 2019; Avcı et al., 2020). In contrast, recalcitrant DOM resulted in relatively steady and slow bacterial growth of some oligotrophs, such as SAR11, OCS116, and the SAR202 clade that harbors diverse oxidative enzymes involved in recalcitrant DOM degradation (Carlson et al., 2009; Treusch et al., 2009; Landry et al., 2017; Liu et al., 2020a; Saw et al., 2020). However, the bacterioplankton responders can in turn transform labile DOM to a more recalcitrant composition via the microbial carbon pump (Amon et al., 2001; Jiao et al., 2010; Romera-Castillo et al., 2011; Goto et al., 2017). Therefore, combining analysis of DOM biogeochemistry and microbial measurements is an important approach to understanding sources and sinks of DOM and mechanisms driving the chemical distribution and biological processes in the ocean.

Deep convective mixing of dissolved and suspended organic matter from the surface to depth represents an important export pathway of the biological carbon pump if mixing is deep enough (Siegel et al., 2016). The northwestern Sargasso Sea experiences annual winter convective mixing, typically to depths of 200–300 m, which exports DOM and suspended particulate organic matter out of the euphotic zone into the upper mesopelagic zone and leads to temporal patterns in DOM and microbial composition in the mesopelagic ocean (Carlson et al., 1994; Hansell and Carlson, 2001; Goldberg et al., 2009; Treusch et al., 2009). The seasonality of the oligotrophic Sargasso Sea provides a unique model system to examine DOM export and subsequent compositional transformation of DOM by microbial oxidation. In this study, we consolidated the first seasonal dataset of TDAA and dissolved metabolites in the northwestern Sargasso Sea to assess the fate and microbial transformation of DOM on a seasonal scale between 2016 and 2017. We also combined DOM biogeochemical dynamics, including bulk DOC, TDAA, and dissolved metabolite concentrations, with corresponding changes in bacterioplankton abundance (BA), bacterial production (BP), and bacterial community structure to examine the roles of specific bacterial lineages in DOM cycling at fine phylogenetic resolution.



MATERIALS AND METHODS


Study Sites and Seawater Collection

Seawater was collected from the northwestern Sargasso Sea located in the North Atlantic subtropical gyre. Samples were collected monthly from July 2016 to September 2017 during regular cruises to the Bermuda Atlantic Time-series Study (BATS) station (31°40′N, 64°10′W). Additional samples were collected during four seasonal process cruises (July 2016, September 2016, April 2017, and July 2017) conducted in the vicinity of BATS or Hydrostation S (HS, 32°10′N, 64°30′W) as part of the Bermuda Institute of Ocean Sciences’ Simons Collaboration on Ocean Processes and Ecology (BIOS-SCOPE) microbial oceanographic program and were combined with the BATS data for more comprehensive analyses of microbial and DOM dynamics of the northwestern Sargasso Sea.

Variables including temperature, salinity, chlorophyll fluorescence, and dissolved oxygen concentrations were measured by sensors attached to the conductivity, temperature, and depth (CTD) profiler. Seawater was collected from 6 to 10 depths within the upper 500 m by 12L Niskin -type sampling bottles (Ocean Test Equipment Inc.) fixed to the CTD rosette. Samples included DOC, TDAA, dissolved metabolites, BA, BP measured by 3H-leucine incorporation, and 16S rRNA amplicon sequencing (Table 1). The detailed sampling frequency for each parameter is listed in Table 1. During BATS cruises, one depth profile for targeted parameters was sampled following the established BATS methods manual (Knap et al., 1997); during BIOS-SCOPE process cruises, multiple depth profiles for the same parameters were sampled over 3–5 days.


TABLE 1. Spatial and temporal station information and sampling frequency for this study (x indicates sample collected and analyzed) for this study.

[image: Table 1]

A Slocum glider was deployed in the vicinity (within a few kilometers) of the hydrostations from July 1st 2016 to August 4th 2016 and from January 6th 2017 to September 7th 2017. The glider was equipped with a Seabird pumped CTD, Aanderaa optode (model 4,831), and Wet Labs ECO chlorophyll fluorometer and backscatter optical sensors; and acquired measurements from the surface to either 500 or 900 m providing continuous profiles at intervals of 1–1.5 h. All sensors were annually serviced and calibrated by the manufacturer. Post-mission calibrations and corrections were applied to the sensors in accord with established practices and procedures (Allen et al., 2018; Woo and Gourcuff, 2021). CTD data were corrected for pressure bias, sensor lag, thermal mass inertia (Garau et al., 2011), spikes, and conductivity offset/drift (by comparison to collocated ship-based CTD casts). The oxygen data were corrected for sensor response time (Bittig et al., 2018), pressure, temperature, and salinity effects (Uchida et al., 2008), and offset (by comparison to ship-based CTD casts). Chlorophyll fluorescence was corrected for quenching by comparing daytime profiles to adjacent nighttime profiles to determine the depth of quenching and unbiased values near the surface. Factory-determined scaling factors were applied to both fluorescence and backscatter measurements to produce relative fluorescence units (RFU) and relative backscatter units (RBU). Within each glider mission, the profiles were evaluated and corrected for linear drift. The mission data were intercalibrated by aligning the profile minima onto common RFU and RBU values, respectively.



Dissolved Organic Carbon

During BIOS-SCOPE cruises, seawater for DOC measurements was filtered inline through precombusted (450°C) 47 mm GF/F filters, packed in polycarbonate filter holders attached directly to Niskin-type sampling bottles, and collected into precombusted (450°C) 40 mL borosilicate glass vials with polytetrafluoroethylene (PTFE) coated silicone septa. All DOC samples were acidified with 4N HCl to pH ∼3. During monthly BATS cruises, total organic carbon (TOC) samples were collected with the same protocol as DOC but without filtration. Current analyses of bulk TOC and DOC in oligotrophic Sargasso Sea seawater are generally indistinguishable based on current instrument precision, especially in the subeuphotic realm (Supplementary Figure 1), thus TOC and DOC data in the Sargasso Sea were pooled together and presented as DOC hereafter. DOC concentrations were analyzed, referenced, and standardized using high-temperature combustion (HTC) on a modified TOC-V or TOC-L analyzer (Shimadzu) according to Carlson et al. (2010), with a precision of ∼1 μmol L–1 or CV of 2–3%. Daily reference water was calibrated with consensus reference material (CRM) from D. Hansell (University of Miami).



Total Dissolved Amino Acids

Seawater for TDAA analysis was filtered through precombusted (450°C) 47 mm GF/F filters into either 40 mL EPA glass vials or 60 mL high-density polyethylene (HDPE) bottles and stored frozen at −20°C. Triplicate TDAA samples were hydrolyzed by 6N HCl (with 1% 12 mmol L–1 ascorbic acid to prevent oxidation of amino acids by nitrate) under nitrogen at 110°C for 20 h. Hydrolysate was then filtered through combusted quartz wool and neutralized under nitrogen via evaporation (Parsons et al., 1984). Amino acids were derivatized with o-phthaldialdehyde and analyzed by high-performance liquid chromatography (HPLC, Dionex ICS 5000+) equipped with a fluorescence detector (ThermoFisher RF2000, Ex = 330 nm, Em = 418 nm) following the established protocol with modifications (Lindroth and Mopper, 1979; Kaiser and Benner, 2009; Liu et al., 2013). In brief, the mobile phase consisted of solvent A of 50 mmol L–1 sodium acetate (adjusted to pH 5.7) and solvent B was 100% methanol (HPLC grade). Samples were pumped at a flow rate of 0.9 mL min–1 through a C18 column (AcclaimTM 120, 5 μm, 120 Å, 4.6 × 250 mm) maintained at 17°C. Gradient program followed as: within 4 min, solvent B increased from 23 to 29%, and then increased to 44% solvent B at 20 min and 60% solvent B at 33 min; solvent B kept at 60% for 7 min, and increased to 77% in the next 8 min; solvent B further went up to 100% at 53 min, kept at 100% for 5 min, and then decreased to 23% at 60 min. The phenylalanine (Phe) peak occasionally co-eluted with a broad unidentified peak within our seawater samples. Due to its low relative abundance (<3% of TDAA) in oligotrophic Sargasso seawater (Keil and Kirchman, 1999; Kaiser and Benner, 2009), Phe was excluded from further analysis. The coefficient of variation (CV) was between 10 and 20% for replicate TDAA measurements. Outliers with > 20% variance among replicates were excluded (less than 10% in each batch were removed). TDAA-C was the sum of all amino acids in carbon units calculated based on the molecular formula and concentration of individual amino acids.



Dissolved Metabolites

Seawater (4–10 L) was collected from Niskin-type sampling bottles, filtered through a 0.2 μm Omnipore filter (EMD Millipore), and acidified with concentrated hydrochloric acid. Organic metabolites were extracted from the acidified filtrate using solid phase extraction (SPE) with Agilent Bond Elut PPL cartridges as previously described (Dittmar et al., 2008; Longnecker, 2015). Methanol extracts were evaporated to near dryness using a Vacufuge (Eppendorf) and reconstituted in 250 μL of 95:5 (v/v) water/acetonitrile with isotopically labeled standards. Samples were analyzed using ultra high-performance liquid chromatography (Accela Open Autosampler and Accela 1250 Pump, Thermo Scientific) coupled to a heated electrospray ionization source (H-ESI) and a triple quadrupole mass spectrometer (TSQ Vantage, Thermo Scientific) operated under selected reaction monitoring (SRM) mode (Kido Soule et al., 2015). Separation was performed at 40°C on a reverse phase column (Waters Aquity HSS T3, 2.1 × 100 mm, 1.8 μm) equipped with a Vanguard pre-column. Mobile phase A was 0.1% formic acid in water and mobile phase B was 0.1% formic acid in acetonitrile. The flow rate was maintained at 0.5 mL min–1. The gradient began at 1% B for 1 min, increased to 15% B from 1 to 3 min, then increased to 50% B from 3 to 6 min, and then increased to 95% B from 6 to 9 min. The mobile phase was maintained at 95% B until 10 min and then decreased to 1% B from 10 to 10.2 min and held at 1% B for the remainder (12 min total run time). Samples were run in both positive and negative ion modes using a 5 μL injection for each mode. Raw data files were converted to mzML format prior to processing with MAVEN (Melamud et al., 2010; Clasquin et al., 2012) to identify and integrate peaks for all samples and standards. Peaks were identified by their unique retention time, precursor m/z, and product m/z. Two SRM transitions were monitored for quantification and confirmation. Metabolite concentrations were calculated using a standard curve of at least five points and were corrected for the efficiency of the solid phase extraction step using the data available from Johnson et al. (2017) and unpublished data for compounds not included in Johnson et al. (2017) (Supplementary Table 2).



Bacterioplankton Abundance

Ten to forty mL of seawater was collected in sterile tubes (FalconTM), fixed with 0.2 μm filtered formalin (1% final concentration), and stored at 4°C. Slides for microscopy were processed within 48 h of collection or stored at −80°C until processing in the shore-based laboratory. Seawater was filtered onto Irgalan Black stained 0.2 μm polycarbonate filters under gentle vacuum (∼100 mm Hg) and cells were stained with 5 μg mL–1 4′,6′-diamidino-2-phenylindole dihydrochloride (DAPI, Sigma-Aldrich). Filters were mounted onto slides with Resolve immersion oil (high viscosity) and enumerated under ultraviolet excitation using an epifluorescence microscope (Olympus AX70 or Olympus BX51) at 1,000 × magnification (Porter and Feig, 1980). At least 10 fields or 500 cells per slide were counted. As this method cannot differentiate between bacteria and archaea, we refer to counted cells as bacterioplankton henceforth.



3H- Leucine Incorporation

3H-leucine incorporation rates are often used as a proxy for heterotrophic bacterioplankton production rates (Kirchman et al., 1985). Duplicate 1.6 mL seawater samples were amended with 20 nmol L–1 of 3H-leucine (Perkin Elmer, specific activity > 50 Ci mmol–1), and incubated at close to in situ temperatures for 3–4 h. Incubations were terminated by 100% trichloroacetic acid (TCA, 6% final concentration) and extracted with 5% TCA and 80% ethanol via the microcentrifuge method (Smith and Azam, 1992; Baetge et al., 2021). Seawater plus 3H-leucine but with 100% TCA (6% final concentration) added at the initiation of the incubation served as killed controls and followed the same incubation and extraction steps. Samples were mixed with 1.5 mL Ultima Gold (Perkin Elmer LLC), left for at least 2 h, and measured in a liquid scintillation counter.



16S rRNA Amplicon Sequencing

Four liters of seawater were filtered onto 0.2 μm Sterivex filters (polyethersulfone membrane, Millipore, Burlington, MA, United States) and stored in sucrose lysis buffer at −80°C. DNA was extracted using a phenol-chloroform protocol (Giovannoni et al., 1996) and amplified with V1-V2 primer 27F (5′-AGAGTTTGATCNTGGCTCAG-3′) and 338RPL (5′-GCWGCCWCCCGTAGGWGT-3′) linked to “general” Illumina overhang adapters (Bolaños et al., 2020). Libraries were pooled in equimolar concentrations and sequenced using 2 × 250 Pair-End lanes with a MiSeq Reagent Kit v2 at the Center for Genome Research and Biocomputing [CGRB, now known as Center for Quantitative Life Sciences (CQLS)] at Oregon State University. The 16S rRNA sequences were trimmed and dereplicated, chimeras were removed and the resulting sequences were assigned to amplicon sequence variant (ASV) taxonomy using the DADA2 R package, version 1.2 (Callahan et al., 2016) and Silva database (version 123). For the unassigned ASV sequences, they were first BLAST searched against a non-redundant 16S rRNA sequence database and second against the full non-redundant database, and then assigned to the top BLAST hit (Altschul et al., 1990, 1997; Camacho et al., 2009). SAR11 and SAR202 ASVs were further run through the PhyloAssigner program (Vergin et al., 2013a) using customized phylogenetic trees for fine-scale phylogenetic assignment within these clades (Bolaños et al., 2021).



Data and Statistical Analysis


Mixed Layer Depth

Mixed layer depth (MLD) was defined as the depth where density (sigma-theta) decreased by an increment determined by the thermal expansion coefficient (αΔT) using a ΔT of 0.2°C (Sprintall and Tomczak, 1992). The depth of the chlorophyll maximum (DCM) was determined from fluorometer profiles. The upper and lower boundaries of the DCM layer (DCML) are defined as the depths where chlorophyll fluorescence is 35% of the maximum value. Four seasons were defined by the relative positions of the MLD and DCM or DCML determined from CTD and daily-averaged glider profiles (when the glider was not present at the station, CTD data were used): (1) The Mixed season began when the MLD first reached below the top of the DCML and ended when the MLD rapidly shoaled above the DCM; (2) Spring transition began at this point and ended when stratified conditions were established and the MLD remained above the top of the DCML; (3) the Stratified season spanned the period during which the MLD was consistently shallower than the top of the DCML; (4) Fall transition began when the MLD first reached below the top of the DCML. Apparent oxygen utilization (AOU), defined as the difference between the saturated oxygen concentration and the observed oxygen concentrations, was calculated based on CTD depth, temperature, salinity, and dissolved oxygen concentrations using Ocean Data View (ODV, version 5.4.0) (Schlitzer, 2021).



Dissolved Organic Matter Degradation Index

The DOM degradation index (DI) was calculated from the TDAA data following Dauwe et al. (1999) as:

[image: image]

where vari is the mole percentage of amino acid i, AVG vari and STD vari are its mean and standard deviation, and fac.coefi is the factor coefficient for amino acid i (Kaiser and Benner, 2009); a lower DI value indicates more diagenetically altered DOM. Significant differences in biogeochemical variables between periods of deep mixing and other times (including spring transition, stratified, and fall transition) were evaluated with unpaired t-tests (p < 0.05). Spearman correlation analysis with biogeochemical data was conducted for the respective mixing and non-mixing time periods. Mean values over water depths for concentration-type variables, including DOC, TDAA, and BA, were integrated over target depths (i.e., euphotic zone, 0–120 m; or upper mesopelagic zone, 120–300 m) and then depth normalized for each depth zone; while mean values for other variables, such as temperature, DI, AOU, and 16S amplicon relative abundance (see below), were calculated as average of values at discrete depths.



Controls on the Concentrations of Metabolites, Dissolved Organic Carbon, Total Dissolved Amino Acids, and Bacterioplankton Abundance in the Mixed Layer

Changes in the concentrations of targeted dissolved metabolites, DOC, TDAA-C, and BA can result from conservative dilution due to mixing, or production or loss due to other biotic and abiotic processes. Below is an example of how we assessed whether changes were attributed to mixing or other processes for metabolites, but the same calculations were performed for DOC, TDAA-C, and BA. The metabolite concentrations at a given time were first integrated to the mixed layer depth at the next time point. This integrated value was then compared to the metabolite at the next time point, which had been integrated to the mixed layer depth of this subsequent time point (Supplementary Figure 2A). If the integrated value of the metabolite were equal between two consecutive time points, then the variability in the metabolite concentrations at any given depth in the mixed layer between time points was deemed a function of mixing. When the integrated values to the MLD differed between time points, the changes were due to production or consumption of the metabolite. To consider if this production or loss was significant, the distance of each point representing the targeted metabolite to the 1:1 line that corresponds to mixing was calculated (Supplementary Figure 2B). This distance was then converted to a standardized z-score (distance of one metabolite at one time point minus the mean of that metabolite at all-time points and then divided by the standard deviation of distance of that metabolite at all-time points) so that the mean for each metabolite was 0 and the standard deviation was 1. Calculated z-scores were fit to a normal distribution using pd = fitdist(Z(:), “normal”) in MATLAB (version 2019b) to compare with the inverse cumulative distribution function of those z-scores fitted to a normal distribution using icdf (pd, 0.95). Any metabolite at a time point that was greater than the value calculated in the inverse cumulative distribution function was treated as a significant production or loss. The multivariate homogeneity of groups dispersion (Anderson, 2006) was calculated using “betadisper” in R and showed that the April 2017 samples were different from all other time points.



16S rRNA Amplicon Data Analysis

Non-metric multidimensional scaling (NMDS) of the bacterial community structure for the entire record between 2016 and 2017 was based on Bray-Curtis dissimilarities estimated using phyloseq (McMurdie and Holmes, 2013) and vegan (Oksanen et al., 2007) and plotted with ggplot2 package in R (Wickham, 2009) (R version 3.3.2). Hierarchical clustering analysis was conducted using Simprof analysis (α = 0.05) with clustsig package in R (Whitaker and Christman, 2015). ASVs that are not classified at the class level or assigned as chloroplasts were excluded for the following analysis. We used two criteria to define ASVs that were enriched in the upper mesopelagic (120–300 m) during or shortly following convective mixing: (1) the maximal mean relative abundance of the ASV between 120 and 300 m occurred during the April 2017–July 2017 period; (2) the mean relative abundance of the ASV within the mixed layer in April 2017 (maximal mixing) was greater than that in November 2016 (before mixing), thus excluding ASVs with changes of mean relative abundance solely due to conservative mixing. Among mesopelagic ASVs discussed above, to further identify heterotrophic ASVs in response to DOM export, we excluded autotrophic cyanobacteria and then did a cross-correlation functions (CCF) analysis between the mean relative abundance of an ASV and the monthly averaged mean 120–300 m DOC or TDAA C. CCF analysis is a correlation analysis between two time-series datasets. It provides not only the correlation coefficient between two variables, but also lags of one variable that may be predictors of the other. For instance, negative lags of ASVs relative to DOC indicate DOC is the predictor of ASV, whereas positive lags of ASVs relative to DOC indicate vice versa. ASVs with significant positive correlation and negative lagged months relative to DOC and/or TDAA C (indicating changes of DOC and/or TDAA lead to changes in the ASV) were the focus of this study.




Data Deposition

BIOS-SCOPE cruise data are deposited in the Biological and Chemical Oceanography Data Management Office (BCO-DMO) at http://lod.bco-dmo.org/id/dataset/861266, and BATS cruise data are deposited at http://lod.bco-dmo.org/id/dataset/3782 and http://bats.bios.edu/bats-data/. 16S amplicon sequences are deposited in the National Center for Biotechnology Information (NCBI) Sequence Read Archive (SRA) under project number PRJNA769790. Targeted metabolomics data for this project are deposited at MetaboLights1 as study accession number MTBLS2356.




RESULTS AND DISCUSSION


Seasonal Change of Chemical Parameters in the Sargasso Sea


Dynamics of Dissolved Organic Carbon

The seasonal variability of dissolved inorganic nutrients, chlorophyll fluorescence, particulate organic matter (data not shown, BATS core data)2,3 and dissolved organic matter observed during this study are consistent with seasonal cycles of hydrography and organic carbon dynamics previously observed in this region (Hansell and Carlson, 2001; Steinberg et al., 2001; Lomas et al., 2013). During winter convective mixing from December 2016 to April 2017, the MLD extended beyond the euphotic zone (0–120 m) into the upper mesopelagic zone (120–300 m) to depths as great as 242 m (April 2017) (Figure 1A, euphotic zone and upper mesopelagic zone separated by white dashed line). Winter convective mixing entrains inorganic macronutrients from depth into the euphotic zone, supporting the annual phytoplankton bloom and buildup of chlorophyll a and particulate organic matter in the surface following mixing (Lomas et al., 2013). DOC in the surface 0–120 m accumulated at the rate of 24 nmol L–1 d–1 as the water column began to stratify in April, and this DOC production continued until August (Table 2), then it persisted at relatively constant concentrations from summer into late fall (Figure 1B; Carlson et al., 1994; Hansell and Carlson, 2001; Goldberg et al., 2009).


[image: image]

FIGURE 1. ODV contour plots of (A) temperature (solid white line represents monthly maximum mixed layer depth (MLD) and the colored bar on top represents seasons), (B) dissolved organic carbon (DOC) concentration, (C) total dissolved amino acid carbon (TDAA C) concentration, (D) degradation index (DI) from TDAA, (E) bacterioplankton abundance (BA), and (F) apparent oxygen utilization (AOU) from July 2016 to September 2017 over the surface 300 m of northwestern Sargasso Sea. Red dashed rectangle indicates the general timing of deep convective mixing, and white dashed rectangle at 120–300 m defines the upper mesopelagic zone.



TABLE 2. Mean change in DOC and TDAA C concentrations and their net production rates in the euphotic zone (0–120 m) and net removal rates in the upper mesopelagic zone (120–300 m) from April 2017 (time of max MLD) to August 2017.

[image: Table 2]

Despite being recently produced, much of the surface accumulated DOC resists or escapes rapid microbial degradation by the euphotic zone heterotrophic microbial community on time scales of days to weeks (Carlson et al., 2002, 2004; Liu et al., 2020b). This DOC is redistributed during the period of winter deep convective mixing, thereby reducing surface DOC concentrations and enriching mesopelagic concentrations (Figures 1A,B, Supplementary Figure 3A). Mean DOC concentrations in the upper mesopelagic (120–300 m) were significantly greater during the mixing period compared to those in the non-mixing period (unpaired t-test, p < 0.05) (Figure 2). Based on these changes in the mesopelagic zone, it is estimated that 0.60 mol m–2 yr–1 DOC was exported from the surface to the 120–300 m zone due to winter convective mixing. This estimate is comparable to previously reported values of DOC export suggesting that physical mixing of dissolved organic matter is an important export pathway in this region, which can be greater than measured particle export (Carlson et al., 1994; Michaels et al., 1994; Hansell and Carlson, 2001). Other processes such as solubilization of sinking POC flux (Cho and Azam, 1988) and DOC production via vertical migrators (Steinberg et al., 2002) are potential sources of DOC in the mesopelagic, however, redistribution of surface accumulated DOC via convection mixing is considered the dominant source of DOC to the mesopelagic during periods of deep mixing at this site (Carlson et al., 1994; Hansell and Carlson, 2001).


[image: image]

FIGURE 2. Comparison of upper mesopelagic (120–300 m) mean temperature, dissolved organic carbon (DOC), total dissolved amino acid carbon (TDAA C), degradation index (DI), bacterioplankton abundance (BA), and apparent oxygen utilization (AOU) between mixed season and other seasons (including spring transition, stratified, and fall transition) from July 2016 to September 2017. Bars represent mean with standard error and asterisk (*) designates significant differences between the periods (unpaired t-test, p < 0.05).


Upon restratification of the upper water column, a portion of the DOC that was exported to the mesopelagic was trapped and removed at a rate of 30 nmol L–1 d–1 (April to August) (Figure 1B and Table 2). We attribute the mesopelagic DOC removal to microbial remineralization. Why DOC accumulates and resists microbial degradation in the surface but becomes bioavailable in the mesopelagic remains unresolved. However, previous work has suggested that macronutrient availability (Cotner et al., 1997; Obernosterer et al., 2003), quality of the recently exported DOC (Goldberg et al., 2009), and the heterotrophic microbial community capable of responding to semi-labile/recalcitrant compounds at depth (Carlson et al., 2004; Letscher et al., 2015; Liu et al., 2020a; Saw et al., 2020) all interact to control mesopelagic DOC removal rates.



Dynamics of Total Dissolved Amino Acid

Our study provides the first seasonal dataset of TDAA in the Sargasso Sea revealing how DOM quality changes over depth and time. The TDAA-C represents < 1.6% of DOC in the Sargasso Sea (Figure 1C) but remains a useful index of DOM quality because its variability is influenced by both biological production and degradation processes. As such, TDAA can be used to trace potential DOM origins and degradation state (Cowie and Hedges, 1994). TDAA composition in the Sargasso Sea was dominated by glycine, alanine, aspartic acid, glutamic acid, and serine (Supplementary Table 1), consistent with previous studies of amino acid data in this region (Keil and Kirchman, 1999; Kaiser and Benner, 2009). The enriched TDAA-C and higher DI in the upper mesopelagic zone (120–300 m) following mixing (Figures 1C,D, 2), relative to the fully stratified periods, indicate that relatively less diagenetically altered DOM was exported from surface to depth within the mixing time frame (Figure 1D). Coincident with the deepest MLD in April, TDAA-C concentrations were enriched throughout the upper 300 m by 41% compared to the earlier stratified period (e.g., October 2016) and its production was significant in the mixed layer (Supplementary Figure 3B), suggesting net production of TDAA-C during the mixing period; a period that coincides with enhanced biological production for this site (Steinberg et al., 2001; Lomas et al., 2013). The elevated TDAA-C concentrations observed in the upper mesopelagic zone (120–300 m) are interpreted as a combination of both recently produced TDAA and export of previously accumulated surface TDAA to depth during convective mixing.

In the present study, TDAA-C accumulated in the upper 120 m at a rate of 0.2 nmol L–1 d–1 shortly following maximal deep mixing and when the MLD shoaled to above 120 m, reaching a maximum of 1.04 μmol L–1 in the euphotic zone by July (Table 2). During the stratified periods, the TDAA concentrations increased in the upper 120 m where photoautotrophy and subsequent food web processing (i.e., grazing, viral infection, or POM solubilization) are potential sources of new TDAA production. DOM from phytoplankton is largely composed of labile and semi-labile compounds such as carbohydrates and TDAA, which can account for 30–50 and 10–30% of exudate DOC, respectively (Sieburth et al., 1977; Burney et al., 1982; Tada et al., 2017). Zooplankton grazing and egestion is a potential source of TDAA release with previous studies demonstrating that 4–48% of total nitrogen excreted by zooplankton is in the form of TDAA (Nagata and Kirchman, 1991; Steinberg and Saba, 2008). In addition, Smith et al. (1992) found that 0.5–24 mg m–2 d–1 nitrogen can be released as DCAA from marine aggregates in the mixed layer of the Southern California Bight.

In contrast to the accumulation in the euphotic zone, TDAA was removed at a rate of 0.7 nmol L–1 d–1 in the upper mesopelagic following deep mixing (Table 2). Uptake of amino acids can account for 10–20% of bacterial carbon demand and 5–50% of bacterial nitrogen demand (Suttle et al., 1991; Keil and Kirchman, 1999; Kirchman, 2000), indicative of their active role in biological metabolism. Bacteria consume amino acids as nutrients and use them for anabolism of macromolecules including proteins and fatty acids (Cottrell and Kirchman, 2000; Aepfler et al., 2019). While apparently resistant to rapid microbial degradation, the DOM exported from euphotic to mesopelagic layers in the Sargasso Sea during winter mixing was less diagenetically altered compared to mesopelagic DOM under stratified conditions, as indicated by TDAA degradation index. Thus, exported DOM was more likely to be predominantly semi-labile and/or semi-refractory DOM (Carlson, 2002; Carlson et al., 2011; Hansell, 2013). This temporal and vertical pattern in the TDAA is consistent with the seasonality of DOM quality revealed from DCNS data from this region (Goldberg et al., 2009). The enhanced DCNS concentrations and relative change in DCNS composition within the mesopelagic followed the export of surface-accumulated DCNS to depth during winter convective mixing, and DCNS concentration, % DCNS yield, and neutral sugar composition changed over time once isolated in the mesopelagic zone.



Temporal and Spatial Variability of Dissolved Metabolites

In addition to bulk DOM and TDAA, a variety of targeted dissolved metabolites revealed unique seasonal patterns (Figure 3, see Supplementary Figure 4 for depth profiles of all targeted metabolites over the season). In April 2017 when MLD reached the annual maximum, a group of diverse metabolites demonstrated positive or negative changes in the mixed layer from the previous sampling month that exceeded changes attributed solely to abiotic mixing processes. Free amino acids, including leucine, phenylalanine, and tryptophan, were produced and accumulated throughout the mixed layer during convective mixing. A possible source of these metabolites is the de novo synthesis of amino acids by bacteria from inorganic nitrogen entrained to the surface waters during deep mixing and subsequent release of those amino acids into the dissolved pool (Maki et al., 2014; Yamaguchi et al., 2017).
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FIGURE 3. Patterns of production or loss of metabolites in the mixed layer over the seasonal cycle. Green areas indicate the net loss of a metabolite relative to conservative mixing in that time-period compared to the previous month, blue areas indicate net production of a metabolite relative to conservative mixing, while gray areas indicate metabolite concentration changes were solely due to mixing. Metabolite categories are shown as different colors besides the metabolite names. These categories are not exclusive; Supplementary Table 2 lists the categories shown here as well as additional categories. The statistical methods (described in methods) determined that the metabolite pattern in April (max mixing) was different from other time periods.


The vitamins pyridoxine (vitamin B6) and pantothenic acid (vitamin B5) were depleted in April relative to January (Figure 3). Vitamin B complexes, present at undetectable to picomolar concentrations in seawater (Sañudo-Wilhelmy et al., 2014; Suffridge et al., 2017; Joglar et al., 2021), are essential coenzymes for eukaryotic phytoplankton such as species in Chlorophyta, Heterokontophyta, and Dianophyta (Croft et al., 2005; Sañudo-Wilhelmy et al., 2014). It has also been shown that auxotrophic phytoplankton such as the diatom Thalassiosira pseudonana and the coccolithophore Emiliania huxleyi are often vitamin limited (Bertrand and Allen, 2012). We hypothesize that microbes scavenge pyridoxine and pantothenic acid to meet their metabolic demands during periods of deep mixing.

Benzoic acids and nucleic acid precursors, including intermediate products (i.e., 4-aminobenzoic acid, tryptophan, phenylalanine, and 4-hydroxybenzoic acid) formed in the shikimate pathway (Averesch and Krömer, 2018), revealed a disparate response with some intermediates being produced and others being lost during mixing. The shikimate pathway is the central metabolic pathway in plants and microorganisms for the synthesis of aromatic amino acids and folates (Wilson et al., 1998; Herrmann and Weaver, 1999). Metabolite variability such as the production of 4-aminobenzoic acid, tryptophan, phenylalanine, and the loss of 4-hydroxybenzoic acid observed during mixing in the Sargasso Sea indicates a nuanced microbial response to the mixing event. Various DON compounds, such as n-acetyl glutamic acid, n-acetyl muramic acid, chitotriose, and caffeine, were depleted during deep convective mixing in April, indicating these N-enriched labile compounds are preferentially removed.

The dissolved organic sulfur compound, 5-methylthioadenosine (MTA), was also elevated during the period of maximal mixing. MTA plays an important role in bacterial metabolic processes such as methylation, polyamine biosynthesis, regulation of gene expression, and cell proliferation (Avila et al., 2004). Furthermore, a meridional study of metabolites revealed higher MTA concentrations in the surface ocean of the North Atlantic compared to the south Atlantic Ocean. This observation is hypothesized to be a reflection of differences in the metabolic pathways of phytoplankton known to produce MTA (Johnson et al., 2021, in revision). While extracellular release of MTA is limited in the cyanobacterium Synechococcus (Fiore et al., 2015), it was identified as an extracellular metabolite in cultures of the heterotrophic bacteria Ruegeria pomeroyi (Johnson et al., 2016). While the exact mechanisms controlling MTA accumulation are unclear, the mere presence of MTA in the water column at BATS indicates that there is an imbalance between consumption of MTA and enhanced production by microbial activity during the mixing period.




Seasonality of Mesopelagic Bacterioplankton Dynamics and Community Structure in Response to Deep Convective Mixing and Dissolved Organic Matter Export

During the period of deep convective mixing when MLD extended beyond the euphotic zone (i.e., below 120 m), bacterioplankton cell density increased within the upper mesopelagic zone (120–300 m) and persisted at elevated levels for weeks (Figure 1E). The mean BA in the mesopelagic zone (120–300 m) during the mixing period was significantly greater than during the stratified period (t-test, p = 0.0174) (Figure 2). Significant increase of BA in the mixed layer was observed in January relative to December, indicating this increase was not only due to conservative mixing (Supplementary Figure 3C). This seasonal pattern is consistent with historical data of bacterioplankton biomass in this region (Carlson et al., 1996; Steinberg et al., 2001). AOU in the upper mesopelagic zone decreased during mixing and increased afterward (Figures 1, 2). During the period when the MLD was deepest, the 3H-leucine incorporation rates, a proxy of BP, were three to five times greater in the mesopelagic compared to rates at the same depth during stratified periods (Figure 4). The enhanced 3H-leucine incorporation rate at depth during periods of deep mixing indicates that heterotrophic bacterioplankton were responding to the production or delivery of relatively less diagenetically altered organic matter to the mesopelagic zone. Significant correlations between upper mesopelagic mean temperature and DOC, temperature and BA, temperature and AOU, DOC and BA, DOC and AOU, and TDAA-C and DI were observed over this seasonal time-series (Table 3). Together, the data suggest that DOC export during convective mixing triggered the growth of heterotrophic bacterioplankton that were involved in the degradation of exported DOM (Figure 1). The exported DOM includes fresh and recently produced compounds as well as those that were resistant or escaped rapid remineralization by upper euphotic zone heterotrophic bacterioplankton populations.
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FIGURE 4. Vertical profile of 3H-Leucine incorporation rates, a proxy for bacterial production (BP), over the surface 300 m during cruises in (A) July 2016, (B) September 2016, (C) April 2017, and (D) July 2017. Data points represent the average of replicates and error bars are standard error. The red dashed line (120 m) separates the euphotic zone from the upper mesopelagic zone. Red arrows indicate enhancement of BP in the mesopelagic zone during mixing in April 2017 compared to other stratified periods.



TABLE 3. Correlation matrix (Spearman r-value) between 120 and 300 m mean temperature, DOC, TDAA C, DI, BA, and AOU over the seasonal cycle (July 2016 to September 2017) in the Sargasso Sea.
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Bacterioplankton community structure based on 16S rRNA amplicon sequencing was clearly separated along NMDS axis 1 according to depth (Figure 5A). Vertical stratification of microbial taxa has been reported for numerous studies in the northwestern Sargasso Sea and elsewhere (Giovannoni et al., 1996; DeLong et al., 2006; Treusch et al., 2009; Vergin et al., 2013a). Bacterial community structure in the upper mesopelagic zone was more variable than in the surface ocean. During the highly mixed and spring transition periods at 160 m and 200 m, bacterial communities clustered as a distinct group from stratified and fall transition clusters (Figure 5B), suggesting mesopelagic bacterial communities were significantly altered by the mixing event.
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FIGURE 5. (A) Non-metric multi-dimensional scaling (NMDS) plot showing first two axes of all 16S amplicon sequence variants (ASVs) color coded by depths and shaped by seasons over July 2016 to Sept 2017. The five points in the bottom part of the NMDS plot came from the same cast in July 2017. We cannot explain the driver of these five outliers, nor could we identify a reason to remove them; thus, they are included in the plot. (B) Simprof cluster analysis of bacterial community structures at 160 and 200 m. Different clusters are shown at 70% dissimilarity threshold. Samples names are in color bar and symbols next to each sample name indicate season with symbol shapes as defined in (A).


Multiple members of the bacterioplankton SAR11 clade, OCS116 clade, Rhodospirillales, Rhodobacterales, SAR116 clade, SAR202 clade, Flavobacterales, Oceanospirillales, Salinisphaerales, Alteromonadales, Verrumicrobiae, Acidimicrobiales, SAR406 clade, and SAR324 clade became enriched during or shortly following deep convective mixing and were significantly cross-correlated to mean DOC and TDAA-C concentrations in the upper mesopelagic zone with maximum correlation coefficient being reached with a 0–4 months lag depending on the bacterioplankton lineage (Figure 6, see Supplementary Table 3 and Supplementary Figure 5 for all enriched ASVs). The mean relative abundance of each of these lineages within the upper mesopelagic (120–300 m) was greatest during or following the maximal mixing period (April 2017–July 2017) compared to the average over all months between July 2016 and September 2017 (Figure 7). The temporal increase in the relative abundance of these specific lineages (Figure 6 and Supplementary Figure 5) together with enhanced BA and 3H-leucine incorporation rate in the mesopelagic zone during or following deep mixing suggest that the increased bacterial biomass and activity in the mesopelagic during mixing was not solely due to mixing of the surface population into the mesopelagic depths, but rather due to responses of specific bacteria at depth to the exported organic matter.
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FIGURE 6. ODV contour plots of the ASV relative abundance (%) in the surface 300 m for bacterioplankton lineages in the (A) SAR11 clade, (B) SAR202 clade, (C) Flavobacteriaceae NS4 marine group, (D) SAR86 clade, (E) Acidimicrobiales OM1 clade, and (F) SAR406 clade that showed enrichment in the mesopelagic zone during or shortly after mixing events and that were significantly positively cross-correlated with DOC and/or TDAA C with negative lag within July 2016 to September 2017 time frame. Red dashed rectangle indicates convective mixing time frame during this time period and white dashed rectangle indicates 120–300 m of the upper mesopelagic zone.
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FIGURE 7. Anomaly between observed mean relative abundance between mesopelagic 120–300 m during and shortly following maximal mixing (April 2017 to July 2017) and mean mesopelagic 120–300 m relative abundance during the entire study period for representative ASVs in the (A) SAR11 clade, (B) SAR202 clade, (C) Flavobacteriaceae NS4 marine group, (D) SAR86 clade, (E) Acidimicrobiales OM1 clade, and (F) SAR406 clade as shown in Figure 6. Blue solid lines and dashed lines indicate zero and ± one standard deviation of all-time data, respectively. Data points above zero suggest enrichment of that ASV during or shortly after mixing. Arrow indicates max MLD time.


DOM exported to the mesopelagic via physical mixing contains a continuous spectrum of compounds with varying lability and corresponding myriad responses from bacterial taxa with different nutrition-acquisition strategies and effective niches (Fuhrman and Hagström, 2008; LaBrie et al., 2020; Liu et al., 2020a). Bacteria characterized as copiotrophs such as members of the Rhodobacterales and Rhodospirillales clades are often associated with elevated primary production (Gilbert et al., 2012; Buchan et al., 2014; Wilson et al., 2017). These data suggest that some ASVs in these groups respond to the vertical export flux of labile metabolites, such as carbohydrates, amino acids, and nucleotides released from primary producers (Figure 3). For example, members of the Flavobacteriales clade are specialists that can assimilate high molecular weight (HMW) DOM and are capable of assimilating large polysaccharides into their periplasmic space via “selfish” uptake pathways (Cottrell and Kirchman, 2000; Reintjes et al., 2017). The enhanced relative contribution of Flavobacteriales in the upper mesopelagic might indicate the export of HMW DOM during the deep mixing period. Similarly, growth of Verrucomicrobiae, which are often enriched in particle-associated communities and possess genes or enzymes for polysaccharide degradation (Vorobev et al., 2018; Duret et al., 2019; Sichert et al., 2020), is consistent with the export of carbohydrates from surface to mesopelagic zone by convective mixing as revealed in previous research in the Sargasso Sea (Goldberg et al., 2009).

It is noteworthy that a number of slow-growing organisms characterized as oligotrophs such as members of the SAR11 clade, the SAR202 clade, the OCS116 clade, the SAR86 clade, Acidimicrobiales, Salinisphaerales, the SAR406 clade, and the SAR324 clade became enriched over timescales of weeks to months. The various lineages reach ASV maxima at different times during or following convective mixing (Figure 6, Supplementary Figure 5, and Supplementary Table 3). The SAR11 and SAR86 clades diversify into multiple ecotypes that partition niche space over depth and season (Carlson et al., 2009; Dupont et al., 2012; Vergin et al., 2013a; Giovannoni, 2017). The variability in lagged response between SAR11 ASVs and DOC and/or TDAA-C indicates that there can be differences in SAR11 ecotypes’ response to alteration of DOM concentration and quality in the mesopelagic water. Members of the SAR202 clade, the OCS116 clade, Acidimicrobiales, and Salinisphaerales are involved in, or possess genes encoding enzymes for, degradation of more recalcitrant DOM (Goldman and Green, 2009; Mizuno et al., 2015; Landry et al., 2017; Rodríguez et al., 2018; Liu et al., 2020a,b). The increasing relative abundance of these lineages in the mesopelagic during and following convective mixing is consistent with the argument that they respond to the exported DOM of semi-labile and semi-refractory quality. Alternatively, the introduction of relatively less diagenetically altered DOM to the mesopelagic water during mixing (Figure 1D) might promote microbial utilization of resident recalcitrant DOM, through the priming effect (Carlson et al., 2002; Steen et al., 2016; Shen and Benner, 2018). Enrichment of members of the SAR406 clade during the period of deep mixing was consistent with its potential metabolic role in degrading complex carbohydrates and transporting amino acids across cell membranes as revealed from genomic analysis (Thrash et al., 2017). Our data also suggest that the members of the SAR324 clade, often characterized as chemoautotrophic bacteria (Swan et al., 2011), might be involved in seasonal DOM cycling either directly through heterotrophy behavior or indirectly through cross-feeding on byproduct during DOM cycling. This hypothesis is consistent with previous work showing that SAR324 possesses flexible mechanisms for DOC or DON utilization, including aromatic compound degradation and C1 metabolism (Swan et al., 2011; Sheik et al., 2014; Cao et al., 2016; Kitzinger et al., 2020).

Seasonal dynamics of microbial communities have been reported for multiple marine environments, and are often correlated to repeatable patterns of both abiotic and biotic environmental variables such as temperature, nutrient concentrations, day length, and primary production (Fuhrman et al., 2006; Caporaso et al., 2012; Gilbert et al., 2012; Bunse and Pinhassi, 2017; Mena et al., 2020). Terminal restriction fragment length polymorphism (T-RFLP) and 454 pyrosequencing data from previous studies at BATS demonstrated that the seasonality of water column mixing and stratification is an important factor controlling bacterial community composition. For example, specific lineages within the OCS116, SAR11, and Actinobacteria (in which Acidimicrobiales belong) clades exhibit the strongest increases in relative abundance in the upper mesopelagic zone from the stratified period to the period following convective mixing (Morris et al., 2005; Carlson et al., 2009; Treusch et al., 2009; Vergin et al., 2013b). Our study extends the historical dataset, described above, to finer taxonomic scales (Supplementary Table 3) and links bacterial community data to corresponding dynamics of DOM, TDAA, and dissolved metabolites dynamics.




CONCLUSION

Complementary measurements of DOM biogeochemistry and microbial communities revealed a more detailed picture of the changing diagenetic status of DOM in the context of physical water displacements associated with seasonal mixing. TDAA and dissolved metabolite indices provided insight into complex temporal patterns of DOM release, uptake, and potential interactions with multiple biological processes in seawater. Studying temporal and spatial variability of DOM and bacterial communities associated with deep convective mixing will lead to a more detailed understanding of the vertical carbon flux and microbial processes that alter the quantity and quality of DOM in the ocean.
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Autotrophic and heterotrophic bacterioplankton are essential to the biogeochemistry of tropical ecosystems. However, the processes that govern their dynamics are not well known. We provide here a high-frequency assessment of bacterial community dynamics and concurrent environmental factors in Red Sea coastal waters. Weekly sampling of surface samples during a full annual cycle at an enclosed station revealed high variability in ecological conditions, which reflected in changes of major bacterioplankton communities. Temperature varied between 23 and 34°C during the sampling period. Autotrophic (Synechococcus, 1.7–16.2 × 104 cells mL−1) and heterotrophic bacteria (1.6–4.3 × 105 cells mL−1) showed two maxima in abundance in spring and summer, while minima were found in winter and autumn. Heterotrophic cells with high nucleic acid content (HNA) peaked in July, but their contribution to the total cell counts (35–60%) did not show a clear seasonal pattern. Actively respiring cells (CTC+) contributed between 4 and 51% of the total number of heterotrophic bacteria, while live cells (with intact membrane) consistently accounted for over 90%. Sequenced 16S rRNA amplicons revealed a predominance of Proteobacteria in summer and autumn (>40%) and a smaller contribution in winter (21–24%), with members of the Alphaproteobacteria class dominating throughout the year. The contribution of the Flavobacteriaceae family was highest in winter (21%), while the Rhodobacteraceae contribution was lowest (6%). Temperature, chlorophyll-a, and dissolved organic carbon concentration were the environmental variables with the greatest effects on bacterial abundance and diversity patterns.

Keywords: bacterioplankton, seasonality, flow cytometry, 16S rDNA, next-generation sequencing, single-cell analysis, DOC, Red Sea


INTRODUCTION

Prokaryotes are the dominant life forms in the oceans and primary components of aquatic food webs. They play fundamental roles in ecosystem functioning and biogeochemical processes at local and global scales (Azam et al., 1983; Falkowski et al., 2008; DeLong, 2009; Sarmento et al., 2010; Bunse and Pinhassi, 2017). Both autotrophic (i.e., cyanobacteria of the genera Synechococcus, Prochlorococcus, Trichodesmium, and other diazotrophs) and heterotrophic bacteria and archaea are also affected by anthropogenic changes (Allison and Martiny, 2008; Buttigieg et al., 2018). Cyanobacteria are key contributors to primary production and nitrogen fixation, especially in oligotrophic regions (Björkman et al., 2015; Rahav et al., 2016; Liang et al., 2017), while heterotrophic bacterioplankton are ubiquitous and assimilate a large fraction of labile dissolved organic carbon (DOC) and convert it back to CO2 (Del Giorgio et al., 1997; James et al., 2017). Flow cytometric studies allow differentiation and enumeration of heterotrophic bacterioplankton cells into different groups, such as low nucleic acid (LNA) and high nucleic acid (HNA) cells, (living cells with intact membranes; Bouvier et al., 2007), or actively respiring cells (CTC+; Gasol et al., 1999; Bouvier et al., 2007). Previous studies have shown that HNA and CTC+ bacterial cells are metabolically more active (Baltar et al., 2015), and that respiration, especially of these groups, is closely related to bulk bacterial production (del Giorgio et al., 1997; Longnecker et al., 2005).

Seasonal succession of microbial taxa have been demonstrated in time-series studies (Giovannoni and Vergin, 2012; Szabo et al., 2012; Teeling et al., 2016), including the gross flow cytometric groups of LNA and HNA cells (Morán et al., 2015), although some authors have not found temporal patterns across bacterioplankton communities due to lack of sharp transitions (Gilbert et al., 2012; Hatosy et al., 2013; Chafee et al., 2017). However, time-series with frequent sampling revealed more pronounced changes in the relative abundance of microbial taxa (Lindh et al., 2015; Needham and Fuhrman, 2016; Martin-Platero et al., 2018), and variability in cell-specific characteristics can be compared to variation in the entire bacterioplankton assemblage due to environmental factors (del Giorgio and Gasol, 2008; Sjöstedt et al., 2018). The effects of environmental factors such as temperature, inorganic and organic nutrient concentrations, or dissolved oxygen levels on bacterial community composition and metabolic response may allow for short- and long-term ecological variation. How the effects of these changes on marine microbes impact ecosystem function is a challenging research topic (Pinhassi and Hagström, 2000; Fuhrman et al., 2006; Alonso-Saez et al., 2008; Bunse and Pinhassi, 2017).

Temporal changes can be very rapid, as shown in mesocosm experiments with high-frequency sampling that show variations in bacterial community abundance and composition on hourly, daily, and weekly time scales (van Hannen et al., 1999; Schäfer et al., 2001; Schauer et al., 2003; Chu et al., 2018). In coastal waters, external forcing such as freshwater runoff, rainfall, dust deposition, or anthropogenic pressure (Khatri and Tyagi, 2015; Bojarczuk et al., 2018) can cause rapid changes in the biogeochemical properties of the system. These factors can trigger a sudden succession in the bacterioplankton community until it recovers and returns to its previous composition (Yeo et al., 2013). Seasonal variability of bacterioplankton in tropical environments has been studied in only a few locations. However, seasonality in different oceanic environments has been well studied with inter-annual time-series (Giovannoni and Vergin, 2012; Cram et al., 2015). For example, the coastal waters of Qinhuangdao in northern China show distinct seasonal patterns in bacterioplankton abundance in cold and warm seasons (He et al., 2017).

The Red Sea, an enclosed, relatively undisturbed, primarily tropical, narrow, and deep marine basin, is one of the hottest marine regions on Earth. It is an oligotrophic sea with limited inorganic nitrogen and phosphorus concentrations because of almost no riverine inputs and very little precipitation. In parallel to strong latitudinal gradients in salinity and surface temperature (increasing and decreasing, respectively, northwards), inorganic nutrients show also a marked north–south gradient (Ngugi et al., 2012; Berumen et al., 2019). Replenishment mostly comes from the Indian Ocean, making the north and central parts very oligotrophic in comparison (Sofianos et al., 2002).

Consequently, the surface waters of the Red Sea are dominated by the picoplankton size-class, with Prochlorococcus and SAR 11 being the most abundant autotrophic and heterotrophic groups, respectively (Ngugi et al., 2012). Evidence based on metagenomics shows that both functional and microbial diversity covary with physicochemical parameters, with temperature explaining about half of the variation (Thompson et al., 2017). Other studies show that environmental conditions (e.g., temperature, chlorophyll a, oxygen, and particulate organic matter concentrations) shape prokaryotic community composition in surface waters of the northeastern half of the Red Sea (Ngugi et al., 2012). However, these results are based on one-time samplings conducted mainly in open waters. Thus, knowledge about temporal changes in bacterioplankton abundance and community composition in Red Sea coastal waters is still unresolved. Recently, Silva et al. (2019) described the monthly variability in specific growth rates and maximum attainable abundances of heterotrophic bacteria in the harbor area of King Abdullah University of Science and Technology (KAUST). Sabbagh et al. (2020) reported for the same place the weekly changes in autotrophic and heterotrophic bacteria abundance as well as their top-down controls, viruses and heterotrophic flagellates. These studies concluded that the low total abundances of heterotrophic bacterioplankton did not preclude them for showing high growth rates and were rather caused by strong mortality year-round. Our study complements these studies by providing the first detailed assessment of the temporal variability of surface bacterioplankton composition and abundance at the same site. By combining bacterioplankton weekly data obtained by flow cytometry and 16S rRNA amplicon sequencing every month and examining their relationships with other biotic and abiotic variables, we aimed to address the following questions: (i) what are the weekly to monthly dynamics of bacterioplankton in the shallow coastal waters of the central Red Sea? and (ii) what environmental factors drive the abundance and diversity patterns of major phylogenetic groups?



MATERIALS AND METHODS


Sample Collection and Site Description

Seawater samples were collected from the coastal waters of the Red Sea. The sampling station is located in the harbor area of King Abdullah University of Science and Technology (KAUST) in Thuwal, Saudi Arabia (22°18′23.20″ N, 39°6′10.71″ E). Measurements of physicochemical variables and sample collection were performed from January 2016 to December 2016 every week. Temperature, salinity, and dissolved oxygen (DO) concentration were measured at the surface water using a multiprobe system (556 MPS YSI probe). Nine liters of water were collected every week in acid-cleaned polycarbonate bottles. For molecular bacterial community analysis, an extra 5 l of water was collected in the same way every month.

Oxygen saturation, which represents the oxygen concentration at equilibrium with the atmosphere at the temperature and salinity observed, was computed using the equation of Benson and Krause (1984), and apparent oxygen utilization (AOU) was calculated as the difference between the oxygen saturation and the measured dissolved oxygen.



Chlorophyll Size Fractionation

Concentrations of size-fractionated chlorophyll a (Chl a) were measured after sequential filtration of 200 mL water samples through polycarbonate filters (IsoporeTM membrane filters) with pore sizes of 20, 2 and 0.2 μm. The filters were kept at −80°C until analysis. Chl a was extracted in 90% acetone for 24 h in the dark at 4°C. A Turner Trilogy fluorometer calibrated with a chlorophyll a standard (from Anacystis nidulans, Sigma 167 Aldrich) was used to measure Chl a using the acidification method. Total Chl a was calculated by summing the three fractions.



Inorganic Nutrients

Samples for dissolved inorganic nutrient analyses were filtered through pre-burned GFF Whatman filters, and filtrates were stored frozen at −20°C in sterile falcon tubes until analysis. Nitrate (NO3−), nitrite (NO2−), phosphate (PO43−), and silicate (SiO2) were analyzed on a Bruan and Luebbe® Autoanalyzer following Grasshoff et al. (1999) for the automated analysis in the segmented flow (Grasshoff et al., 1999). Limits of quantification were 0.2, 0.05, 0.01, and 0.02 μmol L−1 for NO3− and NO2−, PO43− and SiO2, respectively. All standards were prepared with a nutrient-free artificial seawater matrix in acid-washed material. Nutrient data for January are not available as the samples were taken from February on.



DOC and DON Concentration

Samples for dissolved organic carbon (DOC) and total dissolved nitrogen (TDN) were filtered through pre-burned GFF Whatman filters, acidified with H3PO4 to pH 1–2, and kept in the dark at 4°C until analysis by high-temperature catalytic oxidation (HTCO) in the laboratory on a Shimadzu TOC-L. All glass material was acid-cleaned and burned (450°C, 4.5 h). Consensus reference material of deep-sea carbon (42–45 μmol C L−1 and 31–33 μmol N L−1) and low carbon water (1–2 μmol C L−1), kindly provided by D. A. Hansell and Wenhao Chen (University of Miami), was for DOC and TDN concentration measurements to monitor the ultimate accuracy. Dissolved organic nitrogen (DON) concentrations were calculated by subtracting the dissolved inorganic nitrogen (DIN) from the TDN concentrations (DON = TDN-DIN), where DIN (μmol C L−1) = [NO3−] + [NO2−]. C:N molar ratios of the dissolved organic matter were calculated as the quotient DOC/DON in μmol L−1.



Flow Cytometry: Bacterial Abundance, Cell Size, and Biomass

Bacterioplankton groups were analyzed on a FACSCanto flow cytometer with a blue 488 nm laser. For the determination of the Live cells, the fluorescent probes, SYBR Green I (Molecular Probes, Eugene, Oreg.) and propidium iodide (PI; Sigma Chemical Co.), were used for the double staining of nucleic acids. Both stains were added simultaneously to the non-fixed sample and left 10 to 15 min for staining in the dark. Cells with damaged membranes will be penetrated by the live stain (SYBR green) and the dead stain (PI), though the dead stain supposedly binds more strongly to DNA. The actively respiring cells were distinguished by adding 5-cyano-2,3-di-(p-tolyl) tetrazolium chloride (CTC) stain to a non-fixed sample. The redox dye 5-cyano-2,3-ditolyl tetrazolium chloride (CTC) is reduced intracellular in respiring cells to an insoluble, fluorescent precipitate. This product is detectable and quantifiable by flow cytometry in individual cells.

Two other groups of heterotrophic bacteria were analyzed from samples fixed with 1% paraformaldehyde plus 0.05% glutaraldehyde and distinguished based on their relative green fluorescence (FL1, 530 nm) as a proxy for nucleic acid content, referred to as high nucleic acid (HNA) and low nucleic acid (LNA) bacteria. The fixed samples were stained with SYBR-Green I (Molecular Probes) and incubated for 10 min in the dark. Samples were run for 10,000 events at low speed (15–20 mL min−1). The side scatter (SSC) data were used to estimate the individual cell size. One μm fluorescent beads (Molecular Probes) were used as a standard to obtain relative units (ru) of the intensity of the green fluorescence and side scatter signals. Volume was calculated from the side scatter measurements by assuming a spherical shape for all the cells, first converted to diameter using an empirical calibration (Calvo-Díaz and Morán, 2006; Huete-Stauffer et al., 2016). The cell size obtained was converted into biomass using Gundersen et al. (2002) conversion: fg C cell−1 = 108.8 × cell size0.898 and converted into bacterial biomass (BB, μmol C L−1).



DNA Extraction and Amplicon-Based Next-Generation Sequencing

For total DNA extraction, 5 liters of water was filtered using Sterivex 0.22 μm filters, and the filters were stored at −80°C until DNA extraction. Power® Soil DNA Isolation Kit (MoBio Laboratories, Carlsbad, CA) was used for genomic DNA extraction from the stored filter with slight modifications to the protocol by adding lysozyme and achromopeptidase to the lysis buffer (Ansari et al., 2015). DNA quality was assessed using 260/280 nm and 260/230 nm ratios with a NanoDrop ND-1000 Spectrophotometer (NanoDrop Technologies, US). To perform amplicon next-generation sequencing, the total DNA was amplified for the V4–V5 region of 16S rRNA genes with the primer sequences for 515F and 907R (Caporaso et al., 2011; Ansari et al., 2015; Parada et al., 2016) modified with the Illumina adaptors: forward primer Illum_515F (5′-TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGGTGYCAGCMGCCGCGGTAA-3′) and reverse primer Illum_907R (5′-GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAGCCCCGYCAATTCMTTTRAGT-3′). The underlined regions of the primer sequences target the 16S rRNA gene.



16S rRNA Gene Amplification and Illumina MiSeq Sequencing

Illumina MiSeq was used for next-generation sequencing of 16S rRNA gene amplicons. PCR amplification was performed in a Gene Amp PCR-System 9,700 (Applied Biosystems, USA) in a total volume of 25 μl containing 2.5 μl 10X PremixF and 0.5 units of AccuPrime™ Taq DNA Polymerase High Fidelity (Life Technologies, USA), 0.4 μM of each primer, and 10 ng template DNA. Thermal cycling conditions were as follows: initial denaturation at 95°C for 3 min, and 25 cycles at 95°C for 30 s, 55°C for 30 s, and 72°C for 30 s, with a final extension at 72°C for 5 min. Following amplification, 2 μl of PCR product was used to confirm successful amplification using agarose gel (1%) electrophoresis. The PCR cleanup of the product was performed using AMPure XP beads. As described in the MiSeq Reagent Kit Preparation Guide (Illumina, USA), the purified mixture was used in the index PCR to attach dual indices and Illumina sequencing adapters using the Nextera XT index kit. Later, the PCR products were purified and quantified, and different samples were pooled and submitted to the KAUST core lab for sequencing.



Sequence Analysis and Data Processing

Raw read sequences were quality filtered and trimmed using Trimmomatic v0.32 (Bolger et al., 2014) to remove adapter sequences and leading and trailing bases with a quality score below 20, less than 50 base-pairs (bp) long as well as reads with an average per-base quality of 20 over a 4-bp window. This preprocessing step also included a mapping-based step to remove reads of the internal standard PhiX using BBmap v37.44.1 At each stage, the quality of read sequences was assessed using FASTQC.2

The resulting high-quality paired-end reads for each dataset were then independently error-corrected with Bayeshammer algorithm implemented in SPAdes v3.9.0 (Nurk et al., 2017). The error-corrected reads were then analyzed with MOTHUR v1.3.95 (Schloss et al., 2009) using the standard protocols. A total of 847,501 unique reads from a total of 2,223,751 read sequences (200–301 bp in length and no ambiguities) were in the final dataset of the 12 samples used for the downstream analyses (alignment against Greengene-based “core_set_aligned.imputed.fasta” reference, chimera detection using UCHIME, removal of chloroplast sequences, and preclustering). The final dataset was taxonomically assigned against the SILVA database version 119 and accompanying taxonomy as implemented in MOTHUR. Finally, sequences were clustered at 97% sequence identity cut off to estimate species richness in the samples (rarefaction curves) and derive diversity indices for the full dataset and subsampling of each dataset down to the number of sequences present in the smallest sample (in January with 107,833 sequences). Correlation analyses were done in R using the R package “corrplot” based on the square-root transformed OTU abundances, and environmental parameters averaged for each month. Bray–Curtis similarities were calculated from square-root transformed relative abundance data. Multidimensional scaling (MDS) plots were generated from bootstrapped Bray–Curtis similarities using Primer-E software, version 7.




RESULTS


Environmental Variables

The coastal area at KAUST harbor displayed high temporal variability for most of the measured environmental variables. Temperature averaged 30.0 ± 3.5°C with a minimum of 22.8°C in January and a maximum of 34.3°C in August. Temperature remained higher than 34°C between mid-July and mid-September, when it began to decrease again (Figure 1A). Salinity changed only moderately, averaging 38.8 ± 0.7, ranging from 37.3 in late February to 39.9 in July. The seasonal pattern showed consistently low values (<38) from late February to late April, with higher values (>39.5) between mid-July and mid-October (Figure 1B). Dissolved oxygen concentrations (Supplementary Figure S1) averaged 5.64 ± 0.79 mg L−1 and ranged from 4.56 mg L−1 (July) to 7.17 mg L−1 (January), decreasing by 0.17 mg L−1 for each 1°C increase in temperature (r = 0.61, p < 0.0001, n = 50). AOU averaged 61.6 μmol Kg−1 and showed clear seasonality, with values ranging from −110.4 μmol Kg−1 (in January) to −23.1 μmol Kg−1 (in July).
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FIGURE 1. Temporal distribution of different environmental variables and bacterioplankton groups at the Red Sea coastal site: (A) temperature (°C); (B) salinity; (C) nitrate concentration (μmol L−1); (D) DOC concentration (μmol L−1); (E) DON concentration (μmol L−1); (F) DOM C:N ratios; (G) the percentage of the different size fractions pico-Chl a (blue), nano-Chl a (orange), and micro-Chl a (green); (H) total Chl a concentration (μg L−1; empty circles, dashed line) and Synechococcus abundance (cells mL−1; full circles, solid line); (I) total heterotrophic bacterial abundance (cells mL−1) considering the sum of live and dead bacteria (empty circles, dashed line) and the sum of HNA and LNA bacteria (full circles, solid line); (J) percentage of HNA bacteria (%); (K) percentage of Live bacteria (%); (L) percentage of actively respiring bacteria or CTC+ (%). The smooth curves fitted in each plot are weighted functions using the cubic spline with a lambda of 0.05 and standardized X values, generated on JMP Pro 16 software.


Monthly mean nitrate values ranged from 3.7 μmol L−1 (February) to 22.3 μmol L−1 (August); highest values were recorded in late June (55.3 μmol L−1), with a few other values higher than 10 μmol L−1 scattered throughout the year (Figure 1C). Nitrite concentration averaged 0.15 ± 0.06 μmol L−1 and showed less variability than nitrate, yet a smooth seasonality with a minimum value in March (0.05 μmol L−1) that increased toward summer (up to 0.25 μmol L−1) was found. Phosphate concentrations averaged 0.12 ± 0.06 μmol L−1 (Supplementary Figure S1) and showed minimum values in March (0.03 μmol L−1) and increased toward summer. The highest values were measured in December for phosphate (0.25 μmol L−1). Silicate ranged from 2.9 (February) to 19.4 μmol L−1 (August) and showed a similar seasonality pattern as nitrate (Figure 1C; Supplementary Figure S1). Indeed, both nutrients were strongly and positively correlated (r = 0.97, p < 0.0001, n = 40).



DOC, DON, and C:N Ratios

DOC concentrations averaged 83.3 ± 8.0 μmol C L−1 and ranged from 67.5 (November) to 106.1 (August) μmol C L−1 (Figure 1D). DOC seasonal patterns showed a maximum between March and April that coincided with a minimum in salinity. DON averaged 6.6 ± 3.4 μmol N L−1 and ranged from 1.16 (December) to 12.8 (August). A clear maximum with values above 10 μmol N L−1 was observed between June and August, when the highest temperatures were measured (Figure 1E). DON increased significantly with temperature (r = 0.63, p < 0.0001, n = 39). The C:N ratio of dissolved organic matter (DOM) averaged 19.3 ± 15.5, with values below 10 between May and August (Figure 1F), suggesting its bioavailability increased during the warmest months.



Total and Size-Fractionated Chlorophyll a

Total chlorophyll a averaged 0.45 ± 0.23 μg L−1 and ranged from 0.14 (July) to 1.23 (May) μg L−1 (Figure 1H). Total Chl a variability was highest in summer, but seasonality was not evident. The small (pico- and nano-) size-classes contribution to total values averaged 44 ± 13% and 35 ± 10%, respectively, and showed no clear seasonality. The proportion of picophytoplankton was dominant throughout the year, ranging from 27 to 56%, but decreased in summer when the proportion of microphytoplankton increased to more than 40% (Figure 1G). Total Chl a was correlated positively with temperature (r = 0.33, p = 0.02, n = 50), silicate (r = 0.37, p = 0.02, n = 40) nitrate (r = 0.36, p = 0.03, n = 40), and DON (r = 0.42, p = 0.01, n = 39).



Bacterioplankton Abundance and Single-Cell Physiological Structure

The dynamics of the different groups of bacteria identified are presented in Figures 1I–L. Total heterotrophic bacteria abundance can be calculated as the sum of LNA and HNA cells or as the sum of live and dead cells, with both represented in Figure 1I. Two peaks were detected, in April–May and August (3.99 and 4.35 × 105 cells mL−1, respectively, using LNA + HNA and live+dead values). The percentage of live bacteria was above 90% for most of the year and showed slight fluctuations (Figure 1J). The percentage of HNA cells varied from around 35% (November to December) to over 60% (July; Figure 1K). CTC+ cells were consistently less abundant, but varied widely from 4% (March) to around 50% (May; Figure 1L). Cyanobacteria were almost exclusively represented by Synechococcus, as Prochlorococcus was found in very low numbers and only detected in four samples, two in January and one each in February and March (1.1 × 104, 5.79 × 103, 1.3 × 104, and 4.7 × 103 cells mL−1, respectively). Synechococcus abundance showed a similar pattern to that of total heterotrophic bacteria (Figures 1H,I), with two maxima in April–May and August (1.20 and 1.46 × 105 cells mL−1, respectively). Both Synechococcus and heterotrophic bacteria abundances decreased in June and July. Abundance of HNA, Synechococcus, and CTC+ cells was positively correlated with temperature and total Chl a (Table 1). Actively respiring bacteria (CTC+) was the group most affected by environmental variables and showed significant positive correlations with temperature, DOC, total Chl a (Table 1) but a negative correlation with phosphate concentration (rho = −0.33, p = 0.04, n = 40).



TABLE 1. Spearman correlation coefficients (rho) between bacterial population abundances (cells mL−1) and selected environmental and nutritional factors: Temp (temperature, °C), salinity, DO (dissolved oxygen, mg L−1), DIN (dissolved inorganic nitrogen, μmol L−1), phosphate (μmol L−1) DOC (dissolved organic carbon, μmol L−1), DON (dissolved organic nitrogen, μmol L−1), and Chl a (μg L−1) at the Red Sea coastal site.
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Autotrophic and heterotrophic bacteria showed seasonal variations in their respective cell sizes (Supplementary Figure S2). The cell size of Synechococcus varied from 0.054 to 0.161 μm3, while the cell size of the average heterotrophic bacterium ranged from 0.040 to 0.054 μm3, which was due to the different temporal variability of LNA and HNA cells. HNA cells were consistently larger (0.051 to 0.077 μm3) than their LNA counterparts (0.028 to 0.040 μm3) year-round The cell size of LNA, HNA, and Synechococcus increased with increasing temperature from January to June and then remained constant until it decreased again from October to December as temperature decreased. HNA cell size showed a positive relationship with temperature (r = 0.55, p = 0.0001, n = 50) and DON concentration (r = 0.36, p = 0.026, n = 39), while LNA cell size was positively correlated only to temperature (r = 0.62, p = 0.0001, n = 50). Synechococcus cell size showed a positive correlation with DIN (rho = 0.38, p = 0.016, n = 39) and temperature (rho = 0.59, p = 0.0001, n = 47).

The total biomass of heterotrophic bacteria (LNA + HNA) ranged from 2.06 to 6.42 μg C L−1, which was always higher than that of Synechococcus (0.38–4.00 μg C L−1). Consequently, the ratio of autotrophic to heterotrophic bacterial biomass ranged from 0.1 to 0.8, with higher values in July and lower in February. However, as expected from the changes in abundance, both heterotrophic bacteria biomass (r = 0.51 p < 0.0001, n = 50) and Synechococcus biomass (r = 0.61, p < 0.0001, n = 50) were significantly correlated with temperature.



Bacterial Community Structure

A total of 1,888,244 16S rRNA gene sequences were obtained after quality control for all 12 samples collected in the sampled year (Supplementary Table S1). The alpha diversity measures show that the maximum diversity was found from September to November (Supplementary Table S1). The majority of the sequences obtained belonged to the phyla Cyanobacteria (8–49%, mean = 38%), Proteobacteria (21–40%, mean = 34%) and Bacteriodetes (13–42%, mean = 24%; Figure 2). Among Cyanobacteria, subsection I (8–48.75%) was the dominant clade, mainly Synechococcus (8–48.75%). Within the phylum Proteobacteria, Alphaproteobacteria (12–35%) were the most abundant class, followed by Gammaproteobacteria (3–7%) and Betaproteobacteria (0.2–2%). Within Bacteriodetes, the most abundant classes were Flavobacteria (8.7–38.7%), Sphingobacteria (0.6–5.1%), Cytophagia (0.02–3.25%), and Bacteroidia (0.01–0.04%). Figure 3 shows the heat map of the nine dominant classes. The proportion of Alphaproteobacteria was low in January and March when Flavobacteria predominated in abundance.
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FIGURE 2. Monthly changes in bacterial community composition at the phylum level expressed as percent of total reads.
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FIGURE 3. Heat map displaying the relative abundances (color code represents the percent relative abundances) and distribution of highly represented bacterial taxa at the class level at the coastal site of the Red Sea.


To further analyze the seasonality of the different classes, their relative percentages were multiplied by the total heterotrophic bacterial abundances obtained from flow cytometry. The mean seasonal abundances of the nine major classes are shown in Figure 4. The values obtained were found to be significant by using two-way ANOVA (p < 0.001). Alphaproteobacteria, Gammaproteobacteria, and Sphingobacteria increased in summer, while Flavobacteria and Betaproteobacteria decreased (Figure 4). Cyanobacteria showed the lowest value in winter (February), consistent with the low abundances of Synechococcus detected by flow cytometry in that month (cf. Figures 2, 5). At the family level, Synechococcaceae (8–47%), Flavobacteriaceae (5–18%), Rhodobacteraceae (6–26%), and Pelagibacteraceae (1–5%) dominated. The highest abundance of Flavobacteriaceae (18%) was found in January, coinciding with the lowest abundance of Rhodobacteraceae (6%). The highest relative abundance of Rhodobactereceae was found in August (31%), while the abundance of Flavobacteriaceae was 11%. A negative relationship was found between the percentage of Flavobacteriaceae and temperature (r = −0.58, p = 0.04, n = 12).

[image: Figure 4]

FIGURE 4. Seasonal variations of selected dominant taxonomic class (cells mL−1) obtained by multiplying their relative abundances by total bacteria abundance obtained from flow cytometry analysis. Here, symbols represent W (winter), SP (spring), S (summer), and A (autumn).
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FIGURE 5. Monthly changes in the relative abundances of the top 25 OTUs present at the Red Sea coastal site.


OTU based analysis of the sequences revealed that Synechococcus varied from 33 to 49% of the total OTUs, except in February when they accounted for only 11% of total reads (Figure 5). The percentage of Synechococcus was multiplied by the abundance of bacteria (including Synechococcus) from flow cytometry to obtain the abundance of Synechococcus from sequence analysis (Supplementary Figure S3). Although the abundance of Synechococcus cells was estimated to be twice as high by sequencing compared to flow cytometry counts (2.82 × 104–2.22 × 105), the seasonal trend was the same for both methods (r = 0.82, p = 0.001, n = 12).

Non-metric multidimensional scaling (NMDS) analysis of the relative abundance of bacterial groups at the genus level showed clear community differentiation by seasonality. Winter and summer samples were clustered separately from spring and fall samples (Figure 6). The autumn and spring samples were also separated, except for the June and December samples, which were close to each other. PERMANOVA analysis also confirmed the significant differences between OTU composition in different seasons (p = 0.03). Spearman correlation analysis showed that bacterial diversity was mostly correlated with temperature, dissolved oxygen, DIN, and DON (Figure 7). Alphaproteobacteria, Synechococcus, and Gracilimonas (Balneolaceae) were positively correlated with temperature and negatively correlated with DO, while NS4 (Flavobacteria) and Cryomorphaceae were negatively correlated with temperature and positively correlated with DO (Figure 7).
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FIGURE 6. Distribution of monthly bacterial communities in a nMDS plot in the Red Sea coastal site. The Venn diagram shows cluster overlaps within different months according to seasons. The size of the bubbles indicates the percentage of Flavobacteriaceae cells in each month of 2016, while seasons are represented by W (winter), SP (spring), S (summer), and A (autumn).
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FIGURE 7. Spearman correlation coefficients between the top most abundant 25 OTUs and bacterial and environmental factors at the coastal site (in the Red Sea). Bold OTUs represents new genera or group of bacteria showing highest Spearman correlations with temperature or oxygen.





DISCUSSION

The study site on the coast of the central Red Sea depicted clear seasonal patterns for many of the environmental variables. In addition to a 11.5°C change in temperature and a 2.6 increase in salinity, concentration of nitrate was particularly high during summer months. Other variables affected by seasonality in the coastal waters of the Red Sea were silicate, DOM and DO concentrations. Since there is strong stratification year-round in the deeper waters nearby, the above-mentioned inorganic nutrients could originate from Aeolian dust deposition (mostly occurring due to wind-blown dust from the surrounding desert; Singh et al., 2008). Recent studies have reported a clear seasonal pattern of dust emission and deposition over the Arabian Red Sea coast, with the highest inputs occurring between June and August (Anisimov et al., 2017). These authors also assessed the mineralogical composition of dust and concluded that quartz (a source of dissolved silicate) was the most abundant mineral. The fact that nitrate and silicate were strongly correlated and followed the same seasonal pattern with maxima between June and August (Figure 1C; Supplementary Figure S1) suggests that their seasonal changes could be explained by dust deposition (Raitsos et al., 2015).

Phosphorus was limiting year-round, and the competition between heterotrophic bacteria and phytoplankton for phosphate might have played a role in the generally low phytoplankton biomass despite high nitrogen loading. Silva et al. (2019) have shown that heterotrophic bacteria took up phosphate in ca. 80% of the incubations without protists and phytoplankton carried out over slightly more than 1 year. Notwithstanding Chl a values seldom exceeding 1 μg L−1, high silicate concentrations in summer were correlated with a higher proportion of microphytoplankton (probably due to the presence of silicate-requiring diatoms), which is inconsistent with the frequent association of warmer temperatures with more oligotrophic conditions in tropical and temperate waters and the subsequent increase in the contribution of smaller-sized phytoplankton (Rasconi et al., 2017).

Although higher primary productivity and oxygen production would be expected with higher Chl a, increases in phytoplankton standing stocks were typically small and short-lived (Figure 1H) hence unable to obscure the drop in DO caused by summer warming (Supplementary Figure S1). However, changes in AOU indicate that the utilization of oxygen (i.e., respiration) also peaked between July and September. Even though AOU values were always negative (indicating that phytoplankton oxygen production exceeded oxygen consumption), there was a clear increase in respiration by heterotrophic bacteria during the warmest months. Accordingly, AOU significantly correlated with increasing temperature (r = 0.65, p < 0.0001, N = 49) and bacterial cell numbers (HNA + LNA r = 0.31, p = 0.03, N = 49).

The weekly variability in the abundance and cell properties of bacterioplankton of this study complements the same high-frequency observations obtained 1 year later, in 2017 (Sabbagh et al., 2020). The changes in abundance of total heterotrophic bacteria, with maxima in spring and late summer and minima in winter, are consistent with results elsewhere (Šantić et al., 2012; Cram et al., 2015; He et al., 2017), including the tropical region (Zhao et al., 2016; Sabbagh et al., 2020). HNA bacteria predominate in meso- to eutrophic environments, while LNA bacteria are generally dominant in oligotrophic conditions (Zubkov et al., 2004; Morán et al., 2007). Although LNA and HNA cells did not show a clear seasonal pattern, both groups tended to be evenly distributed in the first half of the year (ca. 50% each), while LNA slightly predominated between September and the end of the year (Figure 1K). This coincided with a decline in microphytoplankton as well as Chl a (Figure 1H) and nitrate (Figure 1C), after these variables peaked in August.

The highest peak in DOC concentration found between March and April coincided with the highest proportion of picophytoplankton relative to total phytoplankton biomass measured as Chl a, and a clear increase in Synechococcus cell numbers (Figures 1D,G,H). This puts forward for consideration that a portion of the available DOC during this period could be the result of primary production of small autotrophic cells. Moreover, we found a positive and significant correlation between concentrations of DOC and abundance of Synechococcus when considering samples taken during March and April (p = 0.03, r = 0.71, N = 9), when Synechococcus first peaked. In contrast, the availability of DOC during the summer months could be related to the primary production mediated by a mix of both large autotrophic cells (i.e., diatoms), which were more abundant in July and August (up to 50.8% of the total; Figure 1G), and Synechococcus, which were peaking for a second time (Figure 1H). Although there is no significant statistical support for the months of July and August (most probably due to the concomitant autotrophic DOC production and heterotrophic DOC consumption in natural waters), the observed patterns seem to indicate that DOC, likely produced by small autotrophic cells, may have triggered the increase in absolute heterotrophic bacterial abundance (Figure 1I) and the contribution of actively respiring bacteria (CTC+, Figure 1L). We found a significant and positive correlation between DOC concentration and total heterotrophic bacterial abundance (Live + Dead) when considering a gap time of 2 weeks (p = 0.05, r = 0.28, N = 49), that supports this hypothesis. Total heterotrophic bacterial biomass was 14% higher during the summer peak than in March–April. However, other microbial processes in the food web [e.g., protistan grazing and viral infections, (Sabbagh et al., 2020)] and physicochemical transformations (e.g., photobleaching) may also influence the concentration and lability of available DOC. These results are supported by a previous study that showed high DOC uptake rates from February to May in monthly incubations of heterotrophic bacterioplankton, both in the absence and in the presence of grazers at the same study site (Silva et al., 2019).

Our results showed that HNA cells were consistently larger than LNA cells year-round, as is usually the case elsewhere (Huete-Stauffer et al., 2016; Liu et al., 2016), but in contrast to other reports in which LNA cells can occasionally reach or even exceed the size of HNA cells (Bouvier et al., 2007; Gomes et al., 2015; Morán et al., 2015). Cell size increased with increasing temperature up to 32°C in both groups, but with a lag of about 3 months (Supplementary Figure S2). LNA cell size increased when the temperature first rose in June/July, whereas HNA cell size increased after temperature remained high for 3 months (in September to October). These findings contradict recent results from temperate ecosystems (Fauteux et al., 2015; Morán et al., 2015; Huete-Stauffer et al., 2016) that report a general decrease in cell size with increasing temperature. Although the relationships between abundance, body size, and temperature are complex (Kingsolver and Huey, 2008), a universal ecological principle states that higher abundance of organisms should be associated with smaller individual size (White et al., 2007). Of note, previous studies showing a decrease in cell size with increasing temperature were performed in colder environments than the Red Sea. In contrast, the minimum temperature found in our study (23°C, Figure 1A) was even higher than the maximum temperature reached in this temperate site study (Morán et al., 2015).

Synechococcus cell size showed a similar seasonality, although relative maxima were also observed in March (Supplementary Figure S2). Therefore, the temperature-size rule (Forster et al., 2013) does not seem to explain our findings. However, our observations also suggest a higher nutritional status (DOM with relatively higher N content) of heterotrophs during the warmest season. DON values were generally elevated between June, July, and August (Figure 1E) when temperatures remained above 32°C (Figure 1A), resulting in lower C:N ratios and more labile DOM. Consistent with the argument that bacterial cell size also reflects activity (Gasol et al., 1995), a recent study at the same coastal site reported higher bacterial growth efficiency values in summer, which coincided with the lowest C:N ratios (Silva et al., 2019). The explanation for the reduction in cell size at higher temperatures could be due to metabolic advantages for organisms under warmer conditions (Daufresne et al., 2009). However, it remains debatable whether temperature can directly cause the temperature-size variability, as other factors like DOM lability and availability, oxygen diffusion, or size-selective predation could be more important players (Daufresne et al., 2009; Gardner et al., 2011; Huete-Stauffer et al., 2016). This appears to be the case in our study, where temperature and DON (indicative of more labile DOM compounds) were positively correlated with Chl a.

Moreover, the abundance of LNA, HNA and CTC+ cells were correlated significantly with total Chl a, further suggesting the role of organic substrates released by primary producers (Ni et al., 2015). The positive correlation between the abundances of CTC+ and HNA bacteria suggests that the most metabolically active cells belong mainly to the latter group throughout the year, as previously shown in Blanes Bay, in the Mediterranean Sea (Baltar et al., 2015) and Waquoit Bay in the Northwest Atlantic (Morán et al., 2011). The size increase of HNA cells with temperature (0.001 μm3 °C−1), which was more pronounced than that of LNA cells (0.0005 μm3 °C−1), also suggests that HNA bacteria were more active and responsive to changes in DOM quality, in agreement with differences in the respective specific growth rates (Silva et al., 2019).

Bacterial community composition was assessed monthly (rather than weekly), which still allowed us to assess key seasonal changes in diversity and compare them with other bacterioplankton properties. This study is one of the few to describe temporal changes in bacterial taxa throughout an annual cycle in the tropical coastal waters of the Red Sea, which were originally thought to be subject to less environmental variation compared to higher latitudes (Wang et al., 2015; Doherty et al., 2017). However, since there is already a temporal resolution discrepancy in the dataset (i.e., weekly variations in microbial abundance and ancillary environmental variables vs. monthly changes in 16S rRNA amplicons), we are afraid that we cannot explore different cause-effects time lags when it comes to changes in microbial community composition. Bacteroidetes, Cyanobacteria, and Proteobacteria were the predominant bacterial phyla, which showed variations in monthly abundances (Figure 2) similar to previous findings (Yin et al., 2013) in the surface waters of the oligotrophic South Pacific Subtropical Gyre (Ortmann and Ortell, 2014). Furthermore, our results revealed that Rhodobacteraceae, SAR11 and Synechococcus were the dominant groups throughout the year, except in February, thus showing that microbial community composition in tropical waters may occasionally fluctuate as much as in higher latitude regions. Similar to our results, Actinobacteria increased at other coastal sites in autumn, along with autumn-specific SAR11 members (Lindh et al., 2015; Bunse and Pinhassi, 2017). Overall, we observed a larger than expected microbial community succession throughout the year, with contrasting responses of different OTUs to biological and environmental parameters (Figure 7), especially temperature, DON, and DO.

From a seasonal perspective, winter microbial diversity differed from the remaining seasons (Figure 3) and was characterized by a relatively high abundance of Flavobacteria. The Shannon diversity index showed the highest value in February (2.95), with a large effective species number of 19,029, whereas the lowest index (2.01) was recorded in May. The combined use of flow cytometry and 16S rRNA sequencing can provide estimated absolute taxon abundances. In the case of Synechococcus, the higher abundance of cyanobacteria detected by amplicon sequencing, which virtually duplicated the flow cytometric counts could be due to the presence of multiple copies of the 16S rRNA gene (Moore et al., 2019). Certain groups can safely be assigned to either the LNA or the HNA flow cytometric groups, with little overlap between them. Particularly, the family Rhodobacterales and Flavobacteria would likely belong to the HNA group, whereas the SAR11 clade typically makes up a large fraction of LNA cells (Schattenhofer et al., 2011; Vila-Costa et al., 2012). Contrary to the expectation in warm and oligotrophic waters, SAR11 was not among the dominant members of the community, perhaps due to the near shore location of the study site and the unusual nutrient requirements (Carini et al., 2013).

In conclusion, this year-long study provides a comprehensive assessment of bacterioplankton abundance and diversity at, respectively, high and moderate temporal resolution and identifies the central players relevant in the ecosystem functioning and biogeochemistry of the coastal Red Sea. Remarkable changes in the abundance, physiological structure, and diversity patterns of planktonic bacteria in turn reflected changes in environmental variables, especially temperature, chlorophyll a, DOC concentration, and lability, which were not anticipated to fluctuate much in a tropical environment. Among the heterotrophs, Flavobacteriaceae, Rhodobacteraceae, and SAR11 were the groups most affected by these environmental factors, each with a distinct temporal signal in these shallow waters of the central Red Sea.
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Fast repetition rate fluorometry (FRRf) allows for rapid non-destructive assessment of phytoplankton photophysiology in situ yet has rarely been applied to Trichodesmium. This gap reflects long-standing concerns that Trichodesmium (and other cyanobacteria) contain pigments that are less effective at absorbing blue light which is often used as the sole excitation source in FRR fluorometers—potentially leading to underestimation of key fluorescence parameters. In this study, we use a multi-excitation FRR fluorometer (equipped with blue, green, and orange LEDs) to investigate photophysiological variability in Trichodesmium assemblages from two sites. Using a multi-LED measurement protocol (447+519+634 nm combined), we assessed maximum photochemical efficiency (Fv/Fm), functional absorption cross section of PSII (σPSII), and electron transport rates (ETRs) for Trichodesmium assemblages in both the Northwest Pacific (NWP) and North Indian Ocean in the vicinity of Sri Lanka (NIO-SL). Evaluating fluorometer performance, we showed that use of a multi-LED measuring protocol yields a significant increase of Fv/Fm for Trichodesmium compared to blue-only excitation. We found distinct photophysiological differences for Trichodesmium at both locations with higher average Fv/Fm as well as lower σPSII and non-photochemical quenching (NPQNSV) observed in the NWP compared to the NIO-SL (Kruskal–Wallis t-test df = 1, p < 0.05). Fluorescence light response curves (FLCs) further revealed differences in ETR response with a lower initial slope (αETR) and higher maximum electron turnover rate ([image: image]) observed for Trichodesmium in the NWP compared to the NIO-SL, translating to a higher averaged light saturation EK (= [image: image]/αETR) for cells at this location. Spatial variations in physiological parameters were both observed between and within regions, likely linked to nutrient supply and physiological stress. Finally, we applied an algorithm to estimate primary productivity of Trichodesmium using FRRf-derived fluorescence parameters, yielding an estimated carbon-fixation rate ranging from 7.8 to 21.1 mgC mg Chl-a–1 h–1 across this dataset. Overall, our findings demonstrate that capacity of multi-excitation FRRf to advance the application of Chl-a fluorescence techniques in phytoplankton assemblages dominated by cyanobacteria and reveals novel insight into environmental regulation of photoacclimation in natural Trichodesmium populations.

Keywords: Trichodesmium, fast repetition rate fluorometer, photophysiology, photobiology, photoacclimatiion, iron stress, nutrient limitation


INTRODUCTION

Fast repetition rate fluorometry (FRRf) is sensitive enough for use in low-chlorophyll a oligotrophic waters and provides a non-destructive and minimally intrusive method for probing photosynthetic processes, including photosystem II (PSII) photochemistry and photosynthetic electron transport (Kolber et al., 1998; Schuback et al., 2021). This technique is now an established tool in global aquatic research efforts to understand environmental regulation of phytoplankton physiology and productivity (Gorbunov et al., 1999, 2001; Suggett et al., 2009a; Hughes et al., 2018a; Schuback et al., 2021). FRRf observations of phytoplankton have been used principally to examine the effects of physiological stress, such as nutrient limitation (Behrenfeld et al., 2006; Schuback et al., 2016; Hughes et al., 2018b). Recently, FRRf has also been used for the characterization of light absorption (Silsbe et al., 2015), for interpreting phytoplankton photophysiological processes in the context of phytoplankton community structure (Carvalho et al., 2020; Gorbunov et al., 2020; Hughes et al., 2020), and for describing primary productivity (e.g., Smyth et al., 2004; Fujiki et al., 2008; Cheah et al., 2011; Wei et al., 2020; Zhu et al., 2016, 2017, 2019; Hughes et al., 2018b; Schuback et al., 2021).

This has even extended to autonomous deployment across all major oceans via research vessels, buoy systems, and glider platforms (Falkowski et al., 2017; Carvalho et al., 2020; Ryan-Keogh and Thomalla, 2020).

As blue light is both high in energy and strongly absorbed by chlorophyll, until recently the majority of fluorometers were equipped with only blue-excitation LEDs (usually with wavelengths between 450 and 470 nm). Critically, measurements of PSII maximum photochemical efficiency (Fv/Fm) and functional absorption cross section of PSII (σPSII)—which are related to photosynthetic performance (see Hughes et al., 2018a; Schuback et al., 2021)—are inherently scaled to the excitation LED of the instrument. However, it has long been known that blue-light equipped FRRf instruments are relatively insensitive to the presence of cyanobacteria—which absorb light in the blue region extremely poorly compared to other phytoplankton groups (Raateoja et al., 2004; Suggett et al., 2004). Cyanobacteria such as Trichodesmium exhibit a very low σPSII at 400–500 nm, instead absorbing strongly in the green or orange/red regions due to their use of phycobilisomes rich in phycocyanin or long-wavelength variants of phycoerythrin (Houliez et al., 2017). As such, FRRf instruments containing only a single blue-excitation LED often fail to adequately drive PSII reaction center closure in cyanobacterial samples (e.g., Hughes et al., 2020), generally resulting in underestimation of electron transport rates (ETRs) (Robinson et al., 2014). To this end, multi-excitation fluorometers have emerged in recent years, facilitating measurement of phytoplankton communities dominated by cyanobacteria, and to date have been successfully utilized in both marine and freshwater systems (Simis et al., 2012; Houliez et al., 2017; Wei et al., 2019; Kazama et al., 2021).

Our interest here is focused on identifying the physiological ecology of Trichodesmium in oligotrophic waters using multiwavelength FRRf measurements. The diazotrophic cyanobacterium Trichodesmium is a major contributor to new nitrogen (N) production in parts of the oligotrophic subtropical and tropical ocean, with large surface accumulations of Trichodesmium reported episodically (Capone et al., 2005). Such Trichodesmium accumulations often result in transient domination of overall phytoplankton primary productivity (Bowman and Lancaster, 1965; Capone et al., 1997; Karl et al., 1997). As such, Trichodesmium plays a critical role in the biogeochemical cycling of C and N in oligotrophic regions.

Trichodesmium exhibits a high PSI:PSII ratio, which minimizes damage to nitrogenase from photosynthetic O2 production at PSII, yet also makes Trichodesmium difficult to detect by chlorophyll fluorescence (Subramaniam et al., 1999). Furthermore, Trichodesmium possess phycobiliproteins with absorption peaks centered at 495, 545, and 565 nm (Fujita and Shimura, 1974). As a consequence of the combination of the phycobiliproteins and a relatively low abundance of PSII, lower values of both Fv/Fm and σPSII have been documented for Trichodesmium when using fluorometers with solely blue-excitation sources (Campbell et al., 1998; Raateoja et al., 2004; Cai et al., 2015). Consequently, consideration of the excitation wavelength is crucial when interpreting in situ photophysiological data (Suggett et al., 2009b).

In this study, we present the results of the first study using an FRR fluorometer equipped with multi-excitation wavelength LEDs to assess the photobiology of natural Trichodesmium populations from two water bodies, the Northwest Pacific (NWP) and North Indian Ocean in the vicinity of Sri Lanka (NIO-SL). The primary objective was to accurately characterize the two photosynthetic parameters describing the physiological state of PSII (Fv/Fm and σPSII) for Trichodesmium. First, we evaluated the performance of FRRf with multi-excitation wavelengths and documented the improvement of retrieving photophysical parameters when using the combined measurement protocol rather than using blue light only. We then compared photophysical parameters of Trichodesmium between and within study regions, evaluating the importance of potential nutrient stress (in this case mainly iron) on driving variations of Fv/Fm and σPSII. Finally, we estimated the carbon uptake rate of Trichodesmium from FRR data, highlighting the possibility of direct measurement of primary production of Trichodesmium in the field from in-situ fluorometric data.



MATERIALS AND METHODS


Water Sample Collection and Physical and Biochemical Properties

Sampling was conducted aboard the GEOTRACES cruise GP09 of the R/V Tan Kah Kee during the spring (April 25–June 13, 2019) in the NWP, and during an international joint cruise of the R/V Xiangyanghong-6 in January 2020 in the NIO-SL (Figure 1). All shipboard measurements were performed by the same operator, with identical protocols adopted for handling and processing of samples in both NWP and NIO-SL cruises. Routine water samples of biological cast were collected using a rosette equipped with 12 Niskin bottles (10-l capacity; General Oceanics Inc, Miami, FL, United States) and a conductivity-temperature-depth profiler (911+, Sea-Bird Electronics, Bellevue, WA, United States). Sampling was performed in the morning between 5:00 and 8:00 a.m. local time (Table 1). The upper mixed layer depth (MLD) was defined as a density change from the ocean surface of 0.125 sigma units (Huang and Russell, 1994). Incident surface photosynthetically active radiation (PAR, 400–700 nm, measured in μmol quanta m–2 s–1) was measured throughout the cruise period with a quantum scalar irradiance sensor (QSL-2100, Biospherical Instruments Inc, San Diego, CA, United States).
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FIGURE 1. (A) Sampling stations during the GEOTRACES cruise GP09 performed onboard the R/V Tan Kah Kee during the spring (April 25–June 13, 2019) in the Northwest Pacific (NWP), and (B) during an international joint cruise of the R/V Xiangyanghong-6 during January 2020 in the North Indian Ocean in the vicinity of Sri Lanka (NIO-SL). Main currents are also shown, which include Kuroshio, North Equatorial Current (NEC), Mindanao Current (MC), and Mindanao Eddy (ME) in the NWP (Liu et al., 2017) as well as East Indian Coast Current (EICC) in the NIO-SL (Vos et al., 2014). (C) Global locations of two study regions. The figure’s background is Moderate Resolution Imaging Spectroradiometer (MODIS) monthly Level 3 Chl-a data which were downloaded from NASA’s ocean color website (http://oceandata.sci.gsfc.nasa.gov).



TABLE 1. Surface values of temperature (Temp, °C), salinity (Sal), mixed layer depth (MLD, m), Chl-a concentration (Chl-a, μg L–1), PAR (mol photon m–2 d–1), nitrite and nitrate (NO2− + NO3–, nmol L–1) and phosphate (PO43–, nmol L–1) in the NWP and NIO-SL.
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Nutrient samples were collected in 100-ml high-density polyethylene (HDPE) bottles and were immediately measured onboard. Nanomolar levels of soluble reactive phosphorous were determined according to Ma et al. (2008) with a detection limit of 1.4 nM. Nanomolar levels of nitrate were analyzed using the chemiluminescent method (Garside, 1982) with a detection limit of 2 nM. Total Chl-a concentrations were determined from 300-ml seawater samples filtered onto 25-mm glass fiber filters (Whatman GF/F) under low vacuum (<0.02 MPa). Chl-a was extracted in 90% acetone and stored in darkness for 24 h under -20°C. The Chl-a concentration was determined fluorometrically using a pre-calibrated fluorometer (Turner Trilogy, United States) according to the method described by Welschmeyer (1994). For phytoplankton size structure measurement, we separated each sample to microphytoplankton (>10 μm), nanophytoplankton (3–10 μm), and picophytoplankton (0.7–3 μm) in these three groups based on size-fractionated chlorophyll a (Chl-a) measurements, according to standardized methods used in marine phytoplankton size research (Cermeño et al., 2006). The size-fractionated Chl-a concentration was determined using a 500-ml volume sample, which was filtered sequentially through 10- and 3-μm polycarbonate filters and 0.7-μm pore size GF/F filters. Filtering through 10 μm was done under gravity and for other pore sizes under low vacuum pressure (<0.02 MPa).



Trichodesmium Colony Collection

To examine the variable chlorophyll fluorescence of natural Trichodesmium, samples were obtained with a 200-μm mesh, 1-m-diameter all-plastic net horizontally towed through surface layers when the ship was stationary. The net was kept a distance of 20 m away from the ship, and towing was conducted continuously for 15–20 min. After towing, Trichodesmium colonies were first poured into a 2–l HDPE bottle and then colonies were gently picked up with a micropipette. All colony samples were cleaned by washing three times with 0.2-μm filtered surface seawater in a 50-ml centrifugal tube to ensure that there were few other phytoplankton species in the samples. The colonies of Trichodesmium species were identified and counted using a 1-ml scaled slide and a Leica DM3000B microscope according to the trichome morphological characteristics (as per Jiang et al., 2018).



Absorption Spectra of Trichodesmium

After washing with filtered seawater, approximately 15–20 colonies of Trichodesmium at four stations (K3, K14, DT-01, DM2-2) were gently filtered at the center of a 25-mm GF/F filter and kept under -80°C for further absorption spectra measurements. During laboratory processing, Trichodesmium absorption coefficients (atrico(), m–1) were determined using the quantitative filter technique of Cleveland and Weidemann (1993) as adapted by Wang et al. (2014) and Zhu et al. (2017).



Photophysiology Measurements

Variable chlorophyll fluorescence was measured using a fast repetition rate fluorometer (FastOcean) integrated with a FastAct laboratory system (Act2, Chelsea Technologies Ltd, West Molesey, United Kingdom). The sample chamber of the instrument has three light-emitting diodes (LEDs) that provide flash excitation energy centered at 447 nm (blue), 519 nm (green), and 634 nm (orange). The 447-nm blue band corresponds to the absorption peak of Chl-a while 519 and 634 nm correspond to the absorption peaks of phycoerythrins and phycocyanins (Kazama et al., 2021). Two LED combinations (447 nm only and 447 + 519 + 634 nm) were used for FRRf measurements of all samples. Typically, triple Trichodesmium samples (each containing ca. 5–10 colonies) were measured after 30–60 min dark adaption, and the measurements for all three samples were completed within 1 h. FRRf measurements were corrected for blank fluorescence using 0.2-μm filtrates (Cullen and Davis, 2003). After dark acclimation, 5-ml subsamples with 5–10 Trichodesmium colonies were transferred into the FRRf. The instrument was programmed to deliver a single-turnover protocol with a saturation phase comprising 100 flashlets on a 2-μs pitch and a relaxation phase comprising 40 flashlets on a 60-μs pitch (as per Hoppe et al., 2015; Hughes et al., 2021). Each sample was exposed sequentially to one dark and nine actinic light levels (69, 158, 273, 421, 611, 621, 857, 1,173, and 1,580 mol quanta m–2 s–1) for a total of 1,000 s duration to retrieve a fluorescence-light response curve (FLC). A fluorescence transient was recorded from the average of one acquisition every 10 s (resulting in 10 acquisitions per light step). Each recorded transient was fitted to the biophysical model of Kolber et al. (1998) to determine the minimum fluorescence yield, maximum fluorescence yield, effective absorption, and photochemical efficiency of PSII for darkness (Fo, Fm, σPSII, and Fv/Fm) and for each actinic light level (F′, [image: image], [image: image], and [image: image]). The parameter τES is the time constant of reoxidation of the primary stable electron acceptor QA, and 1/τES (ms–1) is an estimate of the rate of QA reoxidation. The normalized Stern–Volmer quenching coefficient (NPQNSV, McKew et al., 2013) was calculated from these parameters as [image: image] where [image: image] was estimated as [image: image] = Fo/(Fv/Fm +[image: image]) (Oxborough and Baker, 1997) and [image: image] = ([image: image]/[image: image]. After dark acclimation, we calculated NPQNSV at first light step of zero PAR (NPQNSV) and at saturation light (EK) level (NPQNSV_Ek) during the light curve.

To account for the spectral differences between FRRF-LEDs and the natural light spectra in situ, we employed a σPSII-correction factor (F) according to Eq. (11) following Suggett et al. (2006):

[image: image]

where [image: image] represents spectral corrected σPSII; [image: image] and [image: image] represents the absorption coefficients weighted to the FRRf excitation spectra (either for blue-band or combination wavelengths) and in situ irradiance spectra, respectively. Detail calculations for [image: image] and [image: image] can be found in Suggett et al. (2004) and Zhu et al. (2016).

The instantaneous PSII reaction center-normalized electron transport rate (ETRPSII, mol e– [mol PSII]–1 s–1) for each light level was calculated as per Kolber and Falkowski (1993),

[image: image]

where PAR is in units of μmol photons m–2 s–1 and σPSII is the effective absorption cross section of PSII (Å2 PSII–1). ΦRC accounts for the assumption that one electron is produced from each RCII charge separation (Kolber and Falkowski, 1993), and the constant value 6.022×10−3 converts μmol quanta to quanta, PSII to mol PSII, and Å2 to m2 (Suggett et al., 2001). The term qp (dimensionless) is the PSII operating efficiency and accounts for the extent of photochemical energy conversion by PSIIs, determined as ([image: image])/([image: image]).

ETRPSII and PAR data from the FRRf-light response curves were then fit to the photosynthesis-light dependency model of Platt et al. (1980):

[image: image]

where [image: image] is light-saturated ETR (mol e– [mol PSII]–1 s–1), E is irradiance (μE m–2 s–1), and α = initial slope of the ETR-l curve (mol e– mol RCII–1 s–1 (μmol quanta m–2 s–1)–1).



Statistical Analyses

All correlations were examined using Spearman’s rank correlation coefficient. Kruskal–Wallis t-tests were applied for testing the significant differences between groups of data. All statistical analyses and curve fittings were performed using the open-source statistical software program R (version 3.6.1, R Core Team, 2019). Figures were plotted by Ocean Data View 5 (Schlitzer et al., 2018) and R software.



Fast Repetition Rate Fluorometry-Derived Primary Productivity

We calculated Chl-a specific rates of primary production (PChl, mgC mg Chl-a–1 h–1) from FRRf measurements in a similar fashion to Zhu et al. (2016, 2017) as follows:
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where [image: image] denotes ETRPSII scaled to hourly rates (where the period between t1 and t2 is 60 min), nPSII is the number of PSII reaction centers per Chl-a (mol RCII [mol chl a] –1) (see Suggett et al., 2010; Oxborough et al., 2012), e,C is the electron requirement for carbon fixation (mol e– per mol C) (see Lawrenz et al., 2013), the constant factor 893 converts mol Chl-a to mg Chl-a and mol e– to mmol e–, and 12 converts mmol C to mgC. For this study, we used an assumed value of 0.027 mol RCII (mol Chl-a) –1 for Trichodesmium as per Richier et al. (2012). Here we used previously reported experimental results (Boatman et al., 2018b, see their Figure 4D), to develop a simple light-dependent function describing e,C for Trichodesmium in this study, where e,C = 0.0115PAR + 5 (n = 24, r2 = 0.97)—we revisit the point, together with the choice of nPSII in the discussion.




RESULTS


Physical and Biochemical Environments

Basic physical and biochemical parameters at sampling sites for two study regions are presented in Table 1. The mean value ± standard deviation (SD) of sea surface temperature (SST), surface salinity, MLD, and daily photosynthetically available radiation (PAR) at NWP were 29.6 ± 0.5°C, 34.4 ± 0.2, 25.6 ± 8.0 m, and 53.3 ± 2.7 mol photon m–2 d–1, respectively. Similar data ranges were observed for the NIO-SL area, with mean values of 28.9 ± 0.2°C, 33.6 ± 0.4, 25.6 ± 14.3 m, and 47.7 ± 2.5 mol photon m–2 d–1. Although there was no significant difference in silicate found between two areas (1.5 ± 0.1 vs. 2.0 ± 0.4 μmol l–1, p = 0.2), concentrations of NOx– and PO43– were significantly higher (Kruskal–Wallis t-test, df = 1, p < 0.05) for NIO-SL (163 ± 58 and 177 ± 94 nmol l–1) than for NWP (6.4 ± 3.1 and 45.7 ± 32.5 nmol l–1). The low N-to-P ratios (mean ± SD: 0.16 ± 0.11 for NWP and 1.27 ± 0.77 for NIO-SL) suggest severe N limitation of the overall phytoplankton community in both regions. Mean Chl-a (± SD) in the surface water of NWP was 0.05 (± 0.01) mg m–3, which was significantly lower than that of NIO-SL (0.27 ± 0.03 mg m–3; Kruskal–Wallis t-test, df = 1, p < 0.01; Figures 2A,B). Such low Chl-a in the NWP is typical of an oligotrophic ocean where nitrogen supply is insufficient (Dore et al., 2008). Microscopy revealed that T. thiebautii (likely belonging to Clade I, see Rouco et al., 2016) was the dominant Trichodesmium species in all surface samples taken from both NWP (Supplementary Figures 1A,B) and NIO-SL (Supplementary Figures 1C,D) regions. Size-fractionated Chl-a measurements revealed that picophytoplankton (< 3 μm) dominated in NWP surface samples, with an average fraction of 75 ± 5% (Figure 2C). In the NIO-SL area, picophytoplankton dominated at both DM2-2 and SL1-2, with an average fraction of 81% (Figure 2D). However, DT-01 was dominated by micro-phytoplankton (> 10 μm, 63.6%). Flow cytometry data further confirmed that Prochlorococcus accounted for 96% and 83% of the picophytoplankton group at NWP and NIO-SL, respectively (Supplementary Table 1).
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FIGURE 2. (A,B) Plots of measured Chlorophyll-a (Chl-a) concentration from the surface at each station. (C,D) Plots of surface microphytoplankton (> 10 μm), nanophytoplankton (3–10 μm), and picophytoplankton (0.7–3 μm) community fraction at each station.




Photophysiology of Trichodesmium at Northwest Pacific and North Indian Ocean in the Vicinity of Sri Lanka

The performance of the multi-excitation FRR fluorometer for Trichodesmium measurements was first assessed by comparing photophysiological results between the multiple-wavelength combination (i.e., 447 + 519 + 634 nm combined) and that of the sole blue-excitation LED (447 nm) generated from single-turnover fluorescence induction. In general, very flat induction curves were observed for natural Trichodesmium when blue light only was used as the fluorescence excitation flash (Figure 3), indicating that the blue LED was insufficient to drive complete PSII reaction center closure. Indeed, as shown in Table 2, in NWP the mean value of Fv/Fm derived from blue-band excitation was 60% of the value from excitation combination of three bands (0.31 ± 0.08 vs. 0.51 ± 0.07, Kruskal–Wallis t-test, p < 0.05). In NWP, a significantly lower value of NPQNSV was observed in excitation by the combined LED protocol compared to the blue LED only (1.49 ± 0.36 vs. 2.92 ± 0.99, Kruskal–Wallis test, p < 0.01). Lower average σPSII was found for blue-band excitation compared to the value for combination band excitation after spectral correction (67 ± 17 vs. 79 ± 28 Å2 PSII–1, Kruskal–Wallis t-test, p = 0.18). Although similar trends were visually observed in the dataset of NIO-SL Trichodesmium, no statistical differences were found, likely due to the limited data (Kruskal–Wallis test, p > 0.05). The FRRf data quality with each excitation combination was assessed by the probability of an RCII being closed during the first flashlet of a single turnover saturation phase under dark conditions (RσPSII), and low-quality data were frequently observed when PSII was excited with 447 nm (here we define low-quality data as corresponding to an RσPSII< 0.03; Figure 3). Meanwhile, at most stations, the ETR-light response could not be successfully fitted from FRRf measurement when only the blue band was used for the excitation flash (Table 2). As such, only results from combined measuring protocol (447 + 519 + 634 nm) were analyzed further.
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FIGURE 3. The raw fast repetition rate (FRR) flurometer fluorescence induction kinetic curves of four different lights combinations (blue: 447 nm; blue + green: 447 + 519 nm; blue + orange: 447 + 634 nm and blue + green + orange: 447 + 519 + 634 nm) for the Trichodesmium study (using K14 as an example). Results showed that the FRRf measurement protocol consisting of three excitation wavelengths combined generated the highest quality data (RσPSII > 0.03).



TABLE 2. Comparison of mean (SD) of photophysiology measurement results of Fv/Fm, σPSII (Å2 PSII–1), NPQ at dark (NPQNSV), 1/τES (ms–1), aETR (mol e– mol RCII–1 s–1 (μmol quanta m–2 s–1)–1), ETRmax (mol e– [mol PSII]–1 s–1), and Ek (mol quanta m–2 s–1) between exciting PSII with 447 nm and with combination band (447 + 519 + 634 nm) in the NWP and NIO-SL.

[image: Table 2]
FRRf-derived photophysiological parameters for Trichodesmium sp. samples collected from the two study areas were compared (see Table 3 and Figure 4). Except for 1/τES, significant differences in Fv/Fm, σPSII, and NPQNSV were found between NWP and NIO-SL. Specifically, after blank correcting (blank values of Fo and Fm were in the range of 0.02–0.05), the Fv/Fm of Trichodesmium in the NWP ranged from 0.42 at station K6 to a maximum of 0.65 at station K13, with a mean value of 0.51 ± 0.07. Significantly lower Fv/Fm values were observed for NIO-SL data compared to NWP and ranged from 0.23 at DM2-2 to 0.36 at DT-01 with an average of 0.29 ± 0.05 (Kruskal–Wallis t-test, df = 1, p = 0.01; Figure 4A). Effective absorption cross sections, σPSII, of Trichodesmium varied from 15 at K10 to 121 Å2 PSII–1, with a mean of 79 ± 28 Å2 PSII–1. This value was only approximately half of the mean σPSII of Trichodesmium in the NIO-SL (140 ± 8, ranged from 132 to 152 Å2 PSII–1; Figure 4B, Kruskal–Wallis test, df = 1, p = 0.01). NPQNSV was ca. twofold higher in the NIO-SL (3.17 ± 1.0) than in the NWP Trichodesmium samples (1.49 ± 0.36; Kruskal–Wallis t-test, df = 1, p = 0.024; Figure 4C). The smallest value of NPQNSV was observed at K13 in the NWP and at DT-01 in the NIO-SL (Table 3). Meanwhile, analysis showed that mean values of NPQNSV_Ek were higher than NPQNSV in both NWP and NIO-SL regions (Table 3).


TABLE 3. Value of photophysiological parameters, Fo (arbitrary units: a.u.), Fv/Fm, σPSII (Å2 PSII–1), NPQ at dark (NPQNSV), NPQ at Ek light (NPQNSV_Ek), and 1/τES (ms–1) at each sampling station measured by FRRf with combination band.

[image: Table 3]

[image: image]

FIGURE 4. Boxplots of Trichodesmium photophysiological parameters (A) PSII maximum photochemical efficiency, Fv/Fm, (B) functional absorption cross section of PSII, σPSII (Å2 PSII–1), (C) normalized Stern–Volmer non-photochemical quenching NPQNSV and (D) PSII turnover time 1/τES (ms–1) within NWP and NIO-SL regions. * indicates the extreme value.


Derived from ETR-I curves, the initial slope αETR, maximum electron turnover rate [image: image], and light saturation of PSII charge separation EK (= [image: image]/αETR, mol quanta m–2 s–1) of Trichodesmium in the two study areas are presented in Table 4. According to the results, a lower average value of αETR and a higher [image: image] were observed for Trichodesmium in the NWP than in the NIO-SL, resulting in a higher averaged EK of Trichodesmium in the NWP. However, a Kruskal–Wallis test showed that there were no significant differences in these three variables between the NWP and NIO-SL (df = 1, p = 0.39). The values observed at K13 and DT-01 were quite different from the data of other stations (Table 4), which will be discussed further below. FRRf-retrieved rates of primary productivity (PChl) ranged from 7.8 to 21.1 mgC mg Chl-a–1 h–1 with a mean value of 11.9 ± 4.4 mgC mg Chl-a–1 h–1 (Table 5).


TABLE 4. Value of αETR [mol e– mol RCII–1 s–1 (μmol quanta m–2 s–1)–1], [image: image] [mol e– [mol PSII]–1 s–1], and EK (mol quanta m–2 s–1) at each sampling station derived from ETR-light curves.
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TABLE 5. Hourly Chl-a specific ETRs (mmol e– mg Chl-a–1 h–1), estimates of electron requirement for carbon fixation (e,C, mol C per mol e–) and primary productivity of Trichodesmium (mgC mg Chl-a–1 h–1) for seven stations in the morning (07:00 a.m.).
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Correlation Analyses Within Photophysiological Factors and Between Photophysiological and Environmental Data

After pooling all data, correlations within FRRf-derived photophysiological factors were examined by Spearman analyses. We found that Fv/Fm negatively correlated with both σPSII (n = 14, r = –0.64, p = 0.014; Figure 5A). When K13 was excluded, an inverse relationship between σPSII and Fv/Fm was observed for the NWP dataset as well (n = 10, r = –0.67, p = 0.032; Figure 5B). A strong positive relationship was found between σPSII and 1/τES in the NWP dataset (n = 11, r = 0.63, p = 0.038, Figure 5C). The same analyses were then conducted to examine the correlation of ETR-E curve-derived αETR and [image: image], but no significant correlation was found (p = 0.9).
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FIGURE 5. Scatter plots of (A) PSII maximum photochemical efficiency, Fv/Fm, and functional absorption cross section of PSII, σPSII (Å2 PSII–1) for pooled data. Scatter plots of (B) Fv/Fm and σPSII (C) σPSII and PSII turnover time 1/τES for NWP data only.


The Spearman rank correlation coefficients between the photophysiology of Trichodesmium and environmental factors are presented in Table 6. Fv/Fm was positively correlated with temperature (n = 14, r = 0.546, p = 0.043) and light intensity (n = 14, r = 0.601, p = 0.023) but negatively correlated with the N-to-P ratio (n = 10, r = -0.632, p = 0.014). σPSII was positively correlated with Chl-a (n = 14, r = 0.563, p = 0.036) and the N-to-P ratio (n = 10, r = 0.772, p = 0.009). Nutrients are likely to affect the variations in NPQNSV. Both NO2 + NO3– and PO43– had positive correlations with NPQNSV (n = 10, r = 0.648, p = 0.043 and r = 0.565, p = 0.035). For ETR-I curve-derived parameters, EK was found to be positively related to salinity (n = 13, r = 0.6, p = 0.03). Although significant correlations were observed between environmental and photophysiological factors, it is not likely that temperature, salinity, and light intensity are the controlling factors in this study. For example, in fact, Fv/Fm is largely independent of temperature (Geider et al., 1993) and a decrease in Fv/Fm is typically observed in response to increased light intensity due to the NPQ (Suggett et al., 2010). It is thus important to explore the main factors determining the variability of phytoplankton photophysiology, which will be discussed in the next section.


TABLE 6. Spearman correlation coefficients for correlations between photophysiological parameters and environmental variables.
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DISCUSSION


Application of Multi-Excitation Wavelength Fast Repetition Rate Fluorometry Study on Natural Trichodesmium

Eukaryotic phytoplankton possessing pigment–protein complexes with chlorophylls and carotenoids usually exhibit efficient PSII absorption of FRR blue excitation. However, in cyanobacteria, the principal light-harvesting complexes are phycobilisomes, which have absorption peaks centered at 495, 545, and 565 nm (Fujita and Shimura, 1974). The latter two peaks correspond to phycoerythrobilin (PEB) while the first corresponds to phycourobilin (PUB). Suggett et al. (2009b) reported that the PSII action spectrum for cyanobacteria is typically much lower in blue light than in orange light. Raateoja et al. (2004) proposed that FRRf with an excitation light around 475 nm (targeting Chl-a) is not well-suited to studies of cyanobacteria Nodularia spumigena and Aphanizomenon sp., because their effective absorption is restricted to wavelengths beyond 550 nm. However, this is likely not the case for Trichodesmium because this bacterium contains a higher concentration of PUB than PEB (i.e., the cells absorb shorter wavelengths of light). This hypothesis is supported by our absorption spectrum of Trichodesmium, which showed greater absorption at shorter wavelengths in both NWP and NIO-SL samples (Figure 6). This conclusion has also been presented in previous studies (e.g., Subramaniam et al., 1999). Indeed, the relatively higher and lower absorption of PUB found for K14 and DM2-2 samples, respectively, corresponded to their notably higher and lower values of Fv/Fm (0.53 and 0.23, Table 3). Cai et al. (2015) reported that Trichodesmium cells grown under high light showed a higher peak ratio of PUB to PEB, implying increased photoprotection associated with increased PUB (Subramaniam et al., 1999). Observed ratios of PUB to PEB in our data ranged from 1.6 in DM2-2 to 3.4 for K14. This appeared consistent with the higher EK value measured for K14 (998 mol quanta m–2 s–1) compared to that of DM2-2 (341 mol quanta m–2 s–1, Table 4), suggesting that Trichodesmium were acclimated to higher irradiance in the NWP region. Using FRRf excitation at 447 nm (blue light), we observed low photosynthetic activity of Trichodesmium sampled from both areas (i.e., low Fv/Fm). These results suggest that the blue light (<500 nm) absorbed by Trichodesmium antenna pigments does not make a major contribution to the reduction of QA and the PQ pool, or to O2 evolution (Kazama et al., 2021). Subramaniam et al. (1999) suggested that under high light conditions, energy absorbed by PUB at 495 nm does not reach PSII and a large fraction is emitted as fluorescence at 565 nm. The O2 evolution driven by PEB absorption around 550 nm remains largely unaffected, and the energy absorbed by PEB is efficiently transferred to PSII. In our measurements, although there is a significant increase in RsPII when either the 519- or 634-nm LEDs are added to the 447-nm LED, it is only when all three wavelengths are used together that RsPII falls within the optimum range of 0.04–0.05 (K14 data as example, Figure 2). This most likely reflects a poor match between the fluorescence excitation spectrum and the output from the 447-nm LEDs, and a less than perfect match with the 519- and 634-nm LEDs (Oxborough, 2013). Our results provide the first evidence that combining green and orange bands of longer wavelengths as fluorescence excitation is the key to efficient PSII light harvesting and accurate estimation of the physiological responses of Trichodesmium.
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FIGURE 6. Normalized spectral absorption characteristics of Trichodesmium measured at four sampling stations (K3, K14, DT-01, DM2-2). The blue, green, and orange shades are the excitation spectrum (relative to quanta) of the light source of the FastAct2 (see “Materials and Methods” section).




Photophysiology Parameters Vary in Trichodesmium Under Different Environmental Conditions

The FRRf-derived parameter Fv/Fm represents an estimate of the maximum quantum yield of photochemistry (Kolber and Falkowski, 1993) and usually is considered as a reliable indicator for phytoplankton stress (Kolber et al., 1990; Geider et al., 1993). In the NWP, we observed a relatively high average Fv/Fm of 0.51 ± 0.07. This value is very close to the mean value of 0.5 from laboratory-cultured Trichodesmium grown at 30°C (Breitbarth et al., 2007; [PhytoPAM, blue–green–red LED]) and slightly higher than values for natural populations observed in the North Atlantic by blue LED only (0.37–0.47) (Richier et al., 2012; [FIRe, blue LED]). However, it is important to note that Fv/Fm varies not only among LED colors but also instruments that follow different measurement protocols. For example, higher values of Fv/Fm are observed using instruments where the saturation protocol induces multiple turnover (MT) of PSII (e.g., PAM, Schreiber et al., 1986) compared to single turnover (ST) such as the FRRf in this study (Kromkamp and Forster, 2003).

When comparing results measured with the same type of fluorometer, the Fv/Fm of Trichodesmium measured here are higher than other cyanobacteria, which typically range from 0.1 to 0.4 (Suggett et al., 2009b; FRRf, [blue LED]), although values larger than 0.6 have been observed for some species of nitrogen fixing diazotrophic cyanobacteria (Berman-Frank et al., 2007; FRRf, [blue-green LED]). We observed significantly lower Fv/Fm of Trichodesmium in the NIO-SL (0.29 ± 0.05) compared to the value for Trichodesmium in the NWP (p = 0.01, Table 3), although the nutrient level was higher in the NIO-SL region (Table 1). Trichodesmium are not N-limited as they fix atmospheric nitrogen and provide this to N-limited ecosystems. However, because there is a theoretically unlimited supply of atmospheric N2, Trichodesmium often becomes phosphorus (P) limited (Wu et al., 2000; Hynes et al., 2009; Frischkorn et al., 2018). Meanwhile, because the nitrogenase enzyme is Fe-demanding and PSI:PSII ratios are elevated, Trichodesmium also routinely experience iron limitation (Berman-Frank et al., 2001; Chappell et al., 2012; Walworth et al., 2016). We observed that PO43– was about fourfold higher in the NIO-SL (177 ± 94 nmol l–1) than in the NWP (45.7 ± 32.5 nmol l–1), and a low dissolved Fe concentration (DFe) was found in the NWP area, ranging from 0.09 to 0.26 with a mean value of 0.12 ± 0.05 nmol l–1 (Supplementary Figure 2; see also Browning et al., 2021 describing the same study area). Although we did not measure DFe in the NIO-SL, Twining et al. (2019) reported a concentration of ca. 0.2 nmol l–1 of DFe at the surface of Bay of Bengal and North Indian Ocean, which is similar to the DFe value of NWP. Thus, while Fe stress could prevail in both NWP and NIO-SL surface waters, the higher Fv/Fm in the NWP is likely to suggest that rapid Fe recycling exists there (Kolber et al., 1990; Geider et al., 1993), which is favorable for Trichodesmium growth (Mills et al., 2004; Moore et al., 2008). A significantly higher mean value of Fo was observed for Trichodesmium in the NIO-SL (1.2 ± 0.5) compared to the NWP (0.19 ± 0.12, Table 3), where increased Fo decreases variable fluorescence (Fv) and subsequently Fv/Fm. It is likely most of the variability in Fo is linked to changes in overall chlorophyll-a concentrations (with higher Chl-a increasing Fo; Mean Chl in NIO-SL / NWP = 5.4; Mean Fo in NIO-SL/NWP = 6.3, Tables 1, 3). However, phycobilipigment fluorescence can also elevate Fo in the PSII Chla fluorescence band and thus reduce Fv/Fm (Campbell et al., 1998). This phycobiliprotein contribution to Fo fluorescence could reflect low-yield fluorescence emission from coupled phycobilisomes or a high-yield emission from a small population of uncoupled phycobilisomes, which is related to their mobility in thylakoid membranes (Mullineaux et al., 1997).

A significant difference was also found in σPSIIof Trichodesmium collected from the two regions. A lower average value was observed in the NWP (79 ± 28 Å2 PSII–1) than in the NIO-SL (140 ± 8 Å2 PSII–1; p = 0.01, Table 3). Both values are within the reported range of ∼35–180 Å2 PSII–1 of laboratory-cultured Trichodesmium erythraeum IMS101 (Cai et al., 2015; [blue-green LED]; Boatman et al., 2018a,b; [blue LED]). σPSII broadly shows an inverse relationship with Fv/Fm when all Trichodesmium are pooled together (Figure 4A). Phytoplankton increasing σPSII with decreasing Fv/Fm is considered as a response to decreased growth irradiance, cell size, and increased physiological stress (Kolber et al., 1988; Moore et al., 2005, 2006; Suggett et al., 2009b). While cell size is not the main driver of variation in our surface Trichodesmium study, higher Ek was observed for Trichodesmium in the NWP than in the NIO-SL (Table 4), which is probably reflective of acclimation to higher irradiance for surface Trichodesmium at NWP than it at surface water of NIO-SL. Thus, the difference of in growth irradiance of Trichodesmium at two regions can be one explanation for the inverse relationship of Fv/Fm and σPSII for our Trichodesmium dataset.

Lower Fv/Fm and higher σPSII may also be associated with Fe stress (Behrenfeld and Milligan, 2013; Browning et al., 2014a). Under Fe-limited conditions, photoinactivated PSII reaction centers and/or an excess pool of partially energetically disconnected light-harvesting complexes accumulate within the thylakoid membrane, which could account for the lower values of Fv/Fm (Behrenfeld and Milligan, 2013). Meanwhile, less efficient connectivity between active and photoinacivated PSIIs and/or a higher light-harvesting complex : reaction center ratio could account for the increase in σPSII (Boatman et al., 2018a). In addition, under Fe limitation, nitrogenase activity decreases, thus diminishing a major sink for reductant and energy that is otherwise supplied by respiratory electron flow through the Cyt b6f complex (Boatman et al., 2018a). This consequently restricts electron transport from PSII to the Cyt b6f complex, resulting in a decrease in electron transfer rate (1/τ, Timmermans et al., 2001; Hopkinson et al., 2007). Meanwhile, this potential electron bottleneck at the Cyt b6f complex would be expected to cause a strong plastoquinone (PQ) pool reduction, which consequently derives changes in both Fv/Fm and σPSII (see Behrenfeld and Milligan, 2013).

In addition to the variation in physiological parameters that was observed when comparing different areas, data variation within the same region also suggests that Trichodesmium responds favorably to increased nutrients (i.e., Fe and P). As shown in the “Results” section, the highest values of Fv/Fm (0.65) and σPSII (121 Å2 PSII–1) were found at K13 in the NWP within the Mindanao eddy upwelling zone, which is characterized by its cold anomaly at ∼100 m depth east of Mindanao (Udarbe-Walker and Villanoy, 2001; Figure 7A). Although the surface P and Fe concentrations at K13 did not differ significantly from other stations (Table 1 and Supplementary Figure 2), nutrient pumping from deeper depths likely supported the phytoplankton growth as seen in the shallowing of DCM (∼85 m) at the upwelling station K13 compared to the nearby stations (∼100 m, Figure 7B; Falkowski et al., 1991). However, both highest values of Fv/Fm and σPSII being observed together at K13 are not what would be expected as usually an increase in Fv/Fm follows a decrease in σPSII (Suggett et al., 2009b). A similar result was observed during IronEx II when Behrenfeld et al. (1996) reported that within 24 h of Fe addition, the Fv/Fm and σPSII of prokaryotic-dominated communities increased by a factor of two and four, respectively. Behrenfeld et al. (2006) interpreted these physiological changes as indicative of a re-coupling to PSII of detached iron-stress-induced antenna proteins, resulting in a simultaneous increase of σPSII and lower values of Fo and Fm that resulted in an increase in Fv/Fm. Such a response may be specific to relieving the Fe limitation of prokaryotes (Suggett et al., 2009b). In the NIO-SL dataset, the maximum Fv/Fm of Trichodesmium was found at station DT-01. As with station K13 in the NWP, no significant difference in surface PO43– was found between DT-01 and the other stations (Table 1; but the difference in DFe is unknown). However, the large-size phytoplankton (> 10 μm) dominating at DT-01 (Figure 2D) probably suggests a less nutrient stressed condition, as large phytoplankton often dominated at higher nutrient waters (Ciotti et al., 2002; Cermeño et al., 2006; Roy et al., 2013). Therefore, increased Fv/Fm responding to the alleviation of Fe and P limitation in both NWP and NIO-SL surface water also indicates that at local scales, Fe and P availability may have considerable effects on the variability in PSII characteristics of Trichodesmium.


[image: image]

FIGURE 7. (A) Absolute dynamic topography (ADT) data for time of sampling at station K13 (data downloaded from https://resources.marine.copernicus.eu/). (B) Temperature profile of section from K8 to K14, highlighting upwelling observed at station K13. White dotted line indicates mixed layer depth.


Non-photochemical fluorescence quenching (NPQ) acts to dissipate excitation energy and hence protect RCII from damage (Krause and Weis, 1991; Horton et al., 1996; Alderkamp et al., 2010; Croteau et al., 2021). A tight relationship between NPQ and light intensity has been widely reported (Olaizola et al., 1994; Campbell et al., 1998; Papageorgiou et al., 2007; Ihnken et al., 2011; Schuback et al., 2015). NPQ formation is important for Trichodesmium because these N-fixing cyanobacteria form blooms at the surface of nutrient-poor tropical and subtropical oceans and thus require adequate photoprotection in such high light environments (Gorbunov et al., 2011). We observed higher mean values of NPQNSV for Trichodesmium in the NIO-SL (3.17) than in the NWP (1.49). Increased NPQ may result from quenching within a proportion of the closed RCIIs (Krause and Weis, 1991). However, the higher NPQ observed for Trichodesmium in the NIO-SL does not correspond to smaller σPSII but rather to larger values, suggesting a different mechanism to explain the higher NPQ in the NIO-SL. Nutrients affect PSII variable fluorescence and photoinhibition in natural phytoplankton communities, which could affect NPQ as well. Kulk et al. (2013) reported a significant NPQ decrease during nutrient starvation in Prochlorococcus marinus. In addition, studies have found that elevated Fe stress possibly increases NPQ, which could result from a “bottleneck effect” for electron transport before photosystem I (Browning et al., 2014b; Schuback et al., 2015; Ryan-Keogh and Thomalla, 2020). Thus, we speculate that the higher NPQNSV found for Trichodesmium in the NIO-SL may also result from Trichodesmium growing under more Fe-stressed conditions. When we excluded the difference in growth states and focused only on NWP data, a decrease in σPSII in response to the increase in NPQ was found (Spearman, n = 11, r = –0.565, p = 0.07). This observation agrees well with numerous previous studies that similarly report the existence of a negative correlation between these two parameters (Ihnken et al., 2011; Lavaud et al., 2016). An increase in NPQ with a decrease in σPSII is indicative of NPQ occurring in the PSII light-harvesting antennae, whereby reducing the flux of absorbed energy from phycobilisomes to reaction centers leads to a corresponding decrease in σPSII (Gorbunov et al., 2011).

The initial slope parameter, αETR, and maximum electron turnover rate, [image: image], were both derived from ETR-light response curves, describing the light-limited and light-saturated rate of electron transport, respectively (Suggett et al., 2003). The lower αETR and higher [image: image] observed for NWP Trichodesmium resulted in a higher saturating light intensity, EK (846 ± 472 μmol quanta m–2 s–1), when compared to the NIO-SL (524 ± 136 μmol quanta m–2 s–1). This suggests an acclimation to increased available irradiance for Trichodesmium in the NWP region as mentioned above. Variations of αETR and [image: image] were observed as well when data were considered at the local scale. Specifically, the largest αETR in the NWP appeared at station K13, whereas in the NIO-SL significantly higher αETR and [image: image] were found at DT-01. Platt et al. (1992) reported a significant positive response of the initial slope (α) of the photosynthesis-light curve to increase in nitrate concentration during the spring bloom in the western North Atlantic. The photosynthesis rate in saturating light ([image: image]) was also significantly higher during the spring bloom when compared with the oligotrophic phase (Platt et al., 1992). In addition, positive correlations between αETR and [image: image] with Fe concentration have been reported for cultured Trichodesmium (Boatman et al., 2018a). Therefore, the variations in αETR and [image: image] of Trichodesmium observed in this study may be associated with Fe supply, and increased Fe availability (e.g., from rapid Fe-recycling) is likely to enhance electron transport especially under low light condition (i.e., higher αETR).

It is important, however, to note that variation of Trichodesmium photobiology between the two study regions observed here could also be explained by factors other than differences in Fe availability. It is well known for example, that Trichodesmium exhibits distinct physiological ecology between different clades or strains (Chappell and Webb, 2010; Hutchins et al., 2013; Delmont, 2021). While we were able to confirm that the same Trichodesmium species (T. thiebautii—likely belonging to clade I) was dominant in both Western Pacific and Indian Ocean samples, further identification to strain level was not possible in the absence of further genomics analysis being conducted. Previous work by Hutchins et al. (2013), for example, has demonstrated up to a sixfold range in carbon affinity between Trichodesmium strains, indicative of strain-specific physiological strategies possibly reflecting adaptive responses to different biogeochemical regimes (Rouco et al., 2016). As such, we cannot rule out the possibility that the presence of different strains of T. thiebautii between the two study regions could have contributed to the observed differences in photobiology as assessed by FRRf.



Fast Repetition Rate Fluorometry-Based Estimation of Primary Productivity for Trichodesmium

Photosynthetic electron transport generates the energy and reductant required for carbon fixation (Hughes et al., 2018a). As such, FRRf-derived electron turnover rates can theoretically be used to quantify Chl-a specific rates of primary productivity (PChl). From our FRRf data, we retrieved PChl values that ranged from 7.8 to 21.1 mgC mg Chl-a–1 h–1 with an average of 11.9 mgC mg Chl-a–1 h–1 (Table 5) and found that on average the NWP region was slightly more productive than the NIO-SL region. Notably, the station exhibiting the highest PChl (K13) also had the highest PSII maximum photochemical efficiency (i.e., Fv/Fm) and the lowest values of non-photochemical quenching (NPQNSV). In contrast, the lowest PChl value recorded (station DM2-2) was accompanied by the lowest Fv/Fm and highest NPQNSVvalues. This observation further suggests that Fe is a main limiting factor for photosynthetic activity (and thus overall productivity) of Trichodesmium (Carpenter et al., 2004; Küpper et al., 2008; Rochelle-Newall et al., 2014).

Our reported range of PChl is somewhat larger than previously reported rates of in-situ productivity in the Pacific Ocean, which ranged from 0.2 to 7.6, mgC mg Chl-a–1 h–1, with an average of 3.3 mgC mg Chl-a–1 h–1 (see Masotti et al., 2007). Whether this discrepancy reflects true differences in productivity between regions/studies or inherent uncertainties in scaling ETR to carbon-based photosynthetic rates is unclear. Deriving PChl from FRRf data requires estimates of both (i) the number of PSII reaction centers per Chl-a (nPSII) and (ii) the proportion of photosynthetic electrons invested into C fixation (the so-called electron requirement for carbon fixation, Φe,C) (Suggett et al., 2010; Oxborough et al., 2012; Lawrenz et al., 2013). Here, we used an estimated value for nPSII of 0.027 as reported for Trichodesmium by Richier et al. (2012), a value which is an order of magnitude greater than typically assumed for cyanobacteria (0.003 RCII per Chl-a; Kolber and Falkowski, 1993). Use of an assumed nPSII value is common in FRRf-based studies due to the complexity of directly measuring PSII content requiring use of oxygen flash yields which are often impractical to perform during field campaigns (Lawrenz et al., 2013). Laboratory studies have shown that nPSII may exhibit physiological plasticity within and between phytoplankton taxa, and as such, our use of an assumed value likely introduces a degree of uncertainty in our PChl values.

Since light intensities were relatively similar across sampling locations at the time of sampling, PChl variability was largely determined by ETR rather than e,C for our dataset (r2 = 0.95, p < 0.01). As such, at face value it seems unlikely our calculated Φe,C could contribute significantly to possible overestimation of PChl values. Daily variation in the ETR-light curve of Trichodesmium can also affect the estimation of PChl (Schuback et al., 2016)—although in this study, instantaneous PAR was lower than saturating light intensity (EK), and thus variation of PChl was largely explained by αETR rather than [image: image]. However, it is also important to consider that the diazotrophic status of Trichodesmium spp. may complicate the estimation of Φe,C – a parameter that effectively sums the net distribution of photosynthetic electrons between C-fixing and non-C-fixing pathways (Hughes et al., 2018a). Fixing atmospheric N2 is energetically expensive, costing a minimum of 5 e– plus and 16 mol ATP per mol N2-fixed (Boatman et al., 2018b). The additional e– flow and ATP needed for assimilating N2 inevitably diverts electrons away from C fixation and consequently leads to increased Φe,C (Hughes et al., 2018a). In this study, we did, however, calculate Φe,C using an algorithm derived from Trichodesmium grown with N2 as the sole N source (see Boatman et al., 2018b) and thus have likely inherently accounted for such increased redirection of electrons/ATP away from C fixation. Critically, however, the temporal separation between N2 fixation and photosynthesis has previously been observed for Trichodesmium in the field (Berman-Frank et al., 2001), and thus it is likely that Φe,C exhibits variability over the photoperiod. Consequently, the values for PChl reported here should be interpreted with care considering the magnitude of N fixation was not simultaneously quantified. Future efforts to derive PChl for Trichodesmium using FRRf would benefit from parallel measurement of ETR and C fixation (e.g., Hughes et al., 2020) but also quantification of N2-fixation activity in order to better understand separate biological and methodological influence on observed PChl variability.




CONCLUDING REMARKS

Trichodesmium is a major contributor to marine N2 fixation, providing bioavailable N for primary production (Richier et al., 2012). While FRRf potentially provides a novel capability to non-invasively probe the photosynthetic activity of Trichodesmium, a major current constraint against widespread application is whether and how applicable this approach is for this and other phytoplankton taxa and/or under certain specific physiological conditions, such as iron limitation (Hughes et al., 2018a). Utilizing multi-wavelength FRRf, we successfully investigated natural Trichodesmium populations in NWP and North Indian Ocean, highlighting a possible role for Fe availability on Trichodesmium regional photobiological characteristics. Our findings further highlight that FRRf instruments equipped with blue LEDs only fail to adequately drive PSII reaction center closure in Trichodesmium samples, resulting in underestimation of Fv/Fm, σPSII, and ETRs (e.g., Raateoja et al., 2004).

We further applied an algorithm to estimate primary productivity of Trichodesmium from FRRf-derived fluorescence parameters. Importantly, however, accurate retrieval of carbon fixation rates for Trichodesmium populations from FRRf data will likely depend on improved knowledge of how nPSII and e,C vary within and between major Trichodesmium clades, and how diel variability of photophysiology affect primary productivity over daily scales (e.g., Berman-Frank et al., 2001).
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Mixotrophic protists are widely observed in the aquatic ecosystems, while how they respond to inorganic nutrient imbalance and ocean warming remains understudied. We conducted a series of experiments on a mixotrophic dinoflagellate Lepidodinium sp. isolated from subtropical coastal waters to investigate the combined effect of temperature and medium nitrate to phosphate ratio (N:P ratio) on the ingestion activities of mixotrophic protists. We found Lepidodinium sp. displayed selective feeding behaviour with a higher ingestion rate on high-N prey (N-rich Rhodomonas salina) when the ambient inorganic N:P ratio was equal to or below the Redfield ratio. The Chesson selectivity index α increased with increasing temperature, suggesting that warming exacerbated the selective feeding of Lepidodinium sp. Under inorganic nitrogen sufficient conditions (N:P ratio = 64), no selective feeding was observed at 25 and 28°C, while it occurs at 31°C, which also indicates that warming alters the feeding behaviour of Lepidodinium sp. In addition, our results revealed that the total ingestion rate of Lepidodinium sp. under the condition with normal inorganic nutrients (Redfield ratio) was significantly lower than that under nutrient-imbalanced conditions, which indicates that Lepidodinium sp. developed compensatory feeding to balance their cellular stoichiometry and satisfy their growth. Our study is the first attempt on revealing the selective feeding behaviours of mixotrophic protists on prey under different inorganic nutrient environments and rising temperatures, which will contribute to our understanding of the response of marine plankton food web to projected climate changes.

Keywords: mixotrophs, ingestion, warming, nutrient imbalance, prey quality


INTRODUCTION

Mixotrophy is a nutrition strategy combining phototrophy and phagotrophy within one organism, ubiquitous among protists in aquatic ecosystems (Flynn and Mitra, 2009; Mitra et al., 2016). Phagotrophic algae, one common type of mixotrophs, are capable of acquiring carbon from photosynthesis as well as ingestion of prey (Stoecker, 1998; Mitra et al., 2016). Many studies have found that phagotrophic algae can benefit from prey ingestion, which allows them to thrive in the waters where the resource availability (e.g., inorganic nutrients and light) is limited to strict autotrophs (Wilken et al., 2014; Moeller et al., 2019). Although there is increasing recognition and understanding of the ecological significance of mixotrophic protists, it remains substantially understudied how phagotrophic algae take advantage of mixotrophic metabolisms in rapidly changing environments.

Phagotrophic algae are able to adjust their grazing activities according to the ambient inorganic nutrient concentrations. For instance, Gyrodinium galatheanum increases ingestion rate with decreasing inorganic phosphorus concentrations (Li et al., 2000; Smalley and Coats, 2002). Mixotrophic dinoflagellate Heterocapsa triquetra only ingests prey under nutrient-depleted conditions (Legrand et al., 1998). However, what the mixotrophic algae face in the changing ocean is not only the alteration in absolute inorganic nutrient concentrations but also the increasing imbalance in nutrient ratios due to anthropogenic activities (Li et al., 2000; Wickham and Wimmer, 2019).

The aquatic ecosystems have long been enriched with more N relative to P because of the sharp increase in the global use of N as well as the aggressive removal of P loads, which changes the nutrient stoichiometry and leads to the nutrient imbalance in aquatic ecosystems, especially in coastal waters (Huang et al., 2003; Glibert et al., 2013, 2014). Based on the framework of ecological stoichiometry, photoautotrophs have high plasticity in elemental composition and are apt to alter their elemental contents when the environment changes, whereas heterotrophic protists are prone to maintain the stoichiometry homeostatically (Sterner and Elser, 2002; Moreno and Martiny, 2018). Similar to heterotrophic protists, the phagocytosis of mixotrophs may enable them to maintain their cellular stoichiometry (Moorthi et al., 2017). Some studies have found that phagotrophic mixotrophs can regulate their phagotrophy in nutrient-imbalanced environments (Raven, 1997; Stoecker, 1998; Li et al., 2000; Smalley and Coats, 2002). For instance, the ingestion of Gyrodinium galatheanum increased as the ambient N:P ratios deviated from the Redfield ratio (Li et al., 2000).

The changing environmental N:P ratios also result in the variation of prey quality, affecting the ingestion activities of herbivorous consumers. To keep their elemental contents constant, consumers may adjust their feeding behaviour either through ingesting more favourable food to extract the limiting element more efficiently (i.e., selective feeding) or through an increase of food uptake and a reduction of handling time to extract the limiting nutrient only from the readily available parts (i.e., compensatory feeding; Knisely and Geller, 1986; Cruz-Rivera and Hay, 2000; Raubenheimer and Jones, 2006; Montagnes et al., 2008; Meunier et al., 2012). Such pre-gut selection mechanisms are usually assessed by the differences in food uptake. In addition, the consumers can use post-ingestion mechanisms (e.g., excretion of excess elements) to balance the nutrient-imbalanced food (Frost et al., 2005). The selective feeding behaviours have been widely observed in heterotrophic protists, such as Oxyrrhis marina, which can select P-rich prey from the mixture of prey with different N:P ratios (Montagnes et al., 2008; Meunier et al., 2012). Regarding mixotrophs, recent studies had found that mixotrophic flagellates in oligotrophic lakes showed prey preference when more than one kind of prey was available (Ballen-Segura et al., 2017; Gerea et al., 2019). Such prey preference was assumed to arise from different C:N:P ratios of prey (Ballen-Segura et al., 2017). However, more direct evidence is still needed for understanding how mixotrophs respond to prey with various nutritional qualities. Therefore, in the current study, we aim to investigate the selective feeding behaviours of mixotrophic protists and the potential influences of the ambient N:P ratio on their ingestion activities.

Lepidodinium sp. is a mixotrophic dinoflagellate isolated from subtropical coastal waters. It has the innate ability to photosynthesize but can ingest prey even under nutrient replete conditions. Their ingestion behaviour can be regulated according to the changes in inorganic nutrient concentrations (Liu et al., 2021). Our previous study also found that Lepidodinium sp. enhanced their ingestion rate and shifted towards more heterotrophy under warming conditions (Liu et al., 2021). If warming drives mixotrophs to behave more like heterotrophic protists, the effect of both inorganic nutrient concentrations and prey quality on the ingestion activities of mixotrophs could change accordingly. Thus, in this study, we used Lepidodinium sp. to investigate the selective feeding behaviour of phagotrophic algae under both nutrient-imbalanced and warming conditions. We conducted factorial experiments with three factors (i.e., inorganic N:P ratios, prey quality and temperature) to investigate (1) whether Lepidodinium sp. can undergo both compensatory feeding and selective feeding when provided prey of different nutritional quality; (2) how the inorganic N:P ratio affects the ingestion rate and prey selectivity of Lepidodinium sp.; and (3) whether rising temperature increases the ingestion rate of Lepidodinium sp. and enhances their prey selectivity.



MATERIALS AND METHODS


Algae Cultures

Lepidodinium sp. used in this study was isolated from the Port shelter region of the Hong Kong Eastern area. Species identification was conducted by microscopic observation and 18 s rDNA sequencing. Based on BLAST search, our species showed 99% similarity to Lepidodinium sp. (MH 360; Ng et al., 2017). Lepidodinium sp. was grown under a 12:12 light cycle at 100 μmol photons m−2 s−1 in F/20 autoclaved filtered seawater medium. We added the Rhodomonas salina, which was grown in F/2 medium as prey, and checked the cultures every day to ensure sufficient prey for the Lepidodinium sp.



Culture Pre-condition

The Lepidodinium sp. was grown and acclimated under different inorganic nutrient conditions, including Nitrogen-rich (Nhigh, N:P ratio = 64), normal Nitrogen (NRedfield, N:P ratio = 16) and Nitrogen-limited (Nlow, N:P ratio = 4). The detailed nutrient concentrations are presented in Table 1. The Rhodomonas salina grown in F/2 medium was added to all cultures as prey for the Lepidodinium sp. All the above cultures with the three different inorganic nutrient conditions were acclimated at 25, 28 and 31°C for at least 2 weeks. We used semi-continuous cultures (i.e., transfer every 4 days) during the acclimation to keep the Lepidodinium sp. growing in an exponential growth phase.



TABLE 1. The nitrate (N) and phosphorus (P) concentrations (μmol L−1) of the culture medium used for Lepidodinium sp. culture mediums.
[image: Table1]



Selective Feeding Experiments

We have conducted two rounds of selective feeding experiments. One round was carried out under three inorganic nutrient conditions at 25°C to investigate the ingestion behaviour of the mixotrophic Lepidodinium sp. The other round was conducted under three inorganic nutrient conditions at three temperatures (25, 28 and 31°C) to investigate the combined effect of temperature and inorganic nutrients on the ingestion behaviour of Lepidodinium sp.

The prey with different nutrition values was prepared by cultivating the Rhodomonas salina in the nitrogen-repleted and nitrogen-depleted mediums. The F/2 medium and F/2 medium without adding NO3− were used for the high-N prey and low-N prey, respectively. All cultures were maintained under the same light condition (100 μmol photons m−2 s−1) at 22°C. The Rhodomonas salina cells during the stationary phase were used in the selective feeding experiments to ensure a significant difference between high-N and low-N preys. It has been found that the colour of Rhodomonas salina cultures grown in nitrogen-limited mediums turned to be green or yellow, which is different from the cultures in nitrogen-replete mediums (red). This difference is caused by a lack of phycoerythrin in nitrogen-limited Rhodomonas salina cells (John and Davidson, 2001). It can be distinguished by flow cytometry with different fluorescence signals (Supplementary Figure S1). The cellular contents and C:N:P ratios were also significantly different when grown in these two mediums, while the cell size was similar (Table 2; Supplementary Figure S1), which renders the Rhodomonas salina as ideal prey for selective feeding experiments (Meunier et al., 2016).



TABLE 2. The N and P contents (mean of four replicates ± SD) of Rhodomonas salinia cultured in F/2 medium and F/2 medium without N addition, respectively.
[image: Table2]

The selective feeding experiments were designed as feeding the Lepidodinium sp. grown in three nutrient conditions with mixed preys (high-N: low-N = 1:1). Before the selective feeding experiments, the Lepidodinium sp. cultures were starved for 2 days to ensure all Rhodomonas salina in the pre-conditioned cultures had been consumed and the food vacuole of Lepidodinium sp. was emptied, which minimised the influence of undigested food on the grazing selectivity of grazers. The Lepidodinium sp. cultures were starved for 1 day in the first-round experiments conducted at 25°C.

Upon the experiments, the Lepidodinium sp. cultures were filtered through 10 μm polycarbonate membrane filters (GVS Corporation) and resuspended into nutrient-free sterile artificial seawater to eliminate the remaining nutrient and prey. The high-N and low-N Rhodomonas salina used in the selective feeding experiments were centrifuged with a speed of 800 rpm for 5 min at 22°C and then washed and resuspended in nutrient-free autoclaved artificial seawater. The Lepidodinium sp. and Rhodomonas salina were observed under a microscope to guarantee that they were in good status after the treatments. The Lepidodinium sp. with a final concentration of 500 cells ml−1 (~1,000 cells ml−1 in first-round experiments) were transferred to 10 ml mediums with sufficient prey (100,000 ~ 160,000 cell ml−1). The nutrient concentration of the experimental mediums was the same as the pre-conditions. For instance, the N:P ratio of the experimental medium was set to be 16 when the ratio of pre-condition was 16. The prey was a mixture of high-N and low-N Rhodomonas salina in a ratio of 1:1. The control groups were set up with the same nutrient and prey concentrations but without grazers. All experimental and control groups were set up in triplicates. To prevent dramatic changes in nutrient concentrations and the depletion of prey, the grazing experiments lasted for 6 h (Båmstedt et al., 2000; Wilken et al., 2013), and the prey with different N contents (i.e., high-N prey and low-N prey) can be well distinguished after 6 h incubation (Supplementary Figure S1). In the first-round experiment conducted at 25°C, samples for measuring prey and predator concentrations were collected at four time points (0, 2, 4, 6 h), while in the second-round experiments conducted at three temperatures, the samples were collected only at 0 and 6 h of each experiment. Subsamples (2 ml) for counting the cell abundance of Lepidodinium sp. were collected, fixed by Lugol’s solution (final concentration 2%) and observed under a microscope. Other subsamples (1.8 ml) for prey concentration were collected, fixed by 50 μl 20% paraformaldehyde solution (0.5% final concentration) and analysed using a Becton-Dickinson FACSCalibur flow cytometer. The samples were run for 5 min at a high flow rate (57 ~ 60 μl/min) to enable sufficient events for calculations and minimise the measurement errors.

To compare the ingestion responses of mixotrophic species and heterotrophic species, we conducted another extra selective feeding experiment at 25°C using a heterotrophic species, O. marina. The experimental treatments of medium conditions and prey quality were the same as the abovementioned for Lepidodinium sp.



Estimate of Ingestion Rate and Prey Selectivity Index

Ingestion rates of Lepidodinium sp. and O. marina (I, prey predator h−1) in grazing experiments were calculated referring to the formula (Båmstedt et al., 2000):
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where C0 and Ct are the prey concentrations at the beginning and end of the experiment (i.e., 0 and 6 h), respectively; [C] is the mean prey concentration; t is incubation time; n is the cell concentration of Lepidodinium sp. we set in the experiment as the Lepidodinium sp. concentration did not vary a lot over 6 h incubation (Supplementary Figure S2); and k is the instantaneous growth coefficient of the prey calculated by Eq. (2). In Eq. (2), Rt and R0 are the cell abundances of Rhodomonas salina in the control bottles without grazers at the end and beginning of the experiments, respectively. The ingestion rates for high-N and low-N preys were calculated using the corresponding prey concentrations at the beginning and end of experiments, respectively. This equation assumes a linear food reduction as a function of incubation time, which is confirmed by the trajectory of prey in the first-round experiments (Supplementary Figure S2). We then estimated the ingestion using Eq. (1) based on the reasonable prey reduction over 6 h incubation (Supplementary Figures S2, S3).

To evaluate the selectivity of Lepidodinium sp. towards the Rhodomonas salina with two different nutrition qualities, we calculated Manly’s α preference index, which compares the proportion of one prey in the diet with its proportion in the environment and is also known as Chesson’s index (Manly, 1974; Chesson, 1978, 1983):

[image: image]

where ri was the proportion of prey i in the diet, ni was the proportion of prey i in the environment, which was calculated by the abundance of prey i divided by the total sum of available prey abundance. The selectivity index α varies between 0 and 1, and αi = 0.5 indicated nonselective feeding towards the prey i. The Chesson’s index has been widely used to evaluate the prey selectivity of predators in aquatic ecosystems, such as insects (e.g., Klecka and Boukal, 2012), zooplankton (e.g., Meunier et al., 2016) and heterotrophic dinoflagellates (e.g., Hansen and Calado, 1999; Meunier et al., 2012).



Statistical Analysis

All data are expressed as the mean ± SD unless otherwise indicated. Differences in ingestion rate and prey selectivity among the treatments were tested using one-way ANOVA after grouping data by either temperature or nutrient condition. The Tukey’s Honest Significant Difference test (i.e., Tukey HSD test) was conducted following one-way ANOVA to examine the difference between specific groups by comparing all possible pairs of means. The effect of temperature and nutrient condition on ingestion rate and selectivity index was examined by two-way ANOVA. The student’s t-test was used to investigate whether the Chesson selectivity index α is significantly different from 0.5. All analyses were considered significant at p < 0.05 and conducted using GraphPad Prism (Version 8.3.0.) and R 3.4.3 (R Core Team, 2017).




RESULTS


Compensatory Feeding and Selective Feeding Behaviour of Lepidodinium sp.

The total ingestion rate of Lepidodinium sp. on Rhodomonas salina (high-N + low-N) under NRedfield (N:P = 16) and Nlow (N:P = 4) conditions was significantly lower than the Nhigh (N:P = 64) conditions at 25°C in the first-round experiments (Tukey HSD test, p < 0.01; Figure 1A), which indicates that the Lepidodinium sp. may conduct compensatory feeding under Nhigh condition at 25°C. In this experiment, the ingestion rate of Lepidodinium sp. on high-N prey was significantly higher than on low-N prey under NRedfield and Nlow conditions where the nitrogen could be limited for Lepidodinium sp. (Tukey HSD test, p < 0.01; Figure 1B). Under these two situations (NRedfield and Nlow), Lepidodinium sp. exhibited selective feeding behaviour towards high-N prey, with the Chesson selectivity index α of 0.75 ± 0.01 and 0.70 ± 0.05, respectively, which were significantly different from 0.5 (Student’s t-test, p < 0.05; Figure 1C). By contrast, the ingestion rate on high-N prey and low-N prey was not significantly different when the inorganic N was sufficient with the N:P ratio of 64 (Tukey HSD test, p > 0.05; Figure 1B), although the Chesson selectivity index α is a bit higher than 0.5 (0.60 ± 0.06; p > 0.05; Figure 1C).
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FIGURE 1. The results of first-round selective feeding experiments conducted at 25°C. The total ingestion rate (A), the ingestion rate on high-N and low-N prey (B), and the Chesson selectivity index (C) of Lepidodinium sp. under Nhigh (N:P ratio = 64), NRedfield (N:P ratio = 16), and Nlow (N:P ratio = 4) conditions at 25°C. The asterisk in (A) and (B) indicates the significant difference between specific groups, e.g., the high-N prey and low-N prey (Tukey HSD Test following a one-way ANOVA); the asterisk in (C) shows the difference of Chesson selectivity index from 0.5 (Student’s t-test; *p < 0.05; **p < 0.01; ***p < 0.001; and ns: p > 0.05).


The compensatory feeding and selective feeding behaviours were also observed at three temperatures in the second-round experiments. The patterns showed at 25°C in the two rounds of experiments were similar (Figures 1, 2, 3A), although the ingestion rate was lower in the first-round experiments because the initial concentration of Lepidodinium sp. was higher, and they were starved for only 1 day before experiments. At 28 and 31°C, the total ingestion rates under Nhigh and Nlow conditions were significantly higher than NRedfield conditions (Tukey HSD test, p < 0.05; Figure 2). The significant higher total ingestion rate under Nhigh and Nlow conditions were also observed at 19, 22 and 25°C in our preliminary experiments (Supplementary Figure S4), suggesting that Lepidodinium sp. ingest more prey when the inorganic nutrient ratio was imbalanced.
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FIGURE 2. Total ingestion rate of Lepidodinium sp. under three different nutrient treatments (Nhigh, NRedfield and Nlow) at three different temperatures (25, 28 and 31°C) in the second-round experiments. The asterisk indicates significant difference from NRedfield conditions at each temperature (Tukey HSD Test following a one-way ANOVA; *p < 0.05; **p < 0.01; ***p < 0.001; and ns: p > 0.05).


[image: Figure 3]

FIGURE 3. Ingestion rate of Lepidodinium sp. on high-N prey and low-N prey under three different nutrient treatments (Nhigh, NRedfield and Nlow) at 25°C (A), 28°C (B) and 31°C (C). The asterisk indicates the significant difference between high-N prey and low-N prey (Tukey HSD Test following a one-way ANOVA; *p < 0.05; **p < 0.01; ***p < 0.001; and ns: p > 0.05).


At 28°C, the difference between the ingestion rate on high-N prey and low-N prey was significant under NRedfield and Nlow conditions (Tukey HSD test; p < 0.05) but not the Nhigh conditions (p > 0.05; Figure 3B). While at 31°C, the selective feeding behaviour of Lepidodinium sp. not only occurred under NRedfield and Nlow but also under Nhigh conditions, as the ingestion rate on high-N prey was significantly higher than on low-N prey (Tukey HSD test; p < 0.05; Figure 3C).

In comparison with the mixotrophic Lepidodinium sp., although the heterotrophic dinoflagellate O. marina had a higher ingestion rate, they did not exhibit selective feeding on the Rhodomonas salina under three nutrient conditions. The Chesson selectivity index α was all about 0.5 (0.48 ± 0.05, 0.46 ± 0.07 and 0.45 ± 0.02 for Nhigh, NRedfield and Nlow, respectively; Supplementary Figure S5).



Effect of Temperature on the Total Ingestion Rate and Selective Feeding of Lepidodinium sp.

The total ingestion rate increased with increasing temperature under the three inorganic nutrient conditions (Figure 2; Supplementary Figure S4). The total ingestion rate of Lepidodinium sp. was affected by both temperature (two-way ANOVA, p < 0.001) and environmental inorganic nutrient conditions (two-way ANOVA, p < 0.01, Table 3).



TABLE 3. Summary of the two-way ANOVA analysis on the effects of medium N:P ratios and temperature on the ingestion rate of different prey (high N and low N) and prey selectivity of Lepidodinium sp.
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Increasing temperature not only increased the total ingestion rate of the Lepidodinium sp. but also exacerbated their feeding selectivity (Figures 3, 4). Under NRedfield and Nlow conditions, the ingestion rate of Lepidodinium sp. on the low-N prey remained unchanged at the three temperatures (one-way ANOVA, p > 0.05, Figure 3; Supplementary Figure S6). Nevertheless, the ingestion rate on high-N prey significantly increased when temperature increased from 28°C to 31°C under NRedfiled and Nlow conditions (Tukey HSD test; p < 0.05; Figure 3; Supplementary Figure S6). Therefore, the Chesson’s selectivity index α increased significantly from 0.64 ± 0.1 to 0.83 ± 0.02 under NRedfiled condition (Tukey HSD test; p < 0.0001; Figure 4). While rising temperature did not significantly affect prey selectivity of Lepidodinium sp. under Nlow condition because the selectivity index kept high (one-way ANOVA, p > 0.05; Figure 4). The Chesson selectivity index α was 0.76 ± 0.08 and 0.78 ± 0.03 under Nlow conditions at 28°C and 31°C, respectively (Figure 4). Under the Nhigh condition, Lepidodinium sp. increased their ingestion on both high-N and low-N prey when the temperature increased (Figure 3; Supplementary Figure S6). However, the increase in the ingestion rate on high-N prey was more significant, resulting in selective feeding and a slight increase in the Chesson’s selectivity index α at 31°C (0.58 ± 0.06; Figure 4).
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FIGURE 4. The Chesson selectivity index of Lepidodinium sp. under three different nutrient treatments (Nhigh, NRedfield and Nlow) at 25°C (A), 28°C (B) and 31°C (C). The green and orange bars represent the Chesson selectivity index towards high-N prey and low-N prey, respectively. The asterisk shows the difference of Chesson selectivity index from 0.5 (Student’s t-test; *p < 0.05; **p < 0.01; ***p < 0.001; and ns: p > 0.05). The data grouped by nutrient treatments was showed in (D). The asterisk indicates the significant difference between two temperatures (Tukey HSD Test following a one-way ANOVA).


The prey selectivity of Lepidodinium sp. was significantly regulated by both temperature (two-way ANOVA, p = 0.012 < 0.05) and pre-conditions with different medium N:P ratios (two-way ANOVA, p < 0.0001; Table 3).




DISCUSSION

Although mixotrophs have long been recognised as widespread and critical components in planktonic communities and the aquatic food web (Mitra et al., 2016; Stoecker et al., 2017), how they respond to changing environments remains substantially understudied. In the current study, we investigated the ingestion activities of a mixotrophic dinoflagellate under various conditions with strong implications relevant to the response of similar mixotrophic protists to warming and the growing nutrient imbalance in aquatic ecosystems.


Compensatory Feeding and Selective Feeding of Mixotrophic Dinoflagellate Under Nutrient-Imbalanced Conditions

Lepidodinium sp. is a facultative phagotrophic dinoflagellate, of which photosynthesis is obligate and phagotrophy is facultative (Liu et al., 2021). Different from many mixotrophic algae that consume prey when inorganic nutrients are limited, Lepidodinium sp. can ingest prey even when nutrients are sufficient for their photosynthesis (Liu et al., 2021). Our study also observed the ingestion behaviours under NRedfiled conditions in which the nutrient concentrations (~20% f/2 medium) did not limit the growth of Lepidodinium sp. (Liu et al., 2021). This result suggests that the ingestion is advantageous to Lepidodinium sp. for more reasons than the supply of N or P. For instance, the ingestion could be the means for maintaining the internal stoichiometric balance (Stoecker et al., 2017). Moreover, Lepidodinium sp. increased their ingestion rate significantly when the inorganic N:P ratio in ambient water deviated from the Redfield ratio (i.e., Nhigh and Nlow conditions; Figures 1A, 2; Supplementary Figure S4). As the inorganic N:P ratios were achieved by manipulating either N or P concentrations, the increase in the ingestion rate could arise from the potential N or P limitations. It is likely that Lepidodinium sp. ingested more prey to acquire more P under Nhigh conditions and more N under Nlow conditions. The acquisition of P or N through enhanced ingestion then supports photosynthesis and growth. Thus, mixotrophy not only benefits the acquisition of carbon but also provides an important channel to replenish the nutrients (Glibert and Burkholder, 2011).

However, another explanation for the increasing ingestion rate under nutrient-imbalanced conditions is the lopsided N:P ratio rather than the limiting factors. In fact, the nutrient concentrations we used (2.7 μmol L−1 P for Nhigh and 43.8 μmol L−1 N for Nlow) were actually sufficient for Lepidodinium sp. to grow autotrophically (Liu et al., 2021). As such, the upregulation in the ingestion rate of Lepidodinium sp. may be for the sake of maintaining the cellular elemental balance, which has also been observed in other mixotrophic dinoflagellates such as Gyrodinium galatheanum and Prymnesium parvum. They also increased their feeding rate when grown under imbalanced N:P ratio conditions (Li et al., 2000; Lundgren et al., 2016). The feeding strategy is similar to the ‘compensatory feeding’ of heterotrophic consumers, which increase food uptake to extract the limiting nutrients only from the readily available parts (Raubenheimer and Jones, 2006; Montagnes et al., 2008; Meunier et al., 2012).

In addition to the ‘compensatory feeding’ behaviour, we also found that Lepidodinium sp. exhibits significant selective feeding behaviour towards N-rich prey under NRedfiled and Nlow conditions (Figures 1, 3, 4). Although the inorganic nutrient concentrations of NRedfiled condition were sufficient for the growth of Lepidodinium sp. (Liu et al., 2021), the N:P ratio may not be optimal, which renders Lepidodinium sp. to graze more N-rich prey to achieve the cellular optimal N:P ratios. Under the Nlow condition, the relatively low N may not satisfy the demand of Lepidodinium sp.; therefore, they grazed more N-rich prey to extract the limiting element more efficiently. It is also likely that the relatively low N disrupts the balance of the cellular stoichiometry of Lepidodinium sp., driving them to ingest more N to achieve the balance. By contrast, we did not observe the selective feeding behaviour of Lepidodinium sp. under Nhigh condition at 25 and 28°C because the inorganic N was in excess, and they do not need to ingest more N to supplement photosynthesis or for stoichiometric balance. Nevertheless, it could be possible that there was less P or P limitation under Nhigh condition, so Lepidodinium sp. fed more Rhodomonas salina to extract P contents (Figures 2, 3). Whereas the grazing was indiscriminate because the P contents of the two kinds of prey were similar (Table 2). Therefore, the selective feeding behaviour of mixotrophic protists is regulated by both inorganic nutrient conditions and the prey quality.

For comparison, we also examined the feeding behaviours of a heterotrophic protist (i.e., O. marina) under the same conditions. As the stoichiometric balance of heterotrophic protists mainly depends on ingestion activities, they may be more susceptible to prey quality and environmental changes. Nevertheless, we did not observe any selective feeding of O. marina under three N:P ratio conditions (Supplementary Figure S5). Also, prey with different N contents did not trigger their selective feeding behaviour. The result is consistent with a previous study, which found selective feeding of O. marina on P-rich prey but not on N-rich prey (Meunier et al., 2012). The results of the comparison suggest that mixotrophic protists might be more apt to selectively feed on different prey due to the influence of inorganic nutrients, which may help them adapt to the environmental changes. The ability of selective feeding and compensatory feeding may endow them with a competitive edge in nutrient-limited and -imbalanced environments. In such environments, the growth rate of mixotrophic protists could be higher than the comparable autotrophic and heterotrophic ones (Lundgren et al., 2016; Lin et al., 2018). Thus, the mixotrophs could become increasingly important in aquatic environments, especially in coastal waters with increasing nutrient imbalance (Mitra et al., 2014).

The feeding strategy (i.e., selective feeding or compensatory feeding) is commonly used by metazoan in aquatic ecosystems such as copepods (Boersma et al., 2016; Meunier et al., 2016) and Daphnia sp. (DeMott, 1998), which is conducive to compensate the elemental or biochemical deficiencies. The feeding behaviour of consumers strongly influences the environmental nutrient composition and prey community, such as the phytoplankton (Elser and Urabe, 1999; Vanni, 2002). Our study substantiated that phagotrophic algae also have the ability to use feeding strategy to compensate for the elemental deficiencies to maintain their internal balance, which gives feedback to the environments at the same time. By selectively feeding on the scarce elements, for instance, feeding more N-rich prey in low N:P ratio environments, Lepidodinium sp. may remove the limiting element from the phytoplankton community, which may indirectly reshape the community. Although the same prey with different nutritional contents designed in our experiments rarely occurs in nature, our results suggest that mixotrophic protists may selectively feed on prey with various C:N:P ratios under different conditions, potentially influencing the plankton community and food web structure (Ballen-Segura et al., 2017; Gerea et al., 2019).



Warming Exacerbates Selective Feeding Towards High-N Prey

The increase of nutrient imbalance in aquatic ecosystems is usually accompanied by temperature rise under the context of climate changes. In the current study, we examined the effect of nutrient imbalance on mixotrophs at different temperatures and found that warming exacerbates the selective feeding activities of Lepidodinium sp. (Figures 3, 4). This could be a result of the increasing contribution of ingestion activity to the growth of Lepidodinium sp. (Liu et al., 2021). Several empirical evidence has proved that warming shifts mixotrophs towards more heterotrophic (Wilken et al., 2013; Liu et al., 2021). According to the metabolic theory of ecology (i.e., MTE; Allen et al., 2005; Chen et al., 2012; Liu et al., 2019), heterotrophic ingestion is more sensitive to temperature changes than autotrophic photosynthesis. As such, phagotrophy would become more important for mixotrophs as temperature increases. In the current study, we observed that Lepidodinium sp. has significantly increased its ingestion rate to satisfy its growth demand (Figure 2; Supplementary Figure S4). Moreover, the increases in the ingestion rate with increasing temperature were all contributed by the ingestion on the high-N prey, while the ingestion on the low-N prey remained unchanged, leading to higher Chesson’s selectivity index under NRedfiled and Nlow conditions (Figure 4). As warming may change the internal N:P ratios and break the balance (Thrane et al., 2017), Lepidodinium sp. tended to graze more N-rich food to achieve stoichiometry balance as temperature increased (Figure 3). Thus, warming exacerbates Lepidodinium sp.’s selective feeding towards high-N prey.

Also, under the high N:P ratio condition, Lepidodinium sp. started to show selective feeding behaviour when temperature increased (Figures 3, 4). Although the demand for N for growth increased with increasing temperature, the concentration we set was relatively high (175 μmol/l, Table 1), which should be sufficient for Lepidodinium sp., even at high temperatures. It is possible that nitrogen uptake and photosynthesis of Lepidodinium sp. are constrained at high temperatures. In our previous study, we found that the autotrophic growth determined by photosynthesis was significantly lower than the mixotrophic growth determined by both ingestion and photosynthesis at high temperatures, which suggested that photosynthesis may be constrained by high temperature and phagocytosis contributed more to the growth of the mixotrophs (Liu et al., 2021). To maintain the stoichiometric balance that may be shifted by the increase of temperature, Lepidodinium sp. ingested more N-rich food to compensate for the deficiency of photosynthesis. That may explain the selective feeding towards high-N prey of mixotrophic protists even under inorganic N replete conditions as temperature increases, which points to an increase in heterotrophic activity of mixotrophs in the warmer ocean.




CONCLUSION

In the past four decades, seawater N:P ratios in many coasts and estuaries increased dramatically due to increasing nitrogen fertiliser and domestic and industrial wastewater discharge (Glibert et al., 2013, 2014). This might cause an increase in the ingestion rate of mixotrophs with a similar ecological niche as Lepidodinium sp. in the future and subsequently shift their functional role from primary producers to consumers (Mitra et al., 2014; Leles et al., 2018). Moreover, selective feeding towards prey with high nutritional quality may influence the community composition of phytoplankton. A warmer ocean could exacerbate such trends that cause the mixotrophs to become more heterotrophic and consequently change the structure of the planktonic food web and carbon and nutrient cycling in marine ecosystems. It should be pointed out that there are many types of mixotrophs, from highly autotrophic to highly heterotrophic (Stoecker, 1998; Mitra et al., 2016; Stoecker et al., 2017). More studies should focus on the response of different types of mixotrophic species to various environmental factors to elucidate and predict the ecological roles of the mixotrophs in marine ecosystems under projected climate warming.
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Nitrogen is an essential component of major cellular macromolecules, such as DNA and proteins. Its bioavailability has a fundamental influence on the primary production of both terrestrial and oceanic ecosystems. Diverse marine microbes consume nitrogen, while only a limited taxon could replenish it, leaving nitrogen one of the most deficient nutrients in the ocean. A variety of microbes are involved in complex biogeochemical transformations of nitrogen compounds, and their ecological functions might be regulated by viruses in different manners. First and foremost, viruses drive marine nitrogen flow via host cell lysis, releasing abundant organic nitrogen into the surrounding environment. Secondly, viruses can also participate in the marine nitrogen cycle by expressing auxiliary metabolic genes (AMGs) to modulate host nitrogen metabolic pathways, such as nitrification, denitrification, anammox, and nitrogen transmembrane transport. Additionally, viruses also serve as a considerable reservoir of nitrogen element. The efficient turnover of viruses fundamentally promotes nitrogen flow in the oceans. In this review, we summarize viral contributions in the marine nitrogen cycling in different aspects and discuss challenges and issues based on recent discoveries of novel viruses involved in different processes of nitrogen biotransformation.
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INTRODUCTION

Nitrogen cycle is an integral feature of marine nutrient cycles. As one of the most abundant elements in organic compounds, nitrogen affects the biosynthesis of pivotal cellular components, the activities of cellular metabolism, and the functioning of diverse ecosystems (Zehr and Kudela, 2011; Ward and Jensen, 2014). Nitrogen undergoes complex biogeochemical transformations in a cycle, which facilitate its bioavailability for a large variety of microbes in marine environments. Marine nitrogen cycle maintains the nitrogen homeostasis and connects with biogeochemical cycles of other elements, such as carbon, oxygen, and phosphorus (Gruber, 2008; Kuypers et al., 2018).

Nitrogen availability has a strong influence on the photosynthetic capacity, thus was considered as one of the major factors regulating marine primary production (Evans, 1989; Herbert, 1999). Nitrogen is not uniformly distributed across different biogeographic provinces or water columns in the ocean. Patterns of nitrogen vary from coastal estuaries to open ocean, from sunlit euphotic zone to the dark ocean (Saino and Hattori, 1987). In general, nitrogen is relatively low in the surface water, limiting primary productivity in the vast expanse of the pelagic ocean (Tyrrell, 1999). In contrast, estuary and coastal waters usually have higher primary productivity due to anthropogenic nitrogen inputs (Herbert, 1999).

The nitrogen atom owns five valence electrons which can be flexibly arranged on electron orbitals in several stable oxidation states, ranging from −3 to +5 (Figure 1). In the marine environment, nitrogen could be commonly found in several chemical forms, such as ammonium ([image: image], −3), hydrazine (N2H4, −2), hydroxylamine (NH2OH, −1), dinitrogen gas (N2, 0), nitrous oxide (N2O, +1), nitric oxide (NO, +2), nitrite ([image: image], +3), and nitrate ([image: image], +5; Figure 1). Microbes evolve diverse mechanisms for nitrogen uptake and transformation, including nitrogen fixation, nitrification, denitrification, anammox, and ammonification, and others (Zehr and Kudela, 2011; Kuypers et al., 2018; Hutchins and Capone, 2022; Figure 1), which are mainly happening in tiny microbial cells but have tremendous influence on the marine nitrogen budget. Despite dinitrogen gas being the most abundant nitrogen species on earth, it is only available to relatively a limited but diverse set of microbes that can fix N2 into biologically available ammonium. Ammonium, in which the nitrogen atom is fully reduced, is also the breakdown product during the decomposition or ammonification of organic matter. It is estimated that there is about 340–3,600 Tg nitrogen stockpiled in the form of ammonium in the ocean (Canfield et al., 2005; Gruber, 2008). Ammonium can also be transformed into other bioavailable oxidized nitrogen species, such as nitrite and nitrate through nitrification. Nitrate is also a crucial bioavailable form of nitrogen, which is particularly abundant in coastal waters where riverine inputs are significant, or where deep water is frequently brought to the surface layer by vertical advection processes. Acting as either electron donor or acceptor, nitrite could also be oxidized to nitrate by marine nitrifiers (Hutchins and Fu, 2017; Shafiee et al., 2019) or reduced to gaseous forms of nitrogen (N2O and N2) by denitrifiers (Kartal et al., 2007; Otte et al., 2019). N2O is another common form of nitrogen that is mostly produced by denitrifying (Zumft and Kroneck, 2007; Prosser et al., 2020) and ammonia oxidizing microbes (Shen et al., 2012; Jung et al., 2014). In addition to its ozone-depleting role, N2O is also a notorious greenhouse gas with a higher capability of trapping atmospheric heat than CO2, and its atmospheric concentration has been increasing mainly owing to anthropogenic emissions (Tian et al., 2020). In addition, there are a variety of organic compounds containing nitrogen in the forms of amino and amide groups in the oxidation state of −3. For example, urea and amino acids exist in the marine environment at low concentrations but can be rapidly recycled since they could be easily assimilated by both autotrophic and heterotrophic organisms (Baker et al., 2009).

[image: Figure 1]

FIGURE 1. Biogeochemical transformations of nitrogen compounds in marine microorganisms. The nitrogen cycle consists of the transformations, including nitrogen transport nitrogen fixation, nitrification, denitrification, assimilation, ammonification, and anammox. The relevant cell localizations of these pathways are divided by a cytomembrane (Gray dotted line). These pathways are found in different microorganisms rather than limited to one single cell. The main pathways in nitrogen cycle and the participating enzymes and transporters are indicated in different colors. The oxidation valences of nitrogen atom, ranging from −3 to +5, in different compounds are indicated in a linear axis.


Marine microbes constitute more than 90% of the living biomass in the ocean and are responsible for half of the global primary productivity (Field et al., 1998; Caron, 2005; Sogin et al., 2006; Bar-On et al., 2018). Viruses, the most abundant biological entities in the ocean, have also drawn extensive attention due to their roles in biogeochemical cycles since the discovery of significant viral contribution to microbial community turnover (Proctor and Fuhrman, 1990; Suttle, 1994). Lysogenic viruses can modulate microbial biodiversity and genome evolution through genetic exchange within and between hosts, while lytic viruses exert remarkable influence on microbial community structure and marine food web (Fuhrman, 1999; Wilhelm and Suttle, 1999) by turning infected host cells into dissolved and particulate organic matter (POM), which can then be utilized by other microbes (Middelboe et al., 1996; Middelboe and Lyck, 2002; Middelboe and Jorgensen, 2006). Although viral ecology is still in its infancy stage and quantification of the viral contribution to host mortality remains coarse and vague in natural environments, marine viral biodiversity has received considerable attention in recent years. There is a growing consensus that viruses act as crucial players in marine nutrient cycling and are indispensable for the maintenance of stable natural microbial communities and the functioning of ecosystems (Suttle, 2007; Jurgensen et al., 2021). Here, we review viral contribution to marine nitrogen cycling and present potential challenges and issues based on recent discoveries of novel viruses involved in different processes of nitrogen biotransformation.



VIRAL SHUNT PROMOTES MARINE NITROGEN FLOW ALONG WITH MICROBIAL LOOP


The Interconnection of Viral Shunt With Microbial Loop in Marine Environment

About 40 years ago, the concept of “Microbial Loop (ML)” was introduced into the field of biological oceanography by Azam et al. (1983), pointing out the crucial role of marine microbes in bridging the gap between Dissolved Organic Matter (DOM) and classic marine food chain. DOM released by phytoplankton exudation, viral cell lysis, and zooplankton sloppy feeding was not directly available for marine macroplankton, but can be reutilized by marine microbes for proliferation. Microbes were further predated by larger marine organisms at higher trophic levels (such as protists) for growth; thus, nutrients can be recycled and transferred in the marine food chain with the help of microbes (Calbet, 2008; Fenchel, 2008).

Viruses were recognized as a new functional group responsible for material transfer and energy flow in the marine system (Proctor and Fuhrman, 1990; Bratbak et al., 1992; Thingstad et al., 1993). Virus-induced microbial mortality was termed as Viral Shunt (VS) by Wilhelm and Suttle (1999), describing the important role of viruses in breaking down microbial into DOM, which can be easily taken up by other microorganisms (Figure 2). Marine viruses lead to 20%–40% of microbial mortality in the surface ocean (Wommack and Colwell, 2000), and it was estimated that viral shunt contribute to over 25% of carbon recycling within the microbial loop in the global oceans (Wilhelm and Suttle, 1999).

[image: Figure 2]

FIGURE 2. Schematic of viral participation in the marine nitrogen cycle. Virus-mediated lysis of microbial cells (viral shunt) and the degradation of viruses can release particulate organic matter (POM) and Dissolved Organic Matter (DOM) into the microbial loop. POM and DOM can be brought to different water columns through vertical ocean circulation, waves, and eddies pumping while a part of POM can also be sedimented to deep oceans by biological carbon pump. Upon infection, viruses can also regulate hosts’ nitrogen metabolism by encoding relevant auxiliary metabolic genes (AMGs).


Viruses are also important players of long-term marine carbon storage. Photosynthesis sequestrated carbon in the surface ocean support the marine food web, and a fraction of the surface fixed organic matter is eventually exported to the ocean interior and seafloor sediments by Biological Pump (BP; Figure 2). This vertical downward transfer mainly occurs through migrations of zooplankton and gravitational settling of microorganisms and POM (Boyd et al., 2019). Besides, a substantial fraction of organic matter does not reach the deep sea, but is remineralized in the water column by heterotrophic microbes, resulting in depletion of labile carbon and accumulation of recalcitrant carbon. This process was proposed as microbial carbon pump (MCP; Jiao and Zheng, 2011). Viruses are important participants in these “pumping processes.” First, viral infection can affect the sinking rates of microbial cells (Janice and Curtis, 2004) via enrichment of infected cells in sinking aggregates (Vincent et al., 2021). Moreover, virus can also influence the MCP-induced carbon sequestration by promoting microbial mortality (Vincent et al., 2021). Marine nitrogen flow is also affected by biological or microbial pumping processes. Particulate organic nitrogen (PON) can also sink into the deep ocean or can be converted back into ammonium by remineralization and subsequently used by microbes through nitrification (Jetten, 2008). The recycling of carbon and nitrogen is interactional as the fluctuating carbon-to-nitrogen ratios in the environment have a considerable impact on the microbial metabolism (Goldman et al., 1987; Shelford et al., 2012). Considering viral shunt is continuously changing the carbon/nitrogen ratio in the marine environment, viral contribution to nitrogen recycling seems to be more complicated to quantitatively estimate.



Viruses Promote Nitrogen Recycling by Host-Specific Cell Lysis

Viruses exhibit multifaceted effects on nitrogen flow by controlling the biomass and bioactivity of diverse microbes involved in different nitrogen biogeochemical processes. Generally, viruses accelerate ammonification and assimilation by providing organic matter from lysates. Ammonification, the degradation process of organic nitrogen releasing ammonium, is widely found in bacteria, fungi, and algae, and its rate is mainly controlled by the abundance and composition of microbial communities, and by the availability of dissolved organic nitrogen. Dissolved low molecular weight organic compounds including amino acids, urea, amino sugars, and nucleotides are substrates for ammonification. These substrates can be first released from the depolymerization of macromolecules and are further transferred into bioavailable nitrogen by ammonification. On the contrary, assimilation can be briefly interpreted as the multi-step transformation of nitrogen from simple inorganic forms ([image: image], [image: image], and [image: image]) into cellular biomass, such as amino acids and other organic compounds. The release of organic nutrients upon viral lysis may stimulate the growth of non-infected or unrelated microbes, which is crucial for the recycling of bio-limiting elements and structuring microbial communities. For example, viral lysates of Vibrio caused an increase in metabolic activity and cell production of the non-infected bacterioplankton, particularly in phosphorus-limited conditions (Middelboe et al., 1996). Isotope mass spectrometry analysis showed that viral lysis of Phaeocystis globosa enhanced 13C and 15N assimilation of Alteromonas by about 2.5-fold, and viruses enhanced bacterial substrate assimilation and indirectly shaped North Sea bacterial diversity (Sheik et al., 2014). Similarly, the degradation of Phaeocystis pouchetii lysates caused by virus PpV was reported to be associated with significant regeneration of inorganic N, which had strong positive effects on the abundance of heterotrophic bacteria and nanoflagellates, suggesting an efficient transfer of organic material from P. pouchetii to other microbes through viral lysis (Haaber and Middelboe, 2009).

Increasing evidence support the crucial functions of viruses in regulating nitrogen fixation by controlling the turnover of diazotrophic cyanobacteria. The significance of N2 fixation has been historically underestimated according to biogeochemical analysis (Michaels et al., 1996; Gruber and Sarmiento, 1997) even after the discovery of widespread diazotrophs, such as tropical/subtropical cyanobacterium Trichodesmium spp. (Capone et al., 1997) and symbiotic cyanobacterial species of some diatoms (Villareal, 1994) in the ocean. Convergent estimates indicate that microbial fixation of N2 delivers approximately 163 Tg N year−1 globally, which is far more than atmospheric deposition and riverine input (Wang et al., 2019). The amount of nitrogen fixed by Trichodesmium per year was estimated to be about 60–80 Tg N year−1 globally (Capone et al., 1997; Mahaffey et al., 2005; Westberry and Siegel, 2006), making up more than ⅓ of the annually fixed N2 in the global ocean (~100–200 Tg N year−1 according to Karl et al., 2002). However, the past estimates were based on the assumption that all species in the Trichodesmium genus were capable of fixing N2, which was overthrown by a very recent metagenomic study showing abundant yet non-diazotrophic Trichodesmium species are widespread in the open ocean (Delmont, 2021). This decoupling of functional traits from taxonomic lineages alerts further endeavors are needed to decipher Trichodesmium community composition, which likely affect the estimate of their contribution to global nitrogen balance. Viral infection of diazotrophic cyanobacteria, such as Trichodesmium, could result in large perturbations of dissolved and particulate organic matter in the surface ocean, leading to a shift in nitrogen availability for co-occurring microbes (Rodier and Le Borgne, 2010). Viral lysis is a crucial cause of the rapid collapse of Trichodesmium aggregations (Hewson et al., 2004). The appearance of virus-like particles in mitomycin C-treated Trichodesmium cells revealed that Trichodesmium harbor viruses that could enter the lytic cycle under some specific but as-yet undefined conditions (Ohki, 1999; Hewson et al., 2004). Collapse of Trichodesmium aggregations can lead to large releases of particulate and DOM from dying cells for co-occurring microbes in the environment (Rodier and Le Borgne, 2010). The bloom-forming diazotrophic filamentous cyanobacteria Aphanizomenon flos-aquae are often devoid of zooplankton grazing due to its toxin production (Rollwagen-Bollens et al., 2013). Viral based top down control may play a significant role in suppressing Aphanizomenon flos-aquae especially in eutrophic ecosystems (Simis et al., 2005). Previous studies found two cyanophages, Vb-AphaSCL131 and Vb-AphaM-CL132, belonging to Siphoviridae and Myoviridae, respectively, in the purified lysates of Aphanizomenon flos-aquae (Gelzinis et al., 2015; Sulcius et al., 2019). After cell lysis by Vb-AphaSCL131, substantial release of ammonium into the culture medium was detected (Kuznecova et al., 2020). Although the growth of Aphanizomenon flos-aquae was significantly inhibited by Vb-AphaSCL131 infection, nifH gene expression level and the nitrogen fixation rates are barely altered, as cyanophage replication and progeny production within vegetative cells does not interfere with the N2 fixation process in heterocysts. Intriguingly, Vb-AphaSCL131 can also reduce the transport of fixed nitrogen from heterocysts to vegetative cells, which leads to nitrogen accumulation at the poles of heterocysts (Kuznecova et al., 2020).

Viral lysis of nitrifying bacterium and ammonia oxidizing archaea (AOA) can also affect ammonia metabolism. Nitrification is the primary process of producing oxidized nitrogen species, such as [image: image], [image: image] and N2O, from reduced nitrogen (NH3 or [image: image]). Nitrification widely occurs in the surface, subsurface, deep layer, and sediments in the ocean (Camila Fernandez and Patrick, 2007; Yool et al., 2007; Hutchins and Capone, 2022). The nitrification process is mainly performed by different microbes, including ammonia oxidizing bacteria (AOB), AOA, and nitrite-oxidizing bacteria (NOB; Ward, 2013). Besides, specific species of the bacterial genus Nitrospira are capable of performing both of the nitrification steps, called complete ammonia oxidation (Comammox; Daims et al., 2015; Van Kessel et al., 2015; Molina et al., 2018). The most common AOB in natural environments belong to the Nitrosomonas, Nitrosospira, and Nitrosococcus genera (Purkhold et al., 2000). AOA belong to the class Nitrososphaeria within the phylum Thaumarchaeota, which could be known as Nitrososphaerales, Nitrosopumilales, Ca. Nitrosotaleales, and thermophilic Ca. Nitrospina spp. (Stieglmeier et al., 2014). AOA from the phylum Thaumarchaeota play a prominent role in ammonia metabolism. Viral infection is suggested to represent a key mechanism controlling the turnover of archaea, especially AOA, in deep-sea sediments (Danovaro et al., 2016). Three Nitrosopumilus spindle-shaped viruses are isolated from suspended particulate matter-rich seawater samples and characterized to efficiently infect autochthonous Nitrosopumilus strains, leading to inhibition of AOA growth, accompanied by severe reduction in the rate of ammonia oxidation and nitrite reduction (Kim et al., 2019). Similarly, it was reported that the infection of a specific phage CM-1 induced rapid decline of the heterotrophic nitrifying bacterium Lutimonas sp. H10 and reduced the efficiency of ammonia removal in marine aquaculture (Fu et al., 2009).




VIRUSES INFLUENCE MICROBIAL NITROGEN METABOLISM THROUGH ENCODING AUXILIARY METABOLIC GENES

Viruses can also modulate the marine nitrogen cycle by expressing auxiliary metabolic genes (AMGs) involved in host nitrogen metabolisms. Viruses encoded AMGs have been broadly discovered in different environments and are suggested to be involved in several different biogeochemical processes, including nitrification, denitrification, anammox, ammonia assimilation, and nitrogen transport (Supplementary Table S1).


Viral-Encoded Enzymes Could Promote Marine Nitrification Process

Some viruses carrying AMGs can also modulate the nitrification pathway during infection. Genes like amoA/B/C, encoding for ammonia monooxygenase enzyme, catalyzing the first step of ammonia oxidation and have been regarded as biomarkers for nitrifiers in the oceans (Junier et al., 2010). Ahlgren et al. (2019) discovered 15 new genomically and ecologically distinct viral populations infecting marine Thaumarchaeota (potentially tailed viruses that share a common ancestor with related marine Euryarchaeota viruses). These viruses bear thaumarchaeal ammonia monooxygenase genes (amoC) in globally various marine habitats. Metagenomics provided evidence that viral amoC sometimes comprise up to half of total amoC DNA copies, indicating their potential roles in nitrification processes (Roux et al., 2016; Ahlgren et al., 2019). Similarly, two archaeal-like amoC genes and one bacterial-like amoC were also identified in viruses isolated in Eastern Tropical South Pacific oxygen minimum zone (ETSP OMZ) waters while the functional roles remain to be resolved (Gazitua et al., 2021).



Viral-Encoded AMGs in Denitrification Pathways

Canonical denitrification refers to several respiratory reactions that use organic nitrogen compounds as electron acceptors for the production of nitrite, nitric oxide, nitrous oxide, and dinitrogen gas, finally leading to the loss of N from the marine system. Denitrification occurs in specific habitats, such as the oxic–anoxic interface of benthic sediments, and suboxic or anoxic waters where nitrate is present but oxygen is deficient (Naqvi et al., 2008). Nitrate is generally the first electron acceptor in the process of denitrification especially in hypoxic column while organic nitrogen can also be reduced via heterotrophic denitrification. Microbes carry out different denitrification processes based on the availability of nitrogen resources and the redox gradients present in the environment (Tesoriero et al., 2021). Periplasmic nitrate reductase (Nap), respiratory nitrate reductase (Nar), and assimilatory nitrate reductase (Nas) catalyze the reaction of dissimilatory nitrate reduction to nitrite. Subsequently, nitrite can be reduced into nitric oxide by nitrite reductase (Nir). Nitric oxide (Nor) reductase induces the reduction of nitric oxide to nitrous oxide or dinitrogen gas. Nitrous oxide can be an intermediate or end product during denitrification (Suntharalingam et al., 2000). Metagenomic analysis revealed a ferredoxin-nitrite reductase gene nirA, a copper-containing nitrite reductase gene nirK, and a nitric oxide reductase gene norB as viral-encoded AMGs in ETSP OMZ waters. For example, a nirA gene that is similar to the homolog in Prochlorococcus and Synechococcus exits in the genome of a potential T4-like cyanomyophage (Gazitua et al., 2021). Viral NirA may attenuate their host’s need to compete for limited ammonia in some particular environments, such as Peruvian anoxic marine zone (AMZ; Lam et al., 2009) and OMZ over the Omani Shelf (Jensen et al., 2011; Ulloa et al., 2012). Besides, contiguous nirK and norB are also identified in a unit within the genome of a myovirus according to the taxonomic annotation of the viral-like genes. Motif analysis and structural prediction indicate the functional activity of viral NirK and NorB revealing their participation in hosts’ denitrification processes during infection (Gazitua et al., 2021).



Viruses May Compensate Ammonium Oxidation of Anaerobic Hosts

Along with denitrification, the anaerobic oxidation of ammonium (anammox) is another anaerobic process that removes bioavailable nitrogen from the water. Anammox bacteria obtain energy and electrons from ammonia oxidation anaerobically. In an anammox reaction, ammonium and nitrite are combined to form N2, generating NO and hydrazine (N2H4) as two key intermediates (Kartal and Keltjens, 2016; Soler-Jofra et al., 2021). In the first step, the one-electron reduction of nitrite to NO is catalyzed by nitrite reductases (NIR) which exist in many denitrifying microorganisms. The second reaction combines ammonium and NO to produce hydrazine which is catalyzed by hydrazine synthase (HZS) (Strous et al., 2006). Finally, hydrazine is converted into N2 by hydrazine oxidoreductase (HZO; Dalsgaard et al., 2014). So far based on isolation and metagenomic surveys, 19 species under six candidate genera, including Brocadia, Scalindua, and Kuenenia, have been reported in various natural and synthetic ecosystems, such as marine sediments, hydrothermal vents, sponges, and anoxic waters (Oshiki et al., 2016; Zhang and Okabe, 2020). Nir genes were also detected as viral AMGs in the anoxic water column, indicating their functional roles in modulating anammox reaction by promoting NO production (Gazitua et al., 2021). Viruses are believed to have compensation effects on the nitrogen metabolisms of their host cells. Viral nar genes are also identified in the samples from deep-sea hydrothermal vent sediment in the Southwest Indian Ocean. As revealed by the metabolic pathways in viromes and microbiomes studies, histidine kinase NarX, a nitrate–nitrite sensor, sensed the extracellular level of nitrate or nitrite and then activated the response regulator NarL, which leads to the gene expression inhibition of microbial nitrite reductase, including NarG, NarH, NarJ, and NarI subunits, in microbial nitrogen metabolism (He et al., 2017). Metabolic compensation of hosts mediated by viruses may help hosts to adapt to extreme environments and may be essential for host survival.



Viral-Encoded AMGs Influence Host Ammonia Assimilation

Ammonia assimilation is the process of incorporating ammonia into organic matter. The conversion of ammonium into amino acids (glutamate and glutamine) is initially catalyzed by glutamate synthetase and glutamine synthetase, respectively. Glutamate synthetase catalyzes the reaction of glutamate production from glutamine and 2-oxoglutarate (2-OG), and glutamine synthetase is responsible for the formation of glutamine by catalyzing the condensation of glutamate and ammonium. Viromes from the surface, oxycline, and anoxic zones in ETSP identified several viral AMGs, such as glutamate synthase and glutamine synthetase, revealing potential participation of these viruses in ammonia assimilation and nitrogen metabolism (Cassman et al., 2012). Sullivan reported that 16 marine cyanobacterial myoviruses isolated from a variety of locations across tropical and subtropical oceans contain at least one and often numerous hypothetical proteins with possible phytanoyl-CoA-dioxygenase domains, which may act on 2-OG as oxidoreductases to regulate ammonia assimilation, while 14 of the marine cyanophages contained numerous 2-OG-FeII oxygenase superfamily proteins. Besides, all 16 genomes contain numerous NtcA binding sites, which are involved in promoting a diversity of both T4 phage and cyanophage genes. These pieces of evidence suggest that these cyanobacterial myoviruses can modulate 2-OG levels to influence ammonia assimilation and stimulate NtcA activity which is needed to promote phage genes expression (Sullivan et al., 2010).



Viruses Encode Diverse AMGs Involved in Nitrogen Transport

Microbes have evolved a range of strategies including effective nitrogen uptake and transport to optimize nutrient acquisition and adapt to environmental limitations. The transport of ammonium is mediated by the ammonium transporter/methylammonium permease/rhesus (Amt/Mep/Rh) family. Amt/Mep/Rh family is responsible for the bidirectional diffusion of ammonium across the membrane and is necessary for microbial growth at low ammonium concentrations. A host-derived ammonium transporter gene Amt was identified in the genome of a phytoplankton virus, which infects the small green alga Ostreococcus Tauri. The viral gene is demonstrated to be transcribed during infection and the viral protein can transport ammonium, methylammonium, and potentially a range of alternative N sources (Monier et al., 2017). Similarly, targeted metagenomics based on cell sorting revealed Amt/Mep/Rh family genes in the genomes of two viral strains of giant Mimiviridae sampled from the North Pacific Ocean (Needham et al., 2019). Besides, three viral populations harboring the glnK gene followed by the amtB gene were also identified in the ETSP OMZ (Gazitua et al., 2021). GlnK is a PII signal transduction protein linked to AmtB (ammonia channel protein). Under nitrogen-limiting conditions, GlnK is covalently modified by uridylylation to inhibit the interaction with AmtB and enable the uptake of ammonium (Gazitua et al., 2021). Moreover, nitrite transporter gene (focA) was also previously detected in the viral genome of a potential T4-like cyanomyophage. FocA, a representative nitrite transporter from the formate/nitrite family is universally found in bacteria, proteobacteria, archaea, fungi, algae, and parasites (Wang et al., 2009). Potential expression of this gene during infection may promote nitrite uptake of the hosts (Gazitua et al., 2021).




VIRUSES PROVIDE CONSIDERABLE RESERVOIRS OF NITROGEN ELEMENT

Viral particles are also a considerable reservoir of nitrogen element given their high abundance in the ocean. It is predicted that a bacterial cell contains at least two orders of magnitude more carbon than a virus particle (Bertilsson et al., 2003). However, the relative content of nitrogen in viruses is quite different compared with their hosts, since a virus particle is predominantly composed of a capsid (mostly protein) and core genetic materials (nucleic acids). The carbon/nitrogen/phosphorus (C/N/P) ratio was estimated to be 106/16/1 for marine plankton (Redfield et al., 1963; Jiao et al., 2010, 2011). This ratio vary greatly among different organisms, which is about 69/16/1 in marine heterotrophic bacteria (Suttle, 2007), about 46/10/1 in Prochlorococcus sp. MED4 and 301/49/1 in Synechococcus sp. WH8013 under phosphorus-limited conditions (Bertilsson et al., 2003). However, the C/N/P ratio in Paramecium bursaria Chlorella virus 1 (PBCV1) was estimated to be 17/5/1 (Clasen and James, 2007), highly enriched in nitrogen and phosphate in bacteriophages (Jover et al., 2014). Marine viruses are estimated to contain 0.055–0.2 fg carbon per virus particle in different studies (Wilhelm and Suttle, 1999; Suttle, 2005, 2007; Steward et al., 2007), and nitrogen content is estimated ranging from 0.0078 to 0.02 fg (Jover et al., 2014). The viral contribution to the DON pool could range up to 7% in the marine system if the virus densities can reach up to 1011 per liter.

The viability of viruses is tightly controlled in the marine environment. For example, solar radiation (especially UV-B irradiation) is considered as a causative factor responsible for defective viruses in the surface ocean (Suttle and Chen, 1992; Noble and Fuhrman, 1997). Full sunlight can lead to an average loss of viral infectivity of 20%/h for a diverse range of marine virus isolates (Mojica and Brussaard, 2014). Temperature and salinity are also responsible for differences in viral growth rate and delay of infection (Mojica and Brussaard, 2014). Moreover, extracellular enzymes produced by microorganisms can also degrade viral particles into dissolved organic nitrogen. Additionally, viral particles can also be absorbed onto particles and then vertically sink to the deep ocean or are transported laterally with the ocean currents (Wommack and Colwell, 2000; Weinbauer, 2004). These activities account for the exchange of free-living viral particles in different water columns, making viruses not restricted to the local biogeochemical cycling.



CHALLENGES AND PROSPECTS

The topic of viral implications on the cycling of organic matter in the marine ecosystem caught the early attention of researchers and has been widely studied globally for over half a century. However, the ecological roles of diverse marine viruses in the nitrogen cycling or other host metabolism are generally understudied, particularly in the context of virus–host interactions. Difficulties in sampling over the large temporal and spatial scales, and the dependence of cultured hosts for viral isolation and culture, especially from less accessible environments, such as hydrothermal vents or anoxic waters, hindered the study of their participation in the nitrogen cycle and other ecological functions, despite metagenomics and mathematical modeling have been proved to be helpful to identify and characterize viral diversity and to explore the mechanism of interactions between viruses and their hosts. Isolation and cultivation are necessary for quantifying viral and host physiological capabilities; however, beyond the limitation of host availability, it is also arguable that virus–host interactions in the laboratory might be different from the natural environment, where population size and abiotic factors might affect their interactions.

Some growth-limiting factors, such as temperature, oxygen, light, and nutrients, are proven to be crucial for host–virus interactions. It is still an exciting but challenging problem to identify the factors controlling the temporal and spatial influence on the nitrogen cycle of viruses (Maat et al., 2014). Nitrogen cycling is inevitably interconnected with many other elements, most notably, such as carbon, phosphorus, and sulfur. For example, increasing bioavailable nitrogen in the ocean can fertilize the ocean’s biosphere and enhance the uptake of CO2 by photosynthetic microorganisms and phytoplankton. However, ocean acidification resulting from the mounting uptake of anthropogenic CO2 can exert huge effects on a variety of marine life (Langdon et al., 2003; Kapsenberg and Cyronak, 2019; Melzner et al., 2020) and lead to an uncharted disturbance of C/N ratio which is important for balance of marine ecosystem. It was reported that ocean acidification could lead to enhanced photosynthesis (Riebesell et al., 2007) and nitrogen fixation by Trichodesmium (Barcelos E Ramos et al., 2007). According to a current meta-analysis incorporating 49 publications, diazotrophic nitrogen fixation is estimated to be enhanced by 29 ± 4% while nitrification processes are estimated to be reduced by 29 ± 10% under ocean acidification by 2,100 (Wannicke et al., 2018). However, the viral participation in the coupling cycle of C/N is rarely studied. Considering the complicated flow of nitrogen with other elements, a combination of observational, experimental, and modeling approaches could provide more comprehensive information for our understanding of the viral effect on marine nitrogen cycle. Moreover, sulfur cycling, primarily driven by microbial reduction of sulfate to produce hydrogen sulfide, is also regarded as an influential biochemical process globally. Sulfate reduction is one of the major processes in deep-sea columns especially in marine sediments (Bell et al., 2020). As a key agent in the sulfur cycle, viruses also alter sulfur metabolism within host cells during infection via expressing AMGs involved in relevant processes (Anantharaman et al., 2014; Coutinho et al., 2020; Flieder et al., 2020; Kieft et al., 2020, 2021). It can be speculated that the study of viral activities in coupled cycling of nitrogen and sulfur is another hot topic in the future.

The study of marine eukaryotic viruses is a less tapped field that deserves more attention. Single-celled microeukaryotes and small multicellular zooplankton accounting for a substantial fraction of the planktonic biomass in the ocean, and are discovered to be involved in various processes of biogeochemical cycles of major elements (Dortch and Packard, 1989; Gasol et al., 1997; Barton et al., 2013). Due to their large genomes, enormous diversity, and largely unexplored physiologies, the functional significance of marine microbial eukaryotes as well as viruses infecting them are difficult to investigate. A study of the samples from Tara Oceans using metatranscriptomic approach revealed an impressive number of genes without functionally characterized homologs in available databases (Carradec et al., 2018). At-sea flow cytometry with staining and sorting seems to be an effective method to isolate eukaryotic viruses (Needham et al., 2019), and a combination of metagenomics and metatranscriptomics approaches may provide more insight into the roles of marine eukaryotic viruses in the future.

Exploring the complete marine food web trophic continuum from viruses to top predators is ecologically important but not fully resolved, and the stable isotope method is a potentially useful method for further study (Cai et al., 2005). A promising new application of stable isotope technology is the visualization of isotope labeling at the cellular level through nanoscale secondary ion mass spectrometry (nanoSIMS; Finzi-Hart et al., 2009; Taylor, 2019). Multiple stable isotopes can be distinguished in high-resolution images by NanoSIMS to track nitrogen transfer between cells or cell structures (Foster et al., 2011; Thompson et al., 2012; Bonnet et al., 2016; Taylor, 2019).

The quantification of viral contribution to marine nitrogen cycling remains challenging due to the variable content of viral mass in different water column and dynamic interactions between viruses and the hosts. For example, marine viruses can affect the elemental assimilation rates of their infected hosts, while altered host post-infection metabolism can also influence the viral activities (Zeng and Chisholm, 2012). It is necessary to build different biophysical models to provide more insight into the potential dynamics in virus–host interactions. A biophysical scaling model based on sequence and structural information of different viruses is validated to quantify the elemental stoichiometry of marine viruses in the ocean (Jover et al., 2014). In summary, the conjunction of classic morphological (Lindell et al., 2005), biophysical, and biogeochemical (Clasen et al., 2008) techniques with deep metagenomics and metatranscriptomics analysis are considered to be the rigorous method to quantify the relative contribution of viruses to the pools and fluxes of marine energy and materials.



CONCLUDING REMARKS

Viruses are the most abundant and diverse biological entities in the global ocean, yet their ecological roles and biogeochemical contributions in the marine environments are still not well understood due to limitations of sampling scales and research methods. Broadly, viruses fundamentally influence nitrogen recycling by inducing microbial mortality, and they also constitute a noteworthy part of marine nitrogen inventory. Intriguingly, viruses can also regulate biogeochemical nitrogen metabolisms in hosts via controlling AMGs expression. Future viral ecology requires more effort putting into large-scale and long-term sampling, new techniques for virus and host isolation, sorting, and culture, and more elaborate single viral genomics.
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Hurricane frequencies and intensities are expected to increase under warming climate scenarios, increasing potential to disrupt microbial communities from steady-state conditions and alter ecosystem function. This study shows the impact of hurricane season on microbial community dynamics within the barrier island system of Outer Banks, North Carolina. We found that the passage of two sequential energetic hurricanes in 2018 (Florence and Michael) were correlated with shifts in total and active (DNA and RNA) portions of bacterial communities but not in archaeal communities, and within surface waters but not within the sediment. These microbial community shifts were distinct from non-hurricane season conditions, suggesting significant implications for nutrient cycling in nearshore and offshore environments. Hurricane-influenced marine sites in the coastal North Atlantic region had lower microbial community evenness and Shannon diversity, in addition to increased relative abundance of copiotrophic microbes compared to non-hurricane conditions. The abundance of functional genes associated with carbon and nitrogen cycling pathways were also correlated with the storm season, potentially shifting microbial communities at offshore sites from autotroph-dominated to heterotroph-dominated and leading to impacts on local carbon budgets. Understanding the geographic- and system-dependent responses of coastal microbial communities to extreme storm disturbances is critical for predicting impacts to nutrient cycling and ecosystem stability in current and future climate scenarios.
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INTRODUCTION

An increasingly warmer global climate has been putatively linked to higher intensity and more frequent extreme storm events (i.e., tropical storms, hurricanes, and typhoons; Emanuel, 2005; Groisman et al., 2005; Knutson et al., 2010; Kunkel et al., 2010; Holland and Bruyère, 2014). The extent that storm events might reshape local aquatic microbial communities remains unclear. Historical data suggest that the coast of North Carolina is at particularly high risk for tropical cyclones and hurricanes (Kunkel et al., 2010). The inlets associated with the Outer Banks barrier island system in North Carolina (e.g., Oregon Inlet) serve as conduits for freshwater and terrigenous materials from the East Coast of the United States to the boundary of the Gulf Stream at the edge of the continental shelf (~60 km). As a result, disruptions to coastal microbial communities in this area may have a potential to affect nutrient flow (i.e., C, N, and P) within the coastal North Atlantic region and into the Gulf Stream. Offshore marine sites closer to the Gulf Stream have important supporting roles as net sinks for atmospheric CO2 due to their high primary production, which helps to balance increasing amounts of net sources linked to climate change (Biscaye et al., 1994; IPCC, 2007; Chen and Borges, 2009). Extreme storm events can lead to erosion and runoff of limited nutrients, followed by increased microbial production and respiration (Bauer et al., 2013; Bianchi et al., 2013; Hounshell et al., 2019: Yan et al., 2020). In such situations, coastal and offshore aquatic environments may temporarily switch from net autotrophic to net heterotrophic. This would have important implications for regional carbon budgets with increased atmospheric CO2 inputs being counter-productive for warming global climates.

Extreme storm events are often associated with rapid input of allochthonous nutrients leading to significant microbial community disruptions (Bergström and Jansson, 2000; Zhang et al., 2019). Mechanisms of community disruptions range from eutrophication and hypoxia to introduction of herbicides, dangerous chemicals, and pathogenic bacteria from runoff (Solo-Gabriele et al., 2000; Anderson and Taylor, 2001; Chen et al., 2012, 2018; Lewis et al., 2012; Mistri et al., 2019). Storm events and associated floodwater surging can also lead to increased input of recalcitrant, high-molecular-weight plant material (e.g., lignin) and terrestrial microbes into marine systems leading to anomalous periods of increased microbial production and respiration (Bingeman et al., 1953; Kuzyakov et al., 2000; Bianchi, 2011). This “storm-enhanced microbial production” is driven by exposure of these terrestrial microbes to the labile organic material inherently found in marine systems, in combination with highly reactive nitrogen-based runoff from inland agricultural areas and wetlands (Figure 1). The subsequent microbial feeding frenzy increases microbial biomass and production of extracellular enzymes allowing for more efficient breakdown of the freshly introduced recalcitrant terrestrial material (Bianchi, 2011). This transboundary, or “ex-situ microbial effect,” increases microbial production and respiration beyond that which would occur separately within terrestrial and marine systems without storm influence (Wisnoski et al., 2020). Terrestrial, or freshwater environments have inherently different microbial community compositions compared to their marine counterparts, and this ex-situ microbial effect could produce a more mixed community composition rather than the typical gradient observed at these environmental interfaces (Methé et al., 1998; Logares et al., 2009).
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FIGURE 1. Depiction of storm-enhanced microbial production at the interface of terrestrial and marine systems. Input of recalcitrant, high-molecular-weight plant material, terrestrial microbes, and nitrogen-based runoff into labile marine systems increases microbial biomass and production of extracellular enzymes allowing enhanced breakdown of recalcitrant material. This additive effect of higher bacterial production and respiration can be referred to as the “ex-situ microbial effect” as seen in red on the bar graph. Green portion of the bar graph represents contribution from terrestrial heterotrophic respiration. Created with BioRender.com.


Short-term environmental disturbances, or pulse disturbances (e.g., storm events), can have serious consequences for microbial community function depending on the resistance and resilience of the community (Shade et al., 2012). Resistance can be defined as the ability to endure perturbation caused by a disturbance, while resilience can be defined as the ability to recover from perturbation (Connell and Ghedini, 2015; Nimmo et al., 2015). Higher resistance represents a lower sensitivity to disturbance, while higher resilience results in faster community recovery following the event. Impacts from storm disturbance events are also expected to be geographically context dependent. For example, storm impacts could be controlled by proximity to urban or agricultural environments with potential for runoff, local topography and hydrology of the coastal region, and characteristics of the storm (e.g., intensity, duration, and path). Previous studies from different locations have shown variable degrees of impact from extreme storms toward microbial communities (Okinawa, Japan: Ares et al., 2020; Pamlico Sound, North Carolina: Paerl et al., 2001; Peierls et al., 2003; Oahu, Hawaii: De Carlo et al., 2007; Yeo et al., 2013; New Orleans, Louisiana: Sinigalliano et al., 2007; and Houston, Texas: Steichen et al., 2020). Increased understanding of geographic region-specific shifts in microbial community composition and functional potential following extreme storms is vital to interpreting disruptions to nutrient cycling processes and the overall health of a coastal ecosystem.

The coastal North Carolina region in particular faces increased risk of storm-induced microbial community disruption due to long residence times (~1 year) characterizing the local Albemarle-Pamlico estuarine system that flows into coastal North Carolina marine waters (Paerl et al., 2001). This region has seen doubling of annual nitrogen loads, tripling of annual phosphorus loads, and enough organic carbon input to change the coastal region from a net sink to a net source of CO2 during years with at least one major storm (~106 kg N, ~105 kg P, and ~ 107 kg DOC input over a 2-week period following Florence in 2018; Paerl et al., 2018, 2020). Hurricane Matthew in 2016 significantly impacted the local ecosystem, accounting for ~25% of the total annual carbon input to the Neuse-Pamlico Estuary (Osburn et al., 2019). Eastern North Carolina also exhibits high concentrations of agricultural and animal production that have serious coastal ecosystem consequences as a result of storm-induced floodwaters and runoff (Mallin and Cahoon, 2003; Casteel et al., 2006). Increased relative abundance of foodborne zoonotic pathogens due to Hurricane Florence has been reported for watersheds of North Carolina (Niedermeyer et al., 2020). It is important to understand the impact of environmental fluctuations on coastal North Carolina microbial communities and its subsequent influence on steady-state conditions, resistance and resiliency, and future climate change scenarios for this ecosystem.

This study aims to answer the question “did the 2018 hurricane season in NC disrupt microbial community and ecosystem functional potential?” To that end, we analyzed the coastal microbial communities during the 2018 hurricane season and compared them to similar samples taken during non-hurricane-season months in 2016 and 2019. We hypothesized that coastal North Carolina exhibited shifts in microbial community composition, putative activity, and functional potential during the 2018 hurricane season. Two separate hurricanes made landfall on coastal North Carolina in late 2018: Hurricane Florence on 14 September 2018 and Hurricane Michael on 11 October 2018. Florence approached from the Southeast Atlantic, made landfall near Wilmington, NC, and brought record-breaking rainfall >76 cm over 7 days and wind gusts >45 m s−1 (National Weather Service, 2018; Supplementary Figure S1). Florence was a slow-moving and persistent storm system that created flood levels for inland rivers that have rarely been seen before. Floodwaters in some Outer Banks areas reached 120 cm above sea level (National Weather Service, 2018). Meanwhile, floodwaters across some inland rivers did not start to recede for nearly 3 weeks after Florence made landfall (USGS, 2018). This delayed recession is expected to cause continued impacts to the coastal marine ecosystem for weeks following the storm. Hurricane Michael further added to the ecosystem disruption, with wind gusts over 33 m s−1 and floodwaters rising again, this time reaching 94 cm above sea level (National Weather Service, 2018). Michael approached from the Gulf of Mexico and made landfall on the Florida Panhandle before moving across Southeast United States. The combination of two extreme storm events relatively close together in timeframe provide a unique view of sequential-storm conditions that may be more frequently observed under warmer future conditions if the link between warming climate and increased frequency of storm events holds true. The analysis of both DNA and RNA from sediment and surface water microbial communities following both storm events and throughout the latter portion of the 2018 hurricane season provides insight into the impact to microbial community function and nutrient cycling. Microbial RNA surveys can identify “active” members of microbial communities at the time of sampling while “total” microbial community measurements can be obtained from DNA-based community profiles (Campbell et al., 2009). To our knowledge, RNA-based microbial profiling has not been used previously in extreme storm studies on microbial communities and could provide a benchmark for correlating DNA surveys to active functional members of hurricane-influenced communities affecting ecosystem nutrient flow. Analysis of functional gene abundances via shotgun metagenomic sequencing further links putative biological function to microbial taxonomy associated with extreme storm impacts on microbial communities. These combined methods ultimately provide geographic region-specific insight into extreme storm influence on microbial community functional potential and their implications for nutrient cycling across the ecosystem. These results will be critical for understanding the future impacts of climate-induced shifts in frequency and severity of extreme storm events affecting all domains of life.



MATERIALS AND METHODS


Sample Collections and Processing

Fifteen surface water samples and thirteen sediment samples were collected within the coastal NC system following Hurricane Florence and Michael. Sampling was conducted as quickly as was feasible due to equipment issues, weather patterns, and accessibility of sites. Samples were collected on 25 October, 26 October, and 30 November 2018 from the Coastal Studies Institute research vessel R/V Blackbeard, in waters with salinities ranging from 4.2 within the estuary to 33.5 closest to the Gulf Stream (Figure 2; Supplementary Table S1). The slow recession of inland floodwaters (~3 weeks after Florence made landfall; USGS, 2018) combined with the long residence times characterizing the coastal estuarine system (Paerl et al., 2001) gave us confidence that we were still able to capture the effects of the storms on the ecosystem. These “hurricane-influenced” samples were then compared to non-hurricane season samples collected in Summer 2019 using the same sample collection methods. Extreme storm events inherently have the potential for extreme changes to microbial communities and ecosystem function, yet they are severely understudied because of the associated difficulty in timing and general safety of sample collection. We realize that seasonal variabilities have the potential to impact our results; however, the unpredictability of trying to sample again during the same season on the following year (i.e., Fall 2019) could present new unexpected hurricanes at any moment that would compromise such a sampling plan. It was determined that the best representation of “baseline” conditions would be Summer 2019, while also being cognizant of potential seasonal influences during analysis of the results. These non-hurricane-influenced surface water and sediment samples were collected on 2 July and 3 July 2019 (11 surface water and 12 sediment; salinities ranging 8.5–29.9). Sites for the 2018 and 2019 sampling efforts were chosen with the intention of surveying microbial communities exposed to both the northern (i.e., the Albemarle Sound) and the southern regions (i.e., the Pamlico Sound) of the Albemarle-Pamlico estuary, as well as within Oregon Inlet and along an E-W transect toward the edge of the continental shelf and Gulf Stream. While additional samples would have been preferable from multiple hurricane seasons and across multiple years, the scope of the project was focused on 1 year as a first step toward investigating potential impacts due to hurricane disturbances. In addition to the samples above, we were able to process preserved surface water and sediment samples taken in March 2016 from a separate cruise onboard the R/V Neil Armstrong. These 2016 samples served as a fortuitous supplement to the data analysis in this study and to provide additional evidence that samples taken during 2018 represent a disrupted coastal microbial community.
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FIGURE 2. Map of sampling sites from each retrieval. Sites represent both the northern (i.e., the Albemarle Sound) and southern region (i.e., the Pamlico Sound) of the Albemarle-Pamlico estuary, as well as within Oregon Inlet and along an E-W transect toward the edge of the continental shelf and Gulf Stream.


Surface water samples were collected by filling sterilized polycarbonate plastic containers with surface water from the side of the boat. Bulk sediment samples were collected using a Van Veen grab sampler wherever feasible based on water depth and strength of current, and subsamples for analysis were collected aseptically from bulk samples avoiding edge effects. Surface water from each site was stored on ice immediately following collection and during transport to the lab. All water samples were aseptically filtered onto MilliporeSigma™ polyethersulfone 0.22 μm filters to capture microbial cells. Filtered surface water volumes ranged from 200 ml to 4 L due to some water samples having higher turbidity than others, which led to filters being clogged and/or saturated with particulate material at different rates. Nonetheless, all analyses presented in this study utilize relative microbial abundance rather than absolute abundance, and thus highlight trends in the proportion of taxa rather than changes in the total number of cells detected. We recognize that previous studies have suggested the potential for distortion of planktonic microbial community diversity estimates when comparing different volumes of water filtered (Padilla et al., 2015). However, that study used “pre-filtered” samples (through 1.6 μm pore size) to illustrate biases in studies on particle-associated vs. free-living. We did not perform pre-filtering as we are interested in both particle-associated and free-living communities. Our samples were taken from different sampling sites with different turbidities, which made it impossible to filter samples using all the same volumes. All things considered, variations in filtered surface water volumes in this study should not affect the results reported.

Whole, separate filters were used for individual nucleic acid extraction methods (DNA and RNA) in order to maximize yields from the same well-mixed collection. RNA sampling improves overall analyses because total microbial communities identified from DNA profiles may also include extracellular DNA (Dell’Anno et al., 1998), as well as dead or dormant microbial cells that are likely not contributing to nutrient cycling or ecosystem functioning (Freedman et al., 2015; Cardoso et al., 2017). Note that some limitations exist for using DNA and RNA extractions to infer microbial community functional potential, as relative abundance of nucleic acids does not always correlate with activity nor total number of cells (Blazewicz et al., 2013). Surface water samples were filtered within 24 h of collection to prevent changes in microbial community composition and RNA expression. Filters containing microbial cells were stored at −80°C until DNA and RNA extraction using MoBio DNeasy and RNeasy Power Water kits (Qiagen, Inc.). Sediment samples (~0.25 g) were extracted for DNA and RNA using MoBio DNeasy and RNeasy Power Soil kits (Qiagen, Inc.). Both DNA and RNA were extracted separately to identify the “total” and “active” microbial communities within surface waters and sediment, respectively, at the time of sampling. Extracted RNA was converted to cDNA using a High-capacity RNA-to-cDNA reverse transcription kit (Thermo Fisher Applied Biosystems) to enable amplicon sequencing of the “active” portion of the microbial community.

Water quality measurements were taken for 2018 and 2019 surface water samples and included total suspended solids (TSS), dissolved organic carbon (DOC), and total dissolved nitrogen (TDN). Water samples were filtered through combusted (450°C for 4 h) and pre-weighed 0.7 μm pore size glass fiber filters (GFF) to isolate suspended sediments. Filters were then air-dried at room temperature until there was no further change in dry weight. Total suspended sediment was calculated using the Equation 1, below:
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The filtrate samples were acidified with 2 N HCl and analyzed for DOC and TDN using a Shimadzu TOC-VCPN/TNM-1 analyzer via the combustion catalytic oxidation method (flow rate = 150 ml/min; 680–720 WC) and chemiluminescence detector. Note that TSS, DOC, and TDN were isolated in the filtrate from water samples filtered at 0.7 μm while microbial community techniques in this study were associated with the 0.2 μm retentate.



Nucleic Acid Sequencing and Analysis of Results

Extracted DNA and cDNA were used to generate 16S rRNA gene amplicon libraries for sequencing to identify microbial community compositions. 16S rRNA gene amplicon sequencing was performed by CGEB Integrated Microbiome Resource (Dalhousie University, Halifax, Canada). Amplicon sequencing utilized a Phusion polymerase PCR amplification method (Comeau et al., 2017) on an Illumina MiSeq platform, targeting the V4-V5 region of the 16S rRNA gene to capture the largest majority of microbial taxonomy (Yang et al., 2016). Amplicon sequence data were processed using mothur v.1.41.3 (Schloss et al., 2009) and its associated analysis pipeline (Kozich et al., 2013). Taxonomy was determined based on 97% OTU classifications. Canonical Correspondence Analysis plots were created in R using vegan and ggplot2 packages with the metaMDS function and a Bray–Curtis similarity matrix (R Core Team, 2013). An analysis of similarities (ANOSIM; Clarke, 1993; Warton et al., 2012) was used to determine significant differences between sample groups in R, and a permutational multivariate analysis of variance (PERMANOVA; Anderson, 2017; Adonis test in R) was used to determine significance and correlation between environmental variables and microbial community composition. The vegan package in R was further used to determine community diversity indices (richness, evenness, and Shannon diversity; Shannon, 1948) across all samples. Boxplots depict five key summary statistics including the median, 25% and 75% percentiles, and the feasible range of the data (±1.5 × the interquartile range) represented by the two whiskers. Significant differences between sample groups’ diversity indices were confirmed using a Mann–Whitney U test (McKnight and Najab, 2010; wilcox.test function in R). A similarity percentage analysis (SIMPER; Clarke, 1993; Warton et al., 2012) was used to evaluate microbial taxa with the most significant influence toward differences in community composition between sample groups. rRNA (rrn) copy numbers were determined for each sample using RDP classifier v.2.13 (Wang et al., 2007) combined with the rrn operon database (Stoddard et al., 2015).1

Ten DNA samples were chosen for shotgun metagenomic sequencing with the intention of providing the most comprehensive evaluation of sample types, sample sites, and sampling years. Each sample was analyzed for changes in functional gene potential across hurricane-influenced and non-hurricane-influenced conditions (hurricane-influenced: 2018: one marine and two estuarine surface water samples, one sediment sample; non-hurricane-influenced: 2016: two marine surface water samples; 2019: two marine and one estuarine surface water samples, one sediment sample) These samples were sequenced using shotgun metagenomics by CGEB Integrated Microbiome Resource (Dalhousie University, Halifax, Canada). An Illumina Nextera Flexkit method (Comeau et al., 2017) was used with an Illumina NextSeq platform at 2x sequencing depth in order to obtain roughly 8 million paired-end reads (150 + 150 bp; i.e., 16 million single reads) and roughly 2.4 Gb per sample. Resulting raw reads were then trimmed using TrimGalore v.0.4.5 (Krueger, 2012) and checked for quality using FastQC v.0.11.8 (Andrews, 2010). After trimming, reads were concatenated and assembled using SPAdes v.3.13.0 (Bankevich et al., 2012). MG-RAST v.4.0.3 (Meyer et al., 2008) was used to annotate assembled contigs, and annotations were manually searched for carbon cycling genes (e.g., lignin-degradation genes) according to those described by Janusz et al. (2017). KBase UI v.2.2.1 (Arkin et al., 2018) was used to run DRAM (Shaffer et al., 2020) for metabolic profile functional annotations of other common carbon and nitrogen cycling pathways. Depiction of storm-enhanced microbial production (Figure 1) was created using BioRender©.2




RESULTS


Disruptions to Total (DNA) and Active (RNA) Bacterial but Not Archaeal Community Compositions During the 2018 Hurricane Season, and Within Surface Waters but Not Within the Sediment

Bacterial communities isolated from surface waters following Hurricanes Florence and Michael during the 2018 hurricane season (hurricane conditions) were distinct from bacterial community samples taken in 2016 and 2019 (non-hurricane conditions; ANOSIM test: R = 0.185, p < 0.001; Figure 3A). Salinity was the most influential variable affecting community composition in surface waters, followed by sampling period (hurricane or non-hurricane conditions) and subsequently by putative cell activity (DNA vs. RNA), although all three were significant (Figure 3A; PERMANOVA test: salinity: R2 = 0.357, p < 0.05; hurricane conditions: R2 = 0.105, p < 0.05; DNA vs. RNA: R2 = 0.102, p < 0.05). Note that the environmental variable indicated by “DNA vs. RNA” represents the microbial composition that results from independent extractions of either DNA or RNA in order to infer differences between the total and active community, respectively. Also note that surface water bacterial communities were correlated with hurricane conditions even without inclusion of the supplemental 2016 samples (ANOSIM test: R = 0.146, p < 0.05). Further, bacterial communities in non-hurricane condition samples from 2016 and 2019 were more similar to each other than to those taken during the 2018 hurricane season (Supplementary Figure S2), but the limited number of samples from 2016 limit statistical significance. Although samples were taken across multiple days and months during the 2018 hurricane season, it is difficult to assess variability or differences across hurricane season because sampling days were separated based on salinity (i.e., offshore sites were sampled 1 day, while nearshore sites were sampled a different day). Sediment bacterial community compositions were not significantly correlated with the 2018 hurricane season but did exhibit significant differences between putative cell activity, salinity, and water depth (DNA vs. RNA: R2 = 0.31, p < 0.05; salinity: R2 = 0.059, p < 0.05; water depth: R2 = 0.043, p < 0.05; hurricane conditions: R2 = 0.019, p = 0.11; Figure 3B).
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FIGURE 3. Canonical Correspondence Analysis plots showing similarities in microbial community composition across samples. Each data point is one sample, and distance between points represent degree of similarity in community composition. Arrows represent influence from environmental variables, and length of arrow represents strength of correlation. (A) Hurricane conditions led to significant differences within surface water bacterial communities compared to non-hurricane conditions (ANOSIM test: R = 0.185, p < 0.001), with community composition significantly correlated with salinity and putative cell activity (PERMANOVA test: Salinity: R2 = 0.357, p < 0.05; Hurricane conditions: R2 = 0.105, p < 0.05; DNA vs. RNA: R2 = 0.102, p < 0.05); (B) Bacterial sediment communities were most strongly correlated with putative cell activity, followed by salinity and water depth (DNA vs. RNA: R2 = 0.31, p < 0.05; Salinity: R2 = 0.059, p < 0.05; Water depth: R2 = 0.043, p < 0.05); (C) Archaeal surface water communities were correlated only with salinity (R2 = 0.377, p < 0.05); and (D) Archaeal sediment communities were most strongly controlled by putative cell activity, followed by salinity and water depth (DNA vs. RNA: R2 = 0.305, p < 0.05; Salinity: R2 = 0.152, p < 0.05; Water depth: R2 = 0.060, p < 0.05).


Archaeal community analyses have not previously been addressed in studies focused on the impact of storm events on microbial communities, and our results demonstrate a clear contrast in response of archaeal communities to extreme storms compared to bacterial communities. Archaea within surface waters had no significant correlation with hurricane conditions or putative cell activity, while the effect of salinity was significant (salinity: R2 = 0.377, p < 0.05; DNA vs. RNA: R2 = 0.023, p = 0.13; hurricane conditions: R2 = 0.011, p = 0.41; Figure 3C). Archaeal sediment communities also had no significant correlation with hurricane conditions, while putative cell activity, salinity, and water depth were all significant (DNA vs. RNA: R2 = 0.305, p < 0.05; salinity: R2 = 0.152, p < 0.05; water depth: R2 = 0.060, p < 0.05; hurricane conditions: R2 = 0.019, p = 0.07; Figure 3D). When evaluating any potential functional redundancy in microbial communities across environment types, both bacterial and archaeal communities within surface waters exhibited very little similarity to those within the sediment during hurricane conditions (ANOSIM test: R = 0.971, p < 0.0001).



Lower Shannon Diversity, Lower Taxonomic Evenness, and Increased Abundance of Copiotrophs at Hurricane-Influenced Marine Sites

Microbial community DNA from marine sites (>25 ppt) had lower Shannon diversity (Mann–Whitney U test: W = 7, p < 0.01) and lower taxonomic evenness (W = 0, p < 0.001) within surface waters during hurricane conditions compared to non-hurricane conditions (Figure 4). Surface waters had no difference in microbial community richness between conditions. There was also no significant difference across all diversity indices within the sediment. RNA-based community indices followed roughly the same trends as DNA-based results above, although statistical significance was limited due to poor RNA yields for several surface water samples from non-hurricane marine sites. The decrease in diversity at marine sites was analyzed further using rRNA gene copy number as a proxy for inferring metabolic lifestyle. Microbes with higher rRNA copy numbers have been shown to have higher growth rates and exhibit copiotrophic lifestyles (Klappenbach et al., 2000; Stevenson and Schmidt, 2004; Yano et al., 2013; Roller et al., 2016). Marine sites during the 2018 hurricane season had higher average rRNA (rrn) copy number compared to estuarine sites during the 2018 hurricane season and all sites from non-hurricane conditions (Mann–Whitney U-test: W = 120, p < 0.001; Figure 5).
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FIGURE 4. Boxplots of microbial community diversity indices. Microbial communities at marine sites (>25 ppt) exhibited lower Shannon diversity (Mann–Whitney U test: W = 7, p < 0.01) and lower taxonomic evenness (W = 0, p < 0.001) within surface waters after hurricane conditions compared to non-hurricane conditions.
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FIGURE 5. Boxplots of average rRNA (rrn) copy number across samples. Hurricane condition marine sites had higher average copy number compared to hurricane condition estuarine sites and all sites from non-hurricane conditions (Mann–Whitney U-test: W = 120, p < 0.001).


Investigating changes to microbial community composition on a site-specific basis and in correlation to hurricane season, marine sites (>25 ppt) had higher proportion, or relative abundance of Flavobacteriia, Gammaproteobacteria, and unclassified Bacteroidetes while having lower relative abundance of Alphaproteobacteria in surface waters compared to non-hurricane conditions (Figure 6; Supplementary Figure S3). Hurricane-influenced estuarine sites (<25 ppt) were generally characterized by smaller changes in site-specific relative abundance, but nonetheless showed increased relative abundance of unclassified Bacteroidetes and decreased relative abundance of Alphaproteobacteria compared to non-hurricane conditions. These trends were further confirmed with SIMPER analysis showing the most influential classes in determining community composition between hurricane and non-hurricane samples at marine sites (Flavobacteriia: 15.62%; Gammaproteobacteria: 10.88%; unclassified Bacteroidetes: 9.77%; Planctomycetes: 6.26%; Alphaproteobacteria: 6.21%; and Sphingobacteria: 4.45%) and at estuarine sites (Gammaproteobacteria: 9.97%; Alphaproteobacteria: 7.62%; unclassified Bacteroidetes: 7.19%; Deltaprotebacteria: 4.98%; and Betaproteobacteria: 4.46%). When comparing taxonomic differences between environment types, Flavobacteriia, Alphaproteobacteria, and unclassified Bacteroidetes classes were more prevalent in surface waters during hurricane conditions, while Gammaproteobacteria and Deltaproteobacteria were more prevalent in the sediment during hurricane conditions (Supplementary Figure S4). Taxonomic classes that were more shared across hurricane-influenced sediment and surface water samples included unclassified Proteobacteria, Planctomycetia, and Sphingobacteriia.
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FIGURE 6. Boxplots of site-specific changes to microbial community composition in correlation with the 2018 hurricane season. Each data point represents difference in percent relative abundance of select taxonomic groups between sampling sites during the 2018 hurricane season and geographically similar sampling sites from 2019. Red line represents no change in percent relative abundance. Positive abundance values represent taxa that were more abundant during 2018 hurricane season, while negative abundance values represent taxa that were less abundant during 2018 hurricane season. Marine sites (>25 ppt, blue boxes) had higher proportion, or relative abundance of Flavobacteriia, Gammaproteobacteria, and unclassified Bacteroidetes while having lower relative abundance of Alphaproteobacteria in surface waters compared to non-hurricane conditions. Hurricane-influenced estuarine sites (<25 ppt, green boxes) were generally characterized by smaller changes in site-specific relative abundance, but nonetheless showed increased relative abundance of unclassified Bacteroidetes and decreased relative abundance of Alphaproteobacteria compared to non-hurricane conditions.




Shifts in Indicator Taxa and Prevalent Metabolic Pathways in Hurricane-Influenced Coastal Systems

Collectively, both estuarine and marine hurricane-influenced sampling sites contained significantly higher proportion, or relative abundance of pathogenic indicator taxa (i.e., Legionella and Prevotella; mean: 1.21%; SD: 1.03%) among classified genus-level taxa compared to non-hurricane conditions (mean: 0.05%; SD: 0.15%; Mann–Whitney U-test: W = 261.5, p < 0.001; Figure 7). Hurricane-influenced sites also exhibited higher relative abundance of lignin-degradation genes (surface water and sediment combined; average: 7.64 × 10−3%; SD: 2.97 × 10−3%) compared to non-hurricane conditions (average: 5.90 × 10−3%; SD: 1.80 × 10−3%), although metagenomic sample numbers limit statistical significance (Figure 7). The 2018 hurricane season was further correlated with decreased presence of important functional gene pathways at marine sites (i.e., the glycolysis pathway: 77.7% complete; citrate cycle: 87.5% complete; glyoxylate cycle: 80% complete; reductive pentose phosphate cycle: 63.6% complete; and 3-hydroxypropionate bi-cycle: 0% complete) compared to marine sites during non-hurricane conditions on average (i.e., the glycolysis pathway: 97.2% complete; citrate cycle: 100% complete; glyoxylate cycle: 100% complete; reductive pentose phosphate cycle: 90.9% complete; and 3-hydroxypropionate bi-cycle: 87.5% complete; Supplementary Figure S5), although metagenomic sample numbers limit statistical significance. Hurricane-influenced sites (marine and estuarine) also showed an increased diversification in nitrogen cycling genes [i.e., increased presence of ammonia oxidation genes (amoA), nitrification genes (nitrite reductase), denitrification genes (nitrate reductase and nirQ), and nitrogen fixation genes (nifU)] within surface waters (Supplementary Figure S6).
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FIGURE 7. Boxplot of percent relative abundance, or proportion of potential pathogens Legionella and Prevotella among classified genus-level taxa (left), and scatterplot of percent relative abundance of potential lignin-degradation genes across metagenomic samples (right). Hurricane condition samples contained significantly higher relative abundance of Legionella and Prevotella (mean: 1.21%; SD: 1.03%) compared to non-hurricane conditions (mean: 0.05%; SD: 0.15%; Mann–Whitney U-test: W = 261.5, p < 0.001).


Water quality measurements (i.e., TSS, DOC, and TDN in filtrates) did not vary between the 2018 hurricane season and non-hurricane season in this study (Supplementary Figure S7). Nonetheless, these variables did correlate with microbial community dynamics (Supplementary Figure S8). Communities were significantly correlated with salinity, TSS, TDN, and DOC (PERMANOVA test: salinity: R2 = 0.089, p < 0.001; total suspended solids: R2 = 0.045, p < 0.01; total dissolved nitrogen: R2 = 0.033, p < 0.05; and dissolved organic carbon: R2 = 0.362, p < 0.001).




DISCUSSION


Contrasting Correlations Across Habitats, Domains, and Putative Cell Activity

Spanning from 2016 to 2019, a total of 28 surface water samples and 35 sediment samples were collected at sites in North Carolina within the Albemarle Sound, Pamlico Sound, Oregon Inlet, and along an E-W transect toward the edge of the continental shelf and Gulf Stream. Bacterial communities within surface waters were correlated with shifts in community composition during the 2018 hurricane season (with or without the inclusion of 2016 samples), potentially affecting ecosystem function within the area. These community shifts within surface waters persisted up to 77 days after passage of the first sequential storm (Hurricane Florence), suggesting that extreme storms likely affected biogeochemical processes such as carbon cycling at this study site for a large portion of the 2018 hurricane season. These extended periods of microbial community disturbance could be a result of the long residence times often observed in this region for nutrients within the water column, as well as the general hydrological characteristics of the region (Paerl et al., 2001). The transport of freshwater microbes seaward and their subsequent interactions with marine carbon sources and marine microbial populations could further compound the scope of disruption impacting the local ecosystem following extreme storm events. The extremely low-lying characteristics of the region probably also contribute to inland flooding and subsequent nutrient discharge following tropical storms and hurricanes (Rudolph et al., 2020). The high nutrient loads accompanying these inland wetlands and agricultural areas could potentially fuel microbial production in estuarine and marine environments downstream, contributing to the shifts in the bacterial community composition and functional potential observed in this study. The lack of correlation between sediment microbial communities and the 2018 hurricane season suggests that any potential settling of terrestrial microbes from the water column onto the sediment following the storm events are predicted to have not affected sediment microbial community structure or function within the sampling time frame of this study (i.e., hurricane signals within the sediment may have returned to baseline conditions prior to our sampling). Further, these sediment communities may also be more resistant or resilient to system-wide disturbances and geochemical fluctuations compared to those within the water column (Bowen et al., 2011). This would be consistent with sediment communities exhibiting high rates of cell dormancy, inactivity, and endosporulation (Luna et al., 2002; Shade et al., 2012; Wörmer et al., 2019).

Unlike bacterial communities, archaea within surface waters did not exhibit shifts in community composition during the 2018 hurricane season. One explanation for this could be that Archaea exhibit lower taxonomic diversity in terrestrial soil environments compared to other environment types (0.72 ± 0.71 Shannon index value in soils compared to 1.70 ± 0.63 in marine sediments; Auguet et al., 2010). This probably limits the relative abundance of archaeal cells that get flushed seaward due to river surging and flooding. Marine archaea are mostly comprised of nitrifiers (e.g., Thaumarchaeota, or ammonia-oxidizing archaea) and heterotrophs (e.g., Euryarchaeota; DeLong, 1992; Santoro et al., 2019). These ammonia oxidizers are often considered oligotrophs and thus may not exhibit significant shifts in abundance during hurricane season. Similarly, Euryarchaeota may also be unaffected due to their known roles in breakdown of phytoplankton produced organic matter (Orellana et al., 2019). The lack of correlation between archaea and hurricane season could alternatively be viewed as a form of resistance or resilience to these disturbance events compared to bacterial communities. The vast diversity of archaeal metabolism types such as methane and alkane oxidation and bacterial symbiosis have only recently started to come to light (Baker et al., 2020), and this metabolic diversity could potentially play a role in the stability of archaeal communities during hurricane conditions. There could also be methodological limitations to identifying archaeal shifts due to primer selections leading to sequencing biases. Further studies focusing on increased metagenomic sequencing depth and using a greater number of samples could help to identify trends in archaeal genes and genomes responding to pulse disturbances such as hurricanes.

The overall bacterial and archaeal responses to extreme storms in this study were further confirmed by RNA-based microbial profiling. The differences seen between DNA and RNA profiles across bacterial and archaeal domains suggest that not all microbial cells within the sediment were active (Figures 3B,D). The greater significant difference observed for putative cell activity (DNA vs. RNA) across sediment microbial communities rather than the influence of hurricane conditions supports the occurrence of cell dormancy, inactivity, and endosporulation expected within sediments (Luna et al., 2002; Wörmer et al., 2019). Meanwhile within surface waters, both total and active portions of bacterial community compositions were significantly correlated with hurricane conditions (i.e., differences in microbial community composition during hurricane conditions were not merely artifacts of inactive or dead microbial cells; Figure 3A). Although the active and inactive portions of the microbial communities were important determinants of functional potential during the 2018 hurricane season, the most significant effects were observed across domains (i.e., archaea vs. bacteria) and environment types (i.e., sediment vs. surface water). Results from the community composition analysis suggest that both archaeal and sediment communities may be more resilient or resistant to hurricane conditions compared to bacterial communities within surface waters. The potential resistance of sediment communities is not surprising given that sediment environments exhibit less environmental fluctuations compared to within the water column, but the suggested resistance of archaeal communities in the water column could indicate a community stabilizing effect provided by archaea during environmental disturbance scenarios. Future studies focusing on increased resilience and resistance of archaea compared to bacteria within coastal aquatic systems could build upon the results in this study.



Shifts in Microbial Community Functional Potential During Hurricane Season

The whole-community trends above can be further strengthened by analysis of rRNA copy number, a proxy often used for inferring metabolic lifestyles within microbial communities. The increase in average rRNA gene copy number found at marine sites during the 2018 hurricane season in this study suggests increased abundance of copiotrophic microbial lifestyles (Figure 5), which supports the likelihood of increased offshore nutrient concentrations as a result of hurricane floodwater facilitated nutrient transport. These rRNA copy number results ultimately provide additional context to the whole-community disruption trends presented above. Further, increased nutrients and copiotrophs could potentially lead to competitive conditions that are unfavorable toward contrasting microbial lifestyles (i.e., oligotrophy; Schut et al., 1997), and as a result could disrupt the stability and overall function of the ecosystem in this region.

Shifts in abundance of individual taxonomic classes in correlation with the 2018 hurricane season in this study further suggest floodwater nutrient input into coastal waters (Figure 6). For example, Flavobacteriia and Gammaproteobacteria were higher in abundance at hurricane-influenced marine sites and are common marine heterotrophs that can break down a wide range of simple and complex carbohydrates (Edwards et al., 2010; Lawes et al., 2016; Liu et al., 2019). Decreases in relative abundance of the dominant marine Alphaproteobacteria taxa could be correlated to the oligotrophic lifestyles that characterize many of their members (Morris et al., 2002; Luo et al., 2013). Changes in the relative abundance of these taxa during the 2018 hurricane season is consistent with either transport of high nutrient loads offshore following the storm events, or taxa enrichment within nearshore environments prior to microbial transport to distances offshore. Taxonomic trends at estuarine sites in relation to the 2018 hurricane season showed minimal changes to relative taxonomic abundances. This could be indicative of estuarine sites returning to “baseline” conditions faster than marine sites (i.e., our sampling time periods may have missed the hurricane signature within the estuaries). Further comparisons of taxonomy across environment types, our results suggest that taxa more unique to sediment (Gammaproteobacteria and Deltaproteobacteria) may be stronger contributors to whole community resistance or resiliency compared to the shared taxa, while conversely, taxa more unique to surface waters (Flavobacteriia, Alphaproteobacteria, and unclassified Bacteroidetes) may be more vulnerable or less resistant or resilient compared to shared taxa during hurricane conditions (Supplementary Figure S4). Additional studies focusing on these taxonomic tendencies could provide more detail on functional impact of extreme storms and the potential resistance and resiliency toward environmental disturbance.

The increased relative abundance of pathogenic taxa represents another significant correlation with the 2018 hurricane season that has important implications for ecosystem health (Figure 7). This could result in an overall decrease in water quality and an increase in human health risks for coastal areas in North Carolina impacted by the 2018 hurricane season and potentially for future hurricane seasons. The exact source of these detected pathogens is not certain, but terrestrial runoff is the most likely scenario as both Legionella and Prevotella are well documented inhabitants of freshwater systems in the built environment and are often fecal indicators (Bennett and Bentham, 2006; Stewart et al., 2008; Arfken et al., 2015; Adyasari et al., 2019). The distribution of these specific pathogens could be unique to the Eastern North Carolina region as a result of the high concentrations of agricultural and animal production within this rural area (Niedermeyer et al., 2020), and further investigations following extreme storm events could be beneficial in supporting this regionally-specific trend.

There were no significant correlations between water quality variables and the 2018 hurricane season (Supplementary Figure S7) as noted earlier. This dissimilarity from the microbial results above suggests that microbes may have a higher residence time within the water column compared to hydrologic properties measured in this study (i.e., high nutrient signals may have returned to baseline prior to our sampling), or that water quality variables not quantified may have had an effect on the microbial community dynamics observed. Alternatively, another reasonable explanation for the variability could be the difference in size filtration between the dissolved geochemical variables (0.7 μm) and the microbial pool (0.2 μm). Microbial communities may have been more significantly influenced by submicron (<0.7 μm) sized organic materials, as colloidal and truly dissolved materials have significant differences in their nutrient and DOC associations (Guo et al., 1994; Herbert and Bertsch, 1995). Future studies aimed at capturing a wider spectrum of nutrient types and filtration sizes during hurricane season could potentially address the discrepancy between nutrients and microbes found in this study.

It is important to note that sampling for this study was conducted within different seasons of each year, and environmental factors associated with seasonality (e.g., length of day, temperature) could have therefore impacted microbial community dynamics. It is equally important to take the results themselves into context when determining potential degrees of influence from seasonality. For example, our results support the type of microbial response one would expect from large amounts of terrestrial organic material input into a marine system (i.e., decreased community evenness and diversity, and increased copiotrophic lifestyles and metabolic pathways; McGovern et al., 2020; Delpech et al., 2021; Figueroa et al., 2021). Previous studies have demonstrated correlation between seasonality variables (e.g., temperature) and cyclicity in microbial community compositions (Ward et al., 2017). Shorter lengths of daylight have also been correlated with increased diversity indices (Gilbert et al., 2012), and in the absence of storm derived floodwater influence, these findings are opposite of those in this study (Crump et al., 2009). Our results further argue against solely a seasonal trend, as neither sediment nor archaeal community compositions saw significant correlation with the hurricane season. For these reasons, we argue that important insight can still be gained from the results in this study even withstanding the potential for seasonal influences. We further suggest that for our geographic region of study, perhaps tropical storms and hurricanes are important to monitor alongside seasonality in order to predict changes in functional potential of microbes contributing to the health of an ecosystem.



Correlations of Metagenomic Data With Hurricane Season

Investigations beyond taxonomy into functional gene distributions across hurricane conditions help to link taxonomy to function within these coastal ecosystems impacted by hurricanes. For example, lignin-degradation genes can be used as a proxy for tracking terrestrial material input to coastal marine systems. Lignin-degradation genes in this study were more abundant during the 2018 hurricane season (Figure 7), which is consistent with increased input of bulky, recalcitrant carbon sources such as lignin into coastal waterways during the 2018 hurricane season (Yan et al., 2020). Note that lignin-degradation gene abundance was also higher at lower salinity sites as expected from increased proximity to these terrestrial sources. Lignin-based carbon sources are important to investigate because they could potentially persist in marine systems for extended time periods due to their recalcitrant nature and the complex degradation process required for their removal (Crawford and Crawford, 1980; Brown and Chang, 2014; Kamimura et al., 2019). The presence of these lignin-degradation genes supports the likelihood of recalcitrant terrestrial carbon sources persisting in marine systems during hurricane conditions, as well as an increase in carbon remineralization potential due to terrestrial microbes and organic matter introductions to the marine system.

The disruptions to microbial community composition and functional potential observed in this study are further supported by important shifts in metabolic pathways during hurricane conditions compared to non-hurricane conditions (Supplementary Figures S5, S6). Decreased presence of pathways involved in the breakdown of simple sugars and carbohydrates via the glycolysis pathway and citrate cycle could indicate a shift toward increased breakdown of more complex biopolymers such as lignin, or a general shift toward alternative biosynthesis pathways. This persistence could be one avenue leading to microbial community disruptions without a significant difference observed for water quality measurements taken during this study. The decreased presence of genes associated with the glyoxylate cycle at hurricane-influenced marine sites is notable because this pathway is utilized for mineralization of organic matter via acetate as an intermediate carbon source and has been positively correlated with SAR11 relative abundance, the most abundant marine heterotroph (Zhuang et al., 2019). The lower relative abundance of this gene pathway at marine sites could be a result of injections of terrestrial microbes into the system causing an imbalance within the microbial community, or from shifts toward communities dominated by copiotrophs (i.e., within the Flavobacteriia and Gammaproteobacteria clades) rather than oligotrophs such as SAR11 (Alphaproteobacteria). Additionally, marine sites during hurricane season recovered fewer genes for reductive pentose phosphate cycle, an important pathway for photosynthesis (Bassham, 1979), and for 3-hydroxypropionate bi-cycle, a carbon dioxide fixation pathway for photosynthetic bacteria (Tabita, 2009; Zarzycki and Fuchs, 2011). This could potentially suggest less primary production occurring at hurricane-influenced marine sites compared to non-hurricane conditions and would be consistent with an overall shift at offshore sites from autotroph-dominated to heterotroph-dominated metabolisms. The increased presence of ammonia oxidation genes (amoA), nitrification genes (nitrite reductase), denitrification genes (nitrate reductase and nirQ), and nitrogen fixation genes (nifU) are consistent with an overall increase in nitrogen-based runoff to the coastal marine system during hurricane conditions, likely due to riverine and wetland flooding. While the metabolic pathway data from metagenomic sequencing represents functional potential only, future studies on hurricane-influenced metabolic pathways could benefit from RNA-based transcriptomics analyses to better understand active functional roles of these pathways.



Conclusion

Overall, this study highlights the impact of extreme storms on coastal microbial communities and suggests that these impacts are highly dependent on the geographic characteristics of the study site. Other studies have shown variable degrees of impact from extreme storms on microbial communities, and our results provide evidence implying significant disruption to coastal ecosystem function throughout the latter part of the 2018 hurricane season (October through November). As opposed to a discrete, stochastic response to a single disturbance, the continual nature of hurricane season in Eastern North Carolina suggests a corresponding longevity for microbial impacts and disruptions to biogeochemical cycles. Of particular importance, we found contrasting correlations among habitats (i.e., surface water vs. sediment), taxonomic domains (i.e., bacteria vs. archaea), and putative cell activity (i.e., DNA vs. RNA). Moreover, trends in geochemical variables (i.e., TSS, DOC, TDN) were uncoupled from microbial populations isolated in this study. The weak correlations evident between microbial community composition and water chemistry (salinity excluded) imply that microbes were either more sensitive to extreme storm disturbances or were affected for a longer period of time compared to hydrologic properties measured in this study. These results further support the context-dependent nature of pulse disturbance scenarios, and understanding these variable contexts is critical for improving the link between taxonomy and function of hurricane-influenced microbial communities. These communities were further characterized by decreases in taxonomic evenness and Shannon diversity, as well as shifts toward individual taxa and metabolic pathways characteristic of increased nutrient concentrations and decreased water quality during hurricane conditions. The shifts in relative abundance of copiotrophs, pathogenic taxa, and carbon and nitrogen cycling genes suggest a potential transition from autotroph-dominated to heterotroph-dominated microbial communities during hurricane conditions. Further studies across a broader range of water quality variables and size filtrations could potentially build upon the disconnect between microbes and geochemistry observed in this study.

The lasting impacts on microbial communities from hurricanes may cause significant disruptions to nutrient cycling within a geographic area that fuels a large portion of primary production in the North Atlantic Ocean (i.e., The Gulf Stream). Significantly altered marine microbial communities due to extreme storms would have important consequences for regional nutrient cycling with increased atmospheric CO2 inputs being counter-productive for warming global climates. It is important to note that the processes shaping microbial community function are highly complex and the correlations with the 2018 hurricane season shown in this study may also be influenced by other unknown external processes. Sampling across additional years was outside the scope of this project, but the changes in microbial community composition and functional potential observed during the 2018 hurricane season can ideally be used as building blocks for future studies aimed at identifying annual trends, resolving seasonality, and predicting the microbiological impact of increased intensities and frequencies of extreme storms that are thought to accompany a warming global climate. As we expand our understanding of microbial responses to extreme weather disturbances, we can further improve our knowledge of the potential fate of future global oceans.
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sample site Cape Evans New Harbour

Date sampled (da/mm/yyyy) 17711/2017 711112017
Sea water temperature (°C) -0.85 max ~1.69 max
~1.90min -1.96min
Sea ice characteristics
Thickness (m) 20 35
Snow cover Minimal Minimal
Surface Smooth Smooth
Persistence First-year Multi-year
Last fast-ice breakoLt Feb-Mar (2017) Feb-Mar (2016)
Sediment geochemistry
Chiorophyll a content (ugg~" 14208 102024
sediment)
Pheophytin content (ugg™" 726025 0510.14
sediment)
% Total organic carbon (TOC) 0.33+0.04 0.17£0.01
% Total nitrogen (TN) 0.05:0.01 0.02:0.00
5°C (%) -2026+0.01 -2190£0.73
575N (3%o) 416023 4312068

Al sediment geochemistry data given as mean + 1 SE (n=4 and 5, respectively).
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Variables Pseudo-F P r Prop.  Cumulative

Chia 16012 01701 02429 02426  0.2426
Bacterial 21094 01233 05041 02615 05041
abundance

pH 08383 05331 06124 01083 06124

Viral sbundance 06514 06497 07076  0.0952  0.7076

The response variables were transformed in log (X+1) and then converted into Euciidian
distance similarities matrices. The Pseudo-F and the values of p were obtained by
permutation (n=9,999).
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ID Species Previously cultivated from Degradation potential and bioactive compounds References
other hosts/environments
1. Aspergillus proliferans Marine, terrestrial soil, in-door, o Chitin degradation, Kanmani et al., 2011; Kim
HF citrus, grapevine e Synthetic, or reactive dyes (aniline blue and congo etal., 2013; Chen et al,,
red) degradation, Laccase enzyme production 2017; Hassan et al., 2018
2. Bartalinia pondoensis Bamboo e Suppress salicylic acid, Arzanlou, 2012;
HF, S, B Saraca asoca, Clerodendrum o Anticancer activity, Navarro-Meléndez and Heil,
inerme, Phaseolus lunatus e Detectable volatile compounds 2014; Crous et al., 2015;
Gong et al., 2015; Rashmi,
2019
3. Epicoccum sorghinum Alir, soil e Tenuazonic acid production, Jinetal., 2017; Liet al.,
HFE S Dendrobium officinale (stem e Biocontrol agent against phytopathogens, 2017; Braga et al., 2018;
and roots), Camporesia e Antimicrobial activity Oliveira et al., 2018
sambuci
4. Cladosporium sp. HF, Number of macroalgae o Antioxidant activity Flewelling et al., 2015
S, B o Insecticidal activity
5. Talaromyces Soil, seawater, root halophytes, o Antimicrobial activity against Staphylococcus Peter et al., 2012; You
assiutensis Citrus macropter epidermidis, et al., 2014; Phonrod et al.,
B o Anti-inflammatory, 2016; Wang et al., 2016;
o Anti-bacterial, Cai et al., 2020; Deka and
e Cyclopentenone derivative, phenolicethers derivative, Jha, 2020
itaconic acid derivative
6. Truncospora Taxus chinensis, Centella e Anti-cancer compound Ben Younes et al., 2007;
tephropora HF, S asiatica e Pyricularia oryzae activity, Goémez-Toribio et al., 2009;
e Sesquiterpenoid, perenniporin, ergosterol, Wu et al., 2013
decahydro-2,2,5,8-tetramethyl-2H-naphtho[1,8-
bc]genfuran-5-ol, and albicanol,
o Cytotoxicitic metabolites,
o Alkaline resistant laccase production,
e Liquid waste detoxification
7. Penicillium corylophilum Soil, waste water, o Antibacterial activity, Zhang et al., 1997; Garcia
HFE S, B Alnus glutinosa root, Calotropis o Glyceryl trinitrate (GTN), Silva et al., 2004; Nicoletti
procera leaf, Picea glauca e Organic matter removal and degrading hydrocarbons, etal, 2014; Rai et al., 2014
needle, Withania somnifera o Gibberellic acid production
stem
8. Penicillium sp. HF, S, B Macroalgae o Antioxidant activity Flewelling et al., 2015
e Insecticidal activity
9. Penicillium fagi HF, S, B Fagus silvatica e Water-soluble greenish blue pigments Martinez and Ramirez,
1978; Mapari et al., 2005;
Boubhri et al., 2020
10. 11. Mucor circinelloides HF, Soil, plants and decaying fruits, o Biotechnology, Abdel-Hafez et al., 2015;

S, B

Vitis vinifera,
Eichhornia crassipes, Alternaria
porri

o Biodiesel production,

e Human health/fatal infection,

e Proteases production,

e Light sensing by three photoreceptor genes,
o Caratenogenesis

Zhao et al., 2016; Vellanki
etal, 2018

The table summarizes other environments from which the respective isolates have been cultivated previously and their known degradation potential. None of these species
was present at marinefungi.org website.
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ID

Aspergillus proliferans
Bartalinia pondoensis
Epicoccum sorghinum
Cladosporium sp.
Talaromyces assiutensis
Truncospora tephropora
Penicillium corylophilum
Penicillium sp.
Penicillium fagi

Mucor circinelloides
Mucor circinelloides
Fusarium gibbosum
Ganoderma sessile
Pleurotus ostreatus
Lentinula sp.

3 weeks 6 weeks
ABTS RBBR CR Tol Bromo ABTS RBBR CR Tol Bromo
- ++ + + ++ ++ ++ +
++ + ++ ++ ++ ++ ++ +
++ ++ ++ ++ ++ ++ ++ ++ +
++ ++ ++ ++ ++ ++ ++ —t +
+ ++ + ++ ++ —t ++
++ ++ ++++ ++ ++ ++ ++ ++ ++
- ++ + + ++ ++ —+ +
++ + ++ ++ ++ ++ +—
++ + + ++ ++ ++
++ + + ++ ++ ++
++ + ++ ++ ++ ++ ++
++ + + ++ ++ ++ +
++ ++ ++ + ++ ++ ++ ++ ++ ++
++ ++ + + + + ++ ++ ++ ++
++ ++ ++ ++ ++ ++ ++

Positive degradation activities are displayed using a semi-quantitative scale after visual interpretation of changes: blank, no growth, gray, growth but no hydrolysis; “+,”
low hydrolysis ability; “++,” high hydrolysis ability. 2,2’-Azino-bis 3-ethylbenzothiazoline-6-sulfonic acid (ABTS) relates to laccase; Remazol Brilliant Blue R (RBBR) relates
to lignin degradation; Congo Red (CR), Toluidine (Tol), and Bromocresol Green (Bromo) relates to triarylmethane and heterocyclic degradation, respectively. Isolates from

E. radiata are in bold text.
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3 weeks 6 weeks 12 weeks

ID ABTS RBBR CR Tol Bromo ABTS RBBR CR Tol Bromo ABTS RBBR CR Tol Bromo
Aspergillus proliferans B B B
Bartalinia pondoensis + T4

Epicoccum sorghinum

Cladosporium sp. + B
Talaromyces assiutensis

Truncospora tephropora

Penicillium corylophilum + B ++ B B
Penicillium sp. B B B B
Penicillium fagi B B B
Mucor circinelloides + + ++ +
Mucor circinelloides + + ++ +

Fusarium gibbosum

Ganoderma sessile +

Pleurotus ostreatus

Lentinula sp.

Positive degradation activities are displayed using a semi-quantitative scale after visual interpretation of changes: blanks, no growth; gray, growth but no hydrolysis; “+,”
low hydrolysis ability; “++”, high hydrolysis ability; B, visible breathing droplets on plates. 2,2’-Azino-bis 3-ethylbenzothiazoline-6-sulfonic acid (ABTS) relates to laccase;

Remazol Birilliant Blue R (RBBR) relates to lignin degradation; Congo Red (CR), Toluidine (Tol), and Bromocresol Green (Bromo) relates to triarylmethane and heterocyclic
degradation, respectively. Isolates from E. radiata are in bold text.
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LCHpH LCLpH HCHpH

(Present DIC and pH) (Reduced pH) (Ocean carbonation)

Growth rate (d-') 1332001 1.16£0.02° 1.58 + 0.06° 1272002
Chla (pg cell) 011001 007 £0.01° 0442001 0.12£0.01¢
Carotenaid (pg cell) 0.08+002* 006 001" 0422001 008001
Car: Chi ratio 0732003 078 £0.01° 0.8320.02 069001
(ETRy (arbitrary unit 25214 £ 10.84° 197.71 % 12.10° 308.87 £ 15.57° 24118 £ 7.21°
a 058 +0.08% 053001 070 £ 0.03° 060+0.031°
, (umol photons m-2 5-') 433.78 £ 13.68" 370,10+ 19.12 439.98 + 30.39" 402.49 £ 23.21%
PIC content (pg C cel) 417 £029° 1.80£0.29° 558027 265+0.18°
POC content (pg C cel-) 10.06 029" 11.87 £ 0.16° 14.530.70° 11.44 2 0.46°
PON content (pg N cell-) 1.68+0.06" 2132015 2252007 181005
PIC/POC ratio 0422004 0.15£0.02° 038 +0.08" 023002
POG/PON ratio 6.00+0.36° 559 +0.41* 6.47  0.48" 63420.26%
Protein (pg cell”) 5.76 £ 023" 6.28  0.52* 924 20.11° 5.86.x 0.42*
Carbohydrate (pg cel”') 334.£018" 3.55+0.26" 5.1920.18° 4612017
Protein-C: POC (%) 3039188 2802+ 2.09" 3376127 2713154
Carbohydrate-C: POC (%) 13.28 + 0.87% 11.96:+ 1.00° 14.31 £ 087 16142 0.81°
Chi-C: POC (%) 078005 0.45+0.01° 0.72£0.04* 0.78 £ 0.04*
Carotencid-C: POC (%) 061002 038001 0,65 £0.04* 0.58 003"
Protein-N: PON (%) 54.93  1.60° 47.27£4.99 65.76 £ 2.58° 51.9223.59°
Chi-N: PON (%) 0.40£001* 022002 0402001 042.0.02*

Different letters (2, b, c, d represent significant differences between four treatments (Tukey post hoc, p<0.05). Values in italic indicate signiicant lower and those in bold indlicate.
significant larger under the LCLpH (reduced pH), HCHoH (ocean carbonation), and HCLPH (ocean acidification) treatments in comparison with the LCHpH (oresent DIC and pH)
treatment. For more information, please see Table 2.
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pCO,

oH T bic HCO3 o3~ co,
(uatm) (total scale)  (umolkg™)  (umolkg™)  (umolkg™)  (umolkg™)  (umolkg™)
LCHpH Start 405 8.04 2,236 1983 1786 183 13.2
(Present DIC and pH) End 32216 8.11:0.01 2,133+10 185410 164711 196+2 10.5+0.2
Change 2061% 007 461% 651% 7.60% 7.09% 2061%
LOLpH Start 423 7.70 976 906 852 P 188
(Reduced pH) End 33947 7.782001 84716 77657 72816 361 111202
Change 19.82% 008 13.28% 14.42% 14.58% 9.00% 19.82%
HCHpH Start 1,006 8.04 5,432 4,927 4,439 455 329
(Ocean carbonation) ~ End 880+49 8.08+0.02 5229+17 4,702+33 4,205+46 468+16 287+16
Change 12.50% 0.04 3.74% 4.57% 5.26% 2.73% 12.50%
HCLpH Start 1,006 7.70 2,264 2,157 2029 95 329
(Ocean acidification) ~ End 90114 7.72£0.01 2162217 205017 1925£15 962 29.4x0.4
Change 10.44% 0.03 4.47% 4.97% 5.14% 1.17% 10.44%

Data are one replicate at the start of the incubation and means +sd of 4 replicates at the end of the incubation.
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Region Nex(nm) Fy/Fm opsil NPQysy 1/1es agTR ETRmax Ej

NWP 447 0.31(0.08) 67(17) 2.92(0.99) 0.33 (0.05) N/A N/A N/A
447 + 519 + 634 0.51(0.07) 79(28) 1.49 (0.36) 0.41 (0.11) 0.52 (0.18) 388 (185) 846 (472)

NIO-SL 447 0.18 (0.08) 145(55) 7.47 (3.98) 0.31 (0.15) N/A N/A N/A
447 + 519 + 634 0.29 (0.05) 140(8) 3.17 (1.02) 0.41 (0.04) 0.67 (0.35) 374(272) 524(136)

N/A represents that data is not available.
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Region  Stn.

NWP K3
K4
K5
K6
K7
K8
K10
K12
K13
K14
K14a
Mean
NIO-SL  DT-01
DM2-2
SL1-2
Mean

Lon.

130.42
135
140
145
150
165
145
135
130

127.92

124.37

79.50
80.96
82.20

Lat.

18.6
17.2
14:2
17.2
141
11
11
11
11
15.5
19.12

6.49
5.50
6.50

Sampling date Local time

2019-05-03
2019-05-20
2019-05-21
2019-05-23
2019-05-25
2019-05-28
2019-06-02
2019-06-06
2019-06-07
2019-06-09
2019-06-10

2020-01-05
2020-01-06
2020-01-07

05:11
06:08
06:19
07:38
06:06
05:58
05:19
07:42
05:46
07:45
06:42

06:15
06:25
05:54

Temp Sal.
28.8 34.6
29.8 34.6
29.3 34.2
29.5 34.3
29.4 34.4
202 34.4
29.6 34.3
29.9 34.3
29.9 342
30.5 34.6
30.2 34.4
29.6(0.5) 34.4(0.2)
29.3 33
28.7 33.9
28.9 33.9

28.9(0.2) 33.6(0.4) 25.6(14.3) 0.27(0.03) 47.7(2.5)

MLD

16
23
16
31
18
42
32
21
35
23
25

25.6(8.0)

9
44
24

Chl-a PAR
0.04 60.7
0.05 51.6
0.07 56.4
0.05 53.5
0.03 58.2
0.05 57.3
0.05 51.6
0.07 52.9
0.06 42.6
0.05 48.8
0.04 M7
0.05(0.01) 53.3(2.7)
0.26 50.7
0.32 44.6
0.24 47.9

BLD represents that data value is below the detection limit (1 nmol fi ). N/A represents that data is not available.

Bold values indicate mean values with standard deviation.

NO,+NO5_

BLD
BLD
13.2
5.7
4
55
8.1
BLD
4.6
BLD
38
6.4(3.1)
150
240
100
163(58)

PO,45_ N/P
27.1 N/A
26.5 N/A
32.7 0.40
35.0 0.16
50.1 0.08
131.8 0.04
765 0.10
59.2 N/A
355 0.13
12.2 N/A
16.6 0.23

45.7(32.5) 0.16(0.11)
110 13
110 2.2
310 0.3

177(94)  1.27(0.77)
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Region Stn. AETR ETRpE) Ex

K3 0.24 366 1;528
NWP K4 0.37 393 1,062
K5 0.53 169 319
K6 0.5 849 1,698
K7 0.6 219 365
K8 0.42 352 838
K12 0.58 264 455
K13 0.96 282 293
K14 0.53 529 998
K14a 0.5 455 910
Mean 0.52 388 846
(0.18) (185) (472)
NIO-SL DT-01 1418 757 670
DM2-2 0.62 218 341
SL1-2 0.27 151 560
Mean 0.67 374 524
(0.35) (272) (136)
P 0.39 0.39 0.39

Regional mean value (SD) was presented in bold.
Kruskal-Wallis t-tests results are shown comparing the difference between the
regions.
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Region Stn. Fo FV/Fm opsil NPQNSV NPQNSV?Ek 1/TES

NWP K3 0.30 0.46 119 1.35 1.42 0.45
K4 0.22 0.62 02 1.19 0.97 0.36

K5 0.36 0.52 81 1.08 2.08 0.36

K6 0.4 0.42 Ll 1.98 1.60 0.36

K7 0.33 0.48 81 1.29 1.94 0.56

K8 0.13 0.50 52 1.86 2.18 0.36

K10 0.03 0.62 15 2.4 N/A 0.15

K12 0.11 0.47 89 1.36 1.58 0.40

K13 0.10 0.65 121 0.94 1.78 0.48

K14 0.11 0.563 73 1.48 1.65 0.48

Ki4a  0.08 0.42 88 1.76 1.58 0.59

Mean 0.19 0.51 79 1.49 1.67 0.41
(0.12)  (0.07) (28) (0.36) (0.33) (0.11)

NIO-SL  DT-01 1.9 0.36 137 1.97 1.96 0.42
DM2-2  0.62 0.23 162 4.48 5.46 0.36

SL1-2 1.1 0.29 132 3.06 74 0.46

Mean 1.2 0.29 140 3.17 4.84 0.41
0.5) (0.05) 8) (1.0) (2.14) (0.04)

P 0.01 0.01 0.01 0.024 0.01 0.9

Regional mean value (SD) was presented in bold.
Kruskal-Wallis t-tests results are shown comparing the difference between the
regions. Values in bold indicate significant differences where p < 0.05.
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LogioC = 0.94 x LogigV — 0.60 (for other algae)  (4)
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Culture medium N (pg cell") P (pg cell") N:P ratio

F/2 13.19£0.71 0.71£004 Bl
F/2 without N 659026 0.96£0.03 15

All data were from (!
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Inorganic N Inorganic P N:P ratio

Nig, 175 27 64
N 175 109 16
N.. 438 109 4
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Parameters Temp Chl-a PAR NO,; + NO3_ POg3_ N/P

Fu/Fm 0.546 0.601 —0.632
0.043 0.023 0.014
n=14 n=14 n=10

opsy 0.563 0.772

0.036 0.009
n=14 n=10

NPQnsy 0.648 0.565

0.043 0.035

n=10 n=10

Only significant correlation (bold values) between two variables (o < 0.05)
was presented.
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Stn. ETRpour Dec pen

K3 5.5 7.6 8.7
K5 5.9 6.4 11.0
K8 4.7 6.2 9.0
K13 12 6.8 21
K14a 5.4 6.2 10.4
DT-01 7.4 5.7 16.4
DM2-2 3.7 5.7 7.8
Mean 6.3(2.5) 6.4(0.6) 11.9(4.4)

Bold values indicate mean values with standard deviation.
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Single effect Factor interaction
Parameter Factor dft a2
F P F P
Ingestion rate on high-N prey NP ratio 2 21 664 00058 079 0.4678
Temperature 1 21 77.94 <0.0001
Ingestion rate on low-N prey NP ratio 2 21 4323 <0.0001 517 00149
Temperature 1 21 2758 <0.0001
Prey selectivity (a) NP ratio 2 21 43.42 <0.0001 291 0.0767
Temperature 1 21 2058 <0.0001
Total ingestion rate NP ratio 2 21 7.84 00029 002 09834
Temperature 1 21 81.09 <0.0001
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Species Cell abundance ratio (%) Dominance

Trichodesmium thiebautii 61.88 0.0967
Coscinodiscus argus 6.15 0.0423
Thalassionema nitzschioides 3.57 0.0340
Thalassionema frauenfeldii 3.38 0.0296
Trichodesmium erythragum 18.11 0.0170
Prorocentrum lenticulatum 1.94 0.0169
Thalassiothrix longissima 0.51 0.0029
Coscinodiscus subtilis 0.48 0.0028
Eunotogramma debile 0.49 0.0021

Prorocentrum compressum 0.45 0.0021
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Depth Month Duration ADOC DOC rate R2 n Duration ATDAA C TDAA C rate R2 n
(days) (wmol L) (nmol L1 d~1) (days) (wmol L) (nmol L= d~7)

0-120 m April-August 136 3.2 24 043 9 136 0.03 0.2 01 6

production

120-300 m April-August 136 4.0 30 049 9 136 0.10 0.7 06 6

consumption

Rates were derived from linear regression with R? and number (n) of data points shown.
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Time Cruise Station DOC TDAA Metabolites BA BP DNA
July 2016 BIOS-SCOPE AE1614 HS X % X X X X
July 2016 BATS 10326 BATS X %
August 2016 BATS 10327 BATS X X %
September 2016 BIOS-SCOPE AE1620 HS X X % X X X
September 2016 BATS 10328 BATS X X X
October 2016 BATS 10329 BATS X X X X
November 2016 BATS 10330 BATS X X ¥ X
December 2016 BATS 10331 BATS X % X X
January 2017 BATS 10332 BATS X X X X
February 2017 BATS 10333 BATS X % X
April 2017 BIOS-SCOPE AE17083 BATS X X ¥ X X
April 2017 BATS 10334 BATS X X X
April 2017 BATS 20334 BATS X % X
May 2017 BATS 10335 BATS X X X % X
May 2017 BATS 20335 BATS ¥ X
June 2017 BATS 10336 BATS X X
July 2017 BIOS-SCOPE AE1712 BATS X X X X X
July 2017 BATS 10337 BATS X % X
August 2017 BATS 10338 BATS X % X %
September 2017 BATS 10339 BATS X X X %

Samples are from two stations: Hydrostation S (HS, 32°10" N, 64°30" W) and Bermuda Atlantic Time-series Study site (BATS, 31°40' N, 64°10" W). DOC: dissolved

organic carbon, TDAA: total dissolved amino acid, BA: bacterioplankton abundance, BP: bacterial production.
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holines
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holines
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amines
amines
amines
amines
amines
amines
amines
amines
lamines
amines
amines

amines

hano

amines

Bile acids and derivatives

Other Glycerophospholipids

Glycerophosphates

Phosphosphingoli

pids

RT

19.902
17.251
19.376
17.84
14.714
17.835
18.738
13.289
16.612
18.469
15.457
18.154
14.757
12.438
20.767
16.512
7.549
19.629
14.717
9.127
13.527
0.946
16.299
22,134
15.427
12.299
19.577
21197
14.093
11.828
17.82
17.099
16.066
17.465
17.506
18.744
15.691
16.549
8.839
20.951
3.953
17.205
12.303
16.164
21.665
10.633
3.388
2.043
4.491
14.846
12.205
13.058
1.229
2.064
15.429
13.041
15.889
12.794
2.388
15.84
14.065
14.05
14.832
2.181
2.949
13.344
1.986
14.958
14.944
15.5
4746

10.633
10.68
14.98

Mw

844.62783
810.58572
830.61168

828.5959
796.5333
842.6116
812.60128
768.50235
796.5699
842.61183
846.55236
798.5855
792.50538
818.51756
882.6431

1,649.13028
760.44013
800.60171
786.54897
776.47078
866.52094
788.47124

1,473.05044

1,038.78583
720.49411
740.46268

952.6745
832.61914
796.51613
714.44694

1,098.69968
1,072.6759

1,020.64492
998.66072

1,074.69166

1,000.67935
994.62916
1,046.6605

762.4466

1,006.72378
512.31077

1,048.67647
794.50964
74853171
1,036.7705
821.51167
555.35194
579.35316
560.36864
801.55194
847.53582
849.55163

535.2892
565.33693
721.49724
735.48352
765.53126
685.46822
451.26933
723.52023
711.48427

687.4837
663.48381

477.2847
479.30054

695.4817
525.28436
609.49647
563.49096
535.49586
450.33401

768.48079
760.59645
748.57318

Formula

CueHgs010
CusHg2011
CusHg4010
Cu5Hg2010
Ca3H74010
Cu5Hg2010
CupHgaO11
C41H70010
Cy5Hg0011
CueHs4010

Cy5Hg2012S

Cy5Hg2011

C41H76012S

C45H72010
Ca9HgO10

Cus Hrg010

C41Hs2010
Cys5HgsO11
C41H74010
C41He4010

C47H78012S

Ca3Hss010
CagH77010
Ceo H111011

CagH73010P

CaoHs9O10

Cs4 Ho7O11P

CusHgeO10
Ca4H77010

CagHs7010P

Ce6HooO11
Ce4Hg7011
CsoHg3O11
CsgHgs011
Ce4HggO11
CsgHg7O11
CsgHg1011
Ce2Hgs5011
Ca2Hs7010
CsgH103011

C24H4909P

P

Ce2Hg7014
Ca4H75010

CaoH77010
CsoH109011
C44H74NOg
CasHs2NO7
CasHs50NO7
CasHs4NO7
C42H78NOg
CusH76NOg
CusH7gNOg
C24H44NO7
CoHsoNO7
C41H72NO7
C41H70NOg
Cy3H76NOg
Ca7HegNOg
Ca21H42NO7
C41H74NO7
CagH70NOg
Ca7H70NOg

CasH70NOg
Ca3H44NO7
CasHssNO7

CagH70NO7

Ca7H44NO7

P

P

P

P

P

P

P

P

P

P

P

P

P

P

P

P

P

P

P

CasHesNO4
CasHesNO4
Ca4HesNO3

Co7H460s

C45HeoOgP
C43Hgs0gP

CagH79N206P

RT, HPLC-MS/MS retention time (min); MW, molecular weight; VIR, variable importance in the projection.

Log,FC

—4.90
-5.19
—6.35
-5.70
—-1.92
—4.82
—5.29
—1.83
—5.83
—4.21
—5.25
—6.81
2.86
—1.68
2.62
—2.16
—4.13
—4.69
—1.68
—1.63
2.30
-2.21
—2.60
-2.13
2.03
2.56
2.1
2.93
1.80
214
-2.16
3.03
2.53
2.62
2.55
1.88
2.58
297
3.02
1.63
1.29
1.65
1.87
—-1.26
—1.55
-2.16
2.42
1.83
1.51
—2.00
-2.19
—-1.92
2.79
1.50
1.80
1.75
1.63
1.96
2.25
6.46
1.62
1.95
4.51
1.83
1.74
1.43
1.75
5.03
5.52
5.49
212

—2.61
—3.45
3.30

p-value

<0.001
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<0.001
<0.001
<0.001
<0.001
<0.001
<0.001
<0.001
<0.001
<0.001
<0.001
<0.001
<0.001
0.001
0.001
0.001
0.001
0.001
0.002
0.016
0.021
<0.001
<0.001
0.001
0.002
0.002
0.003
0.003
0.004
0.006
0.008
0.011
0.012
0.012
0.013
0.014
0.014
0.014
0.028
0.029
0.032
0.035
0.042
0.050
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0.007
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0.012
0.021
0.023
0.030
0.031
0.035
0.044
0.006
0.007
0.050
0.012

<0.001
0.001
0.001

VIP

3.02
3.28
4.06
3.92
1.19
2.96
3.61
1.14
3.22
2.48
3.76
3.63
1.85
1.04
1.71
1.36
2.42
2.48
1.08
1.09
2.23
1.66
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1.34
1.28
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1.37
214
1.28
1.68
1.27
212
1.95
2.03
2.00
1.30
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2.46
2.15
1.26
1.21
1.07
1.26
1.00
1.08
1.38
177
1.17
1.33
1.04
1.18
1.01
1.34
1.27
121
1350
1.04
1.31
1.54
3.42
1.08
1.19
1.86
1.95
1.76
1.25
1.81
2.24
2.38
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1.14
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2.01
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Cell quotas (wmol-cell-1) Elemental ratios

Treatment Carbon Nitrogen Phosphorus Biogenic silica C:N C:P N:P BSi:C
20°C Nitrate 358 x 1076 517 x 1077 517 x 1078 8.76 x 10~ 7.250* 137.525* 14.098* 0.124*
PAR (7.16 x 10~7) (3.02 x 1077) (4.87 x 1079) 6.75 x 1078) (1.7) (14.77) (1.05) .01)
20°C Nitrate 4,60 x 1076 9.38 x 1077 8.33 x 1078 9.02 x 10~7 6.890" 142.951* 14.758 0.082*
uvB 9.19 x 1077) (2.86 x 1077) (1.00 x 10~8) (1.43 x 1077) (1.30) (42.62) (2.54) (0.03)
20°C Urea 4,65 x 106 7.08 x 10~7 5.39 x 108 8.06 x 107 7.697 133.590* 15.030 0.112*
PAR (4.29 x 1077) (1.21 x 1077) (2.47 x 1079) (7.48 x 1078) (0.32) (8.74) (0.58) (0.01)
20°C Urea 477 x 1076 8.83 x 107 7.41 x 108 8.25 x 107 6.827* 113.250* 14.336* 0.099*
UvB (9.96 x 1077) (2.54 x 1077) (6.11 x 1079) (4.63 x 1078) (0.27) (7.16) (1.79) (0.01)
25°C Nitrate 7.73 x 1076 9.45 x 10~ 6.17 x 1078 8.07 x 10~7 8.179* 120.871* 15.214 0.109*
PAR (3.62 x 1077) (1.09 x 1077) (4.01 x 1079) (1.97 x 1077) 0.18) (11.56) (1.56) (0.08)
25°C Nitrate 111 x 105 1.30 x 106 9.69 x 1078 117 x 1076 8.037* 95.919 12.951* 0.127*
uvB (1.22 x 1079) (2.18 x 1077) (1.67 x 1078) (1.58 x 107) (0.86) (2.49) (2.85) .01)
25°C Urea 6.28 x 1076 8.52 x 10~ 8.30 x 1078 1.01 x 1076 7.474 91.147* 11.157 0.142*
PAR (5.10 x 1077) (7.90 x 1078) (2.79 x 1078) (1.19 x 1077) (0.35) (16.68) (2.34) (0.01)
25°C Urea 1.28 x 105 1.60 x 106 1.18 x 107 112 x 10-6 7.613 92.567* 12.829* 0.103*
UVB (2.67 x 1077) (3.32 x 1077) (1.43 x 1078) (8.85 x 1079) (0.34) (4.84) (1.89) (0.004)

For elemental ratios, * indicates values that are significantly different from Redffield Ratio. Numbers in parentheses represent standard deviations of the mean (n = 3).
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