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Editorial on the Research Topic
 Hormones and Life History Strategies




INTRODUCTION

Considering the hormonal contributions to life history strategies opens an exciting area of integrative research within evolutionary ecology. Through the course of its life, an organism must appropriately allocate resources between survival, growth, maturation and reproduction: these patterns are captured in the animal's life history. Life history encompasses timing of reproduction and number of offspring, and these characteristics ultimately determine a population's size and structure, shaping the ecology, and evolution of a species. Hormones are systemic signaling molecules that coordinate cellular activities between disparate organ systems. Endocrine factors mediate life history tradeoffs and transitions across diverse metazoan species. Indeed, hormones regulate the timing of hatching or birth, determine the tempo of development, trigger the onset of ecological transformations such as metamorphosis, and regulate reproductive cycles (see Figure 1). By coupling hormonal axes to the environment—including stimuli from social, habitat or resource conditions—many species have evolved plastic life history transitions that can adaptively adjust to match external conditions. Thus, research which integrates both endocrinology and life history holds considerable promise at the frontier of evolution and ecology.
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FIGURE 1. A generalized metazoan life cycle. Transitions between each stage of life history require processes that involve hormones (shown in blue). The nine manuscripts in this special issue tackle different components of the metazoan life cycle in highly divergent organisms; each manuscript is cited (in red) near one of the life cycle stages or transitions on which the authors focus. The primary organism or broad subject of each manuscript is listed below in gray.


In this special issue, researchers explore hormonal contributions to life history transitions and traits at different developmental stages (Figure 1; each citation is placed outside the life cycle at a stage relevant to the work). Reviews and original research from this issue focus on diverse animals across the metazoan phylogeny, from mollusks to mammals. Researchers have integrated perspectives and techniques from multiple biological disciplines which will be of interest to ecologists, evolutionary and organismal biologists, and comparative endocrinologists. In this editorial, we highlight some of the key interpretations and findings of these manuscripts, identify some of the common themes that emerge, and emphasize the promise of future research in this area.



HORMONAL REGULATION OF DIVERSE LIFE HISTORIES

Despite having vastly different life cycles, invertebrates as diverse as sea urchins, fruit flies and freshwater mollusks have each evolved hormonal triggers to regulate life history transformations; many of these stimulating endocrine triggers couple external environmental conditions with genomic and developmental responses. Voronezhskaya reviews the roles of a neuroendocrine factor—specifically, maternally-provided serotonin—in shaping the developmental and phenotypic plasticity of freshwater gastropod mollusks under seasonal environmental changes. Environmental cues, including temperature and daylight length, influence life history in insects through altering biosynthesis of juvenile hormone. Kurogi et al. review the roles of juvenile hormone as a mediator between environmental conditions and seasonal reproductive dormancy in D. melanogaster. Wynen and Heyland advance the idea that endocrine mechanisms regulate programmed cell death during the metamorphic transition of sea urchins, detailing the molecular basis of these processes and the relationships with environmental cues.

Since hormonal axes and the life history characteristics they control can be highly responsive to environmental conditions, changing climate should systematically (and catastrophically) alter life history patterns. Implications of global climate change on metamorphic organisms—both vertebrates and invertebrates—are explored in depth in this issue by Suzuki and Toh. These authors develop the concept of a “developmental goblet,” which narrows not only at the phylotypic stage during embryogenesis, but again in post-embryonic development during the metamorphosis. The developmental and endocrine constraints of metamorphosis are predicted to be highly sensitive to changing ecological conditions, presenting both constraints, and opportunities for organismal adaptation (Suzuki and Toh).

Dormancy represents a discrete and dramatic type of plastic life history adaptation: under unfavorable environmental conditions, some organisms can enter a state of diapause, during which developmental, physiological, and reproductive functions are arrested. Karp surveys the endocrine mediators stimulating diapause across metazoan species, focusing specifically on nematodes, and certain specialized species of insects and fishes.

Original research in this issue tackles the question of how the endocrine factors influence life cycles and development in vertebrates. Many vertebrates—specifically amphibians and teleost fishes—undergo discrete metamorphic transitions stimulated by thyroid and corticosteroid hormonal axes. Moreover, egg hatching (in reptiles and birds) and birth (in mammals) represent profound developmental transitions that are similarly regulated by endocrine factors. Rousseau et al. compare and contrast these different types of vertebrate developmental transitions from a hormonal perspective. Esin et al. present evidence that thyroid hormone axis played a role in the ecological niche specialization and emergence of adaptive metabolic traits in three species of extremophile arctic salmonids. Fabrezi and Cruz experimentally altered thyroid production in an Argentinian frog, demonstrating that thyroid hormone modulates developmental rate and timing of metamorphosis in the species. Finally, Vassilieva and Smirnov ask whether amphibians show evolutionary trends in the hormonal controls of skeletal metamorphosis, highlighting the importance of endocrine factors in adaptation.



OUTLOOK

Although life history strategies are phenomenally diverse across metazoans, life cycles can be generalized into certain common stages, and transitions between these stages are all regulated by different hormonal axes (see Figure 1). Indeed, hormones influence nearly every aspect of organismal physiology across the life cycle. The collection of reviews and original research presented in this special issue emphasize the fact that numerous endocrine cascades regulate a variety of life history transitions (birth, metamorphosis, diapause) in myriad animal species. Many important questions remain: Are hormone-mediated life history transitions evolutionarily homologous between diverse species? What are the molecular mechanisms underlying ecologically-cued reproductive cycles? What are the hormonal contributions to subtle developmental transformations? How are hormonal cues interpreted into genomic and cellular activities? Such questions will provide rich areas for future investigation. Like the work presented in this special issue, the strongest future efforts will utilize and integrate the strengths of traditional model organisms (Xenopus, Drosophila) with the diversity and broad relevance of diverse non-model species. Emerging technologies continue to accelerate integrative and holistic research, and we anticipate that these types of interdisciplinary approaches will be essential in advancing a full understanding of developmental and ecological transitions, and the responsiveness of these transitions to a changing climate and ecosystem.
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Serotonin is a well-known neurotransmitter and neurohormone regulating mood, sleep, feeding, and learning in high organisms. Serotonin also affects the embryonic events related to neurogenesis and maturation of hormonal systems, the underlying organism adaptation to a changing environment. Such serotonin-based mother-to-embryo signaling is realized via direct interactions in case of internal fertilization and embryonic development inside the mother body. However, the possibility of such signaling is less obvious in organisms with the ancestral type of embryogenesis and embryo development within the egg, outside the mother body. Our data, based on the investigation of freshwater gastropod molluscs (Lymnaea and Helisoma), demonstrated a correlation between seasonal variations of serotonin content within the female reproductive system, and developmental patterns and the behavioral characteristics of progeny. The direct action of serotonin via posttranslational protein modification—serotonylation—during early development, as well as classical receptor-mediated effects, underlies such serotonin-modulated developmental changes. In the present paper, I will shortly overview our results on freshwater molluscs and parallel the experimental data with the living strategy of these species occupying almost all Holarctic regions.
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INTRODUCTION

Serotonin (5-hydroxytryptamine, 5-HT) is a biogenic amine that can be found in most living organisms. It is a well-known neurotransmitter and neuromodulator in the nervous system of vertebrates and invertebrates, impacting such important aspects of life as learning and memory, aggression, sleep, arousal reaction, food uptake, and many others (Müller and Cunningham, 2020). It is also found in the peripheral tissues and organs where it serves as a neurohormone regulating blood pressure and platelets-dependent clotting, glucose metabolism and weight regulation in mammals (Muma and Mi, 2015; Pilowsky, 2018). The serotoninergic system includes 5-HT synthesis and degradation enzymes, receptors and coupled G-proteins, membrane, and vesicular transporters. Despite substantial variations existing across vertebrates and invertebrates, as well as among different taxa and species (Schmidt-Rhaesa et al., 2016; Müller and Cunningham, 2020), some common organizational principles can be noted for the serotoninergic system. First, the 5-HT-containing neurons constitute a fairly small portion of neuronal elements. However, these elements provide widespread terminals contacting numerous cellular targets. Second, the serotonin receptors and transporters are present in the cell membrane of almost all tissues and organs and react to the surrounding serotonin as to hormone even far from the 5-HT released sites. Third, all components of the serotonergic systems appear to be highly plastic with both the anatomical organizations and biochemical pieces of machinery that can change at different periods of life, or under various environmental conditions. Such features of the serotonergic system allow us to speculate that 5-HT acts more as a basic modulator or integrating molecule (Sakharov, 1990; Moroz et al., 2021) at the level of the whole organism than just a local mediator transmitting a particular signal between certain cells and their targets. Moreover, serotonin has been found since the very early stage of animal development, in oocytes, zygotes, and cleaved blastomeres (Buznikov et al., 1964, 2001; Dubé and Amireault, 2007). Later in development serotonin affects the embryonic events related to neurogenesis and maturation of hormonal systems (Buznikov, 1991; Bonnin and Levitt, 2011; Bonnin et al., 2011; Vitalis et al., 2013). Serotonin appears evolutionarily before the formation of the first neurons and is a well-recognized component of ancient and archetypical signaling systems (Turlejski, 1996; Azmitia, 2010). Thus serotonin has a high potential to serve as a link between external signals, the physiological state of the maternal organism, and forming developmental and behavioral characteristics of progeny, which determine the life strategy of the generation.

To test the function of serotonin as such a broad regulating molecule we used freshwater snails: Lymnaea stagnalis and Helisoma trivolvis (Mollusca; Gastropoda), as experimental objects. These species are a popular model for neurobiology, physiology, and developmental biology. The morphology of the adult’s and embryos nervous system, developmental patterns, reproduction, and behavior in normal conditions are documented in detail (Morrill, 1982; Meshcheryakov, 1990; Kemenes and Benjamin, 2009; Koene, 2010). The species are also subjects for numerous ecological and ecotoxicological studies (Morrison and Belden, 2016; Amorim et al., 2019; Fodor et al., 2020; Svigruha et al., 2020).

In this mini-review, I will compact our 20 years of research devoted to the delayed effects of serotonin shaping both the developmental patterns and behavior of progeny in gastropod molluscs. We demonstrated: (i) a correlation between season and the serotonin level in the local serotonergic network in the female reproductive system, (ii) increased intracellular serotonin during early cleavage, impacting embryonic development and juvenile behavior, (iii) the modulating role of serotonin produced by early embryonic neurons on developmental tempo and hatching. Two mechanisms underlie described long-lasting serotonin effects: (1) classical receptor-mediated regulations, and (2) the non-canonical intracellular action of serotonin as a chemical substance for transglutaminase-mediated posttranslational proteins modification (serotonylation). The combination of these mechanisms or the prevalence of one over the other varies stage-dependently at the course of embryogenesis. As a result, developing embryos demonstrate tune adaptations to the variable environmental challenges they will be faced with during their adult life, despite having no direct contact with the changing environment before birth or hatching. Such non-genetic transfer of a maternal serotonin-mediated signal provides the appropriate adaptive choice of the progeny life strategy, ensures population reproductive success and wide distribution of the species (Figure 1).
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FIGURE 1. Schematic representation of the tune adaptations in progeny live strategies based on serotonin-mediated regulatory mechanisms during the freshwater gastropod mollusc life cycle. The solid red arrow represents the direct effect of mother serotonin to the developing oocytes and zygotes. The dashed red arrow represents chemical water-born signaling from adults, which activates the serotonin release from specific embryonic sensory neurons. 5-HTRec—specific serotonin receptors in embryonic tissues. The female reproductive system represents a location of the closest contact between the mothers’ serotonin releasing network with oocyte and zygote (maternal serotonin arrow). The seasonal and environmental factors lead to modulation of the serotonin level in the mother organism and subsequent changes within the developing embryo. High serotonin within cleaved blastomeres provides a substrate for the serotonylation of specific proteins, and appearance of the progeny with faster development and locomotion, raised survival and productivity. Embryonic apical neurons react to water-born chemical signals emitted by adults in unfavorable conditions (“adult-to-embryo” chemical signaling dashed arrow). Serotonin released from the apical neurons activate specific serotonin receptors located in embryonic cells and stage-dependently retard or accelerate the developmental tempo and juvenile behavior. Combinations of serotonin-dependent mechanisms in the course of development underlay the appropriate adaptive choice of the progeny life strategy, ensures the population reproductive success and the wide distribution of the species.




LOCAL SEROTONERGIC NETWORK IN THE FEMALE MOLLUSC REPRODUCTIVE SYSTEM AS THE LOCATION OF CLOSEST CONTACT BETWEEN MATERNAL TISSUES AND THE EARLY EMBRYO

One of the biggest questions is how environmental information or parents’ behavioral experiences can be encoded and transmitted from the nervous system of adults to the gonads, and subsequently to progeny? Such maternal effects on offspring phenotype, particularly in how maternal experience can adaptively shape offspring behavior and the developmental state attracted the attention of evolutionary ecologists and evo-devo biologists for a long time. No single source can cover all aspects of the maternal effects. The principal topics, a number of general issues, updated coverage of problem agendas and perspectives mostly covered in comprehensive reviews (Bernardo, 1996; Rossiter, 1996; Mousseau and Fox, 1998; Bonduriansky and Day, 2009; Uller et al., 2009), with examples from mammals (Maestripieri and Mateo, 2009), maternal effects in marine environments (Marshall et al., 2008), some aspects of the evolution of maternal effects from a developmental perspective (Uller, 2012) and ecological and evolutionary implications, in particular, for plants (Sultan, 2015). In our work we concentrated in one possible particular underlying mechanism of adult-to-embryo signaling—the serotonin-mediated maternal effect—in a limited group of aquatic molluscs. We demonstrated that in freshwater gastropods’ serotonin is a key player providing a link between generations by affecting the oocyte and fertilized zygote within the mother reproductive system.

In addition to neurons located within the central ganglia and rich peripheral innervation, the local network of 5-HT-containing cells located in the female part of the Lymnaea reproductive system. L. stagnalis is a hermaphroditic gastropod snail and the reproductive system contains both male and female parts. Oocytes start their way along the oviduct in response to the signals from the neuroendocrine cells. Ripe oocytes are fertilized in the fertilization pouch and supplied with perivitelline fluid secreted by the albumen gland. Then the zygote starts to move through the folded muscular uterus (pars contorta) and there it is enveloped in two membranes and forms the egg. The muciparous gland secretes mucus that fuses the eggs together, the oothecal gland surrounds the whole egg mass with tunica capsulis, and the complete egg mass leave the mother organism to the environment via female gonopore (Koene, 2010). Most aforementioned parts of the reproductive system are innervated by 5-HT-immunopositive fibers. However, only the uterus possesses the intensive local network of 5-HT-containing elements.

The dense network of 5-HT-immunoreactive cells and their processes in the epithelium, and in the muscular layer of the uterus, represent the key location where maternal serotonin contacts with zygotes (Ivashkin et al., 2017). Numerous multipolar 5-HT-containing cells are located between the epithelial cells in the folded part of the uterus (convoluted part of the pars contorta). Their thick bulb-shaped apical processes contact the inner lumen of the duct and the basal varicose fibers organize a basket-shape network on the surface of the folded epithelium. The morphology of multipolar 5-HT-containing cells suggested their exocrine function, and active release of their transmitter content –serotonin—into the reproductive tract lumen. The extensive folding of the uterus indicates that the fertilized egg spends a long time moving along this part of the reproductive system. And during all that time the zygote is exposed to serotonin which is released by the serotonergic cells of the mother’s organism.

Direct measurements of 5-HT content in the Lymnaea confirmed the high level of 5-HT in the female part of the reproductive system, especially within the pars contorta region. The important fact is that serotonin level within this particular region of the reproductive system is season-dependent: 5-HT content within the uterus gradually increased from winter through spring to summer, then falls dramatically in the autumn (Ivashkin et al., 2015). Pharmacological experiments with the application of 5-HT immediate biochemical precursor—5-HTP—result in an enhanced serotonin level similar to in summertime while the application of chlorpromazine leads to serotonin depletion similar to the autumn condition. These pharmacological approaches allowed us to experimentally mimic the natural seasons in the laboratory and follow the induced changes in progeny development and behavior under various conditions (see detailed description below).



SEASON-DEPENDENT TUNING OF PROGENY DEVELOPMENT AND BEHAVIOR AND THE UNDERLYING SEROTONIN-MEDIATED MECHANISM

As we demonstrated, the local serotonergic network within the female reproductive system represents the location of closest contact between maternal tissues and the zygote, and season-dependent serotonin production by a maternal organism, has likely mediated the transmission of 5-HT-based signals to progeny.

Indeed, summer and autumn embryos and juveniles varied in specific sets of characters. A Lymnaea embryo develops within the egg capsule and there it passes cleavage, gastrulation, premetamorphic larvae stages (trochophore, veliger, and hippo), and undergoes metamorphosis and hatches as a miniature adult-like snail (Meshcheryakov, 1990). The summer generation demonstrates the accelerated speed of embryo rotation within the egg capsule, developmental dynamics with faster premetamorphic and metamorphic phases, and hatch 1–2 days earlier than the representatives of the autumn generation. Juvenile Lymnaea snails leave the egg cocoon using intense terrestrial locomotion, and after hatching utilize both gliding and terrestrial locomotion to inspect their novel environment. Summer juveniles moved about two times faster than autumn individuals, prefer vertical surfaces, and often exhibit negative geotaxis, thus leaving the water and creeping onto the bank margin. They can survive drying and stay alive longer with low oxygen. On the contrary, autumn juveniles spend more time on horizontal surfaces underwater, and approach the water surface for respiration episodes only. Contrary to summer individuals they spend more time feeding and grow faster. Nevertheless, summer and autumn generations become reproductively active simultaneously. Moreover, summer individuals produce more eggs than autumn ones.

Such a combination of features makes the summer-born generation exceptionally efficient at dispersion. They preferentially search for new habitats and demonstrate the “migrants” complex of behavior features described above. In contrast, the snails that hatched during the autumn tend to remain in their local environment and demonstrate “resident” behavioral characters.

Previously, it has been shown that juveniles of gastropod snails may disperse under natural conditions to distant water habitats by riding on the feathers and inside the gut of waterfowl and similar birds (Kawakami et al., 2008; Boag, 1986; van Leeuwen et al., 2012). In such a case, the “migrant” strategy with a negative geotaxis, a tendency to crawl to the water surface, combined with the fast locomotion of summer-born juveniles, increases their chances to cling to the bird’s feathers or be swallowed. Usually, birds do not migrate large distances during summer, so juvenile snails have a chance to be successfully transferred to new water habitats. On the contrary, spring and autumn are the times when birds migrate long distances to their final location. And in this case, the “resident” strategy of juvenile snails with more time deep in the water ensures their better survival in their original habitat.

Interestingly, the pharmacological treatment of the mother can switch the natural season-dependent phenotype of progeny. The application of 5-HTP to an autumn mother-snail (with low natural serotonin) enhanced serotonin levels within the local network and resulted in the “summer” phenotype appearance in the originally autumn generation. And vice versa, the depletion of serotonin in the mother organism during summer (the season with originally high serotonin) leads to loss of active summer phenotype and the appearance of progeny with autumn characteristics (Ivashkin et al., 2015).

It should be noted that the modulations of serotonin levels had an effect on the development and behavior of progeny only if that occurred early at embryogenesis: at zygote or during cleavage stages (Voronezhskaya et al., 2012). This fact indicates that possible mechanism(s) underlying the phenomenon of described long-term serotonin-mediated changes utilizes the non-canonical way of serotonin action.

Recently a novel mechanism explaining such prolonged serotonin actions has been found. It has been shown that in addition to the classical pathway via binding to membrane receptors, serotonin can modify the intracellular proteins. This process of covalent serotonin binding to glutamine residues of the target protein is mediated by transglutaminase (TGase) and has been termed “serotonylation” (Walther et al., 2003). Not only can serotonin be a substrate for TGase-mediated transamidation but also other monoamines (Hummerich et al., 2012). This novel posttranslational proteins modification has an impact on such important physiological processes as platelet activation, insulin release, smooth muscle contraction, and even the regulation of transcription (Muma and Mi, 2015; Bader, 2019; Farrelly et al., 2019).

In our experiments, we demonstrated that L. stagnalis zygote and cleaved blastomeres have all the necessary biochemical machinery to perform serotonylation. They can transport serotonin inside the cells using the membrane transporter SERT or synthesize it from the precursors (Voronezhskaya et al., 2012). The basic level of serotonylation occurs naturally for a specific set of proteins in cleaved blastomeres, and it is enhanced and modified in response to an increased serotonin level (Ivashkin et al., 2015). Notably, among these modified molecules some nuclear proteins serve as a substrate for transglutaminase-mediated serotonylation as well (Ivashkin et al., 2019). The specific pattern of serotonylated proteins can be modified by enhanced serotonin during the zygote and early cleavage stages, but not at veliger and post-metamorphic embryos. Accordingly, TGase inhibition prevents the formation of serotonylated proteins at the early developmental stages as well as negating the delayed effects of enhanced serotonin level on progeny development and behavior. That confirms the involvement of the serotonylation mechanism in the long-term effect of serotonin in the formation of behavioral characters in molluscan progeny.

Summarizing the role serotonin played during early Lymnaea development, we can conclude that oocyte, zygote, and cleaved blastomeres are the targets for serotonin released by the mother-snail local serotonergic networks. Serotonin deposited within the embryonic cells can modify specific sets of intracellular and nuclear proteins in differentiating blastomeres which give rise to numerous tissues and organs (Ivashkin et al., 2019). Finally, the modulation of early serotonin level leads to modification in developmental dynamics and behavior of progeny (Ivashkin et al., 2015).

The presence of 5-HT elements in gonads and the reproductive tract has been found in representatives of various molluscan species: in the bivalve Patinopecten (Matsutani and Nomura, 1986), in nudibranchs Pleurobranchaea and Tritonia (Moroz et al., 1997), in opisthobranch Asperspina (Delgado et al., 2012). In many bivalves, the application of 5-HT stimulates oocytes maturation, induces spawning, or stimulates parturition (Fong et al., 1994; Fong, 1998). Serotonin level in parent organisms is highly variable and reflects the animal particular physiological states and certain environmental conditions. The serotonin level is different in starved and satiated animals (Hernádi et al., 2004), changes after intense locomotion (Aonuma et al., 2020) or under anxiety and stress conditions (Fossat et al., 2014). Our experiments with molluscs clearly demonstrate that all these physiological states and changes may influence the future generation in case they are happening in a specific time window (early cleavage) during embryonic development.

The effect of maternally-derived serotonin on germ cells has been shown also for nematode Caenorhabditis elegans. Serotonin released by maternal neurons during stress acts through conserved signal transduction pathways and enables the transcription factor HSF1 to alter chromatin in soon-to-be fertilized germ cells. This mechanism ensures the viability and stress resilience of future offspring (Das et al., 2020).

We do not know yet all the players and certain pathways which link the modification of proteins within L. stagnalis blastomeres, and the formation of neuronal networks underlying juvenile molluscs’ behavior. However, we clearly see the phenomenon of maternal serotonin-mediated phenotypic adjustments providing more efficient survival skills and effective dispersion of progeny (Figure 1).



PARENTAL CHEMICAL SIGNAL AND SEROTONIN-MEDIATED CHANGES IN DEVELOPMENTAL TEMPO AND JUVENILE BEHAVIORAL CHARACTERISTICS

Like many representatives of aquatic biosystems, freshwater gastropod molluscs have a biphasic life cycle with embryo and adult forms occupying greatly different ecological niches. Adult Lymnaea and Helisoma release egg cocoons to the external environment and then leave their progeny to develop. The embryonic snail passes larval stages and metamorphosis inside the egg capsule and then hatches as a young juvenile snail. So, in molluscan development, there are no further contacts with the mother organism and the embryo after the egg cocoon was formed. Maternal effects are known to be of particular importance for species in aquatic systems. They not only form a link between the phenotypes of different generations, but the biphasic life cycle of most marine organisms suggests that maternal effects also link the phenotypes of populations (Marshall et al., 2008). In our experiments, we revealed adult-to-embryo chemical signaling, which regulates larval development in freshwater gastropods. We also proved that serotonin is a molecule mediating the adult-derived chemical signal with embryonic developmental tempo and juvenile’s behavioral characteristics (Voronezhskaya et al., 2004, 2007).

When the adult or young juvenile Lymnaea and Helisoma face unfavorable environmental conditions like starvation or crowding they start to release water-borne chemical cues (with a still unidentified chemical structure). In response to those signals, early embryos retard or even stop their development (Voronezhskaya et al., 2004), while metamorphic embryos accelerate developmental tempo, and hatchlings as well as young juveniles demonstrate more active locomotion, feeding and cardiac activity (Voronezhskaya et al., 2007; Glebov et al., 2014). Such an adaptive strategy allows the early embryos to leave its nutrients and wait out inside the egg until the external situation will be improved. On the contrary, the late embryo already used up the egg’s nutrients supply and a more adaptive strategy will be to hatch as soon as possible and leave an unfavorable environment (Figure 1).

The chemical signal (which is certainly not serotonin itself) is emitted by adult snails under conditions of starvation or crowding, and is sensed by specific larval neurons. These neurons are two apical cells that appear early during development at the trochophore stage and contain serotonin in the case of Helisoma, and dopamine and serotonin in Lymnaea. These early cells are bipolar neurons bearing sensory cilia at their apical dendrite and emitting basal axons with numerous varicosities. The morphology and transmitter content of these cells indicate their homology with the apical sensory organ of other invertebrates (Voronezhskaya et al., 2004; Voronezhskaya and Croll, 2015). Upon sensing the water-born chemical signal from conspecific adults, apical cells activate their transmitter content (serotonin in case of Helisoma, and serotonin and dopamine in case of Lymnaea) production and release. Using Helisoma trivolvis embryo we demonstrated how one and the same transmitter—serotonin—can cause the manifestation of opposing adaptive programmes (retardation or acceleration of developmental tempo) stage-dependently, and prove involvement of various serotonin receptors in this regulation (Voronezhskaya et al., 2008; Glebov et al., 2014).

According to the classical view, the diverse physiological functions of serotonin are mediated via membrane serotonin receptors, coupled G-proteins and respective intracellular pathways. Serotonin receptors constitute the largest class of G protein-coupled receptors (GPCRs) which include 16 big families depending on the activation of Na+/K+/Ca2+ ion channel, respective G-protein (Gs, Gi/o, Gq/11), activation or inhibition of adenylate cyclase (AC), and phospholipase C (PLC) (Tierney, 2001). We found at least four types of 5-HT receptors in Helisoma embryos. Activation of 5-HT1- and 5-HT5-like receptors and respective coupled Gi-protein induce acceleration of development, while activation of 5-HT4- and 5-HT7-like and respective Gs-protein results in retardation. While all types of serotonin receptors are expressed during both the early and late stages of embryonic development, their proportions vary stage-dependently. The 5-HT receptors and respective G-proteins whose activation induces developmental retardation (5-HT4-like, 5-HT7-like, Gs) prevails at the early stages. Vice versa, that 5-HT receptors and G-proteins whose activation induces developmental acceleration (5-HT1-like, 5-HT5-like, Gi) preferentially expressed at late stages. Thus the serotonin released from the apical neurons in response to the water-born chemical cue (which is not serotonin but the chemical substance emitted by the adult snail in unfavorable conditions) retards developmental tempo at early stages and accelerated it at later stages, depending upon a certain combination of 5-HT receptors expressed at a particular developmental stage in the embryonic tissues (Glebov et al., 2014).

Our results demonstrated that adult and juvenile snails sufficiently inform their encapsulated larvae about the unfavorable environmental conditions they will be faced with after hatching. The embryo or metamorphic larvae sense the emitted chemical signal by apical neurons. Serotonin released from apical neurons modulates the embryo developmental tempo and juvenile behavior via activation of a certain poll of serotonin receptors located in the embryonic tissues at the current developmental stage. The opposite reactions of the molluscan embryo to the same water-born environmental cues at early and late developmental stages provide an adaptive response at the level of individual organism and better survival of the whole generation.



CONCLUSION AND FUTURE PERSPECTIVES

Gastropod molluscs are very successful species with incredible flexibility of life strategies that inhabit a wide variety of marine, freshwater, and terrestrial habitats distributed between the two poles, and ranging from alpine meadows down to the depths of the oceans. In this mini-review we just slightly disclosed one of the possible mechanisms underlying the prosperity of two freshwater gastropod species. We revealed that serotonin appears to be a key molecule playing both hormonal (during cleavage stages) and neurohormonal (during larval stages) roles during Lymnaea and Helisoma embryonic development. Classical receptor-mediated regulation and non-canonical protein modification (serotonylation) underlie serotonin effects. Via these pathways serotonin links the environmental signals received by adults and respective changes in progeny developmental tempo, hatching time, and behavioral characteristics of juveniles. The benefits of such maternal serotonin-driven progeny phenotypic adjustments includes more efficient dispersion, feeding, survival skills, and fertility rates. That features are tuned in to the next-generation according to the different environmental factors the parents experienced.

The possible directions of this field of investigation may be devoted to the following topics: (1) the distribution of serotonin-mediated shaping of life strategy in other species; (2) involvement of other monoamines in maternal regulation of progeny characteristics; (3) the detailed mechanism of serotonin-induced changes in development and behavior from the first step in oocyte till the differentiation of neuronal networks underlying behavior (including transcription regulation). Each of the mentioned tasks can include the field study of the behavior and developmental characteristics in different natural populations, as well as laboratory investigations of the underlying molecular mechanisms of the discovered phenomena in model animals.
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Programmed cell death (PCD) has been identified as a key process in the metamorphic transition of indirectly developing organisms such as frogs and insects. Many marine invertebrate species with indirect development and biphasic life cycles face the challenge of completing the metamorphic transition of the larval body into a juvenile when they settle into the benthic habitat. Some key characteristics stand out during this transition in comparison to frogs and insects: (1) the transition is often remarkably fast and (2) the larval body is largely abandoned and few structures transition into the juvenile stage. In sea urchins, a group with a drastic and fast metamorphosis, development and destruction of the larval body is regulated by endocrine signals. Here we provide a brief review of the basic regulatory mechanisms of PCD in animals. We then narrow our discussion to metamorphosis with a specific emphasis on sea urchins with indirect life histories and discuss the function of thyroid hormones and histamine in larval development, metamorphosis and settlement of the sea urchin Strongylocentrotus purpuratus. We were able to annotate the large majority of PCD related genes in the sea urchin S. purpuratus and ongoing studies on sea urchin metamorphosis will shed light on the regulatory architecture underlying this dramatic life history transition. While we find overwhelming evidence for hormonal regulation of PCD in animals, especially in the context of metamorphosis, the mechanisms in many marine invertebrate groups with indirect life histories requires more work. Hence, we propose that studies of PCD in animals requires functional studies in whole organisms rather than isolated cells. We predict that future work, targeting a broader array of organisms will not only help to reveal important new functions of PCD but provide a fundamentally new perspective on its use in a diversity of taxonomic, developmental, and ecological contexts.
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REVIEW OF CELL DEATH MECHANISMS

Cell death, whether active (apoptosis) or passive (necrosis), effectively results in the removal of cells from organisms and therefore stands in contrast to cell proliferation which results from cell division. Apoptosis and other forms of programmed cell death (PCD) occur in response to internal (cellular environment) signals and external environment cues, including stressors, and involve a broad array of now well established molecular and cellular responses, ultimately packaging the cellular material for removal (Kerr et al., 1972; Green and Fitzgerald, 2016). PCD plays an extremely important role in development and the molecular and genetic processes are tightly regulated. Still, many diseases have been shown to emerge due to dysregulation of cell suicide mechanisms and it is therefore assumed that over evolutionary time multiple complementary and redundant regulatory mechanisms have emerged in organisms. Furthermore, many of these processes and pathways also perform other functions in development and physiology (Amiesen, 2002).

Traditionally three upstream apoptotic pathways and one downstream apoptotic pathway are distinguished in the literature, however their functions are deeply intertwined (Figure 1). The extrinsic pathway involves death receptors of the tumor necrosis factor (TNF) receptor gene superfamily. Extracellular cell death signals trigger the binding of homologous trimeric ligands such as FasLG to death effector domain (DED)-containing receptors like Fas to activate the extrinsic pathway (Figure 1; Fulda and Debatin, 2006; Elmore, 2007). These complexes then bind to cytoplasmic adaptor proteins like FADD. After binding the ligands either FADD or TRADD with the assistance of RIPK1 and FADD associate with procaspase-8 to form the death-inducing signaling complex (DISC). DISC is responsible for the activation of CASP8 which then cleaves CASP3 to start the execution pathway (Elmore, 2007).


[image: image]

FIGURE 1. Summary of four major programmed cell death (PCD) pathways discussed in the text. Selected cell organelles are marked in dark gray. Proteins involved in the extrinsic pathway are blue. Proteins involved in the intrinsic pathway are purple. Proteins involved in the granzyme/perforin pathway are indicated in yellow. All three pathways converge at the execution pathway which is colored brown. Major inhibitory proteins are filled in white with a ring colored according to the pathway they are primarily involved in. Major complexes such as the Apoptosome and DISC are underlined. The intrinsic pathway is activated by intracellular apoptotic signals that either suppress anti-apoptotic proteins or increase pro-apoptotic proteins. This leads to the activation of pro-apoptotic BCL-2 family proteins such as BAK1 and BAX which triggers the mitochondrial aspect of the pathway by increasing the permeability of the outer mitochondrial membrane (OMM). The granzyme/perforin pathway is activated by the detection of tumor/virus-infected cells by cytotoxic t-cells. These cells secrete perforin which creates pores in the plasma membrane into which GZMA and GZMB can be secreted. The extrinsic pathway is activated by extracellular cell death signals that trigger the binding of homologous trimeric ligands like FasLG to DED-containing receptors such as Fas. Next Cytoplasmic adaptor proteins like FADD are recruited to the complex, along with procaspase-8. Together these proteins form the DISC. All three pathways meet at the execution pathway which is responsible for triggering chromatin condensation and nuclear fragmentation, as well as cell shrinkage. This shrinking leads to membrane blebbing (M.B) and sequestration of the organelles prior to the formation of the apoptotic bodies (A.B). The A.B are then phagocytosed and the chromatin fragments and organelles within them are degraded or incorporated into other cells. Protein superscripts indicate sea urchin (S. purpuratus) orthologous genes from echinobase. A, DIABLO (LOC574919); B, Cycs (LOC575421); C, HtrA2 (LOC115918650); D, IAP (LOC581540); E, APAF1 (LOC591503); F, CASP9 (LOC115924698); G, AIFM1 (LOC578253); H, BCL2L1 (LOC100890351); I, BAX (LOC586236); J, BAK1 (LOC115917937); K, AVEN (LOC762362); L, FasLG (LOC582167); M, Fas (LOC586563); N, FADD (LOC587131); O, CASP8 (LOC585496); P, CASP3 (LOC115918952); R, CASP6 (LOC584221); S, CASP7 (LOC580916); T, SPTAN1 (LOC580822); U, PARP1 (LOC752216).


The intrinsic signaling pathway initiates apoptosis through non-receptor mediated stimuli, acting either directly on pro-apoptotic targets upstream of the pro-apoptotic B-cell lymphoma 2 (Bcl-2) family, or within the cell by inhibiting anti-apoptosis targets (Figure 1). This signaling pathway is triggered by environmental stressors such as radiation, toxins, hypoxia, viral infections, and others. The intrinsic pathway is often also referred to as the mitochondrial pathway due to the role that the permeabilization of the mitochondrial outer membrane plays in the activation of CASP9. It responds to intracellular signals produced by non-receptor mediated stimuli. These lead to the activation of Bcl-2 family members such as the Bcl-2 effector proteins BAX and BAK1 (Figure 1), which in turn are responsible for mitochondrial outer membrane permeabilization (Degterev and Yuan, 2008; Kalkavan and Green, 2018). Mitochondrial outer membrane permeabilization can be prevented by anti-apoptotic members of the Bcl-2 family like Bcl-2 and BCL2L1 (Elmore, 2007; reviewed in Daniel et al., 2003). For apoptosis to proceed, anti-apoptotic members must be blocked by proteins such as BAG1 and Bik-like killer protein (BLK) (Figure 1 and Table 1; Hegde et al., 1998; Götz et al., 2005; Degterev and Yuan, 2008). Upon mitochondrial outer membrane permeabilization completion, several proteins are released from the outer mitochondrial membrane (i.e., cycs, HtrA2, DIABLO, AIFM1, and DFFB). One of the proteins released is cycs which forms the apoptosome with APAF1 and procaspase-9. Apoptosome formation is blocked by AVEN which binds BCL2L1 and APAF1 to prevent activation of procaspase-9 by the apoptosome. If the apoptosome can form, procaspase-9 is cleaved turning into activated CASP9, which can then trigger the execution pathway (Figure 1). Even once the apoptosome has cleaved CASP9 there are still a few ways the execution phase can be blocked. Inhibitor of apoptosis proteins (IAPs) can bind CASP9, CASP3, and CASP7 in order to prevent the start of the execution pathway (Obexer and Ausserlechner, 2014). Prior to this, DIABLO and HtrA2 can inhibit IAPs and encourage apoptosis (Figure 1; Du et al., 2000; Suzuki et al., 2001; Elmore, 2007). After IAPs have bound to caspases, BCL10 can cause dissociation of those caspases (Yui et al., 2001). The protein AIFM1, which is released from the outer mitochondrial membrane plays a role triggering DNA fragmentation (Elmore, 2007). Despite being independent processes, the extrinsic and intrinsic pathways share many of the same molecules and a molecule from one pathway has the potential to influence the other.


TABLE 1. Summary table listing proteins often involved in apoptosis and which pathway they are involved in, how they are referenced in the text, their LOC identification in echinobase, and their primary function in apoptosis.

[image: Table 1]The third, and least well-known pathway is the perforin/granzyme pathway which induces apoptosis through proteins secreted into the cell by Cytotoxic T-lymphocytes. This pathway is initiated when cytotoxic t-lymphocytes detect tumor or virus-infected cells and begin to secrete perforin in order to trigger pore-formation in the plasma membrane (Figure 1). Next, GZMA and GZMB are secreted into the cell where they begin to cleave other proteins. GZMA cleaves the 270–420 kDa endoplasmic reticulum-associated complex (SET complex) and GZMB begins cleaving CASP10 and DFFA. Once the SET complex is cleaved, NME1 is released and begins to cleave DNA (Elmore, 2007). CASP10 then triggers the execution pathway by cleaving CASP3 and DFFB is released from DFFA. There is also a significant overlap between the perforin/granzyme pathway and the intrinsic and extrinsic pathways due to the ability of GZMB to cleave proteins associated with mitochondrial permeability.

Finally, all three of these pathways meet up at the execution pathway which is activated with the cleavage of CASP3 and is responsible for the dismantling of the cell. When CASP3 is cleaved it begins to activate endonucleases and proteases in the cytoplasm that then degrade the nucleus and cytoskeleton (Coleman et al., 2001; Andrade et al., 2010). The other two effector caspases, CASP7, and CASP6 play a very similar role and can be activated by initiator caspases or CASP3. An important part of the execution pathway that requires more information is the role that cleavage of certain proteins such as PARP1 and SPTAN1 play int his process. Currently it is thought that cleavage of PARP1 and SPTAN1 may help facilitate cellular disassembly (Oliver et al., 1998; Williams et al., 2003).

Autophagic cell death (autophagic type II cell death) may serve as an alternate regulated mechanism of killing cells when apoptosis is blocked (Fuchs and Steller, 2011). It can be characterized by the cytoplasmic vacuolization, autophagosome formation and clearance of material via the lysosome. Autophagy (macroautophagy) fulfills an important function in cell metabolism as it blocks the buildup of toxic protein aggregates. It may also drive other forms of cell death, block anti-apoptotic factors, and play a role in ensuring proper engulfment of dead cells to minimize inflammation. Furthermore, it may also be involved in dying cells switching between different forms of cell death (Doherty and Baehrecke, 2018). Autophagic cell death and autophagy both serve as a good reminder that PCD is a highly regulated, conserved, and important process for development and homeostasis.

While apoptosis and autophagic cell death are the most well-known forms of programmed cell death, other types have recently been observed and characterized like pyroptosis, ferroptosis and oxeiptosis. Pyroptosis is a form of programmed necrosis in response to a strong inflammatory response caused by pathogenic infections (Hanson, 2016). Like apoptosis, pyroptosis requires caspase activation however, the caspases involved are completely different from those involved in apoptosis which cleave the inflammatory proteins pro-IL-1β and pro-IL-18 (Hanson, 2016). These pro-inflammatory cytokines then burst from the dying cell (Hanson, 2016). While little is known about the existence of pyroptosis outside of vertebrates, there is some evidence of a pyroptosis induction pathway in bivalves that is regulated by caspase-3 and gasdermin E-like proteins (Vogeler et al., 2021). Ferroptosis is another non-apoptotic form of programmed cell death which is executed by excessive production of reactive oxygen species (Hanson, 2016). Unlike pyroptosis which appears very apoptosis-like, ferroptosis appears very necrosis-like but is still the product of the activation of a unique pathway (Hanson, 2016). Ferroptosis is characterized by an overwhelming and iron-dependent accumulation of lipid lethal ROS (Dixon et al., 2012). Another type of non-apoptotic programmed cell death is oxeiptosis which is triggered by oxidative stress (Holze et al., 2018). Oxeiptosis is caspase-independent and, similar to ferroptosis, is activated by harmful amounts of ROS (Holze et al., 2018).

Still, not all cell death unfolds via a regulated mechanism. Necrosis is a passive, uncontrolled, toxic process that follows an energy-independent mode of death. Necrosis often also affects vast areas of cells where apoptosis usually affects individual cells or small clusters of cells (Elmore, 2007). It typically leads to organelle swelling, lysis, release of intracellular contents, and inflammation (Doherty and Baehrecke, 2018). Since necrosis can occur independently, sequentially, or simultaneously to PCD it can be difficult to distinguish these processes. Furthermore, there are forms of cell death that share morphological features of both necrosis and apoptosis called aponecrosis (Elmore, 2007). There is also necroptosis, which functions as a unique signaling pathway that is characterized by 2 major necroptotic death effector complexes, caspase inactivity and a series of morphological changes (Hanson, 2016). The necrosome and ripoptosome are the two major necroptotic death effector complexes and are induced by TNFR1 and toll like receptor 3 (TLR3) signaling (Hanson, 2016). During this process the cell undergoes several morphological and internal changes such as cellular rounding, an increase in cytosolic calcium ions and reactive oxygen species, depletion of ATP, intracellular acidification, cellular swelling and finally plasma membrane rupture, and the release of damage-associated molecular patterns (Hanson, 2016). Many of the proteins important for necroptosis are found across Deuterostomia however, it is unclear if the actual process of necroptosis occurs in some of the non-vertebrate deuterostomes (Dondelinger et al., 2016).

Traditionally, a large part of mechanistic understanding of cell death originates from cell culture experiments and less so from whole organism studies. Still, in recent years, new data on cell death regulation and function has emerged from a diversity of taxa and this data suggests that PCD mechanisms are used in a range of morphological, physiological, and developmental contexts. For example, animals with an indirect life-history, characterized by a drastic morphological and physiological transition (Tata, 1993; Balon, 1999; Bishop et al., 2006; Heyland and Moroz, 2006; Ishizuya-Oka et al., 2010; Heyland et al., 2018; Tettamanti and Casartelli, 2019) have been repeatedly shown to employ PCD for the removal of cells and the transformation of the larval body plan into a juvenile (Heyland and Moroz, 2006; Hodin et al., 2016; Lutek et al., 2018). Here we integrate available mechanistic information on PCD from whole organism studies with our understanding of the regulatory mechanisms of metamorphosis with an emphasis on endocrine regulation. We propose, that the metamorphic transition in animals provides an excellent model system to study the role of PCD in post-embryonic development and therefore provide critical functional background for PCD from an ecological, physiological, and developmental perspective.



PCD IN METAMORPHIC DEVELOPMENT AND ITS REGULATION BY HORMONES

The importance of PCD in development is exemplified during the metamorphic transition of animals. This drastic and often rapid change in morphology, physiology and ecology of an organism is typically associated with substantial cellular remodeling, differentiation, and the removal of cells and tissues. Historically, frogs and insects have been extensively studied in this context and a significant amount of information on PCD regulation and functions exists in these groups (Tata, 1993; Bishop et al., 2006; Heyland and Moroz, 2006; Ishizuya-Oka et al., 2010; Heyland et al., 2018; Tettamanti and Casartelli, 2019). Even though metamorphosis evolved independently in insects and vertebrates (Hadfield, 2000; Heyland and Moroz, 2006; Hodin, 2006; Heyland et al., 2018), similar, convergent mechanisms are used in its regulation. Notably, hormones have emerged as a key regulator of cell death and these endocrine mechanisms continue to be investigated (Nakajima et al., 2005; Heyland and Moroz, 2006; Mané-Padrós et al., 2010; Heyland et al., 2018). In contrast, marine invertebrate species with indirect life histories undergo equally dramatic transitions but the cellular and molecular processes (including PCD) have received little attention, considering invertebrate diversity (but see Wray and Raff, 1990; Degnan, 2001; Davidson and Swalla, 2002; Bishop and Brandhorst, 2003; Bishop and Anderson, 2005; Heyland and Moroz, 2006; Hodin, 2006; Paris et al., 2008, 2010; Nakayama-Ishimura et al., 2009; Heyland et al., 2018; Wong et al., 2019). Here we briefly review the function of PCD in metamorphosis and settlement among animals to create a foundation for our discussion of PCD in sea urchin embryonic and post-embryonic development in the next section.

Frog tadpoles develop specific structures during the metamorphic transition that allow them to live a semi-aquatic life in the adult stage. This transformation impacts most physiological and morphological systems (Figure 2). Apoptosis has been studied in some detail during frog tail resorption, the rewiring of the nervous system, the digestive system, and gill remodeling (Ishizuya-Oka et al., 2010). As tadpoles transition to live on land, the aquatic tail of the tadpole is no longer required and rapidly disintegrates. The process of tail resorption is tightly regulated and can be roughly divided into three stages. First, the dorsal fins are resorbed, then the muscle fibers are fragmented and finally the notochord lamella is dissolved (Das et al., 2002; Brown et al., 2005). In addition to these morphological changes, there are several important cellular events that make up this process. In response to THs, tail muscle cells up-regulate and activate CASP3 and a high level of pro-apoptotic BAX expression in the tail during its resorption has been described in Xenopus laevis (Das et al., 2002, 2006). This is supported by the fact that overexpression of the anti-apoptotic Bcl-2 in tail muscle inhibits TH-induced cell death. Similarly, downstream of BAX, pro-apoptotic CASP9 is also upregulated in the brain, intestine and tail during metamorphic climax (Das et al., 2006). Still, the tadpole tail is not the only structure that is removed or modified by apoptosis. The gills also degenerate almost completely, and the intestine and pancreas are drastically remodeled to accommodate the change in diet from the herbivorous tadpole stage to the carnivorous adult stage (Sun et al., 2014). A similar remodeling must occur in the organs of the immune system like the spleen as the larval immune system is not equipped to defend against the same pathogens as an adult frog immune system (Ishizuya-Oka et al., 2010). Just like the tail resorption, regulation of these processes is under the control of thyroid hormones (THs) (Ishizuya-Oka et al., 2010). The thyroid hormones T3 and T4 are secreted by the developing tadpole’s thyroid gland and, in the case of T4, is converted to T3 by type I and II deiodinases in the target tissue. TH actions are mediated via thyroid hormone receptors, a type of nuclear hormone receptor that is necessary for mediating the metamorphic effects of TH in tadpoles. In frogs two thyroid hormone receptors have been identified and characterized, Thra and Thrb (Ishizuya-Oka et al., 2010; Faunes and Larraín, 2016). Apoptosis in larval tissue is primarily mediated by Thrb (Ishizuya-Oka et al., 2010). While it was previously thought that TH was both necessary and sufficient for metamorphosis, recent research has indicated that steroid hormones such as glucocorticoids may play an important role in the progression of tail resorption as well (Sachs and Buccholz, 2019).
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FIGURE 2. Three representative examples of animals with indirect life histories and metamorphic transitions. Red color indicates major areas of PCD during development. Note that only major areas of PCD are depicted in these diagrams and many more have been identified. (A) Indirectly developing frog. The metamorphic transition of frogs impacts most physiological and morphological systems. While PCD occurs during embryogenesis (E – gastrulation and early cleavage stages) most work has identified the mechanisms of PCD during tail (t) regression, gill (g) and brain (b) remodeling, and the restructuring of many other organ systems. (B) Holometabolous insect. PCD occurs throughout holometabolous development, including the larval epidermis, neuroblasts (nb), imaginal disks (id), salivary gland (sg), midgut (mg), mushroom bodies, and gonads (g). The pupal stage (P) is a time of active tissue remodeling and patterning that is strongly associated with PCD. (C) Indirectly developing sea urchin. PCD has been identified throughout sea urchin development, including the embryo (E) and the larval (L) tissues. During settlement, many larval structures such as the arms (la), the ciliated band and parts of the stomach (st) degenerate, a process that has been shown to involve PCD. A, adult; E, embryo; J, juvenile; L, larva; P, pupa; PL, pre-metamorphic larva; ag, apical ganglion; b, brain; e, eyes; g, gills; g, gonads; id, imaginal disks; la, larval arms; mg, midgut; mgc, midline glial cells; nb, neurblasts; sg, salivary gland; st, stomach; t, tail.


In insects, proliferation and apoptosis are tightly linked during the pupal stage, where many steps of differentiation occur (Eroglu and Derry, 2016). Apoptosis contributes to the patterning and development of almost all adult structures in the imaginal disks of the larva (Figure 2; Fuchs and Steller, 2011). Furthermore, epithelial cells in the larval skin and the abdominal region are removed through apoptosis and are replaced by proliferating and migrating neuroblasts – stem cell-like founder cells (Parasathy and Palli, 2008; Ninov and Martín-Blanco, 2009). In Drosophila, group apoptosis is observed in the posterior wing imaginal discs, haltere and leg discs (Eroglu and Derry, 2016). Group apoptosis occurs as dying cells emulate signals that are partially sufficient in stimulating apoptosis in their neighbors. Additionally, overexpression of both the anti-apoptotic Cdk5α and pro-apoptotic hid genes can trigger neighboring cells into undergoing apoptosis. This coordinated apoptosis likely plays an important role in regulating proper tissue growth and preventing group crowding during metamorphosis (Eroglu and Derry, 2016; Kawamoto et al., 2016). The insect steroid hormone ecdysone plays a fundamental role in the regulation of development, being responsible for cell proliferation during larval molts and the pupal transition. Specifically, ecdysone activates transcriptional cascades that lead to the expression of Reaper, Hid Grim (RHG) genes and active caspases in insects. Conversely, in adult neurons, ecdysone acts as a pro-survival factor (Fuchs and Steller, 2011).

In many marine invertebrate groups, the drastic transition from the planktonic larva a free living benthic juvenile body that occurs during settlement involves PCD (Leise et al., 2004; Gifondorwa and Leise, 2006; Hadfield, 2011; Heyland et al., 2011, 2018; Lutek et al., 2018; Hadfield et al., 2021). In indirectly developing mollusks, metamorphosis, and settlement is characterized by substantial tissue remodeling. For example, veliger larvae of bivalves, scaphopods and gastropods lose their velar lobes during this process and build the adult ganglionic nervous system (Vogeler et al., 2021). Meanwhile, the central component of the larval nervous system, the apical organ, degenerates likely through apoptosis (Kiss, 2010; Heyland et al., 2011). Cell death within this organ has been shown to be initiated by the neurotransmitter serotonin and inhibited by nitric oxide (NO) (Bishop and Brandhorst, 2001; Kiss, 2010). In fact, using nitric oxide to inhibit apoptosis in some mollusc species may inhibit metamorphosis itself in competent larvae (Gifondorwa and Leise, 2006). At the molecular level, similarities exist between the apoptotic networks of mollusks and vertebrates (Kiss, 2010; Heyland et al., 2011; Romero et al., 2011, 2015). Like vertebrates, mollusks use both intrinsic and extrinsic apoptotic mechanisms and the presence of perforin in several bivalves may suggest the existence of a perforin/granzyme apoptotic pathway as well (Romero et al., 2015). These pathways also include caspases that are homologous to vertebrate caspases such as, CASP1, CASP2, CASP3, CASP6, CASP8, and a combination caspase-3/7 (Vogeler et al., 2021). Another similarity between vertebrate and mollusk apoptotic networks is the common convergence of the execution pathway, as initiated by the cleavage of CASP3 (Romero et al., 2015). While apoptosis has not received much attention in invertebrates, there is evidence that it plays an important role in the development of many different species of marine invertebrates. In the hydrozoan Hydractinia echinate PCD activity in the larval nervous system has been described (Seipp et al., 2010). In ascidians, a marine basal chordate, apoptosis has been identified during the transition of the larval (tadpole) body to the juvenile (Karaiskou et al., 2015). Apoptosis acts as a primary driver of tissue remodeling in the larvae of the cnidarian Clytia hemisphaerica (Krasovec et al., 2021). Furthermore, an expansion of the caspase complement has been described in the ascidian Ciona intestinalis in comparison to closely related species and this expansion may be in part driven by tail regression in the tadpole (Weill et al., 2005).



PCD IN SEA URCHIN DEVELOPMENT AND METAMORPHOSIS

Programmed cell death has also been studied in the development of several sea urchin species. As in other animal groups, PCD functions in oocyte development, embryonic development, and metamorphosis. Understanding the function of PCD in the developmental context of a whole animal will help to understand the relationships between PCD, hormones and metamorphosis. Here we briefly summarize this work to elucidate PCD function in the life cycle of sea urchins and then provide an up-to-date annotation of PCD related genes from the sea urchin S. purpuratus with insights into their potential functions in PCD regulation.

Sea urchins possess a functional apoptosis machinery that can act even during the development and maturation of oocytes and early embryos (Voronina and Wessel, 2001). Although PCD in actively dividing cells is widely described because of its role in tissue development, experimental evidence suggests that apoptosis occurs in cells that are not actively dividing but still metabolically active – often called quiescent cells (Voronina and Wessel, 2001). This means that not only is the apoptotic machinery present in germ cells, but it is functional as well (Voronina and Wessel, 2001). Still the function of apoptosis and other forms of programmed cell death in early embryonic development remain largely unclear. Similar to other, more studied organisms such as Caenorhabditis elegans, Drosophila melanogaster, Danio rerio, cleavage stages are mostly characterized by necrotic and pathological cell death rather than regulated apoptosis and it is not until gastrulation that a marked increase of apoptosis has been observed (Thurber and Epel, 2007; Galasso et al., 2019). Abundant experimental evidence shows that cell death can also be induced in early sea urchin development via cytotoxic treatments, pollutants, and UV radiation (Lesser et al., 2003; Chiarelli et al., 2011). During sea urchin gastrulation apoptosis appears to be a necessary component of normal development, as pharmacological induction of apoptosis or the inhibition of caspases results in deformed larvae and reduced survival in Stronglyocentrotus purpuratus (Thurber and Epel, 2007; Heyland pers. obs.). Galasso et al. (2019) found that many death genes are differentially expressed during this important developmental process and that apoptosis and autophagy during gastrulation are likely involved in cavity formation and the removal of inner ectodermal cells. Intriguingly, induction of apoptosis in gastrulation can result in significant acceleration of larval development of the surviving embryos compared to controls (Thurber and Epel, 2007). In larval development, PCD, specifically apoptosis, play a prominent role in sculpting tissues in the arms and the ciliary band and a function of apoptosis has been proposed in the adaptive phenotypic plastic response of larval arm and ciliary band length to microalgae concentration in the environment (Thurber and Epel, 2007; Agnello and Roccheri, 2010).

Data from a broad range of animals suggests a prominent role of PCD in the process of metamorphosis as summarized above and links between PCD and sea urchin metamorphosis and settlement have been studied in several species [reviewed in Heyland and Moroz (2006)]. As in other marine invertebrate species, sea urchins with an indirect life history undergo a drastic ecological, developmental, and physiological transition between the larval and juvenile stage. Settlement, the transition from the planktonic to the benthic environment can be preceded by major morphological or developmental changes but does not have to. In fact, some species, such as cnidarian, ascidian, and echinoderm species complete a large portion of morphological changes during or after settlement (Rodriguez et al., 1993; Heyland and Hodin, 2014; Krasovec et al., 2021). In sea urchins, a hallmark of settlement is the larval arm retraction and subsequent transition from a bilateral to a pentaradial organism. During this process cell death, proliferation, migration, and differentiation occur in a relatively short period of time (Cameron et al., 1989; Heyland and Moroz, 2006; Hodin, 2006; Lutek et al., 2018). Other changes, such as the formation of the juvenile mouth and nervous system develop on a much longer time scale, taking typically days to week to fully form (Thet et al., 2004; Emlet, 2010; Fadl et al., 2017, 2019). Apoptotic cells have been identified in the arms and ciliary bands of metamorphically competent larvae (the developmental stage preceding settlement) as well as in juveniles (Roccheri et al., 2002; Lutek et al., 2018). Moreover, specific signaling molecules have been implicated in the induction of PCD in sea urchin metamorphosis and settlement. Glutamine and some of its derivatives, compounds that have been shown to accelerate metamorphic development, can induce apoptosis in the larval epithelium in the sea urchin Hemicentrotus pulcherrimus (Sato et al., 2006). Furthermore, recent research shows that histamine has a dual function in larval development of the sea urchin S. purpuratus. While it aids in the attainment of metamorphic competence, it also keeps larvae in that state by inhibiting the settlement process (Lutek et al., 2018). The latter process is, at least in part, the result of the inhibition of apoptosis in the larval arms by histamine signaling via the sea urchin histamine receptor (Lutek et al., 2018). Histamine may interact with TH signaling, a hormone that can be endogenously synthesized (Heyland et al., 2006b,a; Miller and Heyland, 2009, 2013) or derived from unicellular algae that echinoid larvae feed on (van Bergeijk et al., 2013) and that has been shown to regulate development, including metamorphic development in sea urchins and sand dollars (Heyland and Hodin, 2004; Heyland et al., 2004). Recent evidence from the sea urchin S. purpuratus also suggests that THs may signal via integrins in addition to their nuclear hormone receptor pathway (Taylor and Heyland, 2018). A distinct characteristic of the effect TH signaling in sea urchin and sand dollar larvae is the acceleration of juvenile structures while reducing the length of larval arms (Heyland and Hodin, 2004). It is the ladder effect of THs that is in part the result of PCD (Wynen and Heyland, 2021).



APOPTOTIC GENES IN THE SEA URCHIN (S. PURPURATUS)

Due to the important role apoptosis plays in development and homeostasis, the apoptotic toolkit may become complex and contain many redundancies within specific lineages. As far as metazoans are concerned, there have been many documented cases of gene losses and expansion (Zmasek and Godzik, 2013; Romero et al., 2015; Green and Fitzgerald, 2016). This makes it difficult to provide a comprehensive overview of apoptosis in specific groups for which little functional data is available. Keeping this in mind, we used an earlier PCD annotation of the sea urchin genome as a starting point (Robertson et al., 2006) and further annotated the sea urchin apoptotic tool kit (sea urchin genome assembly and annotation v. 5.0).

As outlined above, the intrinsic pathway responds to intracellular signals produced by non-receptor mediated stimuli that leads to the activation of Bcl-2 family members. One type of non-receptor mediated stimuli that leads to intracellular signaling is exposure to ultraviolet radiation. As discussed earlier, DNA damage caused by radiation can lead to the activation of the gene p53 (Lesser et al., 2003). The protein p53 leads to a downregulation of anti-apoptotic Bcl-2 proteins which can lead to apoptosis (Bourgarel-Rey et al., 2009). The Bcl-2 family may also be responsible for the absence of early developmental apoptosis in sea urchins (Thurber and Epel, 2007). Bcl-2 members that were identified in the sea urchin genome included Bcl-2, BAX, BAK1, BAG1, BLK, and BCL10 (Table 1). In sea urchins, orthologs for both BAX and BAK1 have been identified (Table 1) and similarly to vertebrates, these proteins share a Bcl-2 homology 3 (BH3) motif at the N-terminus of the Bcl-2 domain (Robertson et al., 2006). While the function of a protein or domain can only be conclusively determined by experimental work, examining the presence or absence of specific domains or comparing their structure to known proteins can still provide a good foundation to generate hypotheses and predictions about their role. The Bcl-2 family of proteins has a few characteristic domains that, while difficult to presume their function, at least allow for possible identification. These include the BH1, BH2, BH3, and BH4 domains (Moroy et al., 2009). The BH3 domain is a particularly well-known part of the Bcl-2 protein family and has been identified as a mediator of cell death (Moroy et al., 2009). The BH3 domain appears in pro-apoptotic proteins such as BAX, BAD and BIK (Moroy et al., 2009). Another class of pro-apoptotic Bcl-2 family members called the BH3-only proteins bind with anti-apoptotic proteins like Bcl-2 and BCL2L1 through the BH3 domain in order to suppress their anti-apoptotic activity (Moroy et al., 2009). The BH domains are important for facilitating interactions between the Bcl-2 protein family members (Gurudutta et al., 2005; Aouacheria et al., 2013).

The proteins involved in the formation of the apoptosome, cycs, APAF1, and CASP9, are well-represented in sea urchins. While four predictions for APAF1-like proteins exist in the sea urchin genome, two are nearly identical and generally regarded as paralogs (Robertson et al., 2006) and one APAF1 -like protein lacks the N-terminal caspase recruitment domain (CARD) found in humans, flies and nematodes, and instead possessing a death domain (Robertson et al., 2006). The final APAF1 -like protein is very similar in architecture to human APAF1 (Table 1; Robertson et al., 2006). The CARD domain of APAF1 is important due to its interaction with the CARD domain of CASP9 (Wang et al., 2017). As mentioned previously, formation of the apoptosome can be blocked by AVEN which uses the BH1 domain of BCL2L1 to bind it and APAF1 to prevent activation of CASP9 by the apoptosome; all of which we found orthologs for (Table 1; Chau et al., 2000; Elmore, 2007). Should the apoptosome form, then CASP9 is activated (Elmore, 2007). The CASP9 family underwent an echinoderm-specific expansion which resulted in several CASP9-like proteins (Robertson et al., 2006; Agnello and Roccheri, 2010). When analyzed by Robertson et al. (2006) four CASP9-like proteins were reported and only one featured a recognizable CARD domain (LOC594735). In the updated genome, we were able to annotate three proteins that are similar to CASP9 that have a complete CARD domain (LOC586121, LOC115924698, and LOC584219) and one protein that is very similar in sequence to CASP9 and has an incomplete CARD domain (LOC586121). Furthermore, the protein that Robertson et al. (2006) originally identified, does not appear to have a CARD domain or show as much similarity to human CASP9 as the proteins reported above. The CARD domain is important for binding of procaspase-9 to APAF1 and may play a role in stabilizing interactions within the core of CASP9 (Huber et al., 2018). Since this domain is so important, it may help to identify the function of CASP9-like proteins. This function can be blocked however, when the baculoviral IAP repeat 3 (BIR3) domain of XIAP binds with CASP9 in order to prevent the start of the execution pathway (Shiozaki et al., 2003). This action can be blocked by DIABLO which competes with CASP9 for binding of the BIR3 domain (Gao et al., 2007). Additionally, binding of DIABLO with the BIR2 domain of XIAP can antagonize inhibition of CASP3 by XIAP (Gao et al., 2007). HtrA2 is able to inhibit XIAP in a similar way (Figure 1; Verhagen et al., 2002; Elmore, 2007; Obexer and Ausserlechner, 2014). The protein AIFM1, which is released from the outer mitochondrial membrane plays a role triggering DNA fragmentation and was also found upon analysis (Table 1; Elmore, 2007).

We found fewer orthologous proteins in the extrinsic complement than in the intrinsic pathway. Specifically, we were unable to find a clear ortholog of TNF, even though we found an ortholog for its receptor TNFRSF1A (Table 1). There are a few couplings that are well known in this pathway: TNF/TNFRSF1A, FasLG/Fas, TNFSF12/TNFRSF25, TNFSF10/TNFRSF10A, and TNFSF10/TNFRSF10B (Elmore, 2007). We were able to identify possible orthologs of FasLG, Fas, TNFSF12 and TNFSF10 however, we were unable to find clear orthologs for TNFRSF25, TNFRSF10A, and TNFRSF10B (Table 1). Interestingly, there seems to be similarity between TNFRSF10A, TNFRSF10B and S. purpuratus TNFR16 (LOC586563). While this similarity is relatively low, it may provide valuable insight into the extrinsic pathway of sea urchins and the absence of so many extrinsic receptors. Of the proteins that are involved in recruiting procaspase-8 to the DISC, possible orthologs for FADD and RIP were identified but not TRADD (Table 1). Like the CASP9-like protein family, there seems to have been some expansion of the CASP8 family in the sea urchin genome (Robertson et al., 2006; Agnello and Roccheri, 2010). Upon analysis, Robertson et al. (2006) found five caspase-like-proteins, two of which contained clear linkages to DEDs, similar to human CASP8. Of these two proteins, only one has a complete caspase domain and therefore is a strong candidate for a human CASP8 ortholog (Table 1; Robertson et al., 2006).

The granzyme/perforin pathway contains fewer proteins than the intrinsic and extrinsic pathway but still seems to be well represented in the sea urchin genome (Table 1). In the perforin/granzyme pathway, sea urchin orthologs for GZMA, GZMB, CASP10, and NME1 were identified (Table 1).

All three of these pathways converge at the execution pathway which is also well represented in the sea urchin genome, likely due to the important role caspases play in this part of apoptosis (Table 1). One of the biggest differences between mammals and sea urchins seems to be the lack of clear distinction between CASP3 and CASP7 (Robertson et al., 2006). Due to this fact, it is difficult to conclusively identify separate orthologs for these caspases and the LOCs represented in the table may indicate paralogs of one gene (Table 1). We have been able to identify orthologs for CASP6, PARP1 and SPTAN1 (Table 1).



CONCLUSION

As others have pointed out, endocrine mechanisms are intricately linked to the mechanisms underlying metamorphic transitions in animals and PCD is one important output of these mechanisms (Nakajima et al., 2005; Heyland and Moroz, 2006; Mané-Padrós et al., 2010; Heyland et al., 2018). In addition to frogs and flies, for which many of these mechanisms have been studied in detail, our analysis also revealed that PCD is an intricate part of metamorphosis and settlement of many marine invertebrate groups with indirect life histories. Specifically, the target of PCD in these groups is the larval nervous system and feeding and digestive structures such as the ciliated band and larval arms. Studies into the molecular and cellular mechanisms underlying these processes require further research. While the annotation of PCD related genes in target species can be difficult due to species specific expansions and diversification, it is a valuable exercise and can help shed light on the ecological and environmental factors driving these processes (Lespinet et al., 2002). For example, caspases in sea urchins have undergone such expansions and may play a role in important developmental processes such as metamorphosis and settlement by removing larval tissue. Although necessary to switch between environments, metamorphosis, and settlement can be rapid and resource intense processes and elucidating the putative function of caspases in these processes may help shed light onto the environmental conditions driving the expansion of the caspase family in sea urchins. Finally, the role of endocrine mechanisms in the regulation of metamorphosis and settlement as well as PCD may be significantly more wide-spread and future studies should explore this link in more details in marine invertebrate phyla.
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Animals can adjust their physiology, helping them survive and reproduce under a wide range of environmental conditions. One of the strategies to endure unfavorable environmental conditions such as low temperature and limited food supplies is dormancy. In some insect species, this may manifest as reproductive dormancy, which causes their reproductive organs to be severely depleted under conditions unsuitable for reproduction. Reproductive dormancy in insects is induced by a reduction in juvenile hormones synthesized in the corpus allatum (pl. corpora allata; CA) in response to winter-specific environmental cues, such as low temperatures and short-day length. In recent years, significant progress has been made in the study of dormancy-inducing conditions dependent on CA control mechanisms in Drosophila melanogaster. This review summarizes dormancy control mechanisms in D. melanogaster and discusses the implications for future studies of insect dormancy, particularly focusing on juvenile hormone-dependent regulation.
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INTRODUCTION

In animals, neuroendocrine systems play a crucial role in facilitating adaptation to a wide variety of environments (Schmidt-Nielsen, 1997). In the temperate zone, winter is a challenging season for many animals because of the freezing temperatures and food shortages, which are sustained over several months. Hence, in winter, animals often suspend or slow down their normal physical functions, a process known as dormancy (Hand et al., 2016). To date, dormancy is recognized as an adaptive phenomenon in a wide variety of animal species (Hand et al., 2016).

Insects are one of the main animal groups that have been intensively used in dormancy studies. This is because control of insect dormancy could benefit many aspects of industry and agriculture. For example, since the silkworm Bombyx mori possesses an egg dormancy stage, a technology to flexibly regulate the induction and end of egg dormancy is useful to enable sericulture throughout the year (Yamashita and Yaginuma, 1991). In addition, pest dormancy studies are thought to be important because understanding the seasonal distribution of pests is critical for generating predictive models to accurately determine when pests are destructive (Denlinger, 2008). Moreover, there have been attempts to select specific dormancy phenotypes in biocontrol agents, which cannot become dormant in a season when crop pest populations continue to grow (Lirakis and Magalhães, 2019). In this regard, it is noteworthy that a branch of the United Nations promoted a coordinated research project on dormancy management to enable mass-rearing and increase the efficacy of sterile insects and natural enemies from 2014 to 2019 (Food and Agriculture Organization of the United Nations, 2013).

Previous studies have revealed that the developmental stages of dormancy differ between insect species (Tauber et al., 1986; Danks, 1987, 2006; Schiesari and O’Connor, 2013). For example, as described above, B. mori enters dormancy only in the egg stage (Yamashita and Yaginuma, 1991). However, in other species, dormancy is not restricted to the egg but can occur at other stages, including the adult life. Adult dormancy results in many metabolic and behavioral changes, such as the slow-down of reproduction, decreased food ingestion, suppressed metabolism, increased stress resistance, and extended adult lifespan (Danks, 1987; Tatar and Yin, 2001; Hahn and Denlinger, 2011; Kubrak et al., 2014). Among the multiple changes, reproductive slow-down is thought to be a key event of adult dormancy, known as reproductive dormancy. Since adult insects allocate a considerable amount of energy to gametogenesis, reproductive dormancy allows insects to reduce their energy consumption and produce offspring again in the spring when winter is over. Reproductive dormancy is found in both male and female adults; In particular, females exhibit a drastic suppression of gametogenesis (oogenesis) by inhibiting vitellogenesis, accessory gland activity, and mating behavior (Saunders et al., 1989; Pener, 1992; Kubrak et al., 2016).

Previous studies have shown that reproductive dormancy and other types of dormancy are regulated by a complex interplay of multiple hormones and neurotransmitters in insects (Denlinger, 2002; Emerson et al., 2009a; Denlinger et al., 2012). In particular, several major hormones influence reproductive dormancy, including juvenile hormones (JHs), insulin-like peptides, and ecdysteroids (Denlinger, 2002; Emerson et al., 2009a; Denlinger et al., 2012). All of three classes of hormones are known to have a stimulatory effect on ovarian development, and a decrease in these signals in dormant individuals suppresses ovarian development (Denlinger, 2002; Emerson et al., 2009a; Denlinger et al., 2012; Uryu et al., 2015; Lenaerts et al., 2019; Santos et al., 2019; Swevers, 2019; Semaniuk et al., 2021). Among these three, JHs, the arthropod-specific sesquiterpenoid hormones, have been the most intensively studied in the long history of entomology to unravel their vital role in regulating reproductive dormancy in female adults. Since JHs are essential for promoting vitellogenesis in normal (non-dormancy-inducing) conditions, the reduction in JH levels is conversely required for suppressing vitellogenesis, leading to reproductive dormancy in females (Denlinger et al., 2012; Santos et al., 2019). This mechanism was well demonstrated in a study using the Colorado potato beetle Leptinotarsa decemlineata (de Wilde and de Boer, 1961, 1969; Schooneveld et al., 1977; Kort, 1990), which has frequently been used for studies on reproductive dormancy. After hatching under short-day condition, the adults burrow into the soil and enter dormancy. When the endocrine organ known as the corpus allatum (pl. corpora allata; CA), responsible for biosynthesizing JHs, is dissected out from a non-dormant beetle and then transplanted to a dormant beetle, the dormant status is released from the beetle receiving the transplant. Such release of dormancy is also observed when JH is applied to a dormant beetle. In contrast, when the CA of a non-dormant beetle is surgically ablated, the ovarian development is inhibited even under long-day (non-dormancy-inducing) conditions. These results indicate that the reduced concentration of JH, which is biosynthesized in the CA, causes reproductive dormancy in L. decemlineata females. After this discovery, the importance of JH reduction to induce female reproductive dormancy has been confirmed in many insect species (Denlinger et al., 2012; Hand et al., 2016). Therefore, there must be essential, common mechanisms by which information about dormancy-inducing environmental cues, such as low temperature and short-day condition, are transmitted to the CA to control JH biosynthesis or release. However, the mechanisms at the molecular, cellular, and neuroendocrine levels have not yet been fully elucidated.

Among several insects used in laboratories, the fruit fly Drosophila melanogaster has contributed substantially to the discovery of various biological phenomena based on powerful genetic tools such as the GAL4-UAS system (Brand and Perrimon, 1993; Neckameyer and Argue, 2013). In the last decade, significant progress has been made in the study of reproductive dormancy in females of D. melanogaster. Specifically, there have been several recent studies to address how dormancy-inducing stimuli are transmitted to the CA to regulate reproductive dormancy through the reduction of JH titer. Importantly, a part of D. melanogaster research is beginning to contribute to understanding the molecular mechanisms of reproductive dormancy in other insects, as we describe below. This review summarizes current knowledge about the mechanisms of reproductive dormancy in D. melanogaster females and discusses the remaining questions of the D. melanogaster dormancy, particularly focusing on juvenile hormone-dependent regulation.



AN OVERVIEW OF DROSOPHILA MELANOGASTER DORMANCY

First, we would like to define our usage of the term “dormancy.” In general, dormancy can be broadly classified into two types, diapause and quiescence. Diapause is induced by seasonal cues that do not directly prevent development but foreshow the arrival of unfavorable conditions. On the other hand, quiescence is characterized by slowed metabolism and directly results from unfavorable environmental conditions such as low temperature (Koštál, 2006; Schiesari et al., 2011; Schiesari and O’Connor, 2013). There is still a debate about whether reproductive dormancy in D. melanogaster should be classified as diapause or quiescence (Tatar et al., 2001; Koštál, 2006; Lirakis et al., 2018). However, it seems obvious that reproductive dormancy in D. melanogaster is influenced by both short-day conditions and low temperature (Schiesari et al., 2016; Zonato et al., 2017; Figure 1). This fact implies that reproductive dormancy in D. melanogaster has both quiescence and diapause properties. Therefore, most papers published in recent years simply use “dormancy” to describe the short-day and low temperature-induced changes in D. melanogaster adults (Kubrak et al., 2016; Liu et al., 2016; Andreatta et al., 2018; Lirakis et al., 2018; Ojima et al., 2018; Nagy et al., 2019; Abrieux et al., 2020). In this paper, as is customary, we will refer to the D. melanogaster phenotypes in terms of dormancy.
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FIGURE 1. Reproductive dormancy in Drosophila melanogaster adult females. Under non-dormancy-inducing conditions (25°C, 12 h light:12 h dark; left), approximately 20–60 mature eggs, in which yolk proteins are well accumulated, are observed in the female abdomen. On the other hand, under dormancy-inducing conditions (11°C, 10 h light:14 h dark; right), oogenesis is severely suppressed, and mature eggs with yolk protein are rarely observed. In non-dormant flies, yolk protein accumulation is positively controlled by juvenile hormone (JH) produced in and secreted from the corpus allatum (CA, orange). Conversely, in dormant flies, JH biosynthesis in the CA is suppressed, leading to the slow-down of oogenesis. Scale bars, 0.5 mm.


In laboratories, D. melanogaster dormancy is commonly induced by transferring virgin females into dormancy-inducing conditions shortly after (usually 2–6 h) eclosion under non-dormancy-inducing conditions. Such newly eclosed female flies are supposed to have previtellogenic or even few early vitellogenic egg chambers but not mature eggs. When the newly eclosed females are maintained in dormancy-inducing conditions, the flies continuously keep the immature ovaries even 2 or 3 weeks after eclosion (Zonato et al., 2017; Lirakis et al., 2018; Figure 1). However, since reproductive dormancy is a “slow-down” and not a complete arrest, in ovarian development, the percentage of non-dormant flies increases about 4 weeks after hatching (Schiesari et al., 2016; Zonato et al., 2017; Lirakis et al., 2018). Meanwhile, rearing flies under conditions of temperature and day length that mimic winter can prolong the slow-down of oogenesis and maintain a higher reproductive dormancy rate than simple dormancy-inducing conditions even 3 months after eclosion (Zonato et al., 2017). It is still unclear why such environmental fluctuation is important to extend reproductive dormancy.

Under dormancy-inducing conditions in laboratories, D. melanogaster adults display some physiological changes, such as reduced metabolism (Saunders et al., 1989; Saunders and Gilbert, 1990; Tatar and Yin, 2001; Tatar et al., 2001; Kubrak et al., 2014; Anduaga et al., 2018). Previous studies have shown that absolute amounts of trehalose and glucose positively correlate with the dormancy rate (Kubrak et al., 2014; Anduaga et al., 2018). In addition, trehalose/glycogen and trehalose/glucose ratios also positively correlate with the dormancy rate (Watanabe et al., 2002; Kubrak et al., 2014; Anduaga et al., 2018). These observations raise a hypothesis that the biosynthesis of trehalose, an energy source and an anti-freezing material, is activated in dormant flies (Crowe, 2007; MacRae, 2010; Hahn and Denlinger, 2011). On the other hand, protein amount does not correlates with dormancy rate (Kubrak et al., 2014; Anduaga et al., 2018). Dormancy-associated physiological changes also include an increase in stress tolerance, an extended lifespan, and the activation of the innate immune system in both male and female fly adults (Saunders et al., 1989; Saunders and Gilbert, 1990; Tatar et al., 2001; Tatar and Yin, 2001; Kubrak et al., 2014; Kuèerová et al., 2016; Anduaga et al., 2018). In addition, in D. melanogaster dormant females, the intestine is markedly shortened (Kubrak et al., 2014). Some of these physiological changes are also observed in other insects when they enter dormancy (Tatar and Yin, 2001; Denlinger, 2002; Hahn and Denlinger, 2007, 2011; Sim and Denlinger, 2013).

Along with the changes in metabolic state, suppression of vitellogenesis in oogenesis is another major aspect of dormancy (Figure 2); hence this process is called reproductive dormancy. Among the 14 distinct stages of D. melanogaster oogenesis (King, 1970; Bastock and St Johnston, 2008), vitellogenesis occurs from stage 8 (Bownes, 1994; Soller et al., 1997). Therefore, oocytes before and at stage 7 are defined as previtellogenic oocytes, while those after and at stage 8 are defined as vitellogenic oocytes. Most studies classify flies as dormant if their ovaries have only previtellogenic egg chambers, while flies with ovaries containing vitellogenic egg chambers are characterized as non-dormant (Saunders et al., 1989, 1990; Saunders, 1990; Saunders and Gilbert, 1990; Williams, 1993; Richard et al., 1998; Tatar et al., 2001; Schmidt and Conde, 2006; Williams et al., 2006; Schmidt and Paaby, 2008; Schmidt et al., 2008; Emerson et al., 2009b; Lee et al., 2011; Fabian et al., 2015; Schiesari et al., 2016; Zhao et al., 2016; Zonato et al., 2017; Andreatta et al., 2018; Ojima et al., 2018; Nagy et al., 2019; Figure 1). However, there is still an ongoing debate about whether this commonly used classification is truly valid, as discussed in several papers (Tatar et al., 2001; Lee et al., 2011; Lirakis et al., 2018; Erickson et al., 2020). These papers claim that oogenesis in dormancy-inducing conditions is not arrested at provitellogenic stages but rather at stage 9 corresponding to early vitellogenesis. In fact, stage 9 oocytes are largely different from stage 10 and later oocytes from the following perspectives. First, stage 10 oocytes massively grow and are drastically enlarged compared to stage 9 oocytes (He et al., 2011). Second, stage 9 oocytes possess a very small amount of yolk, but stage 10 oocytes accumulate it well (He et al., 2011). Third, stage 8 oocytes self-synthesize yolk proteins, while stage 10 oocytes incorporate extracellular yolk proteins synthesized in the fat body cells and released into the hemolymph (Brennan et al., 1982). Importantly, several studies have shown that dormant oocytes incorporate hemolymph yolk proteins in lesser amounts (Saunders, 1990; Saunders et al., 1990; Richard et al., 2001b). This issue is still being debated.
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FIGURE 2. Reproductive dormancy is regulated by JH through the production of yolk protein in the fat body. JH (orange) promotes the production of yolk protein in the fat body and the uptake of yolk protein in the ovary. On the other hand, ecdysteroids (pink) promote yolk protein production in the fat body, affect JH biosynthesis in the CA, and regulate oogenesis. Under dormancy-inducing conditions, a decrease in JH level and ecdysteroid level suppresses the yolk protein accumulation (dark yellow) in oocytes, leading to reproductive dormancy. Furthermore, dopamine (dark blue) might be involved in inducing reproductive dormancy via yolk protein production in the fat body.


Previous laboratory studies have reported that, like other insects, low temperature and short-day condition influence the induction of dormancy in D. melanogaster adults (Saunders et al., 1989; Saunders and Gilbert, 1990; Allen, 2007; Figure 1). However, in contrast to the importance of short-day condition to induce dormancy in many other insect species, it is known that low temperature, but not short-day condition, is the crucial dormancy stimulus in D. melanogaster (Saunders and Gilbert, 1990; Zonato et al., 2017; Anduaga et al., 2018). In other words, D. melanogaster adults enter dormancy at temperatures less than 13∘C even in long-day condition, but they never enter dormancy in short-day condition if the temperature is higher than 13°C. In D. melanogaster, the photoperiod appears to modulate reproductive dormancy within a 10–13°C range of permissiveness temperature (Saunders et al., 1989; Saunders and Gilbert, 1990; Schiesari et al., 2011). Curiously, a recent study has suggested that a very subtle difference in temperature, such as a 0.3°C difference, possibly has a significant impact on the induction of dormancy (Anduaga et al., 2018).

A concern about most laboratory experiments is that these previous data were obtained under artificial light on/off conditions, which is the unnatural constant light-constant dark photoperiodic cycle. However, a recent study has claimed that such artificial light on/off conditions does not reflect natural light/dark change and, thus, underestimate the effect of photoperiod on D. melanogaster reproductive dormancy (Nagy et al., 2018). This study revealed that a photoperiod-dependent reproductive dormancy is more clearly observed in D. melanogaster European strains when the animals are reared under gradual elevation and reduction of light that mimic the natural light/dark change (Nagy et al., 2018). In addition to low temperature and short-day condition, starvation is an additional factor that enhances dormancy rate (Lirakis et al., 2018; Ojima et al., 2018).

In the wild, it has been well described that there are geographic variations in reproductive dormancy in D. melanogaster (Williams et al., 2006; Tauber et al., 2007; Sandrelli et al., 2007; Schmidt and Paaby, 2008; Schmidt et al., 2008; Emerson et al., 2009b; Kolaczkowski et al., 2011; Lee et al., 2011; Fabian et al., 2012; Bergland et al., 2014; Kapun et al., 2016; Zhao et al., 2016; Zonato et al., 2017; Lirakis et al., 2018; Betancourt et al., 2021; Machado et al., 2021). D. melanogaster originated in sub-Saharan Africa and subsequently expanded its habitat, possibly in association with humans and agriculture (Flatt, 2020). The flies have colonized temperate habitats in Eurasia and, more recently, North America and Australia. Genotypes from some populations enter reproductive dormancy readily in response to low temperature and short-day conditions, whereas others have low or zero dormancy propensity (Williams, 1993; Schmidt and Paaby, 2008; Emerson et al., 2009b; Fabian et al., 2015). Seasonal high-latitude populations show much greater dormancy inducibility than flies from subtropical/tropical low-latitude populations. In addition, geographic variations in reproductive dormancy in wild D. melanogaster are associated with single nucleotide polymorphisms in several loci, as we discuss later, suggesting that the traits of reproductive dormancy are genetically constrained.



THE ROLE OF JUVENILE HORMONES IN DROSOPHILA MELANOGASTER REPRODUCTIVE DORMANCY

As in other insect species, the induction of D. melanogaster reproductive dormancy is associated with reduced JH levels (Figure 1). A previous study using an in vitro assay system has shown that the dissected CA from animals under reproductive dormancy-inducing conditions exhibits reduced JH biosynthesis (Saunders et al., 1990). In contrast, administration of the JH analog methoprene can break reproductive dormancy (Tatar and Yin, 2001). Phenotypes of reproductive dormancy are also observed in female flies in which JH biosynthetic enzymes are enhanced or suppressed. For example, overexpression of a gene encoding juvenile hormone acid O-methyltransferase (Jhamt) significantly reduces the percentage of dormant flies (Shinoda and Itoyama, 2003; Niwa et al., 2008; Noriega, 2014; Ojima et al., 2018). Conversely, the CA-specific transgenic double-strand RNA interference (RNAi) of Jhamt increases the percentage of dormant flies (Ojima et al., 2018). Taken together, these observations are consistent with the fact that JH accelerates oogenesis in most insects, including D. melanogaster, under non-dormancy-inducing conditions.

The role of JH in the regulation of D. melanogaster reproductive dormancy has also been investigated at the level of oogenesis. It is well known that JH is essential for facilitating vitellogenesis from the oocyte stage 8 (Bownes, 1994; Soller et al., 1997). More precisely, JH promotes yolk protein production, which occurs mainly in the fat body, and also acts on the ovarian follicle cells to promote vitellogenesis by enhancing yolk protein uptake to oocytes (Postlethwait and Weiser, 1973; Bownes, 1989; Soller et al., 1997, 1999; Richard et al., 2001a; Santos et al., 2019). The suppression of yolk protein production in the dormancy-inducing condition correlates well with reproductive dormancy (Saunders et al., 1990; Figure 2). Experimentally, application of the JH analog to dormant females increased yolk protein production and the number of vitellogenic oocytes as compared to an experimental control group (Saunders et al., 1990; Tatar et al., 2001). These data indicate that, in D. melanogaster and many other insects, reproductive dormancy is due to the suppression of vitellogenesis, at least in part, by JH titer reduction.



NEUROENDOCRINE MECHANISMS THAT DIRECTLY OR INDIRECTLY CONTROL JUVENILE HORMONE BIOSYNTHESIS IN THE CORPUS ALLATUM IN DROSOPHILA MELANOGASTER

To understand how JH biosynthesis in the CA is suppressed when the animals are placed in dormancy-inducing conditions, it is important to unravel the mechanisms transmitting environmental cues to the CA to influence the activity of JH biosynthesis. Although the mechanisms have not yet been fully elucidated, recent studies on D. melanogaster have collectively argued that several neuroendocrine factors are crucial for inducing JH-mediated reproductive dormancy. Hereafter we are describing the recent knowledge of neuroendocrine regulation of reproductive dormancy in D. melanogaster. As we described earlier, insect reproductive dormancy is regulated not only by JHs but also many other hormones, including insulin-like peptides and ecdysteroids. Although it might be plausible to consider that insulin-like peptides and ecdysteroids have roles in reproductive dormancy independent of JHs, recent D. melanogaster studies have indicated that insulin-like peptides and ecdysteroids influence JH biosynthesis in the CA in multiple way. Therefore, in this review, instead of deliberately focusing on the whole picture of hormone interactions, we dare to focus on JHs and discuss the involvement of other hormones and neurotransmitters.


Mechanisms of Insulin Signaling-Mediated Reproductive Dormancy

Insulin signaling controls development, growth, and physiology by regulating nutrient metabolism and energy expenditure in animals. In D. melanogaster, insulin signaling has versatile functions, including reproductive dormancy (Sim and Denlinger, 2013; Kubrak et al., 2014; Liu et al., 2016; Schiesari et al., 2016; Ojima et al., 2018; Semaniuk et al., 2021). Drosophila insulin-like peptides (Dilps), orthologs of vertebrate insulin and insulin growth factors, are the endocrine factors activating insulin signaling in D. melanogaster (Semaniuk et al., 2021; Figures 3A,B). Their secretion is regulated by the activity of insulin-producing cells (IPCs), which are neurons located in the pars intercerebralis (PI) of the brain. Dilps are then released from IPCs into the hemolymph (Semaniuk et al., 2021; Figure 3A). A previous study has demonstrated that, in flies reared at 11°C, short-day condition results in lower neuronal activity of IPCs than long-day condition (Ojima et al., 2018). Furthermore, when IPCs are artificially activated by overexpression of a transient receptor potential cation channel under dormancy-inducing conditions, the percentage of dormant flies decreases. Conversely, an artificial inhibition of IPCs by overexpressing an inward rectifier potassium channel increases the percentage of dormant flies (Venken et al., 2011; Schiesari et al., 2016; Ojima et al., 2018). These results suggest that IPCs negatively regulate reproductive dormancy. Phenotypes of reproductive dormancy are also observed in loss- and gain-of-function of Dilps and insulin receptor (InR). For example, overexpression of Dilp2 and Dilp5 in the IPCs suppresses the induction of dormancy (Schiesari et al., 2016). On the other hand, IPC-specific RNAi of Dilp2, Dilp5 upregulates the induction of dormancy (Schiesari et al., 2016). Moreover, molecules downstream of Dilps and InR are also involved in reproductive dormancy. For example, Phosphatidylinositol-3 kinase (PI3K) influences of the rate of reproductive dormancy in the North American population of D. melanogaster (Williams et al., 2006). In addition, FoxO, a well-known transcription factor downstream of Dilp signaling, also plays a crucial role in inducing reproductive dormancy, as revealed by an experiment using a FoxO-mediated gene expression reporter (Schiesari et al., 2016). Taken together, the production and secretion of Dilps are greatly suppressed in dormancy-inducing conditions, resulting in reduced insulin signaling, followed by the suppression of oogenesis (Figure 3B).
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FIGURE 3. Schematic representation of the neuroendocrine mechanisms regulating JH biosynthesis. (A) Anatomy of small ventral lateral neurons (s-LNv; magenta), insulin-producing cells (IPCs; red), and the corpus allatum (CA) in D. melanogaster adult female. s-LNvs are the circadian clock pacemaker neurons whose axons seem to have direct synaptic connections with IPCs. (B) The s-LNv-IPC-CA axis and multiple humoral factors to regulate JH biosynthesis in the CA. Under dormant conditions, the secretion of pigment-dispersing factor (Pdf) and short neuropeptide F (sNPF) from s-LNv is reduced, followed by the suppression of IPC activity and consequently that of Dilp production. Serotonin and dopamine are also involved in inducing reproductive dormancy by repressing Dilp expression in IPCs. It is noteworthy that, whereas it is generally considered that serotonin receptor (5-HT1A) and dopamine receptor (DopR1) positively evoke intracellular cAMP level, it is unclear how serotonin-5-HT1A and dopamine-DopR1 signaling negatively regulate Dilp expression, differently from Pdf-Pdf receptor (PdfR) and sNPF-sNPF receptor (sNPFR) signaling. In addition to these hormones and neurotransmitters, Dilp expression is intracellularly regulated by the transcriptional regulator Eye absent (Eya) and possibly the core circadian clock gene timeless (Tim). Dilps and Ecdysis-triggering hormone (ETH) have a function to promote JH biosynthesis in the CA. On the other hand, dopamine has a function to suppress JH production in the CA under dormancy-inducing conditions. In many insects, direct projection nerves of the CA are essential for the regulation of reproductive dormancy, while it is still unclear whether this is also the case in D. melanogaster.


How does the reduction of Dilp signaling suppress oogenesis? One mechanism is that reduced Dilp signaling in the CA downregulates JH biosynthesis (Figure 3B). For example, overexpression of constitutively active InR or PI3K in the CA significantly decreases in flies with ovarian arrest in dormancy-inducing conditions (Ojima et al., 2018). Conversely, InR RNAi or dominant-negative PI3K or mTOR, another downstream element of insulin signaling, increases the proportion of flies with ovarian arrest in both normal and dormancy-inducing conditions (Ojima et al., 2018). On the other hand, besides the JH-mediated action of Dilps, there are other mechanisms by which Dilps directly act on ovarian cells to regulate oogenesis or indirectly influence oogenesis through the regulation of ecdysteroid biosynthesis (Tu et al., 2002, 2005; LaFever and Drummond-Barbosa, 2005).

The role of insulin signaling in controlling developmental arrest has also been suggested in species other than insects, such as the nematode Caenorhabditis elegans and the annual killifish Austrofundulus limnaeus. In C. elegans, low food levels or other unfavorable environmental conditions lead to larval developmental arrest, known as dauer (Hu, 2007). Previous studies have identified and characterized genes mutated in various mutants exhibiting dysregulation of dauer arrest, called daf mutants. Some of the identified genes encode insulin-like peptides, insulin receptor, and signal transduction molecules downstream of insulin receptor (Golden and Riddle, 1982, 1984; Cornils et al., 2011; Sim and Denlinger, 2013). In the annual killifish, downregulation of insulin signaling appears essential for regulating embryonic diapause (Woll and Podrabsky, 2017). Considering that JHs are arthropod-specific and neither nematodes nor vertebrates biosynthesize JHs, it would be intriguing to examine whether and how insulin signaling interacts with other hormones and other bioactive molecules to regulate developmental arrest in these animals, such as dafachronic acids in C. elegans (Hu, 2007; Niwa and Niwa, 2014) and vitamin D3 in the annual killifish (Romney et al., 2018).



Mechanisms of Aminergic Signaling-Mediated Reproductive Dormancy

Previous studies on pupal dormancy in butterflies and moths have shown that hemolymph levels of aminergic neurotransmitters, such as dopamine and serotonin, are elevated during dormancy (Noguchi and Hayakawa, 1997; Isabel et al., 2001; Hsu et al., 2020; Figure 3B). Recent studies have revealed that serotonin and dopamine are also involved in regulating reproductive dormancy in D. melanogaster (Andreatta et al., 2018).

In D. melanogaster, the dopamine level in the whole adult body significantly increases under dormancy-inducing conditions (Andreatta et al., 2018). Furthermore, the percentage of flies with reproductive dormancy is reduced in mutants of DOPA decarboxylase (Ddc), which is involved in the biosynthesis of dopamine and serotonin (Sherald and Wright, 1974; Wright et al., 1976). On the other hand, activation of the dopaminergic neurons results in an increased proportion of flies with reproductive dormancy. These results indicate that dopamine, in contrast to Dilps, positively regulates reproductive dormancy. However, among the approximately 130 bona fide dopaminergic neurons in the D. melanogaster brain (Kasture et al., 2018; Karam et al., 2020), the dopaminergic neuron(s) important for inducing reproductive dormancy have not yet been identified.

A previous study has revealed that Dop1R1, the gene encoding one of the dopamine receptors, is expressed at the CA and the fat body (Gruntenko et al., 2012; Figure 3B). Knockdown of Dop1R1 either in the CA or the fat body significantly reduces the percentage of dormant flies (Andreatta et al., 2018), suggesting that dopamine induces reproductive dormancy via both the CA and the fat body. It should be remembered that the fat body is the main organ producing yolk protein, which is essential for vitellogenesis (Bownes, 1994). Therefore, these data raise the possibility that dopamine might inhibit yolk protein production in the fat body, which indirectly suppresses vitellogenesis in dormant flies (Figure 2). Besides the CA and the fat body, dopamine seems to act on IPCs as well. While it is unclear whether any of the dopamine receptors are expressed in IPCs, Dop1R1 knockdown in IPCs also reduces the percentage of dormant flies (Andreatta et al., 2018). Therefore, Dilps production may be reduced when the IPCs receive dopamine (Figure 3B). Taken together, these data indicate that dopamine simultaneously acts on multiple tissues to regulate reproductive dormancy.

It is known that Dop1R1 is coupled with the stimulatory trimeric G-protein, known as Gs, and utilizes intracellular cyclic AMP (cAMP) as a second messenger (Gotzes et al., 1994; Sugamori et al., 1995). A previous study has shown that the CA-specific forced expression of a dominant-negative form of protein kinase A (PKA), a cAMP-activating kinase (Francis and Corbin, 1994), represses reproductive dormancy in the dormancy-inducing condition (Andreatta et al., 2018). Moreover, the animals in this study exhibited expression changes in JH-responsive genes, which seemed to reflect the increased JH titer. These results are also consistent with the involvement of Dop1R1 signaling in the CA in regulating reproductive dormancy (Figure 3B).

In addition to dopamine, serotonin also regulates reproductive dormancy in D. melanogaster. Artificial neuronal activation of serotonergic neurons by overexpressing a voltage-gated ion channel causes a significant increase in the percentage of dormant flies (Venken et al., 2011; Andreatta et al., 2018). Furthermore, one of the serotonin receptors, 5-HT1A, is expressed in IPCs and negatively regulates IPCs (Luo et al., 2012, 2014). Knockdown of 5-HT1A in IPCs greatly reduces the percentage of dormant flies. Consistent with this observation, the IPC-specific knockdown of 5-HT1A enhances the expression levels of Dilp2 and Dilp5. These results indicate that serotonin acts on IPCs to promote dormancy via regulation of insulin signaling (Figure 3B).

Other bioactive monoamines include octopamine and γ-aminobutyric acid (GABA) (Nässel, 2018). It has been demonstrated that the activation of octopaminergic neurons suppresses reproductive dormancy, while GABAergic signaling does not consistently affect dormancy (Andreatta et al., 2018). Since the octopaminergic signal is known to influence the production and release of Dilps in non-dormancy-inducing conditions (Enell et al., 2010; Luo et al., 2014), a previous study has examined whether octopamine regulates reproductive dormancy by acting on IPCs. However, the silencing of the octopamine receptor in mushroom bodies (OAMB) in the IPCs does not affect the percentage of dormant flies (Andreatta et al., 2018). On the other hand, a previous study has suggested that octopamine suppresses JH degradation, leading to a rise in JH titer under heat stress (Gruntenko et al., 2000; Rauschenbach et al., 2001). Although this study does not focus on reproductive dormancy, this observation implies that activation of octopaminergic neurons may facilitate reproductive dormancy. However, it is still unclear which tissues receive octopamine and whether octopamine-dependent control of reproductive dormancy requires JH signaling.



Mechanisms of Ecdysteroid Signaling-Mediated Reproductive Dormancy

The classical scheme of insect endocrinology describes how insect developmental transitions are regulated by three primary circulating factors: prothoracicotropic hormone, JHs, and ecdysteroids (Jindra et al., 2013; Truman, 2019). In D. melanogaster, besides JHs, ecdysteroids are also known to play an important role in regulating reproductive dormancy (Richard et al., 1998, 2001b). Ovaries of reproductively dormant flies exhibit lower ecdysteroid biosynthesis activity in vitro compared to those of non-dormant flies (Richard et al., 1998). On the other hand, the ovarian ecdysteroid level is elevated during the dormancy-breaking process (Richard et al., 1998). The elevation of the ovarian ecdysteroids occurs before mature eggs start to be produced in the dormancy-broken ovaries. Moreover, microinjection of 20-hydroxyecdysone (20E), the most active form of ecdysteroid, to reproductively dormant females evokes vitellogenesis (Richard et al., 1998, 2001b). Notably, vitellogenesis is severely suppressed in the ecdysone receptor (EcR) loss-of-function ovaries in non-dormant flies (Carney and Bender, 2000). Taken together, these results indicate that ecdysteroid biosynthesis in the ovary needs to be suppressed in the dormancy-inducing condition, while the elevation of the ovarian ecdysteroid level and the activation of 20E signaling are required for breaking reproductive dormancy (Figure 2).

Currently, however, the role of ecdysteroids in the regulation of reproductive dormancy in D. melanogaster has not been as well documented as that of the JHs. It is also unclear how the ovarian ecdysteroid levels are suppressed in the dormancy-inducing condition. Nevertheless, it has been hypothesized that three major pathways might be involved in the 20E-mediated regulation of reproductive dormancy. First, the downregulation of 20E signaling in the fat body seems to suppress yolk protein production in the dormancy-inducing condition, as 20E stimulates the fat body in non-dormant females, leading to the promotion of yolk protein production (Postlethwait and Handler, 1979; Jowett and Postlethwait, 1980; Bownes, 1982; Handler and Maroy, 1989; Bownes et al., 1996; Richard et al., 2001a). Second, the downregulation of 20E signaling in the ovary might suppress many aspects of oogenesis in the dormancy-inducing condition. Previous studies have indicated that 20E has versatile roles in D. melanogaster oogenesis, including niche formation, germline stem cell proliferation and maintenance, cystocyte differentiation, and the developmental checkpoint at the stage 8–10 egg chambers (Belles and Piulachs, 2015; Uryu et al., 2015; Ameku and Niwa, 2016; Ameku et al., 2017; Swevers, 2019). Third, the downregulation of 20E signaling might suppress JH biosynthesis in the CA in the dormancy-inducing condition. In fact, very recent studies have just revealed the relationship between 20E signaling and JH biosynthesis, which is at least in part mediated by the peptide hormone ecdysis-triggering hormone (ETH). We provide more details in the next section.



Mechanisms of Ecdysis-Triggering Hormone-Mediated Reproductive Dormancy

ETH has been identified and characterized as the peptide hormone playing an essential role in regulating innate ecdysis behavior in the tobacco horn moth Manduca sexta and D. melanogaster (Žitòan et al., 1996; Kingan et al., 1997; Park et al., 1999). ETH is produced by Inka cells located close to tracheal pits in the thorax and abdomen and then secreted into the hemolymph. While early studies have shown that the released ETH is received in the brain, after which there is activation of a neuroendocrine mechanism to control ecdysis behavior, the recent studies using non-dormant D. melanogaster have also revealed that ETH has a function to promote JH biosynthesis in the CA, leading to ovarian development in females and mating behavior in males (Lee et al., 2017; Meiselman et al., 2017). In females, knockdown of ETH results in the reduction of JH levels and slow-down of ovarian development (Lee et al., 2017; Meiselman et al., 2017). In addition, live imaging experiments have shown that ETH is directly received by the ETH receptor on the CA to elevate intracellular Ca2+ level (Lee et al., 2017; Meiselman et al., 2017). Curiously, it is known that ETH production is promoted by 20E (Park et al., 1999). Therefore, it is plausible to expect that, in dormancy-inducing conditions, the downregulations of ecdysteroid biosynthesis and 20E signaling indirectly suppress JH biosynthesis via ETH, yet this fascinating possibility has not been experimentally tested in D. melanogaster so far (Figure 3B).

Interestingly, a recent study has shown that ecdysteroids regulate dormancy via ETH in the cabbage beetle Colaphellus bowringi (Guo et al., 2021). In this insect, reduction of ecdysteroid biosynthesis is required for suppressed oogenesis and accumulated lipid storage in the fat body in dormancy-inducing conditions. The reduction of ecdysteroid biosynthesis causes a decrease in ETH expression level, leading to a decrease in JH biosynthesis, which is essential for entering reproductive dormancy. The study on C. bowringi beetle nicely demonstrated that the ecdysteroid-ETH-JH relay is important to regulate reproductive dormancy. This study is an excellent example of how findings on the regulation of JH biosynthesis from analyses with D. melanogaster led to an understanding of the mechanisms of reproductive dormancy in other insects. Conversely, it would be intriguing to examine whether the ecdysteroid-ETH-JH-mediated mechanism found in C. bowringi also exists in D. melanogaster.



Is There a Direct Neuronal Regulation of Juvenile Hormone Biosynthesis in the Corpus Allatum in Drosophila melanogaster?

In some insects other than D. melanogaster, JH-mediated reproductive dormancy is regulated by not only humoral factors remotely acting on the CA but also by direct inputs from neurons projecting to the CA (de Wilde and de Boer, 1969; Shiga and Numata, 2000; Shimokawa et al., 2008). For example, in the northern blowfly P. terraenovae and the bean bug R. pedestris, the neurons projecting to the CA (hereafter referred to as the CA-projecting neurons) are essential for inducing reproductive dormancy in dormancy-inducing conditions (Shiga et al., 2003; Shimokawa et al., 2008). In adults of the brown-winged green bug Plautia stali, the CA-projecting neurons co-produce several neuropeptides, such as Diuretic hormone 44, Insulin-like peptide 1, and Plautia stali myoinhibitory protein (Plast-MIP). In particular, Plast-MIP is considered to suppress JH biosynthesis in the CA directly (Matsumoto et al., 2017; Hasegawa et al., 2020; Hasebe and Shiga, 2021). In these insects, reproductive dormancy can be broken by surgically removing the CA-projecting neurons, confirming the importance of the CA-projecting neurons in the regulation of reproductive dormancy. However, in almost all cases, except P. stali, the neurotransmitter and/or neurohormone produced in the CA-projecting neurons has not been clarified. For a better understanding of the neuroendocrine mechanisms of JH biosynthesis in the CA, clarification and characterization of such neurotransmitters and/or neurohormones are crucial.

In D. melanogaster larvae, two types of neurons, designated CA-LP1 and CA-LP2 neurons, have been reported to directly innervate the CA (Siegmund and Korge, 2001). These neurons are involved in the epithelial movement of male genitalia by inhibiting JH biosynthesis during pupal development in non-dormancy-inducing condition (Ádám et al., 2003). It is possible that these neurons are also present in the adult stage and positively regulate reproductive dormancy via inhibiting JH biosynthesis. In addition, our recent study has reported new CA-projection neurons that produce the neuropeptide hugin in D. melanogaster adults, which is unexpected given that the CA-projecting hugin neurons may not have a significant impact on JH biosynthesis in the CA (Mizuno et al., 2021). Further studies would be needed to clarify the role of the CA-projecting neurons in reproductive dormancy in D. melanogaster (Figure 3B).




MECHANISMS OF DORMANCY CONTROL BY CIRCADIAN CLOCKS

In general, dormancy is significantly influenced by photoperiodism (Denlinger, 2002; Saunders, 2014). In D. melanogaster, although a low temperature is the main environmental cue to induce reproductive dormancy, photoperiodism additionally influences the dormancy entry; the short-day but not the long-day condition accelerates the entry of reproductive dormancy in D. melanogaster (Saunders et al., 1989; Saunders and Gilbert, 1990; Nagy et al., 2018). In a wide range of insects, photoperiodism and photoperiodism-associated dormancy are under the control of the circadian clock system (Bloch et al., 2013; Meuti and Denlinger, 2013; Meuti et al., 2015; Saunders, 2020). Indeed, photoperiodism significantly influences JH titers in D. melanogaster (Saunders, 1990) and other insects (Kramer, 1978; Khan et al., 1982; Meuti and Denlinger, 2013; Matsumoto et al., 2017), although molecular and cellular mechanisms of this phenomenon remain largely unclear. On the other hand, recent studies have shown that circadian clock neurons and circadian clock genes play an important role in modulating the neuroendocrine system to control reproductive dormancy in D. melanogaster. Below, we mainly summarize the role of clock neurons and circadian clock genes in reproductive dormancy, and briefly mention a possible contribution of the clock machinery to JH biosynthesis in the CA.

The molecular machinery of the circadian clock has been extensively studied in D. melanogaster, where the circadian master clock comprises about 150 neurons located in the central brain (Helfrich-Förster, 2004). Among the identified circadian clock neurons, the small ventral lateral neurons (s-LNvs) act as central circadian pacemakers to regulate various daily changes in D. melanogaster physiology. Indeed, s-LNvs are involved in the dormancy-dependent regulation of neuronal activity of IPCs (Nagy et al., 2019). The axons of D. melanogaster s-LNvs project to the dorsal protocerebrum, where the cell bodies and dendrites of IPCs are located, implying that s-LNvs and IPCs might have direct synaptic contact with each other (Figure 3A).

The s-LNvs are known to produce and release two neuropeptides required for the normal functioning of the behavioral circadian rhythm, namely pigment-dispersing factor (Pdf) (Park et al., 2000) and short neuropeptide F (sNPF) (Johard et al., 2009). Overexpression of either Pdf or sNPF, specifically in s-LNvs, decreases the percentage of reproductively dormant flies in dormancy-inducing condition. Furthermore, inhibition of the sNPF receptor only in IPCs also increases the percentage of dormant flies in dormancy-inducing condition. Consistent with these results, administration of synthetic Pdf or sNPF ligand to cultured brains evokes an increase in intracellular cAMP, which acts as a second messenger for the Pdf receptor and sNPF receptor in IPCs (Nagy et al., 2019). According to these data, it is hypothesized that the change in day length during winter suppresses the production and secretion of Pdf and sNPF in s-LNvs, which might provide less stimulation for IPCs and consequently induce reproductive dormancy (Figure 3B). Therefore, the suppression of IPC neuronal activity might be due to reduced activation of the receptors for Pdf and sNPF (Ojima et al., 2018). In addition, it is very likely that Dilp-mediated regulation of JH biosynthesis in the CA would be under the control of Pdf- and sNPF-dependent regulation of the circadian rhythm; however, this hypothesis has not been closely examined.

It has been reported that Pdf-dependent regulation of reproductive dormancy has been observed in the blow fly Protophormia terraenovae (Shiga and Numata, 2009), the mosquito Culex pipiens (Meuti et al., 2015), and the bean bug Riptortus pedestris (Ikeno et al., 2014). These data imply that Pdf-producing clock neurons are involved in reproductive dormancy beyond Drosophilidae species.

Besides the regulation mediated by the central clock pacemaker neurons, the activity of IPCs is also regulated by transcription regulators expressed in IPCs. This mechanism has been revealed in a study on a gene called eyes absent (eya) (Abrieux et al., 2020). Eya encodes a highly conserved transcriptional coactivator and protein phosphatase that plays vital roles in multiple developmental processes in organisms ranging from Drosophila to humans. While the best-known function of Eya is to control eye formation, it is also known that eya is expressed in IPCs. Knockdown of eya in IPCs causes an increase in the size of the ovary, implying that Eya negatively regulates oogenesis through IPCs. Interestingly, the expression of eya has a circadian rhythm (Abrieux et al., 2020). More precisely, the peak of Eya protein levels is delayed in the short-day condition in comparison to the long-day condition. In addition, the protein levels of Eya in IPCs are higher under the short-day condition than the long-day condition. In parallel, Eya protein level is also upregulated under low-temperature conditions. These observations raise the possibility that the upregulation of Eya protein in dormancy-inducing conditions is necessary for oogenesis suppression (Figure 3B).

In the same study (Abrieux et al., 2020), the authors have demonstrated that the timeless (tim) gene also functions in IPCs to regulate reproductive dormancy. The tim gene is notable for its role in the transcriptional-translational autoregulatory feedback loops of the circadian core clock system in D. melanogaster (Dunlap, 1999; Hardin, 2005). In the tim mutant, a higher rate of reproductive dormancy is observed in any daylight length condition compared to wild type, and the impact of the short-day condition is less effective to enhance reproductive dormancy (Tauber et al., 2007; Abrieux et al., 2020). Interestingly, Tim is involved in the regulation of the Eya protein level. For example, the circadian rhythm of Eya protein is abolished in the tim mutant under non-dormancy-inducing conditions (Abrieux et al., 2020). Furthermore, the increased level of Eya protein at low temperatures is thought to be mediated by Tim. The Tim-mediated upregulation of Eya seems to be regulated by a unique splice isoform generated only at low temperature (Anduaga et al., 2019; Foley et al., 2019), which physically interacts with EYA protein (Abrieux et al., 2020). Based on these findings, it is hypothesized that the low temperature-specific Tim splice isoform binds Eya to suppress IPC activity, while the nature of the cell types in which this physical interaction takes place has not been precisely elucidated. Taken together, IPCs activity seems to be regulated by the external and internal regulatory system of the circadian clock in D. melanogaster, both of which might be required for regulating reproductive dormancy by inhibiting JH biosynthesis in the CA (Figure 3B).

Lastly, we would like to mention that a part of the circadian clock-mediated mechanisms of photoperiodism in D. melanogaster might be conserved even in mammals. For example, EYA3, one of the mammalian orthologs of eya, is required for the photoperiodism-dependent expression change of the thyroid-stimulating hormone gene in the mouse and the sheep (Dardente et al., 2010; Masumoto et al., 2010; Hut, 2011; Wood and Loudon, 2014; Wood et al., 2015).



FUTURE PERSPECTIVES

Although the studies on D. melanogaster in the last decades have improved our understanding of JH-mediated regulation of reproductive dormancy, several issues remain to be clarified. Here, we list the five main possible research lines, in our opinion.

(1) Do hemolymph JH titers change during reproductive dormancy induction in D. melanogaster and how do they change? In fact, no previous study using D. melanogaster has made a conclusive report about the temporal fluctuation of hemolymph JH titers. This information must be a solid foothold for D. melanogaster reproductive dormancy studies and, therefore, should be obtained by the D. melanogaster research community in the near future. Liquid chromatography-mass spectrometry-based methods to measure hemolymph JH titers have already been reported by several groups (Reiff et al., 2015; Lee et al., 2017; Meiselman et al., 2017; Ramirez et al., 2020; Zhang et al., 2021).

(2) How does the information regarding low temperature eventually get transmitted to the CA? It has been revealed that the antenna is a vital organ for detecting cold sensations (Gallio et al., 2011; Li and Gong, 2017; Alpert et al., 2020). Therefore, there must be a neuronal circuit from the antennal cold-sensitive sensilla to the CA; however, the nature of this circuit is largely unclear. At least, it is likely that the neuronal circuit may contain some dopaminergic neurons, based on the observations that dopamine suppresses JH biosynthesis and is elevated in dormancy-inducing conditions (Andreatta et al., 2018). On the other hand, it should be noted that low temperature suppresses overall biological activity, including feeding. Since a lower level of feeding results in the suppression of energy expenditure, the dormancy-inducing low temperature might negatively affect IPC activity, possibly leading to reproductive dormancy. Meanwhile, curiously and paradoxically, some studies have reported that IPCs are activated by cold-sensing neurons at 18°C rather than 25°C (Li and Gong, 2015; Zhang et al., 2019), whereas the function of cold-sensing neurons in dormancy-inducing conditions has not yet been investigated. Further studies will be needed to clarify how low temperatures influence IPC activity to induce reproductive dormancy.

(3) How does the reproductive dormancy status influence the physiology and remodeling in each tissue? It has been reported that reproductive dormancy suppresses oogenesis and is also associated with several changes in various organs of the body. For example, the intestine is markedly shortened, and the innate immune system is activated during reproductive dormancy in D. melanogaster (Kubrak et al., 2014); however, the mechanisms involved are still unknown.

(4) How is male reproductive dormancy regulated? It has been reported that low temperatures and short-day condition also induce male reproductive dormancy, such as the slow-down of spermatogenesis and degeneration of male accessory glands (Kubrak et al., 2016). However, the molecular and neuroendocrine mechanisms of male reproductive dormancy have not been investigated. It has not even been elucidated whether this process depends on JHs. In the future, it would be intriguing to examine whether and how the neuroendocrine regulatory system of female reproductive dormancy resembles that of male reproductive dormancy.

(5) How does the JH-mediated regulation of reproductive dormancy contribute to the evolutionary and ecological adaptation of wild D. melanogaster? To date, most studies on D. melanogaster reproductive dormancy have been conducted in laboratories. However, since reproductive dormancy is the adaptive response of organisms to the severe winter season, it must be important to investigate the reproductive dormancy of wild animals. As described earlier, geological differences of genetic bias influence reproductive dormancy in D. melanogaster. Indeed, previous studies have shown that geographic variations in reproductive dormancy in wild D. melanogaster is associated with single nucleotide polymorphisms in the loci of tim, InR, FoxO, and couch potato (Williams et al., 2006; Sandrelli et al., 2007; Tauber et al., 2007; Schmidt et al., 2008; Paaby et al., 2010, 2014; Kolaczkowski et al., 2011; Lee et al., 2011; Fabian et al., 2012; Bergland et al., 2014; Kapun et al., 2016; Zhao et al., 2016; Betancourt et al., 2021; Machado et al., 2021). In the case of tim, it is hypothesized that the allelic frequencies of two distinct isoforms, ls-tim and s-tim (Rosato et al., 1997), may have evolved to cope with winter when D. melanogaster expanded into Europe (Tauber et al., 2007). This hypothesis is based on the observation that flies expressing ls-tim have a higher dormancy rate than those with s-tim (Sandrelli et al., 2007; Tauber et al., 2007). It would be interesting to investigate whether such genetic variations and allelic frequencies among these geographically distinct D. melanogaster populations affect neuroendocrine mechanisms for reproductive dormancy.

(6) How does the JH-mediated regulation of reproductive dormancy contribute to the evolutionary and ecological adaptation of other Drosophilidae species? Other Drosophilidae species also enter adult dormancy in the winter, and many biological events during dormancy are essentially the same as we found in D. melanogaster, although the ease of dormancy varies among species (Carson and Stalker, 1948; Lumme et al., 1974; Schmidt and Conde, 2006; Yamada and Yamamoto, 2011; Salminen and Hoikkala, 2013; Zhai et al., 2016; Lirakis et al., 2018). Therefore, wild non-melanogaster Drosophilidae species are interesting research subjects for understanding the evolutionary significance of genetic and ecological variations in reproductive dormancy, which may influence flies’ fitness in nature.

Well-developed and sophisticated genetic tools for D. melanogaster will shed light on the fundamental mechanisms of JH-mediated reproductive dormancy, not only in D. melanogaster, but also in other insect species. As mentioned in the Introduction, studies on reproductive dormancy would increase our understanding of the seasonal distribution of pests (Denlinger, 2008). Notably, in recent years, several researchers have used the spotted wing Drosophilidae fly D. suzukii for studying reproductive dormancy (Toxopeus et al., 2016; Wallingford et al., 2016; Zhai et al., 2016, 2019). Since D. suzukii is a well-known agricultural pest, the motivation for these studies is to explore new pest control strategies to disrupt the mechanisms of reproductive dormancy. Therefore, future studies on reproductive dormancy in Drosophilidae species, including D. melanogaster, have the potential to contribute to the fields of basic animal physiology and applied agricultural biology in the future.
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Diapause is a state of developmental arrest adopted in response to or in anticipation of environmental conditions that are unfavorable for growth. In many cases, diapause is facultative, such that animals may undergo either a diapause or a non-diapause developmental trajectory, depending on environmental cues. Diapause is characterized by enhanced stress resistance, reduced metabolism, and increased longevity. The ability to postpone reproduction until suitable conditions are found is important to the survival of many animals, and both vertebrate and invertebrate species can undergo diapause. The decision to enter diapause occurs at the level of the whole animal, and thus hormonal signaling pathways are common regulators of the diapause decision. Unlike other types of developmental arrest, diapause is programmed, such that the diapause developmental trajectory includes a pre-diapause preparatory phase, diapause itself, recovery from diapause, and post-diapause development. Therefore, developmental pathways are profoundly affected by diapause. Here, I review two conserved hormonal pathways, insulin/IGF signaling (IIS) and nuclear hormone receptor signaling (NHR), and their role in regulating diapause across three animal phyla. Specifically, the species reviewed are Austrofundulus limnaeus and Nothobranchius furzeri annual killifishes, Caenorhabditis elegans nematodes, and insect species including Drosophila melanogaster, Culex pipiens, and Bombyx mori. In addition, the developmental changes that occur as a result of diapause are discussed, with a focus on how IIS and NHR pathways interact with core developmental pathways in C. elegans larvae that undergo diapause.
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INTRODUCTION

Diapause is a stress-resistant and developmentally arrested stage that can be adopted in order to increase the chance of survival in adverse environmental conditions (Hand et al., 2016). Diapause can occur as an obligate part of development, but in many species, diapause is facultative, occurring in response to environmental cues that signal that an unfavorable environment either exists or is likely to exist in the near future. For example, temperature, nutrient availability, and photoperiod are common cues that influence the decision to enter diapause (Hand et al., 2016). This type of facultative diapause exists in many animal species, both vertebrate and invertebrate. In these species, there are two separate life histories or developmental trajectories available: one that includes diapause and one that does not.

The diapause developmental trajectory differs in several respects from the non-diapause trajectory. First, there is a pre-diapause stage where the animal prepares to enter diapause. Then there is diapause itself which can last a variable amount of time. Next there is a period of recovery, and finally there is post-diapause development. Therefore, developmental pathways must accommodate all of these aspects of the diapause developmental trajectory to allow development to occur normally. This review describes hormonal regulation of diapause and the effects of diapause on development.



DEVELOPMENTAL SYSTEMS AND CONTEXT FOR DIAPAUSE

Diapause occurs in a wide range of animal species including nematodes, insects and other arthropods, fishes, and mammals (Hand et al., 2016). This review will focus on a few well-studied examples of these systems that undergo facultative diapause. A brief description of how diapause occurs in each system is provided in this section, along with the ecological context which diapause serves in this organism.


Diapause in Nematodes: Caenorhabditis elegans

Nematodes are highly abundant and widespread animals. Nematode species generally have two sexes, which can either be male and female or male and self-fertilizing hermaphrodite (Ellis and Lin, 2014). Each female or hermaphrodite lays hundreds of embryos, contributing to a boom-and-bust life cycle (Frézal and Félix, 2015). Many species within the order Rhabditida have a facultative diapause stage called dauer that can be used to survive the bust periods (Ley, 2006). Dauer occurs midway through larval development and is thought to be analogous to the infective stage adopted by parasitic nematodes (Crook, 2013). While diapause affects many rhabditids, the Caenorhabditis elegans (C. elegans) model system provides the most detailed dissection of both dauer formation and the developmental pathways that are affected, and this review will focus on C. elegans to represent the nematodes.

After embryogenesis, C. elegans develops through four larval stages (L1-L4) separated by molts before becoming a reproductively mature adult (Byerly et al., 1976). C. elegans can undergo environmentally induced developmental arrest at a number of stages, but dauer is the best example of a diapause stage, with a preparatory phase, long-term developmental arrest, recovery, and post-diapause stages (Baugh and Hu, 2020). Adverse environmental conditions sensed in the L1 stage will trigger entry into the pre-diapause L2d stage (Golden and Riddle, 1984b; Schaedel et al., 2012). During L2d, larvae prepare for diapause, for example by fat storage, and continue to sense their environment. If adverse conditions persist, L2d larvae will molt into the dauer stage (Golden and Riddle, 1984b; Schaedel et al., 2012). Dauer larvae are highly stress-resistant and can survive for months, longer than the lifespan of a worm that developed through the non-dauer trajectory (Cassada and Russell, 1975; Klass and Hirsh, 1976). If favorable conditions are encountered, dauer larvae undergo a recovery process and then proceed with development normally (Cassada and Russell, 1975; Klass and Hirsh, 1976; Liu and Ambros, 1991; Euling and Ambros, 1996; Hall et al., 2010).

In the wild, C. elegans can be found across the globe in temperate regions, where it is located in rich soil, compost, and decomposing vegetation (Frézal and Félix, 2015). C. elegans eats the microorganisms that are abundant in environments that include rotting fruit and stems. A worm born in the presence of a rich food source will develop quickly to adulthood (Félix and Duveau, 2012). Because C. elegans populations exist largely as self-fertilizing hermaphrodites, each worm in these circumstances will produce approximately 300 offspring within about 3–5 days. Thus, in a short time the food will become exhausted.

Young larvae that hatch when food is scarce and the worm population is high will be induced to enter dauer. Dauer larvae can not only survive in the absence of food, but they have dispersal behaviors that increase the chance that they will find another source of food. One dauer-specific dispersal behavior is nictation, where dauer larvae stand on their tails and wave their heads. This behavior increases the chances of associating with a passing invertebrate that can carry the worm to a new location (Félix and Duveau, 2012; Lee et al., 2012). Parasitic larvae in the infective stage also exhibit nictation behavior, reinforcing the similarities between dauer and infective stages (Reed and Wallace, 1965). If dauer larvae successfully move to a new, more favorable location, they will recover, complete development, and produce progeny that will begin a new cycle (Frézal and Félix, 2015). Therefore, the dauer formation decision must be made accurately to allow the population to survive. Failure to enter diapause when food is scarce is likely to lead to death, whereas adoption of diapause when food is plentiful allows time for other animals to consume the available food (Avery, 2014).

The primary sensory cue that induces dauer is a pheromone that is secreted by all non-dauer members of the population (Golden and Riddle, 1982; Kaplan et al., 2011). The pheromone is comprised of a mix of ascarosides (Jeong et al., 2005; Butcher et al., 2007). Ascarosides are derived from the sugar disaccharide ascarylose and then modified with lipid side chains (Ludewig and Schroeder, 2013). The abundance of pheromone is compared to signals from the food source, and it is the pheromone-to-food ratio that dictates dauer formation (Golden and Riddle, 1984a). Finally, these signals are further modulated by temperature, where higher temperatures are more likely to induce dauer formation (Golden and Riddle, 1984a). Nematodes thrive in cooler temperatures; in the lab 15–25°C is the typical range (Stiernagle, 2006).



Diapause in Insects: Drosophila melanogaster, Culex pipiens, and Bombyx mori

Like nematodes, insects are a highly abundant and widespread group of animal species. Unlike nematodes, the need for diapause in insects is typically seasonal. In temperate climates insects may spend the winter in diapause, whereas in tropical climates seasonal variations in rainfall may create conditions that necessitate diapause. Therefore, photoperiod is the most important cue that induces diapause, with temperature being the second most important. The availability of food, maternal cues, and other factors can also play a role (Denlinger et al., 2012; Hand et al., 2016).

Unlike in nematodes where diapause occurs midway through larval development, each species of insect has a different stage at which it may undergo diapause, including embryonic, larval, pupal, or adult reproductive diapause. Because there is extensive literature on many insect species and existing excellent comprehensive reviews available (Denlinger et al., 2012; Schiesari and O’Connor, 2013), this paper focuses on three species. The three species chosen are the fruit fly Drosophila melanogaster (D. melanogaster) for its importance as a model organism, the mosquito Culex pipiens (C. pipiens), and the silkmoth Bombyx mori (B. mori). The latter two were chosen for the literature dissecting at least one of the two major hormonal pathways covered in this review.

Drosophila melanogaster is arguably the most intensely studied insect model organism. This species arose in tropical regions in Africa, but has spread widely and is now present in most tropical and temperate regions across the globe (David and Capy, 1988). In response to cold temperatures and reduced photoperiod, young adult females can undergo a reproductive diapause, where ovarian development is arrested at the previtellogenic stage (Saunders et al., 1989; Saunders and Gilbert, 1990). A reproductive dormancy has also been described in males, but less is known about this system (Kubrak et al., 2016).

In contrast to many insects, diapause in D. melanogaster is more strongly dependent on temperature than photoperiod (Saunders et al., 1989; Emerson et al., 2009; Anduaga et al., 2018; Nagy et al., 2018). Because the response to temperature can be thought of as an immediate stress-response, rather than a programmed developmental arrest, the term “diapause” is sometimes avoided in favor of quiescence or dormancy. However, there are some features of diapause present in this reproductive arrest in D. melanogaster, including stress-resistance, an increase in lipid stores, and lifespan extension (Tatar et al., 2001; Schmidt et al., 2005a, b; Schmidt and Paaby, 2008). The term reproductive diapause will be used for D. melanogaster in this review.

The mosquito C. pipiens lives in temperate regions and adult females undergo a reproductive diapause in response to short photoperiod and cool temperatures sensed during late larval development and early pupal development (Eldridge, 1966; Sanburg and Larsen, 1973; Spiebnan and Wong, 1973). This diapause is similar to that described for D. melanogaster, but photoperiod plays a larger role in inducing diapause, and there is no disagreement that this reproductive arrest is a genuine diapause (Denlinger and Armbruster, 2013). Diapause induces changes in behavior and metabolism, including hypertrophy of the fat body, movement to overwintering sites, and a shift from blood meals to sugar sources such as nectar, with accompanying changes in the production of enzymes involved in digestion (Robich and Denlinger, 2005; Denlinger and Armbruster, 2013; Diniz et al., 2017).

Bombyx mori is a silkmoth that apparently originated from a Chinese strain of B. mandarina but has been domesticated for thousands of years. This species is important economically and also serves as a model organism (Arunkumar et al., 2006; Furdui et al., 2014). Diapause in B. mori occurs during mid-embryogenesis and is maternally programmed. Environmental conditions sensed by the mother during embryogenesis are translated into diapause-regulating signals for the next generation. Diapause-inducing cues include warmer temperatures of 25°C and longer photoperiods, whereas temperatures of 15°C and below and short photoperiods stimulate non-diapause development (Xu et al., 1995b).



Diapause in Annual Killifishes: Austrofundulus limnaeus and Nothobranchius furzeri

Annual killifishes live in Africa and South America in small ponds that can be temporary and present only in the rainy season. Diapause is therefore a mechanism to survive when the water evaporates. Diapausing embryos are packed into the pond sediment and can survive until the water returns.

Two species of annual fishes that have emerged as model systems are Austrofundulus limnaeus from Venezuela and Nothobranchius furzeri from Zimbabwe and Mozambique (Podrabsky et al., 2017; Reichard and Polačik, 2019). Annual killifishes undergo embryonic diapause at three different stages (DI-DIII) (Wourms, 1972). DI occurs early in development, before the embryonic axis is established. DI-promoting environmental cues include anaerobic conditions, low ambient temperatures, and the presence of adult fishes (Wourms, 1972; Levels et al., 1986; Arezo et al., 2017). DII occurs midway through development before the onset of organogenesis. Lower temperatures of approximately 20°C induce DII whereas at 30°C most embryos bypass DII, termed the “escape” developmental trajectory. DIII occurs at the end of embryogenesis, just before hatching, and this diapause seems to occur in nearly every embryo (Wourms, 1972; Podrabsky et al., 2010). DIII may be related to the delayed hatching that can occur in other species without a clear diapause stage (Wourms, 1972; Martin and Podrabsky, 2017).

Under uniform laboratory conditions, embryos in a population are arrested in different diapauses and for different amounts of time, resulting in a mixture of embryos at a range of developmental stages. This range has been thought to represent a bet-hedging strategy to maximize the chance that some embryos will survive despite unpredictable environments. The mechanism behind these differences in growth rate is still unclear (Wourms, 1972; Rowiński et al., 2021). However, a recent study that sampled natural populations of embryos found much tighter developmental synchrony within populations and provided evidence that environmental cues play a much greater role in controlling developmental progression than previously seen in laboratory studies (Polačik et al., 2021).

This review will focus on DII, as this diapause is well-studied and shares the most features with diapause in the invertebrates featured here, including the highest level of stress-resistance and the most facultative (Podrabsky et al., 2016a, b).




HORMONAL REGULATION OF DIAPAUSE ENTRY AND EXIT

The decision to enter diapause occurs in response to sensory cues, and diapause must be adopted across the entire organism. Hormones are thus key to regulating diapause. The details of hormonal regulation of diapause are different across species, and there are many excellent reviews that focus on individual phyla or two-way comparisons (Fielenbach and Antebi, 2008; Denlinger et al., 2012; Schiesari and O’Connor, 2013; Sim and Denlinger, 2013a; Podrabsky et al., 2016b; Baugh and Hu, 2020). An additional important review describes all three phyla, but without the focus on hormonal pathways (Hand et al., 2016). Here, I describe two of the hormonal pathways that play an important role in regulating diapause across nematodes, insects, and fishes: insulin/IGF signaling and nuclear hormone receptor signaling.


Insulin/Insulin-Like Growth Factor Signaling

Insulin and insulin-like growth factor (IGF) signaling (IIS) is an evolutionarily conserved hormonal pathway that regulates growth, metabolism, and stress-resistance (Figure 1; Oldham and Hafen, 2003; Tothova and Gilliland, 2007; Murphy and Hu, 2013). Insulin, IGF, or insulin-like peptides (ILPs) are expressed in response to environmental signals. When insulin/IGF agonists are plentiful, they bind to insulin or IGF receptors (IR or IGFR) on the surface of target cells. IR/IGFRs are receptor tyrosine kinases that dimerize upon agonist binding, thereby activating phosphoinositide 3-kinase (PI3K). Activated PI3K catalyzes the addition of a phosphate group to phosphatidylinositol-3,4-bisphosphate (PIP2), forming phosphatidylinositol-3,4,5-trisphosphate (PIP3). The phosphatase and tensin homolog (PTEN) catalyzes the reverse reaction, removing a phosphate group from PIP3. When levels of PIP3 are high, it acts as a second messenger and leads to activation of downstream kinases, including the serine-threonine kinase AKT. AKT can regulate a number of targets, including Forkhead box O (FOXO) transcription factors. When phosphorylated by AKT, FOXO proteins are cytosolic and therefore inactive. FOXO transcription factors regulate expression of genes involved in stress resistance, metabolism, and cell-cycle arrest. Perhaps for these reasons, downregulation of IIS and/or activation of FOXO are common themes in diapausing animals across species (Murphy and Hu, 2013; Schiesari and O’Connor, 2013; Sim and Denlinger, 2013a).
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FIGURE 1. The regulation of diapause by insulin/IGF signaling (IIS). Major, conserved components of IIS signaling are shown in favorable environments (left) and unfavorable environments (right). Orange components promote diapause and green components promote non-diapause development. Favorable environments stimulate the production of IGF-I in annual fishes or insulin-like peptides (ILPs) in C. elegans and insects. These ligands activate IIS, leading to the phosphorylation and nuclear exclusion of FOXO transcription factors by AKT. When active FOXO proteins regulate downstream genes involved in diapause. See text for additional details.


The core components of IIS signaling are conserved in animal species (Figure 1). Insulin, IGFs, and/or ILPs are typically expressed from particular cells in response to environmental signals. Secreted insulins/IGFs then travel throughout the body and bind to their cognate receptors. The number of insulins/IGFs and the receptors they bind to differs across species. Vertebrates have seven related ligands: insulin, IGF-I, IGF-II, and four relaxins, though relaxins appear to function via G-protein coupled receptors rather than receptor tyrosine kinases related to IR and IGFR (Hsu et al., 2002). Insulin binds primarily to the insulin receptor. IGFR1 is responsible for the signaling activity of IGFs, while IGFR2 functions as a negative regulator of IIS (Czech, 1989; Lau et al., 1994; Jones and Clemmons, 1995; Vincent and Feldman, 2002). Insects have seven ligands, ILP1-7 and only one receptor (Oldham and Hafen, 2003). In C. elegans, the ligands have expanded to include 40 ILPs and a single receptor, DAF-2/IR. The downstream components are also conserved across phyla, including PI3K, PTEN, AKT, and FOXO. Mammals have four FOXO proteins, while several species of fishes that have been examined so far possess seven FOXO proteins, likely due to the teleost-specific genome duplication event (Brunet et al., 1999; Kops et al., 1999; Oldham and Hafen, 2003; Tothova and Gilliland, 2007; Murphy and Hu, 2013; Gao et al., 2019). The IIS components with known connections to diapause are listed in Table 1 and described in more detail below.


TABLE 1. IIS components and diapause.
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Regulation of Insulin-Like Peptides and Their Receptors During Diapause

All animal species possess multiple insulin-related genes, and these genes appear to work in combination to regulate diapause. In contrast, in the species where IIS signaling has been shown to regulate diapause, these ligands appear to signal through a single receptor. Worms and insects have only a single insulin/IGF receptor, and in fishes IGFR1 is the key receptor that regulates diapause, as described below.

The combinatorial nature of the ligands is most apparent in C. elegans, whose genome encodes 40 ILPs. C. elegans ILPs have been studied singly and in combination to reveal a complex network of IIS agonists and antagonists that regulate diapause entry, and a slightly different set that regulates diapause exit (Pierce et al., 2001; Cornils et al., 2011; Fernandes-de-Abreu et al., 2014). ILPs that regulate diapause are expressed in sensory neurons, and their expression changes in response to environmental cues (Pierce et al., 2001; Li et al., 2003; Cornils et al., 2011). The best-studied regulators of dauer diapause include daf-28, ins-6, and ins-1. daf-28 and ins-6 both promote IIS to oppose dauer entry and promote dauer exit; however, daf-28 plays a more prominent role in dauer entry and ins-6 plays a more prominent role in dauer exit (Malone et al., 1996; Li et al., 2003; Cornils et al., 2011). By contrast, ins-1 antagonizes IIS to promote dauer entry and oppose dauer exit (Pierce et al., 2001; Cornils et al., 2011). If the human insulin protein is introduced into C. elegans it also antagonizes IIS, similar to ins-1, demonstrating the conservation between ILPs across species (Pierce et al., 2001). In addition to these three ILPs that have been studied in detail, systematic studies have shown that many other ILPs also play more subtle roles in regulating dauer entry and/or exit (Pierce et al., 2001; Fernandes-de-Abreu et al., 2014). ILP signaling converges on the sole C. elegans IR, DAF-2, which was discovered on the basis of its effect on entry to dauer diapause. Reduction-of-function mutations in daf-2 cause a dauer formation phenotype whereby larvae enter dauer diapause even in conditions that normally promote non-dauer development (Riddle, 1977). Therefore, active DAF-2/IR signaling promotes non-diapause development.

In insects, the role of IIS in regulating diapause has been studied extensively with respect to the reproductive diapause that occurs in adult mosquitos (C. pipiens) and fruit flies (D. melanogaster). In C. pipiens, levels of two ILPs, ILP-1, and ILP-5, are reduced during diapause compared with non-diapausing animals. RNAi of ILP-1 but not ILP-5 is sufficient to induce adult diapause as measured by ovarian maturation and follicle length (Sim and Denlinger, 2009). Similarly, RNAi of IR induces adult diapause by the same measures (Sim and Denlinger, 2008). Therefore, IIS signaling opposes diapause in C. pipiens.

Similarly, in D. melanogaster, loss of dilps 1-5 strongly induces reproductive diapause. Single dilp2 and dilp5, but not dilp1, mutations are sufficient to induce reproductive diapause at low penetrance, whereas overexpression of dilp2 and dilp5 from any tissue strongly suppresses reproductive diapause (Kubrak et al., 2014; Liu et al., 2016; Schiesari et al., 2016). Furthermore, hypomorphic mutations in InR or the insulin receptor substrate protein Chico cause reproductive diapause entry (Schiesari et al., 2016). Surprisingly, although dILPs functionally oppose reproductive diapause, mRNA levels of the five ILPs tested (dilp1, dilp2, dilp3, dilp5, dilp6) are all upregulated during reproductive diapause and then return to non-diapause levels after recovery from reproductive diapause (Kubrak et al., 2014; Liu et al., 2016). This upregulation may be a compensatory response to reduced IIS signaling under diapause-inducing conditions (Schiesari et al., 2016).

Another insect that undergoes reproductive diapause is the bumblebee Bombus terrestris. In this species, genes within the IIS pathway were upregulated in post-diapause animals compared to diapause. Furthermore, injection of ILPs stimulated metabolic changes consistent with non-diapause development and increased the numbers of offspring produced (Chen et al., 2021). Finally, there are many insect species where reduced expression of ILPs or IR has been reported to correlate with diapause at different stages of development, consistent with the notion that downregulation of IIS is a broadly conserved phenomenon. Some examples include egg diapause in the aphid Acyrthosiphon pisum and in Locusta migratoria (Barberà et al., 2019; Hao et al., 2019), embryonic diapause in B. mori (Gong et al., 2020), and pre-pupal diapause in leafcutting bees, Megachile rotundata (Cambron et al., 2021).

In the annual fish A. limnaeus, levels of IGF-I are reduced before and during DII compared to escape embryos at the same stages. After recovery, IGF-I levels climb, eventually surpassing those of escape embryos (Woll and Podrabsky, 2017). IGF-II levels are similar in escape and diapause embryos before and during DII, but are higher post-DII than in escape embryos. Higher levels of IGF after diapause may be related to the catch-up growth that is seen in post-diapause embryos. In addition to the correlation of IGF levels, treatment of embryos with an IGF1R inhibitor induces diapause in a dose-dependent manner. Pre-DII and DII embryos induced by this treatment show similarities to naturally induced DII, including slowed heart rate and slowed somitogenesis. However, there were a few differences, including the presence of melanocytes and hemoglobin in circulating blood, indicating that IGF signaling is not the sole regulator of diapause (Woll and Podrabsky, 2017).



Regulation of Insulin/IGF Signaling Components Downstream of IR/IGFR Receptor to Control Diapause

The role of downstream components of IIS in the regulation of diapause has been studied primarily in C. elegans, where the dauer diapause-regulating pathways have been worked out in detail (Fielenbach and Antebi, 2008; Murphy and Hu, 2013). Each component functions as expected given its role in insulin/IGF signaling. Specifically, when active, the orthologs of PI3K and AKT oppose dauer formation, whereas the ortholog of PTEN promotes dauer formation. The single PI3K in C. elegans is encoded by age-1, also called daf-23 (Morris et al., 1996). age-1 was first identified based on the long-lived phenotype conferred by mutants (Klass, 1983). Separately, this gene was identified in a screen for mutants that enter dauer in conditions that normally promote non-dauer development (Gottlieb and Ruvkun, 1994). Similarly, the single PTEN ortholog, daf-18 was identified on the basis of the inability of a daf-18(-) mutant to enter dauer under dauer-inducing conditions (Riddle et al., 1981). There are two AKT homologs in C. elegans, akt-1 and akt-2 that function partially redundantly to oppose dauer diapause. Loss of akt-1 produces a weak dauer-constitutive phenotype, whereas loss of both akt-1 and akt-2 produces a very strong constitutive dauer diapause phenotype (Ailion and Thomas, 2003; Oh et al., 2005).

In insects, the PI3K ortholog, Dp110 was identified based on the variation in reproductive diapause rates between two natural strains of D. melanogaster, one that enters reproductive diapause more frequently than the other. Dp110 appears to be one locus responsible for this difference (Williams et al., 2006). Although the molecular changes in Dp110 that lead to this reproductive diapause phenotype were not clear, reducing the dosage of Dp110 by half increases the percentage of flies adopting reproductive diapause, whereas misexpressing Dp110 in neurons decreases the percentage of flies adopting reproductive diapause (Williams et al., 2006).



Regulation of Forkhead Box O Activity to Control Diapause

One common output of IIS is regulation of the FOXO transcription factors. IIS negatively regulates FOXO, such that when IIS is active, FOXO proteins are phosphorylated by AKT, which triggers nuclear exit and therefore inactivity (Manning and Cantley, 2007). Therefore, low levels of IIS are required for FOXO nuclear localization and activity. Across species, FOXO transcription factors promote diapause by directly and indirectly controlling the expression of numerous genes that are involved in diapause. Furthermore, if situations are contrived whereby animals within diapause have reduced FOXO activity, those animals lose key characteristics of diapause, suggesting that FOXO promotes both the decision to enter diapause and the physiological and structural changes that accompany diapause, as explained below.

The specific role of FOXO proteins in diapause has not been studied in fishes, but there is a great deal of information from invertebrate species, which typically have a single FOXO ortholog. In C. elegans, the FOXO protein is encoded by daf-16. Like most of the genes in the IIS pathway, daf-16 was also discovered on the basis of its dauer formation phenotype. Whereas loss-of-function mutations in daf-2 or other IIS components cause dauer formation even in environments favorable for growth, loss-of-function mutations in daf-16 cause the opposite phenotype: inability to enter dauer diapause even in dauer-inducing conditions. Furthermore, when double mutants are created, the daf-16 dauer-defective phenotype is observed (Murphy and Hu, 2013). The complete suppression of the daf-2(-) dauer-constitutive phenotype by loss of daf-16 indicates that the major output of IIS with respect to regulation of diapause is daf-16/FOXO.

While daf-16(-) larvae do not readily enter dauer diapause, it is possible to obtain daf-16(-) dauer larvae by making use of dauer-constitutive mutations outside of the IIS pathway, or by the use of very potent dauer-inducing cues. However, these daf-16(0) dauer larvae display defects in some aspects of the remodeling that occurs as part of dauer morphogenesis, demonstrating that daf-16/FOXO is not only responsible for the decision to enter dauer but for some of the aspects of diapause itself. For this reason, daf-16(-) dauer larvae have been referred to as “partial dauers” (Vowels and Thomas, 1992; Larsen et al., 1995; Ogg et al., 1997). For example, daf-16 mutants lack the particular collagens in their cuticle that are normally enriched in dauer larvae, and perhaps for this reason they are more sensitive to environmental assaults (Gottlieb and Ruvkun, 1994; Nika et al., 2016; Wirick et al., 2021).

The specific gene expression changes that occur in the absence of daf-16/FOXO have been studied primarily in non-diapause contexts: adult worms with activated DAF-16 due to a mutation in IR are compared to IR mutants that lack daf-16. As in other species, daf-16 promotes expression of genes involved in stress resistance and metabolism (Tepper et al., 2013). A recent study examined the changes in gene expression of dauer larvae with and without daf-16. In this context, genes related to collagens and signaling were differentially expressed (Wirick et al., 2021).

In mosquitos, levels of FOXO are increased in the fat body of diapausing females, compared to non-diapause animals (Sim and Denlinger, 2013b). Fat storage is an important component of diapause and appears to be dependent on FOXO because knockdown of FOXO with dsRNA in diapausing females causes a reduction in lipid stores (Sim and Denlinger, 2008). These females also showed reduced survival over time in diapause. Reduced survival may be due to insufficient fat storage, but because addition of an oxidoreductase (Mn(III)TBAP) partially rescues survival, oxidative stress is also implicated (Sim and Denlinger, 2008). FOXO promotes resistance to oxidative stress across species. Genes bound by FOXO during diapause were identified by ChIP-seq. These target genes are involved in stress-resistance, metabolism, longevity, cell-cycle, development, and circadian rhythm (Sim et al., 2015). RNAi knockdown of three of these targets reduced glycogen and lipid levels during diapause, consistent with the idea that FOXO regulation of target genes is important for diapause characteristics (Olademehin et al., 2020). In Drosophila, a FOXO-responsive luciferase reporter is upregulated during reproductive diapause. Abdomens isolated from cold-reared flies in reproductive diapause showed six-fold more activity of this reporter than non-diapausing flies reared under standard lab conditions (Schiesari et al., 2016).

In Locusta migratoria egg diapause, if FOXO is knocked down in the mother by RNAi under diapause-inducing conditions (short photoperiod), the percentage of eggs that enter diapause is reduced, indicating that FOXO promotes entry into diapause (Hao et al., 2019). Consistent with the activity of FOXO being important for diapause, the known FOXO target, MnSod/sod2, was found to be upregulated under diapause-inducing conditions (Hao et al., 2019).

In the cotton bollworm Helicoverpa armigera pupal diapause, levels of total FOXO are high but phospho-FOXO levels are low, indicating that FOXO is in its active state. Interestingly, this regulation occurs by a different mechanism than the typical IIS pathway (Zhang X.-S. et al., 2017). Although ILP levels are low, these ILP levels do not appear to regulate FOXO activity via Akt, because phospho-AKT levels are high in diapause. Instead, high levels of ROS lead to phosphorylation of Akt as well as high levels of protein arginine methyltransferase 1 (PRMT1). PRMT1 methylates FOXO, thus abrogating phosphorylation by Akt. In this way, FOXO remains active to promote diapause at the same time as active Akt can phosphorylate other targets (Zhang X.-S. et al., 2017).




Nuclear Hormone Receptor Signaling

Nuclear hormone receptors (NHRs) are ligand-gated transcription factors comprised of a DNA-binding domain and a ligand-binding domain. The DNA-binding domain directs binding of the NHR to target sequences called hormone response elements (HREs), while ligand binding modulates the regulation of target gene expression. Class I receptors are activated by the binding of steroid ligands but inactive in the absence of ligand (Mangelsdorf et al., 1995). Class II receptors are also activated by ligand binding. However, in the absence of ligand, Class II receptors act with corepressors to repress transcription of target genes. Upon ligand binding, corepressors are released, and subsequent binding of coactivators switches the NHR from a transcriptional repressor to a transcriptional activator (Figure 2). Class II receptors typically function as heterodimers with the retinoid X receptor (RXR) (Mangelsdorf and Evans, 1995; Mangelsdorf et al., 1995).
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FIGURE 2. The regulation of diapause by nuclear hormone receptor signaling (NHR). In favorable environments (left), enzymes that catalyze the production of the lipid ligands are present, and these ligands are produced. Because the ligands can freely pass through the plasma and nuclear membrane, they are able to bind to their target NHRs. Ligand-bound NHRs function as transcriptional activators and turn on expression of genes that promote non-dauer development. In unfavorable environments (right), expression of the required enzymes is reduced and little ligand is present. Unliganded NHRs bind to corepressors and repress transcription of target genes, thus promoting diapause. Orange components promote diapause and green components promote non-diapause development. Note that in some insect species, NHR signaling functions opposite to what is described here, in that NHR signaling promotes diapause. See text for additional details.


As described above, NHR activity is controlled primarily by the presence or absence of ligand. NHR ligands are small, lipophilic molecules that can pass through membranes without the aid of a transport protein (Figure 2). Therefore, signaling is regulated primarily by controlling the production and release of ligand. These ligands are derived from cholesterol or related molecules by a series of biosynthetic steps, as elaborated on in the following subsections. The expression of enzymes that catalyze the biosynthesis of the mature, active form of the ligand is regulated to control NHR activity. The components of NHR signaling known to be associated with diapause within the species focused on in this review are listed in Table 2 and explained in more detail below.


TABLE 2. NHR components and diapause.

[image: Table 2]

Nuclear Hormone Receptors and the Regulation of Diapause

Class II NHRs play important roles in the regulation of diapause across phyla. The NHRs implicated in diapause are phylogenetically related and include the vitamin D receptor in annual fishes, the ecdysone receptor (EcR) in insects, and DAF-12 in C. elegans. In most of these cases, low levels of ligand are associated with diapause whereas ligand-bound NHR leads to non-diapause development (Figure 2 and Table 3).


TABLE 3. NHR ligands and diapause.
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In C. elegans, daf-12 was discovered on the basis of the dauer formation phenotypes observed in daf-12 mutants. Notably, both dauer-defective and dauer-constitutive alleles of daf-12 were isolated (Antebi et al., 1998). Dauer defective alleles are mutants that failed to enter diapause even in diapause-inducing conditions. Dauer-constitutive alleles enter diapause even in conditions favorable for growth. This complexity stems in part from the two activities of NHRs as activators and repressors. Null alleles remove both activator and repressor functions, whereas other alleles can affect one function more than the other. Null alleles do not enter diapause under any known condition, indicating that daf-12 activity is required for diapause. By contrast, all of the dauer-constitutive alleles disrupt the ligand binding domain, suggesting that it is the unliganded version of DAF-12 that is required for dauer formation (Antebi et al., 2000). Consistent with this idea, the DIN1S co-repressor was found to bind unliganded DAF-12 and to be required for dauer formation (Ludewig et al., 2004).

As mentioned above, most Class II NHRs function as heterodimers with RXR proteins. However, C. elegans lacks a clear RXR ortholog despite the expansion of NHR-encoding genes in C. elegans: 284, compared to 48 NHRs in humans (Antebi, 2015). NHRs without clear orthology to RXR have been suggested to play a similar role in some cases, however, whether DAF-12 functions as a homo- or heterodimer is still unknown (Antebi, 2015). DAF-12 does possess a conserved dimerization domain, and the DNA response element to which DAF-12 binds is consistent with either homo- or heterodimerization (Antebi et al., 2000; Shostak et al., 2004; Hochbaum et al., 2011).

In insects, EcR signaling has been studied in depth in D. melanogaster and other insects, primarily for its role in molting. Indeed, ecdysteroids are often referred to as molting hormones. In insects, the EcR functions as a heterodimer with the RXR ortholog, Ultraspiracle (USP) (Oro et al., 1990; Koelle et al., 1991; Yao et al., 1992; Thomas et al., 1993). There are three isoforms of EcR: A, B1, and B2, that share DNA-binding and ligand-binding domains but differ at the N-terminus. These isoforms differ in expression pattern and biochemical activity; however, they all function to activate transcription of target genes when bound to ligand, and to repress transcription when ligand-free (Talbot et al., 1993). In some contexts, the unliganded form of EcR is specifically required (Mansilla et al., 2016).

With respect to diapause, EcR signaling plays a regulatory role in many insects, a few of which will be highlighted here. These include reproductive diapause in D. melanogaster and embryonic diapause in B. mori. For a more comprehensive view of EcR signaling regulating diapause across insect species (see Denlinger et al., 2012). Unlike in C. elegans, functional consequences of reduced EcR signaling have not been described in the context of insect diapause, and instead more work has been done manipulating hormone levels, as described in section “Nuclear Hormone Receptor Signaling Ligands and Biosynthetic Enzymes and the Regulation of Diapause.”

In the annual fish A. limnaeus, a role for the vitamin D receptor (VDR) in the regulation of diapause II (DII) was recently described (Romney et al., 2018). There are two VDR-encoding genes in A. limnaeus: VDR-A and VDR-B. These receptors also bind to target DNA as homodimers or heterodimers, where heterodimerization with RXR is the predominant mode (Carlberg et al., 1993; Carlberg and Campbell, 2013). In A. limnaeus embryos the expression of VDR-A and RXR does not change between pre-diapause and pre-escape embryos. However, the expression of VDR-B is increased in pre-diapause embryos relative to those on the escape trajectory (Romney et al., 2018).



Nuclear Hormone Receptor Ligands and Biosynthetic Enzymes and the Regulation of Diapause

As described in the prior section, in the examples given, active NHR signaling promotes non-diapause development. The control of this signaling appears to occur primarily at the level of production of the active ligand. In insects, the bulk of the studies on the role of EcR signaling in diapause have focused on the ligand and the enzymes necessary to produce the active form. The most active EcR ligand is 20-hydroxyecdysone (20E). In Drosophila, 20E is synthesized from cholesterol by a series of enzymatic reactions. These reactions begin with cholesterol or plant-derived sterols taken up from the environment, since insects cannot synthesize cholesterol themselves (Niwa and Niwa, 2014). The first step in the pathways is catalyzed by Rieske oxygenase Neverland (Nvd) which converts cholesterol to 7-dehydrocholesterol. Next is a “black box,” between 7-dehydrocholesterol and 5β-ketodiol, where the precise reactions are not known. However, the short-chain dehydrogenase Non-molting glossy/Shroud (Nm-g/Sro) and the cytochrome P450 enzymes Spook and Spookier (Spo, Spok) are thought to catalyze reactions within the black box. After that, the rest of the biosynthetic pathway is known, and each step is catalyzed by a series of cytochrome P450 enzymes, including Phantom (Phm), Disembodied (Dib), Shadow (Sad), and Shade (Shd), in that order (Niwa and Niwa, 2014).

To regulate molting, ecdysone is synthesized in the prothoracic glands and then ecdysone is released into the hemolymph. Ecdysone is then converted into 20E in target tissues around the body (Petryk et al., 2003). However, ecdysone can also be synthesized in the ovaries. In D. melanogaster, the strongest evidence for a role for ecdysone signaling in reproductive diapause comes from experiments where injection of diapausing animals with 20E caused recovery, as assessed by the resumption of vitellogenesis (Richard et al., 2001a). Additionally, levels of 20E are low in reproductive diapause animals compared with non-diapause animals. When flies in reproductive diapause are stimulated to recover, the 20E levels rise rapidly (Richard et al., 1998).

Similarly, in B. mori, high levels of 20E are found in non-diapause embryos, but not diapause embryos. Instead, diapausing embryos contain high levels of 20E precursors or inactive derivatives. Furthermore, treatment of diapausing embryos with 20E can induce the resumption of development and recovery from diapause (Makka et al., 2002; Sonobe and Yamada, 2004). Therefore, regulation of the production of 20E is necessary to control diapause entry. Because the prothoracic gland has not yet developed in these embryos, the regulation of 20E synthesis differs from the canonical pathway. 20E in embryos is derived from two sources. First, inactive, phosphorylated forms of 20E and its precursors are bound to yolk proteins and maternally packaged into the embryo. Second, 20E is synthesized de novo. In both cases, the regulation of enzymes determines whether active 20E is produced. The ecdysteroid-phosphate phosphatase (EPPase) is required to activate the phosphorylated molecules, whereas the enzyme 20-hydroxylase (E20OHase, also called Shade in some species) is required for de novo synthesis. The expression of these enzymes is upregulated over time in non-diapause embryos whereas expression remains low during diapause (Sonobe and Yamada, 2004; Maeda et al., 2008; Gu et al., 2021).

Other species with larval and pupal diapause show similar effects whereby increased levels of 20E have been shown to correlate with and/or actively promote non-diapause development. Since EcR signaling is necessary for progression through larval molts and for metamorphosis, it makes sense that removing 20E would allow for developmental arrest. Somewhat surprisingly, however, in some insect species, the role for EcR signaling is reversed, and high levels of 20E are required to maintain diapause. For example, this mode of diapause regulation was shown for the obligate diapause at the end of embryogenesis in the gypsy moth, Lymantria dispar (Denlinger et al., 2012; Schiesari and O’Connor, 2013).

In C. elegans the first two ligands that activate DAF-12 signaling to be discovered were two 3-Keto-4-Cholestenoic Acids termed Δ4-dafachronic acid and Δ7-dafachronic acid (Δ4-DA and Δ7-DA) (Motola et al., 2006). The term “dafachronic” comes from the two major roles of DAF-12: the regulation of diapause and the regulation of developmental timing (see section “Developmental Changes Accompanying Diapause in C. elegans”). More recent work identified additional DAs, the most prominent being Δ1,7-DA. This study failed to find Δ4-DA, suggesting that ligand may be less relevant in endogenous contexts (Mahanti et al., 2014).

Fewer steps in the synthesis of DAs are known in detail in comparison to the synthesis of 20E. However, some key enzymes show similar requirements across species. First, the Rieske oxygenase DAF-36 is required for the synthesis of Δ7-DA. Similar to the role of Nvd in ecdysone synthesis, this enzyme catalyzes the first reaction within this biosynthetic pathway: conversion of cholesterol to 7-dehydrocholesterol (Rottiers et al., 2006; Wollam et al., 2011; Yoshiyama-Yanagawa et al., 2011). Indeed, these enzymes are functionally conserved as addition of daf-36 to D. melanogaster with a mutation in nvd rescues the lethal phenotype (Yoshiyama-Yanagawa et al., 2011). The short chain dehydrogenase DHS-16 works further downstream in this pathway. The enzymes involved in the production of other dafachronic acids are unknown. The hydroxysteroid dehydrogenase HSD-1 was proposed to be involved in the production of Δ4-DA, but subsequent work raises doubts about this notion. At the end of the pathway, the cytochrome P450 enzyme DAF-9 is required to catalyze the final step in biosynthesis of both Δ4-DA and Δ7-DA (Antebi, 2015). The expression of daf-9 is highly regulated during dauer formation, where mildly stressful conditions increase daf-9 expression, but more severe, dauer-inducing conditions drastically reduce daf-9 expression, leading to a decrease in DA production and entry into dauer diapause (Gerisch et al., 2001; Gerisch and Antebi, 2004; Schaedel et al., 2012).

In vertebrates, biosynthesis of the active VDR ligand 1,25(OH)2D3 is similar in many respects to the biosynthesis of the invertebrate NHR ligands. Biosynthesis in vertebrates also begins with the conversion of cholesterol to 7-hydroxycholesterol, in this case by the action of the dehydrocholesterol reductase enzyme, DHCR7. Unlike in invertebrates, the next step of the biosynthetic pathway requires UVB light, which enables the conversion of 7-hydroxycholesterol to pre-vitamin D3. Once pre-vitamin D3 is produced, the remainder of the biosynthetic steps are catalyzed by a series of cytochrome P450 enzymes, similar to the invertebrate pathway (Tuckey et al., 2018; Saponaro et al., 2020).

Within the annual fish A. limnaeus, expression of the active VDR ligand 1,25(OH)2D3 is reduced in pre-diapause embryos compared to pre-escape embryos. Consistent with this reduction, the expression of several biosynthetic enzymes necessary to produce 1,25(OH)2D3 are also reduced (Romney et al., 2018). This difference in expression is functionally relevant because incubating embryos reared under diapause-inducing conditions with 1,25(OH)2D3 at picomolar concentrations strongly reduced the number of embryos that underwent diapause (Romney et al., 2018). Remarkably, performing a similar experiment with C. elegans Δ4-dafachronic acid also increased the number of embryos following the non-diapause, escape developmental trajectory. This effect was specific because incubating embryos with ligands for the pregnane X, farnesoid X, and liver X receptors, which are closely related to VDR, was ineffective at preventing diapause (Romney et al., 2018). Furthermore, treating A. limnaeus embryos grown in non-diapause conditions with dafadine A causes embryos to enter DII. Dafadine A is a compound that inhibits the activity of the cytochrome P450 enzyme DAF-9 and its mammalian counterpart CYP27A1 (vitamin D3 25-hydroxylase) (Luciani et al., 2011). The diapause-inducing effect of dafadine A in A. limnaeus can be countered by addition of 1,25(OH)2D3, consistent with the interpretation that dafadine A promotes diapause by interfering with the production of 1,25(OH)2D3 (Romney et al., 2018). Taken together, these results demonstrate the conserved nature of NHR signaling and its effect on diapause in A. limnaeus and C. elegans.




Crosstalk Between Hormonal Pathways and the Regulation of Diapause

As described in sections “Insulin/Insulin-Like Growth Factor Signaling and Nuclear Hormone Receptor Signaling,” both IIS and NHR pathways regulate development across species. Therefore, there must be interactions between these pathways. Furthermore, additional hormonal pathways contribute to the regulation of diapause. This section provides a brief overview of how those pathways fit together, focusing on the invertebrate systems which lend themselves to in-depth genetic analysis.


Hormonal Pathway Crosstalk in C. elegans

Caenorhabditis elegans geneticists have worked out the major regulators of dauer formation in detail. In addition to the IIS and NHR/DAF-12 pathways described in the previous sections, TGFβ signaling is also involved. In brief, TGFβ and IIS pathways operate largely in parallel and both pathways converge to regulate DAF-12 (Figure 3A; Baugh and Hu, 2020; Fielenbach and Antebi, 2008).
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FIGURE 3. Crosstalk between diapause-regulating pathways in C. elegans (A) and C. pipiens (B). Genetic models outlining the interactions between signaling pathways known to regulate diapause in these two species. Orange components promote diapause and green components promote non-diapause development. In C. pipiens, gray arrows indicate interactions that were inferred from a different mosquito species. See text for details.


Favorable environmental cues lead to the production of both DAF-7/TGFβ and multiple insulin-like peptides in sensory neurons (Ren et al., 1996; Schackwitz et al., 1996; Cornils et al., 2011; Murphy and Hu, 2013; Ritter et al., 2013; Fernandes-de-Abreu et al., 2014; Zheng et al., 2018). These signals are released and then received in multiple tissues where DAF-7/TGFβ blocks activity of the downstream DAF-3/SMAD-DAF-5/Ski complex, and insulin signaling blocks the activity of the downstream DAF-16/FOXO transcription factor (Kimura et al., 1997; Lin et al., 1997; Ogg et al., 1997; Patterson et al., 1997; Pierce et al., 2001; da Graca et al., 2004). Both IIS and TGFβ pathways regulate the expression of daf-9/CYP, which encodes the last enzyme required to produce dafachronic acid, the ligand for the DAF-12 nuclear hormone receptor (Gerisch et al., 2001; Gerisch and Antebi, 2004; Mak and Ruvkun, 2004; Motola et al., 2006). As described above, ligand-bound DAF-12 promotes continuous (non-dauer diapause) development whereas ligand-free DAF-12 is required for dauer formation (Antebi et al., 1998, 2000; Ludewig et al., 2004). IIS appears to also act in parallel to daf-12 because when both daf-2/IR and daf-12/NHR signaling are compromised, larvae arrest development but do not enter dauer. Overexpression of daf-9 in a daf-2 mutant background produces a similar arrested phenotype that is different from dauer diapause (Larsen et al., 1995; Gems et al., 1998; Gerisch et al., 2001; Gerisch and Antebi, 2004).



Hormonal Pathway Crosstalk in Insects

In insects, another major regulator of diapause is juvenile hormone (JH). JH is a sesquiterpenoid that is produced in a group of endocrine organs called the corpora allata (CA) in response to the hormone allatotropin (Flatt et al., 2005; Bendena et al., 2020). JH is then secreted and travels through the hemolymph to act on the ovaries, stimulating ovarian development and vitellogenesis. Since reproductive diapause occurs prior to vitellogenesis, it is not surprising that JH is a central regulator of reproductive diapause across insect species (Denlinger et al., 2012).

Juvenile hormone and Insulin/IGF signaling exhibit an interesting and complex relationship in C. pipiens (Figure 3B). During diapause in C. pipiens, JH levels are low, and addition of synthetic JH can induce exit from diapause (Spielman, 1974). Addition of a JH analog is effective at stimulating diapause exit even in IIS mutants, indicating that IIS regulates diapause formation upstream of JH (Sim and Denlinger, 2008, 2009). However, both IIS and JH signaling appear to converge on the same target: negative regulation of FOXO. Negative regulation of FOXO by IIS is expected, but the role of JH is novel. Addition of JH to diapausing animals reduces FOXO levels in the fat body (Sim and Denlinger, 2013b). FOXO appears to be the most direct regulator of diapause genes, including genes that regulate stress-resistance, metabolism, longevity, and other key characteristics of diapause (Sim et al., 2015).

Finally, there is a potential connection to EcR signaling in C. pipiens as well. This connection was proposed by Sim and Denlinger and is based on work done in another mosquito species, Aedes aegypti (A. aegypti) (Sim and Denlinger, 2013b). In this species, a blood meal enables reproduction by stimulating vitellogenesis. Vitellogenesis requires EcR signaling and the EcR/USP heterodimer directly binds to the promoter of genes encoding yolk proteins in the fat body. JH expression promotes expression of the NHR bFTZ-F1, which in turn recruits the FISC p160/SRC coactivator. These proteins form a complex with EcR and USP at the promoters of target genes and are required for full EcR activation (Zhu et al., 2006). If the same process occurs in C. pipiens in the context of diapause, that would forge a connection between the signaling pathways described here.

Similar to the situation in C. pipiens, JH levels are reduced in D. melanogaster in reproductive diapause. Furthermore, addition of JH to diapausing animals induces recovery from reproductive diapause (Saunders et al., 1990). However, EcR was later proposed to be more directly involved in the regulation of reproductive diapause than JH because levels of ecdysteroids rose more rapidly after stimulation to recover from reproductive diapause, and addition of ecdysteroids to diapausing animals was more effective at terminating reproductive diapause than addition of JH (Richard et al., 1998, 2001b). Unlike in C. pipiens, the IIS pathway has been proposed to act downstream of JH and EcR signaling because loss of the insulin receptor substrate protein Chico induces reproductive diapause in an ovary-autonomous manner, suggesting that external signals such as JH and 20E do not affect reproductive diapause in this mutant context. chico mutant ovaries did not develop upon transplantation to a wild-type host, whereas wild-type ovaries did develop when transplanted to a chico mutant host. Furthermore, chico mutants expressed normal levels of JH and ecdysteroids (Richard et al., 2005). Consistent with the notion that IIS is downstream of JH, the addition of a JH inhibitor did affect the expression of dilp1, however, the functional consequences of this observation are unclear (Liu et al., 2016).

Diapause in B. mori is controlled by a neuropeptide called diapause hormone (DH). This mode of regulation is well studied, though uncommon in other insect species (Denlinger et al., 2012). B. mori diapause is transgenerationally programmed (see section “Diapause in Insects: Drosophila melanogaster, Culex pipiens, and Bombyx mori”). Mothers reared in diapause-inducing conditions during their own embryonic development will express DH in the subesophageal ganglion during the pupal stage. DH is released and then received in the ovary via the DH receptor, a G-protein coupled receptor. This stimulus prompts the developing ovaries to induce diapause (Xu et al., 1995b; Yamashita et al., 2001; Homma et al., 2006; Denlinger et al., 2012; Sato et al., 2014). A connection between DH and EcR signaling has been proposed, but experiments testing this connection have yielded few conclusions, such that the relationship between these pathways is still unclear (Xu et al., 1995a; Shiomi et al., 2015). However, MEK/ERK signaling is needed to terminate diapause, and this process appears to occur upstream of EcR signaling (Fujiwara et al., 2006a, b; Schiesari and O’Connor, 2013). Additionally, the IIS pathway has been implicated in diapause in B. mori, but it is unclear how this function fits with DH or EcR pathways (Zheng et al., 2016; Gu et al., 2019).





EFFECT OF DIAPAUSE ON DEVELOPMENT

Unlike an immediate response to stress, diapause involves an alternate developmental trajectory, including a preparatory stage prior to diapause, the diapause itself, recovery, and post-diapause development. Each stage can differ from its non-diapause equivalent in terms of morphology, metabolism, and rate of development. Not surprisingly, differences in gene expression often exist between diapause and non-diapause animals at equivalent developmental stages. Developmental pathways must accommodate these changes to allow the normal completion of development as a reproductively mature adult. Across species, the pre-diapause preparatory stage is typically marked by a slower rate of development, metabolic changes and accumulation of lipid stores, and morphological changes. During diapause, development is halted. After diapause, animals must quickly resume growth and development. In C. elegans, the same hormonal pathways that regulate diapause appear to also modulate developmental pathways to accommodate diapause, as described below.


Developmental Changes Accompanying Diapause in Annual Fishes

In A. limnaeus, N. furzeri, and other annual fishes that undergo facultative DII, visible differences between embryos in the diapause and escape trajectories become apparent around the 18-somite stage. In particular, growth of the head continues more rapidly in escape embryos, and both the length and the width of the pre-DII embryos increase very little until diapause is reached at approximately the 38-somite stage (Podrabsky et al., 2010, 2017; Furness et al., 2015). Other pre-diapause developmental changes include a lack of melanocyte production and reduced heart rate in pre-DII embryos relative to escape embryos (Podrabsky et al., 2010, 2017; Furness et al., 2015).

The developmental changes that occur prior to DII are accompanied by changes in chromatin structure and gene expression (Toni and Padilla, 2016; Romney and Podrabsky, 2018; Romney et al., 2018; Hu et al., 2020). With respect to development-related gene expression, in N. furzeri, genes involved in the Notch, Wnt, FGF, SHH & IHH, TGF, and retinoic acid developmental pathways were all downregulated in pre-DII embryos compared to escape embryos (Hu et al., 2020). In A. limnaeus, the expression of microRNAs was examined in pre-DII and escape embryos. Some variants in the miR-10 and miR-430 families were expressed more highly in escape embryos. miR-10 targets Hox genes, whereas miR-430 targets genes involved in the maternal-to-zygotic transition (Romney and Podrabsky, 2018).

Developmental changes during DII have not been described, other than the expected developmental arrest. Upon recovery from DII, cells throughout the embryo re-enter the cell cycle and resume development. Post-DII embryos develop more rapidly than escape embryos in order to catch up in size. By the stage where the embryo covers approximately one half the surface of the yolk, morphological differences between DII and escape embryos are no longer apparent (Podrabsky et al., 2010, 2017; Dolfi et al., 2019). Levels of IGF-I and IGF-II are both increased after DII relative to escape embryos, suggesting that IIS could promote catch-up growth (Woll and Podrabsky, 2017).



Developmental Changes Accompanying Diapause in Insects

In C. pipiens, egg follicle length at the onset of diapause is slightly longer than that of non-diapausing animals. However, this length increases rapidly in non-diapause development, whereas during diapause there is no increase for the first 12 days and a very slight increase thereafter (Meuti et al., 2018). mRNA and small RNA sequencing of diapausing and non-diapausing females identified differentially expressed genes encoding proteins and microRNAs. These changes primarily affected genes involved in metabolic processes (Kang et al., 2016; Meuti et al., 2018). These effects are expected given the metabolic changes that occur during diapause. With respect to development, some microRNAs that promote ovarian development were differentially expressed. miR-8-3p and miR-275-3p were downregulated in young, pre-diapause adults, and miR-8-3p, miR-275-3p, and miR-375-3p were all downregulated during diapause compared to non-diapause females (Meuti et al., 2018). In B. mori, embryos enter diapause beginning approximately 48 h after oviposition. During the day leading up to diapause, the color of the embryos shifts from pale yellow to reddish (Zhang H. et al., 2017; Gong et al., 2020). mRNA sequencing experiments performed during the pre-diapause pupal stage identified genes involved in the Hippo pathway that regulates organ size. The upstream regulator lft was downregulated and the downstream regulator hth was upregulated in pre-diapause animals. Genes involved in regulating metabolism were also differentially regulated (Chen et al., 2017).



Developmental Changes Accompanying Diapause in C. elegans

Caenorhabditis elegans development is understood in detail, in part due to the invariant cell lineage that has been mapped, so that individual cells can be identified and followed throughout development (Sulston and Horvitz, 1977; Kimble and Hirsh, 1979; Sulston et al., 1983). The ability to study development at the single-cell level coupled with the powerful genetic tools available in this model organism has resulted in some of the most detailed understanding currently available of the effect of diapause on development. In many cases, these changes are induced by the same hormonal pathways that regulate the diapause decision. In other words, these pathways coordinate the decision to enter diapause with the developmental consequences of diapause. These changes are outlined in this subsection and summarized in Figure 4.
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FIGURE 4. Hormonal pathways regulate development during diapause in C. elegans. Graphical summary of the hormonal pathways that interface with developmental pathways to accommodate changes that occur during the diapause developmental trajectory. A diagram of a worm is shown, with the cell types discussed in the text featured. Arrows pointing at cells indicate processes that promote developmental progression, whereas blunt arrows pointing at cells indicate processes that inhibit developmental progression. See text for details.


As described in section “Diapause in Nematodes: Caenorhabditis elegans,” C. elegans development consists of embryogenesis followed by four larval stages (L1-L4). Dauer diapause occurs immediately after the second larval stage (Cassada and Russell, 1975). Adverse environmental conditions sensed during the first larval stage will induce entry into the alternative, pre-dauer stage called L2d. During L2d, larvae prepare for dauer by increasing lipid stores as they continue to sense their environment. After L2d, larvae can either continue development as L3 stage larvae or molt into dauer diapause, depending on environmental conditions. The L2d stage lasts at least 50% longer than the non-dauer L2 stage (Golden and Riddle, 1984b). There are several developmental events that occur during the second larval stage, and therefore these must occur at a slower pace in L2d larvae, as described below. During dauer, development is paused at the equivalent of an early L3-staged larva (Cassada and Russell, 1975). Progenitor cells that have not yet completed development must retain the capacity to take on normal cell fate in the event of recovery. As described below, this seems to be an active process. Finally, if favorable conditions are found, C. elegans dauer larvae undergo a process of recovery and resume development. Post-dauer larvae must complete the developmental events that normally occur in the L3 stage before molting into an L4-staged larva (Cassada and Russell, 1975).

As in insects and annual fishes, chromatin modification and gene expression changes have been identified when comparing pre-dauer, dauer, or post-dauer animals to their developmental equivalents. Differentially expressed genes include protein-coding genes and small RNAs, and in at least some cases effects on developmental pathways have been observed (Liu et al., 2004; Harvey et al., 2009; Hall et al., 2010, 2013; Karp et al., 2011). However, the remainder of this subsection will focus on three developmental contexts and how hormone pathways affect their development in the diapause life history.


Effect of Diapause on Germline and Somatic Gonad Development in C. elegans

When L1 larvae hatch from embryos, their germline consists of two cells. In response to Notch signaling, these cells proliferate and expand the germline stem cell population over the first several larval stages. Meiosis does not begin until after dauer would have occurred, during the mid-L3 stage (Hubbard and Schedl, 2019).

During L2d, germ cell proliferation slows as larvae prepare to enter dauer, and proliferation ceases during dauer diapause (Narbonne and Roy, 2006). Reducing the rate of germ cell proliferation in L2d requires several genes within the AMPK and IIS pathways, including genes encoding both subunits of the energy-sensing AMP-activated Protein Kinase (AMPK), called aak-1 and aak-2 in worms, the gene encoding the AMPK-activating kinase PAR-4/LKB1, and the gene encoding the PTEN phosphatase DAF-18 (Figure 4). Although these genes all affect related pathways, they are each required independently. Furthermore, these pathways function downstream of or in parallel to the Notch pathway that promotes germ cell division in favorable environments (Narbonne and Roy, 2006, 2009; Tenen and Greenwald, 2019).

In addition to its importance in slowing germ cell proliferation in L2d larvae, AMPK is required during and after dauer to regulate small RNA pathways that in turn maintain proper chromatin marks and therefore affect gene expression. Dauer and post-dauer larvae that lack aak-1 display aberrant gene expression and post-dauer adults are sterile. Remarkably, AMPK activity is required in somatic cells for these functions in germ cells (Kadekar and Roy, 2019).

daf-18/PTEN is unique among the genes listed above in that it is required in the somatic gonad for quiescence in both the germ line and the somatic gonad (Tenen and Greenwald, 2019). Furthermore, daf-18 is required to maintain developmental arrest during dauer in the somatic gonad progenitor cells, because cell fate markers that indicate developmental decisions that normally occur in the L3 or L4 stage are observed in dauer larvae that lack daf-18 (Tenen and Greenwald, 2019).

In parallel to AMPK and IIS signaling, the DAF-12 NHR and its co-repressor DIN-1S also inhibit proliferation of germline and somatic gonad cells in the L2d stage (Figure 4). In contrast to aak-1 and daf-18 that function non-cell-autonomously in somatic cells, din-1s is required autonomously in germ cells to prevent germ cell proliferation and in somatic gonad cells to prevent their proliferation (Colella et al., 2016).



Effect of Diapause on Vulval Precursor Development in C. elegans

Developmental pathways appear to be not only inactivated but actively re-set during dauer diapause. Some of the best evidence for active re-setting of developmental pathways comes from work examining the vulval precursor cells (VPCs). VPCs are born during the L1 stage and remain multipotent and unspecified until the L3 stage. During the L3 stage these cells respond to a combination of EGFR/Ras and Notch signaling pathways to specify VPCs to one of two vulval cell fates (1° and 2°). The absence of signaling leads to a default non-vulval cell fate (3°) (Sternberg, 2005). In wild-type larvae, 1° cell fate markers are expressed in the presumptive 1° VPC during the molt into dauer diapause, but this specification is erased during dauer. After recovery from dauer, larvae enter the post-dauer L3 (PDL3) stage that is the developmental equivalent of the L3 stage that occurs during the non-diapause developmental trajectory. VPC specification is again initiated in PDL3 (Karp and Greenwald, 2013).

The re-setting of VPC specification during dauer is more apparent in mutants that cause VPC specification prior to dauer. There are two categories of these mutants. First, loss of the heterochronic gene lin-28 causes precocious VPC specification during the L2 stage (Ambros and Horvitz, 1984). Larvae lacking lin-28 that develop through the dauer trajectory show VPC specification during the pre-dauer L2d stage. This specification is erased during dauer, and then re-initiates in VPCs or their descendants in post-dauer larvae (Euling and Ambros, 1996; Karp and Greenwald, 2013). Second, mutants in which EGFR/Ras or LIN-12/Notch signaling have been activated also show VPC specification during the pre-dauer L2d stage. Again, this specification is lost during dauer (Karp and Greenwald, 2013). Therefore, there is an active mechanism that erases any VPC specification that has occurred prior to dauer formation and re-establishes multipotent VPC fate.

Both DAF-12/NHR signaling and DAF-16/FOXO have been implicated in VPC development during dauer (Figure 4). Mutations in daf-12/NHR, din-1s, which encodes a corepressor that binds unliganded DAF-12, or daf-9, which encodes an enzyme required for synthesis of the DAF-12 ligand, all result in VPC division and vulval development during dauer (Karp and Greenwald, 2013; Colella et al., 2016). However, this phenotype is suppressed when daf-12 or daf-9 mutants are exposed to dauer-inducing conditions (dauer pheromone), suggesting that these genes are not the most proximal regulators of VPC quiescence. By contrast, loss of daf-16 results in VPC division as well as adoption of 1° and 2° fate markers, even in the presence of dauer pheromone (Karp and Greenwald, 2013). Therefore, during dauer, daf-16/FOXO blocks EGFR/Ras and LIN-12/Notch signaling to prevent precocious specification.



Effect of Diapause on Epidermal Seam Cell Development in C. elegans

One of the developmental pathways most profoundly affected by diapause is the “heterochronic” pathway that controls stage-specific cell fate, particularly in the stem-cell-like seam cells within the lateral hypodermis. Seam cells divide in a particular pattern and sequence at each larval stage before terminally differentiating at adulthood. The gene network that controls this pattern of stage-specific cell divisions and differentiation is termed the “heterochronic” pathway (Ambros and Horvitz, 1984). These heterochronic genes function as a molecular timer whereby transcription factors and RNA-binding proteins that specify early cell fate are expressed at each larval stage. These early-promoting factors are then downregulated by microRNAs in order to allow progression to the next cell fate (Rougvie and Moss, 2013). A molecular timer would seem to be less useful in an interrupted developmental trajectory, and perhaps for that reason the heterochronic pathway is altered in larvae whose development is interrupted by dauer diapause (Liu and Ambros, 1991). For example, microRNA activity is modulated in L2d and dauer larvae, so that a different set of microRNAs becomes more important in the dauer diapause context (Karp and Ambros, 2012; Ilbay and Ambros, 2019).

DAF-12/NHR plays an important role in coordinating the decision to enter dauer with seam cell fate (Figure 4). In diapause-inducing conditions, there is little of the DAF-12 ligand produced and DAF-12 binds to its co-repressor, DIN-1S to promote dauer formation. DAF-12 also directly regulates the transcription of heterochronic microRNAs within the let-7 family (Bethke et al., 2009). These microRNAs are upregulated in order to promote L3 cell fate. In the lengthened L2d stage, the repressor form of DAF-12 keeps levels of these microRNAs low and L3 fate is not adopted prematurely (Bethke et al., 2009; Hammell et al., 2009). The let-7 family microRNAs also directly target daf-12, forming a feedback loop that helps to coordinate the dauer formation decision with the regulation of seam cell development (Hammell et al., 2009).

As described in section “Effect of Diapause on Vulval Precursor Development in C. elegans,” VPC fate appears to be re-set during dauer. A similar type of re-setting appears to occur in lateral hypodermal cells, including the seam cells. This type of re-setting was initially inferred based on the observation that the seam cell lineage defects that occur in certain heterochronic mutants were corrected in larvae that developed through the diapause trajectory (Liu and Ambros, 1991). More recently, a role for daf-16/FOXO was discovered in these cells. daf-16/FOXO is required in dauer larvae to prevent the precocious expression of collagens that are normally enriched in adults. daf-16/FOXO appears to act partially via known heterochronic genes and partially via a novel mechanism. Specifically, daf-16/FOXO opposes expression of the lin-41/TRIM71 RNA-binding protein during dauer to block adult cell fate. However, lin-41/TRIM71 does not act via its canonical target, the LIN-29 transcription factor, indicating a novel mechanism at play during dauer (Wirick et al., 2021). Thus, daf-16/FOXO coordinates the diapause developmental trajectory with multiple developmental events (Figure 4).





CONCLUSION

Diapause is a commonly used mechanism to help animals in the wild increase their chances of survival and reproduction in changing environmental conditions. Since diapause occurs at the level of the organism, individual cells and tissues must respond to diapause-inducing cues in a consistent manner. Hormonal pathways function to relay these cues across the organism, coordinating the developmental trajectory according to current or predicted environmental conditions. Many of the pathways that regulate diapause also regulate growth and development in non-diapause contexts. One possibility is that negative regulation of these growth-promoting pathways is a common molecular mechanism that enabled the evolution of diapause in different species.

The IIS and NHR hormonal pathways are involved in the diapause decision across animal phyla. IIS appears to function universally as an anti-diapause pathway. The IIS pathway has two evolutionarily conserved features that would seem to make this pathway particularly well-suited to this role. First, IIS positively regulates growth and metabolism in a variety of contexts. Second, production of insulin and related ligands is regulated by environmental cues, including nutritional status (Oldham and Hafen, 2003; Tothova and Gilliland, 2007; Murphy and Hu, 2013).

Nuclear hormone receptor signaling also commonly opposes diapause, but this direction is not universal among insect species. Class II NHRs are also well-positioned to serve as environmentally responsive regulators of diapause, given their function as molecular switches between transcriptional repressors and activators (Mangelsdorf et al., 1995). This switch function allows them to promote growth when ligand is present and inhibit growth when ligand is absent. In insects EcR signaling is required for each molt, making negative regulation of EcR signaling a straightforward way to pause developmental progression. It is interesting that among the large and diverse family of NHRs, the NHRs involved in regulating diapause across phyla are closely related, such that addition of C. elegans ligands or inhibitors can control diapause in the annual fish A. limnaeus (Romney et al., 2018). These observations indicate a high degree of conservation at the molecular level between these two species.

In addition to IIS and NHR pathways, other hormonal and non-hormonal pathways that regulate growth and development are also involved in the diapause decision in each species. Some examples of these pathways are juvenile hormone in insects and growth-factor-mediated signaling in C. elegans and insects (Fielenbach and Antebi, 2008; Denlinger et al., 2012; Schiesari and O’Connor, 2013). It makes sense that the use of juvenile hormone to regulate diapause occurs only in insects, since juvenile hormone does not regulate growth and development in nematodes or fishes. However, in other cases it is unclear why some pathways regulate diapause only in particular species. The differences may relate to the specific role of such pathways in growth and development in that species, or how readily those pathways could integrate with diapause-inducing machinery.

In C. elegans, the same hormonal pathways that regulate the decision to enter diapause are also critical regulators of the alterations to developmental programs that occur to accommodate the pre-diapause preparatory phase, the interruption to development that occurs during diapause, and the post-diapause phase where development is rejoined. In the future it will be interesting to discover the extent to which these pathways also regulate development in insects and annual fishes that undergo diapause.
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Post-embryonic acute developmental processes mainly allow the transition from one life stage in a specific ecological niche to the next life stage in a different ecological niche. Metamorphosis, an emblematic type of these post-embryonic developmental processes, has occurred repeatedly and independently in various phylogenetic groups throughout metazoan evolution, such as in cnidarian, insects, molluscs, tunicates, or vertebrates. This review will focus on metamorphoses and developmental transitions in vertebrates, including typical larval metamorphosis in anuran amphibians, larval and secondary metamorphoses in teleost fishes, egg hatching in sauropsids and birth in mammals. Two neuroendocrine axes, the hypothalamic-pituitary-thyroid and the hypothalamic-pituitary-adrenal/interrenal axes, are central players in the regulation of these life transitions. The review will address the molecular and functional evolution of these axes and their interactions. Mechanisms of integration of internal and environmental cues, and activation of these neuroendocrine axes represent key questions in an “eco-evo-devo” perspective of metamorphosis. The roles played by developmental transitions in the innovation, adaptation, and plasticity of life cycles throughout vertebrates will be discussed. In the current context of global climate change and habitat destruction, the review will also address the impact of environmental factors, such as global warming and endocrine disruptors on hypothalamic-pituitary-thyroid and hypothalamic-pituitary-adrenal/interrenal axes, and regulation of developmental transitions.
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INTRODUCTION

The hypothalamic-pituitary-thyroid (HPT) axis is the neuroendocrine thyrotropic axis, which literally acts (“trope”) on the thyroid gland (“thyro”). In a simplified way, it is composed of brain thyrotropin-releasing hormone (TRH) neurons, pituitary thyrotropin (TSH) cells, and peripheral thyroid hormones (TH), thyroxine (T4) and triiodothyronine (T3). TRH acts via its receptor (TRH-R) expressed by the pituitary thyrotropes, and stimulates the synthesis and release of pituitary TSH. TSH binds its receptor (TSH-R) expressed by the thyroid gland to induce the production and release of T4. At target tissues, T4 is transformed into T3 by monodeiodinases, and both bind to TH nuclear receptor, TR. TH can act on various tissues and they negatively feedback on the brain (hypothalamic TRH)/pituitary (TSH) axis (Zoeller et al., 2007).

The hypothalamic-pituitary-adrenal axis (HPA), in mammals and sauropsids, and hypothalamic-pituitary-interrenal (HPI), in amphibians and teleosts, is the neuroendocrine corticotropic axis responsible for the response to stress in all vertebrates (Gorissen and Flik, 2016). The neurohormone, corticotropin-releasing hormone (CRH), controls the production and release of corticotropin (also named adrenocorticotropic hormone, ACTH), at the pituitary level. ACTH acts to control the production and release of corticosteroids (CS) from adrenal cortex cells in amniotes or interrenal cells in amphibians and teleosts. CS can act on various tissues and they negatively feedback on the brain (hypothalamic CRH) / pituitary (ACTH) corticotropic axis (Bernier et al., 2009; Faught et al., 2016; Gorissen and Flik, 2016) via specific receptors.

The molecular components of the HPT and HPA/HPI axes have been subject to whole genome duplication (WGD) events during evolution. Two events of WGD, referred to as 1R and 2R for first and second rounds of WGD, occurred in ancestral vertebrates (Dehal and Boore, 2005). An additional WGD event occurred in ancestral teleosts, referred to as 3R for third round of WGD or as teleost specific WGD (Meyer and Schartl, 1999). A further WGD occurred more recently in some teleost groups, such as salmonids (Lien et al., 2016) and some carps (Wang et al., 2012). This event is referred to as 4R (fourth round of WGD). The WGD were at the origin of the diversification of the functions of the HPT and HPA/HPI axis.

One of the actions controlled by the HPT and HPA/HPI axis in vertebrates is the developmental body change coming from a need to adapt to a remarkable change in habitat during birth, hatching or post-embryonic development events. Dramatic changes occur in various metazoa such as cnidaria, insects, crustacean, molluscs, tunicates, and vertebrates. These events have been collectively termed as metamorphosis from the Greek meta- (change) and morph (form). Metamorphosis has a major role in the structure of complex life cycles encompassing different ecophases. In vertebrates, different developmental modes are observed. Amniotes, namely mammals, and sauropsids (birds and reptiles), as well as some amphibians, go through direct development and present a more mature stage at birth/hatching, with an earlier ontogeny of the HPA axis. Non-amniotes, comprising various fish and amphibians, go through indirect development with metamorphosis and present a more immature stage at hatching with a later ontogeny of the HPT and HPA/HPI axis. All the post-embryonic developmental changes are hormonally controlled processes by TH (Paris and Laudet, 2008), but recent studies confer to CS an increasingly prominent role (Sachs and Buchholz, 2017). These TH and CS actions allow to distinguish this period from other major late developmental events such as puberty, which is under the control of sexual steroids.

The post-embryonic developmental transitions are also sensitive to diverse biotic and abiotic factors that can profoundly influence behavior, morphology, growth, development, and sometimes survival. Vertebrates respond to the exposome by modulating the production of CS and TH (Figure 1). The adaptive response allows to adjust the timing of the developmental program, but with a trade-off between risk and benefit.
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FIGURE 1. The exposome targets the HPT and HPA/HPI axe in vertebrates. The four components of the exposome (ecosystems, lifestyle, social, and physico-chemical expositions) may affect developmental transitions in vertebrates, including teleosts, amphibians, sauropsids, and mammals, by acting in part at the level of the HPT and HPA/HPI axes.




MOLECULAR AND FUNCTIONAL EVOLUTION OF THE HYPOTHALAMIC-PITUITARY-THYROID AND THE HYPOTHALAMIC-PITUITARY-ADRENAL/INTERRENAL AXES AND THEIR INTERACTIONS


Hypothalamic-Pituitary-Thyroid Axis


Thyrotropin-Releasing Hormone and Its Receptors

The hypothalamic-pituitary-thyroid (HPT) axis is the neuroendocrine thyrotropic axis (Figure 2). After indirect evidence of the existence of a thyrotropin-releasing factor in dogs (Shibusawa et al., 1955), a fraction, purified from bovine or ovine hypothalamic extracts, was found to stimulate the release of TSH (Schreiber et al., 1961; Guillemin et al., 1962, 1963). The TRH gene encodes multiple identical repeats of the three amino-acid (pyroglutamic acid-histidine-proline) TRH sequence (Galas et al., 2009). This is an example of intragenic duplication which allows an amplification of the synthesis and production of this neurohormone.
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FIGURE 2. Thyrotropic neuroendocrine axis in vertebrates. The figure displays the main actors of the thyrotropic (hypothalamic-pituitary-thyroid, HPT) axis. dio, deiodinase; T4, thyroxine; T3, tri-iodothyronine; rT3, reverse triiodothyronine; T2, diiodothyronine; TR, thyroid hormone receptor; TRH, thyrotropin releasing hormone; TRHR, thyrotropin releasing hormone receptor; TSH, thyrotropin; TSHR, thyrotropin receptor.


TRH-R are members of membrane class A G-protein coupled receptors (GPCR). Two subtypes, TRH-R1 and TRH-R2, have been characterized in mammals. A third one, TRH-R3, has been identified in birds (Li et al., 2020), amphibians (Bidaud et al., 2002), reptiles (Li et al., 2020), and teleosts (Mekuchi et al., 2011; Saito et al., 2011; Li et al., 2020). In birds, only TRH-R1 and TRH-R3 have been identified so far (Li et al., 2020). Four subtypes have been cloned in sockeye salmon Oncorhynchus nerka (TRH-R1, TRH-R2a, TRH-R2b, and TRH-R3; Saito et al., 2011), and in medaka Oryzias latipes (TRH-R1a, TRH-R1b, TRH-R2, and TRH-R3; Mekuchi et al., 2011). As in medaka (Mekuchi et al., 2011), duplicated TRH-R1a and b are found in many teleosts including zebrafish Danio rerio, and might be the result of 3R, even if only one TRH-R1 is identified in sockeye salmon (Saito et al., 2011). The duplicated TRH-R2s present in sockeye salmon may be due to the 4R; TRH-R2b is truncated (Saito et al., 2011). According to the recent hypothesis of Li et al. (2020) on the evolutionary history of TRH-Rs, multiple gene loss events might have occurred during evolution, including TRH-R2 loss in birds, and many mammals, as well as TRH-R3 loss in mammals. Interestingly, pituitary TRH-R3 expression was recently shown to elevate as metamorphosis progressed in bullfrog tadpole (Nakano et al., 2018). It would be interesting to investigate whether the possible involvement of TRH-R3 in amphibian metamorphosis is also observed in other major life history transitions, such as teleost metamorphoses and sauropsid hatching.



Thyrotropin and Its Receptors

TSH is a glycoprotein hormone composed of two subunits, the alpha subunit (Gpα) common to gonadotropins, and the hormone-specific TSHβ subunit, which is paralogous to the luteinising hormone (LH) and follicle-stimulating hormone (FSH) β subunits. The genes encoding the β subunits of the two gonadotropins LH, FSH and of TSH are paralogous genes that likely arose from the two successive 1R/2R in ancestral vertebrates. A single TSHβ is present in mammals and other tetrapods, as well as in actinopterygians, and is considered as the “classical” TSH. Its β subunit is now named TSHβ1 since a second TSHβ, called TSHβ2, has been identified in some representative species of early vertebrates such as in chondrichthyans and basal sarcopterygians (Maugars et al., 2014). These data suggest that the gene coding for tshβ2 was lost twice independently during osteichthyan evolution, in a tetrapod ancestor and in an actinopterygian ancestor. Indeed tshβ2 could not be retrieved in the genome of an holostean (spotted gar Lepisosteus oculatus) nor any teleosts, supporting an early loss of tshβ2 in the actinopterygian lineage, leading to inheritance of only tshβ1 by the teleost lineage (Maugars et al., 2014). Two tshβ paralogs were found in teleosts, resulting from the 3R duplication of tshβ1 (Maugars et al., 2014; Fleming et al., 2019), and named tshβ1a and tshβ1b (Fleming et al., 2019). Recently, up to three tshβ1 paralogs were identified in Oncorhynchus species, due to the conservation of the duplicated 4R-paralogs of tshβ1a (tshβ1aα and tshβ1aβ) while only the two tshβ1 paralogs issued from 3R (tshβ1a and tshβ1b) are present in Atlantic salmon Salmo salar as in other teleosts (Fleming et al., 2019). Interestingly, the two tshβ paralogs identified in Atlantic salmon are expressed in different pituitary cells (Fleming et al., 2019): tshβ1a in the anterior adenohypophysis, and tshβ1b in cells near to the pituitary stalk, cells comparable to the pars tuberalis TSH cells involved in seasonal physiology and behavior in birds (Yoshimura, 2013) and mammals (Dardente et al., 2019).

TSH-R is present at the surface of the thyroid follicle cells in the thyroid gland. It belongs to the class A GPCR receptors and is paralogous to the receptors for gonadotropins. In teleosts, due to the 3R, duplicated receptors tshra and tshrb have been characterized (Maugars et al., 2014). TSH-R are not only expressed in the thyroid gland, but also in a variety of other tissues (Williams, 2011). Of particular interest is the presence of tshr in the brain and the gonads, where they mediate TSH retrograde action on brain deiodinase and direct regulatory effect on reproduction, in birds and mammals (Nakane and Yoshimura, 2019).



Thyroid Hormones and Their Receptors

Two main forms of TH are found in vertebrates, T4 with four iodinated tyrosine residues (3,3′,5,5′), the hormonal precursor produced by the thyroid gland, and T3 with three iodinated tyrosine residues (3,3′,5), the active hormone which binds to TR with a 10-fold higher affinity compared to T4 (Holzer et al., 2017). T4 is produced, by thyrocytes under TSH control, from thyroglobulin, a large dimeric protein containing many tyrosine residues.

TR belong to the nuclear receptor superfamily. Two homologous receptors, TRα and TRβ, are present in tetrapods (Sap et al., 1986; Weinberger et al., 1986; Thompson et al., 1987; Brooks et al., 1989; Helbing et al., 2006; Kanaho et al., 2006). The 3R led to two duplicated trα paralogs and two duplicated trβ paralogs in basal teleosts, such as conger and eel. So far, four tr cDNAs have been cloned in Japanese flounder: two α types and two β types (Yamano et al., 1994; Yamano and Inui, 1995). In some other teleosts, such as zebrafish, two trα genes but a single trβ gene have been retrieved, suggesting that one of the trβ duplicated paralog would have been lost in the course of teleost evolution (Lazcano and Orozco, 2018). Xenopus laevis possesses two distinctive genes for each tr likely due to its genome polyploidisation (Yaoita et al., 1990). In tetrapods, alternative splicing of TR leads to various protein isoforms with different binding activities and biological functions. In mammals, two TRα variants (α1 and α2) are thus generated from a single gene (Izumo and Mahdavi, 1988). Similarly, in addition to the 3R-duplicated genes, alternative splicing may lead to a large variety of TR isoforms in teleosts, with species-specific variations (Marchand et al., 2001).



Deiodinases

Deiodination of TH corresponds to the removal of iodine from their outer or inner rings, and is performed by iodothyronine deiodinase enzymes in the thyroid, peripheral or central target tissues. By regulating the bioavailability of T4 and T3, they thus control their action (Bianco et al., 2002; Orozco and Valverde-R, 2005; Darras and Van Herck, 2012; Orozco et al., 2012; Steegborn and Schweizer, 2020). The first deiodinase to be cloned was dio1 from rat (Berry et al., 1991), then dio3 was cloned from Xenopus laevis (St. Germain et al., 1994), and dio2 from Rana catesbeiana (Davey et al., 1995). So far, these three types of iodothyronine deiodinases, DIO1, DIO2, and DIO3, have been identified in most vertebrates (Bianco et al., 2002; Darras and Van Herck, 2012; Orozco et al., 2012). DIO1 is a low selectivity enzyme with both outer and inner ring deiodinase activity. DIO2 is an outer ring deiodinase, which removes an iodine residue from T4 and gives active T3. DIO3 is an inner ring deiodinase, which inactivates T4 and T3 in reverse T3 (rT3 or 3,3′,5′-T3), and diiodothyronine (T2 or 3,3′-T2), respectively. Orozco et al. (2012) reviewed the evolutionary history of deiodinase family and point out that dio1 is the oldest vertebrate deiodinase gene and dio2 the most recent one. Some teleosts possess 3R-duplicated dio2 and dio3 genes (Orozco et al., 2012; Alves et al., 2017). The widespread and differential tissue distribution for the three types of deiodinase in vertebrates has been reviewed previously (Darras and Van Herck, 2012; Orozco et al., 2012). In the Atlantic salmon, up to six deiodinase paralogs have been characterized, one dio1, two dio2 (dio2a and dio2b) and three dio3 (dio3a1, dio3a2, and dio3b) (Lorgen et al., 2015). A single dio2 gene is present in Northern pike Esox lucius (Rondeau et al., 2014), which suggests that the two dio2 paralogs of the Atlantic salmon arose recently from the salmonid-specific WGD, 4R (Lorgen et al., 2015). Dio3a1/3a2 likely also resulted from 4R (Lorgen et al., 2015). Functional divergence of the two salmon dio2 paralogs is reported: while gill dio2a expression is induced by seawater exposure (Lorgen et al., 2015), dio2b expression in the brain is sensitive to photoperiod during smoltification (Lorgen et al., 2015; Irachi et al., 2021).



Hypothalamic-Pituitary-Adrenal/Interrenal


Corticotropin-Releasing Hormone and Its Receptors

The hypothalamic-pituitary-adrenal axis (HPA), in mammals and sauropsids, and hypothalamic-pituitary-interrenal (HPI), in amphibians and teleosts, is the neuroendocrine corticotropic axis (Figure 3). In 1955, a substance, present in extracts of mammalian hypothalamus and able to stimulate ACTH secretion in vitro, was named corticotropin-releasing factor (CRF) (Guillemin and Rosenberg, 1955; Saffran et al., 1955). CRF (or CRH) was first isolated from sheep hypothalamus (Vale et al., 1981) and identified in all vertebrates thereafter (Lovejoy et al., 2014; On et al., 2019). Together with urotensin I (UI) in teleosts, sauvagine (SVG) in amphibians, and urocortins (Ucn) in mammals, it forms a large family of peptides, the CRH/urocortin family. As CRH, urotensin I, sauvagine and urocortins have roles in the regulation of ACTH and MSH, as well as energy metabolism and reproduction (Lovejoy and Balment, 1999). It was first suggested that two ancestral crh/ucn1 and ucn2/ucn3 genes likely arose by specific gene duplication before vertebrate WGD events (Hwang et al., 2013), as a single crh-like gene is identified in amphioxus and tunicates (On et al., 2019). Both ancestral genes were duplicated twice in ancestral vertebrates via 1R and 2R, followed by some paralog losses, leading to up to 5 genes (crh1, crh2, ucn1 coming from ancestral crh/ucn1; ucn2, ucn3 issued from ancestral ucn2/ucn3) in extant representative species of some vertebrate lineages such as chondrichthyans, holosteans and actinistians (Cardoso et al., 2016; On et al., 2019). Teleost specific 3R resulted in the duplication of crh1 into two paralogs crh1a and crh1b conserved in many species (Grone and Maruska, 2015; Cardoso et al., 2016). Crh2 may have been lost in recent teleosts (Cardoso et al., 2016), while one 3R-crh2 paralog has been conserved in basal groups of teleosts such as European eel (Maugars et al., 2016).
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FIGURE 3. Corticotropic neuroendocrine axis in vertebrates. The figure displays the main actors of the corticotropic (hypothalamic-pituitary-adrenal/interrenal, HPA/HPI) axis. ACTH, adrenocorticotropin; CRH, corticotropin-releasing hormone; CRHR, corticotropin-releasing hormone receptor; GR, glucocorticoid receptor; MC2R, melanocortin receptor 2.


In tetrapods, CRH has been shown to act via two GPCRs, corticotropin-releasing hormone receptors (CRHR), CRHR1, and CRHR2, which belong to the class 2 subfamily B1 of secretin-like GPCR superfamily (Lovejoy et al., 2014). Crhr1 was duplicated by 3R into two paralogs (crhr1a and crhr1b) which were conserved in many extant teleosts, while one of 3R-duplicated crhr2 paralogs would have been lost (Cardoso et al., 2016). A third CRHR, CRHR3, identified in the catfish, Ameiurus nebulosus (Arai et al., 2001), highly similar to catfish CRHR1, likely results from gene-specific duplication, that may also occurred in various teleosts (Lovejoy et al., 2014; Cardoso et al., 2016).



Proopiomelanocortin-Derived Peptides and Their Receptors

The main pituitary hormone involved in the HPA/HPI axis is ACTH. ACTH is derived from tissue-specific post-translational processing of its precursor, the proopiomelanocortin (POMC); POMC also gives rise to melanocyte stimulating hormone (MSH), and β-endorphin (β-END). POMC forms the opioid/orphanin gene family together with proenkephalin, prodynorphin and proorphanin (Dores et al., 2002; Sundström et al., 2010). ACTH and MSH, called melanocortins (MC), act via MC receptors (MCR), while β-END acts via opioid receptor. Teleost 3R gave rise to pomc gene duplicates: pomc-α (a or A) and pomc-β (b or B), with pomc-β having lost a functional β-endorphin (De Souza et al., 2005). Further independent gene-specific duplications during teleost evolution resulted in duplicates of pomc-α, such as in sea bream Sparus aurata (Cardoso et al., 2011) and Astatotilapia burtoni (Harris et al., 2014).

Melanocortin receptors (MCR) belong to the rhodopsin class A13 family of GPCRs. In tetrapods, five MCR genes have been identified: mc1r to mc5r (Cortés et al., 2014; Dores et al., 2014). In teleost fish, probably due to 3R, the number of receptors increases up to six in zebrafish, which has two MC5R paralogs (Västermark and Schiöth, 2011), while pufferfish Fugu rubripes has only four, with no mc3r and only one copy of mc5r (Logan et al., 2003). Concerning the ligand selectivity of MCRs, all of the paralogous MCRs can be activated by both ACTH and MSH in extant cartilaginous fishes, while in extant teleosts and tetrapods, only ACTH can activate MC2R (Cortés et al., 2014; Dores et al., 2014). In mammals, the MCRs have distinct tissue expression (Cone, 2006; Dores et al., 2014): mc1r is mainly expressed in melanocytes; mc2r in adrenal cortex; mc3r and mc4r in the brain; and mc5r in a variety of exocrine glands, such as sebaceous, lacrimal and preputial glands. In concordance with their expression sites, each MCR has its proper function: MC1R is involved in skin and hair pigmentation; MC2R in adrenal steroidogenesis and stress response; MC3R and MC4R in energy homeostasis; and MC5R in exocrine gland secretion. These features can also be observed in non-mammalian vertebrates, with some differences. Of particular interest, mc5r is co-expressed with mc2r in the interrenal of Xenopus tropicalis (Dores and Garcia, 2015) and several teleosts [rainbow trout Oncorhynchus mykiss (Haitina et al., 2004; Aluru and Vijayan, 2008); common carp Cyprinus carpio (Metz et al., 2005); barfin flounder Verasper moseri (Kobayashi et al., 2011)], as well as in the chicken adrenal (Takeuchi and Takahashi, 1998), suggesting a possible role of MC5R, in addition to MC2R, in the regulation of HPI axis in these non-mammalian vertebrates.



Corticosteroids and Their Receptors

Corticosteroids (CS) are steroid hormones, divided into glucocorticoids (GC), and mineralocorticoids (MC). In mammals and sauropsids, CS are synthetized by the adrenal gland. In amphibians and teleosts, CS are synthetized by the interrenal gland, a tissue embedded inside the anterior part of the kidney (head kidney) and homologous to the adrenal cortex of the adrenal gland in mammals (Chester-Jones, 1987). Cortisol is the primary GC in most mammals and teleosts, while it is corticosterone in birds, reptiles, amphibians and many rodents (Mommsen et al., 1999; Aerts, 2018). Both GC can co-exist in most vertebrates. Aldosterone, which is the principal MC in mammals (Gilmour, 2005), is lacking in all teleosts studied so far. In teleosts, it is generally accepted that cortisol plays both GC and MC roles (McCormick, 2001; McCormick et al., 2008).

GC and MC receptors (respectively, GR and MR) belong to the nuclear receptor superfamily. 2R resulted in the emergence of GR and MR, present in all extant vertebrates. In teleosts, 3R gave rise to duplicated gr and mr (Bury, 2017). Zebrafish is the only known teleost to have conserved only one of the two gr paralogs (Schaaf et al., 2008). The two mr paralogs are present in a basal teleost, the European eel Anguilla anguilla (Lafont et al., 2014), while only one mr paralog has been conserved in the other extant teleosts studied so far (Baker and Katsu, 2019).



METAMORPHOSES AND OTHER DEVELOPMENTAL TRANSITIONS IN VERTEBRATES AND THEIR CONTROL BY THYROID HORMONES AND CORTICOSTEROIDS


Larval Metamorphosis in Anuran Amphibians


Involvement of Thyroid Hormones

After hatching and a period of growth, the tadpole undergoes a rapid and irreversible physiological, anatomical and environmental transition marking the transition from the larval state to the adult state, the metamorphosis. Gudernatch observed that the administration of extracts of the thyroid gland (and only this organ) via the water induced tadpole premature metamorphosis (Gudernatch, 1912). Following TH measurements (Leloup and Buscaglia, 1977), the elucidation of the roles and mechanisms of action of TH in vertebrates has thus benefited enormously from amphibian model (Grimaldi et al., 2013; Buchholz, 2017; Sachs and Buchholz, 2017). The activity of TH is regulated locally by deiodinases (DIO) and cytosolic proteins (Shi et al., 1994). In particular, the expression of DIO2 (enzyme activating TH) is high in tissues undergoing metamorphosis, while the expression of inactivating deiodinase (DIO3) is high in tissues before and after metamorphosis (Leloup et al., 1981; Galton, 1989).

Another level of TH signaling control is linked to the expression profiles of thyroid hormone receptors (TR) (Yaoita and Brown, 1990). A dual role of thyroid signaling was proposed (Sachs et al., 2000; Grimaldi et al., 2013; Buchholz and Shi, 2018). Thus, before metamorphosis, the relative absence of TH and the expression of TRα contribute to repressing target genes allowing tadpole growth. During the climax of metamorphosis, the high concentration of TH concomitant with the expression of TRα and TRβ contributes to the activation of the transcriptional program leading to tadpole transformation. The two TR isoforms have also different roles during metamorphosis. TRα was shown to be more involved in cell proliferation while TRβ in cell differentiation and apoptosis (Furlow and Neff, 2006; Denver et al., 2009). TRα is required for TH-dependent neurogenesis (Wen et al., 2019). The autoinduction of TRβ is one of the earliest responses to the thyroid signal (Yaoita and Brown, 1990) because trβ is a direct TH-target gene (Ranjan et al., 1994; Bilesimo et al., 2011).

Transgenic studies in Xenopus laevis revealed that TR are necessary and sufficient for mediating the effects of T3 during metamorphosis (Buchholz et al., 2003, 2004). However, recent gene knockout studies in Xenopus tropicalis showed that TR are not required for most metamorphic transformations, although tadpoles lacking TR die in the middle of metamorphosis (Shi, 2021). Removal of TR enables premature metamorphosis of several adult tissues (Buchholz and Shi, 2018), likely due to the absence of T3-inducible gene repression. This result supports the role of unliganded TR to avoid precocious metamorphosis for proper tadpole growth. Finally, removal of TR prevents the disappearance of tadpole-specific tissues (Shibata et al., 2020, 2021).



Involvement of Corticosteroids

Glucocorticoids (GC) are also essential during anuran metamorphosis. In Xenopus laevis tadpoles, corticosterone concentration is high during pre-metamorphosis, decreases during pro-metamorphosis and increases again during metamorphic climax (Jaudet and Hatey, 1984; Jolivet-Jaudet and Leloup-Hâtey, 1986; Kloas et al., 1997; Glennemeier and Denver, 2002). However, the actions of GC on anuran development are difficult to dissect because of their involvement in many biological processes. Thus, GC inhibit growth, both in pre- and pro-metamorphic tadpoles and the administration of exogenous GC to pre-metamorphic tadpoles inhibits the emergence of lower limbs (Kobayashi, 1958). However, the use of drugs which antagonize the molecular action of GC or prevent the production of GC by the adrenals, inhibits metamorphosis (Kikuyama et al., 1982).

During metamorphosis, GC act through glucocorticoid receptors (GR) that have dynamic and tissue-specific expression profiles (Krain and Denver, 2004). In the tail, GR expression follows the concentration profile of GC, but in the gut and brain the number of transcripts were constant during pro-metamorphosis, and slightly decreased or increased, respectively, during climax. GR knockout in Xenopus leads to complete abrogation of the corticosterone-responsive gene induction by exogenous hormone (Sterner et al., 2020). In addition, tadpoles lacking GR developed faster than wild-type sibling until forelimb emergence. Then, they developed more slowly and died at the climax of metamorphosis, indicating that GR is required for metamorphosis and control the developmental rate. The essential requirement of the HPA axis was confirmed with the gene-editing disruption of the pomc gene (Sterner et al., 2020). Mutant tadpoles had a reduced level of plasma corticosterone at metamorphosis, as well as lower expression of the corticosterone-responsive genes. Last but not least, these tadpoles had reduced rates of growth and development that finally led to death, late during metamorphosis at the time of tail resorption.



Interactions Between Thyroid Hormones and Corticosteroids

Although TH are the trigger for metamorphosis and are required throughout this process (Sachs and Buchholz, 2017), their actions strongly intersect with those of CS (Sachs and Buchholz, 2019). Stressors such as predation or pond desiccation can be experienced by tadpoles and cause activation of the HPI axis (Glennemeier and Denver, 2002). In the tadpole, the synthesis and release of TSH by the anterior pituitary is under the control of CRH (Denver, 1993, 2021), as in other non-mammalian vertebrates (De Groef et al., 2006). When injected to prometamorphic Bufo arenarum larvae, CRH is able to accelerate metamorphosis, likely by direct action on both TSH and ACTH pituitary cells (Miranda et al., 2000). This dual role of CRH allows the tadpole to modulate the rate of metamorphosis in response to environmental stimuli (Denver, 1997). CS are closely linked to metamorphosis by delaying or accelerating its rate of progression. Elevation in circulating CS during the pre-metamorphic stage slows tadpole growth (Denver, 2017). However, during pro-metamorphosis, tadpoles increase the production of TH and CS in response to environmental stress, and are therefore able to accelerate metamorphosis, which can allow the animal to escape a deteriorating larval habitat by transitioning to the next life history stage (Denver, 1997, 2009; Denver et al., 2009; Kulkarni and Buchholz, 2014). Remarkably, CS are capable of triggering metamorphosis in Buffo boreas (Hayes et al., 1993). This action is probably due to the endogenous levels of TH with which GC are able to act synergistically, but insufficient, on their own, to induce the metamorphosis.

How does the crosstalk between TH and CS occur? CS are known to promote the expression of activating deiodinases and repress the expression of inactivating deiodinases, thus contributing to the accumulation of active T3 in target tissues. This model has long been the basis for explaining the potentiating effect of GC on metamorphosis (Galton, 1990). Furthermore, GC can also act in synergy with TH via cross-regulation at the level of their respective nuclear receptors. GC are able to increase the binding capacity of T3 in cell nucleus (Suzuki and Kikuyama, 1983) and the amount of trβ transcripts in the tail, brain and intestine (Bonett et al., 2010). Conversely, the expression of GR seems to be partly controlled by TH depending on the tissues observed: while in the brain and intestine, treatment with T3 induces a decrease in the expression of GR, the opposite occurs in the tail (Krain and Denver, 2004). These results suggest that CS are able to increase the sensitivity to TH in some tissues, thus accelerating metamorphosis. These actions are synergistic with low concentrations of TH (Bonett et al., 2010). Brown et al. (2014) reported similar hormonal synergy during larval development in fish.

Other genes expressed during metamorphosis are synergistically regulated by TH and CS (Kulkarni and Buchholz, 2012; Bagamasbad et al., 2015), some through direct transcriptional regulation by liganded TR and GR. One of the best studied examples of this type of regulation is the transcription factor krüppel-like factor 9 (Klf9), which is directly and synergistically regulated by TH and CS via an ultra-conserved super enhancer located upstream of the transcription start site (Bonett et al., 2009; Bagamasbad et al., 2015). Klf9 strongly enhances TRβ autoinduction in tadpole tissues, among other roles modulating gene transcription and hormone action during metamorphosis (Hu et al., 2016). Other genes show synergistic regulation by TH and CS in tadpole tissues, but whether their protein products function to modulate the rate of metamorphosis requires further study (Kulkarni and Buchholz, 2012, 2014).

Finally, the recent results with tadpoles lacking pomc reinforce the inseparable link between TH and GC at metamorphosis (Sterner et al., 2020). Tadpoles lacking pomc had reduced expression levels of TH-responsive genes such as klf9 and trβ. Even more significant, mutant death at metamorphosis is rescued by exogenous TH, suggesting a strong entanglement of the signaling by both hormones.



First/Primary and Secondary Metamorphoses in Teleost Fishes

In fishes, two types of metamorphoses can be observed. Both types involve various morphological, physiological and behavioral modifications that preadapt the animal to life in a new environmental niche/habitat, but occur at different life-stages. First/primary metamorphosis typically occurs in elopomorphs and pleuronectiforms, during larval stage and is so-called larval metamorphosis. Secondary metamorphosis occurs in juveniles of some diadromic migratory teleosts and involves less drastic morphological changes. This is the case of smoltification in anadromous salmonids, which allows the transition from a juvenile ecophase in freshwater to the next ecophase in the ocean.


Larval Metamorphosis in Teleosts: The Example of Flatfish

Beside the striking larval metamorphosis in eels and flatfishes, studies also report developmental changes controlled by TH during larval to juvenile transition in various teleosts such as grouper Epinephelus coioides (de Jesus et al., 1998), seabream (Campinho et al., 2010), gobiid Sicyopterus lagocephalus (Taillebois et al., 2011), or clownfish Amphiprion percula (Salis et al., 2021). Our review will focus on the well-known pleuronectiform/flatfish metamorphosis. Larval metamorphosis with the migration of one eye to the opposite side of the head is unparalleled in vertebrate development (Inui and Miwa, 2012). Spectacular morphological changes are accompanied by behavioral (pelagic to benthic life and locomotion) and physiological (such as development of gastrointestinal tract to adapt to the novel food resources in a new habitat) changes.


Involvement of Thyroid Hormones

In the Japanese flounder Paralichthys olivaceus, larval tissue T4 and T3 concentration increases gradually during pro-metamorphosis, and rises sharply at the beginning of climax, reaching highest level at climax (Miwa et al., 1988; Tanangonan et al., 1989; Tagawa et al., 1990; de Jesus et al., 1991). A similar surge of tissue TH concentration at metamorphic climax is reported in spotted halibut, Verasper variegatus (Hotta et al., 2001a,b), Atlantic halibut Hippoglossus hippoglossus (Einarsdóttir et al., 2006), and summer flounder, Paralichthys dentatus (Schreiber and Specker, 1998).

Treatments of flatfish by TH or anti-thyroid drug have demonstrated the involvement of TH in many metamorphic changes (Inui and Miwa, 2012). One of the most striking examples concerns skeleton development (shortening of fin rays, eye migration and asymmetry). The elongated fin rays at the anterior end of the dorsal fin shorten to reach similar length to other fin rays. Manipulation of T4 availability disrupts pre-metamorphic Japanese flounder larvae shortening of elongated fin rays (Inui and Miwa, 1985; Miwa and Inui, 1987; de Jesus et al., 1990). Administration of T4 to pre-metamorphic larvae accelerates eye migration (Inui and Miwa, 1985; Miwa and Inui, 1987; Solbakken et al., 1999). In addition, Schreiber and Specker showed a stage-specific developmental response to TH, with a more pronounced effect in the induction of eye migration at earlier stages (Schreiber and Specker, 1998). Campinho et al. (2018) gave the first evidence of a TH-responsive asymmetric center located in the anterior head region that is correlated with asymmetric development during metamorphosis of flatfish.

In Japanese flounder, expression of trαA and trβs (trβ1 and trβ2) genes increase rapidly at metamorphic climax; while expression of trαA peaks at climax and decreases thereafter (like T4 content), expression of trβs peak at post-climax and remains high in metamorphosed juveniles; in contrast, expression of trαB remains low throughout larval development (Yamano and Miwa, 1998). In the turbot, Scophthalmus maximus, trα, but not trβ, expression is up-regulated at metamorphic climax (Marchand et al., 2004). In contrast, studies in two other flatfishes, the halibut (Galay-Burgos et al., 2008) and the Senegalese sole Solea senegalensis (Isorna et al., 2009; Manchado et al., 2009), describe a situation similar to that in amphibian with only trβ expression showing a peak during metamorphosis.

DIO2 activity and dio2 expression increase during sole metamorphosis, while DIO3 activity and dio3 expression decline at mid-late metamorphic period (Isorna et al., 2009). These developmental profiles of deiodinases coincide with the rise of TH levels observed. In this species, there is an asymmetric expression of dio2 and TRβ in the head, which coincides with the head region where asymmetric development of bone and brain occurs (Campinho et al., 2018). In the Japanese flounder, dio1 is expressed in liver from pro-metamorphosis to early climax, while dio2 is expressed in limited regions of the eyes, tectum and skeletal muscle from pro-metamorphosis to post-climax, and dio3 in skeletal muscle and gastric gland blastemas at metamorphic climax (Itoh et al., 2010).



Involvement of Corticosteroids

Data support a role of CS in larval flatfish metamorphosis. Whole body cortisol concentration in Japanese flounder increases during pro-metamorphic stage, reaching a peak level at climax, and decreases thereafter to about half of the maximal level (de Jesus et al., 1991). In vitro cortisol treatment of cultured dorsal ray fins from Japanese flounder is not effective alone on inducing metamorphic-like changes such as resorption of the fin rays (de Jesus et al., 1990). In contrast, in vivo cortisol treatment via water of pro-metamorphic flounder larvae for 15 days is not able to trigger some of the changes observed during metamorphosis, like settling (benthic) behavior and eye migration, but does induce shortening of second fin ray (de Jesus et al., 1990). Administration of cortisol via water to spotted halibut increases the occurrence of ambicolored juveniles by inducing the development of adult type pigment cells on the blind side of fishes (Yamada et al., 2011). In cortisol-implanted juvenile Senegalese sole, hepatic and renal DIO2 activities are enhanced, suggesting that CS can be key regulator of extrathyroidal T3 production in this species (Arjona et al., 2011). This regulation is likely to occur also during sole larval metamorphosis.



Interactions Between Thyroid Hormones and Corticosteroids

Few data are available concerning the interactions between TH and GC in the control of teleost larval metamorphosis. In the Japanese flounder, a permissive effect of cortisol on thyroid hormone action is observed during metamorphosis (de Jesus et al., 1990). Indeed, cortisol alone does not affect the shortening of fin rays in vitro, whereas when added together with T4 or T3, it enhances its rate compared to T4 or T3 alone. This permissive effect of cortisol on TH action was not reported in vivo (de Jesus et al., 1990). Combined T4 and cortisol treatment does not induce either synergistic effects on settling behavior and eye migration, compared to T4 treatment alone (de Jesus et al., 1990). The authors concluded that it may be due to sufficient production of endogenous cortisol by larval interrenal. Future studies should aim at investigating the mechanisms of CS/TH interactions in teleost metamorphoses as deciphered in amphibians.



Secondary Metamorphosis in Teleosts: Example of Smoltification in Salmonids

Smoltification is the transition of sedentary juvenile parr into downstream migratory smolt, which will pursue its growth phase in the ocean. Smoltification gathers many changes, morphological ones, such as body silvering and fin darkening, behavioral ones, with swimming activity in open space, formation of schools and downstream migration, and physiological ones related to adaptation to seawater and imprinting (Hoar, 1976, 1988; Boeuf, 1993; McCormick, 2012; Rousseau et al., 2012).


Involvement of Thyroid Hormones

Even if some authors do not consider salmonid smoltification as a metamorphosis (Bishop et al., 2006), this transformation from parr to smolt involves major changes and is necessary for the fish to reach its next habitat and survive in a new environment. Moreover, many parallel features exist between flatfish metamorphosis and salmonid smoltification, as reviewed by Björnsson et al. (2012). Lastly, control by TH is crucial in smoltification.

In salmonids, a rise of plasma T4 and/or T3 levels is observed at the time of smoltification (McCormick et al., 2009; Björnsson et al., 2012). Manipulation of TH levels by administration of T4, T3 or anti-thyroid drugs supports a major role of TH in many smoltification-related morphological, behavioral and physiological changes, such as metabolism, olfaction, change in visual pigments, swimming behavior and downstream migration (McBride et al., 1982; Rousseau et al., 2012). The examples of TH-induced changes, given here, are necessary for avoiding predation and for adaptation to a new environment, seawater (SW). A pioneer study showed that intramuscular injection of mammalian thyroid extract or TSH induces silvery smolt stage in rainbow trout (Robertson, 1949). Following studies confirmed that exogenous TH (Miwa and Inui, 1983, 1985; Ikuta et al., 1985; Coughlin et al., 2001) and TSH (rainbow trout: Premdas and Eales, 1976) induce body silvering. The silvering of the body is due to the deposition in the skin of purines, hypoxanthine and guanine, the level of which is increased by T4 treatment in masu salmon O. masou (Ura et al., 1994). Early evidence reported the involvement of TH in salinity preference: TSH-treated coho salmon O. kisutch shows a change from freshwater (FW) to SW-preference, while the contrary is observed in pink salmon O. gorbuscha treated by an anti-thyroid drug (Baggerman, 1963). Similarly, T4 treatment increases the salinity preference in coho salmon (Iwata et al., 1990). In Atlantic salmon, T3 increases SW survival (Saunders et al., 1985).

Interestingly, a large peak of expression of tshβ1b during Atlantic salmon smoltification, at the time of the initiation of the downstream migration, has recently been demonstrated, with no change in the expression of the paralog tshβ1a, suggesting the involvement of tshβ1b at smoltification, possibly in the initiation of migration (Fleming et al., 2019). In addition, the expression of pituitary tshβ1b, and not tshβ1a, is induced by long day-photoperiod (16h of light and 8h of dark) in Atlantic salmon (Irachi et al., 2021).

Expression of TR has been detected in all the tissues involved in smoltification-related changes (Marchand et al., 2001; Jones et al., 2002; Raine et al., 2005; Harada et al., 2008). Expressions of trα and trβ show no drastic change between the different stages of smoltification in brain, liver, eyeball, and skin in coho salmon (Harada et al., 2008). In contrast, the olfactory epithelium of masu salmon presents more T3 binding sites at smolt than at parr and pre-smolt stages, suggesting that olfactory tissues may be particularly sensitive to TH, related to a possible role in imprinting of natal stream odors in order to migrate back there to reproduce (Kudo et al., 1994). DIO3 activities are enhanced at smoltification in liver (Eales et al., 1993; Sweeting et al., 1994; Specker et al., 2000) and gill (Sweeting et al., 1994). The expression of one of the 4R-paralog, dio2b, increases in the brain in zones of cell proliferation during smoltification in response to photoperiod (Lorgen et al., 2015; Irachi et al., 2021).



Involvement of Corticosteroids

The cells of interrenal tissue undergo hypertrophy during smoltification (for review: (Specker, 1982). Pituitary corticotropic cells are also activated during smoltification in Atlantic salmon (Olivereau, 1975). Plasma cortisol levels are low in winter, increase during spring at the time of smoltification and decline from July to September (Langhorne and Simpson, 1981, 1986; Specker and Schreck, 1982; Barton et al., 1985; Virtanen and Soivio, 1985; Young et al., 1989; Nagae et al., 1994; Sundell et al., 2003). Maximal in vitro responsiveness of interrenal tissue to ACTH is observed in April in coho salmon (Young, 1986).

As for TH, we will concentrate on the effects of HPI manipulation on pigmentation and osmoregulation. Injection of ACTH in Atlantic salmon can induce darkening of dorsal, pectoral and caudal fins, but neither ACTH nor cortisol have an effect on body silvering (Langdon et al., 1984). Prolonged cortisol treatment in pre-smolt salmons increase Na+/K+-ATPase activity in the gill (Richman et al., 1987; Madsen, 1990) and in gut (Madsen, 1990; Veillette and Young, 2005). In vitro, cortisol treatment maintains Na+/K+-ATPase activity, which declines in controls, in tissue culture of FW-adapted sockeye salmon intestine (Veillette and Young, 2005). Injections of FW-Atlantic salmon with cortisol increase the expression of claudins (tight-junction proteins) involved in the remodeling of the gill in response to salinity changes (Tipsmark et al., 2009). Using primary cultures of Atlantic salmon gill tissue, a stimulatory effect of cortisol is observed on the expression of claudins; an effect blocked by GR antagonist, mifepristone (or RU486), suggesting the involvement of a glucocorticoid type receptor (GR) (Tipsmark et al., 2009).

An increase in gill GR concentration and gr expression is reported during smoltification in all studied salmonid species (McLeese et al., 1994; Shrimpton and Randall, 1994; Shrimpton, 1996; Mazurais et al., 1998; Shrimpton and McCormick, 1998, 2003; Mizuno et al., 2001; Kiilerich et al., 2007). This increase occurs before the increase in plasma cortisol, which could explain the increased responsiveness of gill tissue to cortisol observed in early spring in coho and Atlantic salmon (McCormick et al., 1991) and also demonstrated in vitro in rainbow trout (Shrimpton and McCormick, 1999).



Interactions of Thyroid Hormones and Corticosteroids

Studies report interactions between HPT and HPI during smoltification. For example, TH can increase CRH neurogenesis during smoltification in Atlantic salmon (Ebbesson et al., 2011), suggesting a positive effect of TH on HPI. Cortisol treatment can lower plasma T3 (but not plasma T4) in coho salmon (Vijayan and Leatherland, 1989), during smoltification (Redding et al., 1991). The increases of tr mRNA and TR protein expressions and of plasma TH levels, observed during transfer from FW to SW, are lower in cortisol-injected smolt sockeye salmon compared to controls (Shin et al., 2014), suggesting some antagonistic/negative effects of cortisol on TH action.



Egg Hatching in Sauropsids

Thyroid hormones have an important role in fish egg hatching (tilapia: Reddy and Lam, 1991; Walpita et al., 2007; zebrafish: Heijlen et al., 2014; for review: Brown et al., 2014), but it will not be considered in this review, as egg hatching in fish implies less drastic changes of environmental conditions, as compared to sauropsids. In contrast, hatching in oviparous sauropsids, such as birds and reptiles, is characterized by a transition from a “protected” aqueous environment to a terrestrial environment exposed to desiccation and predation.


Egg Hatching in Birds


Involvement of Thyroid Hormones

Considering the implication of TH in egg hatching, one must differentiate precocial from altricial birds (McNabb, 2006; De Groef et al., 2013). Precocial species (e.g., chicken Gallus domesticus, Japanese quail Coturnix japonica, bobwhite quail Colinus virginianus, turkey Melleagris gallopavo, mallard Pekin duck Anas platyrhynchos, goose Anser anser) have youngs that are immediately mobile and independent after hatching. In contrast, youngs of altricial birds (e.g., European starling Sturnus vulgaris, Ring dove Streptopelia risorii, red-winged blackbird Agelaius phoeniceus, great tit Parus major) need to be fed and thermoregulated by their parents in the nest (Starck and Ricklefs, 1998).

A gradual increase in plasma TH concentrations of the embryos to a peak is observed in precocial birds during the peri-hatch period (for review McNabb, 2006). In contrast, in altricial birds, circulating concentrations of TH are low during embryonic life and at hatching, and only increase after hatching (McNabb et al., 1984; Silverin and Rudas, 1996; Výboh et al., 1996; Olson et al., 1999).

Manipulation of egg TH levels influences avian hatching time. Injection of antithyroid drugs in the yolk sac of chick embryos retards hatching, and T4 fully neutralizes these effects (Grossowicz, 1946; Adams and Bull, 1949; Romanoff and Laufer, 1956; Sinha et al., 1959; Balaban and Hill, 1971; Haba et al., 2011). In turkey, T4 or T3 injected to fertile eggs at Day 0 of incubation depresses hatchability, while improving it when administered at Day 25 of incubation out of a 28-day incubation period (Christensen, 1985). In Pekin duck, injection of T3 results in earlier hatching, while injection of antithyroid drug delays hatching (Sirsat and Dzialowski, 2020). In Japanese quail, injection of T4 alone or with T3 doubles hatching success (Sarraude et al., 2020). Similarly, in a type 2 semi-altricial development model, the rock pigeon Columba livia, injection of a mixture of both T3 and T4 early results in higher hatching success but unchanged hatching time (Hsu et al., 2017).

In chicken, a differential temporal expression pattern of the three TR is observed. TRα mRNAs are detected as early as gastrula stage and throughout development in many embryonic tissues (Forrest et al., 1990). TRβ0 mRNAs appear later in embryonic life and are restricted to brain, eye, lung, and yolk sac (Forrest et al., 1990). TRβ2, a N-terminal variant of TRβ0, is predominantly expressed in retina (Sjöberg et al., 1992). The minimal generation of T3 until just before hatching is primarily due to the presence of DIO3 in chicken embryo liver (Galton and Hiebert, 1987). Hepatic DIO1 activity increases up to hatching and decreases thereafter, while hepatic DIO3 activity increases during embryogenesis, then decreases before hatching to remain low at post-hatching (Darras et al., 1992; Reyns et al., 2003). Dynamics of expression in deiodinases in the choroid plexus of the developing chicken brain have been reported: dio1 and dio2 mRNA levels increase over time to reach a peak around hatching, while dio3 expression is high before hatching and decreases at hatching to re-increase up to 1 day post-hatching (Van Herck et al., 2015).



Involvement of Corticosteroids

An increase of avian embryonic GC is observed around the time of hatching in plasma (Wise and Frye, 1973; Kalliecharan and Hall, 1974; Siegel and Gould, 1976; Marie, 1981; Scott et al., 1981; Tanabe, 1982; Tanabe et al., 1983, 1986; Wentworth and Hussein, 1985; Porter et al., 2007), in adrenal glands (Tanabe et al., 1983, 1986), and in feces (Frigerio et al., 2001), and in adrenocortical cells in culture (Carsia et al., 1987).

Most studies investigating the effects of exogenous treatment of embryos with corticosterone in birds look at the postnatal growth and behavior linked to stress response (Rubolini et al., 2005; Saino et al., 2005; Freire et al., 2006; Hayward et al., 2006; Janczak et al., 2006; Henriksen et al., 2013; Zimmer et al., 2013; Weber et al., 2018). However, a few looked at the effects of GC treatment on hatching. Injection of corticosterone in the yolk sac 2 days prior to hatching shortens incubation time and increases hatchability in turkey (Wentworth and Hussein, 1985). In contrast, dipping fertile eggs in corticosterone prevents hatching in chicken (Mashaly, 1991). Elevation of plasma corticosterone levels by mean of synthetic GC (dexamethasone) injection during the final stages of incubation in chicken embryos increases or shortens incubation period when administered, on Day 16 and Day 18, respectively (Tona et al., 2007). In Japanese quail, incubation period is shortened in eggs laid by corticosterone-implanted hens (Schmidt et al., 2009). Chicken lung becomes sensitive to corticosterone prior hatching (Hylka and Doneen, 1983). Corticosterone treatment triggers prehatching stimulation of surfactant phospholipid synthesis (Hylka and Doneen, 1983). The first two studies reporting the cloning and developmental expression of pituitary GR in bird (chicken) gave different results: While Kwok et al. (2007) demonstrate constant expression of GR during embryonic period, other authors show an increase of GR mRNA levels (Porter et al., 2007).



Interactions Between Thyroid Hormones and Corticosteroids

Creating hypothyroidism in chick embryos induces a cortical atrophy and medulla hypertrophy in adrenal gland (Kingsbury et al., 1955). Injection of cortisol onto the allantoic membrane of 17 or 16-days old chicken embryos induces the same premature maturational changes in T3 and T4 metabolism observed naturally on 19–20-days old embryos, meaning a decrease of DIO3 preserving the T3 formed, and an increase of DIO2 sparing T4 (Borges et al., 1980). The administration of either dexamethasone or corticosterone, or ACTH to chicken embryos increase plasma T3 concentrations and hepatic DIO2 activity (Decuypere et al., 1983) and increase plasma T3 levels, decreased plasma T4, decreased hepatic DIO3 activity and increased hepatic DIO1 activity (Darras et al., 1996).



Egg Hatching in Reptiles


Involvement of Thyroid Hormones

An increase in TH correlates with hatching in saltwater crocodile Crocodylus porosus (Shepherdley et al., 2002). In the grass snake Natrix natrix, the activity of the embryonic thyroid exhibits the features of a fully active gland at the time of hatching (Rupik, 2011). Injection of antithyroid drug into embryos of the snapping turtle Chelydra serpentina gives enlarged thyroid gland and delays hatching time (Dimond, 1954). Eggs of red-eared turtle, Trachemys scripta, treated with T3, have shortened incubation duration (Sun et al., 2016). Embryos from Murray River short-necked turtle, Emydura macquarii, exposed to T3, hatch earlier than untreated ones (McGlashan et al., 2017). Treatment of saltwater crocodile embryos with T3 increases DIO1 activity in liver and DIO2 in kidney (Shepherdley et al., 2002). Treatment with T3 stimulates the secretion of phosphatidylcholine (PC, the major component of pulmonary surfactant) in sea turtle, Chelonia mydas (Sullivan et al., 2001). In saltwater crocodile, pre-treatment with T3 increases surfactant phospholipids in lung (Sullivan et al., 2002a).



Involvement of Corticosteroids

An increase of corticosterone is observed from the last third of incubation to hatching in American alligator Alligator mississippiensis (Medler and Lance, 1998; Jennings et al., 2000). In contrast, a decrease in corticosterone is observed at hatching in saltwater crocodile (Shepherdley et al., 2002). Yolk corticosterone concentrations peak near the time of hatching in the tree lizard, Urosaurus ornatus (Jennings et al., 2000) and in sea turtles (Owens and Morris, 1985). In the tree lizard, treatment with corticosterone accelerates egg hatching (Weiss et al., 2007). Treatment with dexamethasone of saltwater crocodile embryos decreases DIO1 activity in kidney, DIO2 activity in liver and in kidney and DIO3 activity in liver (Shepherdley et al., 2002). Dexamethasone alone increases phospholipids from pulmonary surfactant in sea turtle when administered in ovo during late incubation (Sullivan et al., 2001). It also stimulates the secretion of phosphatidylcholine in vitro in saltwater crocodile (Sullivan et al., 2002a) and in lizard bearded dragon Pogona vitticeps (Sullivan et al., 2002b). In Chinese alligator Alligator sinensis, variations of the mRNA levels for gr in kidney, liver, and heart during embryonic development suggest a potential role for GC in tissue maturation before hatching (Izaz et al., 2021).



Interactions Between Thyroid Hormones and Corticosteroids

Treatment with dexamethasone and T3 of saltwater crocodile embryos has effects on deiodinase activities: decrease of DIO1 activity in kidney, decrease of DIO2, and DIO3 activities in liver (Shepherdley et al., 2002). In the sea turtle Chelonia mydas, the secretion of phosphatidylcholine is stimulated by a combination of T3 and dexamethasone before hatching (Sullivan et al., 2001). Similar results were obtained in the saltwater crocodile (Sullivan et al., 2002a) and in the lizard Pogona vitticeps (Sullivan et al., 2002b). All these data demonstrate the involvement of both TH and GC in the regulation of surfactant maturation in reptiles (Sullivan et al., 2003). Sullivan et al. (2003) reviewed the control of pulmonary surfactant and stated that dexamethasone and T3 are crucial stimulators of surfactant production during embryonic development throughout evolution.



Birth in Mammals


Involvement of Thyroid Hormones

During most of the gestation in human, T4 is converted in rT3, while toward term, developmental changes in tissue deiodinase activity occur, leading to preferential deiodination of T4 to T3 (instead of rT3) and rise in plasma T3 concentration near term (Forhead and Fowden, 2014). In contrast, in the rat, circulating T3 concentrations do not increase before birth (Dubois and Dussault, 1977; Harris et al., 1978; Lamers et al., 1986). Comparison of hormonal profiles during the perinatal period in two closely related murine species with distinct modes of development (altricial vs. precocial), the rat (altricial), and the spiny mouse Acomys cahirinus (precocial) allowed to show a correlation between perinatal increase in T3 levels and precocial timing of birth (Lamers et al., 1986).

TH have a major regulatory role on fetal growth (Forhead and Fowden, 2014), and maturation of the central nervous system (Patel et al., 2011; Stenzel and Huttner, 2013). Furthermore, maternal hypothyroidism is associated with increased rates of respiratory distress syndrome in new-born (Casey et al., 2005; Männistö et al., 2013) and cardiorespiratory disorder (Rousseau et al., 2019). In various mammalian species, TH change the synthesis of the components of surfactant (Ballard et al., 1984; Das et al., 1984; Warburton et al., 1988; Gilbert et al., 2001; Van Tuyl et al., 2004). TH are also involved in the intestinal structural development (Trahair and Sangild, 1997; Sirakov and Plateroti, 2011; Sirakov et al., 2014). Specific TRα1 loss-of-function leads to low development and impaired activity of murine intestinal stem cells in culture (Godart et al., 2021). In addition, in vivo treatment confirms the positive action of T3 on intestinal crypt cell proliferation and demonstrates its key action in modulating the number of stem cells, the expression of their specific markers and the commitment of progenitors into lineage-specific differentiation (Godart et al., 2021).



Involvement of Corticosteroids

An increase of plasma fetal GC is detected near parturition in many mammals (Alexander et al., 1968; Mulay et al., 1973; Lamers et al., 1986; Silver and Fowden, 1989; Yoon et al., 1998). The involvement of HPA axis in the timing of birth is first evidenced in ovines (Van Rensburg, 1967; Barnes et al., 1977). Furthermore, premature delivery is induced by injection of ACTH or corticosteroids into the ovine fetus (Van Rensburg, 1967; Halliday and Buttle, 1968; Liggins, 1968, 1969) as well as in fetal piglet (Bosc, 1973). More recently, the use of antalarmin, a CRH-R type I antagonist, can delay the onset of parturition in sheep, which suggests that CRH is involved in the induction of parturition in this species (Chan et al., 1998).

The many roles of GC on organ maturation have been the subjects of recent reviews (Fowden and Forhead, 2015; Fowden et al., 2016; Jellyman et al., 2020). As for TH, we will concentrate on GC involvement in lung and gastro-intestinal tract (GIT) maturations, which are crucial to cope with the change of environment (from aquatic to terrestrial) and of nutrition (from parenteral to enteral), respectively. In lambs born prematurely by infusion of dexamethasone, partial aeration of the lungs is noted, suggesting an accelerated appearance of surfactant activity (Liggins, 1969). Infusion of ACTH into one of twin pairs of lamb fetuses accelerates the morphological changes, that would normally occur in the lung, before birth (Sundell et al., 1979). GC treatment changes the synthesis of the phospholipid and protein components of surfactant (Warburton et al., 1988; Gilbert et al., 2001). At birth, there is a shift from mainly parenteral nutrition in the fetus (via the placenta) to enteral nutrition in the neonate, and the GIT has to prepare during gestation for coping with this change. This prenatal development of GIT is regulated by GC (Trahair and Sangild, 1997; Sangild et al., 2000). After bilateral adrenalectomy of fetal sheep, growth of mucosal structures and villus height are reduced in the small intestine (Trahair et al., 1987a). After infusion of cortisol, no change in enterocyte morphology is detected, but the proportion of crypt cells and the migration of enterocytes are increased (Trahair et al., 1987b). In addition, cortisol influences the prenatal development of gastric acid and gastrin secretion, and of GIT hydrolase activities in both the fetal pig and sheep (Trahair and Sangild, 1997; Sangild et al., 2000).



Interactions Between Thyroid Hormones and Corticosteroids

Before birth, TH and GC synergize for the maturation of various organs, especially the lung, the liver and the brain. This synergism is partly linked to the fact that GC induce local deiodinase expression and activities resulting in the increase of circulating T3 and thus T3 bioavailability (Forhead et al., 2006; Fowden and Forhead, 2009). A synergism of TRH/T3 and cortisol has been reported on lung maturation in fetal sheep, as infusion of cortisol and TRH (Liggins et al., 1988) or T3 (Schellenberg et al., 1988; Warburton et al., 1988) increase the distensibility and the stability of the lung. In explant culture of human fetal lung, a supra-additive response in the synthesis of surfactant is observed in the presence of both dexamethasone and T3 (Gonzalez et al., 1986).

T4 injection to rats induces a precocious appearance of pepsinogen in the oxyntic gland mucosa and increases acid secretion, while in propylthiouracil-induced hypothyroid pups, pepsinogen content and basal acid secretion are low (Tseng and Johnson, 1986). However, T4 has no such effects in adrenalectomized rats, while corticosterone is able to increase pepsinogen content and basal acid secretion in the absence of normal levels of TH (Tseng and Johnson, 1986).



Comparison of the Involvement and the Interdependence Between Thyroid and Corticosteroid Signaling in Vertebrate Developmental Transitions

In all the major developmental transitions described here, a common synergistic activation of thyrotropic and corticotropic axes is observed, leading to synchronized increase of TH and CS production and release (Figure 4). Besides this hormonal activation, increased expression of receptors allows tissues to become more responsive to TH and CS in time (Figure 4) to induce morphological, behavioral and physiological changes when needed, meaning just before the animal has to adapt to its new environment and its new way of life. As in all the mechanisms underlying major biological processes, they are conserved along evolution. Thus, the involvement of both TH and CS signaling is encountered in fish and amphibian metamorphic processes, as well as in egg hatching in sauropsids and birth in mammals (Table 1).


TABLE 1. Comparison of the interactions between HPT and HPA axes during vertebrate developmental transitions.
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FIGURE 4. Interactions between thyrotropic and corticotropic axes during vertebrate developmental transitions. The figure illustrates current knowledge on the interactions between the thyrotropic (HPT) and corticotropic (HPA/HPI) axes, during various developmental transitions (amphibian and teleost metamorphoses, sauropsid egg hatching and mammalian birth). ACTH, adrenocorticotropin; CRH, corticotropin-releasing hormone; CRHR, corticotropin-releasing hormone receptor; CS, corticosteroids; dio, deiodinase; GR, glucocorticoid receptor; MC2R, melanocortin receptor 2; MR, mineralocorticoid receptor; T4, thyroxine; T3, triiodothyronine; rT3, reverse triiodothyronine; T2, diiodothyronine; TR, thyroid hormone receptor; TRH, thyrotropin releasing hormone; TRHR, thyrotropin releasing hormone receptor; TSH, thyrotropin; TSHR, thyrotropin receptor.


In non-mammalian vertebrates, the neurohormone, corticotropin-releasing hormone (CRH), appears to be potentially a coordinator of activation of both thyrotropic and corticotropic axes, as it is able to simulate thyrotropin production and release as much as corticotropin ones. CRH may thus be involved in the simultaneous activation of these neuroendocrine axes at the time of developmental transitions in non-mammalian vertebrates, such as fish and amphibian metamorphoses or sauropsid egg hatching (Table 1). It is not the case in mammals, in which the thyrotropic and corticotropic axes are controlled centrally by different hormones, respectively, TRH and CRH. Another difference among vertebrate developmental transitions described in this review may lay in the degree of involvement (triggering vs. permissive) of the two signaling systems and their interdependence. Except perhaps during birth for mammals, corticosteroid signaling seems to be more permissive than crucial, in the way it allows the thyroid signaling to be even more efficient, by elevating the activating deiodinase expression and activities, as well as the expression of TH receptors. Another difference may be likely due to neofunctionalization of gene paralogs observed after WGD. Duplication of some genes, notably in teleosts, may lead to redistribution of function. For example, the involvement of tshβ1b at smoltification in Atlantic salmon, instead of the classical tshβ in other vertebrate developmental transitions, or also the relative importance and differential role of the various thyroid hormone receptors between flatfish and amphibian larval metamorphoses.



IMPACT OF ENVIRONMENTAL FACTORS ON POST-EMBRYONIC TRANSITIONS


Climate Change


Water Warming for Population Strictly Dependent on an Aquatic Habitat

Teleost fish as ectothermic vertebrates show complex responses to temperature variation (Pinsky et al., 2019). Temperature has in teleost fishes a direct effect on oxygen delivery, cardiovascular function, muscle function, food conversion, mitochondria efficiency, and biochemical reaction rates (Little et al., 2020). Fish physiology is thus likely to be affected by increases in average temperature and temperature variability leading to energy metabolism changes with impact on growth and locomotion. All these physiological processes have been associated with thyroid function.

T3 regulates thermal acclimation in zebrafish (Little et al., 2013) with the decrease of metabolism, skeletal muscle function and swimming performance in hypothyroid cold-acclimated (18°C) but not hypothyroid warm-acclimated (28°C) animals. The interactions between temperature levels, thyroid conditions and swimming performance are also linked to performance of the heart and oxygen transport (Little and Seebacher, 2014). In the context of global warming, the low sensitivity to TH at warm temperature is a concern because it may reduce the capacity of zebrafish to match this environmental change. Furthermore, in medaka, exposure until hatching to warm temperatures (32°C) increases the activation of TH biosynthesis, via TSH (Castañeda-Cortés et al., 2020), as well as the activation of the stress axis, via CRH (Castañeda-Cortés et al., 2019).

Rainbow trout is a typical cold-water fish species for which seasonally warmer water correlates with a decrease in fry survival and an increase of T3 and T4 concentrations (Giroux and Schlenk, 2021). Transcriptome analysis of liver tissues from adult rainbow trout under heat stress (24°C) and control conditions (18°C) identifies the differential expression of 428 long non coding RNA some of which can be involved in maintenance of homeostasis or adaptation to stress (Quan et al., 2020). In Atlantic salmon, elevated temperature increases T4 nocturnal levels (Nisenbaum et al., 2020). Thus, future climate changes can induce lower salinity tolerance and accordingly result in poor survival in seawater after smoltification.

To show the wide diversity of the links between global warming and TH, we will give three more examples. First, in the mosquitofish Gambusia holbrooki the thermal acclimation is mediated by TH and leads to decreased mitochondrial efficiency, metabolic rates, and swimming performance (Le Roy and Seebacher, 2020). Second, in the desert fish Amargosa pupfish Cyprinodon nevadensis amargosae, temperature contributes to altered TH levels and morphological development (Lema et al., 2016). We can thus expect that many desert fishes will be vulnerable to rising temperatures because they occupy habitats with already high temperatures. Finally, increased temperature induces a decrease of TH levels in convict surgeonfish Acanthurus triostegus (Besson et al., 2020). The effect on TH levels correlates with affected sensory development leading to higher predation.

Chronic temperature increases (persisting for a long time) are also known to induce acute stress responses in fishes (Alfonso et al., 2020). Global warming can cause water freshening from increased freshwater inputs. In Antarctic spiny plunderfish Harpagifer antarcticus, salinities decrease leads to high plasma cortisol levels compare to normal salinity (Vargas-Chacoff et al., 2021). This has implications for fish species that have evolved in stable environmental conditions like in the Antarctic. In a totally different environment, climate-induced bleaching of coral reefs alters anemonefish hormonal stress, resulting in decreased reproductive hormones and severely impacted reproduction (Beldade et al., 2017). Finally, in juvenile brown trout, Salmo trutta, water temperature affects cortisol and GR mRNA levels (Filipsson et al., 2020).



Aquatic and Terrestrial Life Cycle: Warming Leads to Double Penalty

Amphibians are another ectodermic taxon with complex interactions between costs and benefits of life in the aquatic and terrestrial environments. They are undergoing a precipitous decline linked with environmental pressures including climate change. Many amphibian species exploit temporary or even ephemeral aquatic habitats for reproduction. Survival from desiccation of pond drying is reached by maximizing larval growth and acceleration of development, including precocious metamorphosis.

The western spadefoot toad tadpoles, Pelobates cultripes, usually have long larval period, but it can shorten it in response to pond drying (Gomez-Mestre et al., 2013). Developmental acceleration correlates with increased corticosterone and TH levels as well as increased TRβ levels to increase metamorphic process. Anuran tadpole shows thus phenotypic plasticity in age and size at metamorphosis as a response to temperature variation (Ruthsatz et al., 2020). In Arizona tiger salamander Ambystoma tigrinum, the small increase in temperature tends also to decrease the time to metamorphosis and results in a worse body condition (Park et al., 2016). Plasticity in rates of growth and development is beneficial to allow a more rapid transition into the juvenile stage where rates of mortality are lower. However, early metamorphosis leads to juveniles with smaller size correlated with low survival and locomotor performance (Székely et al., 2020). Pond drying may also lead to the loss of the capacity to respond to desiccation following decreased food availability (Enriquez-Urzelai et al., 2013), liver damage with upregulation of DIO2 and TRα transcript levels while there is a decrease of TRβ (Chen et al., 2021), or increased oxidative damage during metamorphosis (Petrović et al., 2021).

TH and GC level variations underlie differences in the timing of metamorphosis. In response to pond drying, western spadefoot toad and New Mexico spadefoot toad Spea multiplicata that have long larval periods and large size at metamorphosis, accelerate metamorphosis and elevate whole-body content of TH and corticosterone (Kulkarni et al., 2017). In contrast, in Couch’s spadefoot toad Scaphiopus couchii that has a short larval period, whole-body TH and corticosterone content are high during metamorphosis and weakly affected by pond drying. Thus, species exhibiting less plasticity will be more sensitive to environmental changes. The TH and CS level variations to accelerate metamorphosis during habitat desiccation may originate from elevated CRH (Denver, 1997). CRH can be a transducer of environmental stimuli to modulate the rate of metamorphosis via the endocrine response. Interestingly, CRH has also been shown to control the term of pregnancy in mammals. Maternal plasma CRH concentrations are elevated early in pregnancy in those patients destined to deliver preterm, and are lower in patients destined to deliver post-dates (Challis and Hooper, 1989; McLean et al., 1995).



Climate Changes and Terrestrial Biodiversity

Temperature increase alters avian phenotypes such as advanced reproduction, migration schedules and individual appearance. Bird ability to maintain a stable body temperature in a wide range of thermal environments is regulated via endocrine pathways including TH and with a lesser extent CS (Ruuskanen et al., 2021). The knowledge on endocrine regulation of thermogenesis concerns mainly poultry, but poorly describe for environmental temperature variation. Offspring development are dependent of females via hormones deposited in eggs. Ambient temperature changes affect the hormone levels in the yolk including TH and CS. More specifically, T4 levels were negatively correlated with ambient temperature in great tits Parus major (Ruuskanen et al., 2016). However, in wild pied flycatchers Ficedula hypoleuca, there is no evidence for context-dependent effects of prenatal TH related to postnatal temperature on growth, survival, and plasma TH levels (Hsu et al., 2020), suggesting species differences or unknown confounding effects.

In reptiles and turtles, temperature effect on TH and GC plasma levels is controversial being either absent, positive or negative. Highlighting only a few examples, in the alligator lizards Elgaria coerulea and Elgaria multicarinata, corticosterone levels increase with temperature (Telemeco and Addis, 2014) and in the South-American tegu lizard Salvator merianae, T3, T4, and corticosterone levels show a positive relationship with body temperature (Zena et al., 2020). Similar correlation between body temperature and plasma corticosterone is observed in the eastern fence lizards Sceloporus undulatus, under laboratory conditions, but not in the field (Racic et al., 2020). In contrast, in the common lizard Zootoca vivipara, baseline corticosterone levels decrease with increasing thermal conditions (Dupoué et al., 2018).

In mammals, we will only highlight two of the numerous examples. First, the transition between late gestation and early lactation is a developmental window sensitive to warming. Dairy cows experience stress due to the high energy and nutrient requirements of the fetus and the mammary gland. In early lactation, the decline of TH levels is more pronounced in cow maintained at 28°C compared to the one maintained at 15°C (Weitzel et al., 2017). The second example is an Artic mammal, which has highly evolved to these extreme environments and its capacity to adapt to this change may be limited. The polar bear is emblematic to this environment. It was shown that CS binding capacity of plasma CS binding globulin increases in polar bears as a consequence of climate warming (Boonstra et al., 2020). Evidence is still lacking to have a complete view of the interactions between GC and TH in response to global warming.



Endocrine Disruptors


Thyroid Function Disruption

As previously mentioned, TH orchestrates metamorphosis, brain development, and metabolism representing a potential target for endocrine disruptor chemicals/compounds (EDC). Although the molecular mechanisms for TH disruption is still unknown for most of the EDC, several affect TH synthesis, transport or metabolism and downstream effects (Thambirajah et al., 2019). One of the main concerns is disruption during early neurogenesis, which may affect several TH actions such as proliferation, differentiation, migration, synaptogenesis and myelination in the developing nervous system (Préau et al., 2015).

Because anuran metamorphosis is strictly dependent on TH, amphibians represent sensitive models for the detection and mechanistic elucidation of TH disrupting activities (thyroid histology, metamorphosis progression). EDC impact wild anurans and contribute to population declines. Some pesticides and biocides may interfere with TH signaling during nervous system development (Leemans et al., 2019; Trudeau et al., 2020) or metamorphosis timing (Orton and Tyler, 2015). Last but not least, exposition of Xenopus tadpoles to the benzo[a]pyrene leads to delayed metamorphosis and sexual maturity with transgenerational disruption of metabolism and population decline (Usal et al., 2021).

In zebrafish, exposure during the 7 first days of development to 25 known TH disrupting compounds leads to morphological defects and variations of transcripts involved in the HPT axis (Spaan et al., 2019). In another teleost fish, the metamorphosing convict surgeonfish Acanthurus triostegus, high doses of the pesticide chlorpyrifos induce defects by decreasing TH levels impacting olfactory, visual and mechano-sensory structure development (Besson et al., 2020). Interestingly, similar phenotypes were observed following temperature increase, highlighting the profound threat anthropogenic stressors pose to fish communities. To highlight the EDC mode of action, liver transcriptomic responses in yellow perch Perca flavescens population show variation of genes transcripts related to reproduction, retinol, iron, TH, oxidative stress, lipid metabolism, and immune functions between strongly impacted population vs. less impacted groups (Defo et al., 2018).

In birds as in teleost fishes and amphibians, because GC regulate metabolism, ability to modulate corticosterone in response to stressor is essential to face a wide array of environmental challenges. EDC contamination was shown to impair this GC role. Methylmercury exposure reduces stress-induced GC response in zebra finches, Taeniogypia guttata (Moore et al., 2014). TH function is also EDC target. The rural nestling peregrine falcon Falco peregrinus has significantly lower circulating concentrations of TH compared to urban nestlings where flame retardants are environmental contaminants that accumulate in predatory birds (Fernie et al., 2017).

EDC also affect TH signaling in mammals. Considering the large amount of recent data available, only a few examples will be given here. In mice, exposure to the flame-retardant, tetrabromo bisphenol A, modulates hypothalamic set-points controlling metabolic responses by targeting TR regulation of trh and mc4r (Decherf et al., 2010). In the polar bear Ursus maritimus, an heavily polluted organism for which some EDC are banned for decades (Routti et al., 2019), some EDC, such as organochlorine and perfluoroalkyl, are negatively correlated with plasma TH levels (Bourgeon et al., 2017). In wild chimpanzees, contamination by polluted drinking waters containing pesticides (Krief et al., 2017) and bisphenols (Krief et al., 2020) has been reported, and the water samples exhibit TH disrupting activities (Spirhanzlova et al., 2019). Experimental exposure of Xenopus laevis tadpoles to a mixture of 15 chemicals at concentrations reported in human amniotic fluid induces variation of behavior, of TH-responsive gene expression and of nervous system development (Fini et al., 2017). Considering the conservation of TH function across vertebrates, one may speculate on such impacts of amniotic fluid chemicals on human fetal brain development.

Environmental and health concerns remain particularly challenging when addressing thyroid hormone axis disruption. Only few chemicals have been tested, the number of test methods is limited and the thyroid system is complex. The development of specific chemical safety testing is required (Browne et al., 2020) with special attention to neurological development (Gilbert et al., 2020; Kortenkamp et al., 2020; O’Shaughnessy and Gilbert, 2020). Attention is also paid to break down the wall between mammalian and non-mammalian vertebrate regulatory testing (Couderq et al., 2020; Holbech et al., 2020). In addition to phenotypic or histological end-points, the use of molecular assays (transcripts, proteins or metabolites) will be more sensitive and most of all will allow detection before adverse effects occur (Fini et al., 2007; Kulkarni and Buchholz, 2013). Development of non-destructive (without euthanasia) biomarkers that provide causal link between the presence of a chemical and an ecological effect are also needed to allow the study of vulnerable populations.



Corticosteroid Function Disruption

The adrenal has been neglected in endocrine disruption regulatory testing strategy while the negative consequences of adrenocortical dysfunction during development have been recognized (Hinson and Raven, 2006; Harvey, 2016). Upstream of the biological effect, an activity mimicking that of GC was measured in surface waters (Schriks et al., 2013). Hydrocortisone was detected but could not explain a significant fraction of the observed GR activity.

GC synthesis pathway is also a target. Different environmental toxicants, including phthalate esters together with bisphenols and their analogs pose deleterious effects on the biosynthesis of GC in vitro (Ahmad et al., 2017; Verma et al., 2018). These observations were confirmed in vivo using nitrate, a major anthropogenic contaminant in the FW environment. In three-spined stickleback Gasterosteus aculeatus L., dissolved inorganic N directly exerts a disruptive influence on the function of the stress axis and GC levels, supporting concerns that nitrate is an EDC (Pottinger, 2017). GC disruption was linked to adverse effect in zebrafish exposed to methylparaben, widely used as antimicrobial preservative. In addition to increase in cortisol levels, animals show alteration of heart rate and hatching percentage as well as signs of anxiety-like behavior (Luzeena Raja et al., 2019).

Finally, because persistent organic pollutants can interact with GR, EDC mixtures were screened for GR translocation and GR transactivation in an in vitro assay (Wilson et al., 2016). EDC mixtures did not induce GR translocation in nucleus nor produce an agonist response in the GR transcriptional assay. However, in the presence of cortisol, some chemicals were found to decrease GR transcriptional activity.



Endocrine Disruptor Chemicals/Compounds and Climate Change: A Worst Combination

Climate change and exposure to EDCs are currently two of the most serious anthropogenic threats to biodiversity and ecosystems. Moreover, the ecological threats posed by EDC are further exacerbated by changing environmental conditions such as temperature, pond drying, food restriction, pH and ultraviolet radiation.

In aquatic environment, global warming may lead to temperature increase associated with either salinity increase due to evaporation or salinity decrease due to ice melting. One study addresses the combinatorial effect of temperature, salinity and diuron, an herbicide and antifouling agent with EDC property (Moreira et al., 2018). Combinatorial treatment of juveniles of the estuarine fish, the inland silverside Menidia beryllina, affects growth and hormonal levels. T3 increases in all of them, while T4 increases at low temperature and low salinity and decreases at low temperature and high salinity, in agreement with DIO2 expression. EDC, acidification and other contaminants can also perturb smolt development, resulting in poor survival after salinity increase (Björnsson et al., 2011). In the San Francisco Bay, the rainbow trout experiences warmer waters and saltwater intrusion (Giroux and Schlenk, 2021) leading to fry decrease in survival associated with TH increase. Our last example in teleost fishes highlights the interaction between temperature and perchlorate, a well-known thyroid disruptor (Lee et al., 2014). Overall, the results suggest that perchlorate affects thyroid function and reproduction, and these adverse effects are worsened under high temperature.

As previously described in amphibians, a rapid transition into the juvenile stage is beneficial in stress conditions. Pond desiccation is associated to a decrease in dissolved oxygen and an increase in nitrogen levels for which anthropogenic sources such as chemical fertilizers can be heavily suspected. Ammonium nitrate or hypoxic conditions leads to survival decrease of the Natterjack toad Bufo calamita tadpoles (Ortiz-Santaliestra and Marco, 2015). When both stressors were combined, the lethal effects were additive and include malformations. Global warming lead also to predator-prey relationship modifications decreasing survival rates of tadpoles (Jara et al., 2019). In addition, the Bullfrog sensitivity to temperature leads to corticosterone hormonal changes that correlate with immunosuppression (Lima et al., 2020) and increases sensitivity to emerging infectious diseases in the concept of OneHealth. Urodela amphibians are also affected. Compared to a single exposure, Arizona tiger salamander larvae subjected to both temperature increase and perchlorate treatment further decrease their rate of development. These cotreated salamander larvae also present a significant smaller body mass and worse body condition.

Finally, Artic biodiversity is concerned by this double threat. EDC were measured in Arctic marine mammals and seabirds. The most pronounced relationships with endocrine function have been reported with the thyroid hormone system, the sex steroid hormones and cortisol (Jenssen, 2006). Because these endocrine systems are essential for completing life cycles and enabling animals to respond adequately to environmental stress, EDC may interfere with adaptations to increased stress situations.



CONCLUSION

We have highlighted the roles of TH- and CS-regulated developmental transitions in the innovation, adaptation and plasticity of life cycles in vertebrates. In one of his review, Buchholz discusses the similarities between birth in mammals and metamorphosis in frog with a focus on their regulation by TH and GC (Buchholz, 2015). He reminds us that “both frogs and mammals undergo a life history transition from aquatic (water and amniotic fluid) to terrestrial habitat,” involving for the most striking examples, air-breathing thanks to lung maturation and maturation of the intestine to cope with the transition to a new food source. Similar TH and CS concentration profiles are observed in certain birds and reptiles at hatching and during molting, as well as in certain teleost fishes at hatching and during larval metamorphosis and smoltification (Wada, 2008). The multiple cross-talks between HPT and HPA/HPI axes represent critical mechanisms by which vertebrates modulate their perinatal/post-embryonic development as well as their responses to a changing environment (Figure 4).

The exposome includes stressors with, for some, potential mortality risk by their long-term effects. Vertebrate respond to the risk/benefit trade-off by modulating the production of hormones by the stress and thyroid neuroendocrine axes. In this context, global warming leads to increases in average temperature and temperature variability. Considered as a threat for biodiversity (Radchuk et al., 2019), global warming is a well-known reprotoxicity risk (Parisi and Guerriero, 2019). However, the properties of TH and CS suggest their fundamental roles in thermal acclimation (de Bruijn and Romero, 2018), and evolution of ectothermy/endothermy (Little, 2021). Changes in hormone sensitivity at warm temperatures could mean that increasing temperatures will reduce the capacity of animals to regulate their physiologies to match demands. Aquatic and terrestrial environments are also increasingly contaminated by anthropogenic sources. The contaminants include pharmaceuticals, personal care products, and industrial and agricultural chemicals. Many of these chemicals have the potential to disrupt endocrine function that may lead to disease or foundations to disease later in life as well as disease transmission to descendants (Gore et al., 2015). The adverse effects including metabolic diseases, decreased capacity of reproduction, hormone-sensitive cancers, thyroid disorders, and neurological defects may contribute to population decline. The difficulties tie in the circumstances EDC act, including non-monotonic dose-responses, low-dose effects, and developmental vulnerability. Possible roles for the neuroendocrine stress axis in mediating these developmental responses requires further investigation.
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We argue that developmental hormones facilitate the evolution of novel phenotypic innovations and timing of life history events by genetic accommodation. Within an individual’s life cycle, metamorphic hormones respond readily to environmental conditions and alter adult phenotypes. Across generations, the many effects of hormones can bias and at times constrain the evolution of traits during metamorphosis; yet, hormonal systems can overcome constraints through shifts in timing of, and acquisition of tissue specific responses to, endocrine regulation. Because of these actions of hormones, metamorphic hormones can shape the evolution of metamorphic organisms. We present a model called a developmental goblet, which provides a visual representation of how metamorphic organisms might evolve. In addition, because developmental hormones often respond to environmental changes, we discuss how endocrine regulation of postembryonic development may impact how organisms evolve in response to climate change. Thus, we propose that developmental hormones may provide a mechanistic link between climate change and organismal adaptation.
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THE ROLE OF HORMONES IN METAMORPHOSIS

Approximately 80% of animals undergo metamorphosis—the transition from a larval to an adult stage (Figure 1; Werner, 1988). One key tenant of metamorphosis is that the pre-metamorphic or larva stage and its subsequent adult stage often occupy different habitats (Bishop et al., 2006). The change in habitat (such as from aquatic to terrestrial, or terrestrial to aerial) may be accompanied by a shift in nutrition and feeding behavior or different means of locomotion which necessitates distinct morphological, physiological and/or behavioral adaptations. In many metamorphic species, such as frogs and insects, the larvae devote much of their resources to growth, whereas the adults divert much of their energy toward reproduction and dispersal. In other species, especially marine invertebrates, the larval stage is dedicated toward dispersal and much of their growth commences once they settle. Because of their distinct roles, the larvae and adults often look nothing like each other. Metamorphosis then serves as a transitional period during which tissue remodeling and adult development can occur. Moreover, metamorphosis allows larval and adult life stages to evolve independently although certain aspects of the adult stage may depend on the larval development and experiences (Moran, 1994; Lee et al., 2013; Collet and Fellous, 2019; Moore and Martin, 2019).


[image: image]

FIGURE 1. Metamorphosis in insects and vertebrates. Holometabolous insects and anurans grow as a larva and undergoes metamorphosis before developing into an adult. Major hormones involved in this process are depicted next to the drawings. Insulin-like peptide is Dilp5 from Drosophila (generated using FirstGlance in Jmol at http://first-glance.jmol.org).


Hormones play salient roles during metamorphosis. In response to either internal or environmental signals, dynamics of endocrine regulators begin to change toward the end of the larval life. These endocrine regulators are secreted into the circulatory system and orchestrate complex metabolic and/or morphogenetic processes in target tissues. In organisms that have adult body plans that differ radically from larval body plans, key body plan regulators that were involved in embryonic development, such as Hox genes, play major roles in shaping the adult body (Gaur et al., 2001; Lombardo and Slack, 2001; Tomoyasu et al., 2005; Chesebro et al., 2009; Hrycaj et al., 2010; Chou et al., 2019). Although these endocrine regulators act during other developmental stages, metamorphosis is a time when they coordinate drastic changes in gene expression and morphogenesis in multiple tissues (White et al., 1999; Arbeitman et al., 2002; Helbing et al., 2003; Li and White, 2003; Alves et al., 2016; Zhao et al., 2016; Wang et al., 2019). In addition, hormones play an important role in determining body size by impacting both how fast and how long an animal grows (Lorenz et al., 2009; Nijhout et al., 2014).

Below, we discuss how these endocrine processes might influence organismal evolution in the face of climate change. We will first discuss how hormones orchestrate the dramatic morphological changes that occur during metamorphosis. We then discuss how hormones respond to environmental conditions. Next, we will explore how hormones may bias evolution and how organisms might overcome constraints imposed by hormones. Furthermore, we will introduce the concept of “developmental goblet” to offer a visual representation of how hormones might impact the evolution of metamorphic organisms. Finally, we will explain how hormones can facilitate the evolution of novel traits by a process called genetic accommodation and discuss how climate change might impact the evolution of organisms by impacting their endocrine system.

Despite the prevalence of metamorphosis across the animal kingdom, metamorphosis likely evolved several times independently (Wolpert, 1999) although the molecular machinery used for metamorphosis was likely present in the common ancestor of all bilaterians (Fuchs et al., 2014). Therefore, the specific developmental events during metamorphosis differ between taxa. Our review focuses on vertebrates and insects where endocrine regulation of development has been best studied. Amphibians are one of the models for understanding the impacts of ecological changes as they are particularly susceptible to ecological disturbances (Hopkins, 2007). Insects are the most diverse group of organisms. In particular, those that undergo complete metamorphosis (the Holometabola, which have distinct larval, pupal and adults stages), have enjoyed extraordinary success (Yang, 2001). Ecological services of insects provide major economic contributions (Losey and Vaughan, 2006). With global climate change leading to mismatches in the timing of metamorphosis and flowering time, both insect and plant communities face dire consequences (Hegland et al., 2009; Høye et al., 2013; Kudo and Ida, 2013; Forrest, 2016).


Metamorphic Hormones in Vertebrates and Non-insect Invertebrates

Within a particular phylum, the specific endocrine regulators involved in metamorphosis appear to be similar. In most vertebrates, thyroid hormone signaling is a key endocrine pathway that regulates growth, development/morphogenesis and metabolism (Rabah et al., 2019). Thyroid hormone is produced and secreted from the thyroid gland and plays a chief role in metamorphosis in amphibians and fish (Gudernatsch, 1912). The main form of thyroid hormone secreted from the thyroid gland is thyroxine (T4), which is biologically inactive and is subsequently converted to the biologically active triiodothyronine (T3), which coordinates metamorphosis (Denver et al., 2002). This conversion is mediated by the enzyme type II iodothyronine deiodinase (Davey et al., 1995). In target tissues, thyroid hormone enters the cell and regulates the expression of target genes in several different ways. In vertebrates, T3 typically binds to the nuclear Thyroid hormone receptor (TR) (Sap et al., 1986; Weinberger et al., 1986), which together with the co-receptor retinoid co-receptor (RXR), bind to DNA and regulate transcription (Zhang and Kahl, 1993; Zhang and Lazar, 2000). The peak in thyroid hormone titers coincides with the beginning of metamorphosis and coordinates myriad morphological and physiological changes from resorption of the tail to growth of limbs and remodeling of the gut (Shi, 2000; Brown and Cai, 2007). Different tissues of a tadpole undergo metamorphic changes at distinct time points. For example, a metamorphosizing tadpole grows its limbs before losing its tail so that it can continue to swim while the limbs grow out. This tissue specific timing of metamorphosis is regulated by the distinct timing of appearance of mRNAs encoding TR, RXR and type II iodothyronine deiodinase (Yaoita and Brown, 1990; Kawahara et al., 1991; Wong and Shi, 1995; Shi et al., 1996; Cai and Brown, 2004). Thyroid hormone is both necessary and sufficient for metamorphosis in teleost fishes. For example, when flounder larvae are exposed to T4, they can accelerate metamorphosis, leading to small juveniles, whereas disruption of thyroid hormone production by thiourea leads to retention of larval traits (Inui and Miwa, 1985). Exogenous thyroid hormone is also sufficient to induce early metamorphosis in larvae of the grouper, Epinephelus coioides (de Jesus et al., 1998).

Thyroid hormone is part of the hypothalamic–pituitary–thyroid (HPT) axis (Figure 2A). As in mammals, thyroid stimulating hormone (TSH), which is secreted from the pituitary gland, stimulates the production of thyroid hormone. In amphibians, TSH release is in turn regulated by corticotropin releasing hormone (CRH) from the hypothalamus rather than the thyrotropin-releasing hormone as is the case in mammals (Denver, 1999). CRH is a potent regulator of metamorphosis and appears to overcome the negative feedback of thyroid hormone on TSH release (Manzon and Denver, 2004). In teleost fishes, the role of CRH in regulating thyroid production appears to be limited to some species (Larsen et al., 1998; Campinho et al., 2015).
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FIGURE 2. Neuroendocrine regulation of metamorphosis. (A) Metamorphic regulation of amphibians [Modified from Denver (2013)]. (B) Hormonal regulation of insect growth and metamorphosis. The details of JH regulation are based on lepidopteran studies. Many of the regulators secreted by the nutrient-sensing tissues were identified in Drosophila melanogaster. We do not yet know how conserved these factors are across all insects. Dotted red line indicates effect of stress on JH esterase activity.


The HPT axis interacts with the hypothalamic–pituitary–interrenal (HPI) axis, which responds to stress. The HPT axis begins with the hypothalamus releasing CRH, which stimulates the anterior pituitary to release adrenocorticotropic hormone (ACTH) (Figure 2A). ACTH acts on the interrenal glands to release corticosteroids, the key mediator of stress responses.

Corticosteroids also interact with the thyroid hormone pathway and regulate the developmental changes induced by thyroid hormone. The application of hydrocortisone accelerates T3- and T4-induced metamorphosis in Bufo bufo, Rana hechsheri and Rana pipiens (Frieden and Naile, 1955). Corticosterone was also found to stimulate T3-induced metamorphosis in Xenopus laevis (Gray and Janssens, 1990). Corticosteroids act on tissues by enhancing tissue sensitivity to thyroid hormone: Aldosterone and corticosterone increase T3 binding in tadpole tails (Niki et al., 1981; Suzuki and Kikuyama, 1983), and cultured tadpole tails exposed to corticosteroids express higher transcript levels of type II deiodinase and TR (Krain and Denver, 2004; Bonett et al., 2010). It is thus possible that the production of corticosteroids due to environmental stressor can accelerate metamorphosis by enhancing tissue sensitivity to thyroid hormone (Wada, 2008; Denver, 2021; Figure 2). The evidence for teleost fishes is more ambiguous: Although cortisol can enhance the impacts of T3 on fin-ray resorption of the Japanese flounder, Paralichthys olivaceus, in vitro, the timing of metamorphosis is not impacted by cortisol in vivo (de Jesus et al., 1990). The lack of in vivo effects may be because sufficient amount of cortisol is produced endogenously (de Jesus et al., 1990).

Thyroid hormone can play an essential role during metamorphosis of other Deuterostomes (Box 1), including several Echinoderm species (Chino et al., 1994; Heyland and Hodin, 2004; Heyland et al., 2006) and possibly also ascidians (Patricolo et al., 1981, 2001). Whether thyroid hormone acts via TR is not as well-established in these non-vertebrate Deuterostomes although TR is present in all Deuterostomes studied to date (Taylor and Heyland, 2017). Intriguingly, recent studies have also suggested the involvement of thyroid hormone signaling in accelerating molluscan metamorphosis (Fukazawa et al., 2001; Taylor and Heyland, 2017). Although regulators of corticosteroid action have been identified outside vertebrates (Baker, 2010), the role of corticosteroids during metamorphosis in these species remains unknown.


BOX 1. Terms used in this review.




	




	Terms used in this review
	Definition



	




	Cryptic genetic variation
	Hidden genetic variation of a trait that is revealed under environmental stress. This genetic variation contributes to genetic accommodation of a phenotype in a population of organisms



	Deuterostomes
	The animals include chordates and echinoderms and are characterized by the development of the anus before the mouth during embryogenesis. Its sister group is called the protostomes, which develop the mouth before the anus.



	Developmental bias
	A bias on the production of certain phenotypes due to the underlying developmental system



	Developmental constraint
	A limitation on the production of certain phenotypes due to the underlying developmental system



	Developmental drive
	A positive drive that leads to the production of certain phenotypes due to the underlying developmental system



	Developmental goblet
	A model for metamorphic organisms depicting that the phylotypic stage and metamorphosis represent the times when development is most conserved.



	Developmental hourglass
	A model for embryogenesis that shows that the mid-embryonic stage called the phylotypic stage is the time of highest developmental conservation.



	Genetic accommodation
	An evolutionary process by which an environmentally or mutationally induced novel phenotype either becomes fixed or becomes readily induced by small environmental fluctuations in a population. It is characterized by either an increase or decrease in phenotypic plasticity



	Genetic assimilation
	A special case of genetic accommodation whereby an environmentally induced novel phenotype becomes fixed in a population even without the initial environmental input. In this case, phenotypic plasticity of the trait disappears and becomes robust (or canalized)



	Hormonal pleiotropy or hormonal integration
	Hormonal pleiotropy or hormonal integration occurs when a hormonal system influences more than one distinct trait.



	Modularity
	The degree to which a trait can develop and evolve independently of another. A module in a biological system can be defined at the molecular, cellular or tissue level.



	Phenotypic plasticity
	The ability of an organism with the same genotype to give rise to different phenotypes depending on the environment



	Phylotypic stage
	A developmentally conserved stage that occurs during mid-embryogenesis. Each phylum is thought to have a characteristic phylotypic stage



	Physiological homeostasis
	The ability of the endocrine system to respond to the environment so that developmental and metabolic processes can proceed normally. We propose that physiological homeostasis is key to an organism’s ability to cope with climate change and suggest that genetic variation in physiological homeostasis might dive the process of genetic accommodation



	Polyphenisms
	A special case of phenotypic plasticity where two or more distinct phenotypes arise as a consequence of a change in the environment









Metamorphic Hormones in Insects

Before undergoing metamorphosis, most insects undergo several larval molts—the process involving the shedding of the exoskeleton to allow for growth. Within insects, the main developmental hormones are juvenile hormone (JH) and ecdysteroids (Nijhout, 1998; Truman, 2019; Figure 1). Generally, periodic surges of the 20-hydroxyecdysone (20E) trigger larval-larval molting as well as the initiation of metamorphosis. During the larval stage, JH prevents a larva from undergoing metamorphosis and therefore came to known as the “status quo hormone” (Riddiford, 1996). JH alters the effects of 20E action and inhibits metamorphic genes from being activated (Nijhout, 1998; Liu et al., 2009; Jindra et al., 2013, 2015). When bound to the Ecdysone receptor (EcR), 20E activates a transcriptional cascade of genes which induces molting (Riddiford et al., 2000) and adult tissue morphogenesis by activating a transcription factor called Ecdysone-induced protein 93 (E93) (Belles and Santos, 2014; Jindra, 2019; Truman and Riddiford, 2019). Conversely, JH binds to its receptor Methoprene-tolerant (Met) and induces the expression of Krüppel homolog 1 (Kr-h1), which represses E93 (Belles and Santos, 2014). Together, these regulators comprise the MEKRE93 pathway, which appears to be highly conserved across most insects studied to date (Belles, 2019, 2020). During metamorphosis, these regulators play critical roles in regulating metamorphic timing (Rountree and Bollenbacher, 1986; Mirth et al., 2005; Yamanaka et al., 2013; Hatem et al., 2015; Nijhout, 2015) and hence the final body size (Nijhout and Williams, 1974; Caldwell et al., 2005; Callier and Nijhout, 2013; Nijhout et al., 2014). We will discuss how hormones impact body size in Section “ENVIRONMENTAL IMPACTS ON METAMORPHIC HORMONES.” In addition, tissue proliferation and morphogenesis are also regulated by these hormones through their action on many target genes (Champlin and Truman, 1998a,b; Truman and Riddiford, 2002, 2007; Mirth et al., 2009; Herboso et al., 2015).

Just as the major metamorphic hormones of vertebrates are regulated by the brain, the production of metamorphic hormones in insects is also regulated by the brain, which can integrate various environmental cues (Figure 2B). Ecdysteroids production and release is regulated by prothoracicotropic hormone (PTTH), which is synthesized in the brain and released by the corpora cardiaca. JH synthesis and release is stimulated and inhibited by neuroendocrine factors called allatotropins and allatostatins, respectively, although the roles of these factors in the regulation of metamorphosis remain poorly understood (Goodman and Granger, 2005; Nijhout et al., 2014). Based on studies done in the silkworm, Bombyx mori, the allatostatins appear to act directly on the corpora allata whereas allatotropins appear to act indirectly by inhibiting Short neuropeptide F (sNPF), an inhibitor of JH biosynthesis that is produced in the corpora cardiaca (Kaneko and Hiruma, 2014; Figure 2B). JH activity is also modulated by JH degradation enzymes, JH esterase (JHE) and JH epoxide hydrolase (JHEH).

In addition to these two metamorphic hormones, Insulin-like peptides act on the Insulin/Target of rapamycin (TOR) signaling pathway and impact growth of insects (Koyama et al., 2020). This pathway plays an important role in regulating growth rate and determining the overall body size of the adult (Brogiolo et al., 2001; Geminard et al., 2009). Nutritional availability influences growth in almost all animals, and Insulin/TOR signaling pathway links growth of organisms to nutrient availability (Masumura et al., 2000; Ikeya et al., 2002; Geminard et al., 2009). In addition, this pathway plays a major role during metamorphosis to control tissue specific growth (Shingleton et al., 2005; Tang et al., 2011). Insulin-like peptides are often released in response to nutrients (Park et al., 2014) although in many cases, the interaction is indirect. For example, in fruitfly larvae, different tissues sense amino acids and sugars and release factors that then travel to cells that release insulin-like peptides (Figure 2B; Colombani et al., 2003; Geminard et al., 2009; Kim and Neufeld, 2015; Sano et al., 2015; Agrawal et al., 2016; Koyama and Mirth, 2016; Nässel and Broeck, 2016). Once released, insulin-like peptides travel to other parts of the body where they bind to the Insulin receptor, which activates a signal transduction cascade that ultimately leads to the phosphorylation of the forkhead transcription factor, Forkhead box O (FoxO), which regulates many developmentally and physiologically relevant genes (Koyama et al., 2020). The Insulin/TOR signaling pathway interacts with the ecdysteroid signaling pathway in a complex manner: Insulin/TOR signaling regulates the production of ecdysone, thus impacting the timing of metamorphosis (Mirth et al., 2005), while ecdysteroids also act to suppress Insulin signaling (Colombani et al., 2005; Mirth et al., 2014).



ENVIRONMENTAL IMPACTS ON METAMORPHIC HORMONES

Although the production of the hormones mentioned above are regulated by gene products, they also respond readily to environmental conditions. In this section, we address how the environment can impact hormonal systems. Where possible, we also review how metamorphic hormones respond to these environmental cues and impact phenotypes.


Environmental Impacts of Vertebrate Metamorphic Hormones

In vertebrates, various environmental cues have been shown to influence hormone titers. For example, T4, T3 and corticosteroid levels all increase rapidly when tadpoles of the Western spadefoot toad, Scapiopus hammondii encounter decreasing water levels (Denver, 1998). These environmental changes are sensed by the brain neurons, which trigger an increase in CRH release from the hypothalamus, activating the HPT axis (Denver, 1998; Boorse and Denver, 2003). These changes are correlated with an earlier onset of and small body size at metamorphosis (Denver et al., 1998).

Temperature also impacts T3 and corticosteroid levels. In leopard frog tadpoles, Lithobates pipiens, corticosteroid levels peak earlier and T3 levels are elevated at higher temperatures (Freitas et al., 2017). Similarly, and tadpoles of the American bullfrog, Lithobates catesbeianus, also have elevated T3 levels at higher temperatures (Freitas et al., 2016). Higher temperatures are associated with faster growth and earlier onset of metamorphosis and smaller sizes at metamorphosis (Smith-Gill and Berven, 1979; Leips and Travis, 1994; Álvarez and Nicieza, 2002). Although hormonal changes could explain some of these changes, it is also possible that the phenotypic effects could also result from increased rates of intrinsic biochemical reactions and an overall reduction in cell size (Atkinson and Sibly, 1997).

Nutrition also impacts the timing of metamorphosis of anurans. There is a critical size above which food deprivation accelerates metamorphosis (Leips and Travis, 1994) and leads to smaller body sizes at the time of metamorphosis (Denver et al., 1998; Nicieza, 2000). These impacts appear to be regulated by hormones. T3 and corticotropin-releasing hormone levels are increased in food restricted mid-prometamorphic S. hammondii tadpoles (Boorse and Denver, 2003), and thyroid glands from starved late pre- to early prometamorphic Rana catesbeiana tadpoles also produce significantly higher amounts of T4 (Wright et al., 1999).



Environmental Regulation of Insect Metamorphic Hormones

In insects, a complex interaction between various endocrine regulators determines the timing of metamorphosis (Koyama et al., 2020). Within a particular species, the timing of metamorphosis can shift depending on environmental conditions, such as temperature and nutrient availability (Davidowitz et al., 2003). Both heritable differences in developmental time and plastic responses to the environment may involve alterations in endocrine regulators. In the lab, higher temperatures almost always lead to small adult body sizes by shortening the growth period (Davidowitz et al., 2003, 2004; Klok and Harrison, 2013). Observations in the field are much more complex and appear to depend on several factors including the number of generations, temperature, survival, and photoperiod (e.g., Roff, 1980; Atkinson, 1994; Imasheva et al., 1994; James et al., 1997; Horne et al., 2015).

Although studies have explored the cellular basis of temperature-dependent differences in body size (Partridge et al., 1994; Atkinson and Sibly, 1997; Zwaan et al., 2000), we still do not have a clear understanding of how temperature during the growth period impacts endocrine events that regulate life history transitions. However, the environment can impact hormones that regulate growth. A recent study on the cricket Modicogryllus siamensis demonstrated that higher rearing temperatures lead to enhanced Insulin/TOR signaling, leading to faster growth rate (Miki et al., 2020). Insulin/TOR signaling, however, does not impact the number of instars in M. siamensis; instead, the timing of JH decline impacts the duration of the juvenile growth period in a photoperiod-dependent manner (Miki et al., 2020). Thus, body size determination appears to rely on a complex interaction of endocrine regulators that respond differently to distinct environmental cues. Furthermore, we still do not understand how temperature influences the duration of larval stage, and more studies are needed to address this issue.

In addition, the environment can impact the timing of diapause and adult eclosion. Diapause is a dormant stage in insects that is equivalent to hibernation in vertebrates. Depending on the species, diapause can occur during different life history stages but metamorphic hormones often play prominent roles in regulating both the entry and duration of diapause (Chippendale and Yin, 1975; Zdarek and Denlinger, 1975; Sim and Denlinger, 2008, 2013). Environmental conditions, such as temperatures, can impact metamorphic hormones to influence the timing and duration of diapause (Turnock et al., 1986; Green and Kronforst, 2019; Cambron et al., 2021). We suspect that hormonal responses to environmental conditions are the norm, and that species can utilize these cues to coordinate life history transitions and phenotypic outcomes.

We end this section by discussing how hormones play prominent roles in polyphenisms. Polyphenic organisms can produce two or more distinct phenotypes from one genotype depending on the environment. A classic example of a polyphenism includes the polyphenisms of horned beetles where smaller male beetles have no horns on the head or the thorax, whereas larger male beetles grow horns (Kijimoto et al., 2013). These alternative morphs are both adaptive: Horned males use their horn as weapons to engage in male-male combat and guard the tunnels in which females are found, whereas hornless males “sneak by” the males by creating side-tunnels and gain access to the females (Emlen, 1997). Other examples of polyphenisms include the diet-induced polyphenisms of the caterpillars of Nemoria arizonaria, which can either develop into oak twig-resembling larvae or catkin-resembling morphs (Greene, 1989), and butterfly wing polyphenisms, where adult morphs adopt distinct wing color patterns depending on the season (Nijhout, 2003).

In polyphenisms, hormones play a salient role in instructing identical genomes to give rise to distinct adult morphologies that are adapted to particular environments (Nijhout, 1999, 2003). Because of the major effects developmental hormones have on adult tissue morphogenesis, small changes in the endocrine system can lead to profound changes during metamorphosis that results in distinct, and at times spectacular, adult phenotypes (Figure 3). In many polyphenisms, the endocrine centers integrate environmental stimuli encountered by the larva and adjusts the amount and timing of hormone production/release/response. For example, in the squinting bush brown butterfly Bicyclus anynana, the adult wing has eyespots that serve as defense against potential predators. Depending on the environment, both the ecdysteroid titers and the amount of ecdysone receptors expressed on the wing discs change (Monteiro et al., 2015) and impact the size of eyespots. In another butterfly, Precis coenia, the wings can be red and brown depending on the photoperiod and the temperature and their impacts on ecdysteroid levels during the early pupal stage (Rountree and Nijhout, 1995). Similarly, the alternative morphs of horned beetles are regulated by the titers of JH and ecdysteroids that are modulated by the amount of nutritional consumption (Emlen and Nijhout, 1999, 2001).
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FIGURE 3. Potential consequences of environmental changes on the timing of metamorphosis and the development of adult phenotypes during metamorphosis. Adult body size can become larger or smaller through changes in the timing of metamorphosis (solid red lines), or distinct morphologies may develop in response to environmental changes (dotted red lines). These events are often regulated by endocrine processes that respond to environmental cues.




THE ROLE OF HORMONES IN BIASING EVOLUTION

Metamorphosis is a time when the same developmental hormone coordinates changes in multiple tissues at once (known as hormonal pleiotropy or hormonal integration) (Box 1 and Figure 4A). Hormonal pleiotropy may influence the evolutionary trajectory of organisms. The effect of hormonal pleiotropy on the evolution of organisms is dependent on the way each tissue responds to hormones (Ketterson et al., 2009). If increases in hormones enhance fitness of all traits, hormonal systems will likely evolve rapidly. In contrast, if increases in hormones leads to fitness enhancing changes in some tissues but not others, antagonistic selection may constrain the evolution of the traits involved (McGlothlin and Ketterson, 2008). For example, a hormone might promote the growth of a body part which might contribute to increased fitness. If the same hormone also promotes growth of another structure which reduces fitness, hormonal pleiotropy may prevent one trait from increasing in size while reducing the size of the other trait. Although tissue responses to hormones can evolve over time, in the short term, hormonal pleiotropy can prevent rapid adaptive changes (Ketterson and Nolan, 1999). In addition, because the same metamorphic hormone can also regulate myriad of other traits beyond metamorphosis (Hayes, 1997; Flatt et al., 2005; Deal and Volkoff, 2020), endocrine regulation that has been shaped by natural selection during another life history stage could also impact endocrine regulation during metamorphosis. For example, in insects, JH plays roles in behavior (Huang et al., 1991; Sullivan et al., 2000; Zhang et al., 2020), reproduction (Bilen et al., 2013; Santos et al., 2019) and aging (Yamamoto et al., 2013). The non-metamorphic roles of thyroid hormone has not been studied as extensively in metamorphic vertebrates, but in fishes, it appears to impact embryonic survival, larval growth (Ayson and Lam, 1993; Alinezhad et al., 2020), and gonadal sex ratios (Sharma and Patino, 2013).
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FIGURE 4. Hormonal pleiotropy and modularization. (A) Hormonal pleiotropy occurs when one hormone impacts many tissues at the same time. (B) Specific tissues can overcome constraints imposed by pleiotropy by evolving a unique response to hormones. Such changes could arise, for example, by the cells becoming more sensitive to hormones by producing additional hormone receptors.


In particular, in insects, many adult tissues (e.g., eyes, legs, wing) arise from the proliferating tissues called imaginal cells that proliferate in response to ecdysteroids (Champlin and Truman, 1998b; Nijhout and Grunert, 2002; Nijhout et al., 2007; Herboso et al., 2015). Programmed death of larval cells in various tissues is also coordinated by ecdysteroids (Nicolson et al., 2015). A change in the production of, or response to, metamorphic hormones can lead to catastrophic changes in the development of larvae, typically resulting in the death right before pupation (Cherbas et al., 2003; Davis et al., 2005; Tan and Palli, 2008; Ohhara et al., 2015). Moreover, tissue growth is coordinated by hormones such that disruption of one tissue can impact metamorphosis of the whole organism (Cherbas et al., 2003; Colombani et al., 2012).

This does not necessarily mean that developmental events regulated by metamorphic hormones always evolve slowly. If changes in the same hormone exert favorable changes across most tissues, selection on the endocrine system can allow for the rapid evolution of coordinated changes in multiple tissues and lead to dramatically altered phenotypes. The evolution of organisms that retain juvenile traits as reproductive adults (for example, the Mexican axolotl, the strepsipteran Xenos vesparum or the Japanese mealybug, Planococcus kraunhiae) often arise from changes in endocrine-dependent regulators (Rosenkilde and Ussing, 1996; Chafino et al., 2018; Vea et al., 2019). Thus, hormonal pleiotropy, at least in the short term, likely biases the way traits evolve and can acts as a developmental constraint (Smith et al., 1985) or a developmental drive (Box 1; Arthur, 2001).



THE ROLE OF HORMONES IN FACILITATING THE EVOLUTION OF ADULT PHENOTYPES

Although the highly pleiotropic developmental physiology might temporarily slow the evolution of metamorphic processes, the same endocrine regulators can also contribute to phenotypic diversification. Two distinct processes can lead to phenotypic diversification of adult morphologies: heterochrony and modularization or co-option of endocrine-dependent processes.


Heterochronic Shifts of Metamorphosis Can Promote Adult Size Diversity

A glance at the organisms living around us highlights the diversity of body sizes across species. Although body sizes and hence the timing of metamorphosis can be impacted by environmental conditions, these differences can be explained by specific-specific differences: No matter how much a fruit fly larva eats, it will never grow as large as a bullfrog. At least some of the diversity of body size can be explained by genetic changes in the timing of metamorphosis (heterochrony).

Heterochronic shifts in the timing of thyroid hormone-mediated metamorphosis can impact adult sizes in Deuterostomes. In amphibians, premature exposure to thyroid hormone can cause the tadpole to initiate metamorphosis at a much smaller size than normally observed (Gudernatsch, 1912; Shi et al., 1996). In contrast, experimental ablation of thyroid glands can cause the tadpole to continue feeding and grow to an enormous size (Allen, 1916). An extreme case of heterochronic shifts has been documented in the direct-developing anuran, Eleutherodactylus coqui (Callery and Elinson, 2000). In this species, thyroid hormone production is initiated during embryogenesis such that the tadpole state is bypassed and a miniature adult frog hatches from the eggs. Shifting the timing of metamorphosis thus has profound impacts on the size of the adult. Similarly, exposure to thyroid hormone or thyroid hormone inhibitors can accelerate or delay, respectively, the timing metamorphosis in echinoderms (Heyland and Hodin, 2004).

In insects, body size can respond readily to artificial selection with corresponding shifts in the timing of metamorphosis (Grunert et al., 2015). In fact, it is the heritable changes in the endocrine response to the environment that often appears to be under selection and to underlie the divergent life history strategies. For instance, insects have evolved distinct responses to starvation depending on the feeding ecology (Callier and Nijhout, 2013; Hatem et al., 2015; Nijhout, 2015; Nagamine et al., 2016; Helm et al., 2017; Xu et al., 2020). In species that feed on ephemeral food sources, starvation often triggers an immediate switch to metamorphic induction by activating ecdysteroid production, ensuring that the larvae regardless of their size will initiate metamorphosis (Mirth et al., 2005; Helm et al., 2017). In species that have reliable food supply, starvation halts ecdysteroid synthesis, leading to a delay in the timing of metamorphosis (Nijhout, 2015; Xu et al., 2020). Moreover, different species have distinct threshold sizes, which is the size checkpoint that determines when a larva can metamorphose (Nijhout, 1975). Threshold size plays a critical role in the final size of the adult and does so by ultimately determining the timing of JH decline (Chafino et al., 2019; He et al., 2020).

In species with larvae that feed and grow, changes in the timing or rate of metamorphic hormone synthesis, release or sensitivity can influence final adult size (Figure 3). Because the endocrine regulators themselves do not change, such changes can occur without disrupting the process of metamorphosis itself. Thus, heterochronic shifts in the timing of metamorphosis, and hence the evolution of final adult size, may occur over just a few generations. We note that heterochronic changes can also occur at the level of individual tissues or behavior. Such heterochronic shifts can occur when traits become modularized and respond to hormones in a trait-specific manner (see next section).



Modularization and Co-option of Hormone Action Promotes Adult Phenotypic Diversification

Although the pleiotropic effects of metamorphic hormones might temporarily constrain evolution of metamorphic events, the sensitivity of target tissues to hormones may not be constrained in the same manner. Adaptive change in the sensitivity of tissues allows individual traits to be regulated independently from the rest of the body. Modularization (Box 1), or the evolution of a unique set of responses to hormones, releases the constraints imposed by the pleiotropic effects of endocrine regulators. Endocrine regulators can also be recruited to regulate new developmental event in a tissue specific manner (a process known as co-option) (True and Carroll, 2002).

The most obvious demonstration of modularization and/or co-option of hormonal pathways in adult development is seen in insect polyphenisms. A recent survey of nymphalid butterflies has demonstrated that 20E titers fluctuate in a thermally sensitive manner regardless of the effect on wing coloration (Bhardwaj et al., 2020). Thus, in polyphenic butterflies, the pigment specification and/or synthesis pathways appear to have co-opted the pre-existing thermally-sensitive ecdysteroid peak of metamorphosis so that the adult wing coloration can be modulated by the larval environment. This example suggests that (1) hormonal levels respond readily to the environment and (2) target tissues can evolve to respond uniquely to the fluctuating hormones.

In other polyphenic traits, hormones that regulate growth of the body can have an exaggerated effect on specific parts of the body. The impressive weapons of rhinoceros beetles grow larger because insulin signaling has an outsized effect on the growth of the head horns (Emlen et al., 2012). Similarly, the disproportionate growth of the horns and mandibles in some beetle species is regulated by localized effects of hormones that arise due to tissue specific sensitivities to metamorphic hormones (Emlen and Nijhout, 1999, 2001; Gotoh et al., 2011, 2014). Thus, when individual tissues acquire the ability to uniquely respond to hormones, phenotypes can overcome hormonal pleiotropy and diversify (Figure 4B). Such changes could arise, for example, by the increased production of the hormone receptor or by more efficient conversion of the prohormone to an active hormone in a particular tissue (Figure 4B).

Finally, we note that modularity facilitates heterochronic shifts of modules. Hormones can act on individual modularized traits and either speed up or slow down development relative to an ancestral trait. Thus, heterochronic changes and modularization can both facilitate phenotypic diversification. For example, changes in thyroid hormone have been suggested to underlie the diversification of barb species in Lake Tana: Experimental alterations of thyroid hormone levels in Lake Tana barbs Labeobarbus intermedius, for example, can accelerate or slow down craniogenesis and produce a bony skull that resembles that of Labeobarbus brevicephalus and Labeobarbus megastoma, respectively (Smirnov et al., 2012; Shkil and Smirnov, 2016). Thyroid hormone does not uniformly impact craniogenesis. Rather, different skull bones have distinct sensitivities to thyroid hormones, allowing thyroid hormone to heterochronically alter the development of skull bones in a modular fashion (Shkil et al., 2012; Shkil and Smirnov, 2016).



THE DEVELOPMENTAL GOBLET: METAMORPHOSIS AS BOTH A CONSTRAINED AND EVOLVABLE STAGE IN DEVELOPMENT

In embryos, the phylotypic stage (Box 1) has been proposed to be a time when development is highly constrained and embryos resemble each other across species (Raff, 1996). This understanding led to the conceptualization of a developmental hourglass (Box 1), which has a broad base and broad top that sandwiches a narrow opening, representing the conserved phylotypic stage (Duboule, 1994; Raff, 1996). During the phylotypic stage, complex gene regulatory interactions pattern the major body plans, and any alterations in the interactions are likely to have profound changes in the body plan and the survival of an embryo (Galis and Metz, 2001). Because of these developmental constraints (Smith et al., 1985), gene interactions are predicted to be relatively stable across different species of a phylum, which share similar body plans.

We have discussed how pleiotropy of hormone action can bias development and how release from pleiotropic regulation via modularization and/or co-option of endocrine regulation can allow for diversification of traits. Across species, we propose that the amount of constraint could still be larger during metamorphosis than during the larval or adult stage. We, therefore, suggest that the early portion of metamorphosis represents a second developmentally constrained stage, during which the endocrine mechanisms controlling life history transitions are conserved. Drost et al. (2017) have also hypothesized that metamorphosis may be another constrained stage. Conversely, the larval and late metamorphic stages are less constrained and developmentally uncoupled from each other, allowing divergent stage-specific adaptations (Moran, 1994). If we were to graphically depict the amount of phenotypic and/or developmental variability across post-embryonic development of various metamorphic species within a phylum, we expect an hourglass shape to emerge where the constriction corresponds to metamorphosis, and the broad base and the broad top correspond to the larger phenotypic and/or developmental variability of larvae and adults, respectively (Figure 5). The width of the constriction would then depend upon the degree to which tissues have become modularized or uniquely sensitive to hormones: the more modularized the tissues, the less constricted the hourglass.
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FIGURE 5. The developmental goblet model for metamorphic organisms. The phenotypic diversity of metamorphic animals results from two stacked developmental hourglasses, the developmental goblet, which is composed of an embryonic hourglass and a postembryonic hourglass. The horizontal width of the hourglass represents phenotypic diversity across a taxon. The vertical axis represents developmental time with the top of the goblet representing the adult stage. Early larval ecologies are diverse and are reflected in the diversity of larval phenotypes. During metamorphosis, a small number of developmental hormones constrain development. Subsequently, developmental trajectories diverge to generate various adult morphologies.


The phenotypic diversity of metamorphic animals can then be depicted as two stacked developmental hourglasses, composed of an embryonic and a post-embryonic hourglass (Figure 5). The resulting goblet shape may therefore be more appropriate for metamorphic animals with complex life cycles: the base and the cup representing early embryogenesis and adult development, respectively, and the bulge in the stem of a goblet representing the late embryo/larval stage (Figure 5). We call this the developmental goblet (Box 1).

We suspect that hormonal pleiotropy will constrain the metamorphic stage. However, unlike the embryonic phylotypic stage, the constraints could be more easily overcome by modularization of hormonally regulated traits, and co-option of endocrine regulation can lead to diversification of particular body parts or specific metabolic process. In animals that undergo drastic changes in body plans, metamorphosis is a post-embryonic developmental stage when the expression and/or activity of conserved developmental genes, such as homeobox genes, are modulated by the action of metamorphic hormones and their targets (Gaur et al., 2001; Monier et al., 2005; Mou et al., 2012). In insects undergoing metamorphosis, ecdysteroids activate various signaling networks in a tissue-specific manner (Li and White, 2003). In anurans, Hox genes involved in limb development are activated during limb outgrowth (Lombardo and Slack, 2001), and thyroid hormone-induced metamorphosis in axolotls has been shown to activate the expression of Hox5a in the heart (Gaur et al., 2001). In flatfish, developmental genes are also regulated by thyroid hormone in a tissue-specific manner during metamorphosis (Alves et al., 2016). Thus, hormones coordinate metamorphic events across a variety of tissues, but individual tissues can respond at different times and in distinct ways by activating target developmental genes in a tissue-specific manner. Thus, metamorphosis offers opportunities for innovation and phenotypic diversification.

Finally, we note that the shape of the goblet will likely depend on the taxon. In metamorphic organisms that undergo dramatic tissue reprogramming and remodeling (e.g., insects with complete metamorphosis), the constriction during metamorphosis maybe more pronounced than organisms in which adult organs develop from preexisting larval organs changes (e.g., fishes).



DEVELOPMENTAL HOMEOSTASIS AS A DRIVER OF EVOLUTION BY GENETIC ACCOMMODATION UNDER A CHANGING CLIMATE

Phenotypic plasticity is the ability of an organism with the same genotype to give rise to different phenotypes depending on the environment (Box 1). Phenotypic plasticity has been recognized as an important of how populations might respond to climate change (Reed et al., 2011; Merila and Hendry, 2014; Rodrigues and Beldade, 2020). Moreover, phenotypic plasticity has been proposed to facilitate phenotypic evolution by allowing organisms to explore novel morphospace under altered environmental or genetic backgrounds (West-Eberhard, 2003; Nijhout et al., 2021). Specifically, when genetic differences underlie the organisms’ variable phenotypic responses to the novel environment, natural selection can act on the induced phenotypes. The genetic variation underlying the phenotypic variation under the novel environment is called cryptic genetic variation (Box 1), which is normally hidden but is exposed under stressful or novel environments (Gibson and Dworkin, 2004). Selection on these revealed cryptic genetic variants can lead to evolution of novel phenotypes. Genetic accommodation (Box 1) is the name given to such an evolutionary process (West-Eberhard, 2003).

Climate change dependent phenotypic plasticity may lead to adaptive evolution by genetic accommodation (Kelly, 2019). Although several mechanisms have been proposed to explain genetic accommodation, developmental hormones may play a role in this process (Figure 6; Lema and Kitano, 2013; Kulkarni et al., 2017; Lafuente and Beldade, 2019; Levis and Pfennig, 2019; Lema, 2020; Suzuki et al., 2020). Developmental hormones often regulate both trait development and homeostasis, thus serving as the nexus between the environment and development (Dufty et al., 2002; Denver, 2009; Xu et al., 2013; Figure 3). Hormonal changes can manifest as phenotypic differences and the degree to which a developmental hormone impacts the phenotype and facilitate phenotypic evolution can vary according to the cryptic genetic variation that is revealed under stressful conditions (Suzuki and Nijhout, 2006, 2008; Suzuki et al., 2020).
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FIGURE 6. Genetic accommodation via endocrine changes leads to changes in body size and morphology.(Left) Developmental plasticity of an individual. Extreme environmental conditions can lead to changes in the timing of metamorphosis or adult morphogenesis through changes in the timing and amount of endocrine action (solid red lines). (Right) Such changes can be selected for and become genetically accommodated in a population over multiple generations, leading to changes in phenotypic diversity (dotted red lines).


Altered temperature and precipitation patterns due to climate change (Trenberth, 2011; Intergovernmental Panel on Climate Change, 2014), and resulting changes in food availability, may lead to such stressful environments that disrupt physiological homeostasis and reveal cryptic genetic variation. If the population encounters a directional change in environmental conditions (e.g., warmer and moister) over multiple generations, hormonally mediated traits may evolve by either shifting the timing of life history transitions or by altering the adult phenotypes by co-option or modularization of hormonally mediated traits (Figure 6). For example, in amphibians, desiccation stress and nutritional stress have both been shown to lead to changes in stress hormones, which in turn impacts that timing of metamorphosis and life history transitions (Denver, 1997; Denver et al., 2002; Wada, 2008; Ledon-Rettig et al., 2009; Kulkarni and Buchholz, 2014). In spadefoot toads, aridification has been proposed to have led to the evolution of species with shorter larval periods by adjustments in thyroid hormone titers through genetic accommodation (Gomez-Mestre and Buchholz, 2006; Kulkarni et al., 2017).

In insects, JH levels increase or fail to decline in larvae exposed to stressful environments (Cymborowski et al., 1982; Rauschenbach et al., 1987; Jones et al., 1990; Browder et al., 2001; Suzuki and Nijhout, 2006; Xu et al., 2020), possibly due to the inhibition of the JH degradation enzyme, JHE (Hirashima et al., 1995), and/or changes in JH binding proteins, which may alter the bioavailability of JH (Tauchman et al., 2007). Cryptic genetic variation that confers differential sensitivity to heat or nutritional stress could lead to variation in JH levels that selection could act upon. Similarly, 20E levels has been shown to increase in response to thermal stress in adult Drosophila virilis (Hirashima et al., 2000), and in the common cutworm, Spodoptera litura, mild thermal stress upregulates the expression of EcR during metamorphosis (Shen et al., 2014). Thus, environmental stress can impact both JH and ecdysteroid signaling.

Finally, evolution of hormonal systems could also impact insect diapause through genetic accommodation. Emergence of adults is regulated by hormones, and selection for environmentally sensitive alleles of endocrine regulators has been proposed for the evolution of diapause by genetic accommodation (Schiesari and O’Connor, 2013). Moreover, climate change may impact the timing of entry and exit from diapause (Forrest, 2016). Taken together, genetic accommodation of hormonal regulation may play a role in the evolution of the timing of metamorphosis and life history transitions.

Genetic accommodation mediated by physiological homeostasis can change the shape of the developmental goblet in two ways: Either the height can change, or the width of the upper constriction and shape of the “cup” might change (Figure 7). For example, parts of the hourglass may lengthen due to changes in diapause, dormancy or the timing of metamorphosis, each of which would increase the height of the hourglass (Figure 7A). Alternatively, the width and shape of the upper cup can change by increased modularity and release from hormonal pleiotropy (Figure 7B). Of course, different species respond in disparate ways to varying environmental conditions. Thus, the overall effect of genetic accommodation on a group of species will be the total of such changes.


[image: image]

FIGURE 7. Changes in developmental endocrinology in response to climate change can lead to changes in body size and metabolism/morphology. (A) Potential effects of heterochronic shifts on the shape of the developmental goblet. Changes in endocrine system can lead to alteration in duration of the larval or metamorphic stages. (B) Potential effects of modularization/co-option on the shape of the developmental goblet. Changes in endocrine system can lead to alteration in phenotypic diversity of the adult stages.


Climate change will impact the length of the growing season, the timing of metamorphosis and the size of adult organisms which can impact fitness (Honěk, 1993; Blanckenhorn, 2000; Blanckenhorn and Demont, 2004; Daufresne et al., 2009; Sheridan and Bickford, 2011). Although these changes certainly have many proximate causes (Atkinson, 1994; Atkinson and Sibly, 1997; Verberk et al., 2021), how a species adapts in response to climate change may also depend on the developmental system as well as the amount and nature of cryptic genetic variation: stabilization of the newly induced phenotypes can lead to genetic assimilation (or fixation) of the novel phenotypes (Box 1); selection on the novel phenotypes could lead to increased phenotypic plasticity; or selection in the altered environment could lead to compensatory genetic changes that restores the original phenotype (i.e., genetic compensation) (Grether, 2005). Because so many traits are regulated by hormones, changes in hormonal response requires uncoupling of tissues and subsequent evolution of appropriate tissues specific adaptations—modularization of adaptation. Whether such changes can happen fast enough to keep up with the rapid pace of climate change remains unclear. Therefore, metamorphic organisms may not be able to evolve in all directions depicted in Figure 7. Instead, certain directions of change may occur more rapidly than others.



CONCLUSION

Climate change in the Anthropocene has dramatically accelerated extinction rates (Waters et al., 2016). However, how evo-devo intersects with climate change remains poorly studied (Campbell et al., 2017; Gilbert, 2021). Recent studies have begun to identify alleles that are involved in organismal response to climate change (Franks and Hoffmann, 2012; Merila and Hendry, 2014), but the mechanistic basis of evolution of organisms in response to climate change is still lacking (Chmura et al., 2019). In metamorphic organism, hormones play critical roles in life history transitions. Because of the multitude of roles they play, hormones can bias the way organisms develop and evolve, leading to changes in the shapes of the developmental goblet. We propose that developmental homeostasis may be a contributor for adaptive evolution especially in a changing climate (Figure 8). As organisms face climate change, changes in homeostatic mechanisms may allow rapid adaptive responses in metabolism that are followed by phenological and morphological changes that alter the shape of the developmental goblet. In particular, physiological homeostasis can allow the expression of hidden genetic variation that can promote adaptive evolution. The amount of hidden genetic variation present in a population for such adaptive changes may then be a determinant of whether a population thrives or collapses.
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FIGURE 8. Impact of climate change on developmental hormones and their ultimate impacts on populations and the ecosystem. Climate change can impact developmental physiology of organisms that can influence their development and life history. Cryptic genetic variation that is revealed as a consequence of climate change can fuel genetic accommodation of traits. The degree to which members of a population can adjust their development and physiology determines whether a population thrives or declines.
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Studies of the effects of thyroid hormones on larval development in the frog Xenopus spp. have provided baseline information to identify developmental constraints and elucidate genetic and hormonal mechanisms driving development, growth, and life history transitions. However, this knowledge requires data based on other anurans to complete a comprehensive approach to the understanding of larval developmental diversity and phenotypic variation through ontogeny. Mesocosm experiments provide realistic data about environmental conditions and timing; this information is useful to describe anuran larval development and/or analyze endocrine disruption. In this study, mesocosm experiments of the larval development of the frog Pleurodema borellii were conducted to explore the consequences of thyroid axis disruption; the sensitivity of tadpoles to the methimazole (2.66 mg/l) and thyroxine (T4) (1.66 μg/l) was compared. These concentrations were selected based on previous studies in Pleurodema borellii. We test the effects of methimazole and thyroxine on development in early exposure (from beginning of larval development) and late exposure, 18 days after hatching, with doses administered every 48 h. Tadpoles were evaluated 31 days after hatching. Methimazole caused moderate hypertrophy of the thyroid gland, alteration in the growth rates, differentiation without inhibition of development, and an increase of developmental variability. Thyroxine produced slight atrophy of the thyroid gland, accelerated growth rates and differentiation, and minor developmental variability. In tadpoles at stages previous to metamorphose, skull development (differentiation of olfactory capsules, appearance of dermal bones, and cartilage remodeling) seemed to be unaltered by the disruptors. Moreover, similar abnormal morphogenesis converged in specimens under methimazole and thyroxine exposures. Abnormalities occurred in pelvic and pectoral girdles, and vent tube, and could have been originated at the time of differentiation of musculoskeletal tissues of girdles. Our results indicate that premetamorphic stages (Gosner Stages 25–35) are sensitive to minimal thyroid axis disruption, which produces changes in developmental rates; these stages would also be critical for appendicular musculoskeletal morphogenesis to achieve the optimal condition to start metamorphosis.

Keywords: methimazole, thyroid hormone, tadpole, metamorphosis, growth, differentiation, anurans


INTRODUCTION

Endocrine disruptors are chemicals that can interfere with endocrine systems. Among vertebrates, the thyroid gland is a vital endocrine gland with special role in the metabolism, growth and development. Thyroid disruptors are well known since some substances, named goitrogens, cause difficulty for the synthesis of thyroid hormones producing the enlargement of the thyroid gland to compensate the inadequate hormone production. Among these substances, the methimazole is used to treat the hyperthyroidism. Differently, the thyroid hormone (thyroxine, T4) is supplied when the thyroid gland doesn’t produce enough hormone (i.e., hypothyroidism).

Studies of the effects of thyroid hormones (THs) [i.e., triiodothyronine (T3) and thyroxine (T4)] on anuran larval development have been key to identifying developmental constraints and have provided a framework to improve our understanding of cell behavior and the molecular mechanisms underlying growth and metamorphic remodeling (Shi, 2000; Buchholz, 2017; Rose and Cahill, 2019; Rose, 2021). Most of these studies were based on the frog model system Xenopus laevis and/or Xenopus tropicalis, and were focused on skull and gut remodeling (Hanken and Summers, 1988; Schreiber et al., 2005; Smirnov and Vassilieva, 2014; Rose et al., 2015; Choi et al., 2017; Rose and Cahill, 2019), tail disappearance (Yaoita, 2019), differentiation of morphological novelties (Senevirathne et al., 2020), and the systemic consequences of the spontaneous absence of thyroid glands (Rot-Nikcevic and Wassersug, 2003, 2004). This model system represents a basal lineage with a whole ontogeny that displays many eco-morphological differences with respect to most anurans; thus, information needs to be complemented with data on anuran larval development diversity to explain adaptive differentiation (Roelants et al., 2011). Further, studies in the direct developer frog Eleutherodactylus coqui (Jennings and Hanken, 1998; Callery and Elinson, 2000; Laslo et al., 2019) have proposed the conservation of thyroid gland physiology in absence of typical metamorphic transformations which is observed in other lineages of frogs without free living tadpoles (Naumann et al., 2020).

The knowledge about the anuran thyroid physiology has provided some generalizations for larval development. The normal histomorphology (e.g., size and histology) of the thyroid gland may be divided into phases correlated with larval development (Etkin, 1936) as follows: (a) the gland is small, with follicular cells with poor cytoplasm during limb bud stages and stages of digit differentiation (premetamorphosis); (b) the gland grows and follicular cells become columnar during stages of limb growth (prometamorhosis); and (c) the gland reduces by collapse of follicles, and the epithelium achieves a condition almost squamous (metamorphic climax). In this way, the thyroid gland histology offers an important diagnosis of several histomorphological features modulated by the hypothalamic-pituitary-thyroid (HPT) regulatory axis. Thyroid histology serves as a valuable and sensitive diagnostic to detect the ability of a chemical to interact with the HPT axis (Grim et al., 2009).

Moreover, the expression of enzyme deiodinases on thyroid hormone and thyroid hormone receptors (TRα) during premetamorphosis are involved in limb differentiation (Cai and Brown, 2004) whereas expression of deiodinases and thyroid hormone receptors (TRβ) trigger several morphological changes typical of metamorphosis (Choi et al., 2017). These studies denote differences in temporal sensitivity and receptors between the appendicular system and most larval organs and systems that are lost or remodeled at the metamorphic climax when the levels of hormones increase. Additionally, THs play an important role in the regulation of anuran cranial ontogeny, influencing the timing and sequences of cartilage transformation and bone appearance as well as bone growth. Artificial changes in the TH-level can lead to considerable temporary changes in skull development in some anurans (Smirnov and Vassilieva, 2009; Rose and Cahill, 2019; Rose, 2021). Experimental studies showed that the axial skeleton ossification of most neural arches is not dependent on or only requires a low level of TH. However, TH is necessary to induce ossification in the most posterior arches and the ribs. Similarly in the hind limb skeleton, the cartilaginous precursors of bone elements fail to ossify in TH absence (Smirnov and Vassilieva, 2014). The premetamorphic histomorphology of the thyroid gland and the early sensitivity of limbs suggest the hormone concentrations define rates of development that may accelerate or delay the timing to start the metamorphosis when minimal changes occur.

Mesocosm experiments provide realistic data about environmental conditions and timing; thus, those experiments are useful to describe anuran larval development and are suitable to analyze developmental rates (Skelly and Kiesecker, 2001). Recently, mesocosm experiments of three anuran species (Pleurodema borellii, Leptodactylus chaquensis, and Dermatonotus muelleri) reported differential responsiveness and sensitivity to endocrine disruptors in tadpoles exposed from premetamorphic stages (Fabrezi et al., 2019). At similar concentrations of T4, developmental rates were modified, as evidenced in body size, histomorphology of the thyroid gland, limb development, and metamorphic transformations were triggered in gut and skull cartilage remodeling in two species (e.g., Leptodactylus chaquensis and Dermatonotus muelleri), whereas methimazole increased growth rates in Pleurodema borellii (Fabrezi et al., 2019).

Pleurodema borellii (Peracca, 1895) is a common frog present in the northwest of Argentina; reproduction and breeding occur during the wet season, eggs are laid in foam nests, tadpoles are typical of ephemeral ponds, with developmental stages identified by standard anuran staging table (Gosner, 1960; Cruz, 2020). Larval development in P. borellii shows intraspecific heterochronic variations, since tadpoles belonging to a single clutch complete the embryonic stages at the same time (6 days after fertilization), but larvae develop at different rates; then, after 20 days, tadpoles may reach stages of digit differentiation or remain at limb bud stages, suggesting different individual development under similar environmental variables (Fabrezi et al., 2019; this study).

Here, we present the results of mesocosm experiments in Pleurodema borellii larval development to explore the consequences of disruptors (methimazole and thyroxine) on the thyroid gland. Methimazole (CAS Number: 60-56-0) is considered an inhibitor of synthesis of the thyroid hormone, whereas thyroxine (CAS Number 51-48-9) is an endogenous agonist.

Tadpoles were immersed in predetermined concentrations at the beginning of larval development (early exposure, Gosner Stage 25), and after 18 days of hatching (late exposure). Larval exposure to disruptors began at an earlier development stage than in previous studies and finished later (Degitz et al., 2005; Fabrezi et al., 2019; Tables 1, 2).


TABLE 1. Comparison of studies of larval development of anuran species exposed to methimazole.
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TABLE 2. Comparison of studies of larval development of anuran species exposed to T4.
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We focused on the whole larval development to test the effects of disruptors to change developmental rates, either delaying or stimulating; thyroid gland histomorphology, and the condition under which metamorphosis may be achieved in a non-model species, Pleurodema borelli.



MATERIALS AND METHODS

A Pleurodema borellii (Peracca, 1895) clutch was deposited in an abandoned swimming pool of the Instituto de Bio y Geociencias Noa (24°59′3.54″S, 65°34′53.13″W) on January 6, 2021. The clutch was transferred to a container and held up to January 11 (Day 0), when the embryos hatch and showed opercular folds covering partially or totally external gills. Specimens were staged following the standard table of Gosner (1960) and Cruz (2020). Then, tadpoles were randomly distributed in groups of 60–70 tadpoles and maintained in 20 plastic containers (40 cm × 40 cm × 30 cm) with 15 l of tap water within a large receptacle placed outdoor (Figure 1). Environmental conditions during the experiments varied, with temperatures ranging between 27 and 35°C during the day and 18 and 24°C at night, and rainfall of 106.5 mm distributed over 13 days. Each container was supplied with 1 g of tropical fish food once a day. Tadpole density for each container is considered low, since these species may breed in small ponds with higher densities.
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FIGURE 1. (A) Containers with tadpoles were kept in two large receptacles, which were covered with a net to avoid bird predation. (B) Plastic containers (each one was identified with a label was assigned to a treatment) at the beginning of the experiments. (C) Tadpoles at Gosner Stage 25. The scale bar is equals 1 mm.


The treatments started 2 days after hatching when most tadpoles were at Gosner Stage 25 with oral disc complete (Cruz, 2020). Four containers were identified and used as control, the remaining ones were assigned to two experiments (eight containers each): early exposure and late exposure.

Early exposure begins with the first dose of disruptor and tadpoles received a total of 15 doses of disruptor. From these treatments, a group of tadpoles from control and both treatments were collected and fixed after eight doses (18 days after hatching) to describe external morphology and identify larval stages. Early exposure finished 31 days after hatching and 29 days after the first dose of disruptor.

The late exposure experiment started 18 days after hatching and finished 31 days after hatching. Tadpoles of these treatments were at different stages of premetamorphosis, and received seven doses of disruptors during 13 days.

To perform the experiments, the concentrations of methimazole and T4 used by Fabrezi et al. (2019) were considered. Tables 1, 2 describe their results in anuran development using different concentrations of methimazole and T4, and starting exposure at developmental stages in which limb bud development is advanced. Based on those studies, we test lower concentrations of methimazole, and intermediate concentrations of T4 beginning earlier; and at similar stages but extending the experiments for more days.

For each exposure, four containers were supplied with 2.66 mg/l of methimazole every 48 h, and four containers were supplied with 1.66 μg/l of T4 every 48 h. Doses were dissolved in tap water. All the containers (a total of 20 treatments) were kept during 31 days after hatching when tadpoles were euthanized and fixed in 4% neutral buffered formaldehyde and Bouin’s fixative for further analysis.

The formalin−fixed specimens for morphohistological studies, accessioned as lots, were deposited at the Instituto de Bio y Geociencias del NOA with the following collection numbers: IBIGEO-A 2301-00 (control tadpoles, January 11–29/2021); IBIGEO-A 2302-00 (control tadpoles: January 11–February 11/2021); IBIGEO-A 2303-00 (tadpoles from early methimazole exposure, January 13–29/2021); IBIGEO-A 2304-00 (tadpoles from early T4 exposure, January 13–29/2021); IBIGEO-A 2305-00 (tadpoles from early methimazole exposure, January 11–February 11/2021); IBIGEO-A 2306-00 (tadpoles from early T4 exposure, January 11–February 11/2021); IBIGEO-A 2307-00 (tadpoles from late methimazole exposure, January 29–February); IBIGEO-A 2308-00 (tadpoles from late T4 exposure, January 29–February 11/2021).

Larval growth was inferred from changes in parameters of tadpole size: body length (i.e., the distance between snout and vent tube in ventral view) and total length (i.e., the distance between snout and tip of the tail in lateral view). Measurements were taken with dial calipers (0.02 mm) and are expressed in millimeters. Statistical analysis of body length and total length was based on non-parametric analysis of variance (Kruskal–Wallis) test with multiple comparisons (InfoStat® v.2016).

Larval differentiation was documented based on morphological changes in external and internal morphology. Cleared and double-stained whole−mount specimens (N = 15) were used to examine musculoskeletal variation. Specimens were prepared using the technique of Wassersug (1976). Observations, descriptions, and illustrations were made with a Nikon−SMZ 1000 stereomicroscope equipped with a Nikon Coolpix digital camera. Furthermore, histological serial sections of 7 μm thick of paraffin-embedded pelvis and hind limbs (N = 6) to describe skeleton tissues were stained with Masson’s trichrome (Bancroft and Gamble, 2002) and observations were made with a Nikon E200 microscope equipped with a digital camera and Micro metrics SE Premium 4.5 software.

From six specimens fixed in Bouin’s fixative, the buccal floor containing the hyobranchial apparatus with adhered thyroid lobes was manually dissected. The samples were dehydrated (by a series of ethanol solutions of increasing concentrations), embedded in paraffin, and sectioned at 5 μm with a Leica RM 2245 rotatory semiautomatic microtome. Sections were stained with hematoxylin and eosin following the protocol of Martoja and Martoja-Pierson (1970). Photomicrographs were obtained with a Nikon E200 microscope equipped with a digital camera and Micro metrics SE Premium 4.5 software.

Histological descriptions and photomicrographs were taken from the widest cross-sectional area of the thyroid glands. Based on descriptions for other taxa (Etkin, 1936; Grim et al., 2009), we considered the following parameters: degree of follicular hypertrophy and hyperplasia, the height of follicular cells, presence of vacuoles in the colloid, and position and degree of condensation of the nuclei. The histomorphology of the thyroid gland was described at the end of experiment in tadpoles at larval Stage 40 (advanced prometamorphosis, Etkin, 1936).

All aspects of the research where approved by the Secretaría de Medio Ambiente y Desarrollo Sustentable, Gobierno de la Provincia de Salta, Argentina, and adhered to the legal requirements of Argentine laws (File number 227–216600/064/2016).



RESULTS


Effects of Disruptors on the Thyroid Gland

The histomorphology of the thyroid gland in advanced prometamorphosis at the end of experiments of early exposure were analyzed. We selected specimens in similar developmental stage (Gosner Stage 40) in order to describe the thyroid gland on the threshold of metamorphosis (Figure 2). Cruz (2020) described in Pleurodema tadpoles, the follicular number, the colloid volume and the height of the follicular epithelium with their maximum values among Gosner Stages 39–44, reaching the peak between stages 41–42 and concomitant with the maximum volume of the gland.
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FIGURE 2. Thyroid gland of Pleurodema borellii larvae (Gosner Stage 40, 31 days after hatching), macroscopic and microscopic images. (A,B) Control tadpoles showed the typical follicular morphology of the normal thyroid gland, with cuboidal follicular cells and follicular colloid. (C,D) Specimens from methimazole early exposure exhibited an overall glandular hypertrophy. The histology revealed an evident follicular cell hypertrophy and irregular follicular morphology. (E,F) Specimens from thyroxine early exposure have thyroid glands with follicular lumina less defined relative to the normal gland are also observed. Histological section shows slight depletion of colloid and decrease in the number of chromophobic vacuoles. c, colloid; cd, colloid depletion; cv, chromophobic vacuoles; fc, follicular cells; hb, hypobranchial cartilage; ht, hyperthrophied cells; if, irregular follicles; m.gh, muscle geniohyoideus. Scale bar for macroscopic images = 0.3 mm.


A considerable increase in overall thyroid gland size was observed in the specimens exposed to methimazole, the glandular lobes were larger with respect to the control specimens, indicating glandular hypertrophy (Figure 2). In addition, numerous thyroid follicles exhibiting abnormal morphology (mostly large follicles with colloid content) were observed. The presence of blood cells in interfollicular gaps was greater than in the untreated glands. Follicular cells ranged from tall cubic to columnar, and mild cellular hyperplasia was observed in some follicles. A slight decrease in the number of chromophobic vacuoles was observed inside the colloid.

The thyroid gland of specimens exposed to thyroxine showed slight glandular atrophy relative to untreated specimens. Some heterogeneity in the size of lobes and follicles was observed (Figure 2). A large proportion of small follicles was observed, with no colloid content. Only a few larger follicles had colloid content. There were no considerable differences in the height of the follicular cells (Figure 2). However, a decrease in the amount of chromophobic vacuoles present inside the colloid was observed with respect to the control specimens.



Growth Rates

Methimazole exposure caused significant differences in growth (Figure 3, 4 and Table 3). Early exposure showed the increment of body length and total length when tadpoles were evaluated 18 days after hatching and at the end of experiments. Late exposure also produces significant increment of growth. The variability between maximum and minimum values of body size and total length in early treated tadpoles was greater than that of late-treated tadpoles.
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FIGURE 3. Pleurodema borellii size variation of each larval stage exposed early to methimazole and T4. (A–D) The experiment began with tadpoles in Gosner Stage 25 (N = 7), with an average snout-vent length of 3.30 mm (± 0.35) and an average total length of 8.07 mm (± 0.19). Snout-vent length and total length of each larval stage (bars) after 18 days after hatching were measured to determine growth. Simultaneously, tadpoles were also staged. (A) Control specimens. (B) Tadpoles exposed to methimazole (eigth doses). (C) Tadpoles exposed to T4 (eigth doses). (D) Significant differences were found in size variables (p < 0.05 for snout-vent length and total length) between each treatment and the control. (E–H) Continuity of treatments up to 31 days after hatching (a total of 15 doses). Snout-vent length and total length of each larval stage (bars) at the end of experiments were measured and tadpoles were staged. (E) Control specimens. (F) Tadpoles exposed to methimazole (15 doses). (G) Tadpoles exposed to T4 (15 doses). (H) Significant differences were found in size variables (p < 0.05 for snout-vent length and total length) between each treatment and the control.
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FIGURE 4. Variation in size of each larval stage of Pleurodema borellii during late exposure to methimazole and T4. (A–D) The experiment began at 18 after hatching. Tadpoles were exposed for 13 days (seven doses). (A) Control specimens. (B) Tadpoles exposed to methimazole. (C) Tadpoles exposed to T4. (D) Significant differences were found in size variables (p < 0.05 for snout-vent length and total length) between each treatment and the control. However, no significant differences were found among size variables between tadpoles exposed to methimazole and tadpoles exposed to T4.



TABLE 3. Descriptive statistics for snout-vent length (SVL) and total length (TL) of Pleurodema borellii during larval stages comprising pre and prometamorphic stages with exposure to methimazole or T4.

[image: Table 3]

T4 exposure altered growth rates (Figure 3, 4 and Table 3). Early exposure showed the increment of body length and total length when tadpoles were evaluated 18 days after hatching, but at the end of experiments only total length is significantly different from controls. Late exposure also produces significant increment of growth. The variability between maximum and minimum values of body size and total length in T4-treated tadpoles is minor to the controls.



Rates of Differentiation

Tadpoles treated early with methimazole were in premetamorphic larval stages (i.e., Gosner Stages 28 and 36) 18 days after hatching and reached prometamorphic stages and even metamorphic stages, but some remained at premetamorphic stages (i.e., Gosner Stages 35 and 36) at the end of experiment (31 days after hatching). Early exposure to methimazole accelerated the differentiation respect to the control, although the responses were variable since tadpoles range among premetamorphic, prometamorphic and metamorphic stages (Figures 3, 5). Tadpoles under late exposure were at advanced premetamorphic stages or early prometamorphic stages (i.e., Gosner Stages 31–37) without reaching metamorphic stages 31 days after hatching (Figures 4, 5).
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FIGURE 5. Proportion of differentiation stages of tadpoles during the experiments: premetamorphosis [limb bud stages (Gosner 25–30) and digit differentiation (Gosner 31–36)], prometamorphosis [limb growth (37–41)] and metamorphic climax (42–46) and proportion of abnormalities (identified as hind limbs asymmetries in violet, and normal in yellow) at the end of experiments. (A) Early exposure: control in green circles (N = 28 at 18 days after hatching; N = 60 at 31 days after hatching) with one specimen with abnormal limbs (violet); methimazole in blue circles (N = 27 at 18 days after hatching, N = 47 at 31 days after hatching), abnormalities appear in the half of tadpoles; and T4 in red and orange circles (N = 28 at 16 days of exposure, N = 61 at 29 days of exposure), almost all tadpoles present abnormalities (violet) (B) Late exposure: control in green circles (N = 60 at 31 days after hatching), methimazole in blue circles (N = 47 after 14 days of exposure), abnormalities appear in the half of tadpoles, and T4 in red-orange circles (N = 61 after 14 days of exposure), abnormalities appear in 75% of tadpoles. Black dots indicate doses.


Early T4 exposure accelerated differentiation and reduced the number of the stages of development (Figures 3, 5). When tadpoles were evaluated 18 days after hatching, most tadpoles were in later premetamorphic stages and earlier prometamorphic stages (four stages). Tadpoles at the end of experiment (31 days after hatching) were in prometamorphic stages (i.e., Gosner Stages 37–40). Tadpoles under late exposure to T4 reached prometamorphic stages (i.e., Gosner Stages 38–41) and metamorphic stages (Figures 4, 5).



Skull Skeleton Differentiation

In tadpoles exposed (early and late exposures) to methimazole and T4, specimens in prometamorphic stages show the differentiation of the nasal cartilages and the appearance of snout bones (nasal, septomaxillary, premaxillary) emerged in the sequences described for most anurans (Trueb, 1993; Fabrezi, 2011), without differences between disruptors (Figure 6).
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FIGURE 6. Skull skeleton in tadpoles after 31 days of larval development. (A) Control specimen at Gosner Stage 38. Incipient development of cartilages of olfactory capsule denoted by the white circumference. The ossification of frontoparietals and parasphenoid are already present. Accumulation of calcium is observed in the braincase. (B) Specimen of early exposure to T4 (Gosner Stage 40). Dorsal cartilages of the olfactory region and dermal ossifications (nasals, premaxillae, maxillae, septomaxillae, and squamosals) have differentiated and erosion of trabecular horns has started. Frontoparietals, parasphenoid and exoccipitals are advanced. Accumulation of calcium is observed in the braincase and vertebral column. (C) Specimen of early exposure to methimazole (Gosner Stage 40); same as the specimen described in (B). (D) Specimen of early exposure to methimazole (Gosner Stage 41). Erosion of larval structures (suprarostral cartilage and trabecular horns) is advanced. exo, exoccipital; fp, frontoparietal; mx, maxillary; n, nasal; pmx, premaxillary; smx, septomaxillary; sq, squamosal; sr, suprarostral; th, trabecular horn. Scale bar is equal 2 mm.




Abnormalities

At the end of experiments, we recorded abnormalities identified as an unusual morphology of the anal tube and hind limb asymmetry (Figure 7). The proportion of abnormalities was higher in those specimens under T4 exposures (95% early exposure and 75% late exposure) and near 50% in both treatments under methimazole (Figure 4).
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FIGURE 7. (A–D) Sequence of disappearance of vent tube in Pleurodema borellii in normal development observed in Gosner Stages 37, 39, 40, and 41. (E–H) Different morphologies of vent tube and asymmetry of legs in specimens exposed to methimazole. (I–L) Different morphologies of vent tube and asymmetry of legs in specimens exposed to T4. Scale bar is equal 2 mm.


The asymmetry of the hind limbs seems to be related to the incomplete development of the acetabulum; thus, the femur does not articulate with the pelvis but is suspended from the pelvis by soft tissues (Figures 8, 9). In the pelvis, the elongation of the ilium is different in each hemigirdle, and in some cases, there is no elongation (Figure 8).
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FIGURE 8. Abnormalities in girdles and limb skeletons and muscles. (A) Ventral view of the pelvis in a control specimen (Gosner Stage 40). (B) Right pectoral girdle and forelimb in a control specimen (Gosner Stage 40). (C,D,G) Girdle and limb skeleton in specimens exposed to methimazole at the end of experiments. (C) Femurs hung from rudiments of pelvis, right femur is curved, and the ilion is short. (D) Underdevelopment of pelvis and hind limbs joined by soft tissues to hypaxial muscles. (G) The coracoid cartilage is present but the procoracoid and the ossification of clavicle are defective. (E,F,H) Girdle and limb skeleton in specimens exposed to T4 at the end of experiments. (E,F) In both specimens the acetabulum is not well formed and the ilium is short. (H) The cartilaginous elements of each half of the girdle (coracoid, procoracoid and epicoracoid) show unequal differentiation and growth. (I) Lateral view of pelvis muscles (pelvis to femur) in control specimen at the end of experiment (Gosner Stage 38). The iliac shaft reached the limit between hypaxial and epaxial musculature. The schematic representation described the organization of three pelvic muscles: the muscle iliacus internus (red) originated at the basis of the ilium (blue) and inserted on the femur; the muscle iliacus externus (orange) attached along the anterior half of the iliac shaft and the tensor fasciae latae (green) from the laterointernal surface of the ilium to the thigh. This pattern is observed in the adult of Pleurodema borellii (Fabrezi et al., 2014). (J) Specimen under early exposure to methimazole after 31 days of larval development (Gosner Stage 38). The iliac shaft reaches the inferior half of hypaxial musculature and the muscles are also short. The tensor fasciae latae have loose fibers. (K,L) Specimens (Gosner Stage 38) under early exposure to T4 at the end of experiments. (K) The underdevelopment of the short iliac shaft is complemented with a short muscle iliacus externus. (L) The specimen without pelvic girdle and absence of pelvic muscles. The thigh is attached by soft connective fibers to hypaxial muscles as is observed in detail in (K). Bar is equal to 1 mm.
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FIGURE 9. Histology of pelvic girdles. (A,B) Control specimen (Gosner Stage 39). Section of the ilium-ischium cartilage. Each hemigirdle contacts with the opposite at the mid-ventral line. Epiphyses of the femur are well defined and fit in the acetabulum. The diaphysis of the femur is formed by hyaline cartilage with hypertrophic chondrocytes and incipient perichondral ossification. The epiphysis of the femur and the pelvic cartilage present abundant chondroblasts rounded by extracellular matrix. The organization of the thigh musculature is advanced. (C,D) Methimazole treated specimen (Gosner Stage 39). The rudimentary differentiation of femoral epiphyses and pelvic girdle indicates a delayed local development with the proliferation of chondroblasts, concomitant with a scarce extracellular matrix. The atrophy of muscles attached to the ilium, ischium, and proximal segment of the femur is evident. (E,F) Specimen exposed to T4 (Gosner Stage 39). The asymmetry of ilium-ischium cartilage and the absence of acetabulum precludes the articulation of hind limb. The asymmetry is also observed in the associated muscles. The histology of cartilage shows a pattern of chondrogenesis similar to control specimens. fe, femur; il ilium; is, ischium; mm il-fe, muscles originated in the ilium and inserted on the femur muscles; mm is-fe, muscles originated in the ischium and inserted on the femur; pg, pelvic girdle.


The development of the ventral elements of the pectoral girdle is also abnormal in specimens exposed to disruptors, although the glenoid cavity appears well defined and the humerus is articulated (Figure 8). In each half of the pectoral girdle, the procoracoids, coracoids, and epicoracoids have an asymmetric development and there is a delay in the endochondral ossification of the coracoid and in the differentiation of the clavicle.

The muscles iliacus externus, and tensor fasciae latae have origins on the iliac shaft and insert on the femur. The pattern described for Pleurodema borellii (Fabrezi et al., 2014) is observed in control tadpoles at Gosner Stage 38 (Figure 8). In specimens exposed to methimazole (early exposure) at similar stages, the muscle iliacus externus is shorter and compact and the tensor fasciae latae is formed by loose fibers (Figure 8). In specimens exposed to T4 (early and late exposures), few and loose fibers of the muscle iliacus externus are attached to the short ilium when it is present (Figure 8) or not when the cartilaginous iliac shaft is absent (Figure 8).

Histological sections (Figure 9) of specimens treated with methimazole revealed: malformed pelvic cartilages, absence of the acetabulum, and disorganized fibers in those muscles with attachments on the pelvis (Figure 9). The pelvis is amorphous and rudimentary, and the absence of acetabulum precludes the hind limb articulation. Numerous chondroblasts and reduced extracellular matrix constitute the pelvis and the proximal epiphysis of the femur (Figure 9). The histology of the pelvis and femurs of specimens treated with T4 showed similar chondrogenesis to that observed in controls, the hypertrophy of chondrocytes increases toward the middle of diaphysis (Figure 9). However, T4 exposure affected processes that model and shape the cartilages and the absence of acetabulum prevents the femur joint.



DISCUSSION


Effects of Disruptors on the Thyroid Gland

The effects of methimazole and T4 on TH synthesis and larval development are well known from experiments involving the model species Xenopus laevis. Some generalizations emerged from those studies: they described the concentrations at which these disruptors cause hypertrophy or atrophy of the thyroid gland, the effects of early or late exposure on development rates, and the consequences of the duration of exposure on sensitivity (Degitz et al., 2005; Opitz et al., 2006; Grim et al., 2009; Smirnov and Vassilieva, 2014; among others). In this study, continuous exposure to low concentration of methimazole and intermediate concentration of T4 for 31 days after hatching in Pleurodema borellii produced moderated changes in the thyroid gland histology.

In Xenopus laevis (Degitz et al., 2005), the severity of thyroid gland hypertrophy caused by methimazole depends on the concentration, although the minimal concentrations used in those experiments were higher (6.25 mg/l) and the period of exposure was shorter than in our treatments (Table 1). Fabrezi et al. (2019) found moderate hypertrophy of the thyroid gland with increment of growth in Pleurodema borellii and Leptodactylus chaquensis using a similar concentration of methimazole (6.6 mg/l) to those used in experiments of X. laevis (Degitz et al., 2005) and 10 and 16 days of exposure, respectively (Table 1). Here, we tested a lower concentration of methimazole (2.66 mg/l) starting the exposure in earlier larval stages (early exposure) for more days and we found the expected thyroid gland hypertrophy.

The severity of thyroid gland atrophy caused by T4 depends on the concentration, ranging from 0.25 to 4 μg/l, and the period of exposure (Series numbers 76 and 77—)1 in Xenopus laevis. A low concentration of T4 (0.83 μg/l) caused mild atrophy of the thyroid gland at 10 days of exposure in Pleurodema borellii and severe atrophy at 16 days of exposure in Leptodactylus chaquensis and Dermatonotus muelleri (Fabrezi et al., 2019). Furthermore, L. chaquensis and D. muelleri showed a notable acceleration of differentiation but not of growth, revealing interspecific differential responsiveness and sensitivity of different tissues to specific hormonal signals. In this study, the effects of medium concentrations (1.66 μg/l) of T4 on the thyroid gland of Pleurodema borellii were moderate despite differences in concentrations and days of exposure with the former experiments. Prolonged exposure to T4 may reduce sensitivity, as recorded in Xenopus laevis (Degitz et al., 2005).



Changes in Growth and Differentiation Rates

Under natural conditions, Pleurodema borellii growth is accelerated at the beginning of larval development (between Gosner Stages 25–30) and then it continues with a moderate increase up to the beginning of metamorphosis. Larval development shows strong heterochronies, since after 20 days of development some tadpoles are in stages of the limb bud and others are reaching the end of premetamorphic stages. Larval development takes 60 days on average (Cruz, 2020).

Acceleration in growth —which was remarkable in prometamorphic larval stages—was observed when tadpoles were exposed early to methimazole (Figures 3–5). Furthermore, methimazole did not delay differentiation or inhibit metamorphosis; on the contrary, it was observed individual differences, with some tadpoles reaching metamorphosis while others have just reached premetamorphic states. Phuge et al. (2021) reported the ethylenethiourea (a thyroid inhibitor) did not affect metamorphosis in Sphaerotheca pashchima and at lower concentrations stimulated metamorphosis in the anuran Indosylvirana caesari, and suggested differences in the larval development duration and sensitivity. Our experiments revealed that the stage at which exposure started had an impact on larval differentiation, since tadpoles exposed earlier to methimazole reached metamorphosis whereas tadpoles exposed later remain in prometamorphosis. Then, the effects of disruptor at limb bud stages (i.e., Gosner Stages 25–29) may trigger acceleration of growth and changes in differentiation rates, resulting in the increment of developmental variability and stimulating metamorphosis.

Early exposure to T4 also caused significant variation in growth increase; however, the curve shows a deceleration and reduction of growth variability when prometamorphic stages were reached after 18 days after hatching (Figure 3). Early and late T4 exposures also accelerated differentiation, with most tadpoles reaching prometamorphosis after 31 days after hatching. Reduction in the variability of development is noticeable, since the controls spanned nine developmental stages (31–40), whereas tadpoles exposed early to T4 spanned five stages (37–41) at the end of experiments.

Under wild conditions, sustained growth over time is associated with a temperate climate and/or permanent ponds, which provide good environmental conditions to ensure metamorphosis (Emerson, 1988; Roček et al., 2006) or the spontaneous absence of thyroid glands that preclude metamorphosis (Rot-Nikcevic and Wassersug, 2003, 2004). In turn, rapid development is related to unpredictable environmental conditions, in which an abundance of resources suggests that increased protein in the diet enhances either growth or differentiation (Kupferberg, 1997). In P. borellii, exposure to methimazole produces variation that resembles the larval development of those species with high developmental variability, like Pseudis platensis (Fabrezi et al., 2009; Fabrezi, 2011; Cruz and Fabrezi, 2019), whereas early T4 exposure reduces variation like the larval development of those species that develop rapidly before the pond dries (Fabrezi, 2011; Fabrezi and Cruz, 2014). Furthermore, similar growth and differentiation rates in sister tadpoles forming schools are typical of some species of genus Leptodactylus (de Sá et al., 2014). The role of T4 to reduce the variability in larval development was also observed in Leptodactylus macrosternum (Fabrezi et al., 2019).



Skull Skeleton Differentiation

Tadpoles exposed at very low or intermediate concentrations of methimazole and T4, respectively, showed internal changes concomitant with the stages reached. Differentiation of the cartilaginous skeleton of olfactory capsules and of bones of the rostral region, and resorption of larval cartilages (suprarostral and trabecular horns) follow the sequence described for most species (Trueb, 1993; Fabrezi, 2011). By contrast, tadpoles of Dermatonotus muelleri exposed to lower concentrations of T4 revealed cartilaginous skull remodeling among other metamorphic features even when hind limb development indicated Gosner Stages 38–39 (Table 2; Fabrezi et al., 2019).

Rose and Cahill (2019) used thyroid gland inhibitors to isolate the effects of T3 and T4 at specific concentrations, and described changes in growth and differentiation of cranial cartilages during larval development of Xenopus laevis. They found differences in the timing in which T4 (earlier) and T3 (later) induced remodeling; absence of dose-dependent responses among stages, and differences of morphological changes when thyroid gland inhibitors were applied. Our results revealed weak inhibition of the thyroid gland activity and supplementation of T4 did not affect sequences of skull bone differentiation.



Abnormalities

Externally, abnormal morphogenesis is observed as an asymmetry of the hind limbs, linear arrangement of the limb segments, and the modification of the vent tube. The combination of these altered morphologies was observed in two control specimens (N = 61), the half of specimens under methimazole exposures, and almost all T4 specimens from early exposure and the 75% from late exposure (Figure 5).

Cruz (2020) described the disappearance of the vent in Gosner Stage 40 as the first external signal of metamorphic change in P. borellii. Moreover, Manzano et al. (2013), for this species, reported the differentiation of ischium/pubis at Gosner Stage 33, cavitation of the acetabulum at Gosner Stage 35, and contact of both pubes at Gosner Stage 41. Concomitantly, the development of the muscles with origin in the ischium and ilium (e.g., the M. iliacus internus, M. tensor fasciae latae, M. iliacus externus) which will insert along the femur occurs at Gosner Stages 36–37 when the iliac shaft grows (Fabrezi et al., 2014). The critical stages in which the abnormal morphologies originated are those in which differentiation of the pelvic girdle takes place (Gosner Stages 33–35). Skeletons showed asymmetry of pelvic elements, absence of the acetabulum, and deficient elongation of the iliac shaft with the consequence in the incomplete or failure of muscles differentiation. Furthermore, Van Dijk (1959) described spatially (structural) and temporal relationships among limb-girdles tissues, and hypaxial and abdominal muscles, which could be forming the larval vent tube and the adult cloaca. The abnormal morphogenesis of musculoskeletal elements of the pelvic girdle and adjacent tissues (i.e., vent tube) resulting from the endocrine disruption agree with studies that demonstrated an early hormonal sensitivity of limb mesenchyme at limb bud stages (Cai and Brown, 2004) which could be extended to subsequent stages (e.g., when the cartilages of the femur and pelvic girdle are differentiating, and the organization of the thigh musculature begins).

Methimazole and T4 affected the morphogenesis of the early anlages of pelvic girdles (ischium-pubis and ilium). However, exposure to T4 did not affect chondrogenesis but the shape and growth of the pelvic elements. This fact is consistent with studies that have demonstrated the role of T4 in specific mechanisms regulating cartilage shape and growth (Rose et al., 2015; Rose and Cahill, 2019).

The thyroid hormones are fundamental during anuran metamorphosis. However, tail locomotion (Wassersug, 1975; Handrigan and Wassersug, 2007) and quadruped locomotion (Ročková and Roček, 2005; Manzano et al., 2013; Fabrezi et al., 2014) imply different tissues and developmental processes: tail locomotion disappears and quadruped morphology appears without remodeling. We observed certain parallelism in the response to methimazole and T4 suggesting the occurrence of a temporal and local sensitivity to the TH in the tissues precursors of limb and girdles during premetamorphic stages (25–35). Furthermore, thyroid gland inhibition by methimazole in Xenopus subtropicalis at larval stages of limb differentiation also prevents the formation of the hypochord, which is part of the urostyle (Senevirathne et al., 2020).

To conclude, we have analyzed endocrine disruption by testing two thyroid active substances (methimazole and T4) during larval development of the frog Pleurodema borellii in mesocosm experiments. We found the concentrations and exposure time affect thyroid gland histomorphology without suppression of glandular activity. The sensitivity of larval stages of premetamorphosis (Gosner Stages 25–36) to disruptors leads to modification of growth and differentiation rates. These changes in developmental rates resemble patterns of larval development of other anuran species. Even when antagonistic disruptors were tested, exposure to a low concentration of methimazole and intermediate concentration of T4 produced convergent abnormal morphogenesis in pelvic and pectoral girdles, and the sequence of disappearance of the vent tube revealing the role of thyroid axis signals acting appendicular morphogenesis much before metamorphosis.
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The biphasic life history of amphibians includes metamorphosis, a complex developmental event that involves drastic changes in the morphology, physiology and biochemistry accompanying the transition from the larval to adult stage of development. Thyroid hormones (THs) are widely known to orchestrate this remodeling and, in particular, to mediate the development of the bony skeleton, which is a model system in evolutionary morphological studies of amphibians. Detailed experimental studies of the role of THs in the craniogenesis of diverse urodelan amphibians revealed that (i) these hormones affect both the timing and sequence of bone formation, (ii) TH involvement increases in parallel with the increase in divergence between larval and adult skull morphology, and (iii) among urodelans, TH-involvement in skull development changes from a minimum in basal salamanders (Hynobiidae) to the most pronounced in derived ones (Salamandridae and Plethodontidae). Given the increasing regulatory function of THs in urodelan evolution, we hypothesized a stronger involvement of THs in the control of skeletogenesis in anurans with their most complex and dramatic metamorphosis among all amphibians. Our experimental study of skeletal development in the hypo- and hyperthyroid yellow-bellied toad (Bombina variegata: Bombinatoridae) supports the greater involvement of THs in the mediation of all stages of anuran cranial and postcranial bones formation. Similar to urodelans, B. variegata displays enhancing TH involvement in the development of cranial bones that arise during larval ontogeny: while the hormonal impact on early larval ossifications is minimal, the skull bones forming during metamorphosis are strictly TH-inducible. However, in contrast to urodelans, all cranial bones, including the earliest to form, are TH-dependent in B. variegata; moreover, the development of all elements of the axial and limb skeleton is affected by THs. The more accentuated hormonal control of skeletogenesis in B. variegata demonstrates the advanced regulatory and inductive function of THs in the orchestration of anuran metamorphosis. Based on these findings, we discuss (i) changes in THs function in amphibian evolution and (ii) the role of THs in the evolution of life histories in amphibians.
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INTRODUCTION

The amphibian life cycle consisting of water-dwelling larvae and terrestrial adults is unique among vertebrate animals. The main event in amphibian development is metamorphosis, a cascade of transformations at the molecular, biochemical, physiological, and morphological levels (for reviews, see, e.g., Fritzsch, 1990; Furlow and Neff, 2006; Brown and Cai, 2007). The extent of this transformation differs in the different amphibian lineages. Caecilians, a very specialized group of fossorial or aquatic amphibians, display only moderate morphological reorganization limited mainly to the loss of gills and rebuilding of the palatal region of the skull and hyobranchium (Wake, 1989; Reiss, 1996). At metamorphosis, urodelans retain the overall larval body plan, although undergo profound changes in the external and internal morphology. In them, resorption of the external gills and caudal fins is accompanied by changes in the skull structure: larval provisory bones disappear, and adult bones appear (Rose, 2003). In anurans, metamorphic transformation is extremely profound and results in the remodeling of the body plan: fish-like aquatic larvae transform into tailless terrestrial animals adapted to jumping. At metamorphosis, the larval cartilaginous jaw apparatus is replaced by an adult bony apparatus, suspensorium undergoes rebuilding, and the jaw joint shifts posteriorly (Roček, 2003).

Based on these differences in the degree of metamorphic transformations, the evolution of amphibian metamorphosis was hypothesized to be a transition from slow, gradual, and ill-defined metamorphosis in the recent amphibians’ ancestors, temnospondyls, to explosive, necrobiotic anuran metamorphosis with complete disappearance of some larval elements and/or complete remodeling of the others (Reiss, 2002; Schoch, 2009).

Thyroid hormones (THs) are well known to play a key role in the mediation of amphibian metamorphosis; mechanisms and functions of thyroid hormone signaling are widely described in numerous publications (for reviews, see, e.g., Galton, 1992; Tata, 1999; Fort et al., 2007; Grimaldi et al., 2013). The development and functional dynamics of the thyroid gland have been studied in a number of anuran and urodelan species; typically, in biphasic amphibians completing metamorphosis, the level of THs is low in early larval stages, rises closer to metamorphosis, reaches its peak at metamorphic climax when most transformation occurs and then lowers after full metamorphic transformation (for anurans, see, e.g., Regards et al., 1978; Weil, 1986; Weber et al., 1994; for urodelans, Eagleson and McKeown, 1978; Larras-Regard et al., 1981; Alberch et al., 1986). The role of THs in the evolutionary diversification of amphibian developmental patterns (metamorphosis, neoteny, and direct development) is rather well documented (Laudet, 2011). However, while our knowledge on the function of the thyroid axis at the level of thyroid receptors, gene expression and interplay with different endocrine factors, among others, is rather extensive, the role of THs in “the last link,” morphogenesis, remains rather poorly studied.

TH-mediation in the development of the amphibian skeleton is also relatively poorly studied. This is extremely surprising since the skeleton is a traditional model system for evo-devo investigation. Thus, in amphibians, most studies on different heterochronies (now considered one of the main mechanisms of evolutionary changes) are based on data from skeletal morphology (e.g., Reilly et al., 1997; Schlosser, 2001; Sheil et al., 2014).

Although skeletal changes accompanying amphibian metamorphosis are proposed to be TH-mediated, concrete studies aimed at investigating this phenomenon are rather rare. Apodans remain unstudied in this respect. Compared with them, urodelans (salamanders) seem to be rather well studied. Thus, dysfunction of the thyroid axis was revealed to account for the absence of several bones in neotenic salamanders retaining larval cranial morphology as an adult morphology (Larsen, 1968; Rosenkilde and Ussing, 1996; Rose, 2003). Thyroid axis involvement in the cranial development of plethodontids and salamandrids was estimated in a series of experiments with exogenous TH and goitrogen treatment of larvae developing in a regime of high and low TH levels or hypophysectomized larvae (Rose, 1995a, b, 1996; Clemen and Greven, 2018; Ajduković et al., 2021).

In our laboratory, the role of THs in the skeletal development of salamanders has been studied during the last two decades. For this aim, changes in skeletal morphology (timing and sequence of bone appearance) were compared in larvae reared under different TH regimes: normal (in control larvae), low (under treatment with a goitrogen, thiourea, causing TH-deficiency), and high (under treatment with exogenous TH, triidothyronine at different concentrations). This standard protocol of the experiment was applied to both the basal and derived salamanders: the Siberian newt Salamandrella keyserlingii (Hynobiidae), axolotl Ambystoma mexicanum (Ambystomatidae), the Ribbed newt Pleurodeles waltl and Smooth newt Lissotriton vulgaris (Salamandridae) (Smirnov and Vassilieva, 2003, 2005; Smirnov et al., 2011, 2020). Accumulated evidence suggests that urodelan evolution is accompanied by an increasing TH-impact on cranial metamorphic remodeling (Smirnov, 2006).

Concerning anurans, similar experimental studies are relatively scarce. Although the pattern of their metamorphosis proposes an important role of THs in the orchestration of numerous complex transformations occurring in synchrony, our knowledge on the role of THs in anuran skeletal development remains fragmentary. Thus, TH-treatment was shown to accelerate the development of several cranial bones in Lithobates pipiens (Ranidae) and in the Oriental fire-bellied toad Bombina orientalis (Bombinatoridae) (Kemp and Hoyt, 1965a, b; Hanken and Hall, 1988b). Additionally, treatment with goitrogens inhibiting thyroid function or exogenous thyroid hormones resulted in changes in the rate of metamorphic transformations in the chondrocranium of B. orientalis, Clawed frog Xenopus laevis (Pipidae), and direct-developing frog Puerto Rican Coqui Eleutherodactylus coqui (Eleutherodactylidae) (Hanken and Summers, 1988; Callery and Elinson, 2000; Rose and Cahill, 2019). Our preliminary experiments revealed that in X. laevis and the Common frog Rana temporaria (Ranidae), development of most cranial bones is dependent upon the TH-level (Vassilieva and Smirnov, 2007; Smirnov and Vassilieva, 2014). Recent experiments involving parallel TH and goitrogen treatment of several non-model leptodactylid frogs revealed, correspondingly, accelerating and inhibiting effects on some cranial bones (Fabrezi et al., 2019). Moreover, THs seem to influence the development of the postcranial skeleton since ossification of limbs and axial skeleton was shown to be TH-mediated (Kemp and Hoyt, 1969; Fabrezi et al., 2019; Senevirathne et al., 2020).

Although this evidence does not provide a complete picture of the role of THs in skeletal development, it proposes that THs are involved in the mediation of metamorphic transformation to a greater extent in anurans than in urodelans. To test this hypothesis, we experimentally studied the role of THs in the skeletal development of the Yellow-bellied toad Bombina variegata (Bombinatoridae). To make the results comparable, we used the same experimental protocol both for this toad and salamanders previously studied by us.

The reason we chose this toad to study is that (i) the morphology and skeletal development of Bombina were previously described in detail (e.g., Maglia and Púgener, 1998; Lukas and Olsson, 2020; Roček et al., 2021), (ii) B. orientalis was used in pioneering experimental studies on the TH-mediation of cranial development in anurans (Hanken and Hall, 1988b; Hanken and Summers, 1988), and (iii) B. variegata belongs to the basal anuran family.

Based on our observations and published data on TH-involvement in the skeletal development of anurans and urodelans, we discuss (i) the evolution of TH-function in the amphibian phylogeny and (ii) the putative role of THs in the evolution of amphibian life histories.



MATERIALS AND METHODS

The ontogenetic series of Bombina variegata larvae were obtained and reared under laboratory conditions in two sets of experiments using different concentrations of TH. Egg clutches for Experiment I performed in 2007 derived from the breeding group of five males and five females of B. variegata obtained from trade. Breeding was stimulated by injections of the adults with chorionic gonadotropin. Clutches for Experiment II performed in 2019 derived from spontaneous spawning of a B. variegata breeding group (four males and three females) housed in the batrachological section in the Moscow Zoo (Moscow, Russia). Larvae were reared in aquaria with different experimental media: (i) clear tap water (controls); (ii) alkaline solutions of 3,31,5-triiodothyronine (T3; Sigma Chemical Co., Germany) at concentrations of 2 × 10–8 M, 2 × 10–9 M, and 2 × 10–10 M; and (iii) 0.02% and 0.04% solutions of goitrogen thiourea (TU; Solins, Russia). Previously, similar concentrations of T3 and TU were used in experimental studies of the TH-effect on skeletogenesis in urodelan (Smirnov and Vassilieva, 2003, 2005; Smirnov et al., 2011, 2020) and anuran amphibians (Vassilieva and Smirnov, 2007; Smirnov and Vassilieva, 2014). In Experiment I, treatment of the different groups of larvae with T3 and TU started at 6 and 7 days posthatching (dph), respectively, soon after the beginning of exogenous feeding. In Experiment II, T3-treatment of tadpoles started at six dph and at 15 dph. In total, 206 and 106 specimens were used in Experiments I and II, respectively; for details, see Table 1.


TABLE 1. Specimens of Bombina variegata examined in the experimental study.
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The animals from every experimental and control group were kept at the same density (120 L aquaria, each initially containing approximately 30 larvae) and temperature 18–22°C under a natural light regime. One-half of the rearing medium was replaced every day. The larvae were fed ad libitum with chopped and scalded common nettle leaves (Urtica dioica). The larvae were reared until the end of metamorphosis (normal and TH-induced) or until the end of the experiment for the TU-treated individuals (over 120 days for several specimens). The larvae were sampled at regular intervals (every day or every 2nd day for controls and TU-treated larvae, every day for TH-treated larvae, and every week for TU-treated larvae older than 2 months) and fixed in 10% neutral buffered formalin. The larvae were staged following Gosner (1960), and the snout-vent length (SVL) was measured with an electronic caliper to the nearest 0.1 mm. One specimen, a mature male (SVL 41.2 mm) among breeding group (Experiment I), was used to examine adult skeletal morphology. All specimens were prepared as skeletal whole mounts. They were stained with Alizarin red to detect calcium deposits and cleared in KOH; additionally, three to five specimens from the control and experimental groups were stained with Alcian blue for cartilage following the protocol described by Wassersug (1976). The whole mounts were analyzed for skeleton development under a stereomicroscope (Olympus SZX7) with digital photo attachment. The timing of ossification was recorded as the first observable sign of Alizarin red staining. The terminology used for the bones and cartilages generally follows Maglia and Púgener (1998). For actual taxonomy, we followed an updated database by Frost (2021).

All procedures were carried out in accordance with the Severtsov Institute’s Animal Ethics Committee.



RESULTS


Larval Development Under Different Hormonal Regimes

Larvae hatch after 6 days of embryonic development and start exogenous feeding on 4–5 dph. Control tadpoles start to leave the water at 30–31 dph, and the first of them complete metamorphosis at 33–34 dph.

At 2 × 10–10 M T3, developing tadpoles do not differ externally from the norm, and the rate of metamorphosis is only slightly accelerated.

At 2 × 10–9 M T3, larval development is strongly accelerated, resulting in precocious metamorphosis: the first metamorphs leave the water and attain St. 46 approximately 10 days before the norm, being markedly smaller in size (see Table 1). The external metamorphic changes of the head, tail, and skin structures anticipate Gosner’s staging based on the development of the limbs: by St. 38, the tail fins start to reduce, the cloacal tail piece is absent, the keratodonts and mouth sheaths are lost, the snout shortens and the eyes become enlarged and more salient.

At 2 × 10–8 M T3, metamorphic changes of the skin structures (reduction of tail fins, cloacal tail piece, and opercular fold) and mouthparts (loss of keratodonts and mouth sheaths) as well as tail resorption, head transformation (shortening of the snout, eyes and nostrils bulging), and larval gut remodeling, are greatly accelerated. The discrepancies between the staging based on limb development (differentiation of the digits) and head transformation attain several stages: e.g., after 14 days of treatment, at 20 dph, tadpoles with hindlimb differentiation corresponding to Stage 36 or 37 display the erupted forelimbs, oral disk loss and mouth width corresponding to Stage 42. These tadpoles stop feeding and do not develop further; at this stage, the experiment is terminated.

In goitrogen-treated (TU 0.02%) larvae, development is markedly retarded. The most advanced individuals reach St. 43–44 and begin to leave the water at 69–70 dph, but none of them complete metamorphosis during the experiment. Several individuals arrest development at St. 38. No specific changes in the external morphological features are observed in them compared with the norm.

Tadpoles treated with 0.04% TU stop developing at the late midlarval stages (38–39), and none of them begin any metamorphic transformations during the experiment. Many individuals display lateral curvatures of the posterior part of the vertebral column or tail.



Bony Skull Development Under Different Hormonal Regimes


Control Groups

The adult osteology and normal skeletal development of B. variegata revealed in our study are mostly consistent with those of B. orientalis, described in detail by Hanken and Hall (1984, 1988a) and Maglia and Púgener (1998). Adult morphology differs mainly in the absence of the interfrontal bone in the skull roof in B. variegata and the absence of the fusions of vertebrae I + II and VII + VIII, found in B. orientalis (Maglia and Púgener, 1998) but not observed in our adult specimen.

The typical sequence and staging of skeletal ossification in normally developing larvae are summarized in Table 2. The first signs of ossifications appear at the early St. 36, in approximately two-week-old, fast growing tadpoles. Cranial ossification usually starts with the dermal bone parasphenoid underlying the neurocranium. This is followed by the paired dermal frontoparietal in the skull roof. This midlarval skull development is completed by the formation of the first endochondral bone, the paired exoccipital, which appears behind the well chondrified otic capsule lateral to the foramen magnum.


TABLE 2. Sequence of skeletal ossification in Bombina variegata listed as the earliest bones appearance (normal development).
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The premetamorphic phase of development starting at St. 39 is characterized by the appearance of several paired dermal bones in the rostral part of the skull. The premaxilla arises on its frontal surface. The facial process of this bone is the first to form; it persists as a single ossified portion of the premaxilla until the onset of metamorphosis (Figure 1). The septomaxilla forms as a small semicircular ossicle close to the narial opening. The next bones to appear, the vomer on the skull base anterior to the parasphenoid and the nasal on the dorsal surface of the nasal capsules, form almost synchronously.


[image: image]

FIGURE 1. Normal development of the premaxilla in Bombina variegata. (A) Stage 37; (B) Stage 42; (C) Stage 44; (D) Stage 45. Abbreviations: max, maxilla; nas, nasal; pd pmax, dental process of the premaxilla; pf pmx, facial process of the premaxilla; pmx, premaxilla; spm, septomaxilla. Scale bar 1 mm.


The metamorphic period beginning with the appearance of the forelimbs at St. 42 is characterized by a drastic head transformation and the formation of several dermal bones. The squamosal on the lateral side of the palatoquadrate and the angulosplenial on the ventral surface of Meckel’s cartilage arise simultaneously. At the same time, the dental process of the premaxilla forms ventral to the facial process and then fuses to the latter, forming an entire bone. The maxilla appears lateral to the premaxilla in the upper jaw and grows toward the corners of the laterally expanding mouth opening. The dentary arises in the lower jaw medial and rostral to the angulosplenial. The quadratojugal forms on the lateral surface of the palatoquadrate near the jaw joint; next, the pterygoid appears on the inner surface of the same cartilage in the oral cavity roof. Finally, the endochondral prootic bone appears in the anterior part of the otic capsule; by metamorphosis completion, the otic capsule becomes partially ossified due to the expanding growth of the exoccipital and prootic in its posterior and anterior parts, respectively. Toward the end of metamorphosis, at St. 46, the only hyobranchial ossification, the endochondral os thyroideum appears as paired thin rod-like anlagen, but in our series, it is present in only one of five postmetamorphic animals.

In the samples studied, the endochondral mentomeckelian and sphenethmoid fail to appear in the young metamorphs; their formation is shifted to postmetamorphic development.

The sequence of skeletal development is almost invariable: in both control groups, only in a single specimen does the parasphenoid appear after the frontoparietals. The observed variability between Norm I and Norm II is limited mostly to temporal differences; thus, in Norm I, ossification starts on the 14th dph and is completed in 23 days, by 37 dph, in contrast to the 20th dph and 14 days, by 34 dph, respectively, in Norm II (Table 3).


TABLE 3. Timing (the earliest registration in dph) of cranial bones appearance in larval Bombina variegata under different experimental regimes.
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T3-Treated Tadpoles

Changes in the timing and sequence of cranial bone appearance in T3-treated tadpoles are summarized in Tables 3, 4.


TABLE 4. Sequence of cranial bones appearance in larval Bombina variegata under different experimental regimes.
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At the lowest T3 concentration, 2 × 10–10 M, the timing of the appearance of the first skull bones, parasphenoid and frontoparietal, remains unchanged compared with the norm. Other ossifications normally arising in the midlarval, premtamorphic, and early metamorphic periods (exoccipital, premaxilla, septomaxilla, vomer, nasal, angulosplenial, and squamosal) appear somewhat precociously compared with the norm (Table 3). Additionally, they are slightly shifted to earlier developmental stages: the premaxilla and vomer appear in Stages 37–38, and the angulosplenial, squamosal, and nasal appear in Stages 39–40. Moreover, the sequence of bone appearance is somewhat altered: the vomer arises precociously, before the septomaxilla, nasal, and angulosplenial, thus changing its sequence position from 6–7 to 5 (Table 4). Bones normally appearing at late metamorphosis, in St. 43–46 (maxilla, dentary, quadratojugal, pterygoid, and prootic) form in the same sequence and at approximately the same time as in controls (Norm I), except for the os thyroideum, which fails to appear during the experiment.

At the higher T3 concentration of 2 × 10–9 M, no changes in the timing and stage of the appearance of the parasphenoid and frontoparietals are detected, whereas the formation of all remaining cranial bones is strongly affected in both timing and sequence. They form faster than both in the norm and under T3 2 × 10−10 M and mostly at earlier developmental stages. Thus, the premaxilla and vomer arise simultaneously with the slightly accelerated exoccipital at St. 37, followed during the same stage by the simultaneously forming septomaxilla, nasal, and angulosplenial and then squamosal, dentary and maxilla (St. 37–38). The appearance of the pterygoid varies within stages 38–40 and slightly anticipates the quadratojugal, thus changing its sequence position from 13 to 12 (Table 4). The prootic and os thyroideum do not form in this group by the end of metamorphosis. The developmental pattern of individual bones is somewhat affected: in the developing premaxilla, the dental process either almost immediately follows the facial process, or its separate anlage is not observed, and the premaxilla seems to appear as an entire bone. Often, the vomer develops from two separate ossifications, the medial and lateral centers. In single specimens, the nasal, squamosal, and pterygoid also ossify from two anlagen.

At the highest T3 concentration, 2 × 10–8 M, beginning from early developmental stages (6 dph), the timing and sequence of bone appearance are strongly altered (Tables 3, 4). Unlike the norm, the first to appear are the premaxilla and dentary (Figure 2), which change their sequence positions from 4 and 11, respectively, to 1-2 in both. They are closely followed by the frontoparietal (shifting from 1–2 to 3) and, almost immediately, by the parasphenoid and septomaxilla (shifting from 1–2 and 5, respectively, to 4–5 in both). The appearance of the vomer, greatly accelerated relative to the norm, is anticipated by the more or less simultaneous formation of squamosal, angulosplenial, maxilla (which fuses laterally to the premaxilla, Figure 3A), and quadratojugal. By shifting its sequence position from 6–7 to 10, the vomer becomes the last bone to form, since the remaining several dermal and endochondral bones fail to appear by the end of the experiment.
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FIGURE 2. First cranial bones to appear in Bombina variegata: (A) in norm II, Stage 37, 24 dph; (B) in T3 2 × 10–8 M (early), Stage 35, 17 dph. Abbreviations: den, dentary; exo, exoccipital; frp, frontoparietal; pmx, premaxilla; prs, parasphenoid. Scale bar 1 mm.
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FIGURE 3. Development of the premaxilla in Bombina variegata: (A) in T3 2 × 10–8 M (early), Stage 35, 18 dph; (B) in TU 0.02%, Stage 43, 75 dph. For abbreviations, see Figures 1, 2. Scale bar 1 mm.


At 2 × 10–8 M T3 beginning from the midlarval stages (15 dph), the appearance of the earliest bones normally arising at St. 36–37 (parasphenoid, frontoparietal, and exoccipital) remains mostly unchanged. Other bones display a marked acceleration of their appearance (Table 3) as well as alterations in the order of their appearance: the premaxilla and septomaxilla immediately follow the parasphenoid and frontoparietal, thus appearing before the exoccipital. The squamosal, maxilla, angulosplenial, dentary, and quadratojugal arise nearly simultaneously, followed immediately by the vomer. The remaining bones (nasal, prootic, pterygoid, and os thyroideum) do not appear during the experiment. Some bones display changed pattern of development. Thus, in contrast to the norm, the formation of the premaxilla begins with its dental part and not with the facial process (Figure 4). Additionally, the premaxilla fuses with the maxilla on each side of the skull to form a paired compound bone that expands laterally and occupies the entire upper jaw. The facial processes of both the premaxilla and maxilla remain low and underdeveloped. Multiple centers of ossification are detected in the developing parasphenoid and frontoparietal bones (Figure 5).


[image: image]

FIGURE 4. Development of the premaxilla and maxilla in Bombina variegata at T3 2 × 10–8 M (late): (A) Stage 36, 22 dph (B) Stage 37, 24 dph. For abbreviations, see Figures 1, 2. Scale bar 1 mm.
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FIGURE 5. Multiple ossification centers in Bombina variegata at T3 2 × 10–8 M (late): (A) in the parasphenoid, Stage 37, 24 dph (B) in the frontoparietal, Stage 36, 22 dph. For abbreviations, see Figures 1, 2. Scale bar 1 mm.




TU-Treated Tadpoles

At TU 0.02%, bones forming in the midlarval, premetamorphic and early metamorphic periods appear in the same sequence as in the norm, but the timing of their appearance is delayed (Tables 3, 4). Bones normally appearing close to metamorphosis (quadratojugal, pterygoid, prootic, and os thyroideum) fail to form even after four months of the experiment. Certain dermal bones display multiple ossification centers in their development; e.g., two ossified anlagen are usually detected in the angulosplenial (the medial and the lateral one); in the premaxilla, the facial process and dental portion remain separate almost until the end of the experiment (Figure 3B).

At TU 0.04%, only three of the first appearing bones (parasphenoid, frontoparietal, and exoccipital) arise, and the appearance of the last is strongly delayed relative to the norm (Table 3). Multiple ossification centers usually appear in the developing frontoparietal and parasphenoid.




Effect of T3-Treatment on the Larval Chondrocranium

The pattern of remodeling of the larval chondrocranium and hyobranchium in B. variegata at 2 × 10–8 M T3 (Experiment II, treatment started at 6 and 15 dph) is mostly consistent with that in TH-treated B. orientalis, described in detail by Hanken and Summers (1988).

Tadpoles sampled after 5, 7, 9, and 11 days of T3-treatment display gradual metamorphic transformations of the larval cartilaginous elements of the skull and hyobranchium well before such remodeling starts in the norm. The timing of these transformations does not depend upon the stage and time of the onset of the treatment. In both groups (with early and late beginning of T3-administration), the first signs of the remodeling (partial resorption of the medial part of the suprarostral cartilages and the rostral ends of the trabecular horns, and the disappearance of the joint between the infrarostral and Meckelian cartilages) are clearly apparent after 5 days of treatment (11 dph and 20 dph, respectively). After 9 days of T3-administration, in comparison to the norm (Figures 6A,B) of the same age, the T3-treated tadpoles display a transitional stage of cartilage remodeling normally characteristic of early metamorphic St. 42–43. In them, the suprarostral cartilage is mostly resorbed, retaining only the rudiments of the lateral alae; the trabecular horns are strongly eroded; palatoquadrate displays partial erosion of the anterior quadratocranial commissures and ascending processes; a thin laminar cartilage appears on the place of the future roof of the nasal capsule, forming the primordium of the cartilaginous tectum nasi; infrarostral cartilage fuses with Meckelian cartilage, forming a single cartilaginous mandible (Figure 6C); in the hyobranchium, the basihyal (copula I) is resorbed, and the ceratobranchial cartilages become thinner and lose the transverse commissures (Figure 6D). After 11 days of T3-treatment, the suprarostral cartilage and trabecular horns disappear entirely, and the lower jaw achieves its metamorphic shape. However, remodeling of the palatoquadrate is somewhat delayed; although the subocular arcs are eroded, the anterior quadratocranial commissures and ascending processes still persist; therefore, the joint with the Meckelian cartilage is not displaced backward, and the transformed lower jaw protrudes forward of the upper jaw (Figure 6E). In the hyobranchium, the resorption of the ceratohyal is in progress (Figure 6F).
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FIGURE 6. Larval chondrocranium and hyobranchium of Bombina variegata in normally developing and TH-treated tadpoles: (A,B) norm, Stage 35, 15 dph; (C,D) after 9 days of treatment with T3 2 × 10–8 M, limb development corresponding to Stage 35, 15 dph; (E,F) after 11 days of treatment with T3 2 × 10–8 M, limb development corresponding to Stage 35, 17 dph. Abbreviations: ac, anterior commissure of palatoquadrate; ap, ascending process of palatoquadrate; bb, basibranchial; bh, basihyal; cb, ceratobranchials; ch, ceratohyal; den, dentary; irc, infrarostral cartilage; Mc, Meckelian cartilage; oc, otic capsule; pmx, premaxilla; pq, palatoquadrate; src, suprarostral cartilage; tn, tectum nasi; th, trabecular horns. Scale bar 1 mm.




Development of the Postcranial Bony Skeleton Under Different Hormonal Regimes

In normal development, ossification of the axial skeleton begins with the basal parts of neural arches II–IV, more or less simultaneously with the formation of the first cranial bones at early St. 36 (Table 2). Neural arch of the vertebra I starts to ossify with some delay, when the arches of vertebrae II–V are already ossified. During the midlarval period, all neural arches of the presacral (I–VIII) and sacral (IX) vertebrae become ossified, and signs of ossification in the centra appear. By the end of St. 38, the neural arch of postsacral vertebra X ossifies simultaneously with the appearance of a thin elongated hypochord plate ventral to the notochord. During the premetamorphic period, the neural arch of the second postsacral vertebra (XI) ossifies and start to slightly elongate in the posterior direction. Soon, the neural arches of vertebrae X and XI fuse together, forming the primordium of the coccyx. By the end of metamorphosis, the coccygeal vertebrae fuse with the hypochord, completing the formation of the urostyle. During the metamorphic stages, the ribs fused to vertebrae II–IV progressively ossify.

Under T3-treatment, elements of the axial skeleton ossify earlier relative to the norm (Table 5). Under TU-treatment, a delay in the ossification of the vertebrae is observed; the most delayed vertebrae under TU 0.02% are vertebrae X–XI forming the coccyx. Under TU 0.04%, the retardation of the development of vertebrae I–X is more pronounced. Ossifications normally appearing in premetamorphic and metamorphic periods (hypochord, vertebra XI, and ribs) do not arise at TU 0.04% until the end of the experiment and the urostyle does not form (Table 5).


TABLE 5. Timing (the earliest registration in dph) of the postcranial skeletal elements appearance in larval Bombina variegata under different experimental conditions (Experiment I).

[image: Table 5]
In the normal development of the appendicular skeleton, forelimb formation is slightly delayed relative to hindlimb formation (see Table 5) but usually occurs at the same developmental stages (Table 2). Most bony elements of the pectoral and pelvic girdles form during the midlarval stages except for the ischium, which appears only close to metamorphosis, after all foot and hand phalanges are already more or less ossified.

At 2 × 10–8 M T3 beginning from 6 dph, appendicular and axial skeleton do not show signs of ossification before the end of the experiment. At 2 × 10–9 M T3, ossification of all elements of the appendicular skeleton is accelerated compared with the norm (Table 5). In contrast, under TU-treatment (0.02%), the latter is retarded. Higher TU concentration (0.04%) has a more profound effect on more later-forming appendicular ossifications (such as first foot and hand phalanges); the last appearing bones, normally ossifying close to metamorphosis, such as distal phalanges of digits I on the hand and foot and the ischium, do not form during the experiment. If these bones appear (especially the autopodial elements), they remain rudimentary as thin ossified rings in the middle of the cartilaginous matrices. Among elements of the pectoral girdle, the endochondral scapula and coracoid display a more profound reaction to TU-treatment, resulting in some changes in the sequence of bone appearance.




DISCUSSION


The Role of Thyroid Hormones in Skeletal Development in Bombina variegata


Normal Development of the Skeleton

Overall, the revealed ossification sequence in the skull and postcranial skeleton during the normal development of B. variegata is similar to that of B. orientalis studied by Hanken and Hall (1984, 1988a) and Maglia and Púgener (1998). The degree of variability in the timing and sequence of cranial bone appearance is comparable with that found in B. orientalis (Hanken and Hall, 1988a). On a large-scale comparison within anurans with a biphasic life history, B. variegata displays a rather typical cranial ossification sequence, with the frontoparietal, parasphenoid, and exoccipital arising first and dentary, quadratojugal, and pterygoid are among the last bones to arise (Trueb and Alberch, 1985; Weisbecker and Mitgutsch, 2010). At the same time, the unusually early appearance of the vomer and late appearance of the prootic in comparison with the majority of studied anuran species may be considered characteristic features of the genus Bombina.



Effects of T3- and TU-Treatment on Cranial Development in Bombina variegata

In all experimental groups, the sequence of skull ossification is more or less truncated. Actually, the sole cranial ossifications in B. variegata to form under all hormonal regimes are two dermal bones, frontoparietal and parasphenoid. In most cases, they appear more or less simultaneously and occupy the first two positions in the ossification sequence (except at the highest T3 concentration), thus displaying only a limited reaction to the TH-level changes: their development is slightly accelerated by a high TH-dosage and slightly retarded by TU. All other bones are more affected by T3- or TU-treatment. The formation of the exoccipital is somewhat accelerated under TH-action depending upon the dosage and retarded under TU-treatment and very significantly at the high goitrogen dosage. At the highest T3-dosage and early onset of treatment, this bone fails to form. Although exoccipital is among the early ossifications and normally appears 3rd in the ossification sequence, it probably requires sufficient differentiation of the preceding cartilaginous structures. It is noteworthy that the development in this experimental group is abbreviated to 20 dph, i.e., terminating earlier than the exoccipital forms in the norm. When exposure to high dosages of T3 begins later, at mid-larval stages, the exoccipital appears, although it is preceded by some dermal ossifications (premaxilla and septomaxilla), which develop later in the norm.

The latest bones in the normal sequence, the dermal quadratojugal and pterygoid and the endochondral prootic and os thyroideum, fail to appear under partial inhibition of skull development with lower TU- dosage when craniogenesis is blocked at the mid-metamorphic stage. Under T3-treatment, the number of bones that fail to appear increases as the hormone dosage increases (Table 4); presumably, they do not have sufficient time to form because of the general shortening of larval development, especially under high T3 dosages. Other cranial bones display dosage-dependent acceleration of their development under T3-treatment and retardation under moderate TU-inhibition.

A relatively low dosage of T3 (2 × 10–10 M) causes some acceleration of the formation of bones appearing at the initial stages of craniogenesis (except for the earliest parasphenoid and frontoparietal) but does not affect the appearance of bones arising in its final stages (from Stage 43 during normal development). This observation suggests that this concentration of exogenous T3 raises internal TH levels in larval tissues above the normal physiological level characteristic of the midlarval and premetamorphic stages and stimulates accelerated skull ossification. At the same time, this level apparently does not exceed the T3 peak characteristic of the stages at which drastic metamorphic rearrangements begin; therefore, it does not affect the formation of ossifications occurring at the metamorphic period of development. A higher concentration of T3 (2 × 10–9 M) causes a greater acceleration of the development of most cranial bones, as well as a more marked alteration of their normal ossification sequence. Thus, in normal development in B. variegata, the vomer and nasal arise simultaneously, but the vomer responds more drastically to the action of exogenous T3: its formation is more accelerated, and it visibly shifts to earlier positions in the sequence. Nasal, although accelerated in development, lags behind that of the vomer. The highest concentration of T3 (2 × 10–8 M) has the most profound effect on craniogenesis, causing the precocious formation of most ossifications (including the earliest ones) compared with the norm and the most significant alterations of the normal sequence, with even relatively late bones (such as dentary) shifting to early positions. This indicates that bones arising after the beginning of metamorphosis strongly depend on THs in their development, but the degree of TH-responsivity varies among bones. It is worth noting that even different constituent parts of certain bones may exhibit different reactions to TH-changes. In the developing premaxilla, the dental process appears precociously under high T3 concentrations and postpones its appearance under TU-treatment. Its facial process develops in TU-treated tadpoles and does not show evident acceleration in TH-treated tadpoles.

All cranial bones, which display the most profound reaction to TH-level changes, are associated with the palatoquadrate and Meckelian cartilages, and all of them both in normal and TH-induced development appear only after these cartilages start to remodel. This pattern of development suggests the occurrence of a certain interplay between dermal bones and adjacent cartilages. Three hypotheses may be proposed. First, it is precociously induced cartilage remodeling that induces the precocious bone development. Second, it is THs that precociously induce bones, whereas cartilages provide only a necessary framework for them. Third, both cartilage and THs are involved in the induction of bone appearance. To elucidate the main inducing factor, further studies are needed.

Observation of the development of other bones supports the occurrence of a certain cartilage-bone interplay. Normally, in the premaxilla, its facial process appears first, followed by the dental process. In TH-treated tadpoles, the dental process precedes the facial process. In anurans, the developing facial process of the premaxilla abuts the superior prenasal cartilage appearing at prometamorphosis (Roček, 2003; Pugener and Maglia, 2007). In our experiment, early tadpoles were TH-treated before the formation of this cartilage resulting in the delayed appearance of the facial process or its absence. Also, in anurans, bones associated with the nasal capsule always ossify after the adjacent parts of the capsule are chondrified (Pugener and Maglia, 2007). The floor of the nasal capsule (solum nasi) chondrifies early, whereas chondrification of its roof (tectum nasi) is a late event that is only moderately accelerated by exogenous TH. Consequently, although normally the nasal and vomer in B. variegata appear simultaneously on the tectum nasi and solum nasi, respectively, in the TH-treated larvae the vomer greatly precedes the nasal. The ascending process of the maxilla also remains rudimentary at high T3 dosages, presumably due to the delayed development of the lateral wall of the nasal capsule invested by this process.




The Role of Thyroid Hormones in the Skeletogenesis of Urodelans and Anurans


Bony Skull

Urodelans, experimentally studied to date, display a consistent pattern of cranial ossification. First to appear are tooth-bearing bones (premaxilla, dentary, vomer, coronoid, and palatopterygoid), followed by midlarval bones (frontal, parietal, orbitosphenoid, and quadratojugal), and then late-appearing bones (maxilla, nasal, prefrontal, and septomaxilla), which arise in the premetamorphic stages or during metamorphosis. At metamorphosis, the salamander skull undergoes considerable remodeling: (i) the coronoid and palatine portion of the palatopterygoid (or palatopterygoid entirely in plethodontids) resorb, and (ii) the larval vomer transforms into the adult vomer. Anteriorly, vomer forms outgrowths extending toward the premaxilla and maxilla. Posteriorly, the vomer develops a tooth-bearing caudal process (vomerine bar), extending along a lateral edge of the parasphenoid. In plethodontids, this bar transforms into a separate bony element bearing the parashenoid tooth patch.

In S. keyserlingi, A. mexicanum, L. vulgaris, and P. waltl, the first bones to appear arise at the same time and sequence under different hormonal conditions (Smirnov and Vassilieva, 2003, 2005; Smirnov et al., 2011, 2020). Midlarval bones display some acceleration and retardation under TH and TU treatments, respectively. The effect of TH-changes is profound in the late-appearing dermal bones, maxilla, nasal, and prefrontal (and lacrimal and septomaxilla in S. keyserlingi and A. mexicanum) (Figure 7). The most evident reaction is revealed in metamorphic palate remodeling and coronoid resorption. These events are greatly accelerated in TH-treated animals and fail to occur in TU-treated animals. The latter, even after a year and half of the experiment, retain the palatopterygoid and coronoid accompanied by a larval vomer without outgrowths toward the upper jaw bones and posterior vomerine bar. Earlier, Rose (1995a, b) revealed late-appearing bones (maxilla, nasal, prefrontal, and septomaxilla) and metamorphic transformation of the vomer and resorption of the palatopterygoid and coronoid to be greatly accelerated under TH-treatment in the plethodontid Eurycea bislineata. As in our experiments, the degree of acceleration depended upon the applied TH-dosage and the stage of larval development at which animals were TH-treated. However, the effect of thyroid deficiency on cranial development has not been studied and remains unknown in plethodontids.
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FIGURE 7. Levels of TH-mediation of the development of late-larval cranial bones in experimentally studied urodelan amphibians treated with exogenous triiodothyronine, T3, and thiourea, TU: hynobiid Salamandrella keyserlingii (after Smirnov et al., 2011); ambystomatid Ambystoma mexicanum (after Smirnov and Vassilieva, 2005); salamandrids Pleurodeles waltl (after Smirnov et al., 2020) and Lissotriton vulgaris (after Smirnov and Vassilieva, 2003); and perennibranchiate plethodontids treated with thyroxine, T4 (after Rose, 1995a, b, 1996, 2003). “Low TH-mediation” implies that the bone forms normally in all specimens under TH-deficiency and is only slightly accelerated and delayed under T3- and TU-treatment, respectively; “moderate TH-mediation” implies that the bone appears in all specimens under TH-deficiency but is markedly accelerated under T3-treatment and delayed (and possibly deviant) under TU-treatment; “high TH-mediation” implies that the bone is markedly accelerated under T3-treatment and does not form (or is rudimentary) in all specimens under TU-treatment. Abbreviations: l, lacrimal; m, maxilla; n, nasal; pf, prefrontal; pm, premaxilla; s, septomaxilla.


These findings indicate that (i) THs are involved in the cranial ossification of salamanders and (ii) skull development is accompanied by changes in the degree of TH-responsivity of cranial bones. The appearance of early bones seems to be not reactive to THs, and midlarval bones display slight TH-responsivity, which becomes evident in late-appearing bones (maxilla, nasal, prefrontal, and septomaxilla) and obligate for metamorphic cranial remodeling. Interestingly, whereas the appearance of early bones does not depend upon TH-level, their further development and morphological differentiation become TH-inducible. Thus, in P. waltl, changes in the TH-level do not affect the timing of the premaxillar appearance, while later formation of its outgrowth toward the vomer is strictly induced by THs (Smirnov et al., 2020).

In our experiments, because of different reactions to TH-changes, T3-treated salamanders displayed changes in the sequence of bone appearance: highly TH-responsive bones, normally appearing at the late larval stage or at metamorphosis, arose precociously and preceded the appearance of bones, which normally arise prior to them. In nature, a similar phenomenon seems to occur in ambystomatids. The developing neotenic A. mexicanum differs from closely related metamorphosing congeneric A. tigrinum in (i) a precocious TH-surge (Larras-Regard, 1985; Rosenkilde, 1985) and (ii) a precocious appearance of the TH-mediated nasal bone (Rose, 2003; Smirnov and Vassilieva, 2005).

Additionally, in our experiments, because of different bone reactions to TH-changes, TH-treated animals exhibited a mixture of early larval and metamorphic features. In salamanders, changes in the TH-level do not influence the timing and rate of the early larval period of development of the coronoid, palatopterygoid and vomer. Their further metamorphic transformations are obligatory TH-mediated and are greatly accelerated under TH-treatment. Consequently, TH-induced precocious transformation begins when the TH-independent period of these bones’ development is not yet completed. The earlier exogenous THs are applied, the more underdeveloped these bones are at the beginning of metamorphic transformation. This resulted, e.g., in the appearance of vomer consisting of the underdeveloped larval (anterior) portion and adult (posterior) portion.

In nature, a similar developmental pattern was observed in the direct-developing plethodontid Desmognathus aeneus (Marks, 2000) (see below).

Although late-appearing bones display obvious reactions to TH-changes in all salamanders studied in this respect, “degree” of their reaction differs. Thus, under a similar TH-treatment, they show moderate acceleration in S. keyserlingi but considerable acceleration in L. vulgaris and P. waltl. Similar differences were recorded in TU-treated salamanders. In S. keyserlingi, TH-deficiency results in the postponed appearance of these bones. In L. vulgaris and P. waltl under TH-deficiency, the same bones are greatly delayed in appearance and remain rudimentary or fail to appear at all. A similar phenomenon is displayed by neotenic perennibranchiate plethodontids, which, because of the likely thyroid dysfunction, fail to metamorphose and retain larval cranial morphology: they lack late-appearing bones (maxilla, nasal, prefrontal, and septomaxilla) and palate remodeling (Rose, 1995c, 1996). However, these events (at least some of them) occur under exogenous TH-treatment (Rose, 1995a, 1996, 2003). In summary, these observations indicate that the same bones differ in their TH-reactivity: bones that are rather moderately TH-reactive in the basal salamander S. keyserlingi are TH-inducible in more derived urodelans.

Observations of B. variegata show that the involvement of THs in the regulation of skeletal development in anurans largely follows the same patterns that have been revealed in urodelans, especially with regard to the bony skull. In both salamanders and frogs, THs play a key role in the realization of the complete craniogenesis sequence: when larvae develop under the TH-deficiency, this sequence is truncated via the underdevelopment of late ossifications normally forming during the premetamorphic phase or metamorphic climax. Additionally, the involvement of THs in skull bones development become enhanced in both urodelans and anurans during ontogeny: while the TH excess or deficiency have only a regulatory impact (if ever) on the development of the earliest bones in the cranial ossification sequence, affecting the timing of their appearance, the later bones appearing at metamorphosis are strictly TH-inducible. Cranial bones that form normally in the stages when the level of endogenous THs is low show the least TH-reactivity (Figure 8). Bones, which normally develop closer to and/or during the metamorphic climax, are TH-sensitive: they do not develop at reduced TH-levels, while their appearance is markedly accelerated when the TH-level is increased. These bones require higher TH-levels for their development, and the closer to the metamorphic climax they appear, the higher the level.
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FIGURE 8. Timing of cranial bones development (earliest appearance) under same experimental hormonal regimes (in norm, under T3 and TU-treatment), (A) in Pleurodeles waltl (after Smirnov et al., 2020) and (B) in Bombina variegata (this study). Abbreviations: cor, coronoid; den, dentary; exo, exoccipital; fr, frontal; max, maxilla; nas, nasal; osp, orbitosphenoid; pal, palatine; par, parietal; pmx, premaxilla; pra, prearticular; prf, prefrontal; pro, prootic; prs, parasphenoid; pt, pterygoid; q, quadrate; qj, quadratojugal; sq, squamosal; thy, os thyroideum; v, vomer.


Induced TH-changes may cause similar changes in the developmental pattern of the same bones in frogs and salamanders. Thus, under high TH-levels, the premaxilla and maxilla tend to fuse in L. vulgaris (Smirnov and Vassilieva, 2003), P. waltl (Smirnov et al., 2020), and B. variegata (this study; see Figure 3A). In both urodelans and anurans, constituent parts of the same bone may exhibit different reactions to changes in TH-levels, as exemplified by the premaxilla in P. waltl (Smirnov et al., 2020) and B. variegata (this study). Additionally, under TH-changes, in both anurans and urodelans, the appearance of multiple ossification centers was observed in bones normally developing from the sole center. For example, in P. waltl specimens with craniogenesis suppressed by the TU, the nasal is often represented by numerous ossicles (Smirnov et al., 2010, 2020). In anurans, under TU- and T3-treatment, multiple ossification centers were recorded in the frontoparietal, parasphenoid, vomer, angulosplenial, premaxilla, pterygoid, and others (Smirnov and Vassilieva, 2009). Presumably, this phenomenon is related to the induced alterations in the rate of differentiation, mineralization, and fusion of bone primordia caused by changes in the normal hormonal regime. In some cases, it confirms the complex evolutionary origin of the bone. In particular, in urodelans, the frontal was shown to have originated via fusion of the three separate ossification centers (Lebedkina, 1979, 2004). In B. variegata, formation of the frontoparietal from several early fusing anlagen was also confirmed by histological studies (Čihák et al., 2003).

Sporadic individual variability in the number of ossification centers observed in the developing bones in anurans (Wiens, 1989; Hall and Larsen, 1998; Banbury and Maglia, 2006) seems to result from individual changes in thyroid axis function.



Appendicular Skeleton

Experimental studies of the impact of THs on the development of the appendicular skeleton in urodelans are rather scarce. Brown (1997) demonstrated that exogenous T4 promotes accelerated limb elongation in axolotl, but did not report the effect of THs on the timing of limb bone ossification; the various goitrogens in this study were found to not interfere with limb development. In Lissotriton vulgaris, the timing of limb and limb girdle formation under exogenous T3- and TU-treatment does not differ from the norm (Smirnov and Vassilieva, 2003). In contrast, in B. variegata, all ossifications of the appendicular skeleton display some TH-responsivity that is displayed in the timing of their appearance (Figure 9). Moreover, treatment with a high dosage of TU inhibits the ossification of the latest elements of the limb skeleton, i.e., the last phalanges of the fingers and toes and the ischium. However, the development of the appendicular skeleton is clearly less TH-controlled than that of the skull: if high TU-dosages block cranial ossification at rather early larval stages, the ossification of the limb skeleton progresses much further to an almost complete metamorphic set of bones. In parallel, under treatment with high T3-dosages from early larval stages, tadpoles display an obvious dissociation between head and limb development resulting in the appearance of animals with a mixture of a metamorphosing skull and hyobranchium and early-larval limbs.
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FIGURE 9. Timing of appendicular bones development (earliest appearance) under same experimental hormonal regimes (in norm, under T3 and TU-treatment), (A) in Lissotriton vulgaris (after Smirnov and Vassilieva, 2003) and (B) in Bombina variegata (this study). Abbreviations: cla, clavicle; cle, cleithrum; cor, coracoid; fem, femur; f-ph, first phalanges; f-t, fibula and tibia; tar, tarsals; hum, humerus; il, ilium; isch, ischium; l-ph, last phalanges; mtc, metacarpals; mtt, metatarsals; sc, scapula; u-r, ulna and radius.


Previous studies have shown that in anurans, THs are strictly required for normal limb formation (Brown et al., 2005). THs participate in the differentiation of limb cartilage and accelerate limb bone ossification (Kemp and Hoyt, 1969; Brown et al., 2005). However, it is not clear whether all stages of limb skeleton development are TH-dependent. On the one hand, experiments show that under TH-deficiency caused by methimazole treatment beginning in early larval stages, the hind limbs remain bud-like in Xenopus tadpoles (Brown et al., 2005). On the other hand, in giant athyroid Xenopus tadpoles, the development of the appendicular bony skeleton is arrested at more advanced stages, and their ossification state is rather advanced relative to their length (Kerney et al., 2010). Other studies have shown that the disruption of thyroid axis at various levels allows limb cartilage to differentiate but prevents elongation (Mitsui et al., 2006; Choi et al., 2017). Our observations on B. variegata indicate that even under strong TH-suppression, larval limbs attain full digits differentiation and form almost all ossifications, but the longitudinal growth of the bones strictly requires increased TH-levels. On the other hand, in Pelobates fuscus (Pelobatidae), tadpoles treated with TU 0.04% hind limbs remain bud-like even after six months of the experiment (Smirnov, unpublished observations). The controversy of these data suggests that anurans can differ in the degree of TH-involvement of limb development.



Axial Skeleton

The formation of the ossified presacral and sacral vertebrae in the studied anurans appears to be only partially TH-affected. In Xenopus laevis, they develop in naturally athyroid giant tadpoles and experimentally goitrogen-treated larvae (Kerney et al., 2010; Smirnov and Vassilieva, 2014). In B. variegata, TH-changes affect only the timing of their development (see Table 5). The posterior part of the anuran axial skeleton is formed by the urostyle, a structure that forms from the fused postsacral vertebrae (coccyx) and the ossified hypochord. This is a unique anuran feature that is thought to play a key role in the formation of the postmetamorphic anuran body plan (Handrigan and Wassersug, 2007a). A recent study showed that the development of the urostyle, especially its hypochordal part, is directly affected by THs, since in Xenopus tadpoles treated with methimazole, the formation of coccygeal vertebrae was incomplete, and the hypochord was totally absent (Senevirathne et al., 2020). However, our results show that in B. variegata both coccyx and hypochord are highly TH-reactive: they markedly accelerate their development under treatment with moderate T3 dosages, but under TU-treatment with a moderate dosage, their ossification is delayed, plus the coccygeal and hypochordal parts of the urostyle remain unfused by the end of the experiment; under TU-treatment with high dosage, only primordia of the neural arches X appear, but not vertebra XI or hypochord. As in the appendicular skeleton, the above data indicate the possible interspecific variability in axial skeleton TH-mediation among anurans.

Our observations on B. variegata suggest that only a low level of THs is necessary for the development of the presacral and sacral vertebrae, whereas the urostyle beginning to form in the premetamorphic period needs a high TH-level to develop. Frogs of the Asian family Megophryidae display a striking example of necrobiotic metamorphosis in the axial skeleton. The stream-dwelling tadpoles of many megophryid genera develop caudal vertebrae (up to 30 in Leptobrachella), which disappear during metamorphosis along with tail resorption (Handrigan and Wassersug, 2007b; Handrigan et al., 2007). It is reasonable to assume that resorption of these caudal vertebrae is also TH-inducible, as are other remodeling processes in anuran metamorphosis.




Thyroid Hormone-Regulation of Amphibian Skeletal Development and Decoupling of Larval and Adult Morphology

Earlier, experimental embryologists (Corsin, 1967; Medvedeva, 1975; Lebedkina, 1986, among others) revealed the involvement of tissue-inductive interactions in the mediation of cranial bones development in salamanders. Comparison of this non-hormonal and thyroid hormonal mediation of skull development shows that in S. keyserlingi, extirpation of the nasal sac resulted in the failure of the nasal bone to appear (Lebedkina, 1986), whereas TH-impact is limited to the timing of this bone appearance (Smirnov and Vasil’eva, 2002; Smirnov et al., 2011). In salamandrids, as exemplified by Ichthyosaura alpestris, extirpation of the nasal placode did not prevent the appearance of the nasal bone but influenced its shape (Hall, 1999b, p. 147), whereas THs exerted a dominant impact on its appearance and development in L. vulgaris and P. waltl (Smirnov and Vassilieva, 2003; Smirnov et al., 2020).

Similarly, in S. keyserlingi, extirpation of the nasolacrimal duct prevented the appearance of the lacrimal bone (Medvedeva, 1975), whereas THs influenced only the timing of its appearance (Smirnov et al., 2011). In Ambystoma mexicanum, both the nasolacrimal duct and THs exerted a dominant impact on the appearance and development of the lacrimal (Medvedeva, 1986; Smirnov and Vassilieva, 2005). In salamandrids (e.g., P. waltl, Triturus karelinii, and Ishthyosaura alpestris), a separate lacrimal is absent, although it participates in the complex bone prefrontolacrimal (Medvedeva, 1975; Lebedkina, 1979, 2004; Vater, 2007). In P. waltl, the nasolacrimal duct influenced only the shape of the lacrimal portion of this bone (Medvedeva, 1975), whereas THs were necessary for its appearance (Smirnov et al., 2020). In L. vulgaris, no impact of the nasolacrimal duct was revealed (Medvedeva, 1975), whereas TH played a dominant role in this bone development (Smirnov and Vassilieva, 2003).

Septomaxilla in S. keyserlingi did not appear in the absence of the nasolacrimal duct (Medvedeva, 1975), whereas TH-changes influenced the timing of its appearance (Smirnov et al., 2011). In A. mexicanum, both the nasolacrimal duct and THs were necessary for the appearance of this bone (Medvedeva, 1986; Smirnov and Vassilieva, 2005). In E. bislineata, septomaxilla is TH-inducible and appears to be independent of the nasolacrimal duct, as it may normally develop in its absence (Rose, 1995b).

These findings indicate that in the basal salamander, S. keyserlingi, inductive tissue interactions exert a dominant impact on the development of late-appearing cranial bones, whereas the role of THs is limited to influencing the timing of their appearance. In contrast, in more derived salamanders, as exemplified by A. mexicanum, L. vulgaris, P. waltl, and E. bislineata, THs induce the development of these bones, whereas non-hormonal mediation plays a minor role.

As stated by Alberch (1989), the evolution of the primarily gradual development in amphibians was accompanied by a concentration of morphological transformations on a limited ontogenetic stage, determined as metamorphosis. At the same time, experimental and histological studies on amphibians of diverse lineages by Corsin (1967), Medvedeva (1975, 1986), Lebedkina (1979, 2004) showed the progressive attenuation of some of inductive tissue interactions and the disintegration of inductive cascades at the transition from basal to advanced urodelans.

Although it is widely recognized that amphibian ontogeny is regulated by both non-hormonal and hormonal factors (Rose and Reiss, 1993; Hall, 1999a), it may be assumed that in salamander evolution, the decrease in the role of tissue interactions provided grounds for the enhancement of hormonal regulation and induction of skeletogenetic events. In anurans, given the TH-dependence of not only complete cranial development but also postcranial development, hormonal control is likely a major mechanism mediating skeletal ontogeny. The transition to hormonal control facilitates the relative independence of larval and adult cranial morphologies and, in parallel, permits the synchronization of developmental transformations. Without strong tissue interrelationships, cranial bones become released from larval constraints, and vice versa, larval elements become free from adult constraints; therefore, larval and adult morphology can be readily dissociated.

Among salamanders, this dissociation is evident in the biphasic plethodontids, which display the maximum TH-involvement in the mediation of skull development. In contrast, both TH-involvement and developmental differences in cranial morphology are relatively slight in hynobiids (Smirnov, 2006).

In anurans, whose skeletal development is mainly mediated by THs, the difference is enormous if skulls are compared between tadpoles and frogs. Moreover, anuran larvae display a wide range of cranial morphologies due to the acquisition of numerous larval-specific features adaptive to a variety of trophic specializations, such as suspension-feeding, detritophagy or predation (Haas and Richards, 1998; Haas, 2003; Vera Candioti, 2007, to name a few).

In caecilians, the third lineage of extant amphibians, cranial development is a gradual process, as exemplified by the basal Epicrionops sp. (Reiss, 1996). In this apodan, the adult skull differs from the late larval skull, mainly in the “increase in the area of dermal bones” (Rose and Reiss, 1993, p. 303). The only evident metamorphic event is the fusion of the maxilla and palatine accompanied by the division of the pterygoid into two portions, although the latter is an individually variable feature not shared by other caecilians (Reiss, 1996).

A gradual pattern of cranial development with only a few slight differences in larval and adult morphologies is revealed in the putative ancestors of recent amphibians, dissorophoid temnospondyls, for whom detailed ontogenetic series are known (Schoch, 1998, 2002; Boy and Sues, 2000). Thus, in Apateon gracilis (Branchiosauridae), all cranial bones appeared during the larval period, and the palate did not undergo metamorphic rearrangement (Schoch and Fröbisch, 2006). However, both caecilians and branchiosaurids display profound metamorphic transformation of the hyobranchium (Boy and Sues, 2000; Wake, 2003).

Given the revealed correlation between the level of TH-involvement and the degree of larval/adult cranial dissociation in frogs and salamanders, THs seem to play a minor (if ever) role in the mediation of skull development in both apodans and temnospondyls.

The transition to hormonal mediation enhances the independence of larval and adult developmental programmes, thus creating preconditions for necrobiotic metamorphosis. Usually, within amphibians, necrobiotic metamorphosis is considered a characteristic of anurans, which undergo drastic metamorphic changes in the body plan. In anurans, larval specializations (e.g., the suprarostral cartilages and trabecular horns in the skull and tail in the locomotory system) resorb during the larval-adult transition rather than rearrange into adult ones. Although in urodelans, the body plan does not change fundamentally during larval-adult transformation, the latter also includes necrobiotic processes, as exemplified by the resorption of provisory bones (coronoid, palatine, larval vomer, and their dentitions). By repeated vital staining, Lebedkina (1979, 2004) showed that larval vomer in salamanders does not rearrange into adult bone but resorbs completely and becomes replaced by adult vomer differing in the microstructure of bony tissue. The remodeling of the larval hyobranchium in metamorphosing urodelans also implies the resorption of some cartilaginous elements of the hyobranchium and the transformation of others (Rose, 2003). However, in the plethodontid Eurycea bislineata, adult ceratobranchial cartilage was shown to develop de novo rather than rearranged (Alberch and Gale, 1986). All these necrobiotic events in both frogs and salamanders are strictly TH-dependent.



The Increasing Role of Thyroid Hormones in the Regulation of Amphibian Development: Implications for Life History Evolution

We hypothesize that THs play a key role in the major evolutionary repatterning of amphibian ontogeny and life history.


Direct Development

The transition to hormonal control of the adult portion of the skeletal developmental programme allows larval and adult cranial morphologies to be readily dissociated as exemplified by direct-developing and neotenic salamanders lacking larval and adult skull morphology, respectively. Given the strong TH-impact on cranial development revealed in the salamanders of the family Plethodontidae by Rose (1995a, b), it is no wonder that this salamander lineage demonstrates the largest diversity of cranial developmental patterns. Some plethodontids, e.g., Eurycea bislineata studied in detail by Rose (1995a, b, c), are biphasic and display both larval and adult skull morphology. Several species are neotenic (the so-called perennibranchiates) and lack adult cranial morphology. Most plethodontids are direct-developers and lack larval skull morphology. Whereas questions such as whether direct development is primitive or derived in plethodontids and how many times it has arisen are widely discussed (Chippindale et al., 2004; Mueller et al., 2004; Bonett et al., 2005, 2014; Beachy et al., 2017), knowledge on the skeletal development of direct-developers is fragmentary (Alberch and Alberch, 1981; Hanken, 1984; Ehmcke and Clemen, 2000; Dulcey Cala et al., 2009). To date, in most detail, the cranial ontogeny of a direct-developing salamander has been described by Marks (2000) in Desmognathus aeneus. In this salamander, in contrast to biphasic plethodontids, the usual sequence of bone appearance is altered (e.g., the maxilla appears precociously), larval bones, palatopterygoid and coronoid, do not appear, and larval vomer is greatly underdeveloped, whereas the adult vomerine portion appears precociously and precedes the appearance of several bones, including the nasal and septomaxilla.

Although direct development has been hypothesized to involve a shift toward precocious activation of the thyroid gland (Lynn, 1961; Matsuda, 1987), little evidence of TH-dependence in direct-developing embryos of plethodontids has been found (Dent, 1942). Under these circumstances, it is worth noting that the pattern of cranial development recorded in D. aeneus is remarkably similar to that observed in the TH-treated early larvae of L. vulgaris. In this newt, TH-treatment, which mimics the precocious natural TH-peak, resulted in the precocious appearance of the maxilla and posterior (adult) portion of the vomer. Both appeared when larval vomer, coronoid, and palatopterygoid remained underdeveloped and one-third of cranial bones were still absent (Smirnov and Vassilieva, 2003).

Although this evidence provides only indirect support for the hypothesis that direct development in plethodontids evolved via precocious TH-activity, the similarity of cranial development in D. aeneus to that observed in TH-treated L. vulgaris larvae seems rather prospective.

Among anurans, direct development is widespread and has arisen independently multiple times in a wide variety of families (Duellman and Trueb, 1986; Gomez-Mestre et al., 2012; Bardua et al., 2021). Most knowledge on direct-developing frogs comes from studies of Eleutherodactylus coqui (Eleutherodactylidae). Skeletal development of this frog displays profound ontogenetic repatterning: (i) larval-specific features such as the suprarostral cartilage and trabecular horns never form; (ii) Meckel’s, infrarostral, and palatoquadrate cartilages, as well as the hyobranchium since their appearance resemble a mid-metamorphic stage of development in metamorphosing anurans; and (iii) the skull ossification sequence is unusual in that bones associated with the suspensorium (squamosal) and jaws (angulosplenial, premaxilla, dentary, and maxilla) appear precociously (Hanken et al., 1992).

Initially, this ontogenetic repatterning was hypothesized to occur due to the emancipation of developmental processes from TH-dependence (Hanken et al., 1997). However, further experimental studies have shown that E. coqui undergoes ontogenetic transformation, “cryptic metamorphosis,” which closely resembles the metamorphosis of biphasic frogs and is largely orchestrated by THs (Jennings and Hanken, 1998; Callery and Elinson, 2000).

The thyroid activity and TH profile in E. coqui display the same pattern as in biphasic anurans: their significant rise coincides with the phase of the most significant morphological rearrangements and is followed by a decline (Hanken et al., 1992; Laslo et al., 2019). The main difference is that in E. coqui, the TH-rise occurs in an embryo.

There is little research on skeletal ontogeny in direct-developing frogs other than E. coqui. Those that were studied display different degrees of ontogenetic repatterning, which is less pronounced than in E. coqui, but all of them exhibit precocious appearance of at least some bones associated with the suspensorium and jaws, as found in some Neotropical frogs of the families Craugastoridae and Brachycephalidae (Vera Candioti et al., 2020), as well as in Asian tree frogs (Rhacophoridae) (Kerney et al., 2007; Vassilieva, 2017). A similar trend was also revealed in Eleutherodactylus guentheri (Lynn and Lutz, 1946), E. nubicola (Lynn, 1942), and E. ricordii (Hughes, 1959).

Remarkably, a similar sequence change, i.e., the precocious appearance of bones, which contribute to the upper and lower jaws and suspensorium, is observed in a biphasic anuran, B. variegata, under experimental treatment with high TH-dosages (this study) (Figure 10). Previously, the ontogenetic cranial pattern in TH-treated early newt larvae was revealed to resemble closely that of the direct-developing salamander (see above). The similarity of these phenomena (likeness of the direct-developer and TH-treated biphasic amphibian) in salamanders and frogs seems more than mere coincidence. Rather, it seems to support the hypothesis that direct development in anurans and urodelans evolved via precocious TH-activity.


[image: image]

FIGURE 10. First cranial bones in Bombina variegata (under normal conditions and under high-dosage T3-treatment beginning from 6 dph) and in direct developing frogs, Kurixalus gryllus (after Vassilieva, 2017) and Eleutherodactylus coqui (after Hanken et al., 1992).




Paedomorphosis

In urodelans with their decoupled somatic and reproductive development, heterochronies leading to paedomorphic underdevelopment are widespread: neotenic forms (i.e., larval reproducers) are found in most recent families of Caudata. The development of the skeleton, in particular the skull, in paedomorphic urodelans shows signs of arrest at different stages, ranging from mid-larval to almost metamorphic. Paedomorphic signs are displayed in the loss of a more or less extensive set of cranial bones, as well as in the retention of the provisory larval bones (coronoid and palatine) and in the incomplete (if ever) remodeling of the larval palate. Five families (Plethodontidae, Cryptobranchidae, Sirenidae, Proteidae, and Amphiumidae) contain obligate neotenics. The last four are represented exclusively by neotenic species.

Neotenic (perennibranchiate) plethodontids lack late-appearing bones (e.g., maxilla and septomaxilla) and retain larval vomer, palatopterygoid, and coronoid (Rose, 1999, 2003). This cranial underdevelopment seems to result from thyroid dysfunction since TH-treatment induced resorption of the coronoid in Eurycea wallacei (Dundee, 1962) and the appearance of the maxilla and septomaxilla in Eurycea rathbuni (Dundee, 1957). It is worth noting that these two salamanders are obligate neotenics, whereas other perennibranchiate plethodontids retain the capacity to metamorphose and naturally metamorphosed individuals are occasionally found, e.g., Gyrinophilus palleucus according to Yeatman and Miller (1985) and Eurycea tynerensis (Bonett et al., 2014).

Dysfunction of the thyroid axis has also been proposed (Rose, 1996, 1999, 2003) to be responsible for the underdevelopment of the skull in the obligate neotenic salamanders Andrias japonicus, A. davidianus and Cryptobranchus alleganiensis (Cryptobranchidae); Siren intermedia, S. lacertina, and Pseudobranchus striatus (Sirenidae); and Necturus maculosus and Proteus anguinus (Proteidae), which display skull morphology ranging from almost completely adult in cryptobranchids to mostly larval in proteids (Larsen, 1963; Reilly and Altig, 1996; Rose, 2003). Although TH-synthesis dysfunction seems possible, all attempts to induce cranial transformation via TH-treatment were unsuccessful, but Safi et al. (1997a, b) proposed other mechanisms of the disruption of thyroid axis function in proteids. Consequently, other reasons for cranial underdevelopment are not excluded. In the basal A. japonicus, which undergoes metamorphic skull remodeling with the resorption of the palatine and coronoid, late-appearing bones such as the septomaxilla and lacrimal fail to arise (Rose, 2003). It is these bones that in the basal cryptobranchoid salamanders, S. keyserlingii and Ranodon sibiricus (Hynobiidae), are obligately induced by the nasolacrimal duct and do not develop in its absence (Medvedeva, 1975). Since cryptobranchids lack the nasolacrimal duct, it seems highly likely that its absence prevents the development of these bones rather than some hormonal factor.

Paedomorphic skeletal modifications are also widely distributed among anurans, although skeletal underdevelopment is less pronounced in them. In frogs, sexual development is strictly TH-dependent, and reproduction is impossible in animals that do not metamorphose (Hayes, 1997). Although ovary maturation was observed in giant athyroid Xenopus tadpoles (Rot-Nikcevic and Wassersug, 2004) and in long-living overwintering Pelobates fuscus tadpoles (Smirnov, 1992), anuran larval reproducers have never been found. Therefore, the dependence of anuran development upon THs prevents the evolution of neoteny. Since frogs need metamorphosis to reproduce, arrest of development at stages preceding the metamorphic climax is impossible. In parallel, loss of highly TH-mediated bones associated with metamorphosis is also impossible. Bones that are subjected to paedomorphic loss or underdevelopment are among the last-appearing bones. They arise after the TH-peak and, as exemplified by B. variegata (this study), seem to be less TH-controlled. Usually, quadratojugal, palatine, and stapes, and sometimes vomer and sphenethmoid are lost in paedomorphic frogs (Davies, 1989; Yeh, 2002). It is these bones that usually arise last in the cranial ossification sequence (Weisbecker and Mitgutsch, 2010).





THYROID HORMONES AND SKELETOGENESIS IN AMPHIBIANS: CONCLUDING REMARKS AND PERSPECTIVES

A number of studies, including this review, show that TH-changes, artificially caused in developing salamanders, result in skeletal changes. A similar phenomenon is displayed by naturally developing urodeles. The most profound evidence of TH-involvement in the diversification of skeletal morphology in salamanders is shown by neotenic species. Facultative neoteny, a common event among salamanders, results from thyroid axis dysfunction, as proven by artificially induced metamorphosis in TH-treated neotenics.

Facultative neotenics do not complete metamorphosis and, as adults, retain larval features in the skull and hyobranchial apparatus. The neotenic individuals of Batrachuperus londongensis (Hynobiidae) display an incomplete resorption of palatine and retain extra ceratobranchials in the hyobranchium (Jiang et al., 2018). In the neotenic Dicamptodon tenebrosus (Dicamptodontidae), cranial development arrests at a mid to late larval stage: the vomer and palatopterygoid are larval, a rudimentary toothless coronoid is retained, the nasal is absent and the septomaxilla is variably present (Rose, 2003). In the ambystomatid salamander, Ambystoma talpoideum, neotenic individuals completely retain larval hyobranchium, although their palatopterygoid may disintegrate (Reilly, 1987). Among Salamandridae, neotenic (paedotypic) individuals of Lissotriton vulgaris and Ichthyosaura alpestris usually retain a complete or only partially resorbed palatopterygoid in parallel with the larval vomer and hyobranchium. Additionally, sometimes they lack the nasal and prefrontal (Djorović and Kalezić, 2000; Ivanović et al., 2014). Neotenic Notophthalmus viridiscens newts display the occurrence of a completely adult skull accompanied by a hyobranchium differing in the degree of transformation. The latter may (i) retain the completely larval morphology (but with ossified primarily cartilaginous elements), (ii) attain almost complete metamorphic remodeling, or (iii) show an intermediate morphology (Reilly, 1987). Neotenic plethodontids display the most underdeveloped morphology: they lack the maxilla, nasal, prefrontal, and septomaxilla and retain the larval vomer, palatopterygoid, and coronoid (Rose, 2003). In normal, biphasic development, the appearance of these lacking bones and remodeling of the palate and hyobranchium are associated with the metamorphic climax and are TH-inducible.

Since no larval reproducers are known among anurans, TH-involvement in the diversification of anuran larval development as well as of adult morphology is much less evident than in urodeles. Our study has shown that changes in thyroid function (i) influence the rate and length of larval development, (ii) cause changes in the ossification sequence, (iii) provoke changes in the pattern of bone formation, (iv) induce the appearance of additional centers of ossification, (v) facilitate bones fusion, and (vi) may result in their underdevelopment or loss. Consequently, the occurrence of such events in the developing frog may suggest the occurrence of changes in thyroid axis function.

For example, Pseudys platensis (Hylidae) has a very prolonged larval development several months long (Downie et al., 2009; Fabrezi et al., 2009) and is uncommon for the studied anuran developmental events: this frog completes the cranial ossification sequence and differentiation of the plectral apparatus of the middle ear prior to the end of metamorphosis (Fabrezi and Goldberg, 2009). This precocious skeletal formation suggests a precocious increase in TH-level. This seems to be the case since the profile of thyroid gland activity in P. platensis larvae rises in the prometamorphic phase, i.e., well before the metamorphic climax (Cruz and Fabrezi, 2020).

In contrast, frogs of Lepidobatrachus species (Ceratophryidae) are characterized by larval development shortened to less than three weeks (Ruibal and Thomas, 1988; Fabrezi, 2011). Predatory tadpoles of Lepidobatrachus are distinguished by a mixture of larval, mid-metamorphic, and adult features, including skeleton (Ruibal and Thomas, 1988; Hanken, 1993; Fabrezi and Quinzio, 2008). The peculiarities of Lepidobatrachus morphology were explained by “premature metamorphosis” (Hanken, 1993), which was suggested to result from an early rise in TH-level (Fabrezi and Cruz, 2014). However, since histological examination did not reveal any distinctive peak in thyroid gland activity in Lepidobatrachus tadpoles, it was hypothesized that the TH increase was attained due to maternal THs or live prey (Fabrezi and Cruz, 2014).

In adult anurans, variability in the relative lengths of hind limbs in two species of the Telmatobius genus (Telmatobiidae) was proposed to result from environmentally (via temperature) caused differences in the reaction to TH-influence (Barrionuevo, 2020).

Morphological changes artificially caused by TH-changes in B. variegata (this study) are similar to those usually found in naturally developing amphibians. However, this similarity does not automatically indicate the latter to result from changes in thyroid physiology. TH-involvement remains hypothetical until the experimental test. In our study, TH-involvement, degree of TH-influence, level of TH-sensitivity, morphological consequences of TH-changes and their dependence upon the timing and dosage of TH- or TU-administration, among others, were evaluated with a combination of artificially induced TH-deficiency and TH-treatment. Variable parameters in this study were TH and TU concentrations, timing of their administration and stage of animal development. Additionally, salamanders previously studied using the same experimental protocol differ in their phylogenetic position from basal in S. keyserlingi (Hynobiidae) to more derived in P. waltl and L. vulgaris (Salamandridae).

Thyroid hormones are intensively studied, and new experimental methods will doubtless appear, but the experimental approach used in our study seems adequate for assigned targets and may be applied in future research. Such research will benefit if it (i) is not limited to model species (e.g., Xenopus and Pleurodeles) but includes various species differing in phylogenetic position, life cycle, developmental trajectory, and ecological adaptations; (ii) studies both bones and cartilages and the interplay between them; and (iii) uses in parallel different agents influencing different processes in the thyroid pathway. The last point is important since deviation in any process included in the thyroid pathway may influence thyroid physiology and cause consequent changes in development and morphology. It is worth noting that differences in the morphology of metamorphosing and neotenic plethodontid Eurycea tynerensis salamanders were recently revealed to result from differences in the transcriptional activity of thyroid hormone receptors (Aran et al., 2014).
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Thyroid-Mediated Metabolic Differences Underlie Ecological Specialization of Extremophile Salmonids in the Arctic Lake El’gygytgyn
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El’gygytgyn, the only “ancient lake” in the Arctic (3.6 MY), is a deep (176 m) and extremely cold (always ≤ 4°C) waterbody inhabited by unique salmonids, which colonized the ecosystem stepwise during the global fluctuations of the Quaternary climate. The descendant of the first-wave-invaders (long-finned charr) dwells in the deep waters and feeds on amphipods. The second-wave-invaders (smallmouth charr) consume copepods in the mid-waters. Recent third-wave-invaders (Boganida charr) are spread throughout the ecosystem and feed on insects when they are young shifting to piscivory at an older age. Here, we present the data on the charrs’ thyroid status and metabolic characteristics, confirming their ecological specialization. The long-finned charr exhibits an extremely low thyroid content, the substitution of carbohydrates for lipids in the cellular respiration, an increased hemoglobin level and a high antioxidant blood capacity. These traits are likely to be the legacy of anaerobic survival under perennial ice cover during several Quaternary glaciations. Moderate thyroid status and reduced metabolic rate of the smallmouth charr, along with an inactive lifestyle, could be regarded as a specialization to saving energy under the low food supply in the water column. The piscivorous Boganida charr could be sub-divided into shallow-water and deep-water groups. The former demonstrates a significantly elevated thyroid status and increased metabolism. The latter is characterized by a reduced thyroid level, metabolic rate, and lipid accumulation. Thus, the endemic El’gygytgyn charrs represent a wide spectrum of contrast physiological adaptation patterns essential to survive in sympatry under extremely cold conditions.

Keywords: metabolic phenotype, evolutionary divergence, thyroid status, Arctic, salmonids, charrs


INTRODUCTION

Modern teleosts inhabit almost any kind of waterbody on the Earth, including such inhospitable habitats as hot springs in the deserts and subzero Antarctic waters, low-oxygen swamps, subterranean waterbodies, and lakes with extreme salinity (Nelson et al., 2016). The majority of fishes thriving under extreme conditions, i.e., extremophile fishes, exhibit remarkable physiological, morphological, life-history, and behavioral adaptations, so they are attractive models for investigating the causes and consequences of adaptive evolution (Plath et al., 2015). In the Arctic, freshwater salmonids represent multiple adaptations allowing them to flourish despite the long winter seasons coupled with darkness, ice shield, and low temperatures. Among the numerous Arctic salmonid communities, the unique fauna persisting in Lake El’gygytgyn (Western Beringia, Chukotka) through several glacial periods is of particular interest. This waterbody is the only “ancient” lake in the Arctic filling a meteorite crater formed 3.6 MY ago. The 176-m deep lake of a bowl-shaped morphology and the surface area of 110 km2 never warms up above 4°C and is covered with ice for 9–10 months per year (Nolan and Brigham-Grette, 2007; Melles et al., 2012). Given that the lake basin had escaped the continental-scale glaciation (Glushkova, 2001; Melles et al., 2012), it represents a unique model for paleoecological and evolutionary reconstructions.

Ichthyologists have discovered the endemic highly specialized El’gygytgyn charrs (g. Salvelinus, Figure 1), which stepwise colonized the lake during the global fluctuations of the Quaternary climate (Chereshnev et al., 2002; Osinov et al., 2015). The first invaders entered the lake between 3.6 and 1.7 MY ago. Their descendant, the long-finned charr, S. svetovidovi, dwells in the deep and demonstrates a very peculiar morphology with paedomorphic traits (Chereshnev and Skopets, 1990; Frolov, 1993; Alekseyev, 2000). The ancestors of two closely related but allopatric charrs: smallmouth, S. elgyticus, and Boganida, S. boganidae, invaded the lake much later, after the Last Glacial Maximum, 15–5 thousand years ago (Osinov et al., 2015; Oleinik et al., 2019, 2021; Osinov and Volkov, 2020). The former species is a gracile-bodied charr possessing planktivorous traits (Chereshnev et al., 2002). The latter, being the representatives of the Boganida charr, are found throughout the ecosystem and characterized by the phenotype typical of piscivorous salmonids (Chereshnev et al., 2002).
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FIGURE 1. Lake El’gygytgyn map (on the left), its location (incut), and charr fauna discovered (on the right): BL, Boganida charr, large-sized epilimnetic; BD, Boganida charr, deepwater; SM, smallmouth charr; LF, long-finned charr. The weights (the range and mean value) of adult fish used for the analysis are presented. The lines under fish images correspond to 5 cm.


Surviving in the extremely cold, deep, and low productive waters of El’gygytgyn, is an energy-balancing task requiring various physiological adaptations, foremost the consistent metabolic changes. We suggest that El’gygytgyn charrs possess common traits essential for life in the cold, such as enriching the cell membranes by the polyunsaturated fatty acids, changing the enzymes’ activity, respiration rate and glycogen metabolism (Cossins and Prosser, 1978; Guderley, 2004; White et al., 2012; DeLong et al., 2018). However, the endemic charrs varying in lifestyle should develop some specific metabolic features related to their ecological peculiarities.

To test this hypothesis, we compared the El’gygytgyn charrs’ metabolic phenotypes defined by a set of biochemical traits regulating the intensity of life processes. In particular, we assessed the blood glucose and liver glycogen levels as the circulating and stored source of the immediate energetic reserve (Masanori and Shizunori, 1971; Polakof et al., 2012). We evaluated the lipids in plasma lipoproteins and muscles, and especially triacylglycerides, as the circulating and stored source of deferred energetic reserve (Jobling, 1994b). As the indicator of the biochemical transport activity, we assessed plasma proteins (Rehulka et al., 2005) and phospholipids, which determine the cell membrane permeability, and outspread with lipoproteins throughout the body to intensify metabolism (Freeman et al., 1963). The oxidative balance was assessed via measuring the intensity of oxygen transport by hemoglobin and lipid oxidation. The latter was analyzed by the concentration of thiobarbituric acid active compounds in plasma (Debevec et al., 2017).

Finally, we compared the content of thyroid hormones as the primary endocrine factors regulating the energy balance, contributing to the thermal acclimatization, and acting as a mediator of adaptation to the changing environment in fish (Blanton and Specker, 2007; Little et al., 2013; McMenamin and Parichy, 2013; Campinho, 2019; Deal and Volkoff, 2020; Lema, 2020; Esin et al., 2021).



MATERIALS AND METHODS

The lake was fished evenly at all depths using multipanel gillnets (18–40 mm mesh size) in August 2020. All the catches were carried out in accordance with the permission No. 412020032162 issued 07/21/2020 by the North-Eastern Territorial Administration of the Federal Agency for Fishery. The procedures with fish were approved by the Bioethics commission of the A.N. Severtsov Institute of Ecology and Evolution, Russian Academy of Sciences. The catch turned out to be represented by four and not three contrasting phenotypes separated on the spot by eye (Figure 1). Only the adult individuals of the deepwater slender-bodied Boganida charrs (BD) and long-finned charrs (LF) overlapped in size. Nevertheless, even these individuals were easily distinguished from each other, as well as from the large robust-bodied Boganida charrs (BL) and small-sized smallmouth charrs (SM) (Supplementary Figure 1) in a mixed catch.

To standardize the data on the physiological performance of the charrs for further comparison, only adult fish skipping the spawning of the appropriate year were subsampled for the analysis. The final set comprised 23 BL, 21 BD, 19 SM, and 26 LF individuals. All these fish were processed freshly caught following the standard protocol. The blood was collected from the caudal vessel with Vacuette serum tubes. The samples of muscle (cut behind the dorsal fin) and liver (distal lobe) were weighted on a balance AND HR-AZ with an accuracy of ±0.001 g. The set of biochemical parameters (see Supplementary Figure 2) was measured spectrophotometrically using the photometers Hatch DR2400 and StatFax 303 Plus. Centrifugation procedures were performed at 2,900 g (Velocity 6u, Dynamica).


Carbohydrate Analysis

The level of stored and circulated carbohydrates was analyzed in terms of liver glycogen and blood glucose content. The caudal fragment of the liver of 2 mg in weight was digested in 500 μl 30% NaOH at 100°C for 30 min. Then, 100 μl of 60% H2SO4 was added to the sample, and the volume was brought up to 200 μl with Milli-Q water. The sample was mixed with 1.5 mg of 0.2% anthrone reagent (Sigma) and incubated at 100°C for 20 min (Templeton, 1961). The optical density was read at 630 nm against glycogen standards. The glucose concentration was determined in blood by an automatic glucose-meter Contour TS (Harrison et al., 2011).



Blood Protein Analysis

The hemoglobin concentration was measured by the cyanmethemoglobin method (Gammon and Baker, 1977) with 5 ml of transforming reagent (Renam kit) added to 20 μl of whole blood. The plasma protein content was identified in 10 μl samples by the Biuret test (Smith et al., 1985) using the assembled Agat-Med kit. The absorbance of both components was measured at 540 nm against standard solutions.



Lipid Analysis

The level of circulated lipids was analyzed in terms of plasma lipoproteins’ content (excluding high-density fraction), which were precipitated using BioSystems kit. The samples of 20 μl plasma dissolved in 0.5 ml phosphovolframate-MgCl2 reactive were incubated at 100°C for 15 min followed by 1-h centrifugation (Burstein et al., 1980; Regerand et al., 1990). Then, following Folch et al. (1957) procedure, lipids were extracted from the resuspended precipitate and purified with 1% KCl solution employed as the aqueous phase. The Folch method was also used to extract lipids from 200-mg samples of shredded muscle.

The total lipids’ concentration was measured via sulfo-phospho-vanillin spectrophotometric approach, absorbance was measured at 520 nm (Knicht et al., 1972). The enzymatic hydrolysis reactions (Spinreact kits) provided triglyceride (TAG) and phospholipid (PHL) values (Trinder, 1969; Takeyama et al., 1977). The indicator substance kinonimin was measured at 505 nm. The lipid concentration was recalculated to the weight of muscle samples dried to constant weight.



Thiobarbituric Acid Reactive Substances

The intensity of lipid (per)oxidation in plasma was assessed by the content of thiobarbituric acid reactive substances (TBARS). Malondialdehyde was obtained from 0.2 ml plasma by adding 1 ml of thiobarbituric acid in phosphate buffer, subsequent incubation at 100°C for 45 min and 10-min centrifuging with 4 ml of butanol. The supernatant concentration was determined at 570 and 535 nm (Gavrilov et al., 1987).



Thyroid Hormone Content

The total triiodothyronine (T3, bioactive form) and thyroxine (T4, prohormone) concentrations in plasma were evaluated by enzyme-linked immunosorbent assay. We used commercially available Monobind kits and measured the hormones at 450 nm with a sensitivity of 0.04 pg ml–1 (tT3) and 3.2 pg ml–1 (T4).



Data Processing

The obtained data were statistically checked for the distribution matching in different charr morphs using the Kolmogorov-Smirnov test (p > 0.05 in all cases). To investigate the differences among the morphs, we applied ANOVA complemented with post hoc Tukey HSD. Then, the biochemical parameters were tested for the correlation with each over and with the thyroid level. To elucidate the metabolic phenotypes of the charrs based on all eleven parameters, we used canonical variate analysis based on Wilks’ Lambda statistics launched in Statsoft v.10 (Hill and Lewicki, 2006).



RESULTS


Distribution and Feeding

The charrs exhibited spatial segregation and different food preferences. BL was mostly caught in the epilimnetic zone (∼70% of catch). Its stomach contained fish and insects regardless of the fish size. BD was collected in the profundal zone (>90%), where it consumed fish. SM was represented mainly on the lake slope (∼70%), and their stomachs contained planktonic copepods. LF was found in the profundal zone and on the slope approximately in equal proportion. This species fed on deepwater amphipods and planktonic copepods.



Carbohydrate Characteristics

The content of blood glucose was interrelated with that of liver glycogen (r = 0.67; p = 0.0001) and morph-specific, ANOVA for the glucose/glycogen concentrations: F3;86 = 9.70; p = 0.0002/F3;86 = 187.42; p = 0.0001; p < 0.0001. LF exhibited the lowest content of both carbohydrates. SM showed a significantly reduced glycogen reserve and a slightly reduced glucose level relative to Boganida charrs. Among the latter, BL had a slightly increased glycogen reserve and a more stable glucose level than BD (Figures 2A,B and Supplementary Table 1 for pairwise p-values).
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FIGURE 2. The blood glucose (A), liver glycogen (B), blood hemoglobin (C) and plasma protein (D) contents, as well as total plasma lipid content (E),% of PHL (F), and TAG (G) in the plasma lipids, total muscle lipid content (H), and% of PHL (I) and TAG (J) in the muscle lipids of the Lake El’gygytgyn charrs. Mean ± 95% confidence interval and min-max values are shown. Abbreviations with whisker boxes denote significantly differed groups (*p < 0.001; for the significance level of differences see Supplementary Tables 1–4). No correlation between the biochemical parameters and the fish weight (size) was found (r < 0.30; p > 0.05), except for the lipoproteins content in BD (r = 0.78; p = 0.0163) and muscle lipids’ content in BL (r = 0.96; p = 0.0111). In both cases, the fish accumulated lipids with the growth.


The liver glycogen reserve correlated with the plasma protein concentration (r = 0.53; p = 0.0005), as well as TAG reserve in the plasma (r2 = 0.51; p = 0.0006) and muscles (r = 0.86; p < 0.0001).



Blood Protein Characteristics

The morphs were defined by the specific ratio of hemoglobins and plasma proteins, ANOVA for the hemoglobin/plasma protein concentrations: F3;86 = 26.86; p < 0.0001/F3;86 = 10.31; p = 0.0001. SM possessed a reduced level of both parameters. LF demonstrated an increased level of hemoglobin but a decreased level of plasma proteins. A slight elevation in the blood protein content was revealed in BL compared to BD (Figures 2C,D and Supplementary Table 2 for pairwise p-values).



Lipid Characteristics


Lipoproteins

The charrs differed in the content of lipoproteins (ANOVA for the total lipid concentration in the plasma: F3;86 = 18.66; p < 0.0001). LF stood apart by the maximum lipid reserve, whereas SM demonstrated the lowest plasma lipid concentration (Figure 2E and Supplementary Table 3 for pairwise p-values). The plasma lipid composition also differed (ANOVA for% of PHL/TAG in plasma lipids: F3;86 = 23.34; p < 0.0001/F3;86 = 64.02; p < 0.0001). The PHL and TAG plasma contents displayed a significant inverse correlation (r = 0.56; p = 0.0003). The PHL level was significantly higher in BL (Figure 2F), TAG level – in LF; whereas SM showed a very low TAG plasma reserve (Figure 2G and Supplementary Table 3).



Muscle Lipids

The total lipid concentration in muscles correlated with the lipoprotein content in blood (r = 0.71; p = 0.0001). SM displayed a very low muscle lipid reserve, and LF had an extremely high one, ANOVA F3;86 = 98.25; p < 0.0001 (Figure 2H and Supplementary Table 4 for pairwise p-values). The ratio of negatively interrelated PHL and TAG (r = 0.95; p < 0.0001) differed between the charrs, ANOVA for% of PHL/TAG: F3;86 = 37.76; p < 0.0001/F3;86 = 22.35; p < 0.0001. The PHL level significantly declined, while the TAG level significantly increased in the row: Boganida charrs – SM – LF (Figures 2I,J and Supplementary Table 4). The PHL and TAG levels in the muscles and blood were correlated (r = 0.54; p = 0.0003 for both).



Plasma Thiobarbituric Acid Reactive Substances

The Boganida charrs demonstrated a plasma thiobarbituric acid reactive substances (TBARS) level equal to 1.33 ± 0.11 (from 0.8 to 2.8) nmol ml–1. A slight elevation of the parameter was revealed for SM, 1.61 ± 0.16 (1.0–2.8) nmol ml–1. At the same time, LF displayed significantly reduced TBARS levels (ANOVA F3;70 = 8.13; p = 0.0206) indicating a higher antioxidant capacity of the blood.



Thyroid Status

The charrs demonstrated morph-specific hormonal status, ANOVA for the T3/T4 concentrations: F3;77 = 49.32; p < 0.0001/F3;38 = 14.15; p < 0.0001. LF had a significantly reduced hormonal content, while BL demonstrated an increased hormonal level. BD and SM were characterized by a moderate T3 supply. However, SM differed by an extremely low T4 concentration (Figure 3 and Supplementary Table 5 for post hoc pairwise p-values).
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FIGURE 3. The T3 (A) and T4 (B) blood content of the El’gygytgyn charrs. Mean ± 95% confidence interval and min-max values are shown. Abbreviations with whisker boxes denote significantly differed groups (*p < 0.001; for the significance level of differences see Supplementary Table 5).


The T3 content manifested a significant correlation with the blood glucose (r = 0.58; p = 0.0002), liver glycogen (r2 = 0.95; p < 0.0001), TAG in the plasma (r = 0.85; p < 0.0001) and muscles (r2 = 0.68; p < 0.0001), plasma proteins (r = 0.52; p = 0.0010), as well as the PHL in the plasma (r = 0.60; p = 0.0001) and muscles (r2 = 0.72; p < 0.0001). Thus, the T3 level was associated with the biochemical parameters responsible for the energy storage and transport, but not with the levels of hemoglobin and TBARS (r2 = 0.09; p > 0.05).



Charr Metabolic Phenotypes

Using CV analysis for the complex of biochemical parameters, we identified four morph-specific physiological phenotypes (niches), F33;231 = 43.12; p < 0.0001, Wilks’ Lambda = 0.0027, canonical R = 0.9813. In the CV space, LF occupied a remote position separating by the main root mainly due to the specific glycogen and muscle lipid levels (Figure 4 and Supplementary Table 6). BL, BD, and SM were ordinated mainly along the second root following their discrete slowdown in the metabolic rate. The liver glycogen, blood hemoglobin and plasma lipid content were the most different parameters among these charrs. An additional multivariate comparison of BL and BD confirmed their distinct metabolic phenotypes (Figure 4, incut).
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FIGURE 4. Results of physiological niche identification in the El’gygytgyn charrs via CV analysis of 11 biochemical parameters (the blood glucose, liver glycogen, blood hemoglobin, plasma protein, plasma lipid content,% of PHL and TAG in the plasma lipids, muscle lipid content,% of PHL and TAG in the muscle lipids, plasma TBARS). Incut figure represents the result of comparing two Boganida charrs separately from other species. The charr groups and the root eigen values are labeled.




DISCUSSION

The Lake El’gygytgyn charrs survive at the edge of ecological tolerance for non-migratory freshwater fishes. The lake was covered with ice many times over the decades during the late Pleistocene – early Holocene (Melles et al., 2012). To date, the average annual air temperature over the lake surface is close to −9°C, which is lower than over Lake Hazen, the northernmost resident fish-inhabited lake, with the average surface temperature of approximately −5°C (France, 1993). Further to the north, non-annual ice breaking results in a sharp drop in the ecosystem productivity (Keatley et al., 2007), and the inability of lacustrine fishes to survive in these harsh conditions could be assumed.

A good indicator of fish fitness and performance in food acquisition is the proximate tissue composition (Beamish et al., 1989; Shearer, 1994; Heath, 1995; Speranza and Colombo, 2009). We found that all the El’gygytgyn charrs possess a specific common trait. They are very fatty: up to 37–53% (dry weight) and, therefore, adapted to the extremely cold conditions (White et al., 2012; DeLong et al., 2018). Lipids act as a resource store in ultra-oligotrophic ecosystems and also provide for the buoyancy essential for energy saving while swimming through the water column (Muir et al., 2014).

At the same time, the El’gygytgyn charrs differ in the ratio of biochemical parameters defining the dynamics of energy processing and storage, and biopolymer transport activity, which are related to the ecological differences in fish (Alexander, 1993). Following the authors describing the physiological discrepancies for the ecomorphs of various charr species (Proulx and Magnan, 2002; Goetz et al., 2014), we considered the revealed peculiarities of the El’gygytgyn charrs as the metabolic phenotypes corresponding to their ecological niches.

Long-finned charr (LF) occupies the unique niche – a deepwater amphipod-consumer capable of dwelling in anaerobic conditions. The increased hemoglobin level and decreased intensity of transporting lipid oxidation are inherent in this species. The last characteristic could be interpreted as the enhanced defense against oxidative stress, a likely adaptation to the low-oxygen conditions (Pollock et al., 2007; Debevec et al., 2017). Long-finned charr is also characterized by the substitution of carbohydrates for lipids in cellular respiration. The body fatness and TAG level in muscles and blood of this charr were out of scale.

The reduced metabolic rate and inactive lifestyle enable the energy saving necessary under the conditions of low food supply. Both features were characteristic of smallmouth charr (SM). Among the El’gygytgyn fish, this species possesses the lowest lipid level due to the planktivorous diet. In one respect, zooplankton contains approximately 21% (dry weight) of lipids as compared with about 14% in benthic insect larvae (Jobling, 1994b) and 15–20% in amphipods (Greze, 1977). Meanwhile, the main lipid storage product in many zooplankters is wax esters (Cavaletto et al., 1989; Brett et al., 2009), which are harder to digest than TAGs and PHLs from insects, amphipods, and fish prey. Thus, following Jobling (1994a), we suggest that the low lipid content found in the SM muscles is related to the presence of wax esters in its diet.

The piscivorous Boganida charrs are physiologically heterogeneous, but demonstrate an accelerated metabolism as compared with SM and LF. We found that Boganida charrs split into two discrete phenotypes related to the specific lifestyles: epilimnetic (BL) and deepwater (BD). The former displays high glycogen and PHL contents which allows considering it as more metabolically advanced than the latter. This finding goes along with the suggestion that metabolic level should be higher in fish that has to chase prey (Childress et al., 1990). At depth, where the visibility is reduced, the predator’s throw to prey is shorter, so the metabolism may be slower. Probably, BD hunts in an “ambush way,” and BL - in a “chasing way.” Moreover, the metabolic differences between the Boganida phenotypes were supported by the heterogeneity in the rate of their somatic growth (Chereshnev et al., 2002). Fast-growing BL is characterized by a higher plasma protein content, which can be associated with effective muscle anabolism (Houlihan et al., 1993).

The ecologically determined metabolic phenotypes of the El’gygytgyn charrs are related to their specific hormonal phenotypes. The metabolically advanced BL displays the highest level of thyroid hormones. The piscivorous but metabolically retarded BD has a significantly lower concentration of T3. The planktivorous SM characterized by slow metabolism exhibits a moderate level of T3 and a very low level of T4. The metabolically unique LF is the most hypothyroid El’gygytgyn fish. We also found sharp differences in the blood plasma biochemistry among the charrs, which is known to strongly correlate with the thyroid hormone status (Abdollahpour et al., 2019).

Given that the thyroid hormones are the key regulators of metabolism (Blanton and Specker, 2007; Lanni et al., 2016; Lema, 2020), the assumption that this endocrine axis determines the metabolic phenotypes of the El’gygytgyn charrs seems plausible. Moreover, the knowledge that the thyroid signaling links the ontogeny and metabolism to the environmental variables (Holzer and Laudet, 2015) allows proposing that this endocrine axis played a decisive role during the lake colonization and subsequent specialization of the charrs. Above all, a life-history shift from anadromy to fresh-water residency is associated with the changes in endocrinology. The salt-water migration decline leads to a number of consequences. In particular, it results in the loss of a parr-smolt transformation (Ferguson et al., 2019), which is regarded as a “pan-hyperendocrine state” [sensu Bern (1978) in McCormick (2013)], when the hormone synthesis consistently increases. In resident salmonid populations, the activity of some of the pivotal smolting endocrine axes (growth hormone and hypothalamic-pituitary-interrenal hormones) significantly decreases. In contrast, the thyroid axis, which is also regarded as a crucial smolting endocrine axis, does not change the activity and enhances the influence on development and physiology (McCormick et al., 2019). This finding allows us to speculate that the thyroid axis took on the role of the main endocrine factor orchestrating the developmental and physiological changes in the El’gygytgyn charrs. Initially, the thyroid hormones could act as the mediators providing for the development of thermal acclimation (Little et al., 2013) and specific lipid metabolism (Plisetskaya et al., 1983; Lanni et al., 2016; Deal and Volkoff, 2020) common for all El’gygytgyn charrs. Further, the thyroid axis most likely participated in the evolution of the species-specific traits.

Particularly, after the lake colonization, LF have been surviving and specializing under the long-term ice cover during at least four global climatic coolings of Pleistocene (Osinov et al., 2015). Stepwise “evolutionary shifts” (sensu Szappanos et al., 2016) led to the formation of the unique phenotype under the pressure of sequential cooling and low-oxygen conditions, each time pushing the population toward a deeper ecological specialization. As a result, LF evolved into a hypothyroid fish with a low metabolic rate, which is regarded as an adaptation to the low-oxygen and poor food environment (Childress and Seibel, 1998; Kitano et al., 2010; Weidner et al., 2020). Low hormonal level, which often leads to paedomorphosis in low vertebrates (Laudet, 2011), also affected morphology. LF possesses neotenic morphological traits (Alekseyev, 2000).

Following Lema (2020) considering the endocrine regulation as a crucial proximate mechanism initiating evolutionary adaptations, we presume the thyroid status differences to be one of the key factors underpinning the radiation of the Boganida charrs. We suggest that BD is an evolutionary young ecological morph radiating from BL, a morph strongly resembling ancestral anadromous Salvelinus taranetzi (Chereshnev et al., 2002; Osinov et al., 2015). Occupying the new ecological niche (deep-water predator) required the life-style and physiological transformations, which seem to be associated with the decrease of the thyroid axis activity. Thus, we consider the development of the El’gygytgyn charr diversity as a stepwise adaptive evolution of metabolic phenotypes driven by the thyroid axis in response to the environmental challenges.
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Component Organism Gene Expression in diapause vs. LOF or RNAi phenotype References
non-diapause

Insulin/ IGF/ ILP C. elegans daf-28 Reduced 4 diapause Li et al., 2003; Cornils et al., 2011
ins-6 Complex' 1 diapause Conils et al., 2011
ins-1 Unchanged in sensory neurons | diapause Cornils et al., 2011
hat regulate dauer
C. pipiens ILP-1 Reduced 1 diapause Sim and Denlinger, 2008, 2009
ILP-5 Reduced No effect on diapause Sim and Denlinger, 2008, 2009
D. melanogaster dilp2 ncreased 1 diapause Kubrak et al., 2014; Liu et al.,
2016; Schiesari et al., 2016
dip5 ncreased 4 diapause Kubrak et al., 2014; Liu et al.,
2016; Schiesari et al., 2016
A. limnaeus IGF-I Reduced 4 diapause Woll and Podrabsky, 2017
IGF-II Unchanged Woll and Podrabsky, 2017
IR/IGFR C. elegans daf-2 Decreased? 1 diapause Riddle, 1977; Kimura et al., 2011
C. pipiens IR 1 diapause Sim and Denlinger, 2008
D. melanogaster InR Unchanged 1 diapause Kubrak et al., 2014; Schiesari et al.,
2016
A. limnaeus IGFR1 1 diapause Woll and Podrabsky, 2017
PI3K C. elegans age-1 4 diapause Gottlieb and Ruvkun, 1994
D. melanogaster Dp110 Unchanged® 4 diapause Williams et al., 2006
PTEN C. elegans daf-18 | diapause Riddle et al., 1981
AKT C. elegans akt-1 4 diapause Allion and Thomas, 2003; Oh et al.,
2005
C. elegans akt-2 4 diapause Allion and Thomas, 2003; Oh et al.,
2005
FOXO C. elegans daf-16 Nuclear import | diapause | lipid stores, Riddle et al., 1981; Vowels and
remodeling & dauer cuticle Thomas, 1992; Gottlieb and
Ruvkun, 1994; Lin et al., 2001
C. pipiens FOXO Increased | lipid stores & survival Sim and Denlinger, 2008, 2013b

during diapause

1During dauer, ins-6 expression is reduced in the ASI sensory neuron that inhibits dauer entry and increased in the ASJ sensory neuron that inhibits dauer exit
(Cornils et al., 2011).

2daf-2 expression is reduced in response to starvation, but dauer diapause was not tested (Kimura et al., 2011).

3Dp110 expression was compared between two wild isolates that differ in propensity to enter diapause (Williams et al., 2006).
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Component Organism Gene Expression in diapause vs. References
non-diapause
NHR C. elegans daf-12 Reduced Antebi et al., 2000
Insects EcR-A Reduced' Gu et al., 2021
EcR-B1 ncreased early, reduced later Gu et al., 2021
UspP Unchanged Gu et al., 2021
A. limnaeus VDR-A Unchanged Romney et al., 2018
VDR-B ncreased Romney et al., 2018
RXR Unchanged Romney et al., 2018
Rieske oxygenase C. elegans daf-36 Largely unchanged Rottiers et al., 2006
Insects Nvd Reduced! Gu et al., 2021
A. limnaeus LOC106533739 Reduced Romney et al., 2018
Cytochrome P450 enzymes C. elegans daf-9 Reduced Gerisch and Antebi,
2004; Schaedel et al.,
2012
Insects Spo Reduced! Gu et al., 202
Phm ncreased early, reduced later’ Gu et al., 202
Dib Unchanged' Gu et al.,, 202
Sad Unchanged' Gu et al., 2021
Shd/E200Hase Reduced' Gu et al,, 202
A. limnaeus vitamin D25-hydroxylase Reduced Romney et al., 2018
25-hydroxyvitamin D-1a hydroxylase Reduced Romney et al., 2018
Phosphatase® Insects EPPase Reduced Sonobe and Yamada,
2004; Gu et al., 2021

1The expression pattern of these genes was determined in B. mori (Gu et al., 2021).
2The ecdysteroid-phosphate phosphatase (EPPase) converts inactive, phosphorylated forms of 20E and its precursors into active forms by removing phosphate groups
(Sonobe and Yamada, 2004).
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Pathway

Intrinsic

Extrinsic

Granzyme

Execution

Name (Human ref)

Second mitochondrial activator of caspases/direct IAP binding
protein with low PI (OBLOH_HUMAN)
Cytochrome ¢ (CYC_HUMAN)

High-temperature requirement (HTRA2_HUMAN)
Inhibitor of apoptosis proteins (XIAP_HUMAN)

Apoptotic protease activating factor (APAF_HUMAN)
Cysteinyl aspartic acid-protease-9 (GASPO_HUMAN)

Apoptosis inducing factor (AIFM1_HUMAN)
BOL2 like 1 (B2CL1_HUMAN)
BOL2 associated anathanogene (BAG1_HUMAN)

BOL2 associated X protein (BAX_HUMAN)
BOL2 antagonist killer 1 (BAK_HUMAN)
Bik-like Kiler protein (BLK_HUMAN)

Tyrosine 3-monooxygenase/tryptophan 5-monooxygenase
activation protein (1433E_HUMAN)

Cell death regulator Aven (AVEN_HUMAN)

Oncogene Myc (MYC_HUMAN)

Tumor necrosis factor receptor 1 (TNR1A_HUMAN)

Fas antigen ligand (TNFL6_HUMAN)

Apoptosis-mediating surface antigen FAS (TNR6_HUMAN)
Apo3 Ligand (TNF12_HUMAN)

Apo2 ligand (TNF10_HUMAN)

Fas-associated death domain (FADD_HUMAN)

Receptor interacting protein (RIPK1_HUMAN)

Caspase-8 (CASP8_HUMAN)

Granzyme B (GRAB_HUMAN)

Caspase-10 (CASPA_HUMAN)

Granzyme A (GRAA_HUMAN)

NME1 (NDKA_HUMAN)
Cysteinyl aspartic acid-protease-3 (CASP3_HUMAN)

Cysteinyl aspartic acid-protease-6 (CASPE_HUMAN)

Cysteinyl aspartic acid-protease-7 (CASP7_HUMAN)

Poly (ADP-ribose) polymerase (PARP1_HUMAN)

Spectrin alpha chain (SPTN1_HUMAN)

Reference in
text

DIABLO

cycs.

HtrA2
AP

APAF1
CASP9

AIFM1

BCL2L1
BAG1

BAK1

BLK

1433

AVEN

Myc

TNFRSF1A
FasLG

Fas
TNFSF12
TNFSF10
FADD
RIPK1
CASP8
GZMB
CASP10

GZMA

NME1
CASP3

CASP6

CASP7

PARP1

SPTAN1

Echinobase
Loc

LOC574919

LOC575421

LOC115918650
LOC581540

LOC591503
LOC115924698
(Predicted)
LOC578253
LOC100890351
LOC579477

LOC586236
LOC115917937
SFK7

LOC581376

LOC762362

LOC373385

LOC105446527
LoCs82167
LOC586563
(Predicted)
LOC100890814
(Predicted)
LOC100891737

LOC587131
LOC105436416
LOC585496

bf (Predicted)

LOC587820
(Predicted)
LOC115929050

LOC594617

LOC115918952
(Predicted)

LOC584221

LOC580916
(Predicted)

LOC752216

LOC580822

Role

Inhibits IAP

Binds APAF1 and
procaspase-9

Inhibits IAP

Binds casp-9, casp-3 and
casp-7

Binds cycs and procaspase-9
Cleaves CASP3

Triggers DNA fragmentation
Inhibits MOMP

Interacts with anti-apoptotic
Bcl-2 family members

Triggers MOMP

Triggers MOMP

Prevents Bel-2 and BOL2L1
from blocking apoptosome
formation

Phosphorylates and sequesters
Bad

Binds BOL2L1 and APAF1 to
block activation of
procaspase-9

Plays a role in both
p53-dependent and
independent apoptosis

Binds ligands to recruit TRADD
Binds with Fas

Binds with ligands to recruit
FADD

Binds with TNFRSF25 to recruit
CAPs

Binds with either TNFRSF10A
or TNFRSF10B to CAPs
Associates with CASPS to form
the DISC

Assists FADD in binding
TRADD to TNF/TNFRSF1A
Cleaves effector caspases
Cleaves proteins leading to
activation of CASP10 and
CASP3 and release of DFFB

Cleaves CASP3

Cleaves SET complex to
release NME1

Causes DNA nicks

Cleaves enzymes leading to
nuclear and cytoskeletal
degradation

Cleaves enzymes leading to
nuclear and cytoskeletal
degradation

Cleaves enzymes leading to
nuclear and cytoskeletal
degradation

Cleavage of PARP1 faciltates
cellular disassembly

Cleavage of SPTANT leads to
breakdown of the cellular
membrane and formation of the
apoptotic bodies

MOMP, mitochondial outer membrane permeabilization; CAPs, cytoplasmic adaptor proteins. Only proteins found in S. purpuratus are listed in this table. CD, programmed
cell death; DISC, death inducing signaling complex; Bcl-2, B-cell lymphoma 2; IAPs, Inhibitor of apoptosis proteins; THs, thyroid hormones; BH, Bcl-2 homology; CARD,
caspase recruitment domain.
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Skeletal Norm | T32x10-°M TU 0.02% TU 0.04%
elements

Limbs and limb girdles
Femur 14 12 22 22
Fibula, tibia 14 18 22 22
Tarsals 17 14 25 24
Metatarsals 18 14 30 30
llium 19 14 30 30
First foot 19 17 38 51
phalanges
All foot 28 19 48 —
phalanges
Ischium 28 25 52 -
Humerus 18 14 27 22
Ulna, radius 18 14 30 24
Cleithrum 19 15 37 45
Coracoid 19 16 38 79
Clavicle 19 15 37 45
Scapula 19 18 38 116
Metacarpals 19 15 37 45
First hand 19 17 38 51
phalanges
All hand 24 19 48 -
phalanges

Axial skeleton

Presacral 17 14 24 27
vertebrae
1-VIII
Sacral IX 19 14 24 37
Postsacral X 19 14 33 37
Postsacral XI 23 15 53 -
Hypochord 23 15 38 -
Centra 23 18 38 -
Ribs 25 22 52 -
Urostyle 35 27 - -
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Experimental group Beginning of Experiment duration (dph) Attained Number of specimens SVL range (mm)

stimulation (dph) developmental stage

Experiment | (2007)

Norm | - 37 46 63 6.0-19.5
Tz2 x 10710M 6 34 46 23 10.0-18.0
T32x 1079 M 6 27 46 44 8.5-13.5
Thiourea 0.02% 7 75 43-44 34 9.0-19.0
Thiourea 0.04% 7 123 38-39 42 9.0-22.0
Experiment Il (2019)

Norm i - 34 46 53 8.0-18.5
T32 x 1078 Mearly 6 20 35 24 5.0-6.6

T3 2 x 1078 M late 15 22 37/42 29 5.3-11.5

dph, days post hatching; SVL, snout-vent length.
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Stage Skull

36 Parasphenoid
Frontoparietal

37 Exoccipital

38

39 Premaxilla

40 Septomaxilla

41 [Vomer, nasal]

42 [Squamosal, angulosplenial]

43 Maxilla
Dentary

44 Quadratojugal

45 Pterygoid
Prootic

46 Os thyroideum

Axial skeleton

First neural arches

Neural arches I-VIII
Neural arch IX
First centra

Neural arch X
Hypochord

Neural arch Xl
Ribs

Urostyle formed

Hind limb and pelvic girdle

Femur
Fibula
Tibia
Tarsals

llium
First metatarsals

First phalanges

All phalanges

Ischium

Forelimb and pectoral girdle

Humerus
Ulna
Radius

Cleithrum

First metacarpals
[Coracoid, clavicle]
Scapula

First phalanges

All phalanges

Elements in [brackets] appear simultaneously or the sequence of their appearance is not resolved.
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Bone

Parasphenoid
Frontoparietal
Exoccipital
Premaxilla
Septomaxilla
Vomer

Nasal
Angulosplenial
Squamosal
Maxilla
Dentary
Quadratojugal
Pterygoid
Prootic

Os thyroideum

Experiment 2007 Experiment 2019
Norm | T3 TU Norm Il T3
2x10-10M 2x10-°M 0.02% 0.04% 2 x 10~8 M early 2 x 10-8 M late

14 14 14 17 22 22 17 22
14 14 14 17 22 20 17 22
18 17 15 20 59 22 - 24
23 189 15 48 - 24 17 22
26 22 18 48 - 26 17 22
28 19 15 52 - 28 18 24
28 23 18 52 ~ 28 = =
29 23 18 52 - 28 18 24
29 25 21 52 - 28 18 24
30 29 22 60 - 28 18 24
30 33 22 63 - 28 17 24
32 33 27 - - 32 18 24
33 34 26 - - 34 - =
33 34 s - - 34 - =
37 = — - - 34 - =
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Sequence Norm I-ll T32x10°1M T32x10°°M T3 2 x 10-8 M early TU 0.02%
position

1 Parasphenoid [Parasphenoid [Parasphenoid [Premaxilla [Parasphenoid

2 Frontoparietal Frontoparietal] Frontoparietal] Dentary] Frontoparietal]

3 Exoccipital Exoccipital [Exoccipital Frontoparietal Exoccipital

4 Premaxilla Premaxilla Premaxilla [Parasphenoid [Premaxilla

5 Septomaxilla Vomer Vomer] Septomaxilla] Septomaxilla]

6 [Vomer Septomaxilla [Septomaxilla [Squamosal [Vomer

7 Nasal] [Nasal Nasal Angulosplenial Nasal

8 [Squamosal Angulosplenial] Angulosplenial] Maxilla Squamosal

9 Angulosplenial] Squamosal Squamosal Quadratojugal] Angulosplenial]

10 Maxilla Maxilla [Dentary Vomer Maxilla

11 Dentary Dentary Maxilla] Exoccipital, Dentary

12 Quadratojugal Quadratojugal Pterygoid Nasal, Pterygoid, Quadratojugal,

13 Pterygoid [Pterygoid Quadratojugal Prootic, and Os Pterygoid,

14 Prootic Prootic] Prootic and Os thyroideum do Prootic, and Os

15 Os thyroideum Os thyroideum does not thyroideum do not form not form thyroideum do not form
form

Bones in [brackets] appear simultaneously or the sequence of their appearance is not resolved.
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Study

Species

Initial Stage

Concentrations Effects on thyroid histopathology and development

(mg/l) and days of
exposure

Degitz et al. (2005)
Laboratory conditions

Fabrezi et al. (2019)
Mesocosm conditions

Xenopus laevis

Pleurodema borellii

Leptodactylus
macrosternum

Early exposure: Nieuwkoop — 6.25, 12.5, 25.0,
50.0, 100

and Faber Stage 51~
Gosner Stage 30

Late exposure: Nieuwkoop
and FaberStage 54~
Gosner Stage 35

Gosner Stages 22-35

Gosner Stages 28-30

14 days

6.6 mg/l
10 days

6.6 mg/l
16 days

Hypothyroidism: the severity in the thyroid gland is dependent of
concentration. Initial stage had no impact on the concentration at which
significant effects on developmental rate are observed. Significant
inhibition in development at concentrations above 25.00 mg/l. The span
of developmental stage at intermediate concentrations fell between the
controls and 100 mg/l treatment.

Moderate hypertrophy (20%) of thyroid gland. Significant increment of
growth (Gosner Stages 31-36). The span of developmental stage is
similar to the control

Moderate hypertrophy (27%) of thyroid gland. Significant increment of
tadpole size. The span of developmental stage is similar to the control
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Study Species Initial stage Concentrations Effects on thyroid histopathology and development
(v g/l) and days
of exposure
Degitz et al. Xenopus laevis  Early exposure: Nieuwkoop and 0.25,0.50, 1.00, Increment in mortality at higher concentrations. Decrease in the number of
(2005) Faber Stage 51~ Gosner Stage 30 2.00, 4.00 developmental stages related the increment of T4 concentrations.
Laboratory Late exposure: Nieuwkoop and Significant acceleration of development was observed at 2 and 4 pg/l.
conditions FaberStage 54~ Gosner Stage 35 21 days
Fabrezi et al. Pleurodema Gosner Stages 22-35 0.83 Moderate atrophy of thyroid gland.
(2019) borellii 10 days
Mesocosm
conditions
Leptodactylus  Gosner Stages 28-30 0.83 Severe atrophy of thyroid gland. Significant size reduction and decrease in
macrosternum 16 days the number of developmental stages (38-39). Acceleration of development.
Advanced snout ossification, and hypochord, medial fusion of girdles and
beginning of digestive tract transformation (vent tube and oral disc
disappearance and empty gut).
Dermatonotus ~ Gosner Stages 29-32 0.83 Severe atrophy of thyroid gland. Significant size reduction and decrease in
muelleri 16 days the number of developmental stages. Tail shortening and forelimb

emergence. Advanced snout ossification, and hypochord, medial fusion of
girdles and beginning of digestive tract transformation (vent tube and oral
disc disappearance and empty gut). Cartilages of skull and hyobranchial
apparatus remodel.
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Beginnig of End of exposure Specimens N Mean SVL + SD (mm) Mean TL + SD (mm)
experiments
Early exposure 18 days after hatching Control 26 10.98 £ 1.58 (a) 26.17 + 3.68 (a)
2 days after hatching Methimazole 27 13.98 + 2.36 (b) 33.56 £+ 5.67 (b)
Thyroxine 2 12.55 + 1.58 (¢) 29.95 + 3.99 (c)
31 days after hatching Control 47 15.63 + 1.66 (a) 37.62 £ 3.70 (a)
Methimazole 57 19.31 £2.41 (a) 4917 £5.73 (b)
Thiroxine 45 15.89 + 1.26 (b) 41.24 + 3.47 (c)
Late exposure 31 days after hatching Control 47 16.63 + 1.66 (a) 37.62 + 3.70 (a)
18 days after hatching Methimazole 56 16.84 + 1.58 (b) 43.01 £4.36 (b)
Thiroxine 59 16.59 + 1.16 (b) 42.86 £3.37 (b)

Mean lengths with different letter symbols in parenthesis are significantly different from each other (P < 0.0001), as determined by Kruskal Wallis test.





OPS/images/fevo-09-733947/cross.jpg
3,

i





OPS/images/fevo-09-715988/fevo-09-715988-g006.jpg





OPS/images/fevo-09-715988/fevo-09-715988-g007.jpg





OPS/images/fevo-09-715988/fevo-09-715988-g008.jpg
epicoracoig

i






OPS/images/fevo-09-715988/fevo-09-715988-g009.jpg





OPS/images/fevo-09-715988/fevo-09-715988-g004.jpg
Lengh inmiimaters

45 |
1 J— } }{.  totailengtn
- } { 14
) I} .
25 1 10
20 1 L 8
15 e ¢ snoutwent length | 8
10 La
5 | 2
. 0
n 2 3 K| 3 ¥ 37T 3 s 0 4N 42 43
Gosner Stages
21T 1 t |l s Yotad length
|t
wl ¥
35 114
30 1 Methimazole exposure 12
25 10
20 e SNOUb-vent length 8
15 6
10 L4
5 ¥
0 - - - . . ——
3 32 3 M 35 ¥ 7 3 3 40 41 2 4
Gosner Stages
45 4 T4 exposure I 18
40 fotad length { 16
35 1 14
30 1 12
25 4 10
20 - ¥
. ] I e o .
15 | snout-vent length N { 6
10 1 -4
5 | 2
o - - - (i
M xR 3m M » ¥ N B ¥ 4 N 42 43
Gosner Stages
19914 51,191
g'n..w 44 64/
: 6 i
g 14,95 » 3808
b =
12401 b 3,52 t b
a
10.01 2497

Ca;lml Meh;rmua T4 Contral Melimazole T4

Number of specomens

Number of spaam

Numbar of spadmens





OPS/images/fevo-09-715988/fevo-09-715988-g005.jpg
STAGES

>

ABNORMALITIES

methimazole

T4

=]
=
c
Q
Q

limb bud
digit differentiation-.

limb growth
metamorphic climax

symmetrical hind limbs
asymmetrical hind limbs .

A

®

A4

Stage 25
Day 2
January 13 /
Beginning of treatments > ‘
= S §. Evaluation of treatments End of treatments
©
& £ S
|
|
January6  Day0 Day 18 Day 31
January 11 January 29 February 11
Stage 25 > 0 ‘.
Beginning of trealmenm\‘
S . ‘
= o
S £ 2 End of treatments
N 5 2
5 £ S
H-++HHH R R EEEE SR SR SR SR SR RN
IIIIIIIIIIIIIIIIIIIIIII |
Day 18 Day 31
January6  Day0 January 29 February 11

January 11





OPS/images/back-cover.jpg
Advantages
of publishing
in Frontiers






OPS/images/fevo-09-733947/fevo-09-733947-g008.jpg
Days post fertilization >

Days post hatching

120
100
80
60
4
20

o

70
60
50
4
3

N
o O O

10

cor v pal den sq pmx prs pt pra fr par exo Q) osp pro max nas thy prf q

prs frp exo pmx spm Vv ans sq max den | pt pro thy

Cranial bones
B Norm M T32x10°M W TU 0.02%





OPS/images/fevo-09-733947/fevo-09-733947-g009.jpg
Days post hatching

35
30
2
2
1
1

OO U1 ©O U1 O U

1

o O

hum

u-r mtc f-ph I-ph

tar mtt il f-ph I-ph isch

fem ft mtt f-ph il l-ph isch

| |I|II|‘|I' ||| ||| Illlllllllllllllll |||

fem f-t

hum u-r cle cor cla sc mtc f-ph |-ph

Skeletal elements

B Norm M T;2x10°M

| TU 0.02%





OPS/images/fevo-09-733947/fevo-09-733947-g010.jpg
parasphenoid
frontoparietal
exoccipital
premaxilla
septomaxilla
vomer

nasal
squamosal
angulosplenial
maxilla

dentary






OPS/images/fevo-09-733947/fevo-09-733947-g004.jpg





OPS/images/fevo-09-733947/fevo-09-733947-g005.jpg





OPS/images/fevo-09-733947/fevo-09-733947-g006.jpg





OPS/images/fevo-09-733947/fevo-09-733947-g007.jpg
'm'/'\ / 'm'/'\






OPS/images/fevo-09-733947/fevo-09-733947-g001.jpg





OPS/images/fevo-09-733947/fevo-09-733947-g002.jpg
pmx

S
S






OPS/images/fevo-09-733947/fevo-09-733947-g003.jpg
-
¥ nas \

e
)
R






OPS/images/fevo-09-734031/fevo-09-734031-g001.jpg
ADULT

METAMORPHOSIS

LARVA

Insulin-like peptide

EMBRYO

T
T

T

Corticosteroid

I o
HO ? 1
o NH,

Thyroid Ihormone





OPS/images/fevo-09-734031/fevo-09-734031-g002.jpg
A ENVIRONMENT

v

Hypothalamus

Corticotropin-releasing B =
hormone | ¥

Pitvitary Pituitary

I Thyroid stimulating Adrenocorticotropic |

l

Thyroid gland Interrenal glands

. y ¥,
(N T4 ? 3 P Corticosteroid /
METAMORPHOSIS
B ST B R R N R PR TN B ENVIRONMENT
Brain | Brain via Nutrient sensing tissues

corpora cardiaca

|

|

I

|

|

|

|

! Allatostatin Allatotropin

: Prothoracicotropic
, ol hormone
|

I

|

I

I

I

|

Growth-Blocking Peptide,

Unpaired2, Dawdle, AKH,
CCHamide-2, Eiger, etc.

i

Prothoracic glands Insulin producing cells

Corpora allata /—| Ecdysteroids Rammd Insulin-like peptides
Juvenile hormone

Corpora cardiaca

&b
—

l

—t

S GRS L Juvenile hormone
epoxide hydrolase

l

;| METAMORPHOSIS GROWTH






OPS/images/fevo-09-735487/fevo-09-735487-g003.jpg
CORTICOTROPIC AXIS

Brain
Hypothalamus

S

Pituitary
—ACTH «— CRHR

Adrenal t‘ MC2R
\ Interrenal

Cortisol
Corticosterone

Target tissues

POST-EMBRYONIC

DEVELOPMENT
STRESS





OPS/images/fevo-09-735487/fevo-09-735487-g004.jpg
THYROTROPIC AXIS CORTICOTROPIC AXIS
Brain

Hypothalamus
TRH CRH

Adrenal
Interrenal

Thyroid

Modulation of the DEVELOPMENT by STRESS





OPS/images/fevo-09-735487/fevo-09-735487-t001.jpg
Vertebrates Amphibian Teleost Sauropsid Mammal

Developmental period Metamorphosis Metamorphosis Egg hatching Birth
HPT axis on HPA/I axis TH on CRH + + + +
TH on CS availability ? ? ? +
TH on GR + £ + +
HPA/I axis on HPT axis CRH on TSH + +4 + -
CS on TH availability + + + +
CSonTR + + + +






OPS/images/fevo-09-734031/cross.jpg
3,

i





OPS/images/fevo-09-735924/fevo-09-735924-t003.jpg
Organism

C. elegans

D. melanogaster
B. mori

A. limnaeus

Active form of ligand

dafachronic acids
20E

20E

1,25(0H)2D3

Expression in diapause
vs. non-diapause

Reduced
Reduced
Reduced
Reduced

Effect of ectopic addition of
ligand

| diapause
| diapause
| diapause
| diapause

References

Motola et al., 2006; Schaedel et al., 2012
Richard et al., 1998, 2001a

Makka et al., 2002; Sonobe and Yamada, 2004
Romney et al., 2018






OPS/images/fevo-09-735487/cross.jpg
3,

i





OPS/images/fevo-09-735487/fevo-09-735487-g001.jpg
General external
environment

Sauropsids Amphibians

HPT
SOCIAL

HPA/HPI

Mammals Teleosts

External specific
environment






OPS/images/fevo-09-735487/fevo-09-735487-g002.jpg
THYROTROPIC AXIS

Brain
Hypothalamus

()= TRH

Pituitary
—TSH «— TRHR

Thyroid i‘ TSHR Target tissues

. 14 29 (13

T4 » dio2 l .

3 T3 dio3 T2
DEVELOPMENTAL

TRANSITION





OPS/images/cover.jpg
HORMONES AND LIFE
HISTORY STRATEGIES

EDITED BY: Say \amin, Fedor N. Shkil, Takashi Koyama and

PUBLISHED IN:

Sy
L R

@ trontiers Research Topics





OPS/images/fevo-09-715988/fevo-09-715988-g003.jpg
Lengthinmimeters

Langth i mdiretens

25

26

27

{_ _ * total length

e v eeeeef SOOUL-VENE kangth

Number of spascamens

W0 31 33 e

a2
Gosner Stages

28 29 4 35

31 32 33 M B ¥ W

Gosner Stages

27 28 2 WM

28
26
24
p 22

| 20

2128

18351

.2 -

33

T w T . -

I N 32
Gosner Stages

34 35 37

1

53,581

4632

38054

31,781

ol length

24 511

i

17,24

Donrmq Mnh;namh T'd Conrd Memvnnote T4

Lergth n mdiretens

* { R tomal length
40 1 Corarol { { ]» . q
38 *{ 14
a0 l -
28 410 E
20 . 1
18F . & I - Sl ¢ snoul-venrt length 6
10 t . g
s }2
0
31 32 33 a4 35 36 37 3B v 40 M4 42 43
Gosner Stages
w 4
55 Methimazole exposure
50 . '-'} ..;,
45 4 1ol length I 3 o / {
16
38 1 14
30 1z
26 * 110 E
20 snout-vant lengh ] i ' * o g
I f 1 v
15 N 6
10 4 g
5 2 L 2
0
1 a2 a3 k¥ 35 a6 37 3B g 40 4 42 42
Gosner Stages
28
26
60 1 24
54 T4 exposure 22
50 20
a5 1 {{ i 18
40 total length g~ i 16
385 1 14
v 30 b2
f 25 1 10 E
£ 20 s &
% 15 snout-vent length } o 4 f { t 6
-
10 4
8 b 2
0 0
3 2 33 M 35 » a7 38 39 & 4 42 43
Gosner Stages
26,78
5047
2250
§ 108
g 18,231 E.
E S 42211
13,961 b
a 135 b .
a
068 ’
' 24,55
54 83
Conkal Methmazole T4

Conral Melhmazole T4





OPS/images/fevo-09-734031/fevo-09-734031-g008.jpg
Physiological |
homeostasis

Adaptive evolution/
Population decline

Developmental/

r Ecosystem
Metabolic change

Developmental plasticity
Life history changes

Genetic accommodation

Cryptic genetic
variation revealed

\
Modularity — Developmental Develo!)meniql
constraint drive

(--------------------

Heterochrony » Hormonal pleiotropy





OPS/images/fevo-09-715988/cross.jpg
3,

i





OPS/images/fevo-09-715988/fevo-09-715988-g001.jpg





OPS/images/fevo-09-715988/fevo-09-715988-g002.jpg





OPS/images/fevo-09-734031/fevo-09-734031-g004.jpg
A Developmental hormone

Hormonal pleiotropy

B Developmental hormone

Modularization






OPS/images/fevo-09-734031/fevo-09-734031-g005.jpg
Postembryonic
hourglass

Embryonic
hourglass

i‘AmounT of voriobili’ry‘i

[ Adult phenotype AN

Metamorphosis B Endocrine

regulators

Larval phenotype
Hatching/birth

_—— -
—_—

Phylotypic
stage >

Early ™
embryogenesis

N Developmental goblet

ﬁ

Developmental fime





OPS/images/fevo-09-734031/fevo-09-734031-g006.jpg
Developmental plasticity
of an individual

Phenotypic outcomes

&5
Vit =
Developmental plasticity K\‘OO\/
<
@
\\ // 57
/
Metamorphosis Genefic
Developmental hormones accommodation
AAARK "o,
Integration MY 0
\?o,}.
OO/O
\O\O,O
X%,
%)
<< P

Various ecological cues

Phenotypic diversification
of a population/species

\.4

~
Adult phenotype

~
1
\

, 2. Developmental
hormones

\

e

Adult phenotype

Developmental
hormones





OPS/images/fevo-09-734031/fevo-09-734031-g007.jpg
A Effect of heterochronic shifts B Effect of modularization/co-option

xd HT






OPS/images/fevo-09-734031/fevo-09-734031-g003.jpg
Metabolism/Morphology

Emk;ryo

Potential consequences
of endocrine/environmental
change

Time/size





