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Editorial on the Research Topic 
Cardiac optogenetics: Using light to observe and excite the heart

This is the editorial to the special edition “Cardiac optogenetics: using light to observe and excite the heart.
The application of fluorescent voltage sensitive dyes to study excitable cells was established 50 years ago (Tasaki et al., 1969) but only recently has chemical and imaging technology developed sufficiently for its mainstream use. In contrast, the field of cardiac optogenetics was established only a decade ago by publications demonstrating light-mediated excitation of the heart in mice (Bruegmann et al., 2010), zebrafish (Arrenberg et al., 2010) and cardiomyocytes in vitro (Abilez et al., 2011; Jia et al., 2011). Ever since, the subject of optogenetics has expanded to encompass a number of different applications. Early translational approaches considered light-mediated cardiac resynchronization therapy (Nussinovitch and Gepstein 2015), defibrillation (Bruegmann et al., 2016; Crocini et al., 2016; Nyns et al., 2017) and cardioversion (Bruegmann et al., 2018; Nyns et al., 2019). In this regard, Diaz-Maue et al. developed a mesh of electrodes and LEDs to correlate electrical rotor activity during arrhythmias with defibrillation efficacy of optogenetic stimulation and Patrick Boyle’s group explored in simulations the use and application of anion conducting channelrhodopsins (Ochs et al.). While leading also to depolarization in cardiomyocytes (Kopton et al., 2018), the much larger ion conductance improved the efficiency of optogenetic defibrillation, which is an intriguing result directly demanding experimental verification. State-of-the-art solutions for one of the biggest hurdles of translation, the development of implantable light devices has been expertly summarized and thoughtfully discussed by Igor Efimov’s group in this issue (Madrid et al.).
One big advantage of optogenetic stimulation is the cell type-specific expression providing not only the chance for pain-free stimulation but also to characterize the specific role of different cell types by cell type-specific (e.g. ventricular cardiomyocytes versus Purkinje fibers) stimulation (Zaglia et al., 2015; Hulsmans et al., 2017; Wang et al., 2017) as well as imaging (Quinn et al., 2016) within the heart. In this context, Zaglia and Mongilo have expertly summarized new developments of optogenetic stimulation to assess the function and role of the intracardiac nervous system (Scalco et al.), emphasizing the heterocellular, increasingly complex composition and functions of specific cardiac tissues, and further raising the importance of optogenetic strategies to explore these.
Moreover, the range of applications of voltage-sensitive dyes combined with optogenetic stimulation in basic cardiovascular research have been critically reviewed by a group of scientists from the European Society of Cardiology Working Group for Cardiac Cellular Electrophysiology (Mullenbroich et al.). The review examines many of the novel techniques that optical physics have provided to extend the use of optical probes and actuators while also posing the next set of challenges to be addressed to extend further the applicability of these techniques. In this content, Jan Lebert and Jan Christoph present new algorithms for the analysis of voltage imaging with motion tracking stabilization to avoid the alterations of cardiac electrophysiology by contraction inhibitors with significant side effects (Lebert et al., 2022). Furthermore, Wegener and colleagues took advantage of transgenic biosensor mouse models to analyze the cytosolic and mitochondrial glutathione redox potential in single cardiomyocytes and the intact heart. Thereby they were able to show that Ca2+ leak caused by a ryanodine receptor missense mutation increases mitochondrial energy demand and ROS production under conditions of catecholaminergic stress (Wegener et al.). Finally, Philipp Sasse’s group expanded the optogenetic toolbox for cardiac research demonstrating that the human coneopsin allows to control Gi signaling in embryonic stem cell derived cardiomyocytes (Cokic et al.). Thus, the three canonical G-protein pathways of the heart (Makowka et al., 2019; Wagdi et al., 2022) can now be investigated and their underlying kinetics precisely determined.
Daniel Pijnappel’s group characterized potential long term effects of optogenetic stimulation via channelrhodopsins (Ordog et al.) and the groups of Christina Schüler and Leonardo Sacconi developed new methods and platforms for cardiac toxicity screening (Credi et al.; Engel et al.) which is one of the evolving cardiac research fields in which the use of optogenetic stimulation is becoming more and more standard (Klimas et al., 2016; Lapp et al., 2017; Rehnelt et al., 2017). Notably, the optical transparency of zebrafish and their rather easy handling as animal model as well as fast generation and genetic manipulation of transgenic animals, has led to their increasing use to study heart function using optogenetics (Baillie et al.), whereas intact hearts from mice and even bigger animals have to be cleared for imaging of the cell composition and structure (Olianti et al., 2022; Ren et al.).
In conclusion, this special issue is covering the broad range of dye-based imaging and optogenetic applications in the heart and the advances made in each branch of the subject by new technical improvements and comprehensive reviews. We hope that we and all contributors are able to trigger further interest in and advance the use of optogenetic stimulation and imaging within the field of cardiac research.
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Aim: Channelrhodopsins (ChRs) are a large family of light-gated ion channels with distinct properties, which is of great importance in the selection of a ChR variant for a given application. However, data to guide such selection for cardiac optogenetic applications are lacking. Therefore, we investigated the functioning of different ChR variants in normal and pathological hypertrophic cardiomyocytes subjected to various illumination protocols.

Methods and Results: Isolated neonatal rat ventricular cardiomyocytes (NRVMs) were transduced with lentiviral vectors to express one of the following ChR variants: H134R, CatCh, ReaChR, or GtACR1. NRVMs were treated with phenylephrine (PE) to induce pathological hypertrophy (PE group) or left untreated [control (CTL) group]. In these groups, ChR currents displayed unique and significantly different properties for each ChR variant on activation by a single 1-s light pulse (1 mW/mm2: 470, 565, or 617 nm). The concomitant membrane potential (Vm) responses also showed a ChR variant-specific profile, with GtACR1 causing a slight increase in average Vm during illumination (Vplateau: −38 mV) as compared with a Vplateau > −20 mV for the other ChR variants. On repetitive activation at increasing frequencies (10-ms pulses at 1–10 Hz for 30 s), peak currents, which are important for cardiac pacing, decreased with increasing activation frequencies by 17–78% (p < 0.05), while plateau currents, which are critical for arrhythmia termination, decreased by 10–75% (p < 0.05), both in a variant-specific manner. In contrast, the corresponding Vplateau remained largely stable. Importantly, current properties and Vm responses were not statistically different between the PE and CTL groups, irrespective of the variant used (p > 0.05).

Conclusion: Our data show that ChR variants function equally well in cell culture models of healthy and pathologically hypertrophic myocardium but show strong, variant-specific use-dependence. This use-dependent nature of ChR function should be taken into account during the design of cardiac optogenetic studies and the interpretation of the experimental findings thereof.

Keywords: optogenetics, in vitro, cellular electrophysiology, action potential, ionic currents


INTRODUCTION

Optogenetics uses the light-sensitive proteins as actuators to take control over cellular function (Fenno et al., 2011; Ferenczi et al., 2019). In cardiology, optogenetics has become an important experimental approach during the past decade in the context of both basic and translational research, mostly owing to its unique capacity to precisely and reversibly modulate the membrane potential of cardiomyocytes by the use of microbial rhodopsins. This method has been successfully applied to achieve a wide range of research goals, including cardiac pacing (Arrenberg et al., 2010; Bruegmann et al., 2010), shaping of action potential (AP) waveforms (Park et al., 2014; Govorunova et al., 2016), sympathetic (Yu et al., 2017) and parasympathetic (Moreno et al., 2019; Machhada et al., 2020) neuromodulations of the heart, termination (Bingen et al., 2014), and spatiotemporal control (Majumder et al., 2018) of spiral waves in vitro, as well as the termination of ventricular (Bruegmann et al., 2016; Nyns et al., 2017; Li et al., 2021) and atrial fibrillation (Bruegmann et al., 2018; Nyns et al., 2019) in vivo. Such great diversity of possible applications has been fueled by the continuous expansion of the optogenetic toolbox with newly identified native microbial rhodopsins and engineered variants of previously identified microbial rhodopsins. Due to these efforts, a greatly diversified set of microbial rhodopsins is now available with distinctly different biophysical properties, such as ion selectivity, gating kinetics, or light absorption spectrum, allowing selection of the optimal variant for a particular application.

Channelrhodopsins (ChRs) are a group of microbial rhodopsins that function as light-gated ion channels. Channelrhodopsin-2 (ChR2) is a blue light-gated cation channel first described in the green alga Chlamydomonas reinhardtii (Nagel et al., 2003). ChR2 and its engineered variant carrying the gain-of-function mutation H134R (H134R) (Nagel et al., 2005) are the most frequently used microbial rhodopsin in optogenetic studies (Arrenberg et al., 2010; Bruegmann et al., 2010, 2016, 2018; Park et al., 2014; Moreno et al., 2019). The Ca2+-translocating ChR (CatCh) was generated by introducing the L132C mutation into ChR2 (Kleinlogel et al., 2011). Since CatCh possesses increased activation kinetics and light sensitivity compared with ChR2, it has been the microbial rhodopsin of choice in several previous studies in cardiac optogenetics (Bingen et al., 2014; Feola et al., 2017; Watanabe et al., 2017; Majumder et al., 2018). Since the longer wavelengths of visible light penetrate the biological tissues better than the shorter wavelengths, the red-activatable ChR (ReaChR) (Lin et al., 2013), which is excited with orange to red light (590–630 nm), has been the ChR of choice in many in vivo studies (Nyns et al., 2017, 2019; Men et al., 2020). In contrast to cation ChRs, anion ChRs, such as the one first isolated in the cryptophyte Guillardia theta (GtACR1) (Govorunova et al., 2015), mainly conduct Cl− ions. Given the distinctly different charge carriers, anion ChRs provide an alternative mechanism for controlling the membrane potential (Vm) in cardiomyocytes (Govorunova et al., 2016; Kopton et al., 2018). Considering their prevalence in the literature on cardiac optogenetics and their unique features, these four ChR variants have been included in this study.

To date, microbial rhodopsin variants have been characterized mainly in permanent (non-cardiac) cell lines (e.g., human embryonic kidney 293), Xenopus laevis oocytes, or primary neuronal cells to guide the selection of the best-suited variant for a particular application. Comparative data on the performance of different ChRs in cardiomyocytes have not yet been published, leaving the cardiac research community without proper selection guides. Furthermore, in the translational context, one aims to apply optogenetics in the pathological setting, while the ChR of choice should continue to perform well even after extensive and repetitive use. Dedicated and detailed studies into this matter are also lacking. Therefore, in this study, the functional properties of the aforementioned four ChR variants are investigated side-by-side in cardiomyocytes, under normal and pathological conditions while being subjected to illumination protocols of varying duration and intensiveness.



MATERIALS AND METHODS

Additional experimental procedures are described in the Supplementary Material.


Neonatal Rat Ventricular Cardiomyocytes

Neonatal rat ventricular cardiomyocytes (NRVMs) were isolated as described in detail in previous studies (Askar et al., 2013; Bingen et al., 2013). Two-day-old Wistar rats were anesthetized by 5% of isoflurane inhalation, and adequate anesthesia was confirmed by the absence of reflexes. The use of these animals for this particular purpose was approved by the Animal Experiments Committee of the Leiden University Medical Center (AVD116002017818) and conformed to the Guide for the Care and Use of Laboratory Animals as stated by the US National Institutes of Health.



Molecular Cloning and Lentiviral Vector Production

The lentiviral vector (LV) shuttle constructs encoding influenza A virus hemagglutinin (HA) epitope- and fluorescent protein-tagged ChR variants were constructed by standard cloning procedures using plasmids pAAV-hSyn-hChR2(H134R)-EYFP (RRID:Addgene_26973), pLenti-CaMKIIa-hChR2(L132C)-EYFP-WPRE (Feola et al., 2017), pLenti-ReaChR-citrine (RRID:Addgene_50956) (Lin et al., 2013), and pFUG-hGtACR1-EYFP (RRID:Addgene_67795) as starting materials (Figure 1A). Self-inactivating LV particles were produced in 293T cells and were purified as previously described (Feola et al., 2016). The functional titer of each LV batch was determined by limiting dilution assays in NRVM monolayers and was taken into consideration during transductions to ensure equal LV dose in each experimental group. A single batch of each LV vector was used for the entire study to eliminate any possible experimental variability arising from the use of vector batches of different titer purity and/or quality.


[image: Figure 1]
FIGURE 1. (A) Schematic map of lentiviral vector shuttle constructs used in this study. Gray indicates viral vector elements, including the human immunodeficiency virus type 1, 5′ and 3′ long terminal repeats [5′ LTR, 3′ LTR (ΔU3)], packaging signal (Ψ), Rev-response element, central termination site and polypurine tract (cPPT/CTS), the woodchuck hepatitis virus posttranscriptional regulatory element (WHVoPRE), a chimeric cardiomyocyte-specific promoter (dark red) consisting of the enhancer of the human calsequestrin 2 gene (ECASQ2) and the promoter of the mouse myosin heavy chain 6 gene (PMyh6), the coding sequence of influenza A virus hemagglutinin (HA; N-terminal), and fluorescent protein-tagged (eYFP or citrine, C-terminal) ChR variants (H134R, CatCh, ReaChR, and GtACR1). (B–J) Characterization of photocurrents produced by dark-adapted ChR variants after activation by blue (470 nm, for H134R and CatCh), amber (565 nm, for GtACR1) or red (617 nm, for ReaChR) light (1 s, 1 mW/mm2) in control (CTL) and in phenylephrine (PE)-treated neonatal rat ventricular cardiomyocytes (NRVMs). (B) Representative photocurrent recordings from CTL (black) and PE-treated (red) cells expressing ChR variants. (C) Schematic representation of the quantified parameters. (D) Peak current (Ipeak) densities. (E) Plateau current densities (Iplateau). (F) Total charge densities. (G) Ipeak−Iplateau ratios. (H) Time to peak current (TtP). (I) Inactivation half-decay time (iHDT). (J) Closing half-decay time (cHDT). Data are presented as mean ± 95% CI for the number of cells indicated in the bar graphs. The p-values corresponding to the effects of PE treatment vs. CTL conditions were calculated by using two-way ANOVA.




Cell Culture and Transduction

Neonatal rat ventricular cardiomyocytes were seeded on bovine fibronectin (Sigma-Aldrich)-coated culture plates or round coverslips and were kept in Advanced Dulbecco's Modified Eagle Medium supplemented with 2% of heat-inactivated horse serum, GlutaMAX Supplement (2 mM), and Penicillin-Streptomycin (50 U and 50 μg/ml, respectively, all from Thermo Fisher Scientific). Fibroblast growth was suppressed by mitomycin-C treatment (Askar et al., 2011) on Day 2. On the same day, NRVMs were transduced with equal doses of each LV at a multiplicity of infection of 1.5, which resulted in ~80% yellowish-green fluorescent cells as assessed by fluorescence microscopy. Hypertrophy was induced by exposing the NRVMs for 24 h to 100 μM of phenylephrine (PE) on Day 3. PE-treated NRVMs showed hallmarks of pathological hypertrophy, including significantly (p < 0.05) increased cell surface area, atrial natriuretic peptide level, total protein content, and AP duration (APD) compared with control (CTL) cells as early as on Day 5 (Supplementary Figure 1).



Patch Clamp and Light Delivery

Patch clamp experiments were carried out at room temperature (23–25°C) on single, well-separated NRVMs cultured on round coverslips in 24-well plates at a density of 104 cells/well. The measurements took place in yellowish-green fluorescent NRVMs on Days 5 and 6, using the perforated and ruptured patch clamp configurations for the recording of Vm and transmembrane currents, respectively, as described in detail in the Supplementary Material.

To activate ChRs, NRVMs were illuminated by using commercially available 470-, 565- or 617-nm collimated light-emitting diodes (LEDs) (Thorlabs, Newton, NJ, United States) mounted on three independent camera ports of a Zeiss Axiovert 35 inverted microscope via a 40× magnification objective lens. LEDs were controlled by using Clampex software (Molecular Devices, San Jose, CA, United States) using independent analog outports of the Digidata 1440 D/A interface (v10, Molecular Devices, San Jose, CA, United States). The same illumination intensity (1 mW/mm2) was used in all experiments and for all wavelengths.



Data Analysis and Statistical Methods

Numeric data were extracted from Axon Binary Format files by using the pyABF module1 and were analyzed using custom software written in house dedicated to each experimental type, as described in detail in the Supplementary Material. Statistical analyses were carried out by using GraphPad Prism software (version 8.4.2, Graphpad Software, LLC, San Diego, CA, United States). In most of the analyses, group means were compared by using the two-way ANOVA, considering “treatment” (i.e., PE and CTL) and “ChR variant” (i.e., H134R, CatCh, ReaChR, and GtACR1) or “treatment” and “preconditioning frequency” (1, 2, 3, 4, 5, 7.5, and 10 Hz) as independent discrete variables and using Tukey's post-hoc analysis to correct for multiple comparisons. Preconditioned current parameters were normalized to the corresponding dark-adapted values obtained from the same cell, yielding relative preconditioned parameters. The one-sample Student's t-test was used to test whether relative 1-Hz preconditioned values differed from the corresponding dark-adapted values represented by the hypothetical value of 1. To assess the “ChR variant” effect on relative 1-Hz preconditioned current parameters, 2–10-Hz preconditioning data were omitted, and the two-way ANOVA was carried out on 1-Hz preconditioned values using “ChR variant” and “treatment” as independent variables. Linear regression was used to detect preconditioning frequency-dependent changes by testing whether non-zero slopes were present. A possible effect of “treatment” or “ChR variant” on slopes was assessed in follow-up tests using two-way ANOVA. A p < 0.05 was considered statistically significant. Numerical data are presented as mean and the 95% CI in the form of [lower boundary, upper boundary], and n represents the number of experiments from independent cells.




RESULTS


Dark-Adapted Photocurrent Properties

Channelrhodopsin currents are known to undergo inactivation (also known as desensitization) due to use-dependent transitions between dark- and light-adapted states and to recover from inactivation on the seconds time scale (Nagel et al., 2003; Schneider et al., 2015). When ChRs are activated repetitively, partial recovery from inactivation results in decreased photocurrent amplitudes. In order to prevent such bias, in the first set of experiments, ChRs were allowed to undergo complete dark adaptation. To this end, NRVMs expressing ChR variants were kept in the dark for 3 min before the application of each light pulse. Cells were then illuminated by a single, 1-s light pulse of 1 mW/mm2. H134R and CatCh were activated by blue (470 nm) light, while GtACR1 and ReaChR were opened with amber (565 nm) and red (617 nm) light, respectively.

Whole-cell photocurrents showed distinct characteristics for each of the four ChR variants, with similar dynamics observed in CTL and in PE-treated NRVMs (Figure 1B). For each ChR variant, the maximal current (Ipeak) density was reached shortly after light onset with the time to Ipeak (TtP, Figure 1C) being indicative for the opening speed of a particular ChR variant. After reaching Ipeak, photocurrent amplitudes decayed to the so-called plateau current (Iplateau), which was defined as the current amplitude at the end of the light pulse. The rate of current decay from Ipeak to Iplateau was characterized by the inactivation half-decay time (iHDT). Following light offset, currents returned to baseline with kinetics distinctly different for each ChR variant, characterized as closing half-decay time (cHDT).

Quantitative properties of dark-adapted photocurrents are shown in Table 1 and Figures 1D–J. Ipeak did not differ between CTL and PE-treated NRVMs (p = 0.9505, Figure 1D). GtACR1 produced the largest Ipeak, followed by CatCh (p = 0.0298). Ipeak of ReaChR and H134R was similar but smaller than that of CatCh (p = 0.034 and p = 0.0007 compared with CatCh, respectively). Similar to Ipeak, Iplateau did not significantly differ between PE-treated and CTL cells (p = 0.6319, Figure 1E). NRVMs expressing GtACR1 exhibited the largest Iplateau, followed by CatCh (p = 0.0007), ReaChR (p < 0.0001), and H134R (p < 0.0001). ReaChR and H134R Iplateau densities were not different (p > 0.9999). GtACR1 and CatCh conduct the largest and second largest amount of cell size-normalized total charge (TC), respectively (p < 0.0001) (Figure 1F). TC densities were not different (p = 0.5191) between ReaChR and H134R but much smaller than those of GtACR1 and CatCh (p < 0.05, Figure 1F). PE administration did not affect TC densities (p = 0.7866, Figure 1F). Interestingly, Ipeak−Iplateau ratios were similar for CatCh and GtACR1 (p > 0.05) but were lower compared with those of H134R and ReaChR (p < 0.05) (Figure 1G), which can be explained by the relatively low level of CatCh and GtACR1 inactivation (Figure 1B).


Table 1. Dark-adapted photocurrent properties in control (CTL) and phenylephrine (PE)-treated NRVMs expressing H134R, CatCh, ReaChR, or GtACR1.

[image: Table 1]

Then, the kinetic properties (i.e., TtP, iHDT, and cHDT) of dark-adapted ChR currents were determined for each ChR variant both in CTL and in PE-treated NRVMs (Table 1 and Figures 1H–J). Pathological hypertrophy of NRVMs, as induced by PE, had no significant effect on TtP, iHDT, or cHDT (p = 0.7654, p = 0.8278, and p = 0.9066, compared with CTL, respectively). However, each variant exhibited distinctive kinetic properties. For example, H134R exhibited the smallest average TtP, iHDT, and cHDT and was therefore the fastest ChR variant (p < 0.05, Figures 1H–J). CatCh was slower compared with H134R (p < 0.05), but faster than ReaChR and GtACR1 (p < 0.05) with respect to all three kinetic parameters. ReaChR and GtACR1 showed similar TtP values (p = 0.9999) and required a prolonged period to reach Ipeak following the activation by light (Figure 1H). However, ReaChR was inactivating faster compared with GtACR1 (p < 0.0001, Figure 1I), whereas GtACR1 was closing much faster than ReaChR (p < 0.0001, Figure 1J).



Membrane Potential (Vm) Response to Dark-Adapted ChR Activation

The Vm response to dark-adapted ChR activation was studied by the perforated patch clamp technique under the previously used illumination regime, using a single, 1-s light pulse of 1 mW/mm2, following a dark period of 3 min to allow complete ChR recovery from inactivation. For the cation ChRs (i.e., H134R, CatCh, and ReaChR) and the anion ChR (i.e., GtACR1), illumination resulted in pronounced membrane depolarization (Figure 2A). During the dark period, electrically triggered APs were recorded, showing PE-induced prolongation of APD at 80% repolarization (APD80) as a sign of electrical remodeling (p < 0.0001, Figure 2B). The effect of ChR activation on the membrane potential was characterized by measuring Vm at the time of light offset, yielding a parameter that is often referred to as the plateau potential (Vplateau). Despite the marked electric remodeling of PE-treated NRVMs (Figure 2B), average Vplateau values were not statistically different in CTL compared with PE-treated cells (p = 0.5147, Figure 2C). GtACR1 activation resulted in the most negative average Vplateau (−38 mV, 95% CI [−42.6, −33.4] in CTL and −37.8 mV, 95% CI [−44.3, −31.3] in PE-treated cells). Significantly, more positive Vplateau values were achieved with H134R and ReaChR (p < 0.0001), as H134R activity resulted in −18.8 mV (95% CI [−22.0, −15.7]) and −16.7 mV (95% CI [−19.7, −13.6]) Vplateau values on average, whereas ReaChR activation depolarized the cell membrane to −13.5 mV (95% CI [−16.4, −10.7]) and −11.3 mV (95% CI [−15.8, −6.7]) in CTL vs. PE-treated NRVMs, respectively (Figure 2C). Illumination gave rise to the most robust membrane depolarization in the presence of CatCh (p = 0.0044 vs. H134R), resulting in −8.3 mV (95% CI [−14.7, −2.0]) and −8.9 mV (95% CI [−10.6, −6.9]) average Vplateau values in CTL and PE-treated NRVMs, respectively (Figure 2C). Despite the varying degree of light-induced membrane depolarization, each ChR variant prevented the initiation of APs by electrical stimulation during illumination (Supplementary Figure 2).
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FIGURE 2. Membrane potential (Vm) responses of CTL and PE-treated NRVMs expressing one of the dark-adapted ChR variants, elicited by electrical pacing at 1 Hz or illumination by blue (470 nm, for H134R and CatCh), amber (565 nm, for GtACR1), or red (617 nm, for ReaChR) light (1 s, 1 mW/mm2). (A) APs (dashed) and light-induced Vm response (solid) in CTL (black) and in PE-treated (red) cells. (B) Action potential durations (APDs), represented by APD80 values. (C) Plateau potential (Vplateau) values, defined as Vm at the end of the illumination. Data are presented as mean ± 95% CI for the number of cells indicated in the bar graphs. The p-values corresponding to the effects of PE treatment vs. CTL conditions were calculated by using two-way ANOVA.




Photocurrent Properties During Preconditioning by Light

The effects of light adaptation on ChR currents were determined, both in PE-treated and in CTL NRVMs. To this end, ChRs were subjected to a preconditioning illumination protocol consisting of trains of 10-ms light pulses (1 mW/mm2), delivered at increasing frequencies ranging from 1 to 10 Hz and lasting for 30 s at each frequency (Figure 3A and Supplementary Figure 3). The first preconditioning light pulse train (1 Hz) was preceded by a 3-min dark period allowing complete ChR relaxation and was followed without interruption by the higher-frequency preconditioning illumination protocols. To gain insight into the effects of light adaptation on ChR function, NRVMs were illuminated after each preconditioning pulse train by a light pulse of the same duration, intensity and wavelengths as used to characterize the dark-adapted ChRs. This allowed us to directly compare dark-adapted and light-adapted ChR function and to study the effects of recurrent activation by light in a quantitative manner both in PE-treated and CTL cells.
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FIGURE 3. Photocurrent amplitudes during preconditioning by light in CTL and in PE-treated ChR-expressing NRVMs. (A) Schematic representation of the quantified parameters and the experimental protocol, overlaid with a single current trace from a ReaChR-expressing CTL NRVM subjected to a 1-Hz preconditioning light pulse train. The preconditioning illumination protocol consisted of brief (i.e., 10-ms) blue (470 nm, for H134R and CatCh), amber (565 nm, for GtACR1), or red (617 nm, for ReaChR) light (1 mW/mm2) pulses delivered at a range of frequencies between 1 and 10 Hz for a duration of 30 s. Each preconditioning pulse train was followed by a 1-s light pulse of the corresponding wavelength and identical intensity. The 1-Hz pulse train was applied after a 3-min dark period and was followed without interruption by higher-frequency pulse trains. The quantified current properties included peak current amplitude elicited by the first light pulse of the 1-Hz pulse train (first Ipeak at 1 Hz), peak current (Ipeak), as defined by the maximal current amplitude measured at the end of the light pulse train at each frequency and the residual current (Ires), which was measured at the end of the dark period before the last light pulse at each frequency. Open circles and the open bar indicate illumination times. (B) Average Ipeak,rel values calculated as Ipeak at the end of the pulse train normalized to the first Ipeak at 1 Hz for each frequency. (C) Average Ires,rel values calculated as Ires at the end of the pulse train normalized to the first Ipeak at 1 Hz for each cell. Data are presented as mean ± 95% CI for the number of cells (n) indicated in each panel. The p-values corresponding to the effects of PE treatment vs. CTL conditions and the effect of preconditioning light pulse frequency (Freq.) were calculated by using two-way ANOVA.


The data obtained by this programmed illumination regime are presented as follows. ChR current behavior and the concomitant Vm response during the preconditioning pulse train are presented further in the “Membrane potential (Vm) response to preconditioning illumination protocol” section and in Figures 3, 4, whereas ChR current properties and changes in Vm elicited by the prolonged illumination following each preconditioning pulse train are analyzed in the “Effects of preconditioning by light on photocurrents,” “Membrane potential (Vm) response to preconditioned photocurrents” sections and in Figures 5, 6, respectively.


[image: Figure 4]
FIGURE 4. Membrane potential (Vm) response during preconditioning by light in CTL and in PE-treated ChR-expressing NRVMs. (A) Schematic representation of the quantified parameters and the experimental protocol, overlaid with representative Vm recordings for 1-Hz (turquoise) and 2-Hz (apricot) preconditioning pulse trains obtained from an NRVM expressing ReaChR. Dots and bars below the Vm recording indicate the timing of the 10-ms and 1-s light pulses, respectively. (B) Peak Vm (Vpeak) measured at the end of the pulse train. (C) Residual Vm (Vres) measured at the end of the pulse train. Data are presented as mean ± 95% CI for the number of cells (n) indicated in each panel. The p-values corresponding to the effects of PE treatment vs. CTL conditions and the effect of preconditioning light pulse frequency (Freq.) were calculated by using two-way ANOVA.
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FIGURE 5. Properties of photocurrents elicited by blue (470 nm, for H134R and CatCh), amber (565 nm, for GtACR1), or red (617 nm, for ReaChR) light pulses of 1 s (1 mW/mm2) following preconditioning in CTL and in PE-treated ChR-expressing NRVMs. (A) Schematic representation of the experimental protocol (left) and the quantified current parameters together with a representative recording of a series of preconditioned photocurrents from an NRVM expressing the H134R ChR variant (right). The blue line below the current traces represents the 1-s illumination period. (B) Preconditioned plateau current amplitudes (Iplateau,preco) relative to Iplateau observed in the dark-adapted state. (C) Preconditioned time to peak (TtPpreco) relative to TtP observed in the dark-adapted state. (D) Preconditioned closing half-decay time (cHDTpreco) relative to cHDT measured in the dark-adapted state. Each measured value was normalized by the corresponding data point obtained from the experiment carried out in the same cell under dark-adapted conditions (dark) as shown in Figure 1. Data are presented as mean ± 95% CI for the number of cells (n) indicated in each panel. The p-values corresponding to the effects of PE treatment vs. CTL conditions and the effect of preconditioning light pulse frequency (Freq.) were calculated by using two-way ANOVA.
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FIGURE 6. Membrane potential (Vm) response to a 1-s blue (470 nm, for H134R and CatCh), amber (565 nm, for GtACR1), or red (617 nm, for ReaChR) light pulse (1 mW/mm2) following preconditioning in CTL and PE-treated ChR-expressing NRVMs. (A) Schematic representation of the experimental protocol (left) and a representative example of a series of Vm traces recorded from an NRVM expressing H134R following preconditioning by different optical pacing frequencies (right). (B) Plateau potentials as the function of preconditioning pulse train frequency. Data are presented as mean ± 95% CI for the number of cells (n) indicated in each panel. The p-values corresponding to the effect of PE treatment vs. CTL conditions and the effect of preconditioning light pulse frequency (Freq.) were calculated by using two-way ANOVA.


First, ChR current behavior under preconditioning illumination protocols was assessed. Peak currents were measured at the end of the pulse train of each frequency and were normalized to the peak current triggered by the first light pulse of the 1-Hz pulse train representing the dark-adapted state, yielding relative peak currents (Ipeak,rel, Figure 3A). In general, average Ipeak,rel values decreased with an increase in the frequency of the preconditioning light pulse train (Figure 3B). At the end of the first train of light pulses (1 Hz train), Ipeak was ~35% lower for H134R, CatCh, and ReaChR than at its beginning. Of all ChR variants, Ipeak was most stable (p < 0.05) under the 1-Hz preconditioning illumination protocol for GtACR1, showing only ~25% decrease compared with the dark-adapted state (Figure 3B). Pathological hypertrophy, as induced by PE treatment, had no effect on average Ipeak,rel values, whereas the effect of pulse train rate was highly significant for each ChR variant (Figure 3B). Linear regression of the data presented in Figure 3B confirmed the existence of a negative correlation between Ipeak,rel and preconditioning frequency by yielding significantly non-zero negative slopes (p < 0.0001) for all ChR variants, with the steepest negative slope being calculated for GtACR1 (p < 0.0001), indicating a stronger use-dependence of the GtACR1 Ipeak compared with other variants (Supplementary Figure 7A).

Residual currents (Ires) were measured 1 ms before the application of the last light pulse of each train and were normalized to the first peak current of the 1-Hz pulse train, yielding Ires,rel (Figure 3C). Average Ires,rel values were not different in PE-treated compared with CTL cells (p > 0.05), while the effect of pulse train frequency was highly significant (p < 0.0001, Figure 3C). Ires,rel observed at the end of the 1-Hz pulse train was smallest for H134R (p < 0.05) and largest for ReaChR (p < 0.05). Linear regression revealed that Ires,rel increased with increasing frequency of the preconditioning pulse train, i.e., for each ChR variant, a significantly non-zero positive slope (p < 0.0001) was obtained. Slopes of trend lines were smallest for H134R (p < 0.05), significantly larger for GtACR1 (p < 0.05), and largest for CatCh and ReaChR (p < 0.05, Figure 3C and Supplementary Figure 7B). Notably, the variants displaying the highest frequency-dependence of Ires (i.e., CatCh and ReaChR) also showed the slowest closing kinetics in the dark-adapted state (cHDT, Figure 1J), indicating the existence of a correlation between these two functional parameters.



Membrane Potential (Vm) Response to Preconditioning Illumination Protocol

The Vm response during the preconditioning illumination protocol was characterized by two distinct indicative Vm values for each pulse train. Vpeak was defined as the most positive Vm value observed during the last duty cycle of each pulse train, whereas Vres, to the analogy of Ires, was measured as the Vm value within 1 ms preceding the onset of the last light pulse of each pulse train (Figure 4A and Supplementary Figure 4). Neither Vpeak nor Vres values were different in PE-treated NRVMs compared with CTL cells (p > 0.05, Figures 4B,C). Pulse train frequency had a significant effect on Vpeak for H134R and ReaChR (p < 0.05), but not for CatCh and GtACR1 (Figure 4B). In cells expressing H134R or ReaChR, Vpeak values decreased with increasing preconditioning pulse train frequency until 3 Hz, but stabilized between −20 and −25 mV at higher frequencies of the light pulses. Average Vpeak values were within the range of −10 ± 2 mV for CatCh and −38 ± 2 mV for GtACR1, irrespective to the preconditioning pulse train frequency (Figure 4B). Similar to Vpeak, average Vres values remained unaffected by PE treatment, but were highly dependent on pulse train frequency (p < 0.0001, Figure 4C). Vres increased with increasing preconditioning pulse rate for all ChR variants. In cells expressing the H134R variant, Vres remained < −40 mV at preconditioning pulse train frequencies of up to 5 Hz. However, for CatCh and ReaChR, Vres values already became >−40 mV at an optical pacing frequency of 3 Hz. Vres for GtACR1 approached −40 mV when the pulse train frequency was increased from 1 to 3 Hz and remained relatively stable later (Figure 4C).



Effects of Preconditioning by Light on Photocurrents

As mentioned above, in order to elicit (partially) light-adapted photocurrents in a standardized way, each preconditioning light pulse train was followed by an additional illumination period of 1 s (Figure 5A and Supplementary Figure 5). The preconditioned photocurrents captured in this way were used to assess the effects of light adaptation on ChR function both in PE-treated and in CTL NRVMs. Properties of the preconditioned photocurrents were determined and normalized to the same parameters obtained for the dark-adapted ChR state (Figures 1, 2) for each cell, yielding relative parameters, herein labeled with the “preco” suffix.

Strikingly, preconditioning induced a decrease in Ipeak, Iplateau, and TC. However, each current property responded differently to preconditioning with relative changes characteristic for each ChR variant. Ipeak decreased significantly (p < 0.05) for all four ChR variants after 1-Hz preconditioning, with GtACR1 showing the smallest (p < 0.05) decrease (CTL: 17%, PE: 24%) (Supplementary Figure 6A and Supplementary Table 1). Delivery of preconditioning pulse trains of higher frequencies resulted in a further reduction of mean Ipeak,preco. As a consequence, plotting Ipeak,preco values against preconditioning pulse frequency yielded lines with non-zero (p < 0.0001) negative slopes for all four ChR variants, indicating strong use-dependence of Ipeak,preco (Supplementary Figure 7C and Supplementary Table 1). Similar to peak currents, plateau currents were also affected by light adaptation. Iplateau showed a significant (p < 0.05) decrease of >10% in response to 1-Hz preconditioning relative to dark-adapted state for all four ChR variants and decreased further with increasing preconditioning intensity (p < 0.0001) (Figure 5B, Supplementary Figure 7D and Supplementary Table 1). Interestingly, the plateau current generated by ReaChR appeared to be the least resistant to repetitive use among the cation ChR variants, since it showed the smallest average Iplateau,preco values (CTL: 30%, PE: 28%) (p < 0.05) after 1-Hz preconditioning. In accord with the use-dependent decrease in Ipeak,preco and Iplateau,preco amplitudes, all ChR currents carried a lower amount of charge during 1-s illumination following 1-Hz preconditioning compared with dark-adapted currents (p < 0.05) with ReaChR, showing the largest average decrease (CTL: 33%, PE: 35%) compared with any other cation ChR variant (p < 0.05) (Supplementary Figures 6B, 7E and Supplementary Table 1). It is also noteworthy that Ipeak−Iplateau ratios of the cation ChRs decreased (p < 0.05) following 1-Hz preconditioning and decreased further with increased preconditioning frequencies (Supplementary Figures 6C, 7F and Supplementary Table 1). 1-Hz preconditioning had no significant effect on GtACR1 Ipeak−Iplateau ratios (p > 0.05), but higher pulse rates caused increasing trends with non-zero (p < 0.0001) positive slopes (Supplementary Figures 6C, 7F and Supplementary Table 1). Therefore, our data show that ChRs generate lower current amplitudes, thus conducting less charge in the light-adapted state than in the dark-adapted state. The preconditioning-induced changes in any of the assessed quantitative current properties, however, were not different between CTL and PE-treated cells (p > 0.05) (Figure 5B, Supplementary Figures 6A–C, and Supplementary Table 1).

Channelrhodopsin current amplitudes are not the sole determinants of the efficacy of optogenetic maneuvers. The kinetic properties of ChRs, such as activation and deactivation times, may critically limit the temporal resolution of optogenetic interventions, yet their stability under conditions of repetitive use and in the setting of cardiac disease is unknown. Therefore, we compared the kinetic properties of preconditioned ChR currents with those measured in the dark-adapted state (Figure 5A and Supplementary Figure 5). Activation kinetics of all cation ChR variants, represented by TtPpreco, decelerated (p < 0.05) following preconditioning, as indicated by average TtPpreco values >1 (Figure 5C and Supplementary Table 2). CatCh decelerated the most, showing a >45% increase of average TtP following 1-Hz preconditioning (CTL: 46%, PE: 59%). These changes were exaggerated following more intense preconditioning for all cation ChRs, as all average TtPpreco values showed trends having non-zero (p < 0.0001) positive slopes, with the highest (p < 0.05) slope for CatCh (Figure 5C, Supplementary Figure 7G and Supplementary Table 2). Surprisingly, the kinetics of GtACR1 current activation did not change following 1-Hz preconditioning (p > 0.05), but GtACR1 TtPpreco decreased slightly with higher preconditioning pulse train rates showing a trend with a significantly non-zero (p < 0.0001) negative slope (Figure 5C, Supplementary Figure 7G and Supplementary Table 2). Use-dependent deceleration of channel activation was accompanied by slowing of channel closure in case of the cation ChR variants (Figure 5D and Supplementary Table 2). cHDT values following 1-Hz preconditioning were increased by >20% for all cation ChRs relative to dark-adapted cHDT values. Higher preconditioning pulse rates induced further deceleration of ion channel closure, as indicated by non-zero (p < 0.05), positive average cHDTpreco trends with steeper slopes for H134R compared with ReaChR (p < 0.05) and for CatCh compared with H134R (p < 0.05) (Figure 5D and Supplementary Figure 7H). Interestingly, GtACR1 cHDT was affected neither by 1-Hz preconditioning (CTL: 2%, PE: 1%, p > 0.05) nor by higher optical pacing frequencies (p = 0.0553, Figure 5D, Supplementary Figure 7H and Supplementary Table 2). Inactivation kinetics, as characterized by iHDT, decelerated >10% for H134R and >2-fold for CatCh following 1-Hz preconditioning pulses compared with dark-adapted iHDT values and slowed even more with more intense preconditioning (Supplementary Figure 6D and Supplementary Table 2). In this comparison, CatCh showed the highest (p < 0.05) positive slope of average iHDTpreco values among all ChR variants. The inactivation kinetics of ReaChR and GtACR1 were not affected by 1-Hz preconditioning, but while the former showed a trend of deceleration, the latter showed acceleration with higher pulse rates (Supplementary Figures 6D, 7I and Supplementary Table 2). Importantly, the effects of light adaptation on ChR kinetics did not differ (p > 0.05) between CTL and PE-treated NRVMs (Figures 5C,D and Supplementary Figures 6C,D, 7G–I).

In summary, these data show strong use-dependence of important characteristics of ChR currents, including nearly all quantitative and kinetic properties of the photocurrents produced by the four ChR variants, while these parameters remained unchanged under conditions of cellular hypertrophy. Such use-dependence may result in decreased current amplitudes reducing ChR performance, as well as altered temporal responses to repetitive light activation and thus has to be taken into account during the development of any optogenetic application seeking to employ ChR variants. These findings predict that the efficacy of optogenetic applications might become limited when repeated ChR activation is required.



Membrane Potential (Vm) Response to Preconditioned Photocurrents

The Vm response to light-adapted ChR activation was assessed by quantifying plateau potentials following ChR preconditioning by light (Vplateau,preco) both in CTL and in PE-treated NRVMs under the same illumination regime that was used to compare dark-adapted and (partially) light-adapted ChR current properties (Figure 6 and Supplementary Figure 8). We found that average Vplateau values did not differ significantly (p > 0.05) following preconditioning with a 1-Hz pulse train compared with dark-adapted Vplateau values for any of the ChR variants (Figure 6B). Preconditioning pulse rate had no effect on average Vplateu in case of H134R, CatCh, and GtACR1 (p > 0.05). ReaChR Vplateau decreased slightly with increasing preconditioning pulse frequency; however, linear regression failed to detect a significantly non-zero slope (p > 0.05). PE stimulation had no effect on average Vplateau values (p > 0.05) (Figure 6B).




DISCUSSION

In this study, we compared the functioning of different ChR variants in cardiomyocytes under normal and pathological conditions when challenged by various illumination protocols. The results reveal that ChR function remains largely unaltered in a cellular model of pathological hypertrophy but shows strong, variant-specific use-dependence. This use-dependent nature of ChR function should not only be considered in the selection of a certain ChR variant for a given purpose but also in the interpretation of the experimental findings.

The rationale for this study was 3-fold. First, ChR variants are the most frequently used optogenetic tools in cardiac research. There is a rich and diverse repertoire of ChR-based tools with unique biophysical properties, including ion selectivity, conductivity, kinetic properties, and light absorption spectra. The combination of these properties is crucial for the successful application of ChRs for both basic and translational research purposes. Nevertheless, studies carried out under rigorously standardized conditions are scarce and have thus far been conducted in permanent (non-cardiac) cell lines, Xenopus laevis oocytes, and neurons (Nagel et al., 2003; Lin, 2011; Mattis et al., 2011). Considering that the time course and changes in the magnitude of Vm caused by ChR currents critically depend on the properties of the host cell membrane, the characterization of ChR behavior in cardiomyocytes is vital for optimal application of optogenetics in cardiac research. Therefore, we used standardized experimental conditions to perform a reliable, side-by-side comparison of important ChR variant properties that cardiac applications crucially rely on, such as Ipeak and TtP for cardiac pacing and Iplateau and Vplateau for cardiac arrhythmia termination.

Second, considering that both basic research and translational studies often target the diseased heart, testing ChR function in the setting of cardiac disease is pivotal. Pathological cardiac hypertrophy is a maladaptive response to increased hemodynamic stress and is associated with a large variety of inherited and acquired cardiac diseases (Frey and Olson, 2003; Bernardo et al., 2010; Nakamura and Sadoshima, 2018). Such hypertrophy involves structural and electrical remodeling at the cellular level, thereby potentially limiting ChR performance. NRVM cultures are the most used and one of the best characterized cellular cardiac electrophysiological models (Askar et al., 2011; Bingen et al., 2013, 2014; Feola et al., 2016; Majumder et al., 2016, 2018). In response to chronic adrenergic stimulus, NRVMs undergo marked structural and electrical remodeling and show characteristic features of pathological cardiac hypertrophy, such as cell enlargement, APD prolongation, an increase in total protein content, and reactivation of “fetal” genes including the ANP-encoding NPPA gene (Eble et al., 1998; Gaughan et al., 1998; Bernardo et al., 2010; Askar et al., 2013; Neshati et al., 2020). These features make NRVM cultures a very suitable and relevant cardiomyocyte-based model for the functional characterization of optogenetic tools both under physiological conditions and in the setting of pathological hypertrophy.

Third, the use of optogenetic tools to control the Vm of cardiomyocytes often involves repeated activation of ChRs by using the application of multiple consecutive light pulses (Bingen et al., 2014; Park et al., 2014; Govorunova et al., 2016; Feola et al., 2017; Majumder et al., 2018). Such repetitive use is intrinsic to the application of ChRs for optogenetic pacing, but also ChR-based termination of arrhythmias might rely on more than one light pulse. In fact, termination of cardiac arrhythmias by light might fail at the first attempt, in which a second light flash or more light pulses are required (Bruegmann et al., 2018; Nyns et al., 2019). Importantly, if cardiac optogenetics would enter the phase of clinical exploration, reaching optimal efficacy and safety would be of paramount importance. This makes the requirement for optimal ChR performance during repeated illumination even more pivotal, especially considering other challenges, like those concerning effective and safe delivery of both the transgene (like ChR) and light (e.g., via a biocompatible LED device). Previous optogenetic studies in the field of neurology revealed that ChR currents are prone to inactivation, which means that Ipeak decreases during consecutive illumination pulses and that a dark period lasting for several seconds is required to regain its original amplitude (Boyden et al., 2005; Lin et al., 2009; Schneider et al., 2015), the insight that we have currently extended to the field of cardiology. This aspect of photocurrent inactivation, combined with the potentially challenging features of transgene expression and light delivery, might compromise the efficacy of optogenetic applications in the translational and clinical setting. Therefore, in this study, we investigated and compared photocurrent properties under conditions that allowed the complete dark adaptation of ChRs and graded light adaptation afterwards by exposing ChRs to illumination regimens of increasing intensity.

In terms of how our results could help the selection of the best-suited ChR variant for a given application, the dark-adapted current properties provide an initial selection guide. For example, the H134R variant produces the lowest current amplitudes, while it is also the fastest to activate. The H134R variant, therefore, might be an ideal choice for applications requiring fast activation, provided that sufficiently high ChR gene expression and irradiation levels can be achieved. Our data show that CatCh generates the largest current amplitudes among the cation ChR variants investigated in this study. However, it is worth noting that CatCh activates slower than H134R, potentially limiting its applicability when fast activation is required. Since visible light of longer wavelengths penetrates biological tissues better than visible light of shorter wavelengths, the use of red-shifted variants such as ReaChR is considered to be beneficial in in vivo experiments. Although ReaChR delivers photocurrents with similar amplitudes as H134R, the remarkably slower activation and closing kinetics of ReaChR potentially resulting in end-diastolic depolarization may limit its usefulness for experiments requiring high optical pacing rates. Finally, GtACR1 seems more suited for optical pacing than for arrhythmia termination because of its relatively modest depolarizing effect on NRVMs.

In contrast, the properties of dark-adapted ChR currents may not be the only aspect of ChR function one should consider in search of the ideal ChR variant. Our data show that all ChR variants included in this study generated reduced current amplitudes and displayed characteristically different kinetic properties in the light-adapted state compared with the dark-adapted state and some of these changes translated into differential cell membrane responses as well. Most importantly, in accord with the well-known phenomenon of ChR current inactivation (Lin, 2011; Schneider et al., 2015), preconditioning decreased average Ipeak for all four ChR variants. The use-dependent Ipeak decrease was accompanied by a reduction of Iplateau. Iplateau is an important parameter of ChR function when employed for arrhythmia termination since sustained membrane depolarization and the resulting conduction block critically depend on the amount of current that remains relatively stable during long-lasting (i.e., 100-ms to 1-s) illumination. Under optimal conditions, where ChR expression levels are not limited, the use-dependent Iplateau reduction may not translate into a diminished ability to maintain membrane depolarization. This scenario is exemplified by the experimental settings employed in this study, as average Vplateau values remained independent of the amount of preconditioning in most experimental groups. However, one may speculate that under limiting conditions, where the ChR expression levels are suboptimal, the use-dependent reduction of Iplateau might lead to less depolarized Vplateau values.

The use-dependent reduction of Iplateau amplitudes has not been documented earlier but may well be in line with the most recent ChR photocycle model (Kuhne et al., 2019). According to this model, ChRs can occupy two parallel photocycles, the “anti-cycle,” which involves an early and a late open state (O1−early and O1−late, respectively) with higher and lower conductivity, respectively, and the “syn-cycle,” which enrolls a third open O2 state with even lower conductivity (Kuhne et al., 2019). Branching between the anti- and syn-cycles takes place in the dark-adapted, closed state (C1) under illumination, while relaxation from the syn- to the anti-cycle is possible via two routes. Light-induced branching is characterized by a fast time constant (<1 ns), whereas relaxation from the syn- to the anti-cycle via any of the two possible routes is slower by several orders of magnitude (250 ms and 40 s). Therefore, it is possible that ChRs activated by a single light pulse following sufficiently long dark adaptation will reside in the anti-cycle predominantly. However, the relative occupancy of the two photocycles may shift toward the syn-cycle during recurrent use, thereby favoring occupancy of the less conductive O2 state.

In this study, we showed that repetitive activation causes use-dependent reduction of ChR current amplitudes and altered ChR kinetics. Such use-dependence might limit the efficacy of optogenetic interventions under suboptimal conditions and hence requires careful evaluation depending on the specific application. In addition, efforts directed at the engineering of new ChR variants with tailored properties for particular purposes should take this ChR use-dependency into consideration to maximize experimental outcomes (Bedbrook et al., 2019).

Activation of ChRs leads to robust depolarization of the cell membrane, which under ideal conditions, can be maintained for a virtually unlimited time. During this time, large amounts of sodium and calcium ions enter the cell quickly exceeding physiological intracellular ion concentrations when the illumination is maintained. These conditions may represent stress to which cardiomyocytes have never been exposed and will likely result in as yet unexplored cellular responses. Future translational studies thus should be focused not only on the efficacy of optogenetic interventions but also on the possible adverse side effects.

Importantly, despite the characteristic structural and electrical remodeling present in PE-treated NRVMs, Vm changes induced by ChR activation and the properties of the underlying ChR currents did not differ between CTL and PE-treated cells. These findings support the use of cardiac optogenetics to modulate the electrical activity of cardiomyocytes both under normal conditions and in the setting of cardiac disease for fundamental and translational research purposes and also eventually for clinical applications.
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Optogenetic defibrillation of hearts expressing light-sensitive cation channels (e.g., ChR2) has been proposed as an alternative to conventional electrotherapy. Past modeling work has shown that ChR2 stimulation can depolarize enough myocardium to interrupt arrhythmia, but its efficacy is limited by light attenuation and high energy needs. These shortcomings may be mitigated by using new optogenetic proteins like Guillardia theta Anion Channelrhodopsin (GtACR1), which produces a repolarizing outward current upon illumination. Accordingly, we designed a study to assess the feasibility of GtACR1-based optogenetic arrhythmia termination in human hearts. We conducted electrophysiological simulations in MRI-based atrial or ventricular models (n = 3 each), with pathological remodeling from atrial fibrillation or ischemic cardiomyopathy, respectively. We simulated light sensitization via viral gene delivery of three different opsins (ChR2, red-shifted ChR2, GtACR1) and uniform endocardial illumination at the appropriate wavelengths (blue, red, or green light, respectively). To analyze consistency of arrhythmia termination, we varied pulse timing (three evenly spaced intervals spanning the reentrant cycle) and intensity (atrial: 0.001–1 mW/mm2; ventricular: 0.001–10 mW/mm2). In atrial models, GtACR1 stimulation with 0.005 mW/mm2 green light consistently terminated reentry; this was 10–100x weaker than the threshold levels for ChR2-mediated defibrillation. In ventricular models, defibrillation was observed in 2/3 models for GtACR1 stimulation at 0.005 mW/mm2 (100–200x weaker than ChR2 cases). In the third ventricular model, defibrillation failed in nearly all cases, suggesting that attenuation issues and patient-specific organ/scar geometry may thwart termination in some cases. Across all models, the mechanism of GtACR1-mediated defibrillation was voltage forcing of illuminated tissue toward the modeled channel reversal potential of −40 mV, which made propagation through affected regions impossible. Thus, our findings suggest GtACR1-based optogenetic defibrillation of the human heart may be feasible with ≈2–3 orders of magnitude less energy than ChR2.

Keywords: defibrillation, optogenetics, GtACR1, arrhythmia (any), computational simulation and analysis


INTRODUCTION

Cardiac optogenetics is an emerging field that stems from work involving genetic transduction of light-sensitive ion channels into mammalian neurons (Boyden et al., 2005; Arrenberg et al., 2010). The use of light for current induction in cardiac tissue with precise spatial and temporal precision has led to in vivo studies describing selective excitation of specific cell populations (Jia et al., 2011; Addis et al., 2013), control of spiral waves (Burton et al., 2015; Hussaini et al., 2021), and cardiac pace-making (Bruegmann et al., 2010; Ambrosi and Entcheva, 2014; Nussinovitch and Gepstein, 2015a; Vogt et al., 2015) or arrhythmia termination in animal models (Bruegmann et al., 2016; Nyns et al., 2017, 2019; Cheng et al., 2020). In vitro applications of optogenetics have yielded all-optical methods for contactless, high-throughput measurement of electrophysiological properties like action potential duration and inter-cellular electric coupling at different spatial scales (Klimas et al., 2016; Boyle et al., 2021). Lastly, in silico tools have been created to elucidate mechanisms and test feasibility of optogenetic approaches in larger hearts without the use of preclinical animal models (Nussinovitch et al., 2014; Zaglia et al., 2015; Crocini et al., 2016; Gepstein and Gruber, 2017; Boyle et al., 2018b).

An appealing, long-term translational application of cardiac optogenetics is selectively exciting the heart to terminate arrhythmia. Current standard-of-care treatments for individuals at risk of sudden cardiac death include implantable cardioverter defibrillators (ICDs) and anti-arrhythmic drugs (Siebels and Kuck, 1994; Moss et al., 2002; Poole et al., 2008). While ICDs reduce mortality by eliciting high-energy electrical shocks to defibrillate lethal arrhythmias such as ventricular fibrillation, electrotherapy is also associated with increased mortality, chronic anxiety, and post-traumatic stress disorder (Poole et al., 2008; Pedersen et al., 2011). For individuals with atrial arrhythmias, cardioversion treatments are effective but limited by the in-patient nature of the procedure and the need for anesthesia (Sulke et al., 2007). Optogenetic defibrillation has the potential to circumvent these drawbacks, but prior modeling studies (Bruegmann et al., 2016, 2018; Karathanos et al., 2016; Boyle et al., 2018b) suggest that it would be very difficult to accomplish with current tools, like the channelrhodopsin-2 (ChR2) H134R variant, due to light-attenuating properties of myocardium and high energy requirements.

A potential avenue for moving beyond these limitations is a recently discovered family of opsins called anion channelrhodopsins (ACRs), such as Guillardia theta anion channelrhodopsin-1 (GtACR1) (Govorunova et al., 2015). Originally derived from archaea, GtACR1 has desirable cardiac optogenetic characteristics including high single channel conductance, fast response kinetics, specificity in narrow wavelength ranges, and more negative reversal potential values than ChR2 (Govorunova et al., 2015, 2016, 2017). When excited by green illumination, GtACR1 conducts a flow of anions (e.g., Cl–), eliciting outward current that accelerates repolarization (Govorunova et al., 2015, 2016, 2017). As such, a new ACR-based paradigm for arrhythmia termination would be distinct from approaches used in past optogenetic defibrillation studies, which have used light-based depolarization to disrupt arrhythmia reentry (Karathanos et al., 2016; Boyle et al., 2018b).

Here, we conduct simulations in patient-derived, biophysically realistic computational models of the diseased atria and ventricles, reconstructed from human late gadolinium enhanced magnetic resonance imaging (LGE-MRI) scans, to investigate the feasibility of GtACR1-based optogenetic defibrillation. Specifically, we aim to determine if uniform endocardial illumination with green light can terminate reentrant arrhythmias in these models with suitable modifications to represent viral GtACR1 expression. Our analysis is designed to reveal (1) the illumination intensity sufficient for GtACR1 to terminate arrhythmia, (2) the mechanisms of defibrillation, and (3) the differences in efficacy between atrial and ventricular models. Simulations with different permutations are used to explore the robustness of light stimulus timing and magnitude. As a basis for comparison, we conduct parallel simulations in the same models expressing blue and red light-sensitive ChR2-H134R variants.



MATERIALS AND METHODS


Computational Modeling of Diseased Atrial and Ventricles

We conducted computational simulations using six patient-specific finite element models (three atrial, three ventricular) reconstructed from LGE-MRI scans (Figure 1). Atrial models were sourced from a cohort of patients with persistent atrial fibrillation (AFib) reconstructed for a prior modeling study (Zahid et al., 2016a); ventricular models came from a different simulation-based study of ischemic cardiomyopathy patients (Arevalo et al., 2016). The approach for simulation of cardiac electrophysiology in such models has been previously validated for their respective applications (Maguire et al., 2003; Ashikaga et al., 2013; Deng et al., 2015); detailed descriptions of atrial (Zahid et al., 2016a,b) and ventricular (Arevalo et al., 2016) simulation methodologies can be found elsewhere (Bruegmann et al., 2016; Karathanos et al., 2016). Briefly, patient-specific geometry and spatial distribution of diseased tissue [fibrotic and non-fibrotic tissue in atrial models (Krummen et al., 2012); normal, scar, and peri-infarct border zone (BZ) tissue in ventricular models (Vadakkumpadan et al., 2010)] were extracted from each patient’s clinical MRI scan (Figure 1). Realistic fiber orientations were introduced in each model. For atrial models, large deformation diffeomorphic metric mapping (LDDMM) was used to transform fiber orientations from an atrial atlas geometry into each patient-specific model. This methodology has been described extensively in prior work (McDowell et al., 2012, 2013, 2015; Zahid et al., 2016a). For ventricular models, we used a rules-based approach that involved solving several Laplacian equations with boundary conditions set on different surfaces of the heart; this has been described and extensively validated by our lab in prior work (Bayer et al., 2012). Human atrial and ventricular myocyte membrane kinetics were represented using the formulations derived by Courtemanche et al. (1998) and ten Tusscher and Panfilov (2006), respectively. As in our earlier studies (Arevalo et al., 2016; Zahid et al., 2016a), average finite element edge length was ∼400 μm in ventricular models and ∼450 μm in atrial models; the temporal discretization was 25 μs in ventricular simulations and 50 μs in atrial simulations. Electrical propagation in cardiac tissue was governed by the monodomain formulation (Vigmond et al., 2003; Plank et al., 2008). As in prior studies using the same cardiac models (Arevalo et al., 2016; Zahid et al., 2016a), ordinary differential equations associated with simulation of action potentials were solved using the Rush-Larsen scheme for ion channel gating variables and forward Euler integration for all other variables; the parabolic partial differential equation was solved with the full (non-lumped) mass matrix using a Crank-Nicholson scheme to improve model stability. All simulations were conducted using the Cardiac Arrhythmia Research Package (CARP) software (Vigmond et al., 2003, 2008; Plank et al., 2008). Patient-specific data used in this study cannot be made publicly available due to data privacy concerns. In the interest of replicability and reproducibility, source files for a complete example of optogenetic stimulation of a publicly available ventricular model (with ChR2, ChR2-RED, or GtACR1) using software tools that are publicly available and free for non-commercial reuse can be found at this link: https://doi.org/10.6084/m9.figshare.14945412. Documentation for this example includes instructions on the use of the openCARP electrophysiology simulator and the meshalyzer visualization software (available via https://opencarp.org/) to run all simulations.
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FIGURE 1. Patient-specific atrial (top two rows) and ventricular (bottom row) models reconstructed from LGE-MRI scans. Spatial distribution of diseased tissue is shown for all cases.




Mathematical Representation of Light-Induced Current Mediated by GtACR1

We formulated a model of GtACR1 photocurrent kinetics using patch clamp data from GtACR1-expressing neonatal rat ventricular cardiomyocytes as published by Govorunova et al. (2016). Since previous works have suggested structural differences between ACRs and chloride-conducting channelrhodopsins (Govorunova et al., 2017), along with an absence of any reported dark- and light-adapted photocurrent branches in ACRs, we developed a two-state Markov chain model with a conducting [P(O); light-activated/open] and non-conducting [P(C); dark/closed] states:

[image: image]

[image: image]

[image: image]

[image: image]

[image: image]

where P(O) is the open-state probability, P(C) is the closed-state probability, kOC is the open-to-closed transition rate, kCO is the closed-to-open transition rate, τoff is the inactivation time constant (119 ms), τon is the activation time constant (1110 ms), and E_e is the applied irradiance.

The open-to-closed transition rate (kOC) was calibrated based on inactivation constant of GtACR1, and was fitted via the logarithmic relation of the opening rate to irradiance to ensure that the steady-state currents under illumination matched reported data (Govorunova et al., 2016). The closed-to-open transition rate (kCO) equation varies as a function of irradiance (Ee); kCO was derived by assuming equilibrium during the photocurrent plateau generated by steady state illumination, then fitting to the open probability P(O) derived from experimental current traces. To derive maximal GtACR1 channel conductance (gGtACR1), we assumed a membrane capacitance of 100 pF, which is within the physiological range of previously reported NRVM single cell experiments (Guo et al., 1996). The GtACR1 photocurrent model was then characterized at different irradiances under voltage forcing conditions (Figures 2A,B). When a holding potential of –80 mV was used, illumination elicited inward currents, with higher irradiance values leading to larger magnitudes (Figure 2A). With a holding potential of 0 mV, the polarity of the induced photocurrents was reversed (Figure 2B). Using a bisection approach, we found that the best value reconciling current values observed for these clamp levels with experimental data was gGtACR1 = 1.4 mS/cm2. We also characterized the ChR2 photocurrent model for comparison to GtACR1 at holding potentials of –80 mV and 0 mV (Figure 2C); GtACR1 currents were several-fold stronger than ChR2 at all irradiances when using –80 mV holding potential (Figure 2D).
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FIGURE 2. Simulated GtACR1 and ChR2 currents in illumination voltage forcing experiments. (A,B) Photocurrent conducted by GtACR1 generated in response to illumination with holding potentials of –80 (A) and 0 mV (B). (C) Same as A/B but for ChR2. (D) Comparison of steady-state IGtACR1 and IChR2 values (plateau currents at t = 500 ms) for different irradiances under voltage clamp condition. In all panels, units of irradiance are mW/mm2. Colored bars: intervals of illumination with green (515 nm; 1000 ms) or blue light (488 nm, 1000 ms).


Finally, the current density of the channel (IGtACR1) was calculated using Ohm’s law, adjusted for the channel open probability:
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where EGtACR1 is the GtACR1 reversal potential (–40 mV), which we based on prior reports for the reversal potential of chloride ions in cardiac cells under physiologic conditions (Govorunova et al., 2016; Kopton et al., 2018). Notably, the reported reversal potential for GtACR1 in experimental cardiomyocyte preparations was –90 mV (Govorunova et al., 2016); this discrepancy was likely a consequence of bath solution composition.

An implementation of our GtACR1 model compatible with the openCARP framework for cardiac electrophysiology simulations (https://opencarp.org), which is made freely available for non-commercial applications, is provided as supplementary material (see Supplementary Material or https://doi.org/10.6084/m9.figshare.14945412).



ChR2 Model Variants

The ChR2 photocycles were simulated using an model for ChR2-H134R (Williams et al., 2013), as in previous works (Karathanos et al., 2014, 2016; Bruegmann et al., 2016; Boyle et al., 2018b; Hussaini et al., 2021). Briefly, the ChR2 was modeled as a 4-state Markov chain model with light-gated transitions between two closed (non-conducting) and two open states (permeable to cation flow). The ChR2 model conductance (gChR2) was originally calculated to be 0.4 mS/cm2 based on experiments in HEK-293 cells (Williams et al., 2013), but photocurrents measured from patch clamped cells following viral gene delivery of ChR2 to mouse hearts suggest a lower value (Vogt et al., 2015). Thus, we adjusted our model to fit ∼2.2 pA/pF steady-state currents at 5 mW/mm2 illumination (Vogt et al., 2015), which resulted in a conductance of gChR2 = 0.11 mS/cm2. As in prior studies (Bruegmann et al., 2016; Karathanos et al., 2016; Boyle et al., 2018b), we assumed ChR2 stimulation with 488 nm blue light. Since prior modeling studies showed higher defibrillation success rates with red light stimulation (Bruegmann et al., 2016; Karathanos et al., 2016), we also used a theoretical ChR2 model variant with red-shifted absorption (ChR2-RED). This model had the same properties as ChR2 (no modifications to light sensitivity or gChR2) but peak energy absorption wavelength was adjusted to 669 nm.



Simulation of Opsin Expression and Light Attenuation

To simulate optogenetic transduction of either the human atria or ventricles via viral gene delivery, we used our previously validated computational modeling framework (Ambrosi et al., 2014; Boyle et al., 2013, 2015a; Bruegmann et al., 2016). Based on mouse experiments studying the effects of gene delivery and expression in cardiomyocytes (Vogt et al., 2015; Bruegmann et al., 2016; Karathanos et al., 2016), opsin expression (ChR2, ChR2-RED, or GtACR1) was incorporated into 58.2% of mesh nodes in a diffuse pattern (i.e., random selection with a uniform distribution), as described previously (Boyle et al., 2013). To facilitate comparison of results across different experimental configurations, we only generated one 58.2% distribution per atrial/ventricular model (i.e., spatial patterns of opsin expression for different opsins were identical).

Light attenuation due to scattering and energy absorption in myocardial tissue was approximated using the steady-state photon diffusion equation (Ripoll et al., 2005; Jacques and Pogue, 2008), as in previous modeling studies (Bishop et al., 2006, 2007; Boyle et al., 2013, 2018a; Ambrosi et al., 2015; Bruegmann et al., 2016; Karathanos et al., 2016). We defined the a parameter (values between 0 and 1) using the coefficient for light scattering [image: image], coefficient for light absorption μa, and the anisotropy factor g:

[image: image]

We then defined the diffusion coefficient D using the formula (Ripoll et al., 2005):
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We used experimentally derived values found in the literature (Bishop et al., 2006) for blue (μa = 0.52, D = 0.183) and red light (μa = 0.1, D = 0.34). For green light in cardiac tissue [μa = 0.7, [image: image] = 1.42 andg = 0.9 (Swartling et al., 2003)] a was calculated to be 0.5, leading to a diffusion coefficient of D = 0.189. In effect, this means the penetration depth for green light is the shallowest of all the wavelengths used in the study ([image: image] = 519.6 μm vs. 593.2 μm and 1.844 mm for blue and red light, respectively).

We simulated uniform illumination of the left atrial (LA) endocardium in atrial models, and the left ventricular (LV) endocardium in ventricular models. Illumination was represented by defining a constant Ee value on the target surface, then modifying that value by an attenuation factor (derived by solving the photon diffusion equation) (Bishop et al., 2006, 2007; Karathanos et al., 2016; Boyle et al., 2018b) in the myocardial bulk. Figure 3 shows the effects of light attenuation in atrial and ventricular models using the associated wavelengths of each opsin: blue light for ChR2 (488 nm), red light for ChR2-RED (669 nm), and green light for GtACR1 (515 nm).
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FIGURE 3. Modeling illumination of atrial (top) and ventricular (bottom) models with light of different wavelengths. Attenuation color scale is shown on a log10 scale. Please note that despite the similarity of the first two panels in the bottom row, these are in fact distinct attenuation patterns for blue and green light.




Simulation Protocol for Arrhythmia Induction and Optogenetic Defibrillation

Arrhythmias were induced by simulated rapid pacing in both atrial (Zahid et al., 2016a) and ventricular (Arevalo et al., 2016) models, as in prior studies (Karathanos et al., 2016; Bruegmann et al., 2016; Zahid et al., 2016a,b; Boyle et al., 2018b). In atrial models, six electrical pulses of 5 ms duration were paced at coupling interval (CI) = 300 ms, decreasing in 20 ms decrements until CI = 200 ms (6 pulses), followed by six pulses at CI = 200 ms to induce AFib (12 pulses total). In ventricular models, eight pulses of 5 ms duration at CI = 600 ms were initially paced, followed by two pulses at reduced CIs of variable length to induce ventricular tachycardia (VT).

In atrial models, we simulated optogenetic defibrillation attempts with 1000 ms-long LA endocardial illumination pulses at Ee values varying from 0.001 to 1 mW/mm2; these values are consistent with those used in prior experimental studies (Bruegmann et al., 2018; Boyle et al., 2018b; Nyns et al., 2019). In each model, we carried out separate simulation sets assuming expression of ChR2, ChR2-RED, and GtACR1. To span the re-entrant cycle, three light pulse onset times (+0, +70, +140 ms) were used for each Ee/opsin condition. A similar, experimentally consistent (Bruegmann et al., 2010, 2016; Karathanos et al., 2016) protocol was used in ventricular models, with the primary differences being Ee values (varying from 0.001 to 10 mW/mm2), and light onset times (+0, +100, +200 ms) due to longer VT cycle length. In all cases, defibrillation was deemed successful if reentry terminated within 800 ms after the 1000 ms illumination pulse ended; this gave us an adequate timeframe to monitor for resumption of stable reentry (following failed attempts) or indirect successes [as described elsewhere (Boyle et al., 2018b)], wherein spontaneous termination occurs after the end of illumination due to light-induced destabilization.



RESULTS


GtACR1 Photocurrent Model Characterization

The GtACR1 photocurrent model and its response to light were evaluated in atrial (Courtemanche et al., 1998) (Figure 4A) and ventricular (ten Tusscher and Panfilov, 2006) (Figure 4B) myocyte models. In both cell types, following an initial action potential evoked by electrical stimulation (first red star), subsequent light stimulation (green bar) resulted in an abrupt transient depolarization, after which the membrane voltage (Vm) was forced to the GtACR1 reversal potential (–40 mV). This light-induced forcing effect prevented the triggering of subsequent action potentials by electrical stimuli (second red star). After illumination ended, simulated cells repolarized to their resting potentials.
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FIGURE 4. Evaluation of GtACR1 currents upon illumination in single cell simulations. Light-elicited GtACR1 currents suppressed action potential formation in simulated atrial (A) or ventricular (B) myocyte models. Red stars show timing of electrical stimuli (30 pA/pF) and green bars represent the interval of illumination with green light (515 nm; 1.00 mW/mm2; 1000 ms).




Optogenetic Defibrillation in Atrial Models

Here, we simulated optogenetic defibrillation attempts in three patient-specific atrial models using LA endocardial illumination at irradiances varying from 0.001 to 1 mW/mm2. As summarized in Table 1, GtACR1-based termination was reliable (i.e., reentry activity terminated for all three light onset times tested) for light stimuli as weak as 0.005 mW/mm2. Notably, this was 2–3 orders of magnitude lower than the weakest stimuli that reliably defibrillated models expressing ChR2-RED or ChR2 (0.1 and 0.5 mW/mm2, respectively).


TABLE 1. Defibrillation success rates for ChR2, ChR2-RED, or GtACR1-expressing atrial models for different irradiance values.
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The effects of very weak (0.05 mW/mm2) light stimuli in atrial models with expression of different opsins are illustrated in Figure 5 and Supplementary Movie 1. In the absence of light stimulation (i.e., control case), reentry persisted; action potential timing and morphology were similar between epicardial and endocardial surfaces (Figure 5A, right-most column). Attempted optogenetic defibrillation in the ChR2-expressing model did not disrupt reentrant activity transmurally (Figure 5B); endocardial action potentials were blunted, but remained temporally synchronized with epicardial excitations, which were largely unaffected by optogenetic stimulation. Stimulation of ChR2-RED had a more prominent effect on the transmural spatiotemporal excitation sequence due to deeper penetration of red light (∼3x exponential decay constant of blue light; Figure 5C); some isolated instances of conduction block were observed (e.g., double lines in 600 ms panel), but arrhythmia did not terminate. In contrast, illumination in the GtACR1-expressing atrial models imposed a voltage forcing effect throughout the LA (Figure 5D, 600 ms), leading to rapid extinguishing of reentrant drivers. Notably, this light-induced forcing effect was non-uniform, with less depolarized plateau voltage at the epicardial surface (spatial gradient: 2.8 mV/mm) due to transmural light attenuation.
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FIGURE 5. LA defibrillation attempts with Ee = 0.05 mW/mm2 in model A01 for all three opsins. The control case (A) is compared to endocardial illumination of ChR2- (B), ChR2-RED- (C), or GtACR1- (D) expressing models. Arrows indicate wavefront propagation directions. Double lines show sites of conduction block. Representative Vm(t) traces are shown from endocardial (red line) and epicardial (blue line) nodes at the same point on the LA posterior wall (green dot); shaded regions in rows (B–D) indicate illumination intervals. All illumination begins at t = 0 ms and lasts 1000 ms.


At extremely weak irradiances (i.e., 0.005 mW/mm2) in GtACR1-expressing atria, light that reached the epicardium was too weak to induce optogenetic voltage forcing. Despite this, defibrillation succeeded in all cases (9/9). To illustrate how this was possible, Figure 6 presents side-by-side activation maps for a GtACR1 defibrillation attempt (Ee = 0.005 mW/mm2) and its corresponding control case (Supplementary Movie 2). In the absence of light stimulus, a reentrant driver in the inferolateral LA propagates unabated (Figure 6A); in contrast, GtACR1 activity elicited by weak illumination of the endocardium disrupted reentry and ultimately terminated the arrhythmia (Figure 6B). Examination of transmural voltage traces in the latter case (Figure 6C) showed that propagating wavefronts in sub-epicardial LA tissue created transient depolarizations from the forced level in the sub-endocardium, but arrhythmia extinguished ∼100 ms after the end of illumination due to light-induced perturbation of excitation patterns near the arrhythmia driver.
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FIGURE 6. Defibrillation with very weak light stimuli succeeds in GtACR1-expressing models despite persistent sub-epicardial conduction. (A,B) Activation maps for no light control (A), and Ee = 0.005 mW/mm2 stimulus applied to GtACR1-expressing model (B). Dashed lines (top) show cut plane locations for cross-sections (bottom). Arrows indicate wavefront propagation directions. Double lines show sites of conduction block. Asterisks highlight conduction block region on endocardium. (C) Vm(t) traces for nodes spanning from LA endocardium to epicardium (golden dot) in the GtACR1 condition are provided. Illumination (green shaded region) begins at t = 0 ms and lasts 1000 ms.




Optogenetic Defibrillation in Ventricular Models

Next, we simulated optogenetic defibrillation attempts in three patient-specific ventricular models using LV endocardial illumination at irradiances varying from 0.001 to 10 mW/mm2. As summarized in Table 2, GtACR1-based defibrillation was effective with light stimuli as weak as 0.005 mW/mm2, which was 2–3 orders of magnitude weaker than for ChR2-RED or ChR2 (0.5 and 1 mW/mm2, respectively). A representative example of VT termination (Ee = 0.5 mW/mm2 in GtACR1-expressing model V01) is presented in Figure 7. Without light stimulus, the arrhythmia is sustained (Figure 7A) whereas illumination prevents conduction at the endocardial surface (Figure 7B), resulting in successful GtACR1-mediated defibrillation via light-induced voltage forcing (Figure 7C), like atrial models discussed in the prior section (Supplementary Movie 3).


TABLE 2. Defibrillation success rates for ChR2, ChR2-RED, or GtACR1-expressing ventricular models for different irradiance values.
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FIGURE 7. Representative example of LV defibrillation attempt in GtACR1-expressing model V01 with Ee = 0.5 mW/mm2. Vm(t) traces from the LV endocardial surface are provided for the control case (A) and GtACR1-expressing model (B). Green shaded region in (B) shows illumination interval. Cut plane Vm(t) snapshots of the GtACR1 case (C) show conduction block affecting wavefront propagating circumferentially in LV free wall, followed by eventual arrhythmia termination. Arrows indicate wavefront propagation directions. Double lines show sites of conduction block.


One notable example of inconsistent defibrillation behavior between ventricular models was that defibrillation failed in V02 for nearly all stimuli, regardless of opsin, with success observed in only 2/27 simulations with ChR2-RED. The non-responsiveness of model V02 to optogenetic defibrillation is scrutinized in Figure 8. In a representative GtACR1-expressing defibrillation failure (Figures 8A,B, Ee = 1 mW/mm2), endocardial excitation was suppressed by the optogenetic stimulus (endocardial trace) while the epicardium was unaffected (Figure 8A). Due to light attenuation in the ventricular walls, the proportion of tissue directly depolarized by GtACR1 stimulation was smaller compared to atrial models, so reentrant wavefront conduction continued along a thin layer of epicardium (Figure 8B, inset; Supplementary Movie 4). This was made possible by the presence of a dense ring of scar and BZ near the LV apex (Figure 8C), which created a protected region that was too far from the illuminated endocardium to be affected by the light stimulus and insulated from indirect (electrotonic) effects in areas that were optogenetically depolarized. In cases where the reentrant wavefront was dislodged from that area, the arrhythmia driver then relocated to one of many other sites that could sustain a new spiral wave (Figure 8D; GtACR1 expression, examples shown for Ee = 5 and 10 mW/mm2). In the small handful of V02 cases where light-based defibrillation did succeed, termination always occurred several hundred milliseconds after the end of illumination. The apparent mechanism (e.g., Figures 8E,F) was that the dislodged reentrant wavefront serendipitously encountered tissue excited by propagation from another part of the ventricles, resulting in conduction block and subsequent termination.
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FIGURE 8. Examining low optogenetic defibrillation success rates in V02. Vm(t) traces (A) and an activation map (B) showing an example of GtACR1-based defibrillation failure (Ee = 1 mW/mm2). Green shaded region in (A) shows illumination interval. Excitation is silenced at the endocardium, but arrhythmia persists at the epicardium (inset) due to a protected VT circuit created by a particular geometry of BZ and scar (C). (D) Representative examples to illustrate differences between destabilized reentrant circuits in GtACR1-expressing defibrillation failures (Ee = 5 mW/mm2 and Ee = 10 mW/mm2). (E,F) Example of defibrillation success (ChR2-RED, Ee = 5 mW/mm2) showing a normal cycle (E) and cycle with conduction block near LV apex (F) that leads to termination. Arrows indicate wavefront propagation.




DISCUSSION

In this study, we used computational models reconstructed from LGE-MRI scans of diseased human atrial and ventricles to assess the feasibility of reentrant arrhythmia termination via GtACR1-mediated optogenetic stimulation. To achieve this, we developed a 2-state photocurrent model for GtACR1 and evaluated it under realistic organ-scale conditions. In doing so, we showed that GtACR1-mediated optogenetic defibrillation of the atria or ventricles is feasible and more efficacious than a ChR2-based approach, the limitations of which are well known from prior work. Our main findings are: (1) GtACR1-mediated voltage forcing to near the channel Cl– reversal potential of –40 mV consistently terminated arrhythmia in most atrial and ventricular models (3/3 and 2/3, respectively); (2) the threshold irradiance for GtACR1-based atrial defibrillation was extremely low (Ee = 0.005 mW/mm2) in all three cases, corresponding to a ∼10–100x lower energy requirement than ChR2-based optogenetic therapy; and (3) the same very low Ee threshold was observed in two of three ventricular models.

Optogenetic stimulation is an appealing alternative to electric shocks for defibrillation or cardioversion due to its ability to affect Vm in the light-sensitized heart alone without triggering excitation and contraction of surrounding skeletal muscle (Ambrosi and Entcheva, 2014; Boyle et al., 2014, 2015b; Karathanos et al., 2016; Crocini et al., 2017). Nearly all past experimental and modeling studies exploring optogenetic defibrillation have used depolarizing opsins such as ChR2-H134R (Entcheva, 2013; Williams et al., 2013; Nussinovitch and Gepstein, 2015a; Karathanos et al., 2016; Boyle et al., 2018a,b), CatCh (Bingen et al., 2014), and ReaChR (Nyns et al., 2017). Opsins that hasten repolarization such as halorhodopsin Cl– pumps (Arrenberg et al., 2010) and bacteriorhodopsin proton pumps (e.g., Arch-3 and ArchT) (Nussinovitch et al., 2014; Nussinovitch and Gepstein, 2015b) have been used previously to silence action potentials in cardiomyocyte monolayers. However, these opsins can only transport a single ion per absorbed photon, resulting in relatively weak photocurrents (Govorunova et al., 2016). Consequently, when ventricular defibrillation via ArchT stimulation was attempted in Langendorff-perfused mouse hearts, termination success was much lower and more variable (∼55%) (Funken et al., 2019) than a comparable study that used ChR2 instead (∼97%) (Bruegmann et al., 2016). Engineered ACRs (Berndt et al., 2014; Wietek et al., 2014) also have limited photocurrent due to the intrinsic pore size of the channels (Guru et al., 2015). In contrast, natural-occurring ACRs (including GtACR1) from cryptophyte algae have higher photocurrents than previous alternatives by an order of magnitude (Govorunova et al., 2015, 2016). As noted elsewhere (Kopton et al., 2018), GtACR1 current depends on the chloride reversal potential (≈–40 mV in cardiomyocytes) and thus depolarizes cells at rest while hastening early repolarization in cells already undergoing excitation. This differs from the outright silencing of action potentials seen in experimental preparations where the GtACR1 reversal potential was ≈–90 mV due to low [Cl–] in the pipette (Govorunova et al., 2016). Nevertheless, our analysis shows that GtACR1-mediated optogenetic defibrillation in large mammalian hearts is theoretically feasible, with suppression of reentrant activity facilitated by forcing large tissue regions toward the reversal potential.

This GtACR1-mediated “optogenetic voltage forcing” mechanism is distinct from depolarization-based routes to termination, as described in prior studies. In the context of constant epicardial illumination of a ChR2-expressing model of infarcted ventricles, Bruegmann et al. (2016) showed the defibrillation mechanism was steady state inactivation of fast Na+ channels, resulting in reduced tissue excitability and conduction block; however, in contrast to the present work, the level of sustained depolarization observed in that study (≈–50 mV) was well below the effective ChR2 reversal potential (≈+10 mV) (Williams et al., 2013) due to offsetting effects from other ionic currents. In a different computational study (Karathanos et al., 2016), simulated punctate illumination of the cardiac surfaces by multi-optrode grids in the fibrillating human ventricles under heart failure conditions. In that case, arrhythmia termination was facilitated by creation of new wavefronts via ChR2 stimulation, which eliminated excitable gaps.

Prior studies have identified poor transmural light penetration as a key limiting factor for optogenetic defibrillation of larger hearts, with deeper penetrating red light being highlighted as the most promising potential workaround (Bruegmann et al., 2016; Karathanos et al., 2016). Thus, it is notable that the present study predicts high success rates for optogenetic stimulation based on stimulation of GtACR1-expressing hearts with green light, which has inferior penetration depth compared to both blue and red light. This is a direct result of the lower irradiance threshold for evoking photocurrents in GtACR1 that are large enough to markedly change cardiomyocyte electrophysiology. For example, as shown in Figure 2C using cells clamped to –80 mV, the same current (≈2 pA/pF) elicited by illumination of ChR2 at 0.5 mW/mm2 can be achieved by stimulating GtACR1 at 0.001 mW/mm2. Thus, for equally bright light stimuli, even though the penetration of green light across the myocardial wall is weaker, the dim illumination of distant regions with attenuated stimuli can produce photocurrents large enough to create a more pronounced electrophysiological effect compared to blue or red light. The recent discovery of red-shifted ACRs from non-algae sources (Govorunova et al., 2020) is also noteworthy in this context, although very slow on/off kinetics (>1 s time constants) make these unsuitable for cardiac applications. Nevertheless, the implication is that opsins even more promising than GtACR1 for optogenetic defibrillation may soon become available. Notably, the modeled virus transfection assumed random dispersion of opsins. This is consistent with prior experimental studies exploring the consequences of long-term ChR2 expression via systemic injection of a viral vector in rodents (Vogt et al., 2015), but it is impossible to know for certain that it would be safe and feasible to achieve this type of distribution in human hearts.

Our computational findings complement a growing body of evidence from experimental work in animal models that light-based cardiac rhythm control is both feasible and efficacious. Initial proof-of-concept work involving optogenetic pacing of Langendorff-perfused transgenic mouse hearts (Bruegmann et al., 2010) and optogenetic modulation of zebrafish heart rate in vivo (Arrenberg et al., 2010) prompted speculation that light-based cardioversion and defibrillation might also be feasible (Entcheva, 2013). Subsequent studies demonstrated highly reliable approaches for optogenetic termination of ventricular arrhythmias in explanted mouse hearts expressing ChR2 (Bruegmann et al., 2016) or ReaChR (Nyns et al., 2017), or in vivo in open-chest preparations of rats following myocardial infarction (Cheng et al., 2020). Proof of concept has also been shown for light-based defibrillation of atrial arrhythmias in open chest preparations ex vivo or in vivo (Bruegmann et al., 2018), as well as closed-chest rat models involving automatic detection and termination (Nyns et al., 2019). Prior computational modeling work has suggested that scaling these experiments in larger pre-clinical animal models with contemporary optogenetic tools would be difficult to justify due to constraints imposed by light attenuation in hearts with thicker walls (Bruegmann et al., 2016; Karathanos et al., 2016); the present work suggests that those studies can now be contemplated, thanks to the addition of GtACR1 to the optogenetic armamentarium. However, additional studies may still be needed to verify GtACR1 channel conductance values in vivo.

Should delivery of light to beating human hearts prove unfeasible, an interesting potential alternative to the use of GtACR1 could be over-expression of the inward rectifier potassium current IK1. This would work by a similar mechanism described in this paper, since it would result in depolarization of the resting potential. Moderate upregulation via the IK1 channel agonist zacopride has previously been shown to reduce triggered arrhythmias in animal models of acute ischemia (Liu et al., 2012; Elnakish et al., 2017; Zhai et al., 2017; Lin et al., 2020). AAV-mediated upregulation of IK1 ion channels could thus create a similar effect to GtACR1 excitation, although the effects would be at least semi-permanent and extensive safety studies would be needed.

Translation of the cardiac optogenetics for clinical applications remains an attractive goal due to the possibility of pain-free light-based defibrillation replacing electric shock therapy. The present study shows the most convincing evidence to date that arrhythmia in human atria or ventricles could, in theory, be terminated with extremely low-energy light stimuli. Nevertheless, two major hurdles to translation remain, and these parallel two major caveats that must be taken into consideration when interpreting our findings. First, long-term studies are needed to evaluate the safety and durability of opsin expression induced by viral gene delivery to light-sensitize the heart, which has not yet been studied in larger animals. In our study, we simulated distribution of opsin-expressing cells based on reported expression levels in mice one year after AAV9-ChR2 injection (58.2% in a diffuse spatial pattern) (Vogt et al., 2015); a more recent study in rats with hearts light-sensitized by AAV-ChR2 showed defibrillation efficacy one year post-transfection (Li et al., 2021). Although there are no known safety concerns for AAV-based transfection in humans (Wasala et al., 2011; Greenberg et al., 2016), it is not yet known if safe, long-term light-sensitization via ChR2, GtACR1, or any opsin is possible.

Second, even in the context of reduced light energy requirements facilitated by GtACR1, the delivery of sufficient optical energy to the intracardiac milieu in large mammalian hearts remains an unsolved problem. Here, we opted to simulate uniform endocardial illumination, rather than light stimuli focused on specific areas (Boyle et al., 2018b) or delivered by a grid of point sources (Karathanos et al., 2016). We made this choice to facilitate comparison with prior experimental work in animal models, which has used uniform illumination of some kind (Bruegmann et al., 2010, 2016, 2018; Nyns et al., 2017, 2019; Cheng et al., 2020); moreover, whole surface stimulation has been shown to result in lower energy requirements (Quiñonez Uribe et al., 2018). Nevertheless, it would be challenging to use endocardial illumination in vivo due to concerns regarding hemodynamic stability. Although it might be possible to implant flexible and biocompatible LED strips (Kim et al., 2010, 2013) along the endocardial surface, it remains unknown whether this type of device would be feasible in practice. An exciting possible alternative is the use of up-converting nanoparticles to facilitate local light release triggered by deeper-penetrating energy like near-infrared light, ultra-sound, and X-rays (Berry et al., 2015; Huang et al., 2016; Boyle et al., 2018a; Entcheva and Kay, 2021). The first proof of concept for optogenetic pacing of rat hearts with this type of technology was recently shown (Rao et al., 2020), but more work will be needed to validate the approach and to determine the most suitable way of representing the relevant physics in our computational models. Finally, our approach to modeling illumination does not account for any inhomogeneities that might arise from uneven light delivery by an LED field or a flexible biocompatible fluorescent membrane (Xu et al., 2014); this simplification was deemed an acceptable tradeoff, since it allowed us to assay feasibility of optogenetic defibrillation in various atrial and ventricular models with distinct organ geometry and functional heterogeneity from disease-related remodeling in a straightforward way.



CONCLUSION

We have demonstrated the first computational proof-of-concept for optogenetic defibrillation via stimulation of GtACR1 in biophysically detailed models of diseased human hearts. In all atrial cases and two of three ventricular cases, arrhythmia termination via endocardial light delivery was effective using irradiances as low as 5 μW/mm2. The defibrillation mechanism was identified as transmural optogenetic voltage forcing, which was possible because very dim light stimuli can produce large photocurrents in GtACR1-expressing myocytes, thereby mitigating the limitation imposed by light attenuation in cardiac tissue.
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The cardiac autonomic nervous system (ANS) is the main modulator of heart function, adapting contraction force, and rate to the continuous variations of intrinsic and extrinsic environmental conditions. While the parasympathetic branch dominates during rest-and-digest sympathetic neuron (SN) activation ensures the rapid, efficient, and repeatable increase of heart performance, e.g., during the “fight-or-flight response.” Although the key role of the nervous system in cardiac homeostasis was evident to the eyes of physiologists and cardiologists, the degree of cardiac innervation, and the complexity of its circuits has remained underestimated for too long. In addition, the mechanisms allowing elevated efficiency and precision of neurogenic control of heart function have somehow lingered in the dark. This can be ascribed to the absence of methods adequate to study complex cardiac electric circuits in the unceasingly moving heart. An increasing number of studies adds to the scenario the evidence of an intracardiac neuron system, which, together with the autonomic components, define a little brain inside the heart, in fervent dialogue with the central nervous system (CNS). The advent of optogenetics, allowing control the activity of excitable cells with cell specificity, spatial selectivity, and temporal resolution, has allowed to shed light on basic neuro-cardiology. This review describes how optogenetics, which has extensively been used to interrogate the circuits of the CNS, has been applied to untangle the knots of heart innervation, unveiling the cellular mechanisms of neurogenic control of heart function, in physiology and pathology, as well as those participating to brain–heart communication, back and forth. We discuss existing literature, providing a comprehensive view of the advancement in the understanding of the mechanisms of neurogenic heart control. In addition, we weigh the limits and potential of optogenetics in basic and applied research in neuro-cardiology.

Keywords: optogenetics, autonomic neurons, heart innervation, brain–heart axis, neurogenic heart control


PREFACE

From a simplistic point of view, the heart is a muscular pump which powers blood in the circulation, supplying oxygen, nutrients, hormones, and other tissue-derived mediators to all cells in the body (Braunwald et al., 1967). The initial observation that automaticity of heart contractions was independent from neuronal inputs, dates back to the second century, when Galen noted that “the fact that the heart, removed from the thorax, can be seen to move for a considerable time, is a definite indication that it does not need the nerves to perform its own function” (Charles, 1956). Throughout the more recent history of physiology, the concept of the heart as a strictly “muscular self-operating organ” was sometimes disputed, but did finally consolidate into a rock-solid notion with the cellular and molecular characterization of cardiac pacemaker and conduction system cells, still unanimously agreed (Keith and Flack, 1906; Tawara, 1906; Wybauw, 1910; Lewis, 1911; James and Sherf, 1971; Monfredi et al., 2010; Padala et al., 2021). It is undoubted that the explanted heart, if perfused with an appropriate solution, continues pumping while harvested from the organism (Ringer, 1883), and transplant of a heart disconnected from higher nervous components is a common life-saving procedure for patients with e.g., cardiac failure (McCartney et al., 2017).

It is, however, well-understood that the activity of the cardiac pump is finely tuned to match blood supply with the varied perfusional demand of the organism, e.g., increase of cardiac output during exercise to fuel skeletal muscle requirements (Higginbotham et al., 1986). Such extrinsic modulation of heart contraction is primarily operated by the sympathetic and parasympathetic branches of the autonomic nervous system (ANS), which innervate the atrial (both branches) and ventricular [mainly sympathetic neurons (SNs)] myocardium, exerting grossly opposite effects on the frequency and force of contraction (Zaglia and Mongillo, 2017). While the full-blown activation of SNs, easily detectable, suggests the dominant effect of the sympathetic branch of the ANS on heart control, preclinical and clinical evidence underscores the regulatory power of the parasympathetic nervous system (PNS) on heart function. While the remainder parts of this review will mainly focus on SNs, the reader is referred to Li et al. (2004) Lee et al. (2016), and Zasadny et al. (2020) for reference.

A reductionist example of neurogenic heart regulation by SNs is shown by the effect of a decrease in blood pressure, which is immediately perceived by peripheral baroceptors, and reflects centrally on the activation of sympathetic nervous system (SNS), increasing heart rate (HR), contraction force, and peripheral vasoconstriction, to restore the physiologic pressure values (Heesch, 1999; Fadel, 2008). Beyond such rather unsophisticated, single lane neuro-cardiac connection, however, the activity of cardiac autonomic neurons is orchestrated by a complex network of neural circuits established in the central nervous system (CNS) [i.e., the central autonomic network (CAN)], which includes various regions in the cortex, amygdala, hypothalamus, in the midbrain and pons, and in several nuclei in the medulla (Silvani et al., 2016). These stations receive information from other parts of the brain (e.g., emotional inputs), peripheral body sensors (i.e., homeostatic inputs), as well as from the external environment (i.e., sensory inputs), all of which are integrated to come up with an appropriate response, acutely dictated to the heart through preganglionic efferents converging on the sympathetic and parasympathetic ganglia (Ardell and Armour, 2016; Silvani et al., 2016). Post-ganglionic “motor” neurons, in turn, divaricate from the ganglia toward appropriate sections of the heart and blood vessels, delivering the operative information to the cardiovascular system (Franzoso et al., 2016; Di Bona et al., 2020) (Figure 1).


[image: Figure 1]
FIGURE 1. The complex neuronal circuitries underlying bidirectional “brain–heart” connection. Schematic representation of the “brain–heart axis.” Different regions of the brain, belonging to the CAN process precise orders which are transmitted, through efferent preganglionic fibers, to both sympathetic (adrenergic) and parasympathetic (cholinergic) cardiac ganglia. While PSN processes mainly innervate the SAN and the AVN, SNs invade the conduction system and the working myocardium. The cardiac muscle is also innervated by intrinsic neurons (INS) and cardiac sensory neurons, whose cell bodies organize into the dorsal root ganglion and nodose ganglion, and their afferent fibers project to different areas of the brain (created with BioRender.com).


In addition to a “loud” brain–heart communication in the “fight-or-flight” reaction, however, a whispered and perpetual neurocardiac dialogue, finalized to preserve the heart, and organism's homeostasis, has been demonstrated by a large number of studies, including ours (Ogawa et al., 1992; Kanevskij et al., 2002; O'Connell et al., 2003; Zaglia et al., 2012; Kreipke and Birren, 2015; Pianca et al., 2019). Constitutive activity of the ANS (both from the sympathetic and parasympathetic branches) regulates HR on a beat-to-beat basis (Ahmed et al., 1994; Lombardi et al., 1996; Poletto et al., 2011; Vanderlaan et al., 2012; Moreno et al., 2019) and controls, in parallel, signaling pathways impinging on cardiomyocyte (CM) proteostasis, size, electrophysiology, and division (Ogawa et al., 1992; Kanevskij et al., 2002; O'Connell et al., 2003; Zaglia et al., 2012; Kreipke and Birren, 2015; Pianca et al., 2019). Beyond cardiac physiology, the role of the “brain–heart axis” is increasingly being recognized in cardiac pathology, as highlighted by the widespread use of sympatholytic therapies (e.g., β-blockers) (Ponikowski et al., 2016; Ibanez et al., 2018; Neumann et al., 2020). Chronic sympathetic disturbances have a role in myocardial hypertrophy (Zimmer et al., 1995; Kimura et al., 2007; Fukuda et al., 2015) and heart failure (HF) (Kishi, 2012; Fukuda et al., 2015), and acute sympathetic hyperactivity, during acute physical exercise or following intense emotional stresses, is responsible for arrhythmias and sudden cardiac death (SCD) in several genetic cardiac disorders (e.g., Arrhythmogenic Cardiomyopathy, ACM; Catecholaminergic Polymorphic Ventricular Tachycardia, CPVT; Long QT Syndrome) (Leenhardt et al., 1995; Schwartz et al., 2001; Wehrmacher et al., 2005; Lehnart et al., 2008; Basso et al., 2009; Fukuda et al., 2015; Taggart et al., 2016; Corrado et al., 2017; Agrimi et al., 2020; Winbo and Paterson, 2020; Wleklinski et al., 2020), as well as in Takotsubo syndrome (Sharkey et al., 2011). In addition, it is now well-accepted that brain damage, by modifying autonomic control of heart function, reflects negatively on cardiac health [e.g., patients suffering a stroke have higher probability to develop secondary adverse cardiac events (Touzé et al., 2005; Kim et al., 2017)]. Along the same lines, cerebrovascular diseases may cause cardiac arrhythmias, potentially evolving in SCD (Mikolich and Jacobs, 1981; Kallmünzer et al., 2012; Ruthirago et al., 2016), and depression has been shown to increase the incidence of coronary artery disease (Bunker et al., 2003; Van der Kooy et al., 2007; Carney and Freedland, 2017) and heart attacks (Van der Kooy et al., 2007).

In parallel with the increased interest in the “brain-to-heart” communication, a number of studies unveiled that, besides a highly intricated network of post-ganglionic autonomic neurons (Janes et al., 1986; Kawashima, 2005; Zaglia and Mongillo, 2017; Wink et al., 2020), the myocardium homes an intrinsic nervous system (INS) (Armour et al., 1997; Fedele and Brand, 2020). In addition, afferent neurons may mediate the reverse “heart-to-brain” communication, by continuously sending information to the CNS, which impacts on neuronal circuits involved in perception, cognition, and emotional processing (Schievink et al., 2017; Dal Lin et al., 2018) (Figure 1).

When considering such complexity of the brain–heart neural wiring, the awareness emerges that brain-to-heart communication should not be simplified to the interaction between a brainy regulator and a heartly executor. The “little brain of the heart,” promoting this self-excitable muscle from mere hydraulic pump to sophisticated “neuro-muscular” organ (Armour, 2007, 2008), calls for its bright spot in the theater of physiology.

Traditional methodologies of neuroanatomy, neurophysiology, and pharmacology, which have commonly been used in neuro-cardiology, are inadequate to untangle the complex neuronal circuits linking the brain and the heart in an intimate bidirectional interaction. On the contrary, optogenetics represents the novel biotechnological tool which, by allowing spatially- and cell type-selective neuromodulation, has the potential to functionally dissect the components of the entire “brain–heart” circuitry, and resolve open questions on physiologic mechanisms which have remained obscure for a long time. This review will provide a description of the brain–heart connection and discuss how optogenetics has started to contribute shedding light on the unexpectedly intricated “neuro-cardiac liaison.”



THE LIGHT TOUCH OF OPTOGENETICS

Optogenetics is a recently developed technology, which combines physics, molecular biology, and electrophysiology (Boyden et al., 2005; Deng et al., 2014) to enable contactless control of ion flux across the plasma membrane of cells exogenously expressing photoactivatable channel proteins consistently named “opsins.” The method, singled out as Nature's “Method of the Year 2010,” relies on the discovery that a microbial-derived class of proteins, with structural features resembling the well-known rhodopsins, form ion channels with variable selectivity, while retaining light sensitivity, two properties that allow to either depolarize or hyperpolarize the membrane potential of excitable cells with light irradiation at appropriate (i.e., depending on the opsin type) wavelength. The algal light-sensitive cation-conducting channelrhodopsins (ChRs) were among the first opsins to be characterized and expressed in a specific cell population, within a multicellular tissue of the experimental animal (Nagel et al., 2002, 2003; Zhang et al., 2008), to interrogate the role of specific neuronal circuits of the CNS. Two ChR variants have initially been used in neuroscience: ChR2 from Chlamydomonas reinhardtii (Boyden et al., 2005; Li et al., 2005; Nagel et al., 2005; Bi et al., 2006; Ishizuka et al., 2006; Zhang et al., 2006) and VChR1 from Volvox carteri (Zhang et al., 2008), endowed with sufficiently fast kinetics to achieve action potential (AP) triggered with brief light pulses (1–5 ms), delivered at a frequency suited to neuronal activation. For more detailed description on the history and development of optogenetics, the readers are referred to several topical reviews, some included in this same Special Issue (Hegemann and Nagel, 2013; ref to be included by editors).

The unique aspect which signed success of the technique, compared with conventional electrophysiological methods, based on electrical perturbation, are its non-invasiveness, spatial-temporal accuracy, and cellular specificity (Pianca et al., 2017; Sasse, 2018). The latter allowed to “interrogate” the function of a selected cell type while enclosed in a complex tissue, and intermingled with numerous different cells, giving neuroscientists the tools to selectively study a given brain region or even a single neural circuit (Rajasethupathy et al., 2016; Pianca et al., 2017). Moreover, the non-invasiveness of the technique allows to stimulate cells multiple times or for long periods, with no damage, an incredible advancement in experimental neuroscience, where such technology was firstly tested, and rapidly became a reference method (Pianca et al., 2017; Deubner et al., 2019).

The rocketing potential of optogenetics drove molecular biologists to expand the opsin variants toolkit, including newly identified (i.e., from other microbial species) and molecularly engineered opsins (for reference see: www.optogenetics.org). This led to the generation of a large number of opsin variants, endowed with specific ionic selectivity (e.g., for cations or anions) enabling either cell hyperpolarization [i.e., PAK-K (Bernal Sierra et al., 2018), BLINK-1 (Cosentino et al., 2015), GtACR1 (Govorunova et al., 2016), ArchT (Han et al., 2011), Halorhodopsin (Gradinaru et al., 2008), Jaws (Chuong et al., 2014)] or depolarization [i.e., ChR2 (Nagel et al., 2003), CheRiff (Hochbaum et al., 2014), ReaChR (Lin et al., 2013), Crimson (Klapoetke et al., 2014)], different photocurrent kinetics and sensitivity to differently-colored activation light, covering almost the entire visible spectrum, from blue- to red-shifted variants.

Some years after its initial application to neurosciences, the pioneering studies of Arrenberg (Arrenberg et al., 2010), Bruegmann (Bruegmann et al., 2010), and Jia (Jia et al., 2011) demonstrated that optogenetics can be applied also for the study of heart electrophysiology. In particular, Bruegmann and colleagues developed transgenic mice expressing ChR2 in CMs and were able to pace heart contractions by shining light on the epicardium, thus inducing ectopic heart beats in vivo (Bruegmann et al., 2010). Simultaneously, Arrenberg and colleagues combined the expression of Halorhodopsin and ChR2 in zebrafish CMs, with the use of light sheet microscopy, and achieved bidirectional control of HR in vivo, remotely inducing tachycardia, bradycardia and cardiac arrest (Arrenberg et al., 2010). In parallel, Jia et al. demonstrated “the utility of optogenetics to cardiac muscle by a tandem cell unit (TCU),” which “can serve not only as an elegant tool in arrhythmia research but may form the basis for a new generation of light-driven cardiac pacemakers and muscle actuators” (Jia et al., 2011).

These proof-of concept experiments signed the beginning of “cardiac optogenetics,” which was subsequently applied to investigate biophysical aspects of cardiac physiology and pathology [i.e., minimal cell mass required to activate ectopic beats; role of Purkinje fibers (PFs) in arrhythmias (Zaglia et al., 2015; Pianca et al., 2017)]. Undoubtedly, these studies opened fascinating perspectives, but the inherent potential of cardiac optogenetics (i.e., cell type specificity and non-invasiveness) was uncovered by approaching the heart as a complex network of different structurally and functionally interconnected cell populations, including excitable (i.e., working CMs, conduction system cells, efferent, intrinsic, and afferent neurons), conducting (i.e., fibroblasts, resident, and recruited inflammatory cells), and non-excitable (i.e., vascular cells) cells (Pianca et al., 2017) (Figure 2). As heart homeostasis relies on the activity of many multicellular “circuitries,” fine dissection of the individual role of each cell type, with respect to localization and myocardial interactions, has benefitted, alike neurobiology, from optogenetic studies. Here, we will focus on heart-innervating autonomic neurons, and present examples of existing literature which describes how optogenetics allowed to: (i) improve the knowledge on the mechanisms underlying physiologic neurogenic control of heart function; (ii) investigate and lay new therapeutic concepts in arrhythmology, and (iii) add new tiles to the understanding of the bidirectional “brain–heart” interaction. In addition, we will comment on the opportunities that optogenetic-based neuromodulation of the heart could offer in the inspection of the multiplexed connections between brain and heart, from the central to the peripheral and heart intrinsic neuronal networks, impinging on heart function, in physiological and pathological contexts (Figure 3).


[image: Figure 2]
FIGURE 2. The multicellular nature of the myocardium. The myocardium is a complex network of different structural and functional interconnected cell types, including intrinsic and extrinsic excitable, as well as non-excitable cells. Modified with permission from Zaglia et al. (2019).
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FIGURE 3. Optogenetic interrogation of the brain–heart axis at multiple sites. Schematic representation of the different brain–heart connecting circuitries which have been or could be interrogated by optogenetics (created with BioRender.com).




OPTOGENETICS ALLOWS UNTANGLE CARDIAC NEURONAL CIRCUITRIES

In June 2021, the simple query of “optogenetics” and “neuron” retrieves 5,700 hits in Pubmed, highlighting the aptness of the method in neuroscience research, and as such its use to interrogate the function of the cardiac neural network would thus appear a trivial task. Non-invasive optical actuation of heart neurons is a tremendously powerful technique, but it has to be considered that the spectrum of cardiac effects of acute neuro-cardiac modulation is rather limited. Granted, HR and contractile function can be monitored with standard methodologies (ECG, echocardiography), but study of e.g., heart electrophysiology at cellular level requires state-of-the-art methods to allow investigation in vivo. Thus, combination with equally advanced readouts of heart function is necessary, as discussed in more detail in Chapter 6.


The Unexpected Extent of Cardiac Sympathetic Innervation

As discussed in Chapter 1, the parasympathetic and sympathetic branches of the ANS are both present in the myocardium, with parasympathetic neurons (PSNs) detectable in SAN, atrioventricular node (AVN), atria and cardiac blood vessels, and SNs innervating both the conduction system and the working myocardium of atria and ventricles (Franzoso et al., 2016) (Figures 4A,B). Heart innervation by the ANS has long been recognized in both physiology and diseases, as exemplified by the common use of β-adrenoceptor (β-AR) antagonists, inhibiting the main sympathetic neurotransmitter receptor, in several cardiovascular diseases (Zaglia and Mongillo, 2017). However, the precise anatomy, the extent and intercellular contacts of cardiac innervation have remained, quite surprisingly, understudied and elusive for a long time, partly due to technical limitations and methodologic difficulties. Here, we will mainly focus on SNs, whose processes display a “pearl necklace” morphology, characterized by regularly distributed varicosities, which are the neurotransmitter [i.e., mainly noradrenaline (NA) and neuropeptide Y (NPY)] releasing sites, contacting myocardial target cells (Zaglia and Mongillo, 2017) (Figures 4A,B). Characterization of SN topology was initially obtained by the analysis of thin rodent heart sections, stained with antibodies to enzymes involved in NA biosynthesis, which allowed to demonstrate that SNs heterogeneously distribute among the four heart chambers, with the highest density of nerve fibers in the atria, followed by the right (RV) and left (LV) ventricle (Di Bona et al., 2020). Moreover, across the ventricular walls a transmural gradient of SN density, from the epicardium to the endocardium can be detected in a specie-specific distribution in different mammalian hearts (Randall et al., 1968; Glebova and Ginty, 2004). Consistently, we recently estimated, in the mouse heart, one SN process every two CMs in the sub-epicardium (EPI), while the density appeared decreased in the sub-endocardial region (ENDO) (Pianca et al., 2019). Interestingly, such innervation pattern is different, in rat hearts, in which SN density is similar in the EPI and ENDO regions, while in rabbit, pig, and human, SNs are highly represented in the ENDO region (Pianca et al., 2019). Although the results presented above advanced the anatomical details in the study of heart innervation, they were not designed to define the three-dimensional (3-D) topology of the cardiac sympathetic network. To achieve this goal (and aligned with the broader definition of “optogenetics” i.e., the use of genetically-developed and cell-targeted optical sensors in biology), Freeman et al. used two-photon fluorescence microscopy, combined with computer-assisted image analyses, to generate, in small cardiac volumes from mice with SN-specific expression of Green Fluorescent Protein (GFP), the first 3-D reconstruction of the cardiac SN network (Freeman et al., 2014) (Figure 4C). While the inspection of thin heart sections suggested the coexistence of innervated and denervated CMs, the 3-D reconstruction of the neuronal tree revealed that SNs are represented in the heart with a density much higher than expected and suggested that each CM may be simultaneously contacted by several neuronal processes, all of which establish multiple neuro-muscular contacts at the regularly displaced neuronal varicosities. In keeping with the inclusive definition of opto-genetics, we took advantage from the co-expression of fluorescent td-Tomato in CMs of the α-MHC/ChR2-td-Tomato transgenic mice, to define in higher detail, in the intact 3-D tissue, the topology of interactions between SNs and CMs. To this aim, we applied a modified version of “CLARITY” tissue transformation (Chung and Deisseroth, 2013; Chung et al., 2013) and imaged with multiphoton microscopy both the red-native fluorescence of CM sarcolemma and SNs stained with anti-Tyrosine Hydroxylase (TH) antibody. This allowed demonstrate that, in the mouse heart, each CM is contacted by at least one SN and that, most frequently, a single CM receives multiple neuronal inputs from different processes (Figure 5). Notably, the 3-D reconstruction of the SN network in autoptic human heart blocks confirmed both such extent and the complexity of cardiac sympathetic innervation at microscopic level (Figure 6) (Pianca et al., 2019), although a fine characterization of the topology of autonomic innervation, throughout the whole myocardium, is still unavailable.


[image: Figure 4]
FIGURE 4. Bi- and three-dimensional topology of cardiac sympathetic innervation. (A) Confocal immunofluorescence of the SAN of a normal adult mouse, co-stained with antibodies to tyrosine hydroxylase (TH) and HCN4, to identify SN processes and pacemaker cells, respectively. (B) Confocal immunofluorescence imaging of ventricular myocardial section from normal adult mice, stained with antibodies to TH and cardiac troponin I (cTnI). Nuclei are counterstained with DAPI. The image is a detail from the LV subepicardial region. (C) 3-D reconstruction, at the multi-photon microscope of the sympathetic network within a portion of the LV subepicardium in an adult, Langendorff-perfused DBH-GFP heart. A segment of 230 μm by 28 μm by 50 μm was imaged. (A–C) Modified with permission from Prando et al. (2018) (A), Zaglia and Mongillo (2017) (B), and Freeman et al. (2014) (C).



[image: Figure 5]
FIGURE 5. Three-dimensional imaging of the neuronal network in the murine myocardium. (A) Maximum intensity projection of multiphoton image stacks acquired along 400 μm in tissue clarified LV blocks from the EPI and ENDO regions of a α-MHC/ChR2-td-Tomato mouse heart, stained with an antibody to TH. Red emission of td-Tomato was used to identify CM membrane. (B) Representative single optical section of a sample processed as in (A), resolving the neuro-cardiac interactions, and used for quantification of neuronal processes/cell in EPI and ENDO regions (C). (A–C) Modified with permission from Pianca et al. (2019).



[image: Figure 6]
FIGURE 6. Three-dimensional imaging of the neuronal network in the human myocardium. Topology of the SN network, reconstructed with 3-D rendering of 600 images acquired with a multiphoton microscope along 200 μm, upon whole-mount immunofluorescence in 1 mm3 LV blocks from the EPI region, stained with anti-TH antibody. Images were acquired with an 18× objective, 1.1 NA, allowing a large field of view (850 × 850 μm) at high resolution. A segment of (850 × 850 × 200) μm was imaged. mage series were acquired along the Z-axis, with a step size of 1.5 μm and processed and analyzed with a software for 3-D rendering (Imaris). Images modified with permission from Pianca et al. (2019).




A Lightly Inspection of Neurogenic Control of Heart Activity

Sympathetic neurons modulate the rhythm and force of heart contraction through the effects of NA activation of CM β-ARs (mainly β1-ARs), increasing intracellular [cAMP] which, in the SAN, directly enhances If, increasing the rate of spontaneous automaticity, and, in ventricular CMs, enhances, mainly through PKA activity, the extent of Ca2+ turnover at each cardiac cycle (Zaccolo and Pozzan, 2002; Stieber et al., 2003; Rochais et al., 2004; Bers, 2008; Difrancesco, 2010). While these effects allow short-term adaptation of cardiac function to increased perfusional demand (e.g., exercise or emotional stress, intrinsic homeostatic mechanisms), we recently demonstrated that, in parallel, constitutive SN inputs are required to maintain physiologic size of the adult heart, acting on the equilibrium between protein synthesis and degradation, via the β2-AR/Akt/Foxo/ubiquitin ligase signaling pathway (Zaglia et al., 2012). That the SNS affects heart structure and signaling, in basal conditions, has been demonstrated by several studies (Ogawa et al., 1992; Kanevskij et al., 2002; O'Connell et al., 2003; Zaglia et al., 2012; Kreipke and Birren, 2015; Pianca et al., 2019). Taken altogether the results described above support the concept whereby the ANS controls cardiac function across a wide effect range covering both the subtle physiological variation in inter-beat interval (known as heart rate variability, HRV) and constitutive control of CM trophism, in basal conditions, to the urgent chronotropic and inotropic responses of the “fight-or-flight” reaction (Zaglia and Mongillo, 2017). In view of this evidence, one naturally wonders what mechanisms allow such flexible, yet accurate, control of heart homeostasis, and the unique potential of optogenetics was thus exploited to delve into neuroeffector mechanisms underlying cardiac SN function. With this scope, the Kay group generated in 2015, transgenic mice expressing ChR2 under control of the SN promoter, TH, which were used, in a proof-of-principle study, to optogenetically activate SNs and address the dynamics of the events linking β-AR activation to changes in cardiac function, in isolated Langendorff perfused hearts. In support of the method feasibility, photo-stimulation of cardiac neurons on the epicardial surface of isolated hearts caused positive chronotropic and inotropic responses, accompanied to reduced AP duration, and fast pacing elicited sustained arrhythmias, thus demonstrating the usefulness of the technique to address the effects of SNs in cardiac physiologic and pathologic mechanisms (Wengrowski et al., 2015). The neural influence on HR was also studied using optogenetics in Drosophila melanogaster, which, although phylogenetically far from mammals, represents an experimental model suited for genetic manipulation and allows easy molecular investigation of signaling mechanisms in both heart physiology and pathology (Malloy et al., 2017). Optogenetic actuation was, additionally, exploited in in vitro studies, both in primary and human Pluripotent Stem Cells (hPSC)-derived SNs, establishing “physical and functional connections and controlling the beating rate of cultured CMs” which, in turn, impacted on neuronal maturation, thus supporting that bi-directional crosstalk takes place between SNs and CMs (Oh et al., 2016). The retrograde transfer of molecules from heart to cardiac autonomic neurons was exploited for organ-targeted expression of opsins, by heart injection of adeno-associated virus, which allowed vagal neuromodulation of HR (Fontaine et al., 2021).

Altogether, these studies support the potential of optogenetics in the study of fundamental questions in neuro-cardiology, including the signaling dynamics underlying neuro-cardiac communication.

Although the rapid and efficient control of heart contraction, operated by SNs, exemplifies neurogenic regulation of organ function, the preferred view on sympatho-cardiac coupling in mainstream physiology aligns it more to a neuro-endocrine process than to a mechanism underlain by direct intercellular signaling. Activated SN processes, flanking CMs with no structured contacts, would simply discharge NA in the myocardial interstitium, at a concentration sufficient to activate β-ARs (Mann et al., 2014). However, such “reductionist” model does not explain convincingly the very fast (i.e., immediate) kinetics of heart response to SN activation, its efficiency and repeatability. With the aim to resolve these discrepancies, we used a combination of static (i.e., confocal immunofluorescence, electron microscopy) and dynamic (i.e., neuronal optogenetics combined to live imaging of cAMP or pharmacologic assays) optical methods to comprehensively address the neuro-cardiac interaction in vitro and in vivo. Co-cultures of SNs and CMs showed that neuronal varicosities establish structured intercellular contacts with CM membrane which define a diffusion-restricted, small volume intercellular signaling domain, allowing few molecules of NA to activate target cells at high concentration. These results indicated that direct synaptic communication occurred between SNs and CMs. To test whether this concept held true in the intact innervated heart, we reckoned optogenetics was the election method, and exploited the same set up, previously developed for cardiac optogenetics (Zaglia et al., 2015), to photo-stimulate the sympathetic efferents innervating the right atrium (RA), in living TH/ChR2-td-Tomato transgenic mice, while monitoring HR (Figures 7A,B). By combining photoactivation of sub-millimetric regions of the RA surface with pharmacologic inhibition assays using β-blockers, we demonstrated that SNs communicate with target CMs at directly interacting neurocardiac junctional sites, with fast kinetics and high [NA], favoring a “synaptic” rather than endocrine coupling model (Prando et al., 2018) (Figures 7C–E). Following a similar approach, Burton and colleagues applied optogenetics to interrogate the effects of SNs on “macroscopic” dynamics of a CM network in vitro, with the aim to identify arrhythmia mechanism in a cell-based system (Burton et al., 2020). In line with the results described in Prando et al., and those corroborated by the same group in 2019 (Pianca et al., 2019), this research promoted the concept that innervated CMs “can potentially receive NA simultaneously from multiple point sources, and integrate downstream the cumulative neuronal input at signaling level,” which support our speculation that direct neurocardiac coupling may explain how heart responses “can be graded across the wide physiological range of action of the cardiac SNS” (Zaglia and Mongillo, 2017) (Figure 8).


[image: Figure 7]
FIGURE 7. Optogenetic assessment of neuro-cardiac coupling in vivo. (A) Schematic illustration of the neuronal optogenetic set up used for right atrium (RA) illumination in open chest anesthetized mice. (B) Representation of the different photostimulated atrial regions (areas#1–2). (C) Representative ECG trace of the optogenetic experiment, showing positive chronotropic response upon photoactivation (blue lines) of the RA area#1 in TH/ChR2 mice. (D) Representative ECG trace showing unchanged HR upon illumination of RA area#2. (E) Dose-effect analysis of the treatment with the β-AR antagonist, propranolol, on the chronotropic response to neuronal photostimulation. Blue symbols identify responses to photostimulation, while the white ones show the effects of systemically delivered NA (***P < 0.001; *P < 0.05). Images modified with permission from Prando et al. (2018).



[image: Figure 8]
FIGURE 8. Integration of multiple neuronal inputs by the innervated cardiomyocyte. (A) Recent advancements in imaging cardiac sympathetic innervation demonstrate that each CM interacts with multiple contacts from the same neuronal process (each varicosity is highlighted by one color) and may simultaneously be innervated by different neurons (two neurons in the picture are represented by filled or half-filled circles, respectively). (B) We thus made the hypothesis that activation of increasing number of varicosities, and recruitment of more neuronal processes, may allow grading of the responses of target cells from basal to maximal activation, across a wide range of intermediate effects. Modified with permission from Zaglia and Mongillo (2017).


By taking advantage from the cell-type specificity of optogenetics, Kay's group progressed with the cognate of their previous work on SNs (Wengrowski et al., 2015), by targeting ChR2 to cholinergic neurons, and showed that PSN photoactivation, by inducing acetylcholine release, resulted in very rapid HR decrease (Moreno et al., 2019). In the same year, Rajendran et al. combined optogenetics to tissue clearing and physiological measurements, achieving higher anatomical details of vagal afferent and efferent fibers innervating the heart, thus further confirming the high complexity of heart neuronal circuitry, and advanced the understanding of the mechanisms involved in neurogenic control of HR (Rajendran et al., 2019).

Overall, these studies undoubtedly indicate that optogenetics is a tool suited “to provide new scientific insights into the structure and function of peripheral neural circuits” although “to disentangle neural control of autonomic physiology and enable a new era of targeted neuromodulation approaches” a combination of functional, imaging and physiologic approaches needs to be employed (Rajendran et al., 2019).



Optogenetic Interruption of The Cardiac Arrhythmic Chaos

In normal hearts, the origin, sequence, and timing of cardiac activation repeat with identical characteristics at every heartbeat. The term arrhythmia, which means “out of rhythm,” indicates the alteration of any of the physiologic features of heart activation, including both faster and slower HRs, the abnormal origin of the cardiac activation wave, its faulty propagation throughout the different heart regions or, in its extreme manifestation, the erratic depolarization of heart cells. Due to the dramatic consequences which arrhythmias may have (i.e., SCD), the heart possesses a series of protective mechanisms to avoid uncontrolled cardiac activation, which include both cellular factors (i.e., refractoriness) and tissue properties, including the functional anatomy of the conduction system, and the electrotonic coupling of the CM network, which protects from initiation of cardiac contraction following stochastic activation of few cells (Hoyt et al., 1989; Rohr et al., 1997; Xie et al., 2010; Myles et al., 2012; Zaglia et al., 2015). As arrhythmias may develop when such protective properties are overcome, deeper understanding of these mechanisms is necessary to identify the cause and possible treatment of specific rhythm disturbances. In this context, the cell specificity, the elevated spatial and temporal precision of optogenetics have been exploited to determine the respective role of aberrant activation of either PFs or common CMs in the generation of ectopic cardiac activation foci and subsequent initiation of sustained arrhythmias (Zaglia et al., 2015). In addition, based on the advantages which optogenetics may offer, compared to conventional defibrillation (for a review see Entcheva and Kay, 2021), this technology allowed to successfully achieve cardioversion of atrial fibrillation in living mice (Bruegmann et al., 2018) and optogenetic cardioversion or defibrillation have been described, up to now, in a number of studies (Bruegmann et al., 2016; Scardigli et al., 2018; Uribe et al., 2018; Cheng et al., 2020; to name a few).

It is well-appreciated that the activity of SNs may increase arrhythmic vulnerability both through direct effects on single cell physiology and by reducing the “protective” myocardial properties at tissue level. In stress-dependent arrhythmogenic syndromes (e.g., CPVT, ACM), the link between SN activation and arrhythmia triggering has been shown both in single cells and experimental animals (Cerrone et al., 2005; Lehnart et al., 2008), and extensively supported by clinical evidence (Corrado et al., 1990, 2015; Amar et al., 2003; Collura et al., 2009; Shen and Zipes, 2014). In addition to the cellular effects of adrenergic stimulation, the concept that unbalanced NA discharge, by cardiac SNs, has arrhythmogenic potential has been suggested a few decades ago, and demonstrated since then in both structurally normal hearts of arrhythmic patients and ischemic hearts (Fukuda et al., 2015; Zipes, 2015; Gardner et al., 2016). The mechanism whereby regional heterogeneity of sympathetic inputs causes arrhythmia is indeed associated with AP dispersion, an electrophysiological state favoring ventricular arrhythmias. In support that regional differences in cardiac adrenergic stimulation promote arrhythmias, local injection of NA, in isolated perfused hearts, caused the onset of ectopic beats, which were not elicited by global perfusion with the same concentration of the catecholamine (Myles et al., 2012). It is foreseeable that optogenetics, allowing to deliver, with flashes of differently colored lights, the “go” (neuronal depolarization) or “stop” (neuronal hyperpolarization) signs to selected neuronal populations, appears ideally tailored to experimentally address the mechanisms correlating arrhythmias with SN function. The strong link between autonomic neuron input and cardiac arrhythmias, and the success of heart sympathetic denervation in reducing ventricular arrhythmias in sufferers from familial stress-dependent arrhythmogenic syndromes, have already fueled trust in the potential of autonomic neuromodulation of interrupting the electrical chaos of fibrillating arrhythmias, preserving the consonance of regular heart activation. This concept has been tested in the study by Yu and colleagues, showing that reversible optogenetic inhibition of the left stellate ganglion (LSG) activity increased electrophysiological stability and protected against post-ischemic ventricular arrhythmias. The authors expressed, by AAV9 infection, the photoactivated hyperpolarizing protein ArchT in the LSG of dogs and induced myocardial ischemia with left descending coronary artery ligation. Notably, photoinhibition of the transduced neurons significantly reduced the incidence of post-ischemic ventricular tachycardia (VT) and ventricular fibrillation (VF), providing “proof-of-concept results of optogenetic arrhythmia therapy in a large-animal model” (Yu et al., 2017; Entcheva and Kay, 2021) (Figure 9). The results of this study are in line with those obtained in 2012 by Mastitskaya et al. who demonstrated that photoactivation of vagal preganglionic neurons exerted protective anti-arrhythmic effect in a rat model of myocardial ischemia/reperfusion injury (Mastitskaya et al., 2012). Thus, the distinctive properties of optogenetics, and the flexibility of opsin expression in either selective intrinsic heart cells (i.e., CMs, PFs) or extrinsic modulators (i.e., SNs, PSNs) have opened the road to better understanding and novel treatment of arrhythmia mechanisms. Excitement and curiosity are in the air while expecting to see, as in the words of the poet Apollinaire, the voice of light tune cardiac rhythm.


[image: Figure 9]
FIGURE 9. Optogenetic-based interruption of cardiac arrhythmias. (A) Schematic representation of the potential role of neuronal optogenetics in stopping ventricular arrhythmias. Photostimulation of ArchT with 565 nm light inhibits SNs, leading to significant decrease in arrhythmic events after myocardial ischemia. (B) Representative examples of ischemia-induced ventricular arrhythmias (Vas). (C) Quantitative analysis of the incidence of ischemia-induced VAs showed that optogenetic modulation significantly decreased the number of ventricular premature beats (VPBs). (A–C) Modified with permission from Yu et al. (2017).





CAN OPTOGENETICS UNCOIL THE INTERTWINED BRAIN-TO-HEART CONNECTIONS?

The functional connection between the brain and the heart has been surmised several centuries ago, based on the appreciation that intense emotions and/or stresses reflected on the perceivable increase of HR and contraction force, frequently occurring in physiologic contexts, but could, at times, cause sudden heart arrest and death (Coote, 2007; Samuels, 2007). The neurogenic modulation of heart function, enacted by heart-innervating autonomic neurons, is in fact the integrated end-effect of numerous higher-order neuronal circuits which, from cortical, subcortical, and brainstem sites, converge on and regulate the activity of “motor” post-ganglionic autonomic neurons. Such hierarchical and multiplexed neuronal network allows the simultaneously active inputs of the somato-sensory system, sense organs, brain areas processing emotions, memory, and fear, to be marshaled into the system and reflect, with varied intensity and dynamics, on the degree of regulation of heart function.

The anatomical basis of the “brain-to-heart” communication are, accordingly, grounded on complex neuronal circuitries, which lay the physical connection between the two organs (Figure 10). In its schematized representation, this neuronal network includes cortical and subcortical forebrain structures (i.e., cortex, insula, amygdala, and hippocampus, and their interconnecting systems), as well as the hypothalamus, the gray matter around the cerebral aqueduct (i.e., periaqueductal gray), and the nuclei of the parabrachial complex at the junction between the pons and brainstem (Augustine, 1996; Verberne and Owens, 1998). To further increase the complexity of this scenario, the central portion of the amygdala “receives inhibitory projections from the prefrontal and orbitofrontal area and is connected with the hypothalamus and the brain stem nuclei involved in control of the cardiac function and, thereby, seems to modulate the effects of emotional stimuli (especially negative emotions) on the heart” (see Tahsili-Fahadan and Geocadin, 2017 for a compendium). Furthermore, the hypothalamus is a transit point of information from the brain cortex and, in preclinical models, “the cardiac effects of stimulation of the lateral and anterior hypothalamus are preventable by sympathectomy and vagotomy, respectively” (see Tahsili-Fahadan and Geocadin, 2017 for a compendium). Although the detailed anatomy and function of each of these brain regions, and the modalities whereby they are connected to the gray matter of the spinal cord, where cell bodies of sympathetic ganglia neurons reside, is beyond the scopes of this review, this outlook serves to show the complexity of the extended brain–heart axis.


[image: Figure 10]
FIGURE 10. Neural control of the cardiovascular system. Afferent and efferent pathways are shown in green and red lines, respectively. The figure has been simplified to illustrate the major cortical, subcortical, and brain stem areas involved in control of the cardiovascular function. Most areas are interconnected. For anatomic details and physiological effects of the illustrated pathways, please refer to the text and the original article. Adapted with permission from Tahsili-Fahadan and Geocadin (2017). Adapted from “Anatomy of the Brain,” by BioRender.com (2021). Retrieved from (app.biorender.com/biorender-templates).


Understanding of the effects of brain areas described above on the heart, has mostly been obtained in animal models, and has conventionally used either electrophysiologic stimulation as trigger, and assessment of cardiac function as readout, or the destructive approach based on the analysis of functional effects of removal/lesion of specific brain regions. As an example, stimulation of the caudal and rostral posterior insular cortex in rats has been shown to decrease or increase HR, respectively, the latter effect elicited by activation of sympathetic outflow, as shown by its ablation with the β-blocker, atenolol (Oppenheimer and Cechetto, 1990). Combination of electrophysiological studies with surgical procedures (i.e., occlusion of cerebral arteries) has been employed to increase the depth of investigation. As example, monolateral occlusion of cerebral arteries supplying the insular cortex, in rats, prompted the “laterality hypothesis” whereby the right and left insula mediate increased sympathetic and parasympathetic tone, respectively, a phenomenon attributed to “the lateralized distribution of the baroreceptor units and processing of the emotions” (Oppenheimer et al., 1992; Zhang et al., 1998; Hilz et al., 2001) (see Tahsili-Fahadan and Geocadin, 2017 for a compendium).

Although these studies have undoubtedly advanced the understanding of neuro-cardiac anatomy and physiology, further progress requires higher precision and better definition of the function of cardiac wiring. Optogenetics is suited to be the “Rosetta Stone” enabling to decode the “brain–heart” talk, by systematically interrogating the effect of the different neuronal circuits impinging on heart function, in the living organism. Although such studies are still relatively scarce, we here present some relevant examples. Paul and colleagues, by combining multielectrode recording with optogenetic manipulations, showed that vasoactive intestinal polypeptide (VIP)-releasing neurons elicit diurnal waves of GABAergic input to cells of the paraventricular hypothalamus and ventral thalamus, while suppressing their activity during the mid to late hours of the day. Such circuit is involved in the circadian modulation of several physiologic functions, including HR (Paul et al., 2020). In addition, optogenetics elucidated how coordination between respiratory and cardiovascular functions is achieved. The combination of excitatory and inhibitory optogenetics with experiments of neuronal tracing, in rats, demonstrated that “preBötzinger Complex” (preBötC) neurons modulate cardiac PSN activity whilst excitatory preBötC neurons modulate sympathetic vasomotor neuron activity, resulting in HR and blood pressure oscillations in phase with respiration (Menuet et al., 2020). A similar approach, in rodents, was able to discern the mechanisms involved in arousal, wake-sleep cycle, and their impact on cardiovascular and respiratory control (Guyenet, 2006; Guyenet and Abbott, 2013; Smith et al., 2013; Dampney, 2016; Luppi et al., 2017; Saper and Fuller, 2017; Scammell et al., 2017; Del Negro et al., 2018; Benarroch, 2019).

In parallel to studies aimed to untangle central neuronal circuitries impacting on heart activity in physiology, optogenetics was also applied to complex neuro-cardiac pathologies, including e.g., the study of the bidirectional link between psychiatric disorders and heart diseases (Cheng et al., 2012).

Thus, the message emerging from this frugal overview of some examples on the theme, is that optogenetics may be a valuable tool to uncover the mysterious and multifaced “brain-to-heart” relationship. However, because of the incredible anatomical and functional complexity of the neuronal circuitries, which tie reason to feeling, optogenetics needs to be assisted in the task by other methodologies, including neuronal imaging, tissue clarification, behavioral, and functional studies.



MAY OPTOGENETICS SHED LIGHT ON THE UNEXPECTED “HEART-TO-BRAIN” CORRESPONDENCE?

The long consolidated understanding on the basic principles of heart physiology has somewhat concealed, or obscured, the increasing number of studies showing the extent of its nervous component.

The heart homes indeed a large series of different neuron types orderly networked in subsystems and circuits, receiving (as described above), integrating and sending neuronal impulses from and to the brain, justifying the proposed concept of “the little brain” of the heart (Armour, 2007, 2008). In addition to the efferent fibers of the two main branches of the ANS, the myocardium is densely innervated by sensory neurons, and the two systems are peripherally regulated by the interacting neurons residing in the INS. Cardiac sensory afferent neurons project to the CNS, transferring information of the chemo-, pain, and mechano-sensors which monitor the biochemical and mechanical state of the heart, mainly via release of substance P and calcitonin gene-related peptide (Hoover et al., 2008). The cell bodies of sensory neurons are found in spinal dorsal root ganglia, extracardiac intrathoracic, and intrinsic cardiac ganglia (Tahsili-Fahadan and Geocadin, 2017), and their ascending fibers take part to the IX and X cranial nerve and interact with the autonomic nuclei of brainstem, hypothalamus, amygdala, thalamus, and cerebral cortex (Tahsili-Fahadan and Geocadin, 2017) (Figure 10).

The cardiac INS consists of a network of interconnected neuronal plexi which are located within specific heart regions, mainly the epicardial fat pads, and innervate the SAN (by the right atrial ganglionated plexi) and AVN (by the inferior vena cava–inferior atrial ganglionated plexi), as well as the pulmonary vein–left atrial junction (Armour et al., 1997; Tan et al., 2006; Tahsili-Fahadan and Geocadin, 2017) (Figure 11). Most cardiac intrinsic neurons are interneurons, mediating transmission of information within the resident ganglia. Such neuronal population is functionally connected to the efferent fibers of autonomic neurons in a two-way communication, which leads to a mutual influence on the nervous activity (Beaumont et al., 2013). Such complexity of cardiac neuronal circuitries and the notion that the heart sends collectively more signals to the brain than it receives, supports the recent findings attributing to the heart the capacity to perceive pain, independently from specialized brain centers (e.g., the thalamus), and may explain the involvement of the heart in regulation of central neurons of those regions (Alshami, 2019).
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FIGURE 11. The little heart brain. Schematic representation of cardiac intrinsic ganglia. Ao, aorta; PA, pulmonary artery; LAA, left atrial appendage; LCA, left coronary artery; LIPV, left inferior pulmonary vein; LSPV, left superior pulmonary vein; RAA, right atrial appendage; RCA, right coronary artery; RIPV, right inferior pulmonary vein; RSPV, right superior pulmonary vein. Modified with permission from Wink et al. (2020).


Interestingly, like the autonomic extrinsic efferents, remodeling of the cardiac afferents, and the INS may also occur in cardiac diseases, and have an impact on central neuronal circuitries (Armour, 2004). That a primary heart dysfunction negatively impacts on the correct function of higher neuronal centers is now supported by a large number of researches. As an example, it is a well-accepted notion that patients suffering from HF have increased incidence of stroke (mainly attributed to reduction in brain perfusion caused by cardiac contractile dysfunction), but also show cognitive decline, anxiety (Scherbakov and Doehner, 2018) and depression (Moradi et al., 2021). These may in turn, reflect on the activity of cardiac autonomic efferents, in a vicious cycle whereby cardiac pathology alters “heart-to-brain” communication, affecting “brain-to-heart” response, further compromising heart structure and function. In support of this concept, Koba and colleagues, have recently used optogenetics to show that sympatho-excitatory input from hypothalamic neurons, which project to the rostral ventrolateral medulla (RVLM), is enhanced after myocardial infarction (Koba et al., 2020). In addition, photostimulation of ChR2-expressing astrocytes in the RVLM of rats increased HR, through ATP-dependent enhancement of sympathetic activity. Notably, “facilitated breakdown of ATP in the RVLM attenuates the progression of LV remodeling and HF secondary to myocardial infarction” (Marina et al., 2013). The studies described above are based on the identification of central circuitries which, by receiving erroneous information from damaged myocardium, give wrong orders to the heart, thus further worsening its dysfunction. On the contrary, the use of neuronal optogenetics to decode the communication among the different cardiac neuronal circuitries and define their effects on heart function and homeostasis, although fascinating, has never been tested thus far, likely because of several technical limitations, discussed below in Chapter 6. Similarly, the use of cardiac optogenetics to dissect the mechanisms linking changes in myocardial contractile activity to alteration in CNS, which holds a high translational potential, has not been attempted. These represent rather unexplored territories to take a look at with neurocardiac optogenetics.



OPTOGENETICS IN NEURO-CARDIOLOGY: ONLY A DELUSION?

The studies described so far support that optogenetics is a very promising technique potentially very useful for decoding nerve circuits which bind, in a mutual dependence, the brain and the heart. However, peripheral neuron optogenetics (including that applied to neuro-cardiology) has a number of specific limitations with respect to its more common application in the field of neuroscience. Firstly, the popularity of the method in the study of central neuronal circuits has prompted the parallel development of technical means to deliver light (e.g., through lightweight fiber optics stably implanted in the skull), while similar devices usable for peripheral neuronal optogenetics are still in the early phase. This allowed to perform experiments in freely moving mice, often with immediate and easily quantifiable readouts (i.e., movement, behavior). On the contrary, interrogation of cardiac autonomic neurons has been performed, due to obvious anatomical constraints, in mice under anesthesia, which is well-known to interfere with neuronal activity (Yu et al., 2017; Prando et al., 2018; Moreno et al., 2019; Rajendran et al., 2019; to cite a few). In addition, when conscious animals are experimented, peripheral nerves in soft, moving tissues are easily injured during fiber-optic implantation, which may cause persistent irritation at the biotic/abiotic interface and constraint natural movements, thereby affecting or preventing free motions and increasing e.g., stress and anxiety (Zhang et al., 2019). This is particularly important when addressing the study of intra-organ (SN-CM) and inter-organ (brain–heart) neuronal communication. The scenario is further complicated by the technical difficulty of simultaneously operating optogenetic neuronal actuation, while monitoring cardiac readouts (e.g., ECG), in freely moving animals.

With these considerations in mind, understanding in full whether the potential of neuro-cardiac optogenetics is confined to science glamor, or if it is a guiding light in understanding neuro-cardiac pathophysiology, some additional steps should be overcome. Firstly, as the time of proofs-of-principle is now surpassed, optogenetics should be used when it represents the adequate solution to a scientific problem, and the research question is not based on the technique itself. Secondly, a broader consideration concerns how neurocardiac optogenetics can be translated to human research and therapy, which is inherently limited by the method specifics.

When the road to optogenetics for a specific application has been undertaken, questions which guide the experimental design concern:

• The choice of the most suited opsin: from the first use of ChR2 in neuroscience (Boyden et al., 2005) to the time being, a large number of optogenetic actuators are now available, showing varied spectral and biophysical properties, which meet most of the experimental needs (www.optogenetics.org). The choice of the most appropriate opsin variant has to carefully be taken, and possibly confirmed in in vitro systems prior to investing in in vivo research.

• Due to its structure, the myocardium is a dense highly diffractive tissue, and as such, light in the visible spectrum has poor penetration capacity, thereby hindering minimally invasive translation of cardiac optogenetics to externally applied optical stimuli (Boyle et al., 2018). This has represented a crucial limitation for both cardiac and neurocardiac optogenetics, which has, so far, mostly been applied to surgically exposed organs (thus “canceling” the benefits of non-invasiveness). Solutions to overcome this hindrance are in the air, however. It is well-appreciated that near-infrared radiation (NIR) (780–1,100 nm) has deeper penetration capacity in tissues and minimal damaging effects, and as such, it is commonly used in deep tissue imaging (e.g., multiphoton microscopy) in both basic and clinical research, in different tissues (Gussakovsky and Kupriyanov, 2008; Nagarajan and Zhang, 2011; Wang et al., 2013). Although NIR is, at the time being, not suited for cardiac optogenetics, recent promising research has developed “upconversion nanoparticles (UCNPs),” absorbing tissue-penetrating NIR and emitting wavelength-specific visible light. Using this strategy, Chen et al. in 2018 demonstrated that UCNPs can serve as optogenetic actuators of transcranial NIR, and assist the photostimulation of deep brain neurons (Chen et al., 2018) (Figure 12). The combination of NIR laser with UCNPs methodology, after being successfully tested in neuroscience (Wang et al., 2017; Chen et al., 2018; Lin et al., 2018), has been applied to cardiac optogenetics, demonstrating the reliable and repeatable tissue-penetrating cardiac optical pacing in vivo, which demonstrated a convenient and less invasive way to use external radiation in optogenetic stimulation of cardiac tissue (Rao et al., 2020).

• In approaching a preclinical study focused on peripheral nerves, an inevitable task is how to lightly control peripheral neurons within the tortuous nerve route. Due to the infeasibility of implanting light delivery interface in peripheral nerves, in 2013 Towne et al. demonstrated the possibility to optically stimulate ChR2-expressing motor neurons, eliciting muscle contraction, in freely moving rats, thanks to the use of an implanted optical nerve-cuff around the sciatic nerve (Towne et al., 2013). From this first study, modern engineering has developed “optocuffs,” as optical peripheral nerve interfaces to achieve optogenetic control of peripheral nerves in freely moving mice (Michoud et al., 2018). Similarly, Song et al. invented a novel optical nerve cuff electrode allowing to simultaneously actuate and monitor neural signals, whose efficacy was tested in the sciatic nerve of Thy1:ChR2 mice (Song et al., 2018) (Figure 13). Since optogenetics study are often associated to pharmacological tests, recent interesting technological developments include the design of wireless, battery-free, fully implantable devices, capable of programmed delivery of localized optical, and/or pharmacological stimuli, using miniaturized electrochemical micropumps (Zhang et al., 2019). Organic light-emitting diode (OLED) able to adapt to curve surface and soft neuronal tissues have also been generated, which allow register the effect of optogenetics-based neuronal stimulation by magnetic resonance imaging (Kim et al., 2020). Here, we presented only some of the numerous examples of recently developed optical stimulation and recording devices (Samineni et al., 2017; Maimon et al., 2018) for a review see which, at the time being, have been successfully applied for optogenetic manipulation of motor and spinal nerves. Such devices are well-suited to instrument brain–heart connecting nerves and assess the effects of optically modulated neurons in freely moving animals, while recording heart rhythm or blood pressure changes (in telemetry implanted animals), or animal behavior. The development of similar tools apt to photoactivate heart-residing neurons in conscious animals, while monitoring central neuronal functions, would likely represent the tools of choice to investigate the reverse heart-to-brain axis.

• In preclinical studies, another fundamental aspect is the choice of the most suited animal model. At the time being the majority of optogenetics studies have been performed in mice, due to the availability of transgenic models. However, the use of larger animals (i.e., rats, minipigs, pigs, ovines), in which opsin expression may be achieved by viral infection (Yu et al., 2017; Booth et al., 2021), may increase the feasibility of in vivo analyses and the translability of the results to the human context.
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FIGURE 12. UCNP-mediated NIR upconversion optogenetics for deep brain stimulation. (A) Schematic principle of UCNP-mediated NIR upconversion optogenetics. (B) Transmission electron microscopy images of the silica-coated UCNPs. (C) Emission spectrum of the nanoparticles upon excitation at 980 nm. (Inset) Upconversion emission intensity of UCNPs as a function of excitation intensity at 980 nm. (D) Scheme of in vivo fiber photometry for measuring UCNP-mediated NIR upconversion in deep brain tissue. The tip of an optic fiber, transmitting NIR excitation light, was positioned at various distances from the ventral tegmental area (VTA) where UCNPs were injected. Modified with permission from Chen et al. (2018).



[image: Figure 13]
FIGURE 13. Optical nerve-cuff electrode for optogenetic stimulation of peripheral neurons in freely moving animals. (A) Overall schematic illustration of the optical nerve cuff electrode. (B) Picture of an active photo-stimulating device. (C) Pictures of a mouse implanted with the opto-cuff electrode in (A,B). Examples of light off and light on states are shown. Modified with permission from Song et al. (2018).


Taken altogether, data described above indicates that all the ingredients are available to make of optogenetics a keystone to finally uncover, in depth and un-intrusively, the physiologic mechanisms underlying neurogenic control of heart function, as well as the brain–heart cross-regulation, thus bringing to the light novel targets for therapeutic intervention. Thus, optogenetics, although not directly used as a therapeutic strategy, may be potentiated to discover novel targetable players underlying neuro-cardiac disorders.

A different issue concerns the widely advertised therapeutic potential of optogenetics in neurocardiac diseases in humans. In general terms, the clinical applicability requires resolving two main obstacles: (a) optogenetics requires expression of an exogenous gene in neurons; (b) photo-actuation requires implantation of a light emitting source. For point (a), it has to be kept in mind that viral vectors suited to the use in humans, encoding ChR2, have been approved by FDA (NCT04278131; NCT03326336; NCT02556736; for details see www.clinicaltrials.gov), and their use for neuronal expression may thus be foreseen. As for (b), medical bioengineering may easily develop implantable and remotely powered devices similar to the ones already in use (e.g., pacemakers, ICD). For critical reading on the perspective applications of cardiac optogenetics in clinical settings (see Boyle et al., 2015; Entcheva and Kay, 2021).



CONCLUSIONS

This review was conceived and written with the brain and the heart to enhance the concept of brain–heart connection, which, even if supported by a gradually wider literature, is struggling to be an integral part of cardiovascular physiology and research. Here, we present an overview of current literature regarding the heart as a neuro-muscular organ, which not only is responding to hierarchically higher orders, but is capable of interpretation and decision-making, and reply back in the same language. Looking at the heart from this angle, we presented the contribution of optogenetics, treating the heart with light but not lightly, in untangling the “neuronal cardiac circuitries,” by unveiling the complexity of heart innervation, defining the mechanisms underlying neurogenic control of the heart in physiology and pathology, and perceiving the brain-to-heart communication. In assessing whether optogenetics is a truly revolutionary tool in cardiology, or only a mirage, we believe that, even if its applicability in the clinic may be limited to some pathologies, in basic research optogenetics can still give a lot, especially in a field as little explored, such as that of neuro-cardiology (Figure 14). However, as the constant synergy of the dialogue between the brain and the heart teaches us, to illuminate the dark sides of brain–heart connection, as well as of the intrinsic “cardiac little brain,” optogenetics must work synergistically with other methodologies, some traditional, others more innovative. Finally, we want to underly that this summary is by no means comprehensive, and we apologize to the many colleagues who contributed to the field, but have not been cited.


[image: Figure 14]
FIGURE 14. Potential applications of optogenetics. Potential clinical use of cardiac and neuronal optogenetics for heart rhythm control in neuromodulation, pacemaker, or/and anti-arrhythmic applications. Modified with permission from Gepstein and Gruber (2017).
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ACM, arrhythmogenic cardiomyopathy; ANS, autonomic nervous system; α-MHC, α-myosin heavy chain; AP, action potential; AVN, atrio-ventricular node; β-ARs, β-adrenoceptors; ChR, channelrhodopsin; CAN, central autonomic network; CNS, central nervous system; CPVT, catecholaminergic polymorphic ventricular tachycardia; CM, cardiomyocyte; DBH, dopamine-β-hydroxylase; DRG, Dorsal Root Ganglion; ECG, electrocardiography; ENDO, subendocardium; EPI, subepicardium; GFP, green fluorescent protein; HF, heart failure; HR, heart rate; HRV, heart rate variability; INS, intrinsic nervous system; LSG, left stellate ganglion; LV, left ventricle; ms, milliseconds; NA, noradrenaline; NIR, near-infrared radiation; NG, Nodose Ganglion; NPY, neuropeptide Y; OLED, organic light-emitting diode; PF, Purkinje fibers; PKA, PNS, parasympathetic nervous system; protein kinase A; preBötC, preBötzinger Complex; PSN, parasympathetic neuron; RA, right atrium; RV, right ventricle; SAN, sino-atrial node; SCD, sudden cardiac death; SCG, Sympathetic Cardiac Ganglia; SN, sympathetic neuron; SNS, sympathetic nervous system; TH, tyrosine hydroxylase; 3-D, three-dimension; UCNP, upconversion nanoparticles; VIP, vasoactive intestinal polypeptide; VT, ventricular tachycardia; VF, ventricular fibrillation.
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Current techniques for fast characterization of cardiac electrophysiology employ optical technologies to control and monitor action potential features of single cells or cellular monolayers placed in multiwell plates. High-speed investigation capacities are commonly achieved by serially analyzing well after well employing fully automated fluorescence microscopes. Here, we describe an alternative cost-effective optical approach (MULTIPLE) that exploits high-power LED arrays to globally illuminate a culture plate and an sCMOS sensor for parallel detection of the fluorescence coming from multiple wells. MULTIPLE combines optical detection of action potentials using a red-shifted voltage-sensitive fluorescent dye (di-4-ANBDQPQ) with optical stimulation, employing optogenetic actuators, to ensure excitation of cardiomyocytes at constant rates. MULTIPLE was first characterized in terms of interwell uniformity of the illumination intensity and optical detection performance. Then, it was applied for probing action potential features in HL-1 cells (i.e., mouse atrial myocyte-like cells) stably expressing the blue light-activatable cation channel CheRiff. Under proper stimulation conditions, we were able to accurately measure action potential dynamics across a 24-well plate with variability across the whole plate of the order of 10%. The capability of MULTIPLE to detect action potential changes across a 24-well plate was demonstrated employing the selective Kv11.1 channel blocker (E-4031), in a dose titration experiment. Finally, action potential recordings were performed in spontaneous beating human induced pluripotent stem cell derived cardiomyocytes following pharmacological manipulation of their beating frequency. We believe that the simplicity of the presented optical scheme represents a valid complement to sophisticated and expensive state-of-the-art optical systems for high-throughput cardiac electrophysiological investigations.
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INTRODUCTION

Fast investigation of cardiac electrophysiology is found convenient for the assessment of cardiac ion channel activity of new chemical entities (Dunlop et al., 2008). In this respect, optical techniques for actuating and sensing cardiac action potentials (APs) represent a reference method for preclinical drug screening and cardiotoxicity testing, especially in combination with human induced pluripotent stem cell-derived cardiomyocytes (hiPSC-CMs) (Klimas et al., 2016). Conventional methods for multisite optical interrogation generally require movement of the sample (McGlynn et al., 2018) or of the imaging system (Hansen et al., 2010). These approaches intrinsically limit the acquisition time and require complex and expensive fully automated microscope platforms. Recently, Ashraf et al. (2021) proposed an innovative optical scheme (Random Access Parallel; RAP) that enables near-simultaneous imaging of multiple sites without moving parts or robotics. Although the system was successfully applied for imaging the contraction waves of multiple cardiac monolayers, the possibility of performing high-speed voltage imaging using a fluorescent voltage-sensitive dye (VSD) is precluded due to the requirement of coherent light in the RAP image formation mechanism.

Here, we describe a simple and cost-effective optical approach (MULTIPLE) that exploits high-power light-emitting diode (LED) arrays to globally illuminate a multiwell plate and an sCMOS sensor coupled with a camera lens for parallel detection of the fluorescence coming from multiple sites. The platform has been tested and characterized using VSD-loaded HL-1 cells (i.e., mouse atrial myocyte-like cells) stably expressing the blue light-activatable ion channel CheRiff (Hochbaum et al., 2014) and spontaneously beating hiPSC-CMs. MULTIPLE optically stimulates channelrhodopsin-expressing HL-1 cells across the multiwell plate with blue light pulses assuring constant pacing rates (Bruegmann et al., 2010) while global plate illumination with red light allows recording of APs using the near-infrared VSD di-4-ANBDQPQ (Matiukas et al., 2007). Notably, the use of a red-shifted VSD avoids ChR2/CheRiff excitation allowing optical recording without introducing any variation of resting membrane potential (Scardigli et al., 2018). The capability of MULTIPLE to detect electrophysiological changes was demonstrated in drug dose titration experiments in HL-1 cells and in hiPSC-CMs.



MATERIALS AND METHODS


HL-1 Cell Culture and Staining

HL-1 cells were obtained from Sigma-Aldrich (LOT: 2955183) and were seeded on gelatin-fibronectin (Sigma-Aldrich, Schnelldorf, Germany)-coated 25-cm2 culture flasks, as previously described (Claycomb et al., 1998; Sartiani et al., 2002a). Briefly, cells were maintained in ‘Claycomb Medium’ (JRH Biosciences, Lenexa, KS), supplemented with 10% fetal bovine serum (Life Technologies, Cergy Pontoise, France), 4 mM L-glutamine (Life Technologies), 10 μM noradrenaline (norepinephrine; Sigma-Aldrich), and 1× penicillin-streptomycin (Life Technologies). Cultures were maintained at 37°C, in an atmosphere of 5% CO2 and 95% air at a relative humidity of ≈ 95%; medium was changed every 24 h. HL-1 cells were split at 100% confluency, using a 5-min enzymatic dissociation with trypsin-EDTA (Life Technologies). The enzymatic reaction was stopped by adding medium and the sedimented cells were either replated at a split ratio of 1:3 to maintain cell culture or 1:4 for transduction and staining. Before recordings, total live cell counts were determined after enzymatic dissociation by Trypan blue exclusion assay using a LUNA-II automated cell counter (Logos Biosystems, Anyang, South Korea). Voltage imaging was performed in Tyrode’s solution (mM): D-(++)-glucose 10, NaCl 140, KCl 5.4, CaCl2 1.8, MgCl2 1.2, HEPES 5.0, adjusted to pH 7.3 with NaOH and supplemented with 4 μg/mL of di-4-ANBDQPQ (Matiukas et al., 2007). E-4031 (Sigma-Aldrich) stock solution (10 mM) was prepared in H2O and diluted in Tyrode’s solution to 10 μM.



Transduction With Viral Vectors

In order to generate a channelrhodopsin-expressing cell line, HL-1 cells were plated on precoated 6-well plates. At 70–80% confluency, cells were incubated for 24 h at 37°C in 5% CO2-95% air with channelrhodopsin-encoding adeno-associated virus vector (AAVV) or lentiviral vector (LV) particles. The AAVV particles were prepared from shuttle plasmid pAAV.CAG.hChR2(H134R)-mCherry.WPRE.SV40 (Addgene, 100054-AAV9), which codes for the Chlamydomonas reinhardtii channelrhodopsin2 (ChR2) gain-of-function mutant H134R extended at its C-terminus with the fluorescent protein tag mCherry. The LV particles were custom-made using shuttle plasmid LV.GgTnnt2.CheRiff∼eGFP.WHVPRE, which codes for a C-terminally enhanced green fluorescent protein (eGFP)-tagged version of the Scherffelia dubia channelrhodopsin. To improve transduction efficiency, the inocula contained 8 μg/mL of the cationic polymer polybrene (Sigma-Aldrich) in order to neutralize repulsion between virions and the cell surface.



Flow Cytometry

Flow cytometry was performed using a 13-color, 4-laser CytoFLEX S N-V-B-R flow cytometer, equipped with 405-, 488-, 561-, and 638-nm lasers (B78557, Beckman Coulter, Brea, CA, United States) and operated by CytExpert Software v1.2 (Beckman Coulter, Brea, CA, United States). 48 h after infection, dissociated HL-1 cells were resuspended in phosphate-buffered saline (PBS)-2 mM EDTA (Sigma-Aldrich). eGFP and mCherry expression were detected by excitation at 488 and 561 nm and detection at 525/40 and 610/20 nm, respectively.



Confocal Imaging

A total of 24 h after seeding on glass coverslips, HL-1 cells were washed with PBS and fixed with 4% paraformaldehyde in PBS by incubation for 10 min at room temperature. Next, cells were treated for 10 min with 0.1% Tween 20 (Sigma-Aldrich) and 4’,6-diamidin-2 phenylindole (DAPI; Sigma-Aldrich; 1 μg/mL) to stain nuclei. Fluorescence images were taken using a confocal microscope (Nikon Eclipse TE300 equipped with Nikon C2 scanning head) using the Nikon CFI Plan Fluor 20× objective (Minato-ku, Tokyo, Japan). Excitation wavelengths of 355, 488 and 561 nm were used for DAPI, eGFP, and mCherry, respectively. Band-pass emission filters of 457/50, 528/38, and 620/15 nm were used for DAPI, eGFP, and mCherry, respectively. The confocal images consisted of 1024 × 1024 pixels.



Patch-Clamp Recordings of APs on HL-1 Cells

Patch-clamp recordings were performed using the whole-cell configuration of the patch-clamp technique. The patch-clamp set-up has been described elsewhere (Sartiani et al., 2002a,b). Briefly, isolated cells were placed in an experimental bath on the platform of an inverted microscope (Nikon Diaphot TMD). Recordings were performed using a patch amplifier (Axopatch-200B, Axon Instruments, CA, United States) interfaced to a personal computer by means of a DAC/ADC interface (Labmaster Tekmar, Scientific Solutions, Hamilton, OH, United States). Data were viewed on-line on a computer screen. Experimental control, data acquisition and preliminary analysis were performed by means of the integrated software package pClamp (Axon Instruments). For action potential (AP) recordings, cells were superfused with normal Tyrode’s solution at room temperature. Patch-clamp pipettes, prepared from glass capillary tubes (Garner Glass, CA, United States) by means of a two-stage vertical puller (Hans Otchoski, Homburg, Germany), had a resistance of 3-4 MΩ when filled with the internal solution (composition (mM): K-Aspartate 130, Na2ATP 5, MgCl2 2, CaCl2 5, EGTA 11, HEPES–KOH 10, pH 7.2). The patch-clamped cell was superfused by means of a micro-superfusor, which allowed rapid changes of the solution bathing the cell. APs were elicited at 0.2 Hz in the current-clamp mode and sampled at 2 kHz.



hiPSC Culture and Cardiac Differentiation

hiPSCs (WTC11) were differentiated by a monolayer-based protocol, using the cardiac PSC Cardiomyocyte Differentiation Kit (Life Technologies, Thermo Fisher Scientific, Carlsbad, CA, United States) and following the manufacturer’s instructions (Dell’Era et al., 2015; Pioner et al., 2019). Briefly, hiPSCs were maintained under feeder-free conditions in mTeSR Plus medium (Stem Cell Technologies, Vancouver) on a Matrigel hESC-Qualified Matrix (Corning, New York, NY, United States) and passaged every 4–5 days. For cardiac differentiation, 70–80% confluent hiPSC colonies were chemically dissociated using 1 × Tryple (Life Technologies). After suspension into mTeSR supplemented with 5μM ROCK inhibitor Y27632 (Stem Cell Technologies, 72302), cells were seeded as single cells onto Matrigel-coated 24 well plates at a density of 6x10^4 cells/well. At 70% confluency, which was reached after 2–3 days, the culture medium was changed to Cardiomyocyte Differentiation Medium A (referred as day 0) to start cardiomyogenic differentiation. After 2 days, medium A was replaced with Medium B, followed by Medium C after two additional days to promote final differentiation. Thereafter, cells were fed every other day with Medium C until the appearance of spontaneously beating monolayers, which occurred at day 8–10. At day 12, to complete hiPSC–CM maturation, Medium C was replaced with RPMI plus B27 supplement (Life Technologies, which was refreshed every 2 days. For AP recordings, hiPSC-CMs were used on day 30 of differentiation.



MULTIPLE Optomechanical Design

As shown in Figure 1, illumination for optical actuation and sensing is provided by high-power LEDs controlled by a LED driver (DC20, Thorlabs, Newton, NJ, United States). Optical actuation of ChR2 (H134R) and CheRiff is provided by a LED operating at a wavelength centered at 470 nm (SOLIS-470C, Thorlabs) while illumination for sensing is provided by a red LED centered at 623 nm (SOLIS-623C, Thorlabs), followed by a band-pass filter (625PB50, Omega Optical, Brattleboro, VT, United States). The light paths for optical sensing and actuation are combined by a large-area dichroic mirror (550 DCLP, Omega Optical) mounted on a kinematic fluorescence cube (DFM2/M, Thorlabs) holding also a plane-concave lens (f = –75 mm LC1315-A-ML, Thorlabs) and an optical diffuser (DG20-1500, Thorlabs). The diverging lens and the diffuser are exploited to achieve global and homogeneous illumination of the multiwell plate which is placed at ≈ 12 mm distance onto a customized 3D printed holder. The bottom part of the holder is designed to selectively deliver light to the wells thus avoiding spurious signals originating from the autofluorescence of the plastic culture plate. Emitted fluorescence is passed through a long-pass filter (LP700, Omega Optical) and collected in the forward direction by a camera lens (f = 12 mm, MVL12M43, Thorlabs) placed in front of an sCMOS camera (ORCA-Flash 4.0 V3, Hamamatsu Photonics, Hamamatsu City, Japan) operating at a frame rate of 100 Hz. The illumination, detection and sample holder blocks are vertically aligned on a construction rail (XT95-750, Thorlabs) through drop on rail carriages (XT95RC2/M, Thorlabs) for proper relative positioning between the blocks. Aluminum spacers produced by a traditional milling process were used to attach the illumination and detection blocks to the rail carriages at the optimal relative distance with respect to the vertical rail (Supplementary Figures 2, 3). All the commercial optomechanical components implemented in the MULTIPLE platform are listed in Table 1. The final overall dimensions of the MULTIPLE system are 450 × 450 × 900 mm. The SolidWorks file of the system is available upon request.
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FIGURE 1. MULTIPLE optomechanical system design. (A) Optical scheme of MULTIPLE platform. The excitation system combines a red LED followed by a band-pass filter (625/50 nm) with a blue LED using a large-area dichroic beam mounted on a kinematic fluorescence cube (DFM2/M, Thorlabs). A divergent lens combined with an optical diffuser is used to homogenize the light intensity irradiating the multiwell plate. The fluorescence signal is filtered with a long-pass filter and focused into a sCMOS camera sensor through a camera lens. (B) 3D mechanical scheme of MULTIPLE characterized by a final footprint of 450 × 450 × 900 mm. The illumination, detection and sample holder blocks are vertically aligned on a construction rail through drop on rail carriages.



TABLE 1. MULTIPLE Optomechanical components list.

[image: Table 1]


Image and Data Analysis

The main experiments were carried out using a 24-well plate at the LEDs’ maximum irradiance. A custom-developed script in LabVIEW (National Instruments, Austin, TX, United States) was used to control the optical pacing blue LED in terms of pulse duration (10–50 ms) and frequency (1 Hz), to maintain the optical sensing LED switched on and to trigger the camera which was programmed to record from 5 to 10 s with 10-ms integration times through HC Image Live dedicated software (Hamamatsu Corporation, Sewickley, PA, United States).

After images recording, a second LabVIEW script was used to select a region of interest (ROI) for each well and to extract associated traces reported in terms of percent change of fluorescence from baseline (ΔF/F0). Raw traces were processed by photobleaching correction and normalization using Fiji-ImageJ (National Institutes of Health, Bethesda, MD) and OriginLab (Northampton, MA, United States) software. AO amplitude (APA) and duration (i.e., APD50 and APD90) were automatically extracted from normalized traces averaged over 9 beats.



RESULTS


Illumination and Detection Performance of MULTIPLE

MULTIPLE allows global illumination of multiwell plates by diverging a collimated beam produced by high-intensity LED matrices. The system combines two LED matrices emitting blue (for optogenetic actuation) and red (for AP sensing) light using a large-area dichroic beam splitter. The red LED matrix is filtered by a 2” band-pass filter to select the optimal spectral range for VSD excitation. Finally, an optical diffuser is placed in front of the divergent lens to homogenize the light intensity across the multiwell plate. This configuration allows a maximum light intensity on the multiwell plane along the optical axis of the order of 30 and 60 mW/cm2 for the blue and red light, respectively. As a consequence of this basic illumination scheme, the intensity radially decreases away from the optical axis causing non-uniform illumination across the multiwell plates (see Figures 2A,B). With the exception of the peripheral wells, we found an intensity reduction below 50% across the 24-well plate for both light sources. While the spatial heterogeneity of the red light intensity is not expected to be a critical issue (considering that potentiometric optical recordings imply normalized fluorescent signals), the heterogeneity of the blue light intensity could introduce interwell differences in the electrical response upon optical stimulation.
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FIGURE 2. Illumination and detection performances of MULTIPLE. Light intensity distribution across the whole 24-well plate for (A) blue and (B) red LED light, respectively, using maximum LED power. The intensity of both LEDs radially decreases moving away from the optical axis causing a more than 50% reduction for the outermost wells. (C) Image of the 24-well plate reporting for each well the accessible area exploitable for ROI measurements. Detection losses registered at the peripheral wells are introduced by the non-telecentric camera adopted in the optical scheme.


The fluorescence signal coming from the multiwell plate is collected in the forward direction using a camera lens place in front of a 4-megapixel sCMOS camera operating at a frame rate of 100 Hz. The fluorescence signal is filtered by a large-area long-pass filter placed in front of the camera lens. The non-telecentric camera lens adopted in this cost-effective optical scheme intrinsically introduces detection loss in the peripheral wells due to the perspective view of the multiwell plate (Figure 2C). However, by choosing a camera lens with an appropriate working distance this unwanted effect can be contained, and even in the outermost wells, signals can be collected from more than 100 mm2.



Optical Recording of Optogenetically Induced APs in Channelrhodopsin-Expressing HL-1 Cells

MULTIPLE has been tested on mouse atrial myocyte-like cells (i.e., HL-1 cells) expressing blue light-activatable cation channels. To this end, HL-1 cells were either transduced with an AAVV encoding mCherry-tagged ChR2(H134R) or with an LV coding for eGFP-tagged CheRiff. The transduced cell populations were analyzed by flow cytometry, which resulted in the detection of, respectively, 51.74% mCherry+ cells and 97.52% eGFP+ cells (Supplementary Figure 1). Confocal imaging of the transduced HL-1 cell populations confirmed the results of the flow cytometric analysis by showing transduction of nearly all cells with the LV, but only a subpopulation of the cells using the AAVV (Figure 3A). By loading cell cultures with a near-infrared VSD (i.e., di-4-ANBDQPQ), we assessed the capability of MULTIPLE in combination with optogenetically induced APs. Cells were used at 100% confluency corresponding to (5.53 ± 0.06).105 cells/cm2 in each well. This initial investigation was performed on wells placed close to the optical axis of the MULTIPLE system for achieving maximum light intensities. During channelrhodopsin activation using 30-ms blue light pulses (stimulation frequency of 1 Hz), the cells were constantly illuminated with red light for optical detection of APs. As shown in Figure 3B, under these conditions, we were able to detect optically induced APs only in cells transduced with the LV. This result shows that under proper illumination conditions, MULTIPLE allows to optically induce and record APs in HL-1 cells stably expressing CheRiff. This investigation was performed integrating the signal derived from entire wells (190 mm2). However, MULTIPLE sensitivity allows to detect APs also in a significantly smaller area (Figure 4). Setting a signal-to-noise ratio 2 as limit of detection, we were able to detect APs in areas as small as of 0.17 mm2, which corresponds of 103 cells.
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FIGURE 3. Optical recording of optogenetically induced APs in channelrhodopsin-expressing HL-1 cells. (A) Representative confocal microscope images of HL-1 cells expressing blue light-activable ion channels after transduction with a commercial AAV serotype capsid 9-pseudotyped AAVV encoding mCherry-tagged ChR2(H134R) (red channel) and a custom-made vesicular stomatitis G protein-pseudotyped LV encoding eGFP-tagged CheRiff expression (green channel). Cell nuclei were stained with DAPI (blue channel). The higher eGFP signal attests to the more efficient transduction of the HL-1 cells with the LV than with the AAVV. Scale bar = 25 μm. (B) Representative traces of optically induced APs registered in AAVV- and LV-transduced HL-1 cell layers after loading of the cells with VSD and stimulating with blue light pulses at 1 Hz (blue lines in the graph). Consistent with the higher transduction efficiency of the HL-1 cells, APs were registered only in the LV-transduced HL-1 cells. CTRL, untransduced HL-1 cells.
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FIGURE 4. Signal-to-noise ratio versus detection area. Representative optical recording of optogenetically induced APs collected from different-sized surface areas (2 Hz stimulation frequency with blue light pulses duration of 30 ms). Reduction of the detection area from the whole well area (≈190 mm2) to 0.17 mm2, reduced the signal-to-noise ratio from ≈ 600 to ≈ 2. The estimated number of cells present in the different-sized detected area is indicated in the right column.




AP Kinetics vs. Optogenetic Pulse Duration

In order to investigate if the non-uniform blue light intensity distribution affects the interwell AP kinetics, CheRiff-expressing HL-1 cells were irradiated at maximum light intensities while being stimulated with light pulses of increasing duration from 10 to 50 ms (at 1 Hz stimulation frequency; Figure 5). As expected, significant interwell differences in APA, APD50, and APD90 were found, especially for pulse duration lower than 30 ms. This heterogeneity is probably related to the fact that CheRiff depolarizing current is not sufficient to activate the whole cell population producing an overall reduction of APA as well as an increment of APD probably ascribable to currents propagation across the electrically coupled confluent cells. It is worth reminding that the main repolarizing current in these cells is IKr, which undergoes rapid C-type inactivation upon depolarization thus reducing the net outward current and delaying repolarization. For pulse duration higher than 30 ms, lower interwell variability of AP kinetics was observed as evinced by smaller standard deviations for APA, APD50, and APD90 across wells. The coefficient of variation (CV) calculated for the three AP dynamic parameters, corroborated the trend of decreasing interwell variability in AP kinetics with increasing optical pulse duration (Figure 6). This identifies 30 ms as the pulse duration threshold needed in MULTIPLE for proper optogenetic induction of APs across the whole plate. The need to apply relatively long stimulation pulses to elicit APs relates to the low blue light intensity achievable with our optical scheme considering, which is one order of magnitude lower than the blue light intensity typically used for optogenetic stimulation of cardiomyocytes (∼ mW/mm2) (Crocini et al., 2016; Scardigli et al., 2018). This is nicely illustrated by an experiment in which we raised the blue light intensity by removing the divergence lens to concentrate the blue LED only on the central portion of the multi-well plate. As expected, increasing the light intensity allowed us to optogenetically induce APs using stimulation pulses much shorter than 30 ms (Supplementary Figure 4). Finally, to check whether long optogenetic stimulation pulses may affect repolarization, optical recording of optogenetically induced APs (pulses duration: 30, 40, and 50 ms at 0.2 Hz stimulation frequency) were directly compared with single cell patch-clamp recording where APs were induced by inward current injection (2 ms current square pulses, 500–1000 pA, at 0.2 Hz frequency; Figure 7). Notably, no differences were found in ADP50 and APD90 recorded by means of the two approaches, thus demonstrating MULTIPLE’s suitability in assessing AP dynamics. Based on these findings, all subsequent measurements were performed at maximum light intensities and by using 40-ms blue light pulses.
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FIGURE 5. AP kinetics versus optogenetic pulse duration. APA and AP duration (i.e., APD50 and APD90) values registered from LV-transduced HL-1 cells seeded in 24-well plates and irradiated at maximum light intensities and for the pulse durations indicated at the top of the figure (1 Hz stimulation frequency). Average ± standard deviation of APAs and AP durations were calculated for all 24 wells in the plate and for each experimental condition. Representative traces taken from wells placed at different distances from the optical axis are shown for each stimulation time. By increasing pulses duration from 10 to 50 ms, interwell differences decreased for all the AP parameters considered, thus overcoming the spatial heterogeneity induced by the simplicity of the implemented optical scheme.
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FIGURE 6. Interwell variability of optogenetically induced APs. Interwell variability of APA and AP duration as a function of the light pulse duration. Upon increasing the optical stimulus from 10 to 50 ms, decreasing trends in the interwell variability of APA and AP duration (i.e., APD50 and APD90) were observed, confirming that differences in AP triggering due to non-uniform illumination can be overcome by stimulating with pulses ≥ 30 ms.
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FIGURE 7. Patch-clamp recording of AP in HL-1 cells. (A) Representative AP recording on a HL-1 cells using single cell patch-clamp (whole-cell configuration). APs were elicited at 0.2 Hz in current-clamp mode. (B) Table reporting average ± standard error of maximal diastolic potential (MDP), APA, APD50, and APD90 measured in patch-clamp cells (number of cells = 15). APA, APD50, and APD90 measured with MULTIPLE (pulses duration of 30, 40, and 50 ms) at the same stimulation frequency (0.2 Hz) are reported for direct comparison.




MULTIPLE Detection of AP Duration With E-4031

To further validate the high-throughput capability of MULTIPLE as well as to illustrate the range of dynamic information that can be acquired simultaneously, a dose response experiment was performed using the selective Kv11.1 channel blocker E-4031. The drug was applied in 7 doses (0 – 10 μM) to CheRiff-expressing HL-1 layers across the entire 24-well plate according to the scheme shown in Figure 8A. This specific drug loading configuration was selected to further demonstrate that, by using optimal acquisition parameters in terms of light intensity and pulse duration, undesired effects of optical pacing due to non-uniform illumination can be overcome. Indeed, as clearly depicted in Figures 8B–D very similar APD90 values were obtained for wells exposed to the same concentration of E-4031, irrespective of their position in the culture plate. However, randomization in assigning wells with same drug concentration could be beneficial to improve the solidness of data acquired during a parallel investigation. As expected, prolongation of AP duration was observed especially at drug concentrations above 0.5 μM due to E-4031 inhibiting the rapidly activating delayed rectifier K+ current (IKr) (Figures 8C,D). Thus, MULTIPLE was able to successfully track the dose-dependent effects of E-4031 in terms of AP duration even at lower concentrations of this class III antiarrhythmic drug (Figure 9). The effect of E4031 on AP duration is in line with that observed previously in Hl-1 cells (Wondergem et al., 2012) and in mouse native atrial cardiomyocytes (Nakamura et al., 2010). Interestingly, the decrease of AP amplitude induced by E-4031 has already been reported in HL-1 cells (Wondergem et al., 2012) and likely attributable to depolarization of membrane potential with consequent reduction of inward currents, INa and ICa,T. Further investigation is necessary to fully clarify this point.


[image: image]

FIGURE 8. MULTIPLE detection of AP duration with E-4031. (A) E-4031, a selective Kv11.1 channel blocker, was applied at 7 different concentrations ranging from 0 to 10 μM to CheRiff-expressing HL-1 cells in a 24-well plate with each dose given to six wells distributed across the whole plate. (B) Resulting APD90 values were quantified, which attested that interwell variability was not a critical issue since similar values were registered from wells with cells exposed to the same E-4031 concentration. (C,D) Average AP traces of CheRiff-expressing HL-1 cells from 10 optical recordings (1 Hz stimulation frequency). For comparison datasets (two for each concentration) were taken from wells randomly positioned. AP duration increased in a drug dose-dependent manner, with clear APD prolongation at E-4031 concentrations higher than 1 μM.
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FIGURE 9. Dose–dependent effects of E-4031 on AP kinetics. (A) APA, (B) APD30, (C) APD50, and (D) APD90 as a function of E-4031 dose.




Detection and Modulation of Spontaneous APs on hiPSC-CMs

As a final experiment, we tested MULTIPLE’s ability to detect APs in monolayer of hiPSC-CMs at day 30 of differentiation. In this developmental stage, hiPSC-CMs display spontaneous firing activity that retains major functional properties of human native pacemaker centers and respond to heart rate-limiting drugs (Blazeski et al., 2012; Mandel et al., 2012; Karakikes et al., 2015). hiPSC-CMs were loaded with di-4-ANBDQPQ and excited with red LED light in order to detect variations of membrane potential arising from spontaneous electrical activity. This allowed detection of repetitive membrane voltage variations that typically originated from clustered cells and propagated throughout the monolayer (Figure 10A). Next, in order to validate MULTIPLE ability to detect pharmacological responses in the hiPSC-CM model, we challenged the system with two different agents, namely ivabradine and carbachol, which are able to negatively modulate native human pacemaker activity by targeting hyperpolarization-activated cyclic nucleotide gated (HCN) channels and muscarinic receptors, respectively. Figure 10B shows representative traces of APs detected from hiPSC-CMs before and after application of ivabradine (10μM, Figure 10B) or carbachol (20 nM, Figure 10C), which in both cases decreased spontaneous AP firing rate, as expected.
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FIGURE 10. Effect of ivabradine and carbachol on spontaneously beating hiPSC-CMs. (A) Representative fluorescence imaging of spontaneous AP propagation in a hiPSC-CM monolayer during a 520 ms recording. (B,C) Spontaneous AP traces recorded in hiPSC-CM monolayer in the absence (black lines, CTR) and presence (red lines) of ivabradine (Iva, 10 μM) or carbachol (CCh, 20 nM). Histograms represent AP number/s, expressed as mean ± standard error of the mean, before and after Iva or CCh treatment. ****p < 0.0001 CTRL vs. Iva (10 μM); ***p < 0.001 CTRL vs. CCh (20 nM).




DISCUSSION


Advantages, Limitations, and Optical Implementations

MULTIPLE represents a simple and cost-effective optical platform engineered to enable fast characterization of cardiac electrophysiology. To this end, standard optical technologies to simultaneously control and monitor AP features of cells in multiwell plates are integrated in a compact platform. The main advantage of MULTIPLE is its high-speed investigation capacity achieved by coupling a scientific CMOS sensor with a camera lens. The large field of view enables parallel detection of the optical signal coming from the entire plate thus overcoming limitations of state-of-the-art optical systems, which commonly rely on well-by-well serial analysis. The simplicity of the optical scheme, as well as the cost-effectiveness of MULTIPLE, are further reflected in the illumination path where two high-power LED arrays are used to globally illuminate the multiwell plate enabling simultaneous voltage imaging and optogenetic stimulation. The practical applicability of MULTIPLE was demonstrated by probing the AP-modulating effects of a Kv11.1 channel blocker at different concentrations during a single imaging session and by investigating the responses of hiPSC-AMs to chronotropic agents.

Despite its advantages, MULTIPLE has some limitations. The biggest limitation of MULTIPLE is the low and spatially heterogeneous light intensity especially with respect to the blue light. As shown in the Result section, the non-uniform illumination affects the efficiency of optical stimulation, especially for the peripheral wells. In the present work, we show that application of blue light-pulse durations longer than 30 ms activates all the wells with AP kinetics similar to those observed by electrical recordings. However, we cannot rule out the possibility that long-lasting and/or high-frequency optogenetic stimulation of the cells with long blue light pulses alters their electrophysiological responses. Considering that this effect could significantly depend on the cellular type, an ad hoc investigation is recommended based on the specific MULTIPLE employment. Another limitation of the proposed platform is that it is not telecentric. Although we showed that this aspect does not represent a true limiting factor in a 24-well plate, this may become problematic using plates with a higher number of wells.

Initially designed as an inexpensive and easy to assemble platform, the performance of MULTIPLE could be improved by adopting specialized optics, more powerful light sources and faster detectors. For example, a more sophisticated illumination scheme based on high-power LEDs and projection lens could be employed to maximize and homogenize the light intensity across the multiwell. Moreover, orthographic collection of the fluorescent signal using a high-resolution telecentric lens would be very beneficial in increasing the detection efficiency from all wells. Finally, the system could be equipped with a next-generation CMOS sensor capable of reaching kHz frame rates in a full-frame configuration, which would be advantageous for recording the fast up-stroke phase of cardiac APs.



Applicability

Screening compound libraries of drug candidates is expensive, time-consuming and usually involves extensive use of animal models. To ameliorate cost effectiveness ratio, predictive in vitro models of cell monolayers in multiwell plates are increasingly being utilized for drug screenings because of their simplicity and the low consumption of candidate compounds and target cells. In the field of excitable cells, such as cardiomyocytes or neurons, fast and reliable in vitro approaches to study drugs modulating ion channel activity in multicellular preparations are particularly appealing but are still poorly available among current experimental sources. MULTIPLE fills at least part of this gap, providing a screening tool able to detect cardiac AP profiles of cell monolayers in 24-well plates. Importantly, using MULTIPLE, the assessment of the acute effects of a drug on the cardiac AP was rapid and accurate, which provides a great advantage compared to classical single cell-recordings by the patch-clamp technique. Indeed, MULTIPLE allowed fast investigation of drugs effect in HL-1 cells as demonstrated employing the selective Kv11.1 channel blocker (E-4031), in a dose titration experiment. Furthermore, being designed for use in combination with multiwell plates, MULTIPLE allows parallel testing of various compounds and/or of a single compound at different concentrations, reducing the variability due to use of different cell batches or other experimental variables usually present in subsequent experimental sessions. As proof of principle MULTIPLE has been also used to assess electrical dynamic in spontaneously beating hiPSC-CM. The sensitivity of the platform allows to monitor wave propagation within a single well thus opening the possibility to test the effects of drug on conduction velocity. Finally, we validated MULTIPLE’s ability to detect pharmacological responses in the hiPSC-CM model using ivabradine and carbachol, which both gave expected effect on spontaneous electrical activity. This finding further extends and corroborates MULTIPLE potential as valuable experimental approach to study the effect of drugs on cardiomyocyte electrical properties.

Based on the studies described above, future applications will explore the potential of MULTIPLE to detect mid- and long-term effects of biologically relevant compounds in the hiPSC-CM model. To this end, MULTIPLE will be equipped with a heating system and O2/CO2 regulation, which are crucial to preserve the excitability of living cells in long-term experiments. Furthermore, future investigations will explore whether MULTIPLE can be used in combination with other cell types, including c smooth muscle cells and neurons differentiated from hiPSCs. All these cell models are readily amenable to genetic modification and at present represent appealing platforms of relevant translation value for preclinical screening and safety studies of novel drug candidates.
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Optogenetic technology provides researchers with spatiotemporally precise tools for stimulation, sensing, and analysis of function in cells, tissues, and organs. These tools can offer low-energy and localized approaches due to the use of the transgenically expressed light gated cation channel Channelrhodopsin-2 (ChR2). While the field began with many neurobiological accomplishments it has also evolved exceptionally well in animal cardiac research, both in vitro and in vivo. Implantable optical devices are being extensively developed to study particular electrophysiological phenomena with the precise control that optogenetics provides. In this review, we highlight recent advances in novel implantable optogenetic devices and their feasibility in cardiac research. Furthermore, we also emphasize the difficulties in translating this technology toward clinical applications and discuss potential solutions for successful clinical translation.
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INTRODUCTION

Optogenetics is a technological approach that utilizes light to control and sense genetically modified neurons or proteins. Though the roots of this technology extend back decades prior, the utility of this concept first broke ground in the field of neuroscience in 2002 when Zemelman et al. developed a method for optically stimulating groups of rhodopsin-sensitized neurons (Zemelman et al., 2002). This light-based methodology gained widespread traction in the field after the seminal publication by Boyden et al. in 2005 (Boyden et al., 2005). Here, cultured rat neurons transfected with the light-gated proton channel Channelrhodopsin-2 (ChR2) uncovered an effective and simple-to-use method for driving neuronal depolarization with blue light. This feat addressed the longstanding need in neuroscience to selectively control and decipher anatomically dispersed groups of neurons, tasks not previously attainable by pharmacological or electrical means (Zemelman et al., 2002; Entcheva, 2013; Joshi et al., 2020). The fast kinetics and cell-type specificity of this new technology led to exponential growth in the field of neuroscience, and in 2010, it was named Nature Methods’ “Method of the Year” (Adamantidis et al., 2015; Boyle et al., 2018). To-date, nearly 8,000 papers have been published on optogenetics. Now, almost 20 years since its original proof-of-concept, optogenetics is making significant headway into cardiovascular research and other areas of medicine.

In cardiovascular research and development, there are three main areas of study in which optogenetics holds unique promise: basic scientific research, optogenetic pacing, and optogenetic termination of arrhythmias. First, in the realm of basic scientific research, the use of light has been a longstanding tool in understanding healthy and abnormal cardiac electrical functioning. In 1976, optical mapping was developed as a means to temporally and spatially measure cardiac action potentials (Salama and Morad, 1976). Optical mapping is now a widely used fluorescent-imaging technique that allows for the visualization of both cardiac action potentials and calcium transients through the use of potentiometric dyes. In optical mapping, light is used as a sensor. On the other hand, in optogenetics, light can be used as a sensor or an actuator. Light as an optogenetic actuator creates myriad opportunities for unprecedented characterizations of electrophysiological properties. For instance, opsins can perturb selective cations within a cell (e.g., H+, Na+, K+, and Ca2+) to exclusively stimulate selective inward currents for the examination of individual channel effects in selective areas of the heart (e.g., cardiomyocytes, purkinje cells, or neurons) under a variety of healthy or unhealthy conditions. Furthermore, optogenetics can be combined with optical mapping to allow for “all-optical” cardiac investigations. All-optical approaches provide high spatio-temporal resolution for both sensing and actuating in a purely contactless manner (O’Shea et al., 2019). The excitation wavelength of ChR2 (∼470 nm) works well with properly selected voltage and calcium sensitive dyes; for instance, the voltage-sensitive dye (di-4-ANBDQBS) and calcium sensitive-dye (Rhod-4) have Ex/Em wavelengths at 640/722 and 540/590, respectively, and since the absorption spectra of these dyes do not interfere with one another, or the opsin, the system works. Klimas et al. successfully demonstrated the capacity of such an all-optical system for electrophysiology studies in human stem-cell derived cardiomyocytes (Klimas et al., 2020). Of course, all-optical approaches only provide relative measurements of physiology (e.g., Vm, Ca2+), making it difficult to determine absolute values of membrane potentials.

Second, in addition to basic scientific interrogations in the laboratory setting, cardiac optogenetics also has the potential for translational biological control (Entcheva, 2013). Light-based pacing offers the ability to induce cardiac excitability in a clinically relevant manner (Nussinovitch and Gepstein, 2015). Currently, only external pacemakers are available to electrically correct irregular heart rhythms and treat debilitating conditions such as heart failure. These devices restore normal rhythm in the whole heart through brief depolarization of small groups of cardiomyocytes. Though nascent in its clinical translation, optogenetic pacing is a beneficial alternative to traditional electronic pacemakers. Conceptually, the optical stimulus strength needed to trigger a response is lower than that of external electrical stimuli, as it only needs to act on a focused group of opsin-expressing cardiomyocytes rather than a large extracellular space for cellular excitation. Furthermore, the technology itself is more physiologic in nature, as selective stimulation of action potentials via ion channels closely mimics that of native excitable cell activation (Zgierski-Johnston et al., 2020). Additionally, unlike electrical devices, optogenetic stimulation only requires targeted light access, so it does not require invasive surgical procedures or bulky delivery hardware (Joshi et al., 2020).

Finally, optogenetics has the potential to be used as a therapy for the termination of arrhythmias. Electrophysiological function disorders such as ischemic heart diseases, cardiomyopathies, channelopathies, myocarditis, genetic abnormalities, and congenital defects, can result in arrhythmias that have the capacity to lead to sudden cardiac arrest (Joshi et al., 2020). Electronic defibrillators are commonly adopted clinical tools for terminating life-threatening ventricular arrhythmias, but they require depolarization of large areas of cells with high energies. They also can result in non-selective excitation of nerves, muscle damage, discomfort, and even pain from irreversible electrochemical reactions (Joshi et al., 2020). Optogenetic termination of arrhythmias is a particularly appealing alternative technology to cardiac defibrillators because light-based defibrillation negates the need for high energy shocks. Overall, the high spatial and temporal resolution of optogenetics hold great promise for the rapid, precise, and controlled termination of ventricular arrhythmias (Joshi et al., 2020).

The field of cardiac optogenetics has already come a long way, with successes evident in isolated cardiomyocytes, cellular monolayers, Purkinje fibers, neural cells, and whole hearts (Pianca et al., 2017). A number of proteins, cells, or tissues of interest can now be rendered optically sensitive through the delivery of viral-vectors (typically adenoviruses or adeno-associated viruses), enabling either light-based depolarization or light-based hyperpolarization (O’Shea et al., 2019). Since its initial isolation and cloning, ChR2 has also undergone several alterations with application-based modifications (e.g., ReaChR for deeper tissue penetration, CatCh for calcium permeability or ChR2-H134R for enhanced conductance) (O’Shea et al., 2019). Such developments now allow for enhanced selectivity with options for diverse spectral and kinetic properties. However, in order for optogenetic technologies to feasibly make their way into the clinic, there is need for both the efficient delivery of opsins into the area of interest as well as the efficient non-invasive access of light stimulation.

For the excitation of opsins, implantable optogenetic devices hold much promise. In this review, we discuss recent advances in optogenetic technology for implantable studies. Specifically, we highlight papers with unique design elements that can fortify subsequent implantable optogenetic studies, focusing on those that are conformal, transparent, and wireless. We conclude with a discussion of the clinical limitations of these technologies, and we provide insights into future alternatives.



OVERVIEW OF IMPLANTABLE OPTOGENETIC DEVICES

The use of optical interfaces for investigating cardiac diseases has evolved as a crucial technology for both diagnostics and therapeutics. Implantable systems can measure a broad range of biophysical, chemical, and environmental signals over time for long-term disease screening and treatments. Conventional medical devices succeeded in their targeted therapy but often lacked biocompatibility in the components of their design. The first cardiac pacemaker was designed with a cadmium battery in 1960. Though the initial design never commercially succeeded, it was later improved with different energy sources (Mond and Freitag, 2014). At this time, in order to create ideal therapeutic results, it was difficult to circumvent incompatible design components from cardiac devices. Until limiting components such as the battery, transistors, and overall configuration could be completely controlled, other design elements (e.g., conformal, transparent, and stretchable) could never be developed.


Flexible and Stretchable Conformal Optoelectronics

Conformal electronics are flexible, stretchable devices that can conform to the diverse topology of specific organ systems to sense and influence physiology. The implementation of this technology in biomedical applications offers important advantages in research, diagnosis, and treatment of disease. However, traditional electronics have been housed on rigid, bittle, and flat substrates. These characteristics are highly incompatible with soft, dynamic organs – such as the heart – and restrict the scenarios in which these devices can be deployed in the body. Conformal electronics solves these limitations by mounting electronic components on deformable substrates in ways that do not disrupt the electronics. In both basic science research and clinical applications, it is ideal that the disruption of native physiology is minimized. These flexible and stretchable electronics are highly suitable for biomedical applications because they allow for soft mechanical coupling to organs to enable physiological sensing and stimulation.

A challenge for conformal devices as a chronic implant is how sufficient power can be supplied to the device. The advent of optogenetics enables optical control of cells and tissue, which is beneficial for conformal electronics because optical stimulation can influence cells with significantly lower power consumption compared to electrical stimulation. Low power consumption means that battery size for powering can be decreased to achieve more miniaturized devices and that wireless devices are increasingly feasible, both of which contribute to implantability. Thus, the optoelectronic configuration is an advantageous next step for conformal electronics.

Conformal optoelectronics can be implemented into already-existing clinical technologies as well as in novel configurations of devices. Kim et al. mounted an array of light-emitting diodes (LEDs) and photodetectors (Kim et al., 2010) onto a balloon catheter (Kim et al., 2011), which is a device commonly employed in non-invasive surgeries. Light-emitting diodes and photodetectors mounted in an array on the balloon retain robust operation despite random bending, folding, and wrinkling during multiple cycles of balloon inflation and deflation. The performance of the electronics does not degrade in the moist dynamic biological environment. The stretchable inflatable nature of the balloon enables soft conformal contact that can be adjusted to accommodate the complex surfaces without disrupting the tissue. Inspired by the native pericardium, Xu et al. developed a novel three-dimensional integumentary membrane that can achieve optical stimulation, pH sensing, mechanical measurements, ECG recording, and temperature sensing across the entire epicardium (Figure 1) (Xu et al., 2014). This elastic membrane was custom-formed to match the geometries of the heart onto which it was deployed. This configuration enables consistent reliable yet non-invasive interfacing to all points on the heart throughout dynamic cycles of the heart. The membrane is outfitted with a variety of sensors and actuators, such as LEDs, electrogram electrodes, pH probes, strain gauges, and temperature sensors. This membrane enables electrophysiological mapping under normal beating conditions where LEDs can provide optical stimulation while sensing electrodes monitor electrical activity. In addition, this membrane can be useful when paired with genetically encoded optical reporters where photodetector arrays can sense intrinsic activity as reported by the genetically encoded indicators to monitor native physiology with minimal disruption. This type of multi-sensing platform presents the future possibility of combined use of μ-LED stimulation and optical sensing by photodetectors for colocalized optical control and recording.
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FIGURE 1. Pericardium-inspired conformal three-dimensional multifunctional integumentary membrane (3D-MIM) for optical stimulation. (A) The 3D-MIM substrate is created by capturing the 3D geometry of the heart, rendering a solid model, and casting and curing a thin silicone elastomer. Scale bar, 2 cm. (B) A representative image of the 3D-MIM deployed on a Langendorff-perfused rabbit heart with u-ILEDs, pH sensors, and temperature sensors that cover both the anterior and posterior sides of the heart. Scale bar, 6 mm. (C) Detailed view of each type of sensor that is integrated into the 3D-MIM. Scale bars, 500 um. Reproduced from Xu et al. (2014).




Transparent Interconnects and Electrodes

Transparent interfaces for cardiac research have been developed as a promising tool in optical electrophysiology research (Chen et al., 2020). One-dimensional silver nanowires (Ag NWs) and gold (Au) nanomesh can be tuned in devices to be variably transparent with outstanding electrical conductivity and mechanical flexibility (Figure 2) (Lee et al., 2015 and Seo et al., 2017). Although these tools are highlighted for their transparent properties, Ag NWs and Au nanomesh are also highly flexible and biocompatible components. Other transparent interfaces that have been developed include indium tin oxide, graphene, and carbon nanotubes.
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FIGURE 2. Silver nanowires microelectrodes and interconnects. (A) Schematic illustration of fabrication procedure for AgNW microelectrodes and interconnects. (B) Transmission spectra for varying concentrations of AgNWs. (C) High transmittance AgNW grid from SEM image. (D) Optical image of 10 × 10 cm2 Ag NW/SU-8/PET film. SEM images of AgNW at (E,F) 8.5 mg/mL, and (G) 5 mg/mL. Reproduced from Chen et al. (2020).


Transparency is directly controlled by the network density of the material in Ag Nanowires. Decreasing the density will in return create open regions of NWs resulting in transparency. This does, however, reduce conductivity of the electrical pathways and effective interfacial regions, reducing electrochemical performance. During the spin coating, the concentration of Ag NWs can be changed to create different levels of transparency. Chen et al. (2020) reports that the average transmittance from concentrations ranging from 20 to 10, 8.5, and 5.0 mg/mLs were: 57.7% to 76.1%, 81.3%, and 90.0% (Figure 2b). Their fabrication strategy can reach high resolutions of approximately 15 μm through photolithography, which is of the highest reported for Ag NWs. Figure 2c shows an image of the grid structure with a transmittance of 95.2%. The fabrication strategy presented in this article was also designed to be able to be upscaled for larger interfaces.

Nanosphere lithography and microfabrication techniques have been used to create Au nanomesh interfaces. With nanosphere lithography, the nanomesh properties can be tuned to control transmittance and sheet resistance by altering properties such as sphere size, metal deposition, and reactive ion etching. Seo et al. (2017) demonstrates electrodes with over 70% transmittance at 550 nm with 8.14 Ω⋅cm2. In this study, in vitro functionality was validated through cellular testing.

Au nanogrid electrodes can also be colocalized with microscale inorganic light-emitting diodes (μ-ILEDs) for simultaneous electrophysiological recordings and optical actuation (Figure 3). The parameters of this multifunctional system can be easily adjusted to a variety of applications in optogenetics. Obaid et al. (2020) additionally designed this device to be mechanically flexible, highly biocompatible, and to minimize light artifacts during measurement. Ex vivo testing showed that they can record abnormal heart rhythms and restore sinus rhythm through optical pacing. Transparent colocalized interfaces are a versatile approach to improving optogenetic research in order to minimize disruption during sensing and stimulation.
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FIGURE 3. Gold optoelectronic devices for simultaneous optical modulation and electrophysiology possess superior properties including low electrical impedance, high transparency, good cell viability, and superb flexibility. (A) Exploded illustration of a multifunctional optoelectronic device containing a transparent gold nanogrid electrode directly on top of a μ-ILED. (B) Optical images of a device with μ-ILED turned off (left) and a blue (middle) and green (right) μ-ILED turned on. (C) SEM image of a representative Au nanogrid electrode with a width at 500 nm and a line spacing at 5 μm. (D) Current and voltage characteristics of the blue and green μ-ILEDs. (E) Normalized emission spectra of the blue and green μ-ILEDs. Reproduced from Obaid et al. (2020).




Wireless Devices

Wireless optogenetic devices provide a sophisticated, state-of-the-art means for chronic optogenetic stimulation. Conventional means of long-term or sustained light delivery in genetically engineered animals have relied on lasers or rigid optical fibers held in place with glues, cements, sutures, and external fixtures (Gutruf and Rogers, 2018). However, these physical tethers impose strict limitations on animal movements and lack controlled scalability for in vivo studies (Kim et al., 2021). For cardiac optogenetic applications such as chronic pacing or programmed termination of arrhythmias, wireless devices offer unprecedented flexibility as a minimally invasive therapeutic option.

Current wireless technologies are largely either battery-powered or battery-free (Kim et al., 2021). Both technologies offer stable, stand-alone power supplies, but those that are able to function without batteries (such as near-field inductive power transfer or far-field radio-frequency circuits) obviate the need for intermittent battery replacements. Battery-free wireless devices can be fully implanted inside the body, and the control of light delivery for optogenetic control can occur outside the body. Still, there is ongoing work aimed at improving the capabilities of such devices for optogenetics, as present-day wireless technologies require specialized cages with RF power transfers, particular angular orientations, and separate animal studies (as crosstalk can be a concern).

An ideal wireless optogenetic system for in vivo cardiac pacing is one that is fully implantable, mechanically soft, wirelessly rechargeable, and easily controlled with readily available technologies. Since optogenetics originated for neuroscience, much work to-date has been done with applications focused on the brain or spinal cord (Zhang et al., 2019; Wang et al., 2020). For a thorough review of wireless optogenetic devices with a range of applications, we refer the readers to articles published by Gutruf and Rogers (2018) and Han and Shin (2020). However, it should be noted that many of these technological advancements can similarly be applied to the heart. The first study which created and deployed a battery-free, fully implantable multimodal and multisite pacemaker for applications in small animal heart models was just recently published by Gutruf et al. (2019). Here, a highly miniaturized wireless energy-harvesting device weighing only 110 mg displayed capabilities for subdermal implantation and tolerance to over 200,000 multiaxial cycles of strain without degradation in electrical or optical performance in freely moving ChR2 + rats (Figure 4) (Gutruf et al., 2019).
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FIGURE 4. Wireless, battery-free, full implantable optical pacemaker. (a) Rendered images of the layered composition of the miniature wireless optical pacemaker. The receiver coil receives energy to power the pacemaker. The electrode pad is placed onto the epicardium for pacing. (b) A representative image of the pacemaker performing optical pacing on a ChR2-expressing mouse heart. Scale bar, 1 cm. (c) 3D segmentation of anatomical positioning of the pacemaker (blue) with respect to the rat heart (red). Scale bar, 1 cm. (d) Ex vivo ChR2-expressing mouse hearts were paced at 280 BPM, 310 BPM, 540 BPM, and 600 BPM. Adapted from Gutruf et al. (2019).




CLINICAL TRANSLATION

Cardiac optogenetics could have some benefits over certain pacemaker or defibrillator devices. Ventricular tachycardia for example, can often be treated with pharmaceuticals or regional ablation. However, patients who suffer from ventricular arrhythmias are susceptible to having them recur as well as even sudden cardiac death. These patients often receive implantable defibrillators (ICDs) which deliver strong electrical shocks or antitachycardic pacing to terminate arrhythmias. In order to successfully terminate the arrhythmia, the ICDs need to fill the excitable gap between the trailing edge of the bypassed and leading edge of the reentrant wave (Adgey et al., 2005). Filling the excitable gap with light in optogenetics could be a solution to treating this condition without further pain or damage to the heart. Common methods utilize combined cell and gene approaches to shorten activation times via multisite pacing and resynchronize areas with conduction blocks (Nussinovitch and Gepstein, 2015). Nussinovich also characterizes the use of ChR2 to suppress certain activities of the heart by inducing hyperpolarization. However, the dependability of implantable optogenetic cardiac devices for arrhythmia treatment is limited. Successful device therapy would depend on both stable, safe optogenetic gene delivery and expression as well as a reliable device. In contrast, a totally electrical cardiac arrhythmia therapy would depend only on the functionality of the device. Optogenetic arrhythmia treatment necessitates a “double jeopardy” scenario where the failure modality of the therapy could be either the gene expression or the device itself.

The benefits of optogenetic control are demonstrated in many studies, but the challenge remains to effectively generate opsin expression in vivo in a cell-type specific manner. There are a large number of cell specific promoters known that can permit spatially controlled expression to different parts of the heart (e.g., sinus node, atria, ventricle). There are even genetic motifs that could potentially control the expression at a subcellular level to different domains (Koopman et al., 2017). A number of groups have turned to using viral vectors as a means to introduce optogenes into the heart. Adeno-associated viruses (AAV) are recognized to be safe and potentially a target for potential applications in humans (Ferenczi et al., 2019). Adeno-associated viruses vectors have caused a resurgence in gene therapy efforts and there are many ongoing clinical trials. This method has the ability to introduce new genetic material without leaving behind any viral information (Naso et al., 2017). One successful optogenetic study treating ventricular arrhythmias in a large animal model using AAV vectors was performed by Yu et al. (2017). Here, optogenetic modulation of the sympathetic nerves could reversibly inhibit their neural activity to protect against myocardial ischemia-induced ventricular arrhythmias.

Adeno-associated viruses (AAV) gene therapy strategies need to be potent and have high efficacy to achieve long term stable expression for therapeutic intervention. Clinical studies have shown that AAV methods can achieve therapeutic levels in a dose-dependent manner with expression for over a year. Manufacturing AAV vectors is complex and resource-intensive, however, and the optimization of production is an important goal for therapy (Colella et al., 2018). Achieving this would provide a technology that is: (1) capable of efficient transduction, (2) minimally immunogenic, and (3) could trigger persistent expression over time, even without genomic integration (Katz et al., 2017).

Therapeutic optogenetics has received scrutiny for its immunogenic potential with AAV vectors, but there have been numerous methodologies presented to subside many concerns. Such methodologies include removing surface proteins from the virus that cause the immune response and increasing the efficiency and sensitivity of optogenetic proteins in order to reduce the needed strength of expression (Shen et al., 2020). Although currently the technology is immature, by the time therapeutic approaches are ready, these concerns should be addressed.

The effective therapeutic period of optogenetic defibrillation is limited to the length of optogene expression, which is currently approximately one year. On the other hand, ICDs that provide high energy electrical defibrillation can reliably function for five to ten years. Clearly ICDs have a stronger advantage in longer device functional lifetimes, but the high energy shocks that ICDs deliver are physically damaging and psychologically taxing (Mark et al., 2008). The appeal of pain-free optogenetic defibrillation is attractive for improving patient experiences with defibrillation therapy.



ALTERNATIVES TO OPTOGENETICS

Due to difficulties in translating optogenetic control into patients, methods for non-invasive optical control are being developed. Graphene has attracted substantial interest due to its unique optoelectronic properties, like high carrier mobility, zero bandgap, and electron hole symmetry. In 2020, Savtcenko et al. present a novel graphene biointerface that does not require the genetic modification of cells but rather capitalizes on the unique optoelectrical properties of reduced graphene oxide (rGO). It is shown that while rGO flakes dispersed at 0.02 to 0.1 mg/ml are in contact with cardiomyocytes, you can optically stimulate the cells at different wavelengths of light. rGO interfaces work through a capacitive energy transfer through electron clouds made at the surface of the polymer (Freitag et al., 2013). This adjacent charge can potentially depolarize whole hearts at the interface between LED devices made for optogenetic tissue. Although this does not currently have the cellular precision that gene therapy can provide, it is a start to a new form of opto-electrical stimulation.

Other facets of control are being developed in transient potential (TRP) channels. TRP channels are a superfamily of cation channels with gates that respond to physical and chemical stimuli (Zheng and Wen, 2019). Thermogenetic tools could be used to drive cardiac activity by increases or decreases in temperature. These tools have been primarily driven through basic science research in the investigation of processes like nutrient uptake, receptor mediated endocytosis and other signaling pathways (Bernstein et al., 2012). X-ray crystallography and Molecular Docking simulations have elucidated critical structural and functional characteristics of these channels (Zheng and Wen, 2019). Although this technology is still very early in its development, there’s potential for integration with cardiac biointerfaces.



FUTURE DIRECTIONS

Optoelectronic devices serve as a critical tool to realize the full advantages of optogenetics in monitoring and affecting tissue activity. When paired with genetically encoded fluorescent indicators, photosensors optically monitor physiological activity. Together with transgenically expressed rhodopsin photoreceptors, optical stimulators can modulate biological activity. Implanted optoelectronic devices allow for in vivo optogenetic studies in fully conscious freely roaming animals. This configuration enables biological studies in the most physiologically natural environment with minimal hindrance from research instrumentation.

Device-enabled optical stimulation has demonstrated several key advantages, such as lower power requirements and contactless stimulation. Lower power requirements mean that wireless devices and diminished battery sizes are possible. As a result, devices can be further miniaturized and achieve a more non-invasive nature in order to minimally disrupt the body and sense and influence organ systems in a more natural physiological setting.

Transient gene therapy could be possible with bioresorbable devices. These types of temporary devices are composed of biologically benign materials and can self-eliminate in vivo via hydrolysis and natural metabolic action in a defined amount of time. Since AAV-mediated gene transfer is effected for up to one year, bioresorbable devices could deliver opsins for local expression and use bioresorbable optical stimulators to administer therapy. Once therapy is complete, both the device and viral transfection self-eliminate in tandem. Although a bioresorbable optical pacemaker for cardiac optogenetic stimulation has not yet been developed, several advancements have been made to this end. Choi et al. demonstrated a bioresorbable cardiac pacemaker that can deliver electrical pacing stimuli for several days and resorb at the end of a therapeutic or study period (Choi et al., 2021). Lu et al. have developed a bioresorbable LED (Lu et al., 2019) that can provide 0.7 mW/cm2, which is sufficient for metronomic photodynamic cancer therapy but is not strong enough for optogenetic stimulation of intact ChR2 mouse hearts (Bruegmann et al., 2010). With further innovations in bioresorbable LEDs, a fully resorbable optical cardiac stimulator may be possible.

In considering clinical translation of optogenetics, a major barrier is the requirements for cellular changes at the genetic level so that cells endogenously respond to illumination. Adeno-associated viruses-mediated gene delivery to the heart has been attempted in clinical trials with limited success (Greenberg et al., 2016), although preclinical trials of gene delivery are still ongoing. Whether or not gene delivery to the heart, and therefore clinical optogenetics, can be realized remains to be seen in the coming years. Nevertheless, advances in photoelectric transduction alternatives to optogenetics could still allow us to take advantage of the positive aspects of optical cardiac stimulation. Polymer-silicon nanowire composite meshes (Parameswaran et al., 2018), reduced graphene oxide interfaces (Savchenko et al., 2018), and silicon radial junction stimulators (Liu et al., 2019) can enable photoelectric cardiac pacing without the need for genetic modifications.

Since its emergence nearly two decades ago, optogenetics has served as an important tool in understanding the heart in health and in disease. To further realize the advantages of optogenetic techniques, we must devise new devices and light delivery technologies. Conformal electronics that meld to the curvilinear topology of the heart enable high resolution optical stimulation. Transparent electrodes permit light to penetrate through to achieve simultaneous co-localized electrical sensing upon optical perturbation. The low energy demands of LEDs allow for device miniaturization and wireless tether-free monitoring of cell activity. Currently, the clinical use of optogenetics is fairly limited, but optogenetics and the development of optoelectronic devices has ushered in the possibility of a new optical strategy for pain-free clinical treatment of heart rhythm disorders.
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Optical techniques for recording and manipulating cellular electrophysiology have advanced rapidly in just a few decades. These developments allow for the analysis of cardiac cellular dynamics at multiple scales while largely overcoming the drawbacks associated with the use of electrodes. The recent advent of optogenetics opens up new possibilities for regional and tissue-level electrophysiological control and hold promise for future novel clinical applications. This article, which emerged from the international NOTICE workshop in 20181, reviews the state-of-the-art optical techniques used for cardiac electrophysiological research and the underlying biophysics. The design and performance of optical reporters and optogenetic actuators are reviewed along with limitations of current probes. The physics of light interaction with cardiac tissue is detailed and associated challenges with the use of optical sensors and actuators are presented. Case studies include the use of fluorescence recovery after photobleaching and super-resolution microscopy to explore the micro-structure of cardiac cells and a review of two photon and light sheet technologies applied to cardiac tissue. The emergence of cardiac optogenetics is reviewed and the current work exploring the potential clinical use of optogenetics is also described. Approaches which combine optogenetic manipulation and optical voltage measurement are discussed, in terms of platforms that allow real-time manipulation of whole heart electrophysiology in open and closed-loop systems to study optimal ways to terminate spiral arrhythmias. The design and operation of optics-based approaches that allow high-throughput cardiac electrophysiological assays is presented. Finally, emerging techniques of photo-acoustic imaging and stress sensors are described along with strategies for future development and establishment of these techniques in mainstream electrophysiological research.

Keywords: electrophysiology, optogenetics, heart, arrhythmia, fluorescence


1. INTRODUCTION


1.1. Electrodes vs. Light

Our current understanding of myocardial tissue electrophysiology is derived from measurements of action potential features i.e., activation, repolarization, and conduction velocity in myocardial tissue. It has been long known that the 3-dimensional (3D) structure of the tissue and regional differences in cell type composition are key determinants of electrophysiological behavior. Therefore, tools to allow interrogation and control of the electrophysiological state at various sites within myocardial tissue have high value for both research and therapy. Electrode based approaches offer the most direct way of measuring the electrical properties of the heart. However, these techniques present significant technical limitations. The gold standard for transmembrane measurements is the sharp microelectrode that gives high-resistance access to the intracellular medium at a single point to allow transmembrane voltage recording. This is in routine use in isolated tissue preparations (Hicks and Cobbe, 1991; Sicouri and Antzelevitch, 1991; Di Diego et al., 2013) but has limitations including: (i) maintenance of the delicate high-resistance intracellular access in an actively contracting tissue; (ii) the technical challenge associated with maintaining multiple simultaneous intracellular measurements to follow propagation; (iii) the difficulty in applying this technique to record transmural electrophysiology in an intact ventricular wall that in larger mammals can reach 1–2 cm thick. Despite these limitations, this technique has done much to inform scientists and clinicians of details of cardiac physiology, with work on cardiac tissue slices allowing insight into the changes in electrophysiology deep within large animal/ human myocardium (Camelliti et al., 2011). A technically simpler alternative is to use extracellular electrodes to measure potential differences between two points either on the epicardial surface, or within a solution-filled volume containing the heart. At one level this can be in the form of an electrocardiogram (ECG) used routinely for diagnostics in medicine. The most sophisticated version of this technique is body surface mapping which consists of simultaneous recordings from 300-400 points on the human chest and back. This technology, along with significant progress in solving the mathematical “inverse problem,” allows the surface body mapping to be used to create and project a 3D electrogram (Rudy, 2013) onto a 3D image of the patient's heart obtained by other clinical imaging modalities. This approach requires a very large investment in facilities and clinical expertise that currently can only be achieved in a few selected centers and cannot be easily used in experimental investigations. Furthermore, while this technique delivers 3D activation maps of the heart, a transmembrane potential signal cannot be extracted from the data. Clinically, activation mapping provides the most accurate way to diagnose conduction defects within the human heart. More routinely across clinical cardiac electrophysiology, catheter electrodes are used to detect local activation timings. These local extracellular recordings include electrode designs to provide a monophasic action potential signal using a signal from a limited depolarized region to represent the “intracellular electrode” (Franz, 1999) and needle electrodes that penetrate the myocardium to different levels to map transmural activation (Pogwizd and Corr, 1987). Cardiac stimulation in parallel with the intrinsic sinus rate activation is a necessary tool for both diagnostic and therapeutic purposes in the clinical setting and an experimental tool in research. Conventional electrodes have the same constraints as voltage measurement systems in terms of accessible surfaces of the heart chambers and the inability to stimulate discrete volumes of myocardium within the ventricle. One additional complication occurs when electrode voltage measurement and stimulation systems are used in parallel; depending on the relative positions of each, the electric fields generated by stimulating electrodes will induce transient voltages in the measurement electrodes which interfere with recording the underlying tissue response during and shortly after stimulation. As will be described in the subsequent sections of this review, many of the constraints associated with electrodes can be overcome with the use of optical probes to measure and actuate electrical signals in cardiac tissue. These optical techniques come with their own limitations, often due to the way light interacts with biological tissues. Therefore, significant sections of this review are devoted to the basic physical principles associated with light/tissue interaction.



1.2. Fluorescent Dyes as Indicators of Cardiac Activity
 
1.2.1. Voltage-Sensitive Dyes

Voltage-sensitive dyes (VSD) are small fluorescent molecules that incorporate into cell membranes and report changes in transmembrane potential through changes in fluorescence. Ideally, the dye molecules should not change any “normal” functional or structural properties of the cell membrane and only integrate into the plasmalemma as opposed to intracellular membranes which are not involved in electrical activity. Furthermore, the fluorophore should ideally exhibit a high dynamic range, and respond rapidly (circa 1 ms) to any membrane potential changes.

Classic electrochromic VSD such as di-4-ANEPPS (excited in the blue-green band) have been used for decades in optical mapping experiments for detailed measurements of electrical propagation across tissues or whole organs. Since then, improved VSD have been engineered which feature increased overall brightness and voltage sensitivities through fluorination (Acker et al., 2011). Fluorination of VSD provides a tool for spectral tuning of probes, which is important for compatibility with two-photon imaging techniques (see Box 2) and facilitates the combination of optogenetic stimulation with optical recording (Yan et al., 2012; Crocini et al., 2016a). Another class of recently developed VSD, which relies on molecular wire photo-electron transfer (PeT), is becoming popular, thanks to their rapid response kinetics, photostability and relatively high dynamic range of fluorescence changes (20–27 %) (Miller et al., 2012). Originally developed for neuronal studies, PeT-based VSD have been used successfully in cardiac single cell and whole heart studies, proving particularly useful for deep-tissue electrophysiological measurements using two-photon imaging (Ghouri et al., 2018; Salerno et al., 2019; Klimas et al., 2020).

A common issue with dye loading is that the resulting fluorescence may display spatiotemporal variations. Uneven distribution of the probe within the tissue, heterogeneous tissue structure, non-uniform excitation light intensity, probe bleaching, motion artifacts and local changes in cell membrane structure might all contribute to time-dependent changes in detected signal. These variations then need to be removed by scaling the signal at each pixel to have the same range by calculating a [image: image] transient.

These confounding signals can be reduced or eliminated using ratiometric approaches, where two separate signals with different responses are divided, canceling shared features while preserving or even amplifying the desired signal components. Ratiometry requires a VSD that undergoes a shift in the emission or excitation spectra depending on membrane voltage and can be employed to account for motion of cardiomyocytes (CM) and the beating heart. PeT-based VSD lack this property and therefore are unsuitable for ratiometric imaging. Care must therefore be taken in experimental design if confounding signals such as motion artifacts are thought to be a major issue. Successful use of a dye isobestic point to provide a ratiometric method that corrects for movement artifact has been successfully implemented (Bachtel et al., 2011). Ratiometric imaging has been employed for optical mapping experiments during open heart surgery (Lee et al., 2012a, 2019). Recent improvements and optimization efforts, including for ratiometric imaging, were described in a recent review article (Acker et al., 2020).

Despite remaining challenges, VSD combined with appropriate imaging methods can provide easy access to high quality voltage recordings from cell culture, tissue, or whole heart preparations with high speed and spatial resolution. Constraints continue to exist in the form of light-tissue interactions (see Box 1) which limit the precise spatio-temporal delivery of light patterns in 3D, especially at depth. This may be overcome somewhat through invasive methods, including stimulation through intramural light delivery using optrodes or implantable micro-LEDs (Byars et al., 2003; Caldwell et al., 2005; Zgierski-Johnston et al., 2020). Red-shifting of probes additionally allows one to use longer wavelengths for excitation and emission which experience less scattering and absorption in biological tissues and therefore enable extraction of signals from deeper tissue layers. Examples of such red-shifted VSD include di-4-ANBDQPQ (electrochromic; 620–660 nm excitation) and BeRST (PeT; 630 nm excitation) (Huang et al., 2015). The latter has recently been used in all-optical cardiac electrophysiology platforms for drug screening to accommodate spectrally blue-light induced optogenetic pacing and simultaneous calcium and voltage imaging (Klimas et al., 2020). For ratiometric imaging, the additional spectral bandwidth required to perform emission or excitation ratiometry may impose constraints on multi-modal acquisition. Additionally, to detect action potential features of 1 ms duration (e.g., action potential upstroke) with a fast impulse response, the sampling rate of the optical system must exceed 1 kHz. These demands require the development of sophisticated multi-modal optical imaging systems. Common issues remain across all VSD that still limit their applicability in cardiac electrophysiology; the most prominent of these being the inability to measure absolute voltages with high precision. This combined with the lack of an option for optical measurement of transmembrane current or an easy way to inject either inward or outward current optically means that an all-optical voltage clamp is not yet feasible. However, a successful implementation of an optical dynamic clamp to boost IK1 in human inducible pluripotent stem cell (iPSC)-derived CM has been demonstrated (Quach et al., 2018).


BOX 1. Light penetration in tissue

Physical Basis for Light Scattering in Tissue

Light of a given wavelength can be described as an electromagnetic wave in which the electric and magnetic components oscillate at a particular frequency. It is the vibration of the electric component of light (typically at ≈1015 Hz for red light) which is responsible for scattering: the wave's vibrational energy causes valence electrons in surrounding media to vibrate transiently. The energy absorbed by the electron is quickly released in its entirety again to generate a spherical wavelet of the same frequency (energy conserving elastic scattering). The repetitive absorption and re-emission of energy, typically in the order of femtoseconds for visible light, causes a cumulative delay, which is directly proportional to the number of molecules and hence of electrons the light can interact with per unit volume. The degree to which light slows while propagating through a medium is quantified by the refractive index of the media, which reports the ratio of speed of light in a vacuum (the only place where zero scattering occurs) divided by the speed of light in the medium. Apart from molecule density, the susceptibility of electrons to interact with light also affects the refractive index, which explains why lipid-rich structures such as cell membranes have a higher refractive index than surrounding water (1.45 vs. 1.33) even though they have a lower density (Richardson and Lichtman, 2015).

Scattering

Scattering occurs everywhere light enters a medium, even in transparent media like air, glass or water. In contrast to opaque media, transparent media have two important properties. Firstly, the density of scatterers is so high that many scatterers exist over distances much smaller than the wavelength of light. Secondly, the scatterers are homogeneously distributed which means that lateral scattering is effectively canceled out by destructive interference of secondary wavelets and no light propagates perpendicular to the impinging light wave. In the forward direction, scatterers are activated sequentially and their excitations sum constructively, leading to attenuation-free propagation of light. When a medium is not homogeneous but instead contains structures whose size is comparable with the wavelength of the light (300–700 nm for visible light), strong Rayleigh scattering occurs. The magnitude of Rayleigh scattering is inversely proportional to the fourth power of the wavelength which means that longer wavelengths are scattered less than shorter wavelengths. In biological tissue heterogeneous structures include cellular constituents, such as ribosomes, nuclei, nucleoli, mitochondria, lipid droplets, membranes, myelin, cytoskeletal components, and extracellular matrix constituents such as collagen and elastin. These scatterers are inhomogenously distributed and give rise to substantial lateral scattering which no longer cancels out entirely due to destructive interference. Multiple scattering over a sufficient tissue thickness leads to tissue opacity.

Light Penetration in Tissue

Light can be described as an electromagnetic wave characterized by its wavelength, its power (watts W = Joule/second) and its irradiance (intensity, W/m2). Only in homogeneous media does light propagate along a straight line. In this case, the energy of light is mostly lost through absorption of the medium and is converted to thermal energy, fluorescence or photobiochemical reactions. In elastic scattering events, the energy of the light is not lost but the direction of light propagation changes. Consequently, irradiance decreases in the direction of propagation in the measure that scattering causes lateral spreading of the light.

The intensity of light passing through a scattering and reflecting sample is given by

[image: image]

where d is the distance traveled in the medium, R is the reflectance, and ϵλ is the extinction coefficient which is the sum of the medium's absorption and scattering coefficients (Deng et al., 2014). Using this framework, light scattering can be quantified by a single number; the penetration depth l which describes the depth at which light decays to 1/e (about one third) of its incident intensity I0 and is given by the inverse of the extinction coefficient of the medium: l = 1/ϵλ.

Absorption

Hemoglobin, myoglobin, and melanin are the primary molecules responsible for visible light absorption in heart tissue. The “near-infrared window” is a section of the electromagnetic spectrum in which biological tissue only weakly absorbs, usually using light with wavelengths of 650–1.350 nm for example in near-infrared (IR) fluorophore excitation or with two-photon microscopy (see Box 2).





1.2.2. Calcium Sensitive Dyes

Due to the fundamental importance of Ca2+ in the excitation contraction coupling process in CM, we briefly touch upon calcium (Ca2+) imaging which optically quantifies [image: image] transients. Still extensively used since their development in the 1980s, fluorescent probes developed in the Tsien lab combine a Ca2+ chelator with a fluorophore, for example fluorescein, stilbene or rhodamine, within the same molecule. A variety of probes are now available which display a range of quantum efficiencies, photobleaching stabilities, sensitivities, and selectivities for Ca2+, as well as differences in excitation spectra and temporal resolution. Some probes shift in emission wavelength upon Ca2+ binding to enable ratiometric quantitative measurements of the intracellular free Ca2+ concentration (Fura-2, Grynkiewicz et al., 1985), while others are non-ratiometric (Rhod-2). A recent review on ratiometric and non-ratiometric [image: image] probes including probes for imaging of sarcoplasmic reticulum Ca2+ and probes compatible with potentiometric voltage dyes for multi-modal optical mapping is provided elsewhere (Jaimes III et al., 2016). As with VSD, careful consideration must be given to Ca2+ probe compartmentalization and how it could be influenced by probe concentration and loading conditions, especially duration and temperature. Measuring intracellular Ca2+ also offers a set of considerations which strongly influence the choice of indicator. Molecule binding affinity determines the Ca2+ concentration range within which the indicator is useful. High affinity indicators such as Fluo-3 and Fura-2 are appropriate for cardiac cytosolic Ca2+ measurements. However, many intracellular compartments contain much higher concentrations (such as the sarcoplasmic reticulum where Ca2+ levels approach 1 mM range) and require low affinity indicators, for example Fluo-5N (Wu and Bers, 2006). It is also important to remember that indicators themselves act as Ca2+ ion buffers. Therefore, minimizing the influence of the indicator on physiological processes requires a trade-off between keeping intracellular dye concentration as low as possible while maintaining good signal-to-noise ratio (Paredes et al., 2008).




1.3. Optogenetics: From Genetically Expressed Indicators to Light-Sensitive Ion Channels

Optogenetics, in its broadest sense, describes a set of tools which perform complementary functions: light-driven actuators impose targeted perturbations of either electrophysiological signals (Nagel et al., 2002) or activate intracellular signaling pathways e.g., G-protein coupled receptors (Makowka et al., 2019), while light emitting reporters reveal them (Miesenböck, 2009). This powerful combination of active interrogation and passive observation affords one the ability to infer spatiotemporal dynamics of complex systems that cannot be easily elucidated from the activity of their individual components (Entcheva and Bub, 2016). The genes coding for optogenetic proteins, be they light-emitting reporters or light-driven actuators, are encoded in DNA vectors and introduced under the control of a (potentially cell type-specific) promoter into the genome of the host organism. This causes selected cells to produce the optogenetic proteins with the cell's endogenous synthesizing machinery. Using the cell itself to express the reporter (or actuator) overcomes some of the aforementioned limitations of intracellular loading associated with exogenous probes. The combination of cell-selectivity in gene expression and wavelength-specificity of protein activation, provide the outstanding scientific value of optogenetics. The possibility to spectrally combine optical actuators and reporters allows for completely contact-free all-optical interrogation and control. Recent comprehensive reviews details cardiac applications of optogenetics over the last decade (Koopman et al., 2017; Entcheva and Kay, 2021).

Optogenetic reporters translate CM electrophysiological signals into optical signals. Virtually all genetically-encoded Ca2+ indicators (GECI, reviewed in Kotlikoff, 2007; Whitaker, 2010), are derivatives of the green fluorescent protein (GFP). For example, G-CaMP modulates its output signal through Ca2+-dependent conformational changes that allow or restrict solvent access to the chromophore, which causes increased brightness with Ca2+ binding (Chen et al., 2013).

Genetically-encoded voltage indicators (GEVI) report changes in membrane potential from individual cells or populations using voltage-sensitive fluorescent proteins. Current GEVI are limited by the brightness and photostability of fluorescent proteins. The electric field decreases exponentially with distance from the cell membrane, which means the available volume for voltage indicators is restricted to the cell membrane, i.e., a very small fraction of the total cell volume. Additionally, because membrane potential changes can occur over very short timescales, only a few photons are emitted from a restricted volume over a restricted time making their detection statistically difficult. Expressing more reporter molecules bears the risk of observation interfering with the very quantity of interest, electrical excitability, because the mobile charges of voltage probes sensing the cellular membrane potential add a capacitive load to the cell membrane. Whether this increased membrane capacitance influences action potential characteristics is unclear, and seems to depend on the target system, the specific GEVI being used and its overall expression levels (Yang and St-Pierre, 2016). The most commonly used GEVI in cardiac in vitro applications so far is ArcLight (Jin et al., 2012), a bright GEVI with relatively slow kinetics, limiting its ability to capture detailed action potential morphology. A new chemigenetic GEVI, Voltron, combines the specificity of genetically encoded reagents with the superior photophysics of synthetic rhodamine dyes like the Janelia Fluor instead of protein-based fluorophores. In a hybrid approach, a genetically expressed scaffold, composed of a voltage-sensitive microbial rhodopsin domain with a dye-capture protein domain, irreversibly binds the synthetic dye (Abdelfattah et al., 2019). Changes in membrane potential alter the absorption spectrum of the rhodopsin domain in Voltron which in turn reversibly modulates the degree of fluorescence quenching of the dye through Förster resonance energy transfer (FRET), yielding a GEVI with increased photon output.

In addition to being used as reporters, optogenetics also includes a suite of genetically-expressed photosensitive actuators which alter the ionic flux through cellular membranes in response to light of specific wavelengths (Nagel et al., 2002). For example, upon illumination with 465 nm, Channelrhodopsin-2 (ChR2) (Nagel et al., 2003; Boyden et al., 2005) a light-sensitive cation channel opens and depolarizes the cell, which can be used to elicit action potentials in excitable cells such as neurons and CM. These channels have been extensively color-tuned (Prigge et al., 2012) and ion pumps expand the toolset to bi-directional control of transmembrane voltage. For example, light-activated potassium channels have been used to inhibit activation by hyperpolarizing the cell (Sierra et al., 2018). Optogenetic actuation allows one to conduct light stimulation or inhibition of cells that do not normally respond to light, supporting the investigation of causal relationships within networks of cells. An exciting development in optogenetics is the possibility of optically controlling exogenous gene expression itself (De Mena et al., 2018). Further manipulation of natural photo switches has expanded the toolkit from light-activated membrane channels to non-channel proteins designed to induce protein-protein interactions (Deisseroth, 2011). These new interaction tools include light-activated enzymes and transcription factors which permit expression of genes in locally defined tissue regions. An important consideration when using optical approaches is the amount of light required to either create sufficient fluorescence signal to be detected or to activate a light-driven protein function. This value is usually a balance between the need to maximize excitation/ photo-conversion and need to minimize photo-bleaching and cellular photo-damage. Table 1 indicates the light irradiance needed at the sample/ tissue/ cell used in the study of cardiac tissue using a range of light sources and optics. For single photon applications approximately 10–100 mW μm-2 is commonly used, while two-photon applications require approximately 10,000 higher power but at approximately double the wavelength.


Table 1. Values in this table indicate the approximate irradiance required from different light sources at the sample to image Ca2+ or activate ChR2.
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2. MULTIMODAL IMAGING OF INTRACELLULAR CA2+ AND MEMBRANE POTENTIAL

Cardiac excitation-contraction coupling is governed by the complex and dynamic interplay between membrane ion fluxes and intracellular Ca2+ handling processes and manifested in the action potential and intracellular Ca2+ transient, respectively. Multimodal acquisitions, i.e., the simultaneous monitoring of calcium and voltage at high spatiotemporal resolution, are important because they provide insight into excitation contraction coupling and arrhythmia mechanism (Salama and Hwang, 2009). The prevailing technique of concurrent tracking of fluorescent reporters of either membrane voltage or cytoplasmic Ca2+ is optical mapping (Jaimes III et al., 2016).


2.1. Optical Mapping

In optical mapping the most basic fluorescent microscope, a wide-field microscope (or macroscope for large field of view), is employed to flood-illuminate the sample and detect the fluorescence of indicators across the entire field of view. For the heart, in particular Langendorff setups, different geometries can be used that can be based on photodiode arrays (Efimov et al., 1994; Qu et al., 2007) or camera(s) with suitable lenses. This can be single-view (Lee et al., 2011), multiple-camera / multiple-view (Cathey et al., 2019) or single-camera/ multiple-view (Lee et al., 2012b). The wide-field illumination and detection scheme has the advantage of being fast and simple, and it can obtain both topographical and dynamic information. Usually, mercury lamps or LEDs are used for fluorescence excitation and if functional data are to be acquired, a high-speed imaging system is needed to capture and visualize small changes in fluorescence intensity. Considering the minimum sampling frequency necessary, according to the Nyquist sampling theorem, to achieve a temporal resolution suitable for tracking action potential propagation (ms) the camera employed in optical mapping must operate at a minimum frame rate of ~2kHz. Frame rate requirements for Ca2+ imaging, where Ca2+ release from the sarcoplasmic reticulum is the fastest part of the transient and time to peak is in the order of ~ 10–30 ms, are more relaxed. The high costs associated with setups capable of high frame rates can be circumvented by “temporal pixel multiplexing” techniques that embed temporal information in still images to enhance the temporal resolution of imaging methods (Bub et al., 2010). Further requirements for the camera, typically a charge coupled device (CCD) or scientific complementary metal-oxide semiconductor (sCMOS) camera, are very low read-out noise, high quantum efficiency and high well depth to capture the small fluorescence variations associated with action potential or Ca2+ release with enough dynamic range and signal-to-noise ratio. Multimodal acquisition can be achieved in several ways. Certain combinations of Ca2+ indicators and VSD can be excited by a single light source due to overlapping excitation spectra but distinct emission bands, thereby minimizing signal cross talk (for example the Ca2+ indicator Rhod-2 and VSD RH-237, Salama and Hwang, 2009). Separation of the emitted fluorescence signal into different detectors (or different areas of the same sensor) can be achieved with dichroic mirrors and emission filters (Yan et al., 2012). Multiplexing can also occur by excitation, albeit at a reduced temporal resolution, by turning different LEDs on and off sequentially during synchronized image acquisition to excite spectrally-separable voltage and calcium probes during synchronized image acquisition (Lee et al., 2011; Klimas et al., 2020). Low-magnification cardiac optical mapping in vitro presents higher demands on the imaging systems compared to whole heart imaging due to the very thin layer of cells generating a signal (Entcheva and Bien, 2006). Hence the need for high- numerical aperture (NA) lenses borrowed from photography, more sensitive detectors and better fluorescent reporters to map voltage and Ca2+ excitation in human induced pluripotent stem-cell-derived CM, for example.

One issue that has featured in the majority of optical mapping studies is the requirement that the underlying epicardium does not move substantially during the imaging process over the contraction/relaxation cycle. In early studies, this was achieved by gently pressing the right ventricle/ left ventricle (LV/RV) surface against an optical surface during image capture (Kanai and Salama, 1995). This procedure requires care to prevent the development of ischaemic areas when physically restraining the heart. More commonly, contraction related movement is minimized by chemical electro-mechanical uncouplers such as the myosin inhibitors butanedione monoxime (Kettlewell et al., 2004) or blebbistatin (Fedorov et al., 2007). These compounds block contraction by direct inhibition of the myofilaments, thus limiting motion artifacts whilst preserving electrophysiological function. Though there is published evidence for direct effects of most of the common uncouplers on electrophysiology (Kettlewell et al., 2004; Brack et al., 2013; Kappadan et al., 2020), the magnitude and importance of this limitations is debated. Derivatives of blebbistatin, i.e., para-nitro blebbistatin (Képiró et al., 2014) and para-amino blebbistatin (Várkuti et al., 2016) have chemical features that facilitate their use as uncouplers but similarly require rigorous testing for non-specific effects on cardiac electrophysiology.

In addition to the potential direct effects of chemical uncouplers on cardiac electrophysiology there is also the physiological influence of muscle length and contraction on electrophysiology via a series of mechano-electric feedback (MEF) systems (Quinn and Kohl, 2021). This issue can be circumvented by the application of processing algorithms to the moving isolated heart to track epicardial regions during contraction, thereby minimizing movement artifact (Christoph and Luther, 2018). These approaches are not system-specific and their use is restricted to the few labs able to support the complex post-acquisition analysis. The outcome of these approaches is not just the electrical map of the imaged surface, but the mechanical behavior of the myocardium, by itself an important physiological feature and one which informs the study of phenomena associated with MEF.

Myocardial motion alone can be used to infer activation timings and patterns in the absence of probes to monitor electrical activity (Christoph et al., 2018). When applied to the whole heart during the cardiac cycle, this approach has the complication of interpretation as movement depends on a number of factors including preload and afterload. With this caveat, computationally streamlined image analysis techniques have been developed to track motion of contracting tissue (Burton et al., 2015; Sala et al., 2018). Among other advantages, dye-free imaging works at all wavelengths, which simplifies its integration with spectrally-restricted opsins used for actuation (Burton et al., 2015) and in mechanically similar muscle systems such as cultured CM monolayers these techniques can map patterns of contraction over long periods of time. Furthermore, recently developed random access parallel imaging, inspired by a Newtonian telescope-based addressing of samples without moving parts, demonstrated high-throughput dye-free imaging in 96-well format (Ashraf et al., 2021). An important consideration when analyzing optical mapping data from thick tissue or whole heart preparations is that this technique lacks optical sectioning. Since illuminating light penetrates several millimeters into highly scattering cardiac tissue, the resultant electrophysiological signals arise from a volume below the tissue surface. As a result, signal features such as transient upstroke morphology and duration are prolonged (Girouard et al., 1996), particularly in optical action potentials. This also has implications for multimodal imaging setups utilizing distinct wavelength excitation light sources, since the longer wavelength light will penetrate deeper, exciting a larger volume of tissue. These features appear at first disadvantageous, however the fact that optical action potentials carry information about the electrophysiology of a tissue volume has been used to reveal subepicardial fiber orientation based on action potential upstroke shape (Hyatt et al., 2005). Dual excitation of spectrally separated VSD has also been used successfully to reveal unique information about transmural heterogeneities and endocardial electrophysiology in rat hearts (Walton et al., 2010). Looking to the future, with the emergence of low-cost high-speed cameras, volumetric optical mapping in small-size hearts has been shown to be possible with multi-plane multi-camera parallel imaging (Sacconi et al., 2020).



2.2. Two-Photon Microscopy for Deep Tissue Access

While optical mapping has proven to be a powerful and versatile tool, in its classic implementation, lack of depth discrimination limits the degree of information on transmural electrophysiology. The increasing need to investigate biological specimens in 3D has driven the development of optical techniques capable of volumetric imaging. As opposed to physical sectioning, these techniques, most notably confocal, two-photon (TPM) and light-sheet microscopy, use optical sectioning to obtain depth-specific information.

In confocal microscopy the sample is sequentially illuminated by a diffraction limited spot, typically employing single photon excitation, and the signal from this spot is registered using a point detector masked by a small pinhole. Similar to TPM, confocal microscopy is a serial sampling instrument which uses the same objective for excitation and detection (epi-configuration). The pinhole gives confocal microscopy its optical sectioning capability because it prevents or at least severely attenuates the detection of light emitted from areas outside of the focal volume. The pinhole is placed in an image plane and typically has a diameter of 1-2 Airy units. The image of the pinhole in the object plane restricts the volume from which photons will be collected, thereby increasing image contrast.

In confocal and wide-field microscopy, contrast is generated from light-matter interactions in which the elementary process (absorption, scattering, etc.) only involves a single photon and which therefore depends linearly on the incident light intensity. Non-linear microscopy methods, such as TPM (Denk et al., 1990) rely on higher-order light matter interactions involving two or more photons for contrast generation. This fundamental difference is the source of numerous new imaging properties. TPM is especially well-suited for deep tissue imaging as it supports imaging scattering samples non-invasively with sub-micrometer resolution in 3D. Moreover, due to the excitation process, which results from the simultaneous absorption of two photons, there are a number of unique advantages such as reduced specimen photodamage and enhanced penetration depth.



2.3. Optical Sectioning Microscopy in the Intact Heart

Optical sectioning techniques like confocal and two-photon microscopy enable one to look beneath the sample surface to resolve cellular processes and structures within discrete volumes of tissue. A wealth of information can therefore be gained from measurement of cardiac cellular electrophysiology deep beneath the epicardium of the intact heart. Cardiac TPM allows for both in vivo and ex vivo cellular and cell layer-scale electrophysiological and intracellular Ca2+ measurements across the myocardial wall (Rubart et al., 2003; Kelly et al., 2013, 2018; Ghouri et al., 2018). Cardiac TPM has been critical in defining the importance of structural features for transmural conduction, both in healthy tissue and in models of reduced tissue excitability (Kelly et al., 2013, 2018) including confirmation of heterocellular electrical coupling of cardiac myocytes and fibroblasts (Rubart et al., 2018), previously established by optical mapping (Quinn et al., 2016). This is aided significantly by the ability to perform simultaneous two-photon fluorescence and second harmonic generation microscopy, enabling label-free imaging and quantification of collagen in live tissue, an important marker of pathological remodeling in cardiac disease (Martin et al., 2013). For in vivo TPM, the motion of the heart becomes a significant technical challenge which cannot be overcome with chemical uncouplers. However, several publications have detailed methodological considerations to allow this type of imaging (Lee et al., 2012c; Vinegoni et al., 2015), which has aided in better understanding of cardiac immune cell motility and trafficking (Kreisel et al., 2010; Li et al., 2013). Here we describe several avenues of cardiac electrophysiological research which continue to benefit from developments in TPM.


2.3.1. Transmural Imaging

Electrical propagation under normal circumstances adopts a significant transmural axis, from the endocardium toward the epicardial surface. Within the intramural space, this electrical wavefront encounters an array of physical discontinuities; blood vessels, extracellular clefts and regions of heterogeneous fibrotic distribution. The laminar arrangement of CM within the ventricle shift and rotate at right angles to each other, sometimes abruptly (within 2–3 cell layers of thickness) (Hooks et al., 2007). These factors have a measurable impact on electrophysiology, even in healthy hearts. In combination with optical mapping, ex vivo whole heart recordings yield a wealth of information about ventricular electrophysiology across a wide region, which can then be examined at the cellular scale within the transmural wall, affording greater detail about the influence of microscopic myocardial wall tissue features (cell orientation, cell distribution, microarchitecture, including the influence of scar tissue in disease) on electrophysiology and transmural conduction. As with optical mapping, electrophysiology can be tracked with rapid scanning TPM in conjunction with VSD such as di-4-ANEPPS, albeit over a restricted field of view using a high-NA objective. The optical sectioning power of TPM however, allows for action potential characteristics at a given transmural depth to be faithfully captured, with 2 kHz scanning rates capable of resolving action potential rise time characteristics in multiple small animal species with similar fidelity to sharp microelectrodes (Ghouri et al., 2015). Serial scanning necessitates slow volumetric rates, which requires electrical stimulation of the heart to generate a repeated sequence of activation, a common approach in isolated perfused heart experiments. This carries the added caveat however that beat-to-beat variability, an important property of whole heart electrophysiology, cannot be examined. Thus, an average profile of transmural electrical conduction can be constructed from sequential volumetric measurements using the electrical stimulus as a timing reference. This approach revealed that surface boundary conditions measurably increase action potential upstroke velocity as the wavefront approaches the epicardial surface transmurally, demonstrating the strong electrotonic load influence on CM action potential properties (Kelly et al., 2013). This technique was also key in describing conduction abnormality in a model of Brugada syndrome, an inherited arrhythmic disorder often characterized by slow conduction, right ventricular arrhythmias and higher risk of sudden death. Combining TPM with computational simulations, it was found that the less compact structural arrangement of the right ventricle made it uniquely susceptible to conduction slowing when myocyte excitability is reduced, particularly at higher heart rates (Kelly et al., 2018).



2.3.2. Electrical Coupling of Implanted iPSC-Derived CM Grafts After MI

The intrinsic regenerative capacity of the heart is limited; estimates place cell turnover in adult humans at 0.5–1 % per annum (Bergmann et al., 2009). As a result, ischemic insults (myocardial infarction) activate inflammation-mediated signaling cascades which replace necrotic tissue with a vascularized infarct scar, reducing the overall contractile capacity of the heart and forming a substrate for ventricular arrhythmias. One of the promising repair strategies to emerge in recent years involves implantation of engineered heart tissue (EHT) constructs, grown from iPSC-CM, directly over the infarct to restore function. This has met with some success in both small (Matsuo et al., 2015; Pecha et al., 2019) and large animal models (Gao et al., 2017), but questions remain over the extent of EHT coupling to native myocardium, as well as the long-term survival of the originally-implanted cells. Addressing these questions has generated a number of technical challenges that TPM can help overcome (Weinberger et al., 2016). Electrophysiological assessment via optical mapping of voltage sensitive dyes alone struggles to fully distinguish between electrical activity of the EHT and normal myocardium. It has been known for some time that fluorescent “bleed-through” from surviving endocardial tissue (or, if the infarct is thin enough, septal tissue) will contaminate the optical map of the infarct with implanted EHT, giving the appearance of relatively healthy looking action potentials from largely-free scar. Gene-silencing of G-CaMP indicators expressed in the EHT was also observed to occur when hearts were explanted 4 weeks post-surgery. TPM helped to overcome these setbacks by allowing delineation of EHT and infarct electrophysiology through serial optical sectioning, demonstrating that electrical coupling of EHT and native myocardium can occur, albeit with a relatively low success rate (Weinberger et al., 2016). While the above patches were developed with the aim of aiding contractile function, another exciting application of engineered tissue is to serve as electrical conduction tracts. This has been shown to efficiently bridge atrio-ventricular conduction in a murine model of atrio-ventricular node failure (Cingolani et al., 2014), and shows that electrical integration of engineered tissue constructs can indeed be achieved with potentially far-reaching consequences for translation (Kohl, 2014). In any case, the further development of EHT-based organ repair is uniquely poised to benefit from the discriminating power that TPM optical sectioning provides.



2.3.3. Origin of the Electrical Conduction Through Myocardial Infarct Scar

Questions remain over electrical interaction between the infarct scar and healthy myocardium. Surviving islands of myocardium and remnant electrical activity within the infarct are well-documented (Walker et al., 2007), with myofibroblasts implicated in permitting electrical propagation between the border zone and surviving myocardium within the scar itself (Quinn et al., 2016). Several studies using TPM have sought to elucidate the mechanism of infarct conduction. Combined optical mapping-TPM systems and dual voltage and Ca2+ labeling has been used to distinguish between myocyte and non-myocyte electrical propagation within the infarct zone in rat hearts, using the absence of an intracellular Ca2+ transient as an indicator of non-myocyte electrotonic interaction (Ghouri et al., 2018). A similar analysis of the peri-infarct zone in mice expressing CM-specific GFP, identified non-myocyte electrical activity attributed to myofibroblasts exhibiting markedly slowed action potential upstrokes (Rubart et al., 2018). Engraftment of Connexin-43 (Cx43) expressing non-myocytes (Roell et al., 2007), or over-expression of Cx43 in murine infarct tissue (Roell et al., 2018), aided trans-scar conduction, implicating heterocellular contributions to electrical propagation in the heart. A thorough investigation of myocyte-fibroblast interaction within mouse infarct using a similar CM-specific labeling approach is currently being undertaken.




2.4. Random Access Multiphoton Microscopy in the T-Tubular System

Random access multiphoton microscopy (RAMP) (Sacconi et al., 2012) based on acousto-optic deflectors (AODs) was recently used in combination with novel VSD with improved photostability (Yan et al., 2012) to measure T-tubular action potentials at multiple sites with high spatio-temporal resolution. The authors observed that a tight electrical coupling between distinct membrane domains (i.e., surface sarcolemma and T-tubules) is guaranteed only in healthy cells. Conversely, experiments on disease models showed that action potential propagation in the structurally remodeled T-tubular system can fail and local spontaneous depolarizations can occur in the electrically disconnected T-tubules (Sacconi et al., 2012). A simultaneous recording of the action potential and local Ca2+ release was used to dissect the consequences of electrical defects on intracellular Ca2+ dynamics. Specifically, the authors implemented a double staining approach, combining a Ca2+ reporter (FluoForte GFP-certified) with a fluorinated VSD. Two-photon excitation features were exploited to simultaneously excite both dyes, while band-pass filters were used to select the two distinct spectral ranges of the overlapping fluorescence spectra. A spectral unmixing procedure was applied to properly uncouple voltage and Ca2+ signals. Employing this approach in combination with the random access modality, the authors were able to optically record action potentials in several T-tubules and, simultaneously, the corresponding local Ca2+ transients (Crocini et al., 2014). Figure 1 shows an example of an optical recording of voltage and Ca2+ release in six different positions across the sarcolemma. The signal-to-noise ratio of the proposed method was sufficient to detect the presence of an action potential and to assess the temporal features of Ca2+ dynamic in single shot recordings, without averaging sequential trials. The utility of the system in detecting electrical activity and local Ca2+ release simultaneously in multiple sites was used to solve unanswered questions about the spatio-temporal relationship between sub-cellular alterations of Ca2+ release and T-tubular electrical and structural defects in several cardiac diseases including ischemic heart failure (Crocini et al., 2014), spontaneously hypertensive rats in overt heart failure (Scardigli et al., 2018a), and hypertrophic cardiomyopathy (Crocini et al., 2016b).
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FIGURE 1. Multi-site voltage and Ca2+ recording. (A) Scheme of the Random Access Multi-Photon (RAMP) microscope based on two orthogonally-mounted acousto-optical deflectors (AODs -x and -y) for laser scanning. Inset shows the emission spectra of the Ca2+ indicator (in dark gray) and voltage sensitive dye (in light gray) together with their fluorescence filter acquisition band. (B) Image of a stained rat ventricular cardiac cell: di-4-ANE(F)PPTEA in red and GFP-certified Fluoforte in green. Scale bar: 5 μm (C) Real time fluorescence traces collected from the scanned sites indicated in white in (B): surface sarcolemma (SS) and five T-tubules (TTi). Membrane voltage is shown in red and Ca2+ in green. Reproduced and modified from Crocini et al. (2014).




2.5. Enhancing the Utility of Two-Photon Optical Sectioning Microscopy for Cardiac Applications

Non-linear imaging (Box 2) is uniquely applicable to transmural cardiac studies and combined with several adjacent technologies, including optical mapping and emerging optogenetic tools, provides a powerful and versatile analytical tool for cardiac electrophysiology. Despite this, significant challenges remain to prevent its widespread adoption which are intrinsic both to the technology itself and cardiac muscle in particular. Understanding these limitations and available options for overcoming them is critical for informing the next generation of 3D cardiac imaging studies based on TPM.


BOX 2. Two-photon microscopy

Physical Background

In conventional fluorescence spectroscopy, a fluorescent molecule is excited by absorption of one photon whose energy corresponds to the energy gap between the ground state and the excited state of the molecule. However, the same excitation is also possible by the near-simultaneous absorption, i.e., within 1e-16 s, of two photons of approximately double the wavelength via a short-lived, virtual intermediate state. The combined energy of the two long-wavelength, low-energy photons produce an excitation equivalent to the absorption of a single photon possessing twice the energy. The emitted fluorescence generated by the simultaneous absorption of two photons is indistinguishable to single photon excitation fluorescence emission. The simultaneous absorption of two photons is the origin of the quadratic dependence on the light intensity: in TPM, doubling the excitation intensity produces four times the fluorescence. This non-linear dependence of two-photon absorption is the basis for the intrinsic localization of fluorescence generation and therefore the optical sectioning capability, i.e., the imaging of specific planes within the sample without the need for physical slicing.

Requirements

Like most non-linear processes, the excitation probability in two-photon excitation fluorescence is extremely low but can be optimized to generate enough signal by concentrating the excitation light in space and time. Spatial compression is achieved by tight focusing with high-NA objective lenses. This increases the local intensity at the focal point and with it the probability for two-photon excitation. Away from the 3D focal spot the probability for simultaneous absorption drops off drastically such that virtually no fluorescence is generated outside the focal volume (Zipfel et al., 2003). Scattered excitation light is too dilute to excite by two-photon absorption and too long in wavelength to be absorbed otherwise. Owing to the low two-photon absorption cross-section inherent to non-linear processes, a useful fluorescence signal can only be achieved with ultrashort pulses which compress excitation intensity in the time domain. Ultrafast pulsed lasers concentrate photons into very short (pulse width τ), high peak intensity pulses separated by e-8 intervals (repetition rate R), keeping the average power relatively low. This increases the signal by a factor of 1/(τ*R)n−1 compared to continuous-wave illumination, where n is the number of photons involved in the elementary process (Helmchen and Denk, 2005). At present, the most commonly used lasers in TPM setups are mode-locked titanium sapphire (Ti:Sa) which typically generate pulses with τ = 100–150 fs at τ = 80–100 MHz. They are tunable from 680 to 1, 080 nm.

Image Formation

The laser is focused onto the sample and scanned through the specimen in a raster fashion by a scanner, most commonly a pair of galvanometer mirrors (one for each image axis). The image is reconstructed from digitizing the point measurements of the fluorescence intensity at each position in the sample. Emission collection can be efficient and simple because all photons generated are signal and there is virtually no background: even multiply-scattered fluorescence photons can be assigned to their origin due to the localized nature of signal generation. To increase efficiency of fluorescence collection, non-descanned detectors are employed, most commonly large area photomultiplier tubes (PMTs) positioned close to the back aperture of the microscope objective. PMTs allow for the detection of multiply scattered fluorescence photons that may leave the objective lens at randomly divergent angles and are also favored for their high gain and low readout noise.

Advantages

A key advantage of TPM over confocal microscopy is reduced attenuation in biological specimens due to reduced scattering and absorption of near infrared light when compared to UV and visible light. Even though Rayleigh scattering is just an approximation in biological imaging, the inverse relationship (~λ−4) between scattering and excitation wavelength remains valid. This results in deeper penetration of the pulsed laser source into scattering samples compared to conventional microscopy. Also, the “optical window,” placed at 700–1.000 nm where tissue absorbance is orders of magnitude less than the absorption in the UV or visible region, falls conveniently into the spectral excitation window of TPM. Lower photon absorption in the tissue additionally means lower levels of phototoxicity and sample heating. However it should be noted that within the focal volume, the possibility of bleaching, damage and reduced viability remains.

Increasing Excitation Efficiency

Since the fluorescence signal in TPM scales with 1/(τ*R), an increase in signal can be achieved with a reduction in the duty cycle τ*R. A reduction of the repetition rate R increases pulse energy, however, a limit is given by the repetition rate since at least one laser pulse must be delivered per image pixel. The reduction of pulse duration τ also leads to increased signal but accurate dispersion correction in the optical train becomes essential. As pulsed laser light traverses the beam path of a microscope, the optical elements slow the shorter wavelength components of the pulse relative to the longer wavelengths, consequently broadening the pulse; a phenomenon known as (positive) group velocity dispersion (GVD). Positive GVD compensation is achieved by introducing optical elements which exhibit negative GVD, introducing an equal but opposite dispersion on the pulse prior to entering the microscope, thus maintaining the shortest pulse duration at the sample plane. Dispersion compensation is often achieved using prisms (Akturk et al., 2006) or chirped mirrors where multiple layers of dielectric material with increasing layer spacing vary the distance traveled by different wavelengths of the pulse and compensate for GVD (Szipöcs et al., 1994). Importantly, GVD worsens the shorter the pulse since the spectral bandwidth of the pulse increases with decreasing pulse duration. A limit to the benefits of shorter pulses is reached when the spectral width of the laser excitation approaches or exceeds the width of the excitation spectrum of the dye ~ 30–40 nm (full width at half maximum).

The Fundamental Depth Limit

The imaging depth in TPM cannot be increased indefinitely by increasing the excitation efficiency of the laser. A fundamentally constrained penetration depth restricts investigations in cardiac tissue to a few hundreds of micrometers in mouse left ventricle tissue (Salerno et al., 2019). In turbid media, the ballistic (unscattered) fraction of photons reaching the focal spot decays exponentially with depth. The total power of light reaching a certain depth decays more slowly, approximately as 1/depth. Due to these different decay rates, at depths depending on the scattering mean free path length and anisotropy of the tissue, the peak intensity of ballistic light will fall below that of scattered light, effectively rendering imaging impossible. Even before this depth limit is reached, background fluorescence generated partially by ballistic and mostly by scattered light near the surface will dominate the signal (Theer and Denk, 2006). The fundamental imaging depth in TPM is reached when this out-of-focus (background) fluorescence equals the fluorescence signal emanating from the focal spot; the signal-to-background ratio reaches unity. This fundamental limit to achievable tissue penetration depth is a direct consequence of light scattering by tissue and irrespective of available laser power or potential photodamage.



The ubiquity of optical mapping in cardiac electrophysiological research owes its popularity not only to the high quality and throughput of the data generated, but also the relative simplicity of the setup, particularly with regards to excitation light sources. In contrast, TPM has a relatively high cost and perceived complexity barrier which has restricted its widespread adoption in cardiac electrophysiology. Full commercial microscope systems remain expensive platforms, often bundled with tuneable Ti-sapphire lasers which do not deliver sufficient power to the sample plane for deep tissue imaging at wavelengths within the second IR imaging window (>1000nm). Data throughput, particularly for whole heart imaging is also relatively low. Owing to the need for tight spatial focusing, it is technically challenging to combine the high spatial resolution of TPM with larger fields of view and/ or fast volumetric imaging rates. Axial focusing remains slow and limited to the speed of a resonant objective piezo scanner, though remote refocusing (Botcherby et al., 2008; Alfred Millett-Sikking and York, 2018) increases axial scan speed and has been used for fast measurements of sarcomere length and cell orientation in Langendorff-perfused hearts (Botcherby et al., 2013). The following sections discuss these aspects in more detail.


2.5.1. Increasing Imaging Depth

As highlighted in Box 2, a fundamental imaging depth limit exists for a given system, independent of the excitation efficiency of the laser. This is due primarily to tissue scattering effects and increasing background fluorescence generated near the tissue surface (assuming tissue staining is homogeneous throughout the sample thickness). Several optical techniques have been proposed to overcome the TPM depth limit, while retaining scanning rates necessary for optical electrophysiology measurements. Temporal focusing, primarily used to allow video-rate optical sectioning, images a scan line across a blazed diffraction grating to spatially separate the spectral components of the laser pulse, effectively broadening the pulse width. The grating is imaged onto the sample plane via a high-NA objective lens and scanned in one axis to form an image. In theory this should reduce surface background fluorescence because the broadened pulse entering the sample only becomes short enough to permit non-linear interactions at the objective focal plane (Tal et al., 2005). While this approach is successful for rapid-scanning, improved depth imaging is questionable. This is because while point-scanning systems can use all scattered photons to detect an image, only ballistic or weakly scattered photons are useful for image formation with temporal focusing. A direct comparison of temporal focusing microscopy and TPM estimated the latter has up to 2X the penetration depth in highly scattering biological material (Rowlands et al., 2015). Alternatively, differential aberration correction was designed specifically to reduce background fluorescence contamination by placing a deformable mirror into the beam path of a raster scanning TPM which periodically (every second line or frame) introduces an optical aberration pattern to defocus the laser pulse. This preferentially reduces focal excitation while preserving the background. Subtracting the defocused image from the original produces an enhanced contrast image (Leray and Mertz, 2006; Leray et al., 2008). Contrast at a given depth is improved by up to 6X, a potentially significant gain in TPM depth imaging. It should be noted however, that because two images must be formed, the frame rate is effectively halved. A variant of this approach using a delay line and a fixed aberration optic allows near-simultaneous acquisition of two images in separate channels (Xiao and Mertz, 2019). Differential aberration shows promise as a powerful, lightweight approach for deeper TPM imaging and a thorough quantitative evaluation of its usefulness using cardiac muscle is warranted.



2.5.2. The Red Shift

A different approach to increasing the penetration depth of non-linear microscopy techniques is to decrease the effects of scattering itself. Novel engineered fluorophores, whose absorption and emission spectra are shifted toward the IR, take advantage of the decreased scattering of longer wavelengths. However, to image deeper into highly scattering samples, 3PM, the simultaneous absorption of three photons (of 1,300 or 1.700 nm wavelength) to excite fluorescence, has emerged as a promising technique which outperforms two-photon excitation of a different fluorophore at the same wavelength. Due to the higher non-linearity of the 3-photon absorption process, its cross section is several orders of magnitude smaller compared to TPM and this leads to virtually background-free deep imaging and highly improved signal-to-background ratio. However, the extremely low 3PA cross-sections (for example resulting in absorption rates ~20 orders of magnitude lower than 2PA), necessitate higher pulse energies, usually obtained by low repetition rate (2–4 MHz) lasers. The higher peak energy results in higher peak power and therefore an increased risk of non-linear tissue damage whereas the longer wavelength leads to higher absorption and therefore more sample heating.





3. CORRELATION OF STRUCTURE AND FUNCTION

A major current technical challenge in optical cardiac imaging is the deterministic correlation between structural features and functional performance at different hierarchical levels, from subcellular components such as individual Ryanodine receptors (RyR) using DNA-PAINT techniques (Hurley et al., 2020) to single isolated CM and intact heart tissue. Assessing the structure and the corresponding local function in a correlative manner is particularly relevant in pathological settings where structural and ultra-structural alterations occur e.g., alteration of excitation-contraction coupling machinery, myofilament disarray or extracellular fibrosis. In the subsequent two sections, two case studies are described to demonstrate the power of optical techniques to measure and assess the function of sub-resolution membrane structures within cardiac muscle cells.


3.1. Super-Resolution Techniques Applied to Cardiac Muscle Electrophysiology

The function, morphology, and proteome of atrial (ACM) vs. ventricular (VCM) CM differ significantly (Brandenburg et al., 2016a). Compared to VCM, the ACM's triangle-shaped action potential and phase-2 plateau are markedly shorter, yet followed by a more gradual phase-3 repolarization and a less negative resting membrane potential (Fatkin et al., 2007). In contrast, intracellular Ca2+ release in ACM is highly heterogeneous and is frequently described as a slow inward-propagating U-shaped Ca2+ gradient (Thul et al., 2012; Greiser et al., 2014). However, contractile activation of atrial compared to ventricular muscle strips occurs significantly faster (Lüss et al., 1999). This results in a conceptual paradox: how is atrial excitation and contraction rapidly coupled, if cell-wide Ca2+ release is 1–2 orders of magnitude slower in ACM compared to VCM (Thul et al., 2012; Greiser et al., 2014)? The case study described below demonstrates the use of super-resolution techniques to investigate the details of sub-micron structures in cardiac cells.

In rodent ACM typically no or only few residual T-tubules are reported (Kirk et al., 2003). In contrast, VCM are characterized by a high density of T-tubules, where each may rapidly propagate electrical signals (see also section 2.4). To combine cell isolation with high-resolution imaging workflows for ACM, fluorescent dyes that selectively intercalate in the extracellular membrane leaflet are highly attractive to assess the local membrane structure and integrity (Wagner et al., 2014; Brandenburg et al., 2018). Surprisingly, when implementing stringent cell quality and confocal imaging workflows, 100% of ACM isolated from mouse hearts were shown to exhibit a unique cell-wide transverse-axial-tubule (TAT) membrane network (Figure 2A, left) (Brandenburg et al., 2016b). Importantly, analysis of the TAT components revealed that axially oriented A-tubules dominate the ACM membrane network, whereas T-tubules are far less abundant (Figure 2A, right).
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FIGURE 2. A-tubules provide Ca2+ signaling super-hubs for atrial excitation-contraction coupling. (A) Confocal live imaging of di-8-ANEPPS stained (di8) TAT structures visualized as skeleton (pink). N, nucleus. Scale bar 10 μm. Histogram showing the TAT component orientations and Gaussian fit. Abundant AT (0°) vs. sparse TT (90°) components. (B) Cartoon of a cylindrical AT model. AT width (δ) measurements were used to estimate the surface area (AAT); LAT, AT component length. AT width was determined from optical cross sections (brackets) using the local STED signal distribution and compared between VCM vs. ACM as bar graph. Scales 200 nm. (C) Electron tomography images and segmentation of a longitudinally sectioned and a cross-sectioned AT structure. Scales 200 nm. Red color indicating AT-SR junctions ≤ 15 nm in gap width containing RyR2 densities. Red triangles mark two exemplary electron densities compatible with RyR2 channels. (D) Confocal negative contrast visualization of intracellular AT structures and transversal line scanning (yellow triangles) of intracellular Ca2+ imaging (fluo-4). A field potential-evoked Ca2+ transient is activated at AT and subsurface (S) structures; black diamonds, off-membrane cytosolic sites; F25, Ca2+ signal onset at 25 % signal amplitude; [image: image], normalized fluorescence intensity ratio as indicated by look-up-table; N, nucleus. (E) Two-photon action potential recordings from specific TAT components labeled with the voltage-sensitive dye di-4-ANE(F)PTEA (2 μM). Normalized fluorescence traces ([image: image]) were recorded from the scan regions indicated by color. At AT, TT, and SS membranes structures the simultaneous action potential activation upon pacing (black arrowheads) is apparent. Grouped bar graph showing no significant difference for action potential onset (the time interval between the end of the stimulus and the rise of the fluorescence signal above a threshold of 4 % [image: image]. AT, A-tubule; TT, T-tubule; SS, subsurface membrane site. NS, not significant. Adapted from Brandenburg et al. (2016b).


Interestingly, confocal imaging failed to locally resolve di-8-ANEPPS stained A-tubule cross-sections, whereas STimulated Emission Depletion (STED) superresolution nanoscopy improved local contrast sufficiently to determine the width (δ) of intact A-tubules in living ACM (Figure 2B). On average, the A-tubule width was significantly larger in ACM compared to VCM (Figure 2B) (Brandenburg et al., 2016b), suggesting that A-tubules exhibit a much larger cytosolic membrane surface area (AAT). Indeed, electron tomography of high-pressure frozen ACM showed that A-tubules exist as large cylindrical membrane structures that form extensive SR junctions densely filled with RyR2 Ca2+ release channels (Figure 2C, left) (Brandenburg et al., 2016b). Finally, quantitative analysis confirmed that A-tubules exhibit approximately 100 nm larger diameters than T-tubules in ACM (Figure 2C, right).

Using immunostaining of ACM, voltage-dependent L-type Ca2+ channels were identified in A-tubules: Cav1.2 clusters were shown to occur at a higher density in A-tubules compared to T-tubules (Brandenburg et al., 2016b), and additionally Cav1.3 clusters were localized in A-tubules (Brandenburg et al., 2018). Consistent with abundant L-type Ca2+ channel clusters in A-tubules, intracellular Ca2+ imaging combined with di-8-ANEPPS staining showed field pacing-evoked rapid Ca2+ release gradients around A-tubules, whereas surface membrane and particularly cytosolic sites each showed a significantly increased Ca2+ release latency (Figure 2D) (Brandenburg et al., 2016b).

Finally, RAMP was used for local in situ action potential recording at specific TAT sites in living ACM (Figure 2E, left and section 2.4). Strikingly, action potentials recorded locally at A-tubules, T-tubules, or subsurface sites showed the same rapid onset (Figure 2E, right), amplitude and upstroke velocity (Brandenburg et al., 2016b). Thus, despite a dramatically lower T-tubule density (Figure 2A, right) and a relatively large distance from the cell surface, voluminous A-tubules appear to function very effectively as electrical conduits for rapid action potential spread deep inside ACM.

While the physiological and clinical relevance of these new atria-specific A-tubule findings is still emerging, several important implications are obvious: (1) ACM express a cell-specific electrically excitable TAT network quite different from VCM; (2) the discovery of A-tubules as dominant excitable membrane conduits provides a new model of “super-hub” Ca2+ signaling and ACM-specific excitation-contraction coupling; (3) in addition to Cav1.3 channels thousands of proteins are differentially expressed in ACM (Brandenburg et al., 2016a), yet none of the clinically relevant ion channels and G-Protein coupled receptors have been mechanistically established in the context of A-tubule membrane organelles so far.

As functional L-type Ca2+ channel changes represent a disease mechanism of atrial fibrillation, major future questions are how Cav1.2 and Cav1.3 clusters are organized locally and relatively to RyR2 channel Ca2+ release sites, and which specific voltage-dependent roles the atrial L-type Ca2+ channel isoforms exert in A-tubules. Interestingly, while the Cav1.2 interacting protein junctophilin-2 is expressed five-fold less in the atria compared to the ventricles, it is highly abundant inside sarcoplasmic reticulum (SR) junctions along A-tubules (Brandenburg et al., 2019). Thus, non-invasive superresolution optical methods are not only essential for establishing differential Cav1.2 and Cav1.3 functions in ACM, but they will be instrumental for identifying early disease-causative mechanisms of atrial cardiomyopathy preceding atrial fibrillation and stroke (Goette et al., 2016).



3.2. Fluorescence Recovery After Photobleaching to Probe Structure and Function of the T-Tubular System

The optical technique of fluorescence recovery after photo-bleaching (FRAP) microscopy is a useful method for examining the diffusion of probes within limited structures within the cell (Bers and Shannon, 2013). In relation to examining the diffusion within the TAT structure, FRAP has been used to demonstrate marked species differences in the tortuously and therefore lumenal diffusion of solutes within these membrane structures (Kong et al., 2018). In this study the authors used FRAP microscopy to probe the diffusion properties of TAT: fluorescent dextran within the TAT system lumen was photo bleached and signal recovery by diffusion of unbleached dextran from the extracellular space was monitored. Remarkable is how an optical-based imaging approach can support or implement structural data hitherto achievable only with 3D electron tomography (Rog-Zielinska et al., 2018). More in general, combining FRAP with detailed computational modeling the authors designed a new pathway to understanding how TAT remodeling may contribute to altered cellular function. In this respect, the combination of FRAP with optical voltage measurements from TAT membranes has also offered the opportunity to study the relationship between structural alterations of the T-tubules and defects of action potential propagation found in the failing heart.

For instance, in a recent study, Scardigli et al. (2017) exploited the formal analogy between diffusion and electrical conductivity to link the latter with the diffusion properties of the TAT. The time constant of fluorescence recovery was correlated with the apparent diffusion coefficient of the fluorescent molecules and linked to electrical conductivity. These data were used to evaluate the efficiency of the passive spread of membrane depolarization along TAT system. The characteristic length constant of T-tubules was calculated as approximately 300 μm: an order of magnitude larger than the cellular radius, indicating a remarkable safety factor of the normal TAT system structure in passively conveying membrane potential changes across the cell.

Further refinement of the FRAP technique was then employed to address the role of the mechanical activity associated with contraction in the cardiac cell with the enhanced movement of solutes including ions through the tortuous TAT system driven by advection-assisted diffusion (Rog-Zielinska et al., 2021). This phenomena is thought to offset the accumulation of solutes within the TAT system as a result of changes in heart rate (Rog-Zielinska et al., 2021). This novel finding provides another potential mechanism for dysfunction, namely the reduced capacity for solute exchange that may result from a remodeled TAT system in failing hearts.



3.3. Light-Sheet Microscopy for Mesoscale Structural Imaging

Taking correlative work to another order of magnitude, extremely challenging current experiments aim to dissect morpho-functional relationships between cellular organization and functional abnormalities at the whole organ level. At the tissue level, current studies generally associate structural alterations with the corresponding electromechanical dysfunction without showing real cause-effect relations. What is missing is a direct link between the functional study and quantification of tissue disorganization performed on the same tissue. The main limitation is the inefficacy of standard imaging methods and staining approaches in performing high resolution imaging (cellular or sub-cellular resolution) in tissue. During the past years, different methods have been developed for clearing fixed tissue. Most of them, however, present several limitations such as tissue shrinkage, structural alteration, fluorescence quenching and incompatibility with immunostaining (Silvestri et al., 2016). The challenge of producing large, transparent and fluorescently-labeled volumes has been overcome recently by applying a tissue transformation approach, CLARITY, and it's related derivatives (Chung et al., 2013; Pianca et al., 2019; Olianti et al., 2020, 2021). These methods allow high transparency, immunolabeling and structural and molecular preservation. One drawback with the current techniques is the poor penetration rates of the tissue by antibodies, to the extent that many months of incubation are sometimes required depending on tissue dimensions.

Clearing methods render biological tissue transparent by equilibrating the refractive index throughout a sample to reduce inhomogeneities in light scatterers (Richardson and Lichtman, 2015). Different approaches have been proposed based on organic solvents, high-refractive index aqueous solutions, hyperhydrating solutions and tissue transformation (Silvestri et al., 2016). Most notable amongst the latter approaches, CLARITY (Chung et al., 2013) employs hydrogel embedding of the sample by perfusing tissue with a fixative, a temperature-sensitive crosslinker and the hydrogel monomer which forms covalent links with native proteins. After fixation, the tissue of interest is warmed to induce cross-linking of the monomers into a nanoporous hydrogel mesh. Lipids are then removed from the sample with a detergent solution either passively, or actively through electrophoresis. The lipid-free samples are then incubated in refractive index matching solutions for clearing. This method in combination with advanced imaging techniques such as light-sheet or two-photon microscopy (see Box 2) allows 3D reconstruction of substantial heart tissues at high resolution.

Light-sheet microscopy, originally described in 1903 (Siedentopf and Zsigmondy, 1903) and re-invigorated in the early 2000s (Huisken et al., 2004), achieves optical sectioning over the entire field of view by selectively illuminating a thin slice of tissue with a sheet of light which is positioned to coincide with the focal plane of a perpendicularly placed microscope objective for fluorescence detection. In contrast to point-scanning epi-illumination methods like confocal or TPM, this uncoupled illumination—detection scheme has two major advantages. Firstly, the detection scheme is essentially that of a wide-field microscope and hence affords much faster acquisition rates through the registration of multiple points in parallel rather than sequentially. Secondly, the selective illumination greatly reduces unnecessary photoactivation and bleaching of fluorophores above and below the focal plane. However, this very same uncoupling of excitation and detection makes light-sheet microscopy particularly sensitive to tissue scattering and the technique thus requires samples that are either intrinsically transparent (e.g., Zebrafish larvae) or else an opaque tissue that has been made transparent through tissue clearing. If tissue is intrinsically transparent, it is possible to combine structural observations in live tissue, even over extended periods of time (for example to track every single cardiac cell during early ontogenetic development in the Zebrafish heart) with functional Ca2+ imaging (Weber et al., 2017; Taylor et al., 2019).

This mesoscopic imaging may help to elucidate the role of cellular organization in cardiac electro-mechanical (dys)function and pave the way for a unifying approach which integrates functional and structural data. Such an experimental model would enable a comprehensive investigation of the morphological changes that lead to electrical and mechanical alterations after disease-associated structural remodeling.




4. THE USE OF LIGHT TO MANIPULATE AND MEASURE CARDIAC ELECTROPHYSIOLOGY

Extending the application of optical techniques in cardiac applications, optogenetics has added the capability to manipulate cardiac function by light (see review Entcheva and Kay, 2021). Optogenetics combines targeted light stimulation and the genetic expression of light-sensitive ion channels or pumps to enable cell-specific, non-contact stimulation with sub-millisecond temporal and micrometer spatial resolution. The characterization of the non-selective cation channel Channelrhodopsin2 (ChR2) in the early 2000s (Nagel et al., 2002) initiated the explosive growth of field of optogenetics. Compared to electrical stimulation, in excitable cells expressing ChR2, pulsed illumination induces inward currents which not only trigger excitation but can also precisely modify the shape of action potentials (Park et al., 2014; Williams and Entcheva, 2015). Light responsive Cl− and H+ pumps, as well as K+ and Cl− ion channels allow light-induced hyperpolarization of cardiac tissue. Direct optogenetic hyperpolarization with patterned light has been used to provide mechanistic information about circuits involved in cardiac pacemaking (Arrenberg et al., 2010), or to affect cardiac arrhythmias by selective expression in sympathetic neurons in a canine model of post-ischemic electrophysiological remodeling (Yu et al., 2017). The ability to bi-directionally manipulate cardiac function (to excite and to inhibit) using light, and the possibility to combine these newer optical tools with optical mapping have afforded new means to address mechanistic and translational questions related to cardiac arrhythmias (Entcheva and Bub, 2016).


4.1. Optogenetic Cardioversion/Defibrillation: Progress and Challenges

Beyond optogenetic pacing demonstrated in early cardiac studies (Arrenberg et al., 2010; Bruegmann et al., 2010; Jia et al., 2011), proof-of-concept studies for optogenetic cardioversion/defibrillation have been shown in transgenic mice and wild type mice and rats after AAV-mediated expression of ChR2 (Bruegmann et al., 2016, 2018; Crocini et al., 2016a; Nyns et al., 2016). The light parameters (light intensity, pulse duration, etc.) required for successful termination have been determined using many different approaches for illumination (optical fiber/global LED, DMD, and μLED) and computational modeling. Using this range of techniques, different excitation patterns are possible, opening the way for the investigation of a range of defibrillation approaches including: (i) targeted pacing to fill the excitable gap or (ii) continuous illumination for prolonged phases of depolarization with the aim of a complete conduction block. Interestingly, conduction block seemed to be more effective but required higher light intensities compared to targeted pacing when illumination was performed randomly without analysis of the underlying arrhythmia pattern (Bruegmann et al., 2018). However, knowing the underlying reentry wavefronts including the spatial extent of excitation gaps or global illumination of the whole ventricular surface might enable a reduction in the light intensity requirements (Crocini et al., 2016a). For targeted pacing, feedback loops between sensing electrodes or optical mapping and light stimulation have been developed which permit testing numerical hypotheses for more effective, gentle cardioversion/ defibrillation (Hussaini et al., 2021). The translation to larger animals including humans has been investigated using, in silico modeling. This work indicates that in principle, the optogenetic route is feasible and suggests defibrillation mechanisms distinct from that achieved by conventional chest paddles (Bruegmann et al., 2016; Hussaini et al., 2021). However, there are considerable technical issues to overcome including: (i) the need for gene transfer, (ii) the expression of non-mammalian opsins in humans and (iii) implantation of light sources. Nevertheless, the gain would be pain-free, tissue-sparing and efficient arrhythmia termination in the clinic.



4.2. Real-Time Manipulation of Cardiac Electrical Activity in a Closed-Loop System

All-optical cardiac electrophysiology is a powerful contact-less interrogation and manipulation technique (Entcheva and Bub, 2016; Scardigli et al., 2018b). A recent example of the capability of optical voltage reporters combined with optogenetic actuators at the whole heart level is the development of a wide-field mesoscope to simultaneously optically map and manipulate action potential propagation in whole mouse hearts (Scardigli et al., 2018b) (Figure 3A). A computer-controlled digital micromirror device (DMD, see Box 3) capable of drawing arbitrarily-chosen illumination patterns was used to create precise spatial and temporal patterns of optogenetic stimulation on the epicardial surface of isolated hearts (Figure 3B). Operating in closed-loop with a feedback-control strategy, this system can react in real-time to ongoing electrophysiology as revealed by optical mapping, opening the prospect for real-time resynchronization therapy and cardiac defibrillation. These techniques can serve as a “biological stimulator” (for example by optical stimulation of ChR2), or as a “biological inhibitor” (when using optically-activated K+ flux systems) to inform new in vivo strategies for controlling arrhythmias. Such a system is an ideal test-bed to investigate strategies to defibrillate or interrupt tachy-arrhythmias using the minimal power and area of illumination with a view to advancing our knowledge of the electrophysiology of arrhythmias that may be translatable to the clinics.
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FIGURE 3. (A) Optical setup for real-time closed-loop optogenetic stimulation with a digital micromirror device (DMD) in response to ongoing cardiac activity, simultaneously optically mapped with a sCMOS camera. (B) Exemplary customizable stimulation pattern and cardiac excitation wavefronts. Modified from Scardigli et al. (2018b).



BOX 3. Digital Micromirror Devices

A digital micromirror device, or DMD, is a micro-opto-electromechanical system comprised of millions of microscopically small moving mirrors to create a video display of the type now found in digital projectors. The mirrors on the DMD are arranged on a μm diamond pixel geometry and by applying a tilt angle of ±12°, each micro-mirror can be switched on or off individually. A high numerical aperture relay system can be used to project the DMD pattern onto the sample. DMDs have been employed for controlling cardiac activity at fine spatial and temporal scales using light in cultured cardiac monolayers and whole-heart preparations. These light projectors offer sub-millisecond temporal resolution and have been used to demonstrate fine control of tissue functional properties, including wave velocity (Burton et al., 2015), or to embed high temporal resolution “small” images into larger but more slowly acquired still image sequences (temporal pixel multiplexing, Bub et al., 2010).





4.3. Wave Control to Improve Arrhythmia Management and Termination

Present-day electronic cardiac devices include cardiac pacemakers (to maintain normal rhythm) and cardioverter-defibrillators to terminate arrhythmias and restore normal rhythm. With newer optical technologies, including optogenetic modulation of cardiac function, conceptually new strategies for control have been proposed that are not possible with classic electrical means. Using optogenetic actuation and dye-free optical mapping, it was demonstrated that the direction, speed and chirality of cardiac excitation waves can be modulated by light (Burton et al., 2015). To achieve this, a quasi-real time feedback was applied with dynamically-modulated light patterns using a DMD. Space-time varying illumination enables “wave steering” (Entcheva and Bub, 2016) and can bring insights for finer arrhythmia control in the clinic with lower-energy approaches and devices. Until recently, the only options for wave control have been pharmacological (adding exogenous compounds that alter cardiac channel function) or electrical (using an electrode or an array of electrodes to stimulate the tissue). These approaches have limitations as they either change wave properties in the entire tissue or at a limited number of locations due to physical limits on the density and number of electrodes in an electrode array. All-optical electrophysiology offers the ability to deliver dynamic space-time patterns of light for stimulation/suppression, and the possibility for real-time feedback control of macroscopic emergent properties, i.e., cardiac waves of excitation. Wave control goes beyond the simple initiation and termination of excitation waves (pacing and defibrillation/cardioversion) and the associated frequency modulation. Instead, using all-optical means, one can focus on manipulation of the macroscopic (emergent) properties. Recent examples include termination of arrhythmias through re-entrant wave drift induced by longer low-light pulses (Hussaini et al., 2021). While high spatial and temporal resolution optogenetic manipulation in the intact heart in vivo is still not feasible, optogenetic tools yield, for the first time, an experimental platform to rapidly test anti-arrhythmic strategies in ex-vivo preparations. This offers the flexibility to manipulate the electrophysiological variables within the heart hitherto only possible in computational models.



4.4. Cell Specific Optogenetics to Interrogate the Myocardial Network

Different from conventional electrophysiological approaches, optogenetics, by its nature, is cell type specific, as sensitivity to photostimulation or optical reporting of function are achieved by transgene expression. This feature was immediately exploited in neuroscience, as it enabled the functional dissection of neuronal circuits in the multiplexed network forming the central nervous system. An emerging concept of the heart as an interconnected multicellular system is a prerequisite to formulate the appropriate physiological questions optogenetics can answer (Figure 4). Heart function is based on the anatomical and functional interaction between excitable (i.e., working and conducting CM), non-excitable conductive [e.g., cardiac fibroblasts (Quinn et al., 2016) and macrophages (Hulsmans et al., 2017)], and extrinsic excitable (i.e., cardiac autonomic neurons) cells, and non-excitable modulators (i.e., endothelial and smooth muscle cells) (Zaglia et al., 2019). Cell-specific optogenetic stimulation within intact heart has first been demonstrated in a proof-of-principle study by Bruegmann and colleagues (Bruegmann et al., 2010), and subsequently this approach was used to infer the contribution of working and conducting CM to arrhythmias in the normal and ischemic myocardium. While alterations in the Purkinje Fiber (PF) network, including both PF cell dysfunction and PF coupling to the working CM have been suggested in several acquired or genetic cardiovascular diseases, assessment of PF function is only indirect and non-specific with conventional electrophysiological techniques. Cardiac optogenetics has allowed direct investigation of the source-sink relation in the conduction system vs. working myocardium, and by combining it with a 3D morphological study of the PF network, to determine that the high arrhythmogenicity of the right ventricular outflow tract depends on the peculiar displacement of the terminal PF network (Zaglia et al., 2015).


[image: Figure 4]
FIGURE 4. The heart is a multicellular network of excitable and non-excitable cells, which have been targeted with various opsins for optogenetic investigation. Modified from Zaglia et al. (2019).


Another excitable cell population, critical for regulating cardiac function, is represented by autonomic neurons, which densely innervate the myocardium, including extracardiac sympathetic and parasympathetic neurones and a dense network of cardiac ganglia (Julian et al., 2021), influencing potentially all cardiac cell types (Franzoso et al., 2016). It is increasingly evident that neuronal remodeling (i.e., changes in distribution and function of cardiac innervation) takes place upon physiological (e.g., exercise, pregnancy, aging) and pathological (e.g., ischemic damage, heart failure) conditions. In vivo assessment of cardiac autonomic neuron function is technically challenging and non-selective. Several groups have used optogenetics to achieve control of cardiac sympathetic (Wengrowski et al., 2015; Yu et al., 2017; Prando et al., 2018; Burton et al., 2020) or parasympathetic (Moreno et al., 2019; Rajendran et al., 2019) neurons, to assess their effects on heart function, to study the biophysics of neuro-cardiac communication and to prevent sympathetic neurons from triggering arrhythmias in post-ischemic electrophysiological remodeling.

Furthermore, in addition to the studies of excitable cells, the method has recently been used in approaches to investigate non-myocyte cell populations. Non-CM cells in the myocardium are mostly inexcitable, and they have classically been relegated to forming the cardiac vascular bed (i.e., endothelial cells, smooth muscle cells) or regulating the extracellular compartment (e.g., fibroblasts). Rapidly accruing evidence has shown that these cell types play additional roles in paracrine and endocrine signaling, and may influence cardiac activity. In addition, some 25 years ago, it had been suggested that cardiac fibroblasts may potentially couple to CM via connexins, affecting cardiac electrophysiology (Kohl et al., 1994). This hypothesis was eventually confirmed in native tissue, using optogenetic expression of GEVI in cardiac non-myocytes (Quinn et al., 2016). Furthermore, expression of Channelrhodpsin-2 (ChR2) or Archaerhodopsin (ArchT) was achieved in primary cardiac fibroblasts, and heterocellular coupling with CM was further investigated (Yu and Entcheva, 2016; Funken et al., 2020; Simone et al., 2020; Boyle et al., 2021; Kostecki et al., 2021). ChR2 expression in smooth muscle cells of the coronary vessels has shown to be a potent tool to control vascular tone, demonstrating local and rapidly induced light-activated vasospasm (Wu et al., 2015). In parallel, selective expression of ChR2 in endothelial cells has shown that modulation of endothelial cell membrane potential can also trigger local vasospasm (Zhang et al., 2015), suggesting heterocellular coupling between the two important cellular components of the vessel wall. Optogenetics was exploited to study the biology of resident heart macrophages, which were shown to electrically communicate via connexins with atrio-ventricular node cells and to influence conduction (Hulsmans et al., 2017). Thus optogenetics revealed novel functions, especially related to heterocellular coupling, of smooth muscle cells, endothelial cells and macrophages.

Long term cardiac studies or experiments in conscious, freely moving animals are technically more demanding than in brain research, due to obvious differences in anatomical constraints. In particular, continuous movement of the heart hampers the stable implantation of light-emitting devices (for example, optrodes which have been developed for deep brain stimulation have limited use in the heart) (sta, 0000). These limitations can be overcome by progress in bioengineering aimed at the development of biocompatible and flexible light emitting tools to be positioned on the epicardial surface or around cardiac neurons (Gutruf et al., 2019). Collaboration with medical physicists would also allow simultaneous optogenetic stimulation of CM or cardiac neurons with the assessment of cardiac function by echocardiography or other imaging methods such as cardiac magnetic resonance. Another limitation, which will presumably be resolved in the next few years, is that, up to now, cardiac optogenetics has mainly been used in rodents, while very little has been performed in bigger animal models (e.g., pigs, sheep), which may be more informative for their closeness to human electrophysiology. In general terms, the clinical or experimental applicability in humans is not immediate, as it requires expression of an exogenous gene in the heart, and implantation of a light emitting source. Rapid progress in molecular biology has yielded viral vectors encoding opsins suited to the use in humans (FDA-approved, ClinicalTrials.gov NCT02556736), and opsin expression in patient hearts may thus be foreseen.

Optogenetic inhibition of autonomic sympathetic neurons is theoretically suited to ablate the adrenergic component favoring or sustaining arrhythmias. The further development of this concept will presumably be utilized to study arrhythmogenesis in genetic or acquired cardiovascular diseases in which adrenergic stress has a key role (catecholaminergic polymorphic ventricular tachycardia, arrhythmogenic cardiomyopathy, Takotsubo cardiomyopathy). While several opsin variants with specific advantages have been used in neurosciences (sta, 0000), cardiac optogenetics has thus far, exploited almost exclusively ChR2 with some exceptions (Kopton et al., 2018; Sierra et al., 2018). It is to be expected that in the next years many newly developed photoactivatable tools will be used in heart studies. In addition to channel-forming opsins, signaling opsins have been developed for spatially and temporally accurate photo-interrogation of signaling pathways in cells/ in vivo.

Proof of concept examples have shown light-modulation of Gq and Gs signaling pathways (Beiert et al., 2014; Makowka et al., 2019). Specifically, optogenetic stimulation of the adrenergic Gs signaling cascade using JellyFish Opsin in cultured CM and in the heart of transgenic animals was shown to have a very high light sensitivity, fast kinetics and high spatial resolution (Makowka et al., 2019). The precise time point of activation by triggered illumination allowed to identify differential downstream kinetics of cAMP/PKA effects on pacemaking (positive chronotropy), sarco/endoplasmic reticulum Ca2+-ATPase activation (positive lusitropy) and Ca2+ induced Ca2+ release mechanism (positive inotropy). Furthermore, local illumination allowed to identify regions in the heart which are more sensitive to pathological adrenergic effects such as the left atrium, in which arrhythmogenic premature contractions were induced by localized optogenetic Gs stimulation (Makowka et al., 2019). Importantly, in this special issue of Frontiers in Physiology, Cokic et al. show that long wave opsin enables control of the inhibitory Gi signaling pathway in CM using red light (625 nm), which is spectrally compatible with a blue light sensitive (450–550 nm) optogenetic actuators or reporters (Cokic et al., Optogenetic stimulation of Gi signaling enables instantaneous modulation of CM pacemaking, Cokic et al., this issue). Thus, the combination of Jellyfish Opsin with long wave cone Opsin will allow alternating activation of Gs and Gi signaling to study the effect of dysbalanced sympathetic and parasympathetic vegetative nerve input on the heart which may be involved in cardiac pathologies. Using implantable light emitting devices and optogenetic G protein-coupled receptors it will be possible to study acute and chronic effects of Gs, Gi or Gq stimulation on cardiac remodeling and electrophysiology including arrhythmia, hypertrophy or heart failure.



4.5. Immediate Translational Application of All-Optical Cardiac Electrophysiology

The pharmaceutical industry and associated regulatory authorities require that all drugs are tested for their cardiotoxic effects before being released for human testing. Early, comprehensive and inexpensive detection of pro-arrhythmic effects based on inhibition of ion channels that control excitability and action potential duration can save the industry considerable costs (Gintant et al., 2019). The CIPA (Comprehensive In vitro Pro-arrhythmia Assay) initiative has stimulated the development of newer testing platforms that can provide better predictive value for drug development. The features of an assay required by this sector are: (i) standardized cardiac cells/ tissue and protocols, (ii) scalability and medium-high throughput, i.e., hundreds of assays/ system/ day, and (iii) excellent predictive value relevant to human use. Over the last 10 years commercial sources of human iPSC-CM have become available as a source of standardized human myocardial material. Currently the electrophysiology of monolayer cultures human hiPSC-CM is the most common preparation with electrical activity of the monolayer assessed from an array of monopolar extracellular electrodes (micro-electrode array) embedded into the base of the culture dish. A limitation of these field potentials generated by the intrinsic spontaneous electrical activity of the coupled monolayer of cells is the poor capture of the repolarization dynamics, including action potential duration and shape, which are perceived as some of the most predictive indicators of pro-arrhythmic responses. Alternatively, ion channel responses are tested with planar automated patch clamp systems that offer scalability compared to the traditional gold standard to quantify electrophysiology. Both approaches, used by the pharmaceutical industry, have limitations stemming from the requirement for close contact between the cells and the electrodes for generating meaningful signals, which makes their use with iPSC-CM somewhat problematic.

Optical technologies for recording and for stimulation offer several advantages to address these challenges. As shown in Figure 5A, these advantages include built-in scalability and high-throughput due to: (i) contactless nature, (ii) high-content functional information through multi-modal imaging and control, (iii) longitudinal observations and (iv) the ability for closed-loop control within multicellular context. Optogenetic pacing has been combined with microelectrode array recordings for better control of the frequency (restitution) responses to drugs of human iPSC-CM (Lapp et al., 2017). Voltage-sensitive and calcium-sensitive dyes have been used in commercial pre-clinical assay platforms to quantify pro-arrhythmic responses to drugs (Hortigon-Vinagre et al., 2016; Pfeiffer-Kaushik et al., 2019).


[image: Figure 5]
FIGURE 5. All-optical cardiac electrophysiology and the toolkit of optogenetic actuators and reporters. (A) Advantages of all-optical cardiac electrophysiology using optogenetic tools. (B) Spectral compatibility of optogenetic actuators and reporters for voltage (GEVI) and calcium (GECI) with the possibility for bi-directional control (depolarization and hyperpolarization) of cardiac excitation. Reproduced with permission from Entcheva and Kay (2021).


Optogenetics-inspired developments of automated high-throughput platforms for drug testing using all-optical cardiac electrophysiology have been deployed in conjunction with human iPSC-CM (Dempsey et al., 2016; Klimas et al., 2016, 2020; Werley et al., 2017; Credi et al., 2021). These platforms incorporate spectrally-compatible optogenetic actuators with optogenetic and/or optical reporters for voltage and calcium (Figure 5B) to provide comprehensive characterization of electromechanical responses to drugs. Some of these systems have already found their way into the industrial setting. The immense information content from such high-throughput platforms, combined with machine learning algorithms can yield new hybrid in vitro - in silico methods for drug development and for better mechanistic understanding of cardiac arrhythmias. Furthermore, dye-free, completely non-invasive approaches (Ashraf et al., 2021), together with microfluidics-enabled high-throughput platforms (Wei et al., 2020) can allow the chronic longitudinal monitoring of human iPSC-CM. These techniques will facilitate studies on maturation processes, cardiac disease modeling and tissue regeneration.




5. FUNCTIONAL STUDIES IN ACTIVELY CONTRACTING CELLS AND WHOLE HEARTS

As pointed out before (e.g., section 4.3), imaging of “a moving target” poses significant challenges. In cardiac research, use of mechanical constraints that reduce tissue motion relative to the imaging system, or application of electro-mechanical uncouplers (such as blebbistatin, see section 2.1) have been employed to reduce what is often, if somewhat misleadingly, referred to as a motion artifact. Motion is an essential part of cardiac function, of course. Electrical activation, Ca2+-mediated excitation-contraction coupling, contraction, relaxation and diastolic stretching, are all well-established targets for imaging. They are closely linked, over timescales from near-instantaneous beat-by-beat responses (e.g., stretch-activation of ion channels, Quinn and Kohl, 2021), over metabolic feedback to electro-mechanical function over minutes and hours (e.g., activation of K+-channels that open in response to a reduction in ATP Van Wagoner and Lamorgese, 1994, on to tissue remodeling over years (e.g., during aging and in disease, Lyon et al., 2020). By restricting motion for the sake of functional observation, we alter the very system we wish to study (Kappadan et al., 2020).

Increasingly, therefore, attempts are being made to image cardiac structure and function while keeping the mechanical environment as close to in vivo conditions as possible. For cardiac cells and cultures, this involves tools to stretch single cells (Iribe et al., 2007) or cell cultures (Zhang et al., 2008). These have given rise to otherwise “hidden” physiological responses, such as the discovery of stretch-induced Ca2+ release from the sarcoplasmic reticulum (Iribe et al., 2009), or the mechanistic explanation of stretch-induced conduction slowing by surface membrane integration of caveolae (Pfeiffer et al., 2014). Optical voltage mapping in actively contracting Langendorff-perfused hearts, using ratiometry and software motion correction, reveals more physiologically relevant information about the electromechanical and energetic performance of the heart (Kuzmiak-Glancy et al., 2018; Kappadan et al., 2020).

It remains more difficult to take “motion” as an input parameter to ultrastructural research. Electron microscopy, for example, is conducted on fixed samples—so motion as such is excluded. Efforts have been made to control the mechanical state of cells or tissue, prior to fixation, and to use sarcomere length as a qualifier of the mechanical state of CM when exploring ultrastructural cell properties (Kohl et al., 2003). However, chemical tissue fixation is slow compared to beat-by-beat dynamics. This can be addressed by high pressure freezing, where recent commercial systems have built-in optical and electrical stimulation capacity so that CM may be preserved for electron microscopy at predefined states in their mechanical cycle. This type of approach has shown, for example, that the T-tubular system of ventricular CM (see section 2/Figure 2) is “squeezed” twice on every heartbeat (during diastolic stretch and during systolic contraction), and that this gives rise to an advection-mediated component of T-tubular content exchange (Rog-Zielinska et al., 2021). Over the next decade this direction of work should allow examination of the cross-talk between cardiac electrics, mechanics, metabolics, (epi-)genetics and structure in a time-resolved spatial manner as part of basic cardiac research.

All of these developments will also benefit from improved algorithms for “motion tracking”—i.e., computational post-processing that allows one to maintain the association between parameters recorded on fixed detectors (from optical mapping systems to echo and magnetic resonance imaging) with the underlying moving signal source (Inagaki et al., 2004). This can increasingly be done in a fiducial marker-free manner, using optical mapping data (Christoph and Luther, 2018), or even a combination of optical and echo data gathering (Christoph et al., 2018). The latter paper superbly illustrates the interrelation of electrical and mechanical waves, highlighting their close association in 3D myocardium.

In the clinical setting, tracking of cardiac motion not only provides important information of the ultimate function of the heart - its ability to pump blood - but it conveys insight into regional differences of activation and relaxation of ventricular myocardium. “Dys-synchrony” is problematic for cardiac function, and mechanical mapping may provide insight into spatial heterogeneities, even of underlying electrical properties. In long QT syndrome, for example, disease diagnosis can be improved if mechanical properties are tracked (Lang et al., 2016). The benefit here is that it is comparatively straightforward to track motion non-invasively in 3D, and certainly easier to do so than to track electrical activity in 3D within the whole heart. A remaining caveat is that structural imaging to discern motion only offers direct insight into strain amplitudes and dynamics: thus far, there is no non-invasive technique to measure stress within the myocardium. In basic science, fluorescent reporters of stress are being developed (Meng et al., 2008; Grashoff et al., 2010; Meng and Sachs, 2012) which may pave the way toward—at least experimentally—tracking of both strain and stress in the heart. Metabolic optical imaging using native tissue fluorophores, e.g., NADH, is yet another clinically-translatable optical approach to quantifying cardiac function in health and disease with high spatial resolution (Wengrowski et al., 2014).

An exciting current development in dynamic cardiac 3D imaging is photoacoustic (or optoacoustic) imaging (Lin et al., 2018; Karlas et al., 2019). This uses a pulsed laser to deliver light into tissue. There, photons interact with suitable reporters, causing their transient thermoelastic expansion. The ultrasonic waves generated by this can be detected using ultrasonic transducers and analyzed to produce images of structure and function. Reporters can be native molecules, such as hemoglobin (whose photo-acoustic signature changes with oxygenation—for example allowing one to detect cancer in patients, Zalev et al., 2019), transgenically expressed probes such as GCaMP in experimental animals (Gottschalk et al., 2019), or dyes such as indocyanine green (Deán-Ben et al., 2015). The latter approach has been used for tomographic imaging of the beating, isolated mouse heart in situ. If this technique could be used in combination with recently developed photoacoustic voltage-sensitive dyes that allow one to “listen to voltage” (Zhang et al., 2017). This would represent a break-through for measuring transmural electro-mechanical dynamics in the heart.



6. CONCLUSIONS

This article highlights recent developments in the technical areas of optical voltage measurements and optogenetic applications to cardiac electrophysiology. While similar techniques are being developed in neuroscience, cardiac tissue presents a series of additional challenges related to the highly scattering nature of the myocardium and movement associated with contraction. In the past, progress in electrophysiology has relied on developments in physics and engineering. This article describes some of the fundamentals of physics that underlie optical techniques used to measure and manipulate the electrical activity of the heart. The prospect of translation of these research techniques to the clinic is also discussed as is their recent use in the industrial setting of toxicology screening for adverse effects on cardiac electrophysiology. In all of these situations, the use of optical tools to measure and manipulate cardiac electrophysiology is a rapidly advancing topic that promises to yield new insights and techniques to address the treatment of cardiac arrhythmias.
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Missense mutations in the cardiac ryanodine receptor type 2 (RyR2) characteristically cause catecholaminergic arrhythmias. Reminiscent of the phenotype in patients, RyR2-R2474S knockin mice develop exercise-induced ventricular tachyarrhythmias. In cardiomyocytes, increased mitochondrial matrix Ca2+ uptake was recently linked to non-linearly enhanced ATP synthesis with important implications for cardiac redox metabolism. We hypothesize that catecholaminergic stimulation and contractile activity amplify mitochondrial oxidation pathologically in RyR2-R2474S cardiomyocytes. To investigate this question, we generated double transgenic RyR2-R2474S mice expressing a mitochondria-restricted fluorescent biosensor to monitor the glutathione redox potential (EGSH). Electrical field pacing-evoked RyR2-WT and RyR2-R2474S cardiomyocyte contractions resulted in a small but significant baseline EGSH increase. Importantly, β-adrenergic stimulation resulted in excessive EGSH oxidization of the mitochondrial matrix in RyR2-R2474S cardiomyocytes compared to baseline and RyR2-WT control. Physiologically β-adrenergic stimulation significantly increased mitochondrial EGSH further in intact beating RyR2-R2474S but not in RyR2-WT control Langendorff perfused hearts. Finally, this catecholaminergic EGSH increase was significantly attenuated following treatment with the RyR2 channel blocker dantrolene. Together, catecholaminergic stimulation and increased diastolic Ca2+ leak induce a strong, but dantrolene-inhibited mitochondrial EGSH oxidization in RyR2-R2474S cardiomyocytes.

Keywords: ryanodine receptor, mitochondria, dantrolene, glutathione redox potential, RyR2 Ca2+ leak, mitochondrial oxidation, reactive oxygen species (ROS)


INTRODUCTION

In the heart, where ATP consumption is highest of any tissue, Ca2+ homeostasis in the mitochondrial matrix and ATP synthesis in the inner mitochondrial membrane are tightly controlled and interacting in a tissue (muscle)-specific manner regulated by the mitochondrial membrane potential (Wescott et al., 2019; Boyman et al., 2020; Boyman et al., 2021). Pathologically altered intracellular Ca2+ signaling and impaired bioenergetics due to mitochondrial dysfunction contribute to both ventricular tachyarrhythmia (VT) and heart failure development, at least in part through increased production of reactive oxygen species (ROS) (Zhou and Tian, 2018; Santulli et al., 2021). Under physiological conditions at rest, mitochondrial oxidative phosphorylation and ATP synthesis are accompanied by a low level of cardiac ROS generation mainly through byproducts of the electron transport chain (Murphy, 2009). However, increased stress and enhanced cardiac performance strongly augment mitochondrial respiratory activity significantly increasing ROS production (Bertero and Maack, 2018). Although several enzymatic systems protect cardiomyocyte function through ROS neutralization (Munzel et al., 2017), chronically compromised mitochondrial bioenergetics in heart disease may shift the balance toward increased oxidation of the glutathione (GSH) redox potential (EGSH) (Bertero and Maack, 2018), especially since an increased energy demand during sustained β-adrenergic stimulation was proposed to weaken mitochondrial antioxidant defense (Bovo et al., 2015). Notably, increased mitochondrial EGSH oxidation itself is a quantitative live-cell indicator of a strongly increased ROS production, and hence may identify an early key disease process and mark the beginning of metabolic remodeling in the failing heart (Doenst et al., 2013).

Under physiological conditions of excitation-contraction (E-C) coupling, Ca2+ influx through voltage-gated L-type Ca2+ channels (CaV1.2) activates mass intracellular Ca2+ release via ryanodine receptor type 2 (RyR2) large-conductance channels in the sarcoplasmic reticulum (SR). This Ca2+-induced Ca2+ release increases the intracellular Ca2+ concentration throughout the myofilaments activating myocardial contraction (Bers, 2002), while it accounts for up to two-thirds of cardiac ATP consumption (Suga, 1990; Meyer et al., 1998). Vice versa, for cardiac relaxation intracellular Ca2+ is decreased mainly via the SR Ca2+-ATPase (SERCA2a) and extruded by electrogenic trans-sarcolemmal Na+/Ca2+ exchange (NCX). Hence, diastolic Ca2+ cycling accounts for an additional ∼30% of total energy consumption at baseline in healthy cardiomyocytes and in human heart tissue (Gibbs et al., 1988; Meyer et al., 1998).

Interestingly, pathophysiological changes in cytosolic Ca2+ cycling are widely accepted as a central cause of arrhythmias and contractile dysfunction in atrial and ventricular tissue (Bers, 2002; Alsina et al., 2019; Brandenburg et al., 2019; Dridi et al., 2020; Berisha et al., 2021; Boyman et al., 2021; Sadredini et al., 2021; Santulli et al., 2021). In this context, increased mitochondrial ROS generation can contribute to altered Ca2+ handling and vice versa, which may furthermore constitute a vicious cycle in cardiomyocytes (Zhou and Tian, 2018; Santulli et al., 2021). However, the quantitative and molecular mechanisms if and how acutely increased SR Ca2+ leak causes excess mitochondrial Ca2+ uptake and ROS generation have been and continue to be controversially discussed (Mallilankaraman et al., 2012; Antony et al., 2016; Kohlhaas et al., 2017; Wescott et al., 2019; Boyman et al., 2020; Rossini and Filadi, 2020; Boyman et al., 2021; Santulli et al., 2021). Nonetheless, the largest known ion channel, RyR2, contains a relatively high number of redox-reactive cysteine residues and hence provides an important molecular substrate for increased ROS generation in cardiomyocytes (Santulli and Marks, 2015). For instance, RyR2 is oxidized in atrial tissue in vivo in a genetic model of catecholaminergic polymorphic ventricular tachycardia (CPVT), RyR2-R2474S+/− knockin mice, with increased susceptibility for pacing-induced atrial fibrillation (Shan et al., 2012).

Interestingly, while CPVT has been initially characterized solely as an arrhythmogenic cardiomyopathy (Yano et al., 2009), subsequently seizures originating in the brain (Lehnart et al., 2008; Lieve et al., 2019) and glucose intolerance in the Langerhans cells of the pancreas have been demonstrated in humans and mouse models (Santulli and Marks, 2015; Santulli et al., 2015). Although the majority of biophysically investigated RyR2 missense mutations point to a gain-of-function defect following protein kinase A phosphorylation both at the recombinant and native single-channel level (Wehrens et al., 2003; Lehnart et al., 2004; Tester et al., 2007; Lehnart et al., 2008), the role of PKA-dependent RyR2 phosphorylation remains controversial (Leenhardt et al., 2012; Wleklinski et al., 2020) since, e.g., inhibition of cardiac CaMKII by gene therapeutically applied CaMKII inhibitory peptide, but not PKA inhibitory peptide, effectively suppressed ventricular arrhythmias in a murine and an iPSC-CM model of CPTV (Bezzerides et al., 2019). However, a general consensus exists that adult cardiomyocytes and intact hearts from knockin mice expressing different gain-of-function RyR2 mutations are susceptible for significantly increased diastolic Ca2+ leak and Ca2+ waves following β-adrenergic stimulation (Lehnart et al., 2008; Fernandez-Velasco et al., 2009; Liu et al., 2009; Uchinoumi et al., 2010; Leenhardt et al., 2012; Borile et al., 2021). Strikingly, consistent with the human phenotype of a normal left-ventricular structure and function at rest, morphological and contractile changes have been excluded in a distinct independent RyR2-R2474S knockin mouse with a clear β-adrenergic driven phenotype of Ca2+ triggered cardiac VT (Uchinoumi et al., 2010). Given that the altered SR Ca2+ leak/load balance needs to be acutely compensated at the cost of increased ATP consumption during catecholaminergic stimulation (Eisner et al., 2020), CPVT-affected hearts may face a challenging metabolic state during episodes of transient intracellular Ca2+ overload and β-adrenergic stimulation, which may lead to increased mitochondrial Ca2+ load with excessive ROS generation and contribute to electrical and contractile cardiomyocyte dysfunction (Bers, 2014; Wescott et al., 2019; Boyman et al., 2021).

In the failing heart, ROS signaling has been established as a central process of the organic disease progression (Heymes et al., 2003; Yano et al., 2005; Guo et al., 2007; Akki et al., 2009). Increasing evidence suggests that excessive ROS production can lead to chronic cardiac pathologies, such as apoptosis, fibrosis, and hypertrophy jointly promoting the maladaptive ventricular remodeling (von Harsdorf et al., 1999; Cucoranu et al., 2005; Takimoto et al., 2005; Hori and Nishida, 2009; Santulli et al., 2021). Recently, the mechanisms that temporally and spatially link excess ROS and Ca2+ as two principal detrimental factors have been addressed in the context of diabetic cardiomyopathy. Acute elevation of the extracellular glucose concentration induces cardiomyocyte ROS production through O-GlcNAcylation of CaMKIIδ and activation of NOX2 (NADPH oxidase type 2) resulting in increased ROS production in the cytosol but not in the mitochondria (Lu et al., 2020). On the other hand, RyR2-R2474S+/– knockin mice exhibiting catecholamine-induced intracellular Ca2+ leak subsequently revealed mitochondrial dysfunction, increased ROS production, increased atrial RyR2 channel oxidation, and arrhythmia susceptibility (Xie et al., 2015). Moreover, inhibitory pharmacological treatment selectively targeting the RyR2 Ca2+ leak or genetic inhibition of mitochondrial ROS production both prevented atrial fibrillation, indicating that RyR2 leakage and mitochondrial ROS generation may indeed constitute a self-enforcing subcellular cycle that can set off arrhythmias (Xie et al., 2015). However, the acute mechanism and hence direct but transient link of the catecholamine-stimulated RyR2-R2474S+/– Ca2+ leak on mitochondrial ROS production have not been investigated previously.

Novel transgenic reporter mouse lines expressing the Grx1-roGFP GSH redox biosensor in a cardiomyocyte-restricted manner targeted to either the cytoplasm or the mitochondrial matrix have been established previously (Swain et al., 2016). Thus, cardiomyocytes from Grx1-roGFP biosensor mice allow the direct live-cell monitoring of changes in compartmentalized - cytosolic vs. mitochondrial - EGSH (Swain et al., 2016), as demonstrated acutely in response to high extracellular glucose concentrations recently (Lu et al., 2020).

The objective of the present study is to investigate mitochondrial and cytosolic EGSH changes during pacing-controlled contractions in RyR2-R2474S cardiomyocytes and intact hearts in a knockin mouse model of CPVT. To investigate the interplay between acute catecholamine-stimulated increased SR Ca2+ leak and mitochondrial oxidation changes, we crossed the mitochondrial matrix-targeted Grx1-roGFP (mito-Grx1-roGFP) redox biosensor line with mitochondrial redox-competent C57BL/6N background RyR2-R2474S+/– knockin mouse strain by heterozygous breeding (Lehnart et al., 2008; Nickel et al., 2015; Swain et al., 2016). While double transgenic mito-Grx1-roGFP:RyR2-R2474S+/– (RyR2-R2474S dTG) cardiomyocytes showed a significant EGSH increase during pacing-evoked contractions following β-adrenergic stimulation compared to RyR2-WT control cardiomyocytes, ex vivo perfusion of isoproterenol-stimulated RyR2-R2474S dTG hearts significantly extended and confirmed the cellular findings. Importantly, acute treatment of RyR2-R2474S dTG-cardiomyocytes with the RyR channel blocker dantrolene diminished this EGSH increase.



MATERIALS AND METHODS


Double-Transgenic and Single-Transgenic Mouse Lines

All animal procedures were reviewed by the institutional animal care and use committee of the University Medical Center Göttingen and the veterinarian state authority (protocol T11/2; LAVES, Oldenburg, Germany) in line with Directive 2010/63/EU of the European Parliament. Isolated cardiomyocytes and hearts were harvested either from heterozygous RyR2-R2474S dTG or RyR2-WT control mice expressing the mitochondria-restricted EGSH biosensor in cardiomyocytes in the C57BL/6N background (Lehnart et al., 2008; Nickel et al., 2015; Swain et al., 2016). RyR2-WT control (mito-Grx1-roGFP2+/–:RyR2+/+) and RyR2-R2474S dTG (mito-Grx1-roGFP2+/–:RyR2R2474S/+) mice of either sex were humanely euthanized between 12 and 28 weeks age for heart extraction and/or ventricular cardiomyocyte isolation. In addition, cardiomyocytes isolated from single-transgenic (sTG) mouse hearts expressing the biosensor in the cytosol [cyto-Grx1-roGFP2+/–) were investigated following protocols reported previously (Swain et al., 2016)].



Redox Biosensor Measurements and EGSH Calculation in Isolated Cardiomyocytes

Ventricular cardiomyocytes were isolated and quality controlled as described previously (Wagner et al., 2014; Peper et al., 2021). Isolated cardiomyocyte suspensions were plated onto laminin-coated glass coverslips (Imaging Dish CG 1.0, Zellkontakt, Nörten-Hardenberg, Germany) at room temperature. Only quiescent brick-shaped cardiomyocytes with cross-striations visualized at high contrast (e.g. see brightfield image below) were used if they contracted regularly in capture to electrical field stimulation (EFS; 4 ms, ± 20 V biphasic, 0.5 Hz, Myopacer, IonOptix, Westwood, MA, United States). Pacing-responsive cardiomyocytes then underwent repeated EFS-trains for 10, 30, and 60 s at 0.1, 1, or 3 Hz, respectively, for up to 20 min (see Supplementary Figure 1). Isolated cardiomyocytes developing sustained spontaneous contractile activity with a frequency above >0.1 Hz after EFS-pacing or during live-cell imaging were excluded from further analysis.

Cardiomyocyte redox biosensor measurements were performed on an inverted epifluorescence microscope (Axiovert Observer, Zeiss, Oberkochen, Germany) equipped with a 40x oil objective (Fluar 40x/1.3, Zeiss, Oberkochen, Germany). The roGFP2 biosensor was excited at 405 and 488 nm using a monochromator with 5 nm bandwidth (Polychrome V, Till Photonics, Gräfelfing, Germany). The emitted light was detected above >530 nm (filter set #49002, Chroma, Olching Germany) and recorded with a CMOS camera (PrimE, Photometrics, Birmingham, United Kingdom). Biosensor signal changes are represented as intensity ratio obtained at 405/488 nm excitation. Images were acquired at 1 Hz and single-cell ROIs were analyzed offline after background subtraction using proprietary software (Visiview version 3.1, Visitron Systems, Puchheim, Germany).

Cardiomyocytes with baseline intensity ratios below 0.15 were paced in series at 0.1, 1, or 3 Hz, respectively, for 10, 30, and 60 s while the redox biosensor signal changes were continuously monitored (for a schematic of the experimental protocol, please refer to Supplementary Figure 1). The non-paced interval between each pacing train lasted 2–3 min to establish steady-state conditions. Only after the baseline redox biosensor signal has reached a stable baseline steady-state, the subsequent EFS pacing period was executed. H2O2 (200 μM) was applied at the end of each experiment to confirm the maximal exogenous increase in intensity ratio (positive control) to capture the maximally oxidized state of the redox biosensor. In some experiments, dithiothreitol (DTT, 1 mM) was applied additionally after H2O2 treatment to obtain the maximal decrease of the redox roGFP2 biosensor signal for calculation of the glutathione redox potential (EGSH). Isoproterenol (100 nM) and dantrolene (5 μM) were applied acutely for 10 min or incubated for 120 min as indicated, respectively, before the start of the biosensor imaging experiment. All experiments were performed in the HEPES-buffered bath solution (composition in mM: NaCl 140, KCl 5.4, MgCl2 1.2, CaCl2 1.2, Na2HPO4 0.3, HEPES 10, glucose 10; pH adjusted to 7.4 with NaOH).

EGSH (glutathione redox potential) calibration was performed by protocols reported previously (Gutscher et al., 2008; Swain et al., 2016). EGSH values were calculated by analysis of the fluorescence intensities at 405 and 488 nm after treatment with H2O2 (maximal oxidation) and DTT (maximal reduction). The redox potential E0′ for roGFP2 was estimated to −280 mV according to protocols published previously (Dooley et al., 2004).



Whole Heart Imaging

Hearts from mito-Grx1-roGFP2+/–:RyR2+/+ mice (WT control) and mito-Grx1-roGFP2+/–:RyR2R2474S/+ mice (dTG) were quickly extracted after cervical dislocation and immediately placed in ice-cold Dulbecco’s phosphate-buffered solution. Non-cardiac tissue was discarded, and the heart perfused via the aorta with Tyrode’s solution (containing in mM: 1.8 CaCl2, 140 NaCl, 5.4 KCl, 2 MgCl2, 10 Glucose, 10 HEPES; pH adjusted to 7.4 using NaOH, bubbled with 100% O2 at 37°C). A bipolar epicardial electrogram was obtained using a silver electrode in contact with the right atrium and a metal spoon at the heart’s apex. The signal was amplified (Animal Bio Amp FE136), recorded using PowerLab 16/35, and analyzed with LabChart 8.1.18 software, all ADinstruments, Oxford, United Kingdom. Hearts were placed in the optical path of a macroscope (MVX10, MVLPAPO1x, NA: 0.25, Olympus, Hamburg, Germany) connected through a light-guide (Ø 2 mm, NA 0.5) with a LEDHub (Omicron-Laser, Rodgau, Germany). Hearts from WT control and dTG mice showed spontaneous beating rates of 286 ± 30 (n = 4) and 217 ± 32 (n = 3) bpm under untreated conditions, respectively, which increased to 382 ± 38 (n = 4) and 322 ± 50 (n = 3) bpm after β-adrenergic stimulation, respectively.

Hearts expressing the roGFP2 sensor were excited using the 385 nm LED and 460 nm LED within the LEDHub and the bandpass filters 385/26 and 475/23 nm (AHF, Tübingen, Germany), respectively. The light was sent to the epicardial surface and the emitted light was captured by the camera using the filter set F46-002XL (AHF, Tübingen, Germany) without the excitation filter. Ratiometric images were acquired at a frame rate of 0.1 Hz using a custom-made software to synchronize both LEDs with the Zyla camera (Andor, Oxford Instruments, Oxford, United Kingdom) through NI 9263 CompactDAQ (National Instruments, Austin, TX, United States). Imaging and cardiac electrogram recording were performed during stable sinus rhythm and after isoproterenol stimulation (33 nM). At the end of each experiment, H2O2 (200 μM) was applied followed by DTT (4 mM) to calibrate and calculate EGSH.



Confocal Imaging of Cardiomyocytes

Cardiomyocyte endomembrane structures were stained using the lipophilic fluorescent dye di-8-ANEPPS (50 μM, Molecular Probes, Eugene, OR, United States) for 15 min at room temperature followed by two washing steps with buffer solution as reported previously (Wagner et al., 2014). Images were acquired with a confocal laser scanning microscope (LSM710, Carl Zeiss, Oberkochen, Germany) with a Plan-Apochromat × 63/1.4 oil Ph3 objective using 16x line averaging. For combined imaging of roGFP2 expressed in the mitochondrial matrix, the fluorescence excited at 490 nm was detected between 500 and 550 nm, and for di-8-ANEPPS, the fluorescence excited at 480 nm was detected between 550 and 650 nm. Pinhole was set to 0.8 AU.



Chemicals

All chemicals were obtained from Sigma-Aldrich (Merck KgaA, Germany) unless otherwise indicated.



Data Analysis

Data are reported as intensity ratio (I405/I488 in isolated cardiomyocytes and I385/I475 in whole hearts) or as ratio normalized to the baseline obtained at the start of each recording. Data analysis was performed with Prism 7 (GraphPad Software, San Diego, CA, United States). All data sets have passed a normality test (Kolmogorov-Smirnov). Statistical analysis between RyR2-WT control vs. RyR2-R2474S dTG cardiomyocytes was performed using paired or unpaired ANOVA with Dunnett’s or Tukey’s post-test as appropriate.




RESULTS


Baseline Mitochondrial Oxidation at Higher Beating Rates in sTG-Cardiomyocytes

Changes of the biosensor signal were initially characterized at increasing durations of pacing-evoked contractions in cardiomyocytes from sTG-mice expressing the redox reporter Grx1-roGFP2 targeted to either the mitochondrial matrix or the cytosol to confirm the imaging workflow as reported previously (Swain et al., 2016; Lu et al., 2020). Mito-Grx1-roGFP2 cardiomyocytes exhibited an apparent increase of the redox I405/I488 ratio after pacing when compared to non-paced cells which was further increased by elongating the 3 Hz EFS-trains (Figure 1A). On average, 10 s of 3 Hz pacing with optically confirmed contractile pacing-capture was already sufficient to significantly increase mitochondrial oxidization (Figure 1B). Moreover, mitochondrial oxidation was further significantly increased by longer pacing durations both 30 and 60 s, while H2O2 (200 μM) treatment confirmed the maximal level of the biosensor response (Figure 1B). Likewise, 10 s of 1 Hz pacing considerably increased mitochondrial oxidation which was further enhanced by longer pacing intervals of 30 and 60 s (Figures 2A,B). Of note, the original recording shows that the increase in the redox I405/I488 ratio after 30 s pacing at 1 Hz returned slowly to baseline over several minutes time indicating that the effect of pacing on the biosensor signal is reversible (Figure 2A). In summary, mitochondrial oxidation was significantly increased by pacing at 3 Hz compared to 0.1 Hz beating trains for 10, 30, and 60 s (Figure 1C).
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FIGURE 1. Baseline mitochondrial oxidation at higher beating rates in sTG-cardiomyocytes. (A) Representative time course of the redox biosensor I405/I488 nm ratio following repeated EFS-evoked 3 Hz beating trains (top) compared to the absence of EFS-pacing in WT control cardiomyocytes (bottom). Black bars indicate the start and end of each beating interval lasting 10, 30, and 60 s as summarized by the graphical protocol in Supplementary Figure 1. H2O2 (200 μM) was added at the end of each experiment to obtain the maximal level of mitochondrial oxidation. Of note, vertical “noise” may originate from aberrant cardiomyocyte contractions. (B) Dot plot showing the I405/I488 nm ratio of individual cells and mean values ± SEM. Measurements were obtained under baseline conditions and following EFS-pacing at 3 Hz for the indicated beating durations. Cell/heart numbers are indicated. Paired one-way ANOVA with Dunnett’s post-test. **#P = 0.006; **P = 0.002; ***P < 0.001. (C) Dot plot summarizing individual and mean ± SEM 405/488 nm normalized ratio values recorded at the indicated beating rates and train durations. Ratio values were normalized to baseline at the start of each experiment. Cell/heart numbers are indicated. Unpaired one-way ANOVA with Tukey’s post-test. *P = 0.01; *#P = 0.02; **P = 0.007.
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FIGURE 2. Mitochondrial oxidation following prolonged 1 Hz beating in sTG-cardiomyocytes. (A) Representative time course of the redox biosensor I405/I488 nm ratio with pacing-evoked 1 Hz beating trains in a mito-Grx1-roGFP2 cardiomyocyte. Black bars indicate the start and end of each beating interval lasting 10, 30, and 60 s, respectively. H2O2 (200 μM) was added at the end of the experiment as indicated to confirm the maximal level of mitochondrial oxidation. The interval between 900 and 1,300 s was condensed to show the reversible signal changes after 30 s pacing. (B) Dot-bar plot showing the I405/I488 nm ratio of the individual cardiomyocytes and mean values ± SEM. Measurements were obtained under baseline conditions and following EFS-pacing at 1 Hz for the indicated beating durations. Cell/heart numbers are indicated. Paired one-way ANOVA with Dunnett’s post-test. **P = 0.007; ***P < 0.001.


In contrast, the cytosolic biosensor signals in cyto-Grx1-roGFP2 transgenic cardiomyocytes showed only non-significant smaller oxidation increases at 1 or 3 Hz beating, except when the 3 Hz beating rate lasted 60 s, while H2O2 confirmed the maximal expected response (Figure 3). Taken together, these data indicate that a stronger increase of the beating rate (e.g., from 0.1 to 1 and 3 Hz) leads to significantly increased oxidization of the mitochondrial GSH pool in a time-dependent manner (e.g., from 10 to 30 and 60 s), whereas a significant cytosolic oxidation increase was only observed after the longest (60 s long) 3 Hz beating rate.
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FIGURE 3. Effect of contractile activity induced by electrical field stimulation (EFS) on the redox sensor signal in cardiomyocytes from cytosolic Grx1-roGFP2+/– mice. (A) Representative time course of the redox signal (ratio I405/I488) with contractile activity by EFS at 1 Hz (above) and 3 Hz (below). Marks indicate the start and stop of the stimulation interval which lasted 10, 30, and 60 s, respectively. H2O2 (200 μM) was added at the end of each experiment to obtain the maximal oxidized value. Up and down reflections of the signal represent low-frequency (<0.1 Hz) contractions of the myocyte. (B) Mean values ± SEM of ratio values obtained in cardiomyocytes under control conditions and after EFS at 1 Hz with a 10, 30, and 60 s duration. The signal values of each cardiomyocyte were obtained under control conditions and after the respective pacing. We used 11 cells from four mice as indicated. Statistical analysis was performed by paired one-way ANOVA with Dunnett’s post-test. n.s., non-significant. (C) Mean values ± SEM of ratio values obtained in cardiomyocytes under control conditions and after EFS at 3 Hz with a 10, 30, and 60 s duration. We used 16 cells from four mice as indicated. Statistical analysis was performed by paired one-way ANOVA with Dunnett’s post-test. **P = 0.008; n.s., non-significant.




Preserved Transverse Tubule and Mitochondrial Network Interface in sTG-Cardiomyocytes

Accounting for ∼30% of the cell volume of adult cardiomyocytes, it is anticipated that the regular subcellular inter-sarcomeric mitochondrial distribution is highly ordered between and along the myofilaments, as well as precisely juxtaposed by the junctional SR and transverse tubule (T-tubule) membrane invaginations at both mitochondria poles, where discontinuous T-tubule/SR contacts function as Ca2+ release sites containing highly concentrated CaV1.2 channels opposed to RyR2 clusters in nanometric proximity (recently reviewed in Rossini and Filadi, 2020). Whereas live-cell confocal mito-roGFP2 imaging showed the expected preserved inter-sarcomeric mitochondrial density apparent as mature longitudinal chain architecture, the transverse-axial-tubule network furthermore revealed the expected invagination network components mainly composed of T-tubules (Figure 4) as reported previously in living mouse cardiomyocytes (Wagner et al., 2012). Apparently, the high T-tubule density regularly intersects the longitudinal mitochondria strands perpendicularly in register (Figure 4 overlay magnification). These live-cell data indicate that the transgenic mito-roGFP2 expression did not affect the mechano-sensitive electrical conduction conduits in cardiomyocytes, which is an important prerequisite for a preserved excitation-bioenergetic coupling of the mitochondrial matrix reported recently (Wescott et al., 2019; Boyman et al., 2020; Boyman et al., 2021).
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FIGURE 4. Preserved transverse (T-)tubule and mitochondrial network interfaces in sTG-cardiomyocytes. Confocal live-cell images showing a representative ventricular cardiomyocyte expressing mitochondrial Grx1-roGFP2 after staining with the membrane dye di-8-ANEPPS. Left (from top to bottom): (i) roGFP2 auto-fluorescent signals (green LUT) demonstrating the longitudinal chain pattern typical for inter-sarcomeric mitochondria. (ii) di-8-ANEPPS membrane signal (red LUT) confirming a preserved, regular TAT membrane network mainly composed of T-tubule components. (iii) Overlay of the Grx1-roGFP2 and TAT membrane network signals showing a preserved gap-arrangement and confirming network interfaces of T-tubules and mitochondrial membranes. (iv) Cell quality and membrane integrity was confirmed by transmission scanning microscopy with differential interference contrast detecting regular transverse striations and sharp brick-shaped cell edges. Scale bar 10 μm. Right (from top to bottom): zoom-in magnifications (i–iii) visualize the distinct mitochondrial and T-tubule compartments and interfaces. Scale bar 2 μm.




Increased Mitochondrial Oxidation in RyR2-R2474S dTG-Cardiomyocytes

Next we extended the post-pacing mitochondrial EGSH imaging to dTG-cardiomyocytes from mouse hearts additionally expressing the heterozygous RyR2-R2474S mutated tetrameric Ca2+ release channels vs. RyR2-WT control cells. Apparently, relatively large changes in mitochondrial oxidation were readily evidenced in RyR2-R2474S dTG-cardiomyocytes compared to RyR2-WT control (Figure 5A) particularly following 30 and 60 s of 1 Hz (Figure 5B) and 3 Hz pacing-evoked beating (Figure 5C). Together these data suggest that mitochondrial oxidization is significantly increased in heterozygous RyR2-R2474S dTG-cardiomyocytes by the identical 1 and 3 Hz beating rate pacing-trains compared to RyR2-WT control cells.
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FIGURE 5. Increased mitochondrial oxidation in RyR2-WT vs. RyR2-R2474S dTG-cardiomyocytes following different beating rates. (A) Representative time course of the I405/I488 nm ratio following 3 Hz beating of RyR2-WT control (top) and RyR2-R2474S (bottom) dTG-cardiomyocytes. Black bars indicate the start and end of each beating interval lasting 10, 30, and 60 s. H2O2 (200 μM) was added at the end of each experiment to obtain the maximal oxidized value. (B,C) Dot plots showing individual and mean ± SEM normalized I405/I488 nm ratio values for the indicated durations either at the 1 Hz (B) or 3 Hz (C) beating rate. The fluorescent signal values of each cardiomyocyte were obtained under baseline conditions and after the indicated beating trains each lasting 10 s, 30 s or 60 s. Cell/heart numbers are indicated. Unpaired one-way ANOVA with Tukey’s post-test. ***P = 0.001; *P = 0.03; n.s., non-significant.




β-Adrenergic Stimulation Exacerbates Mitochondrial Oxidization in RyR2-R2474S dTG-Cardiomyocytes

An increased sympathetic tone, exercise, and an increased heart rate provoke the characteristic cardiac CPVT phenotype leading to VT episodes in humans (Lehnart et al., 2004; Danielsen et al., 2018; Baltogiannis et al., 2019). Consequently, isolated cardiomyocytes were exposed to selective β-adrenergic stimulation (isoproterenol 100 nM) and pacing (Figure 6A). First, mitochondrial oxidation was significantly increased by isoproterenol-stimulation in WT control (Figure 6B) and RyR2-R2474S dTG-cardiomyocytes (Figure 6C) when compared to the untreated control cardiomyocytes, respectively. Notably, the isoproterenol-stimulation robustly increased mitochondrial oxidation already at post-30 s beating at 3 Hz in RyR2-R2474S dTG-cardiomyocytes compared to control (Figure 6C). Second, isoproterenol-treatment increased mitochondrial oxidation to a significantly larger extent in RyR2-R2474S dTG-cardiomyocytes compared to RyR2-WT control cells at the 3 Hz beating rate both after 30 and 60 s (Figure 7A) and even already at the lower 1 Hz beating rate after 60 s (Figure 7B). Third, mathematical quantification of the EGSH revealed a significant depolarization/oxidation of over 10 mV following isoproterenol-treatment in RyR2-R2474S dTG-cardiomyocytes and a similarly increased oxidation at baseline and isoproterenol-stimulated between RyR2-R2474S dTG-cardiomyocytes and RyR2-WT control cells (Figure 8). Baseline EGSH was not different between RyR2-WT control and RyR2-R2474S dTG-cardiomyocytes. Mean calculated EGSH values ± SEM (in mV) were −290.9 ± 2.2 (n = 8) and −288.8 ± 3.4 (n = 9), respectively. As the level of mitochondrial oxidation was overall robustly increased after isoproterenol-stimulation when compared to non-treated control RyR2-R2474S dTG-cardiomyocytes (Figure 7), β-adrenergic stimulation clearly exacerbated the mitochondrial glutathione oxidization.
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FIGURE 6. Increased mitochondrial oxidation in WT control and RyR2-R2474S dTG-cardiomyocytes following β-adrenergic stimulation and 3 Hz beating. (A) Representative time course of the I405/I488 nm ratio of RyR2-WT control (top) and RyR2-R2474S dTG (bottom)-cardiomyocytes upon/during isoproterenol (100 nM) stimulation. Black bar pairs indicate the start and stop of the pacing lasting 10, 30, or 60 s. H2O2 (200 μM) was added at the end of each experiment to obtain the maximal oxidized value. (B) Dot blot showing individual and mean values ± SEM of normalized ratio values obtained after EFS at 3 Hz with a 10, 30, and 60 s duration in the absence (open squares) or presence of isoproterenol (100 nM, closed squares) in cardiomyocytes from WT control mice. Numbers indicate the number of cells/number of mice used. Statistical analysis was performed by unpaired one-way ANOVA with Tukey’s post-test. **P < 0.009; n.s., non-significant. (C) Dot plot summarizing the individual and mean ± SEM values of the normalized 405/488 nm ratio obtained following 3 Hz beating for 10, 30, and 60 s in the absence (open squares) and presence of isoproterenol (100 nM, closed squares) in RyR2-R2474S dTG-cardiomyocytes. Cell/heart numbers are indicated. Unpaired one-way ANOVA with Tukey’s post-test. ***P < 0.001; *p = 0.03; n.s., non-significant.
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FIGURE 7. Comparison of the increased mitochondrial oxidation in RyR2-WT control vs. RyR2-R2474S dTG-cardiomyocytes following β-adrenergic stimulation. (A) Dot plot showing the individual and mean values ± SEM of the normalized I405/I488 nm ratio values after 3 Hz beating for 10, 30, and 60 s in the presence of isoproterenol (100 nM). Open circles and closed squares reflect the values of the single experiments from RyR2-WT control and Ryr2-R2474S dTG mice, respectively. Cell/heart numbers are indicated. Unpaired one-way ANOVA with Tukey’s post-test. ***P < 0.001; *P = 0.04; (B) Dot blot showing individual and mean values ± SEM of normalized ratio values obtained after EFS at 1 Hz with a 10, 30, and 60 s duration in the presence of isoproterenol (100 nM). Open circles and closed squares reflect the values of the single experiments from RyR2-WT control and Ryr2-R2474S dTG mice, respectively. Numbers indicate the number of cells/number of mice used. Statistical analysis was performed by unpaired one-way ANOVA with Tukey’s post-test. *P < 0.02; n.s., non-significant.
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FIGURE 8. Glutathione redox potentials (EGSH) in cardiomyocytes from RyR2-WT control and RyR2-R2474S dTG mice. (A) Representative trace of the emitted fluorescent intensity signals at 405 and 488 nm excitation in a cardiomyocyte from a RyR2-R2474S dTG mouse (above) and a WT control mouse (below) in the presence of isoproterenol (100 nM). Bars indicate the start and stop of contractile activity induced by EFS at 3 Hz. H2O2 (200 μM) followed by DTT (1 mM) were applied at the end of the experiment to obtain the maximal and minimal signal values, respectively. (B) Calculated EGSH before and after contractile activity induced by EFS-pacing (3 Hz, 60 s, time point at 600 s) in the presence of isoproterenol (100 nM) in cardiomyocytes from RyR2-WT control and RyR2-R2474S dTG mice. Numbers indicate the number of cells used (five cells from two mice, each). Statistical analysis was performed by a paired (control vs. isoproterenol) or unpaired (RyR2-WT control vs. RyR2-R2474S dTG) Student’s t-test. **P = 0.001; *P = 0.02; *#P = 0.01; n.s., non-significant.




Isoproterenol Strongly Increases Mitochondrial Oxidation in Intact RyR2-R2474S dTG-Hearts

To monitor mitochondrial oxidation in the intact beating heart, RyR2-WT control and RyR2-R2474S dTG-hearts were Langendorff-perfused and the ventricular left and right epicardial surface imaged with simultaneous surface field-electrogram rhythm recordings. While color-coded mapping of the RyR2-WT dTG-heart apparently captured no major ventricular mitochondrial EGSH change following acute β-adrenergic stimulation by isoproterenol (33 nM) in RyR2-WT control hearts (Figure 9B), a robust mitochondrial oxidation increase was evident in the beating RyR2-R2474S dTG-heart (Figure 9A). Meanwhile, both genetic heart groups showed the expected maximally increased oxidation by H2O2 vs. a maximally decreased oxidation after adding DTT (Figures 9A–C).
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FIGURE 9. β-adrenergic stimulation induces mitochondrial oxidation in intact RyR2-R2474S hearts. (A,B) Color-coded I385/I470 nm ratio comparing a representative RyR2-R2474S dTG-heart (A) and a RyR2-WT heart (B). From left to right: (i) baseline control, (ii) following isoproterenol (33 nM) stimulation, (iii) treatment with H2O2 (200 μM) and iv) DTT (4 mM) (scale bar, 2.5 mm). (C) Representative time course of the normalized I385/I475 nm ratio comparing RyR2-WT and RyR2-R2474S dTG-hearts. Black lines indicate each perfusion with 33 nM isoproterenol, 200 μM H2O2, and 4 mM DTT. The baseline heart rate for RyR2-WT and RyR2-R2474S was 340 bpm and 275 bpm, respectively. In-between, we performed electrical pacing with 600 bpm and 900 bpm (red lines). Red arrows refer to time points for representative images shown in (A,B). (D) Paired dot-line plot showing EGSH calculated before and after application of isoproterenol each for RyR2-WT and RyR2-R2474S dTG-hearts. Each dot represents one heart/experiment. Paired Student’s t-test; *P = 0.013; n.s., non-significant.


Comparing the isoproterenol-stimulated EGSH changes confirmed a significant mitochondrial oxidation increase in RyR2-R2474S dTG-hearts, which was, however, not observed in RyR2-WT ventricles (Figure 9D). Together, these results significantly extend and further confirm the findings mainly documented in isolated RyR2-R2474S dTG-cardiomyocytes, underlining a significantly more oxidized mitochondrial state in beating dTG-hearts following β-adrenergic stimulation evidenced by the pronounced changes of the redox signal I385/I475 ratio monitoring acute EGSH tissue changes.



Dantrolene Prevents Mitochondrial Oxidation in RyR2-R2474S dTG-Cardiomyocytes

Dantrolene is used clinically as acute RyR1 channel blocker targeted to skeletal muscles and other tissues as emergency intervention to treat patients who develop life-threatening malignant hyperthermia episodes induced by certain anesthetic drug compounds during surgical interventions. Recent studies demonstrated that dantrolene may also cause beneficial antagonistic effects against the chronic cardiac RyR2 channel Ca2+ leak in human diseased cardiomyocytes isolated from failing hearts (Hartmann et al., 2017). Therefore, the acute potential of the large-conductance channel-inhibitory efficacy of dantrolene against mitochondrial oxidation was investigated in RyR2-R2474S dTG-cardiomyocytes following β-adrenergic stimulation (isoproterenol 100 nM). Strikingly, dantrolene pre-treatment (5 μM for 2 h) significantly decreased the large mitochondrial oxidation after 3 Hz 60 s-beating and non-significantly after 3 Hz 30 s-pacing (Figure 10). In summary, these data suggest that a pathologically increased mitochondrial oxidation in isoproterenol-stimulated RyR2-R2474S cardiomyocytes can be partly prevented by pharmacological dantrolene treatment.
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FIGURE 10. Dantrolene diminishes mitochondrial oxidation in β-adrenergic stimulated RyR2-R2474S dTG cardiomyocytes. Dot plot showing the individual and mean ± SEM values of the normalized I405/I488 nm ratio recorded after 3 Hz beating for 10, 30, and 60 s in the presence of isoproterenol (100 nM) either with or without dantrolene pre-treatment (5 μM for 2 h). Triangles and squares represent individual experiments ± dantrolene as given by the legend. Cell/heart numbers are indicated. Unpaired one-way ANOVA with Tukey’s post-test. ***P < 0.0002; n.s., non-significant.





DISCUSSION

This work has examined how mitochondrial EGSH oxidation is increased by essential factors in cardiomyocytes with important physiological and pathophysiological consequences that converge at the dynamic interface between RyR2 channel function, sympathetic catecholaminergic stimulation, and contractile activity. Overall, we find that a significant increase following β-adrenergic stimulation significantly changes mitochondrial EGSH in dTG-cardiomyocytes and hearts, which was further dependent on both the presence of the RyR2-R2474S missense mutation and faster beating rates. Importantly, dantrolene treatment of RyR2-R2474S dTG-cardiomyocytes results in a pronounced reduction of this increased mitochondrial oxidation. We discuss our findings on these interrelated RyR2-R2474S regulatory and EGSH driven mitochondrial mechanisms in the context of previously published reports.

Recent quantitative imaging studies established that an increase of mitochondrial Ca2+ uptake was necessary to drive inner mitochondrial membrane depolarization and enhanced ATP synthesis in a heart-specific and previously unknown voltage-dependent fashion (Wescott et al., 2019; Boyman et al., 2020; Boyman et al., 2021). This contrasts with heart disease where alterations of mitochondrial EGSH may profoundly shift organelle metabolism and thus cardiac bioenergetics (Bertero and Maack, 2018). Beyond bioenergetics, increased mitochondrial EGSH oxidation revealed a strongly increased ROS production, which might be of immediate relevance for heart disease progression and metabolic remodeling (Doenst et al., 2013). In analogy, increased mitochondrial oxidation and EGSH depolarization in RyR2-R2474S cardiomyocytes and hearts indicate a strongly boosted ROS generation during faster beating rates concurrent with β-adrenergic stimulation.

Interestingly, increased SR Ca2+ leak and mitochondrial dysfunction have been demonstrated to enhance ROS production in heart disease previously (Zhou and Tian, 2018; Santulli et al., 2021). Remarkably, mitochondrial ROS scavenging attenuated the effects of augmented RyR2 activity leading to proarrhythmic Ca2+ waves in Calsequestrin2-null mice serving as a model for CPVT (Hamilton et al., 2020). In line with this view, ROS scavenging by mito-TEMPO was shown to reduce the number of Ca2+ waves also in cardiomyocytes from rabbit hearts (Bovo et al., 2012; Cooper et al., 2013). As isoproterenol-stimulated RyR2-R2474S cardiomyocytes exhibit an over threefold increased Ca2+ spark frequency that additionally sustains regenerative intracellular Ca2+ waves, here the observed robust increase in mitochondrial oxidation will depend both on acute catecholamine stimulation and the beating rate-dependent extent and complex spatiotemporal dynamics of the cell-wide diastolic Ca2+ leak reported previously (Lehnart et al., 2008; Xie et al., 2015; Sadredini et al., 2021). However, even under physiological conditions, an increased mitochondrial oxidation was evidenced at higher beating rates in sTG-cardiomyocytes albeit much more pronounced in RyR2-R2474S dTG-cardiomyocytes. For the latter, the faster beating rate clearly led to mitochondrial EGSH oxidation and this was most strongly increased after β-adrenergic stimulation.

Tight control of nanomolar diastolic Ca2+ levels is essential for normal cardiac function depending on the precise balance between cytosolic Ca2+ influx and efflux (Eisner et al., 2020). If the local control mechanisms become compromised, cardiomyocytes will develop arrhythmia and hypercontraction from cytosolic Ca2+ overload. This balance is disturbed when the diastolic Ca2+ spark frequency is significantly increased, a phenomenon linked molecularly to RyR2 channel gain-of-function defects (Cheng and Lederer, 2008; Bers, 2014). Interestingly, more than a dozen RyR2 mutations originally identified in CPVT patients have been shown to increase Ca2+ leak (Jiang et al., 2002; Wehrens et al., 2003; Lehnart et al., 2004; Kontula et al., 2005; Tester et al., 2007; Lehnart et al., 2008; Marjamaa et al., 2011; Shan et al., 2012). However, only two knockin models were confirmed to exhibit exercise-triggered VTs, RyR2-R2474S+/– (Lehnart et al., 2008) and RyR2-R4496C+/– (Priori and Napolitano, 2005; Liu et al., 2006), and are hence reminiscent of the human arrhythmia phenotype diagnosed by exercise stress testing. In line with the in vivo pathology, RyR2-R2474S+/– cardiomyocytes exhibited an overall normal diastolic Ca2+ spark behavior at rest, but a strong spark frequency increase occurred after isoproterenol treatment (Lehnart et al., 2008). In this context, increased diastolic Ca2+ extrusion mainly by SERCA2a and NCX will necessarily consume additional ATP at rest at the cost of concomitantly increased ROS generation (Bers, 2002, 2014). Thus, our data further link increased catecholaminergic RyR2 channel dysfunction in a murine CPVT model to acute mitochondrial oxidation.

In the present study, we monitored the effect of increased contractile activity on EGSH in the mitochondrial matrix, while the former process has been long known to correlate with mitochondrial metabolic activity and ROS generation (Gudbjarnason et al., 1962). Since a similar extent of EGSH change was excluded in the cytoplasm, NOX2 seems unlikely as ROS source here (Santos et al., 2011). In another context, high extracellular glucose concentrations increased EGSH in the cytosol through NOX2 but not in the mitochondrial matrix (Lu et al., 2020). In contrast, we found that mitochondrial oxidization depended on the duration and frequency of dTG-cardiomyocyte beating. This finding is in line with reported changes of NADH in response to a stepwise increase of the beating frequency from 0.1 to 3.3 Hz in guinea-pig cardiomyocytes (Jo et al., 2006). As the increase in the mitochondrial EGSH following beating was observed both in RyR2-WT and RyR2-R2474S dTG-cardiomyocytes, a relation with increased SR Ca2+ leak seems plausible after pacing-evoked contractile activity reported previously (Satoh et al., 1997). Finally, blocking RyR2 Ca2+ leak with dantrolene diminished EGSH oxidation as hypothesized previously (Hartmann et al., 2017).

A recent study demonstrated that Ca2+ leak increased mitochondrial ROS production in cultured WT rat cardiomyocytes transfected for 48 h with the OMM-HyPer mito-ROS biosensor (Hamilton et al., 2020). An increased ROS production has also been demonstrated during increased beating in healthy cardiomyocytes with the fluorescent probe dichlorodihydrofluorescein, which is confirmed by our sTG-cardiomyocyte data (Heinzel et al., 2006). In rat trabeculae, NADH oxidation was observed at 0.25–2 Hz after 60 s with pronounced ATP hydrolysis (Brandes and Bers, 2002). A similar time frame in response to contractile activity was observed in the present study, where the maximal change of the biosensor signal occurred within 2–3 min after beating. This further agrees with the reported change of the redox signal observed in cardiomyocytes in the same biosensor cardiomyocytes after a high glucose or pH challenge (Lu et al., 2020; Kreitmeier et al., 2021). Since the observed redox changes occurred only after completion of the given beating period, it is suggested to correlate further with the aftercontraction related metabolic activity observed frequently in isoproterenol-stimulated RyR2-R2474S dTG-cardiomyocytes.

Importantly, our report provides the first evidence that EGSH changes happen under quasi physiological conditions in the intact beating heart as well. Using the genetically encoded reporter targeted to mitochondria allowed to monitor the average EGSH from the whole ventricular, anterior heart surface (Supplementary Videos 1, 2) and to perform a ratiometric imaging excluding any major interference due to cardiac contractions. In comparison to the first description of the glutathione redox sensor mouse lines, we were able to increase the ratio differences from maximal oxidization to reduction to comparable signal-to-noise values to single-cell measurements (see Figures 5, 9). This increase in signal amplitude was the key for the detection of the comparable relatively small steps in oxidization during β-adrenergic stimulation, which we could only detect in the intact hearts of dTG mice expressing the RyR2-R2474S mutated channels. However, in contrast to isolated cardiomyocytes, we could not detect a change in oxidation by additional faster pacing in the spontaneously beating Langendorff hearts. One possible explanation may be that these changes are in comparison subtle and thus still not detectable in this setting. The other is that we focused on the effects of isoproterenol and such changes would occur only after prolonged phases of pacing which we could not implement in these experiments.

In summary, we have shown that contractile activity induced by EFS-pacing in isolated cardiomyocytes increased the mitochondrial EGSH to more oxidized levels in a time- and frequency-dependent manner. The increase was most pronounced after β-adrenergic stimulation and in cardiomyocytes expressing the human RyR2-R2474S mutated tetrameric channel. The catecholaminergic EGSH increase, however, was significantly attenuated by the pharmacological RyR2 channel antagonist dantrolene. Likewise, we observe a larger increase in the mitochondrial EGSH toward more oxidized levels in spontaneously beating hearts expressing the RyR2-R2474S mutated channels after β-adrenergic stimulation as compared to control hearts. Hence, we suggest that the RyR2-R2474S mutation induces a metabolic burden in cardiomyocytes through excess ROS generation, especially after β-adrenergic stimulation, tipping the balance from a compensated to a high energetic cost and acutely increased diastolic Ca2+ leak, a multifactorial process, which may acutely contribute to the development of the arrhythmogenic CPVT phenotype as proposed for calsequestrin2-null mice previously (Hamilton et al., 2020).
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Supplementary Video 2 | Color coded I385/I475 nm ratio comparing representative RyR2-R2474S dTG-hearts. Showing the ratio images during baseline control, isoproterenol (33 nM) stimulation, treatment with H2O2 (200 μM), and DTT (4 mM). Scale bar = 5 mm.
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G-protein signaling pathways are central in the regulation of cardiac function in physiological and pathophysiological conditions. Their functional analysis through optogenetic techniques with selective expression of opsin proteins and activation by specific wavelengths allows high spatial and temporal precision. Here, we present the application of long wavelength-sensitive cone opsin (LWO) in cardiomyocytes for activation of the Gi signaling pathway by red light. Murine embryonic stem (ES) cells expressing LWO were generated and differentiated into beating cardiomyocytes in embryoid bodies (EBs). Illumination with red light (625 nm) led to an instantaneous decrease up to complete inhibition (84–99% effectivity) of spontaneous beating, but had no effect on control EBs. By using increasing light intensities with 10 s pulses, we determined a half maximal effective light intensity of 2.4 μW/mm2 and a maximum effect at 100 μW/mm2. Pre-incubation of LWO EBs with pertussis toxin completely inhibited the light effect proving the specificity for Gi signaling. Frequency reduction was mainly due to the activation of GIRK channels because the specific channel blocker tertiapin reduced the light effect by ~80%. Compared with pharmacological stimulation of M2 receptors with carbachol with slow kinetics (>30 s), illumination of LWO had an identical efficacy, but much faster kinetics (<1 s) in the activation and deactivation demonstrating the temporal advantage of optogenetic stimulation. Thus, LWO is an effective optogenetic tool for selective stimulation of the Gi signaling cascade in cardiomyocytes with red light, providing high temporal precision.
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INTRODUCTION

G-Protein-coupled receptors (GPCR) play a pivotal role in regulating cardiac function. The counteracting effects of Gs and Gi proteins are fundamental for the heart rate regulation, contractility, neurohormonal control of circulatory system, and in pathophysiological conditions (Capote et al., 2015). As an antagonist of Gs-pathway, the Gi-pathway inhibits the adenylate cyclase, decreasing intracellular cAMP level, diminishing protein kinase A (PKA) activity, and thus, reducing L-type Ca2+ currents. In atrial myocytes and cells of the sinus node and AV node, acetylcholine opens a type of inwardly rectifying potassium channel (IK,ACh/GIRK) through direct effects of the Gi βγ subunit (Krapivinsky et al., 1995; Ivanova-Nikolova et al., 1998). This results in hyperpolarization, slowing of heart rate, prolongation of AV-node conduction, and shortening of the action potential duration in atrial cardiomyocytes (Belardinelli and Isenberg, 1983). Some Gi coupled receptors, such as adenosine-A1, are cardioprotective (Hutchinson and Scammells, 2004) and reduce the risk of cardiac arrhythmia, moreover Gi-coupled α2 receptors exert an important sympatho-inhibitory function (Xiang and Kobilka, 2003).

Optogenetics is a photostimulation technique which selectively activates opsin proteins by specific wavelengths and the use of light has a much higher spatial and temporal precision than application and diffusion of receptor agonists (Beiert et al., 2014; Guru et al., 2015; Makowka et al., 2019). For instance, the blue light-sensitive receptor Jellyfish Opsin has been used for selective activation of Gs signaling cascade in cardiomyocytes and the heart with high spatial and temporal precision (Makowka et al., 2019), but direct control of the Gi/o signaling cascade in cardiomyocytes with light has not been shown yet.

Short- and long-wavelength-sensitive opsins (LWO) have been used before for control of neuronal Gi/o signaling pathways (Masseck et al., 2014) and LWO has been shown to activate rather Gi/t than Go signaling (Ballister et al., 2018). Thus, the aim of this study was to use the red light-activated LWO to stimulate Gi signaling pathways in cardiomyocytes.



METHODS


Vector Construction and Transfection of Embryonic Stem (ES) Cells

An LWO-enhanced yellow fluorescent protein (eYFP) plasmid was generated for the expression of LWO (human long-wavelength-sensitive opsin 1, NP_064445.1) c-terminally fused with eYFP using codon optimized synthesized DNA (GeneArt, Life Technologies, Germany) excised with SpeI und MluI and subcloned into a backbone vector with the chicken β-actin promoter (CAG) described before (Beiert et al., 2014). In this study, 40 μg of DNA was linearized with Bgl II and electroporated into 4 × 106 mouse embryonic stem (ES) cells (D3 line) with a single electrical pulse (250 V, 750 μF, 0.4 cm electrode gap, BioRad Gene Pulser, CA, USA). The electroporated cells were plated and 400 μg/ml neomycin was added for selection 24 h after transfection. The eYFP positive clones were picked and cultured separately. Two positive clones were chosen, because of their specific eYFP expression in cardiomyocytes and stable light reaction. As a control group, we used the D3 ES cells with stable expression of the enhanced green fluorescent protein (eGFP) under the control of the CAG promoter as reported before (Beiert et al., 2014).



ES Cell Culture and Differentiation

Embryonic stem cells were cultured and differentiated within embryoid bodies (EBs) using the hanging drop method as previously described (Bruegmann et al., 2010; Beiert et al., 2014). For differentiation, we used Iscove's Modified Eagle's Medium (Invitrogen, MA, USA) supplemented with 20% fetal calf serrum (FCS) (Pan-Biotech, Germany), 0.1 mM non-essential amino acids (Invitrogen), 100 U/ml penicillin (Invitrogen), 100 mg/ml streptomycin (Invitrogen), and 0.1 mmol/L β-mercaptoethanol (Sigma Aldrich, MO, USA). At day 5 of differentiation, EBs were either plated on 0.1% gelatin-coated glass cover slips for the analysis of beating frequency conducted at day 9–14 or fixated for immunohistochemical analysis. In some differentiations, the method was modified by adding Noggin (R&D System, MN, USA, 250 ng/ml) from day 4 to 6 and retinoic acid (Sigma Aldrich, 1 μM) from day 6 to 8 and Dickkopf-related protein 1 (R&D system, 200 ng/ml) from day 6 to 11.



Immunofluorescence

Embryoid bodies were fixed with 4% paraformaldehyde (Sigma Adrich) and permeabilized with 0.2% of Triton X-100 (Sigma Adrich) for 20 min, blocked with 5% of donkey serum (Jackson ImmunoResearch, UK) for 20 min and stained for 2 h at room temperature with primary antibody against α-actinin (1:400, Sigma Aldrich). Alexa Fluor 647 conjugated secondary antibody (1:400, Invitrogen) diluted in 1 μg/ml Hoechst 33342 (Sigma Aldrich) was applied for 1 h at room temperature. The pictures were taken with an Eclipse Ti2 microscope with NIS-Elements and deconvolution software (Nikon, Japan).



Frequency Analysis and Light Stimulation of EBs

Beating EBs that showed eYFP expression in beating areas were used at day 9–14 of differentiation. Then, 1–2 h before experiment, the medium was replaced with Tyrode external solution (in mM: 142 NaCl, 5.4 KCl, 1.8 CaCl2, 2 MgCl2, 10 glucose, and 10 HEPES; pH 7.4) containing 11-cis retinal (1 μM, Santa Cruz Biotechnology, TX, USA) or 9-cis retinal (1 μM, Sigma Aldrich). Video microscopy of beating EBs was performed while perfusing EBs with Tyrode solution without retinal at ~35°C on an Axiovert 200 microscope with a 5× objective (Fluar, NA 0.25, Zeiss, Germany) using infrared light (760 nm, 1.8 μW/mm2 at the focal plane) to avoid accidental LWO activation. Spontaneous contraction was recorded with a charge-coupled device (CCD) camera (piA640-210gm, Basler, Germany) at 51 fps and analyzed online using custom designed software (LabView, National Instruments, TX, USA) as described before (Bruegmann et al., 2010; Makowka et al., 2019). Optogenetic stimulation was performed with a 625 nm LED within the LedHUB (Omicron Laserage, Germany) equipped with a 10% neutral density filter and coupled to the objective with an optical fiber and a 660 nm dichroic filter (AHF Analysentechnik, Germany). Illumination was controlled by a recording system (PowerLab 4/35 and Labchart software, AD Instruments, Sydney, Australia), which was also used to record time points of individual beats to calculate the frequency. Light intensity was calibrated at the objective with a power meter (PM100 power meter, S130A sensor, Thorlabs, NJ, USA) before each experiment.



Analysis of LWO Effect and Light Sensitivity

For statistical analysis, only stable beating EBs without arrhythmical episodes over 5 min before illumination were included. The average frequency during 10 s continuous illumination was analyzed and normalized to baseline 10 s before. To describe the effectivity of LWO, we calculated the blocking effect with 100% as complete block and 0% as no effect on beating frequency. To determine light sensitivity, the light intensity of individual light pulses was gradually increased (in μW/mm2: 0.3; 1; 3; 10; 30; 100; and 300). In addition, 100 μW/mm2 individual light pulses of increasing durations (0.1; 0.3; 0.5; 1; 3; 5; 10; and 30 s) were applied and the frequency was averaged 5 s after onset of illumination compared with 5 s before. Half maximal effects were analyzed by fitting the normalized frequency with a Hill function with upper level set to 100% (GraphPad Prism, CA, USA).



Pharmacology

To compare LWO effect with pharmacological activation, we used supramaximal illumination (100 μW/mm2, 10 s) and stimulation of the muscarinergic acetylcholine receptor with carbachol (60 s, 100 μM, Sigma Aldrich). Effectiveness of the inhibition was calculated 5 s after the lowest frequency (to account for variations in perfusion kinetics) compared with 5 s before illumination/perfusion. The delay to maximum block was calculated between onset of illumination/perfusion and maximal effect and the delay to 50% recovery as end of stimulation/perfusion until frequency reached 50% of initial baseline. To block Gi proteins, pertussis-toxin (PTX, Invitrogen) was applied for 24 h in IMDM medium without FCS at a final concentration of 0.5 μg/ml. The blocker of G protein-coupled inwardly-rectifying potassium channels (GIRK) tertiapin-q (100 nM, Tocris, Bristol, UK) was incubated for 30 min after one initial measurement and kept in the solution for the second measurement (Figure 2C).



Statistics

Data are shown as mean ± SEM and GraphPad Prism 7.0 was used to perform the statistical analysis. For frequency experiments in Figures 1D,E one-way ANOVA with Tukey's multiple comparison test was used. Pertussis toxin (PTX) effect (Figure 2B) was analyzed with an unpaired Student's t-test. For the other experiments (Figures 1G, 2D, 4B–D), two-sided paired Student's t-tests were used. A p-value < 0.05 was considered statistically significant. The n values indicate the number of independent experiments (EBs).


[image: Figure 1]
FIGURE 1. Red light activation of long wavelength-sensitive cone opsin (LWO) decreases beating frequency of cardiomyocytes. (A) Embryonic stem (ES) cell colonies with LWO expression indicated by eYFP fluorescence (green, bar = 200 μm). (B) EYFP fluorescence (green) in α-actinin (red) positive cardiomyocytes differentiated within an embryoid body (EB), generated from LWO ES cells (bar = 25 μm). (C) Representative frequency traces of spontaneous beating within two EBs differentiated from ES cell LWO clones (C1 and C2) and one EB from eGFP control ES cells (Ctr) stimulated with light (625 nm, 100 μW/mm2, red line). (D) Effectivity of inhibition (100% = complete block of spontaneous beating) by illumination [ANOVA Tukey's multiple comparison test: ***p < 0.001 (C1, C2, n = 11) vs. control (n = 11)]. (E) Statistical comparison of spontaneous beating frequency of EBs from two LWO clones and the wild-type ES cells [ANOVA Tukey's multiple comparison test, p = 0.98 (C2, n = 17) p = 0.46 (C1, n = 13) vs. control (n = 9)]. (F) Representative frequency trace of two supramaximal (10 s, 100 μW/mm2) repetitive light stimuli. (G) Comparison of frequency reduction effectivity of the first and the second light pulse (two side paired t-test: p = 0.73, n = 6).



[image: Figure 2]
FIGURE 2. Long wavelength-sensitive cone opsin acts through Gi proteins and GIRK channels. (A) Representative frequency traces of LWO-EBs without (w/o, left) and with pertussis toxin (PTX) (0.5 μg/ml, 24 h, right) treatment with illumination (625 nm, 100 μW/mm2, red line). (B) Aggregated data of frequency reduction effectivity with and without PTX (unpaired t-test: ***p < 0.001, n = 4). (C) Representative frequency trace of an LWO-EB before (left) and after treatment with tertiapin (30 min incubation, right, blue) with illumination (625 nm, 100 μW/mm2, red line). (D) Statistical analysis of frequency reduction effectivity with or without tertiapin treatment (two side paired t-test: **p = 0.003, n = 5).





RESULTS


Red Light Activation of LWO Decreases Beating Frequency of Cardiomyocytes

The human LWO in fusion with eYFP was stably expressed under the control of the CAG promoter in ES-cells (D3 line) (Figure 1A). For differentiation of ES cells into spontaneously beating cardiomyocytes, EBs were generated with the hanging drop method (Wobus et al., 1991; Maltsev et al., 1993; Beiert et al., 2014). Spontaneously beating areas in the EBs showed differentiation into α-actinin and eYFP positive cardiomyocytes indicating LWO expression (Figure 1B). An analysis of beating frequency was performed by infra-red video microscopy to avoid LWO activation. Illumination of beating areas with red light pulses (λ = 625 nm, 10 s, 100 μW/mm2) led to an almost complete block of spontaneous beating in EBs from two separately differentiated ES cell clones (Figures 1C,D; clones C1 and C2). In contrast, illumination of EBs expressing only eGFP but not LWO did not reduce beating frequency (Figures 1C,D; Ctr). Importantly, the baseline beating frequency was similar between EBs from the two LWO clones and the control eGFP clone, suggesting that LWO expression does not negatively affect pacemaking and shows no dark activity (Figure 1E). Application of two identical light pulses with 90 s delay showed similar effectivity of beating block (Figures 1F,G) indicating that LWO can be activated repetitively without desensitization.



LWO Activates Gi-Proteins and GIRK Channels in Cardiomyocytes

To confirm the LWO specificity for Gi activation, EBs were pre-treated with PTX (0.5 μg/ml) for 24 h to block all Gi/o proteins. Subsequent frequency measurements showed that PTX almost completely inhibited the light effect (Figures 2A,B) and the blocking effectivity was only 4% in contrast to an effectivity of 88% in non-treated EBs recorded in parallel. Because activation of GIRK channels by Gi-protein βγ subunits is the main mechanism for slowing the heart rate (Huang et al., 1995; Nobles et al., 2018), we compared light effects before and after application of the GIRK channel blocker tertiapin (100 nM, 30 min, Figure 2C, blue color) and found that tertiapin reduced the light effect significantly from 91 to 21% blocking effectivity (Figure 2D).



Dose-Response Relationship Shows High Light Sensitivity of LWO

To determine LWO light sensitivity, we repetitively applied light with increasing light energy by using ascending light intensities or durations (Figure 3). Application of 10 s long pulses with stepwise increasing light intensities from 0.3 to 300 μW/mm2 led to a gradual decrease of beating frequency after each light pulse (Figure 3A) with a sigmoidal dependency of the blocking effect on the logarithm of intensity (averaged data in Figure 3C). The data points of each individual experiment were fitted with the Hill equation resulting in an average half maximal effective light intensity (ELi50) of 2.4 ± 0.7 μW/mm2 (n = 9) and a maximum blocking effect at ~ 100 μW/mm2. Similarly, application of light pulses of 100 μW/mm2 with increasing durations from 0.1 to 30 s led to gradual block of beating after each pulse (Figure 3B). The statistical analysis and Hill-fitting of individual experiments showed a sigmoidal dependence of blocking effect on logarithm of pulse duration with a half maximal effect at 1.2 ± 0.4 s (n = 6) and maximal effect at ~ 10 s (averaged data in Figure 3D). To compare both gradual stimulation protocols, we calculated and overlaid the total light energy in each light pulse as s*μW/mm2 (Figure 3E). Surprisingly, we found that the light intensity protocol seemed to be more effective than the pulse duration protocol (as shown in discussion).


[image: Figure 3]
FIGURE 3. Long wavelength-sensitive cone opsin response can be fine-tuned by light intensity and duration. (A,B) Representative frequency traces of LWO-EBs with light stimulation (625 nm, red line) with increasing light intensities (A, 10 s light, indicated values in μW/mm2) or different durations [(B), 100 μW/mm2, indicated pulse duration in s]. (C,D) Relationship between change in normalized beating frequency and light intensity [(C), n = 9] or light pulse duration [(D), n = 6] on a logarithmic scale fitted with Hill equation. (E) Relationship between change in beating frequency and total light energy calculated as s*μW/mm2 from data in (C) (red) and (D) (blue). Note that the effect of 30 s*μW/mm2 light energy (green line) is stronger using 10 s at 3 μW/mm2 (red) compared with 0.3 s at 100 μW/mm2 (blue). (F) Representative frequency trace and (G) statistical analysis of two submaximal (0.5 s, 100 μW/mm2) repetitive light stimuli (two side paired t-test: p = 0.46, n = 5).


To determine if light sensitivity and blocking efficiency is constant, we applied two brief (0.5 s) subthreshold pulses at 100 μW/mm2 with only 20 s in-between. Because the blocking effect of the second light pulse was not different (Figures 3F,G, n = 5, p = 0.46), we conclude that light sensitivity was similar and the submaximal blocking effect was not compromised by LWO refractoriness at this pulse interval.



LWO Illumination Has Much Higher Temporal Precision Than Agonist Perfusion

To illustrate the temporal precision of LWO and the advantage over agonist perfusion, we compared the LWO effect with pharmacological stimulation of the Gi pathway (Figure 4A) by illumination (LWO, 625 nm) and perfusion of EBs with the acetylcholine-receptor agonist carbachol (CCh, 100 μM). Both stimulations led to similar blocking effectivity (Figure 4B, LWO 78.6 ± 8.5%, n = 7, CCh 72.6 ± 13.2%, n = 7), however, activation kinetics (delay to maximum block, Figure 4C: LWO 0.8 ± 0.1 s, n = 7: CCh 33.4 ± 7.8s, n = 7) and deactivation kinetics (time from end of stimulation to 50% recovery, Figure 4D, LWO 0.8 ± 0.3 s, n = 7; CCh 99.6 ± 21.9 s, n = 7) was significant and up to two orders of magnitude faster using LWO illumination compared with CCh perfusion.


[image: Figure 4]
FIGURE 4. Long wavelength-sensitive cone opsin has higher temporal precision than pharmacological Gi stimulation. (A) Representative frequency trace of an LWO-EB upon perfusion with carbachol (CCh, 100 μM, 60 s, blue bar) and light stimulation (625 nm, 10 s, 100 μW/mm2, red line). (B–D) Statistical comparison between CCh and light application for frequency reduction effectivity [(B), paired t-test: p = 0.49, n = 7], time to maximal frequency reduction [(C), paired t-test: **p = 0.006, n = 7], and time to 50% of beating frequency recovery [(D), paired t-test: **p = 0.0039, n = 7].





DISCUSSION

Optogenetic methods have many advantages over pharmacological stimulation, because they allow modulation of G-protein signaling of specific cell types with high temporal and spatial precision using light instead of receptor ligands. The aim of this study was to explore the use of LWO for optogenetic activation of Gi-signaling in cardiomyocytes. For this purpose, we used stem-cell derived cardiomyocytes which resemble an early embryonic phenotype and show spontaneous beating in cell culture. Importantly, in these cells, the pacemaking mechanism is already well-controlled by G-protein signaling (Boheler et al., 2002; Touhara et al., 2016), such as Gq, Gs, and Gi proteins (Layden et al., 2010; Beiert et al., 2014; Makowka et al., 2019).


Rationale for Using LWO to Control Gi Signaling

To modulate Gi signaling in cardiomyocytes by light, we have chosen the LWO, which has been shown to activate Gi/o proteins in HeLa cells (Karunarathne et al., 2013) as well as cultured neurons and the brain of mice (Masseck et al., 2014). Importantly, LWO is well-suited for the repetitive and long-lasting activation of Gi-dependent GIRK currents by light in HEK293 cells and neurons without desensitization (Masseck et al., 2014). This is of great advantage over vertebrate Rhodopsin, which also activates Gi signaling but the responses decline during repetitive stimulation (Masseck et al., 2014). We have chosen LWO over short-wavelength opsin (activated by 350–450 nm) because LWO can be activated by red light >600 nm, which is not absorbed by myoglobin and hemoglobin, penetrates deeper into cardiac tissue (Bruegmann et al., 2016), and has less phototoxic effects. Furthermore, red light >600 nm is spectrally compatible with blue light-activated optogenetic tools, such as Channelrhodopsin-2 for optical depolarization of cardiomyocytes (Bruegmann et al., 2010) or Jellyfish Opsin for light-induced stimulation of the Gs signaling cascade (Makowka et al., 2019) which are both not activated by red light and therefore can be combined with LWO co-expression.



LWO Is Gi Specific in Cardiomyocytes and Activates GIRK Channels

It is known that GPCR can show a promiscuous behavior and thereby activate multiple, even counteracting signaling pathways. For instance, Melanopsin, a photoreceptor of intrinsically photosensitive retinal ganglion cells, has been initially described as a Gq coupled optogenetic GPCR (Qiu et al., 2005) but it was shown later that it can signal both to Gq and Gi proteins (Bailes and Lucas, 2013) and can thus activate GIRK channels by Gi βγ subunits (Spoida et al., 2016). Our model of spontaneous beating ES-cell derived cardiomyocytes is ideal to discriminate between Gq and Gi signaling as the former will increase beating rate through PLC/IP3/Ca2+ release mechanisms enhancing the Ca2+ clock pacemaking machinery (Lakatta and DiFrancesco, 2009; Beiert et al., 2014), whereas the latter will reduce beating through Gi proteins (Lyashkov et al., 2009). As we have exclusively observed frequency reduction or even complete block of beating by LWO activation (Figure 1D), LWO signals through Gi proteins in cardiomyocytes. To confirm this, we blocked Gi proteins with PTX that completely abolished all light effects. Notably, we never observed a slightest frequency increase by light in PTX treated LWO EBs (Figure 2B), therefore, excluding Gq activation by LWO.

Activated Gi proteins can reduce beating rate by two mechanisms: block of adenylate cyclases by Gi α subunits with subsequent lowering of PKA-dependent phosphorylation or activation of GIRK potassium channels by Gi βγ subunits (Lyashkov et al., 2009). In our experiments, application of the specific GIRK channel inhibitor tertiapin did not affect basal beating rate but reduced the effect of LWO illumination by ~75% suggesting that the major Gi effect in ES-cell derived cardiomyocytes obtained by our differentiation protocol is through Gi βγ GIRK channel activation. In contrast, GIRK-based reduction of heart rate in mouse sinus nodal cells is only responsible for ~50% of heart rate regulation (Mesirca et al., 2013) presumably reflecting the more robust pacemaking machinery in these cells or differences in GIRK expression. The remaining ~25% of regulation we observed is most likely due to Gi α-dependent reduction of basal adenylate cyclase and PKA activity, which has been shown to reduce HCN/If currents (Abi-Gerges et al., 2000) and L-type-Ca2+ currents (Ji et al., 1999) in ES-cell derived cardiomyocytes.



LWO Overexpression Has No Negative Side-Effects

Overexpression of artificial light sensitive proteins might have negative side effects on the intracellular signaling machinery because of dark activity, G-protein binding, alteration of microdomain signaling, or other overexpression artifacts. In our experience, the spontaneous beating rate is a very sensitive parameter for such side effects. Similar to the expression of Melanopsin for optogenetic Gq stimulation (Beiert et al., 2014) and Jellyfish Opsin for optogenetic Gs stimulation (Makowka et al., 2019), we did not observe effects on basal beating rate by LWO expression. Since we did not analyze protein expression levels or performed RNA sequencing analysis in this work, we cannot fully exclude minor side effects. However, it must be admitted that the ES-cell system itself cannot exclude side effects for future in vivo applications and thus generation of in vivo models of LWO overexpression in the heart will be an important next step.



Fast Kinetics and Light Sensitivity of LWO

Parasympathetic stimulation of the intact heart can be very fast which has been shown for both electrical stimulation of the vagal nerve with ~1.5 s delay (Ng et al., 2001) and optogenetic stimulation of parasympathetic neurons (Moreno et al., 2019) with an immediate reduction of heart rate. In contrast, diffusion-limited pharmacological activation of M2-cholinergic receptors with CCh in the three-dimensional cardiac body in vitro resulted in slow activation (~30 s) and deactivation (~100 s). In this in vitro setting stimulation of LWO led to 30–100 times faster effects with delays of only 0.8 s from the start of illumination to maximal effect or from end of illumination to 50% of recovery, which is similar to the in vivo kinetics. Thereby LWO allows the application of brief continuous light pulses with gradually increasing stimulation intensities; such a stimulation protocol would be almost impossible with slow agonist perfusion and wash out, especially in multicellular preparation, such as EB or in intact organs.

We found that gradual stimulation allows fine tuning the response of Gi-stimulation on pacemaking activity by either changing pulse duration or light intensity with a sigmoidal dependence on the logarithm of light energy (duration * intensity in s*μW/mm2). Interestingly, the half-maximal light energy was slightly higher using variations of intensity (24 s*μW/mm2) than pulse duration (120 s*μW/mm2). Specifically, for a fixed total light energy at mid-sensitivity (e.g., 30 s*μW/mm2, green line in Figure 3E), longer light pulses (10 s at 3 μW/mm2, light intensity protocol) are more effective than shorter light pulses (0.3 s at 100 μW/mm2, pulse duration protocol) indicating that temporal integration of Gi signaling is affecting the threshold blocking effect.

Compared with previous reported LWO sensitivity for GIRK activation in HEK293 cells (4 s*μW/mm2, Eli50 at 590 nm: 0.2 s, 20 μW/mm2, Masseck et al., 2014), we observed lower LWO sensitivity (14–80 s*μW/mm2 at 625 nm), which could be due to difference in the wavelength used.

The calculation of total light energy allows comparison with other optogenetic GPCR, we have employed to modulate pacemaking of ES-cell derived cardiomyocytes. Using Melanopsin to accelerate pacemaking by Gq/PLC/IP3 signaling, we determined a half maximal energy of 2.4 s*μW/mm2 (Eli50 of 40 nW/mm2 at 60 s pulses, Beiert et al., 2014) and using Jellyfish Opsin to stimulate Gs/cAMP/PKA signaling, we determined a half maximal energy of only 0.16 s*μW/mm2 (Eli50 of 8 nW/mm2 at 20 s pulses Makowka et al., 2019). Thus, LWO is less light sensitive than Melanopsin and Jellyfish Opsin, which is also advantageous in experimental handling at normal lab room light. In addition, LWO kinetics on frequency reduction (time to peak and 50% deactivation ~0.8 s) was much faster than kinetics of frequency increase by Melanopsin or Jellyfish Opsin in EBs (activation ~10–50 s) which underscores the involvement or fast GIRK channels in Gi signaling.



Outlook

In the future, the combination of LWO with the spectrally compatible JellyOP in transgenic mice (Makowka et al., 2019) will allow spatially confined simultaneous or alternating activation of Gi and Gs signaling in cardiomyocytes in the heart in vivo. This will be a valid approach to study the impact of balanced, dysbalanced, and wrong timing of parasympathetic and sympathetic input which seems to be important for the development of pathologies, such as atrial fibrillation (Ang et al., 2012). The high temporal precision of light enables to study short-term (seconds) and mid-term (minutes and hours) effects and, using implantable light emitting devices, also long-term (days and weeks) chronic Gi and Gs signaling. Furthermore, selective illumination of left and right ventricle, or of epicardial and endocardial cardiomyocytes will allow to determine regional differences of vegetative nerve input on cardiac function, arrhythmia generation of development of cardiac hypertrophy. Finally, optogenetics has the advantage of cell type-specific expression using specific promoters. Thus, using the Cre-LoxP system, expression of LWO or JellyOpsin in the different cells of the heart (cardiomyocytes, fibroblast, endothelial cells, and smooth muscle cells) will enable investigation of their Gi- and Gs-signaling in vivo which cannot be performed by agonists applied to the circulation or by electrical stimulation of vegetative nerves.




CONCLUSION

Long wavelength-sensitive cone opsin enables optogenetic stimulation of Gi-signaling cascade in ES-cell derived cardiomyocytes with red light, resulting in a high effective and very fast inhibition of spontaneous pacemaking, mainly through the activation of GIRK channels. Thus, LWO itself or in combination with the Gs coupled spectrally compatible optogenetic GPCR JellyOP will allow to investigate the physiological and pathological effects of balanced and dysbalanced vegetative nerve input on the heart.
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Optogenetics, involving the optical measurement and manipulation of cellular activity with genetically encoded light-sensitive proteins (“reporters” and “actuators”), is a powerful experimental technique for probing (patho-)physiological function. Originally developed as a tool for neuroscience, it has now been utilized in cardiac research for over a decade, providing novel insight into the electrophysiology of the healthy and diseased heart. Among the pioneering cardiac applications of optogenetic actuators were studies in zebrafish, which first demonstrated their use for precise spatiotemporal control of cardiac activity. Zebrafish were also adopted early as an experimental model for the use of optogenetic reporters, including genetically encoded voltage- and calcium-sensitive indicators. Beyond optogenetic studies, zebrafish are becoming an increasingly important tool for cardiac research, as they combine many of the advantages of integrative and reduced experimental models. The zebrafish has striking genetic and functional cardiac similarities to that of mammals, its genome is fully sequenced and can be modified using standard techniques, it has been used to recapitulate a variety of cardiac diseases, and it allows for high-throughput investigations. For optogenetic studies, zebrafish provide additional advantages, as the whole zebrafish heart can be visualized and interrogated in vivo in the transparent, externally developing embryo, and the relatively small adult heart allows for in situ cell-specific observation and control not possible in mammals. With the advent of increasingly sophisticated fluorescence imaging approaches and methods for spatially-resolved light stimulation in the heart, the zebrafish represents an experimental model with unrealized potential for cardiac optogenetic studies. In this review we summarize the use of zebrafish for optogenetic investigations in the heart, highlighting their specific advantages and limitations, and their potential for future cardiac research.
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OPTOGENETICS IN CARDIAC RESEARCH

Optogenetics involves the measurement and manipulation of cellular activity using genetically encoded light-sensitive proteins (Deisseroth et al., 2006; Miesenböck, 2009). Originally developed as a set of tools for neuroscience to activate or silence neuronal circuits and observe neuronal activity (Li et al., 2005; Nagel et al., 2005), optogenetic “reporters” (for measurement of membrane potential (Siegel and Isacoff, 1997; Sakai et al., 2001; Ataka and Pieribone, 2002) or intracellular calcium [Ca2+] (Miyawaki et al., 1997, 1999; Baird et al., 1999)) and ‘actuators' [for modulation of membrane potential (Nagel et al., 2002, 2003; Boyden et al., 2005)] have now been utilized in cardiac research for over a decade (Entcheva and Kay, 2021). Cardiac optogenetics has had a wide-range of applications, including: (i) all-optical studies of cardiac electrophysiology and high-throughput drug screening; (ii) cell-specific measurement or control to investigate cardiac sub-populations (e.g., myocytes, Purkinje cells, fibroblasts, neurons, and immune cells); (iii) manipulation of cardiac ion channels, G protein- coupled receptor signaling, and energetics; (iv) control of action potential morphology or excitation waves; and (v) cardiac pacing, cardioversion/defibrillation, or arrhythmia termination/ablation. Some of the pioneering studies that applied optogenetics to the heart were performed in zebrafish (Danio rerio). Here we provide an overview of the use of zebrafish for cardiac optogenetic studies, highlighting their advantages, limitations, and future potential [for a more general consideration of cardiac optogenetics, please see the recent review by Entcheva and Kay (Entcheva and Kay, 2021)].



USE OF ZEBRAFISH FOR OPTOGENETIC STUDIES OF THE HEART

The zebrafish has become an important integrative animal model for cardiac research, based on its particular advantages as an experimental tool (Table 1) (Gut et al., 2017; Stoyek and Quinn, 2018). The zebrafish offers a fully sequenced genome, which can be easily altered using standard genetic techniques at relatively low cost (in terms of time, effort, and money) (Rafferty and Quinn, 2018; Stoyek et al., in press), and almost every cardiac gene has a human ortholog with analogous function (Howe et al., 2013). This high degree of genetic similarity has permitted researchers to recapitulate a variety of human cardiac diseases in the zebrafish (Bowley et al., in press), which can be studied in a high throughput manner (Kithcart and MacRae, 2018). Functionally, the zebrafish heart has comparable heart rate, action potential morphologies, ion channels (Ravens, 2018), and Ca2+-handling proteins (van Opbergen et al., 2018b) to human. Furthermore, it has been shown that cardiac regulatory pathways and mechanisms of both intracardiac (MacDonald et al., 2017) and extracardiac (Stoyek et al., 2016) origin are similar to human, and like the cardiac electrophysiology of the zebrafish (Nemtsas et al., 2010), are often more so than rodents.


Table 1. Advantages and limitations of the zebrafish for cardiac optogenetic studies.
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Of course, as with any experimental model, there are also limitations to the zebrafish's use (Table 1). The zebrafish heart is small, has only two chambers (one atrium and one ventricle, rather than the four chambers found in human), and generates relatively low pressures (Hu et al., 2001). While over 70% of human genes have at least one zebrafish ortholog, 24% of genes have more than one ortholog (due to a duplication of the zebrafish genome), which can confer redundancy in gene function and confound results of genetic manipulations (Howe et al., 2013). Functionally, while cardiac electrophysiology appears strikingly similar to humans (Vornanen and Hassinen, 2016; Ravens, 2018), there are important differences in cellular calcium cycling (Genge et al., 2016; van Opbergen et al., 2018b). Zebrafish cardiomyocytes have a lack of transverse tubules (Brette et al., 2008), and even though sarcoplasmic reticulum Ca2+ levels are much higher in the zebrafish, release of Ca2+ from the sarcoplasmic reticulum following excitation (Ca2+-induced Ca2+ release) appears to be limited (due in part to a low sensitivity of ryanodine receptors to Ca2+) (Bovo et al., 2013). As a result, sarcolemmal Ca2+ influx is responsible for ~80% of the Ca2+ transient in zebrafish cardiomyocytes (compared to 25% in human) (Bovo et al., 2013), although this remains somewhat controversial, as others have shown a strong dependence of contractile force on sarcoplasmic reticulum Ca2+ release (Haustein et al., 2015) and the existence of Ca2+ sparks with characteristics similar to mammals (Llach et al., 2011). Zebrafish also have a higher sodium-Ca2+ exchanger current than in mammals, such that its reverse-mode has been shown to trigger sarcoplasmic reticulum Ca2+ release (Zhang et al., 2011).

Considering its use specifically for cardiac optogenetic studies, the zebrafish has a further advantage over other animal models, in that the entire zebrafish heart can be optically accessed in vivo in the transparent, externally developing embryo (van Opbergen et al., 2018a) or in situ in the relatively small, isolated adult heart (Stoyek et al., 2018), in a manner not possible in mammals. While other non-mammalian models may have a similar advantage (e.g., Drosophila melanogaster [Wolf et al., 2006) and Xenopus laevis (Warkman and Krieg, 2007)], they are limited in other ways. For instance, while Drosophila have been highly utilized for studies of cardiac genetics (Wolf et al., 2006), it is an invertebrate, and differences in the morphology of its heart—which is a tube—limits its applicability for functional studies (Rotstein and Paululat, 2016). The heart of Xenopus, on the other hand, is in some ways more anatomically similar to humans than zebrafish—for instance, it has a pulmonary circulation—but there is a limited genetic tool box for their transgenesis (Ishibashi et al., 2008).

Ultimately, the similarities of zebrafish to human, and its particular experimental advantages, have resulted in it being a popular experimental model for optogenetic investigations, both for neuroscience [the brain and nervous system can also be optically accessed in the whole animal (Del Bene and Wyart, 2012; Simmich et al., 2012; Portugues et al., 2013)] and for cardiovascular research (Table 2), which is the focus of this review.


Table 2. Previous applications of cardiac optogenetics using zebrafish.

[image: Table 2]



STUDIES UTILIZING OPTOGENETIC REPORTERS IN THE ZEBRAFISH HEART

The electrical activity of the heart has been optically monitored for decades, well before the emergence of modern optogenetics and the use of functional fluorescent proteins. In the 1970s, Salama and Morad published the first reports of the use of voltage sensitive fluorescent dyes to record cardiac action potentials (Salama and Morad, 1976; Morad and Salama, 1979). Since that time, optical mapping of membrane potential and intracellular Ca2+ in the whole heart or isolated tissue and cells has become a “standard” technique in many research labs (Herron et al., 2012; Jaimes et al., 2016; Berenfeld and Efimov, 2019), including studies using zebrafish (Sabeh et al., 2012; Lin et al., 2020). The use of optogenetic reporters (genetically encoded voltage and Ca2+ indicators, GEVIs and GECIs, respectively) have additional advantages as they allow for organ-, organelle-, and cell-specific measurements and for in vitro and in vivo longitudinal studies. There is now a wide array of GEVIs and GECIs available for use in the heart, with a range of excitation and emission spectra, light sensitivity and signal intensity, temporal dynamics, and other properties that dictate their specific use (Figure 1) (Kaestner et al., 2014, 2015; Koopman et al., 2017).


[image: Figure 1]
FIGURE 1. The optogenetic toolbox for measurement and manipulation of cardiac activity. There is a large array of optogenetic actuators and reporters with a broad range of activation spectra available for use in the heart. These comprise light-activated depolarizing (excitatory) and hyperpolarizing (inhibitory) opsins that pass cations, anions, and protons and genetically encoded voltage (GEVI) and calcium (GECI) indicators that can be used to measure membrane potential and intracellular calcium. Opsin schematic from Ferenczi et al. (2019), middle panel from Entcheva and Kay (2021), and GEVI and GECI schematics from van Opbergen et al. (2018a).



Genetically Encoded Ca2+ Indicators (GECIs)

The first use of an optogenetic reporter in the heart was described in the early 2000s. This involved GCaMP2, which includes a circularly permutated EGFP within an M13/Calmodulin fusion protein that fluoresces when it binds Ca2+, to record Ca2+ waves in the isolated mouse heart and in open chest animals (Tallini et al., 2006). This was followed by a study that used GCaMP2 to demonstrate successful engraftment and electrical coupling of embryonic cardiomyocytes with surrounding myocardium in the infarcted mouse heart (Roell et al., 2007). Around the same time, the potential for using zebrafish to image intracellular Ca2+ in the intact animal was also being realized. The first published report involved the use of a transgenic zebrafish line with cardiac-specific expression of gGCaMP driven by the cardiac myosin light chain 2 (cmlc2) gene promoter (Tg(cmlc2:gCaMP)s878). It was used to investigate a transgenic zebrafish model of inherited long QT syndrome in which a loss of rapid delayed-rectifier potassium current (IKr) due to a mutation in the s290 allele of the kcnh2 gene (kcnh2s290) results in mechanical ventricular asystole (Arnaout et al., 2007). Using selective plane illumination microscopy (SPIM) and excitation-contraction uncoupling with a silent heart cardiac troponin (tnnt2) morpholino (to eliminate optical mapping motion artifact associated with contraction), Ca2+ transients were measured in vivo at various regions of the zebrafish atrium and ventricle in 2 days post-fertilization (dpf) embryos. In wild-type tnnt2 morpholino-injected zebrafish, repetitive fluorescent waves representing an increase in cytosolic Ca2+ during systole were visualized, spreading from the atrium through the atrioventricular junction and into the ventricle (Figure 2A). In contrast, in the kcnh2s290 homozygous mutants, Ca2+ waves were visible in the atrium but not in the ventricle (Figure 2A), implying impaired ventricular Ca2+ cycling.


[image: Figure 2]
FIGURE 2. In vivo imaging of intracellular calcium using genetically encoded calcium indicators (GECIs) in intact zebrafish embryos. (A) Hearts in 48 h post-fertilization (hpf) wild-type embryos with cardiac-specific expression of gGCaMP exhibit atrial and ventricular calcium release (left), while hearts in kcnh2s290 mutants exhibit atrial but no ventricular release (right). Each selected region in the images has a corresponding fluorescence signal plotted below. The dotted lines mark an arbitrary point in time to facilitate comparison across the different signals. From Arnaout et al. (2007). (B) In hearts from 48 hpf wild-type embryos, calcium activation travels from the sinus venosus across the atrium (Atr) and ventricle (Ven), with a delay at the atrioventricular (AV) junction (left), while ventricular conduction is absent in silent ventricle (siv) mutants and disorganized in dococs215, 226 (dcc) mutants (right). Isochronal lines represent 60 ms. From Chi et al. (2008).


The above investigation was followed by a study using the same zebrafish line to map Ca2+ waves across the whole heart in intact embryos at various ages to investigate the development of the vertebrate cardiac conduction system (Figure 2B) (Chi et al., 2008). Four distinct stages of conduction development were identified, which corresponded to specific cellular and anatomical changes in the developing heart and were dependent on epigenetic mechanical factors such as hemodynamic flow and contraction. An in vivo optical mapping technique was then used as a phenotypic assay to perform a forward genetic screen, which identified 17 conduction-specific mutations (Figure 2B), thought to represent novel genetic regulators of the cardiac conduction system. A similar approach has been applied to other genes whose mutation is known to affect cardiac conduction, such as the Popeye domain containing (Popdc) gene family, with morpholino knock down of popdc2 in 5–6 dpf embryos causing sinoatrial node conduction failure, irregular atrial and ventricular activity, and varying degrees of atrioventricular block (Kirchmaier et al., 2012).

More recently, zebrafish have been used to help in the assessment of novel GECIs for cardiac-specific applications, such as those with a ratiometric readout, which is useful for assessing absolute changes in Ca2+ and to help correct for the motion artifact that occurs with optical mapping in the beating heart. Four available ratiometric Förster resonance energy transfer (FRET)-based GECIs with varying Ca2+-binding affinity (TN-XXL, Twitch-1, Twitch-2B, and Twitch-4) were transiently expressed in the hearts of zebrafish embryos (driven by the cmlc2 promoter) and kinetic parameters of atrial and ventricular Ca2+ transients were measured at 3 dpf under various conditions. Ultimately, this revealed that Twitch-1 and Twitch-4 are the most promising for use in the heart, based on their greater sensitivity, faster kinetics, and higher affinity for Ca2+ (Figure 3) (Salgado-Almario et al., 2020).


[image: Figure 3]
FIGURE 3. In vivo ratiometric intracellular calcium measurements with a genetically encoded calcium indicator (GECI) in intact zebrafish embryos. Ratiometric intracellular calcium signals were acquired with Twitch-1, Twitch-4, or a Förster resonance energy transfer (FRET) construct insensitive to calcium (ECFP-16aa-EYFP) from the atrium (red region-of-interest) and ventricle (white region-of-interest) of 3 days post-fertilization embryos. The change in fluorescence in the donor and FRET channels normalized to the first diastolic period (F/FDiast; upper graphs in atrium and ventricle) and their ratio (R/RDiast; lower graphs in atrium and ventricle) are shown. From Salgado-Almario et al. (2020).




Genetically Encoded Voltage Indicators (GEVIs)

The development of effective GEVIs has been slower than GECIs, owing to difficulties in achieving sufficiently fast kinetics and avoiding electrophysiological interference. Recently, significant progress has been made, which includes their application for cardiac research. The first reported use of GEVIs in the heart was in fact in zebrafish (Tsutsui et al., 2010), which utilized a FRET-based voltage-sensitive fluorescent protein (VSFP) called Mermaid (Tsutsui et al., 2008). The Mermaid construct consists of a green-emitting fluorescent donor (mUKG; Umi-Kinoko from Sarcophyton) and an orange-emitting fluorescent acceptor (mKOκ; Kusabira from Fungia concinna) fused to a voltage sensing phosphatase from Ciona intestinalis (Ci-VSP) with a transmembrane domain homologous to the S1–S4 segments of voltage-gated potassium (Kv) channels (Murata et al., 2005). The Mermaid reporter was expressed specifically in the zebrafish heart under the cmcl2 promotor [Tg(cmlc2:Mermaid)] and used for in vivo voltage mapping in 2–3 dpf embryos under normal conditions and after application of the histamine H1 receptor blocker astemizole (known to also block IKr). Measurements showed that astemizole disrupted the normal sequence of cardiac excitation, causing retrograde propagation from the atrioventricular boundary to the atrium (Figure 4A) (Tsutsui et al., 2010).


[image: Figure 4]
FIGURE 4. In vivo imaging of membrane potential using genetically encoded voltage indicators (GEVIs), combined with genetically encoded calcium indicators (GECIs) in intact zebrafish embryos. (A) Signals (left) from a donor (mUKG, green) and acceptor (mKOκ, red) Förster resonance energy transfer (FRET) pair of fluorescent proteins and their ratio (mKOκ/mUKG, black) acquired from the ventricle of a 3 days post-fertilization (dpf) zebrafish embryo with cardiac-specific expression of the GEVI Mermaid. Pseudo-colored ratio images (right) representing a single cardiac cycle in wild-type, Mermaid-expressing zebrafish (upper) showing propagation of excitation from the sinus venosus in the atrium (a) to the ventricle (v), and in astemizole-treated (5 μM, 15 min) zebrafish (lower) showing retrograde propagation from the ventricle to the atrium (highlighted with arrows). Scale bar, 100 μm. From Tsutsui et al. (2010). (B) Signals (upper left) from a donor (mCerulean, blue) and acceptor (mCitrine, yellow) Förster resonance energy transfer (FRET) pair of fluorescent proteins and their ratio (mCitrine/mCerulean, black) acquired from the regions of interest (boxes in fluorescent images) indicated on the atrium (A) and ventricle (V) of a 3 dpf zebrafish embryo with cardiac-specific expression of GEVI VSFP-butterfly CY. Signals (upper right) acquired from the atrium (blue) and ventricle (red) of a 3 dpf zebrafish embryo with cardiac-specific expression of the GECI GCaMP6f. Line plots of chimeric VSFP-butterfly CY (lower left) and GCaMP6f (lower right) background-corrected fluorescence intensities averaged across the width of the myocardial wall superimposed on heat maps of trajectory vs. time illustrating electrical impulse and Ca2+ propagation throughout the heart. cpEGFP, circularly permutated enhanced green fluorescent protein. From van Opbergen et al. (2018a). (C) Single optical sections of a 4 dpf zebrafish heart with cardiac-specific expression of the GEVI-GECI construct CaViar showing GEVI Arch(D95N) (top) and GECI GCaMP5G (middle) fluorescence as excitation propagates from the atrium (A) to ventricle (V). Voltage (Vm, red) and calcium (Ca2+, blue) signals acquired from the atrium and ventricle of 50 (upper left) and 102 (lower right) hours post-fertilization (hpf) zebrafish embryos exposed to nifedipine (L-type Ca2+ channel blocker) and quinidine (fast sodium channel blocker). At 52 hpf, nifedipine reversibly suppressed voltage and Ca2+ dynamics in both chambers, while quinidine had no effect. At 102 hpf, nifedipine largely suppressed calcium transients in both chambers but only suppressed atrial voltage, while quinidine largely suppressed voltage and calcium transients in the ventricle but did not affect either transient in the atrium. Scale bar, 50 μm. From Hou et al. (2014).


Since that time, a variety of new GEVIs have been developed with improved sensitivity and kinetics. In a recent study using zebrafish (van Opbergen et al., 2018a), the novel GEVI chimeric VSFP-butterfly CY (cyan-yellow, mCitrine/mCerulean) (Mishina et al., 2014) or the updated GECI GCaMP6f (Chen et al., 2013) were expressed in the heart of pigment-deficient, optically-transparent casper mutant zebrafish (White et al., 2008), with the myosin light chain 7 (myl7) promotor [Tg(myl7:chimeric VSFP-butterfly CY) and Tg(myl7:Gal4FF; UAS:GCaMP6f)]. The hearts of 3 dpf and 14 dpf zebrafish were imaged after administration of drugs targeting the sympathetic nervous system or various cardiac ion channels to assess effects on electrical activation, action potential morphology, and intracellular Ca2+ dynamics (van Opbergen et al., 2018a) (Figure 4B). It was shown that: (i) β adrenergic receptor stimulation (with isoproterenol) or blockade (with propranolol) increased or decreased diastolic Ca2+ levels and Ca2+ transient amplitudes, respectively; (ii) IKr block (with E-4031) increased action potential duration; (iii) L-type calcium current (ICa, L) block (with nifedipine) prevented Ca2+ transients, increased ventricular action potential duration, and disrupted atrioventricular conduction; and (iv) differences exist in atrial and ventricular Ca2+ recovery dynamics between 3 and 14 dpf zebrafish (but not in the Ca2+ upstroke).



Combined Voltage-Ca2+ Imaging

Functional fluorescent dyes can be combined for simultaneous mapping of voltage and Ca2+ in the whole heart (Herron et al., 2012). There is similar interest in combining GEVIs and GECIs for dual voltage-Ca2+ imaging, however this is generally prevented by spectral overlap of the relevant fluorescent proteins. The first successful study using a GEVI-GECI construct in the heart was performed in the zebrafish, using a genetically encoded dual-function voltage-Ca2+ reporter (“CaViar,” created by fusing the GEVI Arch(D95N) with the GECI GCaMP5) under control of the heart-specific cmlc2 promoter [Tg(cmlc2:Arch(D95N)-GCaMP5G)] (Hou et al., 2014). Hearts of 1.5–4.5 dpf embryos were imaged during application of the ICa, L blocker nifedipine or fast sodium channel blocker quinidine, which showed that early in development the zebrafish cardiac AP is initiated by Ca2+, but by 4 dpf the ventricular AP becomes driven by sodium, while the atrial AP remains Ca2+ dependent (Figure 4C).




STUDIES UTILIZING OPTOGENETIC ACTUATORS IN THE ZEBRAFISH HEART

Optogenetic actuators are light-activated proteins that generate a transmembrane ion flux. The discovery and cloning of the cation-selective ion channel channelrhodopsin-2 (ChR2) from the green alga Chlamydomonas reinhardtii in 2003 (Nagel et al., 2003) has led to the development of an extensive toolkit that includes depolarizing (excitatory) and hyperpolarizing (inhibitory) opsins, which are activated across a wide spectrum of wavelengths, and may be used for manipulation of cardiac membrane potential (Figure 1) (Schneider-Warme, 2018; Ferenczi et al., 2019; Entcheva and Kay, 2021). As for the cardiac application of GEVIs and GECIs, one of the first reports of the use of optogenetic actuators in the heart was in zebrafish (Arrenberg et al., 2010). This involved the use of both ChR2 [Tg(E1b:Gal4s1101t; UAS:ChR2(H134R)-eYFPs1990t)] and the chloride-specific ion channel halorhodopsin from Natronomonas pharaonis (NpHR) (Zhang et al., 2007) [Tg(E1b:Gal4-VP16s1101t; UAS:NpHR-mCherrys1989t)], to locate and control cardiac pacemaker cells in intact 1–5 dpf zebrafish embryos. In NpHR-expressing zebrafish, maps were generated at each day post-fertilization by sequentially illuminating small, overlapping regions of the heart, and measuring the heart rate response, or the incidence of cardiac arrest or arrhythmia (Figure 5A). It was found that: (i) at 1 dpf, the heart stopped beating when a region at the venous pole was illuminated, indicating the location of the pacemaker; (ii) at 2 dpf, the pacemaker region was more confined to the sinoatrial ring, with illumination of large adjacent areas having no effect, and atrioventricular block (of varying degree, depending on light intensity) occurred with illumination of the atrioventricular canal; and (iii) at 3 dpf, the pacemaker region was more defined, being confined to the dorsal right quadrant of the sinoatrial ring. It was further found that in 4 dpf embryos, pulsed photo-stimulation of the sinoatrial ring at a frequency of 2.7–4.7 Hz with ChR2 was able to control heart rate.


[image: Figure 5]
FIGURE 5. Optogenetic manipulation of membrane potential in zebrafish hearts. (A) in vivo stimulation of halorhodopsin by patterned illumination of 3 days post-fertilization (dpf) embryonic hearts (upper left) reveals the location of the pacemaker by a reduction in heart rate (upper right). Illumination of the whole heart could stop atrial (A) and ventricular (V) beating (middle). Areas that control atrial and ventricular (red) or only ventricular (green) contractions were revealed throughout embryogenesis (1–5 dpf, bottom). From Arrenberg et al. (2010). (B) Sustained stimulation of Guillardia theta anion channelrhodopsins 1 (GtACR1) by spot illumination on the ventricle of 3 months post-fertilization zebrafish isolated hearts caused an immediate increase in resting membrane potential (ER) and a decrease in the maximum rate of membrane depolarization (dE/dtmax), AP amplitude (APAmp), and APD at 50% and 90% repolarization (APD50 and APD90, upper left and bottom). In the case of particularly high GtACR1 expression (represented by high eGFP expression), ventricular excitation could be silenced (upper middle). Pulsed light, on the other hand, could be used to stimulate the heart (upper right). *Indicates p < 0.0001 by two-tailed paired Student's t-test. From Kopton et al. (2018).


Since the time of that pioneering study, another prominent family of chloride-specific light-activated ion channels has been developed, the Guillardia theta anion channelrhodopsin 1 and 2 (GtACR1 and GtACR2) (Govorunova et al., 2015), which have been shown to silence neuronal AP generation (including in zebrafish) (Malyshev et al., 2017; Mauss et al., 2017; Mohamed et al., 2017; Forli et al., 2018). The first cardiac application of GtACR1 involved zebrafish [using hearts isolated from 3 months post-fertilization adults with cardiac-specific GtACR1 expression, Tg(cmlc2:GtACR1-eGFP)], which in combination with experiments in genetically transfected single rabbit ventricular myocytes demonstrated that GtACR1 activation causes depolarization of ventricular myocytes when applied during the resting (diastolic) phase of the AP (and if suprathreshold, results in excitation), but causes repolarization when applied during the (systolic) plateau (resulting in shortening of the AP). This biphasic response relates to the reversal potential of chloride in ventricular myocytes, which is somewhere between −40 and −33 mV (Clemo et al., 1999), so that the flow of negative ions switches from outward (causing depolarization) to inward (causing repolarization) as cells are excited. As a result, pulsed illumination can be used to pace the heart, while sustained illumination can arrest the heart in a depolarized state (Figure 5B) (Kopton et al., 2018). This indicates that while GtACR1 does not address the need for optogenetic silencing through a physiological means (i.e., hyperpolarization), it is a potentially attractive tool for exciting cardiomyocytes by transient light-induced depolarization.



FUTURE DIRECTIONS FOR THE USE OF CARDIAC OPTOGENETICS IN ZEBRAFISH

Unlike the prevalent use of optogenetics in zebrafish to study the nervous system (Del Bene and Wyart, 2012; Simmich et al., 2012; Portugues et al., 2013), there have been relatively few cardiac optogenetic studies performed in zebrafish (summarized in Table 2), yet those studies have been fundamental in progressing the application of optogenetic technologies to the heart. With the continual improvement of optogenetic techniques (Entcheva and Kay, 2021), the use of zebrafish for integrative (patho-)physiological cardiac structure-function studies holds great promise. Future research will be driven by technological advances such as high-speed, cell-accurate, three-dimensional mapping (Mickoleit et al., 2014; Weber et al., 2017; Sacconi et al., in press), more effective methods for cell-specific spatial and temporal gene expression (Reade et al., 2017; LaBelle et al., 2021), and novel optogenetic actuators and reporters with enhanced expression, fluorescence, and kinetics, combined with improved light delivery (Entcheva and Kay, 2021). As the field continues to develop, the zebrafish may be invaluable for cardiac optogenetic studies directly related to its strengths as an experimental model (Table 1; i.e., development, genetic screening, drug discovery, cardiotoxicity testing, disease modeling, all-optical studies of electrophysiology and cell signaling, and anti-arrhythmic strategy development). It may also be a powerful tool for fundamental investigations of the hetero-cellular heart (e.g., structure-function interactions of myocytes, fibroblasts, intracardiac neurons, and immune and endothelial cells) and in helping to overcome hindrances related to the clinical translation of optogenetic techniques (e.g., genetic transfection, immune responses, phototoxicity) (Richter and Bruegmann, 2020). This will be enhanced by the large number of currently available transgenic lines, genetic material, and tools (easily found through online resources and central repositories), facilitated by the open zebrafish community willing to share them (Rafferty and Quinn, 2018; Stoyek et al., in press).

While a majority of cardiac optogenetic studies in the zebrafish have been performed in the early stages of development, technological advances in fluorescence imaging approaches and methods for spatially-resolved light stimulation have the promise to enable studies to be performed in the adult isolated whole heart and in vivo. This will be aided by the continuing development of transgenic lines that lack pigment and are thus largely transparent throughout their lifespan (i.e., “casper” [White et al., 2008) and “crystal” (Antinucci and Hindges, 2016)], and can be used as a background on which to express optogenetic reporters and actuators along with mutations of interest.



CONCLUSION

Optogenetics is a powerful and highly successful (Deisseroth, 2010) set of techniques that has been instrumental in recent developments in neuroscience research (Deisseroth, 2015; Kim et al., 2017), and more recently also for cardiac research (Entcheva and Kay, 2021). Zebrafish provide specific advantages as an experimental model for optogenetic cardiac investigations (Gut et al., 2017; Stoyek and Quinn, 2018), and have been instrumental in its early development, suggesting a bright future for this little fish. With the increasing sophistication of optogenetic methods, the zebrafish represents an experimental model with great potential for cardiac optogenetic studies. Hopefully more cardiac researchers will soon begin to see the light.
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Much has been reported about optogenetic based cardiac arrhythmia treatment and the corresponding characterization of photostimulation parameters, but still, our capacity to interact with the underlying spatiotemporal excitation patterns relies mainly on electrical and/or pharmacological approaches. However, these well-established treatments have always been an object of somehow heated discussions. Though being acutely life-saving, they often come with potential side-effects leading to a decreased functionality of the complex cardiac system. Recent optogenetic studies showed the feasibility of the usage of photostimulation as a defibrillation method with comparatively high success rates. Although, these studies mainly concentrated on the description as well as on the comparison of single photodefibrillation approaches, such as locally focused light application and global illumination, less effort was spent on the description of excitation patterns during actual photostimulation. In this study, the authors implemented a multi-site photodefibrillation technique in combination with Multi-Lead electrocardiograms (ECGs). The technical connection of real-time heart rhythm measurements and the arrhythmia counteracting light control provides a further step toward automated arrhythmia classification, which can lead to adaptive photodefibrillation methods. In order to show the power effectiveness of the new approach, transgenic murine hearts expressing channelrhodopsin-2 ex vivo were investigated using circumferential micro-LED and ECG arrays. Thus, combining the best of two methods by giving the possibility to illuminate either locally or globally with differing pulse parameters. The optical technique presented here addresses a number of challenges of technical cardiac optogenetics and is discussed in the context of arrhythmic development during photostimulation.

Keywords: cardiac optogenetics, channelrhodopsin-2, arrhythmia, photostimulation, feedback techniques, arrhythmia classification, deceleration


1. INTRODUCTION

Ventricular arrhythmias are not only complex in clinical practice but also pose a challenge in the exploration and optimization of new, gentler termination approaches. In particular, the bar is set high for exploratory, experimental studies in characterizing the underlying modes of function and the resulting translational approaches.

It seems that the best known clinical approach is the global termination of ventricular tachyarrhythmia by delivery of high-energy electrical shocks, either externally or internally, which have been shown to be very effective and, most importantly, fast-acting. However, especially in cases of frequently necessary or incorrect application, considerable side effects, such as electroporation and traumatic tissue damages (Moss et al., 1996; Tokano et al., 1998), make it necessary to optimize this method. In the course of this, termination protocols with more than one shock or more specific electrical pulses have come into focus. The application of multiple less energetic pulses can counteract the arrhythmia in its origin as a circularly propagating cardiac excitation (Efimov et al., 2000; Exner, 2005), as e.g., already applied as anti-tachycardia pacing (ATP) in patients (see e.g., Wathen et al., 2004). Furthermore, there are also experimental, pre-clinical multi-pulse protocols since such protocols have a significant influence on synchronization of excitation patterns (Exner, 2005), which try to reach the minimum necessary energy for a successful termination in different approaches, on the one hand with changing pacing frequency or on the other hand with changing amplitude level (Pumir et al., 2007; Luther et al., 2011; Janardhan et al., 2012).

Though, the majority of experimental studies face the hurdle that during the administration of electrical pulses, the measurement systems, such as the electrocardiogram (ECG), get “blinded,” due to the artifacts caused by either the defibrillation or pacing pulses applied. To circumvent this, optical mapping is frequently used, which itself sometimes exerts strong influences on the cardiac system, e.g., through the use of chemicals such as fluorescent dyes or corresponding mechanical uncouplers (see e.g., Kolega, 2004; Swift et al., 2012; Zaglia et al., 2015). In this context, cardiac optogenetics and photostimulation exhibit great advantages. Its modus operandi is not based on electrical pulses, but on light pulses, so that there are no negative influences on the ECG to be expected. When using transgenic animal models, the genetic expression distribution of the optogenetic sensors/channels is homogeneous or locally specified. In addition, the application of non-electrical pulses is also less susceptible to short-term side effects such as electroporation. Lastly, since the light pulses can be delivered in a locally specific manner, cardiac regional success differences in termination can be further investigated with globally acting protocols.

In this study, the authors intend to show that cardiac optogenetics is a valid experimental tool for the investigation of arrhythmia behavior during pacing, which can provide information about the termination probability of the arrhythmia. To characterize and visualize this, a new multi-ECG setup was developed, making possible to observe different multi-pulse protocols with respect to their termination success and effects on the arrhythmia. Finally, the possibility of such a system for heart-specific arrhythmia termination will be discussed.



2. MATERIALS AND METHODS

Experiments involving lab animals were performed in accordance with the current version of the German animal welfare law and reported to our animal welfare representatives. Application for approval has been approved by the responsible animal welfare authority (Lower Saxony State Office for Consumer Protection and Food Safety). Moreover, humane welfare-oriented procedures were carried out in accordance with the Guide for the Care and Use of Laboratory Animals and were performed after recommendations of the Federation of Laboratory Animal Science Associations (FELASA).


2.1. Langendorff Perfusion

This study was accomplished using a constitutive transgenic mouse model, α-MHC-ChR2, at the age of 17 weeks and older, whereby ChR2 expression was proven by biomolecular protocols and restricted exclusively to cardiac tissue. In the experiment, a retrograde ex vivo perfusion after Langendorff was used. For this method, as described elsewhere (Richter et al., 2016), the murine heart was explanted, afterwards cannulated via the aorta and perfused with Tyrode's solution (130 mM NaCl, 4 mM KCl, 1 mM MgCl2, 24 mM NaHCO3, 1.8 mM CaCl2, 1.2 mM KH2PO4, 5.6 mM glucose, and 1% albumin/BSA; aerated with carbogen (5% CO2 and 95% O2)). A constant flow rate of (2.63 ± 0.58) ml/min was applied, whereby normal heart rate varied from 4 to 6 Hz and arrhythmic frequencies were observed between 15 and 30 Hz.

For experimental induction of arrhythmic patterns, normal perfusion was switched to low-K+ Tyrode's solution (130 mM NaCl, 2 mM KCl, 1 mM MgCl2, 24 mM NaHCO3, 1.8 mM CaCl2, 1.2 mM KH2PO4, 5.6 mM glucose, and 1 % albumin/BSA were aerated with carbogen (95 % oxygen and 5 % CO 2)) with 100 μM Pinacidil as described by Bruegmann et al. (2016). In contrast to other publications, Richter et al. (2016), Quiñonez Uribe et al. (2018), and Sasse et al. (2019) the initiation of arrhythmia in this work was induced with rapid optical pacing as also shown in Diaz-Maue et al. (2021). Sustained arrhythmias were achieved when remaining for tterm = 5 s, control experiments which confirm this criterion are further detailed in section 3.2. Should the induced arrhythmia terminate within tterm, it was classified as self-terminated. In addition, if an arrhythmia failed to be terminated at the fifth photostimulation attempt, then backup was used. The backup consisted of activating all μLED arrays at the same time at the highest experimentally used light intensity resulting in global illumination.



2.2. Multi-Lead ECG and μLED Arrays

A custom-built Multi-Lead ECG device was designed to simultaneously record cardiac activity from different regions of the heart. Based on the Wilson Hypothesis by Wilson et al. (1934, 1946), a Wilson Central Terminal (WCT) was built by connecting three surface Ag/AgCl electrodes V1, V2, and V3 to a common point. The potential difference between these three electrodes and the WCT are referred to in this work as uni-polar lead measurements. During the experiments, the three electrodes were positioned at an angle of 120° as shown in Figures 1A,B. The signals acquired were digitally converted and afterward analyzed.


[image: Figure 1]
FIGURE 1. Experimental setup with three lead ECGs, three μLED arrays, and illumination patterns used. (A) The murine heart was encompassed by three μLED arrays and three ECG Electrodes as shown in all panels from different angles. (B) μLED1 was always positioned onto the left ventricle of the heart, following μLED arrays were positioned with a 120° angle with respect to each other. In a similar way, the ECG electrodes V1, V2, and V3 are positioned in the space between μLED arrays. (C) ECG recording showing the photostimulation given by the μLED array and the corresponding responses measured by V1, V2, and V3 electrodes. The change of polarity, as well as the change in amplitude, demonstrate that the chosen measuring electrode registers the highest potential when the opposite μLED array is activated (D) Applied illumination patterns. The row pattern initiates illumination in the lower row of every array at the given frequency and pulse width, the column pattern starts with the left column and rotates around the heart with the parameters set. The array pattern activated the nine μLEDs at the same time in μLED1 then turned off after the given pulse width, similarly, μLED2 was then activated, and finally μLED3 irradiated the heart at last. The spacing of the μLED in x-direction is 1.14 mm and in y-direction is 0.63 mm.


Motivated by the work of Schwaerzle et al. (2014) and Diaz-Maue et al. (2018, 2021), a set of custom-built micro-LED (μLED) arrays were designed. Briefly, blue LEDs (XZBBR155W5MAV, SunLED, USA) with a central wavelength λblue = 470 nm were reflow soldered onto a printed circuit board (PCB). The material used for the PCB was a prepreg laminate (104 ML, LPKF, Garbsen, Germany) with a thickness of 200 μm. The blue LEDs were arranged in a 3 × 3 array with a horizontal distance of 1.14 mm as shown in Figure 1D, yielding to an active illumination area of 4.76 mm2. The conductive tracks on the PCB were isolated embedding the complete array into a layer of Polydimethylsiloxane (PDMS, Sylgard 184, Dow Corning, USA). PDMS was chosen because of its excellent biocompatibility, long-term stability, and electrical isolation properties (Hamelink, 1992). The optical characterization of the μLED arrays was performed with a PM100D optical power meter (Thorlabs, Germany) and the S120VC photodiode power sensor (Thorlabs, Germany). In this study, three μLED arrays (μLED1, μLED2, and μLED3) were positioned as well as the ECG electrodes in a 120° angle encircling the heart (cf. Figure 1B). The current flowing through the resulting 27 μLEDs was controlled via the lab computer using a custom-made μLED-Driver. Control and analysis were realized with a custom-software written in Python (Python Software Foundation, USA).

The proof-of-working of the system was achieved by conducting an experiment measuring pacing thresholds (refer to Supplementary Figure 1). As it can be seen in Figure 1C, no electrical artifacts were induced in any uni-polar lead during photostimulation. This confirms that the PDMS layer provided adequate isolation for the electrical tracks on the PCB. Figure 1C shows as well, that the pacing signal of every μLED array is measured in the opposite electrode, i.e., when μLED1 illuminates the heart, the electrical activity is recorded in V2. In this scenario, since all three electrodes are forming the WCT terminal (zero voltage point), the change of potential that is caused by the expanding electrical wave initiated by μLED1 is measured by V1 and V3, these two contribute to the WCT equally due to their proximity, as a consequence, the maximum change of potential is then recorded by electrode V2.



2.3. Illumination Patterns

Inspired by the theory of excitable media, three different illumination patterns, namely row, column, and array protocols, were designed to explore the most effective way of breaking or blocking the arrhythmia-generating spiral waves. The motivation for the row protocol was to drive the spiral wave(s) upward toward the atria, so that the uncoordinated electrical activity collides with non-excitable tissue, getting thereby terminated. As for the column and array protocol, it was intended to evoke a conduction block to terminate the arrhythmia by first exciting a defined area of tissue, consequently leading to a refractory period and therefore causing the spiral wave to be absorbed or blocked at the boundary. The column protocol illuminates only a small area of the heart at once, thus putting several successive segments into the non-excitable state. On the contrary, the array protocol illuminates larger areas at once thereby limiting the number of non-excitable segments to three. In this study, these three approaches were compared to determine which is more effective in terminating arrhythmia.

Accordingly, these three experimental protocols were applied in order to determine illumination patterns that optimize defibrillation success in terms of defibrillation energy and frequency of illumination. Furthermore, it was investigated whether the applied protocols were especially suitable for certain arrhythmia types or arrhythmia frequencies.

In the row protocol, the bottom three μLEDs of all three arrays were activated simultaneously, so that the illumination formed a ring around the heart. Afterwards, the two rows above followed one after the other with one pulse each. In this study, five repetitions of the mentioned sequence were used to deliver a total of k = 15 pulses per attempt. During the column protocol, first the very left column of μLED1 emitted one pulse. Subsequently, the middle and right column of μLED1 followed, afterwards μLED2 and μLED3 continued with the same pattern, respectively. In this case, the protocol was repeated only two times, consequently the light pulses circulated two times around the surface of the heart in a counterclockwise direction resulting in k = 18 pulses. The last protocol tested was the array protocol. Hereby, the entire μLED1 was activated to deliver five pulses to the heart. μLED2 and μLED3 followed, emitting five pulses each as well. In this way, the heart was circled only one time with a total number of k = 15 pulses. All illumination patterns are illustrated in Figure 1D.

In order to investigate the effect of light intensity, three different radiant fluxes, Φ = (1.7 ± 0.1) mW, (2.4 ± 0.1) mW and (3.3 ± 0.1) mW, were chosen for all three illumination patterns. Furthermore, five different pulse frequencies fstim = 18, 20, 22, 24, and 26 Hz were tested to assess whether the chosen stimulation frequency fstim influences the success of termination. The pulse duration of each pulse was kept constant at dstim = 20 ms since this value proved to be particularly successful in earlier experiments (Diaz-Maue et al., 2021). The energy applied for every arrhythmia termination attempt Q was calculated as the product of the number of pulses k, the radiant flux Φ, and the pulse duration dstim, yielding values between Qmin = (0.51 ± 0.03) mJ and Qmax = (1.19 ± 0.03) mJ (cf. Supplementary Figure 2).

Finally, a positive control group was introduced with Nm = 4 mice. Defibrillation attempts were performed with global illumination using three high-power LEDs arranged as described in Quiñonez Uribe et al. (2018). Here, the light intensity was LI= 1 mW/mm2 which corresponds to a radiant flux of Φ = (58 ± 5) mW. Similarly to the three proposed protocols, photostimulation was performed with k = 15 pulses, pulse width dstim = 20 ms, and frequencies of fstim = 18, 20, 22, 24, and 26 Hz. This resulted in an energy of photostimulation of Q = (52.2 ± 4.5) mJ.



2.4. Arrhythmia Classification

In cardiac tissue, ventricular tachyarrhythmia is subdivided into tachycardia (VT) and fibrillation (VF). In order to correctly assess the successes or failures of photodefibrillation attempts, it is necessary to classify the individual arrhythmia into different categories depending on their complexity.

The obtained ECG recordings were post-processed after the experimental series to classify the arrhythmia type. For this purpose, a segment of every uni-polar lead measurement was extracted 1 s before every photostimulation attempt. Three different procedures were applied to determine the complexity of an arrhythmia. First, the evaluation of the morphology of the ECG signal according to the updated Lambeth convention (Curtis et al., 2013) was considered. Second, a sine fit was applied to the ECG recordings to identify the dominant frequency of the arrhythmia. The sine fit was implemented in the mathematical language Python by means of a curve fit that uses non-linear least squares to fit a sine function to the data. Amplitude, frequency, and phase were thereby fitted simultaneously. The sine fit represents an automated version of the periodicity analysis, as similarly performed by Skanes et al. (1998) in Langendorff perfused sheep hearts. Third, the Fast Fourier Transform (FFT) in combination with a Lorentzian fit was employed. The resulting spectrum of the FFT was used to estimate the dominant frequency of the arrhythmia as well as to investigate the variety of frequencies involved, as also described by Skanes et al. (1998). Based on the results of these methods, all arrhythmia were classified into three categories, namely monomorphic ventricular tachycardia (mVT), polymorphic ventricular tachycardia (pVT), and ventricular fibrillation (VF), with spatiotemporal complexity increasing from mVT to pVT and VF (Curtis et al., 2013).

Figure 2 shows illustrative examples of the three types of arrhythmia. The ECG representative recordings shown here were all acquired by electrode V3. Clearly, it is shown that the ECG turns into a more irregular pattern the more complex the arrhythmia becomes.


[image: Figure 2]
FIGURE 2. Representative examples of the classification of the three arrhythmia types mVT (A), pVT (B) and VF (C). The left column shows the ECG recording acquired by electrode V3, the middle column displays the applied sine fit to the corresponding ECG signal and the right column illustrates the fitting of a Lorentzian function to the FFT of the ECG signal. (A) Example of a monomorphic VT. The sine fit results in a dominant frequency of fdom = (19.2 ± 0.5) (gof = 0.8). The FFTs and Lorentzian fits of the three ECG signals of V1, V2 and V3 agree to a large extent. They yield the dominant frequencies fdom,V1 = (19.0 ± 0.1) Hz and fwhm = (0.9 ± 0.1). (B) Example of a polymorphic VT. According to the sine fit, the dominant frequency of the arrhythmia lies at fdom = (17.3 ± 0.4) Hz with gof = 0.6. The Lorentzian fits to the FFT spectra result in fdom = (17.1 ± 0.1) Hz for all three ECG signals with slightly varying widths fwhmV1 = (1.5 ± 0.2), fwhmV2 = (1.8 ± 0.3) and fwhmV3 = (1.6 ± 0.3). (C) Example of a VF. Sine fitting the ECG signal of V3 gives a dominant frequency of fdom = (26.4 ± 0.3) Hz at gof = 0.1. The Lorentzian fit to the FFT of the the ECG signals of V1, V2 and V3 provides rather distinct peaks with variable widths, resulting in fdom,V1 = (18.6 ± 0.7) Hz, fdom,V2 = (15.6 ± 0.5) Hz, fdom = (21.8 ± 1.1) Hz and fwhmV1 = (15.7 ± 2.2), fwhmV2 = (8.4 ± 1.4), fwhmV3 = (16.2 ± 3.2).


Accordingly, the sine fit for the rather regular mVT is almost in perfect agreement with the ECG signal, apart from slight variations in the amplitude (cf. Figure 2A). Furthermore, the increasing complexity of the arrhythmia leads to the occurrence of moderate deviations of the fit to the ECG signal in pVT (cf. Figure 2B) and to major deviations in VF (cf. Figure 2C). In order to quantify the observed deviations, the sine fit algorithm computes the normalized difference between the fitted signal and the original signal, in addition to the optimal parameters for amplitude and frequency. This value is then subtracted from 1 and the self-defined indicator “goodness of fit” (gof) is obtained. When gof is close to 1, the fit is more precise. Thereupon, the following intervals were defined, gof > 0.6 for mVT, 0.2 ≤ gof ≤ 0.6 for pVT, and finally, gof < 0.2 for VF.

Moreover, an FFT was performed to evaluate the ECG signal in the frequency domain. Since the FFT returns a spectrum of frequencies that can be detected in the original signal, a Lorentzian fit was applied to quantify the relevance of the different frequencies. The values for the center of the fit and the full width half max (fwhm) gave information about the dominant frequency and the width of the fit indicating if there was only one dominant frequency or if several frequencies contributed substantially. Accordingly, if 1 < fwhm < 10, the arrhythmia was classified as pVT, as mVT if fwhm ≤ 1, and as VF if fwhm ≥ 10.

In the case of the mVT in Figure 2A, the Lorentzian curves fitted to the FFT of the ECG signals of V1, V2, and V3 were very narrow and coincide for all three ECG signals. Figure 2B corresponds to a pVT, in this example, the Lorentzian curves were broader and slightly different for each electrode. Furthermore, components of different frequencies could be observed alongside the main peak. Notably, the Lorentzian fits varied substantially for the VF shown in Figure 2C. It is therefore clear that the three electrodes V1, V2, and V3 recorded ECG signals that contain distinct frequency information, which is reflected in the large width of the curves.

The described analysis was performed for all three uni-polar lead recordings. Should one of the three mentioned methods suggest different arrhythmia types, the whole arrhythmia was classified according to the most complex type.



2.5. Time-Frequency Analysis

Obtaining information about the frequency content of a signal is a usual task of the FFT (Chorro et al., 2006; Nash et al., 2006; Masse et al., 2007; Umapathy et al., 2010; Caldwell et al., 2012) or of the Short-Time Fourier Transform STFT (Tseng and Tseng, 2020; Coult et al., 2021). However, both require stationary signals (Clayton and Murray, 1993; Mansier et al., 1996; Seely and Macklem, 2004) and are therefore only suited for providing information about a signal as a whole. In the case of cardiac arrhythmia, the obtained signals contain short-term transients which cannot be completely described in the frequency domain alone and also require temporal resolution. Accordingly, to do a comprehensive evaluation of the transitory events in the ECG recordings, especially during photodefibrillation, the continuous wavelet transform (CWT) was chosen to deliver information in the combined time-frequency domain as also described by Torrence and Compo (1998), Abbate et al. (2002). The CWT signal processing was done using MATLAB (Mathworks, USA). First, all photodefibrillation attempts were localized and the recorded signal was shortened to 3 s before and 3 s after photostimulation, where the points to and tf were defined, respectively, as the time for the first and last light pulse given. Afterwards, the CWT was calculated using a Morse wavelet as mother wavelet and the corresponding magnitude scalograms were plotted. Second, in order to obtain the frequencies which correspond to the largest scales present in the CWT, the maximum scale amax(ts(i)) for every sampling point ts(i) was computed, then all scales in the scalogram matrix a which were larger than 0.8·amax(ts(i)) were extracted. Following this criteria, the frequencies corresponding to a > 0.8·amax were obtained yielding an array with several values for every ts(i). The mean value of every array was then calculated yielding to [image: image] which represents now the instantaneous frequency for every point at time ts. Furthermore, the dominant frequencies for every time range of interest, namely, before fcbef, during fcdur, and after fcaft photodefibrillation were calculated as the mean value of [image: image] during the required intervals, defined as before t0 − 3 ≤ tsbef ≤ t0, during t0 < tsdur ≤ tf, and after tf < tsaft ≤ tf + 3. The same method was applied for every ECG recording acquired, generating the values fcbef(1−3), fcdur(1−3), and fcaft(1−3).




3. RESULTS


3.1. Arrhythmia Distribution and Characteristics

Performing the arrhythmia classification as mentioned in section 2.4 for the total number of recorded arrhythmia Narr = 458 from Nm = 11 mice, it was found that the majority of events, namely 55 % were classified as pVTs. mVT and VF events made up 24% and 21%, respectively. Regarding the three illumination patterns, [image: image] arrhythmias were acquired per pattern.

In order to define successful termination, it was examined whether an arrhythmia terminated simultaneously with the end of illumination or whether it continued beyond the point tf. In case of the latter, the time until the ECG signal returned to the base line was denoted as transient time. About half of all recorded arrhythmia exhibited transient times ranging between 50 and 2200 ms. Since 90 % of all arrhythmia with transients were terminated within 1300 ms after the end of illumination, it was defined that transient times which were less than or equal to 1300 ms correspond to successful termination whereas transient times larger than 1300 ms were classified as non-successful.



3.2. Termination Success

When considering the success rates of photodefibrillation regarding the three different illumination patterns without further distinguishing the parameters frequency of stimulation fstim or applied radiant flux Φ, it became apparent that for mVTs, the column protocol worked most efficiently, since it was able to terminate (96.4 ± 1.7) % of all mVT independently of the selected parameters (see Figure 3A). The row and array protocol both showed a lower success rate around 78 % for mVT. In comparison, no such clear trend emerged for the pVT events. All protocols showed similar success rates for this arrhythmia type, on average (63.6 ± 4.5) %. Moreover, the column illumination pattern offered the lowest success rate of (37 ± 9) % for VF events. Regarding the row protocol, it is remarkable that it terminated VF events more reliably than pVT even though VF represent the more complex arrhythmia type.
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FIGURE 3. Obtained Success Rates and effects of illumination during arrhythmia. (A) Success rates for mVT, pVT and VF depending on the illumination pattern. (B) Success rates for the photostimulation frequencies fstim = 20 and 22 Hz and the three different radiant fluxes applied. While the array protocol has the lowest termination rate for this two selected fstim, the row pattern terminates better with fstim = 20 Hz and the lowest radiant flux applied, and the column pattern reaches a success rate of 100% when applying 3.3 mW radiant flux and fstim = 22 Hz. (C) Termination rates shown with the deceleration observed in 1,2 and 3 Leads or acceleration measured in 3 leads. The data shown in (A–C) is reported with Error bars calculated with Standard Error of Mean (SEM). (D) Scatter plots showing the relation between fcbef and fcdur for row, column and array patterns. In addition the marginal histograms show the occurrence of success and failed attempts. (E) ECG recordings from different electrodes for one successful event using the three illumination patterns. The blue arrows show the timing of the light pulses and the dashed lines show the interval during illumination. (F) Magnitude Scalograms from the ECG leads shown in (E). It can be observed that all three protocols are able to change both frequency and amplitude of the arrhythmia. (G) Representation of the heart for row (left), column (center) and array (right) protocols illustrating the extracted frequencies fcdur from V1, V2, and V3. Statistical significance illustrated as *p < 0.1, **p < 0.05 and ***p < 0.01.


In summary, these results indicate that different illumination patterns could be suited for different arrhythmia types. Figure 3A shows that the row protocol is overall most efficient for VF, whereas the column protocol should be chosen when attempting to terminate mVT. During pVT, all illumination patterns worked comparably well. In contrast, the control group employing global illumination terminated 100 % of Narr = 75 independently of their type. In order to confirm the significance of the presented results, statistical tests were made using a one-tailed z-test for proportions as shown in Figure 3A.

Unfortunately, the sample size for VF events proved to be too limited to provide meaningful results once a further distinction according to the stimulation parameters was to be made. This is a consequence of the circumstance that it was not possible to determine the arrhythmia type during the experiments, leading to a randomized distribution of mVT, pVT, and VF. For further evaluation, mVT and pVT were combined into the group of VT, because this supports a sufficient sample size of arrhythmia when analyzing the success of termination based on different parameters. Considering the individual illumination patterns, the mean number of VT for evaluation per protocol type lies at [image: image].

In order to analyze the dependence on the applied radiant flux Φ, the termination success was investigated for two fixed stimulation frequencies fstim= 20 Hz as well as fstim = 22 Hz and varying radiant flux considering only VT events. Figure 3B top and bottom display the success rates of the row and column protocol exceeding those of the array protocol. It is important to notice that the column illumination pattern obtained the highest success rates with the lowest applied radiant flux Φ = (1.7 ± 0.1) mW and therefore the lowest energy of stimulation Q= (0.61 ± 0.04) mJ for fstim = 20 Hz. Conversely, the row illumination pattern delivered better results with increasing radiant flux and stimulation energy in both cases. Both the column and the row protocol reached a 100 % success rate for a certain parameter combination thereby providing a reliable mechanism for arrhythmia termination.

Supplementary Figure 3 displays the success rates for each illumination pattern in dependence on the dominant frequency of the arrhythmia farr 1 s before illumination considering all VT events. In this case, the dominant frequency farr was determined as the weighted average of the results of the sine fit, the FFT, and the Lorentz fit to the FFT spectrum. Moreover the distribution of farr can be found in Supplementary Figure 4. The presented results show that the success rate of the row protocol declined with increasing farr. Conversely, the column and array protocol showed no such trend. Overall, the array protocol reached the highest success rate only in one case, namely for farr=21 Hz. In all the other cases, the success rates of either the row or column protocol exceeded that of the array illumination pattern.

Additionally, experimental validation regarding the possibility of self-termination was performed by inducing arrhythmia with the μLED arrays in place, but without applying photostimulation. Given that the arrhythmia was sustained for at least 5 s, it persisted for (30.97 ± 2.50) s for all arrhythmia Narr = 53 evaluated. Subsequently, the arrhythmia was terminated using global illumination to prevent permanent damage to the heart due to the ongoing chaotic behavior. Thus, it can be concluded that the induced arrhythmia have a self-termination time above (30.97 ± 2.50) s once they have persisted for more than tterm=5 s. Since the stimulation protocols take a maximum of 15 s upon completion, the termination of the chaotic cardiac rhythm can clearly be attributed to the stimulation by the μLED arrays.



3.3. Effect of Illumination Patterns During Cardiac Arrhythmia

Optical based stimulation does not induce electrical artifacts due to saturation of the amplifier in the ECG recordings, therefore it was possible to analyze time series of the three acquired uni-polar leads before, during, and immediately after all photodefibrillation attempts. Since the dynamic transients of complex arrhythmia could be better characterized with the CWT, the results in this section always use the frequencies fc calculated with the method described in section 2.5. Additionally, all types of arrhythmia were included without distinguishing between them during evaluation. In particular, it could be observed that the local dominant frequencies fcdur notably changed during photodefibrillation independently of the frequency used for photostimulation fstim. Trials in which fcbef remained constant could not be found, refer to Supplementary Figure 5.

Table 1 shows that during illumination all three tested patterns provoked a change of the mean frequency [image: image] calculated for the three recorded ECG, where Δfc = fcdur−fcbef. This effect is more prominent in the row illumination pattern where 76 % of all arrhythmia displayed a decrease in dominant frequency during photostimulation. Moreover, all three illumination patterns showed to perform better when Δfc was decreased. In other words, when fcdur decelerates compared to fcbef, the probability of termination success increases, as it is presented in columns 5 and 6 of Table 1. To support this result, the success rates for deceleration and acceleration measured in different uni-polar leads around the heart were extracted and are shown in Figure 3C. The success rates here were organized in four groups, where the first group dec.1 contains the attempts in which deceleration could be observed only in one lead, whereas acceleration was detected in the other two leads. In a similar way, the second group dec.2 contains the tries in which two leads got decelerated, thus one was accelerated. Finally, the last two groups dec.3 and acc.3 show the termination rates when all three uni-polar leads measured deceleration, respectively, acceleration. The most efficient approach for terminating arrhythmia is given when the deceleration of fcdur is achieved in all three monitored areas of the heart, here the array pattern reached the best efficiency. With exception of the row protocol, the termination rate of the group acc.3 exhibits rather low values.


Table 1. Change of average frequency from the CWT during photostimulation where Δfc = fcdur−fcbef.

[image: Table 1]

To further analyze this behavior, Figure 3D shows the scatter plots with marginal smoothed histograms of the conducted experiments. The smoothed histograms on the right show that there is an accumulation of successful cases when the frequency of the arrhythmia during photostimulation fcdur drops below 20 Hz approximately. Directly comparing the three tested patterns, it can be observed that the distribution of terminated arrhythmia in the column protocol is broader than for row and array patterns, demonstrating that the column protocol is more robust against the arrhythmia measured in this work. Furthermore, the right side histograms suggest that the row protocol is more successful when it is able to reduce fcdur to around 15 Hz, the same claim holds for the array protocol. Considering the upper histograms, it can be observed that column and array protocol perform better for slow arrhythmias.

In order to illustrate the evolution of arrhythmia during photostimulation Figures 3E–G show an example of a termination event for each row, column, and array patterns with corresponding representative uni-polar lead recording, calculated CWT, and the representation of the local change of frequency on the heart fcdur. In Figure 3E, it is shown that the frequency and morphology changes of the measured ECG are clearly noticeable during photodefibrillation. Dashed lines indicate the beginning and end of the light pulses. The frequency and amplitude changes can be seen more pronounced in Figure 3F. These magnitude scalograms show that all three row (left), column (center) and array (right) protocol, modify the initial frequency fcbef to some extent. Figure 3G emphasizes that uni-polar lead recordings were able to register different cardiac dynamics in the different locations. Moreover, it could also be observed that the change of dominant frequency did not necessarily appear in all regions of the heart during photostimulation. This fact might indicate that the electrical activity of some cardiac tissue was not altered in a significant way. For instance, setting a change of frequency threshold to ΔfcT = ± 0.5 Hz for every uni-polar lead, it was found that the employed illumination patterns induced a variation in frequency below ΔfcT in only one ECG recording in 19.9 % of the cases for the row protocol, 23.1 % of the total cases in the column protocol, and 29.7 % in the array protocol.

The presented results also point out that the Multi-Lead recording of cardiac activity delivers more spatial information about the dynamics and temporal evolution of an arrhythmia, e.g., during transient events such as during photodefibrillation, than single lead recordings as commonly used.




4. DISCUSSION

The motivation for the present study was to demonstrate the great potential of cardiac optogenetics as an investigative tool for elucidating the underlying mechanisms of defibrillation. So far, this question could not be clarified unambiguously, because especially in studies with electrical pulses the ECG is briefly “blind,” i.e., due to the high electrical pulse voltage, the actual cardiac signal is masked. However, with the help of optogenetic channelrhodopsins, here specifically channelrhodopsin-2, no electrical voltage is used for defibrillation, but light pulses, which are suitable in appropriate light intensity to initiate new excitation signals (Bruegmann et al., 2011; Deisseroth, 2011).

In the application of cardiac optogenetics itself, various termination mechanisms are currently being discussed. First and foremost are the physiological processes induced by the applied light intensity, as well as the change of light intensity along the penetration depth into the myocardium (Lubart et al., 2007; Bruegmann et al., 2010; Hussaini et al., 2021). Though, the analysis of the development of the arrhythmia frequency is often limited to the required termination time, so that conclusions can be drawn about the minimum required pulse duration or stimulation duration, but not about the underlying termination process. To try to understand the defibrillation mechanisms, the authors tested three different multi-pulse protocols and analyzed them with respect to arrhythmic behavior during photostimulation. It was shown that the probability of successful arrhythmia termination is strongly dependent on the frequency evolution. With decreased arrhythmia frequency (deceleration), the probability of success is significantly increased compared with increasing frequency (acceleration). Such frequency dependence of defibrillation has also been shown in other pre-clinical or clinical studies with electrical stimulation (Everett et al., 2001; Panfilov et al., 2013). Similarly, the dependence of the probability of success on the pacing frequency used has been demonstrated in other works. For example, Weinberg et al. (2013) tested high-frequency stimulation protocols (50–500 Hz) and identified conduction block as a putative mechanism (Tandri et al., 2011). That is, cardiomyocytes are globally maintained in the refractory phase until the arrhythmia is terminated. Such type of experimental studies could possibly be equated with long-time global photostimulation, such as it can be applied in the array protocol presented here or by Quiñonez Uribe et al. (2018). Nevertheless, such a mechanism is apparently not ostensible for the other two protocols, row and column. Here, the local influence of light-induced depolarization on excitation propagation and thus on the complexity of arrhythmia propagation seems to play a crucial role. These two protocols are a very good example of the use of optogenetic photodefibrillation. The idea hereby is simple, through the targeted local application of light pulses, the arrhythmic excitation pattern is counteracted by a new motion pattern.

As shown in Figure 3A, the different pulse protocols can be used for different arrhythmia types. With regard to automated feedback pacing, this means that different pulse protocols could be applied based on the frequency analysis and arrhythmia classification preceding the termination pacing, thus increasing the termination probability. This was also confirmed for conventional defibrillation by Povoas et al. (2002) by analyzing pre-clinical data for CPR. It is important to mention that, in order to exclude effects in the success rate analysis due to spontaneous self-termination, experiments were performed with the same setup except for the activation of the μLED arrays. The experiments have shown that the probability of self-termination decreases with the duration of the induced arrhythmia (see section 3.2). Based on this, the authors assume that the terminations shown here occurred mainly because of photostimulation. Bruegmann et al. (2016) have shown that both ChR2 expression by itself and pure illumination of wild-type hearts have no effect on termination rates. Taking this into account, the authors decided not to use such a control group in the present work. Although this study provides the proof of principle that different illumination patterns do influence the termination success of an arrhythmia depending on its complexity (mVT, pVT, or VF), the necessity for further testing remains. Based on this, there is plenty of potential for optimization with the aim of establishing specific termination parameters based on arrhythmia characteristics and applying these dynamically during the experiment so that each event can be treated in a customized manner. More precise defibrillation mechanisms cannot yet be represented by the data generated in this study and are therefore object of ongoing research.

In addition, it could be successfully proven that the integration of simultaneous Multi-Lead ECG measurements in combination with frequency and time-frequency analyzes allows a better spatial characterization of arrhythmia compared to conventional one lead ECG, without the need of using optical mapping. Consequently, the design and development of targeted termination pulses with patterned illumination were made possible. It is also important to mention that the use of a triangular constellation of measuring electrodes as shown here gives a better understanding of the arrhythmia distribution, but for the precise spatial classification of the arrhythmia only rather large-scale statements can be made (see Figure 3G). To refine this, further studies in the group are looking at the use of new ECG arrays with higher spatial resolution. Further examples from the literature comply with the intended way to follow (Uzelac and Fenton, 2020).


4.1. Limitations and Outlook

The present study describes a possible dependence of the termination success on the development of the arrhythmia frequency during pacing. Though, at the present time, no conclusions can be drawn about the underlying excitation patterns. The complexity of arrhythmia and, consequently, the arrhythmia frequency may change spatially due to meandering spirals. To investigate this, the number of ECG electrodes used is not sufficient. For this, the electrode density needs to be increased in relation to the heart surface. Another method to overcome this challenge would be the usage of optical mapping, however, while it is true that it is widely accepted as the standard technique for the electrical spatial characterization of arrhythmia, it can also produce non-desired electrophysiological changes as shown by Kappadan et al. (2020). Other methods like combined optical mapping with motion tracking (Christoph et al., 2017, 2018) could also be helpful, but the motion compensation can only be done after the experiments during post-processing. Therefore, and with the motivation of opening the possibility to translate the presented results into in vivo trials or also bigger animal models, the authors decided to introduce the Multi-Lead ECG measurement as a local monitor of cardiac electrical activity. Further efforts are being invested in the real-time processing of the acquired ECG measurements. While optical mapping data requires much more computational power, ECG measurements can be directly analyzed during trials with lower processing resources such as microcontrollers or digital signal processors, facilitating the near to instantaneous analysis of measured data.

A somehow obvious limiting factor of the present study is the currently difficult translation of the described technique into clinically relevant in vivo applications. For this purpose, in addition to the above mentioned optimizations of the electrical measurement methods, anatomically adapted measurement and stimulation arrays are needed, the detailed study of which is the subject of current investigations.

Further limitations arise from the optical characteristics of the μLED used, such as the beam angle. This affects the distribution of the emitted light intensity on the cardiac surface and thus the propagation mode of the initiated excitation. Characterization of the propagation parameters would be highly important for understanding the termination processes and for establishing a feedback system based on them. Therefore, increasing ECG resolution and the study of μLED light distribution patterns in combination with optical visualization as a validation method is part of ongoing research.

With the intention of finding parameters that might predict the termination of an arrhythmia even before the photodefibrillation attempt is finished, the CWT processing method was introduced in this work as an alternative method to the FFT for determining the dominant frequency. It could successfully be shown that the CWT facilitates the characterization of arrhythmia frequency during short events of light stimulation. Further looking for prediction parameters, Yang et al. (2019) investigated whether the amplitude spectrum area (AMSA) and spectral energy could be considered indicative for the success of subsequent attempts at arrhythmia termination. As a result, they found that both parameters significantly increased in cases that lead to successful defibrillation. In contrast, if defibrillation did not succeed, no increase in AMSA or spectral energy could be observed. Likewise, in the present study, a change in the amplitude of the ECG recording of arrhythmia was noticed in some cases. Based on these two approaches (frequency and amplitude analysis) and the presented arrhythmia classification method, the design of a new feedback protocol is being pursued, with the goal of improving the photodefibrillation outcome by evaluating the mentioned parameters in real-time.




5. CONCLUSION

In conclusion, the presented experimental setup and the analyses obtained from it so far are the first step toward the description of arrhythmic development during multi-pulse photostimulation, which contributes to the successful termination due to the better resolution in spatial and temporal information, as well as better classification of the occurring arrhythmia. Further protocol flexibility is given by the fact that the proposed setup is able to individually control single μLEDs rather than only follow rigid illumination patterns, providing a fast theory-to-proof to experimental-implementation time. The authors are convinced that for the elucidation of defibrillation mechanisms, cardiac optogenetics is a well-suited experimental tool. Even so, there are still a few hurdles along the way, such as linking the arrhythmia frequency to the light intensity used and the associated change in amplitude or integrating flexible pacing frequencies.
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Catecholaminergic polymorphic ventricular tachycardia (CPVT) is an inherited disturbance of the heart rhythm (arrhythmia) that is induced by stress or that occurs during exercise. Most mutations that have been linked to CPVT are found in two genes, i.e., ryanodine receptor 2 (RyR2) and calsequestrin 2 (CASQ2), two proteins fundamentally involved in the regulation of intracellular Ca2+ in cardiac myocytes. We inserted six CPVT-causing mutations via clustered regularly interspaced short palindromic repeats (CRISPR)-Cas9 into unc-68 and csq-1, the Caenorhabditis elegans homologs of RyR and CASQ, respectively. We characterized those mutations via video-microscopy, electrophysiology, and calcium imaging in our previously established optogenetic arrhythmia model. In this study, we additionally enabled high(er) throughput recordings of intact animals by combining optogenetic stimulation with a microfluidic chip system. Whereas only minor/no pump deficiency of the pharynx was observed at baseline, three mutations of UNC-68 (S2378L, P2460S, Q4623R; RyR2-S2246L, -P2328S, -Q4201R) reduced the ability of the organ to follow 4 Hz optogenetic stimulation. One mutation (Q4623R) was accompanied by a strong reduction of maximal pump rate. In addition, S2378L and Q4623R evoked an altered calcium handling during optogenetic stimulation. The 1,4-benzothiazepine S107, which is suggested to stabilize RyR2 channels by enhancing the binding of calstabin2, reversed the reduction of pumping ability in a mutation-specific fashion. However, this depends on the presence of FKB-2, a C. elegans calstabin2 homolog, indicating the involvement of calstabin2 in the disease-causing mechanisms of the respective mutations. In conclusion, we showed for three CPVT-like mutations in C. elegans RyR a reduced pumping ability upon light stimulation, i.e., an arrhythmia-like phenotype, that can be reversed in two cases by the benzothiazepine S107 and that depends on stabilization via FKB-2. The genetically amenable nematode in combination with optogenetics and high(er) throughput recordings is a promising straightforward system for the investigation of RyR mutations and the selection of mutation-specific drugs.

Keywords: CPVT, RyR2, calsequestrin, arrhythmia model, optogenetics, S107, Calstabin2/FKBP12.6, C. elegans


INTRODUCTION

Catecholaminergic polymorphic ventricular tachycardia (CPVT) is a condition of abnormal heart rhythm (arrhythmia), induced by stress or physical activity. If untreated, CPVT is highly lethal. It often remains unnoticed due to normal baseline electrocardiograms and structurally normal hearts. The exact prevalence of CPVT is not known but is estimated to be around 1:10,000 (Liu et al., 2008). The mean age of symptom onset is between 7 and 8 years (Leenhardt et al., 1995). Most mutations that have been linked to CPVT are found in two genes, i.e., ryanodine receptor 2 (RyR2) and calsequestrin 2 (CASQ2), two proteins fundamentally involved in the regulation of intracellular Ca2+ in cardiac myocytes (Priori et al., 2002; Faggioni and Knollmann, 2012). The cardiac RyR2 is a Ca2+ release channel located in the sarcoplasmic reticulum (SR). In vertebrates, three RyR isoforms are present, whereas Caenorhabditis elegans has a single RyR gene encoded by the unc-68 locus (Maryon et al., 1998). Therefore, our model may recapitulate general ryanodinopathy, even when CPVT-related RyR2 mutations are chosen. The UNC-68 protein shares about 45% sequence identity and 63% homology with the human RyR2. The expression of UNC-68 was shown by immunostaining in several muscle cell types, including pharyngeal muscles, where it was detected in the terminal bulb and posterior isthmus (Maryon et al., 1998; Hamada et al., 2002). The expression of a GFP reporter gene construct was also observed in head neurons (Maryon et al., 1998). Two EF-hand motifs and the C-terminus of UNC-68 were demonstrated to be Ca2+ binding regions, and based on these results, a proposed model for the functional domains of UNC-68 was found to agree well with a model of mammalian skeletal RyR (Hamada et al., 2002). Null mutants of unc-68 are not lethal, but they move slowly and exhibit a languid, incomplete flaccid paralysis, and pharyngeal pumping is weaker than in wild type (Maryon et al., 1996). This suggests that UNC-68 is not essential for excitation-contraction coupling in nematodes but acts to amplify a calcium signal that is sufficient for contraction (Maryon et al., 1996). Calsequestrin is the major Ca2+ binding protein in the SR, where it forms linear chains. Only one isoform is present in C. elegans, CSQ-1, which shows about 31% sequence identity and 55% homology to the human CASQ2. Reporter gene analysis revealed CSQ-1 expression in body-wall muscles (BWM), vulval muscles, and in the isthmus and terminal bulb regions of the pharynx (Cho et al., 2000). A csq-1 null-mutant showed no obvious defects in C. elegans muscle function or development but is highly sensitive to perturbation of Ca2+ homeostasis (Cho et al., 2007). Polymerization via back-to-back and front-to-front interaction, as well as the relevant residues, are conserved in C. elegans (Cho et al., 2007). While junctin and triadin are implicated in anchoring CASQ2 to RyR2 (Guo and Campbell, 1995; Jones et al., 1995), there are, based on the genome sequence, no obvious homologs of junctin and triadin in C. elegans. Therefore, a direct interaction of the positively charged CSQ-1 C-terminus with the negatively charged luminal loops of UNC-68 is postulated (Cho et al., 2007).

Many different (>170) CPVT mutations and polymorphisms are known (Medeiros-Domingo et al., 2009). These mutations result in a Ca2+ leakage from the SR, which leads to cytosolic Ca2+ overload, generating delayed afterdepolarizations (DADs), triggered activity, and ventricular arrhythmias, in particular, under adrenergic conditions (Leenhardt et al., 2012). There are different hypotheses about how mutations in RyR2 lead to CPVT. One possibility is that mutations in RyR2 affect the ability of calstabin2 [a.k.a. FK506-binding protein 12.6 (FKBP12.6)] to bind and stabilize RyR2 in its closed state (Wehrens et al., 2003, 2004). Recent cryo-EM of rabbit RyR2 shows that FKBP12.6 is bound to a hollow formed by the handle, Spore lysis A (SplA) kinase and Ryanodine Receptor (SPRY)1 and SPRY3 domains (Dhindwal et al., 2017). In addition, crystal structures, as well as FKBP binding and docking studies, implicate a hydrophobic cluster within a SPRY1 loop as a major FKBP binding determinant (Yuchi et al., 2015). Those areas are widely conserved in unc-68. A second hypothesis suggests instability via defective interdomain interactions, evoking so-called “unzipping” of the domains, which results in a calcium leak (George et al., 2006). However, either in combination with one of the proposed mechanisms or on its own, a sensitization of RyR2 channels to SR luminal calcium, leading to store overload-induced calcium release (SOICR), is also discussed (Jiang et al., 2004).

In this study, we aimed to investigate the effects of CPVT-related mutations on pharyngeal pumping after insertion of known mutations via clustered regularly interspaced short palindromic repeats (CRISPR)-Cas9 into the C. elegans csq-1 and unc-68 loci. Using the C. elegans pharynx, a rhythmically active muscular pump acting as the feeding organ of the nematode, enabled us to study their effects on contraction and intracellular Ca2+ concentration in an entire organ of a living animal. Obvious similarities exist between the heart and the pharynx, i.e., both are tubes that pump materials along their lumina, both possess gap junctions to synchronize their contractions that can continue without neuronal input and the fact that the pharynx expresses orthologs of most of the proteins involved in human cardiac muscle physiology. These similarities suggest that the pharynx and the myocardium may represent convergent evolution between two muscular pumps faced with similar biological roles (Mango, 2007). The pharynx itself consists of six sections which are, from anterior to posterior, the buccal cavity, procorpus, metacorpus, the isthmus, the terminal bulb, and the pharyngeal-intestinal valve (Albertson and Thomson, 1976; Mango, 2007). C. elegans is a filter feeder, a complex sequence of contractions and relaxations transports food particles in two successive trap stages before passage into the terminal bulb and the intestine (Fang-Yen et al., 2009). The grinder, located in the terminal bulb, crushes bacteria before passage to the intestine. The pump activity is maintained by action potentials, which qualitatively bear a resemblance to vertebrate cardiac action potentials (Franks et al., 2002). C. elegans lacks a voltage-gated sodium channel that initiates the action potential in the heart. In the pharyngeal muscle instead, its role is played by CCA-1, a T-type calcium channel (Shtonda and Avery, 2005). EGL-19, the C. elegans L-type voltage-dependent Ca2+channel α1-subunit, maintains depolarization during the plateau phase (∼200 ms) and activates muscle contraction. EGL-19 slowly inactivates, and EXP-2, a voltage-gated K+-channel, causes membrane repolarization and action potential termination (Shtonda and Avery, 2005). Though homology is low, EXP-2 is functionally similar to the human ether-a-go-go-related gene (hERG) channel (Davis et al., 1999).

We previously established the pharynx as an optogenetically controlled arrhythmia test system (Schuler et al., 2015; Fischer et al., 2017). Since spontaneous pharynx pumping is too irregular to allow the detection of arrhythmic events, we optically paced the pharynx using channelrhodopsin-2 (ChR2) to yield millisecond-precise and stable rhythmicity (Schuler et al., 2015). Blue light stimulation of pumping was achieved with a gain-of-function variant of ChR2, ChR2(H134R), that was directed to the plasma membrane of the pharyngeal muscle cells (PMCs) by the specific promoter pmyo-2. Importantly, we were able to show previously that the optogenetically paced pharynx, in contrast to spontaneous pumping on food, is not appreciably affected by neuronal input (Schuler et al., 2015). Furthermore, we were able to demonstrate the conservation of function between human RyR and C. elegans UNC-68. Incubation with caffeine (1 mM), a well-known activator of RyR, increased the spontaneous pump rate in EPG recordings of wild-type animals, while no effect of caffeine was observed in two different mutants lacking UNC-68 (Fischer et al., 2017). A deletion of unc-68 (allele r1162) led to severe effects on optogenetically 4 Hz paced pumping in our pharynx model and was reversed by an expression of wild type UNC-68 in the deletion background (Fischer et al., 2017). In addition, UNC-68 was recently established to study human myopathic mutations of the skeletal muscle channel RyR1 (Graham et al., 2020). The conservation of functionality between RyR1 and UNC-68 is emphasized by an increased sensitivity to the inhalational anesthetic halothane of all tested RyR1 equivalent variants and an increased caffeine sensitivity for variants corresponding to malignant hyperthermia and central core disease (Nicoll Baines et al., 2017; Graham et al., 2020).

Caenorhabditis elegans is highly suited to study the effects of disease-causing mutations, not only because it is a genetically amenable experimental system but also because it enables, straightforward mass cultivation, with a 3-day life cycle. Therefore, the effects of mutations that cause human diseases can be investigated in C. elegans to the point that high-throughput screening becomes possible, which cannot be easily achieved in other in vivo models. Certainly, there are limitations: the small nematode is due to the lack of a heart and a vascular system not suitable for studying several aspects of human cardiac function and diseases including chamber development, fibrosis, hypertrophy, remodeling, and hemodynamics (Benian and Epstein, 2011). Further limitations of the pharynx regarding the analysis of CPVT mutations are that no adrenergic receptor is expressed in its muscle cells (Sanyal et al., 2004) and that the possible involvement of regulatory mechanisms by NCX or SERCA in the optogenetic arrhythmia model is not yet investigated.

We have chosen one csq-1 mutation and five unc-68 mutations. All chosen CPVT mutations occur in homologous regions of the respective proteins (see RyR alignment: Supplementary Information) and have been found in human patients (Table 1). Furthermore, their mechanism has been described by other groups in animal models or cell cultures (Table 1). In the case of CSQ-1, we selected a mutation bearing a putative mechanism other than triadin/junction interaction. For RyR2 mutations, we selected mutations with different putative mechanisms. In addition, the selected RyR2-mutations are distributed over the three hotspot regions known to bear CPVT-mutations: the N-terminal (aa 62–466), the central (aa 2113–2534), and the C-terminal region (aa 3778–4959), including the channel domain (Leenhardt et al., 2012). Many proteins, for example, protein kinase A or calmodulin, are associated with the N-terminal region of RyR2, whereas calsequestrin, junctin, and triadin are linked to the C-terminus (see also Leenhardt et al., 2012). We inserted the mutations into C. elegans via different CRISPR-Cas9 approaches (Ward, 2015; Prior et al., 2017) and crossed them with our strain expressing ChR2 in PMCs. In contrast to extrachromosomal arrays, genome-editing should most closely resemble an expression level and protein distribution reflecting the wild-type condition.


TABLE 1. Catecholaminergic polymorphic ventricular tachycardia (CPVT) mutations found in human characterized in this study with their homologous sites in Caenorhabditis elegans unc-68 and their suggested mechanism.

[image: Table 1]
We recorded conventional electropharyngeograms (EPGs), extracellular measurements of electrical events in the pharynx. The excitation phase consists of two positive peaks, the first one smaller than the second, that correlate with muscle contraction. The relaxation phase consists of two negative peaks, the second one smaller than the first, that correlate with muscle relaxation. A plateau phase is between the two phases (Raizen and Avery, 1994). In addition, we have established EPG recordings of intact nematodes with optogenetic stimulation by combining an Arduino-controlled high-power LED with a microfluidic system (ScreenChip™, InVivo Biosystems) that enables higher throughput than conventional electrophysiological approaches. This method allows a precise light stimulation during recordings while registering pharyngeal potentials, similar to an electrocardiogram. Several mutations of UNC-68 led to a reduced ability to follow light stimulation. This effect was reversed in a mutation-specific way by the 1,4-benzothiazepine S107, which is suggested to stabilize RyR channels by enhancing the binding of calstabin (Bellinger et al., 2008; Lehnart et al., 2008; Kushnir et al., 2020). In addition, we explored the effects of the CPVT mutations on intracellular Ca2+ concentration in vivo by using RCaMP1h, a genetically encoded Ca2+ indicator in the pharynx. The red-shifted RCaMP1h can be used in combination with ChR2 under optogenetic stimulation (Akerboom et al., 2013).

Since no homologs of triadin and junctin are present in C. elegans, we were also interested in the mode of interaction between CSQ-1 and UNC-68. This is especially because mutations of triadin are as well known to cause CPVT (Roux-Buisson et al., 2012; Rooryck et al., 2015). Thus, we disturbed the proposed electrostatic interaction by a replacement via CRISPR-Cas9 of negatively charged amino acids of a UNC-68 luminal loop with neutral ones.

In conclusion, we showed for several of the inserted CPVT mutations a reduction in the ability of pharyngeal pumping under optogenetic pacing and an altered Ca2+ handling, which can be designated here as an arrhythmia-like phenotype. The benzothiazepine S107 reversed the pumping ability of those strains in a mutation-specific manner and therefore we suggest the involvement of a FKB-2 dependent stabilization mechanism.



MATERIALS AND METHODS


Caenorhabditis elegans Cultivation and Transgenic Strains

Worms were cultivated on nematode growth medium (NGM) plates (55 mm, 8 ml NGM), seeded with an E. coli OP50-1 strain. We used the following strains: N2 (wild type), ZX1423: zxEx795 [pmyo-2::RCaMP1h; pmyo-3::CFP], ZX1662: zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP], GE24: pha-1(e2123) III, and RB2222: fkb-2(ok3007) I. Strains generated by SunyBiotech, China (SunyBiotech nomenclature in brackets): ZX2655: csq-1(zx7[K214N]) [PHX2058: csq-1(syb2058)], ZX2745: unc-68(zx9[neutral luminal loop]) [PHX2420: unc-68(syb2420)], ZX2747: unc-68(zx10[I5231M]) [PHX2421: unc-68(syb2421)], and ZX2749: unc-68(zx11[S2378L]) [PHX2494: unc-68(syb2494)].

We generated the following strains: ZX2255: fkb-2(ok3007) I; zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP], ZX2256: pha-1(zx2); unc-68(zx4[Q4623R]), ZX2257: pha-1(zx2); unc-68(zx4[Q4623R]); zxIs20 [pmyo2::ChR2(H134R)::mCherry; pges1::nls::GFP], ZX2258: pha-1(zx2), ZX2259: pha-1(zx2); zxIs20 [pmyo2::ChR2(H134R)::mCherry; pges1::nls::GFP], ZX2260: pha-1(zx2); zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges1::nls::GFP]; zxIs124[pmyo-2::RCaMP1h; pmyo-3::CFP], ZX2261: zxEx795 [pmyo-2::RCaMP1h; pmyo-3::CFP]; zxIs20 [pmyo2::ChR2(H134R)::mCherry; pges1::nls::GFP], ZX2264: zxIs124[pmyo-2::RCaMP1h; pmyo-3::CFP], ZX2266: pha-1(zx2); unc-68(zx5[R414Q]), ZX2267: pha-1(zx2); unc-68(zx5[R414Q]); zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP], ZX2269: pha-1(zx2); unc-68(zx4[Q4623R]); zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP]; zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP]; zxIs124[pmyo-2::RCaMP1h; pmyo-3::CFP], ZX2270: fkb-2(ok3007) I; unc-68(zx4[Q4623R]); zxIs20 [pmyo2::ChR2(H134R)::mCherry; pges1::nls::GFP], ZX2567: csq-1(ok2672); zxIs20[pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP]; zxIs124[pmyo-2::RCaMP1h; pmyo-3::CFP], ZX2568: unc-68(r1162)V; zxIs20[pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP]; zxIs124[pmyo-2::RCaMP1h; pmyo-3::CFP], ZX2707: csq-1(zx7[K214N]); zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP], ZX2708: unc-68(zx8[P2460S]), ZX2718: unc-68(zx8[P2460S]); zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP], ZX2743: fkb-2(ok3007) I; unc-68(zx8[P2460S]); zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP], ZX2744: unc-68(zx8[P2460S]); zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP]; zxIs124[pmyo-2::RCaMP1h; pmyo-3::CFP], ZX2746: unc-68(zx9[neutral luminal loop]); zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP], ZX2748: unc-68(zx10[I5231M]); zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP], ZX2750: unc-68(zx11[S2378L]); zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP], ZX2775: unc-68(zx9[neutral luminal loop]); zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP]; zxIs124[pmyo-2::RCaMP1h; pmyo-3::CFP], ZX2777: unc-68(zx11[S2378L]); zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP]; zxIs124[pmyo-2::RCaMP1h; pmyo-3::CFP], ZX2778: fkb-2(ok3007) I; unc-68(zx11[S2378L]); zxIs20 [pmyo-2::ChR2(H134R)::mCherry; pges-1::nls::GFP].



Generation of Point Mutation Alleles

Using a temperature-sensitive embryonic lethal mutation pha-1(e2123) co-conversion approach, ZX2256, ZX2258, and ZX2266 were generated (Ward, 2015). Several sgRNA templates were tested for one mutation site. Primers for the generation of these linear PCR-derived sgRNA templates can be found in Supplementary Information. Injection mixes consisted of pJW1285 (60 ng/μl), pha-1(e2123) repair template RT01 (50 ng/μl), fusion PCR derived sgRNA template targeting the desired locus (25 ng/μl), and a linear oligo as a repair template carrying the desired mutation (50 ng/μl). Animals that were not embryonic lethal at 25°C were PCR genotyped for successful CRISPR events.

Through mainly following the protocol described by Prior et al. (2017), ZX2708 was generated. sgRNA was generated by annealing TrueGuide™ tracrRNA with crRNA (both Invitrogen, United States), targeting the region of interest (AGAGCAACACCAAGGCAUUC) according to the manufacturer’s manual. The injection mix consisted of sgRNA (5 μM), Cas9 nuclease (5 μM) (TrueCut Cas9 v2, Invitrogen, United States), linear oligo as a repair template (50 ng/μl), pmyo-3::CFP (50 ng/μl) as an injection marker, KCl (300 mM), and HEPES (20 mM). Fluorescent progeny was picked and PCR genotyped for successful CRISPR events. For both methods, sgRNA target sites were predicted with the online tool CRISPOR (Concordet and Haeussler, 2018), taking the distance to the point mutation site (< 20 bp), the specificity score, and as few off-targets as possible into account. As repair templates synthesized oligos (Eurofins Genomics, Germany) carrying the desired point mutation as well as 40 bp homology arms were used. The PAM site was deactivated by introducing a silent mutation or, if not possible, by introducing several silent mutations in the sgRNA recognition site. Allele identity was verified by sequencing. Every strain derived from CRISPR needed to be outcrossed with N2 animals before subsequent crossing with ZX1662, ZX2255, ZX2260, and ZX2261. For detailed information on plasmids and repair templates for CRISPR and oligos for sgRNA template generation and genotyping (see Supplementary Information).



Generation of Transgenic Strains

By integrating the extrachromosomal array of ZX1423 via UV radiation (two pulses of 33.3 mJ each) and subsequent backcrossing (4x) with N2 strain, ZX2261 was obtained.



Determination of Spontaneous Pump Rate on Food and Swimming Cycles in Liquid

One day before experiments, L4 larvae were picked on NGM dishes seeded with OP50-1 culture. Spontaneous pumping of animals on food was video recorded (Powershot G9, Canon, Tokyo, Japan). The NGM dish was manually directed to allow a continuous video recording of a freely moving animal. The grinder movements (pumps) were visually counted for 20 s, to gain a representative number of pumps per animal (about 80–100 pumps for wild type). Loss of focal plane, e.g., due to animals crossing borders of the bacterial lawn, and concomitant impossibility to count pumping, led to exclusion of single animals from the analysis. For the recording of swimming cycles, a 96-well plate was filled with 100 μl NGM and 200 μl M9 buffer. Up to ten young adult animals were picked into one well. Swimming cycles were video recorded (Powershot G9, Canon, Japan) for 60 s and visually counted.



Optical Paced Electropharyngeogram-Recording With the ScreenChip™ System

One day before experiments, L4 larvae were transferred onto NGM plates seeded with OP50-1 from bacterial suspensions supplemented with ATR (Sigma-Aldrich, United States) with a final concentration of 0.3 mM. Prior to recording, young adult animals were collected in M9 buffer and washed three times. S107 (MedChemExpress, United States) was added in a final concentration of 50 μM (0.1% DMSO) and incubated for 30 min. EPGs were recorded with the ScreenChip™ System (InVivo Biosystems (formerly Nemametrix), United States) according to the manufacturer’s manual. Worms were sucked into ScreenChips™ 30 or 40, with respect to their size. Pharyngeal pumping was induced by applying 1.5 mW/mm2 of 470 nm light in 50 ms pulses through an inverse microscope (Leica DM IL LED) equipped with a 470 nm LED (KSL 70, Rapp OptoElectronic, Germany), 10x objective (Leica HI Plan I 10x/0.22 ∞/- Ph1), as well as a GFP filter set (450–490 nm excitation, dichroic mirror 510 nm, 515 nm long pass emission, Leica, Germany). Worms in the reservoir of the ScreenChip™ were protected from blue light with red foil (color filter, foil, primary red, Frederiksen, Denmark). Stimulation was performed with 4 Hz pulses for 60 s. Recordings were performed with the software NemAcquire and analyzed with NemAnalysis (both open source from InVivo Biosystems). Further analysis was performed in OriginPro (OriginLab, United States).



Conventional Electropharyngeogram-Recording With Optical Pacing

As for the ScreenChip™ recordings, L4 larvae were transferred 1 day before experiments onto NGM plates seeded with OP50-1 supplemented with 0.3 mM ATR. We performed EPG recordings on cut head preparations; therefore, the head of an animal was cut away from the body with a scalpel (Braun Aesculap, Germany) directly posterior to the terminal bulb. Electrophysiology was performed as described in the study of Schuler et al. (2015). The tip of the worm head was sucked into an EPG-suction electrode. For optical pacing with a 470 nm LED (KSL-70, Rapp Optoelectronics, Germany), the pharynx was positioned below a 60x water immersion objective (LUMIplan FI/IR, 0.9 NA) and an EGFP-ET filter set (AHF Analysentechnik AG, Germany) was used. Recording of EPGs and triggering of light pulses were synchronized by the PatchMaster software (Heka, Germany). The pharynx was stimulated with 470 nm light pulses (1.5–2 mW/mm2) in a stress test. The stimulation frequency was increasing stepwise: 1–7 Hz; pulse duration: 35 ms, over a period of 5 s each. The initial stimulation frequency of 1 Hz was held for 15 s to allow a stable rhythm without additional spontaneous pumps. The Review software (Bruxton Corporation, Seattle, WA, United States) was used to translate PatchMaster files. The pump rate was analyzed by AutoEPG (Dillon et al., 2009) (kindly provided by Dr. Christopher James, Embody Biosignals Ltd., United Kingdom), afterward every recording was checked for possible misdetected EPGs. Every EPG showing a clear E (contraction) and R (relaxation) peak was marked and added for subsequent analysis. The highest stimulation frequency (1, 2, 3, 4, 5, 6, or 7 Hz), where every light pulse was followed by each one EPG/pump (for the complete 5 s), was selected as the maximal pump rate per animal.



Optically Paced Calcium Imaging

We have chosen a genetically encoded calcium indicator (GECI) to specifically target PMCs. Additionally, the nematodes cuticle would prevent uptake of bath-applied dyes. RCaMP1h is a red-shifted GECI that allows a parallel blue-light stimulation of ChR2 (Akerboom et al., 2013).

A day before experiments, L4 larvae were transferred onto NGM plates seeded with OP50-1 from bacterial suspensions supplemented with ATR with a final concentration of 0.3 mM. For imaging of RCaMP1h in C. elegans pharynx, young adult animals were placed onto 10% agarose pads (M9 buffer) mounted on microscope slides and were immobilized with polystyrene beads (0.1 μm diameter, at 2.5% w/v, Sigma-Aldrich, United States). Imaging was performed on an inverted microscope (Zeiss Axio Observer Z1), equipped with 40x oil immersion objective (Zeiss EC Plan-NEOFLUAR 40x/N.A. 1.3, Oil DIC ∞/0.17), a 470 nm LED for ChR2 excitation (light pulses of 50 ms, 1.5 mW/mm2, 4 Hz), and a 590 nm LED for RCaMP1h excitation (∼0.3 mW/mm2) (both KSL-70, Rapp OptoElectronic, Hamburg, Germany), a 80R/20T beam splitter (F21-002, AHF Analysentechnik, Germany), and an EMCCD Camera (Evolve 512 Delta, Photometrics; EM-gain: 25), as well as the following filters: GFP/mCherry (479/585 nm) Dualband ET Filter was combined with a 647/57 nm emission filter and a 605 nm beamsplitter (F56-019, F37-647, and F38-605, respectively, all AHF Analysentechnik, Germany). The terminal bulb of one pharynx was focused. Movies were acquired at 2 ms exposure (ca. 156 fps) and a binning of 4 × 4. The blue-light stimulation started 3 s after the onset of the video-recording and lasted for 10 s to enable the achievement of a plateau phase. Raw image sequences were analyzed via ROI selection of signal (terminal bulb of the pharynx) and background, a multi-measure function in ImageJ (National Institutes of Health, United States). Changes in fluorescence were calculated as ΔF/F0. The amplitude of ΔF/F0 was analyzed during the plateau phase (10–13 s). Importantly, only worms that were able to follow light stimulation have been included for analysis. Experiments were performed in the dark and illumination protocols were applied as short as possible to avoid degradation of photosensitive proteins or substances.



Statistics

Mean values, SEM, and further statistics (two-sample t-test or 1-way ANOVA with the Bonferroni post-hoc test) were calculated with OriginPro (OriginLab, United States). Based on experimental settings, every animal was tested only once.




RESULTS


Effects of the Insertion of Homologous Catecholaminergic Polymorphic Ventricular Tachycardia Mutations on Spontaneous Pumping and Swimming

After working with extrachromosomal arrays in a previous study (Fischer et al., 2017), we now inserted six different CPVT mutations into C. elegans unc-68 or csq-1 (Table 1) via different CRISPR-Cas9 approaches (Ward, 2015; Prior et al., 2017) and introduced them into our optogenetic arrhythmia model, a C. elegans strain expressing ChR2 in PMCs (Schuler et al., 2015; Fischer et al., 2017).

We characterized those genome-edited strains regarding their spontaneous pump rate on food to assess their effect on pharyngeal muscles under normal, non-stressed conditions (Figure 1A). The usual pump rate of young adult wild-type animals is about 4.5 Hz (Figure 1B). One allele, S2378L, showed a significant reduction of the spontaneous pump rate in comparison to wild-type allele (Supplementary Videos 1, 2). Analysis of swimming cycles, reflecting the influence of UNC-68 on the function of BWM and the nervous system, revealed a reduction of the swimming ability in R414Q and Q4623R (Figure 1C). Either the need for movement in the fluid substrate (stress) or the different type of muscle cells, as well as the influence of the nervous system present for BWM, may play a role in these diverse effects. Importantly, we have shown previously that the pharyngeal nervous system does not influence EPG parameters during optogenetically paced pumping (Schuler et al., 2015).
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FIGURE 1. Effect of catecholaminergic polymorphic ventricular tachycardia (CPVT) alleles and fkb-2 deletion on pharyngeal muscle cells (PMCs) and body-wall muscles (BWMs). (A) Unc-68(S2378L) shows a reduced normalized pump rate compared to the respective wild type (wt) control strain (young adult animals). (B) Deletion of fkb-2 [fkb-2(ok3007)] has no/minor effect on spontaneous pump rate on food. (C) Alleles R414Q and Q4623R show a reduction of normalized swimming cycles. (D) No significant effect of fkb-2 deletion on numbers of swimming cycles in comparison to the respective wild-type control. Whereas fkb-2 deletion in the pmyo-2::ChR2 background shows an increased number of swimming cycles in comparison to pmyo-2::ChR2. Bar graphs display mean values ± SEM. One-way ANOVA with the Bonferroni post-hoc test (B,D) or two-sample t-test for the comparison of only two mean values (A,C): *p ≤ 0.05, **p ≤ 0.01, and ***p ≤ 0.001.


For several CPVT mutations, a disturbance of calstabin2 binding is suggested (Wehrens et al., 2003; Lehnart et al., 2004; Meli et al., 2011). For one of those mutations, R4497C, we observed in a previous study effects in C. elegans (Fischer et al., 2017). Thus, we now investigated the effect of calstabin in our model. Calstabin2 stabilizes the closed conformation of RyR (Brillantes et al., 1994). A clear calstabin2 homolog is yet to be identified in C. elegans, which contains 8 members of the fkb gene class. We tested the presumably best homolog FKB-2 (Fischer et al., 2017) and found, as for the majority of our tested CPVT mutations, minor/no reduction of spontaneous pump rate on food and swimming (Figures 1B,D), indicating no severe effects on BWM or under basal pumping conditions.



Three Mutations of UNC-68 Cause an Arrhythmic Phenotype

We performed electrophysiological measurements with a microfluidic ScreenChip™ system (InVivo Biosystems, United States) that enables higher throughput EPG recordings of intact nematodes in combination with optogenetic stimulation. We observed a significantly reduced ability to follow 4 Hz pacing over a period of 60 s for three of the CPVT alleles unc-68(S2378L), (P2460S), and (Q4623R) (Figure 2 and Supplementary Figure 1). This was indicated either by an inability to follow more than about every second stimulus with a pump movement or by a complete stop of pumping. In addition, the maximal pump rate of the different alleles was determined in a stress test with conventional EPG recordings on single cut-head preparations (Raizen and Avery, 1994; Cook et al., 2006). The frequency of light pulses was increased here stepwise from 1 to 7 Hz (Figure 3). Wild-type animals and most of the mutants are able to follow 5 Hz pacing, while unc-68(Q4623R), similar as already shown for unc-68(R4743C) (Fischer et al., 2017), follows only about every second pump or stops pumping altogether.
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FIGURE 2. Pumping ability of CPVT mutation bearing strains upon 4 Hz stimulation. (A,B) In ScreenChip™ recordings, S2378L, P2460S, and Q4623R show a reduced pump rate compared to wild type in pmyo-2::ChR2 background. Box plot (25%, 75%; whisker: 1.5 IQR) includes every data point (rhomb), mean (circle), and median (line). Mean values, N-numbers, and significance levels (asterisks) are next to the corresponding box. Two-sample t-test: n.s., not significant, *P ≤ 0.05, **P ≤ 0.01, and ***P ≤ 0.001.
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FIGURE 3. Stress test (1–7 Hz) to determine the maximal pump rate of CPVT mutation-bearing strains. (A) Original recordings of electropharyngeograms (EPGs) obtained by electrophysiological characterization of cut-head preparations. Application of 1 Hz blue light pulses (1.5 mW/mm2, 35 ms) for 15 s followed by a stepwise increase (every 5 s) from 2 to 7 Hz. (B,C) unc-68(Q4623R) shows a reduced maximal pump rate in comparison to wt. Since pharyngeal pump ability sometimes varies among different experimental days, likely due to experimental conditions (room temperature, light-sensitivity of ATR), mutant alleles were always compared to the control animals recorded in the same batch of experiments. Box plots include every data point (rhomb), mean (open circle), and median (line). N-numbers, mean values, and significance levels (asterisks), referring to respective wt controls, are located either below or above the corresponding boxes. One-way ANOVA with the Bonferroni post-hoc test was performed: n.s., not significant, and ***P ≤ 0.001.


The electrophysiological findings of ScreenChip™ and stress test recordings manifest a “worm arrhythmia” phenotype of several CPVT-related mutations in our optogenetic arrhythmia model. For all alleles showing reduced ability to follow the optogenetic stimulation, a decreased binding of calstabin2 was detected by another group (Wehrens et al., 2003; Lehnart et al., 2004). Nevertheless, a reduced calstabin2 binding of those mutations could not be verified by different groups and is still discussed controversially (Jiang et al., 2005; George et al., 2006).



Stabilization via FKB-2 Is Involved in the Disease-Causing Mechanism of Q4623R and P2460S

To shed light on the disease-causing mechanism of the three CPVT mutations that show effects on pharyngeal pump ability in C. elegans, we decided to use a 1,4-benzothiazepine known to enhance calstabin binding and to reduce leakiness of RyR. The 1,4-benzothiazepine derivative JTV519 (a.k.a. K201) is a non-specific blocker of sodium, potassium, and calcium channels (Kaneko et al., 2009), and there are “mixed” results for JTV519, with side-effects outweighing benefits (Driessen et al., 2014). Thus, we decided to test a RyR2-specific compound (S107, CAS 927871-76-9) (Bellinger et al., 2008). A more specific 1,4-benzothiazepine derivative, which in the rodent model enhanced the binding of calstabin2 to the mutant RyR2-R2474S channel, inhibited the channel leak and prevented cardiac arrhythmias (Lehnart et al., 2008). In a previous study, we found, after a 30 min incubation in S107 (50 μM), a complete rescue of the pumping ability of extrachromosomal R4743C mutation bearing nematodes (Fischer et al., 2017). In addition, there was no rescue of pumping ability in the deletion mutant, indicating an unc-68 (RyR) specific effect of S107, that was not elicited via other, unknown channels (Fischer et al., 2017). In ScreenChip™ recordings, during 4 Hz blue light stimulation, we detected a significant rescue of the pumping ability after S107 treatment in two of the three CPVT variants tested (P2460S and Q4623R) (Figure 4). Importantly, this rescue was absent for P2460S in the fkb-2 deletion background (Figure 4B), indicating that the drug requires the presence of calstabin/FKB-2 to exert beneficial effects on the RyR. While in the case of Q4623R, no significant loss of pumping ability was observed in the fkb-2 deletion background at all (Figure 4C), as well indicating the involvement of calstabin2 in the disease-causing mechanism. Variant S2378L did not show a rescue upon S107 incubation (Figure 4A), and no effects of S107 appeared in variant I5231M (Supplementary Figure 2). A mutant that per se showed no reduction of pump ability in the arrhythmia model (Figure 2).
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FIGURE 4. Effect of the benzothiazepine S107. In ScreenChip™ recordings of EPGs under blue light stimulation (4 Hz, 50 ms), the effect of S107 (50 μM, 30 min pre-incubation, shaded boxes) in comparison to the vehicle DMSO (0.1% in M9 buffer) on pump rate of UNC-68 mutants S2378L (A), P2460S (B) and Q4623R (C) was determined. Alleles have been crossed with a fkb-2 deletion [fkb-2(ok3007), violet boxes] to check for drug-induced UNC-68 stabilization via FKB-2. S107 rescues UNC-68 function of Q4623R and P2460S only in FKB-2 wt background. Box plots include mean (open circle) and median (line). Significance levels (asterisks), referring to respective controls (wild type, either with or without S107), are located above the corresponding boxes. Comparison of each strain with and without S107 treatment is indicated above the line pointing on the respective boxes. N-numbers as indicated. One-way ANOVA with the Bonferroni post-hoc test was performed: n.s., not significant, *P ≤ 0.05, **P ≤ 0.01, and ***P ≤ 0.001.


In line with our results showing the FKB-RyR stabilizing effect of the 1,4-benzothiazepine derivative S107 in UNC-68 variants R4743C (Fischer et al., 2017), P2460S, and Q4623R (homologous to RyR2-R4497C, P2328S, and Q4201R), a decreased binding affinity for calstabin2 is discussed by another group for the respective RyR2 mutations (Wehrens et al., 2003; Lehnart et al., 2004). Whereas other groups could not confirm an alteration of the calstabin2-RyR2 interaction for RyR2-R4497C, -S2246L, -R2474S, -Q4201R, and -I4867M (Jiang et al., 2005; George et al., 2006). In the case of RyR2-I4867M (Figure 2) and -R2474S (Fischer et al., 2017), we observed no “worm arrhythmia” phenotype in EPG recordings of the related nematode allele. Possibly, this could be based on the evocation of not only mild Ca2+ handling alterations in those two mutant alleles but also differences between the structure of UNC-68 and RyR2, as well as FKB-2 and calstabin2, might be possible reasons. Nevertheless, in this study, we were able to shed light on the mechanism of UNC-68-P2460S and -Q4623R and proved the controversially discussed involvement of FKB-2/calstabin2 in functional assays in an intact organ of a living animal.



Several Mutations of unc-68 Cause Alterations in Ca2+ Handling

We used Ca2+ imaging with genetically encoded indicators that we have established earlier (Akerboom et al., 2013) and that can be used in combination with optogenetics to examine intracellular calcium alterations evoked by CPVT mutations. In the present study, we used the Ca2+ indicator RCaMP1h, expressed in PMCs of respective CPVT-related alleles, together with ChR2. We stimulated the pharynxes with 50 ms blue light pulses at 4 Hz for a period of 10 s (Figures 5, 6). This allows the generation of a comparable number of pumps (and pump frequency) that can be easily compared within the different alleles and control animals. The light stimulation induced a significant increase of the change (Δ) of F/F0 RCamP1h fluorescence, but only when all-trans-retinal (ATR, the cofactor of ChR2) was present (Figures 5A–C). This demonstrates the ability to measure the cytosolic entry of Ca2+ during ChR2 stimulation.
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FIGURE 5. RCaMP1h Ca2+ imaging in PMC of unc-68 and csq-1 alleles. (A) Increase of ΔF/F0 during stimulation (4 Hz, 50 ms, 470 nm) and (B) amplitude of ΔF/F0 during plateau phase (time period: 10-13 s). An increase of ΔF/F0 (%) upon light stimulation is only present in ChR2 and RcaMP1h co-expressing pharynxes and in the presence of the ChR2 cofactor ATR. (C) False-color representations of fluorescence intensity of ChR2 and RcaMP1h co-expressing pharynxes raised with and without ATR before blue light stimulation (0 s) and during stimulation (∼10 s). The terminal bulb of the pharynx, which is used for analysis, is labeled with a circle. (D,E) The null allele of unc-68, but not of csq-1, leads to an increase of cytosolic Ca2+ concentration. (F) Exemplary false-color representation of fluorescence intensity. Only worms that were able to follow 4 Hz stimulation have been included for analysis. Depicted is the mean of ΔF/F0 (%) without (A) or with SEM (D), time periods (∼50 ms), including unspecific peaks induced by blue light stimulation are not displayed here for a better outline. Box plots include every data point (rhomb), mean (open circle), and median (line). N-numbers and significance levels (asterisks) are located either below or above the corresponding boxes. One-way ANOVA with the Bonferroni post-hoc test was performed for comparisons of the mean values during the plateau phase of the fluorescence rise (10–13 s): ***P ≤ 0.001.
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FIGURE 6. RCaMP1h Ca2+ imaging in PMC reveals effects of CPVT mutations inserted into unc-68 on cytosolic Ca2+ concentration. (A,B,G,H) Alleles Q4623R and S2378L show an increase of ΔF/F0 in comparison to wt animals upon light stimulation (10–13 s). (D,E) Whereas allele P2460S does not exhibit a significant change (10–13 s). (C,F,I) Exemplary false-color representation of fluorescence intensity. Only worms that were able to follow 4-Hz stimulation have been included for analysis. Depicted is the mean of ΔF/F0 (%) with SEM, time periods (∼50 ms), including unspecific peaks induced by blue light stimulation, are not displayed here for better outline (A,D,G). Box plots include every data point (rhomb), mean (open circle), and median (line). N-numbers and significance levels (asterisks) are located either below or above the corresponding boxes. T-test was performed for comparisons of the mean values during the plateau phase of the fluorescence rise (10–13 s): n.s., not significant, **P ≤ 0.01, and ***P ≤ 0.001.


Upon blue light stimulation, the unc-68 null allele r1162 shows a strong rise of fluorescence (ΔF/F0) (Figures 5D–F). Since UNC-68 is not present, this increase likely depends on other proteins, e.g., the voltage-gated Ca2+ channel, and demonstrates the disturbance of cytosolic Ca2+ concentration and its regulation by compensatory effects in this allele. Indeed, an application of Nemadipine-A, a specific inhibitor of the C. elegans voltage-gated Ca2+ channel EGL-19 (Kwok et al., 2006; Schuler et al., 2015), reversed the strong Ca2+ rise in the unc-68 null allele (20 μM, Supplementary Figures 3A,C,D). We did not expect a major effect of EGL-19 in CPVT-related mutations since the variants express UNC-68 protein with only one point-mutation, in contrast to the “channel null” allele r1162 that lacks a 3.7 kb area including all transmembrane domains. The null allele exhibits strong effects on swimming and pumping on food (Fischer et al., 2017), while the three CPVT-related mutations show either no or less effect on swimming cycles and no or up to only ∼10% reduction of spontaneous pumping (Figure 1). Thus, their effects, especially in pharynx muscle, are weaker and thus implicating only a minor need for compensatory effects. Consistently, the application of Nemadipine-A (20 μM) does not reverse the strong Ca2+ rise of the Q4623R allele (Supplementary Figures 3B–D).

No significant difference of the amplitude of ΔF/F0 in comparison to wild type was observed for the csq-1 deletion, while reduced spontaneous pumping on food and reduced ability to follow optogenetic pacing have previously been shown for this allele. Nevertheless, one has to take into account that the effect of csq-1(ok2672) on pumping ability during light stimulation is about 3-fold smaller in comparison to unc-68(r1162) (Fischer et al., 2017).

Alleles S2378L and Q4623R exhibit a significant increase of the amplitude of ΔF/F0 (Figures 6A–C,G–I), presumably based on UNC-68 leakiness during light stimulated pumping. In the case of allele Q4623R, this increase is reversed by the 1,4-benzothiazepine derivative S107 (Supplementary Figure 4).

In contrast, the amplitude of ΔF/F0 of allele P2460S is not increased compared with wild type (Figures 6D–F). Allele P2460S showed the strongest arrhythmic phenotype during 4 Hz stimulation (Figure 2), thus the reduced changes of absolute fluorescence might result from impaired or weaker pumping during stimulation. Also, the deletion of fkb-2 leads to the reduced amplitude of ΔF/F0 (Supplementary Figure 5), suggesting either involvement of a possible second FKB protein or, as discussed for the P2460S allele, due to impaired pumping. We observed no change in the amplitude of ΔF/F0 for CPVT-related alleles without an arrhythmic phenotype (Supplementary Figure 6).



Possible Electrostatic Interaction of UNC-68 and CSQ-1 Plays No Role in Pharyngeal Muscle Cells

We were also interested in the interaction of UNC-68 and CSQ-1 in C. elegans pharynx, as differences in the interaction between the two proteins are known for human and C. elegans. In mammals, CASQ2 is linked to the RyR through interactions with triadin (Guo and Campbell, 1995) and junctin (Jones et al., 1995). Whereas for junctin no CPVT-causing mutations exist so far, several mutations of triadin have been identified that lead to decreased levels of the protein itself and cause the disease (Roux-Buisson et al., 2012; Rooryck et al., 2015). For the skeletal RyR1, three negatively charged residues of the luminal loop appear to be critical for the association with triadin (Lee et al., 2004). Based on the genomic sequence, there are no obvious homologs of junctin and triadin in C. elegans. Therefore, Cho et al. (2007) suggested a physical interaction between UNC-68 and CSQ-1, which might be due to positively charged residues at the C-terminal end of CSQ-1, interacting with negatively charged residues of two luminal UNC-68 loops. In an in vitro binding assay, they could show with GST-RyR1 loop 1 and 2 fusion proteins an interaction with CSQ-1. Because of the new insights into RyR structure (Yan et al., 2015; Zalk et al., 2015), there seems only one large luminal loop between S5 and S6 (RyR2: aa 4792-4808), which is also shorter than the formerly suggested loop 2. We replaced via CRISPR-Cas9 genome editing negatively charged residues of the proposed S5-S6 luminal loop, which is conserved in C. elegans unc-68 (aa5156-YVQEGEEGEEPDRKC-5170), with the neutral residue alanine (YVQAGAAGAAPARKC) to prevent an electrostatic interaction with the positively charged residues of CSQ-1.

In functional assays, we then investigated the effect of UNC-68 mutated in the putative CSQ direct interaction site. No effect of mutated UNC-68 was observed on spontaneous pumping on food (Figure 7A), whereas swimming was significantly impaired (Figure 7B). Through ScreenChip™ EPG recordings of arrhythmic events, no reduced ability to follow a 4 Hz long-term light stimulation in the optogenetic arrhythmia model was observed (Figure 7C). In addition, the maximal pump rate of cut-head preparations obtained in EPG recordings was not affected (Figure 7D). Ca2+ imaging of the UNC-68 neutral luminal loop mutant reveals, as for the csq-1 deletion (Figures 5D–F), no significant change of intracellular Ca2+ concentration (p = 0.06) based on RCaMP1h fluorescence (ΔF/F0) upon light stimulation (Figures 7E–G). Since the proposed interaction of positively charged residues at the C-terminal end of CSQ-1 and negatively charged residues of UNC-68 luminal loop should be eliminated after an exchange with neutral luminal loop residues, a decreased amount of Ca2+ near the channel pore for transport via UNC-68 would be expected, subsequently resulting in a decrease of the cytosolic Ca2+ concentration. Combined with a lack of obvious differences in the distribution of CSQ-1::CFP in PMCs and BWMs (Supplementary Figure 7), there is likely no influence on CSQ-1 interaction in PMCs by the exchange of luminal loop residues.
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FIGURE 7. Characterization of neutral amino acid insertion into UNC-68 luminal loop (lum. loop). (A,B) No effect on spontaneous pumping on food and reduced number of swimming cycles/min evoked by neutral luminal loop insertion. (C) Pumping ability is not reduced in the ScreenChip™ system (4 Hz stimulation, 60 s). (D) No effect on maximal pump rate of cut-head preparations in the stress test. (E) Exemplary false-color representation of fluorescence intensity. (F) Mean ± SEM of the ΔF/F0 of RCaMP1h fluorescence before and during light stimulation. (G) The amplitudes of ΔF/F0 (mean: 10–13 s) show no significant difference between wild-type and neutral luminal loop-expressing animals. Bar graphs represent mean ± SEM, box plots include data points (rhomb), mean (circle), and median (line). N-numbers and significance levels (asterisks) are displayed. One-way ANOVA with the Bonferroni test (A,B) or a two-sample t-test (C,D,G): n.s., not significant, and ***P ≤ 0.001.





DISCUSSION

We have previously established the C. elegans pharynx for the analysis of arrhythmogenic CPVT-mutations, but also of Long QT-8 mutations affecting the CaV1.2 voltage-gated calcium channel (Schuler et al., 2015; Fischer et al., 2017). An optogenetic stimulation of the pharynx via ChR2(H134R) enables pacing up to 6 Hz for periods of > 1 min. In the present study, we established the insertion of CPVT mutations via CRISPR-Cas9 genome-editing into the optogenetic arrhythmia model. In contrast to extrachromosomal expression, genome-editing allows a stable expression level and a protein distribution that reflects the wild-type condition. In addition, there is no requirement of a manual preselection of transgenic animals, which facilitates higher throughput experiments. For the first time, we implemented here higher throughput electrophysiological recordings of C. elegans with optogenetic stimulation by combining a microfluidic ScreenChip™ system (InVivo Biosystems) with an Arduino controlled high power LED. This allows precise light stimulation in combination with EPG recordings, succeeded by an automated analysis of the recordings. In sum, it is an excellent option for patient-specific drug testing.

In this study, three of the CPVT alleles unc-68(S2378L), (P2460S), and (Q4623R) show an arrhythmic phenotype characterized by a significantly reduced ability to follow 4 Hz pacing in EPG recordings (Figure 2). In addition, alleles S2378L and Q4623R exhibit a significant increase of the amplitude of ΔF/F0 in RCaMP1h Ca2+ imaging (Figure 6). Corresponding results have been observed in induced pluripotent stem cell-derived cardiomyocytes (iPSC-CM), expressing two different CPVT mutations. Analysis of local Ca2+ release events in iPSC-CM loaded with the Ca2+ indicator Fluo-4 showed that CPVT cardiomyocytes bearing a mutation in a proposed calstabin binding site (RyR2-F2483I, not conserved in unc-68) exhibit higher amplitudes and longer durations of spontaneous local Ca2+ release events already at a basal state (Fatima et al., 2011). Also, arrhythmias in iPSC-CM carrying RyR2-R420Q and CASQ2-D307H, evoked by isoproterenol, a synthetic catechol compound, or even sometimes pacing alone, were associated with an elevation in the resting level, probably resulting from a prominent diastolic intracellular Ca2+ rise (Novak et al., 2012, 2015).

Up to now, β-blockers are the first therapeutic option for patients with CPVT. Although these substances, which block the binding sites for adrenaline and noradrenaline on β-adrenergic receptors, reduce the occurrence of ventricular tachycardia, 30% of patients still experience cardiac arrhythmias and eventually require cardioverter-defibrillator implantation to prevent cardiac arrest (Priori et al., 2002; Liu et al., 2008). C. elegans itself lacks (nor)adrenalin as well as the respective receptors (Sanyal et al., 2004). Tyramine receptor 3 (tyra-3), a G-protein-coupled catecholamine receptor for the invertebrate noradrenaline-like neurotransmitters tyramine and octopamine, acts in sensory neurons but is not expressed in PMCs (Bendesky et al., 2011). Nevertheless, since there is a strong motivation to identify more specific drugs to treat CPVT arrhythmias that act directly on the RyR2, particularly to enable treatment with respect to the various mutations affecting the different domains of RyR2 or CASQ2, and their interactions with other proteins, C. elegans is a valid model in this respect.

The rycal S107, a 1,4-benzothiazepine derivative, is such a RyR-specific compound (Bellinger et al., 2008). S107 enhances the binding of calstabins to the RyRs. In the rodent model, it inhibited the channel leak and prevented cardiac arrhythmias by enhancing the binding of calstabin2 to mutant RyR2-R2474S channels (Lehnart et al., 2008). Also, in iPSCs carrying the CPVT mutation I4587V, the development of DADs in the presence of isoproterenol was significantly suppressed by S107 (Sasaki et al., 2016). Furthermore, there are observations that fixing RyR2-mediated ER Ca2+ leak with the S107 improves cognitive and locomotor function in a murine model of Huntington’s disease (Dridi et al., 2020). In the treatment of RYR1-related myopathies, S107 normalizes an increased calcium leak and activity of calcium-activated proteases (Kushnir et al., 2020). S107 fixes Ca2+ leak via RyR1 and improves exercise capacity in aging (Andersson et al., 2011) and may represent a new therapeutic approach for Duchenne muscular dystrophy (Bellinger et al., 2009). In a previous study, we found that S107 rescues the pharyngeal pumping ability of CPVT-mutation R4497C [UNC-68(R4743C)] carrying nematodes (Fischer et al., 2017). This is a specific effect of S107 on RyR since no rescue of pumping ability was observed in an unc-68 deletion mutant (Fischer et al., 2017). For the R4497C mutation, a disturbance of calstabin2 binding is suggested (Wehrens et al., 2003) but is controversially discussed (Liu et al., 2006; Fernández-Velasco et al., 2009). In the present study, three out of five chosen and tested RyR2 mutations are suggested to cause a disturbance of calstabin2 mediated RyR stabilization. In contrast to the two other CPVT mutations included in this study, we observed only for those suggested to bear disturbed calstabin binding an arrhythmia-like phenotype, characterized by a reduced ability to continuously follow light stimulated 4 Hz pacing with a pharyngeal pump movement. The CPVT alleles unc-68(S2378L), (P2460S), and (Q4623R) (RyR2-S2246L, -P2328S and -Q4201R, respectively) had a significantly reduced ability to follow 4 Hz pacing over a period of 60 s, indicated by either following about every second stimulus with a pump or a complete stop of pumping (Figure 2). In addition, Q4623R showed a 46% reduced maximal pump rate in comparison to wild type (Figure 3). S107 treatment completely rescued the pumping ability of alleles P2460S and Q4623R (Figure 4). In the case of P2460S, only if FKB-2 was present, which strongly suggests an involvement of calstabin2-mediated stabilization in the disease-causing mechanism of this CPVT-mutation. Interestingly, the allele Q4623R showed no significant reduction of pump rate in the fkb-2 deletion background, which may hint at different strengths or modes of FKB-2 stabilization involved in the tested alleles. We observed no rescue in nematodes bearing RyR2 mutation S2246L (unc-68(S2378L)) after S107 treatment. This is consistent with results obtained in a murine knock-in model of RyR2-S2246L, where treatment with JTV519 (a.k.a. K201), a more unspecific 1,4-benzothiazepine derivative, was without effect on the inducible VT, presumably owing to the fact that the interaction between the 2246 domain (2234–2750 region) and the K201 binding domain (2114–2149 region) was so tight that the drug-binding domain was inaccessible (Suetomi et al., 2011). The respective group could not observe changes in calstabin2 binding but suggests that introduction of CPVT mutation S2246L into the mouse RyR2 induces an aberrant activation of channel gating by forming abnormally tight domain-domain interaction between the two sub-domains located in the central domain, which produces a defective domain unzipping between the N-terminal and the central domain (Suetomi et al., 2011). For RyR2-P2328S and -Q4201R, beneficial effects of a JTV519 treatment have been shown in cell culture (Lehnart et al., 2004; Zhang et al., 2021). Accordingly, mutation-specific drugs may be identified in our optogenetic arrhythmia model that could prevent cardiac arrhythmias based on different mechanisms. Modified 1,4-benzothiazepine derivatives should be tested to access the drug-binding domain of S2246L or possible further mutations and clarify the involvement of a calstabin-mediated stabilization also in those variants.

Interestingly, the deletion of FKB-2 itself had no effect on light stimulated paced pumping (Figure 4) and had only minor effects on spontaneous pumping on food in young adult animals (Figure 1B). Murine knockout models exist for calstabin2 and display different phenotypes. Some calstabin2-deficient mice show no structural cardiac abnormalities and no electrocardiogram abnormalities or arrhythmias at rest but consistently exhibited exercise-induced ventricular arrhythmias that are similar to those observed in patients with CPVT (Wehrens et al., 2003). Another calstabin2-null mouse line showed mild, sex-dependent cardiac hypertrophy but exhibited no stress-induced ventricular tachycardia (Xin et al., 2002; Xiao et al., 2007; Liu et al., 2011). Possibly, differences in the genetic background may account here for the different phenotypes. For C. elegans, no clear calstabin2 homolog is known yet and little is known about pharyngeal FKB protein expression. Only for FKB-6, a weak expression in PMCs was shown so far (Richardson et al., 2007). Both, calstabin1 (FKBP12) and calstabin2 (FKBP12.6), bind RyR2 in the heart at a stoichiometry of 4 FKBP per homotetramer (Timerman et al., 1993, 1996). Calstabin1 binds RyR2 with lower affinity but has a higher expression level (Jeyakumar et al., 2001). This suggests that, although calstabin1‘s affinity for RyR2 is lower than that of calstabin2, the greater abundance may result in more calstabin1 bound to RyR2 and could explain why RyR2 is not strongly affected in calstabin2 deficient mice in one of the studies (see review Gonano and Jones, 2017). Possibly, as for RyR2, there might be more than one FKB protein interacting with UNC-68 in PMCs which would explain our results for the FKB-2 deletion.

There must be differences in the interaction of RyR and calsequestrin between C. elegans and human, as obvious homologs of junctin and triadin are missing in the C. elegans genome. We were not able to prove with functional assays a suggested electrostatic interaction between negatively charged residues of UNC-68 luminal loop and positively charged residues at the C-terminus of CSQ-1 (Cho et al., 2007) in PMCs. Another group observed for a nearby mutation, unc-68(R5153H), strong effects on swimming (Graham et al., 2020). This allele, homologous to a known RyR1-mutation, behaved in liquid as a null mutant but is clearly not a null (Graham et al., 2020). It lies within the transmembrane, pore-forming domain of RyR (Yan et al., 2015) and might be critical to channel function. Thus, possible effects on channel function itself, as seen in swimming assays (Figure 7B), by the exchange of several close-by residues of the luminal loop cannot be excluded here. There is also the possibility that effects might occur in other muscle cells or neurons of the nematode, e.g., due to alternative splicing (Marques et al., 2020), whereas PMCs are not affected. Nevertheless, as demonstrated by a csq-1 deletion allele, calsequestrin itself influences the pumping and the ability to follow pacing in the optogenetic arrhythmia model (Fischer et al., 2017). Instead of a postulated regulation of the RyR via the complex of CASQ, triadin, and/or junctin (Györke and Terentyev, 2008; Qin et al., 2008), only the loss of Ca2+ binding and buffering capacity in the csq-1 deletion might be involved in C. elegans PMCs. Based on the differences in the interaction of RyR and calsequestrin between human and C. elegans, results obtained for CPVT-related calsequestrin mutations in the pharynx should be carefully considered.



CONCLUSION

In conclusion, we were able to shed some light on the mechanism of those CPVT mutations showing effects in C. elegans and, hence, to prove the involvement of FKB-2-mediated stabilization of UNC-68 in PMCs. The stabilizing mechanism of calstabin is suggested to be involved here because the specific calstabin-RyR stabilizing drug S107 rescues the pumping ability of P2460S and Q4623R mutations in the nematode, its involvement is already described (or discussed) for the homologous human mutations. Nevertheless, a combination of the calstabin mechanism with one of the other discussed CPVT mechanisms cannot be excluded. Furthermore, the selective effect of S107 on the different CPVT-mutations emphasizes the importance of the development of patient-specific drugs that could be tested in the C. elegans optogenetic arrhythmia model with high(er) throughput.
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Biological tissues are naturally three-dimensional (3D) opaque structures, which poses a major challenge for the deep imaging of spatial distribution and localization of specific cell types in organs in biomedical research. Here we present a 3D heart imaging reconstruction approach by combining an improved heart tissue-clearing technique with high-resolution light-sheet fluorescence microscopy (LSFM). We have conducted a three-dimensional and multi-scale volumetric imaging of the ultra-thin planes of murine hearts for up to 2,000 images per heart in x-, y-, and z three directions. High-resolution 3D volume heart models were constructed in real-time by the Zeiss Zen program. By using such an approach, we investigated detailed three-dimensional spatial distributions of two specific cardiomyocyte populations including HCN4 expressing pacemaker cells and Pnmt+ cell-derived cardiomyocytes by using reporter mouse lines Hcn4DreER/tdTomato and PnmtCre/ChR2−tdTomato. HCN4 is distributed throughout right atrial nodal regions (i.e., sinoatrial and atrioventricular nodes) and the superior-inferior vena cava axis, while Pnmt+ cell-derived cardiomyocytes show distinct ventral, left heart, and dorsal side distribution pattern. Our further electrophysiological analysis indicates that Pnmt + cell-derived cardiomyocytes rich left ventricular (LV) base is more susceptible to ventricular arrhythmia under adrenergic stress than left ventricular apex or right ventricle regions. Thus, our 3D heart imaging reconstruction approach provides a new solution for studying the geometrical, topological, and physiological characteristics of specific cell types in organs.
Keywords: HCN4 expression (HCN4+) pacemaker cells, Pnmt+ cell-derived cardiomyocytes (PdCMs), heart tissue-clearing, light-sheet fluorescence microscopy, 3D volume heart models, optogenetics
INTRODUCTION
Biological tissues are naturally three-dimensional (3D) structures and are usually opaque. This causes a major problem in deep imaging for defining the spatial distribution and positioning of specific cell types in intact organs, especially in highly complex tissues such as the heart and the brain. While modern fluorescent microscopic platforms, such as wide-field fluorescent microscopy or confocal scanning microscopy, have a high spatial resolution for imaging cellular structures, they suffer from insufficient axial resolution, as well as phototoxic damage if prolonged imaging is required (Sanderson et al., 2014). An alternative approach is to combine the traditional histological sectioning approach to produce thin-sliced tissue specimens (e.g., immunohistological staining on sectioned tissue samples) with post-imaging 3D reconstruction through computation. Histological sectioning also has significant limitations including tissue structure distortion and displacement, destruction of cell connections, and low spatial resolution when slicing samples.
The recently emerged tissue-clearing approach provides an exciting opportunity to solve such problems by allowing efficient fluorescent labeling and rapid 3D volumetric imaging of intact tissues, organs, and even entire organisms (Susaki and Ueda, 2016; Ueda et al., 2020). After the clearance, the tissue becomes transparent, so the imaging depth possible is less attenuated by the tissue sample. Such deep tissue visibility enables the interrogation of whole organs and even whole organisms without the need for sectioning the target tissue (Ueda et al., 2020). Clearing also removes strongly light-scattering and light-absorbing components of tissue and equalizes the refractive index of the imaging medium to that of the tissue (Verveer et al., 2007). Currently, three major tissue-clearing methods are being used: hydrophobic- (‘solvent’), hydrophilic- (‘aqueous’), and hydrogel-based methods (Susaki et al., 2015; Susaki and Ueda, 2016; Tainaka et al., 2016; Ueda et al., 2020). The hydrophobic clearing approach uses organic solvents and results in quick transparency of the tissue (Vigouroux et al., 2017). The 3D imaging of solvent-cleared organs (3DISCO) is a good example developed by Ertürk and colleagues (Ertürk et al., 2011; Ertürk et al., 2012). It is able to clear a complete adult mouse brain within 2 days (Ertürk et al., 2011; Ertürk et al., 2012). The protocol is simple and straightforward, which only involves a series of incubation of the samples. 3DISCO is now widely applied in neuronal research, stem and cancer cells in rodent and human specimens (Ertürk et al., 2011; Ertürk et al., 2012; Acar et al., 2015; Garofalo et al., 2015; Oshimori et al., 2015; Tanaka et al., 2017; von Neubeck et al., 2018). The disadvantage of this method is that the pretreatment solution contains H2O2 and methanol, which damage and even remove most of the epitopes for antibodies staining. Thus, immunohistochemistry remains a challenge in using such an approach (Renier et al., 2016).
Compared to the hydrophobic clearing method, hydrophilic tissue clearing has the advantages of high biocompatibility, biosafety, and the integrity of protein function although the transparency is not as good as the hydrophobic clearing method (Ueda et al., 2020). During the clearing process, hydrogen bonds are formed to link the clearing reagents and tissue components as well as proteins and water molecules (Ueda et al., 2020). Therefore, it greatly protects the structure of specimens and fluorescent proteins. CUBIC is a typical representative. CUBIC is composed of a series of imaging cocktails including CUBIC-L (use for delipidation) and CUBIC-R (RI match). It is reported that the clearing performance of CUBIC is even better than the hydrophobic clearing methods. Together with the advantages of hydrophilic clearing methods, CUBIC has been applied and illustrates the 3D structures with immunohistochemistry with antibodies for the adult mouse brain, heart, lung, stomach, and intestine (Susaki et al., 2014; Tainaka et al., 2014; Susaki et al., 2015; Kubota et al., 2017; Tainaka et al., 2018).
The third method is the hydrogel-based tissue clearing method, its typical application is ‘cleared lipid-extracted acryl-hybridized rigid immunostaining/in situ hybridization-compatible tissue hydrogel’ (CLARITY) (Chung et al., 2013). Unlike the hydrophilic clearing method, it forms hydrogels by covalent links to uniformly remove the lipid with fewer structure damages and bimolecular losses (Chung et al., 2013). The clearing force is driven by electrophoresis and simple passive, which improves the clearing performance but is time-consuming compared to the other two methods (Ueda et al., 2020).
Despite a plethora of advanced cleaning methods, most of them are designated for brain and nervous tissues and lack the consideration of the nature of the heart (Kolesová et al., 2021). Unlike the brain, the heart is enriched in connective tissues and autofluorescence (Sands et al., 2022). The heart consists of clustered cardiomyocytes arrayed into ventricular transmural layers from subepicardial to subendocardial tissues (Matryba et al., 2019). Packed cardiomyocytes are surrounded by thicker connective tissue (perimysium) (Ho, 2009). The heme a precursor to hemoglobin within the myocardium is pigmented, leading to autofluorescence, which in turn impedes the penetration of light when visualization (Matryba et al., 2019). Researchers compared and optimized the protocols for clearing experiments on heart and vasculature tissue. DISCO is a successful trial in heart clearing. By combining 3DISCO and immunostaining, the vasculature development of the human heart was illustrated by showing the smooth muscle-specific alpha-actin (SMA) (Belle et al., 2017; Epah et al., 2018). The conduction system of the mouse heart was also reconstructed by applying iDISCO + tissue clearing method (Goodyer et al., 2019). However, the drawback of DISCO is the poor preservation of GFP fluorescence (Pan et al., 2016). CUBIC is commonly used for heart clearing research because it can effectively remove the autofluorescence and allow observation of the detailed structure of the whole heart (Susaki et al., 2015; Susaki and Ueda, 2016). Kolwsová and colleagues tested different clearing protocols for imaging whole embryos, embryonic, and adult hearts with GFP genetic fluorescence. The results pointed out that DBE (dibenzylether) did not preserve the GFP signals and triggers the shrinking of tissue; CLARITY improved the clearing effect but compromise the GFP signals; SCALE clearing led to good clearing until E12.5 but failed to function well in large-scaled samples in later stages; CUBIC showed better performance of clearing with imaging although adult hearts took a longer time (7–14 days) (Kolesová et al., 2021).
Recently, CUBIC clearing of rat hearts by perfusing CUBIC solutions through the coronary circulation system was also described by Sands et al. (2022). When tissue clearing combines with light-sheet fluorescence microscopy (LSFM), 3D imaging of biological samples with high speed and low photo-bleaching can be achieved. Hence, this approach has emerged as a powerful tool for biological research. LSFM itself provides higher speed, better signal-to-noise ratio, lower level of photo-bleaching, and improved optical penetration depth than conventional wide-field fluorescent microscopy or confocal microscopy (Tomer et al., 2013). Furthermore, it has the ability to selectively illuminate an ultra-thin plane of the sample via the application of a sheet of light orthogonal to the detection path (Tomer et al., 2013).
Recent work has identified a previously unknown subpopulation of cardiomyocytes (CMs): Pnmt+ cell-derived cardiomyocytes (PdCMs) and their unique left-side preferential distribution (Wang et al., 2017). We developed a novel optogenetic mouse strain by crossing Pnmt-Cre mice with Ai27D mice that expressed an improved channelrhodopsin-2(ChR2)/tdTomato fusion protein, following excision of a STOP sequence that was flanked with -loxp sequences. The fluorescence signal from tdTomato provided an excellent endogenous marker to identify PdCMs. Coronal sections of hearts agreed with earlier work that shows the left atrium, left ventricle, and interventricular septum were particularly rich in PdCMs (Wang et al., 2017). In remarkable proximity to earlier quantitative approaches, an average of 86% of ChR2/tdTomato + cells were on the left side of the heart. Moreover, this study now quantitatively reported the contribution of PdCMs to the overall number of CMs; PdCMs estimates suggest that approximately 50% of the left atrium, and 21% of the left ventricle CMs are PdCMs—in agreement with the extensive distribution of Pnmt-derived cardiomyocytes in the left atrium in previous studies (Ebert et al., 1996). These estimates provide concrete quantitative evidence of the significance of PdCMs in terms of development heterogeneity in the heart (Wang et al., 2017). Moreover, in agreement with previous studies, we reported a great deal of co-localization of HCN4+ cells with tdTomato + cells in the AVN, but with less so in the SAN—suggesting that the AVN has a richer population of PdCMs than the SAN (Wang et al., 2017; Ni et al., 2017).
In this study, we present a new 3D heart imaging reconstruction approach to generate murine heart volume models of spatial distribution of specific cell types (e.g., Pnmt-Derived Cardiomyocytes) obtained by combining an improved heart tissue clearing method with high-resolution LSFM. The experiment has three major steps. First, the heart sample is perfused by physiological solution in the Langendorff perfusion system allowing the effective clearance of blood and tissue clearing. Such a step is critical for reducing cardiac tissue autofluorescence background. Second, the heart then undergoes a number of methodological interventions enabling efficient tissue clearing. Crucially, we found a slow perfusion rate for clearing solution for 24–48 h via coronary circulation system provides the best clearing protocol for obtaining a transparent heart. Third, a high-resolution LSFM is used for imaging transparent hearts. Finally, high-resolution 3D volume heart models are constructed in real-time by the Zeiss Zen program.
Therefore, we successfully developed a series of 3D volume models to define the spatial distributions of specific cardiomyocyte populations, which is comparable to the computational 3D models based on the histological images. Our approach is efficient, not necessitating tissue sectioning, maintaining optimal tissue structure and organization, and has a much higher axial and spatial resolution.
TECHNOLOGY DEVELOPMENT
Animal Models
The PnmtCre/ChR2−tdTomato mouse line was generated by crossing Pnmt-Cre mice with B6. Cg-Gt(ROSA)26Sortm27.1(CAG-COP4H134R/tdTomato)Hze/J strain (Stock No. 012567, Jackson Labs) as we described previously (Wang et al., 2017).
The second mouse line HCN4Dre/tdTomato was generated by crossing C57BL/6-Hcn4em1(kozak−DreER-WPRE-A)/Smoc mice with C57BL/6-Igs2em1(CAG−RSR-tdTomato)/Smoc mice from Shanghai Model Organisms Center, Inc. (Shanghai, China). The model generation was performed with the approval of the Animal Care and Use Committee of the Southwest Medical University (Sichuan, China) (No: 20160930) in conformity with the NIH Guide for the Care and Use of Laboratory Animals.
SAMPLE PREPARATION AND TISSUE CLEARING
Step 1. Heart preparationThe general procedure has been demonstrated in Figure 1A. All mice were killed via cervical dislocation in accordance with the Animals Scientific Procedures Act (1986). Before killing, the mice were heparinized by intraperitoneal injection of heparin sodium physiological salt solution (Sigma-Aldrich, 500 U/mL) 0.2 ml. The heart was excised, cannulated, and mounted onto a Langendorff system, then perfused (ﬂow rate: 3 ml/min; Watson-Marlow Bredel Peristaltic pumps, model 505S, Falmouth, Cornwall, UK) with Krebs’ Ringer (KR) (mM) (NaCl: 119, NaHCO3: 25, Glucose: 10, Na Pyruvate: 2, KCl: 4, MgCl2: 1, KH2PO4: 1.2, and CaCl2: 1.8) warmed solution (37°C) for 5–10 min. The heart was removed from the Langendorff system and then flushed with phosphate-buffered saline (PBS) briefly. Afterwards, the heart was continued prepared by steps 2 and 3 (Figure 1A).
[image: Figure 1]FIGURE 1 | A workflow for tissue clearing and examples of 3D reconstruction. (A) A schematic overview of the workflow of the study and the process of the experimental procedures. Heart dissection was conducted. Afterward tissue fixation and clearing were done to obtain transparent hearts. Finally, Fluorescence images for detecting fluorescent positive cells were obtained using Zeiss Fluorescent microscopy (provide the model details here) in transparent hearts; Diagram illustrating the procedure for the 3D reconstruction achieved using the ZEISS ZEN software to present both Tdtomato fluorescence and depth color code models. 3D volume data (Videos 1–4) was visualized in Paraview following Gaussian smoothing and down-sampling. (B) Images of Heart samples showing the appearance before, with, and without the perfusion. (C) Examples of fluorescence and depth code images for final products.
Step 2. FixationFollowed by 4% paraformaldehyde (PFA) in phosphate buffer solution for fixation for 2 h at 4 °C. After a 15 ml PBS wash, the whole heart was then immediately perfused with CUBIC-P for 30 min, which is a chemical allowing efficient perfusion-fixation compatibility with downstream steps. This CUBIC-P is specially designed for organs with cavity structures such as hearts.
Step 3. Perfused ClearingAfter washing out the remaining PFA and CUBIC-P with PBS, the heart was treated with a lipid-removal chemical named CUBIC-L for delipidation. This process was conducted at 37°C for 5°days. Perfusion is crucial at this stage to convey the reagent, enabling a better clearing. Because the mouse models we used have genetically-encoded fluorescence labeling of the cells of interest, no staining is required. Followed by washing, the heart was then treated with 50% CUBIC-R diluted by distilled water 1 day and then 100% CUBIC-R reagent to adjust the refractive index of the organs for at least 5days.
Step 4. Light-sheet ImagingThe transparent heart was illuminated by Zeiss 7 LSFM. The adult murine heart (8 weeks old) is approximately 1.3°cm × 0.7cm x 0.7 cm in height, width, and thickness. This LSFM with dedicated optics, enhanced sample chambers, and designated sample holders enables high-quality whole field imaging of the murine heart. LSFM separates the fluorescence of excitation and detection into two solo light paths. In this case, the axis of illumination is perpendicular to the detection axis as shown in Figure 1A, allowing the illumination of a single thin section of the heart at one point and thus generating inherent sections from the focus plane by merely exciting the fluorescence (Matsumoto et al., 2019). As a result, no pinhole or image processing procedures are needed. Unlike normal confocal fluorescent microscopes, LSFM is able to collect the light from the focus plane on the pixels rather than pixel by pixel, infinitely improving the resolution for the subsequent 3D reconstruction. After imaging, the features and details of the heart were captured and reconstructed for the 3D model by using Zeiss Zen Blue software. The stitching program was processed to combine multiple images with overlapped fields of view to generate high-resolution images. Fluorescent mode and depth code mode was selected to demonstrate the distribution of cell subpopulations of interest at three-dimensional presentation. A series of image galleries were collected at certain intervals of layers to show the distribution at a two-dimensional presentation. The raw video was recorded directly after the illumination without using other processing software. The thickness for PdCM and HCN4 hearts are 6.113 and 8.352 mm respectively. The total magnification was 4.22. The emission filter bandpass was 575–615 nm. High-resolution 3D volume heart models are constructed in real-time by the Zeiss Zen program. 3D iterative deconvolution was applied. By applying the maximum intensity, the reconstruction of the whole cardiac architecture was achieved to present clearly Tdtomato fluorescence by contrast with the background area in the transparent heart. The depth color code was employed to detect the depth of the signals which provided the accurate location of fluorescence in both epicardium and endocardium indicated by the color spectrum.
3D DATA CONSTRUCTION
The genetic fluorescence of the mouse models was captured by the Zeiss Light Sheet fluorescence microscope Lightsheet 7. After stitching from raw files, 3D movies were recorded and further processed in Zen Blue software. On the 3D View module, the maximum intensity was adjusted to reduce the background and illuminate the fluorescent positive cells throughout the whole heart (online Video 1, 3). The depth color code was applied to show the specific location of the signals (online Video 2, 4). Visualizations were created by rotating the 3D volume and adding keyframes to the record module.
ELECTROCARDIOGRAPHY (ECG) RECORDING WITH PROGRAMMED LIGHT STIMULATION (PLS) AND PROGRAMMED ELECTRICAL STIMULATION (PES)
Optical stimulation of ChR2 light-sensitive channel. Whole hearts, tissues, or single cells were paced through the activation of ChR2 light-sensitive channels. This was achieved by the delivery of 470 nm blue light pulses (10 ms pulse width) generated by OptoFlash (Cairn Research, UK). Pulses were triggered by a 1,401 digitizer and Spike 2 software (Cambridge Electronic Design, UK). Approximate blue light intensity was measured with an 818-ST2 Wand Detector connected to an 843 R Power meter (both Newport Corporation, CA, United States ) and expressed normalized for the area being illuminated through simulating the average light intensity reached to the surface of the tissue by mimicking the distance of fiber-heart.
Langendorff-perfused ex vivo hearts from PnmtCre/ChR2 mice were subjected to PLS or PES while ECG was being measured from an electrode placed on the left ventricle of the heart. Two protocols were carried out as follows: 1) continuous pacing protocol: Stimuli were delivered continuously with a constant frequency. 2) S1S2 pacing protocol: a pacing train of eight stimuli (S1) was delivered at a basic cycle length of 100 ms, with a single (S2) premature extra stimulus introduced at progressively shorter intervals until arrhythmia was induced or the ventricular refractory period was reached. (C) burst pacing protocol: multiple burst stimuli with progressively reduced stimulus intervals (from 80 to 30 ms) were delivered. Ventricular tachycardia was defined as six or more consecutive premature ventricular waveforms; tachycardia with regular waveforms defined as VT and VF was characterized by irregular fibrillating waveforms.
RESULTS AND DISCUSSION
Figure 1 illustrates a schematic overview of the study design and experimental procedure. We first determined the spatial distribution of cardiac pacemaker cells by using potassium/sodium hyperpolarization-activated cyclic nucleotide-gated channel 4 (HCN4) as a marker. Figure 2 presents the 3D volume reconstruction of the spatial distribution of HCN4 positive pacemaker cells in the heart (also shown in online videos 1 and 2). HCN4 is distributed throughout the right atrium with heavy staining localized in the right atrial nodal regions (i.e., sinoatrial and atrioventricular nodes). The distribution of the HCN4 along the superior-inferior vena cava axis is in line with recent observations by Brennan et al. (2020) and supports the wandering pacemaker hypothesis with two competing right atrial pacemakers localized near the superior vena cava and the inferior vena cava. Selected images captured using LSFM imaging representing coronal sections from an adult tdTomato mouse heart show the distribution of HCN4+ pacemaker cells in adult HCN4Dre/tdTomato mice from ventral to dorsal, allowing visualizing the regional distribution of HCN4 positive pacemaker cells in two dimensions (Figure 3). High-resolution images are available in online videos 1 and 2. The concurrent use of a programmed high-resolution LSFM imaging allowed for the capture of ∼2,000 ultra-thin plane images from a single murine heart with a spatial resolution of 1.54 µm × 1.54 µm × 4.01 µm per pixel respectively in the x-, y- and z-direction, in corresponding to 5,113 × 7,325 × 1,254 pixels in scaled image size.
[image: Figure 2]FIGURE 2 | 3D volume reconstruction of the spatial distribution of HCN4+ pacemaker cells in adult Hcn4DreER/tdTomato mouse heart. (Ai–Ci) The tdTomato fluorescence images show the distribution of HCN4+ cells from the ventral, left side, and dorsal view respectively (also see online video 1, heart size: 10.05 mm × 12.01 mm x 7.565 mm). (Aii–Cii) The depth code image showing the distribution of HCN4+ cells from the ventral, left side, and dorsal view respectively, corresponding to (Ai–Ci) (also see online video 2). (D–F) Three representatives of tdTomato fluorescence image showing the consistent signal pattern in adult Hcn4DreER/tdTomato mouse hearts. (n number = 3). LA: left atrium; RA: right atrium.
[image: Figure 3]FIGURE 3 | Selected representative coronal sections of Hcn4DreER/tdTomato showing the distribution of HCN4+ cells from ventral side to dorsal side in adult mouse heart. Scale bar: 1,000 μm.
In the second series of models, we determined the spatial distribution of Pnmt+ cell-derived cardiomyocytes (PdCMs) that we discovered recently (Wang et al., 2017). Figure 4 presents examples of two 3D volume reconstruction models of the spatial distribution of Pnmt+ cell-derived cardiomyocytes (PdCMs) in adult PnmtCre/ChR2−tdTomato hearts (also shown in the online videos 3 and 4). The use of the same programmed high-resolution LSFM imaging for the capture of ∼2,000 ultra-thin plane images from a single murine heart with similar spatial resolution in the x-, y-, and z-direction as obtained in HCN4Dre/tdTomato hearts. The 3D volume model illustrates the reconstruction of the spatial distribution of Pnmt+ cell-derived cardiomyocytes (PdCMs) in adult PnmtCre/ChR2−tdTomato heart. The tdTomato fluorescence is present from ventral, left, and dorsal views, respectively (Figures 4A–C). We also use depth code showing the localization of PdCMs in the heart from the ventral, left side, and dorsal side, respectively (Figures 4D–F). The localization of PdCMs has not been shown previously in a computational 3D representation with such a high spatial resolution. In Figure 4, the multiple views are given and detailed structure and localization, and depth of the PdCMs are shown.
[image: Figure 4]FIGURE 4 | 3D volume reconstruction of the spatial distribution of Pnmt + cell-derived cardiomyocytes (PdCMs) in adult PnmtCre/ChR2−tdTomato heart. (Ai–Ci) The tdTomato fluorescence images show the distribution of PdCMs from the ventral, left side, and dorsal view respectively (also see online video 3, heart size: 7.86 mm × 11.26 mm x 6.113 mm). (Aii–Cii) The depth code image showing the distribution of PdCMs from the ventral, left side, and dorsal view respectively, corresponding to (Ai−Ci) (also see online video 4). (D–F) Three representatives of tdTomato fluorescence image showing the consistent signal pattern in adult PnmtCre/ChR2−tdTomato mouse hearts. (n number = 3). LA: left atrium; RA: right atrium. LV: left ventricular; RV: right ventricular.
Figure 5 presents images captured by LSFM imaging representing coronal sections from an adult ChR2/tdTomato mouse heart. This shows the distribution of PdCMs from the ventral side to the dorsal side, allowing visualizing of the regional distribution of PdCMs in a two-dimensional manner.
[image: Figure 5]FIGURE 5 | Selected representative coronal sections from an adult PnmtCre/ChR2−tdTomato mouse heart showing the distribution of PdCMs from ventral side to dorsal side. Scale bar: 1,000 μm.
Figure 6 describes controlling heart rhythm with regional selective stimulation by electrical pacing under β-adrenergic stress conditions. First, by applying localized light pacing, we determined the light pacing responding region corresponding to the localization of Pnmt-derived cardiomyocytes (Figure 6A). In the ventricle, among four divided regions tested, only the left ventricular base responded (Figure 6B). We further conducted electrophysiological analysis compared ECG of PnmtCre/ChR2 in four different regions with frequency-dependent pacing under β-adrenergic (ISO) stress conditions. As shown in Figures 6E–G, the left ventricular base of hearts showed higher occurrences of VT under β-adrenergic stress.
[image: Figure 6]FIGURE 6 | Controlling heart rhythm with selective optogenetic stimulation and electrical pacing under β-adrenergic stress conditions induced by administration of isoprenaline (ISO) compared with a baseline condition in an adult PnmtCre/ChR2m mouse model. (A). Localized light pacing and electrical pacing in different regions of the heart. (B). The upper panel shows a representative ECG recording of a PnmtCre/ChR2 heart in intrinsic sinus rhythm. The bottom panels show representative ECG recordings of this heart paced by targeting blue light pulses to LV base regions respectively. “P” in representative ECG recordings stands for “P wave”. (C). Examples of ECG recordings in the four different regions of PnmtCre/ChR2 mouse hearts under baseline conditions. (D). ECG was recorded in the LV base of a PnmtCre/ChR2 heart by programmed light stimulation (PLS) and electrical pacing with the S1S2 protocol. (E). ECG of PnmtCre/ChR2 in four different regions with frequency-dependent pacing under β-adrenergic (ISO) stress conditions. (F). A typical example of VT occurred by burst electrical pacing under β-adrenergic stress conditions. (G). Summary of the occurrence of VT in four different regions with frequency-dependent pacing under baseline and β-adrenergic stress conditions. The left ventricular base of hearts showed higher occurrences of VT under β-adrenergic stress. (n number = 5). LA: left atrium; RA: right atrium. LV: left ventricular; RV: right ventricular; LVB: left ventricular base; LVA: left ventricular apex; RVB: right ventricular base; RVA: right ventricular apex.
Figure 7 shows an identical expression of distribution patterns of the HCN4+ cells in Hcn4DreER/tdTomato heart (A) and Pnmt+/Tdtomato positive cells in PnmtCre/ChR2−tdTomato heart (B).
[image: Figure 7]FIGURE 7 | Histological section confocal microscopic images of expression of distribution patterns of the HCN4+ cells in Hcn4DreER/tdTomato heart (A) and Pnmt+/Tdtomato positive cells in PnmtCre/ChR2−tdTomato heart (B). Tdtomato fluorescence signal indicating PdCMs was observed on the left side of the heart and SAN region. (B) Tdtomato fluorescence signal was mainly observed in the SAN and AVN regions in Hcn4DreER/tdTomato heart. Blue: nuclear staining by DAPI. Scale bar: 500 μm. Online video 1: The video was generated to show the HCN4+ cells (tdTomato) in an adult mouse heart. The video can be found in the following link: https://figshare.com/s/26bbc6c38ae7a01c7778heart size: 10.05 mm × 12.01 mm x 7.565 mm. Online video 2: The video was generated to show the depth details of HCN4+ cells in the adult mouse heart. The video can be found in the following link: https://figshare.com/s/21c472847c46f0936dddheart size: 10.05 mm × 12.01 mm x 7.565 mm. Online video 3: The video was processed to show the PdCMs (tdTomato) in the adult mouse heart. The video can be found in the following link: https://figshare.com/s/01471ea1c3eda4f6bc43.heart size: 7.86 mm × 11.26 mm x 6.113 mm. Online video 4: The video was processed to show the depth details of PdCMs in the adult mouse heart. The video can be found in the following link: https://figshare.com/s/4d9bb0b180cb58c3082f heart size: 7.86 mm × 11.26 mm x 6.113 mm.
The results presented here have several advantages and features. First, we used mouse models with conditional cell-type-specific overexpression of fluorescent protein allowing cell-type-specific visualization. These models provide the unique advantage of using tissue clearing for studying specific cell types without the requirement of using immunostaining with antibodies. Second, our modified clearing approach achieves high-quality transparent heart tissue with reduced auto-fluorescent background for optical imaging. Third, imaging by a high-resolution light-sheet system allows global heart view and cellular visualization achieved by rapid changes in optical lens and is integrated with 3D reconstruction without the requirement of additional mathematic modeling. Finally, the 3D reconstruction allows for detailed geometrical and topological analysis. The datasets presented here thus offer a means for reuse and a basis for further development of functional models of the heart by incorporating physiological data in the future.
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Light sources Wavelength  lllumination Irradiance
(typical) (nm)  optics (typical)
Light emitting 400-700 Macro/microscope 10 mWmm™2
diodes/ Xe lamps objective Funken et al.,
2019, 2020
Continuous wave 400-700 Microscope (1ym  5-10uWym2
laser (single x 1 pm spot) Centonze and
photon) White, 1998
Uttrashort pulsed 700-1100  Microscope (1um  5-10mWum2

laser (two photon)

x 1 m spot)

Bush et al., 2007

The wavelengths are chosen to represent common voltage/ Ca?* fluorescent indlcators

and optogenetic applications.
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Description Code Company

Aluminum breadboard MB4545/M Thorlabs

900 mm long construction rail XE25L900/M  Thorlabs

450 mm long construction rail XE25L450/M  Thorlabs

95 mm construction rail XT95-750 Thorlabs
Drop-on-rail carriage XT95RC2/M Thorlabs

12 mm fixed focal lengths MVL12M43 Thorlabs
Kinematic fluorescence filter cube DFM2/M Thorlabs
High-power LED for microscopy SOLIS-470C  Thorlabs
High-power LED for microscopy SOLIS-623C  Thorlabs

@2" N-BK7 piano-concave lens LC1315-A-ML  Thorlabs
High-power driver for solis LEDs DC20 Thorlabs

@2" unmounted N-BK7 ground glass diffuser DG20-1500 Thorlabs
sCMOS ORCA-Flash 4.0 V3 C13440-20CU Hamamatsu

Photonics

550 dichroic longpass 550DCLP Omega Optical
625 nm bandpass 50 nm 625BP50 Omega Optical
700 nm longpass 700LP Omega Optical
Base plate for 95 mm rails XT95P3 Thorlabs

End plate for 95 mm construction Rails XT95ECH Thorlabs

Quick corner cube for 25 mm rails XE25W3 Thorlabs
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Protocol Neot Nateso [%] Nare<o [%] Sate>0 [%] Sate<o [%] Afe > 0 [Hz] ‘Afc < 0 [Hz]

Row 141 34 76 17 83 13+11 26+19
Column 17 37 63 27 72 1716 27241
Array 138 47 53 36 64 18+19 -15+12

Shown i the average frequency Afe resulting from the three uni-polar leadss. Columns 3 and 4 display the percentage of amrhythmias that increased or decreased their frequency during
photostimulation, respectively. Columns 5 and 6 present the obtained success rates for accelerating and decelerating the heart frequency. In Columns 7 and 8, the amount of change
of the average frequency can be seen. It can also be noted that in comparison, the change of frequency &fc is higher using row and column pattem than using the array protocol.
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Publication Ageof study Optogeneticline  Application/finding
Arnaout et al., 2007 2 dpf Tglemlc2:gCaMP)*™  Investigated mutant model of inherited long QT syndrome, in which loss of rapid
delayed-rectifier potassium current () due to kenh2 mutation resuits in mechanical
ventricular asystole. Showed lack of calcium (Ca?*) waves in the ventricle, suggesting
impaired Ca?* cycling.
Chi et al., 2008 1-21 dpf Tglemlc2:gCaMP)8™  Investigated development of the vertebrate cardiac conduction system and
performed a forward genetic screen. Identified four stages of conduction
development, which depended on epigenetic mechanical factors, and identified 17
conduction-specific mutations that may represent novel genetic regulators of the
cardiac condution system.
Tsutsui et al,, 2010 23dpf  Tglemlc2:Mermaid)  Investigated the effect of the histamine H1 receptor blocker astemizole on cardiac
excitation. Showed that astemizole caused retrograde propagation from the
é atrioventricular boundary to the atrium.
g Kirchmaier et al,, 2012 5-6dpf  Tglemic2:gCaMPF®™®  Investigated effect of Popeye domain containing gene 2 knock-cown. Caused
& sinoatrial node conduction failure, iregular atrial and ventricular activity, and varying
Y} degrees of atrioventricular block.
2 Hou et al., 2014 15-4dpf  Tglemic2:Arch(D9SN)- Investigated the effects of L-type Ca?* (lca,) or fast sodium current block. Showed
H GCaMP5G) [‘CaViar')  that <4 dpf, cardiac excitation s initiated by Ca?*, but by 4 dpf ventricular excitation
s itis initiated by sodium, while atrial excitation remains Ca®* dependent.
van Opbergen et al., 2018a 3,14dpt  Tgmyl7:chimeric Investigated effects of pharmacological modulation of the sympathetic nervous
VSFP-butterfly CY)  system or ion channels on cardiac electrophysiology and Ca?* cycling. Showed that:
Tg(myi7:GalFF; (i) sympathetic stimulation or block increased or decreased diastolic Ca?* and Ca?*
UAS:GCaMP61) transient amplitudes; () - block increased action potential duration; (i) lca. block
prevented Ca?* transients, increased ventricular action potential duration, and
disrupted atrioventricular conduction; and () differences exist in atrial and ventricular
Ca?* cycling during development.
Salgado-Almario et al., 2020 3 dpf Tglemic2:Twitch-1)  Tested various novel genetically encoded ratiometric calcium indicators to determine
Tglemic2:Twitch-26)  which are the most promising for use in the heart.
Tglemic2:Tiwitch-4)
Tglomic2:TN-XXL)
Artenberg et al., 2010 1-5dpf  Tg(ETb:Gald- Mapped cardiac pacemaker development. Showed that: () at 1 dpf, the pacemaker is
VP16, at the venous pole; (i) at 2 dpl, it is more confined to the sinoatrial ring; and (i) by 3
2 UAS:NHR- dpfitis more defined and confined to the dorsal right quadrant of the sinoatrial ring.
E mCherry*1%%%) Further, in 4 dpf embryos, heart rate could be control by pulsed light stimuiation of the
g TQ(E1b:Galds"10; sinoatrial ring.
5 UAS:ChR2(H134R)-
E eYFPS1OY
& Kopton etal., 2018 3 mpf Tglemic2:GIACR1-  Tested whether the heart could be silenced with anion-specific light-activated ion
g €GFP) channel. Showed that stimulation applied during the resting (diastolic) phase of the
o action potential causes depolarization and excitation, but causes repolarization and

shortening of the action potential if applied during the (systolic) plateau.

dpf, days post-fertilization. For further details on the optogenetic zebrafish lines, including the meaning of the abbreviations, see the relevant sections of the text.
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Advantages

~Relatively low cost (time, effort, money)
-Fully sequenced genome

-Relatively easy genetic manipulation
-Large number of available transgenic
fines

~Majority of cardiac genes have human
ortholog

~Externally developing, transparent
embryo

-Amenable to high throughput studies
-Comparable heart rate, action potential
morphologies, ion channels, and
calcium-handiing proteins to human
Intra- and extracardiac regulatory
pathways and mechanisms similar to
human

-Human cardiac diseases can

be recapitulated

Limitations

~Genome duplication (24% of genes
have more than one ortholog)
-Small, two-chambered heart
~Relatively low-pressure system
~Lack transverse tubules

~Limited release of calcium from
sarcoplasmic reticulum following
excitation

~Low sensitivity of ryanodine
receptors to calcium

-Dependence of calcium transient on
sarcolemmal influx
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Irradiance (mW/mm?)

0.001 0.005 0.01 0.05 0.1 0.5 1 5 10

Vo1 03 013 o3 073 /3 13 3/3 3/3 3/3

ChR2 (blue) Vo2 03 0/3 o3 073 /3 /3 /3 /3 0/3
Vo3 03 073 03 073 03 03 2/3 2/3 2/3

Vo1 03 03 03 03 073 3/3 3/3 2/3 33

ChR2-RED (red) Vo2 o3 /3 o3 073 03 03 /3 13 13
Vo3 03 073 03 03 03 3/3 3/3 2/3 2/3

Vo1 03 13 33 33 33 3/3 3/3 33 33

GACR1 (green) Vo2 03 073 o3 073 3 o3 /3 /3 0/3
Vo3 03 33 33 3/3 3/3 33 33 2/3 33

“n/3" denotes that defibrillation was successful for n of the 3 light onset times tested (i.e., arrhythmia terminated within 800 ms of illumination ending).
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“n/3" denotes that defibrillation was successful for n of the 3 light onset times tested (ie., arrhythmia terminated within 800 ms of illumination ending).
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